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Editorial on the Research Topic
 Cardiovascular Mechanobiology



Biomechanical forces play a major role in organ development, shape, and function. When exceeding the physiological range, however, they can become detrimental for organ structure and function. This is probably best exemplified by the cardiovascular system, with both the heart and blood vessels being continuously exposed to the biomechanical forces exerted by the pressure and flow of blood, which produce not only acute changes in cardiovascular function but also result in structural changes in the cardiovascular system.

The field of cardiovascular mechanobiology is a fascinating and clinically highly relevant Research Topic, with many research groups contributing to the advancement of our understanding of the acute and chronic adaptations and maladaptations produced by biomechanical forces. These insights continue to generate novel targets for therapy of a variety of cardiovascular diseases. Several aspects of cardiovascular mechanobiology are presented in this very timely Frontiers Research Topic “Cardiovascular Mechanobiology,” containing a total of 10 articles, with a balanced mix of 5 review and 5 original articles.

In the first review article, Jackson discusses the mechanobiology of myogenic tone in peripheral resistance arteries and arterioles, presenting the current understanding of the multiple mechanisms that have been implicated in myogenic tone, including the roles played by G-protein coupled receptors, ion channels, and protein kinases in vascular smooth muscle cells. The article highlights the areas where our knowledge and understanding of myogenic tone has remained incomplete and that warrant further research.

In the second review paper, Sporkova et al. review the mechanisms underlying the mechanobiological cues mediating the inward remodelling of small arteries and arterioles in response to chronic stretch produced by, for example, hypertension. Particular focus is on the role that LIM domain containing proteins play in mechanosensing and transduction in vascular smooth muscle and endothelial cells, translating extra- and intracellular mechanobiological cues into changes in gene expression in these cells that drive vascular remodelling.

Brandt et al. review the mechanobiological aspects of microvascular function and structure in health and disease with a particular focus on the coronary microcirculation. An in-depth review is provided on the factors involved in coronary microvascular functional and structural alterations in obstructive and non-obstructive coronary artery disease and the molecular mechanisms involved, providing novel potential targets for the treatment of ischemic heart disease.

The mechanobiology of endothelial-to-mesenchymal transition and its role in cardiovascular disease is reviewed by Islam et al. highlighting the emerging role of shear stress, cyclic strain, matrix stiffness, and composition in endothelial-to-mesenchymal transition, which is a hot topic particularly in maladaptive cardiac remodelling due to pressure overload but also in response to myocardial infarction. The authors also identify areas requiring further investigation.

Finally, Lityagina and Dobreva review novel insight into the epigenetic aspects of cardiovascular mechanobiology. Specifically, they describe how mechanical forces are transduced to chromatin through the tensed actomyosin cytoskeleton, the linker of nucleoskeleton and cytoskeleton (LINC) complex and the nuclear lamina, and the importance of these mechanisms in cardiovascular disease.

In the original research articles various aspects of the mechanobiology of vascular smooth muscle cells, endothelial cells, as well as cardiomyocytes were investigated. Using inducible pluripotent stem cell (iPSC)-derived cardiomyocytes, Körner et al. tested the hypothesis that the environmental stiffness influences structural and functional properties of iPSC-derived cardiomyocytes. The authors observed that soft surfaces with stiffnesses in the physiological range improve the expression pattern and interaction of cardiac proteins relevant for excitation-contraction coupling. Moreover, soft substrates influenced contractile properties and improved intercellular coupling in iPSC-derived cardiomyocytes, indicating that mechanical stiffness of the cell environment drives iPSC-derived cardiomyocytes toward further maturation by inducing adaptive responses.

In the next article, Akinbote et al. investigated vessel-stroma crosstalk in normal conditions and in the presence of fibrosis, using human iPSC-derived endothelial cells co-cultured in the absence and presence of primary human cardiac and lung fibroblasts in a microfluidic device to generate cardiac and pulmonary-like microvasculature that can be perfused at near physiological flow rates. Their study not only demonstrates the strong impact of stromal-endothelial cell interactions on vessel formation and extravascular matrix regulation, but their human 3D in vitro set-up could be very useful in future studies examining anti-fibrotic therapies on patient-specific iPSCs.

Wall shear stress has been proposed to influence intracranial aneurysmal growth and rupture. Consequently, Morel et al. investigated the effects of low and supra-high aneurysmal wall shear stress on porcine arterial endothelial cells. The authors observed that differential regulation of gene expression observed under various wall shear stress conditions translates into a different organisation of the endothelial cell architecture, suggesting that this adaptation of endothelial cells to different aneurysmal wall shear stress conditions may affect vascular remodelling in intracranial aneurysms.

Myocardin related transcription factors (MRTFs), including myocardin itself, MRTF-A, and MRTF-B are co-factors of serum response factor (SRF) that activate the smooth muscle cell gene program and play a key role in smooth muscle cell differentiation and mechanobiology. Liu, Bankell et al. investigated the role of alterations in MRTF signalling in vascular inflammation, and observed a cell type specific (vascular smooth muscle but not endothelial cells) suppression of inflammatory mediators. In a second study, Liu, Rippe et al. studied the regulation of muscarinic receptors by MRTFs and observed that muscarinic receptor M3 expression was driven by MRTFs in a cell specific manner, i.e., by MRTF-B/SRF in endothelial cells and by myocardin/SRF in vascular smooth muscle cells.

These highly diverse review and original research articles, covering a wide range of studies, illustrate the broad biological implications of mechanosensing and mechanotransduction in the cardiovascular system. We wish you an interesting and enjoyable journey through this Frontiers Research Topic!
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Fibrosis is associated with aging and many cardiac pathologies. It is characterized both by myofibroblast differentiation and by excessive accumulation of extracellular matrix proteins. Fibrosis-related tissue remodeling results in significant changes in tissue structure and function, including passive mechanical properties. This research area has gained significant momentum with the recent development of new tools and approaches to better characterize and understand the ability of cells to sense and respond to their biophysical environment. We use a novel hydrogel, termed CyPhyGel, to provide an advanced in vitro model of remodeling-related changes in tissue stiffness. Based on light-controlled dimerization of a Cyanobacterial Phytochrome, it enables contactless and reversible tuning of hydrogel mechanical properties with high spatial and temporal resolution. Human primary atrial fibroblasts were cultured on CyPhyGels. After 4 days of culturing on stiff (~4.6 kPa) or soft (~2.7 kPa) CyPhyGels, we analyzed fibroblast cell area and stiffness. Cells grown on the softer substrate were smaller and softer, compared to cells grown on the stiffer substrate. This difference was absent when both soft and stiff growth substrates were combined in a single CyPhyGel, with the resulting cell areas being similar to those on homogeneously stiff gels and cell stiffnesses being similar to those on homogeneously soft substrates. Using CyPhyGels to mimic tissue stiffness heterogeneities in vitro, our results confirm the ability of cardiac fibroblasts to adapt to their mechanical environment, and suggest the presence of a paracrine mechanism that tunes fibroblast structural and functional properties associated with mechanically induced phenotype conversion toward myofibroblasts. In the context of regionally increased tissue stiffness, such as upon scarring or in diffuse fibrosis, such a mechanism could help to prevent abrupt changes in cell properties at the border zone between normal and diseased tissue. The light-tunable mechanical properties of CyPhyGels and their suitability for studying human primary cardiac cells make them an attractive model system for cardiac mechanobiology research. Further investigations will explore the interactions between biophysical and soluble factors in the response of cardiac fibroblasts to spatially and temporally heterogeneous mechanical cues.

Keywords: fibrosis, mechanosensing, hydrogel, light-tunable, nanoindentation


INTRODUCTION

Cardiac tissue damage due to causes such as aging, mechanical overload, or injury is associated with the development of fibrosis. Fibrosis is characterized both by myofibroblast differentiation and excessive accumulation of extracellular matrix (ECM) proteins (Herum et al., 2017). This remodeling is driven mainly by fibroblasts (Manabe et al., 2002; Travers et al., 2016), changes in tissue structure, and mechanics with consequences ranging from impaired cardiac output to increased arrhythmia vulnerability (Nguyen and Qu, 2014). Ultimately, presence and extent of fibrosis are a leading risk factor for sudden cardiac death (Disertori et al., 2016). Thus far, there are no effective therapeutic approaches toward reversing cardiac fibrosis mainly due to insufficient knowledge about the underlying basic mechanisms.

Possible therapeutic approaches must consider changes in tissue mechanics, which act both as a cause and a consequence of remodeling. Fibroblast sensing of their mechanical environment has been shown to play a role in fibrotic remodeling (Hinz, 2013; van Putten et al., 2016). In recent years, several in vitro models have been developed to study fibroblast mechanosensing. A major class of these models utilizes synthetic substrates that include hydrogels and silicones. These allow investigators to prescribe the mechanical environment of cultured cells (Rosales and Kristi, 2016; Li et al., 2018). Alternatively, naturally occurring substrates like decellularized tissue (Ott et al., 2008) or living cardiac tissue slices (Perbellini et al., 2018) have been used to provide cells with near-physiological growth substrates, but these are more complex and less reproducible models. Substrates that more closely mimic in vivo conditions are essential as, while the overall stiffness of fibrotic tissue is raised when ECM production overcomes degradation (Levental et al., 2010), the stiffness distribution is highly heterogeneous. Areas with more or less ECM constitute different mechanical microdomains. In diffuse fibrosis, for example, in atrial fibrillation, islands of stiff ECM are distributed within softer tissue (Tanaka et al., 2007). Given that the mechanical effects on single cells are dominated by their microenvironment, in vitro models should replicate these stiffness heterogeneities, ideally in a controllable manner.

A model allowing the introduction of spatial gradients in the mechanical properties has been used to show that the stiffness-guided migration of fibroblasts, a process called durotaxis, depends on the type of matrix proteins (Hartman et al., 2017). Further, hydrogels with micropatterned stiff and soft areas were used to show adaptation of cell spreading over a wide range of stiffnesses (Sunyer et al., 2012) and to study the role of matrix organization for mesenchymal stem cell differentiation (Yang et al., 2016). However, these models do not allow one to dynamically and reversibly modify passive mechanical properties of the growth substrate in time or space. A novel hydrogel system (which we termed here CyPhyGel), based on the Cyanobacterial Phytochrome Cph1, may address this limitation by allowing light-controlled, reversible changes in hydrogel stiffness (Hörner et al., 2019b). To do so, cell-compatible red light is used to switch Cph1 between its monomeric (740 nm) or dimeric (660 nm) forms, thereby reducing or increasing the number of crosslinks in the growth substrate in a contact-free manner, respectively. The stiffness of CyPhyGels can be changed between 1.5 and 5.5 kPa (Effective Young’s modulus). Changes in stiffness occur within seconds of illumination, are gradable, stable in the absence of light, and reversible (Hörner et al., 2019b). In this study, we use CyPhyGels to investigate human cardiac fibroblast adaptation to heterogeneities in the stiffness of their mechanical environment beyond durotaxis.



MATERIALS AND METHODS


Production of Cph1-Based Hydrogels (CyPhyGels)

CyPhyGels were produced as described previously (Hörner et al., 2019b) with the following modifications. In short, the photoreceptor Cph1* [Cph1-Y263F (amino acids 1–514) fused to a tandem arginine-glycine-aspartic acid motif, a hexahistidine tag and C-terminal cysteine] was recombinantly produced by high-cell-density fermentation in E. coli BL21 STAR (DE3) and purified via immobilized metal ion affinity chromatography (Hörner et al., 2019a). Purified Cph1* was concentrated to ~200 mg/mL by ultrafiltration (PES membrane, 10 kDa molecular weight cutoff). The elution buffer from purification was exchanged with reaction buffer (phosphate buffered saline [PBS], containing, in mM 137 NaCl, 2.7 KCl, 10 Na2HPO4, 1.8 KH2PO4, 2 mM ethylenediaminetetraacetic acid, pH 8) using a desalting column (5 kDa molecular weight cut-off). After concentrating the protein as before to ~100 mg/mL, it was reduced with tris(2-carboxyethyl)phosphine (TCEP) at a molar Cph1*:TCEP ratio of 1:0.7 for 1 h at room temperature. Without removing the reducing agent, the protein was covalently coupled to 8-arm polyethylene-glycol vinyl-sulfone (PEG-VS, 40 kDa, NOF Europe GmbH, Germany) in reaction buffer supplemented with 100 mM triethanolamine at a final concentration of 70 mg/mL Cph1* and a molar VS:Cph1* ratio of 2:1.

Immediately after addition of PEG-VS, 30 μL of the reaction mix were spread on 22 mm × 22 mm square glass coverslips, resulting in CyPhyGels with a thickness between 50 and 90 μm (data not shown). The reaction mixes were incubated in a humidified atmosphere to allow gelation at room temperature for at least 16 h under continuous illumination with 660 nm (1 mW/cm2). Afterward, CyPhyGels on coverslips were transferred into PBS (pH 7.4) and stored in the dark at room temperature. Their mechanical properties after different illumination protocols (see “Stiffness Tuning of CyPhyGels”) were tested by nanoindentation (see “Nanoindentation of CyPhyGels and Fibroblasts”). CyPhyGels were used no earlier than 1 week after preparation, as their stiffness increased over several days following gelation (Supplementary Figure S1).



Stiffness Tuning of CyPhyGels

Light emitting diodes (LED) with peak wavelengths of 660 nm to stiffen CyPhyGels, and 740 nm to soften CyPhyGels (LZ4-40R208 and LZ4-40R308, respectively; LED Engin, USA) were coupled to bandpass filters restricting specimen illumination to ± 6.5 nm around the target wavelength (FF01–660/13 and FF01–740/13, respectively; Semrock, USA). CyPhyGels were illuminated at 1 mW/cm2 for a minimum of 5 min.

To obtain heterogeneous CyPhyGels, characterized by containing one stiff and one soft half, we implemented a sequential illumination protocol (Figure 1A). After initial stiffening of the whole CyPhyGel by illumination with 660 nm, a photomask (Figure 1A, bottom right) was carefully positioned over half of the gel by means of a micromanipulator. Using a telecentric lens, the exposed part of the CyPhyGel was then illuminated at 740 nm to tune it to its softest state (Figure 1A).

[image: Figure 1]

FIGURE 1. Generation and mechanical testing of heterogeneous CyPhyGels. (A) Illumination system for generation of mechanically heterogeneous CyPhyGels. After initial stiffening of a whole CyPhyGel by exposure to 660 nm illumination (final intensity: 1 mW/cm2, 5 min), a telecentric lens is positioned in front of a second LED, which is used for 740 nm illumination (final intensity: 1 mW/cm2, 5 min) of the partially covered CyPhyGel. (B) Representative load-indentation curve resulting from nanoindentation (black) and the fitted Hertzian model for contact mechanics (red) used to calculate the Effective Young’s modulus, EEff.


Broad-bandwidth “white” light (e.g. room lighting or microscope light) resulted in stiffening of CyPhyGels in less than 10 min (Supplementary Figure S2). Therefore, CyPhyGels tuned to the desired stiffness were kept in dark conditions or handled under green light. For nanoindentation, the microscope light was filtered with a 490 ± 5 nm band pass filter (D490/10X, Semrock, USA), which prevented gross changes in CyPhyGel stiffness over a period of up to 1 h (Supplementary Figure S2).



Culture of Primary Human Atrial Fibroblasts

Primary human fibroblasts were obtained from right atrial appendage tissue of patients in sinus rhythm undergoing open heart surgery at the University Heart Center Freiburg-Bad Krozingen. Patients gave informed consent on the use of the tissue (with approval by the Ethics Commission of the University of Freiburg, reference: 393/16: 214/18). Upon excision by the surgeon, the tissue was placed in room temperature cardioplegic solution (containing, in mM 120 NaCl, 25 KCl, 10 HEPES, 10 glucose, 1 MgCl2; pH 7.4, 300 mOsm) and immediately transported to the laboratory. After removing the epicardial layer, the tissue was cut into pieces of 1–2 mm3. Tissue fragments were placed in culture plates (3.5 cm diameter, 3–4 pieces per well) with abraded surfaces, containing 2 mL Dulbecco’s Modified Eagle Medium supplemented with 10% fetal bovine serum and 1% penicillin/streptomycin (all Sigma-Aldrich, Germany). Medium was refreshed every 3–4 days. Due to their proliferative and migratory potential, fibroblasts are the major cell type growing out of the tissue chunk (Poulet et al., 2016). Immunocytochemical analysis could not detect the presence of endothelial (tested by CD31) or smooth muscle cells (tested by desmin) in the outgrowth cultures (data not shown). The original outgrowing fibroblasts were referred to as “Passage 0.” Once 80–90% confluency was reached, cells were detached with Trypsin-EDTA (Sigma-Aldrich, Germany) and re-cultured (Passage 1) at a density of 6,500 cells/cm2. This procedure was repeated up to six times (generating Passages 2–6).

For experiments shown in this manuscript, fibroblasts from three patients at Passages 4 and 5 were seeded at low density (2,000 cells/cm2) on previously tuned CyPhyGels. Cell culture work was conducted using green light to limit changes in CyPhyGel stiffness from environmental light exposure. After seeding, culture dishes were covered by aluminum foil during the whole culture period (4 days, no medium change).



Nanoindentation of CyPhyGels and Fibroblasts

The Effective Young’s modulus, EEff, was assessed using the Chiaro nanoindenter system (Optics11, Amsterdam, Netherlands). A spherical tip, attached to a calibrated cantilever, is used to indent the sample while a laser beam is shone onto the reflective cantilever surface. Reflected laser light is analyzed interferometrically to measure phase shifts, which correlate with cantilever bending. From this, the force required for sample indentation is calculated. EEff was derived using the Hertzian model for contact mechanics (Hertz, 1881; Chen, 2014) under the assumption of a Poisson’s ratio of 0.5 for incompressible materials, which is commonly used for mechanical testing of cells and tissue (Figure 1B; Guz et al., 2014). Throughout this manuscript, EEff is referred to as stiffness. Sample indentations of 2–4 μm were performed at a displacement speed of 5 μm/s. Data analysis used the Optics11 DataViewer (V2.0.27).

For CyPhyGel characterization, cantilevers with spring constants of 0.45–0.5 N/m and tips of 20–23 μm radii were used. For cell assessment, cantilevers with spring constants of 0.01–0.02 N/m and tips with 3–3.5 μm radii were used. The stiffness of single cells was determined by performing surface-normal indentations at two to three different positions that were not overlapping with the nucleus. For every indentation, the Hertzian model was used to fit the force-displacement curve from initial cell surface contact up to 1 μm indentation, to avoid mechanical interference from the underlying growth substrate. Cell stiffness was assessed 4 days after seeding on CyPhyGels.



Cell Fixation, Staining, Confocal Imaging, and Image Analysis

For confocal imaging, fibroblasts were cultured on CyPhyGels of different stiffness for 4 days, fixed using 4% paraformaldehyde (Roth, Germany) in PBS for 15 min. Glycoproteins at the cell membrane were stained with AlexaFluor555-conjugated wheat germ agglutinin (WGA, 1 μg/mL, Invitrogen, Germany) in 3% bovine serum albumin in PBS for 1 h, followed by three 10-min washing steps in PBS. Thereafter, cells were permeabilized using 0.5% Triton-X100 (Sigma-Aldrich, Germany) in PBS for 15 min and blocked using 3% bovine serum albumin in PBS for 1 h. Primary antibody against alpha smooth muscle actin (αSMA; ab7817, Abcam, Germany) was applied 1:50 in 1% bovine serum albumin in PBS overnight. After three washing steps in PBS, AlexaFluor488-coupled secondary anti-mouse was applied 1:500 in PBS for 1 h. Nuclear counterstaining was performed using Hoechst-33342 (20 μM, ThermoFisher, Germany) for 2–3 min in PBS. All staining was performed at room temperature.

Imaging was performed on a Leica TCS SP8 X confocal microscope using a 20× multi-immersion objective (HC PL APO 20x/0.75 IMM) with water as immersion medium. For imaging, the CyPhyGels were mounted upside-down in a PBS-filled microscopy dish (µ-Dish 35 mm, ibidi, Germany). Cell area was determined using ImageJ after manually tracing cell borders based on WGA signal.



Statistics

If not stated otherwise, data are presented as single data points and mean ± SEM. Data points were considered outliers when they differed by more than three standard deviations from the mean. After removing outliers, statistical significance of two groups with more than 20 data points was determined by Student’s t-test for unpaired data with equal variances. Two groups with less than 20 data points were compared using the non-parametric Mann-Whitney test. More than two groups were analyzed by Two-way ANOVA followed by post-hoc comparison of the mean values using the Tukey test. All statistical analyses were performed in OriginPro 2019.




RESULTS


Tuning Mechanical Properties of CyPhyGels by Light

CyPhyGels, uniformly exposed to illumination at 660 nm had an EEff of 4.59 ± 0.11 kPa, while after illumination with 740 nm, EEff was 2.72 ± 0.06 kPa (Figures 2A,B). Similar maximal and minimal EEff were found for the two differentially tuned halves of heterogeneous CyPhyGels. For spatial characterization of the stiffness gradient, heterogeneous CyPhyGels were mapped, in 50 μm steps, along a line perpendicular to the boundary between their stiff and soft halves. EEff changed from 4.48 ± 0.58 to 2.12 ± 0.30 kPa (Figure 2C). Using a higher resolution step size (5 μm) near the boundary, we found that the transition between stiff and soft areas occurs within a 100–150 μm wide band (Figure 2D). The width of the border zone was constant over at least 1 mm (Supplementary Figure S3).
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FIGURE 2. Mechanical properties of CyPhyGels. (A) Schematic representation of CyPhyGel configurations used in this experiment. (B) EEff of CyPhyGels, exposed to homogeneous illumination with either 660 or 740 nm (n = 24) or sequentially illuminated and thus mechanically heterogeneous (n = 4), was determined by nanoindentation. (C) EEff along an axis perpendicular to the border between stiff and soft halves of three representative heterogeneous CyPhyGels, illustrating the step-change in gel stiffness (50 μm distance between consecutive measurement points, n = 3). (D) Higher resolution assessment of the transition area in Gel 3 from panel C (5 μm distance between measurement points). (E) EEff of Gel 3 from panel C immediately after illumination (Day 0) and 6 days later, corresponding to the duration of an experiment.


To assess whether heterogeneity in CyPhyGel stiffness was sustained over time, stiffness was measured 6 days after sequential illumination, which corresponds to the duration of an experiment. The two areas with different stiffness were still clearly distinguishable (Figure 2E). The slight increase in stiffness in the soft area over 6 days is due to exposure to external light during CyPhyGel handling and cell culture procedures (Supplementary Figure S2).



Cell Area Analysis

One adaptation of fibroblasts to matrix stiffness is the extent of cell spreading, quantified by cell area (Herum et al., 2017). We cultured human primary atrial fibroblasts on CyPhyGels that were tuned to homogeneously stiff, homogeneously soft, or heterogeneous states. While fibroblasts on the stiff CyPhyGels had an average cell area of 6,351 ± 349 μm2, the area of fibroblasts on the soft CyPhyGels was 4,398 ± 293 μm2 (Figure 3B).
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FIGURE 3. Area of human primary atrial fibroblasts after 4 days of culture on CyPhyGels in different configurations. (A) Schematic presentation of CyPhyGels used for the experiments in Figures 3, 4. (B) Fibroblasts grown on homogeneously soft CyPhyGels spread less than those grown on homogeneously stiff CyPhyGels. The same applies to separated CyPhyGels, while no difference was found among fibroblasts grown on heterogeneous CyPhyGels (Number of patients/number of cells). (C) Representative images of fibroblasts on different CyPhyGels. Green = cell membrane. Blue = nuclear counterstain. Scale bars = 20 μm (Number of patients/number of cells).


There was no significant difference in cell area occupied by fibroblasts grown on the stiff versus the soft half of heterogeneous CyPhyGels (6,563 ± 494 μm2 on the stiff half; 6,451 ± 440 μm2 on the soft half, Figure 3B). Further, we cultured fibroblasts on CyPhyGels of the same stiffness and area as the two halves of heterogeneous CyPhyGels. These were illuminated homogeneously and one stiff and one soft CyPhyGel were placed next to each other with a separation of 1 mm (Figure 3A, hereafter referred to as separated CyPhyGels). In this setting, the area of cells on the stiff CyPhyGel was higher than those on a soft CyPhyGel (6,306 ± 446 μm2 compared to 4,149 ± 251 μm2, Figure 3B). Representative images of plasma membrane-stained fibroblasts in all conditions are shown in Figure 3C.



Cell Stiffness Analysis

Human primary atrial fibroblasts, cultured on stiff CyPhyGels, were stiffer (1.09 ± 0.15 kPa) than those grown on soft CyPhyGels (0.50 ± 0.06 kPa, Figure 4A). Fibroblasts, cultured on heterogeneous CyPhyGels, showed no significant difference in cell stiffness between stiff (0.49 ± 0.05 kPa) and soft areas (0.46 ± 0.05 kPa, Figure 4A). When cultured on separated CyPhyGels, fibroblast stiffness was not different from that on heterogeneous CyPhyGels with 0.47 ± 0.06 kPa on the stiff and 0.45 ± 0.07 kPa on the soft CyPhyGel (Figure 4A). The higher cell stiffness on homogeneously stiff CyPhyGels was not a result of higher αSMA expression levels (Supplementary Figure S4).
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FIGURE 4. Stiffness of human primary atrial fibroblasts grown on CyPhyGels. (A) Fibroblasts grown on homogeneously stiff CyPhyGels are stiffer than those grown on soft CyPhyGels. When cultured on heterogeneous or separated CyPhyGels, fibroblast stiffness is not different from that of fibroblasts on homogeneously soft CyPhyGels. (B) EEff of 11 cells was determined before and after an acute change of CyPhyGel stiffness. No systematic difference in recorded cell stiffness was found (Number of patients/number of cells).


To assess any possible contribution of the mechanical properties of the CyPhyGel on cell stiffness measurements, we acutely reversed CyPhyGel stiffness. Switching CyPhyGels from stiff to soft state and vice versa takes less than 1 min (Supplementary Figure S5). Cells, grown on a homogeneously stiff CyPhyGel, were assessed before and after switching the CyPhyGel to its soft state, and vice versa. Cell stiffness before and after switching did not differ significantly, neither for cells initially cultured on stiff (0.99 ± 0.30 kPa before versus 1.17 ± 0.46 kPa after acute stiffness reversal) or soft CyPhyGels (0.74 ± 0.16 kPa before versus 0.73 ± 0.18 kPa after stiffness reversal, Figure 4B).




DISCUSSION

Cardiac fibrosis is a multifactorial process accompanying most cardiac malfunctions, and it increases with age. It is characterized by extensive accumulation of ECM proteins, as well as differentiation of fibroblasts into myofibroblasts, both adding to changes in tissue mechanics. Many studies in the past have addressed the questions of how cells sense and respond to the mechanics of their environment. These studies are usually based on model systems in which cells are cultured on substrates with homogeneous mechanical properties.

In this study, we used a novel hydrogel system, which allows one to dynamically change substrate stiffness by illumination with either 660 nm or 740 nm light. We show that CyPhyGel stiffness (EEff) can be changed between ~4.6 and ~2.7 kPa, in line with previous results by Hörner et al. (2019b). We confirm the utility of CyPhyGels in experimental conditions involving the cell culture of human primary atrial fibroblasts.

The light-induced stiffness difference is biologically relevant, as we found human primary atrial fibroblasts adapt to the higher substrate stiffness with increased cell area and stiffness. For healthy cardiac tissue, elastic moduli from 5 to 20 kPa have been described, while under pathologic conditions, the elastic modulus of the tissue changes dynamically. During the inflammatory phase following myocardial infarction, tissue stiffness in the infarct area is decreased due to collagen degradation and death of cardiomyocytes. This is followed by massive collagen deposition over weeks leading to an increase in tissue stiffness to more than 55 kPa, depending on species, form of fibrosis, and duration of tissue remodeling (Holmes et al., 2005; Berry et al., 2006; Gluck et al., 2017; Farré et al., 2018). In contrast, the elastic modulus of in vitro mouse fibroblast spheroids was determined to be in the range of 0.5–3.5 kPa (Jorgenson et al., 2017). Thus, there are significant differences between the relevant stiffness ranges for in vivo and in vitro systems, and the here presented CyPhyGels have a relevant dynamic range.

In this study, fibroblasts were also cultured on CyPhyGels with heterogeneous stiffness. The stiffnesses of the two sides of heterogeneous CyPhyGels were the same as for homogeneously illuminated CyPhyGels. The boundary between stiff and soft halves was well defined, confined to ~150 μm, i.e., on a par with the size of one or two cultured fibroblasts.

While fibroblasts on homogeneous CyPhyGels adapt to their culture substrate with higher cell area and stiffness than those on the stiff CyPhyGel, such adaptation was not present on heterogeneous CyPhyGels. In terms of cell area, the fibroblasts on heterogeneous CyPhyGels are as large as fibroblasts on homogeneously stiff CyPhyGels, while cell stiffness resembles that of fibroblasts on homogeneously soft CyPhyGels. To figure out whether this effect was mediated by direct cell–cell contact or via secreted mediators, we performed the same experiments with a physical separation of 1 mm between the stiff and the soft CyPhyGel. In this setting, fibroblasts were not able to directly contact each other, while secretory mediators were transmitted via the culture medium. Surprisingly, we found an adaptation of cell area to matrix stiffness on separated CyPhyGels, while cell stiffness was still the same as on homogeneously soft CyPhyGels. Our results suggest that the adaptation of cell spreading and cell stiffness in response to matrix stiffness are regulated by distinct mechanisms, where cell spreading can be modulated by cell-cell contact, while cell stiffness can be modulated by paracrine mediators. Several secreted factors, including transforming growth factor β, angiotensin and interleukins, have been described to play a role in cardiac fibrosis by upregulating collagen production or driving myofibroblast differentiation (Wang et al., 2016; Zhang et al., 2016; Khalil et al., 2017; Schafer et al., 2017; Kuragano et al., 2018). On the other hand, anti-fibrotic effects have been described for conditioned medium from bone marrow-derived stem cells and cardiac progenitor cells and may involve secreted growth factors and/or microRNAs (Kishore et al., 2013; Fang et al., 2016). Further experiments will be necessary to identify the mechanisms responsible for the effects observed in this study.

The higher cell area and stiffness observed on stiffer substrates can be interpreted as indicative of differentiation toward a myofibroblastic phenotype. However, we did not find a higher proportion of fibroblasts expressing the myofibroblast indicator αSMA on stiff CyPhyGels. This might be explained by a potential pre-activation of fibroblasts during their culture time on plastic and the low range of stiffnesses that is covered by CyPhyGels. Current literature on mechanical control of fibroblast phenoconversion usually utilizes larger stiffness differences (Sunyer et al., 2012; Herum et al., 2017), which might trigger increased αSMA expression more efficiently. Also, there are some discrepancies regarding the regulation of αSMA expression response to matrix stiffness. While usually αSMA is thought to be upregulated with higher matrix stiffness, the opposite was also shown for human valve interstitial fibroblasts (Mabry et al., 2015). This, in line with our results, indicates that the regulation of fibrotic events in response to matrix stiffness is highly complex and involves many factors. Distinct phenotypic properties seem to be regulated by different stimuli. Future work will assess, for example, how culturing on plastic may affect mechanosensing in fibroblasts. All in all, more studies will be required to integrate the results described here with previous knowledge on fibrotic mechanisms gathered from mechanically invariable substrates.

CyPhyGels, by enabling spatial and temporal alterations in the stiffness of the growth substrate, will aid the design and implementation of improved experimental models for studying the basic mechanisms underlying fibrosis. We show that fibroblasts can be grown on CyPhyGels of different stiffness, and that they sense and respond to the stiffness changes that can be imparted by CyPhyGels. Further studies will assess the speed at which cells respond to stiffness changes, explore whether fibrosis can be reversed by altering substrate stiffness, and whether mechanical memory plays a role in fibrosis.



CONCLUSION

We present a novel in vitro model suitable for the study of dynamic biological responses to local and temporal changes in matrix stiffness. This model will be used to shed light on mechanisms of communication between cells in differing mechanical microenvironments, for example to mimic fibrotic or scarred myocardium. Our results indicate that cardiac fibroblast adaptations to mechanical properties of the growth matrix may be able to be tuned via paracrine factors as well as direct cell-cell contact.
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SUPPLEMENTARY FIGURE S1 | After preparation, CyPhyGels were stored in PBS at room temperature in darkness. Their stiffness in response to 660 or 740 nm illumination was determined over 40 days after preparation. After 1 week, CyPhyGel stiffness is reversibly tunable between ~3 and ~5 kPa for at least 40 days (n = 3).

SUPPLEMENTARY FIGURE S2 | EEff of CyPhyGels exposed to different light regimes. When exposed to green background light only, soft-tuned CyPhyGels stayed soft for at least 1 h. Exposure to white light (e.g. microscope or room light, >10 mW/cm2) resulted in complete stiffening of the CyPhyGel within 10 min. Filtering the microscope light using a 490 ± 5 nm band pass filter (final light intensity ~0.05 mW/cm2), minimized the stiffening for at least 1 h. All experiments were performed under green background light.

SUPPLEMENTARY FIGURE S3 | 2D mapping of EEff of a heterogeneous CyPhyGel in a squared area of 1 mm × 1 mm, including the border zone, measured with a step size of 50 μm. The left part of the mapped area is stiffer than the right part. The border zone is well delineated and about 100–150 μm wide.

SUPPLEMENTARY FIGURE S4 | αSMA expression in human primary atrial fibroblasts cultured on different CyPhyGels. (A) Fibroblasts were fixed in 4% paraformaldehyde and immunostained for αSMA after 4 days in culture on CyPhyGels in different configurations. Red = αSMA. Blue = nuclear counterstain. Scale bars = 150 μm. (B) αSMA-positive cells of two patients were determined as percentage of total cells after applying the same intensity threshold to all images.

SUPPLEMENTARY FIGURE S5 | Kinetics of CyPhyGel stiffness switch in response to changed illumination. At 50 s, the illumination was switched from 660 to 740 nm or vice versa. As controls, CyPhyGels were constantly illuminated with either of the two respective wavelengths. All illuminations were performed at 1 mW/cm2.
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Resistance arteries and downstream arterioles in the peripheral microcirculation contribute substantially to peripheral vascular resistance, control of blood pressure, the distribution of blood flow to and within tissues, capillary pressure, and microvascular fluid exchange. A hall-mark feature of these vessels is myogenic tone. This pressure-induced, steady-state level of vascular smooth muscle activity maintains arteriolar and resistance artery internal diameter at 50–80% of their maximum passive diameter providing these vessels with the ability to dilate, reducing vascular resistance, and increasing blood flow, or constrict to produce the opposite effect. Despite the central importance of resistance artery and arteriolar myogenic tone in cardiovascular physiology and pathophysiology, our understanding of signaling pathways underlying this key microvascular property remains incomplete. This brief review will present our current understanding of the multiple mechanisms that appear to underlie myogenic tone, including the roles played by G-protein-coupled receptors, a variety of ion channels, and several kinases that have been linked to pressure-induced, steady-state activity of vascular smooth muscle cells (VSMCs) in the wall of resistance arteries and arterioles. Emphasis will be placed on the portions of the signaling pathways underlying myogenic tone for which there is lack of consensus in the literature and areas where our understanding is clearly incomplete.
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INTRODUCTION

Myogenic tone is a hall-mark feature of resistance arteries and their downstream arterioles. This pressure-induced contractile activity of vascular smooth muscle contributes substantially to all functions of the resistance vasculature, including maintenance of peripheral vascular resistance, control of blood pressure, distribution of blood flow to and within tissues, and regulation of capillary pressure and microvascular fluid exchange. However, our understanding of the molecular mechanisms responsible for myogenic tone remains incomplete. This review will outline the multiple mechanisms that appear to underlie this key microvascular process, including important roles for G-protein-coupled receptors, multiple ion channels, and several protein kinases emphasizing the portions of the signaling pathways for which there is a lack of consensus.



SETTING THE STAGE


What Are Resistance Arteries and Arterioles?

Resistance arteries are arterial vessels that feed blood flow to the microcirculation and contribute to peripheral vascular resistance (Zweifach and Lipowsky, 1984; Segal, 2000). These small arteries have internal, maximal diameters ranging from 500 to 100 μm and have two or more layers of vascular smooth muscle in their walls. Arterioles are downstream from resistance arteries, usually have internal, maximal diameters less than 100 μm, and importantly, have only a single layer of vascular smooth muscle wrapped circumferentially around the endothelial cell tube that forms the lumen of these microvessels. Another distinguishing characteristic of arterioles is that they are usually embedded within the parenchyma to which they supply blood flow. Arterioles form a branching network of vessels that ultimately provide blood flow to the capillary bed, with 3–5 levels of branching, dependent on the tissue/organ being perfused. The last arterial microvessels with vascular smooth muscle cells (VSMCs) in their walls are termed terminal arterioles which then branch into 1–20 capillaries. As with resistance arteries, arterioles contribute substantially to determination and control of vascular resistance and blood pressure (Renkin, 1984; Zweifach and Lipowsky, 1984; Pries and Secomb, 2011).

In skeletal muscle, for example, resistance arteries contribute about 30–40% of total skeletal muscle vascular resistance (Segal and Duling, 1986; Segal, 2000), with downstream arterioles contributing 50% and capillary and venules contributing the remainder of the hydraulic resistance (Fronek and Zweifach, 1975). Thus, for example, during skeletal muscle contraction, when blood flow can increase 100-fold (Saltin et al., 1998; Mortensen and Saltin, 2014), coordinated vasodilation of arterioles in the microcirculation and upstream resistance arteries is essential for attainment of these massive increases in blood flow (Segal and Duling, 1986; Segal, 2000).



What Are the Myogenic Response and Myogenic Tone?

A step-wise increase in the blood pressure within a resistance artery or arteriole leads to a rapid, pressure-induced increase in vessel diameter as shown in Figure 1A. If the pressure is maintained, the smooth muscle in the wall of the vessel will respond, contracting and returning the internal diameter of the vessel to or below its initial diameter (Figure 1A). This is the classic myogenic response (Johnson, 1980; Davis and Hill, 1999; Hill et al., 2001; Davis et al., 2011) that was originally described by Bayliss over a century ago (Bayliss, 1902). The steady-state level of contractile activity of the vascular smooth muscle in a pressurized blood vessel is myogenic tone (Figure 1B). It should be noted that myogenic tone not only encompasses the steady-state activity of the smooth muscle contractile machinery (actin-myosin cross bridge cycling), but also remodeling of the actin cytoskeleton (Gunst and Zhang, 2008) and alterations in interactions of smooth muscle cells with the extracellular matrix that accompanies maintained vasoconstriction (Martinez-Lemus et al., 2004) or vasodilation (Clifford et al., 2018). An important point is that the time scale for these latter events (remodeling of the actin cytoskeleton and interactions and remodeling of the extracellular matrix) may occur on much longer time scales than simple Ca2+-dependent cross-bridge cycling during maintained levels of myogenic tone.
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FIGURE 1. The myogenic response and myogenic tone in arterioles. (A) Myogenic response in a cannulated hamster cremaster arteriole, ex vivo, prepared as described (Westcott and Jackson, 2011). Shown in the upper panel is a digitized diameter record of the response of a second-order cremaster arteriole to a step-increase in luminal pressure from 20 to 80 cm H2O as depicted in the lower panel. At the onset of the pressure step, arteriolar diameter increases due to passive distention of the vessel. As the smooth muscle responds and begins to contract, diameter recovers to a new steady-state diameter that is slightly less than the diameter at 20 cm H2O. This behavior is the myogenic response. (B) Myogenic tone in cannulated hamster cremaster arterioles. Top panel shows the steady-state diameters of arterioles at different pressures in the absence of extracellular Ca2+ (passive) and presence of 2 mM Ca2+ (active). Bottom panel shows the % myogenic tone at the given pressures computed from the data in the top panel as myogenic tone = (passive diameter–active diameter)/passive diameter × 100%. At pressures greater than 20 cm H2O, arterioles develop significant myogenic tone (i.e., steady-state pressure-induced constriction). Data in (A) are replotted from Jackson (2012), with permission. Data in (B) are replotted from Westcott and Jackson, (2011) and Jackson, (2012), with permission.


These two processes, the myogenic response and myogenic tone (Figure 1), participate in the blood flow autoregulation in organs, such as the brain (Tuma, 2011), heart (Laughlin et al., 1996; Zhang et al., 2011), kidney (Navar et al., 2011), eye (Riva and Schmetterer, 2011), intestine (Granger et al., 2011), and skeletal muscle (Shepherd, 1983), buffering organ blood flow and capillary pressure in the face of changes in blood pressure (Johnson, 1980; Davis et al., 2011). The myogenic response and myogenic tone also appear to contribute to blood pressure regulation by amplifying vasoconstrictor-induced vasoconstriction (Meininger and Trzeciakowski, 1988, 1990). Myogenic tone offers a resting level of smooth muscle contractile activity such that resistance arteries and arterioles can both dilate and constrict around their resting diameters, maintaining cardiovascular homeostasis (Renkin, 1984; Davis et al., 2011).



Steps Involved in the Myogenic Response Leading to Myogenic Tone

Two questions need to be answered to understand the mechanisms responsible for the myogenic response and myogenic tone: (1) How are changes in luminal pressure sensed by smooth muscle cells in the wall of resistance arteries and arterioles? and (2) How are changes in luminal pressure transduced into vascular smooth muscle contraction and maintained tone in these vessels?




HOW IS PRESSURE SENSED IN RESISTANCE ARTERIES AND ARTERIOLES?

In a resistance artery or arteriole, increased luminal pressure results in a radial force that increases tangential wall stress (tension) as described by the Law of Laplace: tangential wall stress = Pr/Δ, where P is the pressure in the lumen of the vessel, r is the lumen radius, and Δ is the thickness of the vessel wall. The increased wall stress passively dilates the vessel and “stretches” (induces strain in) the smooth muscle cells in the vessel wall. The passive dilation will continue until either, the passive wall tension (due to collagen, elastin, cytoskeletal elements, etc.) matches the pressure-induced tangential wall stress, or the VSMCs actively contract and generate enough active wall stress to overcome the pressure-driven tangential wall stress.

It has been argued that wall strain (change in length) is unlikely to be the main variable sensed in the myogenic response because, for example, arterioles, often constrict to diameters below their starting point with step increases in pressure (Johnson, 1980; Carlson and Secomb, 2005). However, cytoskeletal remodeling appears to occur coincident and in parallel with, smooth muscle contraction and relaxation such that cell “length” is not a constant (Gunst and Zhang, 2008). Thus, whether it is stress or strain that is sensed in the vessel wall remains to be clarified (Hill and Meininger, 1994; Davis and Hill, 1999; Hill et al., 2001; Davis et al., 2011). Nonetheless, several mechanisms have been proposed to act as sensors during the myogenic response leading up to steady-state myogenic tone including: several G-protein coupled receptors (Brayden et al., 2013; Schleifenbaum et al., 2014; Storch et al., 2015; Kauffenstein et al., 2016; Mederos et al., 2016; Hong et al., 2017; Pires et al., 2017; Chennupati et al., 2019), several cation channels (Welsh et al., 2002; Jernigan and Drummond, 2005; Gannon et al., 2008; VanLandingham et al., 2009; Nemeth et al., 2020), integrins (Davis et al., 2001; Martinez-Lemus et al., 2005; Colinas et al., 2015), matrix metalloproteinases (MMPs), and epidermal growth factor receptors (EGFR; Lucchesi et al., 2004; Amin et al., 2011); and membrane-bound tumor necrosis factor α (mTNFα), TNFα receptor (TNFR), and downstream sphingosine-1-phosphate (S1P) signaling (Kroetsch et al., 2017; Figure 2). What remains unclear is what determines which of these putative mechanosensitive elements are expressed in a particular blood vessel and how this expression is controlled under different physiological and pathological conditions. It is also not clear whether the different potential mechanosensitive elements represent independent “sensors” or whether some are linked together. For example, while there is evidence that TRPC6 channels are mechanosensitive and could serve as independent sensors of pressure-induced stress/strain in vascular smooth muscle (Spassova et al., 2006), it is also quite clear that these channels lie downstream from mechanosensitive G-protein coupled receptors, like the angiotensin II type 1 receptors (AT1R) that appear to mediate myogenic reactivity in rodent cerebral resistance arteries (Gonzales et al., 2014). Another example is the potential link between G-protein coupled receptors, such as the AT1R and the EGFR. There is considerable evidence for transactivation of the EGFR and its downstream targets upon activation of AT1R by angiotensin II (Forrester et al., 2016). Thus, it seems likely that mechanical activation of AT1R would do the same and may reconcile studies identifying EGFR as a key component of myogenic signaling in coronary artery vascular smooth muscle (Lucchesi et al., 2004; Amin et al., 2011) with studies identifying AT1R as the key mechanosensor in myogenic tone (Mederos y Schnitzler et al., 2008; Yasuda et al., 2008; Storch et al., 2012; Gonzales et al., 2014; Mederos et al., 2016; Hong et al., 2017; Pires et al., 2017). However, it is not clear how signaling downstream from the EGFR involving extracellular signal-related kinases 1 and 2 (ERK1/2), janus kinase (JAK), and signal transducer and activator of transcription 3 (STAT3; Amin et al., 2011) fits into the overall scheme of myogenic tone. Similarly, while a role for mTNFα, its receptor and downstream S1P have been proposed to mediate myogenic tone (Peter et al., 2008; Lidington et al., 2009; Yang et al., 2012; Hui et al., 2015; Yagi et al., 2015; Sauve et al., 2016; Kroetsch et al., 2017), it is not clear how this mechanism “fits” with the bulk of data supporting membrane depolarization and activation of voltage-gated Ca2+ channels (VGCCs) as the fundamental basis for myogenic tone. Certainly, activation of PLCγ is a potential downstream signal in the S1P-pathway feeding into the same signaling pathway that has been proposed for AT1R, for example Gonzales et al. (2014). In addition, S1P signaling reportedly can lie downstream from the AT1R (Wilson et al., 2015). Unfortunately, few investigators have tried to perform critical tests of alternative hypotheses for all the proposed mechanisms underlying myogenic tone to try and sort out which mechanisms are functional in a particular blood vessel. In addition, most investigators tend to focus on single or at most a few blood vessels such that the generality of proposed mechanisms remains unclear and will require additional research. Investigators are encouraged to explore multiple mechanisms in arteries/arterioles from different vascular beds so that patterns can be better assessed.
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FIGURE 2. Signaling pathways for pressure-induced myogenic tone. Schematic diagram of reported signaling pathways involved in myogenic tone in resistance arteries and arterioles. Green font color depicts putative mechanosensors in pressure-induced myogenic tone. Black arrows show stimulation, increases or activation of signaling molecules, ion channels, or enzymes that participate in myogenic tone. Red capped lines indicate inhibition, decreases or deactivation of signaling molecules, ion channels, or enzymes involved in myogenic tone. Also shown are pharmacological agents that we have used to interrogate the ion channels and signaling pathways in arteriolar myogenic tone. MMP, matrix metalloproteinase; HB-EGF, heparin-bound epidermal growth factor; EGFR, epidermal growth factor receptor; ERK1/2, extracellular-signal-related kinases 1 or 2; JAK, janus kinase; STAT3, signal transducer and activator of transcription 3; mTNFα, membrane-bound tumor necrosis factor α; TNFR, TNFα Receptor; S1P, sphingosine-1-phosphate; S1PR, S1P receptor; α5β1-int, α5β1 integrin: FAK, focal adhesion kinase; SRK, Src-related kinases; CaCC, Ca2+-activated Cl− channel; TRPV2,4, transient receptor potential vanilloid-family 2 or 4 channels; ENaC, epithelial Na+ channel; ASIC, acid sensing ion channel; P2X7, P2X7 purinergic receptor; VGCC, voltage-gated Ca2+ channel; BKCa, large-conductance Ca2+-activated K+ channel; KV, voltage-gated K+ channel; KIR, inwardly-rectifying K+ channel; KATP, ATP-sensitive K+ channel; msGPCR, mechanosensitive G-protein-coupled receptor; DAG, diacylglycerol; PKC, protein kinase C; NFA, niflumic acid; DTZM, diltiazem; NIF, nifedipine; TEA, tetraethylammonium; IBTX, iberiotoxin; 4-AP, 4-aminopyridine; GLIB, glibenclamide; BIM I, bisindolylmaleimide I; PLC, phospholipase C; PIP2, phosphatidylinositol bisphosphate; IP3, inositol, 1,4,5 trisphosphate; IP3R1, IP3 receptor 1; RyR, ryanodine receptor; CICR, Ca2+-induced-Ca2+ release; LARG, guanine nucleotide exchange factor LARG; RhoA, small G-protein Rho; 2-APB, 2-Aminoethoxydiphenyl borate; RhoK. Rho kinase; LIMK, LIM kinase; CPI17, C-kinase potentiated protein phosphatase-1 Inhibitor; MLCPPT, myosin light-chain phosphatase; MCL, myosin light-chain; MLCK, myosin light-chain kinase; See text for more details and references.


Finally, it is not yet known exactly how membrane proteins are activated by increases in membrane stress or strain. Based on studies in other systems, membrane-bound proteins may be activated or altered by forces transmitted via connections with the extracellular matrix and/or the cytoskeleton, by changes in membrane curvature and/or by membrane thinning-induced protein conformational changes (Leiphart et al., 2019).


How Are Changes in Luminal Pressure Transduced Into Myogenic Tone?

Regardless of the precipitating mechanisms, in vitro, pressure myography studies have repeatedly shown that pressure-induced myogenic tone involves vascular smooth muscle membrane depolarization, activation of VGCCs, and an increase in intracellular Ca2+ (Harder, 1984; Knot and Nelson, 1998; Kotecha and Hill, 2005; Figure 2). As will be discussed in a subsequent section, there also may be activation of the small G-protein RhoA and the Rho kinase pathway which induces Ca2+ sensitization (Lagaud et al., 2002; Moreno-Dominguez et al., 2013) and Rho-kinase (Moreno-Dominguez et al., 2013) or protein kinase C (PKC)-dependent remodeling of the actin cytoskeleton (Moreno-Dominguez et al., 2013; Hong et al., 2016) that also can contribute to myogenic tone (Figure 2).



Which Ion Channels Contribute to Pressure-Induced Membrane Depolarization?

A number of ion channels have been proposed to contribute to pressure-induced depolarization of VSMCs (Harder, 1984; Knot and Nelson, 1998; Kotecha and Hill, 2005) including: members of the transient receptor potential (TRP)-family of cation channels, such as TRPC6 (Welsh et al., 2002; Gonzales et al., 2014), TRPM4 (Earley et al., 2004; Gonzales et al., 2014), TRPV2 (McGahon et al., 2016), and TRPV4 (Soni et al., 2017); members of the degenerin family of channels including the epithelial Na+ channel (ENaC) family (Jernigan and Drummond, 2005, 2006; VanLandingham et al., 2009; Drummond and Stec, 2015), the acid-sensitive ion channel (ASIC) family of channels (Gannon et al., 2015), and purinergic P2X7 Purinergic Receptor (P2X7) channels (Kauffenstein et al., 2016; Figure 2). In addition, Ca2+-activated Cl− channels (CaCC; ANO1/TMEM16A) may be activated by Ca2+ influx through TRPC6 channels (Bulley et al., 2012; Wang et al., 2016) and also contribute to pressure-induced depolarization of VSMCs (Figure 2). Finally, the activity of several K+ channels may be inhibited by either the membrane depolarization [inwardly-rectifying K+ channel (KIR) channels], increases in intracellular Ca2+ [voltage-gated K+ channel (KV) and ATP-sensitive K+ channel (KATP) channels], or increased activity of kinases such as protein kinase C (KV and KATP channels) and Rho kinase (KV channels) and indirectly contribute to pressure-induced depolarization (Tykocki et al., 2017; Figure 2). As for other aspects of myogenic tone, there appears to be vascular bed- and, perhaps, species-dependent differences in the ion channels that participate in pressure-induced depolarization making generalizations difficult. Our understanding of the mechanisms responsible for this heterogeneity is lacking.



What Activates the Ion Channels Responsible for Pressure-Induced Depolarization?

The answer to this question remains incomplete. In cerebral resistance arteries, TRPC6 and TRPM4 appear to be activated indirectly (Gonzales et al., 2014), likely downstream from pressure-induced activation of AT1R and phospholipase Cγ (PLCγ; Gonzales et al., 2014) with diacylglycerol (DAG) from hydrolysis of membrane phosphatidyl-inositol-bis-phosphate (PIP2) activating TRPC6 and Ca2+ from Ca2+- and IP3-induced release of Ca2+ through IP3 receptor (IP3R) activating TRPM4 (Gonzales et al., 2014; Figure 2). In cerebral penetrating arterioles, Rho kinase may be involved in the activation of TRPM4 by setting its Ca2+ sensitivity (Li and Brayden, 2017; Figure 2). However, not all blood vessels appear to require PLC for pressure-induced myogenic tone. For example, we have shown that myogenic tone and global Ca2+ levels in hamster cheek pouch arterioles are unaffected by inhibition of PLC and IP3R, and yet are inhibited by nanomolar concentrations of Gd3+ and micromolar concentrations of GsMTX-4, established inhibitors of mechanosensitive ion channels (Jackson and Boerman, 2017). Thus, it is possible that, in cheek pouch arterioles, pressure-induced mechanical activation of TRPC6, for example, directly contributes to membrane depolarization and myogenic tone (Figure 2).



Which Ion Channels Contribute to the Negative-Feedback Regulation of Myogenic Tone?

Membrane depolarization in cells that express VGCCs is inherently a positive feedback process that would lead to depolarization approaching the Nernst equilibrium potential for Ca2+ (approximately +60 mV) and maximal vasoconstriction if it were not for negative feedback mechanisms that limit membrane depolarization and the activity of VGCCs. In VSMCs, this negative feedback is provided by large-conductance Ca2+-activated K+ (BKCa) channels and several voltage-gated K+ (KV) channel family members including KV1.5, 2.1, and 7.X channels (Tykocki et al., 2017; Figure 2). The membrane depolarization induced by TRPC6, TRPM4, etc. activates both BKCa and KV channels, limiting membrane depolarization (Tykocki et al., 2017; Figure 2). The BKCa channels are also activated by increased Ca2+ (Tykocki et al., 2017). In resistance arteries, the source of Ca2+ responsible for activation of BKCa channels is Ca2+ sparks released through ryanodine receptors (RyR; Nelson et al., 1995; Westcott and Jackson, 2011; Westcott et al., 2012), whereas in downstream arterioles, BKCa channels appear to be activated by Ca2+ entry through VGCCs and other membrane channels (Guia et al., 1999; Westcott and Jackson, 2011; Westcott et al., 2012; Suzuki et al., 2013; Figure 2).



Which Ion Channels Contribute to Pressure-Induced Increases in Global Intracellular Ca2+?

L-type VGCCs composed of CaV1.2 α-pore-forming subunits contribute substantially to pressure-induced myogenic tone that is observed in pressurized resistance arteries and arterioles studied ex vivo (Tykocki et al., 2017; Figure 2). L-type CaV1.2 VGCCs appear essential for the initiation of the myogenic response because block of these channels prevents the development of myogenic tone (Knot and Nelson, 1998; Kotecha and Hill, 2005). In rat middle cerebral arteries, the voltage dependence of intracellular Ca2+ and myogenic tone is the same as that for currents through L-type VGCCs, and both depolarization-induced increases in intracellular Ca2+ and myogenic tone are prevented or completely reversed by L-type VGCC blockers (Knot and Nelson, 1998). In first-order rat cremaster muscle arterioles, the relationship between membrane potential and tone is steeper than observed in cerebral arteries, and a significant portion of pressure-induced tone remains after block of L-type VGCCs (Kotecha and Hill, 2005). Block of L-type VGCCs also only inhibits a portion of Ca2+-dependent myogenic tone in second-order hamster cremaster (86%) and cheek pouch (54%) arterioles (Jackson and Boerman, 2017). These data suggest that Ca2+ entry through additional ion channels, such as T-type VGCCs (CaV3.X) or mechano-sensitive cation channels such as TRPC6, for example, also contribute to elevated [Ca2+]in and activation of contraction, particularly in the microcirculation (Tykocki et al., 2017). While it has been shown that smooth muscle-specific knockout of CaV1.2 abolishes myogenic reactivity in murine tibialis arteries (Moosmang et al., 2003), these data are difficult to interpret because CaV1.2 appears essential for the initiation of the myogenic response and hence, myogenic tone (Knot and Nelson, 1998; Kotecha and Hill, 2005).

The role played by SMC CaV1.2 channels in myogenic tone in arterioles, in situ, is not as clear. While there are a number of in situ studies supporting a role for CaV1.2 channels in various vascular beds (see Tykocki et al., 2017 for refs.), several intravital microscopy studies of arterioles in rat (Hill and Meininger, 1994), hamster (Jackson, 2012) and mouse (Pemberton et al., 1996; Ngo et al., 2013) cremaster muscles, and hamster cheek pouch (Boric et al., 1990; Welsh et al., 1998) have shown that topical application of L-type channel blockers has little effect on resting myogenic tone. Importantly, the efficacy the Ca2+ channel blockers was verified because they abolished vasomotion (Hill and Meininger, 1994; Welsh et al., 1998; Jackson, 2012; Ngo et al., 2013) and prevented O2-induced vasoconstriction (Welsh et al., 1998; Jackson, 2012). The resting tone in these studies appeared to be voltage-dependent because KATP channel agonists such as pinacidil (Jackson, 1993; Hill and Meininger, 1994) and cromakalim (Jackson, 1993) cause near maximal dilation of arterioles in these preparations. These data suggest that some other voltage-dependent channel, such as T-type CaV3.X channels for example, can determine resting tone in these microvascular beds under the conditions studied, that is simply not recapitulated in the ex vivo study of isolated resistance arteries and arterioles where CaV1.2 channels appear essential.

In some resistance arteries and arterioles, Ca2+ influx through VGCCs also appears to be amplified by Ca2+ release from intracellular stores (Figure 2). In cremaster arterioles, for example, Ca2+ influx through L-type VGCCs activates Ca2+ release through IP3Rs in the form of Ca2+ waves that contribute to myogenic tone (Westcott and Jackson, 2011; Westcott et al., 2012; Jackson and Boerman, 2018). In resistance arteries upstream from cremaster arterioles, Ca2+ waves also contribute to myogenic tone, but appear to involve both IP3R and RyR (Westcott and Jackson, 2011; Westcott et al., 2012).



How Is the Pressure-Dependent Ca2+ Signal Translated Into Tone?

The global increase in intracellular Ca2+ that results from activation of membrane mechanoreceptive processes, depolarization, activation of VGCCs, and amplification by Ca2+ release from intracellular stores is translated into smooth muscle contraction mainly through binding of Ca2+ to the Ca2+-binding protein, calmodulin (CaM), and Ca2+-CaM-dependent activation of myosin light-chain kinase (MLCK). This results in phosphorylation of the 20 kD myosin light-chains which is the primary trigger for contraction and force production in vascular smooth muscle (Zou et al., 1995; Cole and Welsh, 2011; Figure 2). Myosin light-chain phosphorylation then allows interaction of filamentous actin with myosin, the formation of actin-myosin cross-bridges, cross-bridge cycling, and smooth muscle contraction or force generation (increased myogenic tone; Zou et al., 1995; Cole and Welsh, 2011; Figure 2). This process continues while Ca2+ remains elevated and cross-bridge cycling occurs. A reduction in intracellular Ca2+ or dephosphorylation of the myosin light-chains by myosin light-chain phosphatase (MLCPPT) turns off this process and allows smooth muscle relaxation (decreased myogenic tone; Zou et al., 1995; Cole and Welsh, 2011). The ratio of activity of MLCK/MLCPPT determines the Ca2+ sensitivity of the system (Cole and Welsh, 2011). Guanine nucleotide exchange factors (GEFs), such as LARG, couple G-proteins, such as G12/13 to activation of the small GTPase, RhoA which subsequently activates Rho Kinase (Chennupati et al., 2019; Figure 2). Active Rho Kinase has several targets that modulate myogenic tone including: phosphorylation and inhibition of MLCPPT and an increase in Ca2+ sensitivity (Cole and Welsh, 2011); activation of LIM kinase (LIMK) and subsequent inhibition of cofilin and actin-cytoskeleton remodeling (Loirand et al., 2006; Moreno-Dominguez et al., 2013); inhibition of KV channels (Luykenaar et al., 2009); activation of TRPM4 channels (Li and Brayden, 2017); and activation of VGCCs (Guan et al., 2019; Figure 2). All of these Rho Kinase-related effects promote increased myogenic tone. Myogenic tone can also be increased/sustained through G-protein-dependent activation of PKC that not only modulates ion channels, but also the Ca2+ sensitivity of the contractile machinery through phosphorylation of the protein CPI17 which inhibits MLCPPT (Cole and Welsh, 2011). As noted previously, PKC also can lead to actin cytoskeleton remodeling that contributes to myogenic tone (Moreno-Dominguez et al., 2013; Hong et al., 2016; Figure 2).




WHAT IS RESPONSIBLE FOR THE APPARENT HETEROGENEITY IN MECHANISMS UNDERLYING MYOGENIC TONE?

As outlined in previous sections, there are likely multiple mechanisms that resistance arteries and arterioles use to produce and modulate myogenic tone depending on their location in the body and the physiology/pathophysiology of the system. What determines the primary mechanisms that are functional in a resistance artery or arteriole under a given set of physiological or pathophysiological conditions remains to be established. In experimental diabetes and subarachnoid hemorrhage, for example, it has been shown that there is apparent upregulation of the role played by mTNFα and S1P-signaling in myogenic tone of skeletal muscle (Sauve et al., 2016) and cerebral (Yagi et al., 2015) resistance arteries. However, the mechanisms responsible for this upregulation remain to be established. Another example is the differences that we have found in the mechanisms of myogenic tone in hamster cremaster vs. cheek pouch second-order arterioles (Jackson and Boerman, 2017). In cremaster arterioles, PLC and IP3R substantially contribute to Ca2+ signals (Ca2+ waves) and pressure-induced myogenic tone, whereas cheek pouch arterioles generate a similar level of tone that is independent of PLC and IP3R signaling (Jackson and Boerman, 2017). The mechanisms responsible for this regional heterogeneity are not known. Nonetheless, these differences in mechanisms likely mean that vascular smooth muscle in resistance arteries and arterioles has a “toolbox” of mechanisms that are potentially available to support the vital process of the myogenic response and myogenic tone in health and disease. Regional heterogeneity in mechanisms of myogenic tone may also provide new drug targets to treat vascular disease in an organ or tissue specific manner. For this to become a reality, much more research will be required to: (1) identify all of the potential signaling pathways that can contribute to myogenic tone in a selection of resistance arteries and arterioles from different vascular beds around the body using high density transcriptomic and proteomic approaches, understanding that many ion channels and receptors are normally expressed at very low levels in VSMCs, despite having major contributions to vessel function; (2) gain a better understanding of the regulation of message and protein expression for all these components using sophisticated pathway and informatic analysis of the “signals” detected in the transcriptomic and proteomic screens; and (3) perform appropriate functional in situ and ex vivo studies measuring diameter (as a readout of smooth muscle contraction at given levels of pressure), membrane potential, both local and global Ca2+ signals as well as careful biochemical assessment of pathway activity (protein phosphorylation, etc., see Moreno-Dominguez et al., 2013; for example) using conditional, cell-specific knockout, knockdown and knockin strategies as well as careful pharmacology to evaluate the role of the various signaling pathways that can contribute to myogenic tone in both resistance arteries and arterioles from around the body. This is a daunting task, but one that appears essential to move this field forward.
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The heart continually senses and responds to mechanical stimuli that balance cardiac structure and activity. Tensile forces, compressive forces, and shear stress are sensed by the different cardiac cell types and converted into signals instructing proper heart morphogenesis, postnatal growth, and function. Defects in mechanotransduction, the ability of cells to convert mechanical stimuli into biochemical signals, are implicated in cardiovascular disease development and progression. In this review, we summarize the current knowledge on how mechanical forces are transduced to chromatin through the tensed actomyosin cytoskeleton, the linker of nucleoskeleton and cytoskeleton (LINC) complex and the nuclear lamina. We also discuss the functional significance of the LINC complex in cardiovascular disease.
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INTRODUCTION

Mechanical forces play a key role in the development, maturation and function of the heart. During heart formation, contractions of cardiomyocytes (CMs) cause blood to flow over the cardiac endothelial lining, which leads to generation of mechanical cues such as shear stress and cyclic strain that further aid and guide cardiac morphogenesis (Granados-Riveron and Brook, 2012). After birth, these forces instruct and maintain the healthy heart functional state (Andrés-Delgado and Mercader, 2016). The type and magnitude of mechanical forces, such as shear stress, cyclic stretch, and alterations in the extracellular matrix (ECM) stiffness, have to be faithfully recognized from the different cardiac cell types to allow their adaptation to the dynamic changes of their surrounding by modifying gene expression. The inability of cells to correctly translate mechanical cues into biochemical signals, caused by mutations or deregulation of proteins that disturb mechanosensing and mechanotransduction, can contribute to the development and progression of cardiovascular diseases (Jaalouk and Lammerding, 2009).

The role of cytosolic signaling pathways and mechanosensitive transcription factors in mediating cellular responses to mechanical forces has been long recognized and extensively studied. Mechanosensitive ion channels and transmembrane receptors, as well as cytoskeleton and sarcomeric proteins have been shown to activate signaling cascades [e.g., through Rho GTPases, MAPKs, phospholipase C, calcium/calcineurin, focal adhesion kinase (FAK), Src, integrin-linked kinase (ILK) etc.], which converge into the nucleus to induce transcriptional programming that dictates cell behavior and function (Hahn and Schwartz, 2009; Jaalouk and Lammerding, 2009; Wang et al., 2009). For example, active Rho-GTPase signaling and actomyosin-mediated contractility result in the translocation of mechanosensitive transcription factors MRTFA (MKL1) and YAP/TAZ from the cytoplasm to the nucleus, where they initiate specific transcriptional programs (Dupont et al., 2011; Dorn et al., 2018). While nucleocytoplasmic shuttling of transcriptional regulators to mediate responses elicited by mechanical stimuli has been extensively studied, more recent work has suggested a role for the nucleus in direct propagation of mechanical stress via the linker of nucleoskeleton and cytoskeleton (LINC) complex, a process referred to as nuclear mechanotransduction (Wang et al., 2009; Kirby and Lammerding, 2018). The LINC complex consists of KASH-domain spectrin repeat proteins (Nesprins), located in the outer nuclear membrane and SUN (Sad1 and UNC84)-domain transmembrane proteins, located in the inner nuclear membrane (Figure 1A). Nesprins bind to cytoskeletal elements such as microtubuli, intermediate filaments and actin in the cytoplasm and to the SUN proteins in the perinuclear space (Isermann and Lammerding, 2013). In CMs, nesprins can connect directly to the Z-disk or indirectly through other proteins (Stroud et al., 2014; Figure 1B). Inside the nucleus, SUN proteins bind to lamin A, which, in turn, anchors chromatin to the nuclear lamina. The nuclear lamina consists of A-type (lamin A and C) and B-type lamins (lamin B1 and B2), which form distinct meshworks (Shimi et al., 2008). While lamins B1 and B2 are localized at the periphery and associate mainly with transcriptionally silent chromatin (Reddy et al., 2008; Wen et al., 2009), lamins A and C are found at the nuclear periphery as well as in the nuclear interior and associate with both hetero- and transcriptionally active euchromatin (Gesson et al., 2016). However, three-dimensional structured illumination microscopy analysis of lamin meshworks in HeLa cells showed that the loss of A-type lamins results in alterations in B-type meshworks and vice versa (Shimi et al., 2008), suggesting that their activity might be interconnected and that mechanosensitive mechanisms could affect both lamin A and lamin B lamina-associated chromatin domains (LADs). A few other proteins, including Emerin, Luma (TMEM43) and LAP2α have been shown to interact with the LINC complex components (Stroud, 2018). In this review, we summarize the current knowledge on the mechanisms of a direct mechanical force propagation to chromatin through the tensed actomyosin cytoskeleton, the LINC complex and the nuclear lamina and their malfunction in cardiovascular diseases.
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FIGURE 1. The LINC complex and nuclear mechanotransduction. (A) Composition of the LINC complex and nuclear mechanotransduction. The LINC complex consists of KASH-domain containing proteins (Nesprins) located in the outer nuclear membrane (ONM) and SUN-domain proteins located in the inner nuclear membrane (INM). Nesprins bind to different cytoskeletal components in the cytoplasm and to the SUN-domain proteins in the perinuclear space (PNS). On the other side, SUN proteins interact with the nuclear lamins and other inner nuclear membrane-associated proteins such as Emerin and Luma (TMEM43). The nuclear lamina, in turn, anchors chromatin to the nuclear periphery. LINC complex composition varies in different cell types. Mechanical forces (increase in ECM matrix stiffness, shear stress, and stretch) sensed by the mechanosensitive cell-surface receptors and transduced via the cytoskeleton and the LINC complex to the nuclear lamina may directly influence chromatin architecture and gene expression. (B) The CM LINC complex. In CMs Nesprins-1/2 connect to the Z-disk (Z) – directly or indirectly through other proteins indicated with a question mark, while Nesprin-3 binds to Desmin through Plectin. Figures were created with BioRender.com and are not to scale.




FORCE TRANSMISSION TO THE NUCLEUS

The connection between the ECM and the cell cytoskeleton is established through dynamic, integrin-containing multi-protein complexes that simultaneously bind to ECM proteins and anchor actin filaments, the focal adhesions (Figures 1, 2). In response to tensile stress, as modeled by culturing mouse embryonic fibroblasts (MEF) on large and elongated micropatterns, cells establish strong connections to the substrate (mature focal adhesions) at the two opposite poles along the long axis of the cell, which leads to the formation of actin stress fibers along the cell’s long axis in the apical plane (Alisafaei et al., 2019). Actin stress fibers are contractile cytoskeletal structures, composed mainly from actin and non-muscle myosin II (actomyosin). Stress fibers then propagate tensile forces from the mature focal adhesions to the nucleus (Alisafaei et al., 2019; Figures 1, 2). Local shear stress, as modeled through the movement of a magnetic bead attached to the cell membrane of Chinese hamster ovary (CHO) cells is also propagated to the nucleus in an actomyosin-dependent fashion via focal adhesions (Tajik et al., 2016). However, forces that are applied on the cell membrane, but bypass the focal adhesions, can also be transmitted via actin, albeit less effectively compared to the force propagation from focal adhesions (Tajik et al., 2016). Interestingly, prolonged stretching of MEFs induces thickening of discrete actin stress fibers coupled to dense accumulation of lamin A/C in the apical side of the nucleus and the formation of lamin A/C dents along the individual actin fibers (Kim et al., 2017). These indentation sites are characterized by a local enrichment of LINC complexes, which connect the stress fibers to the nuclear lamina, as shown in endothelial cells (Versaevel et al., 2015). Isolated nuclei alone are also able to respond to tension force applied directly via Nesprin-1 (Guilluy et al., 2014), demonstrating that the LINC complex is crucial for the force transmission into the nucleus.


[image: image]

FIGURE 2. Direct mechanical force transmission to chromatin through the LINC complex. Increasing mechanical forces lead to the formation of apical actin stress fibers, which propagate these cues to the nucleus via the LINC complex and cause its flattening and elongation. Nuclear deformation results in quantitative and conformational changes in the nuclear lamina, leading to alterations in chromatin fluidity and architecture coupled to changes in RNA Pol II occupancy and gene transcription. Additionally, nuclear pores are stretched as a consequence of nuclear elongation, which enables YAP translocation through decreased mechanical restriction of nuclear pore-mediated molecular transport. Tension-induced epigenetic and transcriptional response feeds back to the cytoskeleton and the extracellular matrix to balance outside and inside forces.




INFLUENCE OF MECHANICAL FORCES ON NUCLEAR MORPHOLOGY, CHROMATIN ORGANIZATION, AND GENE TRANSCRIPTION

Recent studies using different models have greatly expanded our understanding of the effects of mechanical forces on nuclear morphology and chromatin organization and the role of the actomyosin meshworks in force transmission (Figures 1, 2). For example, tensile forces arising from culturing fibroblasts on fibronectin-coated micropatterns to mimic the in vivo microenvironment have been shown to trigger an actomyosin-dependent alterations in nuclear morphology, lamin A/C levels and shuttling of epigenetic factors (Alisafaei et al., 2019). In a similar way, 1 h cyclic stretch (1 Hz, 8% uniaxial cyclic stretch within the physiological range) alters the nucleus shape, which becomes flattened (approx. 35% reduction in nuclear height) and slightly elongated in the direction of stretch (Kim et al., 2017). Interestingly, tensile force-induced nuclear flattening stretches the nuclear pores, which decreases the mechanical restriction of nuclear pores-mediated molecular transport and results in accumulation of the mechanosensitive transcription factor YAP in the nucleus (Elosegui-Artola et al., 2017; Figure 2), providing an interconnection between the cytosolic pathways-mediated response of cells to mechanical forces and direct force transmission to the nucleus through the actomyosin cytoskeleton and the LINC complex. Further, stretch of the nuclear envelope in response to tensile stress results in increased lamin A/C levels (Swift et al., 2013; Alisafaei et al., 2019) and decreased mobility through inhibition of lamin A/C Ser22 phosphorylation, which regulates lamin A/C turnover and physical properties, as shown in mesenchymal stem cells (Buxboim et al., 2014). In addition, as a result of compressive forces on nuclei the nuclear lamina acquires structurally polarized state, in which epitopes at the N- and C-terminus of lamins A/C at the basal nuclear envelope become inaccessible (Ihalainen et al., 2015). Recent studies have demonstrated that lamins anchor LADs at the nuclear periphery and are responsible for maintaining proper interactions among topologically associated chromatin domains (TADs), as well as for the maintaining of active and inactive chromatin and transcriptional states (Zheng et al., 2018). Importantly, loss of chromatin tethering to the nuclear lamina following HDAC3 deletion causes release of CM-specific gene regions from the nuclear periphery, leading to precocious CM differentiation and heart disease pathogenesis (Poleshko et al., 2017). Ablation of CTCF, an architectural protein enriched at LAD and TAD boundaries that binds DNA and facilitates chromatin looping, in cardiomyocytes results in cardiomyopathy (Rosa-Garrido et al., 2017). Thus, mechanical forces-induced conformational changes in the nuclear lamina might have a profound effect on chromatin organization, chromatin dynamics and gene expression in cardiovascular cells.

Several studies suggested that both chromatin organization and nuclear lamins have an impact on nuclear stiffening and might work synergistically to maintain nuclear rigidity in response to mechanical stress. Indeed, chromatin decondensation decreases while lamin A overexpression increases the anisotropic nuclear deformations caused by constant force application on fibroblast nuclei using a pyramidal atomic force microscope (AFM) tip (Haase et al., 2016). A more recent study using isolated nuclei from HeLa cells demonstrated that in nuclei stretched at a physiologically relevant speed of 50 nm/s, lamin A/C levels modulate the nuclear stiffness primarily in response to more than 3 μm of stretch, whereas euchromatin/heterochromatin levels mainly control nuclear stiffening at less than 3 μm stretch (Stephens et al., 2017). Moreover, disruption of the LINC complex abrogates the difference between heterochromatin and euchromatin elasticities/stiffnesses at the peak nuclear deformation induced by CM contraction (Ghosh et al., 2021), suggesting that an intact LINC complex is also necessary for maintaining chromatin stiffness. Chromatin decondensation further results in an increased movement of chromatin, while inhibition of myosin II and decoupling the nucleus from the cytoskeleton decreases chromatin mobility in HUVEC cells (Spagnol and Noel Dahl, 2014), further supporting the notion that the intact actomyosin apparatus and the LINC complex are critical factors for the mechanical signal transmission to chromatin. Accordingly, an increase in euchromatin formation and/or heterochromatin depletion leads to decreased nuclear rigidity (softer nuclei) and formation of nuclear blebs in fibroblasts (Furusawa et al., 2015; Stephens et al., 2018). In turn, nuclear blebbing can be counteracted through extracellular multivalent cation transduction, which simulates the transient calcium (Ca2+) influx associated with activation of mechanosensitive channels and increases heterochromatin formation (Stephens et al., 2019). Intriguingly, a recent study utilizing skin epidermis stem/progenitor cells reported Ca2+-dependent rapid nuclear response preventing DNA damage upon nuclear deformation evoked by cyclic stretch, followed by a long-term adaptation mechanisms modulating chromatin organization (Nava et al., 2020). In the rapid cell response to mechanical stress, Ca2+ released from the endoplasmic reticulum (ER) reduces lamina-associated heterochromatin, thereby diminishing nuclear membrane tension and increasing chromatin fluidity to prevent DNA breaks. Subsequently, nuclear strain is hampered by cell-cell contacts-mediated cytoskeleton reorganization and cell and nuclear reorientation along the long axis, allowing chromatin adaptation for long-term mechanoprotection. On the other hand, Ca2+ release from the ER is dependent on lamin A levels and nuclear stiffness (Nava et al., 2020), suggesting that cytosolic and nuclear mechanotransduction pathways are tightly intertwined through both positive and negative feedbacks. Consistently, acute modulation of contractility and ECM elasticity of embryonic hearts resulted in rapid and reversible changes in lamin A levels, DNA damage as well as cell cycle and loss of function experiments revealed a key role of lamin A in safeguarding against DNA-damage and cell cycle arrest of cardiomyocytes subjected to mechanical stress (Cho et al., 2019).

As discussed above, myriad studies have demonstrated the critical role of the LINC complex and lamin A in nuclear and chromatin reorganization as well as preventing DNA damage upon biophysical forces. On the other hand, chromatin structure regulates gene transcription by determining the accessibility of the transcriptional machinery to DNA, implying that changes in chromatin organization in response to mechanical stimuli could have a direct impact on gene transcription. Indeed, forces applied on the CHO cell surface via integrin-bound Arg-Gly-Asp-coated magnetic beads stretch chromatin and instantly upregulate gene transcription (Tajik et al., 2016). Specifically, using GFP tagged bacterial-chromosome dihydrofolate reductase (DHFR) transgene, Tajik et al. (2016) demonstrated that mechanical forces propagated to chromatin via the actomyosin and the LINC complex induce chromatin stretching coupled to transcriptional upregulation of DHFR. Further study from the same group revealed that the direction of force application and the stress amplitude also influence the extent of chromatin fluidity and gene expression (Wei et al., 2020). Although these conclusions were based on the transcriptional changes of the artificial DHFR transgene, a recent study suggested that the endogenous genes EGR1 and CAV1 respond similarly to directional mechanical stimulation (Sun et al., 2020). Moreover, force-induced gene upregulation depends on the levels and the spatial location of H3K9me3 histone mark, i.e., force-induced demethylation of H3K9me3 in the nuclear interior, but not near the nuclear periphery, leads to Pol II recruitment to promoters of mechanoresponsive genes to rapidly upregulate their transcription (Sun et al., 2020). Similarly, short-term stretch (30 min) of epidermal progenitor cells resulted in decrease of H3K9me3 (Nava et al., 2020), while long-term stretch resulted in decrease in global transcription due to increased H3K27me3-occupancy resulting in silencing of epidermal differentiation genes (Le et al., 2016; Nava et al., 2020), suggesting different modes of epigenetic response to short- and long-term stretch. In the heart, increased mechanical stress induced through TAC surgery, also leads to chromatin reorganization and higher transcriptional activity through increased recruitment of RNA polymerase II in CMs in vivo, which is dependent on the spatial location of genes in the nucleus (Karbassi et al., 2019). While duration and magnitude of mechanical stress application proportionally upregulates gene transcription (Tajik et al., 2016; Wei et al., 2020) and could play an important role in cell adaptation, too long lasting stress could induce non-reversible adaptations, which, in turn, might lead to disease development or contribute to disease progression.



THE LINC COMPLEX IN CARDIOVASCULAR DISEASE

Consistent with the important biological functions of the LINC complex in mechanical stress response, mutations in different components of the LINC complex and its interaction partners (Nesprin-1 and Nesprin-2, lamin A, Emerin, and TMEM43) are associated with diseases of the heart and striated muscles that experience high levels of mechanical stress, including dilated cardiomyopathy (DCM), arrhythmogenic cardiomyopathy (ACM), and Emery-Dreifuss muscular dystrophy (EDMD) (Stroud et al., 2014). One of the most frequently mutated genes associated with familial DCM is Lamin A/C (LMNA) (Hershberger et al., 2013). Cheedipudi et al. (2019) found redistribution of LADs in hearts of DCM patients carrying pathogenic LMNA-mutations, which correlated with CpG methylation and gene expression changes. In addition, abnormal binding of lamin A or LAP2α-lamin A/C complexes to euchromatin and dysregulation of the WNT/β-catenin and TGFβ-BMP pathways might also contribute to the disease phenotype (Zhang et al., 2021). Further evidence that LMNA mutations disrupt lamina-chromatin interactions and influence gene expression comes from in vitro experiments using human induced pluripotent stem cells (hiPSCs)-derived CMs. HiPSCs-CMs harboring DCM-associated T10I and R541C LMNA mutations exhibit specific alterations in the peripheral chromatin, resulting in an increased and aberrant expression of non-myocyte lineage genes (Shah et al., 2021). Taken together, these studies support a key role of lamin A/C in chromatin organization for proper cardiac function.

Dilated cardiomyopathy development and progression is often associated with altered Ca2+ handling in cardiac myocytes. Indeed, Lmna H222P mutation results in an abnormal increase of sarcolipin, an inhibitor of the sarco/endoplasmic reticulum (SR) Ca2+ ATPase (SERCA) in mouse ventricular CMs, leading to altered calcium handling already in the early stage of DCM, before changes in left ventricular function have occurred (Morales Rodriguez et al., 2020). Further, age-dependent biochemical remodeling of the ryanodine receptor 2 (RYR2) in the heart that lead to “leaky” RYRs and a subsequent increase of the SR Ca2+ leak has been shown to play a role in cardiomyopathy caused by LMNA H222P mutation (Dridi et al., 2021). A recent study showed that iPSC-CMs harboring K117fs LMNA mutation, which ultimately causes LMNA haploinsufficiency, display aberrant calcium homeostasis that leads to arrhythmias (Lee et al., 2019). Mechanistically, Lee et al. (2019) demonstrated that abnormal epigenetic activation of PDGFRB, caused by the K117fs LMNA mutation, resulted in an increased CAMK2D and RYR2 phosphorylation and arrhythmias. To what extend changes in Ca2+ levels resulting from RYR2 phosphorylation induces further changes in chromatin structure in LMNA mutant CMs still needs to be elucidated. Intriguingly, epigenetic silencing of SCN5A caused by a different LMNA mutation, K219T, leads to decreased expression of Nav1.5 channel, altered action potential, reduced peak sodium current and diminished conduction velocity in iPSC-CMs (Salvarani et al., 2019), further highlighting the role of lamin A in epigenetic regulation of ion homeostasis in CMs. However, more studies are required to elucidate the common and distinct mechanisms caused by different pathogenic LMNA mutations on CM ion handling and triggered arrhythmias.

Since CMs represent the main functional unit of the heart, most studies investigating the development and progression of cardiac diseases associated with LMNA mutations have been focusing on this cell type. However, within the heart, CMs, endothelial cells (ECs) and fibroblasts (FBs) all sense and respond to mechanical stimuli and communicate, thereby affecting each other’s behavior and functionality (Tirziu et al., 2010; Granados-Riveron and Brook, 2012; Tian and Morrisey, 2012; Saucerman et al., 2019). Up to now, only few studies examined the EC contribution to cardiac laminopathies (Osmanagic-Myers et al., 2018; Sayed et al., 2020). Sayed et al. (2020) showed that LMNA K117fs mutation causes epigenetic silencing of Krüppel-like factor 2 (KLF2) in hiPSCs–derived ECs, which in turn leads to impaired KLF2-mediated EC response to shear stress and EC dysfunction. Impaired shear stress response has also been noted in endothelium-specific progeria mouse model (Osmanagic-Myers et al., 2018). Endothelial specific progerin expression affected the levels and structural organization of actin as well as nuclear envelope proteins involved in shear stress force transmission, namely SUN1/2 and Emerin. Although cardiac FBs play an important role in ECM homeostasis, the distribution of mechanical forces through the cardiac tissue, but also in adverse cardiac remodeling after myocardial infarction, the role of lamin A loss in fibroblasts in cardiac disease development is not known. Thus, understanding the fibroblast contribution and the heterocellular crosstalk in cardiac laminopathies will be instrumental for the discovery and design and novel therapeutic strategies for this life-threatening disease.

Alterations in other members of the LINC complex also play an instrumental role in cardiac disease pathogenesis. For example, SUN2-null mice display cardiac hypertrophy with concomitant increase in AKT/MAPK signaling, similar to mice lacking A-type lamins, but do not develop fibrosis or upregulate pathological hypertrophy markers, in contrast to lamin A/C-null mice (Stewart et al., 2019). Haploinsufficiency of TMEM43 gene specifically in CMs leads to a late-onset cardiomyopathy accompanied by myocardial fibrosis (Rouhi et al., 2020). Nesprins play an important role in the protection of CMs against mechanical stress-induced pathophysiological changes. Depletion of Nesprin-3 or its binding partner desmin leads to a nucleus collapse, loss of genome organization, DNA damage and broad transcriptional changes that may contribute to the pathophysiological changes observed in desmin-related cardiomyopathies (Heffler et al., 2020), highlighting an important role of the desmin cytoskeleton in nuclear stability and genome organization. Dual ablation of both Nesprin 1 and 2 in CMs results in early onset cardiomyopathy with mutant CMs exhibiting altered nuclear positioning and shape as well as chromatin architecture (Banerjee et al., 2014). Moreover, several studies conducted in Drosophila have suggested that the LINC complex members are crucial for nuclear positioning-guided sarcomere formation (Auld and Folker, 2016; Wang et al., 2018). Muscle specific depletion of either the KASH domain–containing protein klarsicht (klar) or the SUN domain–containing protein klaroid (koi) blocked the recruitment of the Z-line protein ZASP to the nucleus during the early stages of sarcomere assembly, resulting in sarcomere formation defects (Auld and Folker, 2016). However, further investigations need to be conducted to address whether nuclear positioning precedes sarcomere formation in the mammalian heart. Nesprins might also be important in regulating ECs function upon mechanical forces-induced pathophysiological changes. In human umbilical vein ECs, knockdown of either Nesprin-1 or Nesprin-2 leads to an increase in EC spreading and stress fiber levels and decreases EC migration (King et al., 2014). Moreover, knockdown of Nesprin-3 attenuated the directional migration of human aortic ECs in response to shear stress (Morgan et al., 2011). Thus, understanding the role of the different components of the LINC complex in cardiac endothelial cells will be critical to understanding the mechanosensitive mechanisms in EC controlling cardiac function.

Taken together, these data demonstrate the importance of the LINC complex and its interaction partners for proper cardiovascular function and highlights the role of the LINC complex as a regulatory hub translating mechanical signals into chromatin changes.



CONCLUDING REMARKS AND PERSPECTIVES

The response of cells to mechanical cues is a complex multilevel process that allows cells to adapt to the changes in their microenvironment. Recent studies have brought into the spotlight the direct mechanical force propagation to chromatin and the molecular players involved in this process, such as the actomyosin, the LINC complex and the nuclear lamins. Tension-induced epigenetic and transcriptional programming in the distinct cardiovascular cell types feeds back to the cytoskeleton and the extracellular matrix to balance the outside and inside forces. Thus, dissecting the players at the interface of mechanical forces and epigenetics and understanding the heterocellular crosstalk in the heart evoked by biophysical stimuli will bring key insights into the mechanosensitive mechanisms underlying cardiovascular function and dysfunction, and pinpoint novel therapeutic targets for cardiovascular diseases, the leading cause of death globally.
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Novel treatment strategies for cardiac tissue regeneration are heading for the use of engineered cardiac tissue made from induced pluripotent stem cell-derived cardiomyocytes (iPSC-CMs). Despite the proven cardiogenic phenotype of these cells, a significant lack of structural and functional properties of mature myocytes prevents safe integration into the diseased heart. To date, maturation processes of cardiomyocytes remain largely unknown but may comprise biophysical cues from the immediate cell environment. Mechanosensing is one critical ability of cells to react to environmental changes. Accordingly, the surrounding substrate stiffness, comprised of extracellular matrix (ECM), cells, and growth surface, critically influences the myocyte’s physiology, as known from deleterious remodeling processes in fibrotic hearts. Conversely, the mechanical properties during culture of iPSC-CMs may impact on their structural and functional maturation. Here, we tested the hypothesis that the environmental stiffness influences structural and functional properties of iPSC-CMs and investigated the effect of different substrate stiffnesses on cell contractility, excitation-contraction (EC) coupling, and intercellular coupling. Culture surfaces with defined stiffnesses ranging from rigid glass with 25GPa to PDMS of physiological softness were coated with ECM proteins and seeded with murine iPSC-CMs. Using confocal imaging, cardiac protein expression was assessed. Ca2+ handling and contractile properties were analyzed on different substrate stiffnesses. Intercellular coupling via gap junctions was investigated by fluorescence recovery after photobleaching (FRAP). Our data revealed greater organization of L-type Ca2+ channels and ryanodine receptors and increased EC-coupling gain, demonstrating structural and functional maturation in cells grown on soft surfaces. In addition, increased shortening and altered contraction dynamics revealed increased myofilament Ca2+ sensitivity in phase-plane loops. Moreover, connexin 43 expression was significantly increased in iPSC-CMs grown on soft surfaces leading to improved intercellular coupling. Taken together, our results demonstrate that soft surfaces with stiffnesses in the physiological range improve the expression pattern and interaction of cardiac proteins relevant for EC-coupling. In parallel, soft substrates influence contractile properties and improve intercellular coupling in iPSC-CMs. We conclude that the mechanical stiffness of the cell environment plays an important role in driving iPSC-CMs toward further maturation by inducing adaptive responses.
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INTRODUCTION

Cardiovascular medicine is presently facing a new challenge with rapidly rising numbers of patients suffering from heart disease, the leading cause of death worldwide (Virani et al., 2020). Because of the limited regenerative potential of the adult heart, dying cardiomyocytes are replaced by non-contractile connective tissue thereby inducing detrimental structural remodeling (Jiang et al., 2018). More precisely, massive fibroblast proliferation and collagen deposition lead to the formation of a firm scar (Pfeffer and Braunwald, 1990). Remodeling of extracellular matrix (ECM) finally results in fibrosis involving increased stiffness of the cardiac environment (30–55kPa instead of 10–15kPa of healthy cardiac tissue) and leading to impaired contractility (Gaetani et al., 2020). Since therapeutic options for heart failure patients are limited, research in cardiac regenerative medicine is heading toward the generation of engineered human myocardium (EHM) made of induced pluripotent stem cell-derived cardiomyocytes (iPSC-CMs; Fujita and Zimmermann, 2018). Over the last years, reliable differentiation protocols have been established and successful production of iPSC-CMs with an adequately high yield for clinical applications has turned an initial research tool into a realistic option for myocardial repair (Burridge et al., 2012). The electrophysiological profile and contractile activity of iPSC-CMs confirm true cardiogenic features and fuel hope for the development of novel and promising treatment strategies (Silbernagel et al., 2020). Indeed, remuscularization by iPSC-CMs grafts and improvement of cardiac function after myocardial infarction have already been demonstrated in various animal models (Chong et al., 2014; Gao et al., 2018; Pecha et al., 2019).

Nevertheless, iPSC-CMs still present an immature and variable phenotype with functional features similar to cardiomyocytes of early developmental stages (Yang et al., 2014). In contrast to the elongated anisotropic shape and precise microarchitecture of adult cardiomyocytes, iPSC-CMs show an irregular and unspecific geometry resulting in a diffuse intracellular distribution of myofibrils with variable degrees of sarcomere organization (Gherghiceanu et al., 2011; Silbernagel et al., 2020). Another ultrastructural deficiency in iPSC-CMs is given by the lack of transverse (t)-tubules (Yang et al., 2014). In the adult heart, these highly specialized sarcolemmal structures come in close vicinity to the end-cisterns of the sarcoplasmic reticulum (SR) spaced by a 15 to 20nm wide dyadic cleft. This special arrangement allows for close interaction of the sarcolemmal L-type Ca2+ channels (LTCCs) and the ryanodine receptors (RyR2s), the Ca2+ release channels of the SR. Both channels are fundamental to the mechanism of excitation-contraction (EC) coupling and control cytosolic Ca2+ entry by Ca2+-induced Ca2+ release (CICR), which links electrical excitation to contractile activity and force production by the myocyte in a highly spatiotemporally synchronized way (Bers, 2002; Kane et al., 2015). Although CICR has been demonstrated in iPSC-CMs (Itzhaki et al., 2011), these cells show immature Ca2+ handling and desynchronized Ca2+ transients (Lieu et al., 2009). The spontaneous contractile activity of iPSC-CMs is another hallmark of immaturity, which is probably caused by spontaneous Ca2+ release from the SR triggering depolarizing membrane current via the sodium-calcium-exchanger (NCX; Zahanich et al., 2011; Kane et al., 2015; Karbassi et al., 2020).

The consequence of missing t-tubules and thus poor coupling of LTCCs and RyR2s is inefficient Ca2+ handling, which may lead to enhanced activity of the so-called orphaned RyR2s (Lee et al., 2011; Rao et al., 2013). Moreover, in addition to inefficient EC-coupling, we have recently described weaknesses in intercellular coupling between iPSC-CMs. As iPSC-CMs do not develop a precise structural orientation, intercalated disks are not well-defined with the consequence of a diffuse distribution of gap junctions and their main subunit connexin-43 (Cx43). Since the expression pattern of Cx43 is not localized at specific end poles of the cell as known from adult cardiomyocytes, electrical signal propagation is not directed but diffuse and heterogeneous across the cell layer. In addition, reduced clustering of Cx43 results in significantly slower conduction velocity compared to native cardiomyocytes (Kucera et al., 2015; Marcu et al., 2015; Jiang et al., 2018; Sottas et al., 2018; Karbassi et al., 2020).

In light of future therapeutic applications, immature Ca2+ handling and reduced intercellular coupling in iPSC-CMs present high-risk factors for the development of arrhythmogenic modifications after implantation (Shiba et al., 2012; Chong et al., 2014). To improve the electrophysiological properties of iPSC-CMs, different approaches have been tested to enhance functional maturation in iPSC-CMs at the level of EC-coupling. They include natural time-dependent maturation processes during long-term culture, the addition of hormones, such as triiodothyronine (Kamakura et al., 2013; Lundy et al., 2013; Yang et al., 2014), or enhanced expression of Cx43 (Sottas et al., 2018). Moreover, co-cultures with non-cardiomyocytes were shown to promote maturity features (Kroll et al., 2017; Yoshida et al., 2018), which may also explain the successful transplantation experiments of iPSC-CMs into adult hearts providing a more natural cell environment compared to culture conditions (Kadota et al., 2017). Another important aspect of the cardiac environment influencing maturation is the composition of the ECM (Young et al., 2014). The combination of iPSC-CM growth together with non-cardiomyocytes in a specifically composed ECM led to the development of 3D-engineered human myocardium, which improved cardiac properties after implantation in animal models (Tiburcy et al., 2017; Weinberger et al., 2017; Ronaldson-Bouchard et al., 2018; Yeung et al., 2019).

Furthermore, the stiffness of the surrounding material is another critical parameter of the natural cardiac environment, and its influence on the functional improvement and maturation of EC-coupling in iPSC-CMs has not been elucidated yet. Tissue stiffness changes significantly during cardiac development from the fetal to the adult heart, and conversely, structural remodeling in the diseased heart, such as inflammation and fibrotic lesions, leads to further changes in cardiac tissue stiffness. Altered protein expression, including the expression of different isoforms of integrin receptors, may control the sensing and interaction of the cell with its environment and trigger outside-in signaling pathways, which induce long-term remodeling processes influencing structural and functional properties of the cardiomyocytes (Ward and Iskratsch, 2020). Extrapolated to the development of iPSC-CMs, the stiffness of the growth surface and immediate environment may have a strong impact on further maturation processes in these young cardiomyocytes.

In this study, we tested the hypothesis that substrate stiffness of the cell environment influences the structural and functional maturation of iPSC-CMs. Cells were grown on different culture surfaces with defined stiffnesses ranging from rigid glass (25GPa) to the silicone-based organic polymer polydimethylsiloxane (PDMS) of different softness (28kPa, 15kPa, and 1.5kPa). We focused on intracellular Ca2+ handling and analyzed EC-coupling properties with a special focus on the expression and function of the LTCC and RyR2. Moreover, we investigated Cx43 expression in iPSC-CMs grown on soft surfaces and evaluated intercellular communication in cell monolayers. We demonstrate that iPSC-CMs grown on surfaces of physiological stiffness exhibit more mature structural and functional properties at the level of Ca2+ handling and intercellular coupling compared to cells grown on rigid surfaces. Thus, specific control of the environmental properties increases the potential of iPSC-CMs to develop into mature cardiomyocytes that can be used for cardiac engineering and cell replacement therapies for diseased hearts.



MATERIALS AND METHODS


Cell Models

Murine iPSC-CMs were received from Ncardia (Cologne, Germany) and kept in liquid nitrogen until use. Culture dishes were coated with a mixture of laminin and fibronectin in PBS (1:1:100) overnight at 37°C to enable attachment of iPSC-CMs. After defrosting, cells were seeded in Cor.AT® medium (Ncardia, Cologne, Germany) at a density of 2×104 cells per dish for Ca2+ measurements and on glass coverslips in 24-well plates (Sarstedt, Nümbrecht, Germany) for immunostainings, and at 104 cells per dish onto glass-bottom dishes (35mm, MatTek, Ashland, MA, United States) and PDMS-coated dishes (35mm, Ibidi GmbH, Gräfelfing, Germany) for electrophysiological experiments and live-cell imaging analysis.

To avoid the growth of undifferentiated cells and non-cardiomyocytes, the cardiomyocyte-specific α-myosin heavy chain (α-MHC) promoter was chosen to control pac gene expression for puromycin resistance. Puromycin (1μg/ml) was added for the selection of cardiac-specific cells for the first 48h in culture. Afterward, cells were kept in culture in puromycin-free Cor.At® medium. Cells were maintained in culture at 37°C and 5% CO2 and used within 4weeks.



Live-Cell Imaging and Cellular Electrophysiology

For all live-cell imaging experiments, the standard bath solution was cardiac Tyrode’s solution containing (in mm): NaCl 140, KCl 5.4, CaCl2 1.8, MgCl2 1.1, HEPES 5, glucose 10, pH 7.4.


Measurement of Ca2+ Transients and Myocyte Contractility

Ca2+ transients of iPSC-CMs were recorded using the ratiometric Ca2+-sensitive fluorescent indicator fura-2AM (Thermo Fisher Scientific, Dreieich, Germany). Cells were loaded with 1.5μm fura-2AM diluted in Tyrode’s solution and incubated for 20min, followed by 10min of de-esterification. iPSC-CMs were constantly perfused with prewarmed Tyrode’s solution containing Probenecid (100μm) to avoid sequestration or secretion of fura-2. Using the IonOptix system (IonOptix, Dublin, Ireland), Ca2+ transients were recorded in parallel with edge detection to measure contractions. Data were collected by using the IonWizard software developed by IonOptix. Cells were exposed to light emitted by a xenon lamp passing through rapidly switching filters of 340nm and 360nm to determine the ratio of bound and unbound Ca2+ ions in the cells. Fluorescence emission light was collected at 510nm. Data are presented as fura-2 ratio (F340/F360).

For functional evaluation of spontaneous activity, only rhythmically beating iPSC-CMs were used. Five representative Ca2+ transients and contractions at steady state were analyzed per cell using OriginPro® software (OriginLab Corporation, Northampton, MA, United States). Assessed parameters comprised peak Ca2+ transients and shortening amplitudes, time-to-peak (TTP), full duration at half maximum (FDHM), decay, and frequency of spontaneous activity. Decay of contractions was fitted with a Boltzmann function, whereas decay of Ca2+ transients was calculated by an exponential decay function. Diastolic Ca2+ levels of paced iPSC-CMs were only evaluated if cells responded to the frequency of electrical stimulation at 1Hz and 2Hz (10V) by a field stimulator (Myopacer, IonOptix, Dublin, Ireland).



Electrophysiology With Simultaneous Ca2+ Imaging

For investigation of the EC-coupling mechanism, Ca2+ currents (ICaL) were measured in iPSC-CMs via the patch-clamp technique with simultaneous recording of Ca2+ signals by confocal line-scan imaging. Experiments were performed using a HEKA EPC-10 patch-clamp amplifier (HEKA Elektronik GmbH, Reutlingen, Germany) connected to an Olympus IX81 laser scanning confocal microscope (Olympus Fluoview FV1000, Olympus, Hamburg, Germany). For patch-clamp recordings, borosilicate glass pipettes were pulled to obtain tip resistances of 2–9 MΩ and filled with an internal solution containing 8mm NaCl, 120mm CsAsp, 20mm TEA-Cl, 5.9mm MgCl2, 20mm HEPES, 5mmK2-ATP, and 50μm of the Ca2+-sensitive fluorescent indicator K5-fluo-3 (Thermo Fisher Scientific, Dreieich, Germany). For ICaL measurements, iPSC-CMs were constantly perfused with warm Tyrode’s solution (37°C) containing 5mm CsCl.

For analysis of the EC-coupling gain, a two-step protocol was applied (adapted from Ullrich et al., 2012). After inactivation of voltage-dependent Na+ channels by a 500ms ramp ranging from the holding potential of −80mv to −40mv, the first test step was set to −25mv for 400ms, followed by a second 400ms test step from −40mv to +10mv to record maximal ICaL and Ca2+ release amplitudes.

For line-scan imaging, the excitation wavelength was set at 473nm and fluorescence emission was collected between 490nm and 545nm. Line-scan images were recorded at 2μs/pixel, 2ms/line, and 4,000 lines/image. ImageJ/Fiji software was used for image analysis. The fluorescence intensity of line-scan images was plotted over time. The background was subtracted, and line profiles were normalized to baseline. Data are displayed as F/F0.

For analysis of the EC-coupling gain, the ratio of the peak Ca2+ transient amplitude at −25mv and corresponding peak ICaL amplitude was calculated. Cells with T-type Ca2+ current at −25mv (high amplitude and fast inactivation) and/or cells with low fluo-3 loading (F/F0<1.2) were excluded from analysis. As a control, the ratio of the maximal Ca2+ transient and current amplitudes at +10mv was calculated. ICaL at +10mv was used for the measurement of maximal current amplitude and inactivation kinetics. Fitting ICaL with a biexponential function in OriginPro allowed the comparison of tau1 (τ1) as an indicator of Ca2+-dependent inactivation.

For examination of fractional release and NCX activity in iPSC-CMs, patched cells were stimulated to steady-state activity at a frequency of 1Hz, followed by application of the RyR2 agonist caffeine (10mm in Tyrode’s solution, Sigma-Aldrich) for total depletion of the SR. In parallel with the measurement of SR Ca2+ content, caffeine-elicited NCX currents were recorded.



Fluorescence Recovery After Photobleaching

For functional evaluation of gap junctions, fluorescence recovery after photobleaching (FRAP) was measured using the gap junction-permeant dye calcein (0.5μm calcein-AM, Thermo Fisher Scientific, Dreieich, Germany). Photobleaching and imaging were done on the Olympus FluoView LSCM using a 60x water immersion objective (1.2 NA). iPSC-CMs were loaded with 0.5μm calcein-AM in Tyrode’s solution for 20min. After 10min of de-esterification in Tyrode’s solution, calcein-diffusion dynamics between iPSC-CMs were assessed as an indicator of functional Cx43 expression and gap junction formation. One cell in a cluster was bleached with a laser power of 50% at 10μs/pixel for 5s, and fluorescence recovery was recorded in 52 images taken every 10s with a laser power of 0.5–1.5% at 2μs/pixel. Importantly, the target cell had to be fully surrounded by neighboring cells (in 2D), thus representing one building block in a conductive and connected cell layer. Further analysis was done in ImageJ to plot the time course of fluorescence recovery of the bleached cell. After subtraction of background and bleaching point, the graph was normalized to the initial value of fluorescence intensity (before bleaching). The final traces were fitted in OriginPro software with a biexponential function to investigate the fast time constant 1 (τ1) as an indicator of diffusion rate.




Immunocytochemistry and Image Analysis

For immunostainings, cells were washed with PBS, fixed with 4% paraformaldehyde (Thermo Fisher Scientific, Dreieich, Germany) for 20min, and washed three times with PBS for 10min. Different time points were chosen to examine the influence of growth duration on the expression pattern and spatial organization of different Ca2+ handling proteins. Cells grown on PDMS-coated dishes were fixed at days 10, 20, and 25 after seeding, cells on glass coverslips after 9, 13, and 20days. To block unspecific binding sites, cells were incubated with bovine serum albumin dissolved in PBS (10mg/ml, Sigma-Aldrich, Germany) for 0.5h at room temperature. For permeabilization of iPSC-CMs, the blocking solution contained 0.1% Triton X-100. Cells were incubated with primary antibodies against Cx43 (mouse, monoclonal, 1:500, MAB3067, MerckMillipore, Darmstadt, Germany), SERCA (mouse, monoclonal, 1:200, ab2861, MerckMillipore, Darmstadt, Germany), NCX1 (mouse, monoclonal, 1:200, MA3-926, Thermo Fisher Scientific, Waltham, MA, United States) or RyR2 (mouse, monoclonal, 1:200, ab2861, AbCam, Cambridge, MA, United States), and Cav1.2 (rabbit, polyclonal, 1:200, AB10515, MerckMillipore, Darmstadt, Germany) at room temperature for 90min. After three times washing with PBS for 10min, cells were incubated with appropriate secondary antibodies conjugated to Alexa Fluor dyes (1:500, Thermo Fisher Scientific) with different excitation-emission spectra for 1h. After three times washing with PBS for 10min, samples were incubated for 1h in Phalloidin-TRITC (1:2000, P1951-1MG, Sigma-Aldrich, Missouri, United States) for actin staining. After final washing steps in PBS, cells were mounted with fluoroshield containing DAPI for nuclei staining (Sigma-Aldrich, Germany).

Samples were imaged with a Leica TCS SP8 LSCM (Leica Microsystems CMS GmbH, Mannheim, Germany) using the acquisition software LAS-X (Vers. 3.5.0.18371, Leica Microsystems CMS GmbH, Mannheim, Germany) for high-resolution images. 20x oil immersion objective was selected to record an overview of Cx43 stainings, and 63x oil immersion objective was used for detailed imaging of SERCA, NCX1, RyR2, and Cav1.2 expression. Laser excitation at 405nm, 488nm, 552nm, and 638nm was used in sequential scans. Emission spectra were chosen via tunable filters, and emission detection was achieved by photomultiplier tubes (PMT) and hybrid detectors (HyD). Image processing and Cx43 sarcolemmal expression analysis were done using ImageJ/Fiji as described in (Sottas et al., 2018). Due to the strong light absorbance of PDMS-coated surfaces, weak specific fluorescence signals were denoised using the ImageJ plugin PureDenoise developed by Florian Luisier (EPFL, Switzerland).



Data Analysis and Statistics

For statistical data analysis and graph design, OriginPro® software (OriginLab Corporation, Northampton, MA, United States) was used. Images were processed in ImageJ. Data are presented as mean±standard error of the mean (SEM) with n equaling the number of individually analyzed cells. Experiments were repeated in five rounds with iPSC-CMs defrosted from five individual vials at different time points (5 vials à 1 Mio cells, acquired from Ncardia). Depending on the data set, statistical significance was determined by Student’s t-tests or one-way ANOVA followed by multiple comparison tests, indicated by * for p<0.05.




RESULTS


Impact of Different Growth Surface Stiffnesses on iPSC-CMs Contractility

For live-imaging and functional analysis, cells are usually seeded on rigid glass surfaces, which present an unphysiologically high stiffness of 25GPa. In order to investigate the impact of different physiological substrate stiffnesses on the maturation potential of iPSC-CMs, cells were seeded at high density on glass and for comparison on PDMS culture surfaces with stiffnesses of 28kPa, 15kPa, and 1.5kPa, respectively, corresponding to the environment of neonatal and adult cardiomyocytes. All surfaces were coated with laminin and fibronectin for cell adhesion. Different growth materials did not have any impact on cell adhesion or cell survival during the culture time of up to 4weeks (data not shown). But a simple examination of cell contractile behavior revealed that compared to glass, the contractile activity of iPSC-CMs appeared stronger and temporally better synchronized across the cell monolayer (Supplementary Video S1–S4) indicating increased contractility and intercellular connectivity. To quantify these observations, we investigated EC-coupling and intercellular communication in these cells.



Effects of Different Substrate Stiffnesses on Ca2+ Handling and Contractility in iPSC-CMs

To evaluate Ca2+ handling and contractile activity in iPSC-CMs, spontaneous Ca2+ transients and contraction dynamics were measured in cells seeded on PDMS-coated or glass-bottom dishes. Cells were loaded with the fluorescent Ca2+-sensitive dye fura-2AM (1.5μm) to record Ca2+ transients, and cell shortening was optically measured via edge detection. Due to their immaturity, iPSC-CMs showed high variability in their spontaneous activity pattern. For evaluation of comparable cells, we categorized iPSC-CMs into three different groups of rhythmic, arrhythmic, and oscillating cells (Figure 1A). In order to avoid high variability in the experiments, only rhythmically beating cells were included for further analysis. Figure 1A demonstrates that the ratio of rhythmically beating cells, as assessed from Ca2+ transients’ measurements, was higher on glass and on 1.5kPa-PDMS compared to 28kPa-PDMS and 15kPa-PDMS. In contrast to iPSC-CMs seeded on glass, oscillating spontaneous activity was only observed in cells grown on PDMS-coated dishes. According to the distribution of spontaneous activity patterns, rhythmic iPSC-CMs revealed higher spontaneous beating frequencies when grown on glass or 1.5kPa-PDMS compared to 28kPa-PDMS and 15kPa-PDMS (Figure 1B). In Figure 1C, representative recordings of Ca2+ transients illustrate the response to different pacing frequencies, as well as the frequency-dependent changes of diastolic Ca2+ levels at 1 and 2Hz. As shown in Supplementary Table S1, the statistical evaluation revealed similar diastolic Ca2+ levels in iPSC-CMs during spontaneous beating activity on all tested growth surfaces. Pacing at 1 and 2Hz slightly enhanced cytosolic basal Ca2+ levels on all tested growth surfaces, indicating immature Ca2+ handling processes especially at higher stimulation frequencies. Diastolic Ca2+ levels revealed no significant differences except for iPSC-CMs on 28kPa-PDMS compared to glass during pacing at 2Hz.
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FIGURE 1. Ca2+ signaling in iPSC-CMs grown on substrates with different stiffnesses during spontaneous activity and electrical pacing. (A) Categorization of different phenotypes of spontaneous activity ranging from rhythmic, arrhythmic to oscillating activity patterns in cells grown on surfaces with different stiffnesses (n=42 on glass, n=47 on 28kPa-PDMS, n=44 on 15kPa-PDMS, and n=35 on 1.5kPa-PDMS). (B) Quantification of the spontaneous beating frequency of rhythmic cells (glass: n=30; 28kPa-PDMS: n=21; 15kPa-PDMS: n=25; and 1.5kPa-PDMS: n=24). (C) Sample trace of Ca2+ transients recorded during spontaneous activity and during episodes of electrical pacing at 1Hz or 2Hz. The red lines illustrate frequency-dependent changes of diastolic Ca2+ levels.




Characterization of CICR in iPSC-CMs Grown on Substrates With Different Stiffnesses

To investigate CICR in more detail, we measured membrane Ca2+ currents (ICaL) using the whole-cell patch-clamp technique and recorded simultaneously intracellular Ca2+ transients by confocal imaging in the line-scan mode. As demonstrated in Figure 2A, for electrical stimulation via patch-clamp, a two-step protocol was applied to measure ICaL at negative potentials and at maximal current activation. In parallel, changes in cytosolic Ca2+ levels were recorded by confocal imaging of fluo-3 included in the patch pipette solution. Starting first from a holding potential of −80mv, a 500ms voltage-ramp to −40mv was applied to activate and immediately inactivate the fast voltage-dependent Na+ current. After 800ms at −40mv, the first test step was applied. Em was set to −25mv to activate ICaL and CICR at low amplitude. The second test step to +10mv fully activated ICaL and served as control measurement for ICaL and CICR. Changes in fluorescence intensity were plotted over time to generate line profiles from the line-scan image, as depicted in Figure 2Aa. Analysis of peak ICaL and Ca2+ transients at +10mv showed similar amplitudes in iPSC-CMs grown on substrates with different stiffnesses (Figure 2B). Data are summarized in Supplementary Table S2. The EC-coupling gain was calculated from the ratio of the peak Ca2+ transient amplitude and peak ICaL at −25mv and at +10mv. The data showed an increased EC-coupling gain on soft surfaces (Figure 2Ab), which is also reflected by the increase in variability of the individual gain values at −25mv compared to +10mv (coefficient of variation Cvar: 0.49 for glass, 0.61 for 28kPa-PDMS, 0.9 for 15kPa-PDMS, and 1.12 for 1.5kPa-PDMS). The EC-coupling gain at −25mv was significantly increased in comparison with +10mv when stiffness was 15kPa (p=0.0445) or 1.5kPa (p=0.0453; Supplementary Table S2).
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FIGURE 2. Characterization of Ca2+-induced Ca2+ release in patch-clamped iPSC-CMs grown on surfaces with different matrix stiffnesses. (Aa) Stimulation protocol and representative recordings of ICaL, Ca2+ transients in the line-scan mode and line profile of the line-scan. (Ab) Analysis of EC-coupling gain at −25mv and+10mv calculated from peak ICaL and Ca2+ transient amplitudes. These data sets were statistically compared by two-way ANOVA with Holm-Sidak’s post-hoc pairwise multiple comparisons vs. control. (B) Peak ICaL (left) and Ca2+ transient amplitudes (right) at −25mv and+10mv in cells seeded on different stiffnesses. (C) Assessment of NCX activity and fractional SR release with caffeine: (Ca) Representative line-scan image, line profile of Ca2+ transients, and membrane current evoked by 1Hz-steady-state activation and caffeine-induced Ca2+ release (10mM caffeine). (Cb) Ca2+ transient amplitudes during steady-state activation (n=9–15 experiments). (Cc) Peak amplitudes of caffeine-induced Ca2+ transients (n=5–10 experiments). (D) Fractional release calculated from the ratio of peak Ca2+ transient amplitudes during electrical pacing and caffeine-induced Ca2+ release. (E) Integrated NCX membrane currents measured during caffeine exposition in iPSC-CMs grown on substrates with different stiffnesses.


In order to investigate SR Ca2+ load, the SR Ca2+ content was assessed by caffeine-mediated Ca2+ release (10mM) in iPSC-CMs grown on surfaces with different stiffness. Figure 2Ca illustrates the experimental protocol: After steady-state stimulation at 1Hz in patch-clamped cells, caffeine was applied. NCX currents and Ca2+ transients were recorded simultaneously. Peak amplitudes of steady-state Ca2+ transients and caffeine-induced Ca2+ transients are summarized in Figures 2Cb,2Cc, respectively, and Supplementary Table S3 demonstrating a similar SR Ca2+ load (Figure 2Cc) and fractional release (Figure 2D) at the different conditions. NCX currents were measured during Ca2+ release evoked by prolonged caffeine application. By integration of inward currents, total charge movement across the sarcolemma was measured indicative of global NCX activity. Statistical analysis revealed similar NCX activity in iPSC-CMs grown on substrates with different stiffnesses (Figure 2E; Supplementary Table S3).



Structural Remodeling of Cav1.2 and RyR2 Expression in iPSC-CMs Grown on Soft Surfaces

We further investigated different Ca2+ handling proteins on a structural level. As recently published by our group, functional maturation, such as improved cytosolic Ca2+ handling, during EC-coupling can be triggered by structural remodeling in iPSC-CMs (Silbernagel et al., 2020). Here, we considered subcellular structural reorganization as a possible cause for the apparent changes in the EC-coupling gain in iPSC-CMs grown on soft surfaces. To examine the expression pattern of proteins relevant for CICR, the LTCC α-subunit Cav1.2, RyR2, SERCA, and NCX were stained in immunocytochemical assays in iPSC-CMs grown on substrates of different stiffnesses for 20days (Figure 3). In total, 12 dishes of 4 different stiffnesses from 3 different time points were stained and imaged. Interestingly, while the expression pattern of Cav1.2 exhibited a dotted pattern in cells grown on glass, a pronounced striation pattern of Cav1.2 expression formed on all soft growth surfaces after 20days in culture (Figure 3A). Structural remodeling of the investigated Ca2+ channels and Ca2+ handling proteins may happen early during culture on soft PDMS-coated culture surfaces, as already on day 10, cells showed the same expression pattern of the investigated proteins as on day 20. Moreover, the images demonstrate a high organization level of RyR2 expression, again in a striated manner, in cells grown on soft surfaces indicating a well-developed SR network. On the contrary, in iPSC-CMs grown on glass, RyR2 staining revealed only a punctate expression pattern, pointing toward a rather immature distribution of RyR2 and SR organization within these cells. Overview images of Cav1.2 and RyR2 expression are shown in Supplementary Figure S1. Merging the expression pattern of Cav1.2 and RyR2 revealed an alternating parallel alignment of both Ca2+ channels in iPSC-CMs grown on soft surfaces suggesting close localization to each other. As shown in Figure 3A on the right side, line profiles of LTCC and RyR2 expression confirmed the high degree of parallel alignment as indicated by the alternating intensity peaks of fluorescence derived from the ion channels’ expression pattern. Notably, this structural proximity is essential for efficient functional coupling of LTCC and RyR2 during CICR, which may lead to improvement of the EC-coupling mechanism – indicative of a beginning functional maturation. Furthermore, the expression pattern of SERCA was investigated in iPSC-CMs grown on substrates with different stiffnesses for 20–25days. Images are summarized in Figure 3B and demonstrate a dense network (in green) reaching toward the cell periphery lining the actin filaments of the myofibrils as well as strong perinuclear expression. Detailed images are shown in Supplementary Figure S2. This expression pattern of SERCA demonstrates a well-organized subcellular arrangement of the SR. However, no significant difference of SERCA expression depending on the substrate stiffnesses was observed in iPSC-CMs grown on different surfaces. Figure 3C and Supplementary Figure S3 show a representative picture of the sarcolemmal distribution of NCX in iPSC-CMs examined by immunocytochemistry. In total, 12 dishes of 4 different stiffnesses from 3 different time points were stained and imaged. The expression pattern of NCX revealed a dotted distribution over the entire sarcolemma of iPSC-CMs, which was similar in cells grown on different surfaces. Occasionally, small areas reveal stretches of more continuous NCX signals (Supplementary Figure S3).
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FIGURE 3. Expression pattern of Ca2+ handling proteins in iPSC-CMs grown on different soft surfaces. (A) Immunostainings of L-type Ca2+ channel Cav1.2 (purple) and RyR2 [green, scale bar (SB)=2μm] and intensity profiles drawn from regions of interest along the vertical axis indicating parallel alignment of both ion channel expression patterns relative to each other by alternating peaks in iPSC-CMs plated on soft surfaces compared to glass. (B) Expression pattern of SERCA (green), actin (red), and nucleus (blue) revealing similar distribution of the SR network in iPSC-CMs grown on all tested surfaces (SB=10μm). (C) Representative image of NCX stainings (green) together with actin (red) and nucleus (blue) showing a dotted distribution all over the sarcolemma (SB=10μm).




Influence of Environmental Stiffness on Ca2+ Transients and Contractions

In order to further investigate cytosolic Ca2+ handling and Ca2+-induced contraction properties in iPSC-CMs on growth surfaces with different stiffnesses, Ca2+ transients and cell shortening were measured and analyzed simultaneously. Representative Ca2+ and contraction traces of rhythmically beating iPSC-CMs are depicted in Figure 4A. While Ca2+ transients exhibited similar characteristics on different surfaces (peak amplitude, TTP, FDHM, and decay time), relative shortening amplitude was significantly larger in iPSC-CMs grown on 1.5kPa-PDMS compared to higher stiffnesses of glass, 28kPa-PDMS or 15kPa-PDMS, indicating significantly enhanced contractility (Figure 4B). All data from these experiments are summarized in Supplementary Table S4. Moreover, TTP of contractions was significantly slower in cells grown on 1.5kPa-PDMS surfaces than on 28kPa-PDMS and glass and on 15kPa-PDMS compared to glass (Figure 4B). Additionally, analysis of contractions revealed significantly and increasingly longer durations (expressed as FDHM) in iPSC-CMs plated on soft surfaces than on glass (Figure 4C) suggesting slower relaxation on soft surfaces as reflected by significantly slower decay times in cells on 1.5kPa-PDMS compared to 15kPa-PDMS, 28kPa-PDMS, and glass. To investigate whether growth surface stiffness influences Ca2+ removal properties after release, Ca2+ transient decay dynamics were analyzed. SERCA function was assessed by fitting the decay of Ca2+ transients with a monoexponential function to obtain the time constant of Ca2+ removal (Figure 4C). While Ca2+ removal dynamics were not different, cell relaxation expressed as the decay of shortening was significantly prolonged on soft surfaces.
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FIGURE 4. Ca2+ transient and contraction analysis in iPSC-CMs depending on of growth surface. (A) Representative traces of spontaneous Ca2+ transients and cell shortening of iPSC-CMs grown on glass or PDMS with 28kPa, 15kPa, or 1.5kPa. (B) Analysis of peak amplitudes and time-to-peak (TTP) of Ca2+ transients and relative cell shortening in rhythmically beating cells (n=13–23 measurements). Statistical evaluation revealed significantly larger shortening amplitudes in cells grown on 1.5kPa compared to any other surface stiffness, and slower TTP of contractions on 1.5kPa compared to 28kPa or glass and on 15kPa compared to glass (one-way ANOVA, p<0.05). (C) Analysis of FDHM and decay kinetics of Ca2+ transients and contractions on glass compared to soft surfaces. (D) Analysis of Ca2+ sensitivity in Ca2+ loops revealing increased myofilament Ca2+ sensitivity in iPSC-CMs grown on 1.5kPa and 15kPa compared to glass. Data are taken from the traces of Ca2+ transients (x-axis) and cell shortening (y-axis). (E) Statistical analysis of the EC50 values during the relaxation phase from (D). Statistically significant differences are indicated by * for p<0.05.


To investigate the underlying cause of the altered contractile dynamics of iPSC-CMs on soft substrates, cell shortening and relaxation were plotted as a function of the intracellular Ca2+ concentration. The resulting phase-plane diagrams are depicted in Figure 4D. Presented Ca2+-contraction loops revealed a leftward shift of the relaxation phase in iPSC-CMs grown on soft surfaces indicating an increase in the Ca2+ sensitivity of the myofilaments. Statistical analysis of the Ca2+ concentration at half-maximal relaxation (EC50) on substrates with different stiffnesses revealed significantly higher myofilament Ca2+ sensitivity in iPSC-CMs seeded on 1.5kPa-PDMS and 15kPa-PDMS compared to glass (Figure 4E). All data from these experiments are summarized in Supplementary Table S4.



Influence of Different Substrate Stiffnesses on Cx43 Expression Pattern

In the next set of experiments, we focused on the second major observation of improved and synchronous beating activity in iPSC-CMs grown on soft surfaces compared to glass. To investigate the expression pattern of Cx43 in iPSC-CMs, we performed immunostainings with cells grown on substrates with different stiffnesses for 10–13days. In total, 12 dishes of 4 different stiffnesses were processed at 3 different time points. Figure 5A shows representative images of the typical localization of Cx43 (in green) at cell borders and in perinuclear areas in iPSC-CMs plated on glass, 28kPa-PDMS, 15kPa-PDMS, and 1.5kPa-PDMS. To quantify only the Cx43 expression that is relevant to form gap junctions for intercellular coupling, we calculated the proportion of the Cx43-occupied area of the cell membrane to the cell’s entire circumference, as illustrated in Figure 5B. Statistical evaluation revealed a significantly higher ratio of Cx43 expression at the cell membrane in iPSC-CMs grown on soft surfaces comprising 28kPa-PDMS, 15kPa-PDMS, and 1.5kPa-PDMS compared to glass (Figure 5C). To support this quantification, we further examined intercellular coupling in iPSC-CMs grown on substrates with different stiffnesses at the functional level.
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FIGURE 5. Influence of different growth surface stiffnesses on Cx43 expression in iPSC-CMs. (A) Representative images showing Cx43 expression in green and nuclear signal in blue. Cx43 is characteristically located at the cell borders in iPSC-CMs, but is also expressed in the perinuclear regions (SB=50μm). (B) Illustration of the quantitative analysis of Cx43-occupied area of the cell membrane in relation to the area of the entire sarcolemma. (C) Statistical evaluation of the proportion of Cx43-occupied area to the circumference revealing enhanced sarcolemmal expression of Cx43 in iPSC-CMs grown on soft surfaces compared to glass. Glass: n=40; 28kPa-PDMS: n=16; 15kPa-PDMS: n=14; and 1.5kPa-PDMS: n=21.




Enhanced Intercellular Coupling on Soft Surfaces

For functional evaluation of gap junctions, we analyzed FRAP using the gap junction permeant fluorescent dye calcein-AM (0.5mM). After removal of the acetoxy-methylester group of calcein by cytosolic esterases, the dye was no longer able to diffuse across the lipid bilayer. Consequently, gap junctions presented the only possibility for calcein to leave intact cells. Calcein was bleached in one cell of a cell group, and fluorescence recovery of calcein diffusing in from neighboring cells was measured over time revealing the diffusion dynamics between iPSC-CMs (Figure 6A). Representative images of treated iPSC-CMs grown on glass and 28kPa-PDMS before, during, and after bleaching are depicted in Figure 6B. In contrast to cell bleaching on the glass surface, which showed only 14% of fluorescent recovery at 20s and 32% at 80s after bleaching, fluorescence recovery of a bleached cell grown on 28kPa-PDMS amounted to 29% and 44% within the same time frame. For analysis of fluorescence recovery, fluorescence intensity was plotted over time and fitted with a biexponential function to calculate the diffusion rate constants (Figure 6Ca). Figure 6Cb summarizes the first time constant (τ1) of the recovery time course revealing a steeper slope within the first 100s of FRAP in iPSC-CMs grown on all soft surfaces compared to glass. Statistical evaluation of τ1 confirmed significantly faster diffusion rates in cells seeded on 28kPa-PDMS, 15kPa-PDMS, and 1.5kPa-PDMS compared to glass. In addition, the variability of τ1, assessed by Cvar., is significantly reduced in cells grown on soft surfaces compared to glass (Cvar: Glass: 0.92, 28kPa-PDMS: 0.63, 15kPa-PDMS: 0.73, and 1.5kPa-PDMS: 0.54). These results demonstrate significantly enhanced diffusion dynamics of calcein and therefore an increased presence of functional gap junctions, which allowed faster FRAP in iPSC-CMs grown on soft surfaces.
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FIGURE 6. Enhanced intercellular coupling on soft surfaces. (A) Schematic illustration of FRAP experiments. Left: the cell layer is stained with calcein (shown in green). Middle: one cell within a cell cluster is bleached by high laser power (5s). Right: after bleaching recovery of fluorescence by calcein diffusion through gap junctions from neighbored cells is monitored over time. (B) Representative FRAP experiments with iPSC-CMs grown on glass and 28kPa. The target cell is marked by a white dotted line. The first image corresponds to t=0s before bleaching, and the second image was taken at t =20s immediately after bleaching. At t=40s and 100s, the third and fourth images were taken. (Ca) Average time courses of FRAP for each stiffness were plotted and fitted with a biexponential function. FRAP was significantly faster in iPSC-CMs grown on all PDMS-coated surfaces compared to glass. (Cb) Statistical evaluation of tau1 (τ1). For cells grown on glass n=35; for 28kPa-PDMS n=15; for 15kPa-PDMS n=17; and for 1.5kPa-PDMS n=18.





DISCUSSION

For the development of an adult heart with its unique electrophysiological and contractile properties, numerous specific growth conditions are required. Electrical stimulation by pacemaker cells, humoral regulation, and the balance between extrinsic and intrinsic mechanical load are just some of the essential factors that influence structural and functional maturation of cardiomyocytes during the early stages of development (Zhu et al., 2014). In this context, another important environmental cue is mediated by the composition of the ECM defining the stiffness surrounding each cell and therefore the passive resistance that cardiomyocytes must pull against during contraction. Modification of this environmental stiffness during cardiac development may have a significant impact on the transition of early to adult cardiomyocytes (Ward and Iskratsch, 2020). Moreover, pathophysiological ventricular remodeling upon cardiac fibrosis and heart disease suggests activation of different signaling pathways in response to ECM restructuring (Sit et al., 2019). This process is also called mechano-chemotransduction (MCT; Chen-Izu and Izu, 2017). Although not fully understood yet, some molecular players and signaling pathways have already been identified in adult and developing cardiomyocytes (Gaetani et al., 2020; Izu et al., 2020; Ward and Iskratsch, 2020).

Considering cardiomyocytes derived from pluripotent stem cells, investigations of MCT may reveal new targets for improving their functional properties to enhance their potential to be used for cardiac cell therapy. In other words, a detailed analysis of the influence of specific environmental cues on elementary features of iPSC-CMs may help to mature these cells in vitro. The goal of this study was therefore to examine the impact of the environmental stiffness on cardiomyocyte function at the level of EC-coupling and intercellular communication in iPSC-CMs and to find out whether an environment with physiological stiffness may provide a new possibility to enhance mature properties of iPSC-CMs.


Enhanced Contractility in iPSC-CMs Grown on Soft Surfaces

EC-coupling, the fundamental mechanism linking electrical excitation to contractile activity and force production, is strictly controlled by CICR. On a structural level, efficient EC-coupling requires close interaction of LTCCs and RyR2s, which is usually provided by the regular formation of dyads, where t-tubular and SR membranes come close together and enable spatiotemporally synchronized CICR. Deviations from the optimized microarchitecture of adult cardiomyocytes are seen in immature prenatal and iPSC-CMs or in diseased cardiomyocytes, where such a missing membrane organization leads to an enhanced appearance of so-called orphaned RyR2s (Lee et al., 2011; Rao et al., 2013). Examination of the EC-coupling gain not only helps to identify weaknesses in this mechanism but also allows to detect improvements in Ca2+ handling in response to a specific treatment. iPSC-CMs plated on soft surfaces of 15 or 1.5kPa-PDMS showed greater Ca2+ release upon triggering influx current at −25mv, indicative of better coupling between LTCCs and RyR2s. Considering possible explanations for this enhanced EC-coupling gain, changes in the expression pattern of LTCCs and RyR2s, i.e., a switch from punctuate to regular striation pattern, may explain this finding very well and indicate structural remodeling toward maturation. In this new arrangement, the number of non-coupled RyR2s is reduced, while the increased colocalization of LTCCs and RyR2s favors higher EC-coupling efficiency in iPSC-CMs. Another possibility for the enhanced EC-coupling gain might be an increase in the Ca2+ sensitivity of RyR2s due to posttranslational modifications. In addition to reactive oxygen and nitrogen species, Ca2+-dependent RyR2 activation is physiologically regulated by phosphorylation via protein kinase A (PKA) and Ca2+/calmodulin-dependent kinase II (CaMKII; Niggli et al., 2013). Interestingly, increased RyR2 sensitivity mediated by the neuronal isoform of the nitric oxide synthase (nNOS) and CaMKII was shown to be induced by multiaxial mechanical stress during cardiomyocyte contraction (Jian et al., 2014; Mosqueira et al., 2021). As cellular afterload response results in modulation of RyR2 activity in adult cardiomyocytes, substrates with different stiffnesses may influence signaling pathways leading to altered Ca2+ sensitivity of RyR2s in iPSC-CMs as well. Moreover, NCX stainings revealed small stretches of sarcolemmal invaginations from the surface into the cell body. It is only by speculation that one can assume here the beginning of t-tubular-like structures, but this cannot be excluded. Enhanced t-tubular structures in remodeled iPSC-CMs may even better explain the increase in the EC-coupling gain. Further experiments will be needed to investigate the initiation of t-tubules by environmental cues. Therefore, our findings suggest that cardiac-like environmental stiffness induces enhanced EC-coupling gain at the level of CICR by activation of intracellular signaling cascades inducing structural remodeling of LTCC and RyR2 and modifying RyR2 function.

Moreover, a deeper investigation of EC-coupling revealed altered contraction dynamics with increased shortening in iPSC-CMs plated on substrates with softer stiffnesses, overall leading to larger contractions. As one good reason for impaired contractility on rigid surfaces, we first assumed that high stiffness may prevent adherent iPSC-CMs from contracting to their full extent. In contrast, on flexible surfaces, the contractile cells may pull against the soft material, leading to higher contraction amplitudes and longer contraction duration. However, there was no linear relationship between stiffness and change in contractility across the large range of tested surface stiffnesses indicating additional mechanisms responsible for functional changes apart from passive inhibition. Supporting this evidence, van Deel et al. distinguished between passive inhibitory effects and active changes induced by environmental stiffness by acutely detaching adult cardiomyocytes from their growth surface just before contractility was measured. They demonstrated that the functional adaptations of the cardiomyocytes were independent of the direct passive effect of matrix rigidity on cell function (van Deel et al., 2017). This study supports our idea that changes in environmental stiffness induce intrinsic cellular effects that alter contractile dynamics in iPSC-CMs. Although the exact underlying mechanism remains to be determined, changes in Ca2+ handling or modifications of myofilament proteins were discussed.

Considering active matrix-induced alterations, we wanted to find out whether MCT may influence signaling pathways leading to improved EC-coupling with increased contractility. As a possible explanation for enhanced contractile dynamics in iPSC-CMs grown on soft surfaces, differences in Ca2+ handling may be considered, since an increase in the EC-coupling gain means that at the same electrical stimulus (via ICaL), more Ca2+ is being released from the SR and therefore available for myofilament activation. In addition, the contractile response to different surfaces in adult cardiomyocytes may also depend on adaptions in myofilaments, an idea that also seems to apply to iPSC-CMs (Galie et al., 2013). Our data support previous evidence, where decreased sarcomere and myofibril activity due to intracellular over-tension were shown in iPSC-CMs grown on 35kPa hydrogels leading to 90% less mechanical output compared to iPSC-CMs seeded on softer surfaces of 10kPa or 6kPa hydrogels (Ribeiro et al., 2015). Nevertheless, myofilament buckling during relaxation in iPSC-CMs plated on 6kPa indicated the need for some intracellular tension to maintain correct myofibril alignment (Ribeiro et al., 2015). These results correspond to preferred ranges of matrix elasticity for optimal contractile work in embryonic and neonatal cardiomyocytes (Engler et al., 2008; Bhana et al., 2010). Therefore, an intermediate stiffness comparable to native myocardium may optimally maturate myofilament organization and function. Moreover, a more robust expression of cardiac troponin I (cTnI) was found in neonatal and iPSC-CMs seeded on soft surfaces (Bhana et al., 2010; Ribeiro et al., 2015; Herron et al., 2016). Thus, changes in myofilament Ca2+ sensitivity present a reasonable cause for altered contraction dynamics in iPSC-CMs seeded on substrates with lower stiffness. In the phase-plane diagram, cell shortening and relaxation were plotted as a function of the intracellular Ca2+ concentration during a twitch. Our data revealed a pronounced leftward shift of the relaxation phase in iPSC-CMs grown on soft surfaces indicating higher myofilament Ca2+ sensitivity. In principle, changes in myofilament Ca2+ sensitivity are evoked by modified on- and off-rates of myofilament activation, which are mainly, but not exclusively caused by altered association and dissociation rates of Ca2+ to cardiac troponin C (cTnC; Chung et al., 2016). Considering matrix-induced changes in gene expression and long-term structural adaptations, enhanced myofibril organization may contribute to increased myofilament Ca2+ sensitivity in iPSC-CMs grown on soft surfaces (Young et al., 2014).

Taken together, investigation of EC-coupling and contraction demonstrated a significant influence of growth surface properties on structural maturation at the level of CICR and myofilament activation. Therefore, providing an environment with natural stiffness improves the contractile potential of iPSC-CMs toward more mature and physiological function.



Increased Intercellular Coupling in iPSC-CMs Grown on Soft Surfaces Due to Improved Cx43 Expression

For functional integration of engineered myocardium in diseased adult hearts, adequate propagation of excitation across the cardiac tissue and graft is essential for coordinated impulse propagation. Slow and irregular electrical signal transmission in embryonic (ESC-) and iPSC-CMs caused by weak intercellular coupling poses a high risk for the development of a conduction barrier and arising arrhythmias (Shiba et al., 2012; Kucera et al., 2015; Sottas et al., 2018). In our experimental approach, we tested the hypothesis that growth surfaces with different stiffnesses affect cell-cell communication in iPSC-CMs by influencing the expression pattern of Cx43. Our evaluation of Cx43 immunostainings showed an increased expression of Cx43 at the sarcolemma indicating enhanced gap junction formation, which was functionally confirmed by FRAP analysis: iPSC-CMs grown on soft surfaces revealed faster diffusion rates. Assuming substrate stiffness as the triggering factor, several steps in the Cx43 lifecycle can be considered as possible target points: Critical to intercellular communication are transcription factors influencing gene expression, endoplasmic reticulum and Golgi assembly and transport, forward trafficking to the sarcolemma, organization within the gap junction plaque, and retrograde transport for degradation (Zhang and Shaw, 2014). Most of these processes are regulated by posttranslational modifications, and as Cx43 has a high turnover rate, especially the process of trafficking may also play an important role during remodeling. Recently, Herron et al. suggested enhanced α5β1-integrin receptor activation as a possible reason for increased intercellular coupling in iPSC-CMs grown on soft surfaces (Herron et al., 2016). Indeed, integrins are considered the main receptors associated with sensing mechanical signals and changes in load (Ward and Iskratsch, 2020). In the developing heart, for example, repression of integrin α5 during early stages results in reduced cardiomyocyte differentiation and impaired contractility (Neiman et al., 2019). Therefore, further investigations of integrin receptor expression depending on the environmental stiffness may reveal novel approaches to promote maturation in iPSC-CMs.

In conclusion, here we showed non-linear cellular responses to substrates with different stiffnesses at a macroscale level in iPSC-CMs indicating the existence of MCT. We demonstrated that soft growth surfaces trigger structural maturation at the level of CICR and promote Ca2+ handling properties leading to enhanced EC-coupling gain and contractility in iPSC-CMs. Moreover, this study provides the first experimental evidence of an increased presence of functional gap junctions, which lead to better intercellular coupling with stronger synchronization of the electro-mechanical activity in iPSC-CMs grown on soft surfaces. By exhibiting relevant targets of MCT in iPSC-CMs, our results may trigger further investigation of mechanical signaling pathways leading not only to new maturation strategies of iPSC-CMs, but also to the identification of new targets for the treatment of cardiac diseases with changed ECM stiffness.
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Myocardin-related transcription factors (MRTFs: myocardin/MYOCD, MRTF-A/MRTFA, and MRTF-B/MRTFB) are co-factors of serum response factor (SRF) that activate the smooth muscle cell (SMC) gene program and that play roles in cardiovascular development and mechanobiology. Gain and loss of function experiments have defined the SMC gene program under control of MRTFs, yet full understanding of their impact is lacking. In the present study, we tested the hypothesis that the muscarinic M3 receptor (CHRM3) is regulated by MRTFs together with SRF. Forced expression of MYOCD (8d) in human coronary artery (SMC) followed by RNA-sequencing showed increased levels of M2, M3, and M5 receptors (CHRM2: 2-fold, CHRM3: 16-fold, and CHRM5: 2-fold). The effect of MYOCD on M3 was confirmed by RT-qPCR using both coronary artery and urinary bladder SMCs, and correlation analyses using human transcriptomic datasets suggested that M3 may also be regulated by MRTF-B. Head-to-head comparisons of MYOCD, MRTF-A and MRTF-B, argued that while all MRTFs are effective, MRTF-B is the most powerful transactivator of CHRM3, causing a 600-fold increase at 120h. Accordingly, MRTF-B conferred responsiveness to the muscarinic agonist carbachol in Ca2+ imaging experiments. M3 was suppressed on treatment with the MRTF-SRF inhibitor CCG-1423 using SMCs transduced with either MRTF-A or MRTF-B and using intact mouse esophagus in culture (by 92±2%). Moreover, silencing of SRF with a short hairpin reduced CHRM3 (by >60%) in parallel with α-actin (ACTA2). Tamoxifen inducible knockout of Srf in smooth muscle reduced Srf (by 54±4%) and Chrm3 (by 41±6%) in the urinary bladder at 10days, but Srf was much less reduced or unchanged in aorta, ileum, colon, trachea, and esophagus. Longer induction (21d) further accentuated the reduction of Chrm3 in the bladder and ileum, but no change was seen in the aorta. Single cell RNA-sequencing revealed that Mrtfb dominates in ECs, while Myocd dominates in SMCs, raising the possibility that Chrm3 may be driven by Mrtfb-Srf in the endothelium and by Myocd-Srf in SMCs. These findings define a novel transcriptional control mechanism for muscarinic M3 receptors in human cells, and in mice, that could be targeted for therapy.

Keywords: cholinergic neurotransmission, pharmacology, acetylcholine, signaling, vasodilatation


INTRODUCTION

G protein-coupled receptors (GPCRs) represent the largest group of proteins targeted by clinical drugs, with well over 100 being affected by FDA-approved substances (Sriram and Insel, 2018). Among these are the muscarinic M2 (CHRM2) and M3 (CHRM3) receptors (Wess et al., 2007). Muscarinic receptors are expressed in the brain, on target organs of the parasympathetic nervous system, including pacemaking cells in the heart, smooth muscle cells (SMCs), glandular cells, and on endothelial cells (Caulfield, 1993; Wess et al., 2007). Agonists and antagonists of M2 and M3 are used in clinical conditions ranging from airway obstruction (chronic obstructive pulmonary disease) to bladder overactivity and glaucoma (Ritter et al., 2020). Anticholinesterases, which indirectly affect muscarinic receptors by inhibiting breakdown of acetylcholine, may additionally be of some utility in Alzheimer’s disease (Ritter et al., 2020).

M2 and M3 receptors are often co-expressed, and their physiological functions have been defined in mice using knockout strategies (Wess et al., 2007). M3 deficient mice, for example, have reduced body weights and impaired salivation, dilated pupils under bright light, and urinary retention caused by reduction of muscarinic contractility in the bladder (Matsui et al., 2000; Yamada et al., 2001). Moreover, both cholinergic vasodilatation (Gericke et al., 2011) and vasoconstriction (Gericke et al., 2014) are largely abolished. Dual knockout of M2 and M3 causes further impairment of gastrointestinal (Matsui et al., 2002) and airway (Struckmann et al., 2003) contractility compared to the isolated knockout of M3, but viability remains unaffected. In addition, knockout studies have defined roles of muscarinic receptors in neuronal activity and plasticity in the brain (Thomsen et al., 2018). In contrast to the wealth of knowledge generated on physiological functions of muscarinic receptor subtypes, there is a paucity of information regarding the transcriptional control of these receptors. This is a void of knowledge that needs to be filled because transcriptional control mechanisms could be suited for therapy.

Myocardin-related transcription factors (MRTFs: myocardin/MYOCD, MRTF-A/MRTFA, and MRTF-B/MRTFB) act together with the serum response factor (SRF) to drive a broad mesodermal gene program (Miano, 2003, 2015; Olson and Nordheim, 2010; Sward et al., 2016). MRTFs play important roles beyond development in tissues, such as the heart (Parlakian et al., 2005; Mokalled et al., 2015), smooth muscle (Huang et al., 2015), and endothelial cells (Weinl et al., 2013, 2015). A defining property of MRTFs is that they respond to mechanical signals, such as biomechanical force (Chan et al., 2010), stretch (Zhao et al., 2007; Cui et al., 2015), and matrix stiffness (Jain et al., 2013; Foster et al., 2017; Hadden et al., 2017), and the underlying mechanism likely involves actin dynamics (Zhao et al., 2007; Finch-Edmondson and Sudol, 2016). Numerous recent studies have cataloged genes that are activated by overexpression of wild type and constitutively active MRTFs using RNA-sequencing (Zhao et al., 2016; Kim et al., 2017; Hu et al., 2019), but GPCRs and ion channels are often underrepresented in such dataset (Miano et al., 2007), and many of these datasets have limited sample sizes. Polymerase chain reaction (PCR)-based studies with larger sample sizes have demonstrated that MRTFs may play a role for GPCR expression (Krawczyk et al., 2018).

In recent work, we characterized conditional and smooth muscle-specific knockouts of YAP and TAZ, which are coactivators of TEA domain transcription factors (TEADs), and uncovered a lethal colonic phenotype (Daoud et al., 2020). Like MRTFs, YAP and TAZ are mechano-activated (Hadden et al., 2017), and highly expressed in smooth muscle. YAP may act together with MRTFs, especially MRTF-B, and this synergy is governed by a direct physical interaction (Kim et al., 2017). Among transcripts that were reduced in the colon and urinary bladder of YAP/TAZ knockout mice were Chrm2 and Chrm3. Other transcripts that were concordantly reduced were established target genes of MRTF-SRF signaling. Indeed, we found that knockout of YAP and TAZ also caused a parallel reduction of Srf. Together, these findings raise the possibility that Chrm2 and Chrm3 (M2 and M3) may be regulated by MRTF-SRF. The current study was initiated to address this hypothesis (depicted graphically in Figure 1A) and to fill the current gap of knowledge regarding transcriptional regulation of clinically relevant GPCRs.
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FIGURE 1. The transcriptional coactivator myocardin (MYOCD) regulates expression of the M3 muscarinic receptor (CHRM3). Panel A shows a schematic representation of the hypothesis that we set out to test in the present work, namely, that myocardin-related transcription factors (MRTFs) control expression of the M3 muscarinic receptor for acetylcholine (CHRM3). Panel B shows data from an RNA-sequencing experiment were MYOCD was overexpressed in cultured human coronary artery smooth muscle cells (hCASMCs) for 8days (n=4 null and 4 MYOCD). Ad-CMV-MYOCD was used for overexpression, and Ad-CMV-null virus at the same multiplicity of infection was used as control. The full dataset of differentially expressed genes is given in the Supplementary Material. Brackets in panel B show adjusted P-values for the indicated comparisons of M2 (CHRM2), M3 (CHRM3), and M5 (CHRM5) receptor transcripts between conditions. Panels C and D show confirmation using RT-qPCR (n=12 throughout) that overexpression of myocardin (96h) upregulates the M3 receptor transcript. Experiments were run using human coronary artery SMCs in C and using human bladder SMCs in D. CSPG4 and CAV1 were used as positive control targets in C, D. Bar graphs in this and the following figures show means±SEM, but individual data points are also given. ****p<0.0001, ***p<0.001 and **p<0.01.




MATERIALS AND METHODS


Bulk RNA-Sequencing

RNA was prepared (miRNeasy, Qiagen) from human coronary artery SMCs transduced with either Ad-CMV-null or Ad-CMV-MYOCD virus (200 MOI, see below). RNA integrity was assessed using TapeStation (Agilent). Next, libraries were prepared using the TruSeq® Stranded Total RNA Library Prep. For demultiplexing index, adapters were added (TruSeq RNA Single Indexes Set A,12 Indexes). Sequencing was performed using NextSeq 500/550 High Output Kit v2.5 on an Illumina NextSeq 500 instrument (75bp, paired end). Reads were mapped with STAR (Dobin et al., 2013) in 2-pass mode and counted with featureCounts (Liao et al., 2014). Normalization and differential gene expression analysis were performed using DESeq2 (Love et al., 2014). Qualities of sequences, alignments, and read counting were assessed with fastQC (De Sena Brandine and Smith, 2019), qualimap (Okonechnikov et al., 2016), and multiQC (Ewels et al., 2016). All the code, including a conda environment, Snakemake file, and R markdown notebooks, are available at https://github.com/LUDC-bioinformatics/SMC_MYOCD




Cell Culture and Adenoviral Overexpression and Silencing

Human coronary artery SMCs were from Thermo Scientific/Gibco (C0175C) and cultured in medium 231 (M231500) with growth supplement (SMGS: S00725) and 50U/50μg/ml PEST (Biochrom, A2212). Human bladder smooth muscle cells (HBSMCs) were isolated from detrusor strips as described (Zhu et al., 2017). HBSMCs were cultured in DMEM/Ham’s F-12 medium with glutamine (Biochrom; FG4815), 10% fetal bovine serum (FBS; Biochrom; S0115), and 50U/50μg/ml PEST (Biochrom; A2212). Human coronary artery endothelial cells were obtained from Lonza (CC-2585) and cultured in EGM-2 MV Microvascular Endothelial Cell Growth Medium-2 BulletKit (CC-3202), which contains EBM-2 Basal Medium (CC-3156) and EGM-2 MV Microvascular Endothelial Cell Growth Medium SingleQuotsTM supplements (CC-4147). All primary cells were used in passages 3–8 and they were maintained in a standard cell culture incubator (37°C, 95% air, and 5% CO2).

Adenoviral vectors for overexpression and silencing were obtained from Vector Biolabs (Ad-h-MYOCD, ADV-216227; Ad-h-MKL1/eGFP, ADV-215499; Ad-h-MKL2, ADV-215500; Ad-CMV-Null, #1300; AD-h-YAP1, ADV-227945; Ad-h-shSRF, shADV-224,323; and Ad-GFP-U6-shRNA, #1122) and used at the indicated titers (multiplicities of infection, MOI). Here, Ad-CMV-Null, #1300 and Ad-GFP-U6-shRNA, #1122 were used as negative controls. Most transduced cells were harvested at 96h unless specified. For instance, in Figure 1B, the cells were collected on the eigth day after transduction, and in Figure 2, the transduction time was 120h.
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FIGURE 2. Myocardin (MYOCD) correlates with the M3 muscarinic receptor (CHRM3) across human tissues and SRF is critical for CHRM3 regulation by MRTFs. (A) through (C) show correlations at the mRNA level of MYOCD vs. M3 (CHRM3) in the human gastrointestinal tract and urinary bladder. In brain (D) and lung (E), MRTFB, rather than MYOCD, correlated with M3. This prompted us to examine if all MRTFs (MYOCD, MRTF-A, and MRTF-B) regulate M3 at the mRNA level. Viral overexpression in human coronary artery SMCs showed that MRTF-B was a more effective transactivator of CHRM3 than MYOCD (F, n=6), despite having the same effect as MYOCD on another target (CAV1, G). (H) Shows reduction of CHRM3 after treatment for 72h with the MRTF-SRF inhibitor CCG-1423 (10μM, n=6). Cells were transduced with either MRTF-A (gray bars) or MRTF-B (white bars). (I) Shows that knockdown of serum response factor (SRF, 0, 30, and 100 MOI of Ad-shSRF) reduces CHRM3 (green/black circles) in parallel with ACTA2 (pink/black triangles, n=4, per condition). MRTF-A was overexpressed throughout in (I). ***p<0.001, **p<0.01, and *p<0.05.




Cell Treatment

In Figure 2H, human coronary artery SMCs were transduced with MRTF-A virus or MRTF-B virus (200 MOI) in 1% Smooth Muscle Differentiation Supplement (SMDS, Life Technologies, S-008-5) M231 medium for 96h. Subsequently, the medium was exchanged for fresh 1% SMDS medium, and 10μM CCG-1423 (Tocris Bioscience, #5233) or the corresponding volume of DMSO (Sigma-Aldrich, #D5879) added directly the medium. Cells were then harvested after an additional 72h.

To depolymerize actin in human coronary artery endothelial cells, Latrunculin B (Lat B, 100nM, Calbiochem, #428020) or DMSO (Sigma-Aldrich, #D5879) was added at 96h after transducing with MRTF-B virus, and cells were harvested after additional 24h. Before adding the LatB, cells were also transferred to low-serum medium (2.5% FBS) for a 24h period.

To inhibit the YAP-TEAD interaction, 2μM verteporfin (Sigma-Aldrich, SML0534-5MG) or the corresponding volume of DMSO (Sigma-Aldrich, #D5879) was added to the medium after transduction with MRTF-B virus for 72h (human coronary artery SMCs). Cells were harvested for RNA extraction after an additional 24h.



RT-qPCR

At the end of the culture period, cells were washed (PBS, P4417, Sigma-Aldrich), lysed (Qiazol, Qiagen, #79306), and RNA was isolated using the Qiagen miRNeasy mini kit (Qiagen, #217004) in a QIAcube workstation. The NanoDrop 2000c (Thermo Scientific) instrument was used to determine RNA purity and concentration. For quantification of specific transcripts, we used the StepOnePlus thermal cycler (Applied Biosystems), the QuantiFast SYBR Green RT-PCR kit (Qiagen, 204,156), and QuantiTect Primer assays (Qiagen) for CHRM3 (QT00200354), CHRM2 (QT00092134), CSPG4 (QT00120407), CAV1 (QT00012607), SRF (QT00084063), ACTA2 (QT000088102), 18S (QT00199367), Chrm2 (QT00290297), Chrm3 (QT00312774), Srf (QT00126378), and 18s (QT02448075). The exact primer sequences are considered proprietary by Qiagen. As a house-keeping reference gene, we used 18S, and the fold changes (null or vehicle) were calculated using the Pfaffl method. The relative transcript levels are represented by official gene symbol in italics in all graphs and the units are fold changes (FC) versus control.



Correlation Analyses Using the GTExPortal.org

R-scripts and methods for downloading, and TMM normalizing, RNA-sequencing data from the GTExPortal.org have been described elsewhere (Krawczyk et al., 2015; Sward et al., 2019). For the current analyses, data were downloaded in the summer of 2020. Correlations between MYOCD and CHRM3 were examined in transverse colon (n=406), urinary bladder (n=21), and terminal ileum (n=187) using the Spearman method in GraphPad Prism. Correlations between MRTFB and CHRM3 were examined in the frontal cortex (n=209), tibial artery (n=663), aorta (n=432), and lung (n=578), respectively. Individual TPM (transcripts per million) values along with R- and P-values are given in the graphs or running text.



Organ Culture and Treatment With CCG-1423

Six wild-type C57Bl/6 female mice, weighing 20–25g from ongoing breeding efforts, were euthanized by cervical dislocation. The abdomen was opened, and the urinary bladder was taken out and put in 2ml Eppendorf tubes prefilled with ice cold and sterile HEPES-buffered Krebs solution (135.5mm NaCl, 5.9mm KCl, 1.2mm MgCl2, 2.5mm CaCl2, 11.6mm glucose, 11.6mm HEPES, pH 7.4, and 0.5% PEST). A part of the stomach/ventricle was also excised, and the trachea and esophagus were removed together and put in prefilled tubes as above. The tissues were transported to the laboratory where the trachea and esophagus were dissected free from surrounding connective tissue, and the mucosa was removed from the urinary bladder and the ventricle under a dissection microscope. All tissues were cut into two equal pieces in the craniosacral direction. One piece was cultured with vehicle (DMSO) and the other with the MRTF-SRF inhibitor CCG-1423 (10μM) in DMEM Ham’s F12 medium with 50U/ml penicillin, 50μg/ml streptomycin, 2% dialyzed FCS, and 10nM insulin. Following organ culture for 96h, the tissues were frozen in liquid nitrogen. RNA was isolated using the RNeasy Minikit® from Qiagen and mRNA levels were determined by RT-qPCR (StepOne®).


Wire Myography

The organ culture procedure was almost identical to that described above but using endothelial cell culture medium instead of DMEM/HAM F12. Caudal artery segments were cultured on myograph wires allowing for immediate mounting in a Mulvany myograph (610M; Danish Myo Technology) as described (Dahan et al., 2014) following culture. After stretching to a basal tension of 5 mN in the absence of Ca2+, and equilibration in normal Ca2+-containing HEPES buffer, arteries were depolarized using K+-high solution (60mM). Following washing 0.3μM cirazoline was added, and after 8min, carbachol (10–8 to 10–5M) was added in a cumulative manner. Average force (in mN) over the stimulation period was used for analysis.




Protein Isolation and Western Blotting

After 120h of transduction with virus, cells were washed in ice cold PBS (Thermo Fisher Scientific, # 20012027) twice. They were harvested by scraping following addition of lysis buffer (70μl 60mM Tris-HCl, 2% SDS, 10% glycerol, pH 6.8). To prepare the reduced and unreduced samples in parallel, the lysates were adjusted to 1μg/μl with or without mercaptoethanol (5%) after determining the protein concentration (BIO-RAD DC protein assay kit, #500–0112). Lysates to which mercaptoethanol was added were also heated to 95°C for 5min. All the samples were stored at −80 °C. 25μg of protein was loaded per lane on AnyKd gels (BIO-RAD, #161–0395) along with PrecisionPlus Kaleidoscope markers (BIO-RAD, #161–0395). Gels were run at 200V until the front ran off using the Tris/Glycine/SDS buffer system (BIO-RAD, #161–0732). The Trans-Blot Turbo transfer system and 0.2μM nitrocellulose (BIO-RAD, #170–4159) were used for transfer. Following blocking for 2h in Casein block (BIO-RAD, #161–0782), membranes were incubated with CHRM3 primary antibody (Abcam, ab126168, 1:200) in sealed plastic bags. Bags were tumbled in the cold room (4°C) for 4days. Membranes were subsequently washed in Tris-buffered saline (BIO-RAD, 170–6435) with 0.1% Tween (BIO-RAD, 161–0781) three times (10min each), incubated with anti-rabbit HRP (horseradish peroxidase)-conjugated secondary antibodies (1:10000, Cell Signaling Technology, #7074S) for 2h, and washed again. The West Femto substrate (Thermo Fisher Scientific, #34096) and the Odyssey Fc Imager (LI-COR Biosciences) were used for detection. After initial detection, membranes were stripped in Stripping buffer (Thermo Scientific, 46430) for 30min, at 60°C, washed as above and blocked again for 2h in Casein block. Thereafter, membranes were incubated with HSP90 primary antibody (BD Biosciences, 610418, 1:1000) in the cold room (4°C) for 2days. After three washes as above, membranes were incubated with anti-mouse HRP (horseradish peroxidase)-conjugated secondary antibodies (1:10000, Cell Signaling Technology, #7076S) for 2h and washed again. Bands were normalized to HSP90 in the same lane.



Inducible and SMC-Specific Knockout of Srf

B6.129S6-Srftm1Rmn/J mice were obtained from the Jackson laboratory (stock number #006658). These mice have loxP sites flanking promoter and exon 1 sequences of the Srf gene (Ramanan et al., 2005). The Srf-floxed mutant mice (Srffl/fl) were bred with hemizygous Myh11-Cre/ERT2 mice (Wirth et al., 2008), allowing for knockout of Srf in smooth muscle upon treatment with tamoxifen (Daoud et al., 2021). Cre expression was induced by intraperitoneal injection of tamoxifen (1mg/mouse/day) in ethanol/sunflower oil (1:10) for 5 consecutive days. Floxed but Cre-negative mice treated with tamoxifen were used as controls in the first round. In the second round, we also included a group of floxed Cre-positive mice receiving vehicle as controls. Mice were killed by cervical dislocation and organs were excised and transferred to ice cold HEPES-buffered Krebs solution (135.5mmol/L NaCl, 5.9mmol/L KCl, 1.2mmol/L MgCl2, 11.6mmol/L HEPES, 11.5mmol/L glucose, and 143.8mmol/L Cl−, pH 7.35 at 37°C) with no Ca2+. After transportation to the laboratory, organs (urinary bladder, colon, ileum, trachea, esophagus, caudal artery, aorta, and kidney) were cleaned under dissection microscopes, quickly blotted on filter paper to remove excess solution, and frozen in liquid N2. After storage at −80 °C, RNA was isolated as described. Mouse primers for Chrm3, Chrm2, Srf, and 18s were obtained from Qiagen. Primer sequences are considered proprietary information. Five wild-type and five knockout mice were used for the experiments with 10d induction, but two samples were lost to workup (one aorta and one bladder). Therefore, the n-value for these is only four. For 21d induction, we used 5 vehicle controls (VC), 5 tamoxifen controls (TC), and 12 tamoxifen knockouts (TKO), and no samples were lost to workup. There was no difference between the VC and TC groups in expression of Srf or Chrm3 in ileum or aorta, but there was a borderline significant difference in the bladder (TC<VC). All differences in TKO bladder were highly significant versus both VC and TC and irrespective of data pooling (ANOVA-Tukey). We therefore pooled 21d control data (VC+TC) throughout for simplicity.



Promoter Reporter Assay

The promoter reporter plasmid for CHRM3 contained a dual-luciferase vector backbone and was from GeneCopoeia (HPRM30679). HEK293 cells were seeded in 24 well plates and transfection was conducted in antibiotic-free DMEM media with 10% fetal bovine serum (Thermo Fisher, #23320–002). The CHRM3 plasmid was transfected together with either p3xFLAG-MKL1 plasmid (Addgene, #11978), p3xFLAG MKL2 plasmid (Addgene, #27175), or MYOCD plasmid (Origene, #SC327690,) using Lipofectamine 2000 (Thermo Fisher Scientific, #11668030). After 72h, the medium was collected, and the Secrete-Pair Dual Luminescence Assay Kit was used as recommended in the manufacturer’s protocol (GeneCopoeia, #LFO32). Signal was measured in a GloMax 20/20 Luminometer (Promega, #E5311) and the ratio of Gaussian luciferase and alkaline phosphatase (a proxy for transfected cell number) was taken as a measure of promotor activity.



Single Cell RNA-Sequencing Data

To explore the possibility that different MRTFs dominate in different arterial cell types, we accessed a single cell RNA-seq dataset (He et al., 2018; Vanlandewijck et al., 2018) and extracted read count averages for different cell types. To plot the data, all read count averages for specific transcripts were normalized to the cell type with highest read count average of that transcript.



Ca2+ Measurements

Cells grown on the glass-bottom dishes were transduced with MRTF-B or null virus for 120h and washed with HEPES-buffered Krebs solution (in mM: NaCl 135.5, KCl 5.9, MgCl2 1.2, glucose 11.6, HEPES 11.6, and CaCl2 2.5, pH 7.4) twice. Thereafter, cells were incubated with the intracellular calcium indicator Fluo-4, AM (5μM, Thermo Fisher Scientific, F14201) or X-Rhod-1, AM (1μM, Thermo Fisher Scientific, #X14210) and Pluronic F-127 (0.02% (w/v), Molecular Probes, #P-1572) in Krebs buffer at room temperature for 1h. Cells were again washed with buffer twice for 10min. Real-time Ca2+ imaging was done using a confocal microscope (LSM 5 PASCAL, Carl Zeiss, Germany). After 200s of data acquisition as a baseline, 3μM carbachol was mixed into the buffer, and fluorescence was recorded for another 200s. Thereafter, 1mM ATP was mixed into the buffer and acquisition was stopped after an additional 200s. The ZEISS ZEN microscope software was used to measure the fluorescence intensities in regions of interest (ROI). ROIs were positioned over the 20 cells with the largest relative response in all fields of view and the average intensity over these ROIs was used for statistical testing. F0 represents the mean of fluorescence intensity over the first 200s, and F1 represents the fluorescence intensity at any given time. Ca2+ changes were expressed as F1/F0 (%) and are plotted with 95% confidence intervals.



Statistics

Statistical testing was done using log2-transformed expression data. For comparisons between two groups, we used the Mann-Whitney U test for unpaired data. In some panels, such as the time-course figures in Figures 3A-C, the controls used for statistical testing are not plotted in the graphs in the interest of clarity. Moreover, in Figures 3A-C, the sample size was too small for Mann-Whitney testing, and we therefore used student t-test. For multiple comparisons, one-way ANOVAs followed by Tukey’s post-hoc test was used. The residual distributions (QQ plots) of the log2-transformed RT-qPCR data in the ANOVAs were linear with a slope of 1, supporting a normal distribution. Two-way ANOVAs were used in the Ca2+ imaging experiments.




RESULTS


RNA-Sequencing Shows That CHRM3 is Regulated by Myocardin

We first generated an RNA-sequencing dataset for identification of transcripts regulated by myocardin. Myocardin was overexpressed using an adenoviral vector (Ad-CMV-MYOCD) in cultured human coronary artery SMCs. With 36–49 million pair end reads per sample and four samples per group, this dataset provides good transcriptome coverage for several downstream applications. Among the differentially expressed transcripts (the differential expression analysis is provided in the supplementary data), we noted that the muscarinic M2 receptor (CHRM2), the M3 receptor (CHRM3), and the M5 receptor (CHRM5) were increased 8days after overexpression of myocardin compared to null adenovirus (Figure 1B, brackets give adjusted P-values). For independent confirmation, we assayed CHRM3 alongside a positive control (CSPG4 or CAV1; Krawczyk et al., 2015; Rippe et al., 2021) using RT-qPCR at four days of transduction with Ad-CMV-MYOCD or Ad-CMV-null viruses. CHRM5 was not examined further due to uncertainty regarding its biological function, and CHRM2 was not detectable with the primer assay used, but the increase of CHRM3 was readily confirmed (Figure 1C). We also measured CHRM3 in cultured human bladder SMCs and again observed an increase following transduction of myocardin (Figure 1D). We concluded that overexpression of myocardin increases the transcript level of the muscarinic M3 receptor in different human SMCs.



All MRTFs Increase CHRM3

We have previously reported that myocardin correlates with some of its target genes at the mRNA level (Krawczyk et al., 2015; Sward et al., 2019). To examine if this was the case for CHRM3, we used human RNA-seq data downloaded from the GTExPortal.org (Consortium, 2013). Correlations were examined in different organs using the Spearman method. MYOCD correlated tightly with CHRM3 in the transverse colon (Figure 2A), the urinary bladder (Figure 2B), and the ileum (Figure 2C). MYOCD also correlated with CHRM3 in the coronary artery (R=0.46, p<0.0001, not shown), but not in the other two arteries represented in the database (aorta and tibial artery, not shown). Similarly, MYOCD did not correlate with CHRM3 in the brain (frontal cortex, not shown). We therefore instead tested if MRTFA and MRTFB correlate with CHRM3, and we observed a strong positive correlation for MRTFB in the brain (Figure 2D). This was also seen in the lung, where MRTFB correlated with CHRM3 (Figure 2E), in the tibial artery (MRTFB vs. CHRM3: R=0.32, p<0.0001, not shown), and the aorta (MRTFB vs. CHRM3: R=0.28, p<0.0001, not shown). These analyses suggested that MRTF-B may increase CHRM3 like MYOCD and therefore prompted us to experimentally determine if all MRTF family members increase CHRM3 expression. Indeed, in side-by-side adenoviral transductions, all MRTFs increased CHRM3 (Figure 2F), and the effect of MRTF-B was larger (34-fold) than the effects of MYOCD (5-fold) and MRTF-A (5-fold) at the same virus titers. This difference between MRTFs is likely real, because MRTF-B did not increase CAV1 more effectively than MYOCD in the same samples (Figure 2G). All MRTFs thus have the capacity to regulate transcription of the muscarinic M3 receptor in human SMCs, but MRTF-B appears most effective in this regard.



The MRTF-SRF Inhibitor CCG-1423 Reduces CHRM3 in MRTF-Transduced Cells

From a therapeutic point of view, it is important to examine if substances that have been developed to inhibit MRTF-SRF signaling (Bell et al., 2013; Lundquist et al., 2014) also affect expression of the muscarinic M3 receptor. One of these substances is CCG-1423, and it inhibits serum response element-driven gene activation with an IC50 value of 1–5μM via interference with MRTF-SRF-dependent transcriptional activation (Evelyn et al., 2007). Indeed, CCG-1423 (10μM) reduced CHRM3 at 72h of treatment in MRTF-transduced SMCs (Figure 2H). The effect appeared greater in cells transduced with MRTF-B than in cells transduced with MRTF-A, which may reflect the larger effect of MRTF-B on CHRM3. No effect was seen without MRTF transduction (not shown), or at earlier times (not shown), findings that we attribute to low basal M3 levels in cultured SMCs.



Short Hairpin Silencing of SRF Reduces CHRM3 Expression

To examine the SRF-dependence of the MRTF effect on CHRM3, we next used a short hairpin construct (Ad-shSRF, two virus titers) to knock down SRF in cells transduced with MRTF-A. The levels of SRF, ACTA2, and CHRM3 were determined by RT-qPCR in silenced and control cells (U6). We found that CHRM3 was reduced upon SRF silencing (Figure 2I, green), paralleling the established target gene ACTA2 (Figure 2I, black/pink triangles). The MRTF-A effect on CHRM3 thus requires SRF.



Time-Course Studies

To better estimate the full effect-size of MRTF-B, we next performed time-course studies where we harvested human coronary artery SMCs at various times after coactivator transduction. The effect on CHRM3 was compared with the effect on CAV1 (Krawczyk et al., 2015). After an initial small drop, CHRM3 started to increase at 72h after MRTF-B transduction (Figure 3A), and it continued to increase beyond 96h without any sign of saturation. At 120h, CHRM3 was increased 597-fold (p=0.0004), and this effect dwarfed the effect on CAV1 in the same samples. Of note, 72h was required for increases of both CAV1 and CHRM3 to become significant. We next designed a similar experiment for bladder SMCs, but with even longer incubations to hopefully capture the full range of regulation. Again, CHRM3 increased well beyond 100h while CAV1 did not (Figure 3B) and there was no sign of saturation. We also tested the effect of MRTF-B in human coronary artery endothelial cells (ECs) but failed to saturate the effect (Figure 3C). While significant, the effect on CHRM3 in both ECs and bladder SMCs appeared somewhat smaller than in coronary SMCs (compare Figures 3A–C). However, Ct values for CHRM3 in coronary artery SMCs were high to start with (Ct rank order for CHRM3: bladder SMCs<coronary SMCs<ECs), suggesting a low basal level of expression compared to bladder SMCs. In keeping with the sensitivity of MRTFs to actin dynamics, we found that depolymerization of actin (Latrunculin B: LatB, 24h) in MRTF-B transduced ECs reduced CHRM3 (Figure 3D).
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FIGURE 3. Time-course data, promoter reporter assays, and MRTF-B-YAP cooperation. MRTF-B was overexpressed in different cell types (200 MOI), and cells were harvested at different times. RNA was subsequently isolated, and CHRM3 was measured by RT-qPCR. (A) Shows time-dependent upregulation of CHRM3 in human coronary artery SMCs. Significant increases were seen at times exceeding 48h, and a 597-fold increase was seen at 120h (p=0.0004, n=3). Because there was no indication that the increase of CHRM3 reached a plateau at longer transduction times, we designed an experiment using even longer incubations in human bladder SMCs (B). Again, there was no tendency of a plateau. Moreover, the maximal increase was somewhat smaller than in coronary artery SMCs. Similar results were obtained in human coronary artery endothelial cells [(C), 200 MOI]. (D) Shows that CHRM3 was reduced by Latrunculin B (100nM, gray bar) in MRTF-B-transduced ECs. Inspection of the CHRM3 gene locus on chromosome 1 (E) revealed SRF binding (green vertical bars) and TEAD binding (red vertical bars) to many sequences 5' of, and over, the longest transcript (blue). Direct examination of a commercial promoter reporter sequence (NM_000740, transcript variant 2, FIGURE 3 | hg38; chr1+: 239627686–239,629,364; TSS=239,629,073) did not reveal any true CArGs, but 11 motifs with 2 deviations from the classical CArG sequence [CC(A/T)6GG, green highlights, deviations underlined, (F)] were present, along with 9 TEAD motifs [red highlights, (F)]. The transcription start site for the promoter is highlighted in yellow with red lettering. This “CArG-deficient” promoter responded to MRTFs in a luciferase reporter assay (G) run using HEK 293 cells. (H) Shows CHRM3 mRNA expression in MCF10 cells transfected with YAP, MRTF-B, and two MRTF-B mutants; the YBD mutant does not bind YAP, and the SBD mutant does not bind SRF. (I) Shows the effects of YAP and MRTF-B transduction, alone and in combination, on CHRM3 in human coronary artery SMCs. Ct values for CHRM3 were sometimes too high for reliable detection (null and YAP). This is the reason why the sample size is less than n=6 for CHRM3 in the null and YAP groups, even if six experiments were run for the panel. (J) Shows the effect of the YAP-TEAD inhibitor verteporfin in MRTF-B-transduced coronary artery SMCs. Two samples were lost in the verteporfin group again due to lack of amplification. ****p<0.0001, ***p<0.001, **p<0.01, and *p<0.05.




Promoter Reporter Data and Dependence on YAP-TEAD

Human chromatin immunoprecipitation sequencing data (Encode3, UCSC genome browser) did not reveal SRF binding in the immediate vicinity of CHRM3 on chromosome 1, even if SRF binding was noted >500kb upstream of the gene (Figure 3E, green vertical bar, far left). Binding of TEA domain transcription factors (TEADs), known to be important for YAP/TAZ and a subset of MRTF-controlled genes (Kim et al., 2017), was seen over and near the CHRM3 locus (Figure 3E, red vertical bars). We also inspected CArG box predictions in the mouse that are conserved in man and found 1 CArG box ≈18.5kb upstream of Chrm3 (on chromosome 13, not shown), and an additional 10 conserved CArG boxes evenly distributed across the Chrm3 locus (not shown). Finally, manual inspection of a commercial promoter reporter sequence revealed lack of perfect CArGs motifs, but 12 motifs with two deviations each from the canonical CArG sequence (Figure 3F, green highlights, deviations underlined). This promoter also contained nine TEAD motifs (so called MCAT motifs, red highlights in Figure 3F), six of which are predicted to be functional based on identical motifs in other promoters. Co-transfection of this reporter with MRTFs caused 2-fold activation (HEK 293 cells, Figure 3G), albeit not with the natural rank order of efficacy. Taken together, these analyses suggest that there are many conserved CArGs (11) that could contribute to regulation distributed over the CHRM3 locus and that a CHRM3 promoter that lacks true CArGs is activated by MRTFs.

Previous work demonstrated that both MRTF-A and MRTF-B may bind YAP-TEAD to activate a reporter with 8 TEAD-binding motifs and no SRF-binding motifs (Kim et al., 2017). The same study also demonstrated MRTF-B shows a preference for binding to YAP-TEAD, whereas MRTF-A shows a preference for binding to SRF. The stronger effect of MRTF-B compared to MRTF-A and MYOCD on CHRM3 may therefore depend on dual activation of YAP-TEAD and SRF-dependent transcription. To approach this possibility, we interrogated an RNA-sequencing dataset with two replicates, where MRTF-B was overexpressed alongside YAP-binding deficient (YBD) and SRF-binding deficient (SBD) mutants of MRTF-B, as well as a double mutant (YBD/SBD). In this dataset (Kim et al., 2017), CHRM3 was increased by MRTF-B compared to empty vector as shown in Figure 3H. The effect of the YBD mutant was 45% smaller than control MRTF-B, and the SBD mutant was without effect (Figure 3H). This independently supports a key role of SRF, but also bolsters the idea that MRTF-B may depend on YAP-TEAD. For such target genes, remarkable synergy was reported on combined overexpression of MRTF-B and YAP compared to overexpression of MRTF-B or YAP alone (Kim et al., 2017). Therefore, we next examined the possibility that YAP and MRTF-B act in synergy. This was done by overexpressing these coactivators alone and together. However, overexpression of YAP alone had no significant effect, and it did not boost the effect of MRTF-B (Figure 3I). Overexpressed YAP had a transcriptional impact, because it increased CAV1 in the same cells, albeit not as effectively as MRTF-B (Figure 3I).

To further probe if YAP-TEAD signaling plays a role for CHRM3 expression, we used an inhibitor. Verteporfin was identified in a screen for inhibitors of the YAP-TEAD interaction (Liu-Chittenden et al., 2012), and it has been used in numerous reports to study the functional role of this transcriptional complex. Here, cells were transduced with MRTF-B for 3 days, and 2μM verteporfin or vehicle was added for an additional 24h. Verteporfin reduced the CHRM3 transcript compared to vehicle (Figure 3J). The size of this effect is underestimated by the data in Figure 3J, because two samples were lost in the verteporfin group on account of insufficient amplification. Taken together, these findings further suggest that YAP-TEAD signaling is necessary but not sufficient for CHRM3 expression and that YAP-TEAD and MRTF-SRF likely act cooperatively to drive CHRM3 expression.



Detection of the CHRM3 Protein in MRTF-B Transduced Cells by Western Blotting

Previous work on a modified and tagged version of rat Chrm3 revealed that M3 monomers migrate at 45kDa, dimers at 90kDa, and multimers at >120kDa, along with a proteolytically processed dimer at 75kDa (Zeng and Wess, 1999). Using an antibody raised against a peptide from human CHRM3, we observed three bands at ≈45, ≈140, and ≈170kDa that increased in MRTF-B transduced cells, with the most prominent changes occurring at ≈45kDa, and at ≈140kDa (Figures 4A,B). The antibody also detected bands at 66 and 120kDa, but the latter did not change in MRTF-B transduced cells (Figures 4A,B), and the 66kDa band, which was the strongest, was also seen in the lanes with molecular weight markers (Figure 4A). Because disulfide bridge-dependent multimerization (Zeng and Wess, 1999) was found to be responsible for Chrm3 bands at higher molecular weights, we next prepared the same protein lysates without reducing agent and boiling (Figure 4C). Insufficient lysate was available for one of the samples (Figure 4C, lane 6). Careful quantification showed that the 45kDa band declined at the expense of an increase of the 140kDa band in non-reducing conditions compared to reducing conditions (Figures 4C,D). The 45kDa and 140kDa bands are therefore interdependent species. Taken together, these findings support MRTF-B-driven increases of protein bands, likely monomers and trimers, that interact with an antibody against human CHRM3.
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FIGURE 4. MRTF-B increases CHRM3 immunoreactive bands in human coronary artery smooth muscle cells. Protein lysates from human coronary artery SMCs treated with null virus and with MRTF-B virus for 120h, respectively, were used for Western blotting using an antibody raised against a human CHRM3 in (A). After developing the blot, it was stripped and incubated with HSP90 antibody (shown below) to assess equal protein loading. At least five bands were detected with the CHRM3 antibody, and three bands at ≈170, ≈140, and ≈45kDa changed significantly with MRTF-B as shown in the compiled analysis in (B). Quantification in panel (B) was done using the blots in (A). Proteins from the same original lysates were also prepared in non-reducing conditions, to examine if the relationship between bands changed (C). The volume was insufficient for one of the null samples in this experiment (lane 6). Non-reducing conditions favored the 140kDa band at the expense of the 45kDa band (D), suggesting multimerization. ****p<0.0001, ***p<0.001, and *p<0.05.




CCG-1423 Reduces Chrm3 in Organ Cultured Esophagus

Our loss of function experiments so far depended on prior overexpression of MRTFs in cell culture. To bypass the need for MRTF overexpression, we isolated organs from C57Bl/6 mice and maintained them in organ culture for 96h with and without CCG-1423 (10μM). Organs were harvested and frozen at the end of the culture period, and RNA was extracted. Three out of four of the organs (trachea, stomach, and bladder) did not cope well with organ culture with CCG-1423 for 96h, showing sizeable reductions of the house-keeping genes examined (18s, Gapdh), but in the esophagus, Chrm3 was reduced with CCG-1423 (Figure 5A), and the decline of 18s was small. Chrm2 levels remained unchanged, but variability was considerable. This supported the view that Chrm3 may be controlled by MRTFs in mouse cells in situ.
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FIGURE 5. Pharmacological inhibition of MRTF-SRF signaling in organ culture, and knockout of Srf in vivo, reduces M3 receptor expression. To examine if MRTF-SRF signaling regulates muscarinic M3 receptor expression in situ, we first isolated organs from wild-type C57Bl/6 mice. Organs were split in  half and maintained for 96h in organ culture with vehicle (DMSO) or CCG-1423 (10μM). A clear reduction of Chrm3 relative to the house-keeping gene 18s was seen in the esophagus (A), but in the remainder of the organs, the house-keeping genes examined declined (not shown). We also found that organ culture of the mouse caudal artery in the presence of CCG-1423 eliminated force development on stimulation with the α1-adrenergic agonist cirazoline (B), suggesting that this experimental paradigm is unsuitable for studying effects on endothelium-dependent dilatation. Mice with SMC-specific knockout of Srf were next obtained by injecting Srffl/fl mice harboring the Myh11-Cre/ERT2 transgene with tamoxifen for 5 consecutive days (knockout: KO). Cre-negative Srffl/fl mice injected with tamoxifen were used as controls (wild-type: WT). Organs were harvested and frozen 10days after the first injection and transcript levels were determined by RT-qPCR. At this time, body weights were unchanged, but Srf depletion was seen in some organs (C). (D) Shows that Chrm3 was reduced in parallel with Srf in the bladder, but this was not seen elsewhere (not shown). We therefore next used mice at 21days post tamoxifen. Two control groups were included in this second experiment along with the tamoxifen-treated knockouts (TKO): vehicle-treated Cre-positive mice (VC) and tamoxifen-treated Cre-negative mice (TC). At 21days, mobility on provocation was reduced, the intestines had started to swell [(E), white arrows], and the urinary bladders were often enlarged [(E), black arrows]. Both Chrm3 and Srf were reduced in the bladder (F) and ileum (G). For the ileum, the two knockouts with the most modest Srf depletion (TKO 173 and TKO 193) are highlighted. No change of Chrm3 was seen in the aorta (H), despite significant Srf depletion. These findings show that MRTF-SRF signaling is critical for Chrm3 expression in gastrointestinal and urogenital organs in vivo. ***p<0.001, **p<0.01, and *p<0.05.


We also measured force in wire myographs after organ culture with CCG-1423. Both force development in response to the α1-adrenergic agonist cirazoline (Cir, 0.3μM), and relaxation in response to the muscarinic agonist carbachol (Cch, 10–8 to 10–5M), were maintained after 96h using the mouse caudal artery (endothelial cell culture medium; Figure 5B, red tracing), but inclusion of CCG-1423 during culture essentially eliminated force (Figure 5B, black tracing, n=6, p<0.001). Attempts to knock down Srf in organ culture, using the short hairpin used in human cells above, were also not successful (not shown). This called for a more robust and specific method to manipulate MRTF-SRF signaling in intact organs.



Inducible and Smooth Muscle-Specific Deletion of Srf in vivo

To examine regulation of Chrm3 by MRTF-SRF signaling in vivo, we generated smooth muscle-specific and inducible knockouts (KOs) of Srf (Park et al., 2015). Any changes in whole tissue lysates in this model should reflect changes in smooth muscle. To generate KOs, we treated homozygous Srf-floxed mice harboring a tamoxifen-regulated and smooth muscle-specific (Myh11 promoter driven) Cre transgene with tamoxifen. Cre-negative floxed mice treated with tamoxifen were used as controls (WT). Srf knockout in SMCs results in intestinal pseudo-obstruction starting 21days after the first injection (Park et al., 2015) due to reduced cholinergic SMC contraction and impaired gastrointestinal motility (Angstenberger et al., 2007; Mericskay et al., 2007; Park et al., 2015). Here, organs were initially isolated for RT-qPCR on day 10 after the first of five injections. We picked this time based on our previous observation that knockout of YAP and TAZ, using the same Cre-deleter mouse and injection protocol, causes a ≈75% reduction in colon at 10days (Daoud et al., 2021). No evidence of animal discomfort, such as ruffled fur, reduced mobility, or kyphosis, was observed here at 10days, and body weights remained unchanged (not shown). 10days therefore represent the pre-symptomatic stage. Various organs were isolated, and Srf levels were determined by RT-qPCR. Srf was depleted by 54±4% in the urinary bladder, 47±3% in the aorta, and 26±8% in the ileum (Figure 5C), but no significant reductions were seen in the remainder of the organs examined. Chrm3, but not Chrm2 (not shown), levels were reduced in the urinary bladder from KO compared to WT mice (Figure 5D). Reduction of Chrm3 was not significant elsewhere (not shown), but Chrm3 reduction correlated with Srf depletion across all organs (p=0.044, R= 0.44, Pearson, not shown).

In view of the rather limited changes at 10days, we next tried a longer induction time (21days). This time we used two control groups. One group of mice were Cre-postive and treated with vehicle (VC: vehicle control). Another group of mice were Cre-negative, and they received tamoxifen (TC: tamoxifen control). The third group included mice that were Cre-positive and that were treated with tamoxifen (TKO: tamoxifen treated knockouts). The two control groups were not different and were therefore pooled in the final analysis. At 21d, mobility on provocation was reduced in several knockout animals, and intestinal swelling was apparent in most of them (Figure 5E). The mice appeared healthy in most other regards. 21d therefore represents the early clinical phase. Reductions of Srf and Chrm3 in the urinary bladder were augmented at 21d compared to 10d (compare Figures 5F,D). Chrm3 was now also reduced in the ileum (Figure 5G) but not in the aorta (Figure 5H). Interestingly, two ileum samples (TKO 173 and TKO 193) with poor Srf depletion also had poor Chrm3 depletion (Figure 5G). Taken together, these findings show that Chrm3 in the bladder is reduced already in the pre-symptomatic phase and that the early clinical phase coincides with depletion of intestinal Chrm3 in SMC-specific Srf knockouts. Maintained Chrm3 expression in the aorta may be due either to a threshold effect, because Srf was less forcefully reduced, or to preferential expression in non-SMCs, such as endothelial cells. We favor the latter explanation for reasons given below.



MRTF-B Increases the Responsiveness to the Muscarinic Agonist Carbachol in SMCs

To support the concept that MRTF-SRF signaling regulates cholinergic responsiveness, human coronary artery SMCs that had been transduced with MRTF-B, were loaded with the fluorescent indicator Fluo-4, and stimulated with the muscarinic agonist carbachol (3μM) and ATP (1mM). Many cells were unresponsive to carbachol (Figure 6A, middle), both in the control group, and after MRTF-B transduction. This may relate to a low transduction efficiency (30–50% of all cells) and the short transduction time. However, MRTF-B transduced cells responded more forcefully to carbachol (Figures 6B,C), and data from three independent experiments showed that the peak response (200–250s) to carbachol was significantly increased in the MRTF-B group compared to the control group (Figure 6D).
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FIGURE 6. Ca2+ imaging of MRTF-B-transduced human coronary artery SMCs. To examine if MRTF-B transduction increases responsiveness to the muscarinic agonist carbachol, cells were treated as indicated for 5 days in culture. They were subsequently washed and loaded with Fluo-4 and imaged using confocal microscopy. Only a fraction of the cells responded to carbachol [(A), middle], but the responses were larger in MRTF-B-transduced cells. (B,C) Show the 20 cells responding best to carbachol in the experiment in (A). (D) shows compiled data from three independent experiments with Fluo-4. The Ca2+ signal between 200 and 250s was significantly increased by prior MRTF-B transduction. (E) shows intracellular Ca2+ in human coronary artery SMCs after transduction of MRTF-B or null virus, respectively (N =6), but measured Ca2+ using X-Rhod-1. Error bars in (D,E) represent 95% confidence intervals. ****p<0.0001 and **p<0.01.


With the intention of measuring Ca2+ only in transduced cells, we also used X-Rhod-1 for Ca2+ measurements. X-Rhod-1 reports both cytosolic and mitochondrial Ca2+, but it fluoresces at a wavelength compatible with the tagged MYOCD that was available to us. After pilot experiments, we did not follow through with the MYOCD experiments, but overexpression of untagged MRTF-B again enhanced the Ca2+ response to carbachol, while the Ca2+ response to ATP was similar (Figure 6E). In our loading conditions, only a minority of the cells (≈8%) showed a mitochondrial staining pattern, and in most cells, staining appeared to be diffusely cytoplasmic (not shown). Taken together, use of two different fluorescent Ca2+ indicators therefore support the view that MRTF-B promotes cholinergic responsiveness in cultured human SMCs.



MRTF-B is the Dominating MRTF in ECs

To better understand MRTF expression in different vascular cell types, we next examined a single cell RNA-sequencing dataset for cerebrovascular cells (Vanlandewijck et al., 2018). Myocd was enriched in arteriolar and arterial SMCs as expected (Figures 7A,B, pink). Mrtfa was highest in fibroblasts, but sizeable expression was also seen in pericytes and SMCs (Figures 7A,B, green). Mrtfb was enriched in endothelial cells (ECs, Figures 7A,B, blue). This provided a possible explanation for the lack of effect of SMC-specific Srf knockout on Chrm3 in lysates of the whole aorta.
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FIGURE 7. MRTF distribution across the vascular wall. (A) Shows cell-averaged mRNA expression data for the indicated transcripts in different cerebrovascular cell types. PC, pericytes; SMC, smooth muscle cells; MG, microglia; OL, oligodendrocytes; FB, fibroblasts; EC, endothelial cells; AC, astrocytes; v, venous; cap, capillary; a, arterial; aa, arteriolar; and 1, 2, and 3, subtype. (B) Shows a schematic representation of Myocd in SMCs, Mrtfa in FBs, and Mrtfb in ECs.





DISCUSSION

The research effort described here aimed to test the hypothesis that the muscarinic M3 receptor (CHRM3) is regulated by MRTF-SRF signaling using a combination of gain and loss of function approaches in vitro and in vivo. We demonstrate that the muscarinic M3 receptor transcript (CHRM3) is increased after overexpression of MRTFs, well known for their ability to respond to mechanical forces and actin dynamics (Olson and Nordheim, 2010). CHRM3 was moreover reduced by SRF depletion in cultured SMCs and in the intact urinary bladder and ileum. Our findings suggest that M3 in endothelial cells is regulated by MRTF-B-SRF, while in SMCs, the combined influence of all MRTFs (MYOCD>MRTFA>MRTB) may be relevant. We demonstrate that MRTF-B is a more effective transactivator of M3 than MYOCD when both are overexpressed in the same cell type in parallel. This difference may allow for tissue-specific targeting of receptor expression should more selective substances to inhibit MRTF-SRF signaling be developed. This would be important since current drugs, such as the muscarinic antagonists, have serious side effects (e.g., dryness of mouth) that limit their clinical utility.

Our experiments show that the effect of MRTFs on CHRM3 is difficult to saturate. This differs from the effect on CAV1 which readily saturates. We are uncertain of the reason for this, but we note that multiple rather poor CArG-like sequences and numerus TEAD motifs are present in one of the promoters (and indeed across the entire gene locus). We also find that this promoter is activated in a luciferase reporter assay. One possibility, therefore, is that binding between MRTFs and the promoter involves (1) multiple weak SRF interactions, that are difficult to detect by ChIP-seq, in addition to (2) direct binding to YAP-TEAD (Kim et al., 2017), such that many productive complexes form at high concentration of MRTFs. If true, this would imply that cells need to proceed relatively far toward the SMC fate for M3 to be expressed at a meaningful level and that both YAP-TEAD and MRTF-SRF signaling are needed. Such a model fits available pharmacological and knockout data [this study, (Daoud et al., 2021)] and could perhaps explain differences in M3 expression between different types of SMCs (i.e., gastrointestinal vs. vascular). However, differences in the MRTF-B/MYOCD ratio are an equally plausible explanation for differences in M3 expression between cell types.

It is now four decades ago that endothelium- and nitric oxide-dependent dilatation of arteries by acetylcholine was discovered (Furchgott and Zawadzki, 1980; Palmer et al., 1987). It remained unclear for many years what the physiological role of this phenomenon is, but meticulous work conducted over the last decade has established autocrine cholinergic signaling in endothelial cells as critical for flow-mediated dilatation (Wilson et al., 2016). Moreover, it is only recently that the transcriptional control mechanisms responsible for endothelium-dependent dilatation have started to be uncovered. Several groups, including ours, have demonstrated that soluble guanylyl cyclase, the major nitric oxide receptor in the vascular media, is regulated by NOTCH signaling (Chang et al., 2011; Rippe et al., 2017). It has also been demonstrated that Srf in SMCs is important for nitric oxide-dependent dilatation (Galmiche et al., 2013), but the precise mechanism of that effect remains to be identified. One possibility is that it occurs via Kcnmb1, an important subunit of the large conductance Ca2+-activated potassium channel, which is regulated by Myocd-Srf (Long et al., 2009). This ion channel plays a key role in nitric oxide-dependent dilatation (Leo et al., 2014). However, additional effectors cannot be ruled out (Galmiche et al., 2013). By implicating MRTF-B-SRF in control of muscarinic M3 receptors in endothelial cells, our current findings add another layer of regulation to this complex mode of communication between cell types in the vascular wall.

Our experiments on Srf-deficient mouse tissues show reduction of M3 receptor transcripts in the urinary bladder and ileum in vivo at 21days. It is interesting to note that the early clinical phase of this model coincides with intestinal depletion of Chrm3. No change of Chrm3 was seen in the aorta, and we suspect that maintained Chrm3 expression in the aorta is due to preserved MRTF-B-SRF signaling in the endothelium. An endothelial-specific Srf knockout will be needed to address this hypothesis, or, alternatively, dual knockout of MRTF-A and MRTF-B in the endothelium. Similarly, myocardin knockout in SMCs would be required to prove a role for myocardin in Chrm3 expression in this cell type. Thus, specific deletion of MRTF alleles in different vascular cell types would have further strengthened our conclusions, but this was considered beyond the scope of the present work. SMC-specific and inducible Srf knockout, as was done here, eventually result in death from intestinal pseudo-obstruction, associated with reduced gastrointestinal transit in vivo and reduced cholinergic activation of colon and bladder preparations in vitro (Angstenberger et al., 2007; Mericskay et al., 2007; Park et al., 2015). Given that colonic motility and cholinergic contractility are similarly reduced in M3-deficient mice (Kondo et al., 2011), it seems plausible that depletion of M3 receptors represents one molecular mechanism for reduced contraction in Srf knockouts. Indeed, mutations in CHRM3 in humans cause “prune belly syndrome” with combined intestinal and bladder distension (Weber et al., 2011).

Bioinformatics analyses demonstrate correlations between MYOCD and CHRM3 in human gastrointestinal and urogenital organs. This reinforces the view that MYOCD-SRF is an important, perhaps major, transcriptional control mechanism for CHRM3 in these organs, but it does not rule out other control mechanisms. One such mechanism likely involves YAP-TEAD as suggested by our previous studies on inducible YAP/TAZ knockout mice (Daoud et al., 2021), and by pharmacological data herein. In the brain and lung, and in some arteries, MYOCD did not correlate with CHRM3. Instead, we observed correlations with MRTFB. In arteries, we believe that these correlations are driven primarily by the regulation of CHRM3 by MRTF-B in endothelial cells because we found that MRTF-B increased the level of CHRM3 in this cell type in culture. We did not examine if MRTF-B regulates CHRM3 in neurons. However, it has been demonstrated that Mrtf-a and Mrtf-b together play essential roles for brain development (Mokalled et al., 2010). Perhaps, these MRTFs remain important for neuronal gene expression in adult life, contributing to the correlations observed in brain.

The activities of MRTF-A and MRTF-B depend on dynamics of the actin cytoskeleton (Olson and Nordheim, 2010). This implies that intracellular effectors of actin filament formation, such as Rho-associated kinase, may influence M3 expression. We found that Latrunculin B, which depolymerizes actin, reduces M3 in cells transduced with MRTF-B. Prior work demonstrated that Rho-associated kinase, which polymerizes actin, reduces eNOS expression (Ming et al., 2002). There may thus be a balancing influence of increased actin filament formation on M3 (predicted to increase) and eNOS (predicted to fall), which could leave cholinergic dilatation unchanged, but this remains to be examined. Given the reported activation of MRTF-A by substrate stiffness (Jain et al., 2013; Foster et al., 2017), it may be considered that M3 levels increase in, e.g., fibrotic disease. Matrix stiffness could perhaps also contribute to the paradoxical vasoconstriction of arteries in response to acetylcholine that is seen in certain pathological conditions (Ludmer et al., 1986), but it could also be that endothelial damage simply uncovers direct activation of SMCs via muscarinic M3 receptors.

We chose to focus the current work on CHRM3 in view of its fundamental biological and medical importance (Wess et al., 2007; Gericke et al., 2011, 2014) but our initial RNA-sequencing analysis suggested upregulation of the muscarinic M2 and M5 receptors by MYOCD. A common upstream regulator of M2 and M3 could explain why these receptors are often co-expressed, but we were unable confirm the effect on M2 using RT-qPCR. We are uncertain of the explanation for this. One possibility is that the effect of MYOCD on CHRM2 is smaller than is the effect on CHRM3, as suggested by the RNA-sequencing, but technical issues with the human CHRM2 primer cannot be ruled out. The mouse primer for Chrm2 appeared to work well in cultured mouse organs and using Srf-deficient tissues, but no reduction was apparent in either case, even if Chrm3 was reduced. Regulation of M2 and M5 therefore needs to be investigated further.

To summarize, the current work has identified the muscarinic M3 receptor, CHRM3, as a target of MRTFs and serum response factor in human SMCs in vitro and in the mouse urinary bladder and ileum in vivo. Among the MRTFs, MRTF-B appears to be the strongest transactivator of CHRM3, consistent with the high expression of MRTF-B in endothelial cells and in keeping with a dominance of endothelium-dependent dilatation over direct SMC-dependent cholinergic vasoconstriction.
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FIGURE 2. Myocardin (MYOCD) correlates with the M3 muscarinic receptor (CHRM3) across human tissues and SRF is critical for CHRM3 regulation by MRTFs. (A) through (C) show correlations at the mRNA level of MYOCD vs. M3 (CHRM3) in the human gastrointestinal tract and urinary bladder. In brain (D) and lung (E), MRTFB, rather than MYOCD, correlated with M3. This prompted us to examine if all MRTFs (MYOCD, MRTF-A, and MRTF-B) regulate M3 at the mRNA level. Viral overexpression in human coronary artery SMCs showed that MRTF-B was a more effective transactivator of CHRM3 than MYOCD [(F), n = 6], despite having the same effect as MYOCD on another target [CAV1, (G)]. (H) Shows reduction of CHRM3 after treatment for 72 h with the MRTF-SRF inhibitor CCG-1423 (10 μM, n = 6). Cells were transduced with either MRTF-A (gray bars) or MRTF-B (white bars). (I) Shows that knockdown of serum response factor (SRF, 0, 30, and 100 MOI of Ad-shSRF) reduces CHRM3 (green/black circles) in parallel with ACTA2 (pink/black triangles, n = 4, per condition). MRTF-A was overexpressed throughout in (I). ***p < 0.001, **p < 0.01, and *p < 0.05.
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FIGURE 3. Time-course data, promoter reporter assays, and MRTF-B-YAP cooperation. MRTF-B was overexpressed in different cell types (200 MOI), and cells were harvested at different times. RNA was subsequently isolated, and CHRM3 was measured by RT-qPCR. (A) Shows time-dependent upregulation of CHRM3 in human coronary artery SMCs. Significant increases were seen at times exceeding 48 h, and a 597-fold increase was seen at 120 h (p = 0.0004, n = 3). Because there was no indication that the increase of CHRM3 reached a plateau at longer transduction times, we designed an experiment using even longer incubations in human bladder SMCs (B). Again, there was no tendency of a plateau. Moreover, the maximal increase was somewhat smaller than in coronary artery SMCs. Similar results were obtained in human coronary artery endothelial cells [(C), 200 MOI]. (D) Shows that CHRM3 was reduced by Latrunculin B (100 nM, gray bar) in MRTF-B-transduced ECs. Inspection of the CHRM3 gene locus on chromosome 1 (E) revealed SRF binding (green vertical bars) and TEAD binding (red vertical bars) to many 5' sequences of, and over, the longest transcript (blue). Direct examination of a commercial promoter reporter sequence (NM_000740, transcript variant 2, hg38; chr1+: 239,627,686–239,629,364; TSS = 239,629,073) did not reveal any true CArGs, but 11 motifs with 2 deviations from the classical CArG sequence [CC(A/T)6GG, green highlights, deviations underlined, (F)] were present, along with 9 TEAD motifs [red highlights, (F)]. The transcription start site for the promoter is highlighted in yellow with red lettering. This “CArG-deficient” promoter responded to MRTFs in a luciferase reporter assay (G) run using HEK 293 cells. (H) Shows CHRM3 mRNA expression in MCF10 cells transfected with YAP, MRTF-B, and two MRTF-B mutants; the YBD mutant does not bind YAP, and the SBD mutant does not bind SRF. (I) Shows the effects of YAP and MRTF-B transduction, alone and in combination, on CHRM3 in human coronary artery SMCs. Ct values for CHRM3 were sometimes too high for reliable detection (null and YAP). This is the reason why the sample size is less than n = 6 for CHRM3 in the null and YAP groups, even if six experiments were run for the panel. (J) Shows the effect of the YAP-TEAD inhibitor verteporfin in MRTF-B-transduced coronary artery SMCs. Two samples were lost in the verteporfin group again due to lack of amplification. ****p < 0.0001, ***p < 0.001, **p < 0.01, and *p < 0.05.
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FIGURE 4. MRTF-B increases CHRM3 immunoreactive bands in human coronary artery smooth muscle cells. Protein lysates from human coronary artery SMCs treated with null virus and with MRTF-B virus for 120 h, respectively, were used for Western blotting using an antibody raised against a human CHRM3 in (A). After developing the blot, it was stripped and incubated with HSP90 antibody (shown below) to assess equal protein loading. At least five bands were detected with the CHRM3 antibody, and three bands at ≈170, ≈140, and ≈45 kDa changed significantly with MRTF-B as shown in the compiled analysis in (B). Quantification in (B) was done using the blots in (A). Proteins from the same original lysates were also prepared in non-reducing conditions, to examine if the relationship between bands changed (C). The volume was insufficient for one of the null samples in this experiment (lane 6). Non-reducing conditions favored the 140 kDa band at the expense of the 45 kDa band (D), suggesting multimerization. ****p < 0.0001, ***p < 0.001, and *p < 0.05.
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FIGURE 5. Pharmacological inhibition of MRTF-SRF signaling in organ culture, and knockout of Srf in vivo, reduces M3 receptor expression. To examine if MRTF-SRF signaling regulates muscarinic M3 receptor expression in situ, we first isolated organs from wild-type C57Bl/6 mice. Organs were split in half and maintained for 96 h in organ culture with vehicle (DMSO) or CCG-1423 (10 μM). A clear reduction of Chrm3 relative to the house-keeping gene 18 s was seen in the esophagus (A), but in the remainder of the organs, the house-keeping genes examined declined (not shown). We also found that organ culture of the mouse caudal artery in the presence of CCG-1423 eliminated force development on stimulation with the α1-adrenergic agonist cirazoline (B), suggesting that this experimental paradigm is unsuitable for studying effects on endothelium-dependent dilatation. Mice with SMC-specific knockout of Srf were next obtained by injecting Srffl/fl mice harboring the Myh11-Cre/ERT2 transgene with tamoxifen for 5 consecutive days (knockout: KO). Cre-negative Srffl/fl mice injected with tamoxifen were used as controls (wild-type: WT). Organs were harvested and frozen 10 days after the first injection and transcript levels were determined by RT-qPCR. At this time, body weights were unchanged, but Srf depletion was seen in some organs (C). (D) Shows that Chrm3 was reduced in parallel with Srf in the bladder, but this was not seen elsewhere (not shown). We therefore next used mice at 21 days post tamoxifen. Two control groups were included in this second experiment along with the tamoxifen-treated knockouts (TKO): vehicle-treated Cre-positive mice (VC) and tamoxifen-treated Cre-negative mice (TC). At 21 days, mobility on provocation was reduced, the intestines had started to swell [(E), white arrows], and the urinary bladders were often enlarged [(E), black arrows]. Both Chrm3 and Srf were reduced in the bladder (F) and ileum (G). For the ileum, the two knockouts with the most modest Srf depletion (TKO 173 and TKO 193) are highlighted. No change of Chrm3 was seen in the aorta (H), despite significant Srf depletion. These findings show that MRTF-SRF signaling is critical for Chrm3 expression in gastrointestinal and urogenital organs in vivo. ***p < 0.001, **p < 0.01, and *p < 0.05.
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FIGURE 6. Ca2+ imaging of MRTF-B-transduced human coronary artery SMCs. To examine if MRTF-B transduction increases responsiveness to the muscarinic agonist carbachol, cells were treated as indicated for 5 days in culture. They were subsequently washed and loaded with Fluo-4 and imaged using confocal microscopy. Only a fraction of the cells responded to carbachol [(A), middle], but the responses were larger in MRTF-B-transduced cells. (B, C) Show the 20 cells responding best to carbachol in the experiment in (A). (D) Shows compiled data from three independent experiments with Fluo-4. The Ca2+ signal between 200 and 250 s was significantly increased by prior MRTF-B transduction. (E) Shows intracellular Ca2+ in human coronary artery SMCs after transduction of MRTF-B or null virus, respectively (N = 6), but measured Ca2+ using X-Rhod-1. Error bars in (D,E) represent 95% confidence intervals. ****p < 0.0001 and **p < 0.01.
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FIGURE 7. MRTF distribution across the vascular wall. (A) Shows cell-averaged mRNA expression data for the indicated transcripts in different cerebrovascular cell types. PC, pericytes; SMC, smooth muscle cells; MG, microglia; OL, oligodendrocytes; FB, fibroblasts; EC, endothelial cells; AC, astrocytes; v, venous; cap, capillary; a, arterial; aa, arteriolar; and 1, 2, and 3, subtype. (B) Shows a schematic representation of Myocd in SMCs, Mrtfa in FBs, and Mrtfb in ECs.
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Endothelial cells (ECs) lining the cardiovascular system are subjected to a highly dynamic microenvironment resulting from pulsatile pressure and circulating blood flow. Endothelial cells are remarkably sensitive to these forces, which are transduced to activate signaling pathways to maintain endothelial homeostasis and respond to changes in the environment. Aberrations in these biomechanical stresses, however, can trigger changes in endothelial cell phenotype and function. One process involved in this cellular plasticity is endothelial-to-mesenchymal transition (EndMT). As a result of EndMT, ECs lose cell-cell adhesion, alter their cytoskeletal organization, and gain increased migratory and invasive capabilities. EndMT has long been known to occur during cardiovascular development, but there is now a growing body of evidence also implicating it in many cardiovascular diseases (CVD), often associated with alterations in the cellular mechanical environment. In this review, we highlight the emerging role of shear stress, cyclic strain, matrix stiffness, and composition associated with EndMT in CVD. We first provide an overview of EndMT and context for how ECs sense, transduce, and respond to certain mechanical stimuli. We then describe the biomechanical features of EndMT and the role of mechanically driven EndMT in CVD. Finally, we indicate areas of open investigation to further elucidate the complexity of EndMT in the cardiovascular system. Understanding the mechanistic underpinnings of the mechanobiology of EndMT in CVD can provide insight into new opportunities for identification of novel diagnostic markers and therapeutic interventions.
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INTRODUCTION

Endothelial cells (ECs) comprise a highly heterogeneous population of cells that line the vasculature and the endocardium in the cardiovascular system (Kalluri et al., 2019; Kalucka et al., 2020). The microenvironment of the ECs is extremely dynamic and subject to multiple mechanical stresses, such as shear stress and cyclic stretch associated with pulsatile blood flow (Chien, 2007; Charbonier et al., 2019). These stresses exist on a spectrum and can vary depending on the part of the cardiovascular system, as well as in pathologic vs. physiologic conditions. For example, shear stress under physiological conditions ranges from 10 to 70dynes/cm2 in the arterial system and 1 to 6dynes/cm2 in the venous system. In terms of cyclic strain, the physiologic range is 5 to 10% and strain above 20% is pathological and often observed in hypertension (Peng et al., 2019). In addition to shear stress and cyclic strain, the composition and mechanical properties of the extracellular matrix (ECM) are also crucial to endothelial homeostasis (Iivanainen et al., 2003; Gordon et al., 2020). Perturbations in these biomechanical elements of the microenvironment are sensed by ECs, and these signals are transduced to activate pathways that often result in phenotypic and functional changes (Kovacic et al., 2019). A notable example of this cellular plasticity is when ECs lose their endothelial features and acquire more mesenchymal-like cellular transcripts and functions through a process known as endothelial-to-mesenchymal transition (EndMT). EndMT was originally identified as form of epithelial-to-mesenchymal transition (EMT) playing a key role in the development of the cardiovascular system, but there is burgeoning evidence that it may also contribute to many cardiovascular diseases (CVD; Li et al., 2018; Kovacic et al., 2019). However, it is not yet well quite understood whether EndMT is a consequence of pathological processes involved in CVD or whether it actively contributes to CVD. While this question remains yet to be conclusively answered, the growing evidence linking EndMT to CVD has increased interest in characterizing the molecular and biomechanical changes associated with EndMT. Here, we review the mechanobiology of EndMT in CVD by describing how altered biomechanical factors activate EndMT, detailing the biomechanical hallmarks of EndMT, and summarizing the evidence of mechanically driven EndMT in various pathological contexts (Figure 1).
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FIGURE 1. Overview of mechanobiology of endothelial-to-mesenchymal transition (EndMT) in cardiovascular disease (CVD). (A) Mechanical activators of EndMT. Alterations in matrix stiffness and composition, shear stress, and cyclic strain activate EndMT in endothelial cells. (B) Mechanical hallmarks of EndMT. Following activation of EndMT, there are mechanical changes, such as loss of cell-cell adhesion and increased migration. (C) EndMT in CVD. EndMT is implicated in several CVD processes, with a potential role for biomechanical alterations in each.




OVERVIEW OF ENDMT

EndMT was first described in the context of heart development as important for valve formation and heart septation, which is described in detail in other reviews (Kovacic et al., 2012, 2019; von Gise and Pu, 2012; Zhang et al., 2018). Many signaling pathways are involved in the activation of EndMT, but the most extensively characterized are part of the transforming growth factor β (TGFβ)/bone morphogenetic protein (BMP) superfamily (Cooley et al., 2014; Krenning et al., 2016; Ma et al., 2020a). Other signaling pathways involved in EndMT include Notch and Wnt signaling (Cheng et al., 2013; Piera-Velazquez and Jimenez, 2019). As EMT can occur in the reverse direction through a process known as mesenchymal-to-epithelial transition (Pei et al., 2019), EndMT also has a reverse counterpart known as mesenchymal-to-endothelial transition that has been shown to contribute to neovascularization after cardiac injury (Ubil et al., 2014).

EndMT pathways can be activated through a variety of biochemical and biomechanical stimuli. Because the TGFβ signaling pathways are the most extensively studied in EndMT, many studies utilize TGFβ isoforms as the main stimulus for EndMT induction (Pérez et al., 2017). TGFβ is a multifunctional protein with highly diverse functions in embryonic development, cell proliferation, fibrosis, and regulation of the inflammatory responses. Cells vary in their responses to TGFβ as a function of their differentiation state and their cytokine milieu (Dobaczewski et al., 2011). TGFβ is often used alone as a stimulus for EndMT or in combination with other pro-inflammatory cytokines, such as tumor necrosis factor-α (TNFα) and interleukin-1β (IL1β), to investigate the impact of inflammation on EndMT in various disease models. Since many forms of CVD, including calcific aortic valve disease (CAVD), atherosclerosis, and vascular calcification, are linked to inflammation, there is increasing interest in understanding how inflammation relates to EndMT (Cho et al., 2018). Furthermore, since the cardiovascular system is dynamic and ECs experience various forms of mechanical stresses as discussed in the previous section, the potential of biomechanical alterations to induce EndMT has been investigated as well (Krenning et al., 2016). In cardiovascular pathological states linked to EndMT, such as endocardial fibroelastosis (EFE) where the role of inflammation is potentially less significant, EndMT pathways may be activated predominantly through these aberrant mechanical stresses or other factors that have yet to be well characterized. Since most forms of CVD involve both biomechanical and biochemical alterations, it is likely that there is a multipronged activation of EndMT pathways.


Heterogeneous Responses to EndMT Stimuli

EC responses to EndMT-promoting stimuli are highly heterogeneous and are dependent on multiple factors (Pinto et al., 2016; Cho et al., 2018). For example, differences in patterns of gene expression were observed when comparing treatment with TNFα of human microvascular ECs (HMECs) vs. macrovascular human umbilical vein endothelial cells (HUVECs; Viemann et al., 2006). With regards to how arterial and venous ECs respond to treatment with EndMT-promoting biochemical stimuli, a recent study demonstrated that co-treatment of HUVECs and human pulmonary artery endothelial cells with TGFβ2 (10ng/ml) and IL1β (1ng/ml) for 7days led to EndMT induction but treatment with TGFβ2 (10ng/ml) or IL1β (1ng/ml) alone did not (Monteiro et al., 2021). In contrast, another study indicated that treatment of primary human coronary aortic endothelial cells with IL-1β (10ng/ml) is sufficient to induce EndMT after 24h (Sánchez-Duffhues et al., 2019). Like these findings, one study recently reported that treatment of HMECs with TNFα led to induction of EndMT in a dose-dependent manner from 20 to 100ng/ml at 96h (Adjuto-Saccone et al., 2021) but a previous study indicated that treatment of human intestinal microvascular endothelial cells with TNFα did not induce EndMT even after 6days (Rieder et al., 2011). These findings highlight the challenge with determining optimal methods of inducing EndMT for in vitro experiments due to the heterogeneity in EC responses to these stimuli that depend on multiple factors including EC subtype and dose of stimuli. A deeper characterization of the differential properties of these EC populations is needed.

Like variations in responses to treatment with inflammatory cytokines and growth factors, ECs are also influenced differentially by biomechanical stimuli, such as flow. There are multiple mechanical stresses in the cardiovascular system that are highly variable under physiological and pathological conditions. It has been shown the pattern of expression of adhesion molecules and immune cell adhesion varied not only on which vascular bed the ECs were derived from but also on whether the ECs were exposed to arterial or venous flow profiles (Methe et al., 2007). The heterogeneity in responses to biomechanical and biochemical stimuli that promote EndMT based on EC subtype is an important consideration for the study of EndMT and further work is required to better characterize the molecular mechanisms that govern these differences.



Mechanical Regulators of EndMT, Mechanosensing, and Mechanotransduction

As discussed in the previous section, EndMT can be induced by various biochemical and biomechanical triggers in the EC microenvironment. Understanding how ECs sense and respond to mechanical forces has been a key focus of vascular biology and is covered extensively in other reviews (Chien, 2007; Krenning et al., 2016; Gordon et al., 2020). Here, we focus on how shear stress, cyclic strain and matrix stiffness, and composition regulate EndMT in CVD, and this section briefly describes how ECs sense and respond to these mechanical stresses that may be more relevant in the context of EndMT.

EC mechanosensors for detecting cyclic strain include stretch-sensitive ion channels and G-protein coupled receptors-like Gαq/11 (Naruse and Sokabe, 1993; Clark et al., 2002). Of note, uniaxial cyclic strain (10%) resulted in conformational change of stretch-sensitive calcium ion channels, such as TRPV4, of capillary ECs through integrin-ECM adhesions. This conformational change resulted in the activation of phosphatidyl inositol-3-kinase (PI3K) and downstream signaling pathways, which led to Rho and Rho-associated kinase (ROCK) mediated focal adhesion and stress fiber remodeling in a direction perpendicular to the applied tension field (Thodeti et al., 2009). This cytoskeletal reorientation is crucial for directional EC migration, which is a feature of EndMT (Lamalice et al., 2007; Clere et al., 2020).

EC responses to cyclic stretch, matrix stiffness, and shear stress are also mediated by integrins and vascular endothelial cadherin (VE-Cadherin; Schwartz and DeSimone, 2008; Tian et al., 2016). VE-Cadherin is the main cell-cell adhesion molecule in the EC monolayer. Mechanical loading of VE-Cadherin triggered cytoskeletal remodeling, which resulted in a force-dependent increase in cellular stiffness, disruption of peripheral junctions, and decrease in focal adhesions through a mechanism that involves ROCK1 and PI3K (Barry et al., 2015). Furthermore, loading of VE-cadherin also increased integrin-dependent cell contractility and disrupted cell-matrix adhesions (Andresen Eguiluz et al., 2017). Because hallmarks of EndMT include cytoskeletal remodeling and disruption of cell-cell junctions, VE-Cadherin likely plays an important role in modulating the responses of ECs to alterations in cyclic stretch, shear stress, and matrix stiffness that can initially activate EndMT pathways.

While the role of these ion channels, receptors, and integrins that are known to be mechanosensors has yet to be fully elucidated in the context of EndMT, a recent study has demonstrated that the receptor Alk5 and downstream Shc were crucial to sensing shear stress and modulating EndMT in atherosclerosis (Mehta et al., 2021). The details of this study are further discussed in Section 5.1. This is the first report of a mechanosensor and mechanotransduction pathway specifically implicated in EndMT. Further work is required to characterize how mechanical signals are detected in EndMT and specifically, which mechanotransduction pathways directly activate or suppress EndMT pathways.



Markers of EndMT

The general description of EndMT broadly involves the loss of endothelial cellular features and gain of mesenchymal characteristics. The loss of VE-Cadherin is an important marker of EndMT progression. In addition to reduced VE-Cadherin expression, the decrease in expression of CD31, von Willebrand Factor (vWF), and endothelial nitric oxide synthase 3 also indicates the loss of the endothelial cellular phenotype, and the increase in expression of markers, such as α-smooth muscle actin (α-SMA), calponin, transgelin (SM22α), vimentin, and versican, denotes the transition to a mesenchymal state (Table 1; Dejana et al., 2017; Sánchez-Duffhues et al., 2018).



TABLE 1. Endothelial and mesenchymal markers.
[image: Table1]

However, there is a lack of consensus of an exact molecular and functional definition of EndMT (Kovacic et al., 2019). This is because the expression of these markers is time-dependent and can be variable, which poses a challenge in assessing the presence of EndMT primarily through marker expression. For example, RNA sequencing of HUVECs exposed to low, oscillatory shear stress (OSS; 0.5±5dyne/cm2), a potent inducer of EndMT, revealed that endothelial marker genes NOS3, VWF, and CD34 were downregulated as early as 6h after exposure to OSS, whereas mesenchymal marker genes CDH2, TPM1, and FBLN5 began to be upregulated around 12h (Ajami et al., 2017). In contrast, results from another similar RNA sequencing study indicated when HUVECs were subject to OSS (1±4dyne/cm2) for 24h, there was no significant effect on the expression of endothelial markers vWF, CD31, Tie2, vascular endothelial growth factor receptor 2, and VE-Cadherin, whereas exposure to pulsatile shear stress, which is protective against EndMT, upregulated the expression of these specific markers (Lai et al., 2018). However, this study found that OSS did increase mRNA levels of mesenchymal markers, such as N-Cadherin and connective tissue growth factor (CTGF). Interestingly, the authors found that quantitative PCR but not RNA sequencing data demonstrated the induction of vimentin by OSS. The variability in findings from these two studies underscore the challenge in utilizing expression of various markers associated with the endothelial and mesenchymal phenotypes as the primary means of assessing EndMT progression.



Endothelial Monolayer Disruption, Invasion, and Migration During EndMT

In addition to the changes in expression of endothelial and mesenchymal markers during EndMT, there are physical changes that occur, such as cytoskeletal remodeling, loss of cell-cell adhesion, and cellular polarity (Gasparics et al., 2016). In the early stages of EndMT, a decrease in intercellular adhesion forces in the endothelial monolayer along with an increase in cellular stiffness has been reported (Sancho et al., 2017). However, parallel processes in EMT suggest that a decrease in cellular stiffness may be important for migration (Osborne et al., 2014), though this has not yet been extensively studied.

Cellular stiffness and the related property of deformability are often used to describe the mechanophenotype of a cell (Kozminsky and Sohn, 2020). For example, induction of EMT in human ovarian cancer cells demonstrated marked differences in the mechanophenotype of epithelial vs. mesenchymal cells, which correlated with EMT-mediated changes in epithelial and mesenchymal markers. The mesenchymal transformed cells were more deformable, and the parallel microfiltration technique used to assess the mechanophenotype of these transformed cells was able to determine whether cells are more mesenchymal or epithelial based on deformability alone (Qi et al., 2015). This technique along with similar microfluidic approaches that allow for monitoring of the dynamic cellular mechanophenotype may be promising label-free methods of overcoming the challenges associated with using cell surface markers as the primary means of assessing EndMT.

Following disruption of the cell-cell adhesions that constrain the ECs in the monolayer, ECs invade and migrate through the ECM, which requires degradation of the ECM and increased cellular motility. While the mechanisms of matrix invasion and migration during EndMT in CVD are not well characterized, there are elements from cancer biology that may be relevant. Tumor cells exhibit two types of cellular motility: (1) a mesenchymal pattern facilitated by matrix metalloproteinases (MMPs), which promotes degradation of the ECM and (2) an amoeboid pattern mediated by Rho/ROCK cytoskeletal contraction (Panková et al., 2010). When TGFβ2 was added to human dermal microvascular ECs, they transitioned to an intermediate mesenchymal state and upregulated the expression of MMP-2 which was proteolytically active (Kryczka et al., 2017). They also showed that this upregulation of MMP-2 was associated with an increase in the motility of the cells undergoing EndMT. Furthermore, inhibition of both MMP-2 and ROCK reduced their motility during EndMT. These results suggest that the increased motility of dermal microvascular ECs during EndMT may be a mixed subtype of the amoeboid and mesenchymal types of migration since it is dependent both on MMP-2 and Rho/ROCK.



Paracrine Role of MMPs in EndMT

Interestingly, MMPs expressed by other cells in the vicinity of ECs may play a regulatory role in EndMT. In an animal model of myocardial infarction (MI), MMP14 expressed in macrophages induced their release of TGFβ1, which subsequently resulted in activation of SMAD2-mediated EndMT pathways in nearby ECs through paracrine signaling. MMP14 silencing in vivo corresponded with decreased collagen deposition and cardiac fibrosis after MI (Alonso-Herranz et al., 2020; Lim, 2021). Furthermore, with MMP14 silencing, there was reduced left ventricular dysfunction and dilatation and greater preservation of vascular supply in the cardiac tissue following ischemic injury. When MMP14 was inactivated in these macrophages in vitro, there was decreased EndMT. The decreased EndMT following inactivation of MMP14 in these cardiac macrophages may explain the effects of the attenuation of maladaptive sequelae of ischemic injury observed with MMP14 silencing in vivo. Thus, MMPs may play an important role in not only facilitating motility of ECs undergoing EndMT, but also in activating EndMT through indirect paracrine signaling.



EndMT Continuum

The phenotypic alterations associated with EndMT appear to exist on a continuum (Figure 2). In an intermediate stage of EndMT, or partial EndMT, both endothelial and mesenchymal features may be present, while complete EndMT indicates an essentially entirely mesenchymal state (Dejana and Lampugnani, 2018; Bischoff, 2019). Partial EndMT is thought to play a physiological role in angiogenesis, where ECs lack apical-basal polarity and degrade the ECM but retain some cell-cell adhesion and migrate as a chain of cells instead of as individual cells (Welch-Reardon et al., 2015). Interestingly, a recent study reported a transient mesenchymal activation of ECs along with metabolic adaptions in the first week after MI that was not sustained long term (Tombor et al., 2020, 2021). Furthermore, removal of EndMT-promoting stimuli resulted in a reversal of the mesenchymal phenotype in vitro. It is hypothesized that this transient EndMT allows for ECs to migrate and participate in vascularization of ischemic areas. This partial activation has been termed as endothelial-to-mesenchymal activation and opens new avenues of inquiry into how EndMT may not only be a mechanism of maladaptive remodeling following ischemic injury but could also positively influence the healing response through revascularization of ischemic tissue.
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FIGURE 2. The EndMT continuum. EndMT is thought to exist on a spectrum with evidence for partial activation of EndMT that may be reversed with removal of the EndMT stimuli. Endothelial cells that have undergone partial EndMT can migrate as a chain without loss of cell-cell adhesion. ECs that undergo EndMT can also migrate as individual cells. Complete EndMT is defined as the presence of an entirely mesenchymal state. The progression of EndMT is evaluated by the monitoring the expression of various endothelial and mesenchymal markers, with ECs that have undergone partial EndMT expressing some level of both types of markers.


The sequence and progression of EndMT are still not yet well understood. In a pathological context of pulmonary arterial hypertension (PAH), cell lineage tracing allowed for the identification of cells in both partial and complete EndMT states with distinct patterns of marker expression and functional properties (Suzuki et al., 2017). The cells classified as partial EndMT cells demonstrated higher expression of endothelial progenitor cell markers, such as CD133/Prom1 and CD34, whereas the cells classified as complete EndMT cells did not express these markers but instead expressed Sca-1 and CD105, which are mesenchymal stem cell markers. Furthermore, these complete EndMT cells exhibited higher proliferative and migratory capacity, as well as an additional role in promoting the proliferation of non-endothelium-derived mesenchymal cells through paracrine signaling, suggesting both direct and indirect roles in the pathogenesis of PAH. Though there was coexistence of cells in both partial and complete EndMT states, it was not clear whether cells had to progress through the partial EndMT state to reach the complete EndMT state. EndMT is a complex and multifaceted phenomenon with multiple activators and signaling pathways involved, and the progression of EndMT requires further elucidation.




VALVE DEVELOPMENT AND PATHOLOGY

EndMT is crucial to the formation of the atrioventricular valves and the outflow tract (OFT). Abnormalities in OFT development can result in congenital heart diseases (CHD), such as conotruncal defects (CTD). In patients with CTD, SOX7 mutations have been identified and additional in vitro studies demonstrated that SOX7 mutations can lead to impaired EndMT via regulation of VE-Cadherin, indicating that the inhibition of EndMT during development may contribute to CTD (Jiang et al., 2021).

There are important mechanical forces that regulate EndMT in normal OFT development (Hove et al., 2003; Bartman et al., 2004; Kalogirou et al., 2014). Aberrations in contractile and hemodynamic forces lead to abnormalities in OFT development that may also contribute to CHD. During the formation of the OFT, increases in wall shear stress resulted in greater Notch1b signaling and EndMT, which then led to ventriculobulbar (VB) valve hyperplasia. In contrast, decreases in contractile forces reduced Notch1b signaling and EndMT, which subsequently resulted in VB valve underdevelopment (Hsu et al., 2019).

In addition to contributing to abnormalities of valve development associated with CHD, EndMT is also involved in other pathological settings of the valves. The following sections describe the role of EndMT in CAVD and ischemic mitral regurgitation (IMR) and how various types of biomechanical alterations can regulate EndMT of valvular ECs.


Calcific Aortic Valve Disease

Calcific aortic valve disease is the third most prevalent cause of CVD (Yutzey et al., 2014). The pathophysiological features of CAVD include aberrant collagen orientation, leaflet thickening, and fibrosis, which can result in hemodynamic abnormalities eventually necessitating valve replacement. Additionally, an active area of investigation is the role of inflammation as one of the underlying mechanisms that drives the initiation and progression of valvular calcification in CAVD (Lim et al., 2016). While initially believed to be a passive, degenerative process, there is now more evidence indicating that valvular calcification is an active and dynamically regulated process with multiple cell types playing a role (Ma et al., 2020b). It is thought that dysregulation of EndMT causes differentiation of resident cells into the osteogenic and fibrotic cell types that result in the calcified, stiff aortic valve leaflets observed in CAVD.

The aortic valve leaflet has a trilaminar structure and is broadly composed of two types of cells: valvular endothelial cells (VECs) and valvular interstitial cells (VICs). Interactions between these cells contribute to the formation of calcific lesions (Figure 3A). Indirect coculture of VECs and VICs in hydrogels with equi-biaxial mechanical constraint and supplementation of osteogenic differentiation factors demonstrated that VECs promote enhanced calcification and pathological remodeling of VICs via EndMT and osteogenic differentiation when compared to hydrogels seeded with VICs only (Gee et al., 2021). Furthermore, when porcine aortic VECs were treated with TNFα and cultured on a three-dimensional system that allowed transforming and non-transforming cells to be independently isolated and characterized, both non-transformed cells that maintained control levels of endothelial VE-cadherin and eNOS and transformed cells that lost these endothelial characteristics and had increased expression of α-SMA were identified. These results suggest that only a certain subset of VECs may be susceptible to undergoing EndMT under conditions of inflammation and that interactions between non-transformed and transformed cells may also be an important factor in CAVD pathogenesis in addition to interactions between VECs and VICs (Farrar and Butcher, 2014).
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FIGURE 3. Mechanical modulation of EndMT in valvular endothelial cells (VECs). (A) Aortic valve structure, cell types, and interactions. The aortic valve is a trilaminar structure with valvular interstitial cells (VICs) sandwiched in between two layers of VECs. Interactions between the VICs and VECs and EndMT are both important in valvular calcification. (B) Cyclic strain. Cyclic strain induces greater extent of EndMT when applied orthogonally to the alignment of the valve endothelium and the pathways activated are magnitude dependent. When VECs are subject to 10% cyclic strain, EndMT is activated via TGFβ1 signaling, whereas 20% cyclic strain promotes EndMT via Wnt/β-Catenin signaling. (C) Shear stress. Low steady shear stress (SSS) and oscillatory shear stress (OSS) promote EndMT, whereas high SSS is protective against EndMT. Calcification is more common on the fibrosa side where VECs are exposed to low SSS or OSS than on the ventricularis side where VECs are subject to high SSS. (D) Matrix composition and stiffness. Increasing matrix stiffness and increased glycosaminoglycans (GAGs) content promote EndMT.


While these studies highlight how different cell types interact in the context of EndMT in CAVD, the lineages of the cell types present in calcific lesions in CAVD was not explored. However, a recent single-cell RNA sequencing study detailing a transcriptomic atlas of human aortic valves from both healthy and CAVD patient samples not only demonstrated remarkable cellular heterogeneity in the aortic valve leaflets but also provided more direct evidence of EndMT as the process that leads to the differentiation of resident VICs and VECs into newly identified valve-derived stromal cells that are prominent in only the CAVD samples (Xu et al., 2020). The pseudotime trajectory analysis along with other cellular localization experiments performed in this study suggests that EndMT was actively involved in the thickening of the calcified aortic valve leaflets, rather than a consequence of the CAVD process.



Mechanical Modulation of Valvular EndMT

While single-cell RNA sequencing allowed for the identification of distinct subpopulations of cells and suggested that EndMT contributes to this cellular heterogeneity in human CAVD, it did not provide mechanistic insight into what initiates and promotes EndMT of the resident VECs and differentiation of VICs. This is not yet well understood, but there are studies that have characterized the effect of varying cyclic strain, shear stress, matrix stiffness, cell-cell, and cell-matrix interactions on VECs, VICs, and EndMT (Figure 3). These studies indicated that VECs can undergo EndMT under a variety of conditions, and it is likely that a combination of these factors play a role in promoting EndMT that ultimately drive the initiation and progression of CAVD. It is important to note that many of these studies aim to elucidate the impact of modulating various mechanical parameters on EndMT of VECs in general. Therefore, the findings may be applicable to other valvular pathologies that involve EndMT beyond CAVD.

Cyclic strain induces EndMT of VECs in a magnitude and direction-dependent manner (Figure 3B). When VECs were subjected to low strain (10%) representing physiologic conditions, there was increased expression of the mesenchymal marker α-SMA and downregulation of endothelial markers VE-Cadherin and CD31, in addition to increased TGFβ1 signaling. Under conditions of high strain (20%) mimicking pathological conditions, the expression of these markers was modulated via increased Wnt/β-catenin signaling (Balachandran et al., 2011). Furthermore, the authors found that cyclic strain applied orthogonally to the alignment of the valve endothelium resulted in more pronounced disruption of cellular microarchitecture, more extensive EndMT, increased contractility in the presence of endothelin-1, and greater basal mechanical tone.

In addition to cyclic strain, VECs also experience different hemodynamic stresses due to pulsatile blood flow (Figure 3C). VECs subjected to low steady shear stress (SSS; 2dyne/cm2) and OSS demonstrated increased expression of EndMT-related markers Snail and α-SMA, TGFβ1 along with inflammation-related markers ICAM1 and NF-κB1, when compared to cells exposed to high SSS (10 and 20dyne/cm2) or static conditions (Mahler et al., 2014). Furthermore, VECs exposed to low SSS condition demonstrated increased matrix invasion. The cells also elongated and aligned perpendicularly to the laminar SSS but not the OSS. These results were consistent with the observation of EndMT on the fibrosa side (facing the aorta) where cells experience low OSS and thought to be the initiating site of inflammation and calcification (Mohler, 2004), whereas EndMT is not observed on ventricularis side (facing the left ventricle) which is exposed to high SSS (Mahler et al., 2013). While these conditions of shear stress utilized may not recapitulate physiological or pathophysiological conditions precisely, these results nonetheless highlight why low SSS or OSS promotes inflammation and EndMT, whereas high SSS is protective against EndMT of VECs.

The components and mechanical properties of the ECM of VECs are also important factors that modulate EndMT (Figure 3D). In healthy porcine aortic valve tissue, the fibrosa side has been reported to be stiffer with effective Young’s moduli >3kPa, whereas the ventricularis side is softer with effective Young’s moduli <0.5kPa (Zhao et al., 2011). When healthy porcine aortic VECs were seeded into stiffer gel matrices (~37–50kPa), they demonstrated greater expression of EndMT-related markers, such as α-SMA, than cells that were seeded into less stiff gel matrices (~2–5kPa). This suggests that increasing matrix stiffness alone can induce mesenchymal transformation of healthy VECs (Dahal et al., 2017). Furthermore, they found that the presence of glycosaminoglycans (GAGs) in the ECM increased the expression of EndMT-related markers when comparing cells seeded into matrices of similar stiffness. GAGs weakened the cell-ECM adhesion strength, altered ECM binding, and influenced production of collagen I and GAGs by the newly transitioned mesenchymal cells.

The effects of matrix stiffness on EndMT of VECs involve the ERK1/2 and Wnt/β-catenin signaling pathways. When VECs seeded in collagen gels with and without GAGs were treated with the ERK1/2 inhibitor U0126, there was a significant downregulation of EndMT markers and diminished cell invasion into the matrix (Dahal et al., 2017). For VECs seeded into silicone Sylgard 527 substrates, the addition of TGFβ1 preferentially promoted EndMT on VECs seeded into stiffer substrates as demonstrated by enhanced expression mesenchymal α-SMA (Zhong et al., 2018). In these cells, the authors also observed greater β-catenin nuclear translocation. However, treatment of VECs with TGFβ1 and endostatin, which degrades β-catenin, did not reduce disruption of the endothelial monolayer, morphological changes related to EndMT, or loss of VE-cadherin localization to the cell membrane but did significantly reduce the expression of α-SMA. This suggests that β-catenin signaling does not play a role in initiating EndMT in VECs but is required for TGFβ1 mediated transformation of VECs to myofibroblasts.



Ischemic Mitral Regurgitation

Ischemic mitral regurgitation (IMR) is a prevalent cause of valvular disease and is a consequence of leaflet tethering following papillary displacement due to left ventricle dilation after MI (Marwick et al., 2009). Tethering of mitral valve leaflets 8weeks after MI resulted in notable permanent radial deformation of the leaflets, which led to a complete loss of mechanical anisotropy, significant decrease in radial peak strain, and an increase in the collagen and GAG mass fraction (Howsmon et al., 2020; Figure 4). Furthermore, tethered leaflets also stained positively for EndMT-related markers, with more extensive presence of EndMT when there was MI in addition to leaflet tethering (Dal-Bianco et al., 2009, 2016), suggesting that these altered biomechanical stresses may trigger EndMT of mitral VECs.
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FIGURE 4. Leaflet tethering and EndMT in ischemic mitral regurgitation (IMR). (A). Organ. After a myocardial infarction, the heart often dilates, which causes tethering of the mitral valves that can lead to IMR. (B) Valve. Tethering distends the leaflet predominantly in the radial direction. (C) Tissue. Leaflet tethering alters the mitral valve matrix composition by increasing the collagen mass fraction and decreasing the GAG mass fraction. However, the elastic mass fraction does not change. (D) Cell. These biomechanical alterations of the valve leaflet may trigger EndMT of the mitral valve endothelial cells via mechanisms that involve TGFβ signaling and CD45. Inhibiting TGFβ with losartan or CD45 with a CD45 inhibitor reduces EndMT and associated maladaptive responses observed in IMR. In addition to EndMT of VECs, VICs also appear rounder and immune cells may infiltrate. (Adapted with permission from Howsmon et al., 2020).


In a model of leaflet tethering with MI, treatment with losartan reduced the fibrosis and thickening of the mitral valve, suggesting that losartan, which has been associated with inhibition of TGFβ signaling, may partially limit the EndMT-mediated maladaptive response of mitral VECs after MI that eventually leads to IMR (Bartko et al., 2017). Their subsequent studies of how mitral VECs respond in post-infarct conditions revealed an increase in expression of CD45, a protein tyrosine phosphatase, in addition to EndMT-related markers α-SMA and VE-cadherin in mitral valve leaflets. This was also replicated in vitro when addition of TGFβ to mitral VECs induced increased expression of CD45 and α-SMA (Bischoff et al., 2016). Inhibiting CD45 reduced expression of α-SMA, indicating that CD45 may regulate EndMT involved in fibrosis and thickening of mitral valve leaflets in IMR. Targeting various aspects of the EndMT pathways at either the level of TGFβ or CD45 can potentially be a promising method of inhibiting the maladaptive response of mitral VECs to altered mechanical stresses that are associated with the development and progression of IMR. Alternatively, surgical approaches, such as plication of the infarct region that decrease tethering distance and subsequently reduce stretch (Liel-Cohen et al., 2000), may prevent the induction of EndMT pathways that result in the progressive fibrosing and thickening of the mitral valve leaflets.




ENDOCARDIAL FIBROELASTOSIS AND CARDIAC FIBROSIS

Mitral regurgitation and other valvular pathologies, such as mitral stenosis and aortic insufficiency, can lead to the formation of flow jets (Maganti et al., 2010) that alter the hemodynamic stresses experienced by ECs lining the endocardium, which may subsequently promote EndMT of endocardial ECs. In samples from patients with flow disturbances due to stenotic or incompetent valves, there was evidence of EFE in regions where there was exposure to disturbed flow (d-flow) patterns (Weixler et al., 2020). Further staining for EndMT-related markers in those areas demonstrated increased expression of α-SMA, suggesting that EFE may be due to EndMT induced by d-flow patterns and altered shear stress from the valvular defects. In patients with hypoplastic left heart syndrome, EFE progression occurred despite surgical resection if the valvular defect was not addressed. The evidence of EndMT in EFE is consistent with other studies that have correlated increased EndMT in EFE via a mechanism that in part involved transcriptional suppression of BMP5 and BMP7 due to abnormal promoter methylation (Xu et al., 2015). While these studies linking EndMT to EFE have increased interest in targeting EndMT as a therapeutic approach, other studies suggest that the fibroblasts present in EFE tissues may arise from embryonic EMT rather than EndMT (Zhang et al., 2017).

EFE is a subtype of cardiac fibrosis. The role of EndMT in cardiac fibrosis more broadly has been debated. Early studies indicated that the majority of fibroblasts that appeared after cardiac injury was derived from EndMT (Zeisberg et al., 2007) and subsequent ones contrarily suggested that fibroblasts did not arise singularly from one specific differentiation program (Ali et al., 2014; Fu et al., 2018). The extent to which EndMT contributes to the cardiac fibrosis and the mechanical regulators of these processes merit further investigation.



VASCULAR DISEASE: ATHEROSCLEROSIS, VASCULAR CALCIFICATION, AND ARTERIAL STIFFENING

Broadly, atherosclerosis and arterial stiffening are distinct but interrelated pathologies in which EndMT may play a role. The following sections highlight emerging evidence indicating the presence of EndMT in these vascular pathologies.


Atherosclerosis and Vascular Calcification

Atherosclerosis is the most prevalent underlying cause of many types of CVD. Broadly, atherosclerosis refers to the progressive accumulation of fat and fibrous content in the intima of the arteries. Over time, the atherosclerotic plaques become more fibrous and undergo calcification (Mohler, 2004; Chen et al., 2020). The plaques often are unstable, and their rupture leads to the formation of thrombi that can occlude the vasculature and lead to acute ischemia. In advanced atherosclerosis, the plaque may cause hemodynamic disturbances by narrowing the arterial lumen. This narrowing impedes blood blow and can also result in ischemia (Libby et al., 2019).

The mechanisms underlying the pathophysiology of atherosclerosis involve multiple cell types, including ECs, fibroblasts, smooth muscle cells, macrophages, and other immune cells. Due to the high prevalence and potential serious consequences of atherosclerosis, there has been immense interest in understanding not only how these various cell types contribute to pathologic progression but also their differentiation trajectories, as well. EndMT is thought to be one key process that leads to the differentiation of resident ECs into pro-atherogenic cells (Chen et al., 2020). Early studies indicated a potential role of EndMT in atherosclerosis by demonstrating the presence of EndMT-related markers in human atherosclerotic lesions and identified hemodynamic alterations as a crucial mediator of EndMT via fibroblast growth factor receptor 1 signaling (Chen et al., 2015). Recent single-cell transcriptomic analyses detailing the microanatomy of advanced human atherosclerotic plaques have substantiated the evidence that EndMT may play an active role in the development and progression of atherosclerosis by identifying distinct clusters of ECs in atherosclerotic lesions that demonstrated both smooth muscle and endothelial cellular features (Depuydt et al., 2020).

Atherosclerotic lesions tend to initiate in areas of the vasculature exposed to d-flow, which is a hemodynamic profile characterized by low, OSS (Dai et al., 2004; Figure 5). D-flow is linked to EC dysfunction and an atheroprone phenotype. In contrast, stable flow (s-flow) characterized by unidirectional, high laminar shear stress that can either be pulsatile or nonpulsatile is thought to be crucial to EC homeostasis and atheroprotection. Many sensors and pathways involved in transducing hemodynamic signals in ECs have been identified. Of note, Piezo1 is a mechanosensor that modulates responses to s-flow and d-flow differentially (Demos et al., 2020). Piezo1 is a nonselective cation channel that is permeable to calcium. In response to s-flow, Piezo1 activated the PI3K-eNOS pathway involved in atheroprotection. In contrast, d-flow resulted in the activation of the NF-κB pathway associated with a pro-atherogenic phenotype. This pathway involved Piezo 1-dependent activation of annexin A2, which bound integrin α5 and led to subsequent translocation of the complex to lipid rafts (Zhang et al., 2020). There integrin α5 was activated and led to the stimulation of the NF-κB pathway, which resulted in inflammation and formation of atherosclerotic plaques. Because NF-κB is a pathway that is known to be important to inflammation-mediated EndMT (Maleszewska et al., 2013; Pérez et al., 2017), Piezo-1 may play an important mechanosensory role in modulating d-flow induced EndMT in atherosclerosis.
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FIGURE 5. Disturbed flow (d-flow), EndMT, and plaque stability in atherosclerosis. (A) d-flow that occurs at the lesser curvature of the aortic arch is atherogenic, whereas stable flow typically presents in the descending aorta is atheroprotective (EndICLT). (B) The mechanosensor Piezo1 is crucial to the differential responses to these hemodynamic profiles. In response to d-flow, Piezo1 activates the NF-κB pathway, which is known to be important to inflammation-mediated EndMT. In addition to EndMT, d-flow also activates of endothelial-to-immune-cell-like transition. The mechanosensor Alk5 and associated protein Shc have been directly linked to activation of Smad-2 mediated EndMT pathways in response to d-flow in atherosclerosis. (C) EndMT can contribute to both plaque instability and plaque stability depending on whether EndMT results in transition of ECs to fibroblast-like cell types with increased matrix metalloproteinase expression or to myofibroblasts.


While the role of Piezo1 in EndMT specifically is not yet known, Alk5 is a receptor that has been recently identified as crucial to modulating EndMT induced by d-flow in atherosclerosis (Mehta et al., 2021, 5). Results from this study demonstrated that depletion of Alk5 reduces shear stress-induced EndMT signaling, which involves activation of Smad2 and downstream upregulation of mesenchymal and ECM genes. Alk5 associated with Shc in response to shear stress and modulated EndMT in vitro and in vivo. Furthermore, deletion of Shc reduced atherosclerotic plaque formation in areas of d-flow in vivo. These findings highlight Alk5 and Shc as crucial to mediating the EndMT response in areas of d-flow prone to atherosclerotic plaque formation. Interestingly, tensional force and reconstitution experiments identified Alk5 as mechanosensor unique and sufficient for activation of Smad2 with functions independent of mechanosensors, such as PlxnD1, which plays a role in d-flow induced atherosclerosis (Mehta et al., 2020), and PECAM-1. While these experiments indicated that Alk5 leads to activation of Smad2 which is crucial to a pathway involved in EndMT even in cells that do not express PlxnD1 and PECAM-1, these other mechanosensors may still play a role in activation of other EndMT pathways independent of Smad2. Further work is required to characterize the role of other shear-sensitive mechanosensors in EndMT in atherosclerosis.

In regions exposed to d-flow, the transcription factor TWIST was expressed preferentially and contributed to activating pathways involved in inflammation, EC proliferation, and EndMT (Mahmoud et al., 2016). Downstream of TWIST, EndMT induced by low shear stress associated with d-flow involved the transcription factor Snail (Mahmoud et al., 2017). In contrast, high laminar shear stress associated with s-flow was atheroprotective through the activation of Krüppel-like factor 2 and 5 via Erk5 signaling (Moonen et al., 2015). EndMT induced by d-flow was inhibited via activation of Erk5.

In addition to promoting atherogenesis, EndMT also contributed to the calcification of atherosclerotic lesions through a mechanism partially mediated by sex-determining region Y-box 2 (SOX2; Boström et al., 2016). The role of inflammation and EndMT in calcification was also investigated by treating human aortic endothelial cells (HAECs) with TNFα and IL-1β to induce EndMT. These transformed cells then underwent osteogenic differentiation in response to BM9. It was found that BMPR2 downregulation and JNK activation were key events in BMP-9 induced mineralization (Sánchez-Duffhues et al., 2019). Activation of BMP signaling also induced the expression of serine proteases, such as elastases and kallikreins, which then triggered EndMT of HAECs. Activation of BMP signaling also induced the expression of serine proteases, such as elastases and kallikreins, which then triggered EndMT of HAECs through a pathway that involved mutual regulation of SOX2 and TWIST (Yao et al., 2015). Furthermore, endothelial-specific deletion of SOX2 in vivo decreased expression of these serine proteases, EndMT, and aortic calcification, suggesting the crucial role of SOX2 in vascular calcification.

Calcified atherosclerotic plaques can be either unstable or stable, and considerable effort has gone into understanding the mechanisms behind plaque rupture vulnerability (Bentzon et al., 2014). Atherosclerotic plaques that are particularly unstable and more prone to rupture demonstrated greater extent of EndMT (Figure 5), which caused ECs to differentiate into fibroblast-like cell types with increased expression of MMPs that contributed to plaque instability (Evrard et al., 2016). On the other hand, EndMT may also contribute to plaque stability. EndMT resulted in the differentiation of ECs into myofibroblast-like cells that populated the thick fibrous cap associated with stable atherosclerotic plaques (Newman et al., 2021).

Along with activation of EndMT pathways, d-flow can also activate pathways that lead ECs to differentiate into other pro-atherogenic cell types. Single-cell RNA sequencing of ECs exposed to d-flow led to the identification of multiple pro-atherogenic cell types, including pro-inflammatory cells, hematopoietic stem cells, endothelial progenitor cells, and immune cell-like phenotypes (Andueza et al., 2020). This remarkable plasticity of ECs in response to d-flow demonstrates how the development and progression of atherosclerotic plaques may involve a complex interplay between multiple pro-inflammatory cell types that arise when the vasculature is exposed to certain hemodynamic stresses. Moreover, the results from this study indicate that certain ECs are more susceptible to undergoing EndMT while others undergo endothelial-to-immune-cell-like transition. Understanding the factors that govern the fate of ECs and determine what type of transition is activated in response to d-flow may be an important consideration to develop targeted therapeutic approaches for atherosclerosis.



Arterial Stiffening

D-flow can also lead to arterial stiffening in the absence of atherosclerosis through a mechanism that partially involved the stimulation of profibrotic genes by thrombospondin-1 (Kim Chan Kim et al., 2017). Certain ECs, such as HUVECs, responded to increased stiffening by upregulating expression of TGF-β2 and enhancing cell-matrix traction stresses (Bastounis et al., 2019). This increase in TGFβ2 signaling may result in the activation of EndMT pathways, which contribute to EC dysfunction. EndMT as a response to increased stiffness is partially mediated by Glypican 1, a core protein in the glycocalyx layer. HUVECs cultured on polyacrylamide (PA) gels of substrate stiffness 10kPa, which approximates subendothelial stiffness of aged, unhealthy arteries, demonstrated decreased glycocalyx expression, and increased expression of EndMT markers when compared to cells cultured on softer PA gels (2.5kPa), which approximates the subendothelial stiffness of young, healthy arteries. The EndMT-related markers that are upregulated are N-cadherin, α-SMA, and Snail, but interestingly, there was no difference in the expression of CD31 on cells cultured on soft vs. stiff gels, indicating that increasing stiffness may only trigger a partial EndMT. When Glypican 1 was silenced in cells are cultured on the 2.5kPa gels using siRNA, there was an increase in the expression in the EndMT-related markers N-cadherin, α-SMA, and Snail. In a model of age-mediated stiffness, there was reduced expression of Glypican 1 and greater EC dysfunction in older mice compared to young mice. Furthermore, Glypican 1 gene deletion exacerbated EC dysfunction in young mice but not aged mice (Mahmoud et al., 2020). These results suggest that the glycocalyx layer of ECs plays an important protective role against EndMT associated with increasing stiffness of the endothelial microenvironment present in age-mediated arterial stiffening.




CONCLUSION

Since the identification of EndMT as a distinct form of EMT crucial for the physiological development of the cardiovascular system, there has been a growing interest in also understanding its role in various CVD processes. Because ECs in the cardiovascular system are highly sensitive to mechanical stresses that are often distinctly different under physiologic and pathologic conditions, elucidating how variations in biomechanical properties of the EC microenvironment regulate EndMT has been a key focus area. Early studies relied on in vitro assessments, animal models, and staining of human pathological specimens to provide evidence linking mechanically driven EndMT to CVD, though it is still quite not yet well understood whether EndMT drives CVD pathogenesis or whether it is a consequence of the pathological progression. The advent of single-cell RNA sequencing analyses has provided more insight into the differentiation trajectory of ECs in samples from patients with CVD. These studies indicate that EndMT may indeed drive the progression of the pathological mechanisms underlying CVD and actively contribute to CVD. In addition to substantiating evidence indicating that EndMT actively contributes to CVD, transcriptomic studies have also increased our understanding of the remarkable plasticity of ECs in response to aberrations in their microenvironment and the time-dependent course of these phenotypic transitions. While some studies indicate that EndMT can exist in a partial and reversible state, the permanence of epigenetic and genetic changes associated with EndMT has yet to be well characterized. Furthermore, there is also now burgeoning evidence that EndMT may have beneficial effects in pathological settings, such as contributing to revascularization after ischemic injury and atherosclerotic plaque stability. This evidence requires careful consideration of how to modulate EndMT in pathological settings as a therapeutic approach. The factors governing the plasticity of ECs and the maladaptive vs. beneficial effects of EndMT in CVD still require further elucidation and may be important for ultimately determining ideal therapeutic targets in CVD.

Nonetheless, it is evident that mechanical factors are important in the activation and regulation of EndMT. In this review, we summarized literature that linked alterations in shear stress, cyclic strain and stretch, and matrix stiffness to EndMT in CAVD, atherosclerosis, IMR, EFE, and arterial stiffening. While the mechanical stresses in the cardiovascular system are highly diverse and are often difficult to recapitulate exactly experimentally, and specific sequential progression of these pathways has yet to be fully detailed, addressing the aberrant mechanical forces that are linked to EndMT may be a promising therapeutic approach. For example, devices or surgical procedures that address the valvular defects that alter hemodynamics in patients with EFE may reduce the extent of EndMT that contributes to EFE. Similarly, reducing leaflet tethering in IMR through plication of the infarct region can reduce the stretch that activates EndMT pathways that contribute to IMR. Furthermore, there have been continued improvements and clinical utilization of computational fluid dynamic modeling to obtain patient-specific wall shear stress measurements in vascular beds, such as the coronary arteries, potentially identifying individuals at increased risk of atherosclerotic disease progression (Gijsen et al., 2019). Integration of such hemodynamic assessments along with a deeper understanding of the signaling pathways that mediate pathological responses to shear (e.g., Alk5) may help to identify therapeutic targets that are particularly effective at preventing or reversing disease progression in these at-risk patient groups.

In contrast to the amount of literature linking alterations in biomechanical stresses to the presence of EndMT in various pathological states, there is a dearth of studies detailing the mechanics associated with the key features of EndMT, such as decreased cell-cell adhesion, increased contractility and motility, and greater migratory and invasive capabilities. These features involve multiscale changes from the subcellular to tissue levels that lead to functional differences of importance in disease pathology, and further investigation of the mechanisms underlying the hallmarks of EndMT will enhance our understanding of EndMT and may help address the fact that there currently is no exact functional and molecular definition of EndMT. Characterization of biomechanical changes that ECs undergo during EndMT may also be a means of finding a mechanical biomarker that can potentially be used for the development of diagnostic tools. Indeed, mechanophenotyping technologies have shown promise by demonstrating the ability to identify cells of varying phenotypes in heterogeneous tumors (Kozminsky and Sohn, 2020). For example, real time deformability cytometry, which utilizes the physical property of cellular deformability to identify cells with increased pathological potential in heterogeneous tumors, has been proposed as a tool for cytopathology that can enable clinical decision making for screening, staging, and monitoring of treatment efficacy (Di Carlo, 2012). Further, deformability cytometry can help to identify metastatic potential of breast and prostate cancer cells (Ahmmed et al., 2018). Targeting the more metastatic cells may be a more effective means of treatment, and microfluidic technologies not only enable isolation and characterization of more pathogenic cell types from heterogeneous samples but can also allow for screening of therapeutics. While these approaches have not been attempted in the realm of CVD, it is possible that only certain subtypes of ECs are actively contributing to pathological progression in EndMT, and these tools offer a novel way of identifying and isolating these cells by their biomechanical properties.

In addition to lack of this definition of EndMT, there are challenges in tracking EndMT progression due to the variability in marker expression. Furthermore, it is not well understood whether there is differential activation of EndMT dependent on EC subtype and type of EndMT stimuli. More broadly, the role of EndMT in homeostatic conditions beyond development and disease is not well characterized. As the evidence for the role of EndMT in CVD continues to mount, it will become increasingly important to explore these fundamental questions regarding EC plasticity and EndMT mechanobiology. Due to the purported involvement of EndMT in many types of CVD, further investigation into these open avenues of inquiry may lead to the development of novel therapeutics and technologies that could improve CVD diagnosis and treatment.
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Myocardin related transcription factors (MRTFs: MYOCD/myocardin, MRTF-A, and MRTF-B) play a key role in smooth muscle cell differentiation by activating contractile genes. In atherosclerosis, MRTF levels change, and most notable is a fall of MYOCD. Previous work described anti-inflammatory properties of MRTF-A and MYOCD, occurring through RelA binding, suggesting that MYOCD reduction could contribute to vascular inflammation. Recent studies have muddled this picture showing that MRTFs may show both anti- and pro-inflammatory properties, but the basis of these discrepancies remain unclear. Moreover, the impact of MRTFs on inflammatory signaling pathways in tissues relevant to human arterial disease is uncertain. The current work aimed to address these issues. RNA-sequencing after forced expression of myocardin in human coronary artery smooth muscle cells (hCASMCs) showed reduction of pro-inflammatory transcripts, including CCL2, CXCL8, IL6, and IL1B. Side-by-side comparison of MYOCD, MRTF-A, and MRTF-B in hCASMCs, showed that the anti-inflammatory impact was shared among MRTFs. Correlation analyses using human arterial transcriptomic datasets revealed negative correlations between MYOCD, MRTFA, and SRF, on the one hand, and the inflammatory transcripts, on the other. A pro-inflammatory drive from lipopolysaccharide, did not change the size of the suppressive effect of MRTF-A in hCASMCs on either mRNA or protein levels. To examine cell type-dependence, we compared the anti-inflammatory impact in hCASMCs, with that in human bladder SMCs, in endothelial cells, and in monocytes (THP-1 cells). Surprisingly, little anti-inflammatory activity was seen in endothelial cells and monocytes, and in bladder SMCs, MRTF-A was pro-inflammatory. CXCL8, IL6, and IL1B were increased by the MRTF-SRF inhibitor CCG-1423 and by MRTF-A silencing in hCASMCs, but depolymerization of actin, known to inhibit MRTF activity, had no stimulatory effect, an exception being IL1B. Co-immunoprecipitation supported binding of MRTF-A to RelA, supporting sequestration of this important pro-inflammatory mediator as a mechanism. Dexamethasone treatment and silencing of RelA (by 76 ± 1%) however only eliminated a fraction of the MRTF-A effect (≈25%), suggesting mechanisms beyond RelA binding. Indeed, SRF silencing suggested that MRTF-A suppression of IL1B and CXCL8 depends on SRF. This work thus supports an anti-inflammatory impact of MRTF-SRF signaling in hCASMCs and in intact human arteries, but not in several other cell types.
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INTRODUCTION

There has been an intense focus on inflammation as an important driver of atherosclerosis in recent decades (Libby and Hansson, 2019), and it has been demonstrated that knockout of certain chemokines, including monocyte chemoattractant protein-1 (MCP-1 or CCL2), reduces atherosclerosis (Gu et al., 1998). Indeed, support for the involvement of MCP-1 (CCL2) in the etiology of human cardiovascular disease is strong (McDermott et al., 2005; Georgakis et al., 2019). Moreover, neutralization of the cytokine interleukin 1β (IL1B) was shown to reduce non-fatal myocardial infarction, non-fatal stroke, or cardiovascular death (Ridker et al., 2017), all of which are penultimate manifestations of atherosclerosis. The cellular source of the cytokines that promote atherosclerosis is uncertain, but an emerging concept is that plasticity of the resident cells of the vascular wall, including smooth muscle cells (SMCs), may allow for chemokine and cytokine release along with lipid engorgement to promote atherogenesis (Allahverdian et al., 2018; Grootaert and Bennett, 2021).

Myocardin related transcription factors (MRTFs), including myocardin (MYOCD), MRTF-A (MRTFA), and MRTF-B (MRTFB), act together with serum response factor (SRF) to drive muscle cell transcription and differentiation (Miano, 2003, 2015; Owens et al., 2004; Parmacek, 2007; Olson and Nordheim, 2010). MRTF-A and MRTF-B are regulated by actin dynamics (Miralles et al., 2003; Staus et al., 2007; Olson and Nordheim, 2010), and by stretch and matrix stiffness (Cui et al., 2015; Hadden et al., 2017), such that they become activated and translocated to the nucleus when actin is polymerized. This allows cells to adapt to mechanical cues. MYOCD shows constitutive nuclear expression, and is considered a master regulator of smooth muscle cell (SMC) differentiation (Owens et al., 2004). However, its expression level falls when SMCs undergo modulation toward a synthetic phenotype (Minami et al., 2012; Ackers-Johnson et al., 2015), and this was found to represent a causal mechanism in atherosclerosis (Ackers-Johnson et al., 2015).

Several studies have documented anti-inflammatory influences of MRTFs. Wang et al. (2012) demonstrated that bone morphogenetic protein 4 (BMP4) reduces the inflammatory mediators IL1B, CXCL2, and CCL8 in human pulmonary artery SMCs via MRTF-A. This involves the C-terminus of MRTF-A, and suppression of a NF-κB-RelA-driven inflammation independently of SRF. Moreover, in subsequent work, it was found that MYOCD shares this anti-inflammatory property. Heterozygous MYOCD deficiency amplified surges of IL6 and CCL2 following stimulation of mouse aortic SMCs with interleukin 1β (Ackers-Johnson et al., 2015), and it accelerated atherosclerosis (Ackers-Johnson et al., 2015; Xia et al., 2021). MYOCD’s role as a guardian against atherosclerosis may thus depend in part on its anti-inflammatory impact in SMCs (Ackers-Johnson et al., 2015), and this may occur through RelA antagonism (Tang et al., 2008; Wang et al., 2012).

While the studies cited above support an anti-inflammatory impact of MRTFs in the vascular wall, other reports have complicated this picture. One study, using rat vascular SMCs found that MRTF-A activates Il6, Il1b, and Ccl2 promoter activity (Yang et al., 2014), while another study found that MRTF-A aggravates lipopolysaccharide- (LPS) induced pro-inflammatory transcription in murine and human macrophages through epigenetic mechanisms (Yu et al., 2014). More recently MRTF-A was shown to enhance the angiotensin II-induced inflammatory response and aortic dissection (Ito et al., 2020; Gao et al., 2021). The basis for these apparently contradictory effects of MRTFs is unclear, but may relate to the MRTF family member studied, the cell type or species, or the pro-inflammatory stimulus. Given that atherosclerosis is such a prevalent and costly disease, it is important to clarify the cell type-dependence of the inflammatory impact of MRTFs, if all MRTFs share the same property in the same cell type, and whether the influence of MRTFs in the human coronary artery is pro- or anti-inflammatory.



RESULTS


Myocardin Related Transcription Factors Share an Anti-inflammatory Impact

In a parallel study (submitted to the same thematic issue of this journal, Liu et al., 2021), we generated an RNA-sequencing (RNA-seq) dataset after viral overexpression of myocardin (MYOCD) in human coronary artery SMCs (hCASMCs) for 8 days. Thousands of transcripts were differentially expressed, and among them, numerous inflammatory mediators stood out as being robustly reduced (Figure 1A, adjusted P < 0.0001 throughout). Among the 13 transcripts plotted in Figure 1A, CXCL8 and CSF3 were most prominently reduced (by 97.8 ± 0.3% and by 98.6 ± 0.4%, respectively), but several were repressed by > 50%. In view of divergent findings in the literature regarding the inflammatory impact of MRTFs, we set out to examine whether repression of inflammatory mediators was a shared property among the MRTFs in the same cell type. Indeed, in side-by-side adenoviral transductions (Figure 1B), MYOCD, MRTF-A, and MRTF-B, all reduced CCL2, CXCL8, IL6, and IL1B in hCASMCs in comparison to a null construct (Ad-CMV-null or Ad-CMV). Effect sizes varied somewhat (MRTF-A > MRTF-B > MYOCD for CCL2 and CXCL8), but these differences were at least partly reflected in the positive control (ACTA2). Taken together, these findings argue that suppression of inflammation is a shared property among the MRTFs, with only modest differences in effect between individual co-activators in the same family.
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FIGURE 1. Anti-inflammatory effect of all MRTFs in human coronary artery smooth muscle cells (SMCs). (A) Shows mRNA levels for 13 inflammatory mediators in cultured human coronary artery smooth muscle cells (hCASMCs) after myocardin overexpression using an adenovirus (Ad-CMV-MYOCD). FC: fold change; null: Ad-CMV-null virus. Data is from an RNA-sequencing experiments conducted in a parallel study, and the control level is indicated by the dotted line. All changes were significant at an adjusted P < 0.0001. Suppression of inflammatory markers by myocardin (MYOCD) confirms previous studies and stimulated us to consider if this property is shared by all MRTFs. Side-by-side adenoviral transductions suggested that MTRF-A and MRTF-B have the same effect in the same cell type (hCASMCs, (B)). Confocal imaging showed that 40% of the cells were positive for overexpressed MRTF-A as shown using an eGFP tagged construct (C) and a general nuclear stain (Hoechst). In (D), overexpressed and endogenous MRTF-A were labeled separately using the eGFP tag and an antibody, respectively. Quantification showed that nuclear labeling increased after viral transduction (E), as expected, and the nuclear intensity of labeling in the GFP channel increased linearly with MRTF-A antibody staining (F). We also examined correlations at the mRNA level in human arteries (G–I). RNA-seq data was downloaded from the GTExPortal.org and correlation matrices were generated in GraphPad Prism using the Pearson method. Negative correlations (negative R-values, blue fills) were seen for SRF and MYOCD vs. inflammatory mediators in all arteries. Significant correlations are indicated by (*) for the first four rows in each matrix. MRTFA performed less well than MYOCD and SRF with only a handful significant and negative correlations in each artery. MRTFB performed poorly, and in this case many correlations were positive. These findings suggested a more pronounced anti-inflammatory impact of MYOCD, and MRTFA compared to MRTFB in the intact human vascular wall, despite similar effects upon overexpression in vitro. **P < 0.01, ***P < 0.001, ****P < 0.0001.


The sizeable (>90%) suppression of CXCL8 and CSF3 expression by MRTFs was notable because in the past we have seen that only 30–50% of the cells are positive for virally overexpressed MRTFs. We therefore examined transduction efficiency under the current experimental conditions. This was done by labeling of nuclei using Hoechst staining, and by simultaneous labeling of MRTF-A with an antibody and a GFP tag. The GFP tag should report overexpressed MRTF-A, while the antibody should mirror total MRTF-A (overexpressed and endogenous). Low magnification imaging showed that 40% of all nuclei were positive for GFP (Figure 1C, two independent experiments). Diffuse cytoplasmic staining was evident in many cells, but nuclear staining was more intense. High magnification imaging focusing on nuclei showed faint endogenous MRTF-A (antibody) staining in nuclei in control conditions (Figure 1D, left). After overexpression of MRTF-A, both GFP and antibody staining was more intense (Figure 1D, right). Quantification showed that both labels increased in nuclei after transduction (Figure 1E), and the association between nuclear GFP intensity and antibody labeling approached a linear relationship (Figure 1F). In all, these findings indicate that MRTF-A is exerting its anti-inflammatory action either inside nuclei or in the cytoplasm, and that suppression of some inflammatory mediators is greater than would be predicted from transduction efficiency (≈40%). The latter finding suggests that MRTF-A antagonizes autocrine and paracrine inflammatory feedback loops in cell culture.



Myocardin and MRTF-A Correlate Negatively With Inflammatory Markers in Human Arteries

Our cell culture findings prompted us to examine correlations between MRTFs and inflammatory mediators in human arteries. For this, human RNA-seq data was downloaded from the GTExPortal.org and MRTFs were correlated with the inflammatory mediators identified in Figure 1A. We focused initially on the tibial artery because this dataset was the largest (n = 663). As expected, negative (blue fills) associations were seen when MYOCD was correlated with the inflammatory mediators (Figure 1G, second row in matrix). Similar analyses for MRTFA uncovered four negative correlations that reached the level of significance (Figure 1G, third row). Somewhat to our surprise, SRF performed at least as well as MYOCD (Figure 1G, top row), and MRTFB performed considerably worse than MYOCD, despite similar or better repression of inflammatory mediators in SMCs in vitro (compare Figures 1G,B). Analyses in the remaining two arteries in the database (coronary artery: n = 240, aorta: n = 432), largely echoed findings in the tibial artery (Figures 1H,I), but also emphasized that MRTFB, in contrast to MYOCD and MRTFA, often correlates positively with inflammatory transcripts. Taken together, these analyses suggest that MYOCD and MRTF-A, may dampen inflammation in human arteries in situ. We focused the remainder of this work on MRTF-A because its activity is amenable to therapy using small molecules, and because it appeared somewhat more effective in vitro than the other MRTFs.



Lipopolysaccharide Does Not Affect Suppression of Inflammatory Mediators by MRTF-A

A possible basis for discrepant effects of MRTFs on inflammation in different studies could be the inflammatory status of the cells. To address this possibility, we next compared the effect of MRTF-A in basal conditions, and under pro-inflammatory stimulation with lipopolysaccharide (LPS, 500 ng/ml), a bacterial cell wall component that activates toll-like receptor (TLR4) signaling. Using hCASMCs, all the inflammatory mediators were increased at the mRNA level by LPS. However, inflammatory suppression by MRTF-A was similar in the absence and presence of LPS. CCL2 for example, was reduced eightfold by MRTF-A under basal conditions and sevenfold in the presence of LPS (Figure 2A, leftmost bars). Similar results were seen for the remainder of the inflammatory mediators studied (CXCL8, IL6, and IL1B, Figure 2A). This argued against inflammatory status as a critical factor for the direction of the effect.
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FIGURE 2. The anti-inflammatory impact of MRTF-A is maintained in pro-inflammatory conditions. (A) Human coronary artery smooth muscle cells in culture were transduced with Null and MRTF-A viruses in control conditions (open bars), or with simultaneous treatment with lipopolysaccharide (LPS, 500 ng/ml), to mimic a pro-inflammatory environment (gray bars). After harvesting the cells, RNA was isolated, and inflammatory transcripts were assayed using RT-qPCR. The fold repression by MRTF-A is indicated below the asterisks that indicate significance, showing that MRTF-A was similarly effective in the absence and presence of LPS. CCL2 for example was reduced eightfold in control conditions and sevenfold in LPS treated cells, and an independent analysis indicated that this difference was not significant. To support MRTF-dependent reductions of inflammatory mediators at the protein level, MCP-1 (CCL2, (B,D)) and IL-8 (CXCL8, (C,E)) were examined using western blotting (B,C) and ELISAs (D,E). All assays indicted significant MRTF-A-dependent reductions at the protein level, both in the absence and presence of LPS. *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001.


Next, to ascertain that inflammatory changes at the mRNA level associate with protein level changes, we generated western blots for MCP-1 (CCL2), and IL-8 (CXCL8). MCP-1 migrated as two bands between 12 and 14 kDa, and both bands were reduced by MRTF-A in the presence and absence of LPS (Figure 2B). Similar overall suppression by MRTF-A was obtained for the IL-8 protein in western blots (Figure 2C). In keeping with the western blot results, we also found that MRTF-A reduced the levels of MCP-1 and IL-8 in cell lysates when determined using ELISAs (Figures 2D,E). MRTF-A-driven changes at the mRNA and protein levels therefore mirror each other.



The Anti-inflammatory Impact of MRTF-A Is Cell Type Dependent

Our findings so far showed that MRTFs share an anti-inflammatory influence, and that this effect is largely independent of inflammatory status, even if the impact of different MRTFs appears to differ considerably in the intact vascular wall. It remained possible that the cell type could matter, and it is indeed known that while MYOCD is enriched in SMCs, MRTF-A and MRTF-B are more widely expressed. We therefore next compared hCASMC with an unrelated human SMC type (bladder, hBSMC), with coronary artery endothelial cells (hCAEC), and with monocytes (THP-1 cells). Strikingly, the effects on CXCL8, IL6, and IL1B differed depending on cell type. Inflammatory suppression was again seen in hCASMCs as expected (Figure 3A), but in hBSMC (Figure 3B) most of the inflammatory transcripts were increased rather than decreased. In hCAEC, only two inflammatory markers changed, but in opposite directions (Figure 3C). Finally, no anti-inflammatory effect was seen in THP-1 cells even if the positive control (MRTFA) increased dramatically (Figure 3D). Thus, the inflammatory impact of MRTFs seems to be highly cell type dependent.
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FIGURE 3. The anti-inflammatory impact of MRTF-A is cell type-dependent. To compare the impact of MRTF-A on inflammation in different cell types, MRTF-A was overexpressed using an adenoviral vector, and using a null vector as control. (A–D) Show the effect of MRTF-A on CCL2, CXCL8, IL6, and IL1B in human coronary artery SMCs (hCASMC, (A)), human bladder SMCs (hBSMC, (B)), human coronary artery endothelial cells (hCAEC, (C)), and monocytes (THP-1 cells, (D)). ACTA2 was used as positive control in all panels except for THP-1 cells where we instead assayed MRTFA itself. (E) Shows the effect of the MRTF inhibitor CCG-1423 (10 μM) in hCASMC transduced with MRTF-A. (F) Shows the effect of Latrunculin B (100 nM), which depolymerizes actin, on the inflammatory transcripts in hCASMC. (G) Shows inflammatory mediators determined by RT-qPCR after silencing MRTF-A using different titers of a short hairpin virus (shMRTF-A). In this experiment U6 represents the control virus. *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001.




Myocardin Related Transcription Factor Activity Can Be Manipulated to Modulate Inflammation

Small molecule inhibitors of MRTF-SRF signaling have been developed with a view to treat cancer and fibrosis. One of these is CCG-1423, and it inhibits MRTF-SRF driven gene activation with an IC50 value in the micromolar range (Evelyn et al., 2007). We predicted that CCG-1423 should increase the inflammatory transcripts in hCASMC if endogenous MRTFs constitutively suppress inflammation. Indeed, with exception for CCL2, the inflammatory transcripts were increased by CCG-1423 (10 μM) while the positive control ACTA2 was reduced as expected (Figure 3E).

An important property of MRTF-A and MRTF-B is that they are regulated by the ratio of monomeric to polymeric actin. This depends on binding of MRTF-A and MRTF-B to monomeric actin in the cytoplasm via so called RPEL-motifs. When actin is polymerized, MRTFs move to the nucleus. We therefore treated cells with Latrunculin B (100 nM) which depolymerizes actin, expecting to see increases of the inflammatory transcripts. However, with exception for IL1B, none were increased, and CCL2 was reduced (Figure 3F).

To further support an anti-inflammatory action of endogenous MRTF-A we used a short hairpin construct for silencing (shMRTF-A). In keeping with the effect of CCG-1423, silencing of MRTF-A had a significant pro-inflammatory effect with the largest effects seen for IL1B and CXCL8 (Figure 3G).



Further Mechanistic Insight

Among the mechanisms that have been proposed to underlie MRTF suppression of inflammation is inhibition of NF-κB signaling through direct interaction with RelA in the nucleus. This subsequently interferes with RelA recruitment to the IL1B and CXCL2 promoters (Wang et al., 2012). Another proposed mechanism is suppression of CEBPB and CEBPD (Ackers-Johnson et al., 2015), which are important for sustained inflammation. To approach these as possible mechanisms, we first surveyed our initial RNA-seq experiment with MYOCD for plausible targets that were differentially expressed and performed confirmatory RT-qPCR analyses using independent samples. Levels of RELA, RELB, NFKB1, NFKB2, CEBPD, SOCS3, and TGFB3 are shown for MRTF-A and myocardin overexpression vs. null at two different times of transduction in Figures 4A,B, respectively. With exception for CEBPD and TGFB3, no changes were consistent for both times and both coactivators, despite inflammatory suppression by both MRTFs at both times (not shown).
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FIGURE 4. Only modest remodeling of the inflammatory apparatus by MRTF-A. Transcripts of possible relevance for inflammation were identified in an RNA-seq experiment where MYOCD was overexpressed in human coronary artery smooth muscle cells. These transcripts were then examined by RT-qPCR at two different times of overexpression of MRTF-A (A) and MYOCD (B), respectively. (C,D) Show western blots after treatment with null virus and MRTF-A virus in the presence of LPS. The only consistent differences observed by western blotting were modest increases of RelA (E,G) and RelB (F,G). *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001.


We also examined some of these mediators at the protein level. No measurable changes of NFκB1, and NFκB2 were detected under basal conditions (not shown). After stimulation with LPS, P105 (NFκB1) and P100 (NFκB2) were reduced in most samples (Figures 4C,D), but this was not reflected in group averages (not shown), and the active forms (P50/P52) could not be reliably quantified. The only consistent finding at the protein level was that RelA and RelB were increased as shown in independent time-course studies (Figure 4E through 4G), and this was consistent with small increases at the mRNA level, at least for RelB (compare Figures 4A,F). Altogether, this suggested that protein level changes of NFκB1, NFκB2, RelA, or RelB are unlikely to contribute to the anti-inflammatory effect of MRTF-A. We did not further pursue CEBPB and TGFB3 as mechanistic explanations, because they were reported to be important for late phase resolution of inflammation. Taken together, we thus felt that the reported direct interaction between MRTF-A and RelA (Tang et al., 2008; Wang et al., 2012), occurring independently of SRF, appeared as the most attractive mechanism.

To support interaction between MRTF-A and Rel proteins we next performed co-immunoprecipitation (co-IP) experiments. Control and MRTF-A antibody resins were incubated with lysates from cells where MRTF-A had been overexpressed. After washing and elution, dot blotting was performed (Figure 5A). RelA, RelB, and MRTF-A were detectable in the flow through (FC: flow through control; FM: flow through MRTF-A), as expected. Importantly, RelA and RelB were also detected in the eluate from the MRTF-A antibody resin (EM: MRTF-A eluate), but not in the eluate from the control resin (EC: control eluate; Figure 5A). This was particularly striking for RelB. Similar results were obtained for RelA when assayed in the eluates using western blotting (Figure 5B). Altogether, this supported the previously reported model that MRTF-A may bind and sequester Rel proteins, causing inhibition of inflammatory signaling as depicted graphically in Figure 5C.
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FIGURE 5. MRTF-A interacts with RelA and RelB. To explore if MRTF-A binds RelA and RelB, we performed co-immunoprecipitations followed by dot blotting (A). Lysates from cells where MRTF-A was overexpressed were incubated with control resin and with MRTF-A-antibody-conjugated resin. Flow through (FC: flow through control; FM: flow through MRTF-A) from both columns contained RelA, RelB, and MRTF-A. RelA, RelB and MRTF-A were moreover detectable in the eluate from the MRTF-A column (EM: eluate MRTF-A) but in the in the eluate from the control column (EC: eluate control). Western blotting (B) of the eluates showed the RelA band at the expected molecular weight. These findings support a model where MRTF binding to Rel proteins suppresses inflammation (C). (C) Also depicts the hypothesis that RelA suppression, by glucocorticoid receptor stimulation or silencing, should mitigate inflammatory suppression by MRTF-A. (D,E) Test this hypothesis using dexamethasone (glucocorticoid receptor agonist, 3 μM) or short hairpin silencing (200 MOI of shRELA). For the experiments in (D,E), the fold repression is given. Independent testing showed that the fold repression of CCL2 and IL1B by MRTF-A was reduced by dexamethasone. In contrast, fold suppression of CXCL8 and IL6 was unaffected. For RelA silencing, CXCL8 and IL6 suppression by MRTF-A were significantly reduced, but the overall effect, where MRTF-A suppression of inflammation was reduced by ≈25%, was also significant. *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001.


In the inactive state, RelA and p50 are bound by Inhibitor of κB (IκBα) in the cytosol. Upon inflammatory stimulation, such as with LPS, IκBα is degraded, releasing RelA for nuclear translocation. Corticosteroids, including dexamethasone, prevent nuclear translocation of the RelA complex (Clark, 2007). We therefore predicted that inflammatory suppression by MRTF-A should be smaller in the presence of dexamethasone (as depicted graphically in Figure 5C). To test this, we overexpressed MRTF-A in control conditions and after treatment with dexamethasone (3 μM). The inflammatory mediators were then assayed by RT-qPCR. We observed that MRTF-A-driven suppression of CCL2 and IL1B was smaller after treatment with dexamethasone compared to vehicle (P < 0.0003 for relative suppression, using Null and Null + dexamethasone independently for normalization, note that Figure 5D shows data normalized to Null only). This appears consistent with our co-IP experiment and with the work of Wang et al. (2012), showing Rel titration as the key mechanism. Importantly, relative suppression of CXCL8 was not significantly affected (13- vs. 19-fold, P > 0.05), and the effect of MRTF-A on IL6 was enhanced in the presence of dexamethasone (4.5- vs. 2.9-fold, P = 0.0043). This suggested that MRTF-A-RelA interaction could contribute to repression of a subset of the inflammatory mediators (CCL2, IL1B), but that other mechanisms may be involved for some of them (CXCL8, IL6).

To sharpen this conclusion, we repeated the same experiment with short hairpin silencing of RelA (by 75.6 ± 1.0%, P < 0.0001, n = 12, Figure 5E). While the trend was that the anti-inflammatory effect of MRTF-A was dampened (CCL2: 11.7-fold→10.5-fold, CXCL8: 23.1-fold→17.5-fold, IL6: 1.8-fold→1.4-fold, IL1B: 1.8-fold→1.6-fold), the overall effect was a mere 25% dampening of fold repression (overall P-value: 0.0043), and only the effects on CXCL8 (P = 0.026) and IL6 (P = 0.0019) were individually significant. Taken together, these findings argue that mechanisms beyond Rel binding and inhibition are involved in inflammatory suppression by MRTF-A.



Serum Response Factor Is Involved in Suppression of IL1B and CXCL8 by MRTF-A

Our findings so far highlighted mechanisms beyond RelA titration by MRTF-A for inflammatory suppression, and our correlation analyses using human arteries suggested a possible role of SRF. We therefore next examined silencing of SRF using a short hairpin construct (Ad-shSRF). We focused initially on IL1B in view of its relevance for cardiovascular disease and we used hCASMC where MRTF-A had been overexpressed. In this setting, gradual reduction of SRF using four different doses of silencer, increased IL1B (Figure 6A, negative slope), while the classical MRTF-SRF target gene calponin (CNN1) was reduced (Figure 6B, positive slope). This was also evident when data was plotted relative to the dose of the virus (multiplicity of infection, MOI) rather than relative to the level of SRF (Figure 6C). Suppression of IL1B by MRTF-A therefore depends on SRF in the setting of silencing.
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FIGURE 6. SRF is important for regulation of IL1B and CXCL8. (A–C) Human coronary SMCs were transduced with MRTF-A along with different titers of Ad-h-shSRF for knockdown of SRF. After harvesting the cells and isolation of RNA, SRF, IL1B, and CNN1 were assayed using RT-qPCR. In (A,B), IL1B and CNN1 were plotted vs. the relative SRF level in the respective samples. In (C), SRF, IL1B, and CNN1 were plotted vs. the titer (multiplicity of infection, MOI) of the short hairpin virus. (D) Shows the remainder of the inflammatory mediators in control vs. SRF-depleted cells (1000 MOI). (E) Is like (D), except that SRF silencing was done without simultaneous overexpression of MRTF-A. (F) Shows the gene locus for human CXCL8 and binding of RelA (light blue oval) 4 kb upstream of the transcription start site. The proximal promoter contained two DNA sequences with two deviations each from the classical SRF-binding sequence. When testing this sequence in a reporter assay, no suppression by MRTF-A was however, seen (G). In (H), Srf and Il1b were assayed in the aorta from smooth muscle specific and inducible Srf knockout mice. Because knockout was induced by tamoxifen, two control groups were included in addition to the knockout group. Vehicle controls (VC) are Cre-positive mice injected with sunflower oil, whereas tamoxifen controls (TC) are Cre-negative mice injected with tamoxifen. Knockouts (TKO) are Cre-positive mice injected with tamoxifen. All mice are homozygous for the floxed Srf allele. (I–L) Show the effect of overexpression of SRF in the absence and presence of MRTF-A. SRF was capable of suppressing CXCL8 on its own but was without effect on CCL2 and IL6. *P < 0.05, **P < 0.01, ***P < 0.001, ****P < 0.0001.


To determine the effect of SRF silencing for the remainder of the inflammatory mediators, we used the RNA from cells treated with the highest titer of Ad-shSRF virus in Figure 6C. Beyond IL1B, CXCL8 was also increased as shown in Figure 6D. CCL2 and IL6 on the other hand were reduced. This argues that SRF is involved in suppression of IL1B and CXCL8 by MRTF-A, and that, in the SRF silencing situation, CCL2 and IL6 behave as if their regulation depended more on the reported (Wang et al., 2012) RelA sequestration by MRTF-A (that is, silencing of SRF makes more MRTFs available for RelA binding according to the model in Figure 5C). To corroborate the SRF dependence of IL1B and CXCL8, we next repeated SRF silencing without simultaneous overexpression of MRTF-A. Silencing of SRF again increased IL1B and CXCL8 (Figure 6E) while CCL2 and IL6 were reduced. In all, this suggested MRTF-A-SRF signaling as a mechanism of suppression of IL1B and CXCL8, and MRTF-A dependent RelA titration as a mechanism of suppression of CCL2 (and possibly IL6).

To explore the possibility that SRF acts directly via DNA elements at the CXCL8 (IL-8) locus, we examined this sequence in the genome browser. ENCODE ChIP-seq data supported RelA binding ≈4 kb upstream of the gene (Figure 6F, blue ellipse). No SRF binding was documented. Putative SRF-binding sequences were however noted within 1450 bases from the transcription start site (red sites in Figure 6F). We therefore used this sequence in a promoter reporter assay. This promoter was however not suppressed by MRTF-A (Figure 6G), arguing that regulation of CXCL8 by MRTF-SRF signaling depends on other DNA regions, perhaps regions in the vicinity of the more distant RelA-binding site.

We next sought to examine if Srf is important for Il1b expression in vivo. For this we used smooth muscle specific and inducible knockouts of Srf. Cre-mediated deletion of Srf was achieved by intraperitoneal injections of tamoxifen for 5 consecutive days in mice carrying floxed Srf alleles and a tamoxifen activatable and smooth muscle specific Cre transgene. Mice were euthanized on day 20–21 after the first injection. We used both Cre-positive vehicle injected mice (VC) and Cre-negative mice injected with tamoxifen (TC) as controls and compared these with the tamoxifen inducible knockouts (TKO). After isolation of RNA from the aorta, we measured Srf and Il1b using RT-qPCR. The two control groups did not differ with respect to Srf expression (Figure 6H, left), and Srf was depleted in the knockouts (TKO) as expected. However, aortic Il1b was reduced by tamoxifen in the control mice, and no increase from this level was apparent in the Srf knockouts (Figure 6H). This argued that tamoxifen has an anti-inflammatory effect that is independent of Srf depletion and that may hide Srf-dependent regulation. This makes the model unsuitable for studying inflammation.

We finally overexpressed SRF both alone and together with MRTF-A in hCASMCs. Curiously, repression of IL1B was lost on overexpression of SRF (Figure 6I). For CXCL8, we noted that SRF had a suppressive effect on its own (Figure 6J). For CCL2 and IL6 MRTF suppression remained unchanged by simultaneous overexpression of SRF (Figures 6K,L). Overexpression of SRF therefore further implicates SRF in suppression of CXCL8, but this experiment is difficult to interpret for the remainder of the inflammatory mediators.




DISCUSSION

The present work confirms previous studies showing that MRTFs have an anti-inflammatory impact in certain cell types, most notably hCASMC. However, the outcomes of this investigation are intriguing in some important and novel regards. One is that we find all MRTFs to exert an anti-inflammatory effect when overexpressed in the same primary cell type, and yet only MYOCD and MRTF-A leave a suppressive mark on inflammatory transcripts in intact human arteries. The latter finding was made using the largest material yet exploited in support of inflammatory suppression by MRTF-A/MYOCD in the vascular wall of humans. Despite this, knockout of MYOCD or MRTF-A have directionally opposite effects on atherosclerosis in the mouse. That is, while homozygous deletion of MRTF-A reduces atherosclerosis (Minami et al., 2012), hemizygous deletion of MYOCD increases it (Ackers-Johnson et al., 2015). Upon first reflection, this contradiction makes little sense, but it is possible that the different MRTFs are expressed in entirely different cell types with different roles in vascular inflammation. Indeed, in parallel work (Liu et al., 2021) we find that MYOCD is enriched in SMCs as expected, and that MRTF-B is enriched in endothelial cells, while MRTF-A primarily resides in fibroblasts. Additional explanations for the discrepant effects of MRTF-A and MYOCD in atherosclerosis include coactivator-specific effects. One such effect, that appears to differ between different MRTFs, relates to lipid uptake. While MYOCD reduces lipid uptake into hCASMCs (Ackers-Johnson et al., 2015), MRTF-A has the opposite effect as it increases low density lipoprotein (LDL) uptake via LDL receptors (Alajbegovic et al., 2021). Overall, the impact of different MRTFs on atherosclerosis therefore seems most consistent with their reported effects on lipid uptake.

On the mechanistic level, we report an important, and previously overlooked, finding, namely that SRF is somehow involved in suppression of some inflammatory transcripts by MRTF-A. This includes IL1B whose neutralization in a clinical trial was found to reduce cardiovascular mortality (Ridker et al., 2017), and CXCL8. Our findings with CCL2, on the other hand, are consistent with the reported RelA titration by MRTF-A (Wang et al., 2012). Therefore, not one mechanism, but many, must be responsible for MRTF-dependent suppression of inflammation. SRF is important, often critical, for binding of MRTFs to DNA, and such binding in the vicinity of the IL1B and CXCL8 loci could impede attachment of another stimulatory factor. Alternatively, the effect could involve a downstream target gene, or e.g., chromatin remodeling. We were not successful in further defining the DNA regions involved using a promoter reporter assay for CXCL8, but our efforts were not exhaustive.

When attempting to support involvement of Srf in mice in vivo, we observed that tamoxifen, required for Cre-mediated gene excision in our model, had an anti-inflammatory impact 21 days after the first tamoxifen injection. We are uncertain of the basis of this anti-inflammatory effect, which could involve promiscuous binding of steroid-like chemistries to glucocorticoid receptors, or estrogen receptor modulation, but similar effects have been reported previously (Lamas et al., 2015). We are therefore forced to conclude that tamoxifen-dependent gene excision is unsuitable for studying the role of MRTF-SRF signaling in inflammation. Importantly, however, involvement of SRF for CXCL8 regulation was demonstrated in cultured SMCs using both silencing and overexpression, and it was further supported by correlation analyses in a large human material.

It is currently unclear to us why forced overexpression of MRTF-A has so drastically different effects in different cell types. Inflammatory status is not a key underlying factor as suggested by our LPS experiments. However, some other cell-specific factor must play a role because we see rather different effects of MRTF-A in coronary and bladder SMCs. Identification of this factor could perhaps resolve the puzzling fact that MRTFs may be both pro- and anti-inflammatory. It is interesting to note that the proposed mechanism of the pro-inflammatory impact of MRTF-A in THP-1 cells involves the epigenetic modifiers Ash2, Wdr5, and Set1 (Yu et al., 2014). At least one of these (Ash2/ASCL2) is expressed at a very low level in the coronary artery (GTExPortal.org). One possibility therefore is that Ash2 determines the directionality of the effect.

Here, we show that overexpression of MRTFs downregulate several pro-inflammatory transcripts and proteins relevant for vascular pathophysiology and development of vascular disease. However, the RNA-seq experiment providing impetus for the present work (Liu et al., 2021) revealed additional pro-inflammatory genes, such as SGPP2 (sphingosine 1-phosphate phosphatase 2), IL32 (interleukin 32), and TSLP (thymic stromal lymphopoietin), as being repressed. Notably, downregulation of SGPP2 gene activity and sphingosine 1-phosphate phosphatase 2 protein levels reduces TNFα-induced IL1B and CXCL8 production in endothelial cells, and moreover, knockdown of NF-κB/RelA shows that SGPP2 is an NF-κB-regulated gene (Mechtcheriakova et al., 2007). Our RNA-seq experiment also revealed that LACC1 (laccase domain containing 1), which encodes an oxidoreductase that stimulates fatty-acid oxidation, increases (3.3-fold). Loss of function mutations in LACC1 associate with several inflammatory diseases, such as juvenile idiopathic arthritis and Crohn’s disease (Szymanski and Ombrello, 2018), offering the interesting possibility that MRTFs may antagonize inflammation in part via upregulation of LACC1. Yet another example is DUSP1, which is partly responsible for the anti-inflammatory action of dexamethasone (Abraham et al., 2006), and that was increased 1.5-fold. Thus, MRTFs may regulate many genes associated with inflammation beyond those corroborated here, underscoring a pleiotropic anti-inflammatory action, and making these coactivators possible targets for treatment of inflammatory diseases including atherosclerosis.

MRTFs, particularly MRTF-A, are sensitive to a variety of mechanical inputs, including substrate stiffness (Foster et al., 2017; Hadden et al., 2017), externally applied forces (Zhao et al., 2007; Chan et al., 2010; Cui et al., 2015), and geometric constraints (Jain et al., 2013). Blood pressure as well as arterial stiffness could therefore affect vascular inflammation via MRTFs, and this could be a way to compensate for the increased lipid uptake into SMCs via LDL receptors (Alajbegovic et al., 2021). However, mechanical signals to MRTFs involve the actin cytoskeleton (Zhao et al., 2007; Chan et al., 2010; Sward et al., 2016), and we find here that depolymerization of actin does not consistently increase the inflammatory mediators regulated by MRTF-A; in fact CCL2 was significantly decreased, while IL1B increased. Our findings therefore caution against generalizations and calls for studies of distinct target genes, rather than relying on reporter assays, and comparing the impact of different mechanical modalities and protocols. It would, for example, be of interest to know if there was such a thing as a healthy level of mechanical input on SMCs in the vascular wall, akin to the local optimum of MRTF activity seen on substrates of different stiffness (Hadden et al., 2017). Nonetheless, using reporter assays, others have shown consistent increases of NF-κB activity using Latrunculin (Jain et al., 2013).

In summary, the present work confirms previous reports showing that MRTFs have a broad anti-inflammatory impact by suppressing numerous cytokines in human coronary artery SMCs. This effect is equal to, or greater, than the effect of dexamethasone. We also find that MYOCD, MRTFA, and SRF correlate negatively with many inflammatory transcripts in human arteries, supporting an anti-inflammatory impact in situ. Our mechanistic studies suggest that the underlying mechanism of action cannot solely depend on RelA sequestration, and that SRF appears to be involved in regulation of IL1B and CXCL8. Taken together, this work supports the concept that phenotypic modulation of SMCs involves toggling between contractile and inflammatory phenotypes, in addition to the classical paradigm where SMCs switch between contractile and synthetic phenotypes (Thyberg et al., 1983; Miano, 2003).



MATERIALS AND METHODS


Primary Cell Culture, Viral Transduction, and Cell Treatments

Human coronary artery smooth muscle cells (hCASMCs, Thermo Scientific/Gibco, C0175C) were cultured in Medium 231 (Thermo Scientific, M231500) with growth supplement (5% SMGS: Life Technologies, S00725) and 50U/50 μg/ml penicillin/streptomycin (PEST, Biochrom, A2212). Human bladder smooth muscle cells (hBSMCs) were isolated from human detrusor strips (Zhu et al., 2017) and cultured in DMEM/Ham’s F-12 medium with glutamine (Biochrom, FG4815), 10% fetal bovine serum (FBS: Biochrom, S0115), and 50 U/50 μg/ml PEST. Human coronary artery endothelial cells (hCAECs, Lonza, CC-2585) were cultured in EGM-2 MV, Microvascular Endothelial Cell Growth Medium-2 BulletKit (Lonza, CC-3202), which contains EBM-2 Basal Medium (Lonza, CC-3156) and EGM-2 MV Microvascular Endothelial Cell Growth Medium SingleQuots supplements (Lonza, CC-4147). These primary cells were kept in a standard cell culture incubator at 37°C, in 95% air and 5% CO2, and used in passages 3–9.

Adenoviral vectors for overexpression and silencing were purchased from Vector Biolabs. Ad-h-MYOCD (ADV-216227), Ad-h-MKL1/eGFP (MRTF-A, ADV-215499), Ad-h-MKL2 (MRTF-B, ADV-215500), Ad-h-SRF (ADV-224323) and Ad-CMV-Null (#1300) were for overexpressing target genes. Ad-h-shSRF (shADV-224323), Ad-h-shRELA (shADV-220994), Ad-U6-h-MKL1-shRNA (shADV-215497) and Ad-GFP-U6-shRNA (#1122) were for silencing target genes. Among them, Ad-CMV-Null (#1300) and Ad-GFP-U6-shRNA (#1122) were used as negative controls. Cells were harvested at 96 h after viral transduction unless specified.

CCG-1423 is a Rho/SRF pathway inhibitor and it was purchased from Tocris Bioscience (#5233). After 24 h in low-serum conditions (2% SMGS), hCASMCs were treated with 10 μM CCG-1423 or the corresponding volume of DMSO (Sigma-Aldrich, #D5879) in 2% SMGS M231 medium for 24 h.

Latrunculin B for depolymerizing actin was purchased from Calbiochem (#428020). After 24 h in low-serum conditions (2% SMGS), cells were treated with 100 nM Latrunculin B or the corresponding volume of DMSO (Sigma-Aldrich, #D5879) in 2% SMGS M231 medium for 24 h. Cells were then harvested for isolating RNA.

LPS (E. coli LPS 0111:B4) was purchased from Sigma-Aldrich and was dissolved in PBS. hCASMCs were treated with LPS (500 ng/ml) for 24 h following 72 h of virus transduction or for 48 h following 96 h of virus transduction.

Dexamethasone (Sigma-Aldrich) was dissolved in DMSO, and a final concentration of 3 μM was used in the experiments. hCASMCs were transduced with virus for 72 h and then treated with dexamethasone for additional 24 h before harvesting for RT-PCR. Controls received vehicle as appropriate.



RNA Isolation and RT-qPCR

After viral transduction or treatment with agents, cells were washed in cold phosphate-buffered saline (PBS, Sigma-Aldrich, P4417) and lysed in Qiazol (Qiagen, #79306). RNA was isolated using the Qiagen miRNeasy mini kit (Qiagen, #217004) in a QIAcube workstation. To determine RNA purity and concentration we used the NanoDrop 2000c (Thermo Scientific) instrument. For RT-qPCR we used the Quantifast SYBR Green RT-PCR kit (Qiagen, 204156) and QuantiTect Primer assays from Qiagen [CCL2 (QT00212730), IL6 (QT00083720), IL1B (QT00021385), CXCL8 (QT00000322), SRF (QT00084063), ACTA2 (QT000088102), CNN1 (QT00067718), RELA (QT01007370), RELB (QT00038640), NFKB1 (QT00063791), NFKB2 (QT00012404), CEBPD (QT00219373), SOCS3 (QT00244580), TGFB3 (QT00001302), MRTFA (QT00067921), 18S (QT00199367), Il1b (QT01048355), Srf (QT00126378), 18s (QT02448075)] to amplify target genes in the StepOnePlus qPCR cycler (Applied Biosystems). Qiagen considers the exact primer sequences proprietary. We used 18S or 18s as a housekeeping reference gene and the Pfaffl method to calculate the fold changes (vs. Null or U6).



Confocal Imaging

Cells were fixed in 4% PFA in physiological buffer for 30 min, then permeabilized and blocked using physiological buffer with 1% BSA, 1% goat serum and 1% triton for 2 h. Cells were labeled with primary antibody overnight in the same buffer without detergent (1% BSA, 1% goat serum). The next day, cells were washed and labeled with secondary antibody for 4 h. Nuclei were stained using Hoechst at the last step. For imaging, nuclei were localized using low resolution overviews and imaged using a minimal pinhole centered at the nuclei to obtain signal within the nuclei and minimizing out of focus signal. For analysis FIJI was used. Nuclei were segmented using a threshold in the Hoechst channel and all the signal inside the nuclei was measured as mean gray value for both GFP and MRTF-A-antibody stains.



Correlation Analyses Using GTEX Data

RNA-sequencing data from human organs was downloaded in 2020 from the GTExPortal.org (Consortium, 2013; Consortium, 2015) using R-scripts described elsewhere (Krawczyk et al., 2015; Sward et al., 2019). Transcript read counts (in TPM, transcripts per million) for SRF, MYOCD, MRTFA, and MRTFB were correlated with 13 inflammatory transcripts identified in an RNA-seq experiment where MYOCD was overexpressed. The study describing this RNA-seq experiment was submitted in parallel to the Frontiers’ theme in Cardiovascular mechanobiology (Liu et al., 2021) and has been deposited with the temporary submission ID SUB9688745, and release date 2022-06-01 (or with the release of linked data). Correlation matrices for MRTFs and the inflammatory transcripts were generated using the Pearson method using GraphPad Prism in all three arteries represented in the GTExPortal.



THP1 Cells and Plasmid Transfection

The human THP-1 monocyte cell line was purchased from ATCC and cultured in RMPI-1640 medium supplemented with GlutaMAX (Thermo Scientific, 61870036), 10% FBS and antibiotics (penicillin 50 U/ml, streptomycin 50 μg/ml). The cells were grown in a water-jacketed cell incubator at 37°C and 5% CO2 in air. The medium was renewed every 2–3 day and the cells were passaged once the cell density reached 8 × 105 cells/ml.

THP-1 cells were transfected with the p3xFLAG-MKL1 plasmid (Addgene, plasmid #11978) using Lipofectamine LTX Reagent with PLUS Reagent (Invitrogen, 15338030) according to the manufacturer’s instructions for 96 h before the cells were harvested and RNA isolated (miRNeasy, Qiagen).



Protein Isolation and Western Blotting

Following virus transduction and LPS-treatment, hCASMCs were washed with cold (4°C) PBS, harvested in SDS sample buffer, and lysed by sonication on ice for 10 s. Total protein concentration was determined using the BioRad DC protein assay (BioRad, #5000112) and adjusted to ensure equal protein concentrations across samples (1 μg/μl). Protein lysates were loaded on SDS-PAGE Criterion TGX 4-15% or Any-kD precast gels (BioRad, #5671084, #5671124) and proteins were transferred to 0.2 μm nitrocellulose membranes (BioRad, #1704159) using the Trans-Blot Turbo Transfer System (BioRad). To be able to detect all the protein targets, the lysates were sometimes loaded as technical replicates. The membrane was blocked for 2 h with 1% casein/TBS (1:1) (BioRad, #1610782) in room temperature and then cut horizontally using the ladder as guidance. The membrane strips were then incubated with monoclonal primary antibodies as follows: MCP-1 (CCL2, 1 μg/ml, Abcam, ab9669), IL8 (CXCL8, 1:500, Cell Signaling, #94407), RelA (NFκB/p65, 1:1000, Cell Signaling, #8242), RelB (1:1000, Cell Signaling, #10544), NFκB1 (p105/p50, 1:1000, Cell Signaling, #13586), NFκB2 (p100/p52, 1:1000, Cell Signaling, #4882), HSP90 (1:1000, BD Biosciences, #610418), and GAPDH (1:3000, Merck Millipore, #MAB374) for 96 h at 4°C. To visualize the protein bands, membranes were incubated with HRP-conjugated secondary antibodies (1:5000, Cell Signaling, #7076 and #7074) for 2 h and the bands were detected using Supersignal West Femto substrate (Thermo Fisher Scientific, #34096) and the LI-COR Odyssey Fc instrument (LI-COR Biosciences). For quantification, all band were normalized to their respective loading controls (HSP90 and/or GAPDH) on the same membrane.



ELISAs

Enzyme-linked immunosorbent assays (ELISAs) were performed to measure IL-8 and MCP-1 protein levels in lysates of hCASMC treated with LPS. To obtain cell lysates, cells were harvested in cold PBS and sonicated 3 × 10 s on ice. The lysate was then centrifuged at 1800 × g for 5 min at 4°C and the supernatant was collected. The assays were performed using the Human IL-8/CXCL8 DuoSet ELISA kit (#DY208) and the Human CCL2/MCP-1 Quantikine ELISA kit (#DCP00), both from R&D Systems. We adhered to protocols provided by the manufacturer.



Co-immunoprecipitation

Co-immunoprecipitation (co-IP) of MRTF-A-binding proteins was performed using the Pierce co-IP kit (Thermo Scientific, #26149) according to the manufacturer’s instructions. Briefly, ∼26 μg purified MRTF-A antibody (Bethyl Laboratories, #A302-202A) was immobilized to the AminoLink Plus Coupling Resin in a column for 2 h in room temperature. To rule out non-specific interactions with the resin, a column containing Control Resin provided with the kit was used as a negative control. hCASMCs were washed with PBS and lysed in cold Lysis/Wash Buffer. The lysate was pre-cleared using Control Agarose Resin and 1 mg of the lysate was added to both columns and incubated overnight at 4°C. The resins were washed with IP Lysis/Wash Buffer before the MRTF-A protein complexes were eluted in Elution Buffer. The samples were analyzed by western blotting. For this, the eluted proteins were mixed with Lane Marker Sample Buffer and 100 mM DTT (Sigma-Aldrich), separated on an SDS-PAGE Criterion TGX 4–15% precast gel (Bio-Rad), transferred to a nitrocellulose membrane and blocked for 2h in room temperature. To detect MRTF-A-RelA protein interaction, the membrane was incubated for 3 days with primary RelA antibody (NFκB/p65, 1:1,000, Cell Signaling, #8242), and using MRTF-A primary antibody (MKL1/MRTF-A, 1:1,000, Cell Signaling, #14760) as a positive control. Immunoreactivity for RelA, RelB and MRTF-A was also assessed by Dot Blot. Briefly, 1 μl of the eluate was dotted onto a nitrocellulose membrane. The membrane was blocked with 1% casein/TBS (1:1) for 2 h in room temperature and then incubated for 3 days in primary antibodies for RelA (NFκB/p65, 1:1,000, Cell Signaling, #8242), RelB (1:1,000, Cell Signaling, #10544) and MRTF-A (MKL1/MRTF-A, 1:1,000, Cell Signaling, #14760). To visualize the proteins of interest for both western blot and dot blot, the membranes were incubated with HRP-conjugated secondary antibodies (1:5,000, Cell Signaling, #7076 and #7074) for 2 h and the immunoreactivity was detected using the SuperSignal West Femto substrate. Images were acquired using the LI-COR Odyssey Fc instrument (LI-COR Biosciences).



Promoter Reporter Assay in HEK293 Cells

A plasmid containing the CXCL8 promoter in a luciferase reporter vector was purchased from Tebu-bio (Gene information, 217HPRM30547-PG04). HEK293 cells were seeded in 24 well plates and the media were changed for antibiotic-free DMEM medium (contain 10% FBS) after 24 h. The CXCL8 promoter reporter plasmid (0.25 μg) and p3xFLAG-MKL1 plasmid (0.25 μg, Addgene, #11978) were co-transfected into HEK293 cells using Lipofectamine 2000 (Thermo Fisher Scientific, #11668030) following the manufacturer’s protocol. 96 h after transfection, medium was collected to measure the luciferase activity and the alkaline phosphatase release separately using the Secrete-Pair Dual Luminescence Assay Kit (Tebu-bio, #LFO32).



Knockout of Srf

Inducible and SMC-specific knockout of Srf in mice was accomplished as described (accompanying paper submitted to Frontier’s theme on mechanobiology, Liu et al., 2021). Floxed Cre-negative mice treated with tamoxifen (TC) and Floxed Cre-positive mice treated with vehicle (VC) were used as controls. Mice were sacrificed on day 20 and day 21 after the first tamoxifen injection. After sacrifice, the aorta was cleaned in physiological buffer using microdissection instruments. It was then blotted on filter paper to remove excess fluid and frozen on dry ice. Ten control mice (5 VC, and 5 TC) and 12 knockout mice (TKO) were used, but one of the TC mice was excluded due to low RNA yield. RNA was isolated as described above.




DATA AVAILABILITY STATEMENT

The datasets presented in this study can be found in online repositories. The names of the repository/repositories and accession number(s) can be found below: BioSample database and accessions SAMN19277810, SAMN19277811, SAMN19277812, SAMN19277813, SAMN19277814, SAMN19277815, SAMN19277816, and SAMN19277817 (https://www.ncbi.nlm.nih.gov/biosample/19277810; https://www.ncbi.nlm.nih.gov/biosample/19277811; https://www.ncbi.nlm.nih.gov/biosample/19277812; https://www.ncbi.nlm.nih.gov/biosample/19277813; https://www.ncbi.nlm.nih.gov/biosample/19277814; https://www.ncbi.nlm.nih.gov/biosample/19277815; https://www.ncbi.nlm.nih.gov/biosample/19277816; and https://www.ncbi.nlm.nih.gov/biosample/19277817).



ETHICS STATEMENT

The animal study was reviewed and approved by the Malmö—Lunds djurförsöksetiska nämnd, approval number 5-8-18-16388/2020.



AUTHOR CONTRIBUTIONS

LL, EB, CR, B-ON, and KS participated in the study design. LL and EB collected data. BM and KGS were responsible for imaging. KS generated the funding. KS wrote the manuscript, and all authors were involved in manuscript revisions. All authors have read and approved the submitted version.



FUNDING

This work was supported by the grants from the Swedish Research Council (VR, 2020-00908) and the Heart-Lung Foundation (20200222).



ACKNOWLEDGMENTS

We thank Katarzyna Kawka for genotyping and tamoxifen injections, and Samuel Cerps for invaluable assistance with the ELISAs.



REFERENCES

Abraham, S. M., Lawrence, T., Kleiman, A., Warden, P., Medghalchi, M., Tuckermann, J., et al. (2006). Antiinflammatory effects of dexamethasone are partly dependent on induction of dual specificity phosphatase 1. J. Exp. Med. 203, 1883–1889. doi: 10.1084/jem.20060336

Ackers-Johnson, M., Talasila, A., Sage, A. P., Long, X., Bot, I., Morrell, N. W., et al. (2015). Myocardin regulates vascular smooth muscle cell inflammatory activation and disease. Arterioscler. Thromb. Vasc. Biol. 35, 817–828. doi: 10.1161/ATVBAHA.114.305218

Alajbegovic, A., Holmberg, J., Daoud, F., Rippe, C., Kalliokoski, G., Ekman, M., et al. (2021). MRTFA overexpression promotes conversion of human coronary artery smooth muscle cells into lipid-laden foam cells. Vascul. Pharmacol. 138:106837. doi: 10.1016/j.vph.2021.106837

Allahverdian, S., Chaabane, C., Boukais, K., Francis, G. A., and Bochaton-Piallat, M. L. (2018). Smooth muscle cell fate and plasticity in atherosclerosis. Cardiovasc. Res. 114, 540–550. doi: 10.1093/cvr/cvy022

Chan, M. W., Chaudary, F., Lee, W., Copeland, J. W., and Mcculloch, C. A. (2010). Force-induced myofibroblast differentiation through collagen receptors is dependent on mammalian diaphanous (mDia). J. Biol. Chem. 285, 9273–9281. doi: 10.1074/jbc.M109.075218

Clark, A. R. (2007). Anti-inflammatory functions of glucocorticoid-induced genes. Mol. Cell. Endocrinol. 275, 79–97. doi: 10.1016/j.mce.2007.04.013

Consortium, G. T. (2013). The Genotype-Tissue Expression (GTEx) project. Nat. Genet. 45, 580–585. doi: 10.1038/ng.2653

Consortium, G. T. (2015). Human genomics. The Genotype-Tissue Expression (GTEx) pilot analysis: multitissue gene regulation in humans. Science 348, 648–660. doi: 10.1126/science.1262110

Cui, Y., Hameed, F. M., Yang, B., Lee, K., Pan, C. Q., Park, S., et al. (2015). Cyclic stretching of soft substrates induces spreading and growth. Nat. Commun. 6:6333. doi: 10.1038/ncomms7333

Evelyn, C. R., Wade, S. M., Wang, Q., Wu, M., Iniguez-Lluhi, J. A., Merajver, S. D., et al. (2007). CCG-1423: a small-molecule inhibitor of RhoA transcriptional signaling. Mol. Cancer Ther. 6, 2249–2260. doi: 10.1158/1535-7163.MCT-06-0782

Foster, C. T., Gualdrini, F., and Treisman, R. (2017). Mutual dependence of the MRTF-SRF and YAP-TEAD pathways in cancer-associated fibroblasts is indirect and mediated by cytoskeletal dynamics. Genes Dev. 31, 2361–2375. doi: 10.1101/gad.304501.117

Gao, P., Gao, P., Zhao, J., Shan, S., Luo, W., Slivano, O. J., et al. (2021). MKL1 cooperates with p38MAPK to promote vascular senescence, inflammation, and abdominal aortic aneurysm. Redox Biol. 41:101903. doi: 10.1016/j.redox.2021.101903

Georgakis, M. K., Malik, R., Bjorkbacka, H., Pana, T. A., Demissie, S., Ayers, C., et al. (2019). Circulating Monocyte Chemoattractant Protein-1 and Risk of Stroke: meta-Analysis of Population-Based Studies Involving 17 180 Individuals. Circ. Res. 125, 773–782. doi: 10.1161/CIRCRESAHA.119.315380

Grootaert, M. O. J., and Bennett, M. R. (2021). Vascular smooth muscle cells in atherosclerosis:Time for a reassessment. Cardiovasc. Res. 8:cvab046. doi: 10.1093/cvr/cvab046

Gu, L., Okada, Y., Clinton, S. K., Gerard, C., Sukhova, G. K., Libby, P., et al. (1998). Absence of monocyte chemoattractant protein-1 reduces atherosclerosis in low density lipoprotein receptor-deficient mice. Mol. Cell. 2, 275–281. doi: 10.1016/S1097-2765(00)80139-2

Hadden, W. J., Young, J. L., Holle, A. W., Mcfetridge, M. L., Kim, D. Y., Wijesinghe, P., et al. (2017). Stem cell migration and mechanotransduction on linear stiffness gradient hydrogels. Proc. Natl. Acad. Sci. U. S. A. 114, 5647–5652. doi: 10.1073/pnas.1618239114

Ito, S., Hashimoto, Y., Majima, R., Nakao, E., Aoki, H., Nishihara, M., et al. (2020). MRTF-A promotes angiotensin II-induced inflammatory response and aortic dissection in mice. PLoS One 15:e0229888. doi: 10.1371/journal.pone.0229888

Jain, N., Iyer, K. V., Kumar, A., and Shivashankar, G. V. (2013). Cell geometric constraints induce modular gene-expression patterns via redistribution of HDAC3 regulated by actomyosin contractility. Proc. Natl. Acad. Sci. U. S. A. 110, 11349–11354. doi: 10.1073/pnas.1300801110

Krawczyk, K. K., Yao Mattisson, I., Ekman, M., Oskolkov, N., Grantinge, R., Kotowska, D., et al. (2015). Myocardin Family Members Drive Formation of Caveolae. PLoS One 10:e0133931. doi: 10.1371/journal.pone.0133931

Lamas, A. Z., Caliman, I. F., Dalpiaz, P. L., De Melo, A. F. Jr., Abreu, G. R., Lemos, E. M., et al. (2015). Comparative effects of estrogen, raloxifene and tamoxifen on endothelial dysfunction, inflammatory markers and oxidative stress in ovariectomized rats. Life Sci. 124, 101–109. doi: 10.1016/j.lfs.2015.01.004

Libby, P., and Hansson, G. K. (2019). From Focal Lipid Storage to Systemic Inflammation: jACC Review Topic of the Week. J. Am. Coll. Cardiol. 74, 1594–1607. doi: 10.1016/j.jacc.2019.07.061

Liu, L., Rippe, C., Hansson, O., Kryvokhyzha, D., Fisher, S., Ekman, M., et al. (2021). Regulation of the muscarinic m3 receptor by myocardin-related transcription factors. Front. Physiol. 12, doi: 10.3389/fphys.2021.710968.

McDermott, D. H., Yang, Q., Kathiresan, S., Cupples, L. A., Massaro, J. M., and Keaney, J. F. Jr., et al. (2005). CCL2 polymorphisms are associated with serum monocyte chemoattractant protein-1 levels and myocardial infarction in the Framingham Heart Study. Circulation 112, 1113–1120. doi: 10.1161/CIRCULATIONAHA.105.543579

Mechtcheriakova, D., Wlachos, A., Sobanov, J., Kopp, T., Reuschel, R., Bornancin, F., et al. (2007). Sphingosine 1-phosphate phosphatase 2 is induced during inflammatory responses. Cell. Signal. 19, 748–760. doi: 10.1016/j.cellsig.2006.09.004

Miano, J. M. (2003). Serum response factor: toggling between disparate programs of gene expression. J. Mol. Cell. Cardiol. 35, 577–593. doi: 10.1016/S0022-2828(03)00110-X

Miano, J. M. (2015). Myocardin in biology and disease. J. Biomed. Res. 29, 3–19. doi: 10.7555/JBR.29.20140151

Minami, T., Kuwahara, K., Nakagawa, Y., Takaoka, M., Kinoshita, H., Nakao, K., et al. (2012). Reciprocal expression of MRTF-A and myocardin is crucial for pathological vascular remodelling in mice. EMBO J. 31, 4428–4440. doi: 10.1038/emboj.2012.296

Miralles, F., Posern, G., Zaromytidou, A. I., and Treisman, R. (2003). Actin dynamics control SRF activity by regulation of its coactivator MAL. Cell 113, 329–342. doi: 10.1016/S0092-8674(03)00278-2

Olson, E. N., and Nordheim, A. (2010). Linking actin dynamics and gene transcription to drive cellular motile functions. Nat. Rev. Mol. Cell. Biol. 11, 353–365. doi: 10.1038/nrm2890

Owens, G. K., Kumar, M. S., and Wamhoff, B. R. (2004). Molecular regulation of vascular smooth muscle cell differentiation in development and disease. Physiol. Rev. 84, 767–801. doi: 10.1152/physrev.00041.2003

Parmacek, M. S. (2007). Myocardin-related transcription factors: critical coactivators regulating cardiovascular development and adaptation. Circ. Res. 100, 633–644. doi: 10.1161/01.RES.0000259563.61091.e8

Ridker, P. M., Everett, B. M., Thuren, T., Macfadyen, J. G., Chang, W. H., Ballantyne, C., et al. (2017). Antiinflammatory Therapy with Canakinumab for Atherosclerotic Disease. N. Engl. J. Med. 377, 1119–1131. doi: 10.1056/NEJMoa1707914

Staus, D. P., Blaker, A. L., Taylor, J. M., and Mack, C. P. (2007). Diaphanous 1 and 2 regulate smooth muscle cell differentiation by activating the myocardin-related transcription factors. Arterioscler. Thromb. Vasc. Biol. 27, 478–486. doi: 10.1161/01.ATV.0000255559.77687.c1

Sward, K., Krawczyk, K. K., Moren, B., Zhu, B., Matic, L., Holmberg, J., et al. (2019). Identification of the intermediate filament protein synemin/SYNM as a target of myocardin family coactivators. Am. J. Physiol. Cell. Physiol. 317, C1128–C1142. doi: 10.1152/ajpcell.00047.2019

Sward, K., Stenkula, K. G., Rippe, C., Alajbegovic, A., Gomez, M. F., and Albinsson, S. (2016). Emerging roles of the myocardin family of proteins in lipid and glucose metabolism. J. Physiol. 594, 4741–4752. doi: 10.1113/JP271913

Szymanski, A. M., and Ombrello, M. J. (2018). Using genes to triangulate the pathophysiology of granulomatous autoinflammatory disease: nOD2, PLCG2 and LACC1. Int. Immunol. 30, 205–213. doi: 10.1093/intimm/dxy021

Tang, R. H., Zheng, X. L., Callis, T. E., Stansfield, W. E., He, J., Baldwin, A. S., et al. (2008). Myocardin inhibits cellular proliferation by inhibiting NF-kappaB(p65)-dependent cell cycle progression. Proc. Natl. Acad. Sci. U. S. A. 105, 3362–3367. doi: 10.1073/pnas.0705842105

Thyberg, J., Palmberg, L., Nilsson, J., Ksiazek, T., and Sjolund, M. (1983). Phenotype modulation in primary cultures of arterial smooth muscle cells. On the role of platelet-derived growth factor. Differentiation 25, 156–167. doi: 10.1111/j.1432-0436.1984.tb01351.x

Wang, D., Prakash, J., Nguyen, P., Davis-Dusenbery, B. N., Hill, N. S., Layne, M. D., et al. (2012). Bone morphogenetic protein signaling in vascular disease: anti-inflammatory action through myocardin-related transcription factor A. J. Biol. Chem. 287, 28067–28077. doi: 10.1074/jbc.M112.379487

Xia, X. D., Yu, X. H., Chen, L. Y., Xie, S. L., Feng, Y. G., Yang, R. Z., et al. (2021). Myocardin suppression increases lipid retention and atherosclerosis via downregulation of ABCA1 in vascular smooth muscle cells. Biochim. Biophys. Acta Mol. Cell. Biol. Lipids 1866:158824. doi: 10.1016/j.bbalip.2020.158824

Yang, Y., Cheng, X., Tian, W., Zhou, B., Wu, X., Xu, H., et al. (2014). MRTF-A steers an epigenetic complex to activate endothelin-induced pro-inflammatory transcription in vascular smooth muscle cells. Nucleic Acids Res. 42, 10460–10472. doi: 10.1093/nar/gku776

Yu, L., Weng, X., Liang, P., Dai, X., Wu, X., Xu, H., et al. (2014). MRTF-A mediates LPS-induced pro-inflammatory transcription by interacting with the COMPASS complex. J. Cell. Sci. 127, 4645–4657. doi: 10.1242/jcs.152314

Zhao, X. H., Laschinger, C., Arora, P., Szaszi, K., Kapus, A., and Mcculloch, C. A. (2007). Force activates smooth muscle alpha-actin promoter activity through the Rho signaling pathway. J. Cell. Sci. 120, 1801–1809. doi: 10.1242/jcs.001586

Zhu, B., Rippe, C., Thi Hien, T., Zeng, J., Albinsson, S., Stenkula, K. G., Uvelius, B., and Sward, K. (2017). Similar regulatory mechanisms of caveolins and cavins by myocardin family coactivators in arterial and bladder smooth muscle. PLoS One 12:e0176759. doi: 10.1371/journal.pone.0176759


Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Publisher’s Note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2021 Liu, Bankell, Rippe, Morén, Stenkula, Nilsson and Swärd. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.











	 
	ORIGINAL RESEARCH
published: 06 October 2021
doi: 10.3389/fphys.2021.735915





[image: image]

Classical and Non-classical Fibrosis Phenotypes Are Revealed by Lung and Cardiac Like Microvascular Tissues On-Chip
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Fibrosis, a hallmark of many cardiac and pulmonary diseases, is characterized by excess deposition of extracellular matrix proteins and increased tissue stiffness. This serious pathologic condition is thought to stem majorly from local stromal cell activation. Most studies have focused on the role of fibroblasts; however, the endothelium has been implicated in fibrosis through direct and indirect contributions. Here, we present a 3D vascular model to investigate vessel-stroma crosstalk in normal conditions and following induced fibrosis. Human-induced pluripotent stem cell-derived endothelial cells (hiPSC-ECs) are co-cultured with (and without) primary human cardiac and lung fibroblasts (LFs) in a microfluidic device to generate perfusable microvasculature in cardiac- and pulmonary-like microenvironments. Endothelial barrier function, vascular morphology, and matrix properties (stiffness and diffusivity) are differentially impacted by the presence of stromal cells. These vessels (with and without stromal cells) express inflammatory cytokines, which could induce a wound-healing state. Further treatment with transforming growth factor-β (TGF-β) induced varied fibrotic phenotypes on-chip, with LFs resulting in increased stiffness, lower MMP activity, and increased smooth muscle actin expression. Taken together, our work demonstrates the strong impact of stromal-endothelial interactions on vessel formation and extravascular matrix regulation. The role of TGF-β is shown to affect co-cultured microvessels differentially and has a severe negative impact on the endothelium without stromal cell support. Our human 3D in vitro model has the potential to examine anti-fibrotic therapies on patient-specific hiPSCs in the future.
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GRAPHICAL ABSTRACT.




INTRODUCTION

Organ fibrosis is responsible for a third of all fatalities globally and is a clinical hallmark of many cardiac and pulmonary diseases (Zeisberg and Kalluri, 2013). Fibrosis is characterized by excess deposition and remodeling of extracellular matrix (ECM) proteins, immune cell activation, and

increased tissue stiffness, wherein a continued activation of fibroblasts results in a myofibroblast phenotype (Hinz et al., 2001; Wynn and Ramalingam, 2012). In both cardiac and pulmonary tissues, fibrosis can be divided up into two stages—characterized by matrix remodeling, inflammation, initial myofibroblast activation during the early stages; and increased matrix accumulation (scarring), presence of macrophages, and continued fibroblast activation during the later stages (Murtha et al., 2017). Myofibroblasts are implicated in excessive deposition of ECM proteins, are hyperproliferative, express alpha-smooth muscle actin (αSMA), and are more contractile than the native stromal cell population. As a result, there is a subsequent build-up of ECM proteins, such as collagen, which in turn increases tissue stiffness and activates more fibroblasts toward a myofibroblast phenotype—resulting in a deleterious positive feedback loop. While ECM deposition is an essential part of the wound healing cascade, if left unchecked, it can lead to pathological fibrosis. This compromises the structure and function of the native tissue, eventually resulting in organ failure (Anversa et al., 1991).

Various etiologies of cardiac and pulmonary diseases, such as idiopathic pulmonary fibrosis and ischemic heart disease, involve fibrotic tissue remodeling prior to the clinical manifestation of end-stage organ failure (Wynn and Ramalingam, 2012). While several factors such as microenvironmental stiffness, reactive oxygen species, growth factors, and cytokines, have been implicated in both cardiac and pulmonary fibrosis, transforming growth factor-β (TGF-β) has been identified as a central actor (Wynn and Ramalingam, 2012; Koliaraki et al., 2020; Wang et al., 2020, 2021). Continued secretion of TGF-β results in increased proliferation and activation of myofibroblasts resulting in dysfunctional ECM remodeling. Despite the many studies on fibrosis using in vitro and in vivo models, we are still limited in our understanding of disease progression in regards to the fibrotic response. This limitation has been attributed, in part, to inadequate humanized models which often fail to capture complex pathophysiology and predict drug interactions; animal models (in vivo) do not account for species-dependent differences while 2D models (in vitro) lack the complexity to model human tissue. As such, there has been a move toward more complex in vitro 3D models such as microfluidic (on-chip) and organoid systems.

In vitro models of cardiac and pulmonary fibrosis have mainly focused on stromal-parenchyma interactions and have largely excluded the role of the endothelium in modulating the fibrotic response (Alsafadi et al., 2017; Aghajanian et al., 2019; Mastikhina et al., 2020; Mejías et al., 2020; Sacchi et al., 2020; Wang et al., 2020). Endothelial cells (ECs), which line the vessels that pervade all tissues and actively participate in health and disease, have been implicated in pathological fibrosis, from its onset through its progression. It has been proposed that an endothelial mesenchymal transition (endoMT), vascular inflammatory response activation, endothelial senescence, and vessel rarefaction all contribute to fibrosis (Zeisberg et al., 2007a,b; Johnson and DiPietro, 2013; Pardali et al., 2017; Sun et al., 2020). While the role of the vasculature in fibrosis is becoming increasingly recognized, there is a need to characterize vascular phenotypic changes resultant from the onset of fibrosis. The use of functionally vascularized in vitro models that replicate hallmarks (adverse ECM remodeling, myofibroblast activation, and increased tissue stiffness) of cardiac and pulmonary fibrosis is yet to be achieved. Considering that both the heart and lung are highly vascularized, it is of critical importance to examine the role of vessels and stromal-endothelial crosstalk in tissue-specific fibrosis.

To address this unmet need, we employed a 3D perfusable microvascular model to first understand the contributions of stromal cells to microvascular and extravascular matrix remodeling. Next, we use this system to induce fibrosis using TGF-β in cardiac- and pulmonary-like vascular tissues in a controlled manner. By culturing human-induced pluripotent stem cell-derived endothelial cells (hiPSC-ECs) with (or without) human primary cardiac (CFs) or lung fibroblasts (LFs), we demonstrate the impact of these stromal cells on endothelial barrier function, microvascular morphology, and ECM properties. Subsequent antagonization of our system with TGF-β reveals the severe impact of a fibrotic phenotype on vascular stability, and the time and dose-dependent effects on microvascular tissues (μVTs) in lung vs cardiac-like microenvironments. Treatment resulted in differential effects on αSMA expression, matrix remodeling, MMP activity, and changes in vascular stability between the two microvascular tissue types. Using the hiPSC-EC derived microvasculature, we were able to investigate the crosstalk with the local stromal population and minimize tissue-dependent endothelial cell heterogeneity. Our findings suggest that lung and cardiac μVTs respond to TGF-β in a differential manner, with LFs contributing to the development of a classical fibrotic phenotype and cardiac fibroblasts a non-classical phenotype.



MATERIALS AND METHODS


Cell Culture

Commercially available (and characterized) hiPSC-ECs were purchased from Cellular Dynamics (Fujifilm) and were cultured in endothelial media (VascuLife, Lifeline cell systems) with an additional 10 ml L-glutamine and 10% Fetal Bovine Serum on 30 μg/ml human fibronectin (Sigma) coated T-75 flasks. Primary normal human lung fibroblasts (NHLF) and primary normal human ventricular cardiac fibroblasts (NHCF-V) were purchased from Lonza. All cells were used between passages 5 and 7. NHLFs were cultured in Fibrolife media (Lifeline cell systems) on 50 μg/ml rat tail collagen I (Merck) coated T-75 flasks. NHCF-Vs were cultured in FibroLife supplemented with 10% FBS. All cells were cultured at 37∘C and 5% CO2, and a complete media change was conducted every other day. To culture the optimal cell numbers for device seeding, hiPSC-ECs were subdivided into 2 × T-150 flasks after the first passage and grown again to 80–90% confluency.



Device Fabrication

As previously described (Haase et al., 2019), devices were fabricated using PDMS (SYLGARDTM 184 Silicone Elastomer Kit, Dow). The elastomer and cross-linker were mixed in a 10:1 ratio, per manufacturer’s recommendations, degassed using a vacuum desiccator, and poured onto a fabricated mold, and degassed a second time. PDMS was then cured at 60∘C overnight and individual devices were cut, punched, and air-plasma bonded (Harrick systems) to clean glass slides. While hydrophilic, a 100 μg/ml Poly-D-Lysine (Sigma) coating was applied for >2 h before rinsing with sterile MilliQ water three times. These devices were then incubated at 60∘C overnight, reinstating hydrophobicity. Prior to cell seeding, all devices were sterilized under ultraviolet light for at least 30 min.



Device Seeding and Formation of Microvessels

Fibrinogen derived from bovine plasma (Sigma) was reconstituted in phosphate-buffered saline (PBS) to a working concentration of 6 mg/ml before use. Thrombin (Sigma) was diluted to a 4 U/ml working solution in cold VascuLife medium. Endothelial cells and stromal cells were then dissociated and mixed with the appropriate volume of thrombin and fibrinogen solution to make up final concentrations of 6 million cells/ml and 1.2 million cells/ml, respectively, resulting in a 5:1 ratio, as previously described (Haase et al., 2019). To seed one device, an 18 μl cell + thrombin (final concentration of 2U) suspension was mixed with an equal volume of fibrinogen solution (final concentration of 3 mg/mL). Following insertion into the gel channel, the mixture was allowed to polymerize for 20–30 min at 37∘C in a humidified chamber. VascuLife media was supplemented with 50 ng/ml vascular endothelial growth factor A (VEGF; PeproTech) and was added to each media channel. The media was refreshed daily (150 μL) and cultured under static conditions.



Transforming Growth Factor-β Treatments

On day 4, microvessels were treated with one of two TGF-β treatment regimens (low concentration/short-term and high-concentration/long-term), with daily media changes. The low concentration/short-term regimen consisted of a 5 ng/ml TGF-β supplemented growth media (replenished daily) until day 7 of culture. The high concentration/long-term regimen consisted of a 25 ng/ml TGF-β supplemented growth media (replenished daily) until day 11 of culture. For 2D experiments, lung and cardiac fibroblasts were seeded in 6-well plates at 100,000 cells per well using FibroLife growth medium (2% FBS). Cells were then treated with 0, 5, or 25 ng/ml TGF-β supplemented growth medium for 48 h, with complete daily media change.



Cytokine Analysis

For 3D cytokine analysis, supernatants were pooled from n = 4 devices on day 5. We employed a human angiogenesis array (Abcam, ab134000) according to the manufacturer’s instructions. The relative expression of cytokines (measured by fluorescent intensity) was compared between all groups, corrected to the negative controls on each array, and normalized to the positive controls, using the monoculture as the reference array. For 2D cytokine collection, lung and cardiac fibroblasts were seeded in 6-well plates at 100,000 cells per well using FibroLife growth medium (2% FBS). Supernatants were collected after 48 h in culture. The cytokine profile was analyzed using the same human angiogenesis array (Abcam, ab134000). The relative expression of cytokines (measured by fluorescent intensity) was compared between all groups and normalized to the positive controls and negative controls. The blots were visualized using the Fusion FX Spectra (Vilber, France).



Growth Factors

Exogenous VEGF (PeproTech, 100-20) was made up at a stock concentration of 100 μg/ml in 0.1% Bovine Serum Albumin (BSA) PBS and was supplemented in media at a concentration of 50 ng/ml. TGF-β1 (PeproTech, 100-21) was made up at a stock concentration of 50 μg/ml in 0.2% BSA 4 mM HCl and used at 5, 10, and 25 ng/mL, as indicated.



MMP Expression

Supernatants were collected and pooled from n = 4 TGF-β treated devices on day 7, kept briefly on ice, then stored at −80∘C until use. Using two separate DuoSet ELISA KITs (R&D systems, DY901B and DY911), the concentration of MMP-1 and MMP-9 were determined for TGF-β treated conditions per the manufacturer’s instructions. Briefly, MMP concentrations were derived using measured absorbance values (with wavelength correction at 590 nm) compared to provided standards, accounting for the sample’s dilution factor. For MMP1 detection, samples were prepared in a 1:500 dilution with the reagent diluent. While for MMP9, samples were prepared in a 1:1 ratio. The growth media was used as a control, to account for any exogenous MMPs from the added FBS. Measurements were done in triplicate with lung and cardiac fibroblast only controls.



Permeability Measurements

Microvessels were perfused on day 7 with 70 kDa FITC dextran (Merck) using a pressure gradient. Briefly, both media channels were emptied, then 40 μl of the fluorescent solute (100 μg/ml FITC dextran in vascular growth medium) was added to one media channel. Following perfusion through the microvessels, to halt convection, an additional 40 μl was added to the other media channel. After 1 min, time-lapse (3 × 3-min intervals) confocal z-stack images were acquired at a 5 μm step size and ≈20–25 slices. Analysis was done as previously described (Haase et al., 2019), using the equation below:

[image: image]

Where pv is the vessel perimeter, I is the fluorescent intensity which is linearly related to the concentration of the fluorophore. P(t) is the approximated permeability P (cm/s) and AT is the extravascular tissue area.



Vessel Morphology Quantification

The maximum projected images of the FITC-dextran channels at t = 0 were used to quantify the morphology of the microvascular networks. Briefly, a custom Fiji macro was generated to process the images as follows: projections of maximum intensity of the FITC channel in the z-direction, Gaussian filter smoothing (with 3 iterations with sigma values of 3, 2, and 2), followed by adaptive local thresholding using the Phansalkar method (k = 0.5, r = 0.75, at a radius of 150 pixels), binarization, and the removal of outliers of radius 3 pixels. The built-in Analyze particles and 2D skeletonize plug-ins were employed (Supplementary Figure 2). The morphological quantifications were then normalized to the area of the fully perfused regions, as these measurements were performed on FITC-dextran channels.



Extravascular Diffusivity

Small molecule diffusivity in the extravascular space was determined for each μVT condition using fluorescence recovery after photobleaching (FRAP), as previously described (Haase et al., 2020). After perfusion with a 70 kDa FITC-dextran into the microvessels, μVTs were incubated at 37∘C for ≥1 h, to allow for total diffusion throughout the hydrogel (in the intra- and extravascular space). Intra- and extravascular regions are still detectable, as shown by outlines in Figure 3A. Bleaching was performed in 30 μm diameter regions, with 30 s total bleach + recovery. Over 10 measurements were taken per device. Time-lapse imaging was performed to capture the bleaching and subsequent recovery of fluorescence in the extravascular regions. These images were then analyzed using a MATLAB FRAP analysis tool (Jönsson et al., 2008) to correlate the changes in fluorescence intensity with time (Figure 3B). The diffusion time was estimated using L2/D, where D is the diffusivity of the fluorescent particle and L is the maximum distance between blood vessels (in our case, the diameter of the bleached area; Dewhirst and Secomb, 2017).
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FIGURE 1. Stromal cells alter the morphology of hiPSC-EC derived microvessels. (A) Schematic of the on-chip PDMS device used to generate hiPSC-derived microvessels. Cells are encapsulated within a fibrin hydrogel in the central channel and form microvascular networks as early as day 3. (B) Representative confocal images of microvascular networks taken at 20x. L-R: Microvessels derived from hiPSC-EC monoculture, hiPSC-EC and lung fibroblast co-culture, and hiPSC-EC and cardiac fibroblast co-culture. Microvessels were stained for a known endothelial marker, CD31 (green), and were counterstained by phalloidin (magenta) and Dapi (blue). Top: XY plane of formed microvascular networks. Bottom: orthogonal (XZ-plane) images of microvessels showing open lumens. (C–H) Comparison of morphological parameters between mono- and co-cultures. Shown are data from 3 separate experiments with ≥10 devices per condition. Box plots demonstrate SD (outer whiskers) and SE (box edge). Significance is shown by *P < 0.05, using one-way ANOVA and a subsequent Tukey means comparison test.
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FIGURE 2. Endothelial barrier function is affected by stromal cells. (A) Confocal maximum projection images demonstrating microvessels perfused with 70 kDa FITC dextran (green). The scale bar is 100 μm. (B) Endothelial permeability to 70 kDa FITC dextran, measured at day 7. CF co-culture significantly decreases endothelial barrier function. Shown are data from 3 separate experiments. Box plots demonstrate SD (outer whiskers) and SE (box edge). Significance is shown by *P < 0.05, **P < 0.01 using a t-test to compare with mono-cultured and co-cultured vessels. (C) Cytokine profiling using an antibody array from supernatant collected from microvessels at day 5. The measured intensity of the expressed cytokines was normalized intensity to the positive and negative controls on the array.
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FIGURE 3. Stromal cells impact extravascular matrix properties. (A) Representative images of FRAP measurements in the extravascular regions performed on day 7. Images show bleached and post-bleached regions—as indicated by the dotted white circle. (B) Example of post-bleach recovery, as measured by fluorescent intensity over time. (C) Diffusivity measurements of the extravascular regions from the different microvessels. (D) Experiment timeline for FRAP and schematic of nanoindentation measurements. (E) A representative load-indentation graph of the gel-microvessel substrate. The vertical dotted line indicates the intersection of the contact point. (F) Measured effective Young’s modulus for Microvessels at day 7. Box plots demonstrate SD (outer whiskers) and SE (box edge). Significance is shown by *P < 0.05, using one-way ANOVA and a subsequent Tukey means comparison test.




Immunofluorescence Staining

Fixation was performed using 4% paraformaldehyde for 20 min prior to washing with PBS and subsequent solubilization using 0.1% Triton-X (10 mins). Samples were then incubated in applicable blocking buffer, PBS + BSA + serum of the secondary antibody, for more than 1 h. Primary antibodies were diluted in wash buffer (0.5% BSA in PBS) and were added to the samples and incubated overnight at 4∘C. After overnight incubation, samples were washed with wash buffer and incubated with the appropriate secondary antibodies and counterstains (>2 h). Samples were rinsed with PBS and either imaged immediately or mounted on coverslips (for 2D samples) using Fluoromount-G (Invitrogen) and stored at 4∘C before imaging. To stain microvessels within a device, a pressure gradient was applied across the gel for all staining and wash steps.



Nanoindenter Measurements

The effective Young’s Modulus of fibrin hydrogels was measured using the Chiaro Nanoindenter (Optics 11, Amsterdam, Netherlands). Nanoindentation measurements were done at room temperature using spherical probe tips with a mean radius of 28.5 ± 3.12 μm and an average stiffness of 0.026 ± 0.002 N/M, respectively. To access the gel/tissue in a device, a scalpel was gently used to cut away the top layer of PDMS with minimal gel agitation (Figure 3D). Prior to the probe insertion, the gel chamber was topped up with growth medium to ensure the gel remained fully hydrated during measurements. The probe was calibrated in media and then gently submerged into the liquid of the device containing the hydrogel. Measurements were performed with an indentation depth of 12 μm (∼2.4% of ∼500 μm thick hydrogel), using the manufacturer’s indentation control function in the adhesion mode. An approach speed of 50 μm/s was employed. The effective Young’s modulus was derived from load-indentation curves by fitting to the standard Hertz model and assuming a Poisson’s ratio of 0.5, using the manufacturer’s data analysis plug-in. On average, ∼16 measurements were analyzed per sample with an n ≥ 3.



Statistics

Unless noted otherwise, one-way ANOVA was used to assess statistical significance across conditions at P < 0.05, and a post-hoc Tukey test was performed as a means comparison using OriginPro8. Data shown here are from n ≥ 3 devices with at least 2 measurements per device, except for the nanoindentation measurements (∼16 measurements per device) and unless otherwise specified.



Western Blot

Gels were extracted using a scalpel to cut away the top layer of PDMS with minimal gel agitation. Each extract was directly transferred to 100 μl RIPA buffer on ice for tissue lysis. Samples were immediately frozen at −80∘C for at least 30 min prior to sonication. Extracts were homogenized on ice using a Bioruptor> Sonication System with at least three freeze-sonicate-freeze cycles until the gel was fragmented. All samples were vortexed for 30 s and then centrifuged for 5 min at 4∘C at maximum speed. Protein concentrations were determined from the supernatant using the PierceTM BCA Protein Assay Kit according to the manufacturer’s protocols. 10 μg of measured protein in lysates were then added to 4x sample buffer (Laemmli buffer + DDT) and RIPA buffer to make a 50 μl solution. Samples were then heated at 95∘C for 5 min before gel loading in Mini-PROTEAN TGX Gels (BIO-RAD). Membranes were then blocked for 1 h on a rocker at RT in 5% nonfat dried milk powder in tris-buffered saline, 0.1% Tween-20 (TBST) after gel transfer. After blocking, antibodies for collagen-1 (Abcam, ab260043, 1:2000), α-SMA (Abcam, ab5694, 1:1000), and β-actin (Merck, A1978, 1:2000) were incubated at 4∘C overnight on a rocker plate. Antibody binding was quantified using horseradish peroxidase-conjugated secondary anti-mouse (Abcam, ab205719, 1: 10,000) or anti-rabbit (Abcam, ab205718, 1: 10,000) after 1-h incubation. The blots were visualized using the Fusion FX Spectra (Vilber, France). Protein expression was normalized to β-actin expression using ImageJ. 2D cultures were extracted using a cell scraper and lysed on ice with RIPA buffer, then immediately homogenized for 10 min prior to vortexing.




RESULTS


Stromal Cells Impact Morphology of Human-Induced Pluripotent Stem Cell-Derived Microvasculature

Using our previous microfluidic design (Haase et al., 2019; Offeddu et al., 2019), hiPSC-ECs were cultured with (or without) human primary cardiac (CFs) or LFs to generate microvessels in tissue-like microenvironments (Figure 1A). Adapting our previously published protocol (Haase et al., 2019), cells were encapsulated in a fibrin gel, with an endothelial to stromal cell ratio of 5:1, in the middle chamber of a macro-scaled fluidic device. After several days in culture, hiPSC-ECs coalesce to form a well-connected vascular network with open lumens, as seen in confocal images for mono- and co-cultures (Figure 1B). Actin staining demonstrates stromal cell association with the endothelium in both co-cultures (Figure 1B and Supplementary Figure 1). Vascular morphology measurements were quantified in perfused regions of mono- and co-cultured vessels on day 7 of culture, revealing the strong influence of stromal cells in these networks (Figures 1C–H). Parameters including vessel (effective) diameter, area coverage, junction and branch densities, connectivity, and average branch length were all compared. Both lung and cardiac fibroblasts result in increased branching of the networks and reduced vessel diameters. Moreover, the average branch length is significantly reduced. Notably, in the case of the cardiac fibroblast co-cultures, the vessel area was also significantly reduced, and vessels appeared quite narrow (Figures 1C, 2 and Supplementary Figures 1, 2). Perfusion was demonstrated using fluorescently labeled dextran coursing through the microvessel lumen (Figure 2). Perfusion of cardiac co-cultures was difficult and did not always result in fully perfused networks across the vascular bed.



Stromal Cells Affect Endothelial Barrier Properties

Perfusion with FITC-labeled 70 kDa dextran into the microvessels at day 7 allowed for measurements of vascular permeability, as previously described (Haase et al., 2019). By tracing the flux of the fluorescent solute from intra- to extra-vascular regions (see perfused vessels in Figure 2A) we determined that LFs did not affect barrier function; however, cardiac fibroblasts resulted in significantly reduced barrier function (increased permeability) compared to hiPSC-EC monoculture vessels (Figure 2B). The values reported for both mono-cultured and lung co-cultured microvessels are similar to those reported previously for hiPSC-EC vessels (Hajal et al., 2021) and similar to in vivo (non-human) measurements [summarized in Offeddu et al. (2019)]. We hypothesized that co-culture with stromal cells could contribute to an altered angiogenic profile. Therefore, we collected supernatants from microvessels (and fibroblasts seeded in fibrin gels alone) on day 5 post-seeding and performed a cytokine array. A semi-quantitative analysis demonstrated many similarities between the mono- and co-culture vessels (Figure 2C). There were pronounced differences in ENA-78 and PDGF-BB between mono- and co-cultures, and overall high levels of IL-6, IL-8, TIMP-1, and TIMP-2 in all microvessels; most of these cytokines are negligibly expressed in the culture medium alone (Supplementary Figure 6). Notedly, IL-6 is increased in both 3D cultured CFs alone and when co-cultured with hiPSC-ECs. A separate cytokine profile of 2D cultured CFs again showed an increased expression of inflammatory factors CFs in comparison to LFs, despite both being cultured in a low-serum (2% FBS) medium (Supplementary Figure 3A).



Lung and Cardiac Fibroblasts Differentially Alter Extravascular Tissue

Fibroblasts are known to continually remodel the ECM in vivo and are implicated in tissue homeostasis and pathophysiology (Di Carlo and Peduto, 2018; Koliaraki et al., 2020; Buechler et al., 2021). However, less is known regarding their contribution to this process in the microvascular niche. Here, two approaches were employed to examine the impact of stromal cells on extravascular matrix remodeling. First, FRAP techniques, as previously described (Haase et al., 2020), were performed in the extravascular space to determine diffusivity. A 70 kDa FITC-dextran was perfused into the vessels, followed by incubation for several hours, to allow for total diffusion throughout the hydrogel (in the intra- and extravascular space). Vessel regions are still detectable in the device, as shown by outlines in Figure 3A. Time-lapse imaging was performed to capture the bleaching and subsequent recovery of fluorescence in the extravascular regions. These images were then analyzed using a MATLAB FRAP analysis tool (Jönsson et al., 2008) to correlate the changes in fluorescence intensity with time (Figure 3B). The diffusion time can be estimated using L2/D, where D is the diffusivity of the fluorescent particle and L is the maximum distance between blood vessels (Dewhirst and Secomb, 2017). With an L of 30 μm, mean diffusion times for 70 kDa size molecules for the cardiac-like, lung-like, and monoculture μVTs were 24.2 ± 0.32, 25.79 ± 0.59, and 23.76 ± 0.26 s, respectively. Microvessels in the LF co-cultures resulted in extravascular regions with significantly reduced diffusivity in comparison to mono-cultured hiPSC-EC vessels (Figure 3C). Surprisingly, the cardiac co-cultured microvessels did not result in any significant change in diffusivity compared with monocultured vessels. Second, we aimed to correlate our findings from FRAP measurements with the mechanical properties of the microvessel tissues. Nanoindentation experiments were performed on the microvessel tissues following 7 days in culture. By carefully cutting away the PDMS using a surgical blade, the nanoindenter was used to probe the tissue stiffness of the various microvessels (Figures 3D–F). As expected, hydrogels containing vessels are significantly stiffer than fibrin (cultured in devices until day 7) alone. However, more importantly, LF co-cultured vessels result in increased tissue stiffness, compared to both cardiac and mono-cultured hiPSC-EC vessels (Figure 3F) following 7 days of culture.



Transforming Growth Factor-β Treatment Induces Fibroblast-Specific Matrix Remodeling

Transforming growth factor-β has been widely utilized in replicating fibrotic hallmarks, such as the activation of myofibroblasts and increased ECM protein deposition (Wynn and Ramalingam, 2012; Pardali et al., 2017; Lemos and Duffield, 2018; Sun et al., 2020). Here, microvascular tissues were treated on day 4 (after the formation of nascent microvessels) with either one of two different TGF-β treatment regimens: low concentration/short-term and high-concentration/long-term (Figure 4A). These regimens served as lower and upper TGF-β thresholds examined previously in alternative in vitro fibrotic models (Thannickal et al., 2003; Jeon et al., 2014; Walker et al., 2019; Mastikhina et al., 2020; Mejías et al., 2020). Following treatment in the μVTs, we measured changes in stiffness using nanoindentation (Figure 4B) and corresponding αSMA (Figure 4C) and collagen levels (Supplementary Figure 5) by western blotting. In both regimens, there were no changes in the measured stiffness, αSMA expression, or collagen I expression between the treated and untreated hiPSC-EC microvessels. On the other hand, TGF-β treated LF co-cultures significantly increased in stiffness and correspondingly increased in αSMA expression. Surprisingly, TGF-β treated cardiac-like μVTs resulted in a decrease in the measured stiffness and αSMA expression; however, the microenvironment stiffness was only significantly affected under high-concentration/long-term treatments. No measurable differences in collagen expression were observed between the control and treated groups.
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FIGURE 4. TGF-β treatment induces differential stromal-cell matrix remodeling. (A) Schematic diagram of TGF-β treatment regimens and subsequent nanoindentation experiments. (B) Measured effective Young’s modulus of the microvessels for the low concentration/short-term and high concentration/long-term conditions. (C) Relative αSMA expression in the different treatment regimens determined by Western Blot (for iPSC-EC low conc./short-term n = 3 samples were pooled). (D) MMP 1 and MMP 9 expressed in TGF-β treated microvascular tissues measured by ELISA. Dashed region is the mean value for media. Significance is shown by *P < 0.05, using a one-way ANOVA and a subsequent Tukey means comparison test. Box plots demonstrate SD (outer whiskers) and SE (box edge).


In an attempt to correlate the observed changes in stiffness with changes in ECM protein degradation, we next measured MMP activity in response to TGF-β treatment in the various μVTs (Figure 4D). Supernatants were collected from μVTs treated by the short-term/low concentration regimens and were analyzed by ELISA. Fibroblast-only controls (in fibrin) showed comparable expression to growth media for MMP-9, where FBS contains MMPs, as previously observed (Hu and Beeton, 2010). There was a marked increase in the endogenous expression of MMP 1 and -9 in vascularized μVTs. MMP-1 was highly expressed in the cardiac co-culture, in contrast with the low expression in the lung co-culture. Fibroblast only cultures are significantly different from their respective μVTs. MMP-9 was expressed in higher amounts in the treated hiPSC-EC μVTs than in both co-cultures, corresponding with their relatively soft microenvironment, particularly in comparison to lung μVTs.

Phase-contrast images taken on days 7 and 10 also showed significant morphological changes resultant from the high-concentration/long-term regimen (Supplementary Figure 4). In general, TGF-β treated microvessels appear thinner than the untreated controls; vascular density decreased as the lumens narrowed and were more occluded. Overall, fibroblast co-cultured microvessels were more resilient to the treatment compared to the monoculture hiPSC-EC vessels.




DISCUSSION

Leveraging our experience in generating perfusable microvascular networks (Haase et al., 2019, 2020), we established perfusable lung- and cardiac-like microvascular tissues on-chip. To the best of our knowledge, we are the first to report microvascular morphometric changes in hiPSC-EC derived microvessels and alterations in extravascular matrix properties, due to the presence of tissue-specific fibroblasts. We employed hiPSC-ECs to understand how tissue-dependent stromal-endothelial interactions influence the fibrotic response in a controlled manner. This approach allowed us to isolate the influences of the local stromal population and minimize tissue-dependent endothelial cell heterogeneity, which has been shown to influence health and disease (Aird, 2007; Augustin and Koh, 2017; Pasut et al., 2021). Our results demonstrate a clear impact of lung and cardiac fibroblasts on the formation of hiPSC-EC derived microvessels. In both co-cultures, fibroblasts clearly associated with vasculature and strongly impacted their morphology, largely resulting in smaller diameter vessels and increased branching (Figure 1B and Supplementary Figure 2). Other in vitro models have demonstrated the importance of stromal-endothelial cell crosstalk in promoting vessel stability (Whisler et al., 2014; Zeinali et al., 2018; Mejías et al., 2020). Despite the same initial seeding ratio, cardiac fibroblasts, unlike those from the lung, led to narrower vessels and reduced endothelial barrier function. Moreover, LFs, as opposed to cardiac, significantly reduce extravascular diffusivity and increased the overall stiffness of μVTs in comparison to hiPSC-EC μVTs. Endothelial-stromal cell crosstalk results in varied effects for lung and cardiac μVTs and their extravascular microenvironments, which is summarized in Figure 5.
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FIGURE 5. Differential response of cardiac and pulmonary-like microvascular tissues in induced fibrosis. (A) Vessel morphology and endothelial barrier function are impacted by stromal cell type. (B) Extravascular matrix is differentially remodeled in cardiac and lung microvascular tissues. (C) There is a differential response to TGF-β stimulation in the cardiac and lung microvascular tissues. In (A,B), trends are in comparison to the monoculture microvascular tissue properties.


Considering its strong association with fibrosis, TGF-β was used to induce an increased fibrotic-like state in our μVTs. Treatment with TGF-β had a severe impact on vascular stability, resulting in loss of viable networks in the absence of stromal cells (Supplementary Figure 4). Interestingly, this effect was abrogated by the presence of lung and cardiac fibroblasts. In all TGF-β treated microvessels, network density appeared reduced, similar to previous observations in vitro in HUVEC-derived microvessels and bone marrow-derived human mesenchymal stem cells (Jeon et al., 2014). Reduction in microvessel density has been implicated in fibrosis in vivo, but whether rarefaction is an initiator, contributor, or a consequence of fibrosis is still unknown (Sun et al., 2020). A lower vascular density can advance fibrosis via hypoxia-induced fibroblast activation (Ballermann and Obeidat, 2014) and the upregulation of LOXL2 production (a prominent actor in collagen crosslinking) in exosomes secreted from hypoxic endothelial cells (de Jong et al., 2016). Future studies on vascular rarefaction in the context of TGF-β induced fibrosis on-chip could help elucidate its role in fibrosis.

Fibrotic mechanisms in cardiac and lung fibrosis have been hypothesized to differ in terms of apoptotic cell sources, outcome, timeline, collagen degradation, and anatomic location (Johnson and DiPietro, 2013; Murtha et al., 2017). A possible contributor to these observed differences could be attributed to the differential fibroblast response in vascular-matrix remodeling marked by differences in expressed αSMA levels, inflammatory profiles, MMP activity, and associated microvascular tissue stiffness, as observed herein. TGF-β treatment resulted in concentration-and-time-dependent changes in extravascular matrix remodeling for the lung- and cardiac-like μVTs (Figure 4B). For the lung-like μVTs, an increase in tissue stiffness and a corresponding significant increase in αSMA was observed due to long-term treatments at high concentrations (Figures 4B,C and Supplementary Figure 5). Various groups have reported different concentrations (1–50 ng/ml) of TGF-β and treatment durations (24 h to 3 weeks) to induce fibrosis in vitro; longer treatment periods have been observed to induce distinct classical fibrotic phenotypes with human donor cells (Thannickal et al., 2003; Jeon et al., 2014; Walker et al., 2019; Mastikhina et al., 2020; Mejías et al., 2020). However, the opposite trend was observed here in the cardiac vessels – reduced stiffness and a corresponding lower expression of αSMA (Figure 4). Notably, untreated cardiac-like μVTs resulted in a significant increase in stiffness over the long-term culture period, yet the addition of TGF-β led to a softening effect. Tissue stiffness has been reported previously to play a role in fibroblast activation and tissue remodeling (Shi et al., 2013; El-Mohri et al., 2017; Yeh et al., 2017; Notari et al., 2018; Wang et al., 2020, 2021). Softer microenvironments reduce fibroblast activation in vivo and in cardiac explant models (Notari et al., 2018; Wang et al., 2021). This decreased stiffness from TGF-β treatment could contribute to the reduced αSMA expression – taken here as an indicator of a reduced activated fibroblast population.

It has been suggested that the abundance of inflammatory factors in the early stages of cardiac fibrosis reduces TGF-β responsiveness, delaying myofibroblast activation and ECM protein deposition (Dobaczewski et al., 2011; Frangogiannis, 2014; Murtha et al., 2017). Our hiPSC-EC derived vessels (with and without stromal cells) express inflammatory cytokines (Figure 3C). Given that our vessels are cultured in a fibrin hydrogel, it is also possible that the normal (untreated) microvessel environment on-chip promotes a wound-healing state. Increased ENA-78 and IL-6 expression in these vessels suggest an inflammatory-like environment, and both factors have been previously implicated in fibrosis (Walz et al., 1997; Arenberg et al., 1998; Wynn and Ramalingam, 2012; Tanaka et al., 2014). Moreover, proinflammatory cytokines have been implicated in endothelial junction disruption, influencing endothelial barrier function (Wallez and Huber, 2008; Dejana et al., 2009; Alimperti et al., 2017). μVTs showed increased expression of inflammatory factors in both the cardiac fibroblast-only and cardiac-microvessel co-culture (Figure 3C). Additionally, a 2D array showed increased expression of inflammatory factors from cardiac, in comparison to LFs despite both being cultured in low-serum (2% FBS) medium (Supplementary Figure 3A). From our results, we expect that the differences in inflammatory signaling (increased IL-6) contribute to the observed differences in endothelial barrier function in the cardiac co-culture system (Figures 2B,C and Supplementary Figure 3A), but this needs to be confirmed in future studies. This increased inflammatory phenotype of the cardiac fibroblasts is consistent with reports of a prolonged inflammatory stage in cardiac fibrosis (Murtha et al., 2017). These differences in pro-inflammatory cytokines could delay the response to TGF-β in the cardiac-like μVTs, contributing to the different timelines observed in cardiac and pulmonary fibrosis.

The complex interplay between tissue inhibitors of metalloproteases (TIMPs) and MMPs also regulate the fate of ECM remodeling; however, there is limited information on the role of TIMPs in lung fibrosis (Murtha et al., 2017). Moreover, lung and cardiac fibrosis both lead to increased collagen synthesis; yet, cardiac fibrosis has been shown to result in increased collagen degradation during early stages of the disease. Increased remodeling activity results in the breakdown of the collagen network in the case of cardiac fibrosis, while in the lung, it leads to collagen processing and maturation (Fan et al., 2012; Johnson and DiPietro, 2013; Murtha et al., 2017). Additionally, the upregulation of protease inhibitors, such as TIMPs, occurs after the inflammatory stage in cardiac fibrosis further contributing to the reported characteristics of early-stage fibrosis. These differences could explain the contrasting trends between cardiac- and lung-specific μVTs, which quite clearly follow unique timelines in ECM remodeling and production. Additionally, the differential effects of TGF-β on matrix regulation via MMP regulation could contribute to these differences (Uría et al., 1998; Padua and Massagué, 2009; Lian et al., 2021). TGF-β has been reported to up-regulate MMPs and down-regulate TIMPs in cancer cells, human fibroblasts, and endothelial cells (Uría et al., 1998; Padua and Massagué, 2009; Hsieh et al., 2010; Moore-Smith et al., 2017); conversely, it has also been implicated in downregulation of MMPs and the upregulation of TIMPs (Leivonen et al., 2013), suggesting a tissue and context-dependent role in matrix remodeling (Padua and Massagué, 2009; Krstic and Santibanez, 2014).

Our results demonstrate MMP-1 and MMP-9 (which act on collagen I and collagen IV, respectively) activity in all TGF-β stimulated μVTs (Figure 4D). Although FBS in the culture medium contains MMPs (Hu and Beeton, 2010), there was a marked increase in endogenous expression of MMP- 1 and -9 in treated microtissues. MMP-1 is an interstitial collagenase and acts on collagen I-III, VII, VIII, and gelatin. MMP-1 was highly expressed in the cardiac co-culture and lowest in the lung co-culture. Collagen I is the most abundant structural protein in fibrotic remodeling, and increased degradation activity could partially explain the decreased tissue mechanical properties observed in the TGF-β treated cardiac μVTs (Figure 4). MMP-9, which acts on collagen IV (a basement membrane protein), was also differentially expressed in the two tissues. It is naturally lower in fibroblasts and is mostly expressed by endothelial cells, to modulate their basement membrane (Lindner et al., 2012; Florence et al., 2017; Quintero-Fabián et al., 2019). MMP-9 was expressed highly in hiPSC-EC μVTs, suggesting that endothelial cells are largely responsible for MMP-9 induced remodeling. Lower MMP-1 activity in the lung co-cultures could explain a reduced ECM degradation and increased apparent stiffness of these tissues.

The differential expression of MMPs in tissue-specific fibroblasts has been explored by other groups (Collins et al., 2001; Lindner et al., 2012). Lindner et al. explored the mRNA expression of a range of MMPs in response to inflammatory cues using tissue necrotic factor-alpha (TNF-α) treatment on 2D cultured human fibroblasts. Cardiac fibroblasts, compared to LFs, showed a higher expression of MMP1. Conversely, they report that LFs showed a higher expression of MMP-9 than cardiac fibroblasts. While our data indicate that stromal cells alone in 3D fibrin gels do not express MMP-9 (above values seen in culture media), the mechanical cues from our 3D microenvironment and TGF-β treatment (as opposed to TNF-α) could contribute to these differences. Exploring the role of TIMPs, MMPs, the extent of collagen crosslinking (Tzortzaki et al., 2006; Barry-Hamilton et al., 2010), and cellular proliferation, in these tissue-specific microenvironments could also provide a better understanding of the different modes of vascular and extravascular remodeling.

Our data suggests the capacity of our model to recapitulate certain hallmarks of early-stage fibrosis (<2 weeks). Longer-term culture (21 days or more) might allow for the role of the endothelium in end-stage fibrosis to be revealed, where collagen accumulation is more evident. It has been suggested that the genetic modification of the ETV2 gene (to generate endothelial cells from fibroblasts) or the immortalization of endothelial lines using human telomerase reverse transcriptase can help extend the longevity of endothelial cells in vitro (Pham et al., 2018; Wan et al., 2021; Zhang et al., 2021)—which is a current limitation of our model and a major goal of our future studies. Beyond expected differences between various tissue sources, there is also expected variability between donor sources. Here, using primary cell lines we observed baseline differences in inflammatory cytokine expression and αSMA expression in stromal populations before TGF-β treatments (Supplementary Figure 3). This baseline αSMA expression in stromal cells could be, in part, attributed to the non-physiologic stiffness of the culture substrate. e.g., 3GPa for standard culture plastic vs 21 kPa for a healthy adult heart. Approaches toward “deactivating” or reducing the myofibroblast state in vitro are currently under investigation (Tatullo et al., 2016; Herum et al., 2017; Gilles et al., 2020; Mastikhina et al., 2020; Wang et al., 2021). However, our findings suggest that both the cardiac and LFs conserved their respective phenotypes, correlating with existing literature on differential fibrosis timelines, inflammatory profiles, and MMP activity. Future studies aim to derive all cell types from the same hiPSC donor which will provide valuable insight into patient-specific responses (from healthy and diseased sources). The pathogenesis of fibrosis in these two distinct organs will undoubtedly lead to differences in response times and remodeling behaviors, the exact mechanisms of which remain an open question and the focus of our future investigations.

In conclusion, functionally perfusable microvessels in cardiac- and lung-like microenvironments were developed on-chip to elucidate key stromal-endothelial interactions in vascular and extravascular tissue remodeling. Endothelial barrier function, vascular morphology, and matrix properties (tissue stiffness and diffusivity) are differentially impacted by the presence of lung and cardiac stromal cells. Classical hallmarks of fibrotic phenotypes were demonstrated in lung-like microenvironments, resulting in increased stiffness and αSMA expression in response to TGF-β treatment. Cardiac microvessels resulted in tissue softening upon TGF-β treatment and a correlated decrease in αSMA expression, suggesting tissue-specific differential matrix remodeling in comparison to lung μVTs. Differences in baseline pro-inflammatory cytokines, as well as MMP-1 and MMP-9 activity, between the two tissue type fibroblasts, correlate with the observed tissue-specific mechanisms seen in vivo. Our results lay the groundwork for future long-term studies into the mechanisms behind these varied fibrotic phenotypes observed and provide insight into tissue-dependent fibrotic pathogenesis. Given the sensitivity of the system, hiPSCs from patients suffering from fibrosis could be used in a similar approach in the future to examine potential therapeutics.
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Background: Intracranial aneurysms (IAs) result from abnormal enlargement of the arterial lumen. IAs are mostly quiescent and asymptomatic, but their rupture leads to severe brain damage or death. As the evolution of IAs is hard to predict and intricates medical decision, it is essential to improve our understanding of their pathophysiology. Wall shear stress (WSS) is proposed to influence IA growth and rupture. In this study, we investigated the effects of low and supra-high aneurysmal WSS on endothelial cells (ECs).

Methods: Porcine arterial ECs were exposed for 48 h to defined levels of shear stress (2, 30, or 80 dyne/cm2) using an Ibidi flow apparatus. Immunostaining for CD31 or γ-cytoplasmic actin was performed to outline cell borders or to determine cell architecture. Geometry measurements (cell orientation, area, circularity and aspect ratio) were performed on confocal microscopy images. mRNA was extracted for RNAseq analysis.

Results: ECs exposed to low or supra-high aneurysmal WSS were more circular and had a lower aspect ratio than cells exposed to physiological flow. Furthermore, they lost the alignment in the direction of flow observed under physiological conditions. The effects of low WSS on differential gene expression were stronger than those of supra-high WSS. Gene set enrichment analysis highlighted that extracellular matrix proteins, cytoskeletal proteins and more particularly the actin protein family were among the protein classes the most affected by shear stress. Interestingly, most genes showed an opposite regulation under both types of aneurysmal WSS. Immunostainings for γ-cytoplasmic actin suggested a different organization of this cytoskeletal protein between ECs exposed to physiological and both types of aneurysmal WSS.

Conclusion: Under both aneurysmal low and supra-high WSS the typical arterial EC morphology molds to a more spherical shape. Whereas low WSS down-regulates the expression of cytoskeletal-related proteins and up-regulates extracellular matrix proteins, supra-high WSS induces opposite changes in gene expression of these protein classes. The differential regulation in EC gene expression observed under various WSS translate into a different organization of the ECs’ architecture. This adaptation of ECs to different aneurysmal WSS conditions may affect vascular remodeling in IAs.

Keywords: intracranial aneurysm, endothelial cell, wall shear stress, cell shape, differential gene expression, cytoskeleton


INTRODUCTION

Intracranial aneurysms (IAs) resulting from the deformation and enlargement of the lumen in arteries of the circle of Willis affect three to five percent of the population (Lawton and Vates, 2017). Most of the IAs are quiescent and asymptomatic, but their rupture leads to severe brain damage or death. Decision to treat an unruptured IA has to be taken considering (1) the annual rupture rate of the IA which is depending of patient and aneurysm characteristics, and (2) the mortality and morbidity rates associated with the treatment of the IA (Greving et al., 2014; Etminan et al., 2015). Despite intense research it is today still impossible to precisely predict the rupture probability of an individual IA. To better forecast the evolution of an unruptured IA, a broad understanding of the IA pathophysiology is needed.

Biomechanical forces are considered as important actors in IA initiation, growth and rupture (Munarriz et al., 2016; Diagbouga et al., 2018). Wall shear stress (WSS) defined as the tangential force per unit area imposed by the blood flow on the arterial wall per unit area is sensed by endothelial cells (ECs). In cerebral arteries, optimal function of ECs is associated with a physiological WSS of 20–30 dyne/cm2 (Zhao et al., 2015). Under laminar shear stress, cells are aligned in the direction of the flow and are in a quiescent and cytoprotective state (Kwak et al., 2014). Whereas the role of high WSS gradients on the initiation of IA formation is well established, the impact of WSS on IA growth and rupture is less understood (Meng et al., 2014; Staarmann et al., 2019). Flow patterns change in evolving IAs depending on their location, geometry (especially IA neck dimension) and their parental artery’s geometry. In human IAs, low WSS close to 2 dyne/cm2 is typically observed in wide-neck aneurysms with a slow recirculating flow whereas supra-high WSS (> 70 dyne/cm2) is found in aneurysms with impinging jet flow (Meng et al., 2014; Munarriz et al., 2016; Staarmann et al., 2019). These aneurysmal flow patterns affect IA pathophysiology: while low WSS seems to promote atherosclerotic, inflammatory and thrombotic processes, supra-high WSS has been associated with smooth muscle cell phenotypic changes and apoptosis (Meng et al., 2014; Munarriz et al., 2016; Cebral et al., 2019; Frosen et al., 2019; Staarmann et al., 2019).

Both low and supra-high WSS can alter normal endothelium toward a dysfunctional state, a process called “endothelial injury.” In the past two decades, many studies revealed that ECs are able to detect and to respond in a specific manner to defined changes in shear stress magnitude, frequency or direction, this way dictating vascular pathophysiology (Kwak et al., 2014; Jiang et al., 2015). For instance, vulnerable or stable atherosclerotic lesions could be induced in mouse carotid arteries in vivo in response to low laminar or oscillatory WSS, respectively, using a shear stress-modifying cuff (Cheng et al., 2006). ECs are equipped with a multitude of potential shear stress sensors including membrane-associated molecules (e.g., ion channels, receptors, adhesion molecules), the glycocalyx and specific membrane microdomains such as caveolae and primary cilia (Ando and Yamamoto, 2013; Kwak et al., 2014). We recently reported that the EC response to aneurysmal low WSS was dampened in ECs without primary cilium, leading to disorganized intercellular junctions and increased endothelial permeability (Diagbouga et al., 2021). Altered endothelial function is supposed to be an important factor for the increased severity of IA disease observed in polycystic kidney disease (PKD) patients, a genetic disorder affecting primary cilia (Cho et al., 2021). Little is known, however, on the potential differences in endothelial dysfunction/injury induced by the diverse flow magnitudes in IAs. In the present study, we investigated the changes in EC gene expression and cellular morphology following exposure to low or supra-high WSS.



MATERIALS AND METHODS


Cell Culture and Flow Experiments

Coronary arteries of 8-month-old pigs were obtained from a nearby slaughterhouse. Primary arterial ECs were isolated as previously described (Hao et al., 2002) and cultured in Dulbecco’s Modified Eagle Medium (DMEM) supplemented with 10% fetal calf serum and 100 g/mL heparin. Cells were grown in dishes coated with 1% gelatin (Sigma-Aldrich) at 37°C in a humidified atmosphere containing 5% CO2. For flow experiments, cells were seeded on 1% gelatin coated Ibidi μ-Slides VI0.4 at 30.000 cells per channel and grown until confluence. Laminar shear stress of 2, 30, or 80 dyne/cm2 was applied for 48 h using an Ibidi flow system as previously described (Pfenniger et al., 2012; Denis et al., 2019; Diagbouga et al., 2021).



Immunofluorescence

Cultured cells were fixed in ice-cold 100% methanol for 5 min and stained using primary antibodies recognizing CD31 (endothelial cell membrane receptor, Santa Cruz sc-1506, 1/50) or γ-cytoplasmic actin (mAb 2A3, 1/100) (Dugina et al., 2009) for 2 h at room temperature. Next, Alexa Fluor 568-conjugated anti-goat and 488-conjugated anti-mouse antibodies (Thermo Fisher Scientific, 1/2000) were used for signal detection. Nuclei were counterstained with 4′,6-diamidino-2-phenylindol (DAPI). Fluorescence was preserved using Ibidi mounting medium. Images were obtained by confocal laser scanning microscopy (Leica SP5 or Zeiss LSM800 Airyscan). Images were analyzed using the NIH Image software (NIH AutoExtractor 1.51; National Institutes of Health).



Quantifying Cell Shape Changes and Cell Orientation

The angle γ between the blood flow direction, which is for the remainder of the paper to be assumed to be in the positive x-axis direction, and each cell’s major axis characterized the cell’s orientation. Measured angles were between 0° and 180°. As the cell’s major axis orientation should be independent of an angle measurement in clockwise or anti-clockwise direction, we projected all angles γ‘ from the second quadrant to the first quadrant via γ = 180°−γ‘. We introduced the circularity measure C = 4πA/L2, with A for the area of the cell and L its perimeter. Whereas this measure is 1 for a perfectly circular cell, it is smaller than 1 for all other cell shapes. Cell elongation was quantified by the aspect ratio of the cell’s fitted ellipse. That is, the ratio of major axis to minor axis. All geometry measurements based on confocal microscopy of porcine arterial ECs were performed with the imaging processing package Fiji (Schindelin et al., 2012).

We assumed the null hypothesis that the samples in the three different flow conditions for each cell shape measure originate from the same distribution. Assuming an error probability of α = 0.01 we rejected the null hypothesis for all three quantifications performing Kruskal-Wallis-tests resulting in significant p-values (p < 10–6). Subsequently, we performed for each shape measure pairwise two-sided Wilcoxon rank-sum-tests between the flow conditions with the Holm-Bonferoni correction for multiple testing (Holm, 1979). If the difference between two flow conditions was significant (p < 0.01), the small characters below the box plots in Figure 1 differ. All statistical tests were performed with the package visStatistics (Schilling, 2021) using the statistical software R (R Core Team, 2020).
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FIGURE 1. Endothelial cell shape and organization under various shear stress conditions. (A) Representative examples of ECs exposed to different in vitro conditions of shear stress: aneurysmal low shear stress = 2 dyne/cm2 (left panel), physiological shear stress = 30 dyne/cm2 (middle panel) or aneurysmal supra-high shear stress = 80 dyne/cm2 (right panel). The direction of the flow is indicated by orange arrows. CD31 immunostaining (in red) denotes the cell borders. Nuclei were stained with DAPI (in blue). Scale bar represents 20 μm. (B–E) Quantification of EC shapes parametrized by the angle between each cell’s major axis and flow (B), the area (C), the circularity (D) and the aspect ratio (E). ECs were exposed to low (N = 208), physiological (N = 195) or supra-high (N = 271) conditions of shear stress. Results are shown as individual values and as boxed plots ± interquartile range. Two box plots sharing the same letter show no statistically significant difference (p < 0.01). Data points located above or below the box plot’s whiskers are considered outliers, defined as 1.5 times above or below the interquartile range, and marked by black circles.




Library Preparation, Sequencing, Read Mapping to the Reference Genome

Total RNA was isolated from porcine arterial ECs using the nucleospin RNA II kit (Machery-Nagel) according to the manufacturers’ instructions. Three independent experiments were performed for each WSS condition, systematically comparing the WSS 2 dyne/cm2 vs. 30 dyne/cm2 or 80 dyne/cm2 vs. 30 dyne/cm2 from the same donor and cell passage. The quality of all samples was verified using the Agilent 2100 Bioanalyzer with the Agilent RNA 6000 Nano Kit (Agilent Technologies). cDNA libraries were constructed by the genomic platform of the University of Geneva using the Illumina TruSeq RNA sample preparation kit according to the manufacturers’ protocol. Libraries were sequenced using single-end (100 nt-long) on Illumina HiSeq2000. FastQ reads were mapped to the ENSEMBL reference genome (Sscrofa11.1.96) using STAR version 2.4.0j (Dobin et al., 2013) with standard settings, except that any reads mapping to more than one location of the genome (ambiguous reads) were discarded (m = 1). Sequence data have been submitted to GEO database under accession number GSE173928. A unique gene model was used to quantify reads per gene. Briefly, the model considers all annotated exons of all annotated protein coding isoforms of a gene to create a unique gene where the genomic region of all exons was considered as coming from the same RNA molecule and merged together.



RNAseq Data Analysis

All reads overlapping the exons of each unique gene model were reported using featureCounts version 1.4.6-p1 (Liao et al., 2014). Gene expression was reported as raw counts and in parallel normalized in reads per kilobase million (RPKM) in order to filter out genes with low expression value (1 RPKM) before calling for differentially expressed genes. Library size normalizations and differential gene expression calculations were performed using the package edgeR (Robinson et al., 2010) designed for the R software (R Core Team, 2020). Only genes having a significant fold-change ≥ 2 and the Benjamini-Hochberg corrected p-value < 0.05 were considered for the differentially expressed genes analysis.



Gene Set Enrichment Analysis

Families and sub-families of proteins were downloaded from PANTHER database for Sus scrofa and used to generate gene sets. Genes were ranked by their calculated fold-changes (decreasing ranking). A gene set analysis using the gene set enrichment analysis (GSEA) package Version 2.2 (Mootha et al., 2003; Subramanian et al., 2005) from the Broad Institute (MIT, Cambridge, MA) was used to analyze the pattern of differential gene expression between the two groups. Gene set permutations were performed 1,000 times for each analysis. The Normalized Enrichment Score (NES) was calculated for each gene set. GSEA results with a nominal False Discovery Rate (FDR) < 0.05 and abs(NES) > 1 were considered significant.



PANTHER Gene Ontology

Differentially expressed genes (either in 2 dyne/cm2 or 80 dyne/cm2 vs. 30 dyne/cm2) were annotated with the PANTHER tool gene ontology: protein class and represented in pie charts. 1: Calcium-binding proteins (PC00060); 2: Cell adhesion molecules (PC00069); 3: Cell junction proteins (PC00070); 4: Chaperones (PC00072); 5: Chromatin/chromatin-binding, or -regulatory proteins (PC00077); 6: Cytoskeletal proteins (PC00085); 7: Defense/immunity proteins (PC00090); 8: Extracellular matrix proteins (PC00102); 9: Gene-specific transcriptional regulators (PC00264); 10: Intercellular signal molecules (PC00207); 11: Membrane traffic proteins (PC00150); 12: Metabolite interconversion enzymes (PC00262); 13: Nucleic acid binding proteins (PC00171); 14: Protein modifying enzymes (PC00260); 15: Protein-binding activity modulators (PC00095); 16: Scaffold/adaptor proteins (PC00226); 17: Structural proteins (PC00211); 18: Transfer/carrier proteins (PC00219); 19: Translational proteins (PC00263); 20: Transmembrane signal receptors (PC00197); 21: Transporters (PC00227); 22: Viral or transposable element proteins (PC00237). Heatmaps were generated in R using the package pheatmap (Kolde, 2019). Figure 2C represents logFC (vs. respective control) for 2 dyne/cm2 and 80 dyne/cm2 conditions. Supplementary Figure 1 represents scaled RPKM values of genes of interest in replicates. For both heatmaps, genes were organized by hierarchical clustering using the function hclust in R.


[image: image]

FIGURE 2. Low and supra-high shear stress affect protein classes distribution. (A) Pie charts of differentially expressed genes in ECs exposed to 2 dyne/cm2 vs. 30 dyne/cm2 (left panel) or 80 dyne/cm2 vs. 30 dyne/cm2 (right panel) based on Gene Ontology functional protein class. (B) Fold change expression level comparison of differentially expressed genes from the 8 protein classes written in bold in panel (A). Red dots show genes modified in 2 vs. 30 dyne/cm2 only, green dots show genes modified in 80 vs. 30 dyne/cm2 only, and blue dots show genes modified in 2 vs. 30 dyne/cm2 and in 80 vs. 30 dyne/cm2. (C) Heat maps showing up- and down-regulation of common genes under 2 vs. 30 dyne/cm2 and 80 vs. 30 dyne/cm2.





RESULTS


Endothelial Cell Shape and Orientation Are Altered Under Aneurysmal Wall Shear Stress Conditions

Porcine arterial ECs typically show a cobblestone morphology under static culture conditions [(Hao et al., 2002); not shown] and present an elongated shape and orientation in the direction of the flow after exposure for 48 h to a physiological WSS of 30 dyne/cm2 (Figure 1A—middle). However, ECs exposed to either type of aneurysmal WSS (2 or 80 dyne/cm2) failed to elongate (Figure 1A—left and right).

We quantified cell orientation and cell shape changes of the ECs under physiological WSS as well as under low and supra-high aneurysmal WSS by keeping track of each cell’s orientation, area, circularity and aspect ratio (Figures 1B–E). Whereas under physiological flow conditions, the ECs’ major axes were aligned toward the direction of flow (corresponding to an angle of 0°), this cell orientation was lost under both types of aneurysmal WSS (Figure 1B). Note that a completely random orientation of the cells would be reflected in an angle distribution centered around 45° and spread over the whole angle range between 0° and 90°. The cells’ surface area was smallest under physiological flow conditions and increased to a similar extend under both types of aneurysmal WSS (Figure 1C). Likewise, circularity was small under physiological flow conditions and increased under both types of aneurysmal WSS with highest value found at 80 dyne/cm2 (Figure 1D). Accordingly, the aspect ratio followed an inverted pattern with the highest value, denoting a high level of elongation, at the physiological WSS of 30 dyne/cm2 (Figure 1E). Thus, ECs lost their elongation and alignment in the direction of the flow, became roundish and increased their surface area under both types of aneurysmal flow conditions.



Low and Supra-High Wall Shear Stress Differentially Affect Endothelial Cell Gene Expression

To obtain insight in the molecules involved in the endothelial shape changes observed in response to the different aneurysmal flow conditions, we performed unbiased transcriptomics (RNAseq) to compare gene expression levels in ECs exposed to physiological (30 dyne/cm2), low aneurysmal (2 dyne/cm2) or supra-high aneurysmal (80 dyne/cm2) WSS.

Visualizing the data in Volcano plots illustrates the divergence in magnitude of response when comparing low aneurysmal or supra-high aneurysmal WSS vs. physiological WSS. Indeed, when exposed to low aneurysmal shear stress, ECs showed approximately 5-fold more genes affected than when exposed to supra-high aneurysmal shear stress. The comparison of 2 dyne/cm2 to 30 dyne/cm2 identified 604 and 543 up- and down-regulated genes (Figure 3A and Supplementary Table 1). The same comparison between 80 dyne/cm2 and 30 dyne/cm2 yielded only 134 and 114 up- and down-regulated genes (Figure 3B and Supplementary Table 2). As illustrated in the Venn diagram of Figure 3C, 170 differentially expressed genes in low aneurysmal flow overlapped with differentially expressed genes in supra-high aneurysmal flow, indicating that they are regulated under pathological conditions independently of the magnitude of WSS. Moreover, 977 genes were uniquely affected under WSS of 2 dyne/cm2 and 77 genes were uniquely affected by WSS of 80 dyne/cm2. As an internal control, we compared the respective 30 dyne/cm2 physiological conditions with each other and revealed only 30 differentially expressed genes among the 10,446 tested genes (data not shown).
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FIGURE 3. Low and supra-high shear stress affect endothelial cell genes expression. (A,B) Volcano plots displaying differential expressed genes in ECs under 2 vs. 30 dyne/cm2 (A) and 80 vs. 30 dyne/cm2 (B). Blue and red dots represent the up- and down-regulated genes, respectively. (C) Venn diagram showing the number of shear stress-induced differentially expressed genes in ECs exposed to 2 vs. 30 dyne/cm2 or to 80 vs. 30 dyne/cm2. Colors represent differentially expressed genes in 2 dyne/cm2 (red), differentially expressed genes in 80 dyne/cm2 (green) or genes common between the two conditions (blue). (D) GSEA identifying essential pathways regulated by each aneurysmal WSS condition.


Next, we performed GSEA to identify essential pathways regulated by each aneurysmal WSS condition. Remarkably, GSEA performed in all up- and down-regulated genes showed that NES were inverted between 2 vs. 30 dyne/cm2 and 80 vs. 30 dyne/cm2 (Figure 3D). Whereas cytoskeletal proteins and more particularly actin or actin-binding proteins were among the classes the most up-regulated by supra-high WSS, these protein classes were down-regulated by low aneurysmal WSS. Conversely, various classes of extracellular matrix proteins were the most up-regulated by low WSS and these protein classes were down-regulated by pathological supra-high WSS.

To obtain further insight into biological functions of the differentially expressed genes, we performed a protein class functional annotation. Important differences were observed in protein classes known to determine cell shape and interactions, such as cell adhesion molecules, cell junction proteins, cytoskeletal proteins, extracellular matrix proteins, intercellular signal molecules, scaffold/adaptor proteins, structural proteins and transmembrane signal receptors (Figure 2A). A total of 208 genes in these 8 protein classes were differentially expressed between physiological and aneurysmal WSS (Supplementary Table 3), of which 159 and 14 were modified after the exposure to 2 dyne/cm2 or 80 dyne/cm2, respectively. The expression levels of 35 genes were affected by both types of aneurysmal WSS. Interestingly, the expression of these genes was regulated in an opposite direction by the pathological shear stresses (Figure 2B, blue dots). A heatmap representation comparing the alteration of gene expression in response to either aneurysmal WSS revealed an inverted regulation of nearly all differentially expressed genes (Figure 2C). The opposite gene expression patterns were observed in each of the three independent experiments with primary arterial ECs of different donors (Supplementary Figure 1), further emphasizing a consistent, robust and precise adaptation to different pathological conditions. Altogether, our results show that low and supra-high aneurysmal WSS induce important and opposite regulation of gene expression in ECs involving, among others, cytoskeletal and extracellular matrix proteins.



Low and Supra-High Wall Shear Stress Differentially Affect Endothelial Cell γ-Cytoplasmic Actin Organization

Members of the actin protein family play critical roles in many aspects of eukaryotic cell biology, including cell shape maintenance, cell motility and cell contraction (Blanchoin et al., 2014). In vertebrates, six actin isoforms have been identified, each encoded by a different gene: two are typical of striated muscle (α-skeletal and α-cardiac actin), two are mainly found in smooth muscle (α- and γ-smooth muscle actin), and two are ubiquitous (β- and γ-cytoplasmic actin) (Dugina et al., 2009; Chaponnier and Gabbiani, 2016; Belvitch et al., 2018). To monitor the cells’ architecture in response to low and supra-high aneurysmal WSS, immunostainings were performed for γ-cytoplasmic actin in arterial ECs exposed to 2, 30 or 80 dyne/cm2 (Figure 4). In ECs exposed to the physiological flow of 30 dyne/cm2, γ-cytoplasmic actin formed an organized filamentous network, which was aligned in the direction of the flow (Figure 4—middle). Some features of the filamentous γ-cytoplasmic actin network were still observed in ECs exposed to low aneurysmal WSS, however, an increased density of γ-cytoplasmic actin filaments was observed in the peri-nuclear region of the ECs (Figure 4—left). In ECs exposed to supra-high WSS, γ-cytoplasmic actin filaments were preferentially found along the cell borders and in peri-nuclear regions (Figure 4—right). Together, these results indicate that the differential regulation in EC gene expression observed under various WSS translate into a different organization of the ECs’ architecture.


[image: image]

FIGURE 4. γ-cytoplasmic actin organization in endothelial cells exposed to different levels of shear stress. Representative examples of γ-cytoplasmic actin immunostainings (in green) performed on ECs exposed to 2 (left panel), 30 (middle panel) or 80 (right panel) dyne/cm2 for 48 h. Nuclei were stained with DAPI (in blue). Scale bar represents 20 μm. The direction of the flow is indicated by orange arrows.





DISCUSSION

Initiation of IAs resulting in the deformation and enlargement of the arterial lumen is favored by high WSS and a high WSS gradient (WSSG) (Meng et al., 2014). Once IAs are formed, the aneurysm wall can be exposed to low, normal or supra-high values of WSS depending on the location and the geometry of the IA. Growing IAs change their geometry and as a result experience changing biomechanical forces over their life-time. The consequences of different and varying WSS for the evolution of IA disease are still poorly defined. In the present study, we show in vitro that ECs exposed to low or supra-high aneurysmal WSS were more circular than ECs exposed to physiological flow, and that they lost their alignment in the direction of the flow. We established that the effects of low WSS on differential gene expression were stronger than those of supra-high WSS. Moreover, low and supra-high aneurysmal WSS showed opposite regulation of gene expression in ECs involving cytoskeletal and extracellular matrix proteins. Finally, the differential regulation in EC gene expression observed under various pathological WSS translated into a different organization of the ECs’ architecture.

Hemodynamic forces play a key role in vascular physiology and pathophysiology. The mechanisms of how flow disturbances lead to endothelial dysfunction have been extensively studied in the context of atherosclerosis (Cheng et al., 2006; Kwak et al., 2014; Jiang et al., 2015). Little is known for other arterial diseases such as IAs, although a combination of computational fluid dynamics and en face immunofluorescence on human IAs has recently demonstrated increased activation of the pro-inflammatory transcription factor Nuclear Factor Kappa B in regions of oscillatory shear stress (OSS), similar to earlier studies involving atherosclerosis (Baeriswyl et al., 2019). Atherosclerotic lesions typically develop at arterial branch points or bifurcations, regions of the vascular tree exposed to OSS. The ECs in those regions are known to have a polygonal shape and a non-systematic positioning. Actin filaments in ECs of disturbed flow regions in general are shorter, irregular oriented and tend to cluster to the cells border (Kim et al., 1989). Cytoskeletal displacement or deformation in ECs has been proposed to be involved in the gene regulation toward a pro-inflammatory phenotype induced by OSS (Vartanian et al., 2010; Macek Jilkova et al., 2014; Speight et al., 2016). Similar to the architectural changes in arterial ECs exposed to OSS, we observed in our study a rearrangement of γ-cytoplasmic actin in ECs exposed to low or supra-high aneurysmal shear stress. The ECs rearranged from a highly organized filamentous network oriented in the direction of physiological blood flow to a disordered network clustered around their nuclei or alongside the cell edges with subtle but consistent differences between the two types of aneurysmal flow. Integrity of cell architecture is influenced by cytoskeletal proteins in which actin family play an important role (Pasquier et al., 2015; Dugina et al., 2019). Reorganization of cytoplasmic actins alters cell morphology. In fibroblasts and epithelial cells (Dugina et al., 2009), and more recently in endothelial cells (Pasquier et al., 2015), reduced expression of β- or γ-cytoplasmic actin have been shown to influence not only cell morphology, but also affect cell polarity, mobility or adhesion. In addition, the actin cytoskeleton has been proposed to provide a scaffold to stabilize the glycocalyx (Li and Wang, 2018). In our study, the differences in cytoskeletal rearrangement may stand at the basis for the differences in gene expression observed under low or supra-high aneurysmal shear stress.

Chronically elevated flow conditions, as observed in severely stenotic regions associated with atherosclerotic disease, are a well-known trigger for arterial remodeling (Gijsen et al., 2013; Munarriz et al., 2016). In an earlier study, DNA microarrays were used to profile EC gene expression in response to very high WSS (10 Pa; 100 dyne/cm2; 24 h) (Dolan et al., 2012). Compared to regular WSS (2 Pa; 20 dyne/cm2) or no-flow, very high WSS modulated gene expression in ways that promoted an anti-coagulant, anti-inflammatory, proliferative, and promatrix remodeling phenotypes, comprising genes essential for an adaptive expansive remodeling like plasminogen activator, urokinase, tissue plasminogen activator, metalloproteinase ADAMTS1/6, and tissue inhibitor of metalloproteinase 3 (TIMP3) (Dolan et al., 2012). In our study, urokinase-type plasminogen activator, urokinase plasminogen activator surface receptor and ADAMTS genes were down- and up-regulated under low and supra-high aneurysmal WSS, respectively. The expression of TIMP3 was down-regulated under low aneurysmal WSS. These findings illustrate a tendency for more expansive remodeling in IAs exposed to supra-high aneurysmal WSS. In another study, Dolan et al. (2011) exposed ECs to IA initiating conditions using a flow chamber with constant-height channels to create regions of uniform (elevated) WSS and converging and diverging channels to create positive and negative WSSG, respectively. Similar to our study, highly elevated WSS (28.4 Pa; 284 dyne/cm2) inhibited EC alignment to flow (Dolan et al., 2011). In addition, increased EC proliferation and apoptosis was observed under elevated WSS, which was accentuated by a positive WSSG (+ 980 Pa/m) and suppressed by negative WSSG (–1120 Pa/m). The authors concluded that EC responses to positive WSSG may contribute to pathogenic remodeling that occurs at bifurcations preceding IA formation.

Although genetic predisposition has an important role in IA disease, little is known about the genetic architecture of IAs. Among the initial candidate genes discovered in gene expression and genome-wide linkage analyses are type III collagen (COL3A1), endoglin (ENG), fibrillin (FBN1), α1-antitrypsin (SERPINA1) and polycystin (PKD1, PKD2) (Nahed et al., 2007; Zhou et al., 2018), supporting observations of increased risk for IA formation in individuals with connective tissue disorders or PKD. A recent cross-ethnic genome-wide association study performed on 10,754 IA cases and 306,882 controls of European and East Asian ancestry has discovered a total of 17 risk loci of which 11 were new (Bakker et al., 2020). Many of these genes have known or putative roles in blood vessel physiology and blood pressure regulation, and an important role of ECs in IA development and rupture was proposed (Bakker et al., 2020). For some of these genes we found changes in the expression profiles. Locus 10q23.33 (rs11187838) and 15q25.1 (rs8034191) described in Bakker et al. (2020) and coding for the genes PLCE1 (phospholipase C epsilon 1) and HYKK (hydroxylysine kinase) were up-regulated in ECs exposed to low vs. physiological WSS, whereas STARD13 (StAR-related lipid transfer domain protein 13, locus 13q13.1, rs3742321) was down-regulated. STARD13 is a Rho GTPase-activating protein involved in regulation of cytoskeletal reorganization, cell proliferation, and cell motility. This is in line with our findings and supports the importance of these processes in the remodeling of IAs.

We have chosen to use primary porcine arterial ECs for this study, as this species is known to be very similar to humans with respect to cardiovascular anatomy, physiology, metabolism and disease (Crisostomo et al., 2016; Tsang et al., 2016). Moreover, porcine coronary EC isolation does not require the use of laboratory animals (3Rs principles). Even though in human the diameter of arteries in the circle of Willis resembles the one of coronary arteries (Dodge et al., 1992; Rai et al., 2013), the use of primary ECs isolated from porcine coronary arteries remains a limitation of our study as their properties may not completely recapitulate the ones of ECs in cerebral arteries. Moreover, both types of ECs are in situ exposed to different flow patterns and pressures. In this respect, it should also be noted that in our in vitro flow system ECs are exposed to a defined constant flow rather than to pulsatile flow as they experience in vivo. Finally, the porcine arterial ECs were cultured on 1% gelatin, a commonly used substrate for ECs in culture. A change in substrate may affect the basic properties of ECs and possibly induce subtle changes in their response to shear stress (Dessalles et al., 2021). Although we expect that the strong and opposite regulation in gene expression of cytoskeletal and extracellular matrix proteins observed in ECs exposed to low and supra-high aneurysmal WSS would be largely maintained on different substrates, this remains to be proven.

In addition of being exposed to shear stress caused by blood flow, ECs are subjected to cyclic strain caused by intravascular pressure, the level of which varies along the vascular tree. Under physiological conditions, the (elastic) human aorta undergoes about 10% increase in diameter, whereas (muscular) peripheral arteries undergo only 5% cyclic circumferential stretch (CCS) (Anwar et al., 2012). Physiological CCS is known to participate in vascular maintenance by regulating processes such as cell proliferation, morphology and extracellular matrix formation (Wang et al., 2003; Yoshigi et al., 2003; Li and Sumpio, 2005; Nishimura et al., 2006). The precise level of cyclic stretch in saccular IAs is unknown, but it is in general considered to be very low due to a combination of altered pulse waves and the low compliance of the IA wall. As the IA enlarges and its vessel wall becomes stiffer, ECs will thus gradually loose the cyclic stimulation required for their normal functioning. To this date, most studies on the response of ECs to CCS have focused on ECs exposed to high level of cyclic stretch as observed in hypertensive patients (Munarriz et al., 2016; Ando and Yamamoto, 2021) or at the prospective site of IA formation (Koseki et al., 2020) and very little is known onto the effects of reduced CCS on EC physiology. Such studies, and mostly studies in which various hemodynamic stresses are combined, remain one of the main challenges in the field of EC mechanobiology (Dessalles et al., 2021) but are expected to contribute greatly to our understanding of the pathogenesis of IAs and the prediction of IA rupture.
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Arterial hypertension is the leading risk factor for cardiovascular morbidity and mortality worldwide. However, little is known about the cellular mechanisms underlying it. In small arteries and arterioles, a chronic increase in blood pressure raises wall tension and hence stretches, namely, the medial vascular smooth muscle cells (VSMC) but also endothelial cell (EC) to cell contacts. Initially compensated by an increase in vascular tone, the continuous biomechanical strain causes a prominent change in gene expression in both cell types, frequently driving an arterial inward remodeling process that ultimately results in a reduction in lumen diameter, stiffening of the vessel wall, and fixation of blood pressure, namely, diastolic blood pressure, at the elevated level. Sensing and propagation of this supraphysiological stretch into the nucleus of VSMC and EC therefore seems to be a crucial step in the initiation and advancement of hypertension-induced arterial remodeling. Focal adhesions (FA) represent an important interface between the extracellular matrix and Lin11-Isl1-Mec3 (LIM) domain-containing proteins, which can translocate from the FA into the nucleus where they affect gene expression. The varying biomechanical cues to which vascular cells are exposed can thus be rapidly and specifically propagated to the nucleus. Zyxin was the first protein described with such mechanotransducing properties. It comprises 3 C-terminal LIM domains, a leucine-rich nuclear export signal, and N-terminal features that support its association with the actin cytoskeleton. In the cytoplasm, zyxin promotes actin assembly and organization as well as cell motility. In EC, zyxin acts as a transcription factor, whereas in VSMC, it has a less direct effect on mechanosensitive gene expression. In terms of homology and structural features, lipoma preferred partner is the nearest relative of zyxin among the LIM domain proteins. It is almost exclusively expressed by smooth muscle cells in the adult, resides like zyxin at FA but seems to affect mechanosensitive gene expression indirectly, possibly via altering cortical actin dynamics. Here, we highlight what is currently known about the role of these LIM domain proteins in mechanosensing and transduction in vascular cells.
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INTRODUCTION

Blood vessels are constantly exposed to mechanical forces. The physical properties of the flowing blood are sensed by the endothelial cells (EC), which, under conditions of laminar flow, adapt both functionally and structurally to alterations in unidirectional shear stress. Mechanical forces propagated along the extracellular matrix (ECM) of the blood vessel wall are also perceived by the smooth muscle cells (SMC) of the medial layer of arteries and veins. This mechanosensing ability is pivotal for normal physiology and function and allows blood vessels to dynamically adjust their structure and function to biomechanical forces generated by altered hemodynamics. When arteries are chronically exposed to elevated circumferential wall tension, such as during hypertension, the quiescent contractile phenotype of the vascular SMC changes to secretory and growth promoting (Rensen et al., 2007; Saleh et al., 2016). This chronic increase in blood pressure frequently drives an initially adaptive inward remodeling process in small arteries and arterioles that eventually becomes maladaptive due to narrowing of the lumen and stiffening of the ECM. Both processes spur an increase in peripheral resistance that ultimately contributes to a fixation of diastolic blood pressure at a supraphysiological level. In addition to vascular SMC, the increased circumferential wall tension strains the lateral EC to EC contacts thus causing a change in the phenotype of these cells that seems to support the eventually maladaptive remodeling process(es) in the wall of these blood vessels.

Focal adhesions (FA) are integrin-containing, dynamic multiprotein structures that physically link the intracellular cytoskeleton, particularly cortical actin bundles, to the extracellular matrix (Geiger et al., 2009). They are thus ideally positioned to transduce extracellular biomechanical signals to the cell interior by altering the interaction of multiple signal transduction proteins with the cytoskeleton. More than 50 proteins associate with FA, and their composition varies greatly and is highly dynamic depending on the cell type and its interaction with the environment. A large and diverse group of mechanotransducing proteins that associate with FA are LIM domain (Lin-11, lsl-1 and Mec-3)-containing proteins (Sang et al., 2014; Kadrmas and Beckerle, 2004). LIM domains are double zinc finger structures that serve as interaction sites for specific signal transduction proteins. They facilitate the assembly of multiprotein complexes, for example, at the FA, that affect the cellular phenotype by controlling cellular motility, proliferation, or apoptosis through the regulation of gene expression. This plasticity is particularly important in vascular SMC, which exhibit a contractile non-migratory phenotype in the quiescent state but are highly promigratory during vasculogenesis. In response to vascular injury or in hypertension, vascular SMC become highly migratory and growth promoting, too, but under these conditions, they may contribute to – depending on the size of the arterial blood vessel – inward (small arteries and arterioles) or outward (conduit arteries) remodeling. Raised intraluminal pressure or mitogens, such as angiotensin II, stimulate vascular SMC to increase their mass of contractile proteins. Therefore, both mechanosensing and transduction by the medial SMC in arterial blood vessels are crucial to the dynamic regulation of the cellular phenotype in the face of changing hemodynamic forces.

Recent studies indicate that the mechanism(s) by which LIM domain proteins mediate mechanotransduction is highly conserved from yeast to mammalian cells. LIM domain-containing regions of 18 diverse LIM domain proteins have been shown to exclusively bind the stretched conformation of actin in mouse embryonal fibroblasts (Sun et al., 2020; Winkelman et al., 2020). Thus, when the actin conformation is changed by a biomechanical stimulus, specific binding sites for LIM domain proteins are unmasked. Vice versa, when actomyosin contractility is suppressed, the association of LIM domain proteins with actin and FA is also diminished (Kuo et al., 2011; Schiller et al., 2011). These findings indicate that LIM domain-mediated mechanosensing in cells is linked to the conformational state of the subset of cortical actin fibers that activate specific mechanotransduction pathways. Two structurally closely related LIM domain proteins, zyxin and lipoma preferred partner (LPP), seem to play an important functional role in the cardiovascular system. The broad spectrum of cellular pathways these proteins take part in comprises migration, proliferation, hypertrophy, and apoptosis and is a result of a large diversity of protein partners with which LPP and zyxin interact. Whereas the function of zyxin in vascular cells, especially in EC and vascular SMC, has already been well characterized (Cataruzza et al., 2004; Wójtowicz et al., 2010), the mechanotransducer role of LPP, the expression of which is restricted to SMC, in particular vascular SMC (Gorenne et al., 2003; Nelander et al., 2003), requires further investigation (cf. Figure 1). Interestingly, both LIM domain proteins only respond to a particular deforming stimulus, that is, increased stretch due to a rise in circumferential wall tension. Shear stress, that is, the unidirectional dragging force of the flowing blood, to which only EC are subjected, is probably too weak to elicit a translocation of zyxin from FA to the nucleus in EC, while osmotic stress does neither affect the redistribution of LPP nor that of zyxin in vascular SMC.

[image: Figure 1]

FIGURE 1. Localization and putative mechanisms of action of zyxin in EC and LPP in vascular SMC. Note that the putative mechanism of action of LPP is derived from our findings on the mechanism of action of zyxin in vascular SMC. Both LIM domain proteins seem to serve the same function in vascular SMC, that is, to maintain their quiescent contractile phenotype. Note that there is no LPP expression in adult EC of mouse or human origin. αVβ3 and α5β1, corresponding integrins; LASP1, LIM and SH3 domain protein 1; MRTF-A, myocardin-related transcription factor A; PDLIM1, PDZ and LIM domain protein 1; PDLIM5, PDZ and LIM domain protein 5; SRF, serum response factor.




STRUCTURE OF LPP AND ZYXIN

Even though LPP, on the protein level, shares only 41% sequence identity with zyxin, which in part is due to differences in length, that is, LPP is about 5% longer than zyxin both in humans and in the mouse, the organizational structure of both proteins is quite similar (Figure 2). Both zyxin and LPP contain three LIM domains at the C-terminal region and a proline-rich region (PRR) within their N-terminal sequence, which contains several phosphorylation sites and favors the formation of complexes with other proteins such as α-actinin (Petit et al., 1996). It is believed that both the LIM domain region and the PRR serve as docking sites for either rather different or the same cellular proteins (Feuerstein et al., 1994; Schmeichel and Beckerle, 1994). Moreover, zyxin contains four ActA repeats that serve as vasodilator-stimulated phosphoprotein (VASP) binding sites and one nuclear export signal (NES) between this VASP-binding region and the LIM domains (Figure 2). The nuclear export signal seems to be conserved among all zyxin family members (Siddiqui et al., 2021). There is a minor difference in the structure of the LPP protein compared to zyxin in this region in that LPP harbors only two ActA repeats, that is, VASP interaction domains, and that the single NES is located just distal to the ActA repeats rather than proximal to the first LIM domain, as in zyxin. Moreover, the PRR, which enables interaction of LPP with cytoskeletal components, including actin stress fibers and α-actinin (Li et al., 2003), lies farther from the N-terminus as in zyxin and competes for the same binding partners as zyxin but with much lower affinity.

[image: Figure 2]

FIGURE 2. Organizational structure of human (h) and mouse (m) LPP and zyxin proteins depicting the α-actinin and VASP-binding sites close to the N-terminus as well as the three LIM domains close to the C-terminus. The length [number of amino acids (aa)] of the individual proteins is indicated on the right. Note the different localization of the nuclear export signal and the overall difference in length between LPP and zyxin in both species.


In the cell, zyxin is mainly found at FA and along stress fibers (Nix and Beckerle, 1997). Its retention at the stress fibers is also sensitive to mechanical signals so that conditions interfering with cellular contractility result in a reduced concentration of zyxin at the stress fibers (Lele et al., 2006). In mechanically stimulated cells, zyxin directly binds to α-actinin and the cytoskeletal regulatory proteins Ena(bled)/VASP and thus contributes to the maintenance of stress fiber formation. By controlling actin assembly and function, zyxin further contributes to the structural integrity of the actin cytoskeleton (Hoffman et al., 2012). Zyxin also accumulates at sites of stress fiber damage induced by excessive strain, resulting in its rapid repair (Smith et al., 2010).

Similar to zyxin, LPP is localized to FA and cell–cell junctions, but unlike zyxin, it is only modestly expressed along stress fibers (Petit et al., 2000). At the FA, LPP binds to the ends of the actin filaments and supports cell attachment. It also interacts with VASP family members and is involved in the spatial organization of actin. In addition, the cellular distribution of LPP is affected by the biomechanical properties of the microenvironment of the cell. While LPP localizes to broad adhesion sites located toward the cell membrane when vascular SMC are grown on rigid surfaces, more elastic surfaces result in a more punctuate cellular localization of LPP (Jin et al., 2009).

LPP and zyxin share structural characteristics (Figure 2) and binding partners (cf. Figure 1). They are co-expressed in vascular SMC in vivo, as observed in the medial SMC of larger and smaller diameter arteries in mice and humans, but not in EC (see below). Similarly, many fibroblast-like cells and epithelial cells in vitro co-express LPP and zyxin (Li et al., 2003). In cultured vascular SMC, LPP and zyxin are both found at the FA (Ghosh et al., 2015), more precisely at the tips of the cortical actin fibers (Figure 3), where they interact with other FA-associated proteins, such as α-actinin and VASP (cf. Figure 1). While this localization has been confirmed for zyxin in native murine vascular SMC (Suresh et al., 2012), this is very likely true for LPP, too, but requires experimental verification. The similar localization of both LIM domain proteins at FA in vascular SMC may have functional implications. While loss of zyxin in cultured SMC produces a shift toward the synthetic phenotype with enhanced migration of cells in a two- and three-dimensional environment as well as decreased contractility associated with improper actin assembly, overexpression of LPP in zyxin-deficient (cultured) vascular SMC fully reverts their phenotype to the quiescent contractile state (Ghosh et al., 2015). On the other hand, cultured LPP-deficient vascular SMC, which also display a synthetic phenotype, fully return to normal upon overexpression of zyxin. Due to this apparent physiological compensation, it is rather difficult to pinpoint the specific role(s) that both LIM domain proteins play in vascular SMC in vivo. A large network of interacting proteins could perhaps explain why zyxin cannot displace LPP from its α-actinin binding sites at FA (Li et al., 2003). This may contribute to their differential targeting to subcellular compartments and, together with the restriction of expression of LPP to (vascular) SMC in adult mice (see below), may result in significantly differing functional role(s) in the cardiovascular system.
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FIGURE 3. Representative immunofluorescence analysis of the intracellular localization of (top) LPP and (bottom) zyxin in cultured vascular SMC isolated from the aorta of 3-month old C57BL/6 wildtype mice. The vascular SMC (passage 3) were seeded directly on microscopic slides, fixed with p-formaldehyde, and stained for LPP or zyxin with a corresponding anti-LPP (HPA017342) or anti-zyxin (HPA004835) primary antibody at a dilution of 1:75 together with a primary anti-α-smooth muscle actin (α-SMA, F3777, all Sigma-Aldrich) at a dilution of 1:200. Images were recorded using a Leica TCS SP8 laser scanning confocal microscope. Both proteins (red fluorescence) mainly localize to the interface between FA and the (tips of the) cortical actin cytoskeleton, which is chiefly organized in stress fibers indicative of a mainly quiescent contractile phenotype of the cultured vascular SMC. The nuclei were counterstained with DAPI (blue fluorescence). The size marker corresponds to 50μm.




EXPRESSION OF ZYXIN AND LPP IN THE CARDIOVASCULAR SYSTEM

Besides subtle differences in their intracellular distribution, there are specific differences in the expression of LPP and zyxin that likely impact their functional role in the cardiovascular system. Studies indicate that LPP is a smooth muscle cell-specific protein in the adult tissues of several species, including mouse, rabbit, and guinea pig (Gorenne et al., 2003; Nelander et al., 2003). In the mouse, expression of the Lpp gene is driven by an alternative promoter in intron 2 harboring a CArG box that is an serum response factor (SRF)/myocardin-responsive element targeting Lpp expression to tissues with large proportions of SMC (Petit et al., 2008). As a result, translation of the protein starts rather late in exon 5 and finishes rather late near the 5′ end of exon 13 (Figure 4). The primary transcript of the human LPP gene looks somewhat different from the mouse hnRNA (Figure 5), there is no alternative promoter in any of the preceding introns, and translation starts in exon 4 and ends at the 3′ end of exon 11. On the other hand, translation results in a remarkably similar protein, also in terms of length.
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FIGURE 4. Comparison of the exon-intron structure of the primary transcripts (hnRNA) of the murine (top) Lpp and (bottom) Zyx gene and their corresponding protein products (mLPP, mZYX). The color coding for the functional elements in both proteins corresponds to that of Figure 2.
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FIGURE 5. Comparison of the exon-intron structure of the primary transcripts (hnRNA) of the human (top) LPP and (bottom) ZYX gene and their corresponding protein products (hLPP, hZYX). The color coding for the functional elements in both proteins corresponds to that of Figure 2.


Data from gene expression profiling studies indicate that LPP is also predominantly expressed by SMC in human tissues [these data have been deposited in the European nucleotide archive (ENA) at EMBL-EBI]. Although LPP has been detected in SMC of the urinary bladder, lung, ovaries, and gastrointestinal tract, among other tissues, a high level of LPP expression was consistently found in vascular SMC. Aorta, vena cava, saphenous vein, tibial artery, and coronary artery all show abundant expression of LPP (Bgee Database, 2021). Proteomics data show that LPP is also expressed in the atrium and the ventricles of the heart but significantly lower than in the aorta or vena cava (PRIDE database available at: https://www.ebi.ac.uk/pride/). Single-cell expression profiling data also show strong enrichment of LPP in vascular SMC as compared to, for example, cardiomyocytes (Human Protein Atlas, 2021). LPP is also expressed in several human cell types, including cardiomyocytes, EC, and fibroblasts in vitro, but these data have to be interpreted with caution. Cultured cells are plastic and undergo a phenotypic change associated with changes in the expression profiles of marker genes. For example, in the adult mouse, LPP is not expressed by EC (see below), whereas it is readily detected both in human and mouse EC in culture. Similarly, although LPP has been detected in cardiomyocytes in vitro (Hooper et al., 2012), it is not expressed by cardiomyocytes in the heart of adult mice ex vivo but clearly detectable in their epicardial arteries and veins (Gorenne et al., 2003). In summary, these data suggest that LPP is consistently enriched in the vasculature, in particular in medial vascular SMC in the mouse and in humans.

While zyxin appears to be expressed across different human tissues, including aorta, heart, endometrium, lung, stomach, and urinary bladder (Bgee Database, 2021), single-cell expression data consistently show enhanced expression of zyxin by the EC. This has been shown for EC of the lung, heart, eye, and liver. Similarly, zyxin is consistently expressed at high levels across several human EC types and lines. While enrichment in EC seems to be specific for zyxin but not LPP, similarly to LPP, zyxin is also expressed by vascular SMC (cf. Human Protein Atlas, 2021). Translation of zyxin mRNA in the mouse starts near the 5′ end of exon 2 and results in a protein that is 8% shorter than its LPP counterpart (Figure 4). Moreover, there is no alternative promoter in the preceding intron, which may explain the lack of restriction to vascular SMC in the adult mouse. The human primary transcript of the ZYX gene looks quite similar to its mouse equivalent and results in a protein that is slightly longer than the murine protein with the α-actinin-binding region moved right next to the N-terminus (Figure 5). It is unlikely that these subtle differences have a major impact on the tissue distribution of zyxin in mice and humans, let alone the relative enrichment in EC.

Data from our group reveal that LPP expression in the adult mouse is highly enriched in the medial layer of conduit as well as resistance-sized arteries (Figures 6A,C). On the other hand, we could not detect any LPP protein in the endothelial monolayer of these different caliber arterial blood vessels (Figure 6). This contrasts with the abundance of zyxin, which we consistently detected in the EC of both small and larger caliber arterial blood vessels (Figures 6B,D). Like LPP, zyxin is detected in the medial SMC layer of these arteries but at a (much) lower level than LPP (Figure 6).
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FIGURE 6. Representative immunofluorescence analysis of the cellular distribution of (A,C) LPP and (B,D) zyxin in cross sections of the (A,B) mouse femoral and (C,D) mouse mesenteric artery. The isolated blood vessels were fixed with p-formaldehyde overnight, embedded in paraffin, and 3 µm-thin sections were stained with primary antibodies directed against LPP (HPA017342, Sigma-Aldrich, 1:75) or zyxin (HPA004835, Sigma-Aldrich, 1:75) together with primary antibodies directed against α-SMA (F3777, Sigma-Aldrich, 1–200) or CD31 (AF3628, R&D Systems, 1:200). Nuclei were counterstained with DAPI (blue fluorescence). Images were recorded using an Olympus IX3 epifluorescence microscope. The size marker corresponds to 20μm. LPP (red fluorescence) selectively localizes to the medial SMC layer of both arteries (α-SMA-positive area, not shown), whereas zyxin (red fluorescence) is detected both in the intimal layer, that is, in the EC, and in the medial layer of both arteries. In particular in the femoral artery, there is a clear co-detection of zyxin and CD31 (green fluorescence) as indicated by the yellow fluorescence. Since CD31 is present in the EC membrane, while zyxin localizes to the cytoplasm and/or the nucleus, the remainder of the EC reveal positive CD31 immunoreactivity right next to that of zyxin. This also holds true for the mesenteric artery with some yellow fluorescence detectable, too. When compared to LPP, zyxin immunofluorescence in the medial SMC layer of both arteries is clearly weaker.


While both zyxin and LPP play an important role in regulation of the cytoskeletal organization, bioinformatic analyses of structural data suggest that all members of the zyxin family share similarities with transcriptional regulators (Siddiqui et al., 2021), indicating that these cytoskeletal regulators may perceive the mechanical stimulation at FA and relay this information to the nucleus, presumably by different means, to accordingly affect gene expression and cellular phenotype.



ZYXIN CONTROLS MECHANOSENSITIVE GENE EXPRESSION BOTH DIRECTLY AND INDIRECTLY

Zyxin was the first LIM domain protein described to shuttle between FA and the nucleus (Nix and Beckerle, 1997). It can form complexes with transcription factors and inhibit the activity of genes responsible for embryonic stem cell status implying a role in the phenotype control of cells in general (Parshina et al., 2020). In cardiomyocytes in vitro, zyxin translocates to the nucleus upon exposure to atrial natriuretic peptide (ANP) and subsequently activates anti-apoptotic signaling cascades (Kato et al., 2005). Furthermore, multiple studies indicate that zyxin plays an important role in transducing biomechanical cues to the nucleus in vascular SMC and EC but also in fibroblasts.

In biomechanically stimulated vascular SMC, zyxin indirectly controls the expression of mechanosensitive genes including the B-type receptor for endothelin-1 (ETB-receptor), tenascin-C, and plasminogen activator inhibitor-1 (PA-1; Cattaruzza et al., 2004; Ghosh et al., 2015). In fact, zyxin regulates the majority of genes (about 90%) that are affected by cyclic deformation (stretch) in vascular SMC derived from the mouse aorta (Ghosh et al., 2015). Silencing of zyxin compromises the contractility of vascular SMC (Sun et al., 2012), and on a similar note, vascular SMC derived from the aorta of zyxin knockout mice exhibit a shift from the quiescent, contractile to the activated synthetic phenotype (see above). The absence of zyxin in vascular SMC results in a more growth promoting, promigratory, and less contractile phenotype and exposure to cyclic stretch further accentuates the synthetic phenotype of these cells (Ghosh et al., 2015). This switch from the quiescent contractile to the activated synthetic phenotype is associated with major changes in the control of mechanosensitive gene expression. Enhanced RhoA activity with subsequent translocation of myocardin-related transcription factor A (MRTF-A) to the nucleus, where it associates with SRF, appears to drive adaptations in mechanosensitive gene expression that are associated with the aforementioned shift in phenotype in human or mouse cultured vascular SMC devoid of zyxin (Ghosh et al., 2015). Knockdown of MRTF-A reversed the changes in mechanosensitive gene expression in zyxin-deficient vascular SMC. While MRTF-A also accumulates in the nucleus of wild-type cultured vascular SMC upon stretch, it does so to a much smaller extent than in zyxin-deficient vascular SMC.

Zyxin also controls mechanosensitive gene expression in EC where it utilizes a quite distinct molecular mechanism and very different kinetics of activation (Wójtowicz et al., 2010; Suresh et al., 2012). Although the threshold for translocation of zyxin to the nucleus is higher in EC in culture as compared to cultured vascular SMC (Ghosh et al., 2015), both in human and mouse EC zyxin rapidly (within minutes) translocates from the FA to the nucleus upon exposure to cyclic stretch. In contrast, shear stress, irrespective of its intensity, has no effect on the nuclear translocation of zyxin in both types of EC. In the nucleus, zyxin binds to a specific cis-regulatory element, termed PyPu (for pyrimidine-purine) box, in the promoter of most mechanosensitive EC genes, thereby affecting their expression and apparently stabilizing their phenotype (Wójtowicz et al., 2010; cf. Figure 1). In essence, this effect of zyxin is very similar to its activity in vascular SMC where it stabilizes their differentiated phenotype, albeit indirectly, during supraphysiological biomechanical stress by preventing actin dynamics-driven MRTF-A-mediated mechanosensitive gene expression (Ghosh et al., 2015). Conversely, lack of zyxin in both human and mouse cultured EC gives rise to a pro-inflammatory and ECM-remodeling phenotype that may even result in endothelial-to-mesenchymal transition.

The signal transduction cascade that enables zyxin to dissociate from FA and subsequently translocate to the nucleus in EC upon stretch is a rather complex multistep process. It comprises a presumably Gq-protein-coupled receptor/diacylglycerol-mediated activation (Storch et al., 2012) of canonical transient receptor potential channel type 3 (TRPC3) triggering a small influx of extracellular calcium that leads to the release of preformed endothelin-1 from intracellular stores. Binding of endothelin-1 to the Gq-protein-coupled ETB-receptor on the surface of the EC reinforces the rise in intracellular calcium, which in turn causes the release of ANP from the endothelial cells. Binding of ANP to the A-type guanylyl cyclase receptor (GC-A or NPR-A) causes activation of protein kinase G, which in turn phosphorylates zyxin at serine 142 thereby enabling it to dissociate from the FA and translocate to the nucleus of the EC (Wójtowicz et al., 2010, Suresh et al., 2012; cf. Figure 7).
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FIGURE 7. Scheme of the signal transduction cascade in EC ultimately leading to translocation of zyxin from FA to the nucleus. ANP, atrial natriuretic peptide; DAG, diacylglycerol; ET-1, endothelin-1; ETBR, B-type endothelin-1 receptor; GC-A, A-type guanylyl cyclase receptor; PLC, phospholipase C; PKG, protein kinase G; TRPC3, transient receptor potential cation channel subfamily C member 3; VASP, vasodilator-stimulated phosphoprotein.


The way by which TRPC3 gets activated in human stretched cultured EC seems to comprise a Gq-protein-coupled receptor – which is not the angiotensin II type-1 receptor due to lack of effect of losartan – that in turn causes activation of phospholipase Cβ1 (cf. Figure 8C) resulting in the formation of diacylglycerol and inositol-1,4,5-trisphosphate. TRPC3, 6, and 7 are DAG-sensitive (Dietrich et al., 2005), and among those, TRPC3 has been identified by us (Suresh et al., 2012) to be the TRP channel in cultured human and native mouse EC responsible for initiating the stretch-dependent translocation of zyxin to the nucleus. TRPC3 activation by stretch can be mimicked by using the DAG analogue 1-oleoyl-2-acetyl-sn-glycerol (OAG), and exposure of EC to OAG results in rapid translocation of zyxin to the nucleus, which is virtually abolished by the selective TRPC3 inhibitor Pyr3 (Figure 8A). Likewise, OAG-induced expression of a prototypic target gene of zyxin in EC, CXCL8 encoding the CXC chemokine interleukin-8 (IL-8), is strongly inhibited following TRPC3 blockade with Pyr3 (Figure 8B). In addition, Pyr3 strongly inhibits nuclear translocation of zyxin as well as stimulation of CXCL8 expression in human EC in response to cyclic stretch (Figures 8D,E), reinforcing the notion that a Gq-protein-coupled receptor in EC acts as a mechanosensor, which via DAG-dependent activation of TRPC3 triggers the phosphorylation and nuclear translocation of zyxin. In the nucleus, zyxin seems to act as a transcription factor responsible for the direct transactivation (or repression) of a multitude of mechanosensitive genes that results in a stabilization of the EC phenotype when blood pressure is chronically increased (cf. Figure 7).

[image: Figure 8]

FIGURE 8. (A) 1-Oleoyl-2-acetyl-sn-glycerol (OAG)-induced activation of zyxin in human umbilical vein endothelial cells (HUVEC). Summary of the quantitative (immunofluorescence) analysis of zyxin-positive nuclei in control cells (passage 1) and after treatment with the diacylglycerol analogue OAG (100μm) alone for 24h or following a 6h pre-incubation with the TRPC3-selective inhibitor Pyr3 [ethyl-1-(4-(2,3,3-trichloroacrylamide)phenyl)-5-(trifluoromethyl)-1H-pyrazole-4-carboxylate; 10μm]. A primary rabbit polyclonal anti-zyxin antibody (Suresh et al., 2012) was used at a dilution of 1:250. Images were obtained using an Olympus IX81 confocal microscope equipped with an IXDSU disk unit and analyzed by using the cell^R software package. Two-way ANOVA with Sidak post-test for multiple comparisons, **p<0.01, ***p<0.001 as indicated, n=3 for each group. (B) Analysis of IL-8 gene expression by real-time RT-PCR analysis (Ghosh et al., 2015) in passage 1 HUVEC following the same treatment, *p<0.05, **p<0.01 as indicated, n=3 for each group. The dashed line represents the IL-8 mRNA level in control cells under static conditions. (C) Cyclic stretch-induced calcium transients in Fura-2-loaded HUVEC (passage 0) stretched for 50cycles using elastic membranes. Five µM each of U73122 (pan-phospholipase C inhibitor) and Pyr3 was used. In addition, cells were transfected with siRNA against phospholipase Cβ1, β3 and γ1 (resulting in a 42, 35 and 38% knockdown, respectively) followed by the same stretch protocol. Quantitative analysis of the rate of decay (phase II) of the stretch-induced calcium transient by ratiometric imaging, ***p<0.01 as indicated, n=3 for each group. (D) TRPC3 channel inhibition by Pyr3 strongly reduces stretch-induced zyxin activation in HUVEC. Quantitative summary of the percentage of zyxin-positive nuclei in control HUVEC (passage 1) under static conditions or following 6h of cyclic stretch without or with prior treatment by Pyr3 (10μM). HUVEC were seeded onto collagen I-coated BioFlex elastomers (Flexercell) and stretched or not with a sinusoidal profile at 0.5Hz and 10% cyclic elongation. ***p<0.01 as indicated, n=3 for each group. (E) Analysis of IL-8 mRNA abundance in HUVEC (performed as described under B) following the same treatment. Two-tailed student’s t-test, **p<0.01, n=3 for each group.


Altogether, these data indicate that zyxin is an important mechanotransducer strategically localized to the interface between the ECM and the cytoskeleton that directly influences the phenotypic properties of EC and indirectly those of vascular SMC in response to changes in their biomechanical environment, notably exposure to supraphysiological tensile stress.



ROLE OF LPP AS A MECHANOTRANSDUCER

The role of LPP in mechanotransduction in vascular cells has not yet been described in such detail as that of zyxin. This is mainly due to the lack of the corresponding knockout mice, which ideally should be raised on the same genetic background as the zyxin knockout mice (C57BL/6), and an in-depth characterization of their respective phenotypes in vivo. Essentially, all knowledge about LPP to date originates from in vitro work with cultured cells or cell lines. However, when considering that LPP, in contrast to zyxin, is highly enriched in SMC, and in particular in vascular SMC (Gorenne et al., 2003; Nelander et al., 2003; Petit et al., 2008), in both mice and humans (see above), and its established role in the proliferation and migration of tumor cells, its role in the vasculature as a modulator of the SMC phenotype under tensile stress surely deserves proper attention.



CONTROL OF LPP EXPRESSION

In vascular SMC, myocardin is a potent co-activator of SRF. SRF in turn activates expression of a subset of SMC-specific marker genes and also enhances LPP expression (Gorenne et al., 2003, 2006). This activation depends on the RhoA/ROCK pathway, and accordingly, inhibitors of this pathway decrease myocardin expression and, among other SMC-specific genes, expression of the Lpp gene, too, suggesting that the Lpp gene shares transcriptional regulatory mechanisms common to SMC-specific genes. Increased activity of focal adhesion kinase (FAK) also positively regulates expression of the Lpp gene (Gorenne et al., 2003; Jin et al., 2007). Accordingly, FAK-deficient vascular SMC express lower levels of LPP protein and exhibit impaired migration. However, when the transcription factors Prx1a and 1b are overexpressed in these cells, abundance of LPP is increased, suggesting that Lpp expression is also regulated by Prx1 homebox transcription factors (Jin et al., 2007). Both Prx1a and 1b are highly expressed in the developing cardiovascular system, especially in larger arteries and veins. It is interesting to note that Prx1 knockout mice display abnormal morphologies of the greater blood vessels (Bergwerff et al., 2000). One can only speculate at this point whether products of genes under the control of Prx1, possibly including Lpp, regulate proper migration of vascular SMC during vasculogenesis and that their absence thus leads to structural abnormalities of the developing blood vessels.

Although expression of LPP is very low in the adult heart as compared to that in vascular SMC (Petit et al., 1996; Human Protein Atlas, 2021), and according to our own data essentially confined to the conduit and resistance-sized arteries and veins in the adult mouse heart, pressure overload of the left ventricle caused by aortic constriction in the rat seems to increase LPP expression in the whole myocardium (Hooper et al., 2012). It should be noted, however, that in this study, LPP protein abundance in neonatal ventricles was severalfold higher than in the adult ventricles and that there was not much of a difference in LPP protein between the (unaffected) right and the (presumably hypertrophic) left ventricle in the adult rats. Since all other data were obtained with cardiac cells in vitro, it remains to be determined whether and in which cell type LPP provides a link between cytoskeletal remodeling and mechanical overload in the heart. In another study by the same group, knockdown of LPP by small interfering RNA impaired the adaptive response of neonatal rat cardiomyocytes to mechanical overload by compromising myofibrillogenesis (Hooper et al., 2013). Whether LPP plays a similar protective role in adult cardiomyocytes or in vivo is not known.



LPP REGULATES GENE EXPRESSION AND CELL MIGRATION

One plausible mechanism how LPP may mediate cytoskeletal remodeling in response to mechanical stimuli is by activation of specific response genes that mediate these structural adaptations. LPP can shuttle to the nucleus and exhibit gene transcription activation capacity in vitro as measured by using a GAL-4 transactivation assay in HeLa cells. This is mediated by the two LIM domains and the proline-rich region (Petit et al., 2000). Upon exposure of cells to biomechanical deformation, LPP only transiently translocates to the nucleus where it may exhibit some transactivation capacity or function as a transcriptional co-activator to mediate the adaptive changes in gene expression in response to mechanical stress (Siddiqui et al., 2021). When the nuclear export sequence is removed or the nuclear export signal CRM1 is inhibited, LPP accumulates in the nucleus (Petit et al., 2000), emphasizing the nuclear-cytoplasmic shuttling role of LPP.

LPP is also capable of enhancing expression of PEA3-dependent genes in vitro (Guo et al., 2006) that are involved in neuronal development or mediation of fibroblast growth factor signaling (Roehl and Nüsslein, 2001; Firnberg and Neubüser, 2002; Livet et al., 2002). In addition, PEA3 controls genes encoding certain matrix metalloproteinases (MMP) involved in degradation of the ECM (Grunewald et al., 2009). ETV5 is a member of a PEA3 subfamily and a partner of LPP in controlling transcription. Together with LPP, it induces re-organization of cell–cell and cell-substrate contacts and promotes cell migration. In the context of cancer progression, where uncontrolled migration of and invasion by tumor cells is a pivotal feature, this effect of LPP on ETV5-dependent gene expression may reinforce epithelial-to-mesenchymal transition and expansion of the tumor into neighboring tissues (Colas et al., 2012). However, inadequate migratory behavior is associated with other pathologies as well, including atherogenesis and maladaptive hypertension-induced arterial remodeling.

Originally, LPP was discovered in a subset of lipomas as a fusion protein with high mobility group A2 (HMGA2). This fusion protein, in which the carboxy-terminal LIM domains of LPP are fused to the amino-terminal end of HMGA2, has been shown to facilitate the migration of tumor cells (Grunewald et al., 2009). In the cardiovascular system, modulating the phenotype of vascular SMC and degradation of the ECM are important steps for these cells to migrate from the media to form a sub-endothelial neointima following vascular injury (Owens, 1995). In fact, several studies have suggested a role for LPP in the migration of vascular SMC. These cells are capable of perceiving changes in stiffness and composition of the ECM. When grown on denatured collagen type 1 that simulates the microenvironment in an injured conduit artery (or vein), they upregulate expression of the LPP gene (Jin et al., 2009). A similar situation occurs in arterial blood vessels where both LPP and one of its preferred binding partners, paladin, are highly abundant not only in the media but also in the neointima of injured conduit arteries, again implying a functional role of LPP in the migratory behavior of vascular SMC (Gorenne et al., 2006; Jin et al., 2007). In medial SMC invading the neointima, LPP together with palladin is recruited to podosomes, that is, motile and highly dynamic actin structures found in vascular SMC in atherosclerosis (Jin et al., 2009).

In the context of tumor progression and spreading, LPP may in fact facilitate the abnormal migratory behavior of cancer cells by playing a regulatory role in the formation and function of invadopodia that promote metastasis (Ngan et al., 2017). When overexpressed in HIVS-125 cells (human SMC line), LPP enhances migration and cell spreading (Jin et al., 2007), and when LPP expression is attenuated, the invasiveness of tumor cells is also decreased (Grunewald et al., 2009). These findings suggest that the mechanosensory and perhaps mechanoregulatory function of LPP can also be employed by such cells in a pathological setting. It should be emphasized, however, that none of these findings have been obtained with cells or tissues derived from, for example, mice deficient for LPP. Moreover, in vivo or ex vivo studies of Lpp knockout mice are necessary to shed more light on the physiological role of LPP in blood vessels because studies with cultured cells may not adequately reflect the physiological conditions. This is especially noteworthy with regard to Lpp gene expression in adult mice being restricted to SMC, in particular to vascular SMC (see above). In addition, studies with cells that overexpress LPP do not accurately reflect the physiological role of LPP as overexpression of LPP disrupts normal LPP signaling and leads to a concentration-dependent upregulation of PEA3-dependent gene products including, for example, various MMP. Overexpression of these proteases would favor ECM destabilization and cell migration as frequently observed in different cancer cell lines (Guo et al., 2006; Grunewald et al., 2009). Another aspect to consider when interpreting in vitro findings is that vascular SMC attain a fibroblast-like phenotype in culture and that expression of characteristic marker genes and transduction pathways is modified in cultured cells (Jackson et al., 1997). This may be particularly true for LPP, which also belongs to the core of SMC-specific genes.

In contrast to its promigratory effect in LPP-overexpressing cultured cells or cancer cell lines, LPP may act as a fine-tuning protein regulating the migratory behavior of vascular SMC in response to biomechanical stimulation. While facilitating migration during vascular injury or vasculogenesis when SMC transit to a promigratory and growth-promoting state, in the absence of a specific biomechanical stimulus, LPP may support gene expression and signaling pathways associated with the quiescent contractile state. In fact, LPP was shown to act as a suppressor of cell migration associated with malignant cancer phenotypes. In lung cancer cells, MMP15 is a direct transcriptional target of LPP and ETV5. MMP15 degrades N-cadherin and weakens cell–cell contacts and thus can attenuate migration (Kuriyama et al., 2016). Similarly, recent studies suggest that a dual role of LIM proteins is plausible (promigratory vs. anti-migratory). As an example, four and a half LIM domains protein 1 (FHL-1) can act both as a tumor suppressor and a growth-promoting signaling molecule, depending on its association with diverse cellular signals (Wei and Zhang, 2020).

In fact, zyxin has also been shown to exhibit opposing actions on the migratory behavior of cells depending on the cellular context. Overexpression of zyxin in human hepatocellular cancer cells was associated with increased invasiveness and migratory abilities of these cells (Sy et al., 2006). In contrast, zyxin attenuated tumor growth, reconstituted FA organization with the actin cytoskeleton and decreased cell motility in a Ewing sarcoma model (Amsellem et al., 2005). This second action of zyxin would correspond with our results from zyxin-deficient vascular SMC that display increased migration and proliferation and poor contractile capacity, but upon re-expression of zyxin or LPP switch their phenotype back to the quiescent contractile state (Ghosh et al., 2015).



CONCLUSION

In summary, LIM domain proteins, such as zyxin and LPP act, depending on the type of vascular cell, as mechanotransducers directly (zyxin) or indirectly (LPP) propagating the biomechanical stress signal into the nucleus and a change in gene expression that aims at maintaining the cells in a quiescent state. While expression of LPP seems to be restricted to vascular SMC in the adult, zyxin is highly abundant in EC. LPP presumably indirectly, via activation of MRTF-A relays changes in biomechanical load on the actin cytoskeleton and ECM-cell contacts (FA) to the nucleus. By acting as a sensor of the state of the cortical actin cytoskeleton, it modulates its structure and function under the complex and variable conditions of biomechanical stimulation. Markers of the differentiated state of vascular SMC are highly dependent on cytoskeletal dynamics so that, depending on the (patho)physiological context, corresponding changes in gene expression support the cells to remain in a quiescent contractile state. Zyxin, on the other hand, plays a dominant role as a mechanotransducer in EC that translocates from the FA to the nucleus where it can directly transactivate mechanosensitive genes, but has also some functional overlap with LPP in vascular SMC. Considering the presumably complex role these two mechanotransducers play in the cardiovascular system, more mechanistic studies but also animal experimental in vivo models are required to delineate the mechanisms through which these LIM domain proteins stabilize the quiescent phenotype of these cells in the face of a supraphysiological prolonged tensile stress as it occurs, for example, in arterial hypertension. This may eventually pave the way toward therapeutic strategies aiming at maintaining expression of these LIM domain proteins in vascular cells.
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The coronary microvasculature plays a key role in regulating the tight coupling between myocardial perfusion and myocardial oxygen demand across a wide range of cardiac activity. Short-term regulation of coronary blood flow in response to metabolic stimuli is achieved via adjustment of vascular diameter in different segments of the microvasculature in conjunction with mechanical forces eliciting myogenic and flow-mediated vasodilation. In contrast, chronic adjustments in flow regulation also involve microvascular structural modifications, termed remodeling. Vascular remodeling encompasses changes in microvascular diameter and/or density being largely modulated by mechanical forces acting on the endothelium and vascular smooth muscle cells. Whereas in recent years, substantial knowledge has been gathered regarding the molecular mechanisms controlling microvascular tone and how these are altered in various diseases, the structural adaptations in response to pathologic situations are less well understood. In this article, we review the factors involved in coronary microvascular functional and structural alterations in obstructive and non-obstructive coronary artery disease and the molecular mechanisms involved therein with a focus on mechanobiology. Cardiovascular risk factors including metabolic dysregulation, hypercholesterolemia, hypertension and aging have been shown to induce microvascular (endothelial) dysfunction and vascular remodeling. Additionally, alterations in biomechanical forces produced by a coronary artery stenosis are associated with microvascular functional and structural alterations. Future studies should be directed at further unraveling the mechanisms underlying the coronary microvascular functional and structural alterations in disease; a deeper understanding of these mechanisms is critical for the identification of potential new targets for the treatment of ischemic heart disease.

Keywords: microvascular remodeling, microvascular density, microvascular dysfunction, coronary blood flow, endothelial dysfunction, ischemic heart disease, microvascular disease


INTRODUCTION

The coronary microvasculature plays a key role in the tight coupling between myocardial perfusion and myocardial oxygen demand across a wide range of cardiac activity. Short-term regulation of coronary blood flow (CBF) in response to metabolic stimuli is achieved via adjustment of vascular diameter in different segments of the microvasculature in conjunction with mechanical forces eliciting myogenic and flow-mediated responses (Duncker and Bache, 2008). In contrast, chronic adjustments in flow regulation also involve structural modifications of the microvasculature, termed remodeling. Vascular remodeling encompasses changes in microvascular diameter and/or density and is largely modulated by mechanical forces acting on the endothelium and vascular smooth muscle cells (VSMCs). Moreover, metabolic and endothelial factors controlling vascular tone also play an important role in maintaining the integrity of the microvascular network. Such factors have been shown to be altered in pathological situations.

Especially in the setting of ischemic heart disease (IHD), distal to a proximal epicardial artery stenosis, mechanical determinants of vascular tone, such as perfusion pressure, extravascular compression and flow, are altered, possibly contributing to microvascular remodeling. Moreover, even in the absence of a coronary obstruction, risk factors commonly seen in patients with IHD, such as diabetes, hypercholesterolemia, hypertension and aging, result in microvascular dysfunction and remodeling, impairing myocardial perfusion (Padro et al., 2020; Sorop et al., 2020). Such risk factors could also exacerbate microvascular structural and functional alterations in the myocardium distal to a flow-limiting coronary stenosis possibly contributing to the residual ischemia still present in many patients long after recanalization of the obstructed artery.

Although in recent years more data have been gathered regarding coronary microvascular function in patients at different stages of cardiovascular disease, the microvascular structural alterations, including vascular (arteriolar and capillary) density and collateralization, as well as remodeling of the vascular wall, still remain incompletely understood (Padro et al., 2020; Sorop et al., 2020). A deeper understanding of the mechanisms responsible for these changes is critical for the identification of potential new targets for the treatment of IHD. In this review, we present an overview of available data in humans and animal models, regarding the alterations in microvascular structure from an early stage, with the mere presence of cardiovascular risk factors, to a later stage, with overt IHD, with considerable hemodynamic consequences. Vascular function and its contribution to remodeling has been reviewed elsewhere (Pant et al., 2014; Fang et al., 2019). Here, we will mainly focus on the effects of biomechanical forces on vascular tone and structure in health and disease.



CORONARY MICROVASCULAR FUNCTION AND STRUCTURE IN THE HEALTHY HEART

The primary function of the coronary circulation is to transport oxygen and nutrients to the myocardium. During increased metabolic demand, myocardial perfusion must increase commensurately with the increase in myocardial oxygen consumption, which is mainly achieved via regulation of coronary microvascular resistance (Hastings et al., 1982; Duncker and Bache, 2008; Goodwill et al., 2017). Several decades of intense scientific effort has improved our understanding of the physiological processes involved in these adaptive responses and the mechanisms involved. We will briefly discuss the different regulators of vascular tone and structure, focusing primarily on mechanical factors.


Control of Vascular Tone in the Healthy Heart

The increase in myocardial oxygen consumption of the left ventricle, as required during exercise or stress, is principally met by an increase in oxygen delivery and thus in CBF, as the myocardium already has a high oxygen extraction at rest (>70%). The increase in CBF can amount up to 4–5 times the resting flow in the healthy heart (Duncker and Bache, 2008), and is mainly achieved by a reduction in vascular resistance. Under normal circumstances, proximal epicardial arteries (>400 μm in diameter) serve as conduit vessels as they contribute minimally (<5%) to overall coronary vascular resistance (Goodwill et al., 2017). The major loci of coronary vascular resistance are the coronary small arteries and arterioles (20–400 μm in diameter), responding to changes in physical forces (wall stress and shear stress), as well as metabolic needs of the tissue, while less than 20% of the resistance resides in the capillaries and venules (Chilian et al., 1986; Goodwill et al., 2017). The acute and/or chronic modulation of coronary vascular resistance in response to changes in myocardial oxygen demand, involves both active (vascular tone) and passive (extravascular compressive and intravascular distending mechanical forces) changes in vessel diameter.

An optimal level of vascular diameter is thus achieved by a tightly regulated balance between a variety of vasoactive mechanisms, including metabolic, endothelial, neurohumoral and mechanical factors. The latter includes passive vascular responses to changes in the mechanical environment produced by myocardial compression and intravascular distending pressure, but also active responses contributing to vascular tone, such as myogenic response and flow-mediated response induced by changes in the perfusion pressure and shear stress. These mechanisms exert specific influences on different segments of the microvasculature (Jones et al., 1993a; Muller et al., 1996; Laughlin et al., 2012; Duncker et al., 2015) with the distal, smallest arterioles (<100 μm diameter) being most sensitive to myocyte-derived metabolic stimuli, whereas wall stress-induced myogenic mechanisms are dominant in the intermediate larger arterioles and small arteries (100–200 μm) and flow-mediated dilation dominates the vasomotor tone of small arteries (200–400 μm). The most important vasoactive mechanisms regulating vascular tone are individually described below and summarized in Figure 1.

[image: Figure 1]

FIGURE 1. Influences of metabolic, neurohumoral, endothelium-derived and mechanical factors on the microvasculature. Adapted with permission from Duncker and Bache (2008). ACh, acetylcholine; ATP, adenosine triphosphate; EETs, epoxyeicosatrienoic acids; ET-1, endothelin-1; H2O2, hydrogen peroxide; NE, norepinephrine; NO, nitric oxide; pCO2, dissolved carbon dioxide; PGI2, prostacyclin; pO2, oxygen tension.



Neurohumoral Factors

Neural stimulation also affects tone, as sympathetic and parasympathetic (vagal) nerves innervate different segments of the coronary vasculature, although their influence on coronary vascular tone differs between rest and exercise. Thus, while cardiac sympathetic activity is limited at rest, increased sympathetic activity contributes to exercise-induced hyperemia (Duncker and Bache, 2008; Goodwill et al., 2017). Neural stimulation exerts its effects on vascular tone via an interaction between the direct effects on vascular smooth muscle cells and stimulation of nitric oxide (NO) release from the endothelium.

During sympathetic activation, coronary tone is modulated by norepinephrine release from sympathetic nerves, and by circulating epinephrine and norepinephrine (Goodwill et al., 2017). In conduit arteries, sympathetic stimulation leads to a net vasodilator response mediated by an interaction between alpha1-mediated vasoconstriction and beta-mediated vasodilation (Goodwill et al., 2017). In the coronary resistance vessels, the effect of sympathetic activation on vascular tone depends on the net actions of beta1-mediated increases in myocardial oxygen consumption, beta1- and beta2-mediated coronary vasodilation, and alpha1-mediated vasoconstriction (Laughlin et al., 2012). In the healthy heart, exercise-induced beta-adrenergic “feed-forward” dilation predominates over alpha adrenergic constriction (Duncker and Bache, 2008), with contributions of both beta2- and beta1-receptors (Gao et al., 2010), resulting in an increase in CBF that matches the increase in myocardial oxygen consumption. Alpha-adrenergic blockade can induce vasodilation by blocking the vasoconstrictor influence of alpha1- and alpha2-adrenoceptors, with alpha1-adrenoceptors being more predominant in small coronary arteries (>100 μm) and both alpha1- and alpha2-adrenoceptors present in arterioles (<100 μm) (Duncker and Bache, 2008). Data show little evidence for alpha-adrenergic coronary vasoconstrictor influences at rest, but alpha-adrenergic constriction is augmented both at rest and during exercise in the presence of coronary endothelial dysfunction involving both alpha1- and alpha2-adrenoceptors (Heusch et al., 2000; Laughlin et al., 2012).

The role of vagal activity in the control of CBF at rest and during exercise has been shown to be negligible, as vagal tone to the myocardium is progressively withdrawn during increased levels of exercise (Duncker and Bache, 2008) although this appears to be species-dependent. Human and canine coronary resistance arteries have shown endothelium-dependent dilation to acetylcholine resulting in increases in CBF (Laughlin et al., 2012). Besides its role as a cholinergic neurotransmitter, non-neuronal acetylcholine was also shown to play a role in endothelial mechanotransduction, by being released by the endothelial cells (ECs) in response to flow, resulting in vasodilation (Wilson et al., 2016). Additionally, in swine, in which acetylcholine produces vasoconstriction, an interaction was observed of sympathetic and parasympathetic influences on coronary vascular tone during exercise. Thus, beta-adrenergic vasodilation was enhanced by withdrawal of the muscarinic receptor-mediated inhibition (Duncker et al., 1998). However, in dogs, where acetylcholine results in net vasodilation, parasympathetic effects are weak at rest and negligible during exercise (Duncker and Bache, 2008).

In conclusion, the autonomic nervous system is able to modulate the coupling between coronary flow and myocardial metabolism, with minimal activity at rest, and net beta-adrenergic feed-forward vasodilation during exercise.



Endothelial Factors

Vascular endothelium is one of the major determinants of vascular tone, by releasing various vasoactive substances in response to different stimuli. These factors include powerful vasodilators, such as NO, prostaglandins, and epoxyeicosatrienoic acids (EETs), K+ and H2O2, which induce endothelium-derived hyperpolarization (EDH; Laughlin et al., 2012). Studies have shown that NO-dependent responses occur primarily in small arteries and large arterioles (100–300 μm) and involve cyclic guanosine monophosphate (cGMP)-dependent hyperpolarization of VSMCs via the opening of specific K+ channels (Dick and Tune, 2010). Prostaglandin release has been shown to contribute to coronary reactive hyperemia but only in the presence of inhibition of NO synthesis, suggesting interaction of the two mechanisms (Puybasset et al., 1996). Additionally, although the exact nature of the factors involved in EDH (acting primarily on arterioles <100 μm) remains incompletely understood, several potential candidates (EETs, K+, H2O2) have been shown to be regulators of vascular tone in response to different stimuli such as shear stress, bradykinin or adenosine stimulation (Gutterman et al., 2016). Conversely, ET-1 has been identified as potent vasoconstrictor. Although its role appears to be rather modest under physiologic conditions, it becomes more important in disease states such as coronary artery disease (Sorop et al., 2008). Moreover, prostaglandin F2α, thromboxane and serotonin have been shown to be potent vasoconstrictors, also in pathological situations such as endothelial injury and coronary artery disease (Goodwill et al., 2017).



Metabolic Factors

Metabolic activity of the heart is one of the major factors regulating coronary vascular resistance. In order to maintain function and accommodate the high metabolic demand, the heart relies on aerobic metabolism to convert metabolic substrates into energy molecules, ATP. The exact nature of the factors and mechanisms responsible for local microvascular metabolic tone control is still not completely understood (Deussen et al., 2012), but several tissue-derived metabolites have traditionally been proposed to play a role in the regulation of coronary microvascular resistance during increased metabolic demand. These include dissolved O2 and CO2, as well as adenosine, involving activation of various K+ channels (Gerlach and Deuticke, 1966; Tune, 2007; Goodwill et al., 2017), although the specific contribution of each type of K+ channel remains a matter of debate. An increase in myocardial adenosine was originally proposed to link the flow regulation during changes in metabolism (Feigl, 2004). Thus, during increased myocardial oxygen consumption, a fall in myocardial oxygen tension could produce myocardial adenosine release and subsequent coronary vasodilation (Berne, 1963). However, in both human and animal studies, adenosine blockade did not affect vasodilation during physiological increases in myocardial oxygen consumption (Bache et al., 1988; Edlund et al., 1989; Duncker and Bache, 2008) in the healthy heart. In contrast, adenosine was shown to play an important role in coronary vasodilation during ischemia (Laxson et al., 1993). More recently, other factors, such as adenine nucleotides (ATP) or NO released from erythrocytes during hypoxia, have been proposed to mediate metabolic vasodilation (Gorman et al., 2010), although proof for their involvement is still lacking (Laughlin et al., 2012; Goodwill et al., 2017). [image: image] channel blockade impaired CBF in hypoxia; however, this response was only transient and [image: image] channel blockade did not impair exercise hyperemia (Duncker et al., 1993). Importantly, the mechanisms described above do not work independently, as studies in animal models have suggested that [image: image] channels, adenosine and NO interact in different manners to control coronary flow control during exercise. Thus, in dogs these three interacting mechanisms fully control coronary perfusion during exercise (Ishibashi et al., 1998). This may at least in part be species dependent, as in swine a residual exercise-induced vasodilation upon inhibition of these mechanisms was still present (Merkus et al., 2003). Finally, mitochondria-derived hydrogen peroxide (H2O2) has also been suggested as possible mediator coupling CBF to metabolism in the heart, through modulating the opening probability of voltage-gated K+ channels. Consistent with this proposal, blockade of voltage-gated K+ channels was shown to impair the balance between CBF and myocardial metabolism (Berwick et al., 2012; Deussen et al., 2012; Goodwill et al., 2017; Ohanyan et al., 2017). Nevertheless, despite intense research efforts, the mechanisms controlling CBF during high metabolic demand still remain incompletely understood.



Mechanical Factors

In addition to the above described mechanisms, the vascular wall also contributes to modulation of vascular tone in response to biophysical forces exerted by both the flowing blood as well as the surrounding tissue. Flowing blood not only exerts a frictional force on the endothelial lining termed fluid shear stress, but the vessel wall also has to withstand blood pressure, which results in tension in the vessel wall. Wall stress and shear stress exert important physiological effects on the vascular cells through the process of mechanotransduction, resulting in both acute and chronic adaptations of the vascular caliber. For example, the ECs continuously sense the magnitude, direction and the pulsatility of shear stress, and are able to generate vasoactive substances, such as NO, prostacyclin and H2O2 producing an acute increase in vascular diameter. The vasodilation in response to an increase in flow is termed “flow-mediated dilation,” and is well conserved across species and vascular beds, although the magnitude of endothelium-dependent dilation and the underlying mechanism depends strongly on the species, vascular bed, vessel size, and age (Beyer et al., 2017). Arterial shear stresses range from 10 dyn/cm2 in the aorta to 50 dyn/cm2 in smaller arterioles, while the venous system has lower shears from 1 dyn/cm2 in the vena cava to approximately 20 dyn/cm2 in the venules (Papaioannou and Stefanadis, 2005; Givens and Tzima, 2016). Additionally, in vivo, depending on the vessel geometry (size, curvature, presence of a bifurcation or a coronary obstruction), the blood flow exhibits different patterns, falling into two major categories; laminar and disturbed flow. Laminar flow, characterized by mainly unidirectional uniform flow, occurs mostly in straight vascular segments, inducing EC alignment in the direction of flow with low cellular turnover. Pulsatile or steady laminar flow was shown to stimulate the production of factors supporting endothelial survival, quiescence and barrier function and increases the expression of anti-inflammatory genes with atheroprotective properties (Chatzizisis et al., 2007; Reinhart-King et al., 2008). Disturbed flow, also termed atheroprone flow, is characterized by oscillatory, turbulent and low flow patterns, present in vascular areas with bifurcations and curvatures (Cheng et al., 2006). ECs subjected to disturbed flow do not align in the flow direction and show increased proliferation and proinflammatory gene profiles (Chatzizisis et al., 2007) resulting in increased endothelial permeability and enhanced monocyte adhesion (Zhou et al., 2014). The mechanisms involved in flow-mediated dilation are also dependent on size; conduit vessels rely primarily on NO while the microcirculation utilizes a variety of mediators, including NO, prostacyclin and EDH. Additionally, the complex arterial architecture, with branching points and curved regions, induces different flow and shear patterns on the endothelium, greatly influencing EC function (Davies, 2009).

Additionally, the effects of cyclic stretch and pressure gradient across the endothelial layer (transmural pressure) also induce endothelial deformation, formation of endothelial ridges and alterations in endothelial function, as well as reorientation of VSMC contractile filaments from the circumferential to radial direction (Greensmith and Duling, 1984). These architectural changes may influence the pressure-induced myogenic activation and VSMC constriction leading to acute or chronic alterations in vascular responses (Lockette et al., 1986; Luscher et al., 1987). The myogenic response is the main mechanism allowing the coronary circulation to maintain constant blood flow in the face of changes in perfusion pressure, i.e., coronary autoregulation. This is achieved by constriction of coronary resistance vessels in response to an increase in intravascular distending pressure and dilation in response to a decrease in pressure. Arterioles of ~100 μm in diameter are particularly sensitive to developing myogenic tone. This response is endothelium-independent and involves VSMC activation by changes in the intracellular Ca2+ concentration (Kuo et al., 1988; Sorop et al., 2003), mainly via L-type Ca2+ channels (Jensen et al., 2017). Additionally, regional differences in myogenic tone have been found across the ventricular wall. Thus, due to the lower perfusion pressure (as a result of the resistance of the transmurally penetrating vessels and the increased extravascular compression), the sub-endocardial resistance arterioles show reduced myogenic responses as compared to subepicardial arterioles (Kuo et al., 1988). Mechanosensing of both flow and pressure is thought to result from multiple cellular components as will be discussed later.




Regulation of Vascular Structure and Architecture

Vasodilator reserve of the microvasculature is computed as the ratio between maximal hyperemic flow and basal flow. The maximal flow is strongly dependent on the vascular architecture, the biomechanical characteristics of the vascular segments and their number (arterial and capillary density). Biomechanical properties of the vasculature play an important role in determining the minimal and maximal vascular resistance by limiting the vasoconstrictor and vasodilator reserve of the coronary vasculature. The vasoactive responses are limited by the thickness and structure of the vascular layers, in particular the organization of the VSMC layers and the extracellular matrix. The vascular structure is controlled by local forces and it is thought that shear stress, induced by the local flow profile and the wall stress related to the blood pressure, play a major role (Jones et al., 1993a,b). Additionally, chronic alterations in vascular tone induced by vasoactive substances can also result in changes in the vascular wall structure.

Alterations in the vascular structure are termed “remodeling” of the vessel wall and have been classified (Mulvany et al., 1996) in either eutrophic, hypotrophic or hypertrophic remodeling, depending on the changes in the wall cross-sectional area (Figure 2). Eutrophic remodeling describes vascular remodeling with preserved wall cross-sectional area around a smaller or larger lumen, hypotrophic remodeling involves loss of vascular wall components, while in hypertrophic remodeling the cross-sectional area of the vascular wall increases. Furthermore, depending on the changes in lumen diameter, vascular remodeling can be categorized as inward or outward remodeling, where a decrease in vascular lumen denotes inward remodeling while the opposite is called outward remodeling (Figure 2). Vascular remodeling is thus related to the amount of tissue in the vascular wall, and its organization around the luminal diameter, affecting the biomechanical properties and limiting the distensibility and thus the luminal diameter of that specific vascular segment. However, there is evidence that even under normal circumstances, the vessel wall is not quiescent, as vessels undergo continuous turnover of wall components, thereby contributing to homeostasis (Van Den Akker et al., 2010).
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FIGURE 2. Schematic representation of inward and outward hypotrophic, eutrophic and hypertrophic vascular remodeling. Adapted with permission from Mulvany et al. (1996).


Most studies assessing small artery remodeling have been performed in vitro in isolated vessels or based on histological examination (measurement of cross-sectional areas) of vascular segments fixated under pressure (Bakker et al., 2004, 2005; Van Den Akker et al., 2010; Tuna et al., 2013). While the latter approach might seem more physiologically relevant, since the vessels are not removed from their surrounding tissue, a direct comparison with the “pre-diseased” state is difficult and one-to-one comparison to similar healthy vessels from the exact same location is impossible. The in vitro approach (based on diameter lumen measurements in conjunction with optical/histological assessment of the wall/lumen ratio) has been used by many research groups, and enables the study of the vascular segment prior to and following exposure to the mechanical stimulus needed to induce the remodeling response. Passive pressure-diameter curves performed at different points in time allow for the observation of the process dynamics and a more complete characterization of the remodeling type. Additionally, the in vitro set-up is ideal to study the mechanisms underlying vascular remodeling. Conversely, removal of the vessel from the myocardium completely abolishes the natural contribution of any metabolic stimuli to this process.

Using in vitro culture of isolated small arteries, it has been shown that chronic vasoconstriction was sufficient to induce vascular inward remodeling, while vasodilation did not affect the vascular diameter or even resulted in outward remodeling (Bakker et al., 2002, 2003; Pistea et al., 2005, 2008; Sorop et al., 2006). Additionally, even in the absence of active constriction, vessels cultured at low pressures maintaining a small lumen diameter remodeled in the course of a couple of days, whereas pharmacological vasodilation significantly attenuated the inward remodeling (Sorop et al., 2006). Importantly, vessels cultured under flow remained more dilated than vessels cultured without flow, and flow inhibited the inward remodeling (Pistea et al., 2005). Bakker et al. studied the mechanisms involved in wall stress-induced vascular remodeling in more detail (Bakker et al., 2005), demonstrating tissue transglutaminase (TG2) as one of the crucial mediators of crosslinking between the extracellular matrix proteins, limiting vascular distensibility. Several factors have subsequently been shown to be involved in modulating TG2 activity, including NO, Ca2+ and GTP/GDP concentrations, but also the redox state in the micro-environment (Van Den Akker et al., 2010; Del Campo et al., 2013; Huelsz-Prince et al., 2013). Bakker et al., (2005) postulated that the mechanical force exerted by VSMCs during contraction, directly activates TG2, which further results in crosslinking of extracellular matrix components, explaining the link between smooth muscle activation and inward remodeling (Bakker et al., 2005). Additionally, in vitro studies also indicate that matrix metalloproteinases (MMPs) are activated in VSMCs subjected to either stationary stretch (Meng et al., 1999; Asanuma et al., 2003; Lehoux et al., 2004) or cyclic stretch (Grote et al., 2003), or in arteries exposed to longitudinal tension (Jackson et al., 2002), possibly contributing to a continuous turnover of matrix elements and counterbalancing the activation of TG2. Distal to small arteries and arterioles, and strongly dependent on the activation and remodeling status of these proximal vessels, the capillary network is involved in the oxygen delivery to the cardiomyocytes. Although its contribution to the total vascular resistance is below 10%, (Chilian et al., 1986), alterations in capillary density, especially in the subendocardium, have important consequences for local myocardial function. In order to compensate for a higher oxygen demand and lower perfusion pressures, the subendocardial capillary to fiber ratio is higher (~1) than in the subepicardial layer, (~0.8); however, these ratios have been shown to be strongly affected by different pathologies (Duncker and Bache, 2008). Loss of microvascular density, i.e., vascular rarefaction, is a key component of various pathologies. Factors contributing to capillary rarefaction include removal of angiogenic stimuli or generation of anti-angiogenic substances, flow discontinuation, disruption of endothelial-pericyte association and endothelial dysfunction (Goligorsky, 2010). It is important to realize that different disease entities, particularly metabolic syndrome, hypertension and aging, as well as the presence of a proximal obstruction, resulting in metabolic and/or hemodynamic alterations, can have a large impact on both function and structure of the coronary microvasculature, and hence on vascular resistance and myocardial perfusion. The impact of these diseases on the microvascular structure and architecture will be discussed below.



Biomechanical Signaling in Microvascular Function and Remodeling

Chronic increases or decreases in shear stress and wall tension have been shown to induce vessel remodeling to maintain proper tissue perfusion. Changes in shear stress lead to proportional changes in vascular diameter to the extent that the original levels of shear stress are restored (Langille, 1996; Tuttle et al., 2001; Baeyens and Schwartz, 2016), suggesting shear stress to be a set variable controlled by endothelial-mediated dilation and remodeling. Given the important influence of mechanical forces on vascular function and structure, the understanding of mechanosensing mechanisms by which ECs and VSMCs convert physical stimuli to biological responses has been an active field of research, although data exclusively for the coronary circulation are limited and to date these mechanisms have been studied mainly in vitro. Below, we will discuss data obtained in different vascular beds, on the main molecular contributors to mechanosensing. The pathways discussed are summarized in Figure 3.

[image: Figure 3]

FIGURE 3. Schematic representation of vascular mechanosensing and signal transduction cascades. Akt, protein kinase B; AP-1, activator protein 1; ATP, adenosine triphosphate; cAMP, cyclic adenosine monophosphate; cGMP, cyclic guanosine monophosphate; COX, cyclooxygenase; eNOS, endothelial nitric oxide; ERK, extracellular signal-regulated kinases; GTP, guanosine triphosphate; JNK, jun N-terminal kinase; KLF2, krüppel-like Factor 2; NF-κB, nuclear factor-κB; NOX, nicotinamide adenine dinucleotide phosphate oxidase; NO, nitric oxide; Nrf2, nuclear factor erythroid 2-like 2; PGI2, prostacyclin; PI3K, phosphatidylinositol 3-kinase; PKC, protein kinase C; RhoA, Ras homolog family member A; ROS, reactive oxygen species; YAP/TAZ, yes-associated protein/transcriptional coactivator with PDZ-binding motif.



Ion Channels

Ion channels are pore-forming proteins regulating the distribution of ions across the cell membrane, thereby enabling the establishment of a resting membrane potential. A large variety of ion channels is expressed by coronary microvascular ECs (Kefaloyianni and Coetzee, 2011) and VSMCs (Tykocki et al., 2017). For many of these ion channels, it has been shown that both shear stress and cyclic stretch can trigger their reversible deformation, directly affecting the opening of these channels and thereby the translation of mechanical stimuli into biomechanical signaling (Folgering et al., 2008). Well described ion channels sensing vascular mechanical stimuli include transient receptor potential (TRP) channels, Piezo channels and the epithelial sodium channel (ENaC).

The TRP family consists of conserved membrane proteins that mostly function as non-selective cation channels. Many of these TRP channels, including TRPC1, TRPC6, TRPV4, TRPM7 and TRPP2, are involved in mechanical stress-induced signaling by raising intracellular Ca2+ levels in ECs (Inoue et al., 2009), resulting in activation of calmodulin and subsequent production of prostacyclin (PGI2) and NO. In VSMCs, PGI2 induces relaxation via protein kinase A (PKA) after conversion of adenosine triphosphate (ATP) into cyclic adenosine monophosphate (cAMP). Similarly, NO stimulates the conversion of guanosine triphosphate (GTP) in VSMCs into cyclic guanosine monophosphate (cGMP), leading to protein kinase G (PKG) activation and VSMC relaxation (Kohler and Hoyer, 2007). In addition, in some—but not all—vascular beds there is also evidence for spreading of the endothelial hyperpolarization into neighboring VSMCs via myoendothelial gap junctions, closing L-type voltage-gated Ca2+ channels leading to vasorelaxation (Sandow et al., 2002; Conejo et al., 2007). Conversely, wall stress-induced Ca2+ influx via TRP channels in VSMCs results in membrane depolarization, stimulating vasoconstriction (Hill-Eubanks et al., 2014).

In addition to TRP channels, Piezo channels have also frequently been linked to mechanosensing and subsequent signaling. Using short interference RNA-mediated knockdown studies in a neuroblastoma cell line, Piezo1 and Piezo2 were shown to act as mechanically activated cation channels (Coste et al., 2010). In later studies, overexpression of Piezo1 in non-mechanically responsive human embryonic kidney (HEK) 293T cells was demonstrated to result in elevated Ca2+ influx upon exposure to shear stress (Dubin et al., 2017). Conversely, knockdown of Piezo1 in ECs largely prevented shear-induced endothelial alignment, indicating that Piezo1 plays a prominent role in the structural remodeling of the vasculature in response to mechanical stimuli (Ranade et al., 2014). Piezo1 was shown to initiate a rapid influx of Ca2+ in ECs when exposed to shear, similar to TRP channels inducing vasodilation via NO (Wang et al., 2016a; Jin et al., 2021). Besides stimulation of endothelial nitric oxide synthase (eNOS) activity, Piezo1 and TRP channels are also involved in shear-induced transcriptional regulation. Loss of TRPV4 or Piezo1 results in reduced activation of krüppel-like factor 2 (KLF2; Gerhold and Schwartz, 2016). KLF2, in concert with nuclear factor erythroid 2-like (Nrf2), regulates shear-induced transcription of many genes involved in vasoregulation (enhanced transcription of eNOS and C-natriuretic peptide, reduced ET-1 and angiotensin-converting enzyme transcription), inflammation [reduced transcription of inflammatory genes by blocking the activity of nuclear factor-κB (NF-κB) and activator protein 1 (AP-1)] and oxidative stress (enhanced transcription of antioxidant genes such as NAD(P)H dehydrogenase quinone 1 and catalase), and as such, acts as an important determinant of vascular remodeling (Novodvorsky and Chico, 2014).

Epithelial sodium channel is a sodium selective ion channel that has primarily been studied in cells of the distal nephrons in the kidney (Bhalla and Hallows, 2008). More recently, endothelial influx of sodium ions via ENaC was shown to regulate cellular actin dynamics. Enhanced activation, which occurs in response to acute changes in shear stress, results in stabilization of cortical actin, a thin actin mesh directly underneath the plasma membrane, into its filamentous form (F-actin), producing a stiffer cell-cortex (Warnock et al., 2014).



Cytoskeleton and Intermediate Filaments

Intermediate filaments, together with actin filaments and microtubules, comprise the cytoskeleton. Critical to a multitude of cell functions, including the maintenance of cell shape and organization, as well as facilitation of cell migration and protein and vesicle trafficking, the cytoskeleton is also recognized as an important mechanosensing and mechanotransduction structure.

As part of the cytoskeleton, the intermediate filament Vimentin has unique strain stiffening behavior, with Vimentin filaments being flexible at low stretch, but become more rigid at high stretch levels (Antfolk et al., 2017). This contributes to stabilization of the intracellular environment when cells are exposed to high mechanical forces, thereby stimulating cell survival and function. Additionally, in mesenteric resistance arteries, Vimentin was shown to be required for flow-mediated vasodilation (Henrion et al., 1997). In isolated ECs, Vimentin responded to shear stress by increased phosphorylation at serine 38, resulting in stabilization of Jagged1 on the endothelial membrane and subsequent Notch3 binding and signaling in VMSCs. In VSMCs, exposure to cyclic stretch promotes Vimentin polymerization, reduced Jagged1 expression and subsequent reduced Notch3 signaling in neighboring VSMCs (Van Engeland et al., 2019). Binding of Jagged1 to Notch3 receptor triggers cleavage and release of the Notch intracellular domain (NICD), which translocates into the nucleus to act as a transcription factor for target genes, including Hes1 and Hey1, that regulate vascular cell behavior. During development, Notch activation by ECs guides mural cell recruitment to sprouting vessels and VSMC differentiation (Stassen et al., 2020). Vimentin was shown to regulate Notch signaling during angiogenesis by consolidating the Jagged1/Notch signaling response at the expense of Delta-like ligand 4 (DLL4)/ Notch signaling (Antfolk et al., 2017). In mature arteries, Notch signaling between ECs and VSMCs, as well as between different layers of VSMCs, plays a central role in guiding the adaptation of the media in response to mechanical stimuli, regulating VSMC contractile versus synthetic phenotype, as well as proliferation and survival (Loerakker et al., 2018; Morris et al., 2019; Stassen et al., 2020).



Cell Adhesion Molecules

Cell adhesion molecules (CAMs) play an important role in maintaining tissue structure by providing physical cell-to-cell and cell-to-matrix adherence. Several prominent endothelial CAMs, including platelet endothelial cell adhesion molecule-1 (PECAM-1) and vascular endothelial cadherin (VE-cadherin), both constitutively expressed in virtually all ECs, were shown to be key players in mechanotransduction. PECAM-1 is a transmembrane receptor belonging to the immunoglobulin superfamily which provides endothelial cell-to-cell adhesion via homophilic interaction with surrounding ECs (Paddock et al., 2016). Application of both shear and stretch has been shown to produce tension on PECAM-1 resulting in rapid PECAM-1 phosphorylation (Fleming et al., 2005), which was independent of shear- and stretch-induced Ca2+ influx but rather involves tyrosine-protein kinase Fyn resulting in recruitment of both growth factor receptor-bound protein 2 (GRB2)-associated binding protein 1 and Src homology region 2 domain-containing phosphatase-2 (SHP-2). Upon phosphorylation of PECAM-1, the recruited SHP-2 initiates rapid but temporal extracellular signal regulated kinase (ERK) 1/2 activation, regulating cell proliferation (Xu et al., 2016). Similar to PECAM-1, VE-cadherin is also a transmembrane glycoprotein providing cell-to-cell adherence via homophilic interactions (Brasch et al., 2011). Using antibody-coated magnetic beads, force application on VE-cadherin resulted in cellular stiffening and cytoskeletal reorganization, illustrating the mechanical stress sensing abilities of VE-cadherin (Barry et al., 2015). However, exposing a mixture of wildtype and VE-cadherin knockout ECs to flow, prompted alignment (in the direction of flow) of VE-cadherin expressing cells, even in the absence of homophilic adhesion, which suggests that VE-cadherin acts as an adaptor, rather than as receptor, in this response (Tzima et al., 2005). This was confirmed in non-vascular COS-7 cells, which only aligned to flow when co-transfected with plasmids encoding PECAM-1, VE-cadherin and vascular endothelial growth factor receptor 2 (VEGFR2; Tzima et al., 2005). Other studies indicated that, in response to flow, VE-cadherin links PECAM-1 to VEGFR2 leading to ligand-independent activation of VEGFR2 and subsequent activation of phosphatidylinositol-3-OH kinase (PI3K; Jin et al., 2003). PI3K further activates serine/threonine kinase protein kinase B (Akt) which stimulates eNOS-induced production of vasodilatory NO, as well as ERK5-mediated dissociation of histone deacetylase 5 (HDAC5) from myocyte enhancer-binding factor 2 (MEF2), leading to enhanced shear-induced transcription of KLF2 (Chistiakov et al., 2017). Additionally, PI3K inhibits binding and subsequent degradation of Nrf2 by kelch-like ECH-associated protein 1 (KEAP-1; Dai et al., 2007).

Integrins, another class of CAMs, are transmembrane receptors that facilitate the connection between the extracellular matrix and the cytoskeleton, like intermediate filaments, putting them in a unique position to transmit physical stimuli. They are heterogenous in structure, being composed of various combinations of α and β subunits. Direct assessment of endothelial integrin conformational changes, as well as antibody-mediated blockade of the shear-induced response, has provided evidence for the involvement of integrins in mechanical signal transduction. Shear stress-induced changes in integrin conformation increase their affinity for extracellular matrix proteins, such as fibronectin, laminin and collagen (Shyy and Chien, 2002), binding to these substrates leading to the formation of focal adhesion complexes, which link the actin cytoskeleton to the extracellular environment and simultaneously stimulate the activation of focal adhesion kinase (FAK; Fang et al., 2019). Via activation of Rap1 guanine exchange factor C3G, FAK stimulates the activation of ERK, thereby enhancing cellular proliferation and migration (Shyy and Chien, 2002). Furthermore, in isolated ECs and VSMCs it has been demonstrated that in response to cyclic stretch, focal adhesion protein Zyxin dissociates from the focal adhesion complex and accumulates in the nucleus (Cattaruzza et al., 2004; Wojtowicz et al., 2010), enhancing transcription of inflammatory genes in ECs and upregulating the ET-1 B receptor (ETB-R) in VSMCs. Elevation of intravascular pressure also results in enhanced filamentous:globular (F:G) actin ratios in VSMCs. This polymerization of actin aids in the development of myogenic tone, as evidenced by impaired constriction of VSMCs exposed to actin polymerization inhibitors cytochalasins and latrunculin. The exact mechanism by which strain induces actin polymerization in VSMCs is not completely understood, but it most likely occurs via integrin-mediated activation of protein kinase C (PKC) and RhoA (Cipolla et al., 2002).

Additionally, activation of endothelial integrins also occurs indirectly upon exposure to shear. PI3K activation by the tri-molecular complex composed of PECAM-1, VEGFR2 and VE-cadherin leads to an integrin-mediated, substrate-dependent mechanotransduction response. Thus, PI3K-mediated activation of integrins bound to collagen initiate a protein kinase A-dependent repression of RhoA, leading to reduced synthesis of cellular stress fibers and endothelial stiffness. Conversely, activation of integrins bound to fibronectin stimulates RhoA-mediated stiffness and enhances activation of inflammatory signaling via NF-κB (Collins et al., 2014). Moreover, integrin-mediated activation of RhoA also stimulates yes-associated protein (YAP) and transcriptional coactivator with PDZ-binding motif (TAZ), initiating the transcription of a variety of inflammatory genes by activating AP-1 via jun n-terminal kinase (JNK; Wang et al., 2016b).



G Proteins and G Protein-Coupled Receptors

G proteins are membrane-bound guanine nucleotide-binding proteins acting as molecular switches to enable the transmission of external stimuli into the cell. They can be subdivided in monomeric small GTPases and heterotrimeric G protein complexes consisting of an α, β and γ subunit, both of which are regulated in their activity by their ability to bind and hydrolyze guanosine triphosphate (GTP) to guanosine diphosphate (GDP). Heterotrimeric G proteins have previously been shown to operate as mechanosensitive initiators of signaling. Onset of flow rapidly induced GTP binding in human umbilical vein ECs (HUVECs; Gudi et al., 1996). Using G protein-loaded phospholipid bilayer vesicles, it was later demonstrated that shear-induced activation of G proteins (Gαq and Gαi3) was independent of an intact cytoskeleton or receptor-mediated signaling (Gudi et al., 1998). Short interference RNA-mediated knockdown of Gαq illustrated its requirement in shear-induced activation of endothelial Ras, implicating a direct role for G protein signaling in mitogen-activated protein kinase (MAPK) activity (Gudi et al., 2003).

There are, however, also studies showing evidence for biomechanical G protein-coupled receptor signaling (GPCR). It has, for instance, been observed that application of shear, stretch or a membrane-fluidizing agent to bovine aortic ECs, resulted in a rapid and ligand-independent conformation change of the bradykinin B2 GPCR (Chachisvilis et al., 2006), known to activate MAPKs and to initiate phospholipase-mediated increase in intracellular Ca2+, leading to eNOS activation. Similarly, activation of GPCR sphingosine-1 phosphate (S1P) receptor-1, which like bradykinin B2 GPCR is expressed by coronary ECs (Figueroa et al., 2001; Liu et al., 2016), was shown to induce flow-dependent activation of ERK, Akt and eNOS. In line with activation of bradykinin B2 GPCR, activation of S1P receptor-1 is ligand-independent as ligand binding-deficient mutants of S1P receptor-1 were able to functionally restore the shear-mediated actions of S1P receptor-1 knockout in HUVECs (Jung et al., 2012).

More recently, G Protein-Coupled Receptor 68 (GPR68), which is primarily expressed in ECs of small diameter arteries (murine third-order mesenteric), has also been suggested to be a flow responsive GPCR, as indicated by the shear-induced Ca2+ influx in HEK293T cells overexpressing GPR68. Ex vivo cannulation experiments comparing the shear response of third-order mesenteric arteries from wildtype and GPR68 knockout mice, demonstrated an impaired flow-mediated dilation in absence of GPR68. Moreover, eNOS inhibition could almost completely block flow-mediated dilation in arteries of both wildtype and knockout mice, indicating that GPR68 presumably functions upstream of the NO pathway (Xu et al., 2018).

Interestingly, GPCR-mediated signaling upon mechanical stress has also been described in VSMCs. Exposure of VSMCs to hypo-osmotic shock to increase membrane tension, resembling mechanical stretch, was shown to result in increased intracellular Ca2+ levels causing VSMC contraction. Remarkably, this influx of Ca2+ could be blocked by losartan, an inhibitor of the GPCR angiotensin II receptor type 1 (AT1-R; Schleifenbaum et al., 2014).



Glycocalyx

The glycocalyx is a thin (up to 500 nm), negatively charged, gel-like structure on the luminal side of the membrane of healthy endothelium, and as such, it has also been observed in the coronary circulation (Becker et al., 2010). It is composed of proteoglycans and glycoproteins, such as heparan sulfate and hyaluronic acid. It regulates endothelial barrier function, leukocyte adhesion and coagulation, but has also been linked directly to mechanotransduction. Thus, Syndecan-1 and -4, heparin sulfate and proteoglycans, which attach the glycocalyx to the cytoskeleton, were shown to be indispensable for proper shear-induced activation of Akt. Moreover, loss of endothelial syndecan expression impaired endothelial alignment to the direction of flow, lowered the transcription of flow-induced transcription factors KLF2 and KLF4, and stimulated the transcription of a variety of pro-inflammatory cytokines (Voyvodic et al., 2014). The glycocalyx also plays a role in flow-mediated dilation, as demonstrated by heparin challenge-induced displacement of proteins bound to heparan sulfate proteoglycans in mice, which led to impaired arteriolar vasodilation during reactive hyperemia (Vanteeffelen et al., 2007). Similarly, ex vivo analysis of rat mesenteric arteries loaded with a fluorescent NO indicator illustrated that enzymatic removal of heparan sulfate abolished flow-induced NO synthesis (Yen et al., 2015). Moreover, application of mechanical stretch to microvascular ECs was shown to induce Ca2+-dependent NO production, but only in the presence of heparan sulfate and hyaluronic acid (Dragovich et al., 2016).

There is also evidence linking the actions of individual components of the glycocalyx to PECAM-1-mediated mechanosignaling. It has been shown that PECAM-1 associates with G protein Gaq/11 in ECs exposed to laminar shear and that pharmacological inhibition, as well as enzymatic removal of heparan sulfate abrogated this association (Dela Paz et al., 2014). Although the exact consequence of the association between these proteins is not completely understood, it illustrates how mechanosensors apparently act in parallel, perhaps even interact, rather than operate individually.



Primary Cilia

Primary (non-motile) cilia are hair-like protrusions of the apical cell membrane, structurally composed of 9 microtubule doublets that are directly linked to the intracellular cytoskeleton. Most mammalian cell types, including coronary ECs (Singh et al., 2020), possess these non-motile cilia. However, the length of these cilia is variable, with ECs exposed to high shear stress tending to have shorter cilia than ECs exposed to relatively low shear stress (Mohieldin et al., 2016). Evidence for the involvement of cilia in mechanosignaling came initially from a study subjecting ECs isolated from Tg737 mutant mice, an orthologous gene of intraflagellar transport 88 (IFT88, involved in cilium biogenesis), to flow (Nauli et al., 2008). Thus, Tg737 mutant ECs, lacking functional cilia, were unable to initiate shear-induced NO synthesis. Further studies indicated that a complex of polycystin-1 (PC1), a transmembrane glycoprotein regulating the function of the Ca2+ permeable cation channel polycystin-2 (PC2), is responsible for the intracellular conversion of the flow-mediated activation of cilia. Both PC1 and PC2 are particularly enriched in the ciliary membrane and knockout of either PC1 or PC2 is sufficient to block shear-mediated Ca2+ influx and subsequent NO production by eNOS (Aboualaiwi et al., 2009). The polycystin-mediated influx of Ca2+, in addition to shear-induced intracellular Ca2+ release via other mechanotransduction routes, also activates PKC (Saternos and AbouAlaiwi, 2015). PKC, in turn, phosphorylates Nrf2 at Ser-40, which—in concert with the PI3K-mediated dissociation of Nrf2 from KEAP-1—stimulates shear-induced transcriptional activation of Nrf2 (Huang et al., 2002; Hsieh et al., 2009).





CORONARY MICROVASCULAR FUNCTION AND STRUCTURE IN DISEASE

In more than 50% of patients with coronary artery disease, percutaneous coronary intervention re-establishes coronary artery patency, however without completely restoring myocardial perfusion (Uren et al., 1993a,b; Niccoli et al., 2009, 2010) indicating that microvascular dysfunction is a critical contributor to ischemia distal to an epicardial stenosis. Risk factors, such as metabolic dysregulation and diabetes, age, and hypertension present in a large proportion of the patients with coronary artery disease and have been shown to impact both the macro- and microvasculature (Padro et al., 2020; Sorop et al., 2020). Among the factors involved, endothelial dysfunction—significantly impacted by these risk factors—appears to be an important contributor to the development of micro- and macrovascular disease (Sorop et al., 2020; Van De Wouw et al., 2020, 2021). In addition, changes in hemodynamic factors inducing vascular remodeling (Sorop et al., 2008; Weil et al., 2020), as well as microvascular rarefaction (Sorop et al., 2018; Van De Wouw et al., 2020) may also play a role in the co-existence of macro- and microvascular disease. While microvascular endothelial dysfunction has been studied more extensively in this context, the mechanical determinants of the microvascular architecture and their interaction are less well understood.

Indeed, the presence of a proximal coronary obstruction, resulting in alterations in distal pressure and flow (Hoogendoorn et al., 2020; De Nisco et al., 2021), has also been shown to impact the distal microvasculature both at the functional and structural level, and the presence of risk factors may exacerbate these effects. On the other hand, episodes of myocardial ischemia may trigger angiogenesis from adjacent regions with still intact perfusion as well as outward remodeling of pre-existing connecting vessels (arteriogenesis) in a process of collateralization. This allows for a, at least partial, restoration of myocardial blood flow to the area distal to the stenosis. We will discuss below how different pathologies, such as the presence of cardiovascular risk factors and a chronic coronary artery stenosis contribute to development and/or aggravation of microvascular dysfunction and microvascular remodeling including diameter and density alterations (Figure 4). Furthermore, our current understanding of the mechanisms involved in these processes initiated by, or interfering with, biomechanical signaling will be addressed.

[image: Figure 4]

FIGURE 4. Schematic overview of functional and structural coronary microvascular alterations in the presence of classic risk factors. Red arrows refer to changes in vascular function, whereas black arrows refer to vascular remodeling. ANG II, Angiotensin II; ET-1, endothelin-1.



Metabolic Dysregulation

Metabolic dysregulation includes conditions such as metabolic syndrome, obesity, insulin resistance, diabetes mellitus, hypercholesterolemia and hypertriglyceridemia, that either alone or in combination contribute to coronary artery disease and stroke (Cho et al., 2018).

Clinical and experimental studies have shown that metabolic dysregulation is associated with perturbations in CBF control during increased metabolic demand (Berwick et al., 2012; Paneni et al., 2013; Crea et al., 2014; Duncker et al., 2015; Badimon et al., 2017; Van De Wouw et al., 2020). Indeed, metabolic syndrome and obesity are associated with impaired coronary flow reserve (CFR; Di Carli et al., 2003; Pirat et al., 2008; Zorach et al., 2018), which also worsens with the onset of type 2 diabetes (Kondo et al., 2001; Schindler et al., 2006). These studies are supported by observations in dogs (Setty et al., 2003) and swine with co-morbidities (Bender et al., 2016; Van De Wouw et al., 2020), demonstrating progressive impairment of myocardial oxygen delivery during graded treadmill exercise, suggesting that the mechanisms responsible include both microvascular dysfunction and remodeling. Indeed, acute hyperglycemia in young subjects impaired adenosine-mediated increase in CBF (Di Carli et al., 2003). Additionally, swine subjected to 2.5 months of hyperglycemia and hypercholesterolemia showed impaired endothelial function of isolated coronary small arteries, mediated via loss of NO, despite preserved VSMC function (Van Den Heuvel et al., 2012). Indeed, hyperglycemia and hypercholesterolemia can induce a state of oxidative stress, which is a state in which the formation of reactive oxygen species (ROS), including superoxide anion, hydroxyl anion or H2O2 exceeds the antioxidant defense mechanisms. Superoxide anions can directly interact with NO, thereby limiting NO bioavailability and resulting in the formation of the pro-inflammatory peroxynitrite. In the same animal model studied 15 months after induction of hyperglycemia and hypercholesterolemia (Sorop et al., 2016), increased vasoconstrictor response to ET-1 was observed, which was ETB-mediated. Surprisingly, the endothelium-dependent vasodilation to bradykinin was no longer reduced as compared to control, although the contribution of EDH to the bradykinin-induced dilation was reduced (Sorop et al., 2016). Interestingly, at this stage, these microvascular alterations were also observed in non-diabetic, hypercholesterolemic swine. Similarly, obesity has also been shown to increase coronary microvascular sensitivity to vasoconstrictors (ET-1, prostaglandin H2 or thromboxane A2) in animal models (Berwick et al., 2012) and humans (Barton et al., 2012; Campia et al., 2012). In addition to endothelial dysfunction, VSMC function is also affected by metabolic dysregulation, as in obese Ossabaw swine with metabolic syndrome, 16 weeks of high fat diet resulted in increased coronary vasoconstriction mediated by altered electromechanical coupling between KV and CaV1.2 channels in VSMCs (Berwick et al., 2013).

A metabolic dysregulation-associated increase in sympathetic activity has also been documented both in patients and animal models, resulting in exaggerated alpha-adrenergic coronary vasoconstriction (Huggett et al., 2004; Dincer et al., 2006). Additionally, substantial evidence indicates that activation of the renin angiotensin aldosterone system (RAAS) associated with adipose tissue-derived angiotensinogen, as well as adipocyte-derived free fatty acids (FFAs) and leptin, results in microvascular dysfunction and impaired CFR, possibly due to increased angiotensin II-mediated vasoconstriction (Kachur et al., 2018). Indeed, perivascular adipose tissue-derived adipokines such as leptin, resistin, IL-6 and TNF-α are potent pro-inflammatory molecules promoting oxidative stress in the endothelium and altering endothelial function and NO bioavailability, either directly or via increased ET-1 production.

Furthermore, leptin derived from perivascular fat also promotes coronary arterial vasoconstriction and VSMC proliferation via Rho kinase signaling (Bagi et al., 2011; Noblet et al., 2016). Additionally, adipocyte-derived circulating FFA and hyperglycemia-induced advanced glycation end products (AGE) lead to increased oxidative stress, thereby limiting NO bioavailability, as well as increased production of vasoconstrictor factors such as thromboxane A2 and ET-1 (Creager et al., 2003).

The sustained vasoconstriction induced by the various mechanisms described above may contribute to structural vascular alterations. Indeed, not only changes in microvascular function have been documented in metabolic dysregulation, but microvascular structure is also affected. In Ossabaw swine, 16 weeks of metabolic syndrome induced by a high fat/high fructose diet resulted in impaired myocardial perfusion and blunted response to adenosine, associated with reduced microvascular density (Li et al., 2012). In the same animal model, 6 months of metabolic syndrome and high-fat diet resulted in impaired hyperemic flow associated with augmented coronary myogenic tone, hypertrophic inward remodeling of the coronary resistance arteries and capillary rarefaction (Trask et al., 2012).

Such alterations can be due to the deleterious effects of the metabolic dysregulation on the molecular mechanisms involved in mechanosensing. Thus, metabolic syndrome has previously been demonstrated to be detrimental to the endothelial glycocalyx, as evidenced by shedding-induced increase of glycocalyx components in the bloodstream of type 1 and type 2 diabetic patients, thereby reducing shear-induced eNOS activity and NO production (Nieuwdorp et al., 2006; Broekhuizen et al., 2010). Recent data in obese mice also indicate that breakdown of the glycocalyx induced by metabolic derangements impairs the function of the inward rectifying K+ channel Kir2.1, thereby limiting the endothelial response to flow (Fancher et al., 2020). Additionally, metabolic syndrome-associated inflammation, FFAs and hyperglycemia have all been linked to activation of endothelial NADPH oxidase (NOX; Devallance et al., 2019), stimulating the production of ROS and uncoupling of eNOS. The consequent reduction in NO bioavailability not only affects vascular tone, but, over time, may also results in impaired cGMP-mediated inhibition of VSMC proliferation and hypertrophic remodeling (Tanner et al., 2000). Moreover, adipose tissue-derived pro-inflammatory adipokines potentiate VSMC proliferation, either directly via leptin (Oda et al., 2001), or indirectly via paracrine signaling through NF-κB-induced infiltration of macrophages (Zampetaki et al., 2005; Spescha et al., 2014). Leptin enhances the expression of collagen, fibronectin, transforming growth factor (TGF)-β and connective tissue growth factor (CTGF; Martinez-Martinez et al., 2014). In combination with decreased NO-mediated S-nitrosylation of TG2 (Jung et al., 2013), enhancing its ECM crosslinking activity, this elevated ECM transcription could contribute to the observed stiffening of small arteries in swine after 15 months of high fat diet in absence of vascular wall hypertrophy (Sorop et al., 2016).

Together with microvascular dysfunction and structural abnormalities of the vascular wall, alterations in vascular density may also contribute to the perturbations in CBF and oxygen delivery and even regional ischemia during exercise observed in humans (Camici and Crea, 2007; Bairey Merz et al., 2017) and animals with co-morbidities (Setty et al., 2003; Bender et al., 2016, van de Wouw et al., 2020). Indeed, in freshly explanted hearts of diabetic patients, lower capillary density and pericyte loss as compared to non-diabetic subjects were reported, accompanied by a lower angiopoietin 1/angiopoietin 2 ratio (Hinkel et al., 2017). Similarly, in the left ventricle of obese subjects, lower capillary densities were observed as compared to lean subjects (Campbell et al., 2013). These data were confirmed in different animal models, including obese Zucker rats (Toblli et al., 2004), obese Wistar–Kyoto rats with metabolic syndrome (Machado et al., 2017) and obese diabetic db/db mice (Gonzalez-Quesada et al., 2013). The pathways contributing to this capillary rarefaction were mostly associated with VEGF signaling, but inflammatory factors, certain miRNAs and even changes in ECM composition have also been shown to take part in metabolic derangement-induced capillary rarefaction (Paavonsalo et al., 2020).



Hypertension

Arterial hypertension, defined as a systolic blood pressure ≥ 140 mmHg and/or a diastolic blood pressure ≥ 90 mmHg (Unger et al., 2020), continues to increase in prevalence worldwide, especially in developing countries, mainly as a result of an unhealthy lifestyle. Arterial hypertension is an independent risk factor for coronary artery disease and stroke (Chobanian et al., 2003; Benjamin et al., 2019) and frequently co-exists with other aggravating pathologies, such as diabetes and chronic kidney disease, underlying their onset and progression. An important contributor to myocardial ischemia in patients with arterial hypertension is coronary microvascular dysfunction, (Modolo et al., 2015). Indeed, antihypertensive treatment has been able to improve both basal and hyperemic flow in patients (Neglia et al., 2011). In hypertensive rats, this effect was shown to be attributable to improved microvascular function and the reverse remodeling of intramural coronary arterioles (Neglia et al., 2011).

In the microvasculature, an increased blood pressure results in elevated circumferential stress (σ), which, according to the law of Laplace (σ = P × R/h, where P is transmural pressure, R is vessel radius, and h is wall thickness), can be normalized by lowering the luminal diameter or by increasing the wall thickness. These responses, aimed to normalize wall stress, are thought to be protective in the short term. However, the increase in vascular resistance and subsequent impairment in maximal dilation (reduced flow reserve) are detrimental over time. The molecular mechanisms responsible for these adaptations have been mostly studied in cell culture or in vitro experiments using isolated peripheral small arteries, while less data in the coronary vessels are available.

To orchestrate the acute reduction of the luminal diameter, VSMCs exposed to circumferential stretch undergo depolarization, leading to activation of L-type Ca2+ channel Cav1.2 and subsequent myogenic vasoconstriction. Several mechanosensitive ion channels, including TRPC6, TRPM4 and KCNQ (Welsh et al., 2002; Earley et al., 2007; Zhong et al., 2010) as well as ciliary PC1 and PC2 (Sharif-Naeini et al., 2009) contribute to this stretch-induced depolarization. Moreover, ligand-independent activation of the mechanosensitive GPCR AT1aR has also been shown to induce myogenic vasoconstriction in response to elevated blood pressure in resistance vessels (Schleifenbaum et al., 2014). Additionally, hypertension-induced elevation of circumferential stretch results in activation of endothelial NOX and subsequent scavenging of NO by ROS (Spescha et al., 2014). In isolated ECs, it was demonstrated that this ROS production is initiated by stretch-induced activation of integrin α5β1, causing phosphorylation of JNK and p66shc, eventually activating NOX (Spescha et al., 2014). The impairment in NO bioavailability is aggravated by hypertensive agents such as salt, ET-1, angiotensin II, renin and vasopressin (Neglia et al., 2011), which further contributes to enhanced vasoconstriction and adds to the increased vascular resistance (Lassegue and Griendling, 2004; Neglia et al., 2011).

In hypertensive animal models, medial hypertrophic remodeling, associated with VSMC proliferation, has been shown to occur in small arteries whereas eutrophic remodeling, marked by VSMC reorientation and ECM deposition, was the most common form of remodeling in the more distal arterioles (Owens et al., 1988; Stacy and Prewitt, 1989). An explanation for the different types of inward remodeling in vascular segments of different sizes is not readily found, but may be due to a difference in sensitivity to mechanical stimuli along the vasculature with flow-induced responses affecting the vascular tone mainly in proximal vessels and myogenic influences in more distal vessels. The variations in sensitivity to mechanical stimuli are accompanied by vessel size-related variations in lumen/wall (R/h) ratio, and therefore wall stress (σ). In arterioles these variables are both much smaller than in, for instance, the aorta leading to a different optimal response for a given increase in blood pressure (P) (Feihl et al., 2006). However, the responses in the proximal and distal vasculature may also be related, in that an increase in peripheral vascular resistance in patients with hypertension can result in reduced shear stress in large arteries by inducing low peak systolic blood flow velocity and a low shear rate (Khder et al., 1998), thereby resulting in impaired shear-induced NO synthesis and progression of endothelial dysfunction.

Intriguingly, the exact nature of remodeling is also related to the pathologies underlying hypertension. Studies in small subcutaneous or omental vessels isolated from non-diabetic patients with essential hypertension indicated that these vessels undergo eutrophic remodeling (Schiffrin and Deng, 1996; Intengan et al., 1999; Schiffrin et al., 2000; Park and Schiffrin, 2001), whereas hypertension associated with diabetes or renovascular disease was shown to promote media hypertrophy in small arteries (Rizzoni et al., 1996; Schofield et al., 2002; Endemann et al., 2004). It could be speculated that the presence of co-morbidities such as diabetes and renovascular disease induces systemic low-grade inflammation and enhances oxidative stress, which in turn could directly interact with the outcome of mechanosignaling pathways. Lack of NO bioavailability, due to ROS scavenging in ECs, not only impairs NO-mediated NF-κB inactivation via S-nitrosylation (Kelleher et al., 2007), but also limits cGMP-mediated inhibition of VSMC proliferation. Wall stress-induced activation of NOX in ECs may subsequently result in ROS-mediated stimulation of AP-1 (Brandes et al., 2014). A similar activation of NF-κB and AP-1 has been observed in isolated coronary VSMCs in response to stretch (Hishikawa et al., 1997). Activation of these factors in both ECs and VSMCs, potentially coinciding with stretch-mediated nuclear accumulation of the focal adhesion protein Zyxin (Cattaruzza et al., 2004; Wojtowicz et al., 2010), results in transcription of inflammatory factors, including interleukin 6 (IL-6) and monocyte chemoattractant protein 1 (MCP-1), thereby stimulating monocyte extravasation (Zampetaki et al., 2005; Spescha et al., 2014). By secreting a variety of MMPs, these monocytes facilitate extracellular matrix reorganization and VSMC reorientation, thereby potentiating structural arterial remodeling (Intengan and Schiffrin, 2001; Wenzel, 2019). IL-6 also enhances VSMC motility (Wang and Newman, 2003), and like MCP-1, directly stimulates VSMC proliferation (Ikeda et al., 1991; Viedt et al., 2002). In addition, the stretch-activated Ca2+ channel Piezo1 also appears to be prominently involved in hypertension-dependent arterial remodeling. Piezo1 is highly expressed in VSMCs of murine small-diameter arteries (e.g., cutaneous caudal artery and cerebral arteries) and, while it is not involved in the myogenic response, VSMC-specific knockout attenuates hypertension-induced inward remodeling and VSMC hypertrophy in the cutaneous caudal resistance artery. The exact mechanism by which Piezo1 orchestrates arterial remodeling upon activation by wall stress is not completely understood, but Ca2+-dependent activation of TG2 may be involved (Retailleau et al., 2015).

A consistent finding in both clinical and experimental hypertension is capillary rarefaction, either structural (anatomic absence) or functional (non-perfusion), indicating that hypertension-induced vascular remodeling is not restricted to resistance arteries (Feihl et al., 2006). Experimental data in rat models of hypertension show reduced structural myocardial capillary density in adult hypertensive animals, but interestingly, this was age-dependent, as young animals showed normal capillary densities despite significantly hypertrophied ventricles (Tomanek et al., 1982). These animal findings are in agreement with data in young and adult patients with aortic stenosis-induced cardiac hypertrophy, also showing capillary rarefaction only at adult age (Rakusan et al., 1992). Interestingly, structural capillary rarefaction may be preceded by functional capillary rarefaction, as data in non-diabetic hypertensive patients show that functional capillary rarefaction parameters (percent capillary recruitment in nailfold skin) were lower in patients with modest hypertension and correlated with endothelial dysfunction, despite normal structural capillary density (Cheng et al., 2008). Functional capillary rarefaction may thus be the result of upstream arteriolar dysfunction resulting in perturbations in capillary perfusion.

Although the pathophysiology underlying the hypertension-induced rarefaction is still not fully understood, several mechanisms have been proposed, either related to loss of existing vasculature or insufficient growth of new vasculature (angiogenesis). In mesenteric and skeletal muscle microvasculature of spontaneously hypertensive rats, for instance, it has been shown that rarefaction induced by endothelial apoptosis was attenuated by systemic application of cell permeable superoxide scavengers Tempol and Tiron, indicating the involvement of excessive ROS formation (Kobayashi et al., 2005). Moreover, it has been demonstrated that low or absent mechanical shear, downstream of inward remodeled resistance arteries, could hamper KLF2-mediated inhibition of Smad2 phosphorylation, thereby enhancing endothelial to mesenchymal transition and subsequent vascular loss (Boon et al., 2007; Lee et al., 2017). Furthermore, altered shear could also lead to rarefaction via impaired NO synthesis, causing reduced NO-dependent production of vascular endothelial growth factor (VEGF) by VSMCs, which stimulates endothelial survival (Dulak et al., 2000). Besides its role in vasodilation and endothelial survival, NO stimulates endothelial proliferation and migration, important mediators of angiogenesis. This has been clearly illustrated in eNOS-deficient mice, in which impaired angiogenesis and arteriogenesis induced by hindlimb ischemia could be restored by adenoviral expression of constitutively active eNOS (Yu et al., 2005). Similarly, coronary occlusion in mongrel dogs triggered a myocardial ischemia-induced increase in capillary density, which could be blocked by L-NAME (Matsunaga et al., 2002). This study showed that, in the absence of NO, enhanced activity of MMP-2 and -9 results in degradation of plasminogen into the antiangiogenic factor angiostatin. With respect to hypertension-induced impairment of angiogenesis, there is also evidence that reduced numbers of circulating endothelial progenitor cells (EPCs) are involved (Hill et al., 2003; Imanishi et al., 2005). Although the cause of the reduced number of EPCs in hypertension is still unclear, the finding that lowering blood pressure by angiotensin receptor blockers (Bahlmann et al., 2005) or ACE inhibitors (Pirro et al., 2007) could restore their circulating numbers, in combination with their role in vascular repair, maintenance and angiogenesis, is consistent with the concept that shortage of these cells contributes to hypertension-induced rarefaction.



Aging

Advanced age is another independent risk factor for development and progression of coronary artery disease, IHD and heart failure, contributing to morbidity and mortality worldwide (Dhingra and Vasan, 2012). Data from both patient and animal studies indicate that aging induces changes in the functional and structural properties of the vascular system (Paneni et al., 2017). Vascular ageing comprises different aspects of arterial wall injury accumulated over a long period of time due to factors such as oxidative stress, low-grade inflammation, and activation of the sympathetic nervous system, all resulting in increased vascular stiffness (Laurent and Boutouyrie, 2021). In large arteries, augmented arterial stiffness results in an increase in the velocity of the pressure wave, which together with a stiffer peripheral vasculature results in augmentation of the systolic blood pressure and increased cardiac afterload.

Arterial stiffening involves changes in extracellular components of the arterial wall due to proteolytic degradation of elastin fibers shifting the load towards stiffer collagen fibres (Duca et al., 2016). VSMCs also undergo age-dependent changes such as alterations in the activity of the contractile filaments as well as in the molecular signaling pathways regulating actin polymerization, both directly contributing to the vascular stiffening (Kajuluri et al., 2021). Furthermore, adhesion to the extracellular matrix is increased (Zhu et al., 2012).

Further data point towards aging-associated endothelial dysfunction, showing that aging induces flattening and enlargement of ECs as well as cytoskeleton alterations affecting mobility and proliferation (Yeh et al., 2000; Shi et al., 2004). In the endothelium of aging rats, changes in gap-junction distribution and connexin expression were seen, which resulted in dysfunctional and leaky vessels (Yeh et al., 2000). Moreover, reduced NO bioavailability was documented in aging animals (Csiszar et al., 2002; Leblanc et al., 2008, 2009; Kang et al., 2009, 2011), related to endothelial inflammation (Csiszar et al., 2004), similarly to data obtained in aging healthy subjects, which indicate impairments in both NO and prostanoid pathways (Singh et al., 2002). This was confirmed in the human coronary circulation, where arteriolar flow-mediated dilation was shown to evolve from prostacyclin in the young, to NO in adulthood and to H2O2 later in life and/or with onset of coronary artery disease (Beyer et al., 2017). Furthermore, blunted flow-mediated dilation occurs with age, as shown in both humans (Drexler et al., 1989; Zeiher et al., 1993) and animal models (Csiszar et al., 2002; Kang et al., 2009) and could be improved by antioxidant therapy (Kang et al., 2009).

Moreover, increased expression and elevated plasma levels of pro-inflammatory ET-1, as observed in ECs isolated from old vs young healthy subjects (Donato et al., 2009), were also associated with endothelial dysfunction, possibly via ROS-induced reduction in eNOS expression and activity (Wedgwood and Black, 2005). In 23 months old Fisher 344 rats, ROS production was shown to originate from NOX (Adler et al., 2003), presumably in response to age-related low-grade systemic inflammation. In addition, vascular oxidative stress can result from endothelial and VSMC mitochondrial dysfunction, the efficiency of the mitochondrial respiratory chain diminishing with age, causing electron leakage and subsequent release of ROS (Ungvari et al., 2007). Accumulating evidence furthermore suggests that Nrf2 is involved in the age-related high vascular ROS levels. Besides its role in flow-mediated signaling, Nrf2 is a redox sensitive transcription factor stimulating the transcription of a variety of genes involved in the antioxidant response. In the aged vasculature, however, there is a markedly lower expression and activation of Nrf2 (Ungvari et al., 2011a,b), possibly due to an age-related impairment of mechanosensitive activation of Nrf2 (Ungvari et al., 2019). However, this proposed aging-induced impairment of shear-mediated Nrf2 activation cannot explain why reporter studies in statically cultured VSMCs isolated from aged macaques demonstrate lower H2O2-induced transcriptional activity of Nrf2 when compared with the activity in cells isolated from young animals (Ungvari et al., 2011a). Regardless of what causes Nrf2 dysfunction in the aging vasculature, it limits oxidative stress resilience and stimulates NF-κB-mediated inflammation.

In addition to scavenging of NO by ROS, impaired eNOS activation has also been linked to ageing, as different studies have illustrated that shear-induced eNOS activation is blunted in the endothelium of aged animals (Sun et al., 2004; Yang et al., 2009). This could be mediated by lower availability of the eNOS substrate L-arginine and eNOS dimerizing co-factor tetrahydrobiopterin (BH4; Yang et al., 2009), but also by age-related ECM remodeling and subsequent stiffness. Aging is, as mentioned above, associated with increased ECM crosslinking, which, in combination with impaired elastin synthesis and enhanced elastin fragmentation and calcification, results in arterial stiffness. In cultured ECs, exposure to pulsatile flow leads to PI3K-mediated activation of Akt and subsequent eNOS activation in distensible, but not in stiff tubules (Peng et al., 2003). Similarly, exposure of ECs to laminar flow when cultured on hydrogels with mechanical properties resembling those of young blood vessels has been shown to induce higher NO production when compared to ECs cultured on stiff hydrogels (Kohn et al., 2015). Recent studies in human skeletal muscle biopsies have also demonstrated that a lower eNOS phosphorylation in aged tissue in response to acute passive leg movement-induced flow was accompanied by lower phosphorylation of PECAM-1, suggesting this endothelial mechanosensor may be involved in reduced shear-stress responsiveness (Gliemann et al., 2018).

Besides functional alterations, aging also promotes structural vascular changes in coronary resistance vessels (Hanna et al., 2014; Mccallinhart et al., 2018). Data from the Framingham heart study indicate that, with ageing, systolic blood pressure slowly increases due to increased peripheral vascular resistance and arterial stiffness (Franklin et al., 1997). Additionally, aging-induced blunting of beta adrenergic-mediated vasodilation, as well as activation of the RAAS system in the aged arterial wall may also contribute to the rise in systolic blood pressure in the ageing population (Jiang et al., 2008). Animal studies showed that aging results in increase in angiotensin II and aortic MMP-2 activity, inducing arterial remodeling (Wang et al., 2003, 2005). Moreover, as discussed earlier, the increase in blood pressure resulting from the increased vascular resistance induces arterial inward remodeling, promoting a further increase in blood pressure, forming a vicious circle.

Aging induces vascular alterations not only at the arterial level, but studies in dogs indicate that capillary density and length was also lower in the endocardium of old animals (Tomanek et al., 1991). This might be explained by the decreased angiogenic capacity of the aging heart as pathways central to vessel formation, such as hypoxia-inducible factor-1α (HIF-1α), PGC-1α, and eNOS, are affected by aging (Lahteenvuo and Rosenzweig, 2012), contributing to the mismatch between angiogenesis and cardiac hypertrophy in the aged heart. This impaired angiogenic response, besides the overall downregulation of angiogenic growth factors in aged tissue, seems to result from endothelial dysfunction and the associated low bioavailability of NO, which as described before, is an important mediator of angiogenesis (Matsunaga et al., 2002; Yu et al., 2005).

Intriguingly, vascular aging appears to progress differently in men and women (Dupont et al., 2019). The onset of menopause, which marks the end of a woman’s menstrual cycles, is associated with accelerated vascular aging, different from the gradual alterations in vascular function and structure as occur with chronological aging (Lakatta and Levy, 2003). The main mechanisms responsible relate to the hormonal changes inducing endothelial dysfunction, as it has been shown that reduced estrogen-mediated generation of NO likely underlies the progressive decline in endothelial function (Green et al., 2014). The reduced NO bioavailability is multifactorial, however, impaired availability of BH4 (Moreau et al., 2012), increased oxidative stress (Novella et al., 2012) and inflammation (Moreau et al., 2013) are likely contributors. Additionally, postmenopause has been associated with elevations in the vasoconstrictors ET-1 and norepinephrine (Green et al., 2014). Such imbalance between NO, ET-1 and norepinephrine contributes to the impaired vasodilation and sustained vasoconstriction observed in postmenopausal animal models (Knowlton and Lee, 2012), as well as to the increased arterial stiffness (Zaydun et al., 2006). Additionally, estrogen may not only enhance vascular relaxation via increased NO production, but may also promote angiogenesis. Estrogen receptor alpha gene knockout was associated with a decrease in VEGF levels and capillary rarefaction in the heart (Jesmin et al., 2010). In accordance with these findings, estrogen can inhibit TNFα-induced apoptosis by binding to its estrogen β-receptor, which induces Akt phosphorylation and Notch1 expression, thereby promoting vascular EC survival (Fortini et al., 2017). Altogether, these functional and structural alterations may explain, at least in part, the ischemic symptoms observed in postmenopausal women with chest pain, but no evidence of obstructive coronary artery disease.



Chronic Coronary Artery Stenosis

Presence of a stenosis in an epicardial coronary artery has hemodynamic consequences for the distal vasculature. With severe stenosis, pressure and flow distal to the stenosis are compromised, resulting in impaired perfusion of the distal myocardium. An important clinical parameter used to define a stenosis as flow-limiting is the coronary pressure derived fractional flow reserve (FFR). This is the ratio between pressure distal and proximal to the stenosis during maximal coronary vasodilation, which is considered flow-limiting if below 0.8. Another parameter used for diagnostic and interventional purposes is CFR, which is defined as the maximum CBF, divided by the resting CBF and has a cut-off value of 2 (Stegehuis et al., 2018).

Due to the pressure drop across a flow-limiting stenosis, the perfusion pressure for the distal vasculature gradually decreases, lowering wall stress and thus the myogenic response due to blunted stimulation of stretch-activated mechanosensors (TRPs, KCNQ, etc.; Welsh et al., 2002; Earley et al., 2007; Zhong et al., 2010). The stenosis-induced impairment of perfusion and the resulting hypoxia may furthermore trigger red blood cell-dependent vasodilation via ATP release and subsequent activation of eNOS, S-nitrosohemoglobin-dependent bioactivity and NO synthesis via reduction of nitrite by deoxyhemoglobin (Kulandavelu et al., 2015). These autoregulatory mechanisms aim to lower vascular resistance in order to maintain flow and tissue oxygenation (Duncker et al., 2015). However, these mechanisms will be exhausted below perfusion pressures of about 40 mmHg, especially in the subendocardium, where the driving pressure is even lower due to the extra resistance of the transmural vessels and the increased extravascular compression, resulting in subendocardial ischemia.

Although microvascular dysfunction may be present already in the absence of a proximal coronary obstruction due to the presence of various comorbidities, hemodynamic changes induced by the stenosis in the distal vasculature can also directly cause alterations in both function and structure of the microvasculature, contributing to the reduced CFR in the myocardial area supplied by the stenotic artery. In a coronary stenosis model in dogs, a progressive increase in distal vascular resistance was documented in the first hours after the placement of the occluder, which was suggested to be mediated by withdrawal of the adenosine-induced vasodilation (Gorman et al., 1985). In a porcine model, 3 months after placing of an external occluder around the proximal LAD, increased vasoconstrictor response to ET-1 was present in subendocardial arterioles distal to the stenosis (Sorop et al., 2008). Vascular functional studies in chronically occluded hearts showed that endothelium-dependent relaxation in response to either bradykinin, substance P or adenosine diphosphate (ADP), was significantly impaired in arterioles isolated from the collateral-dependent region as compared with arterioles from the remote area in the same heart or compared with vessels from control, nonoccluded hearts (Sellke et al., 1992, 1996a,b; Park et al., 1996; Sodha et al., 2008). In contrast, reactivity to the endothelium-independent NO donor nitroprusside was not affected (Park et al., 1996; Griffin et al., 2001; Sodha et al., 2008). In Yucatan miniswine, 22 weeks after the placement of an ameroid occluder around the LCX, the bradykinin-mediated dilation in collateral-dependent arterioles was impaired, and could be improved by exercise-induced BKCa-channel activation, suggesting a possible role for H2O2 (Xie et al., 2013). The vasoconstrictor response to ET-1 also appeared to be significantly increased in collateral-dependent arterioles or arterioles from the stenotic area, as compared to remote arterioles, a response that was due to a loss of ETB receptor-mediated vasodilation (Park et al., 1996; Sorop et al., 2008). Combined, these data suggest that, even in absence of comorbidities, hemodynamic changes in the microvasculature distal to a coronary stenosis or occlusion impair NO bioavailability. Paradoxically, both total levels of eNOS, as well as phosphorylation of eNOS were shown to be increased in Yucatan miniswine arterioles distal to a coronary occluder (Xie et al., 2012). It is in that light, however, important to note that uncoupling of the eNOS dimer, due to oxidation of co-factor BH4, results in eNOS-mediated production of superoxide rather than NO (Channon, 2004).

The functional alterations distal to a coronary stenosis or occlusion were associated with structural changes in vessels of different sizes. Thus, in both swine and rats, the presence of a gradual proximal occlusion resulted in inward remodeling of the resistance arteries, either hypertrophic or eutrophic (Mills et al., 1994; Sorop et al., 2008; Canty and Suzuki, 2012). Additionally, microvascular (200–500 μm diameter) and capillary rarefaction was documented both in the subepicardium and the subendocardium (Urbieta Caceres et al., 2011), all these changes contributing to a reduced CFR and an increased minimal microvascular resistance in the myocardium distal to the stenosis. These data contrast with observations in patients with a coronary artery stenosis (Verhoeff et al., 2005) in which, upon revascularization, a maintained or even slightly reduced minimal microvascular resistance was observed. Such discrepancy may have several explanations. On the one side, vascular remodeling may have been influenced by the medication of the patients. Indeed, inward remodeling of isolated arterioles at low traluminal pressure, as present distal to a significant proximal stenosis was prevented by incubation with Ca2+ antagonist amlodipine (Sorop et al., 2006). On the other side, such changes in vascular diameter and density (arterial or capillary) may vary in time during the progression but also after the removal of the stenosis. A recent study by Weil et al., in swine, has shown that distal to a critical stenosis subendocardial arterioles show inward remodeling with increased arteriolar wall thickness and a reduction in lumen area. Interestingly, this was compensated by an increase in arteriolar as well as capillary density. However, 1 month after revascularization, such compensatory adaptation was lost, as subendocardial arteriolar and capillary density normalized, but the arterial inward remodeling persisted (Weil et al., 2020). These findings can explain the reduced subendocardial flow reserve late after revascularization despite a near normal vasodilator reserve immediately after PCI as seen in the study by Verhoeff et al. (2005). Furthermore, the persistent coronary microvascular inward remodeling could explain the blunted vasodilator response to dobutamine observed one month following revascularization, in swine, during increased myocardial oxygen demand (Kelly et al., 2011).

Vascular remodeling at the arteriolar level may be related to alterations in the microvascular (endothelial) function, such as the increased vasoconstrictor response to ET-1 as shown in the arterioles distal to a chronic LAD stenosis (Sorop et al., 2008), but altered mechanical factors may also contribute to this response. As such, altered extravascular compression by the dysfunctional hibernating or stunned myocardium (Canty and Fallavollita, 2005; Sorop et al., 2008; Canty and Suzuki, 2012) may result in abnormal mechanosensing. In addition, the blunted myogenic response as shown in sub-endocardial arterioles distal to the stenosis (Sorop et al., 2008) in conjunction with the reduced perfusion pressure and flow may promote inward remodeling, as seen in resistance arteries cultured at 40 mmHg (Sorop et al., 2006). Similarly, reduction of blood flow in mesenteric arteries by means of artery ligation resulted in eutrophic inward remodeling four weeks after surgery (Pourageaud and De Mey, 1997). This inward remodeling could partially be explained by observations in isolated ECs, demonstrating that low wall stress results in transcriptional activation of NF-κB (Pedrigi et al., 2017), which promotes vascular remodeling via monocyte recruitment and VSMC proliferation. Activation of NF-κB, in combination with poor perfusion-associated hypoxia and subsequent activation of HIF1α, furthermore stimulates transcription of ET-1 (Yamashita et al., 2001; Bourque et al., 2011; Stow et al., 2011). Experiments in a murine endothelium-specific ET-1 overexpression model illustrate that, besides its vasoconstrictor effects, ET-1 enhances the media to lumen ratio in mesenteric resistance vessels (Amiri et al., 2004). In cultured coronary artery VSMCs (Wu et al., 2007) and mesenteric arteries (Amiri et al., 2004), ET-1 was also shown to stimulate ROS production, which is prominently involved in remodeling of resistance arteries (Pires et al., 2010; Martinez-Lemus et al., 2011). The intermediate filament Vimentin, on the other hand, seems to prevent low flow-induced medial hypertrophy, as illustrated by a substantially increased wall thickness and VSMCs displaying a proliferative synthetic phenotype in ligated carotid arteries of Vimentin knock-out mice when compared with ligated carotids of wildtype mice (Schiffers et al., 2000; Van Engeland et al., 2019).




CONCLUSIONS AND FUTURE DIRECTIONS

The coronary microvasculature depends critically on acute as well as chronic adaptations of vascular diameter, density, and structural dimension to couple myocardial perfusion to myocardial oxygen demand. The effectiveness of these adaptations, however, is impeded by classic cardiovascular risk factors, including metabolic dysregulation, hypertension, aging and atherosclerosis. Accumulating evidence indicates that these risk factors modulate the interaction between the myriad of mechanisms regulating vascular function and structure and the many biomechanical cues, including shear stress, wall stress and stretch, and extravascular compressive forces, and the signal transduction pathways they induce.

Here, we discussed the involvement and consequences of biomechanical signal transduction cascades on functional and structural modifications of the coronary microvasculature and how they are influenced by the different risk factors (Figure 4). Although IHD patients often present with different combinations of these risk factors, and therefore most likely benefit from a tailored therapeutic approach focussed at normalization of hemodynamics (e.g., blood pressure) or restoration of mechanotransduction (e.g., glycocalyx in diabetes), it has become apparent that certain mechanistic and phenotypic aspects of coronary microvascular dysfunction overlap. Dysfunctional NO synthesis, as well as excessive ROS production, both linked to altered mechanosignaling (Figure 4), are consistently implicated in the pathophysiology of IHD and therefore, eNOS and NOX represent interesting therapeutic targets. Figure 4 furthermore illustrates that a reduction in microvascular density is a common feature of IHD in the presence of metabolic disorders and hypertension, as well as upon aging. Attenuating vascular rarefaction could therefore be a promising approach, in which novel insights in the behavior of pericytes, detachment of which from the microvasculature often precedes functional and structural vascular rarefaction (Kramann et al., 2017), may provide novel therapeutic leads. From studies in the field of oncology it has come forward, however, that especially for therapies aimed at modulating the microvasculature, perhaps even the angiogenic capacity, a tissue-specific approach is highly desirable, a challenge for which recent findings regarding the use of adeno-associated viruses in cardiac disease may provide a useful solution (Hinkel et al., 2017).

In order to fully understand the mechanisms underlying the alterations in coronary perfusion with the aim to improve the perspective of patients with IHD, it is essential that future studies acknowledge and deepen our understanding of the central role played by biomechanical signaling in the coronary microvasculature. In this regard, an integrative approach, taking both functional and structural modifications in consideration, will be essential.
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