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Editorial on the Research Topic 
Modeling neuromuscular diseases to determine molecular drivers of pathology and for drug discovery

Recent advances in gene editing, organoid technologies, tissue engineering, and neuromuscular differentiation techniques from induced pluripotent stem cells (iPSCs) and other cell sources have produced great strides in modeling neuromuscular diseases. But which models are most appropriate for a given condition? Dogmatic allegiance to specific models that inadequately account for the complexity and/or heterogeneity of a given disease can hamper efforts to predict useful drug targets and screen novel compound efficacy. Perhaps what is needed is a greater willingness to critically appraise new models to understand what they do well, where they fall short, and how they can be leveraged, hand-in-hand, to gain a more holistic understanding of neuromuscular disease processes across spatial scales. This is the goal of our recent Research Topic presented in Frontiers in Cell and Developmental Biology. Here, we have collected manuscripts that detail recent advances in modeling neuromuscular tissues and diseases while simultaneously addressing the strengths, weaknesses, and design considerations that should be evaluated when deciding on the suitability of a given model for informing on disease etiology.
Feliciano et al. describe the use of CRISPR gene editing to create an iPSC-based model of Charcot-Marie-Tooth disease (type 2E). Neurons derived from this source recapitulate known pathologic phenotypes observed in patients, including the aberrant accumulation of neurofilament light chain protein in neuronal cell bodies. Inactivation of the diseased NEFL allele via gene editing ameliorates the disease phenotype observed in the dish, offering validation of allele-specific editing as a method to treat this peripheral neuropathy. This manuscript offers convincing evidence supporting the use of CRISPR and iPSC-derived neurons as models and screening platforms for inheritable peripheral neuropathic diseases. However, we invite readers to simultaneously consider data presented in Smith et al., which details how CRISPR editing and clonal expansion of iPSCs can lead to the emergence of potentially misleading phenotypes in stem cell-based models of ALS. This manuscript highlights the need to carefully consider data from multiple clones and lines generated using different editing techniques to gain confidence that the phenotype observed is due to the specific mutation in question and not an artifact of the history of a given cell line. By showcasing these papers together, we draw attention both to the potential for novel iPSC-based preclinical models to advance therapeutics as well as the possible difficulties associated with their use in identifying molecular drivers of pathology.
Our Research Topic also presents new culture technologies and discusses their potential for improving cell-based models of neuromuscular disease. Barthelemy et al. detail the use of micromolded hydrogel surfaces to enhance the differentiation and organization of myotubes reprogrammed from skin fibroblasts of muscular dystrophy patients. Such engineered substrates also extend the culture lifetime of patient-derived myotubes, enabling more comprehensive evaluation of patient-specific defects in myogenesis and responses to treatment by antisense oligonucleotides. A complementary approach used to pattern culture surfaces for neurons is presented by Capel et al. who demonstrate that aerosol jet printing can be used to develop intricate neuronal patterns on 2D surfaces. Integration of such complimentary technologies in the future may enable greater control of neuron-muscle interactions in vitro to better facilitate the study of neuromuscular function in health and disease. Alternatively, spatial organization of both muscle and neurons can be achieved using compartmentalized chambers, as demonstrated by Smith et al. Here, the authors developed functional neuromuscular junctions (NMJs) in a compartmentalized cell culture device and then examined the role of complement activation in contributing to NMJ functional decline in a cell-based model of Myasthenia Gravis.
The work of Barthelemy, Feliciano, and Smith, along with their co-authors, highlight that obtaining a cell type expressing a specific mutation may be insufficient to accurately model specific disease phenotypes. How the cells are maintained in culture and allowed to interact is of critical importance to ensure the collection of clinically-meaningful data. In support of this idea, we provide a review of design considerations for the development of multi-organ culture models by Malik et al. While not specifically focused on neuromuscular tissues, this review provides valuable discussion of design considerations for complex cell-based models, including organ scaling, vascular dimensions, and appropriate flow rates, all of which can significantly impact the translational potential of the output data.
Despite a great deal of focus on iPSCs in recent years, significant advances in neuromuscular biology continue to be made using immortalized cell lines. In particular, the C2C12 mouse myoblast line has been a driving force of in vitro muscle biology for decades. We include work by Shen et al. detailing the use of C2C12s to evaluate Postn inhibition as a treatment for myotonic dystrophy (type 1). The presented data demonstrate that Postn knockdown enhances myogenesis, potentially via modulation of the TGF-β/Smad3 pathway. Similarly, Barrett et al. use C2C12s to investigate the molecular mechanisms underpinning the development of proprioceptive intrafusal fibers in skeletal muscle. These studies illustrate how deeper elucidation of basic muscle biology contributes to identifying molecular drivers of pathologies and underscore that important insights can still be achieved using long-established neuromuscular cell lines that are generally more scalable and uniform than current iPSC derivatives.
The primary research presented in this Research Topic focuses on cell-based models of neuromuscular tissues, which is not intended to detract from the value and importance of in vivo models but largely reflects the expertise of the editors. To bring a more balanced perspective, we have invited reviews discussing the relative values and weaknesses of different in vitro and in vivo models of neuromuscular tissues and diseases. First, Fralish et al. provide a comprehensive overview of available NMJ models in the context of modeling a range of incurable neuromuscular disease states. Second, Hines et al. deliver a perspective on the development of integrative workflows combining human cell-based models with animals to elucidate the complex biology of aminoacyl tRNA synthetase mutant forms of Charcot-Marie-Tooth disease. Third, Hekmatnejad and Rudnicki review transplantation assays as tools for examining muscle stem cell (satellite cell) function in vivo as a means to improve transplantation efficiency in cell-based therapies for muscle diseases. Approaches that leverage the respective advantages of in vitro and in vivo models are likely to become a standard paradigm for neuromuscular disease modeling because they enable rigorous investigations from the molecular level to the complete organism.
The works collected here attempt to highlight recent innovations in neuromuscular disease modeling and re-emphasize that no single model offers the perfect platform to study the entirety of neuromuscular biology and disease. In fact, we must be critical and honest about the strengths and weaknesses of each model for the field to progress. By combining multiple preclinical models, we can obtain comprehensive and multi-scale phenotypic data that better predict which therapies have the greatest chances of clinical success. Hopefully, the ongoing development and adoption of innovative and integrative preclinical workflows will help increase the number of compounds succeeding during clinical trials and ultimately improve patient outcomes.
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Many neuromuscular disorders are caused by dominant missense mutations that lead to dominant-negative or gain-of-function pathology. This category of disease is challenging to address via drug treatment or gene augmentation therapy because these strategies may not eliminate the effects of the mutant protein or RNA. Thus, effective treatments are severely lacking for these dominant diseases, which often cause severe disability or death. The targeted inactivation of dominant disease alleles by gene editing is a promising approach with the potential to completely remove the cause of pathology with a single treatment. Here, we demonstrate that allele-specific CRISPR gene editing in a human model of axonal Charcot-Marie-Tooth (CMT) disease rescues pathology caused by a dominant missense mutation in the neurofilament light chain gene (NEFL, CMT type 2E). We utilized a rapid and efficient method for generating spinal motor neurons from human induced pluripotent stem cells (iPSCs) derived from a patient with CMT2E. Diseased motor neurons recapitulated known pathologic phenotypes at early time points of differentiation, including aberrant accumulation of neurofilament light chain protein in neuronal cell bodies. We selectively inactivated the disease NEFL allele in patient iPSCs using Cas9 enzymes to introduce a frameshift at the pathogenic N98S mutation. Motor neurons carrying this allele-specific frameshift demonstrated an amelioration of the disease phenotype comparable to that seen in an isogenic control with precise correction of the mutation. Our results validate allele-specific gene editing as a therapeutic approach for CMT2E and as a promising strategy to silence dominant mutations in any gene for which heterozygous loss-of-function is well tolerated. This highlights the potential for gene editing as a therapy for currently untreatable dominant neurologic diseases.

Keywords: induced pluripotent stem cells, Charcot-Marie-Tooth, neuropathy, motor neurons, dominant, CRISPR-Cas9, gene editing


INTRODUCTION

Charcot-Marie-Tooth disease (CMT), also known as hereditary motor and sensory neuropathy, is one of the most common inherited neurological disorders, affecting approximately 1 in 2,500 people (Reilly et al., 2011). Patients present with muscle weakness and variable sensory symptoms in the distal limbs, which typically progress in a length-dependent manner, affecting the most distal limbs first. CMT can be further classified by the predominantly affected cell type, by clinical electrophysiological testing, and by underlying genetic cause (Rossor et al., 2015). The demyelinating forms of the disease (CMT1, autosomal dominant and CMT4, autosomal recessive) primarily affect Schwann cells and are characterized by a decrease in nerve conduction velocity (Brennan et al., 2015). The axonal forms of the disease (CMT2, dominant and recessive) are characterized by pathology intrinsic to motor and sensory neurons (Luigetti et al., 2016). The genetic causes of CMT are remarkably diverse, with causative mutations in over 80 genes, and a diverse set of individual mutations reported for many of those genes (DiVincenzo et al., 2014; Timmerman et al., 2014; Pareyson et al., 2017).

Axonal CMT is predominantly caused by autosomal dominant missense mutations, which occur in more than 20 genes with diverse functions (Rossor et al., 2015; Pareyson et al., 2017). A notable example is CMT2E, caused by mutations in the NEFL gene, which encodes the neurofilament light chain (NF-L) protein. Neurofilaments are neuron-specific intermediate filaments composed of multiple subunits, including NF-L, that contribute to the radial growth of axons and the maintenance of axonal diameter and function (Szaro and Strong, 2010; Yuan et al., 2017). A multitude of missense mutations throughout the NEFL coding sequence cause autosomal dominant CMT2E (Stone et al., 2019). By contrast, loss-of-function mutations in NEFL are recessive, and only cause CMT when homozygous—the heterozygous carriers are neurologically normal (Abe et al., 2009; Yum et al., 2009; Fu and Yuan, 2018). These loss-of-function mutations demonstrate that a single functional NEFL allele is adequate for normal neurological function and suggest that dominant missense mutations in NEFL act via dominant-negative or pathologic gain-of-function mechanisms. The N98S mutation is a prime example of the latter, as a single mutant allele leads to the aberrant accumulation of neurofilaments in neuronal cell bodies and causes a severe and early onset neuropathy in humans and mice (Jordanova et al., 2003; Adebola et al., 2015; Saporta et al., 2015; Zhao et al., 2017; Lancaster et al., 2018).

There is currently no effective treatment for any form of CMT. Viral gene replacement therapy for the motor neuron disease spinal muscular atrophy (SMA) has shown great promise and could represent a viable strategy for the rare recessive forms of CMT2 (Mendell et al., 2017). However, dominant CMT2 likely requires an alternate approach as simply increasing expression of a wild-type gene may not overcome the pathologic effects of the mutant allele, which will continue to be expressed. Advances in gene-editing technologies create an opportunity to develop therapies that interrupt the pathologic processes causing dominant CMT2, and other dominant neurodegenerative disorders, at its genetic source (Porteus, 2019). Since people with a single functional NEFL allele have normal neurological function, we reasoned that selective inactivation of dominant missense mutations in NEFL via CRISPR-Cas9 gene editing would be therapeutic. We tested this hypothesis using an established human induced pluripotent stem cell (iPSC) model of CMT2E with the N98S mutation in NEFL (Saporta et al., 2015).

Here, we report a gene-editing strategy specific for the N98S mutation that efficiently and selectively reduced expression of the mutant allele in CMT2E motor neurons. Edited neurons displayed phenotypes that were similar to unrelated and isogenic controls, indicating that the editing strategy effectively rescued disease-associated pathology. This is the first reported application of gene editing for axonal CMT. It provides proof-of-principle for strategies that could be applied to other dominant-negative inherited neurodegenerative diseases.



MATERIALS AND METHODS


iPSC Lines and Culture

The healthy control iPSC line known as wild type C (WTC) used in these studies is an extensively characterized line from a healthy individual (Kreitzer et al., 2013) that is the parental line for the Allen Institute Cell Collection1. A CMT2E iPSC line derived from a female individual with the N98S mutation in NEFL causing childhood onset CMT has been previously characterized (Saporta et al., 2015; Maciel et al., 2020). The N98S mutation occurs in the Coil1A domain of the neurofilament light chain (NF-L) protein at the 98th amino acid in both human and mouse orthologs. The mutation has also been referred to in the literature as N97S, likely due to variable inclusion of the start codon in the numbering system. iPSCs were cultured in Stemfit Basic02 (Ajinomoto) on plates coated with matrigel (Corning, 356231) at 37°C, 5% CO2, 85% humidity. iPSC cultures were passaged every 3–4 days with Accutase (Stem Cell Technologies, 07920) or ReLeSR (Stem Cell Technologies, 05872) into Stemfit supplemented with 10 μm Y-27632 (SelleckChem, S1049).



Generating Transgenic iPSC Lines With Inducible Transcription Factors

The iPSCs were engineered to contain a 13-kb vector containing the human transcription factors NGN2, ISL1, and LHX3 (hNIL) under the control of doxycycline (Fernandopulle et al., 2018). To knock-in the hNIL construct into safe harbor loci, 1 × 106 cells were added to 100 μL P3 buffer with 6 μg of the hNIL donor plasmid, and 3 μg of each paired TALEN (Addgene, 59025/59026 or 62196/62197, respectively) targeting either AAVS1 or CLYBL (Cerbini et al., 2015). Cells were transfected using the P3 Primary Cell 4D-Nucleofector X Kit L (Lonza, V4XP-3024) with pulse code DS138. After nucleofection, cells incubated for 5 min at room temperature and were then plated in Stemfit media with 10-μM Y-27632 in a serial dilution into five wells of a six-well plate. Non-transfected cells were plated in the sixth well. After 2–3 days post-nucleofection, cells were fed with Stemfit with Puromycin or G418 (depending on which donor vector was used) and 10-μM Y-27632. Cells were kept on antibiotic selection until all cells in the control wells were dead and only red fluorescent colonies remained in the experimental wells. Fluorescent, antibiotic-resistant colonies were then manually picked and transferred to individual wells of a 48-well plate.

DNA from each clone was extracted using the DNeasy Blood and Tissue Kit (Qiagen, 69506). PCRs were performed with primers spanning the 5′ and 3′ junctions of the integration, with one primer annealing within the construct and the other outside of the corresponding homology arm. A third PCR amplifying the intact safe harbor locus was performed to determine whether the clone harbored a heterozygous or homozygous insertion. PCR primer sequences are listed in Supplementary Table 1. For the CMT2E line, we inserted hNIL in the AAVS1 locus (Supplementary Figure 1) and obtained a previously published WTC line with hNIL inserted in the AAVS1 locus as a control (Shi et al., 2018). We also independently inserted hNIL in the CLYBL locus of the same parental WTC line (Supplementary Figure 1). When performing neuronal differentiation, we found equivalent results with the AAVS1 and CLYBL versions of the WT line. For comparison with the N98S-hNIL-AAVS1 line, we used WTC-hNIL-AAVS1 for all experiments, with the exception of manual image analysis shown in Figure 2, in which case we used the WTC-hNIL-CLYBL line.



CRISPR/Cas9 Gene-Editing Analysis

To prepare the Sp.HiFi Cas9 ribonucleoprotein (RNP) complex, 240 pmol of guide RNA (IDT) was mixed with 120 pmol of Hi-Fi SpCas9 protein (Macrolab) and incubated for 30 min at room temperature. For the Sa.KKH Cas9 RNP complex, 240 pmol of guide RNA (Synthego) was mixed with 120 pmol of Sa.KKH Cas9 protein (Macrolab). The gRNA sequences are listed in Supplementary Table 2. After dissociation with Accutase, 3.5 × 105 cells were resuspended in P3 buffer and mixed with the RNP complex. The iPSCs were transfected using the P3 Primary Cell 4D-Nucleofector X Kit S (Lonza, V4XP-3032) with pulse code DS138. After nucleofection, cells were incubated for 5 min at room temperature and then plated in Stemfit with 10-μM Y-27632 (SelleckChem). Genomic DNA was extracted from edited and unedited cells 3 days post-nucleofection using the DNeasy Blood and Tissue Kit (Qiagen). PCRs were performed with primers spanning the gRNA binding site (Supplementary Table 1), and the PCR products were sequenced. The indel frequency at the cut site was determined using Synthego ICE software, which compares the Sanger sequencing traces from the edited and unedited populations (Supplementary Figure 2).



Isolation of Clonal Edited Lines

To generate the N98S-fs line, 3.5 × 105 cells were transfected with RNP as described above. After nucleofection, 0.1 × 105 cells were seeded onto a 10-cm plate in Stemfit with 10-μM Y-27632. After 5 days post-nucleofection, colonies were manually picked and transferred to individual wells of a 48-well plate. DNA was extracted from the cells using QuickExtract DNA Extract Solution (Lucigen, QE9050). Clones were genotyped by PCR and Sanger Sequencing (Supplementary Figure 3B).

To generate the N98S-corrected line, 3.5 × 105 cells were nucleofected with RNP and 50 pmol of donor DNA (IDT, Supplementary Table 1). To enrich for the homology directed repair (HDR) event and isolate a clone with the desired edit, allele-specific droplet-digital PCR (ddPCR) and sib-selection were performed (Miyaoka et al., 2014; Supplementary Figure 3C). After nucleofection, cells were plated at 2.5 × 103 cells per well in a 96-well plate. DNA was extracted from the cells using QuickExtract and analyzed by allele-specific ddPCR to measure HDR efficiency. The well with the highest HDR efficiency was replated at 10 cells per well in a 96-well plate for an additional round of enrichment. From this round, the well with the highest HDR efficiency (∼11.4%) was replated sparsely into a 10-cm plate for manual clone picking. The clones were genotyped by allele-specific ddPCR and further validated by PCR and Sanger Sequencing (Supplementary Figure 3D). The clonal cell line with the desired HDR event underwent an additional round of manual clone picking.



Integrated, Inducible, and Isogenic Lower Motor Neuron (i3LMN) Differentiation

Induced pluripotent stem cells were differentiated into integrated, inducible, and isogenic lower motor neurons (i3LMNs) as described in Fernandopulle et al. (2018), with the following modifications. On day 3, cells used for immunocytochemistry were seeded at 5–8 × 104 cells per cm2 onto poly-D-lysine (PDL) (Sigma, P7405) and laminin-coated 12-mm glass coverslips in 24-well plates or PDL and laminin-coated clear bottom imaging 96-well plates. Cells used for RNA and protein assays were seeded at 1–1.5 × 105 cells per cm2 onto PDL and laminin-coated 6-well plates. On day 4, the media was removed and replaced with fresh Neural Induction Media (NIM) supplemented with B-27 (Gibco, 17504-044), CultureOne (Gibco, A33202-01), 1 μg/mL laminin, 20 ng/mL BDNF (PeproTech, 450-02), 20 ng/mL GDNF (PeproTech, 450-10), and 10 ng/mL NT3 (PeproTech, 450-03). On day 7, a half volume of media was aspirated and replaced with fresh NIM supplemented with B-27, CultureOne, 1 μg/mL laminin, 40 ng/mL BDNF, 40 ng/mL GDNF, and 20 ng/mL NT3. On day 10, a half volume of media was aspirated and replaced with fresh Neural Maintenance Media (NMM) supplemented with B-27, CultureOne, 1 μg/mL laminin, 40 ng/mL BDNF, 40 ng/mL GDNF, and 20 ng/mL NT3.



Immunofluorescent Staining

Integrated, inducible, and isogenic lower motor neurons used for immunofluorescent staining were seeded onto glass coverslips or clear-bottom imaging 96-well plates on day 3 of the differentiation, which then proceeded as previously described. For fixation, an equivalent volume of 4% paraformaldehyde (PFA, Alfa Aesar, J61899AK) was added directly to the cell culture media. Cells were incubated in PFA at room temperature for 20 min, then washed with PBS with 0.1% Triton-X (Sigma, X100) (PBS-T) once quickly, followed by two 15-min washes. The cells were blocked and permeabilized for 1 h at room temperature with 5% BSA (Sigma, A4503) in PBS-T. The cells were incubated in primary antibodies at appropriate dilutions (Supplementary Table 3) in blocking buffer at 4°C overnight. The following day, the cells were washed with PBS-T at room temperature once quickly, followed by three 10-min washes. The cells were incubated in fluorescent conjugated secondary antibodies diluted at 1:500 in blocking buffer for 1 h at room temperature. The cells were washed with PBS-T once quickly, followed by three 10-min washes. The first 10-min wash contained DAPI dye (Invitrogen, D1306). The coverslips were then mounted onto a slide with VECTASHIELD HardSet Mounting Media (Vector Laboratories, H-1400-10). Images were taken on a Keyence BZ-9000 Fluorescence Microscope or an ImageXpress Micro Confocal system (Molecular Devices).



RNA Expression Assays

Integrated, inducible, and isogenic lower motor neurons used for RNA-based assays were collected on day 7 of the differentiation. RNA was extracted from iPSCs and i3LMNs using the Quick-RNA Miniprep Kit (Zymo Research, R1055), according to the manufacturer’s instructions. RNA concentrations were quantified using the NanoDrop spectrophotometer. Reverse transcription was performed using the iScript cDNA Synthesis Kit (Bio-Rad, 1708891).

To determine mRNA expression for HB9, choline acetyltransferase (CHAT), and NEFL, we used the respective TaqMan gene expression assays (Thermo Fisher Scientific) containing a FAM-labeled probe. All reactions included a GAPDH gene expression assay (Bio-Rad) containing a HEX-labeled probe, which was used as an internal control to normalize levels of mRNA. 5 ng of cDNA were used in the 25-μL reactions measuring HB9 and CHAT expression. 0.25 ng of cDNA were used in the 25-μL reactions measuring NEFL expression. The gene expression assay IDs are listed in Supplementary Table 4. To determine allele-specific NEFL mRNA expression, we used a TaqMan SNP genotyping assay targeting the rs79736124 SNP in the 3′ UTR of NEFL (Thermo Fisher Scientific, C_105316276_10). 0.25 ng of cDNA were used in each 25-μL ddPCR reaction.

Each 25-μL ddPCR reaction contained 12.5 μL 2× SuperMix for Probes (no dUTP) (Bio-Rad Laboratories, #186-3024), cDNA, primer and probe mix(es), and water to 25 μL. Droplets were generated using 20 μL of reaction mixture and 70 μL of oil with the QX200 Droplet Generator. Droplets were transferred to a 96-well PCR plate, sealed, and run on a C1000 Thermal Cycler with a deep well block (Bio-Rad Laboratories). All ddPCR reactions were run under the following thermal cycling conditions: (1) 95°C for 10 min; (2) 94°C for 30 s; (3) 58°C for 1 min; (4) steps 2 and 3 repeat 39 times; (5) 98°C for 10 min.

All ddPCR runs were analyzed using the Bio-Rad QuantaSoft Pro Software. The ratio of FAM-positive droplets to HEX positive-droplets was used to calculate the gene expression levels for HB9, CHAT, and NEFL. Fractional abundance of FAM and VIC-positive droplets was used to calculate the percentage of wild-type and mutant NEFL mRNA, respectively.



Western Blots

Integrated, inducible, and isogenic lower motor neurons were harvested on day 10 of the differentiation and lysed in RIPA buffer (Thermo Fisher Scientific, 89901) with Protease Inhibitor (MedChemExpress, HY-K0010). The samples were incubated for 15 min on ice and sonicated for 8 s using a probe sonicator. The samples were then incubated for 10 min on ice and centrifuged at 10,000 rpm for 10 min at 4°C. The supernatant of each sample was transferred to a clean tube. The protein was quantified using the Bio-Rad Protein Assay Dye Reagent Concentrate (Bio-Rad, 5000006).

Samples containing 18 μg of total protein were mixed with NuPAGE Sample Reducing Agent (Thermo Fisher Scientific, NP0009) and NuPAGE LDS Sample Buffer (Thermo Fisher Scientific, NP0008) and incubated at 70°C for 10 min. The reduced samples were electrophoresed in a 4–12% Bis-Tris gel. Protein was transferred onto an iBlot nitrocellulose membrane (Thermo Fisher Scientific, IB301002) using the iBlot system (Thermo Fisher Scientific). The membrane was incubated in Odyssey Blocking Buffer (Li-Cor, 927-4000) and PBS at a 1:1 ratio (blocking buffer) for 1 h at room temperature. Primary antibodies at appropriate dilutions (Supplementary Table 3) were prepared in blocking buffer with 0.1% Tween 20 (Sigma, 9005-64-5). The membrane was incubated in the primary antibody solution overnight at 4°C. The following day, the membrane was washed with PBS with 0.1% Tween 20 (PBS-T) once quickly and with TBS (Corning, 46-012-CM) with 0.1% Tween 20 (TBS-T) three times for 10 min each. Fluorescent conjugated secondary antibodies at appropriate dilutions were prepared in blocking buffer. The membrane was incubated in the secondary antibody solution for 1 h at room temperature. The membrane was then washed with TBS-T 3 times for 10 min each and imaged on the Li-Cor Odyssey Fc Imaging System. Protein band intensity was quantified using ImageJ software. NF-L levels were normalized to GAPDH by dividing NF-L signal intensity by GAPDH signal intensity for each biological replicate.



Image Analysis

To assess the accumulation of NF-L in the cell bodies of i3LMNs, the i3LMNs were fixed and stained with anti-HB9 antibody, anti-NF-L antibody, and DAPI. To maximize consistency and reproducibility of our analysis, all neurons for each experiment were fixed and stained simultaneously using a single aliquot and dilution of each antibody. For the day-7 i3LMNs, ten images were taken per sample on a Keyence BZ-9000 Fluorescence Microscope. For the day-14 i3LMNs, nine images were taken per sample on an ImageXpress Micro Confocal system (Molecular Devices). All images for each experiment were acquired in a single session with constant illumination and exposure parameters. The cell bodies of i3LMNs were then segmented manually, or automatically using CellProfiler. Before manual segmentation, the images were renamed with alphanumeric codes to allow for blinded analysis. Using ImageJ software, the cell bodies of HB9-positive i3LMNs were manually segmented by a blinded observer. Fluorescence intensity was measured in resulting regions of interest from the green channel to measure NF-L intensity within each cell body. To allow for automatic segmentation in later experiments, we designed a CellProfiler pipeline to define cell bodies with HB9-positive nuclei and measure the average NF-L intensity of each cell body (Supplementary Figure 5). For each sample, the average NF-L intensity in the cell bodies was calculated by averaging the intensity values of all the cell bodies across 9–10 images.



NF-L ELISA Assay

Integrated, inducible, and isogenic lower motor neurons used for the NF-L ELISA Assay were seeded at 30,000 cells per well in a 96-well plate on day 3 of the differentiation. On day 11, a full media change was performed. On day 14, the media from each well was collected and stored at −80°C until the assay was performed. The samples were diluted with water at a 1:25 ratio before quantification. NF-L levels in the media were quantified using the NF-light ELISA kit (Uman Diagnostics, 10-7001).

On day 14, the cells were imaged using the Incucyte S3 Live-Cell Analysis System. Three images per well were analyzed using CellProfiler software to determine the average neurite area (Supplementary Figure 8). NF-L levels were normalized to the neurite area by dividing the NF-L concentration by the average neurite area for each well.



Multi-Electrode Array Analysis

Induced pluripotent stem cells were differentiated into i3LMNs as described in Fernandopulle et al. (2018), with the following modifications. On day 3, cells were seeded at 20,000 cells per well in 10 μL of NIM supplemented with 10-μM Y-27632, 2 μg/mL doxycycline, 40-mM BrdU, and 2-mM Compound E onto polyethylenimine (PEI) (Thermo Fisher Scientific, AC178571000) and laminin-coated 24-well CytoView microelectrode array (MEA) plates (Axion Biosystems, M384-tMEA-24W). After the cells were incubated for 20 min at 37°C, 500 μL of complete media was gently added to each well. On day 4, the media was removed and replaced with fresh NIM supplemented with B-27, CultureOne, 1 μg/mL laminin, 20 ng/mL BDNF, 20 ng/mL GDNF, and 10 ng/mL NT3. On day 7, a half volume of media was aspirated and replaced with fresh NIM supplemented with B-27, CultureOne, 1 μg/mL laminin, 40 ng/mL BDNF, 40 ng/mL GDNF, and 20 ng/mL NT3. Starting on day 10, every 3 days, a half volume of media was aspirated and replaced with BrainPhys media (StemCell, 05791) supplemented with B-27, CultureOne, 1 μg/mL laminin, 40 ng/mL BDNF, 40 ng/mL GDNF, and 20 ng/mL NT3. Spontaneous neural activity was measured for 15 min using the Axion Biosystem Maestro Edge MEA systems. Data was acquired at 12.5 kHz, and spikes were detected in the AxIS Navigator software with an adaptive threshold crossing set to six times the standard deviation of the estimated noise for each electrode. The electrical activity was analyzed using weighted mean firing rate to exclude non-active electrodes for the entire 15-min recording.



RESULTS


Rapid Development of CMT2E Phenotypes in iPSC-Derived Motor Neurons

Multiple groups have demonstrated that the NEFL N98S mutation leads to a pathologic accumulation of NF-L in the cell bodies of human and mouse neurons in vitro and in vivo (Adebola et al., 2015; Saporta et al., 2015; Zhao et al., 2017). However, previous methods used to identify phenotypes in motor neurons from CMT2E patient-derived iPSCs were time consuming, often taking ∼6 weeks in total (Saporta et al., 2015). To overcome this challenge, we engineered patient-derived iPSCs with integrated, inducible, and isogenic (i3) transcription factors in order to rapidly and efficiently differentiate them into lower motor neurons (i3LMNs) (Fernandopulle et al., 2018). We inserted a doxycycline-inducible cassette containing NGN2, ISL1, and LHX3 into the AAVS1 safe-harbor locus (Supplementary Figure 1) of a previously characterized CMT2E iPSC line with the NEFL N98S mutation, referred to here as N98S (Saporta et al., 2015; Maciel et al., 2020; Watry et al., 2020). For comparison, we used healthy control (WT) iPSC lines containing the same doxycycline-inducible cassette integrated into AAVS1 or CLYBL, as previously described (Fernandopulle et al., 2018; Shi et al., 2018). Characterization of the complete transcriptome, chromatin accessibility, and chromatin interactions of our WT i3LMNs has been previously published (Song et al., 2019). The publicly available dataset demonstrates that i3LMNs express a combination of both mature (TUBB3, MAP2, MAPT, SYN1, NEFM, CHAT, and HB9) and immature (NES and DCX) neuronal genes. We confirmed that at day 7 of the differentiation, i3LMNs derived from both WT and N98S lines expressed neuronal markers, including neurofilaments, β-III tubulin, and the motor-neuron transcription factor HB9 (MNX1 gene) (Figure 1A). Consistent with these results, gene expression analysis by reverse transcriptase-droplet digital polymerase chain reaction (RT-ddPCR) demonstrated that WT and N98S i3LMNs expressed MNX1 and the more mature motor neuron marker CHAT at day 7 of the differentiation (Figure 1B). To further verify the functionality of our patient-derived i3LMNs, we performed electrophysiological analysis using a MEA device. We detected rare spontaneous action potentials on day 7 that progressively increased in frequency for both cell lines without a measurable defect in the firing rate of the N98S i3LMNs (Figure 1C).
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FIGURE 1. Generation of CMT2E (NEFL-N98S) motor neurons. (A) Expression of neuronal markers by immunofluorescent staining in day-7 i3LMNs derived from healthy control and CMT2E patient iPSC lines. Lower panels are separate RGB channels from the same images, as indicated by a vertical bar. Scale bars = 50 μm. NF = neurofilaments (SMI33 antibody), NF-L = neurofilament light chain, β-tub = βIII-tubulin, DAPI stain for nuclei. (B) Total mRNA isolated from undifferentiated iPSCs and day-7 i3LMNs was assayed by RT-ddPCR for expression of motor neuron specific genes MNX1 and CHAT, normalized to GAPDH. (C) WT and N98S i3LMN were seeded on an MEA plate on day 3 of differentiation and spontaneous electrical activity was recorded starting on day 7 and every few days until day 20. Graph represents serial measurements of the mean firing rate (frequency of action potentials) from replicate wells. MEA data were analyzed using a mixed effects model for repeated measurements (maximum likelihood method). There was a significant effect due to time (p < 0.005) but no significant difference between cell lines. For all graphs individual replicate data points are shown with bars representing mean ± S.E.M.
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FIGURE 2. Pathologic accumulation of NF-L protein in the cell body of NEFL-N98S motor neurons. (A,B) Representative images of day-7 WT (A) and N98S (B) i3LMNs stained with anti-NF-L (green) and anti-HB9 (blue) antibodies. Boxed regions are shown in larger scale to the right of each image with manual cell body segmentation superimposed. Scale bars = 25 μm. (C) Distribution of NF-L fluorescence intensity in individual HB9+ cell bodies after manual segmentation. Individual data points are shown with horizontal lines representing median and interquartile range. (D) Quantification of mean NF-L fluorescence intensity from four biological replicates per cell line, demonstrating significantly increased intensity in N98S neurons. Points represent mean of >160 neurons quantified in each sample population, bars represent mean of all replicates ± S.E.M., ***p < 0.001 by t-test.


To confirm that we could detect disease-relevant phenotypes at early time points in our differentiation, we fixed WT and N98S i3LMNs and performed immunofluorescent staining for neurofilament light chain (NF-L) and HB9 using commercially available antibodies (Figures 2A,B). We observed dense accumulation of neurofilament staining in N98S i3LMN cell bodies as early as day 7 of differentiation that was not seen in control cells (Figures 1A, 2). For quantification, NF-L fluorescence intensity in the cell bodies of HB9-positive cell bodies was measured in a blinded fashion. When examining the fluorescence intensity of NF-L staining across all segmented neuronal cell bodies, we observed a marked shift toward high-intensity NF-L staining in N98S i3LMNs, consistent with a misaccumulation phenotype (Figure 2C). To further validate this finding, we compared mean NF-L fluorescence intensities in multiple independent i3LMN preparations. We observed a greater than 2-fold increase in mean NF-L fluorescence intensity in the cell bodies of N98S i3LMNs compared to WT i3LMNs (Figure 2D). Thus, we were able to replicate the previously described phenotype, but at a significantly earlier time point compared to other iPSC differentiation methods. We anticipated that this finding would facilitate relatively rapid and sensitive measurement of phenotypic rescue in subsequent gene-editing experiments.



Allele-Specific Editing to Model Therapeutic Strategies in CMT2E iPSCs

To enable allele-specific silencing of the N98S allele, we designed guide RNAs targeting the N98S sequence (Figure 3A) for two of the most widely used Cas9 enzymes, derived from Streptococcus pyogenes (Sp.) and Staphylococcus aureus (Sa.). We selected a high-fidelity engineered Sp. Cas9 variant (Sp.HiFi) that has been shown to have increased selectivity without compromising activity of the naturally occurring enzyme (Vakulskas et al., 2018). We sought to compare the efficiency and allele specificity of Sp.HiFi Cas9 with Sa. Cas9 as the latter is significantly smaller (315 fewer amino acids), which is advantageous for delivery, in particular via adeno-associated virus vectors. However, the human NEFL sequence lacks a canonical Sa. Cas9 protospacer adjacent motif (PAM) near the N98S mutation so we utilized an engineered variant (Sa.KKH) with an expanded PAM recognition sequence (Kleinstiver et al., 2015). We transfected both N98S and WT iPSCs with the resulting Cas9/gRNA RNP complexes and performed ICE analysis to measure the generation of insertions and deletions (indels) in the target exon. In N98S iPSCs transfected with Sp.HiFi RNP, 45.3% of NEFL alleles sequenced had indels at the target site (Figure 3B). This is very close to the 50% maximum expected if all N98S alleles in the heterozygous cell population had been edited. In contrast, in WT iPSCs transfected with Sp.HiFi RNP, we measured 1.7% of alleles with indels, demonstrating specificity of this nuclease for the N98S allele. In N98S iPSCs transfected with Sa.KKH RNP, we observed moderate rates of editing with 10.5% of alleles having indels at the target site (Figure 3B). In WT iPSCs transfected with Sa.KKH RNP, we observed no detectable indel generation, demonstrating that this nuclease is also specific for the N98S allele. Among the alleles edited by the Sp.HiFi RNP, we detected two categories of indel events: a 1-bp insertion and a 9-bp deletion (Figure 3C and Supplementary Figure 2). Among the alleles edited by the Sa.KKH RNP, we also detected two categories of indel events, but in this case a 9-bp deletion was predominant, followed by a 15-bp deletion (Figure 3C and Supplementary Figure 2).
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FIGURE 3. Allele-specific editing of NEFL N98S mutation in iPSCs. (A) NEFL target sequence with N98S mutation in red and gRNAs for Sp.HiFi and Sa.KKH Cas9 targeting the antisense strand. The canonical PAM recognition sequences for Sp.HiFi and Sa.KKH are shown in black and gray, respectively. (B) Efficiency and specificity of indel generation in control and CMT2E patient lines after transfection with Cas9/gRNA ribonucleoprotein (RNP), measured by ICE analysis, ****p < 0.0001 by t-test. (C) Comparison of indel sizes generated in CMT2E patient line by Cas9 enzyme. (D) Schematic of the derivation of clonal edited iPSC lines from the CMT2E N98S patient line. Transfection of N98S iPSC with Sp.HiFi RNP produced N98S-fs (frameshift inactivating the mutant allele). Transfection of N98S iPSC with Sp.HiFi RNP plus single-strand oligonucleotide donor (ssODN) produced N98S-cor (precise correction of the mutation). Colored nuclei indicate NEFL genotype: dark blue = wild type, red = N98S mutant, white = frameshift (knockout), light blue = correction of N98S to wild type.


The 9- and 15-bp deletion events are unlikely to disrupt expression of the N98S allele as they do not create a shift in reading frame. On the other hand, the 1-bp insertion, which constituted 87.3% of the total indel events with Sp.HiFi N98S RNP, represents a potential therapeutic edit, as it results in a frameshift mutation. We therefore isolated a clone with a 1-bp insertion at the target site, referred to here as N98S-frameshift (fs). The frameshift mutation leads to a premature stop codon immediately after residue 98 of the N98S allele, which we predicted would effectively interrupt expression from this allele (Supplementary Figure 3B). For comparison, we designed a strategy for precise correction of the N98S allele to a wild-type sequence by HDR. To achieve this, we transfected N98S iPSCs with Sp.HiFi RNP and a single-strand DNA oligonucleotide donor (ssODN). The ssODN was designed to precisely repair the N98S mutation and insert a silent mutation to facilitate genotyping. The efficiency of this editing outcome was low (2.5%), so we utilized sib-selection to enrich for cells with the desired HDR event (Miyaoka et al., 2014) (Supplementary Figure 3C). We isolated a clone, referred to as N98S-corrected (N98S-cor), with precise repair of the N98S sequence as well as insertion of silent mutation c.297C > T (Supplementary Figure 3D).

To evaluate for potential off-target editing events produced by the Sp.Hifi RNP, we used the cutting frequency determination (CFD) score to predict the highest risk off-target sequences present in the genome of our cell lines (Doench et al., 2016). We performed targeted amplification and sequencing of 11 genomic loci with CFD score >0.25 (Supplementary Table 5) in the parental N98S line and the edited N98S-fs and N98S-cor clones. A heterozygous single-nucleotide deletion (delG) was identified near a predicted target site in an intergenic region of chromosome 13. This deletion was not associated with editing as it was present in all three cell lines and corresponds to a common SNP with allele frequency >0.4 in the global population2. We did not find evidence of a mutation induced by gene editing in any of the predicted off-target sites.



Frameshift Indel Reduces Mutant NEFL mRNA and Protein Expression in N98S Motor Neurons

To investigate how allele-specific editing of the N98S allele affects NEFL mRNA and protein expression, we differentiated WT, N98S, N98S-fs, and N98S-cor iPSCs into i3LMNs. In addition, we generated i3LMNs from previously characterized iPSC lines with heterozygous (NEFL+/−) and homozygous (NEFL−/−) excision of the NEFL coding exons (Watry et al., 2020). NEFL+/− and NEFL−/− i3LMNs are isogenic to our WT control and were used as a comparison for NEFL mRNA and NF-L protein expression. We measured total NEFL mRNA levels in i3LMNs by quantitative RT-ddPCR and found that N98S-fs i3LMNs had 52% less NEFL mRNA than their unedited counterparts (Figure 4A). This marked reduction in mRNA levels suggested that the early stop codon induced by the heterozygous frameshift mutation may trigger efficient nonsense mediated decay of the mutant transcript. By comparison, NEFL+/− i3LMNs had 36% less NEFL mRNA than WT i3LMNs (Figure 4A). Thus, the frameshift introduced by the 1-bp insertion disrupted expression of the edited allele as effectively as complete excision of the coding sequence. WT, N98S, and N98S-cor i3LMNs all exhibited similar levels of NEFL mRNA expression. To compare changes in transcription with protein levels, we measured NF-L protein by western blot in i3LMNs from the same panel of iPSC lines. Like NEFL mRNA levels, NF-L protein levels were reduced (by 42%) in N98S-fs i3LMNs compared to N98S i3LMNs (Figure 4B). Interestingly, NEFL+/− i3LMNs had a non-significant reduction in NF-L protein compared to WT i3LMNs. The reason for the differing degrees of NF-L protein reduction in NEFL+/− and N98S-fs i3LMNs is not clear, but may be due to differences in compensatory gene expression, epigenetic effects, or post-transcriptional regulation. WT, N98S, and N98S-cor i3LMNs exhibited similar levels of total NF-L protein. Thus, the accumulation of NF-L protein in the cell bodies of N98S i3LMN is unlikely to be caused by perturbations in protein synthesis or degradation, but is more consistent with a defect in localization and intracellular transport as has been suggested by other in vitro studies of NF-L mutations (Perez-Olle et al., 2004; Pérez-Ollé et al., 2005). Neither NEFL mRNA nor NF-L protein was detected in the NEFL−/− samples, validating the specificity of our assays.
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FIGURE 4. NEFL expression in allelic series of edited motor neurons. A series of edited iPSCs derived from a healthy control (WT) and CMT2E patient were differentiated into i3LMNs, and RNA was extracted on day 7 or protein on day 10. (A) Total NEFL transcript expression by quantitative RT-ddPCR, normalized to GAPDH. (B) Total NF-L protein expression by western blot, normalized to GAPDH. (C) Relative expression of NEFL alleles in i3LMNs derived from CMT2E patient line and edited subclones. Allele-specific RT-ddPCR targeting a heterozygous SNP in the 3′ UTR was used to genotype transcripts using linkage shown in the schematic. All bar graphs represent mean ± S.E.M. For all graphs ns = not significant, *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001 by one-way ANOVA with Šídák’s test for multiple comparisons.


To confirm that the observed decrease in total NEFL expression in N98S-fs i3LMNs was specific to the mutant allele, we measured the relative expression of the mutant and wild-type alleles in N98S, N98S-fs, and N98S-cor i3LMNs. Allele specificity was achieved by targeting a RT-ddPCR assay to a heterozygous SNP present in the 3′ untranslated region of the NEFL gene in our CMT2E patient line (Figure 4C). In N98S and N98S-cor i3LMNs, both alleles were transcribed at equal rates, with each representing 50% of the total transcripts detected. However, in N98S-fs i3LMNs, NEFL mutant allele transcripts constituted only 5% of the total NEFL transcripts detected, confirming efficient knockdown of the mutant mRNA (Figure 4C). Overall, these experiments demonstrate that the frameshift mutation leads to dramatic reduction of mutant NEFL mRNA and, presumably, mutant NF-L protein in i3LMNs, while isogenic correction of the N98S mutation with introduction of a silent mutation does not alter NEFL expression.



Selective Inactivation of the N98S Allele Rescues Pathologic Phenotypes in Motor Neurons

To determine if inactivation of the NEFL mutant allele prevents the pathologic phenotype, we measured the distribution of NF-L in fixed and stained WT, N98S, N98S-fs, and N98S-cor i3LMNs at day 7 (Figures 5A–C). To increase the throughput of this analysis, we developed an automated image analysis pipeline using CellProfiler to identify i3LMN cell bodies and quantify NF-L fluorescence intensity (Figure 5C and Supplementary Figure 5). Consistent with the manually processed data, N98S i3LMN cell bodies displayed significantly higher NF-L fluorescence intensity values compared to WT. N98S-fs i3LMNs displayed significantly lower NF-L fluorescence intensity values than N98S i3LMNs, demonstrating that inactivation of the mutant NEFL allele prevents the pathologic accumulation of NF-L in the cell bodies of motor neurons. In addition, the NF-L fluorescence intensity values of N98S-fs i3LMNs were indistinguishable from those of WT and N98S-cor i3LMNs, further suggesting that NF-L localization and transport is normalized after inactivation of the N98S mutant allele. To determine whether rescue of this phenotype would persist to later points in differentiation, we repeated the analysis at day 14 (Supplementary Figure 6). Again, N98S-fs and N98S-cor i3LMNs had significantly decreased NF-L fluorescence intensity in the cell bodies compared to N98S i3LMNs, to a level indistinguishable from WT i3LMNs. We did observe a smaller magnitude of difference between N98S and the other cell lines at day 14 in this assay, likely because our analysis pipeline was optimized for the earlier time point when neuron cell bodies are less tightly clustered. We also investigated whether gene editing altered the ability of the neurons to generate functional action potentials. MEA analysis demonstrated that the N98S-fs and N98S-cor i3LMNs retained similar spontaneous electrical activity as their unedited N98S counterparts (Supplementary Figure 7).
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FIGURE 5. Rescue of pathologic phenotypes in edited N98S motor neurons. (A) Schematic of allelic series of iPSCs differentiated into healthy (continuous axon) or diseased (dashed axon) i3LMNs. Colored nuclei represent NEFL genotypes as described in Figure 3. Cytoplasmic shading indicates differential genetic backgrounds, dark gray cells are isogenic. (B) Representative images of day-7 i3LMNs stained with anti-NF-L (green) and anti-HB9 (blue) antibodies. Scale bars = 25 μm. (C) Quantification of NF-L relative fluorescence intensity (R.F.I.) in HB9+ cell bodies using automated image analysis pipeline. Data points represent mean values from independent differentiations, bars indicate mean of six biological replicates ± S.E.M. (D) ELISA for NF-L protein in media from day-14 i3LMNs. NF-L levels were normalized to neurite density measurements to correct for well-to-well variability in cell seeding (Supplementary Figure 8). Individual data points shown, bars indicate mean of five biological replicates ± S.E.M. For all graphs ****p < 0.0001 by one-way ANOVA with Šídák’s test for multiple comparisons.


Finally, we assayed NF-L release in the culture media as a means to assess cellular integrity of our i3LMNs. NF-L is a biomarker of neurodegenerative diseases, as NF-L levels in cerebrospinal fluid and serum reflect the extent of neuroaxonal damage leading to neurofilament release (Lu et al., 2015; Disanto et al., 2017; Hansson et al., 2017). Correspondingly, it has been reported that iPSC-derived motor neuron cultures with the NEFL-N98S mutation release more NF-L into the media than healthy controls, consistent with increased axonal degeneration (Maciel et al., 2020). Using a commercially available enzyme-linked immunosorbent assay (ELISA), we measured the levels of NF-L in media from day-14 i3LMN cultures (Figure 5D). As expected, media from N98S i3LMNs had significantly higher normalized levels of NF-L than media from WT i3LMNs, suggesting that the N98S mutation results in neuroaxonal damage. N98S-cor and WT i3LMN cultures exhibited equivalent levels of NF-L, confirming that the increase in NF-L levels observed in N98S i3LMNs was due to the N98S mutation rather than inherent cell line variability. In contrast, N98S-fs i3LMNs released significantly less NF-L than all other cell lines, including the WT and N98S-cor controls. This was expected, as overall NF-L expression is reduced in N98S-fs i3LMNs (Figure 4B). To determine whether this observation was simply due to changes in intracellular protein expression, we compared cell lines by differences in NF-L released into media (as measured by ELISA, Figure 5D) versus differences in intracellular NF-L levels (as measured by western blot, Figure 4B). The relative ratios of N98S-fs to N98S-cor were similar: 0.52 for NF-L released in media and 0.55 for intracellular NF-L. This demonstrates that the differences in released NF-L can be completely explained by intracellular protein levels and suggests equivalent degrees of neuronal integrity when comparing the two editing strategies. Conversely, the relative ratios of N98S-fs to parental N98S were 0.37 for NF-L released in media and 0.59 for intracellular NF-L. The larger decrease in NF-L released into the media supports the conclusion that inactivation of the mutant allele leads to both decreased NF-L protein expression, as well as improved neuronal integrity compared to the unedited diseased neurons.

In summary, we conclude that inactivation of the mutant allele by CRISPR-Cas9 gene editing effectively prevents disease phenotypes in i3LMNs derived from a patient with autosomal dominant CMT2E caused by the N98S mutation. Moreover, N98S-fs i3LMNs were phenotypically similar to N98S-cor i3LMNs, suggesting that knockout of the mutant allele is as effective as precise repair of the mutation in this model system.



DISCUSSION

In this study, we used allele-specific gene editing with engineered Cas9 enzymes to inactivate a missense mutation causing CMT2E, a severe autosomal dominant neuromuscular disease. Cas9-induced inactivation was efficient, selective, and effectively reversed the accompanying pathology in patient iPSC-derived motor neurons without apparent adverse effects. In the process, we incorporated rapid neuronal differentiation and high-throughput automated image analysis to enable measurement of changes in disease phenotypes in a fraction of the time required by previous methodology. Our findings establish the framework for therapeutic development of gene editing for CMT2E and for other motor neuron diseases caused by dominant missense mutations.


Gene Editing as an Efficient Path to Allele-Specific Gene Inactivation

We selected CRISPR-Cas9-based genome editing because it presents several advantages over other therapeutic strategies, with important clinical implications (Porteus, 2019). First, the therapeutic construct only needs to be active briefly and requires only a single treatment, since the outcome is a permanent change in the cellular genome. In fact, transient expression is desirable as it minimizes the risk of off-target effects and immune response to the vector construct. Second, since it targets the mutation itself, gene editing can achieve complete correction or inactivation of the mutant allele in treated cells, rather than mere attenuation of the mutation’s effect. Finally, even single-nucleotide mutations can be targeted by Cas nucleases with a high degree of specificity (Wienert et al., 2019), suggesting the approach could be safely deployed to treat a large number of conditions caused by missense mutations.

We demonstrated that Cas9 enzymes derived from both S. aureus and S. pyogenes can induce indels specifically at the NEFL-N98S mutant allele, and that the latter predominantly leads to a 1-bp insertion that efficiently disrupts mutant allele expression. In contrast, the former preferentially generates 9- and 15-bp deletions that are less useful for disrupting expression of the mutant allele. Interestingly, 9- and 15-bp deletions are predicted by microhomology domains near the cleavage sites for both of our Cas9 nucleases (Bae et al., 2014). Large-scale studies have begun to define the mutational profiles produced by Cas9-induced cleavage and predict outcomes produced by specific gRNA, but our findings highlight how these predictions are not necessarily transferable to alternate enzymes, which differ in the nature of the double-strand breaks produced (Allen et al., 2018; Tycko et al., 2018; Chen et al., 2019). Moreover, these predictions are based on experiments performed in immortalized cell lines and the generalizability to primary and post-mitotic cells is yet to be determined.

We achieved phenotypic rescue using CRISPR gene editing both by generating indels in the NEFL allele carrying the N98S mutation and by correcting the N98S mutation to wild type via HDR. In both cases, gene editing starts with the creation of targeted double-strand breaks, but the outcome depends on the endogenous DNA repair machinery that repairs the break—non-homologous end-joining (NHEJ) or HDR (Porteus, 2019). NHEJ is most useful for gene inactivation via frameshift-inducing indels, as in our approach, and is active even in post-mitotic neurons (Bétermier et al., 2014; Shalem et al., 2014; Gaj et al., 2017). Precise correction of a mutant sequence by HDR requires a donor template to facilitate homologous recombination but is typically much less efficient than NHEJ and active only in proliferative cells (Miyaoka et al., 2016). Indeed, in our experiments, editing outcomes from NHEJ were over 10 times more efficient than HDR using the same gRNA and Cas9 enzyme. Both approaches were able to effectively rescue disease phenotypes in CMT2E i3LMNs, but as HDR is not active in post-mitotic cells like neurons, inactivation of the mutant allele via NHEJ is the more tractable therapeutic strategy. An important caveat is that allele-specific gene inactivation is restricted to genes in which heterozygous loss of function is well tolerated, as is the case for NEFL.



Alternative Strategies and Future Directions

We validated CRISPR reagents that are specific to the human NEFL-N98S mutation, but there are a multitude of distinct missense mutations in NEFL that cause CMT2E (Stone et al., 2019). The majority occur in the first exon and should be amenable to the same editing strategy that we employed here. However, inducing frameshifts at the site of mutations in distal coding exons may not be therapeutic, as nonsense codons in that context can lead to expression of a pathologic truncated protein rather than nonsense-mediated decay (Lindeboom et al., 2016; Stone et al., 2019). Alternate editing strategies for these mutations include excision of mutant alleles using pairs of guide RNAs, or precise correction using non-nuclease editing technologies such as base editors or PRIME editing (Komor et al., 2016; Anzalone et al., 2019; Watry et al., 2020).

Alternative gene therapy approaches include gene augmentation, more commonly used to treat recessive loss-of-function mutations, and RNA interference; however, both present their own challenges. Gene augmentation in dominant disease can have partial benefits (Mao et al., 2011) yet it requires high levels of exogenous gene expression to overcome effects of the mutant allele, and will be ineffective if the mutant gene product continues to interfere with the function of the wild-type gene product, or causes direct toxicity to the cell (Yu-Wai-Man, 2016; Diakatou et al., 2019). RNA interference, where a vector delivers a small RNA that targets the mutant transcript for degradation, has been used successfully in animal models of dominant disease, including CMT2D (Matsa et al., 2014; Morelli et al., 2019; Zaleta-Rivera et al., 2019). Although promising, this approach needs to overcome significant challenges including efficiency and specificity, particularly for single-nucleotide point mutations. Furthermore, both gene augmentation and RNA interference require long-term persistence of the vector or repeated treatments.

We performed our studies in a human motor neuron model system because motor symptoms are typically the most debilitating in CMT2E and many subtypes of axonal CMT, although sensory neurons are also affected (Adebola et al., 2015; Yang et al., 2016; Zhao et al., 2017; Lancaster et al., 2018). Although we focused on motor neurons, a similar approach could be applied to sensory neurons or glial cells differentiated from patient iPSCs. Limitations of our system include the relatively immature developmental state of the motor neurons, absence of other cell types, and lack of anatomic structures. As a result, we are not able to recapitulate all disease phenotypes, such as axonal atrophy, decreased nerve conduction velocity, and length-dependent axonal degeneration, such as that are present in human patients and animal models. Advances in the development of three-dimensional and heterotypic microtissues derived from iPSC have the potential to overcome some of these limitations in the future.

A limitation of our studies is that we performed editing in stem cells rather than in the neurons directly. Efficient delivery of gene-editing reagents to neurons in vitro is challenging, and ongoing work in our group and others is focused on improving methodology to enable routine gene-editing experiments in iPSC-derived neurons. The studies presented here establish a crucial baseline, by identifying candidate therapeutic reagents and validating rapid development of disease-specific phenotypes that can be assayed in high throughput. These tools will be invaluable to answer outstanding questions including whether phenotypic rescue will be variable in patient lines with different genetic backgrounds, applicability to other missense mutations in NEFL, allele specificity and repair outcomes in neurons, and the time course for reversing the established disease phenotype. Furthermore, in vivo animal experiments will be important to complement the in vitro human models. Fortunately, in the case of CMT2E there is an excellent animal model in the N98S knock-in mouse that precisely mimics the human mutation, and is associated with a severe and well characterized phenotype (Adebola et al., 2015; Lancaster et al., 2018). In the case of gene editing, the ultimate therapeutic reagent must be primarily developed and validated in a human system due to species-specific genome sequences, but in vivo experiments will be critical to optimize delivery methods, assess functional outcomes, and evaluate systemic side effects.
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Myotonic dystrophy type 1 (DM1) is an inherited neuromuscular disease caused by expanded CTG repeats in the 3′ untranslated region (3′UTR) of the DMPK gene. The myogenesis process is defective in DM1, which is closely associated with progressive muscle weakness and wasting. Despite many proposed explanations for the myogenesis defects in DM1, the underlying mechanism and the involvement of the extracellular microenvironment remained unknown. Here, we constructed a DM1 myoblast cell model and reproduced the myogenesis defects. By RNA sequencing (RNA-seq), we discovered that periostin (Postn) was the most significantly upregulated gene in DM1 myogenesis compared with normal controls. This difference in Postn was confirmed by real-time quantitative PCR (RT-qPCR) and western blotting. Moreover, Postn was found to be significantly upregulated in skeletal muscle and myoblasts of DM1 patients. Next, we knocked down Postn using a short hairpin RNA (shRNA) in DM1 myoblast cells and found that the myogenesis defects in the DM1 group were successfully rescued, as evidenced by increases in the myotube area, the fusion index, and the expression of myogenesis regulatory genes. Similarly, Postn knockdown in normal myoblast cells enhanced myogenesis. As POSTN is a secreted protein, we treated the DM1 myoblast cells with a POSTN-neutralizing antibody and found that DM1 myogenesis defects were successfully rescued by POSTN neutralization. We also tested the myogenic ability of myoblasts in the skeletal muscle injury mouse model and found that Postn knockdown improved the myogenic ability of DM1 myoblasts. The activity of the TGF-β/Smad3 pathway was upregulated during DM1 myogenesis but repressed when inhibiting Postn with a Postn shRNA or a POSTN-neutralizing antibody, which suggested that the TGF-β/Smad3 pathway might mediate the function of Postn in DM1 myogenesis. These results suggest that Postn is a potential therapeutical target for the treatment of myogenesis defects in DM1.

Keywords: Postn, myotonic dystrophy type 1, microenvironment, myoblast, myogenesis


INTRODUCTION

Myotonic dystrophy type 1 (DM1) is an autosomal inherited neuromuscular disease caused by aberrant expanded (CTG) trinucleotide repeats in the 3′ untranslated region (3′UTR) of the DMPK gene. The copy number of CTG repeats is higher than 50 in DM1 patients but lower than 37 in healthy individuals. The individuals with 38–49 CTG repeats are considered to have premutations. The expanded CTG repeats in DM1 are transcribed, along with the DMPK gene, into mRNA containing expanded CUG repeats, referred to as “toxic RNA” (Udd and Krahe, 2012). This toxic RNA forms a hairpin-like secondary structure in cell nuclei, leading to MBNL1 sequestration (Miller et al., 2000) and CELF1 upregulation (Kuyumcu-Martinez et al., 2007; Kalsotra et al., 2010). Both MBNL1 and CELF1 are RNA-binding proteins and regulate alternative splicing of RNA. Thus, the dysregulation of MBNL1 and CELF1 leads to isoform switches of several important genes related to skeletal muscle function, including CLCN1, BIN1, TNNT2, IR, and PKM, which directly cause DM1 disease phenotypes (Philips et al., 1998; Savkur et al., 2001; Charlet et al., 2002; Mankodi et al., 2002; Ho et al., 2004; Fugier et al., 2011). Among these phenotypes, the myogenesis defect is a particularly serious problem in DM1 as it has been shown to be closely related to progressive muscle weakness and wasting (Kanadia et al., 2003; Ward et al., 2010).

Myogenesis is a complicated and precisely regulated process that produces myotubes of skeletal muscle. Many myogenic regulatory factors (MRFs) have been documented, including MyoD, MyoG, and Mrf4 (Hernandez-Hernandez et al., 2017). Myogenesis consists of two stages, cell cycle withdrawal and myoblast fusion (Andre et al., 2018). In the initial stage, myoblast proliferation is required to generate sufficient cells for myoblast fusion. The proliferation process, however, should be terminated to enable the subsequent myogenesis process (Andres and Walsh, 1996). This cell cycle withdrawal is governed by p21 (Halevy et al., 1995) and Rb (Zacksenhaus et al., 1996). Following cell cycle arrest, the myoblasts undergo cell fusion to generate multinucleated myotubes (Schnorrer and Dickson, 2004). Although the detailed mechanism remains elusive, many fusion-related regulators have been discovered, including Myomaker (Millay et al., 2013, 2014) and Myomixer (Bi et al., 2017). Many studies have proposed possible explanations for the defective myogenesis in DM1. Celf1 is directly phosphorylated and regulated by Akt and cyclin D3/cdk4, which leads to CCND1 upregulation and p21 downregulation and causes impaired myogenesis in DM1 (Timchenko et al., 2001a; Salisbury et al., 2008). Consistently, recent studies have observed suppression of cell cycle withdrawal in DM1 or Celf1-overexpressing myoblasts (Furling et al., 2001; Peng et al., 2015), probably due to dysregulation of cyclin D1 and p21. DMPK, a rho kinase, may be involved in the regulation of myosin light chain phosphorylation, and its isoform E has been shown to be crucial for normal muscle development (Jansen et al., 1996; Mulders et al., 2011). Although studies have shown that DMPK is dispensable for myoblast differentiation (Jansen et al., 1996), the DMPK dysregulation that occurs as a result of expanded CUG repeats suggests a potential role of this gene in myoblast differentiation. Moreover, MRFs including MyoD and Six5 are altered in DM1 owing to the expanded CUG repeats and DMPK dysregulation, respectively (Inukai et al., 2000; Apponi et al., 2011). Although each of the above findings can partially explain the defective myogenesis in DM1, the underlying mechanism remains unclear.

Periostin (Postn) is a matricellular protein that consists of seven domains: a signal peptide, a cysteine-rich domain, a C-terminal region, and four FAS1 domains. Postn is well known as an important microenvironment component that favors tumor growth and metastasis. In ovarian cancer, Postn is upregulated by the TGF-β pathway and promotes migration and invasion (Yue et al., 2021). Postn is also a candidate prognostic marker in colorectal cancers (Oh et al., 2017) and promotes colorectal cancer progression through activating YAP/TAZ (Ma et al., 2020). In glioma, Postn promotes tumor growth, epithelial–mesenchymal transition (EMT), invasion, and resistance to antiangiogenic therapy by recruiting M2 macrophages and activating STAT3 (Zhou et al., 2015; Park et al., 2016). Postn is targeted by miR-876 and facilitates EMT and fibrosis of hepatocellular carcinoma (Chen et al., 2020). Postn also plays an important part in cancer stem cell maintenance by recruiting Wnt ligands to enhance Wnt signaling in cancer stem cells (Malanchi et al., 2011). In addition to its roles in cancer, Postn has been reported to regulate skeletal muscle regeneration; it is temporally expressed during skeletal muscle regeneration (Ozdemir et al., 2014), and Postn knockout improves muscle recovery and inhibits fibrosis after skeletal muscle injuries. Moreover, POSTN-neutralizing antibody treatment promotes recovery from skeletal muscle injuries in a mouse model (Hara et al., 2018). In a muscular dystrophy mouse model, Postn knockout was found to improve myogenesis and inhibit fibrosis by upregulating the TGF-β pathway (Lorts et al., 2012). Nevertheless, the function of Postn in regulating DM1 has remained unknown.

In this study, we used a DM1 mouse myoblast cell model to study myogenesis defects in DM1. Postn was found to be significantly upregulated both during the DM1 myoblast differentiation process and in skeletal muscles and myoblasts of DM1 patients. By downregulating Postn with short hairpin RNA (shRNA) or a neutralizing antibody, the myogenesis defects in DM1 were successfully rescued. Moreover, Postn knockdown in DM1 myoblasts improved the efficiencies of myogenesis and regeneration in a skeletal muscle injury mouse model. The TGF-β/Smad3 pathway that was enhanced in the DM1 myogenesis process was suppressed with Postn inhibitions, which might mediate the function of Postn in the myogenesis process of DM1 myoblasts. These results suggest that Postn is a potential therapeutical target for the treatment of DM1.



MATERIALS AND METHODS


Cell Culture

C2C12 cells (RRID: CVCL_0188) were provided by the Stem Cell Bank, Chinese Academy of Sciences. C2C12 cells were cultured in high-glucose Dulbecco’s Modified Eagle Medium (DMEM, HyClone, Cat #SH30022.01) supplemented with 20% fetal bovine serum (Clark, Cat #FB15015), 50 U/mL penicillin (Biosharp, Cat #BL505A), and 50 μg/mL streptomycin (Biosharp, Cat #BL505A). In vitro myoblast differentiation was induced by switching the above medium to high-glucose DMEM (HyClone) supplemented with 2% horse serum (HyClone, Cat #SH30074.03), 50 U/mL penicillin (Biosharp), 50 μg/mL streptomycin (Biosharp), and 1 μM insulin (Beyotime, Cat#P3376-100IU) when cells were confluent. The in vitro myoblast differentiation process typically spanned 6 days. When neutralizing the secreted POSTN during myoblast differentiation, 1.5 μg/ml anti-POSTN antibody (Sino Biological, Cat #50450-RP02, RRID: AB_2891098) was added to the differentiation medium. 1.5 μg/ml IgG control antibody (Santa Cruz Biotechnology, Cat #sc-2025, RRID: AB_737182) was used as control. Both antibodies were added from day 0 to day 6 of in vitro myoblast differentiations.



Construction of Plasmids and Cell Lines

The pcDNA-GFP-(CUG)5 (GFP-CUG5) and pcDNA-GFP-(CUG)200 (GFP-CUG200) plasmids were as described previously (Amack and Mahadevan, 2001). The pLL4.0 vector was previously developed by our laboratory (Shen et al., 2020). The pLL4.0 vector was constructed by replacing a CMV-EGFP cassette in the pLL3.7 vector with a PGK-puromycin cassette. Scrambled, shPostn, and shMbnl1 plasmids were generated by ligating the scrambled, Postn, and Mbnl1 shRNA coding sequences into the pLL4.0 vector, respectively. The sequences of the scrambled, Postn, and Mbnl1 shRNAs are listed in Supplementary Table 1.

Plasmids were transduced into cells using PolyJet (SignaGen, Cat #SL100688) according to the manufacturer’s instructions. Normal (C2C12 GFP-CUG5) and DM1 (C2C12 GFP-CUG200) myoblast cell models were produced by transfecting C2C12 cells with GFP-CUG5 and GFP-CUG200 plasmids, respectively, followed by G418 selection until stable. Control and Postn knockdown DM1 myoblast cell lines were produced by transfecting C2C12 GFP-CUG200 cells with the scrambled and shPostn plasmids, respectively, followed by puromycin selection until stable. Control and Postn knockdown normal myoblast cell lines were produced by transfecting C2C12-CUG5 cells with the scrambled and shPostn plasmids, respectively, followed by puromycin selection until stable. Control and Mbnl1 knockdown myoblast cell lines were produced by transfecting C2C12 cells with the scrambled and shMbnl1 plasmids, respectively, followed by puromycin selection until stable.



Total RNA Extraction and Real-Time Quantitative PCR

Total RNA was extracted using Total RNA Isolation Reagent (Biosharp, Cat #BS259A). Reverse transcription was performed using the FastKing RT Kit (Tiangen, Cat #KR118-02). Quantitative PCR was performed using the Powerup SYBR Master Mix (Applied Biosystems, Cat #A25778). These experiments were conducted according to the corresponding manufacturer’s manuals. Gapdh was used as a normalized control gene. The primer sequences used in real-time quantitative PCR (RT-qPCR) are listed in Supplementary Table 1.



RNA Sequencing and Data Analysis

The library construction and sequencing steps of RNA sequencing (RNA-seq) were performed by Anhui Microanaly Genetech Co., Ltd. Raw data were subjected to adapter trimming and read filtering using the trim_galore software (Trim Galore, RRID: SCR_011847). The filtered data were aligned to the mouse genome (GRCm38) using Hisat2 (HISAT2, RRID: SCR_015530) and then analyzed with StringTie (RRID: SCR_016323) to generate readcount tables. Differentially expressed genes (DEGs) were determined by DESeq2 (RRID: SCR_015687) (Love et al., 2014) using ∣log2(fold change)∣ > 1 and adjusted P-value < 0.05 as the cutoffs. Gene ontology (GO) and Kyoto Encyclopedia of Genes and Genomes (KEGG) analyses were performed using the clusterProfiler package (clusterProfiler, RRID: SCR_016884) (Yu et al., 2012). RNA-seq data generated during this study are deposited at the Gene Expression Omnibus (GEO) database (GSE174119). The RNA-seq data of tibialis anterior (TA) muscles and myoblasts from healthy, and DM1 individuals were obtained from the GEO database using accession numbers GSE86356 and GSE158216, respectively.



Protein Extraction and Western Blotting

Intracellular protein samples were extracted using Cell Lysis Buffer (Beyotime, Cat #P0013) supplemented with EASYpack Protease Inhibitors (Roche, Cat #5892970001). Protein concentrations were measured with a BCA protein assay kit (Biosharp, Cat # BL521A) and then adjusted to be the same. Supernatant protein samples were obtained by collecting the culture medium of the corresponding cells. For normalization, the volumes of the cell culture medium were initially the same when culturing cells and the loading volumes of the culture medium were normalized to their corresponding cell numbers when doing gel electrophoresis. Samples were subjected to sodium dodecyl sulfate polyacrylamide gel electrophoresis and the proteins were transferred onto PVDF membranes. The membranes were then blocked and incubated with primary antibodies overnight at 4°C. On the next day, the membranes were incubated with horseradish peroxidase (HRP)-conjugated secondary antibodies and reacted with chemiluminescent substrates (Biosharp, Cat #BL520A). Images were taken with a Tanon 5200 Imaging System. The antibodies and dilutions were as follows: anti-POSTN pAb (1:1,000, Sino Biological, Cat #50450-RP02, RRID: AB_2891098), anti-SMAD3 (1:2,000, Santa Cruz, Cat #sc-101154, RRID: AB_1129525), anti-p-SMAD3 (1:2,000, Santa Cruz, Cat #sc-517575, RRID: AB_2892229), anti-MBNL1 mAb (1:2,000, Novus, Cat #NB110-37256, RRID: AB_792678), anti-GAPDH pAb (1:2,000, Biosharp, Cat #BL006B, RRID: AB_2890028), goat anti-mouse HRP antibody (1:2,000, Biosharp, Cat #BL001A, RRID: AB_2827665), and donkey anti-rabbit HRP antibody (1:2,000, Invitrogen, Cat #31458, RRID: AB_228213). The intensities of the western blot gel bands were measured using ImageJ (RRID: SCR_003070).



Immunostaining

Samples (cells and slides) were fixed with 4% paraformaldehyde at room temperature. After that, the samples were blocked with the blocking solution (10% normal goat serum and 0.1% Triton X-100 in PBS). The samples were then incubated with primary antibodies that were diluted in the blocking solution at 4°C overnight. On the next day, the samples were incubated with fluorescence conjugated secondary antibodies and DAPI. The antibodies and dilutions were as follows: anti-myosin heavy chain (MHC) mAb (1:10, DHSB, Catalog No. AB_2147781, and RRID: AB_2147781) and goat anti-mouse Alex Fluor Plus 555-conjugated IgG (1:500, Invitrogen, Catalog No. A32727, and RRID: AB_2633276). All images were obtained with a Leica DMi8 fluorescence microscope and analyzed with ImageJ (RRID: SCR_003070). Fusion index equaled to the ratio of nuclei number in the cells with at least two nuclei vs. total nuclei number. Myotube area equaled to the ratio of the MHC fluorescence positive area vs. the whole area in the immunostaining images.



Mice and Skeletal Muscle Injury Models

All mouse-related experiments were performed according to the protocols approved by the Institutional Animal Care and Use Committee of Anhui Normal University. Eight-week old male Swiss mice were anesthetized and injected with 25 μl of 10 μM cardiotoxin (CTX, Sigma, Cat #217503) into TA muscles to produce skeletal muscle injury models. On the next day, the CTX injected TA muscles were injected with scramble control and Postn knockdown DM1 myoblast cells (5 × 104 cells per TA muscle), respectively, to test their myogenic abilities in vivo. PBS was used as a sham control. The TA muscles were harvested 14 days after the cell injections and subjected to cryosectioning using OCT (Sakura, Cat #4583). The slices of TA muscles were then stained with hematoxylin & eosin (H&E, Biosharp, Cat #BL700B) and immunostained against MHC to determine muscle regeneration efficiencies after injury.



Statistical Analysis

All experiments were performed at least three times. Shapiro–Wilk test was used for data normality test. Student’s t-test was used for two-group comparisons, and one-way analysis of variance (ANOVA) followed by post hoc Tukey tests was used for comparisons of three or more groups. An asterisk is used to label significant differences (P < 0.05) in the figures. All data are presented as mean ± SD.



RESULTS


Myogenesis Was Significantly Impaired in the DM1 Myoblast Cell Model

The myogenesis process is severely impaired in DM1 according to most studies (Amack et al., 2002; Timchenko et al., 2004; Kuyumcu-Martinez et al., 2007; Peng et al., 2015), although several groups have reported no significant change in myogenic abilities in myoblasts derived from some DM1 patients (Jacobs et al., 1990; Loro et al., 2010). Therefore, we first compared the myogenic abilities of DM1 and normal murine myoblast cell models. To construct DM1 and normal myoblast cell models, we stably transfected murine myoblast C2C12 cells with the GFP-CUG5 and GFP-CUG200 plasmids, respectively. Normal and DM1 myoblasts were subjected to in vitro myoblast differentiation. At differentiation day 6, the DM1 group displayed markedly less myotube formation compared with the normal control, as visualized by immunostaining against MHC (Figure 1A). The myotube area was 51.69% ± 9.51% in the normal group but 14.25% ± 5.24% in the DM1 group; and the fusion index was 43.20% ± 7.34% in the normal group but 15.72% ± 2.77% in the DM1 group (Figure 1B). Through RT-qPCR, we found that MRFs (MyoD, MyoG, Mef2C, and Mrf4) were significantly inhibited in the DM1 group during in vitro myoblast differentiation. Moreover, the essential myoblast fusion markers Myomaker and Myomixer were also downregulated (Figure 1C). These results confirmed that myoblast differentiation and fusion were both impaired in DM1 myoblasts.
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FIGURE 1. Myogenesis was significantly impaired in the myotonic dystrophy type 1 (DM1) myoblast cell model. (A) Myotube formation by myoblast cells of both normal control and DM1 groups, detected by immunostaining against myosin heavy chain (MHC) at differentiation day 6. (B) Myotube area and fusion index in both the normal control and DM1 groups quantified with ImageJ software. (C) Expression levels of myogenic regulatory factors (MRFs; MyoD, MyoG, Mef2C, and Mrf4) and fusion markers (Myomaker and Myomixer) in normal control, and DM1 groups, measured by real-time quantitative PCR (RT-qPCR). All expression levels were normalized to the values of the normal control group at day 0. CUG5, normal control myoblast cells (C2C12 GFP-CUG5); CUG200, DM1 myoblast cells (C2C12 GFP-CUG200); *P < 0.05.




Periostin Might Mediate Aberrant Myogenesis in DM1 Myoblasts

Although many studies have proposed possible explanations for the myogenesis defects in DM1, the underlying mechanism, especially the involvement of the microenvironment, has remained unclear. To investigate this mechanism, we performed RNA-seq on total RNA samples of normal and DM1 myoblasts at differentiation day 4, when myotubes started to form during in vitro myoblast differentiation. Principal components analysis (PCA) indicated that the gene expression patterns between normal and DM1 groups were different (Figure 2A). Next, we analyzed DEGs of the two groups using DESeq2, with ∣log2(fold change)∣ > 1 and adjusted P-value < 0.05 as the cutoffs for DEG determination. There were 279 upregulated and 158 downregulated genes in the DM1 vs. the normal group (Figure 2B). As shown in the heatmap of relative levels of all DEGs in Figure 2C, Postn was markedly upregulated in the DM1 group. Table 1 shows the top 20 level-changed genes in the DM1 group. Pdha2, Pcdhga9, Lgr5, Rarb, Trhde, Postn, Sema5b, Tspan8, and Sectm1a were significantly upregulated, while miR-686, Pagr1a, Gdf5, Myh8, Slc25a23, Unc13c, and Fras1 were significantly downregulated. Postn was the most significantly altered gene, with log2(fold change) = 2.86 and adjusted P-value = 1.79E−178. We then performed GO and KEGG analyses on all DEGs. The GO results showed that all striated muscle-related biological processes (BP), cellular components (CC), and molecular functions (MF) were inhibited (Figure 2D). The KEGG results showed that striated muscle-related pathways (Jak-STAT signaling, insulin signaling, and insulin resistance) were significantly repressed. Surprisingly, some components of the Wnt signaling pathway were upregulated but some other components were downregulated (Figure 2E). In summary, Postn was the most significantly upregulated gene in the DM1 group, implying that Postn might be associated with DM1 pathogenesis.


TABLE 1. Top altered genes in RNA sequencing (RNA-seq).
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FIGURE 2. Periostin (Postn) was the top significantly altered gene in DM1 myoblast differentiation compared with the normal control. (A) Principal components analysis (PCA) of RNA sequencing (RNA-seq) data from normal and DM1 groups. Three biological replicates are included for each group. (B) Volcano plot showing the differentially expressed genes (DEGs). Postn was the top significantly altered gene. (C) Heatmap showing relative levels of all DEGs in both groups. (D) Gene ontology (GO) analysis of the DEGs. (E) Kyoto Encyclopedia of Genes and Genomes (KEGG) analysis of the DEGs. CUG5, normal control myoblast cells (C2C12 GFP-CUG5); CUG200, DM1 myoblast cells (C2C12 GFP-CUG200); MF, molecular function; CC, cellular component; and BP, biological process.


We then studied the expression levels of Postn in various tissues of normal adult mice. Postn was highly expressed in spleen, lung, and stomach but showed relatively low expression in skeletal muscle (TA, gastrocnemius, and soleus) (Figure 3A). To verify the changes in Postn levels observed by RNA-seq, we first performed western blotting against POSTN at differentiation day 4 for normal and DM1 myoblasts. As POSTN is a secreted protein, we detected both intracellular and supernatant POSTN levels. Both intracellular and supernatant POSTN were upregulated in DM1 (Figures 3B,C). Next, we checked the expression pattern of Postn during myoblast differentiation. Postn was significantly upregulated from days 4 to 6 of myoblast differentiation in DM1 compared with the normal group (Figure 3D). We then investigated whether POSTN was also upregulated in the skeletal muscle of DM1 patients. We analyzed an RNA-seq dataset for TA muscle of healthy individuals (n = 10) and DM1 patients (n = 40) from the DMseq Deep Sequencing Data Repository1 and found a significant upregulation of POSTN in the DM1 group (Figure 3E). Moreover, by analyzing the RNA-seq data of myoblasts from healthy and DM1 individuals, we also observed a significant upregulation of POSTN in the myoblasts of DM1 patients (Figure 3F). Next, we studied if the Postn upregulation correlated with the Mbnl1 downregulation in DM1. By western blotting, we found that the intracellular and secreted POSTN were both significantly upregulated with Mbnl1 knockdown in C2C12 cells (Figures 3G,H). These results suggest a correlation between DM1 pathogenesis and Postn upregulation.
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FIGURE 3. Periostin was upregulated in DM1 myogenesis and in skeletal muscle of DM1 patients. (A) Expression levels of Postn in different tissues of normal adult mice, measured by RT-qPCR. (B) Intracellular and supernatant POSTN expression levels in normal and DM1 myoblast cells, detected by western blotting. (C) Gel band intensities from panel (B) quantified using ImageJ software. Values were normalized to GAPDH. (D) Expression levels of Postn during in vitro myoblast differentiation, measured by RT-qPCR. All expression levels were normalized to the values of the normal control at day 0. (E) Expression levels of Postn in tibialis anterior (TA) muscle from healthy individuals (n = 10) and DM1 patients (n = 40). (F) Expression levels of Postn in myoblasts from healthy individuals (n = 3) and DM1 patients (n = 3). (G) MBNL1, intracellular and supernatant POSTN expression levels in scramble control and Mbnl1 knockdown myoblast cells, detected by western blotting. (H) Gel band intensities from panel (G) quantified using ImageJ software. Values were normalized to GAPDH. CUG5, normal control myoblast cells (C2C12 GFP-CUG5); CUG200, DM1 myoblast cells (C2C12 GFP-CUG200); scramble, scramble control myoblast cells; and shMbnl1, Mbnl1 knockdown myoblast cells; *P < 0.05.




Downregulation of Postn Using shRNA Rescued Myogenesis Defects in DM1

As Postn was aberrantly upregulated in DM1 myoblast differentiation, we investigated whether downregulation of Postn could rescue the myogenesis defect in DM1. We constructed scrambled control and Postn-knockdown DM1 myoblast cell lines by stably transfecting C2C12 GFP-CUG200 cells with the scrambled and shPostn plasmids, respectively. Western blots showed that both intracellular and supernatant POSTN were significantly downregulated in Postn-knockdown DM1 myoblast cells (Figures 4A,B). The Postn knockdown and control DM1 myoblast cells were subjected to in vitro myoblast differentiation. RT-qPCR showed that Postn was significantly downregulated throughout the differentiation process (Figure 4C). Immunostaining against MHC showed that Postn knockdown robustly improved myotube production (Figure 4D). The myotube area was 61.32% ± 2.58% in the Postn knockdown group but 27.53% ± 4.13% in the scrambled control group; and the fusion index was 41.96% ± 7.38% in the Postn knockdown group but 7.64% ± 2.32% in the scrambled control group (Figure 4E). Consistently, MRFs (MyoD, MyoG, Mef2C, and Mrf4) were all markedly upregulated, and fusion markers (Myomaker and Myomixer) were also boosted (Figure 4F).
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FIGURE 4. Periostin knockdown rescued the myogenesis defects in DM1 myoblast cells. (A) Postn knockdown in DM1 myoblast cells (C2C12 GFP-CUG200) verified by western blotting. (B) Gel band intensities from panel (A) quantified using ImageJ software. Values were normalized to GAPDH. (C) Expression levels of Postn during differentiation in both scrambled control and Postn-knockdown groups, measured by RT-qPCR. (D) Myotube formation in both scrambled control and Postn-knockdown groups, detected by immunostaining against MHC at differentiation day 6. (E) Myotube area and fusion index in both groups quantified using ImageJ software. (F) Expression levels of MRFs (MyoD, MyoG, Mef2C, and Mrf4) and fusion markers (Myomaker and Myomixer) in both groups, measured by RT-qPCR. All expression levels were normalized to the values of the scrambled control at day 0. Scramble, scrambled control DM1 myoblast cells; shPostn, Postn-knockdown DM1 myoblast cells; *P < 0.05.


We also determined the effect of Postn inhibition on normal myoblast differentiation. Postn-knockdown and control normal myoblast cell lines were produced by stably transfecting C2C12 GFP-CUG5 cells with the shPostn and scrambled plasmids, respectively. The knockdown efficiency was verified by western blotting (Figures 5A,B). Next, we performed in vitro myoblast differentiation on these two cell lines. At differentiation day 6, we found that myotube formation in normal myoblast cells was enhanced by Postn knockdown, as indicated by immunostaining against MHC (Figure 5C). Myotube area and fusion index were both increased with Postn knockdown (Figure 5D), and the expression levels of MRFs (MyoD, MyoG, Mef2C, and Mrf4) were significantly elevated (Figure 5E). Taken together, besides rescuing myogenesis defect in DM1 myoblast cells, Postn inhibition in normal myoblast promotes the myogenesis process in normal myoblasts.
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FIGURE 5. Periostin knockdown promoted myogenesis in normal myoblast cells. (A) Postn knockdown in normal myoblast cells (C2C12 GFP-CUG5), verified by western blots. (B) Gel band intensities from panel (A) quantified with ImageJ software. Values were normalized to GAPDH. (C) Myotube formation in both scrambled control and Postn-knockdown groups, detected by immunostaining against MHC at differentiation day 6. (D) Myotube area and fusion index in both groups quantified with ImageJ software. (E) Expression levels of MRFs (MyoD, MyoG, Mef2C, and Mrf4) in both groups, measured by RT-qPCR. All expression levels were normalized to the values of the scramble control at day 0. Scramble, scramble control normal myoblast cells; shPostn, Postn knockdown normal myoblast cells; *P < 0.05.




Neutralizing Antibody Treatment Against POSTN Also Rescued Myogenesis Defects in DM1

As Postn shRNA successfully rescued myogenesis defects in DM1, and POSTN is a secreted protein, we considered whether neutralizing excess extracellular POSTN could also rescue myogenesis defects in DM1. We performed in vitro myoblast differentiation on DM1 myoblast cells and treated them with a neutralizing antibody against POSTN and a control IgG, respectively (Figure 6A). Immunostaining against MHC at differentiation day 6 showed that myogenesis was improved with POSTN antibody treatment (Figure 6B). The myotube area was 56.27% ± 9.08% in the POSTN antibody group but 25.67% ± 7.74% in the control group; and the fusion index was 41.74% ± 12.92% in the POSTN antibody group but 10.22% ± 1.79% in the control group (Figure 6C). The RT-qPCR results showed that MRFs and fusion markers were upregulated with POSTN antibody treatment (Figure 6D). In conclusion, neutralizing excessive POSTN in the DM1 myoblast extracellular microenvironment could rescue myogenesis defects in DM1.
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FIGURE 6. POSTN-neutralizing antibody treatment rescued myogenesis defects in DM1 myoblast cells. (A) Schematic diagram of the myoblast differentiation processes of DM1 myoblast cells treated with control IgG and POSTN-neutralizing antibody. (B) Myotube formation in both control IgG and POSTN-neutralizing antibody groups, detected by immunostaining against MHC at differentiation day 6. (C) Myotube area and fusion index in both groups quantified with ImageJ software. (D) Expression levels of MRFs (MyoD, MyoG, Mef2C, and Mrf4) and fusion markers (Myomaker and Myomixer) in both groups, measured by RT-qPCR. All expression levels were normalized to the values of the control IgG group at day 0. IgG, control IgG antibody; P.Ab, POSTN neutralizing antibody; *P < 0.05.




Periostin Knockdown Improved the Myogenic Ability of DM1 Myoblasts in vivo

To determine whether Postn inhibition affected the myogenic ability of DM1 myoblasts in vivo, we injected scramble control and Postn knockdown DM1 myoblasts into the TA muscles that were treated with CTX to induce skeletal muscle injuries as described previously (Lee et al., 2015). The TA muscles were harvested 2 weeks after the cell injections. By HE staining and immunostaining against MHC, we found that the Postn knockdown DM1 myoblasts group displayed a better skeletal muscle morphology than the scramble control group, though the scramble control group also showed slight advantages over the sham control group (Figures 7A,B). The distributions of myotube size, on the whole, were the largest in the Postn knockdown group, the middle in the scramble control group, and the smallest in the sham group (Figure 7C). These results suggested that Postn knockdown improved the myogenic ability of DM1 myoblasts, which contributed to skeletal muscle regeneration in vivo.
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FIGURE 7. Knockdown improved the myogenic ability of DM1 myoblasts in vivo. (A) H&E staining of cross-sections of the TA muscles from the sham, scramble, and Postn knockdown groups. (B) Immunostaining against MHC of cross-sections of the TA muscles from the sham, scramble, and Postn knockdown groups. (C) The diameters of myofibers of the TA muscles from the sham, scramble control, and Postn knockdown groups. Sham, PBS; scramble, scramble control DM1 myoblasts; and shPostn, Postn knockdown DM1 myoblasts; *P < 0.05.




Periostin Regulated Myogenesis Likely Through the TGF-β/Smad3 Pathway in DM1 Myoblasts

Periostin expression was reported to be controlled by the TGF-β/Smad pathway, which also, in turn, regulated the TGF-β/Smad pathway (Blanchard et al., 2008; Lorts et al., 2012; Noguchi et al., 2016; Mitamura et al., 2018; Yue et al., 2021). TGF-β inhibits the myogenesis process through Smad3 rather than Smad2 (Liu et al., 2001). Thus, we here investigated whether Postn regulated myogenesis through the TGF-β/Smad3 pathway in DM1 myoblasts. Compared to normal myoblasts, both p-SMAD3 and SMAD3 were upregulated in DM1 myoblasts at differentiation day 0 and day 4 (Figures 8A,B). When inhibiting Postn using shRNA, both p-SMAD3 and SMAD3 were downregulated in DM1 myoblasts (Figures 8C,D). Similarly, both p-SMAD3 and SMAD3 were downregulated when DM1 myoblasts were treated with a POSTN-neutralizing antibody during myoblast differentiation (Figures 8E,F). These results suggested that Postn might regulate the myogenesis process in DM1 myoblasts through the TGF-β/Smad3 pathway.
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FIGURE 8. Postn regulated myogenesis likely through TGF-b/Smad3 pathway in DM1 myoblasts. (A) The levels of SMAD3 and p-SMAD3 in normal and DM1 myoblasts at differentiation day 0 and day 4 were determined by western blots. (B) Gel band intensities from (A) quantified with ImageJ software. GAPDH served as an internal control. All expression levels were normalized to the normal myoblasts at day 0. (C) The levels of SMAD3 and p-SMAD3 in scramble control and Postn knockdown DM1 myoblasts at differentiation day 0 and day 4 were determined by western blots. (D) Gel band intensities from (C) quantified with ImageJ software. (E) The levels of SMAD3 and p-SMAD3 in the control IgG antibody and POSTN neutralizing antibody treated DM1 myoblasts at differentiation day 0 and day 4 were determined by western blots. (F) Gel band intensities from (E) quantified with ImageJ software. GAPDH served as an internal control. All expression levels were normalized to the scramble control DM1 myoblasts at day 0. CUG5, normal control myoblast cells (C2C12 GFP-CUG5); CUG200, DM1 myoblast cells (C2C12 GFP-CUG200); scramble, scrambled control DM1 myoblast cells; shPostn, Postn knockdown DM1 myoblast cells; IgG, control IgG antibody; P.Ab, POSTN neutralizing antibody; *P < 0.05.




DISCUSSION

In this study, we discovered that Postn was aberrantly upregulated during the myogenesis process of DM1 myoblast cells, particularly from in vitro differentiation day 4, when myotubes started to form as a result of myoblast fusion. Next, we downregulated Postn in DM1 myoblast cells using both shRNA and a neutralizing antibody and found that the inhibition of Postn significantly rescued myogenesis defects in DM1. Consistently, inhibiting Postn also improved the myogenic ability of DM1 myoblast cells in the skeletal muscle injury mouse model. The TGF-β/Smad3 pathway might mediate the function of Postn in the myogenesis process of DM1 myoblast cells. Moreover, we tested whether Postn downregulation also affected the myogenesis process of normal myoblast cells. Knockdown of Postn in normal myoblast cells significantly facilitated the myogenesis process. Taken together, these results show that Postn, which encodes an extracellular protein, mediates defective myogenesis in DM1, which contributes to our understanding of the DM1 pathogenic mechanism. Targeting extracellular Postn is a potential approach for the therapy of myogenesis defects in DM1, with advantages of delivery convenience compared with classical intracellular therapeutic strategies.

To study myogenesis defects in DM1, we employed a widely used DM1 mouse myoblast cell model, produced by stable transfection with a plasmid containing 200 copies of CTG repeats at the 3′UTR of the GFP gene. The control cell model was constructed with a plasmid containing five copies of CTG repeats at the 3′UTR of the GFP gene. In previous work, we validated the pathological features of DM1 in this DM1 myoblast model, including ribonuclear foci, aberrant alternative splicing, and defective myogenesis (Shen et al., 2020). Other studies have also suggested using this cell model to investigate myogenesis defects in DM1 (Timchenko et al., 2001b; Peng et al., 2015). Consistently, we observed similar DM1 myogenesis defects to those reported by prior studies.

To discover the DEGs during the DM1 myogenesis process, we performed RNA-seq on RNA samples from both the normal and DM1 groups. There were 279 upregulated and 158 downregulated genes in the DM1 group. Table 1 showed the top 20 level-changed genes in the DM1 group. To our best knowledge, none of these genes were reported to function in DM1 before. Four genes (Lgr5, Gdf5, Myh8, and Unc13c) were known to regulate skeletal muscle myogenesis and homeostasis: Lgr5 is a marker for a group of activated satellite cells for muscle regeneration (Leung et al., 2020); Gdf5 was found to promote myogenesis process in sciatic denervation mouse model (Traore et al., 2019); Myh8, encoding embryonic and neonatal type MHCs, are transient elevated following muscle injury (Schiaffino et al., 2015; Yoshimoto et al., 2020); Unc13c facilitates myogenesis process, whose expression is repressed by TNF-α (Meyer et al., 2015). Particularly, there were four genes (Gm45062, Gm49948, Gm47308, and Gm 43488) upregulated in DM1, whose official gene symbols, however, had not been assigned yet. These top-altered genes deserved further investigations in the future, as their functions were mostly unclear in skeletal muscle and DM1. GO analysis showed that skeletal muscle-related processes and structures were repressed in DM1. These results confirmed the myogenesis defects in DM1 myoblast cells. Moreover, we found that Postn was the most significantly altered gene in the DM1 group, with log2(fold change) = 2.86 and adjusted P-value = 1.79E−178. The upregulation of DM1 was confirmed by western blots and RT-qPCR. Through analyzing the datasets from the GEO database, we also discovered that the expression of Postn was enhanced in skeletal muscle and myoblasts of DM1 patients. MBNL1 is sequestered by the toxic RNA in DM1, which results in the downregulation of active MBNL1 in cells. We here found that inhibiting Mbnl1 using shRNA significantly upregulated the intracellular and secreted POSTN, which suggested a correlation between Mbnl1 and Postn. This finding was consistent with the RNA-seq data from a recent study that showed upregulations of Postn in DM1 mice models (HSALR20b and Mbnl3/4KO mice) (Tanner et al., 2021). These results imply a potential regulatory role of Postn in DM1 pathogenesis. Previous studies have indicated that Postn could serve as serum biomarkers for many diseases, including cancer (Dong et al., 2018a,b), rhinosinusitis (Ninomiya et al., 2018), and asthma (Hachim et al., 2020). Based on the upregulations of Postn in the DM1 myoblast cell model and the skeletal muscle and myoblasts from DM1 patients, we thought Postn might be used as a biomarker for DM1, which, however, needed further verifications of the expressions of Postn in the serum of DM1 patients.

We then investigated whether downregulating Postn in DM1 myoblasts could rescue myogenesis defects. Knockdown of Postn with shRNA significantly increased myogenesis levels in DM1 myoblasts, as characterized by elevated myotube area and fusion index values that were close to those of the normal control group (C2C12 GFP-CUG5), and increased expression levels of MRFs and fusion markers. As POSTN is a secreted protein, we considered whether POSTN in the extracellular microenvironment mediated the myogenesis defects in DM1. We treated DM1 myoblast cells with a POSTN-neutralizing antibody and found that this antibody treatment successfully rescued the myogenesis defects, indicating that POSTN in the microenvironment is at least partially responsible for the defective myogenesis in DM1. In line with our findings here, a previous study demonstrated that a POSTN-neutralizing antibody promoted recovery from muscle injuries (Hara et al., 2018). Combined with the finding that Postn was significantly upregulated in skeletal muscle of DM1 patients, these results suggest that targeting extracellular POSTN – for example, using neutralizing antibodies – is a potential approach for treating muscle wasting in DM1. This can be an alternative approach to strengthen myogenesis in addition to previously reported therapeutic strategies against muscular dystrophies, such as stem cell transplantation, the inhibition of myostatin, and IGF-1 supplementation (Shavlakadze et al., 2004; Bo Li et al., 2012; Fakhfakh et al., 2012).

Next, we studied how Postn regulated the myogenesis process in DM1. Many studies have revealed that Postn had crosstalk with the TGF-β/Smad pathway (Blanchard et al., 2008; Lorts et al., 2012; Noguchi et al., 2016; Mitamura et al., 2018; Yue et al., 2021). TGF-β involved pathway was discovered to inhibit myogenesis and promote myoblast proliferation (Massague et al., 1986; Ge et al., 2011). Smad3 rather than Smad2 was responsible for the inhibition of TGF-β on the myogenesis process (Liu et al., 2001). Moreover, TGF-β1 and TGF-β2 were found to be upregulated in DM1 patients and associated with arrhythmia and sudden death (Turillazzi et al., 2013). We here tested the levels of SMAD3 and p-SMAD3 in various myoblast differentiation sets. SMAD3 and p-SMAD3 were significantly upregulated in DM1 myoblast cells. When inhibiting Postn using an shRNA or a neutralizing antibody, SMAD3 and p-SMAD3 were significantly downregulated. These results strongly suggested that Postn might regulate the myogenesis process in DM1 through the TGF-β/Smad3 pathway. This was in line with a previous study that Postn was upregulated in muscular dystrophy and its knockout improved muscle structure and function in the muscular dystrophy mouse model via the TGF-β pathway (Lorts et al., 2012). It was also noticeable that the TGF-β/Smad3 pathway was highly activated in both normal and DM1 myoblasts at differentiation day 0, which was consistent with the previous reports that the activation of TGF-β involved pathway inhibited differentiation but induced quiescence of myoblasts (Rathbone et al., 2011). As to Postn knockdown in DM1 myoblasts, both SMAD3 and p-SMAD3 were significantly repressed at differentiation day 0 besides day 4, whereas Postn showed a significant upregulation in DM1 myoblasts at differentiation day 4 rather than day 0. This conflicting result implied that there might be complicated underlying mechanisms of Postn and the TGF-β/Smad3 pathway in undifferentiated myoblasts.

Moreover, the expression of Postn gradually increased during in vitro myoblast differentiation in both the normal and DM1 groups; this trend was similar to that of many important myogenesis-facilitating factors (Panda et al., 2014; Lee et al., 2017; Horibata et al., 2020). However, this was contrary to the finding that Postn downregulation promoted the myogenesis process in both normal and DM1 myoblasts. Meanwhile, there was no significant difference in Postn expression levels between the normal and DM1 groups until day 4. However, when Postn was downregulated in myoblast cells of both the normal and DM1 groups using shRNA and a neutralizing antibody, myogenesis and fusion markers (MyoD, MyoG, Mef2C, Mrf4, Myomaker, and Myomixer) displayed significant differences earlier than day 4. According to previous reports, Postn is upregulated during the regeneration process following muscle injury and disease, suggesting a possible role of Postn in myoblast activation. Based on these conflicting findings, we propose a hypothesis: on the one hand, Postn is an important factor for myoblast maintenance and its downregulation promotes myoblast activation and differentiation; on the other hand, Postn must be upregulated during myoblast differentiation to maintain undifferentiated myoblasts during and after myogenesis. This hypothesis is consistent with the established role of POSTN in maintaining cancer stem cells (Malanchi et al., 2011) and warrants further investigation in the future.
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Digitally driven manufacturing technologies such as aerosol jet printing (AJP) can make a significant contribution to enabling new capabilities in the field of tissue engineering disease modeling and drug screening. AJP is an emerging non-contact and mask-less printing process which has distinct advantages over other patterning technologies as it offers versatile, high-resolution, direct-write deposition of a variety of materials on planar and non-planar surfaces. This research demonstrates the ability of AJP to print digitally controlled patterns that influence neuronal guidance. These consist of patterned poly(3,4-ethylenedioxythiophene)-poly(styrenesulfonate) (PEDOT:PSS) tracks on both glass and poly(potassium 3-sulfopropyl methacrylate) (PKSPMA) coated glass surfaces, promoting selective adhesion of SH-SY5Y neuroblastoma cells. The cell attractive patterns had a maximum height ≥0.2 μm, width and half height ≥15 μm, Ra = 3.5 nm, and RMS = 4.1. The developed biocompatible PEDOT:PSS ink was shown to promote adhesion, growth and differentiation of SH-SY5Y neuronal cells. SH-SY5Y cells cultured directly onto these features exhibited increased nuclei and neuronal alignment on both substrates. In addition, the cell adhesion to the substrate was selective when cultured onto the PKSPMA surfaces resulting in a highly organized neural pattern. This demonstrated the ability to rapidly and flexibly realize intricate and accurate cell patterns by a computer controlled process.

Keywords: direct write, aerosol jet printing, microfabrication, neuronal alignment, tissue engineering, biomaterials


INTRODUCTION

Within the pharmaceutical sector it is estimated <10% of drugs entering phase I clinical trials proceed to market, with the average cost ranging from $0.8b to $1.7b (Takebe et al., 2018). Consequently, there is a requirement for cost effective biological test platforms that accurately recreate human physiology and can rapidly eliminate ineffective or toxic therapeutics, also known as a “fail-fast” approach (Mohs and Greig, 2017). Traditional 2D cell cultures, utilizing homogeneous inert substrates such as glass or tissue culture plastics, are often used to rapidly screen novel treatments but fail to recreate the complex multi-cellular environments seen within the body (Mirbagheri et al., 2019). One strategy to overcome this limitation is the selective deposition of microscale topographical and chemical cues on homogeneous 2D cell culturing platforms (Bettinger et al., 2009; Mirbagheri et al., 2019; Zhang K. et al., 2019; Shi et al., 2020). These highly structured surfaces composed of various patterns, also known as 2.5 dimensional objects, have been recognized as a promising tool for controlling cells behavior and function, including attachment, migration, proliferation, and differentiation, with cell morphological and functional responses greatly depending on the cell type as well as the pattern type and dimensions (Mirbagheri et al., 2019). As such, these topographical substrates are capable of better mimicking the natural extracellular matrix and have shown great promise as in vitro experimental test platforms for applications within both drug discovery and disease modeling in which tissue models should adequately recapitulate the complexity of natural cell organizations (Bettinger et al., 2009; Mirbagheri et al., 2019; Zhang K. et al., 2019; Shi et al., 2020).

A significant challenge in developing these complex micro-environments is the availability of effective and efficient manufacturing processes that allow patterned multi-functional surfaces to be generated (Shick et al., 2019). The specific manufacturing challenges associated with the development of these environments necessitates manufacturing processes that can generate complex micro-topographies, with the capability to rapidly iterate designs, a useful tool when undertaking bioengineered model development (Zhang S. et al., 2019). There is also an increasing requirement for these environments to be biologically active, whereby the cellular environment created is capable of significantly enhancing cellular development (Akhmanova et al., 2015; Janson and Putnam, 2015). This increased functionality can be achieved through both chemical (e.g., polymer brushes) and biological (e.g., growth factors) modifications, supplemented by topographical patterning, multi-material manufacture, and chemical gradients (Liu and Wang, 2014; Koçer and Jonkheijm, 2018). Finally, the manufacture of surfaces from biomimetic molecules such as collagen, fibrin or laminin allows more accurate recreation of in vivo biology (Caliari and Burdick, 2016).

Manufacturing processes including photolithography (Karp et al., 2006; Nie and Kumacheva, 2008), soft lithography (Qin et al., 2010; Hardelauf et al., 2014; Filipponi et al., 2016), electrospinning (Denchai et al., 2018), and direct-write techniques (Roth et al., 2004; Lind et al., 2017; Suzuki and Teramoto, 2017; Derakhshanfar et al., 2018; Tse and Smith, 2018; Garma et al., 2019; Yuk et al., 2020) have been used to date for the production of patterned bio-interfaces. However, template driven processes such as photolithography and micro-contact printing do not effectively support mass customization and iterative development of novel material formulations. Alternatively, direct-write techniques such as inkjet and extrusion-based printing, are often limited by material selection and offer limited printing resolution, with a minimum feature size of ∼50 μm (Murphy and Atala, 2014). Having the manufacturing capability to rapidly screen a wider range of biomaterials at a smaller scale with high design flexibility, would facilitate the rapid and iterative development of complex in vitro environments.

This research demonstrates the use of Aerosol Jet Printing (AJP) as an enabling manufacturing process which could facilitate the next generation of bespoke in vitro environments. Primarily developed for the manufacture of electronic circuitry, AJP is a promising direct write technology that has been applied to a diverse range of applications, including active and passive electronic components, actuators, sensors, as well as a variety of selective chemical and biological responses (Murphy and Atala, 2014; Wilkinson et al.,2019a,b). Within this framework, a comprehensive review on the AJP process and the current state-of-the-art from an applications perspective has been recently published by Wilkinson et al. (2019b). AJP uses a focussed aerosol for the discrete deposition of a wide range of materials with micron scale resolution (∼10 μm) onto a variety of flat and three-dimensional surfaces at nozzle–substrate offsets of 1-5 mm (Grunwald et al., 2010; Cai et al., 2016; Mashayekhi et al., 2016; Secor, 2018). The material is atomized using either focussed ultrasonic energy, or pneumatic shearing of the fluid, depending on the viscosity of the liquid ink, and the required throughput of material for the application. Figure 1A illustrates our AJP apparatus, comprising of a high resolution 5-axis stage which moves the substrate below the aerosol stream under Computer Numerical Control (CNC). An overview of the AJP apparatus and process is illustrated in Figure 1B. AJP has been applied to print a diverse range of materials including polymers, metal nanoparticles, ceramics, and proteins (De Silva et al., 2006; Holthaus and Rezwan, 2008; Grunwald et al., 2010; Maiwald et al., 2010; Hegge et al., 2011; Tamari et al., 2014; Rahman et al., 2016; Zare Bidoky and Frisbie, 2016; Phuah et al., 2020; Williams et al., 2020).
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FIGURE 1. A picture of the machine (A) and the description (B) of AJP technology. (1) A liquid sample is atomized. (2) An inert gas is used to increase the pressure in the atomizer chamber. (3) The aerosol is transported to the deposition head with the gas acting as a sheath around the aerosol. (4) The aerosol is focused and accelerated by a further annular sheath of inert gas. (5) The resulting high velocity jet is deposited onto the substrate. (6) The automated stage is moved to produce a pattern. (7) On/off patterning is achieved by interrupting the jet with a mechanical shutter.


In the field of bioprinting, the use of AJP as a direct-write technique capable of high-resolution deposition of biological materials for cell patterning have been reported by De Silva et al. (2006), and Grunwald et al. (2010). More recently Phuah et al. (2020) have demonstrated biological function of gelatin from AJP lines printed with a minimum width of 30 μm. These promising outcomes further illustrate the use of AJP in cell patterning, microarray and lab-on-a-chip applications, demonstrating that, compared to some bioprinting techniques, AJP offers the capacity to print a wider range of ink viscosities and at a higher spatial resolution. Although AJP has primarily been used for surface patterning, researchers are beginning to explore its potential for producing 3D microstructures with complex architectures (Saleh et al., 2017). Moreover, multi-material aerosol jet printing has been successfully demonstrated for the printing of multilayer and composite structures (Wang et al., 2016; Wilkinson et al., 2019b). Such capabilities illustrate the possible value of AJP in this field to enable a route for the development of devices with increased performance by harnessing the unique capabilities of the process.

In this work, poly(3,4-ethylenedioxythiophene):poly(styrene sulfonate) (PEDOT:PSS) was selected to investigate AJP for micro-scale deposition to create bespoke neuronal culture environments. Among the materials that promote cell attachment, the polymer PEDOT:PSS has received considerable attention because of its unique set of properties. The excellent biocompatibility, the superior flexibility compared to inorganic conductors, and the mixed ionic-electronic conductivity, which provides enhanced communication between cells and devices, make it an amenable interface with biological tissues (Owens and Malliaras, 2010; Higgins et al., 2012; Wang et al., 2016; Ohayon et al., 2017). In addition, PEDOT:PSS-based substrates have been shown to allow the direct electrical stimulation of electrogenic cells (e.g., neurons and muscle cells), regulating or inducing several biological functions (Gomez et al., 2007; Lundin et al., 2011). Such electrical stimulation is not the subject of this current work but its use in this founding research may permit such future extensions on the future. The use of AJP to reliably produce micro-scale printed structures in the region of 20 μm wide from PEDOT:PSS has already been successfully demonstrated by our group (Smith et al., 2018). In this present work, this material was deposited onto both planar glass substrates as well as poly(potassium 3-sulfopropyl methacrylate) (PKSPMA) polymer brush coated glass. PKSPMA polymer brushes have previously been shown to be non-toxic toward the SH-SY5Y neuroblastoma, and due to their hydrophilicity and charged surfaces shown to inhibit cellular adhesion (Pardo-Figuerez et al., 2018). As such when combined with a secondary material that promotes cellular adhesion this polymer is an ideal selection for creating pre-determined regions of neuronal patterning. This pairing of functional materials to create complex small-scale patterns was investigated to provide a new route to model substrates representing variations of in vivo neural environments. During this research, the SH-SY5Y human neuroblastoma cell line was utilized, due to complexities of sourcing primary human motor neurons for experimentation. SH-SY5Y cells are a heterogeneous neuron like cell population, capable of differentiating and propagating neurites following exposure to differentiation media. This cell line also has the ability to display the dopaminergic, adrenergic and cholinergic markers typical of in vivo neural biology (Pahlman et al., 1984; Kume et al., 2008; Xie et al., 2010). Without precise control over the features of the culture substrate, in vitro neuronal cultures are characterized by chaotic environments with unpredictable neuronal directionality. Recreation of organized network structures, and consequently cellular functionality, is therefore a key step to begin building an in vitro model that mimics the neuronal circuits found in vivo, increasing the applicability of the models toward investigation of the cellular and molecular mechanisms regulating health and disease of the human nervous system.



MATERIALS AND METHODS


Materials

The chemicals (3-aminopropyl)-triethoxysilane (APTES, >98%), triethylamine (TEA, >99.5%), 2-bromoisobutyryl bromide (BIBB, >98%), copper(I) bromide (CuBr, 99.999%), copper(II) bromide (CuBr2, 98%), 2,2′-bipyridyl (Bpy, 99%), 3-sulfopropyl methacrylate potassium salt (KSPMA, 98%), (3-glycidyloxypropyl)trimethoxysilane (GOPS, >98%), tetrahydrofuran (THF, >99%), methanol (MeOH, >99.8%), acetone [(CH3)2C = O] and ethylene glycol [(CH2OH)2, >99.8%] were purchased from Sigma-Aldrich (Sigma, United Kingdom). PEDOT:PSS (Clevios PH1000TM) was purchased from Heraeus Holding (Germany). Glass slides (1.0–1.2 mm thick in dimensions of 25.4 mm × 76.2 mm) were purchased from Scientific Glass Laboratories Ltd. (United Kingdom). For cell culture experiments, Dulbecco’s Modified Eagle Medium (DMEM) GlutaMAX, heat inactivated fetal bovine serum (FBS), Penicillin/Streptomycin (P/S, 10,000 units penicillin and 10 mg streptomycin/mL), alamarBlue® viability assay kit, 4′,6-diamidino-2-phenylindole (DAPI) nuclei counterstain and Alexa Fluor® 488 goat anti-mouse IgG were purchased from Fisher Scientific (United Kingdom). Primary antibody monoclonal anti β tubulin III produced in mouse (∼2.0 mg/mL) was acquired from Sigma. All chemicals and reagents were used as per the manufacturer’s instructions.



Substrate Preparation for Aerosol Jet Printing


Glass Substrates

Glass slides were washed in acetone, methanol and distilled water (dH20) and exposed to oxygen plasma (Inseto PE-25) at 75W and a 15 cm3 oxygen flow rate for 120 s to remove surface contaminants before the aerosol jet process.



PKSPMA Polymer Brush Coated Glass Substrates

Glass slides were washed in acetone, methanol and dH20 before being cleaned for 15 min with a UV/O3 cleaner (PR-100, UVP). Cleaned glass slides were placed in a vacuum oven along with 10 drops of APTES on aluminum foil. The vacuum was activated and the glass slides were exposed to the APTES vapor for 30 min at room temperature (RT). Samples were then placed in an oven for 30 min at 110°C. APTES-functionalized samples were placed in dry tubes and purged for 1–2 min with N2. The following reagents were then added by syringe: dry THF (10 mL), dry TEA (0.3 mL, 0.21 g, and 2.1 mmol) and BIBB (0.26 mL, 0.48 g, and 2.10 mmol). The tubes were then N2 purged for an hour with the samples immersed in this solution at 25°C. Samples were taken out and rinsed with THF, methanol and dH20, and then dried under a flow of N2. For the polymer brush attachment, PKSPMA (17.29g and 70.2 mmol) methanol and dH20 (2:1 v/v) were stirred and degassed by bubbling through N2 for 20 min in a 100 mL sealed three-neck round bottom flask. After 10 min the monomer was dissolved and 2, 2′-bipyridyne (0.651 g and 4.17 mmol) and copper(II) bromide (0.0179 g and 0.08 mmol) were added. The mixture was stirred and degassed for an hour at 25°C, followed by the addition of copper(I) bromide (0.230 g and 1.6 mmol). Following this step the monomer solution was transferred into tubes containing the initiator coated samples. A N2 filled balloon was added to maintain an inert atmosphere for 24 h at 25°C. After the polymerization was complete, the samples were washed sequentially with methanol and dH20, and dried under N2.



Machine Set Up, Material Formulation and Aerosol Processing Parameters

An Optomec Aerosol Jet print engine was engineered into a programmable 5-axis Cartesian stage controlled through a control code (G-Code) input to Mach3 CNC software, which moves the substrate below the aerosol stream with micrometer scale precision. N2 was used as the inert sheath and atomizer gas. This apparatus is illustrated in Figure 1. For the initial determination of a suitable print formulation a chemical composition experiment was conducted with: PEDOT:PSS (0.52–1.04%), Ethylene Glycol (0–20%), and dH20 (78.96–99.48%). Full details of the different materials tested are included in the Supplementary Material associated with this document (Supplementary Table 1). Machine processing parameters were varied with this material to optimize the print quality. A 4-way full factorial matrix style DOE was conducted to investigate the effects of; sheath gas flow rate (30-40 standard cubic centimeters per minute, sccm), atomizer gas flow rate (20-25 sccm), print platform scanning speed (70–90 mm/min) and nozzle height from platform (2.5–3.5 mm). The nozzle size was fixed at 100 μm and the atomizing current was kept constant at 0.65 mA. The surrounding environmental factors were closely controlled to minimize the effect on the final material deposition. The specific material and process combinations are included in the Supplementary Table 3.



Substrate Characterization

Phase contrast microscope images were taken using a LEICA DMIL microscope with a 20× magnification objective. White light interferometry measurements were taken using a 3D Optical Profilometer Zygo NewView 5000. Cross sectional data was analyzed for the maximum height, width at the base of the profile, width at half height and cross-sectional area. Atomic force microscopy measurements were taken using a Veeco Explorer to characterize maximum height, width at the base of the profile, width at half height and surface roughness.



Substrate Preparation for Biocompatibility Screening

Glass slides were cut into rectangles of an area of 2.5 cm2, washed in acetone, methanol and dH20 and then cleaned with a UV/O3 photo reactor (PR-100, UVP). Samples were each UV/O3 treated for 15 min. Slides were then coated with a 400 μL solution containing varying concentrations of PEDOT:PSS, GOPS, ethylene glycol and dH20 (Table 1). These samples were then baked in an oven at 150°C for 15 min to remove any solvent, leaving a film of the PEDOT:PSS material adhered to the surface of the glass.


TABLE 1. Print formulations used to determine biocompatibility.
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Cell Culture Methodology


Neuronal Culture Procedures

The SH-SY5Y neuroblastoma cell line (ECACC) was cultured in growth media (GM) consisting of DMEM GlutaMAX supplemented with 10% v/v heat inactivated FBS and 1% v/v P/S. Cells were incubated in an humid environment of 5% CO2 atmosphere at 37°C until they reached an 80% confluency. Cells were treated with trypsin enzyme for detachment, counted and plated evenly onto the patterned samples at a density of 1 × 104 cells/cm2. These samples were cultured in GM for a period of 24 h and thereafter, neuronal differentiation was induced by incubating cells in differentiation media (DM), consisting of DMEM GlutaMAX, 10% heat inactivated FBS, 1% P/S and 10 μM of retinoic acid (RA) differentiating agent for another 72 h. All experimental conditions were compared against untreated glass slides. Patterned samples were then fixed for immunocytochemistry. Prior to experimentation, patterned samples were sterilized by incubation in 70% ethanol, and then left to dry under sterile conditions in a biological safety cabinet, followed by an hour period of UV irradiation.



PEDOT:PSS Biocompatibility Experimental Treatments

PEDOT:PSS coated glass samples were used to evaluate the direct (n = 3) and indirect (n = 3) biocompatibility of each polymer per repeat (n = 2). To assess direct biocompatibility, 1 × 104 cells were seeded directly onto the samples. Control wells (CON, non-patterned glass) were also seeded at 1 × 104 cells per well in 2 mL GM. To assess the in-direct biocompatibility of chemical leachate from each substrate, coated glass samples were placed in acellular wells, containing only medium. Chemically leached medium was then transferred to its corresponding experimental well during each repeat, ensuring that cellular medium was directly representative of either cumulative sample degradation or CON at each specific time-point. Each media only well was pre-incubated with 2 mL GM for 24 h prior to commencing each experiment, to ensure cells were seeded within media that had been exposed to the chemical leachate of each sample. Medium, once transferred to experimental wells, was replenished for further 24 h incubation prior to each subsequent media change. During the last 24 h in which the cells were cultured in GM, DM was added to the media only wells in preparation to induce differentiation in cell cultures.



Immunocytochemistry

Cells were fixed with 3.7% formaldehyde in phosphate buffered saline solution (PBS) and subsequently blocked and permeablised with 5% goat serum (GS) and 0.2% Triton-X100 in tris-buffered saline (TBS, pH 8.5) for 30 min at RT. Thereafter, a solution with monoclonal mouse anti-β-tubulin III (1:200) antibody and 2% GS in TBS was added and incubated for 2 h. This solution was removed and AlexaFluor488®-conjugated goat anti mouse IgG (1:200) was added along with nuclear counter stain DAPI (1:1000), containing 2% GS and 0.2% Triton-X100 in TBS. The solution was incubated in the dark for an hour and thereafter, samples were rinsed with TBS and mounted onto cover slides using FluoromountTM Aqueous Mounting Medium.



Image and Statistical Analysis

Fluorescence microscope images were taken using a LEICA DM2500 fluorescence microscope with a 20× magnification objective. Each experimental condition consisted of a minimum of 2 substrates per technical (biological) repeat, with a minimum of 3 technical repeats per condition. Five random images were taken at the end of the experimental repeat for every sample at every line width, totaling a minimum of 30 images analyzed per condition. Nuclei and neurite alignment were obtained using a customized Fiji macro plugin. The angle of the nuclei/neurite was obtained by using the channels as the reference point. Consequently, vertical lines parallel to the line edges were considered as the point where cells were perfectly aligned (0 degrees). The nuclei/neurite alignment was then cumulatively expressed by interquartile ranges. Statistical analyses and significance of data were determined using IBM© SPSS© Statistics version 23. All the data is presented as mean (±standard deviation), derived from the means of each of the 6 unique substrates (minimum value, 3 technical repeats). Statistical differences between data were measured via a one way ANOVA followed by a Tukey’s post hoc test. Differences were considered statistically significant for p≤0.05.



RESULTS AND DISCUSSION


Development of a PEDOT:PSS Material Formulation for Aerosol Jet Printing

Different examples of inks based around commercial formulations of PEDOT:PSS containing a co-solvent regime of dH20 and ethylene glycol can be found in literature for printing with AJP (Ha et al., 2010, 2013; Kim et al., 2013; Aga et al., 2014; Hong et al.,2014a,b; Zare Bidoky and Frisbie, 2016). In this work, CleviosTM PH1000 formulation, a commercially available aqueous dispersion of PEDOT:PSS with a 1.0–1.3% solid content and a viscosity of 15-50 cP (as reported by the supplier H.C. Starck, Leverkusen, Germany) was employed. Using PH1000 as the functional material, a methodology was established for testing the dilution ratios of the two co-solvents (water and ethylene glycol) for AJP to highlight the importance of the initial solvent mixture and define a suitable PEDOT:PSS ink to use during subsequent processing. As a 10% by volume dilution using ethylene glycol is frequently used in the literature (Ha et al., 2010, 2013; Kim et al., 2013; Hong et al.,2014a,b) the upper and lower limits in this experiment were set to 0 and 20% by weight to test around an already proven formulation. The nine material formulations are generated at defined locations between the upper and lower concentration bounds and are reported in Supplementary Table 1. The corresponding printed lines were observed by optical microscopy and evaluated in terms of line uniformity, overspray, homogeneity and feature size. Representative images of the printed lines obtained using each formulation are included in the Supplementary Material attached to this document (Supplementary Figure 1) and the observations of each result are summarized in Supplementary Table 2. From this analysis it was evident that formulation P4 (1.04% v/v PEDOT:PSS, 20% v/v ethylene glycol, 78.96% v/v dH20), generated the most uniform line, with minimal overspray and also a narrow line width (Supplementary Figure 2). For this reason, it was selected for further investigation.



Characterization of Machine Processing Parameters to Generate Micro-Features

Producing suitable aerosol-jet printed micro-scale features with the ultrasonic atomizer requires precise control over key processing variables, such as the atomization frequency, the flow rate of the carrier gas that transports the aerosol mist to the substrate (carrier flow), the flow rate of the sheath gas that collimates the aerosol into a narrow beam (sheath flow), nozzle diameter, the speed of the substrate under the beam (stage speed), and the distance between the substrate and the nozzle (working distance). The relationship between adjustable process parameters and the geometry of the aerosol-jet printed lines has been documented previously by Mahajan et al. (2013) in the case of printing silver nanoparticles; within this framework, they evidenced that the critical factors affecting silver track size are the ratio of the sheath and carrier gas flow rates (defined as the focusing ratio) and the stage speed. In particular, they reported that the line width decreases with increasing the focusing ratio and stage speed. Simultaneously, the thickness increases with increasing the focusing ratio but decreases with increasing stage speed. These results were also confirmed in our early studies on the aerosol-jet printing of PEDOT:PSS micro-features (Smith et al., 2018). Moreover, previous results from our group defined the processing conditions to reliably print PEDOT:PSS lines in the region of 20 μm wide (100 μm diameter nozzle, atomizing current 0.65 mA, sheath flow 40 sccm, carrier flow 20 sccm, stage speed 70 mm/min, working distance 3 mm) (Smith et al., 2018). Subtle variations in these key processing parameters can have a significant impact on the rate of material deposition and ultimately the precise geometries deposited onto the substrate.

Starting from the above mentioned previous studies (Mahajan et al., 2013; Smith et al., 2018), the generation of precise micro-features of PEDOT:PSS (formulation P4, 1.04% v/v PEDOT:PSS, 20% v/v ethylene glycol, 78.96% v/v dH20) on glass substrates via AJP was informed by a full factorial design of experimentation (DoE) assessing the relative importance of four variables on PEDOT:PSS track profile: sheath flow, carrier flow, working distance and stage speed (see section “Materials and Methods” and Supplementary Table 3 for details).

White light interferometry was used to assess the cross sectional area, width at base, width at half height and the step height of the sixteen different PEDOT:PSS tracks deposited via AJP onto glass substrates (see “Materials and Methods” section for details). The results for the full DoE are reported in Supplementary Table 4. The PEDOT:PSS tracks printed in these trials showed a width at half height ranging from 20 to 40 μm, a width at base from 30 to 50 μm, and a cross sectional area from 5.5 to 12 μm2.

The results of the analysis of the sensitivity of the process to individual variables are displayed in Supplementary Table 5. The analysis of two and multi factors interactions are available, respectively, in Supplementary Tables 6, 7. These results confirmed that cross sectional area is reduced by increasing sheath gas from 30 to 40 sccm, reducing carrier gas from 25 to 20 sccm, and increasing stage speed from 70 to 90 sccm, and identified the sheath and carrier flow ratio as the primary influence on track profile. The effect of varying the working distance, and the effect of two and multi factor interactions were negligible in comparison. In conclusion, to make large changes to the line geometry, the carrier gas should be changed first. Once a geometry in a suitable region has been achieved, it should be tuned by changes to the sheath gas flow rate and the stage speed.



Printing Micro-Features for SH-SY5Y Cells Alignment

The analysis of the interactions reported in the previous paragraph informed the settings of processing parameters for the application of PEDOT:PSS aerosol jet printed micro-features to be used to guide neuronal cell culturing. Since previous literature has demonstrated increased SH-SY5Y neurite and nuclei alignment for cells confined within patterned substrates with a width <100 μm (Nam et al., 2014), we focused on suitable processing parameters to manufacture track sizes of 15, 20, 30, 40, and 50 μm, that would promote significant neuronal alignment. In these experiments, the scanning speed and the working distance were fixed, respectively, at 100 mm/min and 3 mm; for each track size, the corresponding nozzle size, sheath flow and carrier flow are summarized in Table 2. Regarding the nozzle size, previous studies have demonstrated that the printed line width and thickness are also a function of this process parameter, evidencing that finer lines are produced from smaller nozzles (Mahajan et al., 2013). However, as focusing ratio increases, the pressure built up in the nozzle represents a limitation for smaller nozzles, as the maximum pressure is reached at lower focusing ratios when compared with larger nozzles. Except for the line widths <20 μm, almost the entire spectrum of line widths achieved using a 100 μm nozzle can be achieved with a 150 μm nozzle at comparatively higher sheath gas flow rates. The use of larger nozzles presents many advantages compared to the smallest ones; larger nozzles yield a wider range of both line width, sustain higher sheath gas flow rates and reduce the risk of clogging (Mahajan et al., 2013). For these reasons, except for 15 and 20 μm lines, the 150 μm nozzle was used for the rest of the target line width.


TABLE 2. Aerosol jet printing (AJP) machine processing parameters used to achieve a range of PEDOT:PSS track widths on a glass substrate.

[image: Table 2]In order to be employed as a substrate template for neuronal cell culturing, the Aerosol Jet printed PEDOT:PSS patterns must be stable when placed in aqueous physiological conditions for long periods of time without showing delamination or redispersion. Using the above mentioned formulation (formulation P4, 1.04% v/v PEDOT:PSS, 20% v/v ethylene glycol, 78.96% v/v dH20), printed PEDOT:PSS features showed significant degradation when submerged in cell culture media for 72 h, and in some cases complete removal from the glass substrate. To avoid delamination/degradation of the films in aqueous environment, PEDOT:PSS dispersions are typically mixed with other chemical compounds, with notable attention focused toward the silane based cross-linking agent 3-glycidoxypropyltrimethoxysilane (GOPS), that is often adopted to enhance the mechanical stability of PEDOT-based devices on glass and plastic substrates (Zhang et al., 2016; ElMahmoudy et al., 2017). With respect to cell culture applications, while the addition of GOPS promotes PEDOT:PSS adhesion to glass substrates, it must not compromise the biocompatibility of the material. For this reason, the effect of the addition of GOPS adhesion promoter to the previously defined print formulation on the final material biocompatibility was first investigated, and the results are reported as follows.



Development of a Biocompatible PEDOT:PSS Formulation for Neuronal Culture

The effect of the addition of GOPS adhesion promoter to the previously defined PEDOT:PSS formulation on the final material biocompatibility was investigated for the SH-SY5Y neuronal cell line (see Table 1 and Cell Culture Methodology details in the “Materials and Methods” section). For all the formulations, there was no visible degradation or peeling after incubation in neuronal GM for 72 h. As evidenced in Figure 2A, SH-SY5Y cells were shown to demonstrate reduced cellular viability when compared to control after 48 h in growth media (GM) when cultured in the chemical leachate from PEDOT:PSS formulation 1 (P < 0.05) and formulation 3 (P < 0.05). There was no significant difference when comparing between each of these formulations. However, after 72 h in differentiation media (DM), formulation 2 (P < 0.0001) and formulation 3 (P < 0.05) displayed increased cellular viability compared to control (Figure 2B). When comparing between formulations there was a significant increase in viability shown by formulation 2 (P < 0.0001) and formulation 3 (P < 0.001), suggesting a cellular preference over formulation 1. This indicates the inclusion of increasing concentrations of the adhesion promotor GOPS to have a negative effect on cellular behavior. This result was confirmed by SH-SY5Y neuronal cells cultured directly onto the materials, which demonstrated a preferential cellular response for formulation 2 (P < 0.0001) and formulation 3 (P < 0.001) after 48 h in GM (Figure 2C). After 72 h in DM, formulation 2 had a preferential cellular response over both formulation 1 (P < 0.0001) and also formulation 3 (P < 0.05) (Figure 2D). The viability data for the 3 formulations suggests that each of these biomaterials is a viable culture material for SH-SY5Y when cultured indirectly in the chemical leachate. However, when cultured directly onto these materials then formulation 2 (2% GOPS) is preferential.
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FIGURE 2. (A) Cellular viability of SH-SY5Y neuroblastoma cells cultured in the chemical leachate of PEDOT:PSS coated glass substrates after 48 h in neuronal GM. (B) Cellular viability of SH-SY5Y neuroblastoma cells cultured in the chemical leachate of a PEDOT:PSS glass substrates after 72 h in neuronal DM. (C) Cellular viability of SH-SY5Y neuroblastoma cells cultured directly onto a PEDOT:PSS glass substrates after 48 h in neuronal GM. (D) Cellular viability of SH-SY5Y neuroblastoma cells cultured directly onto a PEDOT:PSS glass substrates after 72 h in neuronal DM. Data presented as mean ± SD from n = 6 experimental repeats in each condition. # significantly different within group, * significantly different from control (P < 0.05). (E–H) Morphological staining of SH-SY5Y neuroblastoma cells cultured directly on PEDOT:PSS coated glass substrates: (E) uncoated glass control, (F) formulation 1, (G) formulation 2, (H) Formulation 3. Green = β-tubulin, blue = DAPI. Scale bar = 100 μm. (I) Average neurite length of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured in both the chemical leachate of a PEDOT:PSS coated glass substrate and directly onto the material. (J) Nuclei number per microscope field (MF, 20× magnification) of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured in both the chemical leachate of a PEDOT:PSS glass substrate and directly onto the material. Data presented as mean ± SD from n = 6 experimental repeats in each condition. # significantly different within group, * significantly different from control (P < 0.05).


Neurite length was also assessed as a morphological indication of SH-SY5Y differentiation on each of the substrates. Figures 2E-H report the morphological staining of SH-SY5Y cells cultured directly on PEDOT:PSS coated glass substrates, respectively, for control (E), formulation 1 (F), formulation 2 (G), and formulation 3 (H). Figure 2I shows that the average neurite length increased significantly across each formulation when compared to control (all P < 0.05) after 72 h in DM when cultured in the chemical leachate from each material, without any difference when comparing between formulations. However, there was a reduction in neurite length observed in formulation 1 (P < 0.0001) and formulation 3 (P < 0.001) when compared to control after 72 h in DM when cultured directly onto the material. There was also a significant increase in neurite length demonstrated by formulation 2 when comparing directly with both formulation 1 (P < 0.0001) and formulation 3 (P < 0.01). As shown in Figure 2J, no significant difference was observed between the nuclei numbers of each condition after 72 h of culture in the chemical leachate of each material. However, formulations 1 (P < 0.0001) and 3 (P < 0.0001) demonstrated a reduction in nuclei number when compared to both control, and also formulation 2 (all P < 0.05), when cultured directly onto the materials. The significant reductions in morphological behavior demonstrated by formulation 1 discounted the inclusion of this condition in further optimization reported below.



Topographical Characterization of PEDOT:PSS Micro-Features for SH-SY5Y Cells Alignment on Glass and PKSPMA Coated Glass Substrates

The effect of the addition of the adhesion promoter GOPS on the printability of the PEDOT:PSS formulation P4 was investigated, and the remaining formulations (formulation 2 and 3) were tested for aerosol jet printing deposition. These experiments showed that by using higher concentration of GOPS (>1%) the printing quickly starts to become unstable, resulting in non-uniform patterns, until the complete and permanent clogging of the nozzles. Since the clogging of the nozzle did not occur for lower GOPS concentration, formulation 3 was then selected for the printing of PEDOT:PSS micro-features for SH-SY5Y cells alignment, using the printing parameters reported in Table 2. Using this new formulation, there was a noticeable decrease (average 24.2%) in the printed line width at the same process conditions after the addition of the adhesion promotor. This decrease could be accounted for by slightly changing the print parameters so was deemed acceptable. The profile of the printed PEDOT:PSS tracks on glass substrates using this new formulation was analyzed by white light interferometric measurements: a representative example of these measurements is reported in Figure 3, which shows the 2D top down graphical representation (A), the 3D graphical representation (B) and the 2D cross sectional graphical representation (C) of a track profile.
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FIGURE 3. Representative white light interferometry measurements of PEDOT:PSS tracks on a glass substrate: (A) 2D top down graphical representation, (B) 3D graphical representation, and (C) 2D cross sectional graphical representation of a track profile. (D) Track width at half height vs. track cross sectional area. (E) Track width at half height vs. track width at base. (F) Atomic force microscopy measurements of PEDOT:PSS tracks on a glass substrate. (G) A representative AFM image of the surface of the tracks. White light interferometry measurements of PEDOT:PSS tracks on a PKSPMA coated glass substrate. (H) Track width at half height vs. track cross sectional area. (I) Track width at half height vs. track width at base.


The results of white light interferometry measurements of PEDOT:PSS tracks on glass substrate can be analyzed by directly comparing the geometric parameters of the printed tracks (i.e., cross sectional area, width at half height, track width at base). As evidenced in Figure 3D, a logarithmic relationship (R2 = 0.906) was observed between track cross sectional area and width at half height, indicating an increase in track width in proportion to the square root of the track area. Equally a linear relationship (R2 = 0.979) between track width at the base and half height (Figure 3E) indicates that a comparable track profile was generated throughout the experiments, regardless of alterations in print processing parameters. The linear relationship between width at base and width at half height (R = 0.9426) was confirmed by further analysis via atomic force microscopy (AFM) (Figure 3F). Roughness measurements from the AFM suggested a smooth surface (Ra < 3.5 nm, RMS < 4.1). Measurements of the track heights were also taken and are included in the Supplementary Material attached to this document (Supplementary Figure 3).

The specifics of the line geometry such as the overall shape, maximum height, width at base, width at half height, side wall angle and surface roughness are subject not only to influences from the material formulation and process parameters, but also material/surface interaction and drying characteristics. White light interferometry was also used to assess deposits of PEDOT:PSS onto a PKSPMA coated glass substrate. A logarithmic relationship (R2 = 0.841) was observed between track cross sectional area and width at half height, with the profiles achieved typically being highly comparable to those generated on the non-treated glass substrates (Figure 3H). A linear relationship was observed between width at half height and width at the base (R = 0.916), once again suggesting a consistent print profile both across the different track sizes and also when comparing between substrates (Figure 3I). The smaller contact angle of water on PKSPMA indicates a more hydrophilic surface than cleaned glass. This resulted in increased spreading of the deposit on the surface resulting in wider lines at the same processing parameters.

The non-linear relationship between cross sectional area and track width, evidenced on both glass (R2 = 0.906) and the PKSPMA (R2 = 0.841), is typical of jetting processes, with track widths typically proportional to the square root of the track area. This trend gives rise to an asymptotic relationship between track width and area. The printed tracks proved to be of a uniform geometry independent of material deposition rates or the overall track width. This was confirmed by a strong linear relationship between track width at the base and track width at half height, on both glass (R2 = 0.979) and the PKSPMA (R2 = 0.916) coated glass substrate.



Characterization of Neuronal Alignment on PEDOT:PSS Micro-Features Printed Onto a Glass Substrate and a PKSPMA Polymer Brush Coated Glass Substrate

SH-SY5Y cells were cultured onto PEDOT:PSS tracks deposited onto glass substrates via AJP, following the experimental protocol reported in the “Materials and Methods” section. Figures 4A–F reports the morphological staining of SH-SY5Y neuroblastoma cells cultured on patterned PEDOT:PSS glass substrates with different track widths. As shown in Figure 4G, a significant increase in nuclei alignment (all P < 0.0001) was demonstrated across each of the track sizes when compared to control. However, there was no increase in alignment when comparing between tracks of differing widths. The same trend was observed for the neurite alignment with a significant increase (all P < 0.05) across track sizes against control, but with no change when comparing between tracks of differing widths (Figure 4H). There was however a non-significant reduction in both average nuclei alignment (26.5%) and average neurite alignment (20.3%) when comparing between the 50 and 15 μm tracks. This data indicates a strong cellular response to the topography generated by the AJP printed PEDOT:PSS tracks. There was no statistical significance when comparing average neurite length between all the different substrate conditions indicating no change in cellular differentiation in response to this topography (Figure 4I).
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FIGURE 4. Morphological staining of SH-SY5Y neuroblastoma cells cultured on patterned PEDOT:PSS glass substrates. Green = β-tubulin, blue = DAPI. Arrow indicates direction of PEDOT:PSS tracks deposited via aerosol jetting. (A) Untreated glass control. (B) 50 μm tracks. (C) 40 μm tracks. (D) 30 μm tracks. (E) 20 μm tracks. (F) 15 μm tracks. Scale bar = 100 μm. (G) Nuclei alignment of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured directly onto a patterned PEDOT:PSS glass substrate. (H) Neurite alignment of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured directly onto a patterned PEDOT:PSS glass substrate. (I) Average neurite length of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured directly onto a patterned PEDOT:PSS glass substrate. Data presented as mean ± SD from n = 6 experimental repeats in each condition. ∗significantly different from all other conditions (P < 0.05).


These results indicated that the SH-SY5Y cell line responded to the topographical stimulus generated by the AJP deposited tracks, without significant alteration to the morphology of the cell. However, no statistical variation in neurite or nuclei alignment between each of the track sizes was observed. This suggested that whilst the cells responded to the topographical stimulus generated by the jetted bio-substrate, the addition of a secondary chemical stimulus would be required to facilitate greater cellular alignment.

Polymer brush coated glass surfaces have previously been utilized to generate bio-substrates that prevent direct neuronal adhesion, but do not inhibit cellular growth and differentiation elsewhere in the culture (Zhou et al., 2013). PKSPMA polymer brush coated glass substrates have previously been shown to demonstrate these properties, making it an ideal candidate as the “repulsive” chemical coating to complement our “attractive” PEDOT:PSS printed tracks. For this reason, experiments were repeated culturing SH-SY5Y cells onto PEDOT:PSS tracks deposited onto PKSPMA coated glass substrates via AJP. Figure 5A report the morphological staining of SH-SY5Y neuroblastoma cells cultured on PEDOT:PSS patterned PKSPMA coated glass substrates with different track widths. Figure 5B demonstrates a significant increase in nuclei alignment (all P < 0.0001) across each of the track sizes when compared to control. Likewise, tracks >50 μm in width demonstrated reduced nuclei alignment than all the 40 μm (P < 0.05), 30 (P < 0.05), and 20 μm tracks (P < 0.001). No statistical significance was observed when comparing between the 3 smallest track sizes, however, the most aligned nuclei were observed in cells cultured onto the 20 μm tracks (IQ range = 9.3 ± 2.7), indicating a relationship between reduced track width and cellular alignment (Figure 5C). All track sizes showed increased neurite alignment when compared with control (all P < 0.0001), but with no variation when comparing between tracks of different widths. This indicates that whilst the chemical and topographical cues generated by the substrate resulted in increased neurite alignment, the submicron geometries of SH-SY5Y neurites necessitates a further reduction in track width to facilitate further alignment. There was no statistical significance when comparing average neurite length between all the different substrate conditions indicating no change in cellular differentiation in response to this topography (Figure 5D).
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FIGURE 5. (A) Morphological staining of SH-SY5Y neuroblastoma cells cultured on PEDOT:PSS tracks deposited via AJP onto PKSPMA coated glass substrates. Track widths ranging from 20 to 100 μm (left to right). Green = β-tubulin, blue = DAPI. Scale bar = 100 μm. (B) Nuclei alignment of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured directly onto a PEDOT:PSS patterned PKSPMA coated glass substrate. (C) Neurite alignment of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured directly onto a PEDOT:PSS patterned PKSPMA coated glass substrate. (D) Average neurite length of SH-SY5Y neuroblastoma cells after 72 h in DM, cultured directly onto a PEDOT:PSS patterned PKSPMA coated glass substrate. Control condition refers to untreated glass. Data presented as mean ± SD from n = 6 experimental repeats in each condition. # significantly different within group, ∗significantly different from all other conditions (P < 0.05).


These results demonstrated that the addition of the “repulsive” PKSPMA coating significantly increased nuclei and neurite alignment across all track sizes. For the smallest of these track sizes (20 μm) nuclei alignment (IQ range) reduced from 22.5 to 9.3 through the addition of the repulsive coating. This trend was consistent when comparing between each of the track sizes, with the highest IQ range for the coated samples (50 μm = 21.8) being lower than all but the 15 μm uncoated substrates.



Complex PEDOT:PSS Pattern Design Printed Onto PKSPMA Polymer Brush Coated Glass Substrate

To demonstrate some of the potential of this AJP technique, bespoke freeform patterns were generated using the optimized PEDOT:PSS formulation (Figure 6) and subsequently used to show designed cell culture formations. The individual patterns in this example were printed within a period of between 6 s (pattern A) and 20 s (pattern D). The print time for the entire set of patterns was <90 s. The designs used were selected to illustrate the ease at which increasing complexity could be achieved and to show the design freedom afforded by this technology. Complementary to the processing speed, is also the efficiency of material usage as the material is only printed where required. This material usage is much lower compared to other manufacturing techniques (Lan et al., 2017).
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FIGURE 6. Complex poly(3,4-ethylenedioxythiophene)-poly(styrenesulfonate) (PEDOT:PSS) pattern printed onto a poly(potassium 3-sulfopropyl methacrylate) (PKSPMA) coated glass substrate generated via AJP. (A) Patterned surface imaged before cell culture. (B–D) Morphological staining of SH-SY5Y neuroblastoma cells cultured on patterned substrate. Green = β-tubulin, blue = DAPI. (Scale bar (A) = 500 μm, (B,C) = 50 μm, (D) = 100μm).


However, when considering the use of AJP there are some other characteristics that should also be considered. One consideration is the speckling or overspray effect which was observed. This results in a small number of particles outlying the edges of the line track, effecting the edge definition (Reitberger et al., 2016). When printing smaller line widths (<20 μm), high sheath or low atomization gas flow rates can result in areas where the line pinches inwards or discontinues (Tait et al., 2015). The ends of lines are regions of unpredictability, as the deceleration of the stage and the machine shutter lead to additional material build-up. The materials and processing definitions are also not well documented for many new materials. This means that in practical terms, whenever a new material is desired, a significant amount of effort must be put into determining the materials suitable printing parameters, and identifying effects that may be specific to the intended application (Agarwala et al., 2017). Most of this definition focusses on line width and surface interactions alone, and currently specifications for height or specific line profiles are not yet commonplace. For this reason, material processing characterization for all new print formulations, such as the data detailed in this research, is important to developing a fuller suite of functional materials for AJP.



CONCLUSION

In this work a materials formulation (1.04% v/v PEDOT:PSS, 20% v/v ethylene glycol, 78.96% v/v H2O, 1% v/v GOPS) that allowed precise AJP deposition of PEDOT:PSS was developed, capable of producing smooth (Ra < 3.5 nm and RMS < 9 nm) tracks with micro-geometries (widths < 20 μm and depths < 500 nm). The addition of an adhesion promotor (GOPS) allowed these bio-substrates to be exposed to a cell culture environment for a period of 96 h without any feature degradation. These tracks were printed onto both glass and PSKPMA polymer brush coated glass substrates. Subsequently these bio-interfaces were cultured with the SH-SY5Y cell line and shown to induce significant neurite and nuclei alignment within the culture, by generating chemical and topographical cues. We have demonstrated that the process allowed the manufacture of customizable patterns, as well as the use of multiple materials to allow increased substrate functionality. To develop this concept further future work will focus on additional development and characterization of both the bio-substrate, including a comprehensive assessment of bio-substrate electrical properties such as conductivity/impedance within culture mediums, as well as additional characterization of the neuronal population including functional assessment, e.g., live cell calcium imaging, electrical field stimulation, and additional mapping of morphological and genetic development across prolonged experimental time courses. In addition, the application of this technology to biological environments (e.g., ocular, cortical, and/or neuromuscular) whereby controlled cellular development and increased functionality which require complex anisotropic bio-substrates will require additional demonstration.

This manufacturing approach allows the creation of complex 2.5D topographical substrates for in vitro cell culture studies while allowing rapid iterative design changes, and so extending the range and diversity of studies that can be explored effectively and economically. The entire design and manufacturing process is digitally driven, thereby providing the capability to rapidly alternate and produce different cell guidance designs, and to do so within time and cost boundaries that would be unachievable by template-based manufacturing approaches. Wider appealing factors of such a digital manufacturing include the ability to remotely receive designs from around the globe to distributed manufacturing locations, thus extending the reach of the research community it may serve. It is suggested that future research could extend capabilities and applications by further developing the range of printable bio-materials, whilst increasing the complexity of design through the generation of multi-material and 3D substrates, opening new possibilities to create realistic in vitro cell models. Lastly, but significant to its uptake; this scalable, accurate and reproducible digitally-driven processing technology could enable mass production of these novel substrates, paving the way toward potential industrial translation in a wide variety of practical applications, such as modeling diseases and drug discovery.
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Identification and approval of new drugs for use in patients requires extensive preclinical studies and clinical trials. Preclinical studies rely on in vitro experiments and animal models of human diseases. The transferability of drug toxicity and efficacy estimates to humans from animal models is being called into question. Subsequent clinical studies often reveal lower than expected efficacy and higher drug toxicity in humans than that seen in animal models. Microphysiological systems (MPS), sometimes called organ or human-on-chip models, present a potential alternative to animal-based models used for drug toxicity screening. This review discusses multi-organ MPS that can be used to model diseases and test the efficacy and safety of drug candidates. The translation of an in vivo environment to an in vitro system requires physiologically relevant organ scaling, vascular dimensions, and appropriate flow rates. Even small changes in those parameters can alter the outcome of experiments conducted with MPS. With many MPS devices being developed, we have outlined some established standards for designing MPS devices and described techniques to validate the devices. A physiologically realistic mimic of the human body can help determine the dose response and toxicity effects of a new drug candidate with higher predictive power.
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INTRODUCTION

The development of new pharmaceuticals is time-intensive and expensive. A thorough assessment of a drug’s efficacy and safety must precede clinical testing in patients. Despite that rigorous evaluation, the success rate of clinical trials is low (Khalid et al., 2017). Preclinical tests conducted with animal models, despite their own benefits, often fail to show the same outcomes in human trials. It has been reported that of the drugs entering human clinical trials, 30% and 58% pass phase II and phase III, respectively (Thomas et al., 2016). The probability of drugs successfully moving from phase I to final approval is only about 9% (Thomas et al., 2016). Upon changing the patient selection process to have “selection biomarkers” as an inclusion or exclusion criteria, the probable success rate of drugs moving from phase I to approval stage increased to about 24% (Thomas et al., 2016). According to reports, out of the approved drugs in the market, 50% of the failures are due to unanticipated toxicity in patients (Tufts Center for the Study of Drug Development, 2013). Animal studies can falsely label a drug as “safe” or “toxic,” pointing to a need for more accurate alternatives to animal testing.

The development of human, cell-based multi-organ microphysiological systems (MPS) as a potential alternative to animal models has been pursued for over 20 years. An MPS is a miniature recapitulation of human organs fabricated in vitro to establish the functions of the organs. MPS can replicate the microarchitectures of human organs and mimic the human metabolism. The devices have inter-organ connections that allow drug metabolites generated in one organ or tissue to recirculate to all other organs within the system. In that way, drug metabolites can affect all tissues present in the system, offering the possibility of detecting secondary drug toxicity due to drug metabolites. MPS that are operated with human cells provide a unique opportunity for drugs to be tested in the context of human metabolism rather than that of an animal. The ability of MPS to detect the presence of toxic drug metabolites is an asset in improving the success rate of human clinical trials. The strive to achieve the same structural, functional, and biochemical attributes as a functioning human body makes MPS devices increasingly complex.

In this review, we discuss a variety of recently developed multi-organ MPS. We will also discuss opportunities to establish design criteria for MPS that offer a globally uniform and reproducible approach to experimentation with multi-organ MPS.



EXAMPLES OF MPS

Single-organ MPS have been constructed to serve as in vitro models for several different organs, such as the gastrointestinal (GI) tract (Kim et al., 2012; Lee et al., 2018), heart (Abulaiti et al., 2020), kidney (Wilmer et al., 2016), bladder (Sharma et al., 2021), liver (Deng et al., 2020), brain (Ndyabawe et al., 2021), lung (Huh et al., 2010), skin (Wufuer et al., 2016), skeletal muscle (Grosberg et al., 2012), bone (Bahmaee et al., 2020), vasculature (Wang et al., 2018), immune-system (Mitra et al., 2013), adipose tissue (Liu et al., 2019), and reproductive tract (Park et al., 2020). Here, we briefly discuss liver MPS, due to its significant role in drug metabolism, and a combination of single organ systems to establish more complex multi-organ MPS. We also highlight the development of MPS for three specific modules, namely the microvasculature, neuromuscular junctions, and the immune system, due to the recent interest in those modules, and their role in disease modeling.


Single and Multi-Organ MPS

Since the liver performs some of the most important processes of human metabolism, much work has been done to develop advanced MPS devices to model the liver (Deng et al., 2019; Moradi et al., 2020). The use of 3D human cell cultures, as opposed to 2D cultures, provides an advantage to the MPS. Further, using non-parenchymal cells in co-culture with hepatocytes enhances (Kostadinova et al., 2013) and regulates drug metabolism. Prodanov et al. (2016) used a unique approach to build a complex, multi-cellular 3D liver-on-chip model. Stacking 2D monolayers of hepatocytes, endothelial cells and Kupffer cells with 3D dispersal of stellate cells in collagen yielded an organotypic in vitro model of the liver (Prodanov et al., 2016).

Adding recirculating fluidic flow to multi-cellular 3D liver cultures provides an opportunity for fast-paced nutrient and gas exchange that further enhances in vitro liver metabolism (Esch et al., 2015). Lasli et al. (2019) co-cultured HepG2 and human umbilical vein endothelial cells (HUVECs) to form spheroids, which were then moved onto a chip system to establish a steatosis disease-on-a-chip model. They used a network of interconnected hexagonal microwells to help assess the hepatic function in the model for the purpose of its applicability in drug toxicity testing at a later stage.

To mimic the oxygen gradient present in the in vivo liver, Kang et al. (2020) created an in vitro liver model with a microfluidic platform capable of generating gradients of varying oxygen concentrations. This hypoxia-on-a-chip platform was used to demonstrate the metabolic and genetic responses of hepatocytes to oxygen gradients (Kang et al., 2020). In-depth reviews of liver-on-a-chip models have recently been published by Deng et al. (2019) and Moradi et al. (2020).

Interconnections between two or more organs are built to analyze drug-drug, and drug-organ interactions, and secondary drug toxicity. Both the drug candidate and the information researchers need to gather with the MPS determine the number of organ chambers that are incorporated into an MPS. For example, the question of how much drug is available in the bloodstream after oral administration can be answered with a two-organ system that contains physiologically relevant amounts of blood surrogate. Several systems that mimic the first-pass metabolism and the subsequent bioavailability of drugs or toxicants in the systemic circulation have been developed since 2009. Mahler et al. (2009) presented a proof-of-concept gut-liver MPS that replicates in vitro the dose-dependent toxicity of acetaminophen on liver cells after metabolism by intestinal epithelium and liver. Another two-tissue system with GI-tract, liver, and “other organ” compartment designed by Esch et al. (2014) was used to investigate the effects of orally ingested polystyrene nanoparticles on the liver. The “gut-liver-other tissue” design used fluorescently labeled nanoparticles to track their travel across the gut barrier into the liver, and the eventual liver toxicity. Lee and Sung integrated a 3D gut model with a HepG2 cell layer, representing the liver, into a microfluidic device to determine the absorption and metabolism of digested lipids (Lee and Sung, 2018).

The integral role of the microbiome in gut function and homeostasis is represented in a gut-on-a-chip model using bacteria such as Escherichia coli (Tovaglieri et al., 2019), Faecalibacterium prausnitzii (Zhang J. et al., 2021), and Lactobacillus rhamnosus and Bacteroides caccae (Shah et al., 2016). The co-culture of epithelial cells with microbes to model microbe-host cell relationships provides a better understanding of their involvement in diseased and healthy intestinal conditions. Jalili-Firoozinezhad et al. (2019) successfully incorporated aerobic and anaerobic human gut microbiota on an intestinal chip with a hypoxia gradient. Compared to aerobic conditions, the inclusion of a hypoxia gradient improved the intestinal barrier function, and a more physiologically relevant level of microbial diversity was observed, allowing for microbiome-related therapeutic discovery and development in the future.

The true strength of MPS lies in their capacity to not only reveal primary drug action on human organs, but also secondary drug effects stemming from drug metabolites. Some of the first experiments aimed at testing this capability were conducted with three- and four-tissue devices. For example, a three-chamber MPS with cell lines representing liver, bone marrow, and tumor tissue was used to demonstrate the anticancer properties of 5-fluorouracil (5-FU) metabolites (Sung et al., 2010). The dynamics of the MPS were modeled using the same principles as physiologically based pharmacokinetic (PBPK) models to predict the effects of 5-FU itself and its metabolites on each organ cultured within the system (Sung et al., 2010).

Similarly, a four-organ device developed by Oleaga et al. (2016) showed that four tissues can survive and continue to function well for 14 days when cultured with a common cell culture medium. The recirculating flow of fluid in the device allowed the tested drugs to reach each tissue within the MPS and display multi-organ toxicity (Oleaga et al., 2016).

Miller and Schuler (2016) extended the concept of a multi-organ MPS to include up to 14 tissue chambers. The 14-chamber design was tested with tissues of five organs. Barrier tissues (skin, GI tract, and lung) and non-barrier tissues (fat, kidney, heart, adrenal glands, liver, spleen, pancreas, bone marrow, brain, muscle) were connected via fluidic channels that enable inter-organ interactions. This work demonstrated the feasibility of establishing a multi-organ MPS with more than four organ tissues and using it to measure basic cellular functions such as CYP450 enzyme activity, urea, and albumin synthesis, as well as tight junction maintenance.

While many MPS devices are closed microfluidic systems, an open multi-organ MPS was designed by Tsamandouras et al. (2017). As opposed to a closed system, an open system lacks one or more of the walls of the device, generating a liquid-air interface. The design by Tsamandouras et al. (2017) consists of a pump-based liver-gut MPS integrated on a polysulfone plastic plate, with recirculating flow of fluid. The system is based on the multi-well plate concept with a transwell-style gut MPS and 3D perfused liver MPS in combination with a mixing chamber. The initial design was later extended by Edington et al. (2018) to four, seven, and 10-organ MPS with internal recirculation and a pneumatic pump. A functional phenotypic co-culture was maintained for 2 weeks in the four-way MPS; this system was further extended to a seven-way and a 10-way MPS that sustained cell co-cultures for 3 weeks and 4 weeks, respectively.



MPS for Modeling the Microvasculature

In the body, nutrients, oxygen, drugs, and other solutes must first cross the endothelial barrier before they can act on tissues. Because the endothelium is of broad interest—in vitro models have been used to model angiogenesis, thrombosis, and circulating cancer cell attachment—there are many microfluidic in vitro models of the vasculature available. Moses et al. (2020) discuss the advantages and disadvantages of some of the most recent vasculature-on-chip models.

The vasculature is particularly important for densely populated 3D tissues. Such tissues can develop a necrotic core due to the lack of nutrient and oxygen supply to the center. To construct tissues for use in MPS, the addition of blood vessels to 3D tissues helps better mimic the physiological rate at which drugs enter those tissues.

Miller et al. (2012) designed a biocompatible vasculature network where they first 3D printed mechanically stiff carbohydrate filaments (called carbohydrate glass) to form free-standing 3D fiber networks. The voids of those networks were filled with extracellular matrix (ECM) and cells and then cell culture medium was introduced. The medium dissolved the fibers, resulting in a channel network that was perfusable and that was surrounded by ECM and cells. When perfused with medium, cell function in the core of the tissue was healthier than in the non-perfused version.

Morgan et al. (2013) developed user-defined geometries of vascular networks using hydrogels to satisfy the needs of a variety of tissue models. Bischel et al. (2013) created 3D lumens through ECM hydrogels with different microchannel geometries and lined them with endothelial cells. A similar model with perfused functional vascular channels and multiple cell types was earlier developed by Lee et al. (2014) using 3D bioprinting technology. That work revealed the ability of vascular channels to present a functional physical barrier in vitro.

Vascular networks made from sacrificial material embedded in ECM or hydrogels hold a distinctive advantage over vascularized, microfluidic channels made of plastic, polydimethyl siloxane (PDMS), or other polymers because they allow cells to grow and remodel in the space between endothelial cells and ECM. A proper perfusion system clears secreted products and allows cell-cell interaction. Cochrane et al. (2019) present a detailed review of recent experimental vascular models and their importance in drug development.

While angiogenesis, the formation of new blood vessels from pre-existing vasculature, is important to normal growth and development in vivo, it is also necessary for tumor growth. In the absence of adequate vasculature, tumor cells become oxygen and nutrient-starved, which limits their survival and proliferation. This situation impacts the efficacy of radiation therapy (Gray et al., 1953), requiring 2.5–3-fold higher radiation doses (Joiner and Kogel van der, 2009). This knowledge has brought about the development of cancer therapeutics by inhibiting angiogenesis. Stroock and Fischbach (2010) discuss the development of microfluidic tumor models by combining vasculature and tumor tissue engineering with microfluidic technology to study antiangiogenic therapy. Patient-specific tumor microenvironments were also created by Truong et al. (2019) to analyze the tumor-stromal fibroblast crosstalk on a 3D microfluidic device. The use of patient-derived fibroblasts enabled a better understanding of their molecular and cellular influence on the tumor compared to generic, non-patient fibroblasts. Marturano-Kruik et al. (2018) developed a bone perivascular niche-on-a-chip model with stable vasculature within a 3D native bone matrix-on-a-chip. With this model, they achieved long-lasting, self-assembled vascular networks without the need for angiogenic factors to model the colonization of cancer cells in the bone.

The role of the immune system in tumor environment development is crucial and better understood (discussed in section “MPS for Modeling the Immune System”), however, the interaction of platelets with cancer cells remains to be better explored. Tumors can remodel vascular networks, leading to platelet extravasation (Schulte et al., 2011), which is difficult to model in animal models (Boussommier-Calleja et al., 2016). Saha et al. (2020) constructed an ovarian tumor-blood vessel-integrated organ-on-a-chip (OvCa-Chip) to study the time-dependent activity of endothelial cells in ovarian cancer and the eventual leakage of platelets through blood vessels. Using that model, they also tested a therapeutic strategy to prevent platelet extravasation in a cancer environment and validated their results with human ovarian cancer biopsy samples. With the rapid advancement in tumor-on-chip models, there have been numerous studies to incorporate the tumor microenvironment, discussed elsewhere in a comprehensive review on the topic (Wan et al., 2020).

Achieving a fully perfusable in vitro system within a 3D tissue is still challenging. Recent advances in pre-vascularizing tissues to achieve perfusion and engineering functional capillary beds to support the exchange between internal and external vessels (Zhang S. et al., 2021) can broaden the biomedical application of MPS even further.



MPS for Modeling Neuromuscular Junctions

Neuromuscular junctions (NMJ) are modeled in vitro to explore clinical applications such as muscle and motor neuron-related diseases and spinal cord injuries. To successfully generate a functional NMJ, a combination of human motor neurons and skeletal muscle is established, which has been difficult to achieve perfectly in vitro. Although initial models involved simple culturing of dissociated motor neurons on a 2D layer of myotubes on a culture surface (Guo et al., 2011; Umbach et al., 2012), image analysis of such systems showed poor clustering of acetylcholine receptors and irregular co-localization of synaptic markers (Umbach et al., 2012). The MPS devices are aimed to model neurodegenerative disorders such as Alzheimer’s disease, amyotrophic lateral sclerosis (ALS), and tumors of the central nervous system like glioblastoma. To overcome the shortcomings of simple co-cultures, more sophisticated neuromuscular tissues are engineered in vitro using microfabricated devices with human stem cell-derived cell sources.

Compartmentalized MPS culture motor neurons and engineered muscle bundles in individual compartments connected by axon-permissive channels. Using this approach, Mills et al. (2018) modeled NMJ formation and endocrine signaling in a microfluidic device, shown in Figure 1, using primary mouse myoblast-derived and embryonic stem cell-derived motor neurons. Santhanam et al. (2018) used the same approach to develop a functional NMJ system targeted to evaluate drug response and toxicity for ALS and other neurodegenerative diseases. The use of serum-free medium and stem cell-derived human myotubes and motor neurons in the device showed the possibility of developing patient-specific dose-response studies by incorporating patient-derived induced pluripotent stem cells (iPSCs). Osaki et al. (2018) used this model with iPSC-derived muscle cells and motor neurons to demonstrate reduced muscle atrophy and dysfunction in response to two ALS drugs, bosutinib, and rapamycin. The physiologically relevant layout of the compartmentalized MPS with human cells helps elucidate the pathogenesis of neuromuscular diseases and generate dose-response curves to potential drugs.
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FIGURE 1. Schematic of neuromuscular junction microfluidic device. (A) Primary myoblasts and mouse embryonic stem cell-derived motor neurons were seeded in separate cell culture compartments in a microfluidic device via the cell seeding ports. Myoblasts were then differentiated (over 2 days), forming multinucleated myofibers. During this period, motor neurons were kept fluidically isolated. Motor neuron processes were then recruited across the microchannel, via a chemotactic gradient of gradient of glial cell-derived neurotrophic factor (GDNF) and brain-derived neurotrophic factor (BDNF) (days 4 and 5) generated by small but sustained fluid flow from the muscle to the motor neuron compartment. NMJs were allowed to mature until day 10, under static conditions. (B) Fluorescent image of microfluidic device showing motor neurons in the left-hand side compartment and muscle fibers in the right-hand side after 6 days of culture. Muscle fibers were stained for actin (green) and motor neurons were visualized by the Hb9:GFP reporter (green). Nuclei were stained with DAPI (blue). Scale bar represents 200 μm. (C) A close-up fluorescent image of neurite processes crossing the central microchannels. Scale bar represents 50 μm. (D) A close-up fluorescent image showing a neurite process extending, branching, and contacting a muscle fiber. Scale bar represents 50 μm. Reprinted from Mills et al. (2018) with permission from Elsevier.


Smith et al. (2013) first proposed an in vitro system in 2013 to assess NMJ functionality and apply it to drug discovery research. They used the system to measure real-time responses of the cultured cells to chemical challenges, suggesting the possibilities of its application in preclinical drug screening. Guo et al. (2020) were able to use a compartmentalized NMJ model to reproduce clinical assays for assessing ALS deficits, but in vitro. This technology has set the path to use functional cell-based approaches, instead of preclinical models, for faster screening of novel therapies for ALS.



MPS for Modeling the Immune System

One area that is gaining increasing interest in tissue-chip research is modeling components of the immune system. Many of these systems have been reviewed in detail elsewhere recently (Shanti et al., 2018; Kim et al., 2019; Sun et al., 2019; Greenlee and King, 2020; Maharjan et al., 2020), including discussions of microfluidic models of bone marrow, lymph nodes, the thymus gland, lymphatic cancer metastases, and inflammation. Human immune response in diseased conditions or during drug consumption is difficult to predict from an animal model. We will provide a brief overview of the latest developments in immune-on-chip models in the gut, liver, and tumor environment here.

Immune cell activation and the subsequent presentation of information to other cells plays a major role in generating an immune response to antigens. Dendritic cells typically capture antigens and subsequently migrate to lymph nodes to present antigens to T cells. Several on-chip immune studies have aimed to model immune cell migration in response to stimuli. Mitra et al. (2013) developed an in vitro model to study human cell line-derived dendritic cell migration with T cell activation. They demonstrated that mature dendritic cells migrate toward T cells in response to a CCL19 gradient, leading to T cell activation by the dendritic cells. Gopalakrishnan et al. (2015) developed a microfluidic device that incorporated an activator chamber to provide stimuli to cells in a migratory chamber. They demonstrated that immature dendritic cells from the migratory chamber moved toward the activator chamber when it contained a co-culture of dendritic cells and stimulated macrophages or mature dendritic cells (generated from C57Bl/6 bone marrow cells) stimulated with bacteria.

Although immune components such as macrophages have been included in a variety of single organ systems (Huh et al., 2010; Jones et al., 2012; Hamza and Irimia, 2015), their integration in a recirculating multiorgan MPS device is not advancing as rapidly. A recent article by Sasserath et al. (2020) presented the integration of a monocyte-derived cell line, THP-1, as a recirculating immune component in a multiorgan human model. The monocytes were added as part of the recirculating medium (blood surrogate) and allowed to flow through the three-organ system. The model showed activation of THP-1 cells in response to recirculation of amiodarone, a cardiotoxin tested in the study.

One aspect of the immune system that is of significance in microfluidic device development and has a potential of clinical importance is that of cancer-immune interactions (Parlato et al., 2021). Cancer cells exhibit immune-evasive behaviors that can limit the ability of the immune system to recognize and eliminate cancer cells. Microfluidic models have been employed to better understand these interactions. Aung et al. (2020) used a fluidic system incorporating a bilayer hydrogel to coculture human cell line derived breast cancer cells or spheroids, monocytes, and endothelial cells (HUVEC). They determined that T cell extravasation into the cancer-containing constructs occurred for both MCF7 and MDA-MB-231 breast cancer cell lines, and that extravasation was promoted by the presence of monocytes. This study demonstrated that various chemokines, such as those associated with hypoxia and loss of endothelial cell tight junction proteins, may play a role in T cell infiltration into tumors. Other studies have examined the interactions of cancer cells with lymphatic endothelial cells during metastasis formation. For example, Ayuso et al. (2020) developed a microfluidic model of tumor-lymphatic interactions and used it to demonstrate that cancer cells condition lymphatic endothelial cells to increase vessel permeability. Pisano et al. (2015) combined transwells with fluidic flow to evaluate the separate and combined effects of transmural and luminal flow on cancer cell invasion across an endothelial cell layer.

Microfluidic models have also been used to model inflammation (Irimia and Wang, 2018). Trapecar et al. (2020) modeled the gut-liver axis to develop a better understanding of the link between gut and liver diseases. They incorporated circulating Treg and Th17 cells within their system and found that during acute T cell-mediated inflammation, microbiome-derived short-chain fatty acids increased CD4+ T effector cell activation and liver injury. Shin and Kim (2018) developed a gut inflammation-on-a-chip model using a human intestinal epithelial cell line (Caco-2BBE) to understand the intercellular host-microbiome cross-talk that occurs in chemically-induced inflammation. Their studies identified barrier dysfunction as a critical trigger of intestinal inflammation and found that the efficacy of probiotics was altered when intestinal barrier function was disrupted.

Overall, recent attempts at microfluidic modeling of immune interactions have enabled not only the recapitulation of tissue structure and function but also the development of new hypotheses and understandings of biological phenomena that would not have been possible without the use of these microphysiological models.




MPS TECHNOLOGIES


Fluid Recirculation Methods

The transport system for the movement of nutrients, gases, and metabolites in an MPS is based on the techniques of microfluidics. As opposed to single perfusion systems, recirculation of fluid in the MPS allows transport of metabolites from one organ into other organ units, producing valuable pharmacokinetic information. Circulation of cell culture medium across tissues mimics the flow of blood in the human body. The cell culture medium is therefore sometimes referred to as blood surrogate.

Two or more organ chambers are connected via microchannels to establish communication between them in the MPS. Microchannel geometry and fluid circulation method are based on the specific nature of the tissue and organ-organ relationship of interest. For example, to mimic hemodynamic stimulation of cardiomyocytes, a peristaltic pump can be used with a cardiovascular chip to replicate the pressure-volume changes in the ventricle (Giridharan et al., 2010). Microchannel geometry is manipulated to increase nutrient and oxygen delivery. Ideally, the flow across tissues is maintained at near-physiological rates that replicate in vivo rates of exposure of tissues to nutrients and drugs. However, due to the micro-scale of the channels and chambers, many physical and chemical factors influence the flow of fluid. Capillary forces and flow rates are affected by the area and smoothness of the substrate. Lack of precision during the fabrication process can alter the working of the device to a great extent. Esch and Mahler discuss fabrication techniques suitable for building body-on-chip devices and how to experiment with them (Esch and Mahler, 2019).

Barrier tissue cells, such as gut cells, are generally seeded on a porous substrate where the top and the bottom portions have independent hollow fluidic channels to allow nutrient and drug transport across the barrier tissue. To further mimic the in vivo environment, specific organ-like forms, such as the villous shape of the intestine, can be designed using micro-molding techniques (Esch et al., 2012). Esch et al. (2012) used SU-8 layers to fabricate a microfluidic chamber and a porous membrane across the chamber. The structure could be made flat or into a 3D form by fabricating pillars of different sizes on the silicon surface (Esch et al., 2012).

A factor that distinguishes different MPSs from each other is the method of fluid recirculation. Fluid recirculation in MPS is generally created by an active pumping mechanism, or by gravity-driven flow (Figure 2). External pumps such as peristaltic pumps or syringe pumps were the first to be used in MPS (Huh et al., 2010). Those pumps provide an easy way to create fluidic flow, but when used with multi-organ MPS, they require the flow to be split into multiple streams. Those streams must be regulated to create near-physiological flow rates for each organ chamber. Sin et al. (2004) developed a pump-driven three-compartment model on a 2.5 cm × 2.5 cm silicon chip with etched microchannels and chambers. They also included micropillar arrays to control the flow distribution in organ chambers (Sin et al., 2004). Zhang et al. (2009) combined micropillar arrays with hydrogel encapsulation to protect the cells from direct exposure to shear stress due to perfusion.
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FIGURE 2. Examples of modes of flow circulation in a microphysiological system (MPS). (A) (i) Single-loop flow: unidirectional flow of medium across the organ chambers without recirculation. (B) Pump-based recirculating flow of medium using (i) an external peristaltic pump and medium reservoir to represent organs not cultured in any of the cell culture chambers in the system, (ii) an integrated on-chip pump, (iii) multiple integrated or external pumps to circulate medium through the apical side of a barrier tissue as well as the basolateral side of the tissue plus any other organ chambers (for example a liver-gastrointestinal tract MPS). (C) Gravity-based recirculating flow of medium following (i) unidirectional or (ii) bidirectional flow patterns with on-chip medium reservoirs. (iii) Medium reservoirs with flow rectifiers (or a valve) can be used in a liver-gastrointestinal tract model to regulate unidirectional flow in both apical and basolateral/liver chambers. (iv) The flow in pumpless systems is created by placing the device on a rocker platform at an angle, alternating the rocking motion every 30–60 s. Illustration is created using BioRender.com‡.


One way to achieve customized flow rates is to arrange all organ chambers in parallel so that the pressure drop across all chambers is the same (Figure 3). Then, by adjusting each organ chamber’s hydraulic resistance (including the inlet channel, organ chamber, and outlet channel), the flow in each chamber can be restricted to near-physiological values suitable for the tissue cultured within (Eq. 1 Bruus, 2008).

[image: image]


[image: image]

FIGURE 3. Schematic of the fluidic resistances of an MPS in which organ chambers are arranged in parallel (Qi = flow rate through chamber i. Δp = pressure drop across the channel/chamber segments. Rin,i = hydraulic resistances of inlet channel i. Ri = hydraulic resistance of organ chamber i. Rout,i = hydraulic resistance of outlet channel i.).


Here, Qi is the flow rate through chamber i in m3/s, Δp is the pressure drop across the channel/chamber segments in pascal (Pa), and Rin,i, Ri, Rout,i are the hydraulic resistance of inlet channel i, hydraulic resistance of organ chamber i, and hydraulic resistance of outlet channel i in Pa⋅s/m3, respectively. When designed with a particular length and depth, the widths of inlet and outlet channels lend themselves to adjusting the hydraulic resistances of each channel/chamber segment (Eq. 2; Bruus, 2008).
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Here, R is the resistance across the device in Pa⋅s/m3, η is the dynamic viscosity of the cell culture medium in Pa⋅s, L is the length of the channel in meters, h is the height of the channel in meters, and w is the width of the channel in meters. This equation is valid for channel dimensions that are such that w > h.

With more traditional devices being closed systems, Frey et al. (2014) developed a unique, open channel based MPS using an array of hanging drops as multiple parallel multi-organ microsystems. They used a peristaltic pump and open channels to form a microfluidic network between neighboring hanging drops (Frey et al., 2014).

However, because external pumps connect to MPS via tubing, the use of such pumps requires the presence of fluid volumes that create higher fluid-to-tissue ratios than would be physiological, often surpassing in vivo ranges.

Microfabricated on-board pumps, on the other hand, are integrated into the MPS itself and can help with reducing the volume of fluid needed to operate it. For example, Bowen and Scott incorporated a PDMS-based peristaltic pump and additional PDMS-based valves that recovered samples from the device (Bowen and Martin, 2010). Different placements and dimensions of the pump and valves were used to optimize flow rates. Schimek et al. (2013) used an on-board peristaltic micropump to operate a two-organ MPS. The pump produced pulsatile flow at a wide, adjustable range, creating physiological conditions for the growth of endothelial cells.

However, active pumping mechanisms can sometimes suffer from complications such as the formation of air bubbles, and possible leaking of medium.

To improve the reliability of fluidic flow, Sung et al. (2010) developed an MPS with gravity-driven flow, eliminating the need for a pump. The design consisted of multiple layers of PDMS with fluidic channels and organ chambers in the middle layers. To induce fluidic flow, the device was placed on a rocking platform that changed its angle periodically. In absence of a pump, all the fluidic components, i.e., microchambers, microchannels, and reservoirs were constructed on the chip without any external fluid or gas loops. Similarly, Oleaga et al. (2016) employed a range of platform tilt angles and oscillation times to achieve flow rates in the physiological range, and a human MPS company designed a variety of toxicology models that use gravity-based flow systems (Oleaga et al., 2016, 2018; McAleer et al., 2019a).

The flow Sung et al. (2010) and Oleaga et al. (2016) created in their systems is bidirectional, reversing direction periodically, albeit staying below a threshold shear rate. A tilt angle of 8° with two oscillations per minute resulted in maximum shear stress of 0.025 Pa (0.25 dynes/cm2) (Oleaga et al., 2016). Tissues that typically only experience low mechanical shear due to interstitial fluidic flow in vivo, are not disturbed by such low-grade, bidirectional shear (Esch et al., 2015).

Another advantage of gravity-driven flow is that MPS designs can be compact, eliminating long interconnecting channels from the designs as shown with the recently developed body cube (Chen et al., 2020), and thereby lowering the overall liquid volume needed to operate the systems to near-physiological blood surrogate levels (Chen et al., 2020). As opposed to a higher fluid volume that does not entirely represent the physiological scenario, such low liquid volume systems provide the ability to produce secondary metabolites at near-physiological concentrations.

However, when operated with small amounts of cell culture medium, gravity-driven, bidirectional flow can result in a small volume of cell culture medium that remains inside the cell culture chambers, not entering the liquid reservoirs on either side of the device, and not experiencing mixing with the remainder of the cell culture medium. That phenomenon can lead to poor oxygenation and a poor supply of nutrients in the middle of the cell culture chambers. When designing such bidirectional flow systems, care must be taken to operate the MPS with enough cell culture medium to achieve full recirculation of all cell culture medium.

Gravity-driven systems can also include passive, flow-rectifying elements that create unidirectional flow (Esch et al., 2016; Wang and Shuler, 2018; Yang et al., 2019; Fathi et al., 2020). Unidirectional flow is needed when tissues that experience high mechanical shear due to fluid flow in vivo are to be cultured within the system (most notably the endothelium). Yang et al. (2019) has found that such tissues thrive under unidirectional flow and display higher levels of inflammation under bidirectional flow, validating the use of unidirectional flow for producing functional endothelial cells.

Gravity-driven MPS often do not contain flow-regulating valves, thus the fluidic flow inside those systems is regulated by balancing the pressure drops and adjusting the hydraulic resistances as discussed for externally pumped systems that do not contain valves (Eq. 1 and 2).



Integrated Sensors

Many MPS contain tissues and fluid volumes that represent between 1/10,000 and 1/250,000 of the organ and fluid volumes present in the human body. That scaling makes it possible to use reasonable numbers of cells to construct each tissue (~50,000–750,000 cells per tissue). But a drawback of the relatively small size is a limitation on the types of analysis that can be performed. Due to the small volumes of cell culture medium, often 1,000 μL or less, retrieval of fluid samples from the system for external analysis, without disturbing its dynamics, is a challenge. Nevertheless, analysis of tissue health is often accomplished by measuring concentrations of soluble proteins such as albumin, urea, and inflammation markers in the cell culture medium taken from the MPS at various times. Microfabricated, system-integrated sensors that measure the physiological response of tissues to chemicals or drugs can provide for such analysis without distorting metabolite and marker concentrations.

Owing to the significant role in drug metabolism, several types of sensors were developed to evaluate the status of liver tissue. For example, aptamer-based electrochemical sensors have been used to detect liver-generated proteins through protein binding to the electrode and the subsequent change in electrode redox properties. Son et al. (2017) added a sensing channel adjacent to the liver chamber, separated by a polyethylene glycol (PEG) hydrogel barrier. Detection occurs in the sensing channel via a standard fluorescence-based antibody sandwich assay (i.e., primary antibody-coated, non-fluorescent capture beads and secondary antibody-coated, fluorescent detection beads). Upon diffusion of proteins of interest into the sensing channel and binding to the capture beads, the fluorescent beads bind and aggregate on the surface of the capture bead; the resulting fluorescence intensity is detected through imaging.

Bavli et al. (2016) included luminescence and enzyme-based sensors to measure oxygen and glucose/lactose concentrations in the system. Monitoring those small molecules provides vital information about the status of metabolism inside the system. Similarly, Sin et al. (2004) developed a dissolved oxygen sensor as a proof-of-concept model to measure gas exchange in an MPS. Instead of the widely used Clark electrodes, which consume oxygen in order to detect it, Sin et al. (2004) integrated a non-invasive, fluorescence-based oxygen-sensing system and confirmed that oxygen exchange is adequate inside the device. The oxygen sensing was based on phase-sensitive detection using a ruthenium complex as a fluorescent probe. A calibration curve of observed phase angles and known partial oxygen concentrations (pO2) was used to find the oxygen exchange in the system with respect to the changes measured in phase angle.

Cardiac models are typically combined with added equipment to monitor heart cell function. Contractile forces of heart muscle cells can be assessed using a cantilever deflection system. Cantilever deflection is used to record changes in cardiac and skeletal muscle contractile forces in response to drug exposure (Smith et al., 2014; Oleaga et al., 2016; Sasserath et al., 2020). Cantilevers are microfabricated from silicon-on-insulator wafers on the device layer and with a window underneath that allows access to laser light. Contraction of cardiomyocytes or skeletal cells seeded on top of the cantilevers is measured from laser deflection in response to the cantilever bending during muscle movement. Figure 4 depicts the working of a cantilever along with other commonly integrated sensors in MPS.
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FIGURE 4. Integrated sensors to assess tissue health in MPS. Image is created using BioRender.com‡.


Electrical activity and beat frequency of cardiomyocytes and electrical activity of skeletal muscle cells can be measured by growing the cells on microelectrode arrays (MEAs). In 1980, Pine (1980) used the MEAs to record action potentials of dissociated neuron culture from neonatal rats. MEAs remain the gold standard for electrophysiological assessment of cardiomyocytes in vitro. While a standard MEA has about 60 electrodes, Sasserath et al. (2020) used a customized MEA with 10 recording/stimulating electrodes, each with a diameter of 200 μm, and one grounding electrode of diameter 2,000 μm. The electrodes are linked to a stimulus generator to induce electrical stimulation to the cells.

Kanagasabapathi et al. (2013) adhered PDMS-based microchannels on commercially available MEAs to investigate the effects of tetrodotoxin on a model of the central nervous system. Over the years, electrode-cell conformity has improved to achieve a better signal-to-noise ratio. One such example is the tower design of a 3D hippocampal network by Rowe et al. (2007), which was later used by Musick et al. (2009) to record cortical neural electrical activity.

When using barrier tissues in MPS, assessment of the tissue’s barrier integrity holds immense significance. Integration of electrodes to measure transendothelial and transepithelial electrical resistance (TEER) helps evaluate that barrier function. For example, the endothelial lining of blood vessels in the brain (blood brain barrier, BBB) plays a crucial role in regulating and protecting the central nervous system. Douville et al. (2010) first reported the use of TEER electrodes to assess the integrity of the BBB in real-time. A combination of different electrode-based sensing techniques, both MEA and TEER electrodes, was used by Maoz et al. (2017) to validate cardiomyocyte beat-rates and endothelial barrier function in response to inflammatory cytokine and isoproterenol.

In addition to models of the blood brain barrier, TEER is also used in vascular, gut (Esch et al., 2016), lung (Walter et al., 2016), skin (Sriram et al., 2018), and kidney (Douville et al., 2010) models. In most cases, Ag/AgCl electrodes are integrated into the cell culture platform to read TEER values. TEER measurements are heavily dependent on electrode placement, cell layers, and membrane geometry. In the case of MPS, the placement of organ chambers (e.g., tower or adjacent), temperature, and cell culture conditions can also change the TEER measurement (Srinivasan et al., 2015). While TEER values are widely studied and standardized for transwell cultures, more work needs to be done to have comparable data across different microphysiological systems.



MPS for Acute and Long-Term Toxicity Measurements

The length of operation of MPS is based on the purpose of the study to be conducted. Experiments designed to test acute toxicity can be accomplished with a short drug exposure time of under 48–72 h. An example of an acute response study is that published by Oleaga et al. (2016) who challenged their four-organ, pumpless MPS with five different test compounds for 48 h. Toxicity of each drug on liver, muscle, brain, and heart was observed during that exposure time. Chen et al. (2020) reported the development of a simple yet reliable MPS device for short-term operation (up to 72 h) with near-physiological amounts of fluid volume in the system. The cell viability and liver function assays showed a successful short-term operation of the MPS with a near-physiological amount of blood surrogate (Chen et al., 2020).

Identifying the effects of chronic drug exposure, however, requires MPS operation for longer than 72 h. Longer operation of the device can be challenging because it requires continued tissue function when tissues are cultured with a common cell culture medium that addresses the needs of all tissues, but may no longer be specialized for any tissue in particular. The increased experimental time also means functional and morphological assessment of the cells in the model for a longer duration. The maintenance of tissue integrity with continued assessment can present a challenge of its own. Nutrients are consumed, and cellular waste products accumulate over time. In addition, the dynamic nature of MPS results in an even higher rate of metabolite synthesis and secretion compared to static cultures and even more so in co-cultures (Guzzardi et al., 2009). A relatively simple way to solve this problem is to replace part of the consumed cell culture medium with fresh medium every day. Using this technique, MPS have been operated for 7 days (Oleaga et al., 2018), 14 days (Oleaga et al., 2016), and for up to 28 days (Maschmeyer et al., 2015; Xiao et al., 2017; Oleaga et al., 2019). A period of 28 days is the minimum duration to evaluate repeat dose toxicity in animal models, leading to the use of this long-term in vitro time frame. Similar to removing cell culture medium for the purpose of tissue-health assessment, a drawback of a daily medium exchange is that concentration profiles of both drug and drug metabolites may no longer entirely reflect their natural, physiological profiles.

While several models have been developed that can maintain the cultures for a long period, exposure to the drug over the entire duration has not been entirely achieved. Wagner et al. (2013) exposed a liver-skin MPS to troglitazone drug repeatedly at 12 h intervals for 7 days to test the system for repeated dose substance exposure. The group observed an increase in cytochrome P450 3A4 enzyme level at day 7 of exposure compared to the controls. A detailed review by Zhao et al. (2019) documents the advancements in multi-organs MPS development for long-term exposure investigations. While current long-term exposure analysis is still primarily performed in animals, the steady development of MPS is moving toward substituting animal-based chronic exposure testing as well.




DESIGN PRINCIPLES FOR MPS

To date, many single-organ and multi-organ MPS that focus on different aspects of device performance and drug testing have been published. Despite a considerable variety in designs, certain features of MPS have proven useful over time. Such features ensure the feasibility, reproducibility, and physiological relevance of the devices. Knowing the design criteria of an MPS can provide insight into its possible applicability to another group’s work. Here we discuss some design components that are often utilized in MPS development. Of those components, we discuss three essential design elements (Table 1) that we think researchers can use to compare their MPS with those of others.


TABLE 1. Factors considered for the design of MPS.
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Functional Organ Volumes

Multi-organ MPS are designed to replicate key aspects of human physiology. Indeed, the power of MPS lies in the devices’ potential to recreate human drug metabolism with drug and metabolite concentration profiles that can closely mimic those occurring in vivo. Achieving that outcome requires MPS to be designed with a few yet important design criteria in mind.

First, as suggested by Wikswo (2014) in their seminal paper, an ideal MPS reproduces the relationships of functional in vivo organ volumes. The underlying assumption is that the amount of drug that is absorbed, consumed, and/or metabolized in vivo depends on the activity of available enzymes, which, in an MPS, depends on both, the quality of tissues and tissue volumes (Eqs. 3-1, 3-2 Bruus, 2008). The drug metabolism rate is directly proportional to the organ volume where metabolism takes place. When considering the volumes of tissues, particular attention must be given to the function of different tissues within an organ. To correctly relate functional organ volumes in vitro, each organ of the human body must be considered in terms of its function with regards to drug absorption, metabolism, and elimination, and each tissue should be scaled to keep the physiological volume ratios intact (Wikswo, 2014).
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In Equation 3-1, Vo is the volume of an organ in milliliters, t is time in minutes, Cb is the concentration of drug in blood in mmol/mL, Co is the concentration of drug in the organ in mmol/mL, Qo is the blood flow rate going through the organ in mL/min, Po is the partition coefficient of drug in the organ, CLint is the intrinsic clearance of the drug in the organ in mL/min and f is the unbound fraction of drug. For the metabolism of drugs in the organ that follow Michaelis-Menten kinetics, the equation could be written as Eq. 3-2. Here, Vm is the maximum reaction rate of the enzyme in mmol/(mL⋅min), and Km is the Michaelis constant of the enzyme mmol/mL.

When replicating functional units of an organ, it is also important to consider the source of cells used to create the tissue mimic and the level of enzyme activity within those cells. The goal is to achieve drug conversion rates that are close to those in vivo (Eqs. 3-1 and 3-2). One of the most important considerations, for example, is the design of the liver tissue. The closer the metabolic activity of liver cells inside the MPS matches that of liver cells in vivo, the better the liver will replicate in vivo concentrations of drug metabolites. However, in vitro enzyme activities rarely match in vivo activities, and an extra volume of cells may be needed to reach a certain in vivo functional organ volume.

Due to the difference in in vitro and in vivo metabolic activity, an analysis of the enzymatic activity involved in the metabolic pathway is a critical first step to ascertain the proper functioning of an MPS.



Blood Surrogate Volume and Formulation

Culture conditions for multi-organ MPS differ considerably from single-organ MPS due to the many cell growth requirements of the different tissues. The local in vivo environments of human organs provide certain biochemical characteristics such as growth factors and cytokines. Those features have been shown to have a significant influence on the development and function of organs, thus making it good practice to include them in MPS as well (Wang et al., 2020).

In in vitro conditions, blood surrogate is a substitute for blood, which is why it must recapitulate human physiological oxygen transport characteristics. In addition, the common cell culture medium that recirculates among all organ chambers must be able to support the phenotypic and functional requirements of all those tissues. Even though there is currently no universal serum-free medium, trying different formulations of a minimal medium can help determine the right medium. To start, a base medium can be created using an already existing cell-type specific medium or choosing a medium suitable for a high demanding cell line, followed by the addition of supplements or growth factors. For example, because of the liver’s high metabolic demand and its integral role in drug metabolism, the formulation of a common MPS cell culture medium is often based on liver cell culture medium (Sung et al., 2019). Additional growth factors that support other cell types can be added to that base medium. Zhang et al. (2009) were able to create a blood surrogate that supported four cell types.

Alternately, to ensure optimum culture conditions for all cell types present in the MPS, it is good practice to perform a growth assessment in the intended medium and adjust the formulation based on the cells’ responses.

Fluid content in the MPS device is divided into the circulating volume of blood surrogate in the system (all liquid or cell culture medium that resides in fluidic channels, reservoirs, sensor cavities, or that simply flows across a tissue on its surface) and the interstitial liquid volume (liquid or cell culture medium that is present within the organ chamber volume that is occupied by the tissue volume, i.e., the scaffold or matrix and the actual cells). The volume of cell culture medium that functions as blood surrogate within an MPS must be carefully considered. Both the amount of interstitial liquid and the volume of blood surrogate should ideally be close to physiological levels. To achieve a reasonable number of 50,000–750,000 cells per tissue, the in vitro tissue and fluid volume is kept between 1/10,000 and 1/250,000 of the in vivo organ and fluid volume. Reporting the liquid volumes used with an MPS can help when comparing data obtained with different designs, thus becoming a vital evaluation factor in our opinion.

The blood surrogate volume for an MPS can be calculated by dividing the typical volume of blood in a human body by the scaling factor used to calculate the functional organ volumes for all other organs. Since the blood surrogate collects within the medium reservoirs and gets redistributed from there, it pools all metabolites from the different organ chambers. An increase in blood surrogate volume larger than normal physiological volumes will dilute drug metabolites, leading to difficulty in assessing the drug efficacy or potential toxicity. To support this statement, we ran a PBPK simulation for clinical data of lidocaine artery plasma concentration change over time after an intravenous administration of 3 mg/kg body weight (Tucker and Boas, 1971; Figure 5). Upon increasing the blood volume by 10 times, the concentration of monoethylglycinexylidide (MEGX, a metabolite of lidocaine) in plasma was seen to be lowered. This reiterates the importance of following physiological values of blood volume in vitro to accurately determine the concentration of toxicant in the system.
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FIGURE 5. (A) The PBPK simulation and clinical data of lidocaine artery plasma concentration change over time after an intravenous administration of 3 mg/kg body weight (Tucker and Boas, 1971). (B) Comparison of two simulations for the artery plasma concentration change of monoethylglycinexylidide (MEGX, a metabolite of lidocaine) after an intravenous administration of 3 mg/kg body weight, and using published parameters for MEGX unbound fraction (Feely and Grimm, 1991), partition coefficient (Dillane and Finucane, 2010), and in vitro liver kinetics (Bargetzi et al., 1989). One simulation is modeled with physiological parameters, and the other is modeled with 10 times more blood volume while keeping all the other parameters equal and at physiological values.


The need to regulate the blood surrogate volume so it remains close to physiological levels is solved by using a scaling factor. It determines the physical size of the system and how much blood surrogate volume it should be operated with. Designing an MPS system with a physiological equivalent of in vivo blood volume often translates to a small volume of culture medium 60–300 μL, which makes it difficult to operate the MPS. Scaling factor is one of the most important characteristics of an MPS thus qualifying as second of the three important criteria for MPS evaluation.

Currently, MPS scaling factors range between 50,000 and 400,000. Scaling factors between 50,000 and 100,000 are likely the most useful because smaller systems will require very small volumes of blood surrogate, making it difficult to operate the system and successfully sample medium for drug concentration analyses. If the system is large, all organ mimics will require many cells to replicate functional organ volume ratios. This type of device may become expensive when working with tissues constructed from primary cells or stem cell sources.

The body-in-a-cube design by Chen et al. (2020) uses 80 μL of blood surrogate, 1/73,000 of the blood volume (with a scaling factor of 73,000), to achieve near-physiological volumes. The group was able to demonstrate successful functioning of the four-organ MPS with this small circulating volume of fluid for 72 h.



Fluid-to-Cell-Ratios in Tissues and Cell Culture

As mentioned in section “Blood Surrogate Volume and Formulation,” the amount of fluid within an MPS is an important determinant of how well the sensors in the devices can detect the presence of toxic metabolites. Too much liquid will dilute metabolites and make their effects on tissues less pronounced. The amount of fluid within each tissue, i.e., the amount of liquid that represents the interstitial liquid plays a similar role as the blood surrogate.

To construct tissues for MPS, cells are typically seeded onto scaffolds or into hydrogels and allowed to mature before exposing the MPS to drugs or chemicals. Natural biomaterials such as collagen and fibrin (protein-based), hyaluronic acid and cellulose (polysaccharide-based), and decellularized ECM can support cell adhesion and growth because they are compositionally consistent from batch to batch.

Since the response of a drug or chemical in the human body is highly dependent on the local environment of the body, it is imperative to replicate the in vivo environment as closely as possible. The cell density for individual organs and the seeding ratio of cells making up a particular tissue are based on the physiological density of cells in the human body. A typical organ in the human body is about 100–500 mL in size with about 109 cells per organ, with some organs having more and some having slightly less (McClelland et al., 2012). However, to make a physiologically relevant model, the average cell number in an in vitro system is based on the dimensions of the scaffold and ranges from 103 to 106 cells. A higher cell density than this can result in overcrowding of the attachment surface, potentially leading to cell mortality and irregular metabolite buildup. This difference between the in vivo and in vitro cell densities needs to be considered when calculating functional organ volumes. To obtain more accurate in vitro values, the volume that is occupied by cell culture scaffolding material could be subtracted from the overall chamber volume (Chen et al., 2020).

Currently, most 3D cell cultures do not yet replicate in vivo cell densities, and therefore contain larger amounts of interstitial liquid than would be physiological. Maintaining an optimum cell count and continuous fluid flow facilitates molecular crosstalk among tissues in a multiorgan device (Guzzardi et al., 2009). Reporting the cell density for an MPS in combination with the scaling factor and liquid volume will help assess its performance as a predictor of clinical outcomes.

For the purposes of proof-of-concept, in vitro organs are often made with cells from immortalized cell lines. Cell lines have the advantage of being highly reproducible and easy to access; however, compared to native cells, the cell signaling pathways and their metabolism may differ considerably due to cell line transformation (Zeilinger et al., 2016). The use of primary cells in early passages, i.e., with minimum number of subcultures done from the primary culture, helps limit this problem and create more realistic organ models.

The development of tissues using stem cells also provides a suitable alternative to using cell lines. Stem cell-derived tissues can be obtained from human adult, embryonic, or induced pluripotent stem cells (iPSCs). The cells can be seeded on a 3D matrix and allowed to undergo division and differentiation. The complexity and intricacy of a 3D model can limit the diffusion characteristics in the engineered tissue. Some of these limitations can be overcome by localizing the metabolically active cells to the periphery of the 3D model. McMurtrey (2016) outlines analytical models to determine the oxygen and nutrient diffusion in 3D constructs computationally.

A well-designed MPS must also be able to maintain cell viability during the entire length of an experiment. During the operation, the cellular functions of the involved tissues should be observed based on the study objectives. These may involve continued monitoring of enzymatic activity, and metabolite synthesis in liver cells, electrical activity in cardiac or neuronal cells, and barrier integrity in endothelial cells. A detailed record of “what” and “how” of each aspect of experimental design helps in understanding and reproducing any study.



Fluid Flow Rates

When trying to replicate in vivo drug metabolism rates in an MPS, it is important to also consider flow rates and fluid residence times within each organ compartment. It has previously been proposed that the rate of drug absorption and conversion in the liver and in any other tissue is determined by the amount of time the blood surrogate spends inside the organ chamber (Eqs. 4-1, 4-2; Bruus, 2008). Therefore, in vivo perfusion rates per organ volume should be replicated in an MPS as well.
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Here, tres is the residence time of blood flow in the organ in minutes, Vo is the volume of an organ in milliliters, t is the time in minutes, Cb is the concentration of drug in blood in mmol/mL Co is the concentration of drug in the organ in mmol/mL, Qo is the blood flow rate going through the organ in mL/min, CLint is the intrinsic clearance of the drug in the organ in mL/s and f is the unbound fraction of drug.

When optimizing flow rates, the adequacy of oxygen supply to each tissue must also be carefully considered. Since cell culture medium has a limited capacity to carry oxygen throughout the system, a limited oxygen supply may also limit metabolic conversion rates. Faster flow rates can potentially alleviate this limitation. The cell culture medium should also be able to take up new oxygen and release carbon dioxide while recirculating, potentially through an open reservoir, or through breathable MPS construction materials. On the other hand, as discussed in section “MPS for Modeling the Immune System,” the shear generated by fluidic flow must not exceed the threshold at which it will cause damage to the cells cultured in the MPS. In vivo, most cells (other than endothelia or epithelia) are only subject to small shear stress derived from the interstitial flow of liquid. Hence, unless the cells of a tissue are protected by an epithelial cell layer or an endothelial cell layer, the shear resulting from the flow of cell culture medium inside an organ chamber is typically kept below 0.025 Pa (0.25 dynes/cm2) (Oleaga et al., 2016).



Organ Chamber Arrangement and PBPK-Guided Designs

To create a multi-organ MPS, individual organ mimics are coupled together in a physiologically relevant manner. For example, an MPS that mimics the first-pass metabolism of orally taken drugs combines the GI-tract epithelium with liver tissue so that the drug must first pass through the epithelium before reaching the liver and the fluidic system that represents the body’s systemic circulation (Esch et al., 2014).

For more complex systems with more organ mimics, PBPK models are used as a guide to construct MPS (Sung et al., 2014, 2019). Using this method, organ chambers are connected to each other in a row or in parallel, depending on how they are connected in the body. As a basic principle, a PBPK model assumes the MPS to be a collection of interconnected compartments. Organ chamber connected via vascular channels provide pharmacodynamic information that individual organ-on-chip devices are unable to achieve. A semi-permeable membrane between vascular and endothelial cells facilitates drug transport and metabolism studies. A fluidically connected vascular network of organ chips enables the study of drug distribution in the organ. Studies show that linking multiple organ on chip systems by using scaling techniques can help advance pharmacokinetic and pharmacodynamic studies (Chang et al., 2017; Cyr et al., 2017).

An advantage of using PBPK models to design MPS is that such a model can also be created for the MPS itself. All design considerations, like organ chamber sizes and flow rates, are computationally entered into the model, and upon solving the model’s mass balance equations, the expected time-dependent drug concentration is obtained. Comparing computationally obtained drug and drug metabolite concentrations with concentrations obtained experimentally with the corresponding MPS can help verify any assumptions that were used to design the system, and gain confidence in the tissue responses that were observed. Adiwidjaja et al. (2020) implemented a PBPK model to determine optimal dosage and potential drug interactions with imatinib, a chronic myeloid leukemia drug, using in vitro drug metabolism and in vivo pharmacokinetic data. The model was then extrapolated to children by factoring in the change in organ size, volume and drug metabolism.

Due to the simplified representation of the human body when using in vitro MPS, extrapolation of information from in vitro to in vivo (IVIVE) system requires the use of mathematical models. One such example is the study conducted by Herland et al. (2020). These authors show adaptation of a computational model of the in vitro linked multi-organ chip to the pharmacokinetic/pharmacodynamic (PKPD) profiles of orally taken and injectable drugs observed in humans in vivo (Herland et al., 2020).



Device Material

Certain considerations in selecting an MPS material include its cost, reusability, sterility, opacity, hydrophilicity, and breathability. There are a variety of biocompatible materials that have been used to make MPS. An integral part of designing a functioning tissue is the proper selection of biocompatible, non-toxic device materials. Since silicon is a material for which many microfabrication processes are available (especially deep reactive ion etching processes), some of the first devices were made from silicon and used with a glass or plastic cover (Sin et al., 2004; Tatosian and Shuler, 2009).

Silicon can also be used to create templates for casting silicone materials such as PDMS. PDMS has become one of the most used materials for MPS fabrication because it is inexpensive, and a single silicon template can be used to cast hundreds of PDMS devices. PDMS also has the advantage of being stretchable, a property that has been used successfully to re-create the mechanical stretching the lung epithelium experiences during the breathing process (Huh et al., 2010). However, when using PDMS, some drug loss can occur due to its affinity to hydrophobic compounds (Vernetti et al., 2017).

More recently, MPS have been made from 3D-printed polymers (Esch et al., 2016; Chen et al., 2020). Like PDMS devices, 3D-printed systems must be checked for drug and drug metabolite losses due to adsorption to device surfaces. Pre-coating of the material to reduce its drug binding properties can act as a potential solution. Parylene, a biocompatible polymer, coated on a 3D printed device does not absorb or react to drugs or metabolites. Esch et al. (2016) used parylene C to coat the 3D printed polymer of their device platform and two-organ chips. This system is primarily advantageous in cases where the drugs to be tested are hydrophobic and cannot be tested with PDMS systems due to adsorption issues.

Since cell culture is highly dependent on the physical and chemical properties of the environment, recreating the in vivo environment in an in vitro setup takes precedence. A recent development, 3D bioprinting of cell types and other materials provides increased control over the structural and cellular environment in a one-step process. Yi et al. (2019) designed a glioblastoma (GBM)-on-chip model using 3D bioprinting process to mimic the in vivo environmental cues of the disease. They used patient derived cancer cell-laden bioink along with silicon ink to print the cells onto a sterilized surface modified slide glass, creating a GBM-on-chip model. This approach helped Yi et al. (2019) achieve an anatomically similar spatial tissue organization of GBM in vitro. Combining the strengths of bioprinting with those of microfluidics can give rise to a physiologically realistic alternate to animal models. Fetah et al. (2019) provide a detailed review on the recent advancements in the use of bioprinting in organ-on-chip systems.




DRUG TOXICITY TESTING WITH MPS

To enable widespread adoption of MPS for drug toxicity screening, the devices need to be reliable, affordable and validated. Device validation often involves the use of a model drug whose toxic effects on the human body are known. While both single and multi-organ MPS can be used to detect any drug’s direct effects on tissues, it is a particular strength of multi-organ MPS to also uncover secondary toxicity from drug metabolites.

This was demonstrated by a study conducted by Sung et al. (2010) using the anticancer drug 5-fluorouracil (5-FU) in their experiments. In vitro testing of breast cancer drug, tamoxifen, with verapamil showed off-target effect on contractility, beat frequency and conduction velocity of cardiac cells by the metabolites of tamoxifen (McAleer et al., 2019a). Terfenedine, currently withdrawn antihistamine drug, is a commonly used cardiotoxin for proof-of-concept studies. A 28-day co-culture of hepatocytes and cardiomyocytes in MPS by Oleaga et al. (2018) was used to show that non-cardiotoxic drugs, terfenadine and cyclophosphamide, generate cardiotoxic metabolites upon liver transformation. In vitro experiments in another liver-heart MPS revealed that the toxic effects of terfenadine were dependent on the concentration of drug within the cardiomyocytes rather than the concentration in the media (McAleer et al., 2019b). Using the experimental drug response data, McAleer et al. (2019b) created a PKPD model that correctly predicted the pharmacokinetics of terfenadine and its metabolites in the MPS. Other model toxicants could be drugs that passed trials with animal models but showed toxicity in clinical trials with humans.

The interconnected organs in an MPS device provide an understanding of the fate of the drug in the body, and the collective response of the organs to the drug, thus creating an efficient model for toxicity studies. In vitro studies also help determine the potential experimental dose range of a drug or a combination of multiple drugs which can then be tested in a clinical setting.

MPS devices can also be used for drug testing in both the pre-clinical phase and post-release market phase. After the approval of a drug, complications such as failed phase 4 clinical trials, post-market failure, and black-box warnings can arise (Mol et al., 2013). Many commercially available drugs cause hepatotoxicity or cardiotoxicity, calling for the need to conduct comprehensive drug safety assessment even post-approval (Minotti, 2010). Drugs that passed clinical trials and then show failures post-approval are good candidates for proof-of-concept MPS studies that aim to uncover rare or longer-term effects. Database (AdisInsight; ClinicalTrials.gov, 2000) on safety analysis of developed drugs or drugs under development, drug toxicity profiles, and mechanisms of drug action can aid in designing experiments for MPS validation.



CONCLUSION

The lengthy and expensive process of drug development often results in failed clinical trials with humans due to low efficacy or higher than expected toxicity, putting into question the reliability of animal testing as a method for drug evaluation.

The development of in vitro human body mimics is a challenging, but exciting goal with abundant research prospects. Multi-organ MPS present a promising route to improve outcome predictions of clinical trials. The devices are designed to be as physiologically realistic as possible by factoring in functional organ volumes, fluid flow rates, and fluid-to-cell ratios. In addition, regulating the blood surrogate volume to physiological levels is of utmost importance to obtain precise concentrations of drug metabolites in the blood surrogate volume. With the development of MPS, the scope of drug development is vast. Easy, reliable, and standardized models for drug testing can aid in development of personalized medicines as well. The use of patient-derived stem cells in MPS can provide patient-specific reactions to the drug or a combination of drugs.

The novelty of MPS also brings variability in functionality. Reporting of MPS design criteria such as scaling factor, fluid volumes, and cellular components used in the research can help standardize the process and make the use of MPS accurate and reproducible.
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Gene editing technologies hold great potential to enhance our ability to model inheritable neurodegenerative diseases. Specifically, engineering multiple amyotrophic lateral sclerosis (ALS) mutations into isogenic cell populations facilitates determination of whether different causal mutations cause pathology via shared mechanisms, and provides the capacity to separate these mechanisms from genotype-specific effects. As gene-edited, cell-based models of human disease become more commonplace, there is an urgent need to verify that these models constitute consistent and accurate representations of native biology. Here, commercially sourced, induced pluripotent stem cell-derived motor neurons from Cellular Dynamics International, edited to express the ALS-relevant mutations TDP-43M337V and TDP-43Q331K were compared with in-house derived lines engineered to express the TDP-43Q331K mutation within the WTC11 background. Our results highlight electrophysiological and mitochondrial deficits in these edited cells that correlate with patient-derived cells, suggesting a consistent cellular phenotype arising from TDP-43 mutation. However, significant differences in the transcriptomic profiles and splicing behavior of the edited cells underscores the need for careful comparison of multiple lines when attempting to use these cells as a means to better understand the onset and progression of ALS in humans.

Keywords: ALS (amyotrophic lateral sclerosis), iPSC (induced pluripotent stem cell), transcriptomics, electrophysiologic analysis, disease model


INTRODUCTION

Amyotrophic lateral sclerosis (ALS) is a clinically and genetically heterogeneous neurodegenerative disease with an incidence rate of roughly 1 in 50,000 people (Chiò et al., 2013). It manifests as degenerative changes (and eventual loss) of upper and lower motor neurons, leading to progressive muscular atrophy and weakness, increased fatigue, and problems with swallowing that typically result in respiratory failure and death. The condition is currently incurable and carries significant personal, societal, and economic burden (Lopez-Bastida et al., 2009; Schepelmann et al., 2010). Riluzole and Edaravone are the only drugs in the United States or Europe currently licensed for use in ALS patients but they are typically only capable of prolonging life by a few months (Bensimon et al., 1994; Petrov et al., 2017; Jackson et al., 2019; Shefner et al., 2019).

There is an urgent need to develop novel therapeutic options capable of ameliorating ALS symptoms or slowing disease progression to improve patient care and quality of life. It is envisioned that greater mechanistic understanding of ALS etiology will enable the identification of suitable biomarkers and therapeutic targets, which will in turn lead to the development of novel treatments. However, the clinical and genetic heterogeneity inherent to ALS pathophysiology makes accurate modeling of the disease difficult and reduces the predictive power of current preclinical animal and cell-based models (Benatar, 2007; Scott et al., 2008; Marangi and Traynor, 2015; Grad et al., 2017).

Induced pluripotent stem cell (iPSC)-based motor neuron models have significantly increased our capacity to model ALS, as well as other neurodegenerative diseases, in human cells (Liu and Deng, 2016; Pasteuning-Vuhman et al., 2020). Recent advances in gene editing techniques hold the potential to further expand these capabilities by enabling the study of phenotypic changes caused by multiple ALS-relevant mutations expressed against consistent background genotypes and in reference to isogenic controls (Heman-Ackah et al., 2016). Such models are now enabling detailed analysis of disease progression in vitro, as well as comparison of phenotypic differences across multiple causal mutations to isolate common ALS etiological features from mutation specific effects.

As promising as these technologies are, there remains a need to ensure that the gene editing strategies utilized to create ALS-relevant lines produce cells that are not only accurate representations of the human disease but also exhibit consistent phenotypes regardless of the editing strategy employed (Berry et al., 2018). This is particularly important for commercially sourced cells, that are likely to be more widely adopted than those created in academic labs, and certainly a favored option for drug companies due to ease of scaling and consistency considerations. To address these concerns, this manuscript aims to characterize the phenotype of commercially sourced motor neurons bearing two ALS-relevant mutations in the TDP-43 gene, TARDBP. Both the Q331K and the M337V variants were provided by Cellular Dynamics International (CDI) and were created using nuclease-mediated engineering that employed the same nuclease but was based on separate donor templates. Each mutant line was engineered from the same iPSC source used to produce their wild type iCell motor neuron line. The phenotypes of these cells were directly compared to that of an in house engineered line expressing the TDP-43Q331K mutation in the WTC11 genotype. Analysis revealed consistent deficits in electrophysiological metrics, mitochondrial structure, and metabolic function in these engineered lines that correlated with results from patient-derived sources and previous studies. However, RNA-seq analysis revealed significant differences in gene expression profiles and splicing behavior between the commercial and in house developed mutant lines. Most notably, differences in stathmin-2 splice activity and CHCHD2 expression patterns highlight the phenotypic inconsistency exhibited by these gene edited iPSC-derived motor neurons. The presence of significant transcriptomic differences between iPSC-derived motor neurons edited to express the same mutation in TDP-43 highlights the need for caution when attempting to define any observed phenotypes as representative of ALS cellular pathology.



RESULTS


Establishment of TDP-43 Mutant Induced Pluripotent Stem Cell Lines and Confirmation of a Motor Neuron Phenotype in Differentiated Cells

Cellular Dynamics International markets human iPSC-derived motor neurons bearing two distinct gene edited point mutations in the TARDBP locus, producing heterozygous TDP-43M337V and TDPQ331K genotypes (Supplementary Figure 1). In order to compare the phenotype of these cells to those subjected to a different CRISPR-based engineering strategy, a TDP-43Q331K+/– mutation was engineered into the widely used WTC11 iPSC line (Kreitzer et al., 2013; Miyaoka et al., 2014). The Q331K variant was chosen in this instance as it generated a stronger phenotype in a transgenic mouse line than a similar transgenic line expressing the M337V variant (Arnold et al., 2013). A schematic diagram of the genome editing strategy used to introduce the Q331K point mutation into the TARDBP locus of human WTC11 iPSCs is provided in Figure 1A. Using this strategy, a cytosine base was replaced with an adenine, resulting in a precision point mutation of Glutamine to Lysine at position 331 (CAG- > AAG) in the translated amino acid sequence. This was confirmed by Sanger sequencing of the target site (Figure 1B). TDP-43Q331K+/– heterozygous clones were selected for subsequent expansion to facilitate direct comparisons with the commercial lines and to increase the clinical relevance of any phenotypic observations as familial ALS patients typically harbor heterozygous disease-causing mutations in their genomes. All selected clones were karyotyped prior to further expansion and were found to bear normal XY karyotypes (Figure 1C).
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FIGURE 1. Production of a CRISPR-edited TDP-43Q331K+/– mutant WTC11 iPSC line and its subsequent differentiation into motor neurons. (A) Schematic diagram of the genome editing strategy used to introduce a Q331K point mutation into the TARDBP locus of human WTC11 iPSCs. The sgRNA is marked in red, and the PAM sequence is presented in blue. The Cas9 cutting site in exon 6 of human TARDBP is indicated by a red arrow. The base C in the green square is replaced with an A, thus resulting in Gln331Lyss (CAG- > AAG), producing a single precision point mutation. The long sequence below is a single stranded DNA (ssDNA) donor with the desired mutation and homologous arms (left 69 bp and right 69 bp). (B) Sequencing data confirming the presence of a heterozygous point mutation (C- > A) in the examined WTC11 line, facilitating the Gln331Lys mutation in the translated amino acid sequence. (C) Karyotype analysis of our CRISPR-edited TDP-43Q331K+/– WTC11 line, illustrating a normal male karyotype following gene editing. (D,E) Bright field images of wild type and TDP-43Q331K+/– mutant motor neurons differentiated from WTC11 iPSCs. Images were collected at day 45 post-induction. (F) Immunocytochemical stain, illustrating positive staining for the motor neuron-specific marker Islet-1 in our human motor neurons differentiated in house from WTC11 iPSCs. (G,H) Percentage of MAP-2 and Islet-1 positive cells present in wild type and TDP-43Q331K+/– mutant WTC11 populations subjected to our motor neuron differentiation protocol. Observed differences were not statistically significant between groups (N.S.). Analysis was performed at 26 days post-induction.


Human iPSC cultures were differentiated into regionally unspecified neural progenitor cells using a monolayer differentiation method adapted from Shi et al. (2012). These cells were subsequently exposed to culture conditions promoting differentiation toward a ventral, spinal phenotype, essentially as described by Amoroso et al. (2013). This protocol led to the development of cells bearing a distinct neuronal morphology, characterized as multipolar cell bodies supporting extensive neuritic outgrowth (Figures 1D,E). These cells stained positive for the motor neuron-specific transcription factor Islet 1 (Figure 1F), indicating successful commitment to the motor neuron lineage. Immunocytochemical analysis of these cultures found that 63 ± 5.5% of the wild type population were positive for the pan neuronal marker microtubule associated protein 2 (MAP-2), whereas 32 ± 5.9% were positive for Islet-1. Similarly, populations derived from the TDP-43Q331K+/– line were found to be 54 ± 3.0% positive for MAP-2 and 25 ± 5.4% positive for Islet-1. All Islet-1 positive cells examined also stained positive for MAP-2 in populations derived from both lines and observed differences in Islet-1 expression levels between mutant and control populations were not found to be statistically significant (Figures 1G,H).

Previous studies have shown that iPSC-derived motor neurons bearing ALS relevant TARDBP mutations exhibit significant levels of translocation of the TDP-43 protein from the normal nuclear location to the cytoplasm, associated with disruption of nuclear RNA splicing functions and with the formation of potentially toxic cytoplasmic aggregates (Winton et al., 2008; Zhang et al., 2009). This phenomenon resembles the TDP-43 proteinopathy reported in the vast majority of ALS patients and serves as an important indicator of correct disease recapitulation in cell-based models of the disease. In order to test whether the described CRISPR-edited WTC11 TDP-43Q331K+/– line exhibited similar features, cells were stained and examined for TDP-43 subcellular localization. While all TDP-43 staining was restricted to the nucleus in wild type controls, mutant neurons displayed substantial levels of cytoplasmic staining and the emergence of distinct puncta indicative of protein aggregate formation (Figures 2A,B). Quantification of cytoplasmic intensity using ImageJ highlighted significant increases in TDP-43 positivity levels outside of the nucleus in TDP-43 mutant cells compared with wild type controls (Figure 2C).
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FIGURE 2. Quantification of TDP-43 cytosolic translocation in WTC11 wild type and TDP-43Q331K+/– iPSC-derived motor neuron populations. (A,B) Immunocytochemical stains for TDP-43 in motor neuron populations differentiated in house from both wild type and TDP-43Q331K+/– mutant WTC11 iPSCs. Mutant cells exhibited significant levels of cytoplasmic staining, indicating translocation of the protein from its normal nuclear location (white arrows). (C) Quantification of the comparative levels of cytoplasmic TDP-43 staining observed in mutant cells and wild type (WT) controls. (D) Levels of cytoplasmic TDP-43 (expressed as a percentage of signal intensity measured in nuclei) observed in wild type and mutant neurons exposed to either mechanical or enzymatic dissociation during differentiation. Analysis was performed at 25 days post-induction, with passaging performed at day 20. *p < 0.05, ****p < 0.0001.


Association of TDP-43 with cytoplasmic stress granules may contribute to seeding of cytoplasmic TDP-43 aggregation (Khalfallah et al., 2018) and oxidative stress likewise promotes cytoplasmic redistribution of TDP-43 (Zuo et al., 2021), suggesting that cellular stress may be an important determinant of TDP-43 redistribution. Our motor neuron differentiation protocol involves the replating of cells at multiple stages and relies on mechanical trituration to break up cell clusters during passage, leading us to ask whether the mechanical stress of our culture methods might influence cytoplasmic accumulation of TDP-43. To address this question, parallel differentiations were conducted using enzymatic dissociation with TrypLE instead of mechanical dissociation and the resulting levels of cytoplasmic TDP-43 were then quantified (Figure 2D). Results indicate that mechanical trituration during differentiation of iPSCs expressing mutant TDP-43 led to significant increases in TDP-43 aggregation. A small increase in cytoplasmic TDP-43 aggregation in mechanically triturated wild type controls was not found to bear statistical significance. Enzymatically dissociated mutant cells still exhibited a small but significant increase in cytoplasmic TDP-43 expression compared to wild type but this difference was substantially smaller than that observed in mechanically dissociated cells.



Comparison of Splice Activity and Transcriptomes in Commercially Sourced and In-House Generated CRISPR-Edited Amyotrophic Lateral Sclerosis Lines

Bulk RNA-seq was performed on differentiated CDI and WTC11 populations. While presence of the Q331K mutation was confirmed for the WTC11 mutant line by Sanger Sequencing during its derivation, no similar confirmation had been performed for the commercial cells. We therefore began by confirming the presence of the M337V and Q331K mutations in the respective CDI lines prior to any downstream analysis using the raw RNA-seq reads (Supplementary Table 1).

Once presence of the mutations was confirmed in all lines, RNA-seq datasets were then used to compare and contrast the transcriptomes of TDP-43 wild type and mutant neurons derived from these sources (Supplementary Table 2). As expected, preliminary analysis of normalized expression values indicated that both CDI and WTC11 cultures exhibited strong expression of typical motor neuron markers such as Islet1 and choline acetyltransferase (ChAT). Conversely, expression of stem cell markers was notably absent, confirming the efficiency of the differentiation protocols employed for each cell type. Unsurprisingly, substantial expression of markers of V1, V2, and V3 ventral spinal cord interneurons were present in both CDI and WTC11 cultures, although the proportion of different interneuron classes differed. Both cultures were devoid of markers of astrocytes, but expressed substantial levels of an oligodendrocyte marker.

Gene ontology (GO) biological process enrichment analysis was used to compare TDP-43 mutant cell lines for changes in cell signaling (relative to their control cell lines) (Figures 3A–F). WTC11 wild type and mutant lines exhibited significant differences in processes related to cell cycle, likely indicating differing levels of contaminating proliferating cells in the examined cultures. CDI cells showed no such contamination, thereby confirming the presence of a purer population. Despite this difference, consistent changes were observed, including down regulation of processes governing nervous system development in both CDI and WTC11 TDP-43Q331K+/– mutants and upregulation of angiogenic and hypoxic processes across all mutant cell types examined. This consistency, despite differing levels of contaminating proliferating cells likely indicate these altered processes as significant in contributing to ALS cellular pathology in TDP-43Q331K+/– mutant neurons. In the CDI lines, more biological processes were affected in the Q331K variant compared with M337V mutant cells; a result that likely reflects the stronger phenotype observed in Q331K mutant mice (Arnold et al., 2013).

Previous studies have indicated that ALS-associated TDP-43 mutations or TDP-43 proteinopathy associated with non-familial ALS cause mis-splicing of STMN2 gene transcripts, splicing in a cryptic exon that results in greatly diminished steady-state levels of stathmin-2 mRNA and protein (Melamed et al., 2019). Consequently, we examined RNA-seq data for evidence of expression of the STMN2 cryptic exon (Figure 3G). WTC11 TDP-43Q331K+/– motor neurons expressed small amounts of the STMN2 cryptic exon while wild type cells did not. Conversely, STMN2 cryptic exon expression was absent in both TDP-43M337V+/– and TDP-43Q331K+/– motor neurons from CDI (Supplementary Figure 2), highlighting a significant deviation in phenotype from both the WTC11 lines examined in this study and those discussed in previous work. These results were confirmed by RT-qPCR, which showed significant upregulation of transcripts bearing the cryptic exon in WTC11 mutant neurons compared with controls. Although these mutant neurons exhibited greater expression of transcripts bearing the cryptic exon, the proportion of such transcripts was not sufficient to diminish the total quantity of STMN2 mRNA expressed. As mis-splicing of the STMN2 cryptic exon is believed to result from redistribution of TDP-43 from the nucleus to cytoplasm (Prudencio et al., 2020), the lack of mis-splicing in the CDI neurons is consistent with lack of cytoplasmic TDP-43 observed in these cells.


[image: image]

FIGURE 3. Effects of TDP-43 mutation on gene expression profiles and STMN2 splicing behavior in CDI versus WTC11 motor neuron populations. (A) Gene ontology (GO) enrichment for genes downregulated in WTC11 TDP-43Q331K+/– mutant samples compared with wild type controls. (B) GO enrichment for genes downregulated in CDI TDP-43M337V+/– mutant samples compared with wild type controls. (C) GO enrichment for genes downregulated in CDI TDP-43Q331K+/– mutant samples compared with wild type controls. (D) GO enrichment for genes upregulated in WTC11 TDP-43Q331K+/– mutant samples compared with wild type controls. (E) GO enrichment for genes upregulated in CDI TDP-43M337V+/– mutant samples compared with wild type controls. (F) GO enrichment for genes upregulated in CDI TDP-43Q331K+/– mutant samples compared with wild type controls. (G) Integrated Genome Viewer Sashimi plot of splicing at STMN2. Three replicates of the TDP-43Q331K+/– line demonstrate skipping to an intronic sequence.




Comparison of Electrophysiological Phenotypes Between Commercially Sourced and In-House Generated CRISPR-Edited Amyotrophic Lateral Sclerosis Lines

Given the differences in transcriptome and STMN2 splicing behavior between CDI and WTC11 motor neuron populations, electrophysiological characterization was sought as a means to compare functional development in these lines. Whole cell patch clamp was used to assess CDI cell action potential firing properties at 21 days post-thaw. This timepoint was selected as preliminary analysis indicated that a 3-week culture was necessary to promote the adoption of a mature electrophysiological phenotype in wild type controls (Supplementary Figure 3). In-house differentiated cells were examined at days 45–50 (and day 90) post-induction as initial studies indicated that length of culture was required for wild type controls to reach comparable functionality to that of their CDI counterparts.

Cells were binned based on their capacity to elicit repetitive action potential trains in response to 500 ms depolarizing current injections as previously described (Devlin et al., 2015; Figure 4A). TDP-43Q331K+/– WTC11 motor neurons showed comparable levels of function to wild type controls at day 50, with roughly 50% of patched cells exhibiting repetitive firing behavior (Figure 4B). Cells at day 90 showed a substantial decrease in repetitive activity in mutant cells compared with controls, indicating a progressive loss of function that mirrors previously reported results (Devlin et al., 2015; Figure 4C). In CDI cells, the TDP-43M337V+/– line exhibited no significant change in firing patterns at day 21, whereas the TDP-43rm Q331K+/– line displayed levels of function comparable to WTC11 mutant cells at day 90 (Figure 4D). In addition, both the M337V and the Q331K variants exhibited significantly more depolarized resting membrane potentials (RMPs) compared with wild type controls (Figure 4E); a hallmark indicator of poorer functional development and stability in cultured neurons. Specifically, average RMP in wild type cells was −54.8 ± 2.0 mV, compared with −45.6 ± 2.6 and −43.7 ± 2.6 mV in M337V and Q331K variants, respectively. No change in RMP was observed in WTC11 mutant cells at either day 50 or day 90 post-induction (Supplementary Figure 4).
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FIGURE 4. Electrophysiological assessment of WTC11 and CDI iPSC-derived motor neuron function. (A) Representative action potential firing properties recorded from CDI iPSC-derived motor neurons illustrating increasing functional maturation. (B) Percentage of WTC11 cells from wild type (n = 25) and TDP-43Q331K+/– (n = 20) motor neuron populations exhibiting different action potential firing behaviors during whole cell patch clamp analysis at day 50 post-induction. A contingency table comparing cell type against firing behavior found that the two factors were not significantly related (p = 0.25), suggesting that frequency of firing type occurrence within each population is not dependent on the cell type examined at this timepoint. (C) Analysis of WTC11 motor neuron firing types at day 90 post-induction. At this time point, a contingency table comparing cell type against firing behavior found that the two factors were significantly related (p < 0.0001), suggesting that frequency of firing type occurrence within each population is dependent on the cell type examined. (D) Percentage of CDI cells from wild type (n = 43), TDP-43M337V+/– (n = 20), and TDP-43Q331K+/– (n = 25) motor neuron populations exhibiting different action potential firing behaviors during whole cell patch clamp analysis at 21 days post-thaw. A contingency table comparing cell type against firing behavior found that the two factors were significantly related (p = 0.0018), suggesting that frequency of firing type occurrence within each population is dependent on the cell type examined. (E) Resting membrane potentials measured from CDI wild type and mutant TDP-43 mutant motor neurons by whole cell patch clamp at 21 days post-thaw. *p ≤ 0.017. (F) Spontaneous rate of fire recorded from CDI motor neuron populations maintained on microelectrode arrays (MEAs). *p = 0.034. (G) Spontaneous burst fire behavior recorded from CDI motor neuron populations maintained on MEAs. *p ≤ 0.021. (H) Duration of spontaneous burst activity recorded from CDI motor neuron populations maintained on MEAs. *p ≤ 0.015. For panels (F–H), the timepoint examined is 21 days post-thaw and n = 8 (wild type) or 9 (TDP-43M337V+/– and TDP-43Q331K+/–). (I) Spontaneous rate of fire recorded from WTC11 motor neuron populations maintained on MEAs. *p = 0.0004. (J) Spontaneous burst fire behavior recorded from WTC11 motor neuron populations maintained on MEAs. *p = 0.0005. (K) Duration of spontaneous burst activity recorded from WTC11 motor neuron populations maintained on MEAs. *p = 0.057. For panels (I–K), the timepoint examined is 35 days post-induction and n = 45 (wild type) or 48 (TDP-43Q331K+/–).


Further characterization of TDP-43 mutant motor neuron electrophysiology was performed using multielectrode arrays (MEAs) in order to probe how altered action potential firing properties manifest at the population level. Following 21 days culture on MEAs (Supplementary Figure 5), CDI cells bearing M337V and Q331K mutations exhibited significant differences in population level function, with a notable decrease in burst fire behavior but an increase in burst duration and weighted mean firing rates (Figures 4F–H). Specifically, burst fire behavior was measured at 24.2 ± 3.3 bursts per minute (bpm) in wild type cells, 12.6 ± 2.5 bpm in M337V mutants, and 13.9 ± 1.5 bpm in Q331K populations. Burst durations were measured at 0.27 ± 0.01 s for wild type cells, 0.45 ± 0.05 s for M337V cells, and 0.59 ± 0.03 s for Q331K mutants. Overall weighted mean firing was recorded at 0.93 ± 0.15 Hz for wild type, 1.19 ± 0.23 Hz for M337V, and 1.63 ± 0.15 Hz for Q331K. A burst of neuronal activity is defined as a recording period where the time between detected depolarizing spikes is less than 100 ms for a minimum of 10 consecutive spikes (Chiappalone et al., 2005; Kapucu et al., 2012). Increased burst behavior is associated with maturing neuronal networks (Chiappalone et al., 2005) and a strong indicator of functional competency in cultured neurons. The observation that fewer bursts occurred in examined cultures, but that these events were longer once initiated, was noteworthy as it suggests an overall drop in spontaneous neuronal activation in mutant cells, but an increase in repetitive firing once activated, potentially mirroring hyperexcitability of ALS central and peripheral neurons in patients (Wainger et al., 2014; Noto et al., 2016; Do-Ha et al., 2018). WTC11-derived motor neuron populations exhibited a similar reduction in burst firing behavior in mutant cells (104.2 ± 21.9 bpm for wild type versus 25.5 ± 4.2 bpm for Q331K mutants) as well as a trend toward increased burst duration in the Q331K variants (0.22 s ± 0.008 for wild type and 0.25 ± 0.011 s for Q331K mutants; Figures 4I–K). Interestingly, weighted mean firing rate was reduced in WTC11 mutant cells but increased in CDI mutant lines compared with controls. This difference may reflect the significant difference in baseline firing rates between WTC11 and CDI control cells. Since the burst incidence rate was substantially higher in the WTC11 line, the significant reduction in burst activity observed in both mutant populations may have had a more drastic impact on the overall mean firing rate for the WTC11 cells than it did for the CDI neurons.

In vivo, spinal cord motor neurons synapse directly with skeletal muscle fibers and therefore should not form functional networks in culture. As such, the presented burst fire data likely indicate the presence of an interneuron population in the WTC11 cultures, which would facilitate network development and lead to the observed bursting behavior. Initial characterization of differentiated motor neurons revealed that the proportion of cells expressing the pan-neuronal marker MAP-2 was greater than the proportion of cells expressing the motor neuron marker, Islet-1, supporting this conclusion. Analysis of bulk RNA-seq data (discussed above) confirmed significant expression (relative to motor neuron-specific Islet1 expression) of V2a/V2b interneuron markers as well as lower expression of V3 markers in these cell populations.



Analysis of Mitochondrial Structure and Metabolic Function in Commercially Sourced and In-House Generated CRISPR-Edited Amyotrophic Lateral Sclerosis Lines

To further compare and contrast the cellular phenotypes exhibited by CRISPR-edited TDP-43 mutant motor neurons from CDI and WTC11 sources, the structure and function of resident mitochondria were examined. Given the importance of metabolic dysfunction in contributing to ALS disease onset and progression (Tefera and Borges, 2017), the capacity for CRISPR-edited cell-based models of the disease to recapitulate this pathological feature is an important point to verify. Furthermore, GO biological process analysis of the collected RNA-seq data highlighted consistent alterations to pathways regulating hypoxia in both CDI and WTC11 neurons, underscoring the need to characterize mitochondrial phenotype in these cells.

Transmission electron microscope (TEM) images were collected from wild type and TDP-43 mutant samples to characterize morphological differences in mitochondria resident within these cells (Figures 5A–C). In the CDI lines, a significant increase in cross-sectional area, along with a decrease in circularity, was observed in the mitochondria of mutant cells (Figures 5D,E). Specifically, average cross-sectional area in wild type CDI neurons was measured as 0.14 ± 0.009 versus 0.18 ± 0.012 and 0.19 ± 0.010 μm2 in M337V and Q331K variants, respectively. Circularity in wild type cells was measured as 0.62 ± 0.02 versus 0.50 ± 0.02 and 0.56 ± 0.02 in M337V and Q331K variants, respectively.
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FIGURE 5. Analysis of mitochondrial structure in CDI and WTC11 wild type and TDP-43 mutant motor neurons. (A–C) Representative transmission electron micrographs (TEM) of mitochondria within CDI motor neurons. Insets illustrate details of cristae structure from mitochondria within each image. (D) Cross-sectional area measured from TEM images of mitochondria in CDI wild type (n = 144), TDP-43M337V+/– (n = 85), and TDP-43Q331K+/– (n = 202) motor neurons. Data from wild type and TDP-43Q331K+/– samples were significantly different from each other (*p = 0.0016). (E) Circularity measured from TEM images of mitochondria in CDI wild type, TDP-43M337V+/–, and TDP-43Q331K+/– motor neurons. Data from wild type neurons was significantly different from both TDP-43M337V+/– and TDP-43Q331K+/– samples (*p ≤ 0.037). (F) Percentage of mitochondria in CDI wild type (n = 43), TDP-43M337V+/– (n = 20), and TDP-43Q331K+/– motor neuron populations exhibiting normal and altered cristae structure, with normal being defined as regular, well defined cristae throughout the entire observable mitochondrial structure. A contingency table comparing cell type against cristae structure found that the two factors are significantly related (p = 0.0018), suggesting that frequency of normal cristae occurrence within each population is dependent on the cell type examined. (G) Cross-sectional area measured from TEM images of mitochondria in WTC11 wild type (n = 229) and TDP-43Q331K+/– (n = 238) motor neurons and compared to results obtained from an ALS patient-derived iPSC line bearing a TDP-43G298S+/– mutation (n = 361). Data from wild type and TDP-43Q331K+/– samples were significantly different from each other (*p = 0.025), whereas data from wild type and TDP-43G298S+/– patient samples were approaching significance (p = 0.055). (H) Circularity measured from TEM images of mitochondria in WTC11 wild type and TDP-43Q331K+/– motor neurons and compared to results obtained from an ALS patient-derived iPSC line bearing a TDP-43G298S+/– mutation. Data from wild type and TDP-43Q331K+/– samples were not significantly different from each other (p = 0.0817), whereas data from wild type and TDP-43G298S+/– mutant samples were (*p = 0.0035). (I) Percentage of mitochondria in WTC11 wild type and TDP-43Q331K+/–, as well as TDP-43G298S+/– patient iPSC-derived, motor neuron populations exhibiting normal and altered cristae structure. A contingency table comparing cell type against cristae structure found that the two factors are significantly related (p = 0.0018), suggesting that frequency of normal cristae occurrence within each population is dependent on the cell type examined.


In addition to these readouts, mitochondria were binned as possessing “normal” or “altered” cristae structure based on the presence or absence of regularly spaced transverse protrusions throughout the entirety of the mitochondrial matrix (Figure 5F). Under these conditions, both M337V and Q331K variants exhibited a statistically significant increase in the number of observed “altered” cristae morphologies from examined cells. Together, these data suggest that TDP-43 mutations in iPSC-derived motor neurons lead to gross alterations in the size, elongation and cristae structure of resident mitochondria.

Similar results were observed in WTC11 motor neuron populations (Figures 5G–I), with wild type cells exhibiting an average cross-sectional area of 0.07 ± 0.004 μm2 compared with 0.09 ± 0.006 μm2 in the TDP-43Q331K mutants. Circularity also decreased in WTC11 cell lines, going from 0.80 ± 0.01 μm2 in wild type cells to 0.78 ± 0.01 μm2 in the mutant line, although this difference was not statistically significant. These results highlight a consistency in mitochondrial phenotype between the two cell sources, albeit less pronounced in the in-house produced cells. Comparison of the WTC11 CRISPR-engineered neuron populations with cells derived from an ALS patient line bearing a TDP-43G298S+/– genotype further supported the notion that this alteration in mitochondrial structure was representative of TDP-43 mutant ALS. Specifically, the patient-derived cells showed a high degree of “altered” cristae morphologies, coupled with larger (cross-sectional area of 0.09 ± 0.005 μm2), less rounded mitochondria (circularity of 0.77 ± 0.01), largely recapitulating the phenotype observed in the CRISPR-edited WTC11 lines.

Mitochondrial dysfunction is often associated with increased production of reactive oxygen species (ROS). In view of the altered mitochondrial morphology associated with TDP-43 mutations, we performed analysis of ROS production in these lines using fluorescent dye probes. These results indicated that TDP-43 mutant cells exhibit higher relative expression levels of markers of oxidative stress, as well as superoxide and nitric oxide, than their wild type counterparts (Figures 6A–G). This increase was consistent between CDI and WTC11 cell sources and mirrors results reported previously for C9orf72 mutant neuron lines (Lopez-Gonzalez et al., 2016). Based on the observed deficits in mitochondrial structure and function, Seahorse analysis was used to quantify oxygen consumption rates (OCRs) in these mutant motor neuron lines. Unfortunately, CDI cells were not able to survive the Seahorse assay protocol, possibly due to the purified nature of the cultures in question. WTC11 neuronal populations did survive and exhibited a significant drop in the basal OCR of TDP-43Q331K+/– mutant cells, compared with wild type controls, as well as an additional reduction in OCR in response to FCCP exposure (Figures 6H–J). Specifically, measured basal OCR in wild type cells was 143.5 ± 3.5 and 87.6 ± 10.7 pMol/min in TDP-43Q331K+/– mutant cells. OCR in response to FCCP exposure was 27.4 ± 1.7 pMol/min in wild type cells and 6.2 ± 1.8 pMol/min in TDP-43Q331K+/– mutant neurons.
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FIGURE 6. Analysis of reactive oxygen species production in CDI and WTC11 wild type and TDP-43 mutant motor neurons. (A) Representative staining from TDP-43Q331K+/– mutant motor neurons illustrating expression of superoxide, nitric oxide, and markers of oxidative stress collected from CDI cells. (B) Levels of oxidative stress measured from CDI wild type (n = 276), TDP-43M337V+/– (n = 304), and TDP-43Q331K+/– (n = 262) motor neurons. All experimental groups were significantly different from each other (*p < 0.0001). (C) Levels of superoxide measured from CDI wild type, TDP-43M337V+/–, and TDP-43Q331K+/– motor neurons. All experimental groups were significantly different from each other (*p ≤ 0.02). (D) Levels of nitric oxide measured from CDI wild type, TDP-43M337V+/–, and TDP-43Q331K+/– motor neurons. All experimental groups were significantly different from each other (*p < 0.0001). (E) Levels of oxidative stress measured from WTC11 wild type (n = 15) and TDP-43Q331K+/– (n = 15) motor neurons. *p < 0.0001. (F) Levels of superoxide measured from WTC11 wild type (n = 15) and TDP-43Q331K+/– (n = 15) motor neurons. *p < 0.0001. (G) Levels of nitric oxide measured from WTC11 wild type (n = 15) and TDP-43Q331K+/– (n = 15) motor neurons. *p = 0.0003. (H) Seahorse metabolic profiles measured from culture wells housing WTC11 wild type (n = 34) or TDP-43Q331K+/– (n = 22) motor neurons. Measurements were taken at baseline and then following exposure to oligomycin, FCCP, and rotenone/antimycin A. (I) Basal oxygen consumption rate measured from WTC11 wild type (n = 34) or TDP-43Q331K+/– (n = 22) motor neuron populations. *p < 0.0001. (J) Normalized oxygen consumption rate measured from WTC11 wild type or TDP-43Q331K+/– motor neuron populations exposed to FCCP *p < 0.0001.


Taken together, these data highlight a significant reduction in oxidative metabolism in TDP-43Q331K+/– mutant cells, coupled with an increase in ROS production, that correlates with altered cristae regularity and mitochondrial structure. Given the potential importance of these observations in adding to our understanding of cellular phenotypes in ALS, the RNA-seq data was interrogated for specific gene expression changes that may contribute to the highlighted mitochondrial phenotype. In data for the CDI motor neurons, the most heavily down-regulated gene for both M337V and Q331K variants was CHCHD2, a gene encoding the protein Coiled-Coil-Helix-Coiled-Coil-Helix Domain Containing 2. The downregulation of CHCHD2 was confirmed in CDI cells via immunocytochemistry and RT-qPCR (Supplementary Figure 6). Remarkably, however, CHCHD2 expression in the WTC11 motor neuron populations was found to be significantly upregulated in TDP-43Q331K+/– mutant cells; the exact opposite result from that observed in CDI cells. A recent study found that a small chromosomal abnormality that frequently arises during expansion of human embryonic stem cells (20q11.21 amplification) causes loss of CHCHD2 expression (Markouli et al., 2019). Such a culture artifact could potentially account for the diminished CHCHD2 gene expression in the CDI TDP-43 mutant lines. This chromosomal abnormality is too small to be apparent in karyotypic analysis. However, 20q11.21 amplification is known to cause increased expression of BCL2L1, ID1, and HM13; three genes encoded at this locus. RNA-seq data revealed a modest increase in expression of BCL2L1, ID1, and HM13 in the CDI TDP-43 mutant lines (data not shown) indicating that this 20q11.21 amplification may be present in these cells.

Loss of CHCHD2 activity has been reported to disrupt mitochondrial cristae structure (Zhou et al., 2018; Liu et al., 2020). However, as similarly abnormal mitochondrial structures were observed in two different TDP-43Q331K+/– lines with oppositely altered levels of CHCHD2 expression, the line-specific loss of CHCHD2 expression does not appear to be responsible for the observed mitochondrial effects.




DISCUSSION

CRISPR-mediated gene editing, combined with cutting edge iPSC technology, holds significant potential for modeling human disease. Critical factors to consider when seeking to implement such methodologies for the study of disease etiology and progression is whether CRISPR-engineered phenotypes represent accurate depictions of the in vivo condition and whether these phenotypes are consistent regardless of the editing strategy employed. This study therefore sought to characterize the cellular phenotype of iPSC-derived motor neurons bearing CRISPR-engineered, ALS-relevant TDP-43 mutations. In addition, this work compared and contrasted the structural and functional differences that arose between TDP-43 mutant cells derived by different teams using distinct gene editing strategies. Critically, this comparison involved assessment of commercially sourced iPSC-derived neurons since such cells are typically used by drug companies for large-scale preclinical drug screens to reduce variability and enable normalization of results across sites (Scott et al., 2013).

Transcriptomic assessment of in-house derived and commercially sourced lines highlighted the relative purity and consistency of the commercial cells. While both CDI and WTC11 populations exhibited strong expression of motor neuron-specific transcripts, all these differentiated lines expressed significant levels of V1, V2 and V3 interneuron markers, and an oligodendrocyte marker, indicating the presence of a mixed population of ventral spinal neurons and supporting cells. Furthermore, although consistent levels of the motor neuron marker Islet1, substantial variance was observed in levels of ChAT expression, indicating a potential difference in the maturation state of motor neurons derived from these two sources. Variance in the number of contaminating proliferating cells between WTC11 wild type and TDP-43Q331K+/– mutant populations also underscored the heterogeneity of the in-house differentiated lines. While methods for purifying iPSC-derived neurons from mixed differentiation runs have been described previously (Yuan et al., 2011), such techniques were not employed here as many of the assays employed in this study (Seahorse, MEA, etc.) required large numbers of cells and the attrition rates associated with antibody-based purification methods would have made such assays untenable. Despite differences in the base rate of fire and the associated rate of decline between CDI and WTC11 mutant populations, the consistent trends mirror results reported previously for patient-derived lines (Devlin et al., 2015), suggesting that the observed electrophysiological phenotype in these gene edited neuronal populations is representative of the human disease. Furthermore, the consistency of the observed electrophysiological dysfunction engenders confidence that this phenotypic aspect was not an artifact of the specific editing strategy used to create the mutant lines.

One of the hallmarks of ALS is mitochondrial dysfunction and some effort has been made to characterize the functional deficits of these organelles within iPSC-based models of C9orf72-mediated ALS (Lopez-Gonzalez et al., 2016). While mitochondrial defects in TDP-43 mutant neurons have been reported in rodent cells (Wang et al., 2013), to the best of our knowledge none have been reported previously in human neurons. RNA-seq results for both CDI and WTC11 mutant lines highlighted alterations in biological processes associated with regulating hypoxia, further underscoring the importance of characterizing metabolic behavior in these lines. TEM analysis revealed significant alterations in mitochondrial area and circularity, with mutant cells producing larger, more elongated organelles (suggesting increased fusion) with a significant reduction in the presence and regularity of cristae structures. This was coupled with increases in expression of oxidative stress markers and a substantial reduction in OCRs in TDP-43 mutant WTC11 neurons. Although similar increases in ROS production have been previously reported for C9orf72 mutant cells (Lopez-Gonzalez et al., 2016), to the best of our knowledge, this study is the first to characterize the extent of mitochondrial dysfunction in human TDP-43 mutant neurons. Again, the consistency of phenotype observed between CDI and WTC11 populations, as well as the correlation of the collected data with results from patient-derived TDP-43G298S+/– cells, provides confidence in the relevance of the phenotype in terms of modeling ALS. However, results from the analysis of CHCHD2 expression caution against over interpretation of the data. CHCHD2 forms a heterodimer with closely related CHCHD10. This dimer is responsible for regulating cytochrome c oxidase activity within the inner mitochondrial membrane and regulating cristae structure. CHCHD2 mutations are already associated with several neurodegenerative diseases, including frontotemporal dementia (Che et al., 2018) and Parkinson’s disease (Funayama et al., 2015; Meng et al., 2017), while CHCHD10 mutations have also been found to cause ALS (Dols-Icardo et al., 2015; Zhang et al., 2015). As such, dysregulation of CHCHD2 in TDP-43 mutant cells could be a major contributor to ALS pathology in these patients. The CDI RNA-seq data seem to suggest that CHCHD2 downregulation is one of the most profound impacts of TDP-43 mutation. However, previous work has indicated that CHCHD2 is a gene that exhibits variable expression behavior across otherwise consistent iPSC lines (Zhu et al., 2016). Secondly, a number of studies based on iPSC models of neurodegenerative disease have reported CHCHD2 mis-regulation and suggested this as a factor contributing to disease pathology (Shimojima et al., 2015; Xu et al., 2017; De Angelis et al., 2019). The emergence of altered CHCHD2 expression in a variety of gene mutations responsible for dissimilar genetic diseases raises the red flag that such changes in gene expression may represent some stochastic and disease-unrelated epigenetic event associated with reprogramming and/or subcloning. Taking into account the available literature, it must be noted that the results reported here may likewise constitute an artifact of the subcloning associated with the generation of the gene edited CDI lines and not an actual effect of the mutation in the TARDBP gene. Such a hypothesis would seem to be supported by the WTC11 results, which conversely showed a significant upregulation of CHCHD2 expression in the TDP-43 mutant line compared with isogenic controls.

The critical role of CHCHD2 in regulating normal mitochondrial structure and function underscores the importance of comparing phenotypes across multiple lines when attempting to identify mechanisms contributing to ALS cellular characteristics. While the CDI results in isolation seem to highlight mis-regulation of CHCHD2 as a potential contributor to cellular pathology in ALS, results from the WTC11 line indicate that such pathological features are present even without CHCHD2 downregulation. As such, one can be relatively confident that the mitochondrial phenotype observed in this study represents a consistent feature of TDP-43 mutation in iPSC-derived neurons and may therefore be representative of ALS. This assumption is further supported by results from the patient-derived TDP-43G298S+/– line, which confirm the presence of structural aberrations in the mitochondria of unedited mutant neurons. However, the role of CHCHD2 mis-regulation in contributing to this defect requires further examination.

Extensive evidence points to expression of a cryptic exon in STMN2 transcripts that may account for some features of the phenotype observed in cell-based models of ALS, such as diminished axonal regenerative capacity (Klim et al., 2019; Melamed et al., 2019). In the present study, alternative splicing of STMN2 gene transcripts was observed in WTC11 TDP-43Q331K+/– motor neurons but was notably absent in the comparable line from CDI. Furthermore, where present, the extent of STMN2 mis-splicing was not sufficient to reduce the overall level of STMN2 mRNA expression. Thus, stathmin-2 dysfunction is not responsible for the electrophysiological or mitochondrial abnormalities that were observed in both lines. All other aspects of phenotype characterized in this study showed consistency with in-house edited lines (that did show STMN2 cryptic exon expression), indicating that at least some aspects of ALS cellular pathology can develop in cultured neurons in the absence of STMN2 mis-splicing. These results serve to highlight the need for caution when interpreting the phenotypes of individual iPSC-lines as accurate models of disease and variations observed in STMN2 splicing further underscore this point.

In this study, WTC11 mutant neurons exhibited significant TDP-43 translocation from the nucleus, in line with previous work (Winton et al., 2008; Zhang et al., 2009). Replacement of mechanical trituration with enzymatic dissociation led to significant reductions in the level of cytoplasmic TDP-43 expression observed. Since the level of cytoplasmic TDP-43 translocation would likely affect transcriptomic and splicing changes in the resulting cells, the provision of more gentle differentiation methods may reduce the phenotypic impact of the mutation by limiting stress granule formation. This observation raises the interesting possibility that aggregation of TDP-43 in ALS is stress dependent (Wolozin and Ivanov, 2019; Zuo et al., 2021), which might explain why ALS manifests as a late onset disease since it takes time for stresses to accumulate throughout life. This could also help explain why the clinical manifestations are so variable as they are dependent on the levels of environmental stress the patient is subjected to, which could vary significantly throughout an individual’s lifetime. Regardless, these data highlight that culture history can contribute to phenotype in iPSC-derived neuronal models of ALS, further underscoring the need to carefully dissect mutation-dependent effects from environmental cues when investigating disease mechanisms using such model systems.

In summary, commercial and in-house iPSC-derived motor neurons exhibited consistent electrophysiological phenotypes in TDP-43 mutant cultures. These results correlate with previously reported data from patient-derived cells, suggesting an accurate portrayal of functional decline in response to CRISPR-engineered mutations in TARDBP. Consistent dysregulation of mitochondrial structure and function was also observed across these mutant lines, indicating that degradation of cristae structure and increased ROS production occurs in response to TDP-43 mutation. While electrophysiological and mitochondrial abnormalities were consistently observed across all iPSC lines bearing TARDBP gene mutations, occurrence of CHCHD2 mis-regulation and mis-splicing leading to STMN2 cryptic exon expression showed line-specific variability, potentially due to differences in culture history and levels of mechanical stress during differentiation. These results indicate that TDP-43 mutant ALS possesses a complex cellular pathology that likely arises from multiple mechanisms, which reinforces the importance of confirming results in multiple lines to ensure accuracy when using CRISPR-based iPSC models to make predictions related to ALS disease mechanisms and/or drug responses.



MATERIALS AND METHODS

Unless otherwise stated, all incubation steps were carried out at 37°C/5% CO2.


CRISPR-Mediated Introduction of TARDBP Mutation Into WTC11 Induced Pluripotent Stem Cells

Working with the University of Washington’s Institute for Stem Cell and Regenerative Medicine Ellison Stem Cell Core, heterozygous TDP-43Q331K mutations were introduced into the WTC11 iPSC line, using methods described previously (Miyaoka et al., 2014). Cas9 guide RNAs (gRNA) targeting the TARDBP coding region were designed using a combination of web-based tools (CRISPoR and CRISPR-Scan websites). Particular attention was paid to the gRNA placement within the gene, off-target predictions, and SNP locations. To limit the exposure of the DNA to the genome editing enzyme and reduce off-target events, Cas9 protein and gRNA were introduced as ribonucleoprotein complexes. One million WTC-11 iPSC were electroporated with Cas9 (0.6 μM, Sigma) and gRNA (3 μM, Synthego) along with a ssDNA donor (2 μM, IDT) using Amaxa nucleofector (Human Stem Cell kit 2) in presence of ROCK inhibitor. Individual clones were handpicked and plated into 96 well plates. DNA was extracted using Quick Extract DNA extraction solution (Epicentre #QE09050) and nested PCR was performed using Forward (GCTTATTTTTCCTCTGGCTTTAGA) and Reverse (GATCCCCAACCAATTGCTGC) primers. The PCR product was purified using EXO-SAP enzyme (ThermoFisher) and sent for Sanger sequencing analysis (through Genewiz). Topo-cloning of PCR amplicons was performed for picked lines to validate their genotype. Clones harboring the Q331K mutation were amplified and sent for G-band karyotyping (outsourced to Diagnostic Cytogenetics Inc., Seattle, WA, United States).

gRNA sequence: GCAGCACTACAGAGCAGTTG

ssDNA sequence: GGTGGTGGGATGAACTTTGGTGCGTT CAGCATTAATCCAGCCATGATGGCTGCCGCCCAGGCAGC ACTAAAGAGCAGTTGGGGTATGATGGGCATGTTAGCCAG CCAGCAGAACCAGTCAGGCCCATCGGGTAATAACC.



Cell Culture

Commercially sourced (iCell) human iPSC-derived motor neurons were purchased from CDI and were stored, thawed, and maintained according to the manufacturer’s protocol. Two different TDP-43 mutant lines were used in this study; M337V (CDI: CUS-MNC-1 × 01279.418) and Q331K (CDI: CUS-MNC-1 × 01279.435). In all experiments, the described mutant neurons were compared to an isogenic control iPSC-derived motor neuron line (CDI: R1049).

Culture surfaces were first treated with a 0.07% polyethylenimine solution (Sigma-Aldrich) and incubated overnight. Treated surfaces were then washed three times with sterile distilled water and allowed to dry for 1 h. Dried surfaces were treated with 5 μg/mL laminin (Sigma-Aldrich) and again incubated overnight. After incubation, the laminin solution was aspirated and cells plated immediately at 55,000 cells per cm2 using the medium provided by the manufacturer. Cultured motor neurons were fed every 2–3 days (50% medium replacement) and analyzed between days 20 and 22 of culture in all experiments described below.

WTC11 iPSCs (Kreitzer et al., 2013; Miyaoka et al., 2014) were passaged onto Matrigel-coated six-well plates and incubated at 37°C/5% CO2 in mTeSR until they reached ∼80% confluency. At this point, cultures were differentiated into regionally unspecified neural progenitor cells using a monolayer differentiation method adapted from Shi et al. (2012). These cells were then passaged onto 0.01% poly-L-ornithine (Sigma-Aldrich, St. Louis, MO, United States)/5 μg/mL laminin (Sigma-Aldrich)-coated surfaces and exposed to culture conditions promoting motor neuron differentiation, essentially as described by Amoroso et al. (2013). At days 20–25 post-induction, neurons were again passaged and replated onto final substrates (coated with poly-L-ornithine and laminin) for downstream experiments. In all experiments, cells were maintained in culture until they reached 40–50 days post-induction (or 90 days for certain patch clamp experiments) before being used in terminal analyses. All cells used in the described experiments were differentiated from WTC11 colonies between passage 45 and 55.



RNA-Seq Analysis

Bulk RNA samples from WTC11 cells were isolated using the Trizol reagent and according to the manufacturers’ protocol. Quality of the isolated RNA was confirmed using TapeStation; only samples with an RIN value of 8.5 or greater were used for library preparation. Once RNA samples were isolated, library preparation was outsourced to the Fred Hutch Genomics Core (Seattle, WA, United States). Collection of raw RNA-seq data sets for the CDI lines was outsourced to Verge Genomics on behalf of the cell manufacturer and provided to the authors upon completion.

For both data sets, reads were aligned to the hg38 genome using TopHat (v.2.0.14) (Trapnell et al., 2010, 2012) to generate BAM files. Sequences were aligned to human mRNAs to generate FPKM values using Cufflinks v.2.2.1 (Trapnell et al., 2010, 2012) with the following parameters: “–library-norm-method quartile” and removing ribosomal, snoRNA and mitochondrial sequences. Differentially expressed transcripts (Jensen–Shannon divergence false discovery rate < 0.05) were obtained via Cuffdiff as part of the Cufflinks package. The overlap of differentially expressed genes between the two sets of samples was evaluated by the DAVID v6.7 GO program using a Benjamini P-value of <0.05 for significance (Huang Da et al., 2009a, b). WTC11 samples had between 120 and 130 million 50 bp paired-end reads. For TDP43 wild type versus Q331K, there were 753 downregulated and 782 significantly upregulated (q < 0.05 and log2fc > 1.5) genes, mapped to the hg38 refGene dataset. CDI samples had between 16.6 and 21.7 million 75 bp single-end reads. For CDI M337V versus control, 220 down-regulated and 254 upregulated genes were identified (q < 0.05 and log2fc > 0.5). For CDI Q331K versus control, 453 downregulated and 1062 upregulated genes were identified (q < 0.05 and log2fc > 0.5).



Quantitative RT-PCR

RNA isolation from neuronal cultures was carried out using the Trizol reagent and according to the manufacturers’ protocol. cDNA synthesis was achieved using the iScript Reverse Transcription Supermix for RT-qPCR (Bio-Rad) and according to the manufacturer’s protocol. Quantitative RT-PCR (qRT-PCR) was carried out using the PrimePCR system provided by Bio-Rad. Ninety-six-well plates were ordered preloaded with primer pairs developed and validated by the manufacturer. The exception to this was the STMN2 and truncated STMN2 primers, which were derived from previously published work (Melamed et al., 2019). In this case, PCR products were run on a polyacrylamide gel, excised, and sent for sequencing to ensure the specificity of the primers used.

PCR reaction mixtures were prepared using the SsoAdvanced Universal SYBR Green Supermix with 500 ng of cDNA used per reaction. Plates were then run on a CFX96 real-time polymerase chain reaction (RT-PCR) detection system (Bio-Rad) and associated software using the thermal cycling protocol provided with the SsoAdvanced Universal SYBR Green Supermix kit. Detection thresholds for data analysis were set at the base of the linear phase and the resulting Ct values were analyzed by relative quantification, using the 2∧−ΔΔCt method (Livak and Schmittgen, 2001). Gene expression in both M337V and Q331K mutant neurons were normalized to expression levels of glyceraldehyde 3-phosphate dehydrogenase (GAPDH) and expressed relative to levels recorded in normal isogenic control cells.



Immunocytochemistry

Cells were fixed in 4% paraformaldehyde for 15 min and blocked with 5% goat serum in PBS for 1 h at room temperature. Cells were then incubated with primary antibodies diluted in 1% goat serum in PBS overnight at 4°C. The next day, cells were washed three times with PBS. They were then incubated in a secondary antibody solution containing secondary antibodies diluted in 1% goat serum in PBS. Counterstaining was performed with VECTASHIELD containing DAPI (Vector Labs). Images were taken at the Garvey Imaging Core at the University of Washington’s Institute for Stem Cell and Regenerative Medicine using a Nikon A1 Confocal System on a Ti-E inverted microscope platform. Twelve-bit 1024 × 1024 pixel images were acquired with Nikon NIS Elements 3.1 software. Antibodies used in this study were as follows: mouse anti-neurofilament (1 in 500, Millipore), mouse anti-microtubule associated protein-2 (1 in 1000, Millipore), mouse anti-Islet-1 (1 in 10, DSHB), rabbit anti-microtubule associated protein-2 (1 in 1000, Millipore), rabbit anti-CHCHD2 (1 in 300, Proteintech), Alexafluor-594 conjugated goat-anti-mouse secondary antibody (1:200, Invitrogen), and Alexafluor-488 conjugated goat-anti-rabbit secondary antibody (1:200, Invitrogen). In addition to the described methods above, the flurometric cellular ROS detection assay (Abcam) was carried out using the stains provided in the kit and according to the manufacturer’s protocol.



Transmission Electron Microscopy

Cells were fixed in 4% Glutaraldehyde in a sodium cacodylate buffer and stored at 4°C overnight. Fixed cells were washed 5 × 5 min in 0.1 M cacodylate buffer, then post-fixed in osmium ferrocyanide for 1 h on ice. Cells were next washed 5 × 5 min in ddH2O and then incubated in a 1% thiocarbohydrazide solution for 20 min at room temperature. Cells were then washed again 5 × 5 min in ddH2O before being placed in 2% osmium tetroxide for 30 min at room temperature. Finally, cells were again washed 5 × 5 min in ddH2O before being en bloc stained in 1% uranyl acetate (aqueous) overnight at 4°C.

The next day, cells were washed 5 × 5 min in ddH2O, then en bloc stained in Walton’s lead aspartate for 30 min at 60°C. Following five more 5-min washes in ddH2O, cells were dehydrated in ice cold 30, 50, 70, and 95% EtOH, then allowed to come to room temperature. This was then followed by two changes of 100% EtOH and two changes of propylene oxide. Then, cells were infiltrated in a 1:1 mixture of propylene oxide: Durcupan resin for 2 h, followed by overnight infiltration in fresh Durcupan. The next day, cells were given a fresh change of Durcupan for 2 h and then placed in flat embedding molds and polymerized in a 60°C oven for 2 days. Eighty nanometers sections were then cut using a Leica EM UC7 ultra microtome and imaged on a JEOL 1230 TEM, at 80 kV.



Image Analysis

Assessment of CHCHD2 and ROS staining intensity from confocal images of normal and TDP-43 mutant cells was performed using ImageJ. Similarly, measurement of mitochondrial size and circularity from TEM images was carried out in ImageJ. Assessment of gross mitochondrial structure was performed manually as previously described (Costa et al., 2018). Briefly, 30 micrographs were randomly taken for each cell type, and at least 100 mitochondria were counted and labeled either “normal” or “altered.” Normal mitochondria were defined as exhibiting organized and parallel cristae that ran perpendicular to each mitochondrion’s primary axis. Only cells observed with cristae spaced throughout the entire mitochondrial matrix were counted as normal to ensure consistency of analysis. Mitochondria that could not match these criteria exactly were placed in the “altered” group. All image analysis was blinded to remove bias.



Electrophysiology

Whole-cell patch clamp recordings were performed on the 37°C heated stage of an inverted DIC microscope (Nikon) connected to an EPC10 patch clamp amplifier and computer running Patchmaster software (HEKA). Coverslips supporting cultured motor neurons were loaded onto the stage and bathed in a Tyrode’s solution containing 140 mM NaCl, 5.4 mM KCl, 1.8 mM CaCl2, 1 mM MgCl2, 10 mM glucose, and 10 mM HEPES. An intracellular recording solution containing 120 mM L-aspartic acid, 20 mM KCl, 5 mM NaCl, 1 mM MgCl2, 3 mM Mg2+-ATP, 5 mM EGTA, and 10 mM HEPES was employed and borosilicate glass patch pipettes (World Precision Instruments) with a resistance in the range of 3–6 MΩ were used for all recordings. Offset potentials were nulled before formation of a gigaΩ seal and fast and slow capacitance was compensated for in all recordings. Membrane potentials were corrected by subtraction of a 15 mV tip potential, calculated using the HEKA software. Cells that required more than 100 pA of current to achieve a −70 mV resting membrane potential were excluded as excessive application of current is indicative of poor patch quality and/or membrane integrity.

To generate a single action potential, a 5 ms depolarizing current pulse of sufficient intensity (1–2 nA) was applied. Depolarization-evoked repetitive firing was achieved via application of a series of 500 ms current injections starting at −30 pA and increasing in 10 pA increments. Both single action potentials and repetitive firing behavior were recorded in current-clamp mode. Inward and outward currents were evoked in voltage-clamp mode via a series of 500 ms depolarizing steps from –120 to +30 mV in 10 mV increments. Gap-free recordings of spontaneous activity in patched neurons were performed in current-clamp mode for 30 s with 0 pA current injection to provide a measure of the maximum diastolic potential held by the cell without current input. All recordings and analyses of action potential waveforms and currents were performed using the Patchmaster software suite.

Population level function in motor neuron cultures was assessed in 48-well MEA plates using the Maestro MEA system (Axion Biosystems). During data acquisition, standard recording settings for spontaneous neuronal spikes were used (Axis software, version 2.5), and cells were maintained at 37°C/5% CO2 throughout the 2-min recording period. The standard settings have 130× gain, and record from 1 to 25,000 Hz, with a low-pass digital filter of 2 kHz for noise reduction. In all experiments, spike detection was set at 5× the standard deviation of the noise and network burst detection was recorded if at least 25% of the electrodes in a given well showed synchronous activity. Reported results were calculated by averaging all of the electrodes in each well, then averaging data from duplicate wells.



Oxygen Consumption Measurement Using the Seahorse Cellular Flux Assay

Seahorse assays were performed essentially as previously reported (Hussein et al., 2020). WTC11 neurons were seeded onto 96-well Seahorse plates at 100,000 cells/well at day 25 post-induction and maintained until day 45. Culture medium was then exchanged for base medium [unbuffered DMEM (Sigma D5030)] supplemented with sodium pyruvate (Gibco, 1 mM) and 25-mM glucose for 1 h prior to the assay. Substrates and selective inhibitors were injected during the measurements to achieve final concentrations of glucose (2.5 mM), 4-(trifluoromethoxy) phenylhydrazone (FCCP, 300–500 nM), oligomycin (2.5 mM), antimycin (2.5 mM), rotenone (2.5 mM), palmitate (50 mM in BSA), BSA, and ETO (50 mM). The OCR values were normalized to the number of cells present in each well, quantified by hoechst staining (HO33342; Sigma-Aldrich). Changes in OCR in response to substrates and inhibitors addition were defined as the maximal change after the chemical injection compared to the last OCR value recorded before the injection.



Statistical Analysis

All experiments were performed at least in triplicate, and repeated using 2–3 independent vials of cells for CDI cultures or independent differentiation runs for WTC11 neurons. Significant differences between groups were evaluated using unpaired t-tests for two conditions, or one-way ANOVA, with post hoc tests for multiple comparisons, for experiments with three or more groups. Mann–Whitney U tests and ANOVA on ranks were used to analyze the statistical significance of differences arising between sets of non-normally distributed data. For repetitive firing analysis and normal versus altered mitochondrial structure comparisons, contingency tables were constructed and used to run Chi-squared tests to determine whether the distribution of data was dependent on cell type. In all experiments, a p-value of less than 0.05 was considered significant. All statistical tests were performed using the GraphPad Prism statistics software.
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The neuromuscular junction (NMJ) is a specialized cholinergic synaptic interface between a motor neuron and a skeletal muscle fiber that translates presynaptic electrical impulses into motor function. NMJ formation and maintenance require tightly regulated signaling and cellular communication among motor neurons, myogenic cells, and Schwann cells. Neuromuscular diseases (NMDs) can result in loss of NMJ function and motor input leading to paralysis or even death. Although small animal models have been instrumental in advancing our understanding of the NMJ structure and function, the complexities of studying this multi-tissue system in vivo and poor clinical outcomes of candidate therapies developed in small animal models has driven the need for in vitro models of functional human NMJ to complement animal studies. In this review, we discuss prevailing models of NMDs and highlight the current progress and ongoing challenges in developing human iPSC-derived (hiPSC) 3D cell culture models of functional NMJs. We first review in vivo development of motor neurons, skeletal muscle, Schwann cells, and the NMJ alongside current methods for directing the differentiation of relevant cell types from hiPSCs. We further compare the efficacy of modeling NMDs in animals and human cell culture systems in the context of five NMDs: amyotrophic lateral sclerosis, myasthenia gravis, Duchenne muscular dystrophy, myotonic dystrophy, and Pompe disease. Finally, we discuss further work necessary for hiPSC-derived NMJ models to function as effective personalized NMD platforms.
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INTRODUCTION

Neuromuscular diseases (NMDs) are a broadly defined group of disorders that lead to progressive impairment of motor function. The NMDs primarily involve dysfunction of motor neurons (MNs), skeletal muscle (SkM), or their synaptic connection, the neuromuscular junction (NMJ). Different NMDs have distinct tissue origins such as MNs [e.g., amyotrophic lateral sclerosis (ALS) either from direct loss or retrograde degeneration of MNs], muscle [e.g., Duchenne muscular dystrophy (DMD) or myotonic dystrophy (DM)], NMJs [e.g., myasthenia gravis (MG) or congenital myasthenic syndromes (CMS)], or a combination thereof (e.g., Pompe disease). Regardless of the origin, the structural and/or functional deficit in a targeted tissue will resonate throughout the entire motor unit, leading to multiple shared symptoms among different NMDs. NMDs are estimated to affect 160 per 100,000 people worldwide (Deenen et al., 2015); however, despite this high prevalence, outcomes are often fatal as few curative treatments are available. Therefore, comprehensive biomimetic and clinically predictive in vitro and in vivo NMD models are essential for accelerating our understanding of the underlying disease mechanisms and development of effective therapeutics (Babin et al., 2014; Aartsma-Rus and van Putten, 2019). Animal models have been invaluable to our current understanding of NMDs as they capture important clinical features of the disease. Still, currently available animal models do not fully recapitulate the diverse range of disease phenotypes nor disease severity due to the complex genetic and non-genetic nature of human NMDs.

In recent years, high clinical and genetic heterogeneity of NMDs has prompted the considerations of personalized approaches to study and treat these devastating diseases. Historically, investigations of human NMDs have been hindered due to difficulty imaging NMJs in vivo, limited capability to isolate neural stem cells, and the postmitotic nature of adult MNs complicating in vitro studies. Over the past decade, advances in human induced pluripotent stem cell (hiPSC) technology, have provided a novel source of human somatic cells for pre-clinical research. hiPSCs can be generated from ethical and accessible sources, such as the skin and blood, and function as a potentially unlimited, patient-specific source of traditionally inaccessible cells such as MNs and cardiomyocytes. Additionally, hiPSC-derived cells can be integrated into two- (2D) and three-dimensional (3D) culture systems to enable novel studies of human development, disease, and pharmacology. hiPSC-based derivations of MNs and SkM, in particular, provide easily accessible, highly expandable sources of patient-specific NMD-relevant tissues. Notably, these platforms complement animal models creating an efficient and predictive system for patient specific NMD modeling and drug development. Incorporation of hiPSC-derived MNs and SkM into 3D cultures and organ-on-a-chip systems adds necessary structural complexity and genetic and environmental control over the cell-specific behavior. These tissue-engineered motor units recapitulate the nature of functional NMJs offering potential for improved mechanistic understanding of complex NMDs (Osaki et al., 2018; Bakooshli et al., 2019; Vila et al., 2019; Faustino Martins et al., 2020; Rimington et al., 2021).

In this review, we first explore the individual components of the NMJ including how they interact and contribute to NMJ functionality. We then compare current animal and in vitro hiPSC models of NMDs, focusing on ALS, MG, DMD, DM, and Pompe disease. We end by discussing the future of NMD modeling and strategies to address limitations in creating in vitro functional motor units that would allow predictive, patient-specific studies and treatment of NMDs.



DEVELOPMENT

Understanding embryonic development of NMJs and their physiological roles is important to critically analyze methods to derive relevant cell types from hiPSCs and to compare biomimetic nature and effectiveness of the current and future tissue-engineered NMD models. Therefore, we provide an overview of MN, SkM, and Schwann cell (SC) development and draw parallels to current methods to differentiate these cells from hiPSCs. We finalize this section by describing NMJ development and function.


Motor Neuron Development

Over the past decade, methods to differentiate hiPSCs into neuronal cells has rapidly progressed due to increased understanding of early neural development and commitment of neuroprogenitor cells to highly specialized neural subtypes, including MNs (Deenen et al., 2015). MNs are found throughout the CNS and can be divided into upper MNs (UMNs) or lower MNs (LMNs), which, despite their shared nomenclature, are developmentally and genetically distinct. Different NMDs, such as primary lateral sclerosis, progressive muscular atrophy, or ALS, can target either or both of UMNs and LMNs (Liewluck and Saperstein, 2015) making their distinction an important consideration when modeling NMDs. UMNs originate from the pre-motor and primary motor regions of the cerebral cortex. Their axons form glutamatergic connections with LMNs located in the brainstem and ventral horn of the spinal cord. Axons of LMNs project beyond the CNS forming cholinergic synapses with multiple tissue types to control a wide variety of physiological processes. As a result of these regional differences, the genetic and molecular events leading to MN development diverge early. Therefore, it is important to consider the development of the CNS in its entirety and understand the molecular mechanisms underlying MN diversity to develop physiologically relevant models for NMDs.

Cells of the developing vertebrate nervous system are derived from the ectoderm which forms during gastrulation (Figures 1A–C). Inhibition of TGFβ and FGF initiates neurulation causing the ectoderm to fold inward generating three new regions: (1) neural tube, (2) neural crest, and (3) external ectoderm (Ozair et al., 2013). Each region contains cell progenies restricted to a limited number of distinct fates, and those found in the neural tube are destined to form the brain and spinal cord. Signaling molecules from the mesodermal notochord coordinate the formation of the neural tube in the proper spatial orientation along the rostral–caudal and dorsal–ventral axes (Muhr et al., 1999). After neurulation, morphogen production and its subsequent spatio-temporal organization along the two axes causes axial patterning of the neural tube responsible for regional specification of neural subtypes (Wichterle et al., 2002; Li et al., 2005).
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FIGURE 1. Early development and hiPSC-based differentiation of motor neurons. (A) After the notochord (NC) signals inward folding of the ectoderm at the neural plate, the neural crest is brought together forming the neural tube (NT). The neural crest then forms neural crest cells (NCCs) which differentiate in the peripheral nervous system. The cells of mesoderm (MD) differentiate into somites and, eventually, the musculoskeletal system. (B) Along the rostral–caudal axis of the NT, WNT gradients dictate regionalization of the brain and RA/FGF/GDF11 gradients dictate segmentation of the spinal cord. (C) Along the dorsal–ventral axis of the NT, antithetical WNT/BMP [derived from the roof plate (RP)] and SHH gradients [derived from the floor plate (FP)] dictate patterning and the formation of the five ventral progenitor cell domains (p0, p1, p2, pMN, and p3). The pMN domain is the source of subsequent MN specification. (D) hiPSC-derivations of MNs begin with dual SMAD inhibition of TGFβ and BMP pathways to trigger neural stem cell (NSC) differentiation. WNT and RA signaling direct NSC differentiation into neural progenitor cells (NPCs) of the spinal cord region. With the addition of SHH signaling, NPCs further differentiate to Olig2-expressing MN progenitors (MNPs). Suppression of Olig2 and upregulation of Ngn2 commit MNPs to a post-mitotic MN lineage that express Hb9, Isl1, Isl2, and Lhx3. Distinct colors are used to denote approximate correspondence between stages of hiPSC differentiation in panel (D) and embryonic development in panel (C).


Regionalization is first specified in the brain with cells assuming a rostral forebrain identity in the absence of morphogens. These cells continue to develop into the neurons comprising the telencephalic region of the brain, which houses the cerebral cortex where mature UMNs reside (Watanabe et al., 2005). The remaining cells are driven caudally in response to a WNT gradient established by dorsal roof plate cells. This gradient dictates caudal forebrain, midbrain, and hindbrain identities (Nordstrom et al., 2002). LMNs with a distinct spinal character require further caudalization. A major contributing factor to this LMN caudalization is retinoic acid (RA) signaling that leads to rostral identities of the cervical and upper thoracic spinal segments. Presomitic cells of the surrounding paraxial mesoderm convert retinaldehyde to RA via their expression of aldehyde dehydrogenase 1 A2 (ALDH1A2) (Liu et al., 2001). Decreased ALDH1A2 expression is found caudally and corresponds to decreased RA signaling (Liu et al., 2001) and increased FGF signaling, which govern the caudalization of neural precursors to identities of thoracic and lumbar spinal segments (Irioka et al., 2005). High expression of FGF alongside an increasing gradient of GDF11 dictate pattern a sacral spinal identity associated with the most caudal region of the developing spinal cord (Diez del Corral and Storey, 2004). Differential expression of HOX-family genes corresponds to cervical (HOX4 – HOX6), thoracic (HOX8 and HOX9), and lumbar (HOX10 and HOX11) positional identities along the spinal cord (Dasen and Jessell, 2009).

Neural precursors are also subject to dorsal–ventral patterning concurrent to rostral–caudal patterning. WNTs and BMPs derived from roof plate cells mediate dorsal patterning (Son et al., 2011). In contrast, exposure to increasing concentrations of sonic hedgehog (SHH) secreted by floor plate cells drives ventral patterning (Ericson et al., 1996). Dorsal–ventral patterning for the development of UMNs remains poorly understood. On the other hand, ventral positioning of LMN progenitors is known to require a coordinated balance between the antagonizing effects of BMPs/WNTs and SHH (Jessell, 2000). The ventral spinal cord consists of five domains that further restrict neural progenitors to a specific lineage. Interestingly, the MN progenitor (pMN) domain required for LMN specification is also required for oligodendrocyte specification (Ravanelli and Appel, 2015). OLIG2 expression is the earliest marker used to identify progenitors committed to the pMN domain (Ravanelli and Appel, 2015). Over time, oligodendrocyte progenitors will continue to express OLIG2 while committed MN progenitors will begin to express NGN2 which represses OLIG2 expression (Ravanelli and Appel, 2015). Continued expression of NGN2 induces HB9, signifying the formation of a post-mitotic MN (Lee et al., 2009).

Lower motor neurons at this stage are referred to as having a general character until organized into distinct motor columns that correspond to targeted regions of innervation. These regions include the median motor column (MMC), which innervates axial SkM, spinal accessory column (SAC), which innervates the branchial SkM of the face and neck, phrenic motor column (PMC), which innervates the SkM of the diaphragm, lateral motor column (LMC), which innervates appendage muscle, hypaxial motor column (HMC), which innervates intercostal and abdominal SkM, and preganglionic motor column (PGC), which synapse onto ganglionic neurons of the autonomic nervous system (ANS) (Nicolopoulos-Stournaras and Iles, 1983). Each motor column is organized along the rostro-caudal axis and is identified by a unique gene signature (Francius and Clotman, 2014).



Generation of Motor Neurons From Pluripotent Stem Cells

Over the past decade, a variety of protocols have been used to derive MNs from hiPSCs. These methods vary in length and efficiency; however, they are designed on the genetic and molecular principles of embryonic development (Figure 1D). Historically, neural induction was performed in suspended aggregates of hiPSCs, called embryoid bodies (EBs), in serum-free media without exogenous morphogens. Under these conditions, differentiating hiPSCs undergo spontaneous FGF and BMP inhibition, which naturally guides their differentiation to a neural fate (LaVaute et al., 2009). These early protocols were long and inefficient, often producing high experimental variability. Dramatic improvements came with the discovery that early inhibition of BMP and TGFβ signaling through SMAD inhibition selectively blocks the formation of mesodermal and endodermal cell fates leading to higher percentages of PAX6 and SOX2 expressing neural progenitors at earlier time points (Chambers et al., 2009). Based upon this discovery, dual-SMAD inhibition is now standard practice for the neuralization of hiPSCs in both monolayer cultures as well as EBs. The small molecule, SB431542, is the most utilized TGFβ inhibitor, and is commonly paired with a small molecule inhibitor of BMP (LDN193189, DMH1, or dorsomorphin) or recombinant Noggin, a naturally occurring BMP inhibitor.

After neuralization, neural precursors are committed to MN progenitors by following common patterning principles of caudalization and ventralization. MN differentiation efficiency and culture length have been improved by optimizing the concentrations and timing of patterning morphogens like WNTs, BMPs, RA, FGFs, and SHH (Nordstrom et al., 2002). Although experimental reproducibility has been improved, the variability and length of derivation protocols has remained a challenge. Specifically, the general application of RA and SHH for MN differentiation has been inefficient with yields ranging between 30 and 60% over a culture duration of 21–40 days (Hu and Zhang, 2009; Hester et al., 2011). Early activation of WNTs with CHIR99021 (CHIR) was shown to significantly improve MN differentiation efficiency and speed resulting in an 80% yield in 14 days (Maury et al., 2015). Moreover, when CHIR was continuously added throughout the differentiation, 90% of cells became mature MNs within 12 days (Du et al., 2015). This continued activation of WNTs stabilized excessive ventralization, maintaining a higher population of cells in the pMN domain and reducing the population of NKX2.2 expressing interneuron progenitors of the p3 domain (Du et al., 2015). While expedited protocols for MN generation may benefit cell manufacturing and screening, how accurately “fast-tracked” methods recapitulate adult MN cell physiology and maturation remains unclear.



Skeletal Muscle Development

Development of skeletal muscle (SkM) begins with the paraxial mesoderm (Wachtler, 1992). The paraxial mesoderm (PM) forms in the primitive streak/blastopore during gastrulation and is comprised of two bilateral strips of presomitic mesoderm (PSM) flanking the neural tube and notochord (White et al., 2005; Figure 2A). Cells acquiring the PM fate require suppression of BMP signaling in vivo (Winnier et al., 1995). In the posterior compartments of the PM, there is an unsegmented progenitor zone comprised of neuromesodermal progenitors (NMP) (Tzouanacou et al., 2009) and other progenitor cells which give rise to the paraxial mesoderm, neural tube derivatives, lateral plate derivatives, and notochord (Takemoto et al., 2011; Garriock et al., 2015). Cells within the progenitor zone develop into skeletal muscle progenitor cells as a result of WNT and FGF signaling gradients which target transcription factors essential for PSM specification and patterning such as brachyury (T), Tbx6, and Msgn1 (Ciruna and Rossant, 2001; Nowotschin et al., 2012). Differentiated cells acquire the identity of mesoderm progenitor cells (MPCs) within the most posterior region of the PSM (Chalamalasetty et al., 2014).
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FIGURE 2. Early development and hiPSC-based differentiation of skeletal muscle. (A) Caudal-rostral development of SkM occurs bilaterally along the neural tube (NT) and notochord (NC). From the progenitor zone, cells migrate to the posterior presomitic mesoderm (pPSM) with a decreasing gradient of FGF and WNT signals. They then cross the determination front to enter the anterior presomitic mesoderm (aPSM). With increasing retinoic acid (RA) gradient, somite formation begins. As cells continue to travel rostrally, the dermomyotome (DT), sclerotome (ST), and myotome (MT) form, initiating primary myogenesis. (B) hiPSC differentiation to skeletal muscle begins with WNT and FGF activation, inducing a shift into neuromesodermal progenitors (NMPs) and then muscle progenitor cells (MPCs) expressing the transcription factors T, Tbx6, and Msgn1. Subsequent loss of T expression leads to formation of paraxial mesoderm cells resembling skeletal muscle progenitors of pPSM. Through RA activation, these muscle progenitors begin to express the muscle stem cell markers Pax3 and Pax7 and eventually differentiate into myoblasts expressing early myogenic markers Myf5, MyoD, and Mrf4. The myoblasts can fuse into myotubes that express the late muscle differentiation marker MyoG. Distinct colors are used to denote approximate correspondence between stages of hiPSC differentiation in panel (B) and embryonic development in panel (A).


In the next stage of development, MPCs attain the posterior PSM (pPSM) fate characterized by the downregulation of T and expression of Msgn1 and Tbx6 (Chalamalasetty et al., 2014). In the posterior two-thirds of the PSM, MPCs and pPSMs experience oscillations of the segmentation clock (pulses of Notch, FGF, and WNT signaling) to control the production of somites (Dubrulle et al., 2001; Aulehla et al., 2003). As skeletal muscle cells continue to develop, reach the determination front then enter the anterior third of the PSM (Dubrulle et al., 2001). At the determination front, the oscillations of the segmentation clock cease, Msgn1 is downregulated, and Pax3, Mesp2, Foxc1/2, and Meox1/2 genes are upregulated (Kume et al., 2001; Mankoo et al., 2003). Within the anterior PSM, retinoic acid (RA) counteracts the WNT and FGF signaling (Sakai et al., 2001). Furthermore, a posterior fissure forms at the junction between Mesp2+ and Mesp2– cells to create new somites (Dubrulle et al., 2001; Aulehla et al., 2003). Shortly after somites are formed, they become subdivided into ventral mesenchymal sclerotome and dorsal epithelial dermomyotome, the latter of which contains SkM (alongside dermis and brown fat) progenitors and maintains Pax3 expression (Lepper and Fan, 2010; Sanchez-Gurmaches and Guertin, 2014). Soon after its formation, primary myogenesis begins when dorsally located dermomyotomal cells lose Pax3 expression and upregulate myogenic factor Myf5 (Ott et al., 1991). These early myogenic cells delaminate from the dermomyotome and contribute to the formation of the first embryonic muscles—myotomes (Denetclaw et al., 1997). Myogenesis then officially commences with primary myogenesis and the generation of primary myofibers that serve as the foundation for adult muscle formation.

During secondary myogenesis, myogenic progenitors expressing transcription factor Pax7 sustain muscle growth by fusing among themselves or to existing primary myofibers generating β-enolase expressing secondary or fetal myofibers (Fougerousse et al., 2001). A subset of these Pax7+ progenitors localize under the basal lamina where the eventually become satellite cells which contribute to the repair and regeneration of damaged muscle fibers in adults (Dumont et al., 2015a). During muscle fiber maturation, expression of embryonic myosin heavy chain changes to adult myosin heavy chain isoforms with oxidative, slow twitch or glycolytic, fast twitch fiber phenotypes (Khodabukus, 2021). Additionally, actin and myosin assemble into sarcomeres, sarcomeres assemble into myofibrils, NMJs are formed at the sarcolemma, and triads are established from a network of tubules for facilitated neural excitation (Pourquié et al., 2018). Secondary and later stages of myogenesis are controlled by TGFβ (Gu et al., 2016), hepatocyte growth factor (HGF) (Bladt et al., 1995), WNT (van der Velden et al., 2006), and insulin-like growth factor (IGF) (Chargé and Rudnicki, 2004) signaling. The final phases of myogenesis are controlled by transcription factors including Myf5, MyoD, Myomaker, and MyoG to facilitate the fusion of muscle progenitor cells, hypertrophy of myofibers, and innervation by MNs to generate fully functional SkM (Zhang et al., 2020).



Generation of Skeletal Muscle From Pluripotent Stem Cells

The derivations of SkM from hiPSCs typically fall under one of two major approaches (Kodaka et al., 2017; Jiwlawat et al., 2018). The first approach involves transgene-based approaches whereby hiPSCs are directly reprogrammed into myogenic progenitor cells through overexpression of muscle specific transcription factors (Kodaka et al., 2017). The second approach involves transgene-free methods whereby developmental myogenesis in hiPSCs is recapitulated through the administration of small molecules, such as FGF2 and GSK3β inhibitor, which activate or inhibit myogenic signaling pathways (Jiwlawat et al., 2018; Figure 2B).

The transgene-based approaches generate myogenic progenitors from hiPSCs or their mesodermal derivatives by transient or constitutive overexpression of master regulators of myogenesis, such as PAX7 (Darabi et al., 2012; Rao et al., 2018) or MYOD1 (Abujarour et al., 2014; Albini and Puri, 2014; Maffioletti et al., 2015). Overexpression of exogenous myogenic genes has been accomplished through mRNA transfection (Warren et al., 2010), as well as transduction with adenoviral (Goudenege et al., 2012) or lentiviral (Albini and Puri, 2014; Maffioletti et al., 2015; Rao et al., 2018) vectors. Through these transdifferentiation methods, as many as 90% of cells commit to a myogenic identity and can differentiate into SkM progenitor cells (Tanaka et al., 2013; Abujarour et al., 2014; Rao et al., 2018). Use of fluorescence reporter genes co-expressed with transcription factors can allow further cell purification by fluorescence-activated cell sorting (FACS) (Darabi et al., 2012; Rao et al., 2018). Alternatively, activation of endogenous transcription factors (e.g., Pax7) using CRISPR/Cas9 methodology can lead to stable epigenetic reprogramming of hiPSCs and generation of myogenic progenitor cells (Kwon et al., 2020). The resulting SkM progenitors derived using transgene-based approaches survive and function when implanted in immunocompromised mice (Darabi et al., 2012; Kwon et al., 2020), while 3D engineered tissues generated from these cells can become functional muscle with the ability to survive and function in vivo (Rao et al., 2018). Nevertheless, these differentiation methods do not reflect normal development and despite the ability to obtain large numbers of human myogenic progenitors, regulatory concerns regarding genetic modification of cells may limit their potential therapeutic use (Jiwlawat et al., 2018).

A second approach, known as directed differentiation, mimics myogenic development through sequential addition of small molecules to activate or suppress specific signaling pathways. For example, CHIR-99021 activates WNT signaling through GSK3β inhibition, LDN-193189 inhibits BMP signaling, and HGF and IGF1 activate their respective signaling pathways (Chal et al., 2016). Despite no genetic modification and reliance on natural developmental ques, directed differentiation protocols require significantly longer culture time and exhibit considerably lower yields and higher heterogeneity of myogenic cells compared to transgene-based methods (Kodaka et al., 2017; Jiwlawat et al., 2018). Purity of myogenic progenitors can be increased by sorting for cell surface markers such as CDH13 (Nalbandian et al., 2021), FGFR4 (Nalbandian et al., 2021), ERBB3 (Hicks et al., 2018), and NGFR (Hicks et al., 2018), however, use of FACS further decreases cell yield. Recent protocols for expansion and cryopreservation of FACS-sorted hiPSC-derived myogenic progenitors may offer means to obtain clinically relevant cell quantities (van der Wal et al., 2018).

Recent transcriptomic analyses have shown that hiPSC-derived myogenic progenitors are developmentally immature and arrested between embryonic and fetal muscle stem cell stages (Xi et al., 2020; Nayak et al., 2021). Nevertheless, they can successfully fuse into myotubes that exhibit key functional behaviors of SkM, including generation of calcium transients and contractile force and robust response to acetylcholine (Skoglund et al., 2014; Rao et al., 2018), albeit at lower levels compared to primary human myotubes (Rao et al., 2018). Further advances in maturity of hiPSC-derived SkM cells will lead to improved modeling of human NMDs in vitro.



Schwann Cell Development

Schwann cells are varied group of glial cells that produce protective myelin sheaths and support NMJ function, remodeling, and regeneration (Son et al., 1996). SCs undergo three main transitions during development: (1) from migrating neural crest cells (NCCs) to SC precursors (SCPs), (2) SCPs to immature SCs, and (3) immature SCs to a mature myelinating or non-myelinating SCs (Jessen and Mirsky, 2005). These transitions and SC survival are dependent upon morphogens secreted from axons with which SCPs and SCs continuously associate (Jessen and Mirsky, 1999). However, the molecular mechanisms that regulate neural crest cell differentiation into SCs have not been fully elucidated.

Early in the process of neurulation, dorsally located NCCs segregate from the neural tube and migrate in ventrally (Jessen and Mirsky, 2005). The basic helix-loop-helix (bHLH) transcription factor Sox10 is expressed early by all NCCs (Kuhlbrodt et al., 1998; Woodhoo and Sommer, 2008). While high expression of Sox10 persists in glial and melanocyte NCC derivatives of the peripheral nervous system (PNS), its expression is downregulated in other NCC derivatives (Kuhlbrodt et al., 1998; Woodhoo and Sommer, 2008). The continued high expression of Sox10 is dependent on the expression of Pax3 (Kioussi et al., 1995; Blanchard et al., 1996; Doddrell et al., 2012), which is regulated in part by histone deacetylases 1 and 2 (HDAC1/2) (Jacob et al., 2011). Together, Sox10 and Pax3 induce the expression of key SC lineage genes including fatty acid binding protein 7 (Fabp7) and myelin protein zero (MP0) (Kioussi et al., 1995; Blanchard et al., 1996; Doddrell et al., 2012).

While Sox10 is necessary for SC specification, it is not sufficient. In the developing PNS, SCPs migrate alongside MN axons extending to targeted regions of innervation (Jessen and Mirsky, 1999). Moreover, migrating SCPs are dependent upon signals from these axons, such as Neuregulin-1 (NRG1), for appropriate development and survival (Jessen and Mirsky, 1999). In NCC cultures, NRG1 suppresses neuronal differentiation and promotes glial specification (Shah et al., 1994). NRG1 binds ErbB2/3, an obligate heteromeric receptor tyrosine kinase pair, on SCPs to activate key downstream signal transduction cascades that are essential for both proliferation and directed migration (Newbern and Birchmeier, 2010).

Immature SCs develop after SCPs cease migration and populate axons that are still projecting to their targeted region of innervation, while acquiring a set of properties that clearly distinguish them from SCPs. Specifically, they cease migration, become dependent on autocrine signaling for survival, and deposit an organized basal lamina (Jessen and Mirsky, 2005). Additionally, increased notch signaling is a critical mediator of the SCP transition to immature SCs, with a loss of notch signaling preventing immature SC formation (Woodhoo et al., 2009).



Generation of Schwann Cells From Pluripotent Stem Cells

Methods to differentiate hiPSCs into SCs have mimicked developmental process by first generating neural crest-derived SC precursors from hiPSCs. Neural crest stem cells have been derived from hiPSCs via FACS selection of p75+ cells derived from EBs cultured in stromal-cell-conditioned media, FGF2, and B-27 supplement (Liu et al., 2012). These cells were subsequently differentiated into a nearly pure population of SCs expressing glial fibrillary acidic protein, S100, and p75 through culture in mesenchymal stem cell medium supplemented with Neuregulin-1 for 40 days. A similar method using EB formation and FGF2 treatment was later developed that shortened the time of induction to 6 days (Huang et al., 2017).

To overcome the challenges with low reproducibility and throughput in EB cultures, methods for directed differentiation of hiPSCs to SCs have been developed. Specifically, sequential treatment of naïve hiPSCs with TGF-β and GSK-3β inhibitors followed by NRG1 produced SC precursors in 18 days (Kim et al., 2017). These precursors were further differentiated through treatment with NRG1, retinoic acid, platelet-derived growth factor-BB (PDGF-BB), and forskolin into SCs. This method shortened the total differentiation time from approximately 41 days (Huang et al., 2017) to approximately 32 days (Kim et al., 2017). However, a more recent protocol has been developed for the derivation of direct Schwann-cell precursors (SCPs) from SOX10-reporting hiPSCs that only required a total differentiation time of 21 days and allowed for in vitro culture up to 80 days with maintained expression of the SC proteins S100b, glial fibrillary acidic protein (GFAP), and galactosylceramidase (Mukherjee-Clavin et al., 2019). With all these methods, differentiated SCs show increased expression of SC-specific markers such as GFAP and S100β.

In addition to protein expression, hiPSC-derived SCs have been studied for their secretion rates of neurotrophic factors (Huang et al., 2017; Kim et al., 2017), ability to myelinate primary neurons (Liu et al., 2012; Kim et al., 2017), and ability to accelerate nerve healing within rodent sciatic nerve injury models (Huang et al., 2017; Kim et al., 2017). hiPSC-derived SCs have additionally been used in coculture with hiPSC-derived neurons to allow for stronger neuronal outgrowth within a 3D tissue-engineered skin model (Muller et al., 2018). Recent studies have further confirmed critical physiological roles of SCs in the stabilization and maintenance of NMJs in vitro (Singh and Vazquez, 2019; Martins et al., 2020), forming a foundation for the future development of novel biomimetic NMD models.



Neuromuscular Junction Development

The NMJ is a chemical synapse formed between MNs and SkM that allows the transmission of motor commands from the CNS (Figure 3). MNs communicate with SkM through the release of acetylcholine (ACh) into the synaptic cleft of the NMJ. ACh receptors (AChRs) located on muscle fibers are activated and depolarize the muscle cell which triggers calcium release from the sarcoplasmic reticulum initiating a contraction (Fambrough, 1979). Reciprocal signaling between MNs and SkM is important for the formation and maintenance of NMJs as highlighted by the coordination required for complex movements and sensory-motor feedback.
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FIGURE 3. Structural and molecular architecture of the neuromuscular junction. (A) The NMJ is comprised of three components: (1) the axonal terminal of an MN (pre-synapse), (2) the basal lamina of the synapse (synaptic cleft), and (3) the sarcolemma (membrane) of a muscle fiber (post-synapse). Following the conduction of an action potential to the axon terminal, Ca2+ influx occurs at the presynaptic terminal releasing ACh-containing vesicles into the synaptic cleft. Released ACh can then bind to AChRs on the sarcolemma creating an endplate potential and eventually muscle contraction. (B) AChE secreted by the muscle binds to ColQ and inactivates residual ACh within the synapse. ColQ binds to MuSK to help stabilize the synapse. The synaptogenic proteoglycan agrin secreted by MNs binds to LRP4 to facilitate formation of the NMJ. (C) AChRs are stabilized by dystrophin-associated glycan (DAG) complexes. The AChR-clustering protein rapsyn connects AChRs to the DAG complex and dystrophin anchors the complex to the SkM cytoskeleton. Lamins and glycans additionally connect the complex to the ECM while the sarcoglycan and sarcospan stabilize the DAG complex within the membrane. ACh, acetylcholine; AChE, acetylcholine esterase; ColQ, collagen Q; MuSK, muscle-specific tyrosine kinase receptor; Ag, agrin; LRP4, low density lipoprotein receptor 4; AChR, acetylcholine receptor; AChR, acetylcholine receptor; La, laminin; α/β, α/β dystroglycan; Gly, glycans; SG, sarcoglycan; SS, sarcospan; Ra, rapsyn; Cys, cysteine; Dys, dystrophin.


During development, immature SCs migrate with MNs toward the periphery (Sugiura and Lin, 2011) and differentiate into either axonal SCs that myelinate axon extensions or terminal SCs that support the NMJ formation. Terminal SCs proliferate extensively around the NMJ (Hirata et al., 1997) and then cover or “cap” the nerve terminal with their processes (Court et al., 2008). Muscular innervation is preceded by the localization of small aneural AChR clusters to the central region of muscle fibers in a process called prepatterning. During this process, the MN terminal releases agrin which binds to the muscle-specific kinase (MuSK) co-receptor, low-density lipoprotein receptor related protein 4 (LRP4), promoting activation and transphosphorylation of MuSK. SC processes contact pre-patterned AChR clusters prior to the nerve and cover more of the postsynaptic membrane than axonal terminals during early synapse formation (Flanagan-Steet et al., 2005). Additionally, SCs express active agrin and encourage aggregation of AChRs on muscle fibers (Yang et al., 2001). In mice, SC loss results in MN defasciculation, but MNs still project toward muscle targets implying that SCs are not required for initial nerve–muscle contacts (Woldeyesus et al., 1999; Lin et al., 2000). However, further growth and maintenance of this early synapses is halted in SC absence (Riethmacher et al., 1997), suggesting that SCs are critical for NMJ homeostasis.

Eventually, innervation of muscle fibers induces the formation of larger, neural AChR clusters forming stable NMJs in the middle region of muscle fibers. Mice with a mutated agrin gene (agrin–/–) are unable to form NMJs; however, these mice can form aneural AChR clusters on muscle fibers prior to innervation (Lin et al., 2001). Conversely, aneural clusters are not formed in MuSK–/– mice, and their muscle fibers demonstrate a uniform distribution of AChRs with a broader region of innervation containing highly branched MN terminals. Neuronal agrin does not induce AChR clusters in MuSK–/– muscle cells (Glass et al., 1996); however, agrin sensitivity can be restored through expression of wild-type MuSK (Zhou et al., 1999). Interestingly, synapse formation can be rescued in agrin–/– mice with ectopic MuSK expression (Kim and Burden, 2008). Together, this suggests the importance of MuSK for aneural AChR clustering and prepatterning prior to innervation while agrin is also needed for neural AChR clustering and NMJ formation. Additionally, SC processes influence nerve terminal growth and are required for both the formation and maintenance of developing NMJs (Reddy et al., 2003).

Neuromuscular junction formation is also influenced by several extracellular components. For example, MuSK has a cysteine-rich domain (CRD) that shares homology with the WNT receptor, Frizzled. As a result, WNT proteins bind and activate MuSK prior to innervation, when neural agrin is absent (Barik et al., 2016). This signaling can regulate axon guidance as well as induce aneural cluster formation (Li et al., 2018). Moreover, both canonical and non-canonical WNT pathways are affected in transgenic mice with MuSK CRD deletions (Messeant et al., 2017). Many components of the extracellular matrix (ECM) have important regulatory roles in myogenesis and synaptogenesis. Within the synaptic basal lamina, ECM molecules help guide the process of innervation and are crucial to formation of post-synaptic density as well as organization and maintenance of functional appositions of the pre- and post-synaptic elements. The dystrophin-associated glycoprotein complex (DGC), through its α-dystroglycan subunit, organizes a functional scaffold in the basal lamina including perlecan, acetylcholinesterase/ColQ, and laminin that stabilizes AChR clusters (Jacobson et al., 2001). The DGC additionally connects networks of laminins and collagens to one another by nidogen and anchors them to the sarcolemma through the sarcoglycan-sarcospan subcomplex and intracellular cytoskeleton through dystrophin (Fox et al., 1991; Jacobson et al., 2001). The laminin β2 chain plays a role in synapse maturation by binding and clustering voltage-dependent calcium channels (VDCC) in the active zone of the NMJ. A reduced number of active zones and pre-synaptic release of ACh is observed in mice lacking laminin β2 (Rogers and Nishimune, 2017). Mice lacking ColQ, collagen XIII, collagen IV, or collagen VI also exhibit immature nerve terminals and/or NMJs (Sigoillot et al., 2016; Cescon et al., 2018; Zainul et al., 2018).

After forming functional NMJs with their target, MNs impinge on muscle fiber structural and functional diversity. A single muscle is composed of several fiber types that are innervated by specific classes of MNs. MNs are subdivided into three groups based on the type of muscle fiber they innervate: (1) alpha MNs, which innervate force generating extrafusal fibers, (2) gamma MNs, which innervate the proprioceptive intrafusal fibers, and (3) beta MNs, which innervate both extrafusal and intrafusal fibers. Alpha MNs are the most abundant of these classes and are categorized as SFR (slow-twitch, fatigue-resistant), FFR (fast-twitch, fatigue-resistant), and FF (fast-twitch, fatigable) reflecting the type of extrafusal muscle fiber they innervate (Totosy de Zepetnek et al., 1992). MNs are intrinsically competent to recognize and connect to either fast or slow muscle fibers (Landmesser, 2001). Slow MNs start to specifically express the synaptic vesicle glycoprotein 2a (SV2A) (Chakkalakal et al., 2010) as well as the estrogen-related receptor beta (ESRRB) (Enjin et al., 2010) soon after birth. Conversely, fast MNs specifically express the calcitonin-related polypeptide alpha (CALCA) and the chondrolectin (CHODL) (Enjin et al., 2010). The Notch ligand delta-like homolog1 (DLK1) has also been identified as a necessary regulator of fast MNs (Muller et al., 2014). Understanding of the influence of innervation by specific MN types upon SkM phenotype could provide important insight into certain NMDs that preferentially target specific muscle fiber types.




CURRENT MODELS FOR STUDIES OF NEUROMUSCULAR JUNCTION FUNCTION AND DISEASE


Animal Models

Various animal models have been broadly utilized to advance our understanding of the formation, function, and malfunction of NMJs during the development and progression of NMDs. Moreover, they have been used to study the pathophysiology and develop pharmacotherapies for NMDs. Specifically, Caenorhabditis elegans (Sleigh and Sattelle, 2010), zebrafish (Babin et al., 2014), Drosophila (Shields et al., 2017), and mice (Hsieh-Li et al., 2000) have been extensively employed to investigate the precise anatomy and function of NMJs. Their ease of genetic manipulation, tractable anatomy, relatively rapid growth, and low cost have contributed to their extensive use (Dawson et al., 2018). The mouse NMJ has been particularly useful due to its large size and accessibility, facilitating microscopic studies by immunofluorescence histology and functional analyses by electrophysiology (Webster, 2018). The imaging studies, in particular, have enabled enhanced understanding of how localization and density of pre-synaptic, post-synaptic, and synaptic proteins are rearranged or lost in disease states.

However, experimental results in animal models may have limited translational value due to distinct anatomical differences between animal and human NMJs. For example, the murine NMJ and human NMJ exhibit substantially different proteomes and the larger, more pretzeled murine NMJ readily remodels with age whereas the smaller, more fragmented human NMJ is mostly conserved (Jones et al., 2017). Interestingly, the density of the active portion of the human NMJ is greater compared to its mouse counterpart (Jones et al., 2017). Additionally, disease phenotypes in animals can vary widely from those in humans in terms of progression, severity, and etiology (Vainzof et al., 2008). High levels of inbreeding limit genetic diversity within common animal models and controlled environments prevent genetic drift, while removing common viral and microbial agents that can influence human NMD pathogenesis (Dawson et al., 2018). The inability of animals to fully capture the genotypic heterogeneity and allelic variations observed across human individuals has hindered the clinical success of NMD drugs validated through animal models (Vainzof et al., 2008). Only a small fraction of drugs that enter clinical trials are approved as many result in unanticipated drug responses and toxicities (Vainzof et al., 2008). This situation has prompted development of in vitro human models of NMJ and NMDs that could allow studies of disease and pharmacological effects in a personalized and clinically more relevant fashion.



Two-Dimensional in vitro Models

When developing in vitro models of NMJ, it is important to both consider its anatomical structure and enable relevant biological and functional studies. Initial rodent models of NMJ entailed mixed 2D co-cultures of myotubes with dissociated MNs (Kengaku et al., 1991) or spinal cord explants (Askanas et al., 1987), either plated simultaneously or sequentially (Figure 4A). Axonal projections in these co-cultures extended from the MNs to form NMJs with the myotubes that in turn exhibited functional post-synaptic potentials. Development of in vitro human models of the NMJ (Guo et al., 2011; Demestre et al., 2015; Yoshida et al., 2015) have additionally opened doors to personalized modeling of NMDs. For example, hiPSCs from spinal muscular atrophy (SMA) patients exhibited impaired AChR clustering which was ameliorated with valproic acid and antisense oligonucleotide treatment (Yoshida et al., 2015). The main advantages of these 2D culture models were relative simplicity and use of a flat substrate allowing for efficient and direct analysis of cell morphology and pathological features.
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FIGURE 4. Engineered NMJ models. (A,B) Schematics of 2D NMJ co-culture models in mixed (A) and compartmentalized (B) configuration. (C) Mixed 3D NMJ co-culture systems incorporate MNs or neurospheres into SkM during 3D tissue formation. (D) Representative mixed 3D NMJ model with immunofluorescent staining of muscle sarcomeres (SAA), neurite extensions (SMI32), and acetylcholine receptors (BTX). Scale bar, 200 μm (Bakooshli et al., 2019; Copyright 2019, eLIFE). (E) Compartmentalized 3D NMJ co-culture systems culture MNs and SkM in separate compartments bridged by an extracellular matrix gel to facilitate axonal outreach and SkM innervation. (F) Representative compartmentalized NMJ model with immunofluorescent staining of neurite extensions (TUJ1) and myotubes [filamentous (F)-actin]. Scale bars, 100 μm (Osaki et al., 2018; Copyright 2018, Science Advances). (G) Example of optogenetic control of 3D NMJ models through blue light illumination (blue bars) of ChR2H134R-HBG3-MN neurospheres inducing contraction in muscle (y-axis) as measured by pillar displacement within a microfluidic system. Administration of α-bungarotoxin (BTX) prevented MN-induced contractions (Uzel et al., 2016; Copyright 2016, Science Advances). (H) Example of muscle contraction induced by electrical stimulation of MNs at varying frequencies (0.5–4 Hz) (Osaki et al., 2018; Copyright 2018, Science Advances). (I) Representative recording of contractile force (y-axis) in 3D SkM-MN co-culture induced by glutamate stimulation of neurospheres (Uzel et al., 2016; Copyright 2016, Science Advances). (J) Representative recording of glutamate-induced Ca2+ transients in 3D SkM-MN co-culture with muscle-specific expression of GCaMP6 reporter. MN neurospheres are encircled by dashed lines (Bakooshli et al., 2019; Copyright 2019, eLIFE).


However, AChR clustering in mixed 2D co-cultures exhibits poor co-localization of pre- and post-synaptic structures compared to native NMJs, hindering the ability to recapitulate the intricacies of specific NMDs (Das et al., 2010; Umbach et al., 2012). Specifically, without proper spatial cues, myoblasts in mixed 2D cultures fuse into randomly oriented and branched myotubes limiting formation of elongated myofibrils and mature sarcomeres (Bettadapur et al., 2016). These myotubes will often delaminate after few days of culture as they start to generate more mechanical stress against the underlying substrate, thus not providing sufficient time for proper NMJ maturation (Wang et al., 2012; Sun et al., 2013). Anatomical considerations also hinder physiological relevance of these models. In situ, the soma of the MNs reside in the spinal cord with only the axons projecting and physically interacting with the myofibers. Plating MNs on top of myotubes in mixed 2D co-cultures is therefore anatomically incorrect and may alter the physiology of one or both cell types. Additionally, measuring SkM force generation is not possible on most conventional culture substrates and individual analysis of each cell type, both functional and molecular, is often impractical.

To overcome these technical challenges, researchers have developed several types of tunable culture surfaces and microfabricated devices to engineer more biomimetic NMJs with improved anatomical organization. Use of topographical cues, such as polylactic acid (PLA) or polycaprolactone (PCL) nanofibers, served to align murine myoblasts and improve NMJ formation with co-cultured rat embryonic spinal MNs (Luo et al., 2018; Das et al., 2020). Micropatterning of alternating soft and stiff extracellular matrix strips increased expression of the NMJ markers MuSK and LRP4, improved myoblast fusion, and augmented AChR cluster size when rat primary MNs were co-cultured with both human and mouse SkM cells (Happe et al., 2017). Micropatterning techniques have also been shown to promote hiPSC-derived MN survival (Burbulla et al., 2016) and align human myoblasts (Ebrahimi et al., 2018).

Furthermore, incorporation of SCs has improved viability and survival of MNs in long-term 2D cultures in vitro while supporting longer, myelin ensheathed axonal projections in rodent models in vivo (Haastert et al., 2005; Honkanen et al., 2007; Paivalainen et al., 2008; Viader et al., 2011; Hyung et al., 2015). Within human cell lines, increased myotube number, length, and viability were observed in both SC/SkM cocultures and SC/SkM/MN tricultures highlighting the synergistic relationships among these cell types (Singh and Vazquez, 2019). Additionally, self-organization of hiPSC-derived NMJs has been accomplished following simultaneous generation of MNs, SkM, and SCs from a bipotent NMP population (Lin et al., 2019) fated to form both spinal neuroectodermal and associated musculoskeletal mesodermal cell derivatives (Gouti et al., 2017). Within this system, contractile and electrophysiological activity driven by functional NMJs was supported by the presence of terminal SCs and myelinated axons.

Additionally, development of compartmentalized 2D NMJ models has allowed for MN somas and myotubes to be spatially separated increasing the biomimetic nature of these co-cultures (Figure 4B). In the first example of a compartmentalized NMJ model, neurons derived from murine embryonic stem cells and fused C2C12 myoblasts were cultured separately in a microfluidic device and connected only through axon extensions (Park et al., 2013). Similar compartmentalized 2D models have been used to study rodent synaptic formation (Tong et al., 2014), AChR clustering (Southam et al., 2013), and MN-induced calcium transients in myotubes (Ionescu et al., 2016). A compartmentalized 2D NMJ model between primary embryonic rat MNs and myotubes inside an automated device allowed measurements of MN-initiated muscle contractile force through cantilever displacement (Smith et al., 2013). Similar studies testing effects of bungarotoxin, BOTOX®, and curare were performed in a human co-culture platform where video recording analysis was used to measure amplitude and frequency of MN-induced myotube contractions (Santhanam et al., 2018). Additionally, lentiviral transduction of human MNs with channelrhodopsins has enabled a more precise, light-mediated control over MN activity in NMJ co-cultures (Steinbeck et al., 2016). Use of single-donor hiPSC-derived SkM cells and MNs has further enabled patient-specific disease modeling (Guo et al., 2020a) with capability to assess NMJ function in response to electrical stimulation of MNs. While these 2D compartmentalized platforms partly recapitulate in vivo organization through physical separation of MNs and SkM cells, they lack the structural 3D complexity of the native innervated muscle.



Three-Dimensional in vitro Models

The lack of the 3D cell–cell and cell–ECM interactions in 2D NMJ models has prompted the development of 3D in vitro models of innervated SkM (Figures 4C–F), which despite being more expensive, time-consuming, and lower throughput than 2D cultures, are expected to provide a more physiologically relevant platform for NMD studies. The first example of a mixed 3D NMJ model incorporated fetal rodent nerve explants within 3D SkM constructs resulting in the formation of functional NMJs and expression of more mature myosin heavy chain (MHC) isoforms (Larkin et al., 2006). A similar mixing technique using neonatal rat myoblasts and embryonic ventral horn neurons improved myotube cytoskeletal organization and augmented force production of engineered SkM (Martin et al., 2015). Direct co-culture of mouse-derived MN spheroids and SkM allowed for contraction following glutamic acid activation of MNs that could be inhibited by curare treatment, a NMJ antagonist (Morimoto et al., 2013). However, compared to native NMJs, AChRs clustering remained relatively diffuse in these systems (Morimoto et al., 2013). These first-generation 3D NMJ models demonstrated the utility of 3D platforms to generate functional NMJs but their non-compartmentalize nature and use of embryonic rodent cells limit their utility for studies of human NMDs.

Consequently, recent efforts have focused on the development of human 3D NMJ co-cultures. For example, addition of hiPSC-MN clusters into 3D SkM/hydrogel suspensions or to pre-formed SkM tissues allowed generation of mixed 3D NMJ models (Figures 4C,D) where consequences of functional connectivity between MNs and muscle fibers were studied by recording calcium transients or contractile force generation (Osaki et al., 2018; Bakooshli et al., 2019; Rimington et al., 2021). Compared to 2D monolayers, 3D MN spheroid co-culture with SkM increased axon length and expression of SMI32, a marker of MN maturity (Rimington et al., 2021), while the presence of MNs improved the overall structure and function of myotubes (Bakooshli et al., 2019; Rimington et al., 2021), revealing the mutually beneficial effects of MNs and SkM within 3D co-culture systems. Interestingly, functional innervation was achieved following 2 weeks of culture within 3D, but not in comparable 2D NMJ co-cultures, and expression of the mature AChR ε-subunit was observed only in 3D NMJ co-cultures (Bakooshli et al., 2019). Beyond mixed 3D NMJ models, compartmentalized microdevices (Figures 4E,F) have been developed to spatially separate MN spheroids and engineered SkM and connect them via axon-permissive channels to more appropriately mimic in vivo muscle innervation (Uzel et al., 2016; Osaki et al., 2018; Vila et al., 2021). Through this compartmentalization, visualization of 3D neurite outgrowth and engineered SkM innervation is greatly simplified, similar to studies in 2D compartmentalized co-cultures.

Incorporation of SCs can further improve longevity and biomimetic organization of 3D NMJ models as shown in rodent co-cultures, where MN–SC interactions led to extended, myelinated axonal projections of MNs with improved viability (Gingras et al., 2008; Hyung et al., 2021), while optical stimulation of murine MNs acted reciprocally on SCs to enhance the myelination process, leading to the formation of thicker myelin sheaths (Hyung et al., 2019). Similarly, in human organoids, NMJs identified by accumulation of αBTX clusters in muscle fibers encompassed both myelinated axons and capping terminal SCs and were shown to be functional by curare-induced block of muscle activity (Faustino Martins et al., 2020).

Motor neuron activation within 3D NMJ models has been achieved through addition of the neurotransmitter glutamate (Osaki et al., 2018; Bakooshli et al., 2019) or its mimic N-Methyl-D-aspartate (NMDA), optogenetic control (Osaki et al., 2018; Vila et al., 2019, 2021), or direct electrical stimulation (Osaki et al., 2018; Rimington et al., 2021). Glutamate stimulates MNs (Figure 4I) through binding to α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic (AMPA), kainic acid (KA), and NMDA receptors while NMDA specifically targets NMDA receptors (Newcomer et al., 2000). High doses of glutamate or NMDA can be used to study excitotoxicity (over-activation of glutamate receptors) while lower doses can access NMJ model sensitivity (Liu et al., 2007). Optogenetic control in NMJ models (Figure 4G) relies on genetic modification of MNs to express light-sensitive channels, such as channelrhodopsin, that induce an action potential and subsequent muscle contraction in response to blue light. This method, though utilizing genetically altered MNs, allows for spatiotemporal and noninvasive control over motor units. Direct electrical stimulation, while impractical in mixed co-culture systems as it would excite both MNs and SkM cells, can be implemented in compartmentalized systems to stimulate MNs (Figure 4H).

To assess NMJ functionality, recordings of calcium transients have been used as an indicator of MN-induced muscle excitation and gCaMP6 (Bakooshli et al., 2019), a genetically encoded calcium indicator, has been used to visualize calcium flow through muscles (Figure 4J). Furthermore, MN-innervated engineered SkM tissues can be cultured on microfabricated pillars, displacement of which can be imaged to assess muscle contractions induced via glutamate or light-stimulated MN activity (Uzel et al., 2016; Vila et al., 2019, 2021; Afshar et al., 2020). In addition to indirect functional measurements by video recordings, contractile force generation in mixed 3D NMJ co-cultures can be directly measured by a force transducer (Martin et al., 2015; Rizzuto et al., 2017; Rimington et al., 2021), which allows for assessment of the muscle force-length relationship and could be used for detailed functional studies in compartmentalized 3D NMJ models, similar to those performed in native nerve-muscle preparations (Martin et al., 2015; Rizzuto et al., 2017). Finally, transfer of MN activity to SkM can be blocked through a variety of AChR inhibitors including α-bungarotoxin (Osaki et al., 2018; Vila et al., 2019) and tubocurarine (Bakooshli et al., 2019; Rimington et al., 2021) to further validate NMJ functionality.




NEUROMUSCULAR DISEASES

Neuromuscular diseases originate from various pathophysiological mechanisms, exhibit diverse symptoms, and differentially affect the NMJ (Figure 5). As such, they have historically been divided into subcategories and viewed through either a neurogenic or myogenic lens. However, increasing evidence for the important roles of cellular crosstalk in NMD pathogenesis suggest that modeling of the entire motor unit is necessary for proper studies of NMDs. In the following section, we present five NMD examples with diverse causes and manifestations highlighting the pathogenic roles of both MNs and SkM. First, we discuss ALS, a genetic disorder viewed to primarily affect MNs. Second, we consider MG, an autoimmune disorder focused upon the NMJ. Third, we examine DMD, a muscular dystrophy resulting from loss or truncation of the sarcolemmal protein dystrophin. Fourth, we review DM, a muscular dystrophy arising from toxic RNA repeats. Fifth, we discuss Pompe disease, a glycogen storage disorder affecting multiple cell types. For each NMD, we highlight most representative in vitro (Table 1) and in vivo models and offer perspective on future progress needed to advance NMD modeling toward translational applications.
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FIGURE 5. NMD-specific changes in NMJ morphology. (A) Mature human NMJs present with a characteristic “pretzel” shape and contain both synaptophysin (SY) and acetylcholine receptors (AChRs). NMJ endplates exhibit distinct membrane folds that extend into the muscle cell cytoplasm. (B) In ALS, marked decrease in synaptophysin and NMJ size occurs alongside denervation. Additionally, ALS patients present with smaller nerve terminals and flattened synaptic clefts. (C) In MG, NMJ morphology is generally maintained; however, there is synaptic accumulation of autoantibodies (Ab), decrease in AChRs, and shortening of synaptic clefts. (D) In DMD, there is marked axonal branching and NMJ fragmentation alongside shortening of the synaptic cleft. (E) In Pompe disease, there is denervation alongside NMJ fragmentation and increased rates of MN apoptosis.



TABLE 1. Selected in vitro human models of NMD.
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Amyotrophic Lateral Sclerosis

Amyotrophic lateral sclerosis is late-onset, progressive NMD caused by SkM and MN wasting resulting in paralysis, respiratory failure, and death (Brown and Al-Chalabi, 2017). It is characterized by muscle stiffness and spasticity, but many patients also exhibit cognitive and behavioral changes (Oskarsson et al., 2018). Unfortunately, no ALS-specific biomarkers are currently known resulting in lengthy diagnosis periods and delayed treatments (Oskarsson et al., 2018). While no curative therapy is currently available, approved drugs, such as Edaravone and Riluzole, limit disease progression and may lengthen patient survival up to several months (Jaiswal, 2019). Approximately 90–95% of patients have sporadic ALS and 5–10% have familial disease, with no clear clinical or pathological differences between the groups (Loeffler et al., 2016). Over 100 genes have been attributed to familial ALS with the most commonly affected genes being C9ORF72, SOD1, TARDBP, and FUS, typically in combination (Wroe et al., 2008). The precise molecular mechanisms of ALS are unknown; however, many contributing factors have been proposed including protein aggregation (Ross and Poirier, 2004), excitotoxicity (Rothstein, 1995), aberrant nucleocytoplasmic or endosomal transport (Zhang et al., 2015), dysfunctional RNA metabolism (Strong, 2010), oxidative stress (Barber and Shaw, 2010), and axonal deformations (Bilsland et al., 2010). Although MN degradation is characteristic of ALS, denervation of the NMJ occurs first (Tremblay et al., 2017). Interestingly, ALS exhibits a preferential degradation of MNs with early loss of fast-fatigable MNs followed by fast fatigue-resistant, and then slow MNs (Tremblay et al., 2017). NMJs in ALS patients exhibit endplate fragmentation (Bjornskov et al., 1975), smaller endplates and nerve terminals (Tsujihata et al., 1984), flattened synaptic clefts (Yoshihara et al., 1998), and reduced mitochondrial presence within the nerve terminal (Tsujihata et al., 1984). Some small nerve terminals have been observed over distorted endplates, suggesting the possibility for NMJ regeneration (Yoshihara et al., 1998).

While ALS research has primarily focused upon MN pathology, studies with animal models have underlined the importance of pre-symptomatic SkM changes including atrophy and denervation (Loeffler et al., 2016). Prior to disease onset in SOD1 mice, there is an upregulation in muscle developmental genes (De Oliveira et al., 2014), a decrease in CDK5 (myogenic marker) (Park and Vincent, 2008), sarcoplasmic accumulation of neuronal NOS (Suzuki et al., 2010), and a loss in muscle volume (Kraft et al., 2007). Muscle-specific overexpression of SOD1 in mice has caused oxidative stress and muscular wasting without motor defects (Dobrowolny et al., 2008), while neuron-specific expression of SOD1 did not result in neuron abnormalities (Lino et al., 2002). Satellite cells from pre-symptomatic mice exhibit upregulated Pax7 expression (Manzano et al., 2011) and reduced proliferative capacity (Manzano et al., 2013). ALS patients exhibit a similar dysfunction in satellite cell proliferation (Scaramozza et al., 2014), indicating intrinsic muscle pathology in ALS as satellite cells are not directly innervated. Additionally, electrophysiological postsynaptic alterations presented in SOD1 mice prior to 6 weeks of age (Rocha et al., 2013) and decreased expression of choline acetyltransferase (ChAT) and vesicular acetylcholine transporter resulted in cholinergic dysfunction prior to MN degradation (Casas et al., 2016). In these mice, early NMJ dysfunction is accompanied by Ca2+ and reactive oxygen species accumulation, mitochondrial failure, and impaired transport within axons (Fischer-Hayes et al., 2013; Pollari et al., 2014). Clinically, pathophysiological axonal excitability is more pronounced within distal axonal branches (Nakata et al., 2006) and muscle denervation occurs before spinal cord MN degradation (Pollari et al., 2014). Based upon these observations, the “dying back” hypothesis of ALS suggests that this disease progresses through a retrograde degeneration of MNs from the periphery (Moloney et al., 2014) contrasting with the “dying forward” hypothesis that suggests glutamate excitotoxicity from cortical MNs advances forward to the periphery (Eisen et al., 1992). Additionally, astrocytes express most ALS related genes, and their dysregulation leads to neuroinflammation, oxidative stress, excitotoxicity, and protein aggregation further supporting the non-cell autonomous nature of ALS (Halpern et al., 2019).

Several animal models of ALS have been developed with a variety of mutations. Transgenic mice expressing mutant human SOD1 have been heavily studied and particularly useful in understanding pathophysiology of ALS. These mice progressively accumulate SOD1 within their muscles causing endoplasmic reticulum stress (Chen et al., 2015), recapitulate characteristic degradation of MNs and paralysis, and importantly demonstrate the non-cell autonomous nature of ALS (Nagai et al., 2007). Additionally, these mice exhibit altered gene expression related to muscle repair (De Oliveira et al., 2014), reduction in muscle volume (Marcuzzo et al., 2011), decreased proliferative capacity of satellite cells (Manzano et al., 2013), and a slow fiber-type shift (Hegedus et al., 2007). Studies with SOD1 mice have been useful to identify potential treatments with glial cell line-derived neurotrophic factor (GDNF) to rescue MN function through overexpression within the SkM (Li et al., 2007), stem cell-based delivery (Suzuki et al., 2007), and intramuscular injection of GDNF (Suzuki et al., 2008). Unfortunately, overexpression of healthy human SOD1 in these mice results in axonopathy undermining mutational importance within this disease model (Joyce et al., 2011) and spontaneous copy number deletions limit disease severity increasing variability within SOD1 mouse studies (Zwiegers et al., 2014). Additionally, rodent astrocytes exhibit significantly varied expression of many ALS-related genes, are less structurally and functionally diverse, and express a 10-fold decrease in glial fibrillary acidic protein-positive processes than human astrocytes, further limiting translational relevance of this model when studying the role of astrocytes in ALS (Oberheim et al., 2009).

To specifically study the effect of ALS on MN populations, hiPSC-based platforms have been widely employed. The first example of drug screening in ALS hiPSC-derived MNs used cells from patients with TARDBP mutations that exhibited decreased neurite length, which allowed identification of anacardic acid (a histone acetyltransferase inhibitor) as a potential ALS therapeutic agent (Egawa et al., 2012). These platforms have been expanded to the other ALS-associated mutations and have included assessments of membrane hyperexcitability (Wainger et al., 2014), vesicle trafficking (Shi et al., 2018), ER perturbation (Kiskinis et al., 2014), lysosomal biogenesis (Shi et al., 2018), and oxidative stress (Kiskinis et al., 2014). To model sporadic ALS in hiPSC-MNs, several models were combined to recapitulate heterogeneous neuronal degeneration, protein aggregation, and cell death and identify ropinirole as a potential therapeutic candidate (Fujimori et al., 2018). However, these models utilize rather immature neurons to model a disease that presents in mid to late life and only consider cell-autonomous effects of ALS. Accelerated aging through molecular manipulation, such as progerin overexpression (Miller et al., 2013), may improve the clinical relevance of these models.

To investigate non-cell autonomous contributions to ALS in a cell-specific manner, hiPSC-derived SkM and astrocyte models of ALS have been developed. Initial hiPSC-derived ALS SkM cells induced through both MyoD overexpression (Lenzi et al., 2016) and small molecule differentiation (Swartz et al., 2016) exhibited typical maturation patterns with limited pathologic alterations. Recently, however, a SkM model derived from SOD1-mutant ALS patient hiPSCs exhibited delayed and lower rates of fusion, smaller myotube size, limited AChR expression, metabolic dysfunction, and significantly reduced force production compared to healthy cells (Badu-Mensah et al., 2020). Additionally, a model using hiPSC-derived myotubes from C9ORF72 mutant patients exhibited pathological RNA foci, dipeptide repeat proteins, oxidative stress, and TDP-43 aggregation (Lynch et al., 2019). Beyond cultured hiPSC-SkM cells, hiPSC-derived astrocytes from ALS patients exhibit decreased expression of LC3-II causing p62 accumulation and modulated autophagy in HEK293T cells treated with astrocyte conditioned media (Madill et al., 2017). Additionally, C9ORF72 mutant hiPSC-derived astrocytes exhibited pathological RNA foci and dipeptide repeat proteins while causing MNs to undergo progressive action potential loss upon co-culture (Zhao et al., 2020). Through CRISPR-based removal of the C9ORF72 repeat, these phenotypes were reverted indicating both cell-autonomous astrocyte pathology and non-cell autonomous MN pathophysiology attributed to astrocytes (Zhao et al., 2020). Metabolically, C9ORF72-mutated astrocytes exhibit increased oxidative stress and senescence while secreting paracrine factors to induce oxidative stress in healthy MNs (Birger et al., 2019).

To combine these cell types in vitro, a compartmentalized ALS-on-a-chip model was developed to co-culture engineered 3D SkM tissues with heterogeneous (MNs and astrocytes) hiPSC-derived neural spheroids within a microfluidic device (Osaki et al., 2018). Functional NMJs were formed by axonal outgrowth from spheroids into SkM and light was used to stimulate the channelrhodopsin-2–expressing MNs to induce muscle contraction (Osaki et al., 2018). Engineered ALS motor units within this system exhibited higher degradation rates, induced fewer muscle contractions, and increased SkM apoptosis. These features were reversed through treatments with rapamycin and/or bosutinib as potential therapeutic agents (Osaki et al., 2018). A microfluidic compartmentalized 2D co-culture system made of hiPSC-MNs derived from three ALS mutant lines and primary wild-type myotubes exhibited axonal varicosities, limited axonal growth, and increased excitability (Guo et al., 2020b). Functional NMJs with ALS MNs were decreased in number and fidelity and showed increased fatigue index, while the Deanna protocol nutritional supplementation was found to correct these deficits in all lines (Guo et al., 2020b).

To improve upon our understanding of the underlying mechanisms of ALS pathology and to develop curative therapies, it will be critical to complement studies in both animal models and in vitro systems. ALS animal models with a wide variety of mutations have allowed for significant advancement in our understanding of the disease. However, limited disease severity and phenotypes, especially within supporting cells such as astrocytes (Oberheim et al., 2009), are likely to undermine clinical success of ALS therapeutics validated in animal models. Increasing disease severity in mice by additional knockdown of SOD1 in astrocytes, assessing the impact of different genetic backgrounds, and increased physical activity via treadmill running or swimming may yield more translationally relevant in vivo ALS models. For in vitro studies, current ALS-on-a-chip models (Osaki et al., 2018; Guo et al., 2020b) hold great potential for clinically relevant disease modeling and predictive drug screening as they exhibit therapeutically reversible ALS phenotypes and utilize platforms that support high-throughput studies. However, these models have yet to be analyzed to assess if they appropriately recapitulate pathological decrease in synaptophysin concentration, marked denervation, shrunken nerve terminals, and flattened synaptic clefts observed in ALS patients (Bjornskov et al., 1975; Tsujihata et al., 1984; Yoshihara et al., 1998). Further developments to in vitro ALS human models will be required to better recapitulate ALS pathology and disease progression. First, modular ALS platforms combined with non-invasive longitudinal and functional assessments can be utilized to help answer the fundamental question if ALS disease progression is due to direct loss of cortical MNs or their retrograde degeneration originating from muscle. Second, improved methodologies to generate hiPSC-derived MN subtypes will allow for further investigations into the preferential subtype-specific MN degradation observed in ALS (Tremblay et al., 2017). Third, incorporation of supportive cell types such as SCs will create a more realistic model of disease as SCs from ALS patients exhibit abnormal morphology with disorganized processes that extend into synaptic clefts (Bruneteau et al., 2015). In SOD1 mouse studies, similar disorganized processes were seen within SCs alongside upregulated galectin-3, a marker of phagocytosis (Martineau et al., 2020). These extensions may block the synaptic cleft, disrupting MN-SkM communication and contributing to ALS pathology, offering an interesting area for investigations within in vitro models.



Myasthenia Gravis

Myasthenia gravis is a rare autoimmune disorder characterized by accelerated fatigue within voluntary muscles, primarily in extraocular and facial muscles, proximal limbs, and neck extensors (Jayam Trouth et al., 2012). Weakness is highly variable and worsened by a variety of factors including heat, stress, and exercise (Jayam Trouth et al., 2012). MG is associated with accumulation of autoantibodies against NMJ proteins including muscle specific tyrosine kinase (MuSK), low-density lipoprotein receptor-related protein 4 (LRP4), and, most significantly, the nicotinic acetylcholine receptor (nAChR) (Nacu et al., 2015). The accumulation results from T cell-directed attack upon these postsynaptic membrane proteins (Ha and Richman, 2015). MG is often initially identified by ptosis and can be further classified into several subgroups based on autoantibody type and clinical features (Nacu et al., 2015). There are a wide range of treatments approved for MG including immunosuppression, anticholinesterase drugs, immunomodulation, and thymectomy (Farmakidis et al., 2018), but none provide curative outcomes.

Although the primary investigations of MG have focused on NMJ morphology and function, there have been reports of pathophysiological alterations in SkM. Human muscle atrophy was shown to present early in MG progression (Zouvelou et al., 2012) and accelerated atrophy was seen in type II fibers as compared to type I fibers (Wang et al., 2018). Additionally, accumulated anti-nAChR antibodies have been shown to modulate muscular IL-6 production altering mTOR signaling which may be responsible for MG-associated muscle fatigue (Maurer et al., 2015). Muscle biopsies from MG patients showed increased Pax7+ satellite cell pool, while isolated MG myoblasts exhibited increased proliferation and differentiation potential (Attia et al., 2017). A similar increase in satellite cell number, proliferation, and differentiation was observed in anti-nAChR mouse models of MG (Attia et al., 2017). Additionally, these mice exhibited delayed SkM maturation following development indicated by lower MyoG expression, reduced fiber size, and increased embryonic myosin heavy chain expression (Attia et al., 2017).

The role of autoantibodies in MG have been confirmed in multiple animal studies. Rabbits treated with anti-nAChR antibodies showed characteristic MG symptoms, confirming the autoimmune nature of MG (Patrick and Lindstrom, 1973). Similarly, administration of autoantibodies against LRP4 and MuSK in mouse models have reproduced MG symptoms indicating important roles of these receptors in disease (Wang et al., 2018). While useful in understanding NMJ dysfunction, acute induction of symptoms through autoantibody administration does not appropriately mimic the chronic progression of MG (Wang et al., 2018). Furthermore, immunized mice inconsistently exhibit clinically observable weakness, rarely present with extraocular muscle fatigue, and fail to recapitulate the dynamic nature of MG disease severity (Wang et al., 2018). Finally, there are additional auto-antibodies implicated in MG against proteins such as titin (Aarli, 2001), agrin (Gasperi et al., 2014), and cortactin (Gallardo et al., 2014) that are not considered in these models.

As MG is an autoimmune disorder, in vitro models of MG can be developed by adding patient serum to an existing NMJ platform. The first example of this utilized a 2D co-culture of optogenetically active hESC-derived MNs with primary myotubes to induce a reversible reduction in muscle contraction amplitude by treatment with IgG or active complement protein from MG patients (Steinbeck et al., 2016). In a 3D co-culture model of hiPSC-derived MNs and engineered SkM tissue, localized deposition of complement C3c protein was shown in AChRs of NMJs and treatment with MG IgG decreased number of MN-activated myofibers (Bakooshli et al., 2019). Additionally, automated optogenetic control was incorporated into a 3D MN-SkM culture system and differential responses to sera from donors were measured according to phenotype severity (Vila et al., 2019). Recently, hPSC-derived axial stem cells have been used to generate human neuromuscular organoids containing MNs, SCs, and SkM and study MG (Martins et al., 2020). This model showed reduced NMJ volumes alongside decreased rate and amplitude of contraction in response to MG sera. Although these models have recapitulated some aspects of MG through addition of patient sera, they are limited as they do not utilize MG patient-derived cells.

Overall, understanding the multi-organ nature of MG will require investigations in both animals and in vitro human model systems. While animal models are suitable for investigating the involvement of NMJs and immune system, they do not capture MG disease severity, resulting in failure of multiple MG treatments in clinical trials despite prior validation in animals (Mantegazza et al., 2016). Furthermore, direct analyses of heterocellular interactions important for MG pathology in animal models are hindered by the complexity of in vivo environments. On the other hand, in vitro models exhibit phenotypic and functional responses to patient sera that match disease severity in human donors (Vila et al., 2019) and can enable unique studies to elucidate the roles of cellular crosstalk in disease progression; however, they do not model systemic pathogenesis. Therefore, the next generation of in vitro MG models should incorporate immune cells to better recapitulate the autoimmune inflammatory environment. Specifically, incorporation of autoreactive T-cells would allow for investigations of the pathological development of autoantibodies beyond studying the effect of MG serum addition within existing platforms. In animal models of MG, macrophages can act as antigen-presenting cells and help produce self-AChR antibodies (Kinoshita et al., 1988) and as such, their incorporation into human in vitro systems (Juhas et al., 2018) would allow systematic studies of their roles in MG autoimmunity. Finally, further studies of SCs within in vitro models of MG should be performed to analyze their localization to the presynaptic membranes and potential neuroinflammatory roles (Ydens et al., 2013), including involvement in clinically observed pathological features such as disorganized axonal microorganelles, accumulation of Reich granules, and lipopigments (Kimura and Nezu, 1989).



Duchenne Muscular Dystrophy

Duchenne muscular dystrophy, a genetic myopathy with the highest prevalence of 7.1 in 100,000 male births (Crisafulli et al., 2020), is a fatal X-linked disorder caused by mutations in the dystrophin gene (Yiu and Kornberg, 2015). Dystrophin is an integral member of the dystrophin glycoprotein complex (DGC) that transmits contractile forces from the sarcomere to the ECM and functions as a molecular shock absorber (Le et al., 2018). In mature myofibers, dystrophin deficiency leads to sarcolemmal instability (Weller et al., 1990), abnormal calcium homeostasis (Tutdibi et al., 1999), and muscle degeneration (Torres and Duchen, 1987). In SCs, dystrophin regulates muscle stem cell commitment via epigenetic modifications (Chang et al., 2018) and regulation of cell polarity (Dumont et al., 2015b; Wang Y.X. et al., 2019). Loss of dystrophin results in increased levels of myogenic progenitors with an impaired ability to commit to differentiation resulting in diminished regenerative ability (Dumont et al., 2015b; Wang Y.X. et al., 2019). Together, this impaired satellite cell function, impeded muscle regeneration, and constant cycles of muscle degeneration result in progressive muscle weakness, loss of ambulation, and ultimately death due to respiratory failure (Yiu and Kornberg, 2015).

In addition to roles within SkM, dystrophin regulates neuronal function and is vital for healthy NMJ maintenance (Tintignac et al., 2015). Dystrophin and other members of the DGC are enriched at post-synaptic folds of the NMJ (Waite et al., 2009) and stabilize nAChRs (Zaccaria et al., 1998). Dystrophic myofibers are associated with increased rates of NMJ branching, fracturing, and transmission failure (Pratt et al., 2013, 2015a), suggesting a role of dystrophin in NMJ remodeling and/or maintenance. The role of dystrophin at the pre-synaptic level of NMJ structure and function is less clear. Increased pre-synaptic nerve terminal branching, axon sprouting, and denervation have been observed in mdx mice (Pratt et al., 2015b; van der Pijl et al., 2016) and humans (Nagao et al., 2003). These structural changes seen in dystrophic NMJs result in functional deficits including altered EMG characteristics and decreased safety factor of neuromuscular transmission in both patients (Priez et al., 1992) and mice (van der Pijl et al., 2016). Clinically, NMJ dysfunction results in increased sensitivity and slowed recovery from neuromuscular blocking drugs such as rocuronium and mivacurium (Ihmsen et al., 2009), contraindicating their use as anesthetics in DMD patients (Breucking et al., 2000). Lastly, dystrophin also regulates neuronal development and function in the brain which most likely contributes to the increased incidence of neurological abnormalities including autism, attention deficit disorder, and learning disabilities in DMD patients (Ricotti et al., 2016).

The majority of our understanding of DMD has been derived from a range of preclinical animal models (Wells, 2018) with the most common model being the mdx mouse which has a naturally occurring nonsense point mutation in exon 23 preventing dystrophin protein expression (Manning and O’Malley, 2015). The mdx mice exhibit several expected disease features including fibrosis (Gregorevic et al., 2008), respiratory dysfunction (Burns et al., 2018), cardiomyopathy (Mareedu et al., 2021), metabolic dysfunction (Moore et al., 2020), and muscle weakness (Barton et al., 2005). However, the mdx phenotype is milder and has a slower progression compared to clinical symptoms in DMD patients (Dangain and Vrbova, 1984). Disease severity of the mdx mouse model can be increased by the knockout of utrophin, which undergoes compensatory upregulation in mdx mice to protect against membrane instability (Deconinck et al., 1997). Alternatively, disease severity can be increased by knockout of the telomerase gene (mdx/mTR) which shortens telomere length and induces a more severe SkM (Sacco et al., 2010) and cardiac (Mourkioti et al., 2013) pathology. Larger preclinical animal models including rats (Larcher et al., 2014), rabbits (Sui et al., 2018), dogs (Nghiem and Kornegay, 2019), and pigs (Selsby et al., 2015) show greater disease severity and lethality than the traditional mdx mouse model. However, ethical concerns (Yokota et al., 2012) and secondary complications such as inability to feed (Gaschen et al., 1999) have limited their use to date. From larger animals, the golden retriever muscular dystrophy model (GRMD) (Nghiem and Kornegay, 2019) has been studied the most, but financial, ethical, and animal number concerns limit its use (Wells, 2018). Nevertheless, these preclinical models played important roles in validating current standard of care glucocorticoid therapy (Hudecki et al., 1993) and eteplirsen, a novel antisense oligonucleotide treatment approved by the FDA in 2016 (Khan et al., 2019).

Despite some success, numerous candidate therapeutics identified in animal studies have failed to be effective in humans driving the development of improved model systems (Rybalka et al., 2020). A primary limitation of current animal models is their low genetic and epigenetic diversity. DMD in humans is caused by over 4700 different mutations, and disease severity and response to pharmacological agents is heavily influenced by a range of disease modifiers such as expression levels of latent TGFB binding protein 4 (LTBP4) (Flanigan et al., 2013) and osteopontin-1 (Kyriakides et al., 2011). Disease severity of the mdx mouse model has been improved by crossing the mdx mutation onto the DBA/2J background, which contains a pro-fibrotic polymorphism in LTBP4 (Heydemann et al., 2009), resulting in greater fibrosis and functional impairment (van Putten et al., 2019). In the past decade, the development of genome editing tools such as TALEN and CRISPR-Cas9 has enabled the generation of humanized mdx mouse models (Aartsma-Rus and van Putten, 2019). These mice specifically model human dystrophin mutations to enable preclinical validation of gene editing therapies using CRISPR-Cas9 (Min et al., 2019) or antisense oligonucleotide (Veltrop et al., 2018) technologies.

While animal models can be genetically modified to include aspects of patients’ genetic diversity, true personalized disease platforms require use of patients’ tissues or cells. In vitro 2D studies of mouse or human DMD myoblasts have been utilized to model satellite cell dysfunction (Wang Y.X. et al., 2019), impaired myotube formation (Blau et al., 1983), and altered Ca2+ handling (Imbert et al., 1995). Myotubes lacking dystrophin or other members of the DGC display decreased AChR clustering (Kong and Anderson, 1999), indicating that post-synaptic NMJ abnormalities can occur in the absence of neural cells. When engineered into 3D tissues, DMD primary and immortalized patient cells display decreased fusion and force of contraction, atrophic myotubes, and decreased nuclear anisotropy (Nesmith et al., 2016; Al Tanoury et al., 2021; Ebrahimi et al., 2021). Large scale personalized platforms amenable to pharmacological screens will require the use of patient hiPSCs due to ethical and proliferative limitations of muscle biopsy-derived primary cells and a need for non-muscle cells such as MNs (Wang J. et al., 2019). Encouragingly, two chemicals (ginsenoside and fenofibrate) identified to improve fusion rate in hiPSC-derived DMD myoblasts were both found to improve muscle structure and function in mdx mice (Sun et al., 2020). Similarly, prednisolone, the current standard of care for DMD patients, rescued fusion, force of contraction, and branching defects in hiPSC-derived DMD myotubes (Al Tanoury et al., 2021), further implying a potentially predictive nature of these in vitro assays. In addition to drug development, hiPSC-derived DMD cells from patients with a wide-range of mutations can be utilized for optimization and validation of gene therapies such as guide RNA design for CRISPR-Cas9 mediated genome editing (Min et al., 2019).

Furthermore, hiPSC-based disease models allow building complex tissues to enable studies of the multi-cellular crosstalk in DMD pathogenesis. For example, astrocytes (Patel et al., 2019) and glutamatergic sensory neurons (Ruggieri et al., 2019) generated from DMD hiPSCs displayed increased Ca2+ overload and cytoskeletal disorganization indicating that neuronal involvement can be also studied using DMD hiPSC derivatives. Multicellular 3D cultures comprised of hiPSC-derived myoblasts, neurons, endothelial cells, and fibroblasts were successfully generated from both healthy and DMD cells (Maffioletti et al., 2018; Mazaleyrat et al., 2020), but the roles of cellular crosstalk in NMJ function and dysfunction in these cultures remain to be studied. Interestingly, in a primary and immortalized cell line based human 3D co-culture system, endothelial cells were required for DMD fibroblasts to undergo fibrinogenesis, suggesting that complex multicellular 3D platforms may be required to study mechanisms of DMD with high fidelity (Bersini et al., 2018). Recently, a compartmentalized optogenetic neuromuscular DMD model was developed by culturing hiPSC-derived DMD and isogenic control myoblasts with MN spheroids derived from wild-type channelrhodopsin-expressing murine or human ESCs (Paredes-Redondo et al., 2021). In this model, pharmacological inhibition of TGFβ signaling induced partial restoration of AChR and NMJ volumes along with significant up-regulation of MuSK expression (Paredes-Redondo et al., 2021). Besides SkM DMD platforms, hiPSC-derived DMD cardiomyocytes exhibit impaired contractile function (Chemello et al., 2021), altered calcium-handling (Chemello et al., 2021), and mitochondrial dysfunction (Sun et al., 2020), and have been utilized for in vitro studies of drug (Lin et al., 2015) and gene (Kyrychenko et al., 2017; Long et al., 2018; Chemello et al., 2021) therapies for DMD.

Since DMD arises from a range of mutations and its progression strongly depends on a variety of disease modifiers, complementary studies in animal and in vitro models will be required for improved understanding of disease mechanisms and development of effective therapeutic approaches. While translational relevance of current animal models is limited by low genetic and epigenetic diversity, genome editing technologies such as CRISPR can now enable improved phenotypic and mutational representation in animals (Pickar-Oliver et al., 2021). Regardless of these improvements, use of patient-derived cells will be necessary for truly personalized disease modeling. Recent 3D NMJ DMD models have provided a useful platform for studying NMJ dysfunction in vitro (Paredes-Redondo et al., 2021), but fully patient-specific DMD NMJ models remain to be developed. In these models, it will be important to perform careful morphological analysis of axonal branching and NMJ fragmentation to evaluate how well patient phenotypes are recapitulated (Pratt et al., 2013, 2015a). Similar to ALS models, the DMD platforms can be utilized in modular fashion to determine roles of distinct cellular and environmental components in NMJ pathology. For example, SCs within the mdx model exhibit disorganized processes directed away from endplates which may block innervation, indicating a potential role of SCs in DMD pathology (Personius and Sawyer, 2005) which remains to be studied in vitro. DMD patient and mouse muscles are also characterized by pro-inflammatory immune cell infiltration, which results in increased levels of neutrophils, T cells, and macrophages. Replicating this pro-inflammatory milieu in vitro could shed novel mechanistic insights into the effects of inflammation on NMJ structure and function in DMD. While the altered inflammatory milieu is thought to stimulate FAP proliferation and fibrosis (Juban et al., 2018), current DMD models do not exhibit fibrotic changes, thus the incorporation of both inflammatory and FAP cells will likely be essential to fully replicate the advanced stages of disease.



Myotonic Dystrophy

Myotonic dystrophy is the most prevalent form of muscular dystrophy in adults and is classified into Type I (DM1) and II (DM2). DM1 results from a series of CTG repeats in the DM protein kinase (DMPK) gene, while DM2 results from a series of CCTG repeats in the Zinc Finger 9 (ZNF9) gene (Thornton, 2014). The major pathogenic consequence of these DNA tandem repeats is gain-of-function of the resulting mutant RNA that form hairpin-like structures which bind and sequester RNA-binding proteins (Brouwer et al., 2009). This results in the sequestering and dysregulation of splice factors such as musclebind-like (MBNL) and CUG-binding proteins (CUGBP) (Fernandez-Costa et al., 2011). Ultimately, this leads to alternative splicing of multiple mRNAs including members of the DGC (Nakamori et al., 2007) and t-tubule proteins (Fugier et al., 2011) which contributes to the characteristic progressive myopathy and myotonia in DM. DM1 and 2 have a greater impact on fast muscle fibers and are associated with variable muscle fiber diameter, fiber splitting, and fibrofatty replacement (Vihola et al., 2003). Histologically, DM2 can be distinguished by pyknotic nuclear clumps that occur before the onset of muscle weakness (Meola and Cardani, 2015).

Aberrant splicing is not limited to SkM but occurs in multiple organs including the cardiac and neurological systems (Lee and Cooper, 2009). In DM1, splicing factors in the MBNL family accumulate within ribonuclear foci within both pre-synaptic MNs and post-synaptic nuclei leading to NMJ instability (Wheeler et al., 2007). DM1 patients exhibit thinned axon and myelin sheets without denervation (Fardeau and Tome, 1980). Additionally, repetitive nerve stimulation and single fiber electromyography in DM1 patients show abnormal nerve conduction and pathological jitter suggesting NMJ instability (Bombelli et al., 2016). DM1 mouse models exhibiting pathophysiological levels of CTG repeats in the DM1 region show distal denervation of diaphragm NMJs, reduced AChRs on the post synaptic membrane, and loss of unmyelinated fibers (Panaite et al., 2008). Furthermore, variable levels of axonal neuropathy (17–46%), axonal loss, and myelin sheath thinning have been reported in both DM1 patients (Peric et al., 2013) and mice (Panaite et al., 2011). Functionally, these structural alterations lead to abnormal nerve conduction and pathological jitter in DM1 patients (Bombelli et al., 2016). Currently there are no curative therapeutics for either DM1 or DM2 (Pascual-Gilabert et al., 2021). However, nearly two dozen preclinical and clinical drug development programs are currently active encompassing repurposed drugs, gene therapy, oligonucleotide therapeutics, and novel chemical treatments (Pascual-Gilabert et al., 2021).

Several animal models have been developed to study DM1 disease mechanisms and investigate potential therapies. DM1 was first modeled in DMPK knockout mice which only developed mild myopathy (Jansen et al., 1996), mild cardiac conduction dysfunction (Berul et al., 1999), and failed to replicate the multisystemic patient phenotype (Jansen et al., 1996). Through the overexpression of DMPK with toxic CTG repeats, a stronger disease phenotype was developed with ribonuclear foci changes, SkM atrophy, slowed growth, weakness, and myotonia (Vignaud et al., 2010). Neurologically, these mice exhibit RNA toxicity within Bergmann glia and Purkinje cell hyperexcitability, and reduced motor coordination representative of DM1 patients (Sicot et al., 2017). However, they still exhibit mild splicing defects and disease phenotype compared to patients (Huguet et al., 2012). Alternatively, myotonia and alternative splicing defects can be induced by combined MBNL1 inactivation and expression of untranslated CUG (HSALR model), but this does not lead to muscle wasting or denervation (Wheeler et al., 2007). Overexpression of CUGBP1 causes more severe myopathy and cardiomyopathy but is limited by high mortality and breeding issues. Through no individual mouse models capture all disease features or fully recapitulate severity seen in patients, they have provided significant mechanistic insights into the genetic causes of specific disease phenotypes.

Due to the multisystemic nature of DM, multiple muscle and non-muscle cell lines have been utilized to study DM pathology (Matloka et al., 2018). HEK, HeLa, and C2 cells with CTG repeats inserted in the 3′UTR of a truncated DMPK gene have replicated splicing misregulations and ribonuclear foci phenotypes (Philips et al., 1998; Warf and Berglund, 2007). In vitro drug screens to ameliorate these phenotypes have been utilized to identify novel therapeutics for DM (Warf and Berglund, 2007; Konieczny et al., 2017). DM patient-derived primary myoblast cultures exhibit metabolic alterations (Renna et al., 2017), splicing abnormalities (Laustriat et al., 2015), and ribonucleic foci formation (Fardaei et al., 2002). Myotube cultures have also been generated from MyoD overexpression in DM fibroblasts (Kuyumcu-Martinez and Cooper, 2006; Ravel-Chapuis et al., 2012) and hiPSCs (Gao et al., 2016; Ueki et al., 2017; Martineau et al., 2018) from DM patients. Similar to primary myoblasts, these cells exhibited RNA splicing abnormalities and formation of ribonucleic foci. Recently, the first 3D in vitro human muscle model of DM1 was developed by encapsulating patient-derived fibroblasts overexpressing MyoD in micromolded gelatin methacryloyl-carboxymethyl cellulose methacrylate hydrogels (Fernández-Garibay et al., 2021). Furthermore, for studies of neuromuscular abnormalities, DM patient ESCs were differentiated into MNs and co-cultured together with healthy SkM (Marteyn et al., 2011) and found to exhibit diminished synaptogenesis and increased neurite outgrowth associated with low expression of genes in the SLITRK family.

Additionally, hiPSC lines derived from DM patients have been used to study pathological alterations in distinct cell types (Gao et al., 2016; Ueki et al., 2017; Martineau et al., 2018). The neurological component of DM1 has been studied in hiPSC-derived neurons and astroglia which display expected ribonucleic foci and splicing abnormalities. These models have been used to demonstrate proof-of-principle phenotypic reversal through genome editing (Xia et al., 2015). While all models demonstrate histological alterations, no in vitro studies have shown myogenic or neuronal functional deficits. Additionally, CTG repeats have been shown to be unstable in pluripotent cells (Du et al., 2013) and CTG repeats do not expand when naive hiPSCs are differentiated into cardiomyocytes, muscle, or neurons as seen in vivo. Recently, DM1 hiPSC-derived cardiomyocytes from DM1 patients with varied CTG repeat lengths exhibited toxic RNA foci and mis-spliced MBNL1/2 transcripts and showed two distinct ions channel (Na+ and Ca2+) perturbations (Poulin et al., 2021). This platform revealed the underlying mechanism of electrical cardiac alterations in DM1 and can be used in the future to validate potential therapeutics in a high throughput fashion by monitoring action potential propagation and ionic currents in the human DM1 cardiomyocytes.

Overall, translationally relevant DM modeling is complicated by the multifaceted influences of DM throughout the entire body, most notably within neurological and muscular tissues. Although mouse models have greatly expanded our understanding of this pathogenic RNA disease, no single mouse model has exhibited severity comparable to patients or encompassed the myriad of DM phenotypes present in vivo. For example, DM1 patients exhibit toxic RNA accumulation whereas HSALR mice do not, which may contribute to the lack of denervation-like features in these mice (Wheeler et al., 2007). Intercrossing mouse lines may improve recapitulation of DM pathology and even show pathological synergy between symptoms. However, further development of patient-derived in vitro NMJ models will be critical for the ability to directly analyze the human DM NMJ. First, further optimization of hiPSC culture and differentiation protocols to produce myogenic and neuronal cells with stable CTG repeats that exhibit functional deficits will be critical. Second, novel methods for differentiating specific muscle subtypes from hiPSCs will augment our ability to accurately model and study DM as it preferentially affects fast muscle fibers (Vihola et al., 2003). Third, in DM1 patients, SCs exhibit abnormal glycogen accumulation and crystalline structures within their processes (Borenstein et al., 1977) and may contribute to disease progression through unknown mechanisms which remain to be studied in NMJ-SC co-cultures. Fourth, DM1 patients and mice show increased pro-inflammatory gene signatures and upregulation of the IL-6 pathway (Nakamori et al., 2017) and tumor necrosis factor superfamily member 12 (TNFSF12) signaling (Yadava et al., 2015). Incorporation of immune cells in DM NMJ models would allow important studies of how inflammation may contribute DM progression.



Pompe Disease

Pompe disease, also known as glycogen storage disease type II (GSDII), is a rare metabolic autosomal recessive disorder that results from deficiency of acid α-glucosidase (GAA) (Reuser et al., 1995). Pompe disease is categorized into two major types based upon disease onset and GAA enzyme activity, although a continuous spectrum of phenotypes exists. Infantile-onset Pompe disease (IOPD) is caused by very low GAA enzyme activity and results in fatal cardiac, neurologic, hepatic, and muscular dysfunction between ages 1 and 2 (Lim et al., 2014). In contrast, late-onset Pompe disease (LOPD) involves higher GAA activity which results in slower disease progression (Chan et al., 2017). GAA breaks down lysosomal glycogen, and its dysfunction leads to intralysosomal glycogen accumulation in various tissues but most abundantly within skeletal and cardiac muscle (Reuser et al., 1995). The build-up of glycogen in striated muscle leads to lysosomal enlargement, vacuolation (Prater et al., 2013), autophagosome proliferation (Nascimbeni et al., 2015), and lipofuscin aggregation (Feeney et al., 2014). These alterations are hypothesized to disrupt cellular and sarcomere architecture resulting in progressive muscle weakening and ultimately respiratory or cardiac failure (Reuser et al., 1995). However, neuromuscular abnormalities such as increased neuromuscular jitter and variance in response latency are seen within Pompe patient muscle prior to muscle weakness (Stålberg and Trontelj, 1997). This suggests that neurological dysfunction could be a key driver of muscle weakness and myopathy in Pompe disease.

In Pompe patients and mice, glycogen accumulation occurs in the brain (Mancall et al., 1965; Lee et al., 2011), central nervous system (CNS) (Mancall et al., 1965; Martini et al., 2001; DeRuisseau et al., 2009), and MNs (Gambetti et al., 1971; DeRuisseau et al., 2009). Furthermore, Pompe MNs have three-fold higher soma size (Mancall et al., 1965) and are more apoptotic (Turner et al., 2016), resulting in decreased motor output and neuronal loss (DeRuisseau et al., 2009). Pompe mice also exhibit significant NMJ alterations due to both presynaptic changes, such as reduced myelin thickness and neurofilament proteins, and postsynaptic changes, such as NMJ fragmentation (Falk et al., 2015). These structural alterations result in impaired neural output including increased numbers of denervated NMJs (Falk et al., 2015), decreased burst amplitude (DeRuisseau et al., 2009), and increased spontaneous EMG activity (Hobson-Webb et al., 2011). In addition to MNs, structural alterations and glycogen accumulation are found in neuronal support cells including astroglia and SCs (Martin et al., 1973). These alterations can lead to secondary disease traits including cognitive declines (Spiridigliozzi et al., 2017), speech disorders (Muller et al., 2009), and sensorineural and/or conductive hearing loss (Prater et al., 2012) demonstrating the wide ranging impacts of GAA deficiency.

Pompe disease has been predominantly modeled in the GAA knockout mice (Raben et al., 2001) that recapitulate key disease features such as striated muscle and nervous tissue glycogen accumulation (DeRuisseau et al., 2009), lysosomal abnormalities (Doyle et al., 2019), neuropathology (DeRuisseau et al., 2009), cardiac defects (Han et al., 2016), and muscle weakness (Lee et al., 2018). However, despite a complete lack of GAA, these mice exhibit a LOPD phenotype with late onset, slow disease progression, and normal breathing in normoxic conditions (Han et al., 2016; Gatto et al., 2017). Recently, crossing the GAA KO mice to the DBA2/J background resulted in a much more severe disease phenotype including early lethality, respiratory defects during normoxia, and more severe cardiomyopathy (Colella et al., 2020). While the pro-fibrotic polymorphism in LTBP4 found in the DBA2/J background has not been implicated in Pompe disease, polymorphisms in angiotensin-converting enzyme (ACE) and alpha-actinin 3 (ACTN3) (De Filippi et al., 2014) impact disease onset within LOPD. The classical GAA KO mouse model has been essential for identifying and validating potential therapeutics (Doyle et al., 2019) and has allowed for deeper understanding of the roles of the mTOR pathway, lysosomal dysregulation, and autophagocytosis in Pompe disease progression (Han et al., 2016; Gatto et al., 2017). In addition to mouse models, a novel zebrafish model, in which GAA activity is significantly reduced but not totally absent, displays significant motor behavior and NMJ abnormalities (Bragato et al., 2020). When this model was used as a drug screening platform, 3-bromopyruvic acid (Bragato et al., 2020) and 3,4-diaminopyridine phosphate (Cinzia et al., 2021) were found to increase AChR abundance, improve NMJ structure, and recover typical movement patterns. A baboon model of Pompe disease is currently used as a large animal preclinical model which has shown utility for therapeutic evaluation (Rastall et al., 2016). However, considering nearly 600 reported mutations within Pompe patients and the impact of disease gene modifiers (De Filippi et al., 2014), these models are unable to fully recapitulate human genetic complexity of the disease (Fukuda et al., 2007).

Current clinical therapy for Pompe disease is enzyme replacement therapy (ERT) which systemically delivers the recombinant human GAA (rhGAA) to break-down accumulated glycogen. While ERT significantly prolongs patient lifespan and augments quality of life (Kishnani et al., 2009), it is limited by inefficient delivery to SkM tissues (van der Ploeg et al., 2010), neutralization by host antibodies (De Vries et al., 2017), high dose requirements (Chien and Hwu, 2007), variable patient response (Kishnani et al., 2010), and high cost ($300,000 per year) (Güngör et al., 2013). Importantly, rhGAA does not appear to impact disease phenotypes in neurons nor does it cross the blood-brain barrier to help treat other neurological disease symptoms. Furthermore, restoration of SkM GAA activity does not restore nerve-invoked contractile function in GAA KO mice suggesting therapies should target neuronal tissues (Falk et al., 2015). In support, neuron-specific gene therapy in Pompe mice improved motor coordination, decreased astrogliosis, and increased myelination (Lee et al., 2018). However, early administration of AAV9-hGAA (age 1 month) led to the greatest restoration of GAA activity and overall function, while late administration (age 15 months) was not effective, reflecting how this treatment was unable to reverse a deficit in NMJ function and force production despite removing muscular glycogen accumulation (Todd et al., 2015).

In addition to studies in animal models and patients, in vitro human cell culture systems play important roles in modeling genetic diversity and neuromuscular dysfunction in Pompe disease. Specifically, human myotube cultures accurately model clinical differences between IOPD and LOPD patients (Raben et al., 2010), with IOPD myotubes displaying lysosomal enlargement (Spampanato et al., 2013) and LOPD myotubes exhibiting autophagosome accumulation (Nascimbeni et al., 2012). Glycogen accumulation and lysosomal enlargement in primary and hiPSC-derived IOPD myotubes could be prevented by overexpression of transcription factor EB (TFEB), a regulator of autophagy and lysosomal biogenesis (Spampanato et al., 2013; Sato et al., 2016). These findings were translated to GAA KO mice, where AAV delivery of TFEB ameliorated muscle pathology and restored contractile function (Gatto et al., 2017). Recently, the first in vitro 3D model of human Pompe disease SkM was reported using primary muscle cells (Wang et al., 2021). This model exhibited the expected lack of GAA activity, increased glycogen levels, lysosomal enlargement, and transcriptomic changes characteristic of Pompe disease but displayed no innate functional weakness (Wang et al., 2021). However, functional deficits could be induced by causing lysosomal stress with chloroquine, enforcing glycogen utilization by glucose starvation, or glycogen phosphorylase inhibition (Wang et al., 2021). Compared to 2D models, this biomimetic platform better recapitulates the in vivo Pompe phenotype for studies of glycogen accumulation and responses to candidate pharmacological and gene therapies.

Like other myopathies, large-scale and patient-specific studies of Pompe disease will require the utilization of hiPSCs. Encouragingly, hiPSC-derived myotubes generated through MyoD overexpression (Sato et al., 2016) or directed differentiation exhibit expected reductions in GAA activity and glycogen accumulation (van der Wal et al., 2017). Their utility as drug screening platforms has been shown by the ability of recombinant GAA (Yoshida et al., 2017), lentivirus encoding GAA (Sato et al., 2016), and antisense oligonucleotide (van der Wal et al., 2017) treatments to recover GAA enzyme activity and normalize cellular glycogen levels. The CNS involvement in Pompe disease has been modeled in vitro with hiPSC-derived neural stem cells which exhibited glycogen and secondary lipid accumulation, increased apoptosis, and enlarged lysosomes (Huang et al., 2019; Cheng et al., 2021). Lysosome size and glycogen accumulation could be decreased with rhGAA, hydroxypropyl-β-cyclodextrin, antioxidants (δ-tocopherol and ebselen), or PI3-K inhibitors (wortmannin and PX-866) (Huang et al., 2019; Cheng et al., 2021). Importantly, ebselen was able to increase GAA activity in the brain of GAA KO mice suggesting that these in vitro platforms could identify compounds that target neuronal tissues in Pompe patients (Huang et al., 2019). However, modeling of Pompe NMJ structure and function in hiPSC platforms has not been reported to date.

Overall, Pompe disease causes systemic accumulation of glycogen leading to a myriad of symptoms including cognitive decline, muscular wasting, and NMJ dysfunction. While animal models have been critical for therapeutic developments and understanding Pompe pathology, they do not recreate human genetic complexity. Further complications arise from variations in clinical features between IOPD and LOPD patients underlining the importance of complementing animal studies with in vitro disease modeling platforms. Promisingly, hiPSC-derived Pompe disease myotubes exhibit expected reductions in GAA activity and glycogen accumulation and can be utilized for personalized drug screening (Sato et al., 2016; van der Wal et al., 2017; Yoshida et al., 2017). However, current in vitro models of 3D Pompe muscle do not model functional weakness in the absence of exogenous stressors such as those inducing lysosomal deficiency or glucose starvation (Wang et al., 2021). Functional weakness could potentially be gained by increasing experimental duration or muscle maturation as done in 2D micropatterned cultures that increased pathological LAMP1-positive lysosome accumulation in hiPSC-derived Pompe myotubes (Jiwlawat et al., 2019). Alternatively, the lack of baseline functional deficit in engineered Pompe muscles could point to the requisite NMJ involvement, warranting the development of hiPSC-derived NMJ models of Pompe disease. Additional incorporation of SCs and microglia would be of particular interest as these cells also show glycogen accumulation and cytoplasmic ballooning (Martin et al., 1973) and can contribute to Pompe pathogenesis. Since reduced myelin is seen in Pompe mice (Falk et al., 2015), effects of SC myelination should be also assessed in human in vitro models. Finally, ERT is more effective in fast than slow muscle fibers (Hawes et al., 2007), thus the ability to differentiate specific muscle fiber subtypes from Pompe hiPSCs would further augment translational relevance of these in vitro models.




DISCUSSION

Decades of work using both in vitro and in vivo models of NMDs have led to important mechanistic insights and notable therapeutic advances. Here, we have compared the utility of these models for studying the NMJ structure and function and discussed the current state of disease modeling in the context of five specific NMDs. Animal models have been essential for our understanding of the clinical features of NMDs, but their limited genetic diversity and non-human physiology hinder their ability to fully recapitulate human NMD phenotypes, severity, and progression. Advances in genome editing technologies have facilitated generation of animal models with human mutations, providing a means to generate improved preclinical models for testing pharmacological and gene therapies for NMDs. Nevertheless, truly personalized disease modeling that accurately represents patient genetic and epigenetic diversity will require development of high-fidelity in vitro human NMJ platforms.

Recent advances in tissue-engineering methodologies have increased our in vitro modeling capabilities and furthered our understanding of human NMDs. hiPSC-derived models, in particular, hold promise for use in large-scale pharmaceutical testing, systematic analysis of disease mechanisms, and development of patient-specific treatments. However, additional progress will be needed to fully recapitulate NMD progression and complexity in vitro to allow for meaningful studies of underlying pathological mechanisms and drug responses (Figure 6). Specifically, hiPSC-derived NMJ models remain immature compared to primary NMJ models even after lengthy differentiation protocols. Therefore, improved differentiation methods will be necessary to not only replicate but accelerate developmental processes to obtain hiPSC-derived MNs and SkM cells and generate NMJs with mature structure and functionality akin to those of native motor units. Modifications of existing differentiation protocols to derive specific MN subtypes and SkM fiber types and stimulate NMJ maturation (Zhang et al., 2016) will allow development of in vitro models that can investigate why specific types of NMJs are distinctly affected by different NMDs and will enable targeted pharmacological testing of most affected tissues, such as type II muscle fibers in MG (Wang et al., 2018).
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FIGURE 6. Future developments of hiPSC-derived NMD models. Optimization of soluble factor treatments will be needed to improve maturity of MNs, SkM, and NMJs toward their respective in vivo-mimetic phenotypes. Incorporation of biophysical stimulation during cell culture such as electrical stimulation, mechanical stretch, and media agitation are expected to further improve functional maturity of NMJs. Biomaterial design and microfabrication/microfluidics techniques can be applied to generate biomimetic microenvironments for cell growth via controlled presentation of developmentally relevant gradients in growth factors, topography, and stiffness. As the function of native NMJs relies on complex multi-cellular interactions, the ability to incorporate Schwann cells (SCs), endothelial cells (ECs), fibro-adipogenic progenitors (FAPs), and immune system cells (ICs) would improve modeling of in vivo states and our understanding of NMJ physiology and pathology. Incorporation of additional organ compartments sharing culture media with NMJs, such as intestine, gut, and liver will better emulate human drug responses, while adding bone, ligament, cartilage, and fat compartments will allow studies of the organ-organ crosstalk in NMDs. Finally, further miniaturization and standardization of culture systems along with development of non-invasive metabolic and functional readouts will enable establishment of versatile NMD platforms for high-throughput drug discovery research.


Replicating native, mature functional properties of NMJs will be crucial for accurate in vitro modeling of NMDs that often occur in adulthood. The immature state of hiPSC-derived cells remains a significant hurdle to generating predictive in vitro disease models or developing safe and effective regenerative therapies. Development of high-fidelity human NMJ models of NMDs is further complicated by the lack of detailed histological and functional descriptions of NMJs in NMD patients. Therefore, evaluation of in vitro human NMJ function and dysfunction as well as early formation relies largely on comparisons with murine models of development and disease. On the other hand, duration of human MN neurogenesis and maturation in vivo (Gogliotti et al., 2012; Stein et al., 2014) and in vitro (Johnson et al., 2007; Wainger et al., 2014) is substantially longer compared to murine counterparts, requiring longer-lasting and costly in vitro protocols to achieve mature MN states. Accelerating human MN maturation is commonly performed via small molecule inhibition of Notch. Disruption of Notch signaling accelerates neuronal differentiation by delaying the cell cycle transition from G1 to S phase increasing the commitment of progenitors toward neurogenesis (Crawford and Roelink, 2007; Borghese et al., 2010) and pre-MNs toward a post-mitotic, mature MN fate (Maury et al., 2015). While the small molecules that stimulate cell cycle exit have proven successful in accelerating MN maturation, their effects on the acquisition of distinct MN fates (e.g., MMC, SAC, PMC, LMC, HMC, PGC, ANS) are unexplored. As different MN subtypes emerge at distinct developmental stages in vivo, premature cell cycle exit could obstruct the ability to activate later MN subtype programs, which will require future investigations.

Similar to MNs, the immature state of current engineered SkM tissues lessens their physiological relevance and utility in disease modeling. A number of methods have been employed to enhance in vitro SkM maturation including dynamic culture (Juhas and Bursac, 2014), mechanical stretch (Powell et al., 2002), electrical stimulation (Khodabukus et al., 2019), growth factors (Ebrahimi et al., 2018), hormones (Butler-Browne et al., 1984), and small molecules (Selvaraj et al., 2019). Interestingly, some of these same interventions are also beneficial to both MN and NMJ formation, maturation, and regeneration. For example, electrical stimulation increases axon regeneration and recovery of motor function in sciatic nerve injury in Sprague-Dawley rats (Fu et al., 2020) and improves alignment and maturation of human myotubes in culture (Ahadian et al., 2012; Khodabukus et al., 2019). As functional innervation is required for muscle maturation and mature muscle contributes to maintaining functional NMJs, it will be important to develop methods that will improve overall maturation state in NMJ co-cultures. Additionally, myonuclei are typically localized at the periphery of muscle fibers, but specialized myonuclei are anchored below the mature postsynaptic membrane in vivo (Grady et al., 2005). Advances in single-nucleus RNA sequencing have revealed hundreds of novel genes expressed within postsynaptic myonuclei (Petrany et al., 2020). Genetic knockdown of a small subset of these genes revealed Gramd1b as a positive and Ufsp1 as a negative modulator of AchR clustering suggesting that novel insights into NMJ maturation and maintenance can be obtained from sequencing datasets. Similar studies of transcriptional specialization within modular neuromuscular cultures (consisting of multiple compartments and cell types) would improve our understanding of NMJ development leading to effective methods to increase NMJ maturation.

Ultimately, besides accelerated maturation of MNs and SkM cells, the incorporation of additional non-myogenic muscle-resident cell types, such as SCs, fibro-adipogenic progenitors (FAPs), and endothelial cells will be required to recreate native NMJ complexity. Here, heterocellular interactions can stimulate formation and advanced maturation of biomimetic NMJs to model both normal physiology and disease. For example, SCs are essential in the formation and maintenance of the adult NMJ (Ko and Robitaille, 2015) and their incorporation into NMJ models has supported MN and SkM viability, myelinated axons, and extended culture times (Singh and Vazquez, 2019; Hyung et al., 2021). Unfortunately, they have been underrepresented within NMD models despite their suggested disease-modifying roles in ALS (Bruneteau et al., 2015), MG (Kimura and Nezu, 1989), DMD (Personius and Sawyer, 2005), DM (Borenstein et al., 1977), and Pompe disease (Martin et al., 1973). Similarly, FAPs reside adjacent to NMJs, neighboring SCs and MNs, where they actively influence SCs and maintain NMJ integrity (Hogarth et al., 2019; Uezumi et al., 2021). Subpopulations of FAPs are dysregulated in many NMDs and accumulate within atrophied ALS mouse muscles (Gonzalez et al., 2017), exhibit varied gene signatures in response to denervation and cardiotoxin injury (Madaro et al., 2018), and activate IL-6-STAT3 signaling in response to denervation that may lead to fibrosis related to NMDs (Madaro et al., 2018). Vascular cells have critical roles in NMJ development, maintenance, and regeneration in vivo (Sawada et al., 2014) as well as secrete neurotrophic factors that support axonal growth in vitro (Grasman and Kaplan, 2017). Their roles in NMJ formation and function also remain to be explored and further elucidate their potential roles in NMDs.

Generation of advanced in vitro NMD models and platforms for predictive drug screening will also require the incorporation of cell of the immune system and cells involved in drug metabolism, respectively. The immune system is a critical regulator of both neurological (Prinz and Priller, 2017) and muscular (Farup et al., 2015) homeostasis, injury response, and pathology. The chronic injury cycles characteristic of multiple NMDs result in persistent and increased infiltration of monocytes/macrophages (Acharyya et al., 2007), T lymphocytes (Uzawa et al., 2021), and mast cells (Trias et al., 2017) at NMJs. These cells secrete multiple factors that induce a chronic pro-inflammatory environment and contribute to disease progression through several mechanisms that increase oxidative stress and alter stem cell function. Similarly, accurate modeling of autoimmune diseases such as MG will require incorporation of T and B lymphocytes to model chronic inflammation and autoantibody production (Uzawa et al., 2021). Realistic in vitro modeling of pharmacodynamics and expected drug concentrations in the bloodstream will necessitate incorporation of additional organ-on-chip (OOC) modules containing extramuscular tissues such as intestine, gut, liver, and fat. These multiplexed culture systems will be able to identify unexpected drug toxicities due to organ-organ crosstalk, such as that seen for bleomycin cardiomyocyte toxicity only in the presence of lung tissue (Skardal et al., 2017). Multiplexed OOC platforms will also enable studies of the more intimate tissue-tissue relationships between skeletal muscle and bone, ligament, or cartilage, which can be perturbed in NMDs as well as in various musculoskeletal degenerative diseases. In support of the feasibility of these complex systems, up to 10 unique OOC modules have been successfully interconnected to form a body-on-a-chip (BOC) platform (Novak et al., 2020). While additional tissue maturation within each OOC module is required, BOC platforms would have the unique potential to permit modular crosstalk studies allowing understanding of the NMD progression on a systemic level.

Beyond incorporation of additional cell types, further advancements in biomaterial design and microfabrication technologies will be critical for successful engineering of microphysiological systems that replicate in vivo 3D microenvironments of developing or diseased NMJs. For example, 3D hydrogels that incorporate the basement membrane proteins laminin and collagen IV have been shown to support increased contractile force generation in muscle-only (Hinds et al., 2011) and muscle-neuron (Vilmont et al., 2016) culture platforms and uniquely enable tau aggregation in organoid models of Alzheimer’s disease (Choi et al., 2014). Recent advancements in the design of smart biomaterials that allow spatiotemporal control of growth factor, topographical, and stiffness gradients (Darnell and Mooney, 2017; Kowalski et al., 2018), combined with use of microfluidic devices to establish tissue compartmentalization and gradients of soluble factors (Sun et al., 2019), offer opportunities to precisely influence the migration, proliferation, differentiation, and maturation of hiPSC derivatives through mimicry of the native ECM architecture and biophysical and biochemical cues. For example, 3D bioprinting (Kang et al., 2016; Zhang et al., 2018) of bioactive biomaterials to enable compartmentalized growth and differentiation of MNs and SkM (Osaki et al., 2018; Narayanan et al., 2021), along with microfluidic approaches to establish a local microenvironment supportive of NMJ formation and maturation via spatially defined delivery of auxiliary cells and agrin (Tourovskaia et al., 2008), could provide means to generate highly functional NMJs amenable to rigorous studies of NMD pathology.

Current in vitro NMJ models are mainly utilized for small-scale, stand-alone studies, or to supplement whole-organ and organism-level in vivo investigations with human cell- and tissue-specific data. Combining animal studies from a single genetic background with in vitro validations in hiPSC-based models from genetically diverse patients are likely to improve the predictive value of preclinical therapeutic tests. Eventually, however, advances in hiPSC technology along with miniaturization and standardization of microphysiological systems are expected to enable self-sufficient, high-throughput in vitro pharmacological screens with directly translational outcomes. Altogether, we anticipate that future advances in patient-specific hiPSC-based in vitro modeling of NMDs will be instrumental for gaining deeper understanding of human NMD pathophysiology and will lead to streamlined developments of pharmacotherapies for these devastating disorders.
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Myasthenia gravis (MG) is a chronic and progressive neuromuscular disease where autoantibodies target essential proteins such as the nicotinic acetylcholine receptor (nAChR) at the neuromuscular junction (NMJ) causing muscle fatigue and weakness. Autoantibodies directed against nAChRs are proposed to work by three main pathological mechanisms of receptor disruption: blocking, receptor internalization, and downregulation. Current in vivo models using experimental autoimmune animal models fail to recapitulate the disease pathology and are limited in clinical translatability due to disproportionate disease severity and high animal death rates. The development of a highly sensitive antibody assay that mimics human disease pathology is desirable for clinical advancement and therapeutic development. To address this lack of relevant models, an NMJ platform derived from human iPSC differentiated motoneurons and primary skeletal muscle was used to investigate the ability of an anti-nAChR antibody to induce clinically relevant MG pathology in the serum-free, spatially organized, functionally mature NMJ platform. Treatment of the NMJ model with the anti-nAChR antibody revealed decreasing NMJ stability as measured by the number of NMJs before and after the synchrony stimulation protocol. This decrease in NMJ stability was dose-dependent over a concentration range of 0.01–20 μg/mL. Immunocytochemical (ICC) analysis was used to distinguish between pathological mechanisms of antibody-mediated receptor disruption including blocking, receptor internalization and downregulation. Antibody treatment also activated the complement cascade as indicated by complement protein 3 deposition near the nAChRs. Additionally, complement cascade activation significantly altered other readouts of NMJ function including the NMJ fidelity parameter as measured by the number of muscle contractions missed in response to increasing motoneuron stimulation frequencies. This synchrony readout mimics the clinical phenotype of neurological blocking that results in failure of muscle contractions despite motoneuron stimulations. Taken together, these data indicate the establishment of a relevant disease model of MG that mimics reduction of functional nAChRs at the NMJ, decreased NMJ stability, complement activation and blocking of neuromuscular transmission. This system is the first functional human in vitro model of MG to be used to simulate three potential disease mechanisms as well as to establish a preclinical platform for evaluation of disease modifying treatments (etiology).

Keywords: acetylcholine receptor, neuromuscular junction (NMJ), myasthenia gravis, autoantibodies, microphysiological systems, human-on-a-chip, induced pluripotent stem cells (iPSCs), disease pathology


INTRODUCTION

Myasthenia gravis (MG) is a rare autoimmune disease that affects intra- and extracellular proteins involved in the neuromuscular junction (NMJ), impairing signal transduction (Lindstrom, 2000; Gilhus and Verschuuren, 2015; Gilhus, 2016). The classic clinical feature of MG is muscle weakness which becomes more severe after repetitive muscle contractions over time. Although most patients will initially develop oculobulbar muscle weakness, 85% of the cases will progress to generalized MG (non-ocular muscle) (Kerty et al., 2014) with antibodies directed against the nicotinic acetylcholine receptor (nAChR; Meriggioli and Sanders, 2009, 2012). The nAChR is a pentameric transmembrane protein consisting of two α1 subunits, one β1 subunit, one δ subunit and either one γ subunit (in embryonic AChR) or one ε subunit (in adult AChR). Due to the heterogeneous nature of anti-nAChR antibodies, the epitope location on the AChR surface is crucial in the disease pathogenesis. Generally, anti-nAChR antibodies (Abs) have three pathogenic mechanisms: (I) direct blocking of the AChR, (II) modulation of the receptor through crosslinking of two AChRs leading to internalization and subsequent degradation, or (III) binding to the receptor at a different antigenic site and activating the complement cascade (Kang et al., 2015; Figure 1). We describe here a system to simulate these three mechanisms. Currently, one of the most common tests to detect autoantibodies against AChR is by a radioimmunoprecipitation assay (RIA) to quantify the patient antibody titer by the precipitation of the specific binding of radiolabeled α-bungarotoxin (I125-BTX) to the α1 subunits of AChR (Leite et al., 2010; Zisimopoulou et al., 2013). For antibodies that directly block the ACh-binding site, there will be a decrease in I125-BTX-AChR complexes, resulting in a rare but acute inhibition of function (Whiting et al., 1983; Lang et al., 1988; Burges et al., 1990; Bufler et al., 1996). The subtype of nAChR Ab present in seropositive patients has rarely been related to clinical severity (Howard et al., 1987), although, limited evidence suggests blocking and modulating antibodies have been found to have unfavorable prognosis (Kang et al., 2015). There is a need for a more specific human-based platform that could work synergistically with the current detection assays to understand the pathology of MG as well as to develop therapeutic interventions.
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FIGURE 1. Pathogenic mechanisms of anti-nAChR antibody (Ab). (I) Blocking abs interfere with ACh binding site interrupting neuromuscular transmission. (II) Modulating Abs that bind to two nAChRs causing receptor endocytosis leading to AChR degradation and reduction of expression. (III) Binding Abs that complex with a distinct location on the nAChR, triggering the activation of the complement cascade and subsequent formation of the membrane attack complex (MAC). Scheme adopted from Conti-Fine (Conti-Fine et al., 2006). The alpha (α) refers to the alpha subunit(s) on the nAChR.


Until recently, autoimmune diseases have been studied using cell-based assays to assess antigen activation, cellular interaction, and migration and in animal models by inducing the disease pathophysiology (Giese and Marx, 2014; van de Stolpe and Kauffmann, 2015). However, both approaches lack clinical disease relevance due to the simplistic nature of the assays and intrinsic differences between clinical and experimental autoimmune MG (EAMG) immune responses. These differences further limits understanding of the underlying disease mechanisms. Specifically, in EAMG models, animals are immunized with foreign AChRs and later develop MG-like symptoms providing a potential method to understand MG and the mechanisms involved (Patrick et al., 1973; Losen et al., 2015). Although animal studies have led to advances in MG disease understanding while mimicking symptomatic parameters (Christadoss et al., 2000) and evaluating new immunotherapies (Baggi et al., 2012), the mouse/rat immune system is fundamentally different than a human. Additionally, some EAMG experimental parameters can lead to severe animal suffering and death resulting in skewed statistical analysis (Mantegazza et al., 2016). There is a need to establish new models to create ethically sound experiments that can translate to human disease.

Recently, human-based in vitro platform systems have been used to model disease neuronal pathogenesis, develop novel therapeutics, reduce animal experimentation, and improve disease understanding (Mantegazza et al., 2016). These systems use representative human cell cultures utilizing healthy and diseased subjects from primary cells cultured directly from human biopsies (Bellin et al., 2012; Sato and Clevers, 2013) as well as induced pluripotent stem (iPS) and adult stem cells from patients that can be differentiated into varying cell types (Takahashi et al., 2007; Bellin et al., 2012; Sato and Clevers, 2013). Several advances have been made using human-based in vitro systems to study diseases that affect the neuromuscular junction (NMJ; Park et al., 2013; Zahavi et al., 2015; Santhanam et al., 2018; Bakooshli et al., 2019). These in vitro systems include serum free, functionally relevant mimics of the human NMJ (Santhanam et al., 2018; Guo et al., 2020a, b) that allow crosstalk of the two different cell types (skeletal muscle and motoneurons), real-time functional analysis of direct and indirect stimulation of skeletal muscle and spatially controlled dosing of compounds to provide improved systems to understand human disease mechanisms as well as to study therapeutic options.

Here we report the use of a human functional NMJ model system treated with a commercially available antibody against nAChR to mimic the MG disease phenotype. The NMJ chambers were used for the co-culture of primary human skeletal muscle (SKM) and wild-type human induced-pluripotent stem cell (hiPSC)-derived motoneurons (MNs; Figure 2). Separation of the cultures by microtunnels allowed for axonal progression through the tunnels to innervate the myotubes, creating complete electrical and chemical stimulation isolation and enabled selective dosing of compounds to each chamber. Historically, synaptic connections in NMJs have been confirmed through ICC with co-localization of pre- and postsynaptic staining of neurofilament or synaptic protein and bungarotoxin (Arnold et al., 2014; Sleigh et al., 2014; Falk et al., 2015). We have also met this standard in our current NMJ systems based on ICC in our previous publications (Guo et al., 2011; Smith et al., 2013; Santhanam et al., 2018; Guo et al., 2020b). However, our functional NMJ model (indirect stimulation of MNs and real-time contraction of skeletal muscle) is now the best indicator of synaptic connection, validates the co-localization of ICC, and ultimately advances the current standard.
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FIGURE 2. Schematic of NMJ chamber with primary SKM innervated by WT iPSC-MNs and electrically stimulated by electrodes for either direct (SKM-side) or indirect (MN-side) stimulation. Phase images indicate the morphology of co-culture on SKM innervated by axons progressing through tunnels (right) and WT iPSC derived MNs (left). Scale bars = 100 microns.


To mimic the disease phenotype and pathology of MG, a commercially available polyclonal antibody against the nAChR was dosed on the muscle side and functional readouts of NMJ stability and fidelity were analyzed. These two parameters were chosen based on the disease mechanisms of MG and reliable clinical measurements used to assess the MG disease pathology, such as muscle weakness after exercise. Since antibody induced effects can result in temporary or permanent reduction of nAChRs, NMJ stability then NMJ number is evaluated to focus on the ability of an NMJ to be maintained after strenuous exercise (indirect stimulation of the SKM at 0.33, 0.5, 1.0, and 2.0 Hz). Since many electromyography (EMG) labs use high frequency stimulation (∼3 Hz) as a standard for NMJ testing, the synchrony of contractions (fidelity) were monitored at 2.0 Hz (the historic frequency used in our systems). A concentration dependent dose response curve was determined using the anti-nAChR IgG antibody to establish the optimal dosing to elicit a functional deficit in NMJ stability. Complement activation in the presence of antibody caused a functional, dose-dependent loss of NMJs. Additionally, complement protein deposition can be initiated, as confirmed by immunocytochemistry, to reduce the number of contracting myotubes utilizing direct and indirect skeletal muscle (SKM) fidelity. Thus, the described MG model provides a diagnostic platform sensitive to the pathogenic mechanisms of MG and more importantly, can be utilized for the development of potential patient-specific treatments. These data indicate that this human-based NMJ system can mimic key aspects of antibody- and complement-mediated MG pathology and can be used to evaluate disease modifying treatments (DMTs) of MG.



MATERIALS AND METHODS


Study Design

To determine the dose-response of the NMJ system to anti-nAChR IgG, dosages were selected across a range of more than 2 orders of magnitude initially to identify the upper and lower plateau values, as well as the approximate range in which the IC50 occurred. The range of a single order of magnitude around the IC50 was further evaluated in more detail across the range with dosages split approximately equally in the log scale. Regression analysis using least square multiple regression to a sigmoidal equation with upper and lower plateau values, Hill coefficient, and IC50 was performed to numerically determine the response shape. Sample sizes for the functional experiments were determined using estimated sample variance from preliminary experiments, such that statistical analysis would detect differences among treatment groups of 50% with 80% power and type I error rate of 0.05 (α = 0.05). For the five main conditions (WT, 2 μg/mL anti-nAChR Ab, 2 μg/mL non-specific IgG, 0.05% hCS, and the combination of 2 μg/mL anti-nAChR Ab + 0.05% hCS), a minimum of eight replicates were assessed from at least two separate experiments (N = 2). Following data collection, treatment groups were statistically compared using one-way ANOVA followed by Fisher’s LSD with α = 0.05.



Fabrication and Assembly of the Neuromuscular Junction Chamber Co-culture System

Neuromuscular junction chambers were cast using polydimethylsiloxane (PDMS) (Sylgard-184, Dow Silicones Corp., Cat. No. 2065622) at a 10:1 (base: curing agent) ratio. Once the base and curing agent were properly mixed, the PDMS was poured onto the SU-8 wafer mold. The fabrication of the SU-8 wafers used for the casting of the NMJ chambers were prepared using previously described methods (Santhanam et al., 2018). The wafer was then placed in the oven at 80°C overnight. After curing, the PDMS NMJ chambers were cut from the mold and soaked in 70% isopropyl alcohol (IPA) overnight to sterilize and remove any uncured monomers. The chambers were rinsed with additional 70% IPA and dried overnight in a biosafety cabinet in preparation for assembly.

Glass coverslips (VWR, Cat. No. 48366067) were plasma treated using a Harrick Plasma cleaner (model PDC-32G) with high-purity oxygen gas for 2 min at 750 mTorr. The coverslips were then sterilized using 70% ethanol and allowed to air dry. Sterilized NMJ chambers were sealed onto the glass coverslips by gently pressing the PDMS chambers on top of the plasma treated glass coverslips.



Surface Coating

Once sealed, the skeletal muscle (SKM) side of the NMJ chamber system (Santhanam et al., 2018) was coated with 60 μg/mL of rat tail collagen I (Gibco, Cat. No. A10483-01) in 1X phosphate buffer solution (PBS). The motoneuron (MN) side was coated with 3 μg/ml of laminin solution (Invitrogen, Cat. No. 23017-015) in 1X PBS. The chambers were left to incubate at room temperature for 2 h. The collagen coating solution was then removed and rinsed with sterile 1X PBS. Serum-free adult growth medium (AGM) was added to the muscle side and the systems were placed in a 4°C refrigerator overnight. The laminin coating solution was removed after overnight refrigeration and human motoneuron (hMN) medium was added to the MN-side. The chambers were incubated at 37°C, 5% CO2 for 1 h prior to skeletal muscle plating.



Culture of Human Skeletal Muscle Myoblasts

Primary human skeletal muscle myoblasts (Lonza, Cat. No. CC2580; lot 483427) were expanded once and used for all experiments. Myoblasts were seeded at a density of 300 cells/mm2 in the NMJ chambers. At 70–80% confluency, the cultures were switched to differentiation medium (NbActiv4, BrainBits LLC, Cat. No. Nb4-500) to induce myogenesis. A one-third medium change with NbActiv4 was conducted every 2 days until day 12 of testing.



Culture of Human Induced Pluripotent Stem Cell-Derived Motoneurons

Human motoneurons were derived by differentiation of human iPSCs isolated from a healthy subject (Coriell Institute, Cat. No. ND41865). Wild-type human motoneurons used in this study were differentiated from iPSCs (cell passaging number 6–10) using previously established protocols (Santhanam et al., 2018) and plated on the MN-side of the NMJ chamber system 4 days after myoblast differentiation. Motoneurons were seeded at a density of 1,500 cells/mm2. A one-third medium change in the NMJ chambers was conducted every 2 days until day 12 of testing.



Anti-nicotinic Acetylcholine Receptor Antibody and Human Complement Serum Dosing

After 12 days post-differentiation of SKM, systems were dosed with either an antibody against the nAChR α1 (Abcam, Cat. No. ab221868), or a non-specific IgG1 antibody (Calbiochem, Cat. No. NE1023), and human complement sera (Sigma-Aldrich, Cat. No. S1764-1ML). Systems were dosed on the SKM side with anti-nAChR antibody only (0.01–20 μg/mL), non-specific IgG1 (2.0 and 10 μg/mL), human complement sera only (0.05%), or both anti-nAChR antibody and human complement sera at 2 μg/mL and 0.05%, respectively. After dosing, systems were incubated at 37°C, 5% CO2 for 3 h prior to testing.



Electrophysiological Testing

Prior to evaluation of NMJ physiology (i.e., SKM contraction in response to MN stimulation), electrical isolation of the MN-side and SKM-side was determined to ensure no electrical leakage between compartments. Briefly, chlorinated silver electrodes connected to an epithelial voltohmmeter (EVOM) were submerged into the NMJ chambers. The current between the 2 compartments was recorded. Cultures with a resistance value <5000 Ω were excluded from further electrical testing due to risk of electrical leakage that could interfere with isolated skeletal muscle contraction. Systems that met the criteria for electrophysiological testing were transferred onto a temperature controlled heated stage set at 37°C for testing. Cultures were imaged using an upright Zeiss Hal 100 microscope and videos were recorded using a Hamamatsu digital camera (Model C8484-056) with LabVIEW software. Throughout the stimulations, myotube contractions were monitored by live video recordings of pixel differentials.

Single pulses of 4 V were manually delivered to either the SKM-side (direct stimulation) or the MN-side (indirect stimulation) and the pixel subtraction generated (pixel differentials) was used to visually quantify the total number of contracting myotubes in six different frames. The number of contracting SKMs under indirect stimulation (number of NMJs pre-stimulation) was collected within 2 min. One myotube is selected (Region of interest – ROI) from each chamber system and undergoes electrical stimulation (see stimulation protocol in Table 1) with pulses of increasing frequency (0.33, 0.5, 1.0, and 2.0 Hz) under indirect and direct stimulation. Skipping during the duration of each stimulation frequency was recorded. The number of synchronized contractions (Ns) at a given pulse was divided by the number of stimulation pulses within a set duration (Nτ) to give NMJ fidelity:
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TABLE 1. Stimulation protocol for direct and indirect stimulation of SKM.

[image: Table 1]
After the completion of the stimulation protocol, the total number of contracting SKM under indirect stimulation (NMJs) were recorded again using manual stimulation and visual assessment of the pixel differentials. To measure the stability of NMJs per system, the total number of NMJs counted post-stimulation divided by the total number of NMJs pre-stimulation was recorded as a percentage. Each condition was subjected to this stimulation process once in at least four different systems.



Immunocytochemistry


General Immunocytochemistry

Monocultures of SKM at day 12 of differentiation were fixed using 4% paraformaldehyde for 10 min and washed twice with 1X PBS (Life Technologies). Cells were blocked using donkey blocking buffer (5% donkey serum, 5% bovine serum albumin, 1X PBS) for 1 h at room temperature. The cells were then incubated with primary antibodies overnight at 4°C. After overnight incubation, the primary antibody was removed, and the cells were washed with 1X PBS for 5 min per wash. The secondary antibodies were incubated for 2 h in the dark at room temperature. The secondary antibodies were removed, and the cells were washed three times with 1X PBS for 5 min each wash. The cells were then incubated with 4′,6-Diamidino-2-Phenylindole (DAPI) (Thermo Fisher Scientific, Cat. No. 62248) for 5 min. The DAPI solution was removed, and the cells were washed three times with 1X PBS for 3 min each wash. The coverslips were then mounted using a ProLong® Gold Antifade Mountant (Thermo Fisher Scientific, Cat. No. P36930). Fluorescence imaging was performed using UltraViewTM spinning disk confocal microscope (PerkinElmer) with an Axio Observer Z1 (Carl Zeiss) stand utilizing 20x/0.75 air and 40x/0.75 air objectives. Volocity software was used to process Z-stack projections of scanned images.



Complement Deposition Studies

The ICC protocol was followed with the following modifications: Before fixing the SKM monocultures, cells were either incubated at 37°C, 5% CO2 for 3 h with a combinatory dosing of anti-nAChR Ab (Abcam, Cat. No. ab221868, 2 μg/mL) and human complement sera (Sigma-Aldrich, Cat. No. S1764-1ML, 0.05%) or single dosing of human complement sera at varying dilutions (0, 0.1, 1.0, and 10%). Cultures were rinsed with 1X PBS prior to fixing and blocking. The primary antibody used to detect complement deposition was mouse anti-C3/C3b (Abcam, Cat. No. ab11871, 1:500 dilution in blocking buffer). The corresponding secondary antibody (Life Technologies, Cat. No. A10037, anti-mouse-568, 1:250 dilution in blocking buffer) and Alexa Fluor 488 conjugated α-bungarotoxin (Life Technologies, Cat. No. B13422, 1:100 dilution in blocking buffer) were then incubated for 2 h in the dark at room temperature.



Endogenous and Diseased Receptor Internalization Studies

The ICC protocol was followed with the following modifications: prior to SKM fixing, monocultures were either incubated at 37°C, 5% CO2 for 3 h with anti-nAChR Ab (Abcam, Cat. No. ab221868, 2 μg/mL or 10 μg/mL) for diseased receptor internalization studies or with SKM medium for the endogenous internalization control. For each condition, the monocultures were either permeabilized with 0.1% Triton X-100 or not for 15 min before blocking for 1 h. The endogenous internalization control cultures (pre-incubation with medium) were fixed and then incubated for 3 h with anti-nAChR Ab (Abcam, Cat. No. ab221868, 2 μg/mL). The corresponding secondary antibodies were then added to all cultures.

Using ImageJ, myotubes were selected from at least ten fluorescence images using a freeform tool and measured against non-fluorescent backgrounds to obtain values for integrated density, area of selected cell, and mean fluorescence of background readings to calculate the corrected total cell fluorescence (CTCF) of cells +/− triton.

[image: image]

To determine the nAChR internalization, the change in CTCF of SKM +/− triton was determined by Eq. 3 below (Howard and Sanders, 1980).

[image: image]



RESULTS


Anti-nicotinic Acetylcholine Receptor Antibodies Affect Neuromuscular Junction Stability and the SKM Excitation-Contraction Coupling Mechanism in a Dose-Dependent Manner

Anti-nAChR antibodies reduce NMJ stability and the SKM excitation-contraction coupling mechanism in a dose-dependent manner. Most MG autoantibodies are directed against the nAChR with more than 50% against the α subunit, specifically the main immunogenic region (MIR) in both innate and experimental autoimmune MG (EAMG; Tzartos et al., 1998; Luo et al., 2009). These nAChR autoantibodies are mainly of the IgG1 and IgG3 subclasses (Lefvert et al., 1981; Rodgaard et al., 1987) and can initiate varying disease pathogenicity depending on the epitope location (Tzartos et al., 1998). To establish the effect of the anti-nAChR IgG antibody on the NMJ in vitro system, a concentration curve against NMJ function was generated to evaluate NMJ stability based on criteria described in our previous publications (Santhanam et al., 2018; Guo et al., 2020b) and in the materials. In brief, after a 3 h incubation period a single field electrical stimulation was applied to the MN side of the chamber and the total number of NMJs before and after the stimulation protocol was applied, were visually assessed. This was represented as a percentage of NMJ stability. Since anti-AChR Abs can induce both direct blocking and internalization of receptors, potentially causing variable NMJ numbers at any given time, the stability of an established NMJ was evaluated instead.

The muscle-side of the NMJ systems was dosed with a commercially available antibody against nAChR for 3 h and an IC50 of 3.4 μg/mL was generated as a function of change in NMJ stability (Figure 3A). A non-specific IgG1 antibody was also dosed for 3 h as a negative control and revealed no functional deficits at concentrations below and above the established IC50 of the antagonistic antibody (Figure 3A). Dose-dependent reduction in NMJ stability with anti-nAChR IgG compared to no effect from the negative control, substantiated the specificity of the anti-nAChR antibody in the in vitro NMJ system. The formation of the antibody-antigen complex on the SKM was confirmed by ICC with dual BunTX and anti-nAChR Ab staining (Figure 3B). The specific IgG anti-nAChR Ab binds near the cell surface endplate marked by BunTX. Since distinguishing the mechanism of antibody binding as direct blocking, antigenic modulation, or complement activation is difficult, the direct effects of anti-nAChR Abs on muscle contraction was investigated (Figure 3C). Prior to NMJ testing, direct stimulation of the skeletal muscle (SKM) was initiated and the number of contracting myotubes were measured to establish baseline function. Upon dosing with the antagonist antibody into the muscle chamber, no significant change in the number of contracting myotubes was observed at concentrations equal to or less than 5 μg/mL. However, a significant decrease (p = 0.0145 and p = 0.0018) in the number of contracting myotubes under direct stimulation at 10 and 20 μg/mL dose of anti-nAChR Ab compared to no dose (0 μg/mL) was observed (Figure 3C). There was no significant change at low or high concentrations (2 and 10 μg/mL, respectively) of non-specific IgG compared to no dose. This functional effect had not previously been described in EAMG or clinical studies, however, due to the compartmentalized nature of the NMJ system, motoneuron independent stimulation or direct stimulation of the muscle can be tested. We speculate that this decrease in functional myotubes was due to a reduction of the number of plasma membrane-bound ion channels involved in the excitation-contraction coupling mechanism. Since the human in vitro cultures do not exhibit the structures of the NMJ found in vivo where postsynaptic machinery form indentions isolating nAChRs, but instead cluster near diffuse receptors responsible for excitation-contraction machinery, it is possible that endocytosis is not limited to nAChRs. Antigenic modulation would not only cause internalization of surface nAChRs but also decrease the number of neighboring receptors, particularly sodium and calcium channel receptors. To further evaluate this possibility, immunocytochemical analysis of sodium channels (Nav-PAN) revealed a proximity and abundance of PAN channels near nAChRs on the skeletal muscle (Figure 3D). A loss of sodium channels, and the resultant reduction in sodium current, in MG patients, increasing the threshold for triggering an endplate potential (EPP; Ruff and Lennon, 1998, 2008). Therefore, the reduction of contracting myotubes at higher concentrations of antibody in Figure 3C maybe due, in part, to an increase in internalization and a decrease in neighboring ion receptors critical for eliciting a contractile response.
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FIGURE 3. Anti-nAChR IgG effects on the NMJ. (A) A dose response curve established from NMJ stability of SKM dosed with the anti-nAChR Ab (diamond) from 0 to 20 μg/mL resulting in an IC50 of 3.4 μg/mL (N = 2, 3–10 replicates). A non-specific IgG antibody (triangle) did not significantly alter NMJ stability at 2 and 10 μg/mL (N = 2, 7–8 replicates). (B) ICC images of SKM revealing the antibody-antigen complex with the binding of anti-nAChR Ab (red channel) to the cell surface near the endplate marked by BunTX (green channel), overlay of red and green channels (upper left) and phase image with DAPI (lower right). Scale bars = 50 microns. (C) The number of contracting SKM under direct stimulation at dosing concentrations from 0 to 20 μg/mL (N = 2, 3–10 replicates). Statistics: One-way ANOVA followed by Dunnett’s test (alpha = 0.05) ∗∗p < 0.020, ∗∗∗p < 0.002. (D) ICC images of SKM with anti-nAChR Ab staining (red channel), sodium channel (Pan, green channel), overlay of red and green channels (upper left) and phase image on lower right. Scale bars = 50 microns.




Addition of Anti-nicotinic Acetylcholine Receptor Antibodies Increases Receptor Internalization

Cells continuously internalize surface receptors by receptor mediated endocytosis. The internalized receptors can undergo a multifaceted array of recycling or degradative pathways. MG patient autoantibodies can induce increased recycling and degradation of AChRs and although significant progress has been made, the mechanism of endocytosis and receptor trafficking is still not well understood (Heinemann et al., 1977; Kao and Drachman, 1977; Drachman et al., 1978; Merlie et al., 1979; Lee et al., 2014). To evaluate whether the anti-nAChR Abs act as modulating antibodies, inducing receptor internalization, the endogenous internalization of nAChRs was first assessed. This evaluation was achieved by fluorescently tagging nAChRs on SKM that were treated with and without a permeabilizing detergent (i.e., Triton X-100). The location of the nAChRs was monitored by labeling the receptors and quantifying the degree of fluorescently tagged receptors that were internalized (with triton) to those on the cell membrane (no triton) using Eq. 2. This steady state of receptor recycling was then compared to internalization due to antigenic modulation by incubation with the anti-nAChR Ab at either 2 or 10 μg/mL. Immunofluorescence analysis of the nAChRs on the SKM surface (no triton) vs. internalized (with triton) is shown in Figure 4A with the corresponding corrected cell fluorescence in Figure 4B (top three panels). The endogenous internalization of the nAChRs was shown to be continuously recycled as the overall fluorescence for both conditions was similar (Figure 4B, top panel). When the anti-nAChR Ab was incubated in the SKM compartment at 2 and 10 μg/mL, there was a near 9-fold and 7-fold increase, respectively, of internalized receptors compared to the pre-incubated SKM (Figure 4B, fourth panel). Surprisingly, incubation with 10 μg/mL anti-nAChR Ab resulted in a lower increase in receptor internalization compared to 2 μg/mL. We propose this observation was due to an increased rate of internalization and degradation, as well as downregulation of the receptor expression. However, further experiments will be necessary to confirm this hypothesis. Increased internalization and degradation would support the decrease in the number of contracting myotubes observed under direct stimulation of SKM at 10 μg/mL (Figure 3C).
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FIGURE 4. Anti-nAChR Abs induce receptor internalization. (A) ICC images of SKM stained for anti-nAChR Ab with and without triton (top panel), incubated with 2 μg/mL or 10 μg/mL anti-nAChR Ab, middle and bottom panels, respectively, and later fixed and blocked with and without triton. Scale bars = 50 microns. (B) The corrected total cell fluorescence between the surface receptors (black bars) and internalized receptors (gray bars) for each condition. The percent change in fluorescence is represented as a bar graph for nAChR internalization.




Complement Deposition at the Neuromuscular Junction Significantly Reduces Neuromuscular Junction and SKM Fidelity

The previous experiments determined that the addition of the anti-nAChR Ab can disrupt NMJ stability in a dose-dependent manner. Increased internalization was also confirmed with addition of antibody compared to pre-incubated SKM resulting in a decrease in the number of functional myotubes at higher concentrations of the antibody (>10 μg/mL). To further understand deficits observed in MG, the antibody-induced complement cascade was activated with the addition of anti-nAChR Ab (2 μg/mL) and human complement serum (hCS, 0.05%). To avoid non-specific deposition of complement (Ab-free induced activation), the optimal dosing of complement proteins on the SKM, based on maximal dosing without complement deposition, was confirmed. By quantifying the fluorescence intensity from complement protein 3 (C3) deposition after incubation of hCS on SKM, the optimal dosing of hCS was confirmed to be <0.1% (Supplementary Figure 1). To include functional deficits due to antibody-mediated deposition of complement proteins, a pre-dose of SKM with either 0.05% hCS only or non-specific IgG1 Ab (2 μg/mL) were tested to establish negative controls. To assess functional deficits, the SKM-side of the system was dosed with either 2 μg/mL of anti-nAChR Ab only or the combination of 0.05% hCS and anti-nAChR Ab (2 μg/mL). After direct stimulation of the SKM-side of the chambers, there were no significant effects on the number of contracting myotubes compared to negative controls (Figure 5A). Immunofluorescent analysis of complement activation revealed deposition of complement protein C3 on the SKM after incubation with 2 μg/mL of anti-nAChR Ab and 0.05% hCS (Figure 5B). Deposition confirmed that the antibody can induce activation of the complement cascade, but not reduce the number of contracting myotubes at that combinatory dosage.
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FIGURE 5. Direct effects of hCS and anti-nAChR on SKM. (A) Demonstrates the number of contracting myotubes under direct stimulation after dosing with 0.05% hCS (N = 2, 8 replicates), non-specific IgG (2 μg/mL, N = 3, 8 replicates), anti-nAChR-Ab (2 μg/mL, N = 2, 10 replicates) and a combination of 0.05% hCS and 2 μg/mL anti-nAChR-Ab (N = 2, 9 replicates). (B) ICC images of SKM incubated with 2 μg/mL of anti-nAChR with 0.05% hCS for 3 h and stained with anti-C3 (red channel) and BunTX (green channel). Scale bars = 50 microns.


Neurological tests for MG patients include repetitive stimulation of the nerve at 3 Hz to reveal a decline in the compound muscle action potential (CMAP; Liik and Punga, 2016; Gilhus et al., 2019) and single fiber electromyography (SFEMG) to measure neurological jitters or synchrony between the time of nerve stimulation and muscle contraction (Thornton and Michell, 2012). To mimic the clinical phenotype of neurological jitters (we describe here as fidelity), the muscle was electrically stimulated at 2 Hz and the number of resulting synchronized contractions over the number of stimulation pulses was evaluated (Eq. 1). Representative images of the five conditions under direct and indirect stimulation at 2 Hz is shown in Figure 6A. Once analyzed, the synchrony readouts from each chamber under direct stimulation at 2 Hz demonstrated a ∼60% reduction in fidelity after complement activation with no change observed with the anti-nAChR Ab alone (Figure 6B). Subsequent indirect stimulation of SKM revealed a nearly 57% and 45% reduction in NMJ fidelity in the presence of anti-nAChR Ab and complement activation (hCS + anti-nAChR Ab), respectively, compared to negative controls (Figure 6C). The combinatory deficits found under both direct and indirect stimulation of systems dosed with compliment sera and antibody suggests that we can mimic a more severe pathology when complement is activated.
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FIGURE 6. Complement activation reduces SKM and NMJ fidelity. SKM fidelity at 2 Hz under direct and indirect stimulation after incubation with 0.05% hCS (N = 2, 6 replicates), non-specific IgG1 (N = 3, 7 replicates), anti-nAChR Ab and a combination of 0.05% hCS (N = 2, 4 replicates) and 2 μg/mL of anti-nAChR Ab (N = 2, 4 replicates). (A) Representative stimulation traces generated at 2 Hz from both direct (SKM stimulation) and indirect (MN stimulation) of a myotube under the five conditions. Mean fidelity of peaks under direct (B) and indirect (C) stimulation. Significant reduction of fidelity with antibody and complement under direct and indirect stimulation and antibody only under indirect stimulation. Statistics: Fisher LSD Method ∗p < 0.050; ∗∗p < 0.020; ∗∗∗p < 0.010.




DISCUSSION

Here we report the use of our established human in vitro NMJ BioMEMs system (Santhanam et al., 2018; Guo et al., 2020b) to dose SKM with a commercially available antibody against nAChR to simulate the three proposed pathogenic mechanisms of MG – blocking, modulation, and binding (Figure 1). Our work was complementary to the clinical phenotype produced from MG patients. In MG, anti-nAChR antibodies reduce the number of AChRs at the endplate resulting in decrease sensitivity to acetylcholine (ACh), impairment of sodium (Na+) channels and increased threshold depolarization needed to trigger an action potential (AP), ultimately decreasing the safety factor (SF) for neuromuscular transmission (Ruff and Lennon, 2008). We have shown in our functional NMJ system and subsequent ICC, reduction in NMJ stability and excitation-contraction coupling capability of SKM in the presence of anti-nAChR Abs in a dose-dependent manner. An increase in receptor internalization due to modulation of Abs was also observed compared to pre-dosed SKM. This effect appears to be sensitive to antibody concentration as higher concentrations of antibody had a reduction in recycling and possibly an increase in degradation. Further evaluation of AChR degradation through reduction of AChR clusters will be needed to confirm this speculation. We have also noted that the proximity of sodium (Na+) channels to AChR clusters could result in reduction of Na+ channels during antibody mediated internalization of AChRs. A reduction of Na+ channels and AChRs has been linked to a reduced safety factor (neuromuscular transmission) in MG patients (Ruff and Lennon, 2008) and therefore is a reasonable explanation of the reduction of functional NMJs found in our model system. Complement deposition was also confirmed in the presence of anti-nAChR Ab to the antigen on the cell surface through ICC from complement protein C3 staining near the endplate. Complement activation significantly altered the excitation-coupling capabilities of SKM and NMJ SKM fidelity at 2 Hz. In electromyography (EMG) laboratories, a frequency of 3 Hz is standard for RNS to assess neurological diseases (Zivković and Shipe, 2005; Selvan, 2011; Stålberg et al., 2017). In our fidelity studies, we were able to detect deficits at lower frequency with no significant change below 2 Hz (data not shown). This similarity in frequencies suggests that our in vitro systems are translatable to the physical tests measured in clinical studies (Stålberg et al., 2017; Patel and Pobre, 2020). Altogether, this combinatory fidelity readout mimics the clinical phenotype of neurological blocking or “jitters” and suggests binding antibodies with complement activation may have a more persistent disease pathology. Based on these data, we believe the synchronous firing metric is important for mimicking the clinical hallmarks of MG – neurological jitters and reduction of AChRs.

Myasthenia gravis is a disorder caused by specific autoantibodies at the neuromuscular junction. The current methods for MG diagnosis include serological tests for specific antibodies (Sanders et al., 2014; Li et al., 2019) and electrodiagnostic test for repetitive nerve stimulation (RNS) to monitor deficits in neuromuscular transmission (Tim and Sanders, 1994). However, there are varying antibodies that contribute to MG and the identification of the most common Ab, anti-AChR Ab, has not been linked to disease severity (Sanders et al., 2014). Additionally, electrodiagnostic tests are invasive and painful and the results can be misinterpreted with other neuromuscular diseases. Once diagnosed, MG patients are subject to broad-based immunosuppressive treatments (IST) that are relatively effective in regulating symptoms, however, long-term side-effects and susceptibility to life threatening infections are often intolerable for patients (Sanders et al., 2016). The development of more directed therapeutics has helped reduce toxicity and create more fast acting and effective treatments. For example, eculizumab, the first FDA approved treatment for MG, is a monoclonal antibody that prevents the cleavage of C5 and essentially inhibits complement-mediated membrane lysis (Wijnsma et al., 2019). For patients that suffer from binding antibodies that activate the complement cascade, this drug reduces the severity of their symptoms, however, additional IST treatments are required as eculizumab only inhibits terminal complement activation but does control circulating antibodies that can lead to muscle fatigue. Animal models of MG (EAMG) are currently used to analyze MG pathology and study new interventions including induction of peripheral tolerance in the thymus, immunomodulating dendritic cells to induce tolerance and protect from autoimmune diseases, inhibitors of complement activation and RNA interference (Mantegazza et al., 2016). Despite EAMG models reproducing some aspects of the disease pathology, several differences are apparent including the inability to recapitulate the spontaneous disease progression, alterations, and general involvement of the thymus in EAMG. In addition, there are inherent differences between animal and human innate and adaptive immunity including immune system development, activation, and response (Mestas and Hughes, 2004). Therefore, any response in EAMG may not occur in the same way as in humans and therefore should be considered with these differences in mind.

Although our system is the first human MG model system to mimic the three pathogenic mechanisms in a concentration-dependent manner, we understand that our functional model needs further complexity to begin to deduce mechanistic insights. In future studies, we will dose our NMJ systems with MG patient sera and extrapolate the anti-AChR Ab concentration to the NMJ functional readout using our concentration curve. Dosing of MG sera within an NMJ system is not a new concept as rudimentary neuromuscular function has been assessed through optogenetics (MN-side only) and chemical stimulation (Bakooshli et al., 2019; Vila et al., 2019). However, the novelty of our system allows not only for a graded response due to Ab concentration but also the ability to assess complement-induced responses under direct and indirect electrical stimulation. In addition, we will be able to use this MG model system to test current therapeutics for MG and its ability to reverse the patient specific disease phenotype. Furthermore, we understand the limitations of our system and like EAMG models, we will not be able to mimic the contributions of the thymus in MG unless we develop a multi-organ model. We are confident that our human MG system has the potential to be a sensitive mimic of MG pathology and provide a quick and cost-effective platform to evaluate patient-specific treatment and DMTs.



DATA AVAILABILITY STATEMENT

The raw data supporting the conclusions of this article will be made available by the authors, without undue reservation.



AUTHOR CONTRIBUTIONS

VS, JR, and JH designed the experiments. VS and HN conducted the experiments. VS, JR, CL, and JH contributed to data analysis and interpretation. CL contributed to statistics. VS, HN, and JH drafted the original manuscript. VS, CL, JR, MS, and JH edited the manuscript. MS and JH provided funding acquisition and project administration. All authors contributed to the article and approved the submitted version.



FUNDING

Funding for this research was provided by the National Institutes of Health grant number R01NS050452 and National Center for Advancing Translational Sciences of the National Institutes of Health under Award Number R44TR001326.



ACKNOWLEDGMENTS

We thank Jeffrey Guptill (Duke University School of Medicine) and Christopher McAleer for their comments and edits to the manuscript.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fcell.2021.745897/full#supplementary-material



REFERENCES

Arnold, A. S., Gill, J., Christe, M., Ruiz, R., McGuirk, S., St-Pierre, J., et al. (2014). Morphological and functional remodelling of the neuromuscular junction by skeletal muscle PGC-1α. Nat. Commun. 5:3569. doi: 10.1038/ncomms4569

Baggi, F., Antozzi, C., Toscani, C., and Cordiglieri, C. (2012). Acetylcholine receptor-induced experimental myasthenia gravis: what have we learned from animal models after three decades? Arch. Immunol. Ther. Exp. 60, 19–30. doi: 10.1007/s00005-011-0158-6

Bakooshli, M. A., Lippmann, E. S., Mulcahy, B., Iyer, N., Nguyen, C. T., Tung, K., et al. (2019). A 3D culture model of innervated human skeletal muscle enables studies of the adult neuromuscular junction. Elife 8:e44530. doi: 10.7554/eLife.44530

Bellin, M., Marchetto, M. C., Gage, F. H., and Mummery, C. L. (2012). Induced pluripotent stem cells: the new patient? Nat. Rev. Mol. Cell Biol. 13, 713–726.

Bufler, J., Kahlert, S., Tzartos, S., Toyka, K. V., Maelicke, A., and Franke, C. (1996). Activation and blockade of mouse muscle nicotinic channels by antibodies directed against thebinding site of the acetylcholine receptor. J. Physiol. 492, 107–114. doi: 10.1113/jphysiol.1996.sp021293

Burges, J., Wray, W. D., Pizzighella, S., Hall, Z., and Vincent, A. (1990). A myasthenia gravis plasma immunoglobin reduces miniature endplate potentials at human endplates in vitro. Muscle Nerve 13, 407–413. doi: 10.1002/mus.880130507

Christadoss, P., Poussin, M., and Deng, C. (2000). Animal models of myasthenia gravis. Clin. Immunol. 94, 75–87. doi: 10.1006/clim.1999.4807

Conti-Fine, B. M., Milani, M., and Kaminski, H. J. (2006). Myasthenia gravis: past, present, and future. J. Clin. Invest. 116, 2843–2854. doi: 10.1172/jci29894

Drachman, D. B., Angus, C. W., Adams, R. N., Michelson, J. D., and Hoffman, G. J. (1978). Myasthenic antibodies cross-link acetylcholine receptors to accelerate degradation. N. Engl. J. Med. 298, 1116–1122. doi: 10.1056/nejm197805182982004

Falk, D. J., Todd, A. G., Lee, S., Soustek, M. S., ElMallah, M. K., Fuller, D. D., et al. (2015). Peripheral nerve and neuromuscular junction pathology in Pompe disease. Hum. Mol. Genet. 24, 625–636. doi: 10.1093/hmg/ddu476

Giese, C., and Marx, U. (2014). Human immunity in vitro - solving immunogenicity and more. Adv. Drug Deliv. Rev. 69-70, 103–122. doi: 10.1016/j.addr.2013.12.011

Gilhus, N. E. (2016). Myasthenia gravis. N. Engl. J. Med. 375, 2570–2581.

Gilhus, N. E., and Verschuuren, J. J. (2015). Myasthenia gravis: subgroup classification and therapeutic strategies. Lancet Neurol. 14, 1023–1036. doi: 10.1016/S1474-4422(15)00145-3

Gilhus, N. E., Tzartos, S., Evoli, A., Palace, J., Burns, T. M., and Verschuuren, J. J. G. M. (2019). Myasthenia gravis. Nat. Rev. Dis. Primers 5:30.

Guo, X., Badu-Mensah, A., Thomas, M. C., McAleer, C. W., and Hickman, J. J. (2020a). Characterization of functional human skeletal myotubes and neuromuscular junction derived-from the same induced pluripotent stem cell source. Bioengineering 7:133. doi: 10.3390/bioengineering7040133

Guo, X., Gonzalez, M., Stancescu, M., Vandenburgh, H., and Hickman, J. J. (2011). Neuromuscular junction formation between human stem cell-derived motoneurons and human skeletal muscle in a defined system. Biomaterials 32, 9602–9611. doi: 10.1016/j.biomaterials.2011.09.014

Guo, X., Smith, V., Jackson, M., Tran, M., Thomas, M., Patel, A., et al. (2020b). A human-based functional NMJ system for personalized ALS modeling and drug testing. Adv. Ther. 3:2000133. doi: 10.1002/adtp.202000133

Heinemann, S., Bevan, S., Kullberg, R., Lindstrom, J., and Rice, J. (1977). Modulation of acetylcholine receptor by antibody against the receptor. Proc. Natl. Acad. Sci. U.S.A. 74, 3090–3094. doi: 10.1073/pnas.74.7.3090

Howard, F. M. J., Lennon, V. A., Finley, J., Matsumoto, J., and Elveback, L. R. (1987). Clinical correlations of antibodies that bind, block, or modulate human acetylcholine receptors in myasthenia gravis. Ann. N.Y. Acad. Sci. 505, 526–538. doi: 10.1111/j.1749-6632.1987.tb51321.x

Howard, J. F. J., and Sanders, D. B. (1980). Passive transfer of human myasthenia gravis to rats: 1. electrophysiology of the developing neuromuscular block. Neurology 30, 760–764. doi: 10.1212/wnl.30.7.760

Kang, S. Y., Oh, J. H., Song, S. K., Lee, J. S., Choi, J. C., and Kang, J. H. (2015). Both binding and blocking antibodies correlate with disease severity in myasthenia gravis. Neurol. Sci. 36, 1167–1171. doi: 10.1007/s10072-015-2236-8

Kao, I., and Drachman, D. B. (1977). Myasthenic immunoglobulin accelerates acetylcholine receptor degradation. Science 196, 527–529.

Kerty, E., Elsais, A., Argov, Z., Evoli, A., and Gilhus, N. E. (2014). EFNS/ENS guidelines for the treatment of ocular myasthenia. Eur. J. Neurol. 21, 687–693.

Lang, B., Richardson, G., Rees, J., Vincent, A., and Newsom-Davis, J. (1988). Plasma from myasthenia gravis patients reduces acetylcholine receptor agonist-induced Naþflux intoTE671 cell line. J. Neuroimmunol. 19, 141–148. doi: 10.1016/0165-5728(88)90043-4

Lee, C. W., Zhang, H., Geng, L., and Peng, H. B. (2014). Crosslinking-induced endocytosis of acetylcholine receptors by quantum dots. PLoS One 9:e90187. doi: 10.1371/journal.pone.0090187

Lefvert, A. K., Cuenoud, S., and Fulpius, B. W. (1981). Binding properties and subclass distribution of anti-acetylcholine receptor antibodies in myasthenia gravis. J. Neuroimmunol. 1, 125–135. doi: 10.1016/0165-5728(81)90015-1

Leite, M. I., Waters, P., and Vincent, A. (2010). Diagnostic use of autoantibodies in myasthenia gravis. Autoimmunity 43, 371–379. doi: 10.3109/08916930903541208

Li, Y., Peng, Y., and Yang, H. (2019). Serological diagnosis of myasthenia gravis and its clinical significance. Ann. Transl. Med. doi: 10.21037/atm.2019.07.86

Liik, M., and Punga, A. R. (2016). Repetitive nerve stimulation often fails to detect abnormal decrement in acute severe generalized myasthenia gravis. Clin. Neurophysiol. 127, 3480–3484. doi: 10.1016/j.clinph.2016.09.012

Lindstrom, J. (2000). Acetylcholine receptors and myasthenia. Muscle Nerve 23, 453–477.

Losen, M., Martinez-Martinez, P., Molenaar, P. C., Lazaridis, K., Tzartos, S., Brenner, T., et al. (2015). Standardization of the experimental autoimmune myasthenia gravis (EAMG) model by immunization of rats with Torpedo californica acetylcholine receptors–Recommendations for methods and experimental designs. Exp. Neurol. 270, 18–28. doi: 10.1016/j.expneurol.2015.03.010

Luo, J., Taylor, P., Losen, M., de Baets, M. H., Shelton, G. D., and Lindstrom, J. (2009). Main immunogenic region structure promotes binding of conformation-dependent myasthenia gravis autoantibodies, nicotinic acetylcholine receptor conformation maturation, and agonist sensitivity. J. Neurosci. 29, 13898–13908. doi: 10.1523/JNEUROSCI.2833-09.2009

Mantegazza, R., Cordiglieri, C., Consonni, A., and Baggi, F. (2016). Animal models of myasthenia gravis: utility and limitations. Int. J. Gen. Med. 9, 53–64. doi: 10.2147/ijgm.s88552

Meriggioli, M. N., and Sanders, D. B. (2009). Autoimmune myasthenia gravis: emerging clinical and biological heterogeneity. Lancet Neurol. 8, 475–490. doi: 10.1016/s1474-4422(09)70063-8

Meriggioli, M. N., and Sanders, D. B. (2012). Muscle autoantibodies in myasthenia gravis: beyond diagnosis. Expert Rev. Clin. Immunol. 8, 427–438.

Merlie, J. P., Heinemann, S., and Lindstrom, J. M. (1979). Acetylcholine receptor degradation in adult rat diaphragms in organ culture and the effect of anti-acetylcholine receptor antibodies. J. Biol. Chem. 254, 6320–6327.

Mestas, J., and Hughes, C. C. W. (2004). Of mice and not men: differences between mouse and human immunology. J. Immunol. 172, 2731–2738. doi: 10.4049/jimmunol.172.5.2731

Park, H. S., Liu, S., McDonald, J., Thakor, N., and Yang, I. H. (2013). Neuromuscular junction in a microfluidic device. Annu. Int. Conf. IEEE Eng. Med. Biol. Soc. 2013, 2833–2835. doi: 10.1109/EMBC.2013.6610130

Patel, P., and Pobre, T. (2020). Electrodiagnostic Evaluation Of Neuromuscular Junction Disorder. Treasure Island, FL: StatPearls.

Patrick, J., Lindstrom, J., Culp, B., and Mcmillan, J. (1973). Studies on purified eel acetylcholine receptor and anti-acetlycholine receptor antibody. Proc. Natl. Acad. Sci. U.S.A. 70, 3334–3338. doi: 10.1073/pnas.70.12.3334

Rodgaard, A., Nielsen, F. C., Djurup, R., Somnier, F., and Gammeltoft, S. (1987). Acetylcholine receptor antibody in myasthenia gravis: predominance of IgG subclasses 1 and 3. Clin. Exp. Immunol. 67, 82–88.

Ruff, R. L., and Lennon, V. A. (1998). Endplate voltage-gated sodium channels are lost in clinical and experimental myasthenia gravis. Ann. Neurol. 43, 370–379. doi: 10.1002/ana.410430315

Ruff, R. L., and Lennon, V. A. (2008). How myasthenia gravis alters the safety factor for neuromuscular transmission. J. Neuroimmunol. 201–202, 13–20. doi: 10.1016/j.jneuroim.2008.04.038

Sanders, D. B., Burns, T. M., Cutter, G. R., Massey, J. M., Juel, V. C., Hobson-Webb, L., et al. (2014). Does change in acetylcholine receptor antibody level correlate with clinical change in myasthenia gravis. Muscle Nerve 49, 483–486. doi: 10.1002/mus.23944

Sanders, D. B., Wolfe, G. I., Benatar, M., Evoli, A., Gilhus, N., Illa, I., et al. (2016). International consensus guidance for management of myasthenia gravis. Neurology 87, 419–425.

Santhanam, N., Kumanchik, L., Guo, X., Sommerhage, F., Cai, Y., Jackson, M., et al. (2018). Stem cell derived phenotypic human neuromuscular junction model for dose response evaluation of therapeutics. Biomaterials 166, 64–78. doi: 10.1016/j.biomaterials.2018.02.047

Sato, T., and Clevers, H. (2013). Growing self-organizing mini-guts from a single intestinal stem cell: mechanism and applications. Science 340, 1190–1194. doi: 10.1126/science.1234852

Selvan, V. A. (2011). Single-fiber EMG: a review. Ann. Indian Acad. Neurol. 14, 64–67. doi: 10.4103/0972-2327.78058

Sleigh, J. N., Burgess, R. W., Gillingwater, T. H., and Cader, M. Z. (2014). Morphological analysis of neuromuscular junction development and degeneration in rodent lumbrical muscles. J. Neurosci. Methods 227, 159–165. doi: 10.1016/j.jneumeth.2014.02.005

Smith, A. S. T., Long, C. J., Pirozzi, K., and Hickman, J. J. (2013). A functional system for high-content screening of neuromuscular junctions in vitro. Technology 1, 37–48. doi: 10.1142/S2339547813500015

Stålberg, E., Sanders, D. B., and Kouyoumdjian, J. A. (2017). Pitfalls and errors in measuring jitter. Clin. Neurophysiol. 128, 2233–2241. doi: 10.1016/j.clinph.2017.09.001

Takahashi, K., Tanabe, K., Ohnuki, M., Narita, M., Ichisaka, T., Tomoda, K., et al. (2007). Induction of pluripotent stem cells from adult human fibroblasts by defined factors. Cell 131, 861–872. doi: 10.1016/j.cell.2007.11.019

Thornton, R. C., and Michell, A. W. (2012). Techniques, and applications of EMG: measuring motor units from structure to function. J. Neurol. 259, 585–594. doi: 10.1007/s00415-011-6350-0

Tim, R. W., and Sanders, D. B. (1994). Repetitive nerve stimulation studies in the Lambert-Eaton myasthenic syndrome. Muscle Nerve 17, 995–1001. doi: 10.1002/mus.880170906

Tzartos, S. J., Barkas, T., Cung, M. T., Mamalaki, A., Marraud, M., Orlewski, P., et al. (1998). Anatomy of the antigenic structure of a large membrane autoantigen, the muscle type nicotinic acetylcholine receptor. Immunol. Rev. 163, 89–120. doi: 10.1111/j.1600-065x.1998.tb01190.x

van de Stolpe, A., and Kauffmann, R. H. (2015). Innovative human-specific investigational approaches to autoimmune disease. RSC Adv. 5, 18451–18463. doi: 10.1039/c4ra15794j

Vila, O. F., Uzel, S. G. M., Ma, S. P., Williams, D., Pak, J., Kamm, R. D., et al. (2019). Quantification of human neuromuscular function through optogenetics. Theranostics 9, 1232–1246. doi: 10.7150/thno.25735

Whiting, P. J., Vincent, A., and Newsom-Davis, J. (1983). Acetylcholine receptor antibody characteristic in myasthenia gravis. J. Neuroimmunol. 5, 1–9.

Wijnsma, K. L., Heine, R. T., Moes, D. J. A. R., Langemeijer, S., Schols, S. E. M., Volokhina, E. B., et al. (2019). Pharmacology, pharmacokinetics and pharmacodynamics of eculizumab, and possibilities for an individualized approach to eculizumab. Clin. Pharmacokinet. 58, 859–874. doi: 10.1007/s40262-019-00742-8

Zahavi, E. E., Ionescu, A., Gluska, S., Gradus, T., Ben-Yaakov, K., and Perlson, E. (2015). A compartmentalized microfluidic neuromuscular co-culture system reveals spatial aspects of GDNF functions. J. Cell Sci. 128, 1241–1252. doi: 10.1242/jcs.167544

Zisimopoulou, P., Brenner, T., Trakas, N., and Tzartos, S. J. (2013). Serological diagnostics in myasthenia gravis based on novel assays and recently identified antigens. Autoimmun. Rev. 12, 924–930. doi: 10.1016/j.autrev.2013.03.002

Zivković, S. A., and Shipe, C. (2005). Use of repetitive nerve stimulation in the evaluation of neuromuscular junction disorders. Am. J. Electroneurodiagnostic Technol. 45, 248–261. doi: 10.1080/1086508x.2005.11079542


Conflict of Interest: JH has ownership interest and is Chief Scientist and member of the Board of Directors in Hesperos, Inc., which may benefit financially as a result of the outcomes of the research or work reported in this publication.

The remaining authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.

Publisher’s Note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2021 Smith, Nguyen, Rumsey, Long, Shuler and Hickman. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.

		REVIEW
published: 03 January 2022
doi: 10.3389/fcell.2021.801819


[image: image2]
An Integrated Approach to Studying Rare Neuromuscular Diseases Using Animal and Human Cell-Based Models
Timothy J. Hines, Cathleen Lutz, Stephen A. Murray and Robert W. Burgess*
The Jackson Laboratory, Bar Harbor, ME, United States
Edited by:
Alec S. T. Smith, University of Washington, United States
Reviewed by:
Henna Tyynismaa, University of Helsinki, Finland
Joseph W. Lewcock, Genentech, Inc., United States
* Correspondence: Robert W. Burgess, Robert.burgess@jax.org
Specialty section: This article was submitted to Stem Cell Research, a section of the journal Frontiers in Cell and Developmental Biology
Received: 25 October 2021
Accepted: 30 November 2021
Published: 03 January 2022
Citation: Hines TJ, Lutz C, Murray SA and Burgess RW (2022) An Integrated Approach to Studying Rare Neuromuscular Diseases Using Animal and Human Cell-Based Models. Front. Cell Dev. Biol. 9:801819. doi: 10.3389/fcell.2021.801819

As sequencing technology improves, the identification of new disease-associated genes and new alleles of known genes is rapidly increasing our understanding of the genetic underpinnings of rare diseases, including neuromuscular diseases. However, precisely because these disorders are rare and often heterogeneous, they are difficult to study in patient populations. In parallel, our ability to engineer the genomes of model organisms, such as mice or rats, has gotten increasingly efficient through techniques such as CRISPR/Cas9 genome editing, allowing the creation of precision human disease models. Such in vivo model systems provide an efficient means for exploring disease mechanisms and identifying therapeutic strategies. Furthermore, animal models provide a platform for preclinical studies to test the efficacy of those strategies. Determining whether the same mechanisms are involved in the human disease and confirming relevant parameters for treatment ideally involves a human experimental system. One system currently being used is induced pluripotent stem cells (iPSCs), which can then be differentiated into the relevant cell type(s) for in vitro confirmation of disease mechanisms and variables such as target engagement. Here we provide a demonstration of these approaches using the example of tRNA-synthetase-associated inherited peripheral neuropathies, rare forms of Charcot-Marie-Tooth disease (CMT). Mouse models have led to a better understanding of both the genetic and cellular mechanisms underlying the disease. To determine if the mechanisms are similar in human cells, we will use genetically engineered iPSC-based models. This will allow comparisons of different CMT-associated GARS alleles in the same genetic background, reducing the variability found between patient samples and simplifying the availability of cell-based models for a rare disease. The necessity of integrating mouse and human models, strategies for accomplishing this integration, and the challenges of doing it at scale are discussed using recently published work detailing the cellular mechanisms underlying GARS-associated CMT as a framework.
Keywords: rare disease, charcot-marie-tooth disease, motor and sensory neuropathy, mouse model, iPSC model
INTRODUCTION
The number of disease-associated genes and pathogenic variants in those genes is rapidly increasing through the efforts of large-scale discovery programs such as the Centers for Mendelian Genomics (Posey et al., 2019). According to numbers from the World Health Organization, there are now as many as 8,000 rare diseases, many of which are genetic, and in aggregate, these disorders affect ∼1 in 15 people. However, there is no treatment for ∼90% of these disorders. With this increased rate of discovery and ongoing unmet clinical need comes the challenge of understanding how a given mutation leads to a given disease or phenotype. In some cases, this may be clear from the known function of the mutated gene, but more frequently, it requires a detailed exploration of the underlying genetic, cellular, and molecular mechanisms. Accomplishing such studies in patient populations is challenging for both ethical and practical reasons. It is even more challenging in the case of rare diseases, where access to patients is difficult and research materials such as surgical discards or postmortem samples are not available or are too rare to provide an experimentally feasible approach. In such cases, animal models can be powerful tools for in vivo experimentation. Animals can be used in sufficient numbers to provide well-powered studies and are more amenable to experiments that cannot be performed in humans. Furthermore, these animal models can be used to identify possible therapeutic strategies based on the identified disease mechanism, and to test these strategies in preclinical studies.
However, translation from animal models to patients is not always successful. Notable examples of this in neuroscience and neurology are failures to translate findings in animal models of amyotrophic lateral sclerosis (ALS) or Alzheimer’s Disease into successful clinical trials (Drummond and Wisniewski, 2017; Perrin, 2014; Philips and Rothstein, 2015). Sometimes this may reflect limitations of the model, such as when it does not fully recapitulate the human pathophysiology; for instance, a mouse model of CMT type 2D (CMT2D; GarsC201R) develops a neuropathy with smaller axons, decreased nerve conduction velocity, grip strength, and body weight, but does not have frank axon loss. Due to the lack of axon degeneration, this would not be a good mouse model for testing therapies aimed at preventing axon loss, such as SARM1 inhibitors (Moss and Hoke, 2020). Fortunately, more severe CMT2D mouse models that do show axon degeneration exist (Table 1), and we will generate cell lines carrying multiple pathogenic GARS alleles. Alternatively, even if the mechanisms and targets are shared, the therapeutic tested in animals may not be equally effective in humans due to differences between mouse and human genetics, metabolism, or development. To address these issues and thus improve the translational potential of animal studies, it becomes necessary to also have a human experimental system. Induced pluripotent stem cells [iPSCs, (Takahashi et al., 2007)] potentially provide such a system, particularly as they can be derived directly from patients, or alternatively, specific patient mutations can be engineered into existing “healthy control” cell lines. In addition, iPSCs can be differentiated into many cell types of interest, such as motor neurons or cortical neurons, so that one is not restricted to studying neurodegeneration in skin fibroblasts or lymphocytes, for example. However, cell-based models also have inherent limitations, including the relative immaturity of their post-differentiation states, the comparatively isolated nature of the cell compared to their in vivo milieu, and the inevitable abstraction of the disease to a cellular phenotype (Santoso and Mccain, 2020). For example, patients do not see a neurologist because of reduced axonal transport, they go because of weakness or sensory deficits in their feet or hands, and whether improving axonal transport is truly tantamount to improving sensory/motor function in vivo is often a hopeful assumption.
TABLE 1 | Current mouse models of Gars/CMT2D.
[image: Table 1]We propose a solution to address the limitations of both animal models and cell-based models in which the findings in each are integrated to provide the best chance for successful translation of experimental approaches into clinical application. Here we will use the example of forms of Charcot-Marie-Tooth disease (CMT) to demonstrate how animal models have led to a better understanding of these diseases and have identified therapeutic targets and strategies that have been validated in vivo. We will also describe our strategy for using engineered human cell-based models to test whether the same pathogenic mechanisms and therapeutic strategies translate to a human system.
TRNA SYNTHETASE-ASSOCIATED FORMS OF CHARCOT-MARIE-TOOTH DISEASE
The clinical hallmarks of CMT include degeneration and dysfunction in motor and sensory axons in the peripheral nervous system, leading to a length-dependent loss of sensation and muscle strength that is most pronounced in the feet and hands (Saporta and Shy, 2013). Mutations in close to 100 genes are now associated with CMT, suggesting a diverse array of mechanisms that can lead to a similar condition clinically (Timmerman et al., 2014; Laura et al., 2019). The largest gene family associated with CMT is the amino-acyl tRNA synthetase (aaRS) family, with dominant mutations in as many as six aaRS genes leading to forms of CMT (Wei et al., 2019). The first to be identified was Glycyl-tRNA synthetase (GARS), as the cause of CMT2D (Antonellis et al., 2003). Since that discovery in 2003, dominant mutations in Tyrosyl- (YARS), Alanyl- (AARS), Histidyl- (HARS), Tryptophanyl- (WARS), and possibly methionyl- (MARS) tRNA synthetases have been associated with forms of CMT (Jordanova et al., 2006; Latour et al., 2010; Gonzalez et al., 2013; Vester et al., 2013; Tsai et al., 2017). Most of these mutations lead to axonal forms of CMT, in which the motor and sensory axons themselves degenerate, without obvious involvement of the peripheral myelinating Schwann cells. However, mutations in YARS lead to an “intermediate” form of CMT (dominant intermediate CMT type C/diCMTC), with moderately reduced nerve conduction velocities, suggesting demyelination. Like many forms of CMT, the age of onset and severity vary both with gene and with the allele. For example, mutations in GARS/CMT2D patients may be incompletely penetrant, or lead to exclusively motor neuropathy, even in patients carrying the same allele (L129P) (Sivakumar et al., 2005). In contrast, at least one GARS patient was ascertained at 13 months of age with severe motor neuropathy resembling spinal muscular atrophy (Morelli et al., 2019). GARS/CMT2D patients are also distinctive in that they often have more severe symptoms in their hands than in their feet, whereas most forms of CMT are more severe in the lower extremities (Antonellis et al., 2003). Despite these idiosyncrasies, the neuropathies resulting from dominant tRNA synthetase mutations generally fit the clinical criteria for CMT.
How mutations in these genes lead to neuropathy was initially unclear. A primary question is whether the mutations cause a gain- or loss-of-function in the mutant protein? A second question is why the disease is specific to motor and sensory neurons, since the genes are expressed ubiquitously and involved in the “housekeeping” function of charging amino acids onto their cognate tRNAs as the first step in translation? We will summarize progress on the first point, as the genetic, cellular and molecular underpinnings of these disorders are becoming clearer, even if the second point of cellular specificity remains puzzling.
GENETIC MECHANISMS INFORM GENE THERAPY STRATEGIES
Many of the dominant mutations in tRNA synthetase genes that cause peripheral neuropathy also cause a reduction or loss of the mutant enzyme’s tRNA charging activity (Griffin et al., 2014). Furthermore, these enzymes form homodimers, and this is necessary for activity, leading to the possibility that there could be dominant negative effects in which the mutant subunit poisons the activity of the dimer. There are notable exceptions, such as GARSE71G and YARSE196K, which retain most of their enzymatic activity in in vitro assays; however, loss of function in vivo could also result from mechanisms such as protein instability or mislocalization (Jordanova et al., 2006; Nangle et al., 2007).
However, data also argue against a simple loss of function and instead suggest a toxic gain-of-function (neomorphic) mechanism, in which the mutant gene product takes on a new, toxic function that cannot be corrected or out competed by the wild type gene product. First, in both humans and mice, a heterozygous null allele of GARS does not have a phenotype, indicating the neuropathy is not the result of a simple haploinsufficiency (Seburn et al., 2006; Oprescu et al., 2017). Furthermore, patients with recessive partial-loss-of-function mutations have severe, multisystem syndromic disorders in which peripheral neuropathy is not a prominent feature. If the dominant mutations led to peripheral neuropathy through a loss-of-function mechanism and thus served as a bellwether of dysfunction, then presumably these more severe recessive syndromes would also include peripheral neuropathy as an early and severe outcome. However, perhaps the most convincing data supporting a neomorphic activity comes from animal models. In Drosophila, the transgenic overexpression of mutant GARS or YARS leads to axon degeneration and CMT-relevant phenotypes, whereas overexpression of the wild-type genes has no effect, and the endogenous fly Gars and Yars are still functional (Storkebaum et al., 2009; Grice et al., 2015; Niehues et al., 2015). Indeed, levels of tRNA charging activity in tissue homogenates were never reduced below wild-type levels, arguing against a dominant negative effect leading to loss of function (Niehues et al., 2015). In a reciprocal experiment in mice, transgenic overexpression of wild-type GARS did not rescue the neuropathy phenotype of dominant Gars mutations (Motley et al., 2011). The failure of robust overexpression of the wild-type protein to rescue is most consistent with a neomorphic activity, whereas a loss of function or even dominant negative should be at least partially corrected by excess wild-type expression.
Confirming the genetic mechanism is critical for designing gene therapies, such as gene replacement or gene knockdown. As an example in neuromuscular diseases, spinal muscular atrophy can be treated by delivery of the wild-type SMN1 gene by AAV9-mediated delivery to motor neurons (Mendell et al., 2017). This is now an approved therapeutic approach for SMA. A similar gene replacement strategy was shown to be effective in a mouse model of CMT type 4J, caused by recessive mutations in Fig4 (Presa et al., 2021). However, the Gars transgenic mouse result showing that transgenic overexpression of the wild-type gene does not correct the phenotype argues against a gene replacement approach for GARS/CMT2D. Instead, the fact that heterozygous null mice and human carriers are healthy suggests that allele-specific knockdown of the mutant gene product while preserving the expression of the wild type allele should be an effective strategy. If done with complete efficiency and specificity, this strategy would effectively reproduce the heterozygous null situation and eliminate any neomorphic effect of the mutant protein.
This was indeed shown to be an effective strategy in mouse models (Morelli et al., 2019). Two alleles of Gars, including one carrying an engineered human disease-associated allele, were treated with allele-specific RNAis that precisely matched the mutant allele but mismatched with the wild-type mRNA. The RNAi was generated from an engineered mir30 microRNA shuttle that was expressed behind an RNA PolIII U6 promoter. This was delivered to the nervous system in vivo using self-complementary AAV9. When delivered at birth, 2–3 weeks before the onset of a neuropathy phenotype, the disease was almost completely prevented, and consistent with the perdurance of expression from AAVs, beneficial effects lasted at least 1 year. Benefit was still obtained with delivery after the onset of neuropathy, but decreased the later treatment was started. Whether the declining efficacy is because the phenotype is irreversible or whether it is because AAV9 spread and transduction efficiency decreases with age is unclear.
The preclinical gene therapy studies described above provide the in vivo proof-of-concept confirmation that eliminating the mutant gene product produces clinical benefit. It is likely that similar effects could be produced with other approaches, such as allele-specific antisense oligonucleotides. However, target sequence-specific strategies require extensive research and development and regulatory efforts for each new sequence entity. An alternative approach that may provide a “generic” strategy for any GARS mutation (or any dominant neomorphic mutation) is to knockdown all transcripts, mutant and wild type, and to replace them with a knockdown-resistant wild-type cDNA, ideally delivered in the same vector as the knockdown RNAi so that any cell getting the knockdown also gets the replacement. Such a strategy has been successfully executed in mice for alpha-1 antitrypsin (Li et al., 2011), and is being explored for GARS/CMT2D.
CELLULAR AND BIOCHEMICAL MECHANISMS SUGGEST THERAPEUTIC STRATEGIES
Axonal peripheral neuropathies are generally considered to be problems of axon degeneration and clearly axon degeneration disconnects neurons from their targets, whether these are sensory endings in the periphery, or muscles in the case of motor neurons. However, in Gars/CMT2D mouse models, it was also shown that while axons maintained neuromuscular junctions (NMJ), but had perturbed synaptic morphology and function at the NMJ (Spaulding et al., 2016). In fact, this was true even in proximal muscles that had little frank denervation. Therefore, part of the neuromuscular phenotype of these mice could be considered a myasthenia and not just an axonal neuropathy. This raises the possibility that therapeutics designed to enhance synaptic transmission at the NMJ may be beneficial in CMT2D. Whether defects in NMJ transmission are commonplace in other axonal neuropathies remains to be tested, but it stands to reason that the axons that remain intact in these diseases may not be functioning perfectly, and that this would manifest itself at the NMJ. This possibility is now being explored in a clinical trial in CMT patients (NCT04980807). Improving synaptic transmission at the NMJ is unlikely to address the core pathophysiology of these disorders and would therefore not necessarily be expected to slow progression or promote regeneration. However, it may improve function for patients who already have the disease, and a further exploration of NMJ involvement in different forms of CMT is warranted in both mouse models and patients.
Investigations of the neomorphic activities of mutant tRNA synthetases have focused on novel interactions mediated by the mutant protein that are not found in the wild-type protein. Mutations in both GARS and YARS (also known as GlyRS and TyrRS for proteins) result in conformational changes that potentially expose new protein surfaces, enabling novel interactions (Nangle et al., 2007; Xie et al., 2007; Blocquel et al., 2017). One intriguing interaction identified is the binding of Neuropilin-1 (NRP1) to mutant GlyRS (He et al., 2015). NRP1 is a developmental receptor that has both semaphorins and vascular endothelial growth factors (VEGFs) as ligands. Both semaphorin and VEGF signaling have neurodevelopmental roles, but the binding of mutant GlyRS specifically competes with VEGF. VEGF overexpression mitigates some aspects of the neuropathy seen in Gars mutant mice. The necessity of GlyRS binding NRP1 for the disease mechanism leading to neuropathy is called into question by the failure of NRP1 to bind ΔETAQ, a four amino acid internal deletion in GlyRS that causes a severe, early onset neuropathy in both mice and humans (Morelli et al., 2019). Nonetheless, several other neuropathy-associated mutant GlyRS proteins bind NRP1, as do CMT2N-associated alleles of AARS, suggesting that it may in some way be contributing to the disease severity and pathogenesis (He et al., 2015; Sun et al., 2021). This also suggests that small molecules to block this interaction or antibodies to clear mutant GlyRS proteins could be therapeutic strategies.
Recent results suggest an alternative biochemical mechanism that may extend more logically across the tRNA synthetase-associated neuropathies (Figure 1). The mutant forms of GlyRS and TyrRS bind their cognate tRNAs, but have a much slower off-rate, effectively resulting in the sequestration of the tRNAs and precluding their transfer to the ribosome to participate in translation. Consistent with tRNA sequestration being considered a toxic, gain-of-function activity, overexpression of mutant forms of GARS in HEK293 cells resulted in ribosome stalling at Glycine codons, as expected if the mutant enzymes were expressed at high enough levels to sequester tRNAs in cell types where the tRNAs are not typically limiting (Mendonsa et al., 2021). In addition to these biochemical findings, this mechanism is also supported genetically for GARS. The overexpression of tRNAGly rescues neuropathy and axon degeneration phenotypes in both mouse and fly models of GARS/CMT2D (Zuko et al., 2021). This is in contrast to overexpression of the wild-type synthetase in mice (Motley et al., 2011), which despite being active does not rescue, and would have a paucity of tRNA substrate to charge under this mechanistic model.
[image: Figure 1]FIGURE 1 | tRNA sequestration by mutant tRNA synthetases. (A) In normal tRNA charging, the amino acid binds the tRNA synthetase and is coupled with ATP to form an aminoadenylate intermediate. The amino acid is then charged onto the 3′ end of the cognate tRNA. The amino acid-charged tRNA is shuttled to the ribosome by eEF1A to participate in translation. (B) Mutant tRNA synthetases do not release the tRNAs to eEF1A, thus resulting in a paucity of charged tRNAs for translation elongation and subsequently ribosome stalling at Glycine codons (in the case of mutant glycyl tRNA-synthetase). The stalled ribosomes activate GCN2 and the integrated stress response, resulting in a suppression of global cap-dependent translation through eIF2α phosphorylation, and activation of ATF4 target gene expression.
The result of tRNA sequestration is stalling of elongating ribosomes at Glycine codons. Stalled ribosomes are potent activators of the kinase GCN2 and subsequently, the integrated stress response (ISR) (Inglis et al., 2019). Interestingly, mitochondrial dysfunction is also an ISR activator, and GlyRS is a bifunctional enzyme that also encodes the mitochondrial glycyl-tRNA synthetase (Turner et al., 2000). In fact, patients with recessive loss-of-function GARS mutations experience a multisystem developmental syndrome with mitochondrial abnormalities (Mcmillan et al., 2014; Oprescu et al., 2017). While mitochondrial dysfunction has not been explicitly ruled out as an activator of the ISR in mouse models of CMT2D, the fact that TyrRS (and all of the other known CMT-associated synthetases, AlaRS, HisRS, MetRS, and TrpRS) is cytosolic and not mitochondrial, yet CMT-associated YARS mutations in mice and humans cause a similar phenotype, argues against mitochondrial involvement as the primary disease mechanism.
The ISR is beneficial under many forms of cellular stress (Pakos-Zebrucka et al., 2016). For example, amino acid starvation also causes uncharged tRNA and stalled ribosomes, both of which activate GCN2. The result is the phosphorylation of elongation initiation factor 2-alpha (eIF2α). This globally suppresses cap-dependent translation. In addition, the translation of the stress-response transcription factor, ATF4, is increased through an upstream open reading frame mechanism that regulates its synthesis (Vattem and Wek, 2004). ATF4 promotes the expression of cell-type-specific stress response genes. Thus, by suppressing cap-dependent translation and enhancing expression of stress response genes, the ISR can be beneficial in the face of a transient stress such as amino acid starvation.
Importantly, in tRNA synthetase-associated CMTs, the ISR is not being activated by a transient stress, but instead by the chronic sequestration of tRNAs. In an analogous case of neurodegeneration caused by ribosome stalling during translation elongation due to a combination of a tRNAAla mutation and loss of GTPBP2, which rescues stalled ribosomes from mRNAs, the inhibition of GCN2 and the ISR is detrimental, exacerbating the associated neurodegeneration (Ishimura et al., 2014; Ishimura et al., 2016). However, in the case of Gars/CMT2D mouse models, genetically deleting or pharmacologically inhibiting GCN2 not only eliminates ISR activation, but also greatly mitigates the severity of the neuropathy phenotype (Spaulding et al., 2021). That an experimental drug was also effective in mitigating neuropathy in the Gars mice speaks to the translational potential of inhibiting GCN2 to treat dominant tRNA synthetase-associated peripheral neuropathies.
Although these studies provide a biochemical mechanism through which tRNA synthetase mutations may act and identify GCN2 as a therapeutic target, they do not directly resolve whether the neuropathy results from the further decrease in protein synthesis that results from phosphorylation of eIF2α, from a toxic effect of ATF4 target-gene expression, or from a combination of these ISR actions. Nor does this biochemical mechanism explain the cell-type specificity of the disease and why only alpha motor neurons and a subset of sensory neurons are affected. The finding that the ISR is similarly activated in both Gars and Yars mutant mice suggests that this mechanism may be in play across the tRNA synthetase-associated neuropathies, though this remains to be tested for mutations in HARS, WARS and AARS. Furthermore, though the Gars/CMT2D mouse models accurately recapitulate the human disease, it also remains to be determined whether the same ISR mechanism is active in human motor and sensory neurons. Circulating levels of one prominently upregulated, secreted ATF4 target gene, GDF15, were elevated in patients with tRNA synthetase mutations; however, GDF15 was also elevated in PMP22/CMT1A patients (Spaulding et al., 2021). This is interesting and may suggest GDF15 is a general biomarker for multiple forms of CMT, but it makes the direct relevance to ISR activation in the tRNA synthetase mutations less definitive. Confirming activation of the ISR and further exploring the biochemical mechanisms and cellular specificity of the disease are all questions that can be efficiently addressed using human cell-based models.
HUMAN CELL-BASED MODELS OF TRNA SYNTHETASE-ASSOCIATED NEUROPATHY
Rare diseases present a challenge for iPSC derivation and experimentation. Namely, patients are challenging to find and generating an experimentally robust battery of patient-derived cell lines accounting for multiple genes and multiple alleles of each gene, as well as other biological variables such as sex, age, and ethnicity may simply not be feasible. Other technical variables, such as the cell type from which the iPSCs were derived, the protocol for reprogramming those cells, and the culture conditions may all create additional complications, particularly if cell lines are being sourced globally and are not being generated through a centralized facility or research program. While there are large research programs attempting to overcome these challenges by increasing the number of control and mutant cell lines being compared, such as AnswerALS (https://www.answerals.org/), for most laboratories, it would quickly lead to even the simplest experiments becoming unwieldy.
One possible solution to these practical and technical challenges is to use engineered cell-based models. Efficient genome editing in human cell lines makes the introduction of most human disease-associated mutations in a “healthy control” iPSC line relatively straightforward (Figure 2). For rigor, these mutations can be introduced into multiple cell lines to begin to capture human genetic diversity. Cell-based models can also be engineered so that they can be reverted, such that both the parental cell line and the revertant can serve as controls for the mutated cell line. The use of revertant cells is most important when the pathogenicity of the allele is uncertain, or if only a single pathogenic variant is known or available, as is sometimes the case for rare diseases. For patient-derived cells, revertant cells would control for genetic background by fixing the causative mutation. In the engineered cells, revertant lines serve as a stringent control for the targeting and gene editing process required to introduce the mutation. The use of revertant strains may be unnecessary if a large number of independent disease-associated and healthy control cell lines are available. In such a case, rigor is provided by consistency across independent cell lines and the use of revertant cell lines could again make the approach unwieldy.
[image: Figure 2]FIGURE 2 | Schematic for modeling rare neuromuscular disorders using genetically engineered iPSCs. (A) KOLF2 iPSCs genetically engineered to carry CMT-associated GARS mutations can be differentiated into motor neurons, which are affected by CMT, and cortical neurons, which are not affected by CMT. The wild-type parental cells and revertant cells (which have had the introduced GARS mutation corrected back to WT) can be used as controls. (B) Translation assays, high content imaging and morphometrics, and gene expression analysis can be used to determine if the ISR is activated in GARS mutant motor neurons. (C) If motor neurons have the expected phenotype (ISR induction), then they can be used for further mechanistic experiments, such as ribosome stalling assays and analysis of biochemical properties of tRNA sequestration. These cells can also be used for high-throughput screens of therapeutics.
Another advantage of the engineered cell lines is that multiple, related mutations can be introduced independently into the same cell line. Thus, cell-based models, each carrying a disease-associated allele of GARS, for example, can be generated and compared to otherwise isogenic lines carrying mutations in other tRNA synthetase genes such as YARS, AARS, WARS or HARS. Much like engineering disease models in a single inbred mouse strain allows for consistency and an “apples-to-apples” comparison of phenotypes and mechanisms, these cell-based models should vary only in their disease-associated mutation or allele that they carry. This approach of introducing disease-associated variants into a well-defined cell line is being used to study genes and variants associated with Alzheimer’s and related dementias, through the iPSC Neurodegenerative Disease Initiative (iNDI) program, for example (Ramos et al., 2021).
In addition to the obvious advantage of demonstrating the same pathophysiological mechanisms are engaged in a human disease model, iPSC-based models also have advantages for exploring disease mechanisms (Figure 2). In the case of GARS/CMT2D, the human disease is a predominantly motor neuropathy, and there are no reproducible pleiotropic effects. In mouse models, the activation of the integrated stress response is specific to alpha motor neurons and a subset of sensory neurons, and presumably this indicates that ribosome stalling is restricted to these cell types. Consistent with this, when the ribosome rescue factor Gtpbp2 was genetically deleted, the neuropathy phenotype of Gars mice become more severe, providing indirect genetic evidence for ribosome stalling; however, the ISR did not appear in other cell types even after the ribosome rescue factor was deleted (Zuko et al., 2021).
This specificity of ribosome stalling presents a challenge for detailed studies of this mechanism in vivo. Motor neurons represent a small fraction of the total cells in the spinal cord, and ribosomes isolated from bulk tissue complicate interpretation of assays such as ribosome footprinting, in which RNase digestion removes mRNA except those regions protected by a stalled ribosome. Such assays could identify particular mRNAs or particular Glycine codons that are particularly sensitive to ribosome stalling in motor neurons. The latter may identify specific anticodon tRNAs that are most limiting after sequestration by the mutant synthetase. Since iPSCs can be differentiated to motor neurons with high efficiency, resulting in a relatively homogeneous population of cells, experiments such as ribosome footprinting will be much more straightforward in cell-based models, where ribosomes can be rapidly isolated from the bulk culture. It is even possible to generate specific sub-populations of motor neurons, such as cranial motor neurons, or limb-innervating lateral motor column motor neurons (Amoroso et al., 2013; An et al., 2019). This is additional degree of differentiation is potentially useful given that CMT2D primarily affects spinal alpha motor neurons.
The homogeneity and scalability of culture systems will also be an advantage for probing the cell-type specificity of ISR activation. The same iPSCs can be differentiated into motor neurons, where we expect to see ISR activation, or into a closely related cell type, such as cortical neurons, or even an unrelated cell type such as cardiac myocytes, where we do not expect to see ISR activation. Thus, detailed characterization of gene expression, codon usage, tRNA expression, and other parameters can be performed to see if they may explain why motor neurons exhibit ribosome stalling and ISR activation and other cell types do not.
ENHANCING CELL MATURITY AND EXPLORING CELL BIOLOGICAL MECHANISMS
While the homogeneity of an iPSC-based system can be a great advantage for the types of studies detailed above, it may also be beneficial for us to use a co-culture system with motor neurons and other relevant cell types. For example, human iPSC-derived co-cultures of astrocytes and motor neurons were recently used in a study showing that astrocytes exhibit non-cell autonomous effects on motor neurons in an in vitro ALS model (Zhao et al., 2020). For studies on neuromuscular disease, co-cultures of iPSC-derived motor neurons with skeletal muscle cells (such as those derived from C2C12 mouse myoblasts, primary human-derived myoblasts, or differentiated from hiPSCs, with varying degrees of difficulty and availability) to simulate a simplified version of the neuromuscular system present in vivo, and allowing for assays of NMJ function (Demestre et al., 2015; Picchiarelli et al., 2019; Lin et al., 2020; Yoshioka et al., 2020; Stoklund Dittlau et al., 2021). Furthermore, organoid culture systems allow for the differentiation of multiple cell types to form a miniature version and experimentally approachable model of the tissue of interest (Vieira de Sa et al., 2021). Recently, iPSC-derived human sensorimotor organoids, which contain motor and sensory neurons, skeletal muscle, astrocytes, microglia, and vasculature, have been used to assess how familial ALS mutations affect NMJ and muscle function in vitro (Pereira et al., 2021).
In addition to single-well co-cultures, a variety of multiple compartmentalized culture platforms are also available. These house the motor neurons and muscle cells in separate chambers with microgrooves between them, which allows the motor axons to extend through the grooves to form a spatially and chemically isolated synapse on the muscle cells (Santhanam et al., 2018; Altman et al., 2019; Ionescu and Perlson, 2019). An added benefit of this system is that treatments can be restricted to either the cell body compartment or the axon terminal/muscle compartment if using microfluidic chambers. A recently published protocol describes the creation of an “NMJ chip”—a 3D culture system with neurons and myocytes in separate compartments which form functional NMJs and allows imaging and functional assessment of the motor unit. The myocyte compartment contains two pillars made of flexible polydimethylsiloxane (PDMS) to which the myocytes attach to form a skeletal muscle bundle. Muscle contractile force is measured based on the flexion of the PDMS pillars (Osaki et al., 2018; Osaki et al., 2020). One advantage of the single-well co-culture systems is that they do not require specialized culture dishes; however, the compartmentalized system allows for localized treatment of axon terminals or neuronal cell bodies.
An intriguing hypothesis regarding the motor and sensory neuron sensitivity to tRNA synthetase mutations and ribosome stalling relates to translation in distal axons. In both mice and humans, it is the longest and largest axons that are most affected (Antonellis et al., 2003; Sleigh et al., 2014). Unfortunately, this invokes many possible mechanisms. Presumably these cells are more metabolically active to maintain their resting potential with the large cell volume and are more dependent on efficient axonal transport to maintain their distal processes, to name just two logical possibilities. However, they may also be more dependent upon local protein synthesis in the distal axon to maintain processes such as mitochondrial function that may not be sufficiently supported by transport of components from the cell body. The evidence supporting the importance of local protein synthesis in axons is increasingly convincing (Baleriola and Hengst, 2015; Spaulding and Burgess, 2017; Fernandopulle et al., 2021). Axonal translation could intersect with the tRNA sequestration mechanism described above for tRNA-synthetase-associated neuropathies if the tRNAs become limiting, and therefore most susceptible to sequestration, in the distal axon. This is very challenging to test in vivo, but is straightforward to test in vitro using compartmentalized culturing systems, which would allow levels of both mRNAs and tRNAs in axons to be compared to levels in cell bodies. In addition, manipulations such as GCN2 inhibitors could be applied specifically to axons or cell bodies to see if one compartment or the other was the primary site of ISR activation. It is unclear how such experiments could be done in vivo.
Thus, while caveats remain such as the maturity of the cells in culture and whether the ISR will in fact be activated in vitro, the iPSC cell-based models have the potential to greatly expand the level of mechanistic studies regarding translation and ribosome stalling. The cells also offer a rapid system for testing GCN2 and ISR inhibitors, with cellular level readouts of ISR such as levels of phospho-eIF2α, phospho-GCN2, or ATF4, even if frank axon degeneration is not evident in the culture system. Importantly though, even though the iPSC model may have also led to the discovery of ISR activation, the in vivo animal models were necessary to show that GCN2/ISR inhibition was an effective treatment for neuropathy given that in other neurodegenerative conditions it has been found that activation of the ISR is actually neuroprotective (Ishimura et al., 2016; Sidoli et al., 2016). With this knowledge, the studies in the cell-based models can be interpreted with the sound assumption that inhibiting the ISR in vitro should be beneficial for treating neuropathy in vivo.
SCALABILITY
The findings and proposed research above present a template for studies of rare neuromuscular diseases using a combination of animal and human cell-based models. Animal models reveal genetic mechanisms, leading to gene therapy strategies that can then be tested for in vivo efficacy in those same models. Similarly, animal models can reveal mechanistic insights that may again suggest therapeutic strategies, such as the identification of ISR activation as a contributor to the pathophysiology and GCN2 as a drug target for GARS/CMT2D. Human cell-based models can be used to confirm those same mechanisms. They also provide a higher throughput platform of compound testing and a more homogeneous system for biochemistry and -omics studies, at least compared to a cell type such as motor neurons, where the cells of interest represent a small proportion of cells resident in the tissue. However, this example is still incomplete, as the cell-based models are in their early stages of analysis, and it already represents 18 years of work if the identification of GARS as the causative gene for CMT2D is considered the start date. In light of this, what are the prospects for streamlining such studies and doing them at scale?
With current technologies and infrastructure, it is feasible to generate hundreds of genetically modified mouse strains every year. This is exemplified by large programs such as the Knockout Mouse Phenotyping Program (KOMP2), and even small-scale programs such as the Resource for Research on Peripheral Neuropathy (RRPN, NINDS R24 NS098523), which was able to generate multiple mouse models of human disease in any given year at the scale of a single lab and modest funding. The KOMP2 phenotyping pipeline was established to capture data for gene knockouts for the entire mammalian genome, and is (intentionally) broad and not deep for any specific physiological system (Brown et al., 2018). A given phenotype domain, such as neuromuscular performance, may be covered by only one or two tests, and is not supported by detailed physiology, histology, or biomarker analysis. Therefore, high-throughput pipelines such as KOMP2 are best suited for establishing baseline data to describe gene function, and as discovery tools to identify and prioritize disease-relevant mutant phenotypes for more extensive analysis. The output from the program has been significant. For example, data from the International Mouse Phenotyping Consortium (IMPC), to which KOMP2 contributes, has revealed that ∼40% of all lines generated have phenotypic overlap with human disease and that for a significant majority, the IMPC model was the first mutant mouse line reported for the gene-disease (Meehan et al., 2017). IMPC data has been mined to identify novel disease-relevant phenotype associations for deafness, metabolic disease, and skeletal abnormalities, among others (Bowl et al., 2017; Rozman et al., 2018; Swan et al., 2020). Although the KOMP2 program has focused on generating null alleles, repurposing this capacity for more precise and/or disease-relevant alleles is quite feasible, and would take full advantage of the engineering and production platforms investments made to support these programs.
Despite the potential benefits of high-throughput phenotyping for target discovery and disease gene prioritization, a significant phenotyping gap remains to not only make them convincing human disease models, but also to provide the necessary information for future mechanistic and preclinical studies. Mechanistically, parameters such as the cell-autonomy and tissue-specificity of the pathophysiology, or whether the disease is developmental or degenerative need to be determined, to name just two important considerations. For preclinical studies, the age of onset, potential for sex-specific differences, the most informative outcome measures, and the rate of progression all need to be determined before any therapeutic testing can begin. While these analyses can be pipelined to some extent by running a standard battery of tests, each mouse model, like each human disease, inevitably has specific characteristics that need to be addressed, requiring a deviation from the script. All of this requires a certain amount of bespoke analysis and represents a somewhat slow and somewhat trial-and-error process that reduces throughput.
Generating in vivo animal models through other technologies such as viral delivery of mutant genes is also an option to increase throughput. This requires the generation of many different allele sequences and packaging these into viruses for in vivo delivery, but these technologies are well established. Constraints on this system are the size of constructs that can be packaged into viral vectors, and that such overexpression systems, at least in a wild-type background, will only model gain-of-function or dominant-negative alleles. Nonetheless, this approach has been used effectively in C9ORF72 ALS, and has been attempted for GARS/CMT2D (Table 1), although axonopathy was not described (Lee et al., 2014; Seo et al., 2014; Chew et al., 2015; Herranz-Martin et al., 2017). While such viral approaches allow a large number of alleles to be generated, phenotyping is still required.
Cell-based models may offer greater opportunity to increase scale. For diseases with relatively large patient populations, generating a large and diverse patient-derived iPSC collection may be feasible. This strategy is currently being used for sporadic forms of ALS (SALS) by the Answer ALS Research Project, who hope to gather and characterize iPSCs from 1000 SALS patients to find biomarkers of the disease, determine why motor neurons are the primary affected cell type, and what role genetic background plays in these sporadic cases (https://www.answerals.org/). For rarer mutations, engineering disease-associated mutations into control iPSC lines is feasible at reasonable scale. The iNDI program is an example, where over 100 alleles of Alzheimer’s and related dementia genes will be engineered into a “healthy control” iPSC line and then phenotyped in an automated platform (Ramos et al., 2021). The approach of engineering mutations into an otherwise isogenic background has other potential benefits, as described above. Provided the cell types of interest have established differentiation protocols, experiments can largely be done using high-content imaging platforms and automated morphometry and related assays. Similarly-omics studies are highly feasible in such models. Additional assays, such as mitochondrial function, organelle trafficking, etc. can also be done with reasonable throughput. Cell lines do not necessarily have to recapitulate the disease to be useful. For example, if iPSCs engineered to carry GARS/CMT2D mutations show ISR activation when differentiated to motor neurons, this will be a useful model even if they do not show axon degeneration. However, this requires sufficient understanding of the disease mechanism to accurately interpret these secondary phenotypes. Ultimately, gaining that level of understanding may require an in vivo model, which may again limit the scale of these studies. Nonetheless, the cell-based models may identify mechanisms to be tested in vivo, improving efficiency, and once such mechanisms are identified, the cell-based systems provide an efficient platform for testing interventions. Approaches such as transcriptomics or biomarker analysis may also provide ways to readily bridge cell-based models with in vivo results and predictions.
An example of the successful use of an iPSC-based platform to interrogate disease mechanism with the goal of bringing a therapeutic to the clinic was done using cell-based models of amyotrophic lateral sclerosis (ALS). Patient iPSC-derived motor neurons with a disease-causing mutation in superoxide dismutase 1 (SOD1) were found to exhibit hyperexcitability. This was similar to findings from clinical neurophysiological studies (Wainger et al., 2014). This phenotype was abolished when the SOD1 mutation was reversed in the cells using CRISPR genome editing (Kiskinis et al., 2014). In addition, it was found that the hyperexcitability was conserved across multiple forms of ALS using iPSC-derived motor neurons from patients with mutations in C9ORF72, FUS, and different SOD1 alleles (Wainger et al., 2014). The hyperexcitability was successfully corrected and motor neuron survival increased when treated with the drug ezogabine (also known as retigabine), a Kv7.2/3 potassium channel agonist used to treat epilepsy (Wainger et al., 2014). Data from these studies led to a recently published double-blind, placebo-controlled phase 2 clinical trial using ezogabine to reduce motor neuron hyperexcitability in both familial and sporadic ALS patients. Notably, this drug was not tested in the canonical SOD1 transgenic mouse model of ALS before moving to clinical trials, as the human cell-based data was deemed sufficient (Mcneish et al., 2015; Wainger et al., 2021).
ADDRESSING SCALABILITY
While the challenges of creating, validating and using disease models at scale are significant, they are at least somewhat addressable. CRISPR/Cas9 technology allows for the rapid creation of patient-based mutations in mice. Mutations in any one disease gene can be strategically prioritized based on criteria, such as common mutations based on founder affects or mutations that may be more amenable to genomic based therapeutic strategies, such as ASOs, read through drugs, or gene therapy. By creating an allelic series for a particular disease-causing gene, potential therapeutics can be properly aligned with specific mutations. Phenotyping of these mouse models can also be strategically prioritized by matching prominent clinical features of the patients with a battery of tests in mice that would zero in on these deficiencies. The creation of these mini-pipelines allows for a first pass, direct interrogation of translationally relevant preclinical phenotypes that can be rapidly evaluated with specific therapeutics. Keeping in mind that ultimately, not every clinical feature in a patient may be addressable. The goal of many therapeutics is not curative but is to alleviate some of the features with the goal of improving the quality of life for patients.
Approaches for achieving this are being piloted by programs such as the JAX Center for Precision Genetics. This NIH-funded program seeks to better integrate current efforts in human genetics, disease modeling both in mice and in other systems, and preclinical studies to lessen the time from gene discovery to clinical trial. An important part of this effort is bioinformatics, to evaluate the feasibility/necessity for making a model and for optimizing the probability that such a model will be successful. For example, if a disease mechanism or relevant biological pathway is known, are some strains of inbred mice more or less likely to be good genetic backgrounds for producing valid disease models based on known differences in those pathways across mouse strains? As described above, the genome engineering capacity, although ultimately finite, is unlikely to be limiting. Instead, the phenotyping capacity for validation of disease models, as well as evaluating preclinical studies are still the most labor intensive and time-consuming phase. It is not making the model that is the challenge in 2021, it is proving it is a valid model and using it productively that takes time and effort.
SUMMARY
We have provided an example of a rare neuromuscular disease, inherited peripheral neuropathy caused by dominant tRNA synthetase mutations, as a demonstration of how mouse and human cell-based models can be integrated to understand disease mechanisms, test therapeutic approaches, and improve the likelihood of successful translation to clinical practice. Both in vivo models such as mice and human cell-based models have advantages and limitations. Relying on either alone has risks, so the clear solution is to incorporate both approaches and thus hopefully minimize those risks. For each, the challenge currently is not genetically engineering the model, it is the effort of validating the model as disease-relevant and using it in well-designed preclinical studies. This is being successfully done for many diseases besides inherited peripheral neuropathies, but it remains a challenge to do it at a scale that will rapidly deliver results for the ∼7,000 rare diseases now identified.
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Muscle spindles are sensory organs that detect and mediate both static and dynamic muscle stretch and monitor muscle position, through a specialised cell population, termed intrafusal fibres. It is these fibres that provide a key contribution to proprioception and muscle spindle dysfunction is associated with multiple neuromuscular diseases, aging and nerve injuries. To date, there are few publications focussed on de novo generation and characterisation of intrafusal muscle fibres in vitro. To this end, current models of skeletal muscle focus on extrafusal fibres and lack an appreciation for the afferent functions of the muscle spindle. The goal of this study was to produce and define intrafusal bag and chain myotubes from differentiated C2C12 myoblasts, utilising the addition of the developmentally associated protein, Neuregulin 1 (Nrg-1). Intrafusal bag myotubes have a fusiform shape and were assigned using statistical morphological parameters. The model was further validated using immunofluorescent microscopy and western blot analysis, directed against an extensive list of putative intrafusal specific markers, as identified in vivo. The addition of Nrg-1 treatment resulted in a 5-fold increase in intrafusal bag myotubes (as assessed by morphology) and increased protein and gene expression of the intrafusal specific transcription factor, Egr3. Surprisingly, Nrg-1 treated myotubes had significantly reduced gene and protein expression of many intrafusal specific markers and showed no specificity towards intrafusal bag morphology. Another novel finding highlights a proliferative effect for Nrg-1 during the serum starvation-initiated differentiation phase, leading to increased nuclei counts, paired with less myotube area per myonuclei. Therefore, despite no clear collective evidence for specific intrafusal development, Nrg-1 treated myotubes share two inherent characteristics of intrafusal fibres, which contain increased satellite cell numbers and smaller myonuclear domains compared with their extrafusal neighbours. This research represents a minimalistic, monocellular C2C12 model for progression towards de novo intrafusal skeletal muscle generation, with the most extensive characterisation to date. Integration of intrafusal myotubes, characteristic of native, in vivo intrafusal skeletal muscle into future biomimetic tissue engineered models could provide platforms for developmental or disease state studies, pre-clinical screening, or clinical applications.
Keywords: muscle spindle, intrafusal, proprioception, neuromuscular, mechanoreceptor, afferents, skeletal muscle, myotubes
INTRODUCTION
Muscle spindles (MS) are mechanosensory organs that detect and mediate static and dynamic information about skeletal muscle fibre length, as well as rate and extent of strain (Thornell et al., 2015). There are three sub-types of intrafusal fibre; nuclear bag1, bag2 and chain, each have a unique morphology, innervation pattern and protein expression profiles, which contribute to a distinctive functional response to static and dynamic muscle stretch. Nuclear bag fibres have a distinctive fusiform shape with a clustering of nuclei at the equatorial region, nuclear chain fibres have a linear morphology and nuclear alignment (Macefield and Knellwolf, 2018). MS provide a significant contribution to proprioceptive function, which can be described as the sense of position and movement of parts of the body relative to one another (Macefield and Knellwolf, 2018). Impairment of proprioception and dysfunction of the MS is linked with many neuromuscular diseases including; multiple sclerosis (Feys et al., 2011; Prather et al., 2011; Fling et al., 2014) Parkinson’s disease (Conte et al., 2013; Teasdale et al., 2017), muscular dystrophy (Ovalle and Dow, 1986), and peripheral nerve injuries (Cope et al., 1994; Haftel, 2005; Ruijs et al., 2005; Maas et al., 2007; Bullinger et al., 2011; Prather et al., 2011). Proprioceptive function also deteriorates in diabetic patients (van Deursen et al., 1998; Muller et al., 2008; Muramatsu et al., 2017) and during aging (Miwa et al., 1995; Shaffer and Harrison, 2007). Proprioceptive dysfunction can cause a considerable alteration in the regulation of the speed and precision of limb movement. These effects cause significant physical limitations, including; disruption to balance, locomotion and postural stability (van Deursen et al., 1998; van Deursen and Simoneau, 1999; D’Silva et al., 2016; Ettinger et al., 2018; Ferlinc et al., 2019), which can significantly negatively impact upon the individual’s quality of life (Teasdale et al., 2017).
The muscle spindle proprioceptive system have been extensively studied in vivo, whereby studies conducted in mice, rats and cats have formed the basis of much of our current understanding (Banks, 1994, 2015; Macefield and Knellwolf, 2018). Intrafusal fibres develop from primary myotubes, whereby the onset of intrafusal specification coincides with Ia afferent innervation and initiates spindle morphogenesis (Chal and Pourquié, 2017). Approaching Ia afferents release neuregulin-1 (Nrg-1), which binds primary muscle tyrosine kinase receptors ErbB (2-4) (erythroblastic leukemia viral oncogene homologue), resulting in downstream expression of the early growth response protein-3 (Egr3) (Tourtellotte and Milbrandt, 1998; Tourtellotte et al., 2001; Albert et al., 2005; Oliveira Fernandes and Tourtellotte, 2015). Disrupting any of these key mechanisms in vivo results in aberrant MS development and function (Tourtellotte and Milbrandt, 1998; Andrechek et al., 2002; Hippenmeyer et al., 2002; Leu et al., 2003; Jacobson et al., 2004; Albert et al., 2005; Herndon et al., 2014; Oliveira Fernandes and Tourtellotte, 2015). To date most skeletal muscle models often neglect the integrated nature of the neuromuscular system by not accounting for afferent functions mediated via the muscle spindle. Such experiments are expensive, time consuming and extremely difficult in vivo considering the an adult human contains only about 50,000 muscle spindles (Kröger and Watkins, 2021).
Therefore, in vitro models of the MS offer the possibility to study the cellular and molecular mechanisms regulating development, function and the effect of injury and disease, in a highly controlled environment. To develop a representative model in vitro, it is necessary to identify and recapitulate native tissue characteristics. In vivo, postnatal intrafusal fibres contain a higher number of paired-domain transcription factor 7 (PAX7) positive satellite cells and retain the expression of embryonic satellite cell marker, paired-domain transcription factor 3 (PAX3) (Horst et al., 2006; Kirkpatrick et al., 2008, 2010). Their myonuclei maintain the expression of an early myogenic regulatory factor (MRF), Myf5 (Zammit et al., 2004), they remain comparatively small and have reduced myonuclear domains (volume of sarcoplasm per myonucleus) compared to extrafusal fibres (Kozeka and Ontell, 1981). They also have preferential expression of embryonic (MyHC3), neonatal (MyHC8) and specialised (MyHC6, MyHC7b) myosin heavy chains (MyHC) (Walro and Kucera, 1999; Liu et al., 2002), concomitant with the retained expression of developmental protein, Egr3 (Tourtellotte and Milbrandt, 1998; Oliveira Fernandes and Tourtellotte, 2015). To this end, when developing an in vitro model, it would be prudent to measure the characteristics outlined above.
Despite this, characterisation in vitro has largely relied on morphological identification of what have been termed “bag myotubes” (intrafusal nuclear bag fibres), alongside expression of developmental proteins or putative phenotypical proteins of intrafusal fibres as characterised in vivo (Jacobson et al., 2004; Rumsey et al., 2008; Colón et al., 2017, 2020; Guo et al., 2017; Qiao et al., 2018). Previous in vitro studies for the purpose of developing de novo intrafusal muscle fibres have indicated that Nrg-1 treatment (100–160 ng/ml, 12.5–20 nM) causes an increase in bag-like myotubes with an expanded equatorial region and centrally clustered nuclei in primary human and rat cells (Rumsey et al., 2008; Colón et al., 2017; Guo et al., 2017; Qiao et al., 2018), paired with high magnification images of bag myotube specific MyHC6 and Egr3 staining. (Rumsey et al., 2008; Colón et al., 2017). To date, the only quantitative protein (western blot) analysis of myogenic cells following Nrg-1 (8 ng/ml, 1 nM) treatment indicated a sharp increase of approximately 6-fold in both MyHC8 and a slow developmental isoform (Jacobson et al., 2004) (in other papers this refers to the s46 antibody (Tourtellotte et al., 2001; Albert et al., 2005), which recognises MyHC6) (Jacobson et al., 2004). However, unlike the Hickman papers, MyHC6 immunoreactivity is not exclusive to the Nrg-1 treated myotubes and there is no mention of gross morphological changes following Nrg-1 treatment and therefore no mention of bag myotube specificity associated to MyHC6.
Current models have now progressed rapidly to incorporate afferent and efferent innervation with induced pluripotent stem cell (iPSC)-derived intrafusal myotubes, while overlooking some basic structural and molecular characterisation (Colón et al., 2017; Guo et al., 2017). The extent of de novo, in vitro intrafusal fibres structural and physiological similarity to native intrafusal fibres is not yet fully elucidated. Therefore, there is a need to further characterise cell engineered, Nrg-1 induced intrafusal myotubes before they can become platforms to integrate muscle spindle associated proprioceptive physiology, disease state modelling or clinical applications. Furthermore, despite the advances in iPSC and primary cell technologies, there are significant challenges with using these cells. Myogenic cell lines (e.g., the C2C12 cell line) provide established, fusion-competent cells, are affordable, sustainable and are easy to maintain. However, the capacity for intrafusal myotube differentiation following Nrg-1 supplementation in myogenic cell lines is currently unknown.
Current literature relies a subjective determination of intrafusal morphology by the investigator (Rumsey et al., 2008, 2010; Colón et al., 2017, 2020; Guo et al., 2017). To improve objectivity, statistical morphological parameters for assigning intrafusal bag myotubes from a heterogeneous population need to be defined. Secondly, MyHC isoform protein sequences are very similar, which has suggested limitations caused by cross-reactivity of antibodies (Thornell et al., 2015). Since MyHC expression is controlled at the transcriptional level (Schiaffino et al., 2015), MyHC gene expression could be a suitable alternative to detect intrafusal specific patterns (Brown et al., 2012).
In addition, there are muscle spindle specific targets, which have not yet been applied for in vitro characterisation. These are; Ets variant 4 (Etv4) (Arber et al., 2000; Hippenmeyer et al., 2002), Glial cell derived neurotrophic factor (Gdnf) (Shneider et al., 2009; Schiaffino and Reggiani, 2011), neurotrophin-3 (NT3) (Chen et al., 2002; Kröger and Watkins, 2021), low- affinity neurotrophin receptor p75 (Ngfr), somatostatin receptor type 2 (Sstr2) and the type III inter- mediate filament peripherin 1 (Prph1) (Albert et al., 2005).
In vitro skeletal muscle research has gained momentum over the past 10 years, however there are still relatively few publications tackling cell and tissue engineering approaches to generating de novo intrafusal muscle fibres in vitro (Barrett et al., 2020) and they are not without some inconsistencies, described previously. This study presents an objective, novel method for assignment of intrafusal bag morphology and the most in-depth characterisation of myotubes following Nrg-1 treatment to-date. The aim was to determine the degree to which Nrg-1 induces an intrafusal fibre-like morphology and the extent the myotubes recapitulate features of native intrafusal fibres. Developing a well characterised in vitro model of intrafusal fibres using C2C12 myoblasts, will provide an investigative tool for developmental physiology, the framework for multi-cell, innervated, integrated models of the muscle spindle and relevant disease models in a defined, controlled and highly reproducible manner.
METHODS
Cell Culture
C2C12 cells were seeded at a density of 10,000 cells/cm2 in growth medium (GM), consisting of high glucose Dulbecco’s modified eagle’s medium (DMEM; Sigma-Aldrich, United Kingdom), 10% foetal bovine serum (FBS; Gibco, United Kingdom), 1% antibiotic/antimycotic solution (AS; HyCloneTM from Thermo Fisher, United Kingdom) until confluent (3 days) at 37°C and 5% CO2. At day 0, cells were encouraged to differentiate by replacing the medium to low serum differentiation medium (DM) consisting of DMEM, 2% Horse serum (HyCloneTM from Thermo Fisher, United Kingdom) and 1% AS and cultured for 8 days at 37°C and 5% CO2 (Figure 1). Half DM was replaced every 48 h. To induce Intrafusal fibre differentiation, DM was supplemented with 100 ng/ml recombinant Nrg-1 (R&D systems, United States).
[image: Figure 1]FIGURE 1 | Cell culture experimental timeline used to tissue engineer intrafusal skeletal muscle fibres for downstream analysis. IF (Immunofluorescence microscopy), RT- qPCR (Reverse Transcription Quantitative Polymerase Chain Reaction), WB (Western Blot), PB (PrestoBlue).
Immunofluorescent Microscopy
Adherent cells in 24 well plates were fixed with 4% paraformaldehyde diluted in molecular grade water for 15 min at room temperature. Cells were permeabilized with 0.25% Triton X-100 in (Sigma-Aldrich, United Kingdom) PBS and blocked with 5% Horse serum (HyCloneTM from Thermo Fisher, United Kingdom) for 30 min. Fixed and permeabilized cells were incubated with primary antibodies Egr3 (Santa Cruz Biotechnology, United States, c-390967), MyHC3 (Santa Cruz Biotechnology, sc-53091), MyHC6 (Novus Biologicals, United States, NB300-284) or MyHC8 (Invitrogen™, PA5-72846 through Thermo Fisher Scientific, United Kingdom) at 1:200 at 1:100, 1:100, 1:300 and 1:200, respectively, then incubated at 37°C for 2 h. Secondary antibodies Goat Anti-Mouse 488 (Abcam, United Kingdom, ab150113) or Goat Anti-Rabbit (Abcam, United Kingdom, ab150077) were incubated at 1:1,000 concurrently with NucBlueTM DAPI (Thermo Fisher, United Kingdom) and Phalloidin (Alexa Fluor, A12380) for 1 h at room temperature. Prior to imaging, PBS was removed from the wells and cells were imaged using a ZEISS Axio Observer or ZEISS LSM 880 fluorescent microscope.
Egr3 Staining Intensity Calculations
All images were taken using the same camera and settings on Zeiss Axio Observer. In Fiji (Schindelin et al., 2012), background fluorescence was removed from images prior to experimental intensity measurements. The background fluorescence was determined by a threshold that removes 99% of positive pixel coverage (grey scale intensity above 0) from a primary negative image. Egr3 image coverage was determined as the total pixels expressing above background fluorescence divided by the total image pixels. Egr3 intensity per nuclei was calculated by dividing total image pixel intensity above background by total image nuclei number. Considering the majority of Egr3 expression occurs in the nucleus, and nuclei numbers are different between groups, making Egr3 expression relative to nuclei number negates the effect of nuclei number on Egr3 expression. Egr3 positive nuclei were visualised following background subtraction by comparing overlap with the DAPI channel.
Quantification of Myotube Morphogenic Parameters
Using fluorescent micrographs from the control cultures at 8 days differentiation, 10 myotubes were manually identified from the mix of images from three biological repeats, each with three technical repeats. They were assigned as either having a typical linear (uniform shape and linear nuclei arrangement), assigned as linear myotube or bag-like morphology (bulging equatorial region with clustered nuclei (Banks, 2015), assigned as bag myotube. A myotube is defined by a single fibre, as defined by actin stain (phalloidin) and containing three or more nuclei (DAPI). The largest and smallest diameter, clearly visible and not interfered by an overlapping myotube were measured in Fiji and used to calculate a diameter difference ratio (DDR) between those measures. Plotting DDR defines two distinct, statistically significantly populations for linear and bag myotubes (Figure 2). The Mean DDR ratio of linear and bag fibres was 1.81 ± 0.37 and 4.03 ± 1.32, respectively (p < 0.001). The standard deviation sets the range of the two distinct myotube populations: Linear myotube ≤ 2.18, Bag myotube ≥ 2.71, 2.18 < Unassigned myotube < 2.71. This novel method of identifying intrafusal bag fibre morphologies from a heterogeneous myotube population eliminates a significant degree of investigator subjectivity and bias. Fusion efficiency was calculated as the total number of nuclei within myotubes divided by the total image nuclei.
[image: Figure 2]FIGURE 2 | Defining bag and linear myotubes using Diameter Difference Ratio (DDR). (A) Representative fluorescent image with diameter measurements from linear myotubes in yellow and bag myotubes in pink. Phalloidin (red) DAPI (blue) (scale bar, 20 µm). (B) Scatter dot plot comparing DDR in Linear and Bag myotubes. Table below displays the mean and standard deviation from the graph which were used to determine the range for myotube populations. Mean ± SEM, n = 10, ***p < 0.001.
RNA Extraction, cDNA Synthesis and RT-qPCR
RNA was extracted using the phase separation TRI Reagent® and chloroform method (Rio et al., 2010) (reagents from Sigma-Aldrich, United Kingdom). The total RNA obtained was quantified and tested for integrity using the NanoDrop™. The RNA was then transcribed into cDNA using the High-Capacity cDNA Reverse Transcription Kit (Applied Biosystems through Fisher Scientific, United Kingdom) on the T100™ Thermal Cycler (Bio-Rad, United Kingdom). Primers were designed using Primer-BLAST (Ye et al., 2012) for an annealing temperature (Ta) of 60°C, with exception of Myh4 (Zhou et al., 2010), Myh6 (Zhou et al., 2010), Csnk2a2 (Hildyard and Wells, 2014) and Myf5 (Brown et al., 2012). Primer sequences are shown in Table 1 and were ordered from Sigma-Aldrich (United Kingdom). To be included in the study, primers needed an efficiency of 90–115%, an r2 over 0.95 and contain a single melting peak (Bustin et al., 2009). Myh15 is missing due to very low CT expression at the experimental cDNA concentration ranges. Gene target amplification utilised the iTaq™ Universal SYBR® Green Supermix on the CFX96™ Touch System (Bio-Rad, United Kingdom). Reactions wells were 10 μl, containing 20 ng of sample cDNA, alongside a primer concentration of 0.2 μM. Reactions were carried out in triplicate on 96 well plates. Samples were pre-incubated at 95°C for 5 min followed by 40 PCR amplification cycles (denaturation: 95°C for 10°s; annealing & extension: 60°C 30°s), followed by a melt curve analysis. MIQE guidelines were followed to ensure experimental transparency and repeatability (Bustin et al., 2009). Relative gene expression was calculated using the ΔCt and 2-ΔΔCt method (Schmittgen and Livak, 2008), normalising to the reference gene casein kinase 2, alpha prime polypeptide (Csnk2a2) and expression made relative to the experimental control mean for each plate. To compare the percentage composition of Myh (Figure 4B), Target Myh expression was made relative to total Myh delta CT expression for that individual sample. When repeated for all detectable Myh genes, data can be used to display the proportional representation of Myh gene expression.
TABLE 1 | Sequence, accession code and efficiency of primers used for mRNA analysis.
[image: Table 1]Western Blotting
To lyse cells, RIPA buffer containing protease inhibitor at 1:100 dilution (both Sigma-Aldrich, United Kingdom) was used. Lysed cell suspensions underwent protein concentration quantification using the Pierce™ BCA Protein Assay Kit (Thermo Fisher, United Kingdom), as per the manufacturer’s instructions. Working solutions were made up to 0.8 μg/μl with RIPA and 2x Concentrate Laemmli Sample Buffer (Sigma-Aldrich, United Kingdom) and 20 μg per sample were loaded onto 4–15% Mini-PROTEAN® TGX™ Precast 10-well protein gels and run at 200 V for approximately 40 min using the Mini-PROTEAN® Tetra Cell and PowerPac™ 300 using tris-glycine SDS running buffer (all Bio-Rad, United Kingdom). Protein ladder SeeBlue™ Plus 2 Pre-stained Protein Standard (Invitrogen™ through Thermo Fisher, United Kingdom) was used. Proteins on the gels were then dry transferred onto nitrocellulose membranes using Trans-Blot® Mini Nitrocellulose Transfer Packs and the Trans-Blot® Turbo™ Transfer System (Bio-Rad, United Kingdom). Membranes were blocked for 1 h with 5% skimmed milk (Sigma-Aldrich, United Kingdom) in tris-buffered saline and 1% Tween 20 (TBST) (both Bio-Rad, United Kingdom), then incubated with 1° antibodies for Egr3, MyHC3, MyHC6 or MyHC8 (Same as immunofluorescent microscopy antibodies) at 1:250, 1:500, 1:500 and 1:500, respectively. Simultaneously incubating with loading control GAPDH at 1:10,000 (Abcam, United Kingdom, ab8245) in 5% skimmed milk overnight at 4°C followed by TBST washes. 2° antibodies IgG-HRP anti-mouse (Novus Biologicals, HAF018) and IgG-HRP anti-rabbit (Abcam, United Kingdom, ab6721) at 1:1,000 dilutions were incubated for 1 h in 3% skimmed milk, followed by three 15 min washes with TBST. Blots were then developed using Pierce™ ECL Western Blotting Substrate (Thermo Fisher, United Kingdom) and imaged using the ChemiDoc™ XRS imaging system and Image Lab™ software (Bio-Rad, United Kingdom). Quantification was performed in FIJI (Schindelin et al., 2012) and Microsoft Excel using an adjusted relative density method (Taylor et al., 2013).
Cell Proliferation and Metabolic Assay
After the cell culture protocol explained above, DM plus 10% PrestoBlue® (Thermo Fisher, United Kingdom) viability reagent was added to each well and incubated at 37°C for 2 h. Media was transferred in triplicates into 96 well plates and fluorescence read at 600–640 nm. Relative fluorescent unit (Rfu) readings were corrected to media only controls and then fold change from Nrg-1 treated cells was calculated relative to untreated controls. Cell counts were performed at Day 0 and Day +8 using NucBlueTM Hoechst 33342 (Thermo Fisher, United Kingdom).
Statistics
All statistical tests were performed in SPSS and GraphPad prism 9.0. t- test and ANOVA (with post-hoc Tukey test) analysis were completed in Graph pad 9.0. Firstly, the data was checked for normal distribution using Shapiro-Wilk test. If normally distributed, a student’s t-test or parametric ANOVA was used to ascertain significance. If not normally distributed, a Mann-Whitney t test was used. Egr3 intensity data was square root transformed prior to ANOVA analysis, providing a normally distributed data set (Bland and Altman, 1996). Nuclei Count data per myotube were analysed (treatment and fibre type effect) using negative binominal regression analysis, which accounted for data overdispersion and best fit the distribution of data (Hardin and Hilbe, 2014). All experiments, apart from western blot, were completed with an n of 9, consisting of three experimental (separate vial or plate) with three technical (well) repeats and one image from each repeat was analysed. Western Blot analysis had an n of 3, consisting of three experimental repeats ran (1 per lane) on three seperate blots. All raw data stated in the text is followed by ±Standard error of mean (SEM) when applicable.
RESULTS
Nrg-1 Treated C2C12 Myotubes Contain Increased Intrafusal Bag Myotubes and Nuclei Number
To assess how Nrg-1 effects C2C12 myotube morphology, fluorescent microscopy targeting cell cytoskeleton (Phalloidin) and nuclei (DAPI) was used. Nrg-1 treatment leads a substantial change in myotube morphology (Figure 3A), in which there are visually more equatorially clustered nuclei with expanded myotube diameters. When analysed using DDR, this translates to an increase in bag myotubes from 8.52 ± 5.56% to 41.61 ± 6.77% (p < 0.01). Nuclei per field of view increased from 104.80 ± 3.56 in control to 136.30 ± 6.77 (p < 0.001) following Nrg-1 treatment (Figure 3B). There are no significant changes to other myogenic morphological criteria such as fusion efficiency (Control: 46.88 ± 2.68% v Nrg-1: 47.41 ± 2.82%) or myotubes per FOV (Control: 8.33 ± 0.82 v Nrg-1: 9.22 ± 0.88). In both control and treated populations, bag myotubes contain significantly more nuclei than linear fibres (8.09 ± 1.06 vs 5.48 ± 0.27 and 8.33 ± 0.76 vs 6.10 ± 0.43 respectively, both p < 0.01). The source of variation from myotube type was significant (p < 0.001) and insignificant for treatment (p > 0.05), meaning Nrg-1 treatment does not affect the average nuclei counts in each myotube type (Figure 3C). Relative Egr3 gene expression was quantified to confirm downstream Nrg-1 initiated Egr3 upregulation. Nrg-1 treated myotubes display a 3.5 ± 0.21-fold in Egr-3 gene expression (Figure 3D, p < 0.001), confirming sufficient downstream response. MRFs mediate myoblast proliferation and differentiation into myofibers (Zanou and Gailly, 2013) and provide an early indicator of myotube maturity. To this extent, MRF gene expression was quantified. The only significant difference was a 1.49 ± 0.08-fold increase in Myod1 (Figure 3F, p < 0.001). Together, the data from Figure 3 suggests that Nrg-1 upregulates Egr3, which correlates with a robust change of myotube morphology towards an intrafusal bag structure, without interfering with fusion efficiency or myotube numbers. In addition, bag myotubes contain significantly more nuclei than linear myotubes, contributing to increased nuclei counts following Nrg-1 treatment.
[image: Figure 3]FIGURE 3 | Nrg-1 treatment causes a significant increase in bag myotube formation and nuclei number in C2C12 myotubes. (A) High magnification representative fluorescent micrographs of cells ± Nrg-1 used for quantification. Phalloidin (red) and DAPI (blue), yellow arrows point toward myotubes with linear morphology and purple arrows toward bag morphology (Scale bar, 20 µm). (B) Comparison of key morphological criteria between myotubes ± Nrg-1. (C) Nuclei counts within bag and linear myotubes and ± Nrg-1. Control-Linear -60 myotubes, Control-Bag - 11 myotubes, Nrg-1-Linear - 40 myotubes, Nrg-1-Bag -33 myotubes. (D) qRT-PCR analysis of Egr3 expression. (E) qRT-PCR analysis of MRFs following Nrg-1 treatment vs. control. Control values are not shown and are represented by the dotted line at 1.0. Mean ± SEM, n = 9, **p < 0.01, ***p < 0.001.
Myosin Heavy Chain Gene Expression Significantly Altered in Nrg-1 Treated C2C12 Myotubes
It is possible to identify intrafusal fibres in vivo based on the retained expression of immature (MyHC3 and MyHC8) and specialised (MyHC6 and MyHC7b/14) isoforms (Walro and Kucera, 1999; Liu et al., 2002). MyHC expression is regulated at a gene expression level (Schiaffino et al., 2015), therefore, MyHC gene (Myh) RT-qPCR analysis was completed to determine how Nrg-1 regulates Myh expression. All Myh isoforms, apart from Myh13 and Myh7b/14 displayed a significantly altered expression following Nrg-1 treatment (Figure 4A). Fold changes relative to control were as follows: Myh1, 0.49 ± 0.07 (p < 0.01), Myh2, 0.51 ± 0.05 (p < 0.01), Myh4, 2.17 ± 0.21 (p < 0.001), Myh3 0.76 ± 0.05 (p < 0.01), Myh8 0.16 ± 0.02 (p < 0.001), Myh6 0.44 ± 0.09 (p < 0.001) and Myh7, 0.58 ± 0.06 (p < 0.001).
Figure 4B uses the same data set as Figure 4A, however it is analysed and displayed as a relative proportional representation. This highlights the most biologically significant isoforms being represented. The majority of expression in both conditions comes from four genes: Myh1, Myh4, Myh3 and Myh7. Myh1 changes from 7.09 ± 0.87% to 2.68 ± 0.14%, Myh4 from 33.24 ± 0.85% to 60.13 ± 0.82%, Myh3 from 54.70 ± 1.72% to 35.28 ± 0.90% and Myh7 from 3.47 ± 0.22% to 1.63 ± 0.07%. This indicates the probable biological significance of Myh4 and Myh3 fold changes seen in Figure 4A, as they represent the greatest proportional expression in both control and Nrg-1 treated myotubes. This MyHC RT-qPCR data demonstrates a unique contractile phenotype in the treated population, however we see decreased expression in Myh isoforms associated with intrafusal fibres in vivo and in vitro (Barrett et al., 2020).
[image: Figure 4]FIGURE 4 | Nrg-1 treatment led to significant changes in Myh expression in all but two isoforms. (A) RT-qPCR analysis of all detectable Myh isoforms following Nrg-1 treatment vs control. Control values are not shown and are represented by the dotted line at 1.0. (B) Proportional representation for Myh expression. Mean ± SEM, n = 9, **p < 0.01, ***p < 0.001.
Myosin Heavy Chain Protein Expression Significantly Altered in Nrg-1 Treated C2C12 Myotubes
Despite MyHC expression being controlled at a transcriptional level (Schiaffino et al., 2015), analysis was conducted to establish whether gene expression changes resulted in consequential MyHC protein expression. To this extent, Immunofluorescence microscopy and western blot quantification was completed for MyHC3, MyHC8 and MyHC6. Immunofluorescence microscopy provides an opportunity to identify preferential expression (increased intensity) in myotubes with an intrafusal bag morphology compared to linear, providing a method to identify potential intrafusal bag myotube specific markers. Contradictory to previous literature, Nrg-1 treated myotubes did not display increased staining intensity for the aforementioned MyHCs, with MyHC6 actually appearing to have a lower staining intensity. Additionally, there was no obvious bag myotube specific staining (Figures 5A–C). Western blot analysis reveals a reduced expression across all tested MyHCs relative to control (Figures 5A–C): MyHC3 fold change relative to control was 0.27 ± 0.03, MyHC8 was 0.43 ± 0.07 and MyHC6 was 0.54 ± 0.06 (all p < 0.001). Gene expression changes from Figure 4 correlate with MyHC protein expression from Figure 5, highlighting reduced expression of putative intrafusal specific proteins and no bag myotube specific markers.
[image: Figure 5]FIGURE 5 | Decreased expression of putative intrafusal specific proteins following Nrg-1 treatment in C2C12 myotubes. Immunofluorescent imaging suggested no clear intrafusal bag myotube preferential expression MyHC3, 8 or 6. Phalloidin (red), DAPI (blue) and MyHC (green). Top to bottom: PN (primary negative), control and Nrg-1 treated representative fluorescent micrographs (scale bar, 200 µm), western blot representative gels and finally MyHC fold change relative to control based on western blots. (A) MyHC3. (B) MyHC8. (C) MyHC6. Western blot lanes represent three biological repeats, n of 3 achieved by repeating on three separate blots, Mean ± SEM, ***, n = 3, p < 0.001.
Intrafusal Bag Myotubes Have an Increased Expression of Egr3 Protein Following Nrg-1 Treatment
At this point, results have presented a clear morphological change and an altered MyHC phenotype in C2C12 myotubes, following Nrg-1 treatment. However, there is no conclusive markers to define intrafusal fibres from extrafusal in this setup. Egr3 is a transcription factor essential for intrafusal myogenesis in vivo (Tourtellotte and Milbrandt, 1998; Tourtellotte et al., 2001; Andrechek et al., 2002; Hippenmeyer et al., 2002; Leu et al., 2003; Albert et al., 2005; Oliveira Fernandes and Tourtellotte, 2015) and has previously been associated with bag myotube morphology in-vitro (Rumsey et al., 2008, 2010; Colón et al., 2017, 2020; Guo et al., 2017). Therefore, Egr3 was visualised by immunofluorescence to ascertain whether its expression is dependent on treatment and/or morphology. Following this, western blots were performed for quantitative purposes. Finally, several gene candidates (identified from Albert, 2005) were quantified following Nrg-1 treatment to further characterise the extent of putative intrafusal-specific expression in this model.
Egr3 image coverage (Control: 12.60 ± 2.66% vs Nrg-1: 28.37 ± 4.22%, p < 0.01) and staining intensity per nuclei (Control: 1.00 ± 0.12 vs Nrg-1: 3.51 ± 0.61, p < 0.001) increased following Nrg-1 treatment (Figure 6B). ANOVA analysis determined that myotube mean intensity of Egr3 was affected significantly by both treatment and myotube type (both p < 0.001) and yielded no interaction effect (p = 0.27). Tukey’s multiple comparisons post hoc test indicated significant differences between linear myotubes from control cells (control-linear, 0.88 ± 0.13) to linear myotubes from Nrg-1treated cells (Nrg-1-linear, 2.50 ± 0.42, p < 0.001) and bag myotubes from Nrg-1 treated cells (Nrg-1-bag, 6.13 ± 1.08, p < 0.001). There was a significant difference between Nrg-1-bag myotubes to bag myotubes from control cells (control-bag, 1.85 ± 0.54, p < 0.01) and Nrg-1-linear p < 0.001). Therefore, Egr3 staining intensity is increased in bag myotubes, and Nrg-1 treated myotubes (linear and bag), providing a possible marker for C2C12 derived intrafusal myotubes (Figure 6C).
The only significant source of variation in Egr3 positive nuclei percentage, was myotube type (p < 0.01), with a significant difference between control-linear (48.60 ± 4.60%) compared to Nrg-1-bag (72.12 ± 4.78%, p < 0.01). Indicating Nrg-1 treatment does not increase the percentage of nuclei expressing Egr3 (Figure 6C). In addition, in whole culture lysed population western blot data, Egr3 was increased 2.24 ± 0.08-fold (p < 0.001) following Nrg-1 treatment, corroborating with the increased expression visualised through immunofluorescence (Figure 6D). Finally, ETV4 mRNA expression was increased 2.88 ± −0.17-fold (p < 0.001) and Gdnf, Prph1 and Sstr2 mRNAs displayed no significant change (p > 0.05) (Figure 6E). Taken together, data from Figure 6 signifies that Nrg-1 treatment is upregulating Egr3 expression, particularly in myotubes with an intrafusal bag morphology (Figure 6C).
[image: Figure 6]FIGURE 6 | Increased expression of Egr3 protein in Nrg-1 treated C2C12 myotubes and intrafusal bag myotubes. (A) representative fluorescent micrographs following Nrg-1 treatment, (scale bar, 20 µm) Phalloidin (red), DAPI (blue) and Egr3 (green). (B) Percentage of Image covered by positive Egr3 expression (above threshold) and Egr3 intensity fold change per nuclei relative to control. (C) Two-way ANOVA analysis of treatment and myotube type, Left- Myotube Egr3 intensity Right- Egr3 positive nuclei %. Control Linear -52 myotubes, Control-Bag - 9 myotubes, Nrg-1-Linear - 47 myotubes, Nrg-1-Bag – 26 myotubes. (D) Western blot representative image and relative fold change for Egr3, each lane is a biological repeat (n = 3, from three blots). (E) Gene expression of additional putative intrafusal specific proteins relative to control. Mean ± SEM, n = 3, **p < 0.01, ***p < 0.001.
Nrg-1 Treatment Causes Increased Cell Proliferation and Decreased Myotube Area per Myonuclei
Figure 3C highlighted a significant increase in total nuclei/FOV, following Nrg-1 treatment after 8 days. To elucidate whether Nrg-1 was contributing to increased proliferation or reducing cell detachment and death, Hoechst nuclei stating was performed for both conditions at day 0 and day 8, followed by a Two-way ANOVA analysis. There was a significant source of variation from both treatment and time (p < 0.01), with no interaction effect. Tukey post-hoc comparisons identified the only significant increases between Day 8 Nrg-1 (1.52 ± 0.12) and all other conditions (Day 0 control: 1.00 ± 0.08, p < 0.001, Day 0 Nrg-1: 1.11 ± 0.06 and Day 8 Control: 1.112 ± 0.06, both p < 0.01), suggesting increased proliferation from day 0 to day 8 following Nrg-1 treatment (Figure 7A). To further clarify, PrestoblueTM cell viability assay was performed, Nrg-1 treated myotubes displayed a relative fold increase of 1.15 ± 0.03 (p < 0.01), further suggesting Nrg-1 initiated proliferation (Figure 7B). Using the data set from Figure 6, the area of each myotube was divided by nuclei number to give a 2D in vitro version of myonuclear domain counts, which is the theoretical amount of sarcoplasm within a muscle fibre controlled by a single myonucleus (Teixeira and Duarte, 2011). Following Nrg-1 treatment, the average myotube area per nuclei reduced from 645.3 ± 30.08 µm to 537.9.0 ± 18.25 µm (p < 0.01) (Figure 7C). Nrg-1 is having a proliferative effect on C2C12s during the differentiation phase, resulting in increased nuclei counts and correlates with decreased myotube area per myonuclei.
DISCUSSION
There is an important clinical need to develop robust in vitro models of skeletal muscle that account for the sensory function of the muscle spindle through integration of intrafusal skeletal muscle fibres. This will help to investigate the basic molecular and cellular mechanisms regulating their phenotype in health and disease, in a controlled, defined, and ethical environment. In this study, a reductionist, monocellular C2C12 model, for de novo intrafusal skeletal muscle generation is presented. The addition of a recombinant, developmentally associated protein, Nrg-1, is used to replicate an innervating Ia afferent neuron. C2C12 myoblasts offer an accessible, fusion competent, reproducible cell line that are widely used in a number of skeletal muscle research applications. C2C12s facilitate rapid model progression, assay development and also an opportunity to investigate intrafusal fibre development in a reductionist pure myoblast population. Progress in such a cell line will facilitate translation to a primary human, multi-cell, integrated, biomimetic model of the muscle spindle.
To firstly investigate the utility of C2C12s as a model of intrafusal fibre development, Nrg-1 was added to developing C2C12 myotubes, which resulted in an over 4-fold increase of bag myotube formation (Figure 3C). This supports previous in vivo and in vitro experiments (Tourtellotte and Milbrandt, 1998; Tourtellotte et al., 2001; Jacobson et al., 2004; Albert et al., 2005; Rumsey et al., 2008; Akay et al., 2014; Herndon et al., 2014; Oliveira Fernandes and Tourtellotte, 2015; Colón et al., 2017, 2020; Guo et al., 2017) that indicate Nrg-1 is essential for the development of intrafusal skeletal muscle fibres. The fold increase in bag myotubes is comparable to Hickman and others, who reported 4-5-fold increases in both primary rat and human cells (Rumsey et al., 2008; Guo et al., 2017). However, the percentage of bag myotubes to the total myotube population is much higher in our C2C12 model compared to human myoblasts as previously published (41.61 ± 6.77% vs 15.80 ± 6.62%). Nevertheless, we must consider in this study, a novel statistical DDR method was used to more objectively define intrafusal bag myotubes, which may be a contributing factor, rather than suggesting C2C12s are more responsive to Nrg-1.
Myoblast fusion is a required event for skeletal muscle development and regeneration, therefore measuring fusion efficiency in vitro is a good indicator for overall myogenesis (Sampath et al., 2018). Fusion efficiency was not significantly changed upon Nrg-1 addition in this investigation (Figure 3C), which would suggest that the morphological changes observed are independent of other myogenic fusion parameters. There was however, a 1.4-fold increase in total nuclei number per FOV, which did not affect fusion efficiency (Figure 3B). This change can be accounted to the increase of bag myotubes, which contain on average over two more myonuclei than linear fibres (Figure 3C).
Nrg-1 downstream activation of Egr3 is a key signalling event in muscle spindle and intrafusal skeletal muscle fibre development (Tourtellotte and Milbrandt, 1998; Jacobson et al., 2004; Albert et al., 2005; Herndon et al., 2014; Oliveira Fernandes and Tourtellotte, 2015). Ablation of Erg-3 is accompanied by abnormal muscle spindles, reduced running performance and degradation of locomotor pattern in mice (Tourtellotte et al., 2001; Akay et al., 2014; Oliveira Fernandes and Tourtellotte, 2015). To further validate the role of Nrg-1 on C2C12 intrafusal bag myotube formation, Egr3 expression was quantified. Treated cells displayed a significant increase in gene (Figure 3D) and protein expression (Figure 6D) of Egr3, similar to that previously evidenced in primary human (Jacobson et al., 2004) and C2C12s (Williams and Jacobson, 2010; Herndon et al., 2014). Fluorescent micrographs demonstrated increased Egr3 protein staining intensity in Nrg-1 treated and intrafusal bag C2C12 myotubes, suggesting an important role for Egr3 toward C2C12 intrafusal bag myotube development. In contrast to the Hickman papers (Rumsey et al., 2008, 2010; Colón et al., 2017, 2020; Guo et al., 2017), control myotubes had visible expression of Egr3 (Figure 6A), meaning it was not a binary determinant of the intrafusal phenotype as defined by DDR. In previous studies, Egr3 displayed strong immunoreactivity in untreated myogenic cells (Herndon et al., 2014), is involved in in vitro myoblast proliferation (Kurosaka et al., 2017) and upregulated during differentiation (Muñoz et al., 2018; Choi et al., 2020). Therefore, non-binary staining results were expected. Egr3 in Figure 6, paired with the increase in intrafusal bag morphology (Figure 3B) suggests that Nrg-1 elicits endogenous production of Egr3, suggesting activation of the Nrg1/ErbB2/Egr3 signalling pathway, resulting in intrafusal specific differentiation.
To validate an intrafusal phenotype, the most in depth MyHC characterisation of Nrg-1 treated myotubes was completed. MyHCs are key contractile proteins and are major determinants of force velocity properties of muscle, which are differentially distributed across fibres and transiently expressed during development, regeneration and various stimulus such as injury or exercise (Schiaffino et al., 2015). Therefore, MyHCs are often used to provide an indication of the developing, regenerative or mature phenotype of skeletal muscle (Liu et al., 2005). In vivo studies have highlighted MyHC3, MyHC6, MyHC8 and MyHC7b/14 as having preferential or retained expression in mature intrafusal muscle fibres (Kucera et al., 1992; Liu et al., 2002; Österlund et al., 2011; Schiaffino and Reggiani, 2011; Thornell et al., 2015) and therefore are suitable candidates for characterisation in vitro. MyHC6 and MyHC8 have been formerly shown to display increased protein expression in human cells in vitro following Nrg-1 treatment (Jacobson et al., 2004), even in the absence of bag myotube morphology. In vitro bag myotubes have displayed MyHC6 specific staining compared to their morphologically linear neighbours in primary rat (Rumsey et al., 2008), primary human (Guo et al., 2017) and iPSCs (Colón et al., 2020). In contrast, this current paper presents that MyHC3,6 and 8 are all downregulated transcriptionally when analysed by RT-qPCR (Figures 4A,B), translationally when analysed by western blots (Figures 5A–C), and exhibit no clear preferential immunofluorescent staining in C2C12 myotubes with a bag morphology (Figures 5A–C). MyHC6 presented sparse staining in Nrg-1 vs control, as compared to the immature isoforms. Although MyHC6 is a predominately cardiac isoform, it is expressed in slow-twitch skeletal muscle tissue and its reduced expression in Nrg-1 treated cells could be related to a faster MyHC profile, as indicated by the increased Myh4 gene expression (Stuart et al., 2016) Furthermore, s46 (DSHB, United States), an antibody for avian slow developmental isoform, is repeatedly stated as being the best intrafusal specific marker in vivo and in vitro (Schiaffino and Reggiani, 2011; Schiaffino et al., 2015) gave no immunoreactivity in the present model (data not shown). The only Myh increase was a 2-fold increase in Myh4 following Nrg-1 treatment (Figure 4A), representing a rise from 33.24 ± 0.85% to 60.13 ± 0.82% of total Myh expression (Figure 4B). Myh4 codes for MyHC-IIb, the most prominent isoform (Pellegrino et al., 2003) expressed in adult mice, associated with high forces of contraction combined with rapid contractile characteristics (Harrison et al., 2011). MyHC4/IIb Immunofluorescence and western blotting were attempted using both BF-F3 (DSHB, United States) and 20140-1-AP (Proteintech, United Kingdom) antibodies. Unfortunately, they proved unsuccessful in achieving a clean and strong signal which would be sufficient for use. Intrafusal bag fibres, especially of the type 1 subset, are associated with a slow phenotype, however intrafusal chain and bag2 fibres express a fast phenotype in both human and rats (Kucera et al., 1992; Soukup et al., 1995; Liu et al., 2005; Österlund et al., 2013). Therefore, an increase in Myh4 is not indicative of poor intrafusal myotube generation in this model, but rather an indication of a more mature, glycolytic and faster contractile phenotype following Nrg-1 supplementation (Kucera et al., 1992; Soukup et al., 1995; Liu et al., 2005; Österlund et al., 2013). Furthermore, previous studies have demonstrated the increased expression of Myh4 mRNA in C2C12 myotubes in similar time course of experimentation (Brown et al., 2012). In addition, rat intrafusal fibres are believed to originate from three sequential generations of myotubes, the MyHC expression displays regional variability across the fibre length, differs throughout development and is dependent on interactions with external factors such as innervation and intracapsular niche (Kucera and Walro, 1990, 1995). This highlights the complexity of using MyHC expression to define an intrafusal myotube in vitro in the absence of sensory innervation and functional outputs (Kucera et al., 1992; Liu et al., 2002).
To characterise this further, supplementary intrafusal markers were employed. Myf5, an early myogenic regulatory factor, retains expression into adult intrafusal muscle fibres in-vivo (Zammit et al., 2004). Etv4 transcription factor, is another early stage intrafusal muscle fibre development marker, which similar to Egr3 is induced by afferent innervation (Arber et al., 2000; Hippenmeyer et al., 2002). However, Etv4 is largely involved in patterning motor innervation rather than in spindle morphogenesis per se (Albert et al., 2005). Gdnf is another established intrafusal fibre marker that has an essential role in fusimotor survival (Shneider et al., 2009; Schiaffino and Reggiani, 2011). Additionally, a murine knockdown model identified Sstr2 and Prph1 as novel intrafusal specific markers (Albert et al., 2005), which are yet to be utilised for in vitro characterisation. Despite this, gene expression changes for the aforementioned targets, aside from a significant 2-fold increase in Etv4 (Figure 6E), were insignificant following Nrg-1 treatment (Figures 3F, 6E). Activation of Etv4 expression further clarifies Nrg-1 is replicating afferent signalling pathways in this model. Although Myf5 gene expression was not modified, Myod1 was significantly upregulated. As an intermediate MRF, Myod1 is required for myogenic cells to exit the cell cycle and to enter the differentiation process (Zanou and Gailly, 2013). With the evidence for increased cell proliferation during the differentiation phase in Nrg-1 treated culture (Figure 7A), the increase in Myod1 compared to control could be accounted to a greater availability of myoblasts for fusion at the given time point. Myod1 also has a causative relationship with increased Myh4 expression in mice, which may also be a contributing factor to the upregulation of Myh4 discussed above (Wheeler et al., 1999; Seward et al., 2001; Ekmark et al., 2007; Zammit, 2017).
[image: Figure 7]FIGURE 7 | Nrg-1 treatment leads to cell proliferation during the differentiation phase in C2C12 cells. (A) Nuclei cells counts from day 0 and day 8 in both control and Nrg-1 treated myotubes relative to Day 0 control. To the right, representative fluorescent micrographs with Hoechst stain in blue (scale bar, 200 µm). (B) Rfu fold change relative to control from PrestoblueTM cell viability assay. (C) Average myotube area (µm2) per myonuclei (using myotube data set from Figure 6). Mean ± SEM, n = 9, **p < 0.01, ***p < 0.001.
Intrafusal fibres have an increased expression of PAX 7 satellite cells and decreased myonuclear domain compared to their extrafusal neighbours (Kirkpatrick et al., 2008). This highlights the importance of satellite cell and myonuclei distribution to muscle spindle and intrafusal fibre function (Kirkpatrick et al., 2008). In corroboration to this hypothesis, adult mice ablated of satellite cells exhibit no detectable changes in extrafusal muscle fibre morphology, fibre-type composition, aerobic capacity or force generation. However, they display gross motor coordination defects, increased muscle spindle extracellular matrix deposition and decreased intrafusal fibre cross-sectional area (Jackson et al., 2015). A similar phenotype is seen with skeletal muscle specific Egr3 knockout mice, whom are deficient of a functional muscle spindle (Tourtellotte and Milbrandt, 1998; Akay et al., 2014; Oliveira Fernandes and Tourtellotte, 2015). Increased satellite cell number and smaller myonuclear domains are indicative of greater capacities for growth, regeneration, and repair (Rosser et al., 2002; Allouh et al., 2008; Shenkman et al., 2010). In general, higher satellite cells numbers corresponds with greater contractile activity (Gibson and Schultz, 1982, 1983; Yin et al., 2013) and myonuclear domains are smaller in slower, frequently activated fibres (Roy et al., 2005; Aravamudan et al., 2006). Therefore, intrafusal fibres, which are continuously sending and receiving information to the central nervous system, even at rest (Macefield and Knellwolf, 2018), fit these criteria. In this model, C2C12s express a significant upregulation in cell number (Figure 7A) and cell viability (Figure 7B) alongside reduced myotube area per myonuclei, following Nrg-1 treatment (Figure 7C). Therefore, recapitulating several in vivo phenotypes discussed above. Nrg-1/ErbB2 signalling activates many genes associated with specific cellular processes including proliferation, differentiation, survival, apoptosis, and migration (Geissler et al., 2020). To this extent, it has previously been associated with and not limited to, upregulating proliferation in myoblasts (Ford et al., 2003), fibroblasts (Kirabo et al., 2017), cardiomyocytes (Geissler et al., 2020), Schwann cells (Fallon et al., 2004) and epithelial cells (Liu and Kern, 2002). Additionally, Egr3 expression has been linked C2C12 myoblast proliferation (Kurosaka et al., 2017), therefore it is hard to speculate on the downstream signalling responsible for increased proliferation following Nrg-1 treatment, without further cell type specific investigations.
We must also consider the maturity of the model, during skeletal muscle development and regeneration, MyHCs and MRFs are transiently expressed, and results in vitro will vary depending on the culture environment and time spent differentiating before terminal analysis (Brown et al., 2012; Stuart et al., 2016; Rao et al., 2018). C2C12 myotubes after 8 days differentiation in both control and Nrg-1 treated conditions are still exhibiting an immature phenotype, as determined by high proportions of Myh3 gene expression (Figure 4B) and strong staining for MyHC3 and MyHC8 (Figures 5A,B). In vivo work used to identify intrafusal specific markers are mostly based from adult, or new-born immunohistochemistry samples (Kucera et al., 1992, 1993; Kucera and Walro, 1992, 1995; Tourtellotte and Milbrandt, 1998; Walro and Kucera, 1999; Liu et al., 2002; Zammit et al., 2004; Horst et al., 2006; Kirkpatrick et al., 2008, 2010; Oliveira Fernandes and Tourtellotte, 2015). To overcome this, future model iterations should look to increase the differentiation time span. 2D monolayer cultures will not facilitate this, as spontaneous contractions in C2C12 myotubes detach them from the surface when cultured much past 8 days. Therefore researchers should look to adopt a 3D tissue engineering approach, not only will this facilitate longer culture times (Vandenburgh et al., 1988; Juhas et al., 2014; Rao et al., 2018), but it will better replicate the in vivo environment, allowing cell to ECM and cell to cell interactions in three directions and give the user control over orientation, porosity and stiffness (Torii et al., 2018). In turn, 3D skeletal muscle cultures permit more mature molecular, structural and functional differentiation, better representing native adult muscle (Rao et al., 2018; Capel et al., 2019; Wang et al., 2019; Zhuang et al., 2020) and may facilitate identification of retained immature or specialised intrafusal specific phenotypes using C2C12 cells. Other novel future approaches are discussed in detail in a recent review paper by our group (Barrett et al., 2020).
Without a definitive intrafusal phenotype in vitro, we cannot speculate on the origins of intrafusal fibres. If a single bipotential population of myocytes can develop into both fibre type (i.e., intrafusal and extrafusal), then theoretically we should be able to achieve a pure, intrafusal-only C2C12 cell culture population. To achieve this, a reliable intrafusal linear and bag fibre marker is required. If a distinct lineage of myoblast intrinsically committed to differentiation into intrafusal fibres exists, then C2C12s may be an incompatible source for an intrafusal fibre model. The data attained in this study highlights several hallmarks of intrafusal fibres within Nrg-1 treated C2C12 myotubes. These warrant future endeavours using more sophisticated, biomimetic cell cultures to tissue engineer functional intrafusal muscle for the applications of both basic science and clinical studies, towards improving complete neuromuscular function in disease and injury.
CONCLUSION
In conclusion, this study presents a novel minimalistic, monocellular C2C12 model for progression towards de novo intrafusal skeletal muscle generation. Recombinant addition of intrafusal muscle developmentally associated protein Nrg-1 was employed to replicate an innervating Ia afferent neuron. The exogenous addition of Nrg-1 elicits elevated endogenous production of Egr3, resulting in intrafusal-like specific differentiation, as determined by the novel morphological characterisation of intrafusal bag myotubes. Concurrently, Nrg-1 increased cell proliferation during the differentiation phase of the protocol, resulting in increased nuclei per FOV and paired with less myotube area per nuclei. Extensive mRNA and Protein analysis of MyHCs is strongly suggestive of a unique phenotype following Nrg-1 addition, however both control and treated myotubes remain in an immature state. All putative intrafusal specific targets apart from developmental proteins Egr3 and Etv4 are not preferentially expressed in Nrg-1 treated myotubes. Egr3 staining, although significantly increased, was not a binary determinant for intrafusal bag myotubes. The suitability for C2C12s to generate intrafusal muscle fibres is still unclear. There is enough promise from the results presented here to encourage future research toward biomimetic tissue engineering approaches, in the hope of producing mature, Nrg-1 treated myotubes, characteristic of native, in vivo intrafusal skeletal muscle. These future models could provide platforms for developmental or disease state studies, pre-clinical screening, or clinical applications, including regeneration or replacement of diseased or dysfunctional tissue (Barrett et al., 2020; Kröger and Watkins, 2021).
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In vitro models of patient-derived muscle allow for more efficient development of genetic medicines for the muscular dystrophies, which often present mutation-specific pathologies. One popular strategy to generate patient-specific myotubes involves reprogramming dermal fibroblasts to a muscle lineage through MyoD induction. However, creating physiologically relevant, reproducible tissues exhibiting multinucleated, aligned myotubes with organized striations is dependent on the introduction of physicochemical cues that mimic the native muscle microenvironment. Here, we engineered patient-specific control and dystrophic muscle tissues in vitro by culturing and differentiating MyoD–directly reprogrammed fibroblasts isolated from one healthy control subject, three patients with Duchenne muscular dystrophy (DMD), and two Limb Girdle 2A/R1 (LGMD2A/R1) patients on micromolded gelatin hydrogels. Engineered DMD and LGMD2A/R1 tissues demonstrated varying levels of defects in α-actinin expression and organization relative to control, depending on the mutation. In genetically relevant DMD tissues amenable to mRNA reframing by targeting exon 44 or 45 exclusion, exposure to exon skipping antisense oligonucleotides modestly increased myotube coverage and alignment and rescued dystrophin protein expression. These findings highlight the value of engineered culture substrates in guiding the organization of reprogrammed patient fibroblasts into aligned muscle tissues, thereby extending their value as tools for exploration and dissection of the cellular and molecular basis of genetic muscle defects, rescue, and repair.
Keywords: DMD, LGMD, exon skipping, hydrogels, calpain 3, dystrophin
INTRODUCTION
Muscular dystrophies are a heterogenous group of genetic disorders characterized by progressive muscle weakness. Duchenne (DMD-OMIM310200) and Limb Girdle 2A/R1 (LGMD2A/R1-OMIM 253600) muscular dystrophies are caused by mutations in the DMD and CAPN3 genes, respectively. DMD generally presents early in childhood and results in loss of ambulation in early teenage years and fatal cardiac or respiratory insufficiencies in their twenties (Flanigan, 2014). LMGD2A/R1 has a more variable presentation, with onset of muscle weakness ranging between 0 and 40 years of age and different rates of progression (Kramerova et al., 2007). DMD-encoded dystrophin and CAPN3-encoded calpain proteins have both been implicated in contributing to the structural integrity and maintenance of the sarcomere and muscle health (Blau et al., 1983; Muntoni, 2001; Kramerova et al., 2007; van der Wal et al., 2018; Pakula et al., 2019; Verhaart et al., 2019; Caputo et al., 2020; Ortiz-Cordero et al., 2021). Therefore, culture platforms that enable sarcomere maturation may help in elucidating the molecular basis of dystrophin and calpain 3 contributions to the organization and maturation of striated skeletal muscle. Whereas molecular characterization of these dystrophies has led to the development of mutation specific genetic medicines, few human mutationally defined pre-clinical cell models suitable for testing of drugs with target mutation subsets have been developed.
A major challenge in developing culture models for muscular dystrophies and other rare muscle diseases is cell source. Primary myoblasts require access to fresh muscle tissue, have limited capacity to divide, and often require purification (Blau et al., 1983; Pakula et al., 2019). Because most diagnoses are now made through genetic testing, biopsies of muscular dystrophy patients are rarely performed, and fresh muscle biopsy tissue is largely unavailable (Muntoni, 2001; Verhaart et al., 2019). Alternatively, dermal fibroblasts derived from patient skin punches can be reprogrammed to induced pluripotent stem cells (iPSCs) and subsequently differentiated to myoblasts (van der Wal et al., 2018). Although iPSC technology has led to useful models for DMD and other muscle disorders (Caputo et al., 2020; Ortiz-Cordero et al., 2021), iPSCs can be difficult and costly to derive and expand (Speciale et al., 2020). A simpler approach is to reprogram dermal fibroblasts directly to myoblasts by expression of MyoD, a master regulator of muscle cell development. We and others have stably expressed an inducible MyoD construct in dermal fibroblasts partially immortalized through expression of human telomerase reverse transcriptase (hTERT), termed iDRMs (induced directly reprogrammed myotubes), which can be expanded as fibroblasts and then reprogrammed to myoblasts and multi-nucleated myotube-like cells upon MyoD induction (Chaouch et al., 2009; Kendall et al., 2012; Kim et al., 2016; Wein et al., 2017; Barthélémy et al., 2019). We previously used iDRM from patients with DMD on standard culture dishes to evaluate exon skipping strategies aimed at dystrophin rescue by reframing the RNA through exclusion of an additional exon (Wein et al., 2014; Barthélémy et al., 2018; Barthélémy et al., 2019; Gibbs et al., 2019). Although we were able to detect low levels of rescued dystrophin protein for certain DMD patient lines (Barthélémy et al., 2019), iDRMs were randomly organized and rarely survived longer than 1 week due to cell death and delamination, which may not be sufficient to detect dystrophin rescue in all patient lines.
To overcome some limitations of conventional in vitro techniques, several approaches to engineer DMD muscle tissue have been developed (Santoso and McCain, 2020). Fibronectin has been microcontact-printed as line patterns onto elastomeric polydimethylsiloxane (PDMS) substrates that were then laser-engraved into cantilevers to measure force generation. Primary control and DMD myoblasts seeded on these surfaces fused into aligned myotubes, with DMD myotubes exhibiting less actin and nuclear alignment and therefore lower contractile stress (Nesmith et al., 2016). However, PDMS is far stiffer than native muscle tissues, which is thought to contribute to delamination of cell line-derived myotubes after approximately 1 week in culture (Bettadapur et al., 2016a). Three-dimensional (3-D) muscle tissues have also been engineered by mixing myoblasts in matrix-derived hydrogels and allowing the tissue to compact and align across two anchor points, providing a closer match to the compliance of native tissue and a more relevant microenvironment. 3-D tissues engineered with DMD iPSC-derived myoblasts have demonstrated nuclear, cytoskeletal, and contractile abnormalities (Maffioletti et al., 2018; Ebrahimi et al., 2021). However, 3-D tissues models require high numbers of cells and generally entail complex fabrication procedures, limiting their overall throughput.
Micromolded gelatin hydrogels have been developed by us and others as substrates for lengthening the culture lifetime and improving the alignment and maturation of myotubes differentiated from C2C12 (Bettadapur et al., 2016a; Denes et al., 2019a), primary chick (Santoso et al., 2021a; Gupta et al., 2021), and human control and DMD iPSC-derived myoblasts (Al Tanoury et al., 2021). These gelatin substrates are relatively inexpensive and easy to fabricate while also matching the compliance of native muscle tissue. Here, we cultured iDRM control and DMD patient-derived myotubes on micromolded gelatin hydrogels to promote their alignment and stability. We demonstrate that iDRM on the hydrogels align and form myofiber-like structures with different degrees of maturity, evaluated with α-actinin immunostaining and confocal microscopy. Moreover, we treated tissues with Antisense oligonucleotid-directed exon skipping molecules and evaluated dystrophin gene and protein expression. We also engineered tissues from two newly derived LGMD2A/R1 iDRM, demonstrating the application of these approaches to other rare muscle diseases. Together, these findings highlight the value of combining patient-derived reprogrammed cell models with engineered substrates to evaluate and screen personalized therapies for rare muscle diseases.
MATERIAL AND METHODS
iDRM Derivation and Dermal Fibroblast Donor Characteristics
MyoD-reprogrammed skin punch fibroblasts (iDRM) were derived from three DMD subjects (Wang et al., 2018; Gibbs et al., 2019). As reported, iDRM derived from DMD subject 1003, who lost ambulation at 13.5 years, has an out-of-frame deletion of DMD exons 46–51 and is predicted not to express the dystrophin protein (Wang et al., 2018). DMD subject 1023 has an in-frame deletion of DMD exons 3 to 23 with sub-typical, albeit significant, sarcolemmal dystrophin protein expression (Gibbs et al., 2019) and remains ambulatory at age 20. Subject 1015 lost ambulation at age 15 and harbors a deletion of DMD exon 45, low levels of self-corrected exon 44 “skipped” mRNA in derived iDRM (Wang et al., 2018), and an increased frequency of clusters of dystrophin-positive revertant fibers. Muscle biopsies were only available from subjects 1015 and 1023 and a healthy 20-year-old female volunteer who served as a positive control for normal dystrophin expression and localization.
MyoD-reprogrammed skin fibroblasts (iDRM) from two LGMD2A/R1 were established for this study. Subject 1077 is a 52-year-old male who lost ambulation at 44 years old with compound heterozygous mutations: c.550delA (p.T184Rfs*36) and c.1342C > G (p448R > G) in CAPN3. Both mutations are predicted to be pathogenic (https://databases.lovd.nl/shared/genes/CAPN3). Subject 1081 is a 37-year-old female presenting a homozygous deletion of CAPN3 exons 17 to 24 [ c.(1914 + 1_1915–1)_(*544_?) del]. Deletion of these exons leads to a short truncated non-functional CAPN3 protein (BhattBHATT1 et al., 2019). All these variants leading to LGMD2A/R1 have been previously described in other patients (BhattBHATT1 et al., 2019; Krahn et al., 2006; Nallamilli et al., 2018).
Skin punches and muscle biopsies were obtained with informed consent from patients of the Center for Duchenne Muscular Dystrophy (CDMD) at UCLA under University of California Los Angeles Institutional Review Board (IRB)–approved protocols #11–001087 and #18–001547. Open or needle skeletal muscle biopsies were performed and processed as previously described (Barthelemy et al., 2020; Lee et al., 2020). Muscle samples were sectioned at 10 µm thickness and stained with hematoxylin and eosin for global histology assessment or dystrophin/laminin using standard immunohistochemistry (Barthelemy et al., 2020), where dystrophin NCL-2 (Leica, Buffalo Grove, IL, United States) at a dilution of 1:50 and laminin L9393 (Sigma, St. Louis, MO, United States) at a dilution of 1:25 were used. Digital histological images were acquired using standard light and fluorescence using an Axioplan 2 microscope (Carl Zeiss Inc., United States). Pictures were then processed with AxioVision software (Zeiss) and/or ImageJ software.
Inducible Directly Reprogrammable Myotube (iDRM) Lines
iDRMs were generated from dermal fibroblasts cultured from skin punches of 3 mm diameter obtained from each participant. After the establishment of a fibroblast culture, cells were immortalized using a lentivirus encoding hTERT and subsequently infected with a lentivirus encoding a tamoxifen-inducible MyoD to allow commitment to skeletal muscle lineage, as we have previously reported for derivation of DMD 1023 and DMD 1015 iDRM (Barthélémy et al., 2019; Gibbs et al., 2019) (Figure 1A).
[image: Figure 1]FIGURE 1 | Overview of the experimental design and culture timeline. (A) A skin punch of 3 mm diameter is performed on the forearm and the tissue dissociated to obtain fibroblasts. Following infection with lentiviruses encoding hTERT and MyoD, cells (renamed induced directly reprogramed myotubes–iDRM) can form myotubes upon induction of MyoD- and fusion-inducing media. Polystyrene coverslips are plasma-treated to enhance gelatin hydrogel adhesion before molding of the surface using soft lithography adhesion before molding of the surface using soft lithography. Hydrogels are rehydrated and stored in PBS before cell seeding. (B) A typical timeframe for the generation of myotubes from iDRM with or without AO treatment. Analysis for experiments was performed after 1 (day 9) and 2 (day 16) weeks of differentiation.
iDRMs were cultured as previously described, modified by plating on coverslips with micromolded gelatin hydrogels (described below) at the time of fibroblast plating, before MyoD induction (Figure 1B) (Barthelemy et al., 2018). Briefly, cells were kept in fibroblast growth media [DMEM (+ phenol red, high glucose) (Thermo Fisher Scientific, Grand Island, NY, United States) + 15% fetal bovine serum (Omega Scientific, Tarzana, CA, United States) + 1% nonessential amino acids (Thermo Fisher Scientific, Grand Island, NY, United States) + 1% penicillin/streptomycin (Thermo Fisher Scientific, Grand Island, NY, United States)]. To induce differentiation to myotubes, cells were first incubated in fibroblast growth media containing 5 µM of 4-OH tamoxifen (Sigma, St. Louis, MO, United States; dissolved in ethanol) for 48 h. On day 3, cells were washed in PBS (Thermo Fisher Scientific), and fusion media containing 1 μM 4-OH-tamoxifen was added [1:1 Ham’s F-10:DMEM (phenol red free, high glucose), 2% horse serum (Thermo Fisher Scientific, Grand Island, NY, United States), and 2% insulin-transferrin-selenium (Thermo Fisher Scientific, Grand Island, NY, United States)]. During the first week of differentiation, SB431542 (a TGF‐β inhibitor) was added at a final concentration of 5 µM. All lines were kept for up to 2 weeks in fusion conditions before analysis, and the medium was changed every other day (Figure 1B).
Gelatin Hydrogel
The fabrication of micromolded gelatin hydrogels cross-linked with transglutaminase was performed as previously described (Santoso et al., 2021a; Gupta et al., 2021) and illustrated in Figure 1A. Briefly, 260-mm2 hexagons were cut from 150-mm polystyrene dishes and masked with tape. Inside each hexagonal coverslip, circles were laser-cut into the tape with a 30W Epilog Mini 24 Laser Engraver. Regions of the tape were removed such that only the outer border of substrates was covered. Coverslips were then treated with plasma (Harrick Plasma, Ithaca, NY, United States) for 10 min in ambient conditions to increase adherence of polystyrene.
PDMS stamps with 10-µm-wide grooves separated by 10 µm and 2 µm in height were manufactured using photolithography and soft lithography (Suh et al., 2017). Then, 20% porcine gelatin solution (Sigma, St. Louis, MO, United States) and 8% transglutaminase (Ajinomoto, Ontario, CA, United States) solutions in ultrapure water were mixed 1:1 with a centrifugal mixer (Thinky United States, Laguna Hills, CA, United States). The mixed solution (200 µl) was added to each coverslip, and stamps were slowly applied. Hydrogels were incubated at room temperature overnight to solidify. The next day, hydrogels were rehydrated. Stamps and remaining tape were carefully removed (Figure 1A). Substrates were washed and stored in PBS at 4°C until cell seeding.
AO Transfection
On day 7 (week 1) or 14 (week 2) of differentiation, iDRM cells (1015 or 1003) were transfected with 25 or 250 nM 2-O-methyl AO targeting exon 44 (using H44A-TGTTCAGCTTCTGTTAGCCACTGA and 45 (using H45A -CCA​ATG​CCA​TCC​TGG​AGT​TCC​TGT​AA) (Wilton et al., 2007), respectively, using oligofectamine (Thermo Fisher Scientific) transfection reagent according to our previously published protocol (Barthélémy et al., 2019).
RNA Isolation and PCR
On the day of analysis, duplicate or triplicate coverslips from each condition were removed from the well, and the remnant cells growing on the side of the coverslips were scraped directly and combined in TRIzol (Thermo Fisher Scientific). Total RNA was isolated using the Purelink RNA mini kit (Thermo Fisher Scientific). Exon skipping analysis was performed accordingly to our previously published protocol, and skipping efficiency is indicated by the ratio of skipped mRNA transcript over the total mRNA transcripts (skipped plus unskipped) (Barthélémy et al., 2019). For both cell lines, a nested PCR was performed to amplify the targeted DMD region: between exons 43 and 52 using the previously described primers for cell line CDMD1003 (Ex42-o, 5′-GTC​CGT​GAA​GAA​ACG​ATG​ATG-3′ + Ex53-0, 5′-CTC​CGG​TTC​TGA​AGG​TGT​TC-3′ and Ex43-i, 5′- TCT​CTC​CCA​GCT​TGA​TTT​CC-3′ and Ex52-i, 5′- TCT​AGC​CTC​TTG​ATT​GCT​GG-3′) or between exons 42 and 46 (Ex42-o, 5′-CAA​TGC​TCC​TGA​CCT​CTG​TGC-3′ + Ex46-o, 5′-GCT​CTT​TTC​CAG​GTT​CAA​GTG​G-3′ and Ex43-i, 5′-GTC​TAC​AAC​AAA​GCT​CAG​GTC​G-3′ + Ex46-i, 5′-GCA​ATG​TTA​TCT​GCT​TCC​TCC​AAC​C-3′) for cell line CDMD1015.
Immunofluorescence Staining and Microscopy
iDRMs were seeded at 350,000 cells onto micromolded gelatin hydrogel coverslips in 12-well plates and MyoD was induced with tamoxifen as described above. During all procedures, cells were kept at room temperature unless specified otherwise. After myotube formation, cells were fixed with acetone for dystrophin staining or ice-cold methanol for α-actinin staining. Primary antibodies were incubated overnight at 4°C: dystrophin NCL-2 (Leica, Buffalo Grove, IL, United States) at a dilution of 1:20 and α-actinin (Sigma, St. Louis, MO, United States) at a dilution of 1:200. Secondary antibodies were used at a dilution of 1:500: goat anti-mouse IgG (SA5-10173) and goat anti-rabbit (35553) from Thermo Fisher Scientific for 1 h. Coverslips were mounted in ProLong Gold Antifade with DAPI (Thermo Fisher Scientific). Confocal fluorescence microscopy was performed using a Confocal Module Nikon C2 with 20× air or 60× oil objectives. Z-stacks were acquired (step size: 1 μm), and average intensity projections were used for data analysis on ImageJ (NIH).
To quantify myogenic index, CellProfiler was first used to mask α-actinin signal. Then, the proportion of total nuclei in masked areas that contained at least three nuclei was taken as the myogenic index; we chose to count areas with at least three nuclei as a stringent filter of multi-nucleated myotubes. The myotube coverage was defined as the area percentage of positive α-actinin signal after autothresholding using ImageJ. As a proxy for myotube width, we used an automated CellProfiler calculation to define a minor axis length based on the ellipse encompassing a mask of α-actinin that defined a single myotube. To quantify the degree of myotube alignment based on α-actinin staining, the ImageJ plugin OrientationJ was used with a Gaussian filter window of σ = 10 pixels to calculate the coherency and orientation angles at each pixel. Then, a global orientation order parameter was calculated from the orientation angles of at least three images per sample, as previously described (McCain et al., 2013; Petersen et al., 2020).
Statistics
Student’s t-test was performed between week 1 and week 2 groups for each patient iDRM lines or between them, or between AO and non-treated patient iDRM lines. Comparisons with p-values less than 0.05 were considered statistically significant.
RESULTS
Engineering Aligned DMD and LGMD2A/R1 iDRMs on Micromolded Gelatin Hydrogels
To engineer mutation-specific DMD muscle tissues in vitro, we isolated dermal fibroblasts from DMD 1015, DMD 1023, DMD 1003, and one control subject (1001). All fibroblasts were engineered to iDRM by expressing a tamoxifen-inducible MyoD and hTERT (Figure 1A), as described previously (Barthelemy et al., 2018; Wang et al., 2018). iDRMs were seeded on gelatin hydrogels micromolded with 10-µm-wide alternating grooves affixed to coverslips (Figure 1A). iDRMs were then triggered to become myoblasts with induction of MyoD 1–2 days after seeding and maintained in differentiation media for 1 to 2 weeks to induce fusion into myotubes (Figure 1B).
To characterize the morphological events characteristic of muscle development, we co-visualized nuclei and sarcomeric α-actinin in engineered iDRM tissues after 1 and 2 weeks in culture. We chose sarcomeric α-actinin because it is expressed relatively late in myogenesis, especially compared to other markers, such as desmin, myogenin, or myosin heavy chain (White et al., 2014; Bettadapur et al., 2016b; Nguyen et al., 2016; Denes et al., 2019b; Santoso et al., 2021b). Sarcomeric α-actinin is also present in the z-lines in sarcomeres and thus clearly demarcates mature myofibrils. All cell lines formed multi-nucleated, aligned myotubes at both time points (Figure 2), although to different degrees. To compare this, we quantified myotube coverage (α-actinin positive proportion), myogenic index (proportion of nuclei in α-actinin positive myotubes with more than three nuclei), myotube width (minor axis length), and myotube alignment (Figures 3A–D and Supplementary Figure S1). We report both myotube coverage and myogenic index to collectively indicate myotube fusion, myotube adhesion, and tissue cellularity. Healthy 1001 iDRM formed myotubes with stable sarcomeric α-actinin coverage and myogenic index throughout the 2-week culture period. Organized striations were detectable at week 1 and remained constant through week 2. Myotube width peaked in the first week and declined slightly by week 2, likely due to detachment of some of the most mature myotubes. The distribution of myotube width, shown as histograms in Supplementary Figure S1, also illustrates this trend. Myotube alignment for healthy iDRM was also high and indicated successful tissue patterning by the micromolded gelatin hydrogels.
[image: Figure 2]FIGURE 2 | iDRMs derived from LGMD2A/R1 or DMD dermal fibroblasts on micromolded gelatin hydrogel coverslips. α-actinin staining was performed to analyze the maturation of myotubes from a healthy donor (1001) or patients presenting with LGMD2A/R1 (1077 - c.550delA, c.1342C > G and 1081 delta 17–24) or DMD (1015 – delta 45; 1023 – delta 3–23; and 1003 - delta 46–51). For each cell line, cells were differentiated for 1 or 2 weeks. Images are shown at 20× magnification on the left panel, where the scale bar represents 100 μm, and at 60× magnification in the upper right panel, where the scale bar represents 50 μm. Representative myotubes shown in the lower right panel enable visualization of sarcomeres where the scale bar represents 10 μm.
[image: Figure 3]FIGURE 3 | Morphological quantification of DMD or LGMD2A/R1 iDRM reveal distinct changes in mutation-specific muscle morphology. Different parameters were measured for each cell line using α-actinin staining: (A) α-actinin area coverage per field of view; (B) myogenic index representing the proportion of nuclei in myotubes (containing at least three nuclei); (C) minor axis length as a proxy for myotube width; (D) myotube alignment. Bars represent SEM. *p < 0.05; p-values reflect a Student’s t-test. Each experiment (n = 3) is represented by different color dots.
DMD 1015 iDRM performed relatively similar to the healthy 1001 iDRM, in terms of sarcomeric α-actinin coverage (Figure 3A), myogenic index (Figure 3B), and myotube width (Figure 3C and Supplementary Figure S1), with a potential modest delay in the time to peak myotube width relative to healthy control. Similar to the healthy control, striations in DMD 1015 myotubes were also detectable (Figure 2). We attempted to quantify α-actinin striations, but the heterogeneity of the cells precluded a systematic and meaningful analysis. DMD 1023 and DMD 1003 iDRM also differentiated into multi-nucleated myotubes with near-typical myogenic index and myotube width. These results are similar to previous studies that have shown relatively unimpaired fusion in human iPSC–derived myoblasts from DMD (Caputo et al., 2020) or LGMDR9 (Ortiz-Cordero et al., 2021) patients. However, striations in DMD 1023 and DMD 1003 myotubes were qualitatively impaired relative to healthy 1001 myotubes. Likewise, myotube coverage was lower in DMD 1023 and DMD 1003 compared to healthy 1001. Myotube alignment was also high for the healthy and DMD myotubes (Figure 3D), indicating that all cell lines were instructed by the micromolded features. Myotube alignment trended lower for DMD 1003 compared to DMD 1015 and DMD 1023, possibly due to the greater severity of the mutation in this line. The healthy 1001 myotubes also had relatively low alignment, likely because myotubes tended to bridge across the micromolded features in the control line compared to the DMD lines.
To determine whether our approach was suitable for other genetic muscle diseases, we similarly isolated fibroblasts from two LGMD2A/R1 subjects, engineered them to iDRM, and differentiated them to myotubes on micromolded gelatin hydrogels (Figure 1A). LGMD2A/R1 line 1077 exhibits compound heterozygous mutations c.550delA (p.T184Rfs*36) and c.1342C > G (p448R > G) in CAPN3. LGMD2A/R1 line 1081 exhibits homozygous deletion of CAPN3 exons 17 to 24 [c.(1914 + 1_1915–1)_(*544_?)del]. Whereas LGMD2A/R1 1077 showed lower α-actinin coverage (Figure 3A) and normal or lower myogenic index (Figure 3B) compared to the healthy control, LGMD2A/R1 1081 had similar sarcomere α-actinin coverage and a much higher myogenic index. For certain time points, LGMD2A/R1 1077 had lower myotube width, whereas LGMD2A/R1 1081 had higher myotube width, compared to control (Figure 3C and Supplementary Figure S1). However, neither LGMD2A/R1 1077 or LGMD2A/R1 1081 developed well-organized, discrete striations (Figure 2). Both LGMD2A/R1 1077 and LGMD2A/R1 1081 exhibited high degrees of myotube alignment (Figure 3D). Thus, our engineered tissues revealed distinct differences in disease- and mutation-specific muscle morphology, which is an advantage of using patient-derived cells. Importantly, the variability within each cell line is relatively modest.
Morphology of Muscle Fibers in Healthy and DMD Patients
As a baseline comparison for our culture models, we evaluated morphological differences in muscle biopsy tissue sections from a healthy subject and the two DMD subjects for which we had access to muscle tissue sections, DMD 1015 and DMD 1023. Both patients were biopsied before loss of ambulation and had substantial preservation of skeletal myofibers. DMD 1015 exhibits an out-of-frame deletion of DMD exon 45 predicted to lead to total loss of dystrophin expression. DMD 1023 exhibits an in-frame deletion of DMD exons 3 to 23 predicted to express a partially functional dystrophin protein lacking the actin binding site. As expected, muscle fibers in the healthy subject robustly expressed sarcomeric α-actinin throughout their cross-sectional area, were encircled by dystrophin, and were relatively consistent in size (Figure 4). Both DMD biopsies demonstrated weaker sarcomeric α-actinin staining, variations in muscle fiber size, and fibro-fatty infiltrates, concordant with a DMD phenotype (Figure 5). Sarcomeric α-actinin expression (Figure 5) and fiber size were lowest in DMD 1023 tissues despite significant expression of internally truncated sarcolemmal dystrophin protein in every myofiber (Figures 4 and 5). Whereas most 1015 fibers do not express dystrophin, we observe some patches of dystrophin expressing revertant fibers and higher α-actinin expression relative to 1023, in keeping with findings regarding α-actinin coverage in the iDRM culture models (Figures 2 and 3). However, it is important to consider that the degeneration process in vivo is vastly more complex and on a much longer timescale than what can be observed in vitro. Thus, comparing patient muscle biopsies to in vitro engineered muscle tissues should be done with much caution and conservativeness (Forbes et al., 2020).
[image: Figure 4]FIGURE 4 | Biopsies of patients with DMD show abnormal α-actinin (1023 - delta 3–23; 1015 – delta 45). (A) Co-staining for α-actinin and laminin are shown. (B) Histogram of fiber area of muscle biopsies from healthy donor and patients presenting Duchenne muscular dystrophy sorted by 500 μm range. Number of fibers analyzed per condition was between 250 and 658. (C) The mean average of the fibers is also represented. Bars represent SEM. ****p < 0.0005; p-values reflect a Student’s t-test. Immunostains were taken at 20× magnification, where the scale bar represents 100 μm.
[image: Figure 5]FIGURE 5 | Biopsies of patients with DMD show dystrophic features. Muscle biopsy sections from patients presenting DMD (1023 - delta 3–23; 1015 – delta 45) assessed for dystrophin protein using dys2 antibody targeting the C-terminus and laminin using L9393 antibody. Hematoxylin/eosin staining for each biopsy is shown to visualize their morphological features and proceed to morphological assessment. Scale bars represent 100 μM.
Evaluation of Dystrophin Rescue in DMD iDRMs Treated With Exon Skipping AOs
Development of precision medicines requires human mutation specific platforms for assessing mechanisms of action and efficacy. AO DMD exon skipping drugs function to reframe mutant DMD mRNA through removal of an “extra” exon, enabling rescue of an internally deleted but partially functional dystrophin protein. “Exon skipping” drugs are mutation-specific, in so far as only some DMD mutations adjacent to the targeted region can be reframed. 1015 mutation can be rendered in frame by exclusion of exon 44, whereas 1003 mutation is amenable to reframing by targeting exon 45.
To determine whether AO treatment rescued dystrophin expression in iDRM, DMD 1015 and DMD 1003 iDRMs were exposed to exon skipping drug targeting exon 44 or exon 45, respectively, after 1 or 2 weeks of differentiation on micromolded hydrogels. We performed immunostaining on healthy and DMD iDRM engineered tissues treated with or without AO to determine whether we could observe rescue of dystrophin (Figure 6A). Myotubes generated from the healthy iDRM demonstrated dystrophin staining at both time points (Figure 6A). In DMD 1015 iDRMs, low levels of dystrophin protein were detected without AO treatment after 2 week of culture on the micromolded platform, consistent with detection of low levels of skipped DMD message in the absence of AO. Exposure to AO increased the rescued exon 44 deleted DMD mRNA and dystrophin proteins expression and after both 1 and 2 weeks of culture, consistent with levels of exon 45 skipped mRNA induced (Figure 6B). In DMD 1003 iDRMs, dystrophin was not detectable in 1003 in the absence of skipping drug. Exposure to exon 45 skipping AO rescued low levels of dystrophin protein when AO was added after 1 week and to a greater extent when AO was added after 2 weeks of differentiation (Figures 6A,B). Thus, both DMD 1015 and DMD 1003 demonstrated brighter dystrophin staining with the addition of skipping AO.
[image: Figure 6]FIGURE 6 | Dystrophin rescue by DMD exon skipping in DMD 1015 and DMD 1003 iDRMs. DMD 1015 (delta 45) and DMD 1003 (delta 46–51) iDRMs were cultured for 1 or 2 weeks before the addition of antisense oligonucleotides and, 2 days later, immunostaining or RNA extraction (on pooled triplicate) were performed. (A) Dystrophin expression in healthy and DMD iDRM tissues was visualized using Dys2 antibody (c-ter). Images are shown at 20x magnification in the top panel, where the scale bar represents 100 μm, and at 60x magnification in the lower panel to enable visualization of sarcomeres, where the scale bar represents 30 μm. After RT-PCR, samples were run on chips to analyze exon skipping. The percentage of skipped mRNA over the total (skipped plus unskipped mRNA) is indicated for (B) DMD 1015 and (C) DMD 1003.
We next measured the effects of dystrophin rescue induced by exon skipping on myotube morphology for DMD 1015 and DMD1003 at week 1 or 2 of differentiation (Figure 7). We performed staining for α-actinin and nuclei (Figure 7) and calculated myotube coverage (Figure 8A), myogenic index, (Figure 8B), myotube width (Figure 8C and Supplementary Figure S2), and myotube alignment (Figure 8D). DMD 1015 iDRMs developed striations at weeks 1 and 2, regardless of exon skipping and dystrophin rescue. There were also no noticeable changes in myogenic index, myotube coverage, myotube width, or myotube alignment in 1015 due to AO treatment, except for slight but non-significant increases in the first three metrics after 2 weeks of AO treatment. The distribution of myotube width from iDRM DMD 1015 and 1003 samples with and without AO treatment is shown as histograms in Supplementary Figure S2 and shows a particular shift toward a higher proportion of wider myotubes after AO treatment at week 2. The effects on dystrophin rescue in DMD 1003 were more noticeable, with exon skipping AO inducing greater myotube coverage, myogenic index, and myotube alignment at both time points. However, these increases did not reach statistical significance. Nonetheless, taken together, these findings highlight a potential role for rescued dystrophin protein in maturation or stability of myotubes and sarcomeres.
[image: Figure 7]FIGURE 7 | Effects of dystrophin rescue by exon skipping on α-actinin expression and organization in. DMD 1015 (delta 45) or DMD 1003 (delta 46–51). (A) DMD 1015 or (B) DMD 1003 iDRMs were cultured for 1 or 2 weeks before the addition of antisense oligonucleotides. α-actinin staining were performed to analyze the maturation of myotubes. Images are shown at 20× magnification in the left panel, where the scale bar represents 100 μm, and at 60× magnification in the upper right panel, where the scale bar represents 50 μm. Representative myotubes shown in the lower right panel enable visualization of sarcomeres, where the scale bar represents 10 μm.
[image: Figure 8]FIGURE 8 | Morphological quantification of AO-treated DMD 1015 and DMD 1003 iDRMs. Different parameters were measured for each cell line using α-actinin staining: (A) α-actinin area coverage per field of view; (B) myogenic index representing the proportion of nuclei in myotubes (containing at least three nuclei); (C) minor axis length as a proxy for myotube width; and (D) myotube alignment. Bars represent SEM. Each experiment (n = 3) is represented by different color dots.
DISCUSSION
Development of genetic medicines aimed at repairing or replacing DMD and LGMDDR1/LGMD2A mutations is an active area of research, and several drugs have been already approved or are in human pre-clinical or clinical trials (Sheikh and Yokota, 2021). However, there is a paucity of DMD and LGMD mutation specific human culture models for assessing mechanisms of action or improving efficacy of therapeutic strategies. Here, we report that culturing one heathy subject, three DMD, and two LGMD-derived iDRM on micromolded gelatin hydrogel coverslips induces tissue alignment, prolongs culture lifetime, and promotes myotube development in culture over 2 weeks. This relatively long culture period enabled us to characterize myotube development and dystrophin rescue in DMD myotubes in response to AO skipping drugs. We also show that our approach is compatible with iDRM from LGMD2A/R1 patients, demonstrating its modularity for modeling other forms of muscular dystrophy.
Although all healthy and DMD iDRM demonstrated myogenic potential and a high degree of alignment, DMD 1003 showed the most severe defects in α-actinin expression, followed by DMD 1023. We were largely unable to distinguish DMD 1015 from healthy control using these measures. The in vitro results for DMD 1015 and DMD 1023 mirror the trends of the patient muscle biopsies, for which defects were more substantial for DMD 1023 compared to DMD 1015. Thus, our combination of patient-derived iDRM with micromolded gelatin hydrogels replicated select histological phenotypes of native muscle and further demonstrates that muscle development in vitro is regulated by distinct DMD mutations.
iDRM DMD 1003 harbors a deletion of exons 46–51 of DMD, which encodes an out-of-frame mRNA, produces no dystrophin protein, and demonstrates defects in α-actinin coverage and the development of striations. These data support a role for dystrophin in the development or stabilization of myotubes and sarcomeres. Such a suggestion is consistent with reports that the dystrophin-glycoprotein complex slows depolymerization of actin filaments in vitro (Rybakova et al., 1996; Rybakova and Ervasti, 1997). Alternatively, low α-actinin coverage and myotube width may be secondary to impaired cell survival or earlier developmental defects dependent on dystrophin. DMD reframing and dystrophin rescue induced within DMD 1003 by exposure to exon 45 skipping AO modestly improved measures of myotube coverage, fusion, and alignment, further supporting a role for dystrophin in these processes and highlighting the value of this model as a screening tool for drug development and optimization of precision medicines.
iDRM DMD 1023 has an in-frame mutation DMD 3–23, which creates substantial amounts of dystrophin properly localized at the sarcolemma but lacking the primary actin binding site (Gibbs et al., 2019). We identified defects in myotube maturation and organization, potentially highlighting requirements for dystrophin actin binding in myogenesis and myotube sarcomere maturation, consistent with a previous report (Banks et al., 2007). Additional experiments will be needed to support this hypothesis.
iDRM DMD 1015 has an exon 45 deletion of DMD amenable to reframing by exon 44 AO skipping. We have previously demonstrated that iDRM DMD 1015 constitutively expresses low levels of exon 45 skipped and reframed DMD mRNA, even in the absence of AO, as we have reported for several DMD iDRM with exon 45 deletions (Wang et al., 2018). Likewise, immunostaining frozen muscle biopsy sections from the DMD 1015 fibroblast donor showed some clusters expressing low levels of dystrophin rescue in vivo. The predisposition of exon 45 deletion DMD mutants to self-correct by skipping exon 44 to produce low levels of dystrophin has been suggested as the molecular basis of mild disease progression relative to typical DMD frameshifting mutations and highlights that even low levels of dystrophin can have functional consequences. We also detected low levels of exon 45 skipped DMD mRNA in the absence of any treatment and increased exon 44 exclusion and robust induction of dystrophin protein expression in cells exposed to skipping AO. Unlike the other two DMD patient-derived iDRM, DMD 1015 behaved much closer to wild type, with no defect in α-actinin coverage or striation. It is possible that the low levels of rescued dystrophin constitutively expressed in DMD 1015 are sufficient to partially overcome the developmental defects in myotube development or sarcomere stability observed in dystrophin null DMD 1003. Exon 44 skipping AO increased dystrophin expression and induced modest improvements in myogenic index, myotube coverage, and myotube width, further supporting a role for rescued dystrophin in facilitation of myotube maturation in DMD 1015. Moreover, multiple α-actinin isoforms have been linked to dystrophin and DMD. α-Actinin 3 has been identified as a known modifier of DMD, α-actinin 2 has been identified as an extended member of the DGC, and a progressive depletion of α-actinin proteins has been observed in DMD (Minetti et al., 1991; Hance et al., 1999; Hogarth et al., 2017), making this protein family an underestimated marker of pathophysiological changes in this disease.
Although differentiation on micromolded gelatin hydrogels enabled visualization of rescued dystrophin expression, we did not observe the expected patterning of dystrophin. In native muscle, dystrophin is enriched in costamere protein assemblies, which circumferentially align with the α-actinin enriched Z disk and couple force-generating sarcomeres with the sarcolemma. Similarly, although we did detect some punctate sarcomere-like structures in myotubes derived from select iDRM lines, the overall maturity of the myofibrils and sarcomeres was limited, especially compared to myotubes derived from primary myoblasts. Similar issues related to myofibril immaturity have routinely been observed in myotubes derived from a variety of reprogrammed (Boularaoui et al., 2018) and iPSC-derived myoblasts (Lainé et al., 2018; Rao et al., 2018) and likely reduce the baseline and drug-induced differences in the phenotypes of healthy and diseased cells. Overall, the maturity of iDRM-derived myotubes observed in this study was similar or weaker than iPSC-derived myotubes (Caputo et al., 2020; Ortiz-Cordero et al., 2021). Of note, however, iDRMs require less time, cost, and expertise to generate compared to iPSC-derived myoblasts, which may be especially beneficial for generating patient-specific muscle tissues in time-sensitive or resource-limited settings. Extending culture time (Santoso and McCain, 2021), integrating supporting cell types (Juhas et al., 2018; Santosa et al., 2018; Santoso and McCain, 2021), providing electrical (Nedachi et al., 2008; Chen et al., 2021) or mechanical stimulation (Heher et al., 2015; Chang et al., 2016), or engineering 3-D tissues (Madden et al., 2015; Uzel et al., 2016; Costantini et al., 2017; Davis et al., 2019; Ariyasinghe et al., 2020; Ebrahimi et al., 2021) or earlier exposure to AO could also help induce muscle maturation and proper localization of dystrophin and α-actinin.
LGMD2A/R1 1077 express mutations [c.550delA (p.T184Rfs*36) and c.1342C > G (p448R > G] within the catalytic PC1 and the calcium-binding and phospholipid-binding C2 domains, respectively, and these iDRMs show defects in formation of myotube maturation and structure. Patient cells derived from patient LGMD2A/R1 1081, present with a homozygous deletion of the entire c-terminal region of the protein, were able to form myotubes and showed no quantitative defects in α-actinin coverage or axis length but did not develop proper maturation of the clearly defined α-actinin marked sarcomeres upon visual inspection. It is unclear why LGMD 1077 iDRM demonstrates significant defects in myotube maturation, whereas 1081 has an exceptionally high MI and is otherwise near normal.
One advantage of differentiating myotubes in culture is that it allows assessment of sequential myoblast activation, fusion, and the development of mature myofibers with organized sarcomeres, responsible for striated muscle patterning and required for force generation. Thus, iDRM differentiated on micromolded hydrogels may aid in dissecting requirements for each of these developmental events (White et al., 2014). However, factors other than DMD or LGMD mutation that might influence iDRM performance include the presence/absence of DMD or LGMD2A/R1 disease modifier genes or artifacts of culture selection. Therefore, comparisons between individually derived iDRM to determine relative myogenic activity of particular mutations should be made with caution. Rather, creation of isogenic iDRM expressing defined DMD or LGMD mutations and full-length dystrophin or a panel of distinct patient iDRM with similar mutations may be necessary to confirm preliminary observations made regarding effects of DMD or LGMD mutation based on comparison between two lines. Alternatively, experiments where iDRM DMD 1003 and 1015 activity is measured before and after exposure to a potential therapeutic or disease modifying entity, such as exon skipping AO, do not suffer from this criticism and thus are likely to prove valuable for precision drug optimization and screening.
In summary, our results establish that patient-derived iDRM differentiate into aligned myotubes on micromolded gelatin hydrogels and enable evaluation of myotube formation as a function of patient-specific mutations. This is a promising approach for screening and testing personalized therapies for muscular dystrophies and other genetic muscle diseases in vitro. Together, our findings highlight the benefit of human cell models combined with engineered scaffolds that more closely mimic the in vivo microenvironment and encourage the development of new strategies to promote further maturation for proper characterization of morphological differences and evaluation of the efficacy of new therapies.
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Supplementary Figure S2  | AO treatment promotes enlargement of myotubes from DMD patients’ cell lines. DMD 1015 (delta 45) or DMD 1003 (delta 46–51) cells were cultured for 1 or 2 weeks before the addition of antisense oligonucleotides and α-actinin staining were performed to analyze the maturation of myotubes. All the myotubes showing more than three nuclei from three independent experiments run in duplicates were analyzed and compiled on these graphs representing the width ranges (in µm) observed in our cell culture models.
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Skeletal muscle has a remarkable capacity to regenerate throughout life, which is mediated by its resident muscle stem cells, also called satellite cells. Satellite cells, located periphery to the muscle fibers and underneath the basal lamina, are an indispensable cellular source for muscle regeneration. Satellite cell transplantation into regenerating muscle contributes robustly to muscle repair, thereby indicating that satellite cells indeed function as adult muscle stem cells. Moreover, satellite cells are a heterogenous population in adult tissue, with subpopulations that can be distinguished based on gene expression, cell-cycle progression, ability to self-renew, and bi-potential ability. Transplantation assays provide a powerful tool to better understand satellite cell function in vivo enabling the separation of functionally distinct satellite cell subpopulations. In this review, we focus on transplantation strategies to explore satellite cells’ functional heterogeneity, approaches targeting the recipient tissue to improve transplantation efficiency, and common strategies to monitor the behaviour of the transplanted cells. Lastly, we discuss some recent approaches to overcome challenges to enhance the transplantation potential of muscle stem cells.
Keywords: satellite cells, muscle stem cell, self-renewal, differentiation, engraftment, transplantation, heterogeneity
INTRODUCTION
Skeletal muscle exhibits a strong capability for tissue expansion and repair. It is a striated muscle tissue, which accounts for a large portion of adult human body weight. Skeletal muscle consists of highly specialized post-mitotic, large multinucleated cells referred to as myofibers, which can contain thousands of nuclei, that form following fusion from myogenic progenitors. During postnatal growth, the number of myofibers does not increase in number, but each myofiber grows in size by fusion of muscle stem cells (MuSCs), also known as satellite cells, readily adapting to changing functional needs.
Satellite cells were described in 1961 by Alexander Mauro as mononucleated cells “wedged” during the characterization of frog myofibers by electron microscopy (Mauro, 1961). Satellite cells are located between the basal lamina and sarcolemma of the muscle fiber. Under normal physiological conditions, they are actively maintained in a quiescent state in adult muscle and are identified through the expression of the transcription factor Pax7 (Seale et al., 2000). In response to physiological insults, such as an injury or exercise, they quickly become activated, enter the cell cycle, and give rise to proliferating myoblasts that eventually differentiate and fuse to repair damaged myofibers (Bentzinger et al., 2012). A subset of activated MuSCs, are also able to undergo self-renewal to maintain the muscle stem cell reservoir for future regeneration. Therefore, the interplay between extrinsic and intrinsic mechanisms tightly controls the balance between the satellite cells committed to forming new myofibers and those to self-renew (Kuang et al., 2007; Rocheteau et al., 2012a).
Transplantation studies involving satellite cells derived from adult muscles allow researchers to explore satellite cell functional heterogeneity (including self-renewal, differentiation, and multipotential specification). Transplantation of skeletal muscle came into play in the late 1980s by the work of Partridge’s group (Partridge et al., 1989) who demonstrated that injecting myoblasts into the hind limb of the mdx mouse model for DMD (Duchenne muscular dystrophy) resulted in a significant reconstitution of dystrophin positive muscle fibers. These initial studies on myoblast transplantation resulted in low survival rates post-injection with a minimal number of donor cells exhibiting stem cell properties that behave as long-term repopulating cells and contribute to muscle homeostasis (Beauchamp et al., 1999). Typically, transplantation experiments involve the isolation of cells from dissected muscle by mechanical and enzymatic digestion. Muscle stem cells are then enriched by FACS (fluorescent activated cell sorting), using MuSC-specific cell surface markers (α7-integrin, Vcam1, and CD34) and negative markers (CD31, CD45, CD11b, and Sca1) (Pasut et al., 2012; Maesner et al., 2016). Lastly, the isolated muscle stem cells are injected into a recipient muscle tissue.
Lineage tracing together with engraftment studies in mice have identified a putative long-term self-renewing stem cell within the satellite cell population (Kuang et al., 2007; Wang et al., 2019). Muscle stem cells undergo planar-symmetric divisions to give rise to two stem cells. Alternatively, they undergo an apical-basal asymmetric division to give rise to a stem cell and a committed cell (Kuang et al., 2007; Wang et al., 2019; Feige and Rudnicki, 2020). Thus, the majority of satellite cells represent a short-term repopulating cell (Kuang et al., 2007; Feige et al., 2018), while a subset we term muscle stem cells can self-renew over a long period of time and can rise to committed progenitors via asymmetric cell divisions (Kuang et al., 2007; Rocheteau et al., 2012b; Gurevich et al., 2016; Wang et al., 2019; Evano et al., 2020).
In this review, we first summarize studies utilizing transplantation experiments to measure satellite cell functional capabilities. We then discuss evidence indicating that satellite cells are indeed the repopulating cell. Moreover, we review different preconditioning strategies of host tissue to enhance engraftment efficiency in animal models, and common methods to monitor the engraftment of host cells. We note that poor engraftment is one of the greatest challenges limiting the success of cell transplantation experiments, which depends on several parameters such as survival, host immune response, migration to the degenerating tissue, and differentiation of the transplanted cells. Therefore, we provide discussion with possible approaches to overcome the biological challenges associated with engraftment that could be applied to help improve the outcome.
SATELLITE CELLS REPRESENT THE IDEAL SOURCE FOR MUSCLE TRANSPLANTATION
Satellite cells are widely recognized as the most crucial stem cell type for muscle repair with tremendous in vivo regenerative potential. Transplantation of a single fiber or even a single satellite cell contributes considerably to the regeneration of the damaged skeletal muscles by participating in the reconstitution of both the fiber and the muscle stem cell niche (Collins et al., 2005; Sacco et al., 2008).
Over the past decade, studies using single-cell technologies together with engraftment experiments demonstrated that satellite cells are functionally and molecularly heterogenous. Our group and other researchers have characterized subpopulations of Pax7-expressing satellite cells with varying functional potential (Kuang et al., 2007; Sacco et al., 2008; Rocheteau et al., 2012a; Chakkalakal et al., 2014; Scaramozza et al., 2019). We identified a small subset of the satellite cells that have increased levels of Pax7 and lack Myf5 (Pax7+/Myf5−), demonstrating a greater ability for self-renewal compared with their more committed progenitors (Pax7+/Myf5+) (Kuang et al., 2007). Chakkalakal and colleagues (Chakkalakal et al., 2012; Chakkalakal et al., 2014) used a doxycycline (DOX)-inducible TetO-H2B-GFP reporter system to examine the satellite cell heterogeneity with regard to their cell cycle dynamics. Mice containing the Histone2B (H2B)-Green Fluorescent Protein (GFP) fusion protein were transiently subjected to doxycycline to achieve widespread incorporation of the fusion protein into chromatin. Following doxycycline withdrawal, mice were chased for the retention of H2B-GFP label at defined intervals. The GFP label is retained in quiescent non-dividing cells, while it is diluted by half with each cell division in dividing cells (Foudi et al., 2009). The authors demonstrated that the adult satellite cell pool is composed of ∼30% label-retaining satellite cells (LRCs), while the vast majority lost it (non-LRCs). They showed that both these cell populations are present at birth and persist throughout postnatal development and adult life. Furthermore, transplantation studies showed that LRCs function similar to stem cells, generating self-renewing cells capable of differentiation. Meanwhile, non-LRCs are restricted to differentiation, thereby functioning as committed progenitors (Chakkalakal et al., 2012; Chakkalakal et al., 2014). More recently, employing Mx1-Cre transgenic reporter mice, which allows monitoring of resident stem cells in the majority of adult tissues, Scaramozza et al. (2019) identified a rare subset of Pax7+ satellite cells that are enriched for both the Mx1-Cre and Pax3 expression. After irradiation, the Mx1+ SCs undergo clonal expansion and contribute extensively to muscle repair and niche repopulation. Therefore, the radiotolerant Pax7+ Mx1+ subpopulation functions as a reserve muscle stem cell population. Of note, examination of the lineage commitment using markers of self-renewal and differentiation, suggested that Mx1+ satellite cells and LRCs display cellular and functional overlap, and thus they have similar fate biases.
Notably, apart from satellite cells, lineage tracing has identified a variety of stem cell populations in skeletal muscle and the satellite cell compartment including side population cells (Challen et al., 2006), mesenchymal stromal cells (Boppart et al., 2013), pericytes (Dellavalle et al., 2007), interstitial stem cells (Cottle et al., 2017), and fibro/adipogenic progenitors (FAPs) (Joe et al., 2010). These cell populations proliferate following muscle injury and have many features in common, namely cell-surface marker expression and multipotency. In vivo transplantation assays and in vitro co-culture experiments demonstrated that these endogenous stem cell types play an important role in promoting self-renewal, proliferation, and commitment to myogenic differentiation of satellite cells (Peault et al., 2007; Dunn et al., 2019).
Satellite cells are best described by the expression of their canonical marker, Pax7. Several studies have demonstrated that Pax7 expression is necessary for the normal function of satellite cells during both neonatal and adult skeletal muscle myogenesis. By utilizing genetic models of the conditional deletion of Pax7+ cells using tamoxifen-inducible diphtheria toxin from the Rosa locus, studies showed that skeletal muscle regeneration was impeded following muscle injury (Lepper et al., 2011; Murphy et al., 2011; Sambasivan et al., 2011). Interestingly, skeletal muscle without satellite cells was incapable of regeneration even after transplantation of the Pax7-deficient muscle into a healthy host muscle (Lepper et al., 2011; Sambasivan et al., 2011). Furthermore, observations by our group also indicated that deletion of Pax7 in adult satellite cells, by using floxed alleles and tamoxifen-induced inactivation, resulted in a significant reduction in regeneration as evidenced by reduced formation of myofibers (von Maltzahn et al., 2013). Notably, other stem cell populations within the skeletal muscle did not compensate for the loss of Pax7+ satellite cells, and the satellite cell depletion and regeneration defect could only be rescued upon transplantation of Pax7+ cells. Together, these findings provide compelling evidence that these stem cell populations can only contribute to muscle repair in the satellite cell rich environment during injury-induced muscle regeneration, and these observations emphasize the important implication of satellite cells for cell-based transplantation assays.
TRANSPLANTATION-BASED APPROACH TO ASSESS SATELLITE CELL FUNCTIONS
Numerous studies have employed transplantation strategies to assess the self-renewal and differentiation potential of satellite cells. In an early study, satellite cells-expressing GFP were directly isolated from adult muscle tissues and engrafted into the dystrophin-deficient mdx nude muscle and were found to contribute to both myofiber repair and to the muscle satellite cell reservoir (Montarras et al., 2005). Recently, in a two-armed transplantation assay, Kyba and colleagues (Arpke et al., 2021), transplanted simultaneously donor-derived Pax7-ZsGreen satellite cells into both tibialis anterior (TA) muscles of young and old NSG-mdx mice. One limb was used for flow cytometry to quantify the number of undifferentiated (ZsGreen+) satellite cells 1 month after transplantation, i.e., measuring self-renewal capability. The other limb was used in histological analysis to determine the number of dystophin+ fibers, quantifying the contribution of the donor cells to form new myofiber. They found that the ability of satellite cells to self-renew and to properly differentiate was comparable between the old and young mice. In another study, Pax7-YFP knock in satellite cells were isolated by FACS and transplanted into injury-induced regenerating limb muscle of mdx mice. It was found that YFP+ donor-derived satellite cells were able to repopulate the satellite cell compartment, suggesting that this population is capable of self-renewal. They, also observed that could also differentiate and restore dystrophin in mdx myofibers (Kitajima and Ono, 2018).
Most importantly, transplantation experiments from our group using the Myf5-Cre/ROSA-YFP lineage tracing technique, demonstrated satellite cell heterogeneity through their stemness and indicated that about 10% of satellite cells are true stem cells (Kuang et al., 2007). Furthermore, we observed that only the transplanted YFP− satellite cells could produce both self-renewed Pax7+/YFP− satellite stem cells and Pax7+/YFP+ satellite committed progenitor cells through apical-basal asymmetric division. By contrast, isolation and transplantation of YFP+ satellite cells resulted in poor survival and migration, lower engraftment capacity, and precociously differentiated. Similarly, using transgenic Pax7-nGFP reporter mice, Rocheteau et al. 2012a) revealed that a Pax7high cell population is less primed to commitment and maintain stemness in quiescent satellite cells. They showed that proliferating satellite cells with high Pax7 expression asymmetrically segregate their DNA during cell division, while the Pax7low cell population distributes their DNA randomly. Moreover, by serial transplantation they demonstrated that the Pax7 high population has a higher engraftment potential, can self-renew, and give rise to committed progenitors, while the Pax7 low population has a higher propensity for differentiation.
A study by Blau’s group used cytometry by time-of-flight (CyTOF) to identify novel populations of MuSCs based on their surface markers. They discovered two progenitor cell populations, P1 and P2, expressing either CD9 alone or both CD9 and CD104, respectively. Notably, the CD9+/CD104− subpopulation demonstrated higher regenerative capacity upon transplantation into irradiated muscle, suggesting that they possess a greater self-renewal potential to replenish the satellite cell compartment (Porpiglia et al., 2017).
Accumulating evidence demonstrates that primary cilia are critical for satellite cell maintenance in a quiescent state. During quiescence, primary cilia are shown on MuSCc surfaces but rapidly disassembles upon activation and reassembles preferentially in self-renewing MuSCs (Jaafar Marican et al., 2016). Adult MuSCs devoid of primary cilia exhibit a defect in muscle regeneration, poor engraftment, and an increased cell cycle transcriptome signature. The histone deacetylase 6 (Hdac6) has been shown to promote the disassembly of the primary cilium (Palla et al., 2020). In vitro culture experiments demonstrated that tubastatin A (TubA), an agonist of Hdac6, inhibits primary cilium resorption, thereby maintaining satellite cells in their quiescent state and increasing their survival rate. Moreover, treatment of MuSCs with TubA improved engraftment potential upon transplantation (Arjona et al., 2022). In addition, data from our group demonstrated that primary cilia-mediated regulation of GLI3 transcription factor plays an important role in keeping the satellite cells in their dormant G0 state and inhibiting their activation (Brun et al., 2022).
Interestingly, our group has identified that satellite cells also represent heterogeneity with regard to their cell fate capacity (Yin et al., 2013). By clonal analysis, we identified that a subset of satellite cells is bi-potential, thereby being capable of generating myogenic progenitors, or alternatively, brown adipocytes. The switch from myogenic to brown adipogenic fates is regulated by microRNA-133 (miR-133). Downregulation of miR-133 results in upregulation of Prdm16, a brown adipose determination factor. Both muscle and brown adipose tissue (BAT) increase metabolic rates by regulating thermogenesis. Brown adipose is relatively rare in adult humans, and thus transplantation of BAT or promoting endogenous production of BAT from satellite stem cells in muscle could provide a novel approach to stimulate BAT volume, regulate energy expenditure, and impair the development of obesity.
Altogether, multiple lines of evidence utilized transplantation experiments to demonstrate the heterogeneity of satellite cells and that satellite cells vary in their stemness and lineage commitment (Figure 1). However, the stemness properties between satellite stem cell subpopulations (e.g., Pax7high, Pax7+/YFP−, and non-LRCs) or the differentiation potential between satellite myogenic cell subpopulations (e.g., Pax7low, Pax7+/YFP+, and non-LRCs) are currently not known. With the emergence of single-cell technologies, one can delineate the differences between these subpopulations based on their gene expression and protein signatures, lineage commitment, and potentially reveal novel cell populations. It will also be interesting to explore the role of the subpopulations of satellite cells in fiber types specification. The lineage tracing mouse models would allow for flow cytometric purification of the satellite cell subtypes from any muscles. Transplanting these cell subtypes into a regenerating host muscle, then harvesting in 1 month, and immunostaining for terminally differentiated Myosin Heavy Chains (MyHC) would allow for the visualization of different muscle fiber types. This experiment would then determine the satellite cell subpopulations contribution to specific fiber types.
[image: Figure 1]FIGURE 1 | Satellite cell heterogeneity. Satellite cells can give rise to both myogenic and brown adipogenic lineages. miR-133 expression is upregulated as the myogenic program progresses. Prdm16 regulates satellite cell differentiation into brown adipocytes and its expression is inhibited by miR-133. Thereby, miR-133 controls brown adipose determination (dashed arrow). Subsets of satellite cells have differing functional potential (black arrows). Pax7+/Myf5−, Pax7high, and long-term label-retaining populations have the ability to repopulate the stem cell pool. Furthermore, Pax7+/Pax3+ is a rare subpopulation that is resistant to radiation and contains reserve stem cell properties. LRC, label-retaining cells; non-LRC, non-label-retaining cells; SCs, satellite cells.
IRRADIATION AND INJURY-PRECONDITIONING THE HOST ENVIRONMENT FOR EFFICIENT TRANSPLANTATION
A number of studies have focused on approaches to generate a supportive environment within the skeletal muscle to enhance the engraftment efficiency of the transplanted cells. High dose irradiation of the host mouse muscle has been shown to be an effective preconditioning procedure for satellite stem cell transplantation (Morgan et al., 2002; Boldrin et al., 2012). Previous work has suggested that irradiation results in a substantial proliferation of the transplanted cells and their progeny (Beauchamp et al., 1999). It also promotes the transplanted cells to form high numbers of myofibers, and migration to neighbouring muscles is enhanced.
Subjecting mdx nude mice muscles to an 18 Gy dose of irradiation dramatically depletes the satellite cell pool while keeping the basal lamina intact and promoting cell engraftment. However, when the mice were subjected to a 25 Gy dose of irradiation, complete ablation of the host satellite cells resulted, thus impeding donor cell engraftment (Boldrin et al., 2012). This suggests in order to keep the host environment functional, it requires some viable host satellite cells to allow robust donor-derived engraftment to occur. While high dose irradiation is not feasible in a clinical setting, characterizing the pertaining molecular mechanisms could provide more clinically-appropriate strategies to alter the host muscle environment and ameliorate donor cell engraftment. Recent work from Morgan’s group demonstrated that the innate immune response genes were upregulated 3 days after irradiation compared to non-irradiated muscles. Mice with defective innate immune response showed significantly less donor-derived cell engraftment compared to the control. Therefore, this study suggests that irradiation-mediated innate immune system activation plays an important role in increasing donor satellite cell engraftment. It would be of interest to elucidate what cell types are involved within the irradiated host muscle and the mechanism(s) by which they promote donor cell engraftment (Doreste et al., 2020).
In addition to irradiation, muscle pre-treatment regimes to induce injury such as mechanical injury (cryoinjury) (Le et al., 2016), injection of myotoxins (cardiotoxin and notexin) (Heslop et al., 2000; Garry et al., 2016), or chemical agent (BaCl2) (Tierney and Sacco, 2016) are commonly used to augment engraftment. Myotoxins and BaCl2 injure skeletal muscle by compound mechanisms that result in selective breakdown of endogenous myofiber membranes without affecting the blood vessels, nerves, or muscle fiber basal lamina (Couteaux et al., 1988; Harris, 2003). Notably, cryoinjury is the most damaging model resulting in depletion of satellite cells up to 96% and in the destruction of their environment, forming a “dead zone” lacking viable cells (Hardy et al., 2016).
A study published by Hardy and colleagues compared these different commonly used injury models in immune-competent mice (Hardy et al., 2016). It was found that all these injury models display similar necrosis at onset, and that a full regeneration was achieved 1 month after injury. They, however, demonstrated significant variation in parameters such as satellite cell survival and expansion, re-vascularization of the tissue, and immune profile during regeneration. Thereby each model represents a distinct regeneration profile. Interestingly, the production of the inflammatory cytokines in the cardiotoxin injury model was restored to normal levels once histological analysis of the muscle tissue revealed a complete regeneration. However, in the other models, despite a normal histological appearance, the expression level of cytokines was never returned to normal, suggesting prolonged inflammation. In another report (Silva-Barbosa et al., 2005), however, the level of inflammatory cell infiltration was higher in the host TA muscles of the cardiotoxin-treated immunocompromised mice when compared to that induced by cryoinjury. This study also found more transplanted donor cells after cryoinjury when compared to the cardiotoxin group. The authors thus claimed that the difference observed between the two injury models, can be at least partially, explained by the higher number of inflammatory cells following cardiotoxin-induced injury.
It has been demonstrated that the interaction of the satellite cell with inflammatory cells (mostly the macrophages) is crucial for efficient regeneration (Chazaud et al., 2003; Yang and Hu, 2018). In addition, most studies focusing on muscle injury models have been utilizing immune-competent mice, who display varying responses. Thus, it would be interesting to investigate the effect of these injury methods in immunodeficient mice, where inflammation may be suppressed. Taken together, while the muscle tissue is able to fully regenerate in all these injury models, one should consider that the alterations in the satellite cells microenvironment (niche) and the trajectories of the regenerative process vary considerably among these injury models. Thus, the preferred type of injury model depends on the study design and desired outcome.
Additionally, Olwin and his group (Hall et al., 2010) demonstrated that transplantation combined with an injury (Cardiotoxin or BaCl2) modifies the host environment and results in a greater regenerative capacity in the engrafted satellite cells, thus eliciting an increase in muscle mass and muscle function. Similar observations have been made by our group (Price et al., 2014; Wang et al., 2019; Feige and Rudnicki, 2020) whereby the skeletal muscle transplantation experiments incorporated cardiotoxin injection of the host muscle prior to the transplantation, resulted in efficient engraftment into immunocompromised mdx recipient mice.
To further investigate the effect of the modulation of the host muscle environment on skeletal muscle stem cell regenerative potential, Morgan and colleagues (Meng et al., 2015) used human skeletal muscle-derived stem cell types in two immunodeficient mouse strains (mdx nude and C5−/γ chain−/Rag2−) that had been subjected to either irradiation, or cryoinjury, or both. Cryoinjury or a combination of cryoinjury and irradiation resulted in higher muscle fibers of donor origin in both mouse strains, than by irradiation alone. An interesting finding was that when the two mouse strains were challenged with similar conditions, the C5−/γ chain−/Rag2− mice was shown to be a superior recipient mouse strain than mdx nude mice for transplantation of human muscle stem cells, mostly due to the fact that the C5−/γ chain−/Rag2 mice have a more profound immunodeficiency. This study revealed that the ability of the exogenous stem cells to contribute to muscle regeneration is affected by the different environments present in the recipient mouse strains and also is dependent on the types of modulations of the host muscle prior to cell transplantation (Meng et al., 2015).
Subsequently, the benefit of irradiation coupled with injury was further confirmed in transplantation assays of low numbers of hindlimb satellite cells (as few as 300 cells) with and without irradiation and showed that the contribution of satellite cells to repopulate the niche and form new myofibers were substantially reduced in the absence of irradiation (Arpke et al., 2021). Data from the irradiation-tolerant immunodeficient NOD-Rag (NRG) mice (Pearson et al., 2008) undergoing a high level of irradiation at 25 Gy in combination with cardiotoxin injection showed that this preconditioning of the host environment not only eliminated almost all of the host tissue of the mouse origin but also the development of hybrid human donor-murine host fibers (Sakellariou et al., 2016). Taken together, these observations support the notion that acute muscle injury in combination with irradiation as a strategy to induce changes in the cellular composition of the host environment prior to transplantation results in an extensive self-renewal to replenish the satellite cell pool and contribution to muscle repair (Figure 2).
[image: Figure 2]FIGURE 2 | Preconditioning the host muscle environment prior to transplantation. Pre-treatment strategies to modulate the host muscle environment includes irradiation (top panel), injury-induced (middle panel), or a combination of irradiation and acute injury (bottom panel). Acute muscle injury combined with irradiation exhibit a high level of engraftment, as schematized by a transverse section of a transplanted muscle showing an increased contribution of fibers by transplanted cells (marked as green fibers) compared with the other two approaches. The Green cells surrounding the fibers represent satellite cells donor-derived cells that have undergone self-renewal.
ASSESSING THE SUCCESS OF ENGRAFTMENT
Optimizing stem cell-based transplantation assays requires a good understanding of their cellular kinetics, differentiation potential, and fate following engraftment. Therefore, reliable imaging assays play a critical role in the assessment of engraftment. The classical approach for evaluating engraftment in animals is the analysis of muscle histopathology. Donor-derived cells are typically genetically labeled with reporter genes encoding for the GFP gene, β-galactosidase gene (Asakura and Rudnicki, 2002; Asakura et al., 2007), or the alkaline phosphatase gene (Gerard et al., 2009). These reporter genes are typically introduced into cells using transfection or viral infection assays. Alternatively, the cells are derived from transgenic reporter mice carrying a transgene.
For example, primary myoblasts expressing tdTomato derived from transgenic Pax7-CreER;R26R-tdTomato mice after treatment with tamoxifen were transplanted into an immunocompromised host. Scoring for tdTomato + myofibers that represents fusion of the transplanted cells was performed 1 week following transplantation to provide insights into the behavior of the transplanted tdTomato + myoblasts (Bentzinger et al., 2014). In another example from our group, the TA muscle of immunocompromised mdx mice was pre-injured with cardiotoxin and transplanted with Pax7-ZsGreen expressing satellite cells freshly sorted from reporter mice (Price et al., 2014). The benefit of using mdx mouse model is that the restoration of dystrophin by transplanted donor stem cells can be assessed. To evaluate the efficacy of satellite cell transplantations in mice, Chakkalakal et al. (2014) used a novel lineage tracing system, the Tet-on-H2B-GFP transgenic reporter mice. H2B is a histone protein that plays a role in the DNA packaging of eukaryotic cells, thereby any H2B-GFP signal will be restricted to nucleus. This is crucial as the GFP signal will not diffuse through the muscle fibers once the H2B-GFP+ cells have fused into the fibers. In addition, recent studies using endogenous reporter Myf5-Cre/R26R-nTnG mouse model allowed for discrimination between the committed satellite myogenic cells (nGFPPos) from satellite stem cells (nTdTPos) (Wang et al., 2019; Feige and Rudnicki, 2020).
The conventional histological analysis is, however, extremely challenging to quantify, time-consuming, and dependent on sacrificing the experimental animals at different time points. Thus, over the past years, investigators sought non-invasive or minimally invasive methods. The Blau laboratory (Sacco et al., 2008) discovered a non-invasive in vivo bioluminescence imaging (BLI) technique to monitor muscle stem cells behaviour by crossing Myf5-nLacZHet mice with firefly luciferase (FLuc) transgenic mice. The BLI assay allows the dynamics of stem cell behavior to be evaluated in ways not feasible when using conventional histological approaches. For example, viability, proliferation, and engraftment of the donor-derived muscle stem cells can be monitored following transplantation until muscle homeostasis is reached. Additionally, the response of the stem cells to injury and their contribution to regeneration can be tracked over time without the need to sacrifice animals at different time point. Of note, the bioluminescence signal penetration depth is maximal (upto 2 cm) in the skin and muscle tissues and thus reduction in signal is not a limiting factor (Massoud and Gambhir, 2003). Interestingly, reports from Rando’s group (Maguire et al., 2013; Filareto et al., 2018) described “regeneration and degeneration reporter” mice strains by conditionally expressing luciferase in satellite cells or in the myofiber of the skeletal muscle, respectively. Mating these mice with dystrophic mouse models, such as mdx, allowed for the assessment of disease progression directly in living animals overtime. These results collectively highlight the usefulness of luciferase reporter animals as quantitative and robust tools for the non-invasive long-term assessment of experimental therapeutic interventions for animal models of muscular dystrophy. We note that although the histological analysis is technically challenging and time-consuming, it still offers certain advantages over BLI, in that it allows for tracing of multi-lineage commitment of satellite cell subtypes and exploring satellite cell heterogeneity.
APPROACHES TO OVERCOME TRANSPLANTATION CHALLENGES
While satellite cells represent the ideal cell type to be utilized in transplantation assays not only because of their remarkable regenerative capacity but also their contribution to the satellite cell pool, a number of caveats limit their engraftment potential. Satellite cells’ remarkable regenerative capacity is rapidly lost once they are isolated and expanded in culture. For instance, the engraftment ability of the mouse myoblasts grown ex vivo after 3 days in culture was significantly reduced (Montarras et al., 2005; Sacco et al., 2008). Similarly, growing canine primary myoblasts in vitro cultures demonstrated lower engraftment capacity compared with freshly isolated canine muscle stem cells (Parker et al., 2012). Expansion of human myoblasts in vitro prior to transplantation into DMD patients also resulted in a considerable reduction in engraftment efficiency and failure to contribute to the muscle stem cell reservoir (Gussoni et al., 1992; Bouchentouf et al., 2007). Therefore, a number of recent studies have been focusing in developing approaches to alleviate this problem to a certain extent. Remarkably, manipulation of biophysical properties, in terms of tissue stiffness, geometry, and extracellular matrix composition, helped researchers to develop culture systems to mimic the natural microenvironment of the satellite stem cell niche. In contrast to rigid plastic cell culture dishes, growing the satellite stem cells on soft hydrogels, which mimic the plastic module of muscle tissue, supports in vitro self-renewal and thus can help maintain engraftment and niche repopulation capacity (Gilbert et al., 2010). Moreover, bioengineering strategies have also been employed to enhance the delivery, survival, and maturation of transplanted cells following expansion. Generation of injectable, encapsulating 3D biomaterials, such as synthetic macromers (Han et al., 2018) and bioactive hydrogels (Quarta et al., 2017), that mimic the hierarchical structural organization of muscle and can be used to deliver growth factors has been shown to boost transplantation potential in mdx muscles.
Alternative approaches rely on supplementation of culture media with small molecules to modulate signaling pathways that aim to retain stemness properties while inhibiting terminal myogenic commitment. Work from our own lab has identified the Wnt7a/Fzd7/Vangl2 and EGFR/Aurka pathways as key modulators of the symmetric and asymmetric satellite stem cell divisions, respectively (Le Grand et al., 2009; Wang et al., 2019). Wnt7a and EGFR control satellite stem cell division in the myofiber niche by regulating centrosome recruitment. Wnt7a was shown to increase the pool of self-renewing stem cells by favoring symmetric division, while EGFR promotes asymmetric division and thus increases the pool of committed progenitors. EGF treatment in vivo rescued asymmetric divisions in dystrophin-deficient satellite stem cells, thereby stimulating the productive generation of myogenic progenitors and enhancing regeneration and muscle strength (Wang et al., 2019).
The ability of satellite cells to regenerate declines with age largely due to the decrease in their number and molecular changes in their niche. In aged animals, the Notch-p53 axis is downregulated, resulting in mitotic cell death and thus impaired muscle repair (Liu et al., 2018). In contrast, some key morphogenic signaling pathways, such as Wnt (Brack et al., 2007), JAK-STAT (Price et al., 2014), and TGFβ/pSmad3 (Carlson et al., 2008) are prematurely activated in aged muscle, causing inflammation and a defect in satellite cell proliferation. The application of heterochronic parabiosis strategies restored a more “youthful” calibration of these pathways in the aged satellite cells, and consequently promoted rejuvenation of the aged tissue and significant muscle regeneration (Conboy and Rando, 2012; Conboy et al., 2013). In addition, pharmacological targeting of the aged satellite cells to enhance or attenuate these signaling pathways in defined culture conditions, prior to their transplantation into old animals, contributed to new myofiber formation with enhanced efficiency than the control untreated satellite cells (Price et al., 2014; Liu et al., 2018; Mehdipour et al., 2019).
The limited migratory capacity of transplanted cells is another substantial issue associated with poor cell engraftment. Several strategies have been explored to enhance satellite cell migration upon intramuscular transplantation in mice, most of which involve the activation of specific signaling pathways. We showed that Wnt7a regulated the motility of the satellite cells through activation of noncanonical Wnt signaling, thereby improving donor cell engraftment ability and increasing muscle strength upon transplantation into dystrophic muscles (Bentzinger et al., 2014). Coinjection of mouse pro-inflammatory macrophages along with satellite cells or myoblasts showed improved donor-derived regeneration, which was attributed to improved donor cell proliferation, migration, and delayed differentiation (Lesault et al., 2012; Rybalko et al., 2015). miR-708 is a quiescence-specific mirtron that acts as a downstream target of Notch signaling to repress Tensin3 and thus maintain satellite cells within their quiescent niche. Tensin3 is a major component of focal adhesion (FA)-associated proteins that play a critical role in regulating cell adhesion and migration. Therefore, Notch signaling maintains satellite cell quiescence by antagonizing the migratory machinery. It thus remains interesting to further investigate whether downregulation of Notch signaling and hence miR-708 would result in increased migration capacity of the satellite cells and thereby enhanced engraftment efficiency (Baghdadi et al., 2018).
CONCLUDING REMARKS AND PERSPECTIVES
Satellite cells are the critical cellular source for muscle regeneration, and hence they are the most promising means in cell engraftment assays. As discussed in this review, they possess self-renewal and myogenic differentiation potential, and can be easily identified based on their location and molecular signature. Moreover, growing evidence indicates that the satellite cell population is not homogenous and that the transplantation approaches involving them provide an important tool to understand their fate decisions and heterogeneity in vivo. Additionally, studies using single-cell technologies in combination with transplantation approaches can represent promising avenues to further investigate the heterogeneity of the satellite cell compartment. This can help identify novel subpopulations and delineate a myogenic trajectory from quiescent stem cells to committed progenitors in vivo in skeletal muscle. Therefore, such studies will be valuable to characterize satellite cell regulation to gain a deeper understanding of the components of homeostasis and the regeneration capabilities of skeletal muscle.
Significant progress has been made in recent years in the isolation of satellite cells, leading to the extensive characterization of human satellite cells and their transplantation (Garcia et al., 2017). The transplantation of human satellite cells into mice demonstrated that these cells can successfully integrate with irradiated host muscles to produce muscle fibers and self-renew (Marg et al., 2014). The ability to grow human muscle fibers in a host animal can be helpful for many research applications, including the study of their cellular heterogeneity and the potential development and testing of therapeutics in preclinical models.
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Mutation Method of mutagenesis Severity Original publication

C201R ENU-induced Mid Achili et al., Dis Model Mech., 2009
AETAQ CRISPR knock-in Severe Morelii et al., J Clin Invest., 2018
P278KY Spontaneous Severe Seburn et al.,, Neuron, 2006

G240R Adenovirus overexpression Moderate Seo et al., J Mol Histol., 2014
L129P Adenovirus overexpression Pain Seo et al., J Korean Med Soc., 2014

Table 1 The C201R allle is not foundin patients. While it causes marked weakness and reduced nerve conduiction velocity, it has very little axon loss in motor or sensory nerves. The
AETAQ allele is a mouse model recreating a de novo human mutation. It has a severe phenotype and pronounced axon Ioss in motor and sensory axons beginning at a few weeks of age.
The P278KY allele is also not found in patients. It has a phenotype slightly more severe than AETAQ and can fead to premature mortalty in an inbred genetic background. Al three
mutations are dominant and lead to a similar activation of the integrated stress response. The G240R and L129P mouse models were generated by viral overexpression of the mutant
proteins. This has the advantage of efficiently testing pathogenicity for potential gain-of-function or dominant-negative alleles, but axonopathy was not characterized in these models.
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Primer sequence 5'-3'

Forward

GGCCTACAAGAGACAAGCTGA
TCTAAGGCCAAGGGAAACCTC
TCGCTACAACAGATGCGGAC
CACCTGGACGATGCTCTCAGA
'CCAACACCAACCTGTCCAAGT
TACTTGCTACCCTCAGGTGGCT
ACGCTAGTGCTGAAGCAGATGG
CGGCAAGAAGCAGATCCAGA
AGACCAGAAGGTGCTGACAGT
CACCAACAATGAGAGGGTGG
TGACGGCATGCCTGAATGTA
TGCTCTGATGGCATGATGGATT
ATCCAGTACATTGAGCGCCT
CCGGTGACCATGAGCAGTTT
TGACCAGTGACTCCAATATG
AGCTACTGGAAGGGGAGGAG
GAGAACACAGGGAAGCGAGT
CGAGTGCCCTACACCTTCTG

Reverse

ACTTTCCTGCACTTGGATCA
TACCAGCGCTTCCTTCTCATC
CCTGGGGTCTTGGTTTCGTT
GCTCTTGCTCGGCCACTCT
AGAGGTTATTCCTCGTCGTGCAT
TGTCATCGGGCACAAAAACATC
ACCGTACGAAGTGAGGGTGT
TCCTCGGCCTGGTAAGTCA
CCGGGAGCCATTTGTATGGG
GGTGTCTTTGACACAGGGTCC
GCTCGGATGGCTCTGTAGAC
AGATGCGCTCCACTATGCTG
CAAATGATCTCCTGGGTTGGG
TTGGGCTTCTCGTTGGTCAG
GTTTATCTGGTGAC! CAG
TCCAGGTCACTGTGCTGTTC
GCTGCTTTCCACTCCGTCTA
GGGGACTTGATGGCGATTTG

Efficiency (%)

1023
107.3
92.4
102.4
101.3
90.2
108.7
97.4
106.6
97.9
96.0
98.1

100.2
106.5
11.7
92.0
1105
929

Accession code

NM_030679.2
NM_001039545.2
NM_001099635.1

NM_0108556.3
NM_001164171.1

NM_080728.3

NM_177369.3
NM_001081250.2
NM_001085378.2

NM_009974.3

NM_008656.5

NM_010266.2

NM_031189.2

NM_018781.4

NM_010275.3
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NMD 2D/3D Cell types Observed disease characteristics References Future directions
MN Membrane hyperexcitability, aberrant Kiskinis et al. (2014); Wainger et al. | e Generation of hiPSC-derived MN subtypes
vesicle trafficking, ER perturbation, (2014); Shi et al. (2018) e Incorporation of different MN subtypes into
reduced lysosomal biogenesis, oxidative NMJ models
oD stress e Comparison to patient NMJ morphology
SkM Limited fusion, smaller myotubes, limited | Lynch et al. (2019); Badu-Mensah | e Investigations into origin of NMJ abnormalities
AChR expression, metabolic dysfunction, et al. (2020) o Addition of SCs
ALS reduced force, pathological RNA foci,
oxidative stress, TDP-43 aggregation
3D MN/SkM Higher MN degradation rates, fewer Osaki et al. (2018); Guo et al.
contractions, increased SkM apoptosis, (2020b)
axonal varicosities, limited axonal growth,
increased excitability
2D MN/SkM Reduced contractility, increased NMJ Steinbeck et al. (2016) e Use of MG donor cells for MNs and SkM
complement deposition e Comparison to patient NMJ morphology
3D MN/SKM Decreased number of MN-activated Bakooshli et al. (2019); Vila et al. | ® Addition of autoreactive T-cells,
MG myofibers, localized deposition of (2019) macrophages, and SCs
complement C3c¢ protein on AChRs,
phenotypic and functional responses that
match donor disease severity
MN Increased Ca®* overload, cytoskeletal Patel et al. (2019) e Modeling fibrosis
disorganization e Comparison to patient NMJ morphology
2D ‘qati ; o iti
SkM Satellite cell dysfunction, impaired Blau et al. (1983); Imbert etal. | ® Investigations into origin of NMJ abnormalities
myotube formation, attered Ca2+ (1995); Kong and Anderson (1999); | ® Addition of immune cells, SCs, and FAPs
handling, decreased AChR clustering Wang Y.X. et al. (2019)
DMD SkM Decreased fusion, lowered contractile Nesmith et al. (2016); Al Tanoury
force, atrophic myotubes, decreased et al. (2021); Ebrahimi et al. (2021)
3D nuclear anisotropy
MN/SkM Loss of AChR and NMJ volumes, Paredes-Redondo et al. (2021)
impaired contractility, downregulation of
NMJ genes
MN Ribonucleic foci, splicing abnormalities Xia et al. (2015) e Improved stability of toxic repeats
SkM RNA splicing abnormalities, formation of | Gao et al. (2016); Ueki et al. (2017); | « 3D NMJ model development
oD ribonucleic foci Martineau et al. (2018) e Analysis with fast muscle fiber subtypes
DM o Addition of immune cells and SCs
MN/SkM Diminished synaptogenesis and Marteyn et al. (2011)
increased neurite outgrowth
3D SkM Ribonucleic foci, lowered MBNL Fernandez-Garibay et al. (2021)
expression, reduced myotube diameter
MN Glycogen and secondary lipid Huang et al. (2019); Cheng et al. | e Increased maturation and longer culture for
accumulation, increased apoptosis, (2021) baseline functional weakness
oD enlarged lysosomes o NMJ model development
Pompe SkM Limited GAA activity, glycogen Sato et al. (2016); van der Wal et al. | o Analysis with fast muscle fiber subtypes
accumulation (2017) o Addition of microglia and SCs
3D SkM Lack of GAA activity, increased glycogen Wang et al. (2021)

levels, lysosomal enlargement, expected
transcriptomic changes
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Ethylene dH,0 GOPS

concentration glycol concentration concentration
(v/v%) concentration (v/v%) (v/v%)
(v/v%)
1 30 61 4
2 5 30 63
3 30 64 1
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Target line width (Lm)  Nozzle size Sheath gas Carrier gas

(wm) flow rate flow rate
(sccm) (scecm)
15 100 50 18
20 100 50 20
30 150 70 25
40 150 60 25
50 150 50 25

Scanning speed = 100 mm/min, working distance = 3 mm.
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A higher scaling factor will generate a
larger system, increasing the fluid volume,
and the number of cells needed to reach
functional organ volume ratios, thus
making the device more expensive.

A lower scaling factor will generate a
smaller system, with small volume of blood
surrogate but also possibly cause difficulty
in system operation.

Higher fluid volume can dilute the
metabolites produced in the device,
making measurements of metabolite
toxicity less relevant to what occurs in vivo.
Value is based on the physiological cell
density, functional organ volume (eliminate
the volume occupied by the scaffold
material) and seeding area.
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