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Editorial on the Research Topic 


Ecophysiology and biogeochemistry of marine plants in the anthropocene


Climate change in the Anthropocene detrimentally effects the livelihood of marine plants and their coastal habitats (Halpern et al., 2008; Waycott et al., 2009; Larkum et al., 2018a; Larkum et al., 2018b), due to increased frequency and severity of extreme environmental events such as: ocean deoxygenation, heatwaves, heavy rain and storm events (Easterling et al., 2000). Hypoxic conditions in the water column, e.g., induced by eutrophication or the shoaling of deoxygenated water (Diaz and Rosenberg, 2008), markedly affect the oxygen availability and internal aeration of marine plants (Colmer, 2003; Greve et al., 2003; Brodersen et al., 2017a), which increases their susceptibility to intrusion of reduced toxic compounds (e.g., hydrogen sulphide) from the sediment (Pedersen et al., 2004; Borum et al., 2005; Holmer and Hasler-Sheetal, 2014; Brodersen et al., 2015a). Coastal eutrophication-driven blooms of epiphytes on seagrass and other marine plant leaves (Borum, 1985) can shade the leaves for light and limit essential gas and nutrient exchange with the water column (Brodersen et al., 2015b; Brodersen et al., 2020; Noisette et al., 2020). Elevated temperature can weaken the blue carbon sink capacity of vegetated coastal ecosystems (Trevathan-Tackett et al., 2020) and can lead to oxygen deficiency in plants living close to their thermal stress threshold (Raun & Borum, 2013; Pedersen et al., 2016). Increased temperature can also lead to decreased seagrass productivity and biomass (George et al., 2018) and elevated microbial activity in the sediment increasing the sulphide pressure on the plants (Blaabjerg et al., 1998; Lamers et al., 2013) and elevated emissions of methane from seagrass sediments (George et al., 2020), further weakening their climate mitigation capacities. Finally, drops in salinity and high ammonium availability can interact synergistically in a negative impact on marine plant fitness (Villazán et al., 2015; Sola et al., 2020).

In light of the above-mentioned threats, future climate conditions will arguably have major impacts on the function and fitness of vegetated coastal ecosystems worldwide and thus on their ecological roles. Gaining a better understanding of the environmental regulation of marine plants and their ecophysiology is thus important for the planning of climate adaptation strategies and development of innovative and sustainable protection strategies for marine plants to better protect and secure vital ecosystem services and functions of vegetated coastal ecosystems in the Anthropocene. The present Research Topic is a compilation of 14 articles that aim to advance our understanding of how changing environmental conditions in the Anthropocene affects the ecophysiology and biogeochemistry of marine plants. The Research Topic is divided into 3 subtopics: (i) articles that discuss effects on the phyllosphere and rhizosphere conditions, (ii) articles that focus on impacts of ocean warming on marine plants and ecosystems, and (iii) articles that studied effects on seagrass metabolism and biogeochemical cycling.

Anthropogenic and climate change-related effects on seagrass phyllosphere and rhizosphere dynamics are discussed in the articles by Brodersen and Kühl, Koop-Jakobsen et al., Martin et al., Scholz et al., and Zhang et al. (subtopic 1). Brodersen and Kühl review how epiphytes affect the seagrass phyllosphere. They describe how the phyllosphere micro-habitat is affected by eutrophication-induced epiphytic biofilm communities and changing environmental conditions. Epiphytes impede leaf photosynthesis in light, owing to shading and a combination of induced hyperoxia and reduced CO2 availability due to phyllosphere basification and epiphytic carbon fixation. Also, absorbed light energy in the epiphyte cover can lead to leaf surface warming, potentially aggravating negative effects of climate change. In darkness, anoxia within the epiphytic biofilm can result in toxic nitric oxide production via denitrification. Such phyllosphere stress conditions at night-time may be exacerbated by global warming. Koop-Jakobsen et al. employed planar O2 optodes to describe rhizosphere oxygenation of high- and low-marsh ecotypes of Elymus athericus, a fast-spreading marsh plant. Results revealed oxygen release along the roots and oxic root zones in both marsh ecotypes in light and dark conditions. However, no differences were found in the belowground tissue oxygenation capacity between ecotypes, making E. athericus a highly competitive marsh plant in areas affected by fast sea-level rise. Martin et al. used 16S rRNA gene sequencing combined with  analysis of seagrass nutrient (e.g., isotopic signatures of C and N) and heavy metal concentrations  in tissue to investigate potential links between environmental metal and nutrient pollution to the microbial community associated with seagrass (Halophila ovalis) roots collected in an anthropogenically influenced estuary. Results indicate that changes in the composition of the seagrass root microbial community can potentially be used as a bioindicator for environmental conditions, such as pollution and contamination. Scholz et al. review experimental approaches to investigate the seagrass rhizosphere. They describe and discuss microenvironmental analysis techniques such as microsensors, optical sensors (e.g., planar optodes and sensor nanoparticles), and gel sampling methods (e.g., DETs and DGTs). Furthermore, they identify knowledge gaps and potential methodological advances in seagrass research. Studies of geochemical gradients in the seagrass rhizosphere are important as the plant-driven chemical gradients, protect the plants against reduced, anoxic sediment conditions (Brodersen et al., 2018) and can enable nutrient uptake (Brodersen et al., 2017b)while changes in the natural chemical gradients can cause plant stress and die-off (Borum et al., 2005; Brodersen et al., 2015a). Zhang et al. investigated the impact of epiphytic biofilms on the chemical microenvironment of the seagrass (Z. marina L.) leaf surface, as measured with microsensors. They demonstrated that the phyllosphere chemistry was mainly affected in the light by the metabolic activity of epiphytes leading to high O2 concentrations and pH in the seagrass leaf microenvironment, which reduced the CO2 availability for the seagrass leaf. The study thus advances our understanding of the effects of eutrophication-induced epiphytes on seagrass performance and the leaf surface microenvironment.

Impacts of increasing temperature on seagrass performance, health and abundance are described in articles by Graham et al., Hansen et al., Jueterbock et al., Plaisted et al., and Yucharoen et al. (subtopic 2). Graham et al. addressed the effects of seagrass wasting disease infection on eelgrass (Z. marina L.) growth and sugar production in a natural meadow in relation to ocean warming under climate change. Seagrass wasting disease impaired eelgrass growth and accumulation of belowground rhizome sugar, suggesting a disease-induced reduction of below-ground carbon accumulation. This study highlights the need to consider pathogen infection effects co-occurring with warmer conditions. Hansen et al. used gas exchange measurements to determine effects of global warming on the photosynthesis, respiration and diel O2 budget of eelgrass (Z. marina L.) leaves with and without epiphytes. Leaves with epiphytes were more affected by elevated seawater temperatures than bare seagrass leaves, as indicated by a lower light use efficiency, higher light requirements and a more negative diel O2 balance at high seawater temperatures. Epiphytic growth on seagrass leaves can thus aggravate other detrimental effects of climate change on seagrass performance.

Jueterbock et al. utilised a combination of Pulse Amplitude Modulated (PAM) fluorometry and RNA-sequencing to describe the photosynthetic characteristics of eelgrass (Z. marina L.) under strong annual fluctuations in day length to investigate adaptations to polar light conditions and the possibility of poleward range expansion into the Arctic region in response to global warming. Results suggested that Norwegian eelgrass populations are able to repress respiration and up-regulate genes related to carbon fixation and chlorophyll synthesis, to tolerate winter dim light conditions via metabolic dormancy. Plaisted et al. utilised long-term monitoring data to investigate regional changes in the presence and abundance of eelgrass (Z. marina L.) in relation to local sea surface temperatures. They demonstrated that the summer water temperature of the previous year is an important predictor of eelgrass presence in the region (Northeastern USA), where above average summer temperatures are associated with an increased probability of eelgrass absence, and below average summer temperatures are linked with the highest probability of eelgrass presence in the following year. The study thus delivers new insights on climate change related impacts on seagrass abundance. Yucharoen et al. utilised PAM fluorometry to assess the thermotolerance of tropical shallow-water corals, seagrasses and macroalgae. The study compared the physiological responses to elevated temperature and interspecific sensitivity of species from the different organism groups and furthermore examined the utility of an integrated biomarker response (IBR) approach to evaluate and integrate the candidate responses. Results showed that the IBR index provides a useful tool for assessing the vulnerability of marine organisms to ocean warming and demonstrated that species and organism groups differ in their sensitivity to elevated temperatures. This study underscore that extreme heating events and global warming can have consequences for ecosystem structure and functions in future oceans.

The metabolism of seagrass and their contribution to biogeochemical processes and element cycling in the Anthropocene is described in articles by Apostolaki et al., Asplund et al., Léger-Daigle et al., and Olive et al. (subtopic 3). Apostolaki et al. investigated the potential of dead seagrass Posidonia oceanica mattes to act as biogeochemical sinks and archives in coastal areas of the Mediterranean. Results indicate that dead P. oceanica mattes are sinks for carbon and contaminants and thus contain signals of past environmental change and contamination. The study thus adds important new knowledge of paleoecology to blue carbon research of seagrass sediments. Asplund et al. utilized benthic chambers to determine methane (CH4) emissions from Nordic seagrasses (Z. marina L.) during summer. The authors provide new fundamental insights on the effects of temperature, salinity and soil carbon on net methane emissions from seagrass sediments. Results showed relatively weak methane emissions from Nordic Z. marina meadows, where the net methane release was positively affected by the sedimentary carbon content. Thus, the emission of methane from seagrass meadows might increase with elevated temperatures and eutrophication driven increases in sedimentation. Léger-Daigle et al. used PAM fluorometry, pigment content and metabolic measurements to assess photoacclimation and light thresholds of cold temperate seagrasses (Z. marina L.). The study provides novel insights into the photoacclimation response of eelgrass to a wide range of light conditions via photosynthetic and physiological changes. The authors show that eelgrass is capable of photosynthetic adjustments at irradiances below the threshold between limiting and saturating irradiances, as well as, sustained maximal photosynthesis rates from saturating light down to a photon irradiance of 74 µmol photons m-2 s-1. These results highlight the capacity of eelgrass to acclimate to decreasing light conditions in coastal environments, often considered one of the main limiting factors for eelgrass growth and persistence. Finally, Olive et al. assessed the metabolism and nutrient cycling contribution of tropical seagrass (Syringodium isoetifolium) in the sediment and benthic community of a tropical reef lagoon. They show that the S. isoetifolium meadow was net autotrophic across the lagoon and reduced the heterotrophy of the whole benthic community. However, there was a large variability in the metabolic balance of the benthic components among sites, mainly related to the environmental variability found in the lagoon. This study highlights the need to investigate how community functioning can vary according to environmental variability driven by human activities in changing oceans.

In summary, the articles in this Research Topic elucidate the diverse range of potential negative effects of human activity and climate change related impacts on marine plants in the Anthropocene. Such effects include epiphyte-induced extremes in the seagrass leaf surface microenvironment, as well as ocean warming-induced reduction in seagrass abundance and potential positive correlation with increased seagrass wasting disease, which may reduce belowground carbon accumulation in infected meadows. However, the contributions to this research topic also provide insights into other important aspects such as seagrass paleoecology, factors affecting the microbial community of the rhizosphere, methane emissions, and photoacclimatory responses.
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In the last decades, the spread of Elymus athericus has caused significant changes to the plant community composition and ecosystem services of European marshes. The distribution of E. athericus was typically limited by soil conditions characteristic for high marshes, such as low flooding frequency and high soil aeration. However, recently the spread of E. athericus has begun to also include low-marsh environments. A high-marsh ecotype and a low-marsh ecotype of E. athericus have been described, where the latter possess habitat-specific phenotypic traits facilitating a better adaption for inhabiting low-marsh areas. In this study, planar optodes were applied to investigate plant-mediated sediment oxygenation in E. athericus, which is a characteristic trait for marsh plants inhabiting frequently flooded environments. Under waterlogged conditions, oxygen (O2) was translocated from aboveground sources to the roots, where it leaked out into the surrounding sediment generating oxic root zones below the sediment surface. Oxic root zones were clearly visible in the optode images, and no differences were found in the O2-leaking capacity between ecotypes. Concentration profiles measured perpendicular to the roots revealed that the radius of the oxic root zones ranged from 0.5 to 2.6 mm measured from the root surface to the bulk anoxic sediment. The variation of oxic root zones was monitored over three consecutive light–dark cycles (12 h/12 h). The O2 concentration of the oxic root zones was markedly reduced in darkness, yet the sediment still remained oxic in the immediate vicinity of the roots. Increased stomatal conductance improving the access to atmospheric O2 as well as photosynthetic O2 production are likely factors facilitating the improved rhizosphere oxygenation during light exposure of the aboveground biomass. E. athericus’ capacity to oxygenate its rhizosphere is an inheritable trait that may facilitate its spread into low-marsh areas. Furthermore, this trait makes E. athericus a highly competitive species in marshes facing the effects of accelerated sea-level rise, where waterlogged sediment conditions could become increasingly pronounced.
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INTRODUCTION

Elymus athericus (Link) Kerguélen (henceforth referred to as Elymus) is markedly increasing its areal coverage in NW European salt marshes, altering the characteristic plant community composition and becoming a dominant plant species (Leendertse et al., 1997; van Wijnen et al., 1997; Valéry et al., 2017; Hartmann and Stock, 2019). This spread has been described as one of the most significant changes of the NW European salt-marsh landscape in the last decades (Valéry et al., 2004). The spread of Elymus may significantly impact the ecosystem services that the salt marshes provide altering the sedimentation and carbon storage capacity (Valéry et al., 2004; Hartmann and Stock, 2019; Nolte et al., 2019) and changing the marshes’ role as a nursery for the coastal fish populations (Laffaille et al., 2005).

Elymus is primarily confined to the high marsh, characterized by lower inundation frequency (Bockelmann et al., 2002) and higher soil aeration (Armstrong et al., 1985). The spread of Elymus in the high marsh has, in part, occurred in response to the abandonment of grazing practices and increased man-made drainage activities (Rupprecht et al., 2015; Hartmann and Stock, 2019), as well as increased sedimentation enhancing the surface elevation (Nolte et al., 2019). Increased nitrogen loading may also be a driver for the spread of Elymus in European marshes (Olff et al., 1997; Van Wijnen and Bakker, 1999; Rozema et al., 2000; Valéry et al., 2017). This is, however, not always the case (Bockelmann and Neuhaus, 1999; Veeneklaas et al., 2013; Nolte et al., 2019).

Strikingly, the spread of Elymus is not restricted to the high marsh, and progressive invasion into the low-marsh environments has recently been observed in various studies (Olff et al., 1997; Veeneklaas et al., 2013; Valéry et al., 2017; Nolte et al., 2019; Mueller et al., 2021; Reents et al., 2021). An important factor likely contributing to Elymus’ competitiveness across a large range of flooding frequencies is the presence of discrete Elymus genotypes from high-marsh and low-marsh environments, respectively. These genotypes are reflected in phenotypic characteristics (Bockelmann et al., 2002, 2003). The low-marsh ecotype is characterized by having habitat-specific phenotypic traits, such as higher aboveground biomass production, longer rhizomes, shoots, and leaves, which facilitates a better adaption for inhabiting areas with higher flooding frequencies (Chen, 2020; Reents et al., 2021). Overall, however, the morphological and physiological mechanisms behind Elymus’ high competitiveness in these frequently flooded environments are poorly understood (Mueller et al., 2021).

The low marsh is frequently flooded by seawater at high tide, and the sediment is primarily waterlogged resulting in anoxic conditions and sulfide accumulation. The marsh plants that inhabit the low marsh have adaptive traits, which enable them to cope with these harsh living conditions (Parent et al., 2008; Pan et al., 2020). Well-developed aerenchyma is a key trait facilitating a rapid supply of oxygen (O2) from aboveground sources to the belowground roots and rhizomes, where it may leak out and oxygenate the surrounding sediment, generating oxic root zones below the sediment surface (Colmer, 2003; Sorrell and Brix, 2013). Plant-mediated sediment oxygenation is a trait that reduces the phytotoxic impact of sulfide accumulation (Lee et al., 1999; Pezeshki, 2001) and improves nutrient uptake (Bradley and Morris, 1990; Lai et al., 2012). We hypothesize that the Elymus low-marsh ecotype, in order to thrive and be competitive in the low marsh, possesses the ability to transport O2 from aboveground sources to its roots and further into the sediment. In the high marsh, belowground transport of O2 is not a necessity, as the soils are typically well-drained and aerated (Mueller et al., 2020). In many wetland plants, the porosity of the roots is often lower in plants grown under drained/aerated conditions than plants grown under waterlogged and O2-deficient conditions (Colmer, 2003). Hence, we hypothesize that the capability of transporting O2 during events of flooding is limited in the Elymus high-marsh ecotype.

In this study, we investigated the formation of oxic root zones during sediment waterlogging in the low-marsh and high-marsh ecotype of E. athericus. Planar optodes were applied to image the O2 haloes evolving around individual roots in the rhizosphere. The effect of light availability of the aboveground biomass on belowground sediment oxygenation was investigated, monitoring oxic root-zone formations during consecutive light–dark cycles.



MATERIALS AND METHODS


Experimental Design

Plant-mediated sediment oxygenation was investigated by imaging oxic roots zones in four replicate plant samples of the low-marsh and high-marsh ecotype, respectively. The impact of light on belowground O2 dynamics was investigated, monitoring the oxic roots zones during three consecutive light/dark cycles (12 h/12 h). The spatial extension of oxic root zones was measured as O2 profiles across selected oxic root zones. Both Elymus ecotypes were investigated under waterlogged conditions in order to distinguish roots leaking O2 into the anoxic sediment.



Plant Samples and Cultures

Plants were collected, the Netherlands in April 2015 on the Wadden Sea island of Schiermonnikoog. The sampling was conducted in stands that previously were demonstrated as being genetically distinct populations of Elymus, i.e., high-marsh and low-marsh ecotypes (Bockelmann et al., 2003). The two ecotypes were grown under identical conditions in a common-garden setting exposed to natural changes in precipitation and sunlight at the University of Hamburg for 5 years before investigations commenced. Low-marsh and high-marsh ecotypes were still phenotypically distinct after 5 years (Mueller et al., 2021; Reents et al., 2021), which confirms that the morphological differences between the low-marsh and high-marsh ecotypes are indeed caused by genetic differences (Mueller et al., 2021; Reents et al., 2021), as described by Bockelmann et al. (2003).



Planar Optode Imaging

The formation of oxic root zones in the rhizosphere of Elymus was investigated using the planar optode system, VisiSens TD from PreSens – Precision Sensing GmbH, which is a ratiometric optode imaging system allowing for 2D imaging of O2 (pH and CO2) distributions. The O2 optode imaging is based on the dynamic quenching of a luminophore in the presence of O2. For 2D imaging of plant-mediated sediment oxygenation of the rhizosphere, the plant sample for investigation is placed in a rhizobox with roots facing the transparent front plate of the box. An optode foil, coated with a luminescent O2-sensitive dye, is placed on the inside of the rhizobox in direct contact with the roots and sediment. The foil is excited by a LED light source, and the luminescent response is recorded with a camera. Through calibration, each pixel in the image is assigned an O2 value, generating a quantitative 2D image of the O2 distribution (Figure 1). The limit of detection for the VisiSens TD system with SF-RPFu4 O2 sensing foils is 0.03%.

[image: Figure 1]

FIGURE 1. Experimental setup for planar optode investigations of rhizosphere processes with the planar optode system VisiSens TD. A rhizobox with sediment and the sample plant is equipped with a planar luminescent O2 sensor foil. The aboveground biomass of the plant is illuminated in a day–night cycle with a LED growth light. The O2 dependent signals of the sensor foil are read out with the VisiSens camera detector under excitation with specific blue excitation light. The recorded signals are transformed into 2D O2 maps via the camera software.


For a detailed description of the theoretical background behind the ratiometric optode imaging principles used in the VisiSens optode system, we refer to Wang et al. (2010), Tschiersch et al. (2011), and Tschiersch et al. (2012).



Preparation of Plant Samples for Planar Optode Investigations

In preparation for planar optode investigations, single shoots were separated 3 months prior to the optode measurements and cultured in a substrate consisting of 70% sand and 30% potting soil. Salinity was reduced to zero to ensure recovery of shoots after separation. The low-marsh ecotype was kept under permanently waterlogged conditions, and the high-marsh ecotype was kept under moist sediment conditions with regular watering.

For the preparation of a rhizobox with Elymus roots placed up against the transparent front plate, the coarse organic matter was washed out of the substrate, and the remaining sandy sediment was slurred and filled in a rhizobox (10 cm × 10 cm × 10 cm) with a detachable front plate. The sediment was allowed to settle for a minimum of 1 day. These procedures were installed to get a uniform sediment with high stability, which allowed for the rhizobox to be turned to a 45° angle and the front plate to be removed, without the sediment collapsing, exposing a well-defined vertical sediment surface. In this way, the roots and rhizomes of the plant sample could manually be distributed over the vertical sediment surface, facing the front plate, allowing for direct contact with the optode foil.

Subsequently, an O2-sensitive optode foil (SF-RPSu4; 10 cm × 15 cm; range, 0–100% O2 atm. sat., PreSens GmbH) was attached to the inside of the detached front plate of the rhizobox. Both the front plate and optode foil were placed in a container with water. Under water, the optode foil was pressed up against the front plate, and both items were lifted out of the water together. In this way, a uniform and air-bubble-free water film was generated between the foil and the front plate, holding the foil in place.

The front plate with foil was attached back on the rhizobox, and the rhizobox was then slowly moved back to an upright position, while water was simultaneously added along with the back plate. In this way, the sediment along the front plate was slowly saturated with water from the bottom up, minimizing the entrapment of air bubbles along with the optode foil. The water-filled rhizobox had a 3–5 cm water column on top of the sediment with the adult Elymus plants being emergent through the water column.



Experimental Setup

Optode imaging of the rhizosphere O2 distribution was conducted simultaneously on two rhizoboxes, using external LED excitation lights (Big Area Imaging kit, PreSens GmbH). During light periods, the aboveground biomass was illuminated with a LED growth light (Roleadro 270 W LED) placed 40 cm above the plants. Prior to the optode measurements, the sample-prepared rhizobox was run through a minimum of two light–dark cycles, reestablishing normal sediment conditions after the sample preparation. The light conditions under the growth light were too bright for optode imaging, which requires conditions without ambient light. In order to enable optode recordings during the light period, the illumination of the aboveground biomass was turned off for a 3-min period every 30 min, while each optode image was acquired. The optode investigations were conducted in freshwater within a temperature range from 18 to 20°C. At the end of each optode experiment, the front plate with optode foil was detached, and the vertical sediment surface was photographed showing the relative position of the roots. In cases where many roots were partially hidden behind the sediment, the sediment surface was gently rinsed with droplets of water from a Pasteur pipette in order to expose the roots and make them visible in the image.



Image Analysis

The planar optode images were analyzed using the VisiSens ScientifiCal software, which is an integrated part of the optode imaging system. The acquired optode images had a resolution of ~5 pixels per millimeter at the chosen field of view. The internal noise filter was applied to smoothen the optode images with kernel size 2. A two-point calibration was applied, using air-bubbled water for 100% atmospheric equilibrium O2 (100% atm. sat.) and anoxic sediment for 0% atm. sat. The calibration converted the sensor readout into quantitative 2D images of the O2 distribution. O2 concentrations were expressed as the percentage of O2 saturation at atmospheric equilibrium (% atm. sat.).

For investigation of the impact of light availability on the temporal distribution of oxic root zones, the average O2 concentration was measured continuously in specific areas of each sample, representing an oxic root zone and the bulk anoxic sediment, respectively. The oxic root zone area was manually selected as a root zone with oxygenation below the sediment surface clearly distinguishable from the bulk anoxic sediment, and likewise, the anoxic bulk sediment area was selected as an anoxic zone without roots below the sediment surface clearly distinguishable from the oxic root zones. This way of measuring temporal variation was conducted using the ScientifiCal software, which allows for the average concentration to be followed over time within a manually selected area of the optode foil.

For investigation of the impact of light availability on the spatial distribution of oxic root zones, cross-sectional concentration profiles were measured perpendicular to selected O2 leaking roots under light and dark conditions. One profile was measured per sample. Profiles were selected from areas where O2 leaking from single roots was clearly distinguishable from the background O2 concentration. In cases with more selectable roots, the root with the highest O2 concentration was chosen. Larger oxic root zones most often had multiple roots contributing to O2 leakage; these areas were avoided. This spatial profiling was conducted using the ScientifiCal software (Live Profile plugin). The width of the roots was measured directly from images of the rhizobox using the open-source software ImageJ Fiji (1.53c).




RESULTS


Oxic Root Zones in Low- and High-Marsh Ecotypes

Oxic root zones facilitated by plant-mediated O2 transport were found in both the low-marsh and the high-marsh ecotype of Elymus (Figures 2, 3). Although many roots were placed alongside of the rhizobox, only some of these roots were leaking O2 to the sediment. The size of the oxic root zones ranged from less than a millimeter on either side of a root to larger, centimeter-scale oxic roots zones, where multiple roots contributed to the oxygenation of the sediment.
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FIGURE 2. Planar optode images of the O2 distribution around selected roots of Elymus athericus – low-marsh ecotype from four independent samples (LM1–LM4), with and without illumination of the aboveground biomass. “Root” indicates specific oxic root zones, and “Bulk” indicates specific areas with bulk anoxic sediment selected for quantitative measurements shown in Figure 4. “p” indicates the locations of the concentration profile shown in Figure 5.


[image: Figure 3]

FIGURE 3. Planar optode images of the O2 distribution around selected roots of E. athericus – high-marsh ecotype from four independent samples (HM1–HM4), with and without illumination of the aboveground biomass. “Root” indicates specific oxic root zones, and “Bulk” indicates specific areas with bulk anoxic sediment selected for quantitative O2 measurements shown in Figure 4. “p” indicates the locations of the concentration profile shown in Figure 5.


O2 leakage was most pronounced in the low-marsh ecotype, where oxic root zones were generated around multiple roots in all four replicates (Figure 2). High variation was shown among samples; sediment oxygenation was particularly pronounced in LM1 and LM2, whereas in LM3 and LM4, plant-mediated sediment oxygenation was primarily found near the sediment surface with a few O2 leaking roots stretching into the sediment. Also, in the high-marsh ecotype (Figure 3), oxic root zones were found in all four replicates. Here, plant-mediated sediment oxygenation was primarily associated with roots near the sediment surface. In replicate HM1, HM2, and HM4, oxic root zones were found stretching from the sediment surface into the sediment, whereas HM3 showed very limited sediment oxygenation. Despite the reduction in the size and O2 concentration during dark periods, the oxic root zones remained visibly distinguishable from the bulk anoxic sediment in the optode images, although they were relatively faint due to low O2 concentrations (Figure 2 – dark and Figure 3 – dark). This demonstrated that Elymus is able to maintain oxic conditions around its roots, even without photosynthetic O2 production.



Impact of Light Availability on the Temporal Variation of Oxic Root Zones

The light conditions of the aboveground biomass markedly affected the belowground oxygenation of the rhizosphere. This was observed in the low-marsh and high-marsh ecotype (Figure 4). The average O2 concentration of the oxic root zones immediately decreased when light exposure of the aboveground biomass was turned off and immediately increased again when light exposure was turned back on. The reduction in the average O2 concentration during darkness was highly variable, ranging from 40 to 82% reduction in the low-marsh ecotype and 48–89% in the high-marsh ecotype. Despite the reduction in O2 concentration during dark periods, the oxic concentrations remained higher in the oxic root zone than in the bulk anoxic sediment (Figure 4). There was no statistical difference (t-test) between the low-marsh and the high-marsh ecotype in regard to O2 concentration during the light (t = 1.26, p = 0.26) and the dark period (t = 0.93, p = 0.39) or the reduction in O2 between light and dark periods (t = 0.33, p = 0.75) (t-tests based on data in Figure 4C).

[image: Figure 4]

FIGURE 4. Oxygen dynamics in selected oxic root zones of the E. athericus – low-marsh ecotype (A) and high-marsh ecotype (B) during three light–dark periods (12 h/12 h). The location of the oxic root zones is depicted in the optode images of Figures 2, 3. (C) Table showing O2 concentrations [% O2 atm. sat.(as.)] in selected root zones of the low- and high-marsh ecotype, calculated as an average of the light period (2.5–3 d) and the preceding dark period (2–2.5 d), respectively; ±sd refers to the standard deviation (n = 24). “Reduction” shows the percentage reduction in the average concentration of O2 between light and dark periods.




Impact of Light Availability on the Spatial Variation of Oxic Root Zones

The spatial distribution of the oxic root zones in the low-marsh ecotype and high-marsh ecotype was affected by changing light conditions, diminishing when the light exposure of the aboveground biomass was turned off (Figure 5). The radius of the oxic root zones measured from the O2 profiles was markedly reduced by 23–57% in the low-marsh ecotype and 35–62% in the high-marsh ecotype. Despite the reduction in the width of the oxic root zones, the sediment remained oxic in the immediate vicinity of the roots during dark periods, and the sediment at the root surface never became fully anoxic (Figure 5). There was no statistical difference (t-test) between the low-marsh and the high-marsh ecotype in regard to the radius of the oxic root zone during light (t = 1.76, p = 0.13) and dark (t = 1.75, p = 0.13) periods or in the maximum O2 concentration at the root surface (t = 0.48, p = 0.65) (t-tests based on data in Figure 5C).

[image: Figure 5]

FIGURE 5. Oxygen concentration profiles measured perpendicular to selected roots of the E. athericus low-marsh ecotype (A) and high-marsh ecotype (B). The locations of the profiles are depicted in Figures 2, 3. The orange bar shows the position of the root relative to the O2 profile, and the width of the bar represents the relative width of the root investigated. The profiles were measured during the last light cycle (2.5–3 d) and dark cycle (2–2.5 d), respectively, at the time point, when the oxygen concentration at the root surface was highest. (C) Table showing the radius of oxic root zones measured from the root surface to the bulk anoxic sediment in the low- and high-marsh ecotype during light and dark periods, respectively.





DISCUSSION

Oxic root zones were found in the low-marsh and high-marsh ecotype of Elymus. This clearly demonstrated that both ecotypes are genetically disposed to develop roots with the capacity to transport O2 belowground and oxygenate the sediment. In the optode images, the low-marsh ecotype displayed more and larger oxic root zones and with higher O2 concentrations below the sediment surface (Figures 2, 3). However, the radius of individual oxic root zones, measured around single roots, showed no difference between ecotypes and ranged from 0.9 to 2.6 mm under illuminated conditions. Hence, our study could not determine any clear distinction in the sediment oxygenation capacity between the two ecotypes. The here observed size range is similar to oxic root zones found in other wetland plants, such as Spartina anglica (Koop-Jakobsen et al., 2017) and rice (Oryza sativa; Larsen et al., 2015), and in aquatic macrophytes, such as Ruppia maritima (Jovanovic et al., 2015) and Vallisneria spiralis (Han et al., 2016). In cases where O2 leaking roots were overlapping (Figure 2; LM2 and LM3), larger oxic roots zones developed due to the cumulative contribution, causing O2 to build up in the sediment. This is often shown in aquatic plants where O2 leakage occurs from larger parts of the roots, such as the freshwater isoetid Lobelia dortmanna (Lenzewski et al., 2018) and rice plants (O. sativa; Larsen et al., 2015).


Spatial Variation in Oxygen Leakage from Elymus Roots

In many wetland plants, suberin and lignin deposits in the hypodermis/exodermis prevent O2 leakage from the root into the sediment (Ejiri and Shiono, 2019) as well as intrusion of reduced phytotoxins from the sediment. Plants that develop this O2-loss barrier are often capable of long-distance O2 transportation to root tissues deep below the sediment surface, and due to the barrier formation, sediment oxygenation is usually restricted to small areas near the root tips (Colmer, 2003). In the O2-leaking roots observed in Elymus, there was no clear spatial restriction of O2 loss across the rhizodermis, and O2 leakage occurred over larger parts of the roots. Therefore, Elymus O2 transport and sediment oxygenation are likely to be limited to the topsoil. Mozdzer et al. (2016) argue that the capacity to develop a deep-reaching root system represents a key trait in many invasive wetland plants that enables them to utilize nutrients below the rooting zone of native plants. However, our results suggest that this invasion strategy may not play a critical role in the spread of Elymus.

Sediment phytotoxins, such as low molecular weight carboxylic acids, sulfides, or reduced iron, are known to trigger the formation of a barrier against O2 loss (Pedersen et al., 2021). As in situ phytotoxin concentrations may be higher than those generated in the soils used in our experimental setup, additional research on barrier formation is needed to confirm this notion under field conditions in the waterlogged low marsh.

It is noteworthy that a majority of the roots visible in the rhizobox images (Figures 2, 3), which were monitored with the planar optode system, did not leak O2 at all. Roots without O2 leakage were present both in the low-marsh and high-marsh ecotype. This demonstrates that the sediment-oxygenation capability varied among roots, which can be caused either by insufficient connectivity between the individual roots and the aboveground O2 resources or by reduction of the permeability of roots, for example, due to the formation of an O2-loss barrier in the hypodermis/exodermis or the accumulation of metal plaques on the root surface (Povidisa et al., 2009). The latter is particularly shown in older roots. In this study, roots at various life stages were present in the optode images. O2 leakage was most often associated with newer roots with a clear white root surface and roots with a light brown surface, possibly due to initial precipitation of metal oxides. Older roots colored dark-brown or black showed no or limited O2 leakage, possibly due to substantial metal-plaque formation given the observed color changes.



Effect of Light on the Development of Oxic Root Zones

The oxic roots zones were highly affected by changing light conditions, resulting in a rapid decrease in the O2 level (Figure 4) and size (Figure 5), which occurred immediately (i.e., within 30 min) after the illumination of the aboveground biomass was turned off. However, despite a marked reduction of the oxic root zones, they remained distinguishable in the optode images obtained during dark periods (Figures 2, 3). The presence of oxic root zones during dark periods was also confirmed by the quantitative measures, where the O2 concentration in oxic root zones during dark periods was higher than the anoxic bulk sediment (Figure 4). Furthermore, the O2 profiles also showed the presence of O2 in darkness (Figure 5). This suggests that processes in the aboveground biomass triggered by light availability control belowground rhizosphere oxygenation. In light, stomata will open and provide full access to atmospheric O2, which will increase the flow of O2 to roots and rhizomes. In the nighttime, stomata are likely only to be partially opened and restrict access to atmospheric O2, which can account for the observed decrease in the O2 level of the oxic root zones during dark periods. However, the stomatal conductance was still sufficient to maintain the oxic root zones and prevent complete anoxia during darkness. Furthermore, photosynthetic O2 production of the aboveground biomass may increase the internal O2 concentration and contribute to the belowground O2 transport during the day. The light-inflicted fluctuations in the O2 concentration of the oxic root zones varied markedly among the individual roots, ranging from a 40 to 89% reduction between light and darkness. This demonstrates a high variability in the O2 leaking capacity among individual roots. In this study, where the sediment was homogenized removing any variation in the sediment O2 demand prior to the optode measurements, the variation observed in oxic root zones reflects variation in root properties rather than sediment properties. A variation in root properties can originate from (1) variation in the O2 transport capability from the atmosphere to roots, (2) continuous root growth which can alter the O2-leaking capacity during the experiment, and (3) from investigating roots at different levels of maturity expressing differences in barrier formation. Variation in oxic root zones and their development over time has previously been observed in similar optode studies with other aquatic plants (Koop-Jakobsen and Wenzhöfer, 2015; Koop-Jakobsen et al., 2018; Lenzewski et al., 2018).



Methodology

The 2D image series provides detailed information on the spatial and temporal variation in the O2 content around individual roots over time, which was clearly demonstrated in this study (Figures 2, 3). In this way, the planar optode technology is an excellent tool for getting insight into root functions and root-soil interactions, while the roots are still embedded in the soil. However, it should be considered that planar optodes are an experimental tool. In this study, a sandy sediment was deliberately chosen, so the roots could easily be placed in direct contact with the optode foil. Freshwater, rather than saltwater, was used in this study to secure the growth of the individual plants under waterlogged conditions prior to the optode measurement. Growing in the high marsh, Elymus is adapted to low-range salinities (<10 ppt) but able to withstand both high salinities during floods and low salinity during rainfalls (Mueller et al., 2021). In our study, Elymus thrived in freshwater, and there was no evidence of hyposaline stress from using a low-salt environment.

Furthermore, the O2 leaking from roots is measured against an optode foil, which acts as a barrier, causing the halo of O2 around the roots to be slightly skewed compared to normal sediment conditions. Hence, the experimental conditions in this study differ from the natural sediment conditions in the field. Nevertheless, our optode experiments clearly demonstrate that both the low-marsh and the high-marsh ecotype of E. athericus possess the specific trait that enables it to transport O2 from aboveground sources to its roots and oxygenate the rhizosphere during short-term waterlogging. However, elucidating the impact on the rhizosphere under natural conditions will require further studies in situ.



Conclusion and Perspective

Oxic root zones were found in all investigated plants of the low-marsh ecotype. Consequently, we accept our first hypothesis that the low-marsh ecotype possesses the ability to transport O2 from aboveground sources to its roots and further into the sediment. Oxic root zones were also clearly detectable in all of the investigated plants of the high-marsh ecotype. Hence, we reject our second hypothesis stating that the capability of transporting O2 is limited in the high-marsh ecotype. Plant-mediated sediment oxygenation is a key trait for aquatic plants facing waterlogged sediment conditions, and this trait is a prerequisite for Elymus to spread into the low marsh, potentially making it competitive with other species well adapted for living in waterlogged sediments, such as Spartina.

In a world with accelerating sea-level rise, salt marshes will experience more frequent flooding and longer times with waterlogged sediment conditions. As shown in this study, Elymus has the ability to improve the chemical environment of its rhizosphere through plant-mediated sediment oxygenation, and thereby, it can be a highly competitive species in a future, wetter salt-marsh environment. This can significantly impact the ecosystem services that the salt marshes provide in terms of coastal protection, carbon storage, and nutrient retention, and further studies are needed on the impact of alterations of the plant community composition caused by external factors, such as climate change.
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Tropical shallow-water habitats represent the marine environments with the greatest biodiversity; however, these habitats are the most vulnerable to climate warming. Corals, seagrasses, and macroalgae play a crucial role in the structure, functions, and processes of the coastal ecosystems. Understanding their growth and physiological responses to elevated temperature and interspecific sensitivity is a necessary step to predict the fate of future coastal community. Six species representatives, including Pocillopora acuta, Porites lutea, Halophila ovalis, Thalassia hemprichii, Padina boryana, and Ulva intestinalis, collected from Phuket, Thailand, were subjected to stress manipulation for 5 days. Corals were tested at 27, 29.5, 32, and 34.5°C, while seagrasses and macroalgae were tested at 27, 32, 37, and 42°C. After the stress period, the species were allowed to recover for 5 days at 27°C for corals and 32°C for seagrasses and macroalgae. Non-destructive evaluation of photosynthetic parameters (Fv/Fm, Fv/F0, ϕPSII and rapid light curves) was carried out on days 0, 3, 5, 6, 8, and 10. Chlorophyll contents and growth rates were quantified at the end of stress, and recovery periods. An integrated biomarker response (IBR) approach was adopted to integrate the candidate responses (Fv/Fm, chlorophyll content, and growth rate) and quantify the overall temperature effects. Elevated temperatures were found to affect photosynthesis, chlorophyll content, and growth rates of all species. Lethal effects were detected at 34.5°C in corals, whereas adverse but recoverable effects were detected at 32°C. Seagrasses and macroalgae displayed a rapid decline in photosynthesis and lethal effects at 42°C. In some species, sublethal stress manifested as slower growth and lower chlorophyll content at 37°C, while photosynthesis remained unaffected. Among all, T. hemprichii displayed the highest thermotolerance. IBR provided evidence that elevated temperature affected the overall performance of all tested species, depending on temperature level. Our findings show a sensitivity that differs among important groups of tropical marine organisms inhabiting the same shallow-water environments and highlights the importance of integrating biomarkers across biological levels to assess their vulnerability to climate warming.
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INTRODUCTION

Temperature is one of the key factors that control cellular metabolisms and physiological performance of most marine organisms and consequently affect their growth and survival (Madeira et al., 2018; Savva et al., 2018; Dias et al., 2020). Climate warming and extreme climate events (ECEs) have been identified as among the key drivers of the structural and functional shift of the coastal ecosystems across different bioregions (Smale et al., 2019; Strydom et al., 2020). An increase of more than 1°C in sea surface temperature over the past century has been recorded in the tropical latitudes and even a more rapid increase has been predicted for the next century (Hoegh-Guldberg et al., 2018). Tropical shallow-water marine organisms experience great temporal variability in temperature that is largely influenced by solar radiation and tidal cycles in their natural habitats; temperatures above 40°C have been recorded during spring tides in seagrass meadows (Collier and Waycott, 2014; George et al., 2018), whereas shallow-water coral reefs may experience a temperature up to 34°C (Palumbi et al., 2014). As their surrounding temperature is already reaching their upper thermal threshold, these organisms are particularly susceptible to heat stress due to climate warming and ECEs (Stuart-Smith et al., 2017; Vinagre et al., 2019; Rasmusson et al., 2021). Although acclimation is possible, it may not be fast enough to keep up with the accelerating pace of climate change for most organisms (Collier et al., 2017; Hoegh-Guldberg et al., 2018).

Corals, seagrasses, and macroalgae play critical roles in the structure, functions, and processes of marine ecosystems in shallow areas. They serve as primary producers and habitat builders while providing invaluable ecosystem services, such as provisioning and climate change mitigation (Henderson et al., 2019; Good and Bahr, 2021). Since the 1980s, an alarming decline of these ecosystems has been recorded to be 27% of coral reefs (Cesar et al., 2003) and 35% of the seagrass beds (Waycott et al., 2009), including vast macroalgal coverage areas (Wernberg et al., 2019) that have been lost globally. Heat stress has been found to exacerbate the degradation of marine ecosystems as evidenced by widespread coral bleaching and mortality (Eakin et al., 2019) and the extensive seagrass die-offs during 2014–2017 global heatwaves (Strydom et al., 2020). Responses to thermal stress in these groups of marine species depend on the duration, degree of warming, frequency of the warming event, interspecific variations, and interactions with other environmental factors. Further, these responses are manifested at different biological organization levels (Freeman et al., 2013; Collier and Waycott, 2014; George et al., 2018). Slower growth, changes in phenology, and lower reproductive output have been reported in corals, seagrasses, and macroalgae (Cantin and Lough, 2014; Hughes et al., 2019; Marín-Guirao et al., 2019; Román et al., 2020), whereas the effects on coral and its symbiotic relationship were often revealed as bleaching phenomenon (Robison and Warner, 2006; Hill et al., 2011). It is assumed that physiological acclimation may, to some extent, constitute the ability of thermotolerance and that physiological responses may precede the effects on growth and reproduction (Duarte et al., 2018; Gibbin et al., 2018; Jurriaans and Hoogenboom, 2020). Photosynthesis, a fundamental energy process, is highly sensitive to temperature. Therefore, photosynthetic parameters have been widely used to detect thermal stress (Robison and Warner, 2006; Sinutok et al., 2012; Collier and Waycott, 2014; Rasmusson et al., 2020, 2021; Danaraj et al., 2021). Accumulating evidence has revealed that heat stress lowers the overall photosynthetic efficiency of marine photosynthetic organisms by inhibiting the photosystems, electron transport chain, and carbon fixation (Robison and Warner, 2006; Sinutok et al., 2012; Collier and Waycott, 2014; Rasmusson et al., 2020; Danaraj et al., 2021). Impaired photosynthesis can potentially affect their carbon balance and resource allocation, which, in turn, affects their growth and survival (Tremblay et al., 2016; Collier et al., 2017).

Under the ocean warming scenarios, the vulnerability of marine species, particularly the key habitat builders, to elevated temperature should be closely monitored and managed (Guan et al., 2020; Nguyen et al., 2021). Although comparative studies are scarce, the sensitivity of tropical shallow-water marine organisms to heat is expected to vary among species, life-traits (pioneer vs. climax species), life-forms (calcified vs. non-calcified species), and functional groups (Kilminster et al., 2015; Kram et al., 2016; Anton et al., 2020; Dove et al., 2020). Differences in sensitivity among corals, seagrasses, and macroalgae may be attributed to different ecological and physiological strategies as well as local adaptation (Kilminster et al., 2015; Kram et al., 2016; Savva et al., 2018; Anton et al., 2020; Dove et al., 2020). In this regard, comparative studies on the response of different species with different life-traits or life-forms from different functional groups are needed for the identification of the sensitive species and the prediction of ecosystem structural and functional shift facing climate warming.

This study aimed to establish a comprehensive understanding of the vulnerability of shallow-water marine organisms to warming in a tropical region. We evaluated the effects of increasing temperatures in species representatives of corals (Pocillopora acuta and Porites lutea), seagrasses (Halophila ovalis and Thalassia hemprichii), and macroalgae (Padina boryana and Ulva intestinalis), which are commonly found in shallow habitats in Phuket Province, Thailand. The changes in physiological performances and growth of these marine organisms were examined across the thermal range recorded in their habitats at present and in future scenarios. We further applied the integrated biomarker response index (IBR) approach to elucidate the overall impacts of warming on all the tested species. The results obtained in this study can provide insights on how to prioritize management efforts in mitigating the effects of warming in tropical shallow-water marine ecosystems. This study also provides a valuable tool to support ecological risk assessment in the context of global climate change.



MATERIALS AND METHODS


Sampling and Acclimation of Biological Materials

All biological materials were collected from Phuket, Thailand from May to June 2019. The location map of the sampling sites is indicated in Figure 1A. Marine species belonging to three groups of photosynthetic organisms, including corals, seagrasses, and macroalgae, were selected based on their dominance in the shallow areas of the sampling sites, which makes them more susceptible to warming and consequently relevant candidates for this study. The recorded annual sea surface temperature (SST) of Phuket, Thailand from 2017 to 2020 ranges from 27.45°C ± 0.02°C to 32.00°C ± 0.02°C (Figure 1B).
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FIGURE 1. (A) Locations of the sampling sites, (B) average sea surface temperature (SST) in coastal water of Phuket recorded from 2017 to 2020 and (C) experimental design, timeline and investigated parameters. Sea surface temperatures were retrieved from GHRSST Level 4 MUR Global Foundation Sea Surface Temperature Analysis (v4.1) (https://podaac.jpl.nasa.gov/dataset/MUR-JPL-L4-149GLOB-v4.1 accessed on July 01, 2021).


The corals P. acuta and P. lutea and the lightly-calcified macroalga P. boryana were collected from Panwa, Phuket (7°48′6.26′′N 98°24′23.75′′E). Healthy colonies of P. acuta and P. lutea were collected from 3 to 5 m depth using a stainless bone cutter, chisel, and hammer. Thalli of P. boryana with holdfast intact were hand-picked haphazardly at the sandflat areas at low tide and placed in plastic bags containing the seawater collected on site. The seagrasses H. ovalis and T. hemprichii and the macroalga U. intestinalis were collected from Pakhlok subdistrict, Phuket (8°01′18.3′′N 98°24′47.2′′E). Monospecific patches of seagrass located at least 5 m apart with similar density were chosen. Intact plants (leaves and root/rhizome complex) with their sediment were collected using a hand shovel, placed in plastic boxes, and covered with wet paper towels. Thalli of U. intestinalis, free-floating green tides-forming macroalgae, that are found in the seagrass meadow were hand-picked at low tide and kept in plastic bags containing the seawater collected on the site. All biological materials were transferred with natural seawater to the aquarium facility of the Coastal Oceanography and Climate Change Research Center (COCC), Prince of Songkla University within 12 h of collection. Epiphytes were washed off the collected samples with sterile seawater (salinity of 32 PSU), followed by acclimation, as described below.

All coral colonies were initially acclimated in 600 L holding tank for a week in flowing seawater pumped directly from the seawater stock, prepared from natural seawater filtered with Nomex Filter Bag, and treated with 50 ppm chlorine (50 mg chlorine L–1). Water flow within the tank was generated with recirculating pumps (WP-300M, SOBO, China and AT-107, atman, China). Temperature, salinity, and pH were controlled at levels recorded at the sampling site (29°C, 32 PSU, and pH 8.2). Temperature was regulated using a Heater chiller (CS-160CIRV1, atman, China). Irradiance of 150 μmol photons m–2 s–1 (measured with Light Sensor Logger, LI-1500, LI-COR, United States) was provided by COB light (TS-A600, Aquarium lamp, China), with 12/12 of light/dark cycle. This irradiance level was non-photoinhibitory (pre-determined in the pilot study) and corresponds to average daily irradiance at the respective sampling periods (155.83 ± 8.81 μmol photons m–2 s–1 in May and 156.20 ± 7.31 μmol photons m–2 s–1 in June, Supplementary Table 1). After 1 week, coral colonies were cut into nubbins of 3–5 cm and distributed into experimental tanks (36 pieces/species/tank, 60 L/tank). The setting of the experiment tank condition was similar to the holding tank, except for the models of temperature chillers (JMC-02, JBA, China) and water pumps (AP-1200, SONIC, China). The coral nubbins were allowed to acclimate for an additional week. One-fourth of the seawater volume was renewed at the end of the week and all physical and chemical parameters were monitored every 2–3 days throughout the acclimation period.

Three plastic boxes containing sods of each seagrass species (six shoots of T. hemprichii or approximately 30 leaf pairs of H. ovalis in each box) and sediment were combined into an aquarium (40 L, six boxes in total in each aquarium). All aquaria were filled with sterile seawater (salinity of 32 PSU, pH 8.2). Seawater in the aquaria was regularly mixed and filtered using a submersible pump coupled with a microfiber filter (Atman HF-0600, China). Non-photoinhibitory irradiance (pre-determined in the pilot study) was provided by aquarium LEDs (A601, Chihiros, China) set at approximately 200 μmol photons m–2 s–1 and 12/12 light/dark cycle. This level corresponds to average daily irradiance at the respective sampling period (199.80 ± 43.59 μmol photons m–2 s–1, Supplementary Table 1) and is comparable to minimal saturating irradiances [Ek], pre-determined in situ from the RLCs (218.39 ± 19.72 μmol photons m–2 s–1 in T. hemprichii and 225.09 ± 19.79 μmol photons m–2 s–1 in H. ovalis, Diving-PAM, Walz, Effeltrich, Germany). A constant temperature at 30°C throughout the acclimation period of the aquaria was maintained using submersible heating rods (EHEIM 3617, EHEIM, Germany). The acclimation period lasted 5 days.

Approximately 20 g of each macroalgal species were placed in each glass container and anchored to the bottom of the containers with plastic mesh. Other settings followed the seagrass setups.



Experimental Design

As this study aims to evaluate vulnerability to warming in shallow-water marine organisms, we focused on their stress responses to an increase in temperature within a range recorded in their natural settings encompassing the future warming scenarios. The testing temperatures were chosen based on past SST (27.45 ± 0.02°C to 32.00 ± 0.02°C, Figure 1B), records of temperature profiles of the sampling sites (28.84–30.25°C in shallow water coral reefs and 26.96–36.70°C in tidal flat areas at the respective sampling periods, Supplementary Table 1), our previous investigations (Rasmusson et al., 2020, 2021; unpublished data) and other studies from the tropical shallow waters (Sutthacheep et al., 2013a; Collier and Waycott, 2014; Pedersen et al., 2016; George et al., 2018; Kong et al., 2019). Extreme temperatures, exceeding 40°C, have been reported in tropical seagrass meadows (Collier and Waycott, 2014; Pedersen et al., 2016; George et al., 2018) whereas the highest temperature reported in shallow water coral reefs in Thailand was 32.7°C (Sutthacheep et al., 2013a). As corals are exposed to smaller thermal variations in situ compared to seagrasses and macroalgae (Supplementary Table 1), narrower range of temperature with smaller increment was thus adopted for coral experimental design.

The experiment was continued in the same setups for acclimatization and divided into two phases: 5 days of stress and 5 days of recovery. The stress period consisted of four treatments (1) 27°C (2) 29.5°C (2) 32°C, and (4) 34.5°C for corals and (1) 27°C (2) 32°C (2) 37°C, and (4) 42°C for seagrasses and macroalgae. During the stress period, the maximum quantum yield of photosystem II (Fv/Fm) and photosystem II potential activity (Fv/F0) were assessed on days 0, 3, and 5 before the light was turned on, whereas the effective quantum yield (ϕPSII) and RLCs were assessed in the middle of the photoperiod on the same day. At the end of the stress period, the biological materials were randomly collected from all treatments for further analysis of photosynthetic pigments, while zooxanthellae density was assessed in the coral samples. Growth rates and biomass loss rates (when applicable) were determined at the end of the stress period (as detailed below). A recovery period was initiated by adjusting the temperature of all aquaria to 27°C for corals and 32°C for seagrasses and macroalgae (pre-determined in the preliminary study as the optimal temperature). All species were subjected to the new temperature regime for an additional 5 days and the same measurements were done as described for the stress period. The seawater was renewed before starting the stress period and before starting the recovery period. Salinity was measured every day using a refractometer and, when necessary, adjusted to 32 PSU by adding distilled water. The experimental design and timeline for the measurements are summarized in Figure 1C.



Measurement Protocols


Chlorophyll Fluorescence

The parameters associated with the integrity of photosystem II; Fv/Fm, and Fv/F0 were assessed before the light was turned on using a Pulse Amplitude Modulated Fluorometer (Diving-PAM, Walz, Effeltrich, Germany). The two parameters Fv/Fm and Fv/F0 were calculated from (Fm − F0)/Fm and (Fm − F0)/F0, respectively; where F0 represents minimum fluorescence of dark-adapted biological materials and Fm represents maximum fluorescence after saturating pulse is applied.

The ϕPSII and RLC were constructed in the middle of the photoperiod (Diving-PAM, Walz, Effeltrich, Germany). Measurements in the light were assisted by distant leaf clip (Distance Clip 60° 2010-A, Walz, Effeltrich, Germany), which kept the angle and distance between the Diving-PAM optical fiber and coral surface and the algal thalli and plant leaves fixed. The ϕPSII was calculated from ([image: image] − F)/[image: image]; where F represents minimum fluorescence of light-adapted biological materials and [image: image] represents maximum fluorescence after saturating pulse is applied.

For RLCs, a series of photosynthetic active radiation (PAR) was provided by the optical fiber ranging from 45 to 617 μmol photons m–2 s–1 and with 20 s increment step. The ϕPSII was determined after each PAR step. The electron transport rates (ETR) were subsequently calculated by multiplying ϕPSII by PAR and 0.5 (based on the assumption that absorbed photons are equally divided between photosystems I and photosystem II) and by the preset absorption factor (AF = 0.84). The ETRs, as the functions of PAR, were plotted and fitted using the equation of Platt et al. (1980) from which the photosynthetic parameters, including asymptotic maximum levels of ETR (ETRmax), the initial slope of the light response curve (α), and minimum saturating irradiance (Ek), were estimated.

Diving-PAM settings for measurements taken in corals were as follows: intensity of measuring light 2 (MEAS-INT), electronic signal gain 3 (GAIN), saturation pulse intensity 8 (SAT-INT), width of saturating light pulse 0.6 s (SATWIDTH). Measurements done in seagrasses and macroalgae followed the settings used in corals except for GAIN which was lowered to 2. The photosynthetic parameters were measured in three replicate tanks with three sub-replicates. As it has been shown that photosynthetic characteristics vary significantly depending on age and position of the photosynthetic tissues (e.g., along the thallus or leaf blade) (Colombo-Pallota et al., 2006; Schubert et al., 2015), the same areas of the same individuals were used for the determination of chlorophyll fluorescence parameters throughout the experiment. The coral surface areas were randomly selected. The photosynthetic parameters of H. ovalis were measured in the middle area of the leaf, whereas those of T. hemprichii were measured at the middle section of the second youngest leaf. The photosynthetic parameters of macroalgae were measured at the middle section of the algal thallus.



Determination of Zooxanthellae Density

Coral tissue was removed from the skeleton using an airbrush and the slurry was centrifuged for 10 min at 1,500 rpm and 4°C to obtain a well-mixed sample. A hemocytometer was used to count the zooxanthellae cells within a 1 ml aliquot under a light microscope (40×). All coral skeletons were completely bleached in 10% Sodium Hypochlorite and washed several times. The surface area was determined using the paraffin wax technique on bleached skeleton and quantified using a standard curve (Hill and Ralph, 2007; Veal et al., 2010). The zooxanthellae density was calculated as the total number of cells per unit coral surface area.



Determination of Photosynthetic Pigments

Total chlorophylls of corals were determined in the remaining solution after the cell number was determined, as described above. The slurry was centrifuged for 5 min at 5,000 rpm and 4°C and the supernatant was discarded. The algal pellets were re-suspended in 90% acetone and stored in darkness for 24 h at 4°C. The centrifugation was subsequently repeated, and the obtained supernatant was collected. Total chlorophylls (chlorophyll a + c2) were determined using the standard spectrophotometric method of Ritchie (2006), with absorbance measured at 630, 664, and 750 nm. Total chlorophylls were normalized against coral surface area pre-determined using the paraffin wax technique, as mentioned above.

Seagrass and macroalgal tissues were ground using a mortar and pestle in 80% acetone. The homogenate was kept in darkness for 72 h and then centrifuged at 1,000 × g for 10 min before the absorbance was measured at 664, 647, and 470 nm (Metertech SP-8001 UV/Visible Spectrophotometer, Taiwan). Before the extraction, photographs of all the samples were promptly taken and the wet weight was recorded. The surface areas of the algal thallus and seagrass leafs were estimated using the ImageJ program1. Total chlorophylls (chlorophyll a + b) were calculated according to the method described by Porra (2002) and normalized against the surface area.



Determination of Growth-Related Attributes

As the three groups of organisms used for this study exhibit varying growth forms, different approaches were adopted to measure their growth-related attributes. All measurements were done in a non-destructive manner, such that the same individuals were used for growth assessment at the end of the stress period as well as at the end of the recovery period. Growth rates of corals and macroalgae were expressed as a net increase in biomass (mg) per day, whereas growth-related attributes of seagrasses were expressed as an increase in biomass per day and senescent biomass per day.

The buoyant weight technique was used to measure the coral skeleton growth rate (Jokiel and Guinther, 1978). The same coral nubbin was weighted at the start, end of stress period, and at end of the recovery period using a 4-digit precision balance (Ohaus, United States). In each measurement, the seawater temperature and salinity were recorded for the calculation of seawater density, and glass reference was weighed in both sea water and air (Davies, 1989). The skeleton bulk densities of P. lutea and P. acuta were calculated according to the methods described by Ng et al. (2019), respectively. Coral growth rates were expressed as net increases in biomass (mg) per day. Negative values were shown when there was a net loss in the biomass weight.

At the beginning of the experiment, at the end of the stress period, and at the end of the recovery period, photographs of H. ovalis in each box were taken and the number of living and dead leaves were later counted. Both growth rates and senescence rates were recorded as an increase in the number of viable leaves and an increase in the number of dead leaves, respectively. At the end of the experiment, leaf fresh weight was measured to give an estimate of the weight per leaf (n = 50). This value was used to convert the growth rates and senescence rates into an increase in biomass (mg) and senescent biomass (mg) per day, respectively. For T. hemprichii, leaf area gained was assessed using the leaf marking method (Short and Duarte, 2001). In brief, all of the leaves in each shoot were punched using hypodermic needles at the meristematic tissue at the base of the shoot. The first mark provided an initial reference level and new growth increments were measured at the end of the stress period. The same steps were applied for the recovery period. The leaf growth rate expressed as mm2 day–1 was subsequently obtained. Similarly, weight per area of the green leaves of T. hemprichii was determined (n = 50) and this constant was used to estimate an increase in biomass (mg) per day. The biomass loss of T. hemprichii was determined from both the dead areas of undetached leaves and the weight of shed leaves during the stress and recovery period. The dead areas of undetached leaves were converted to biomass using the same constant for the viable leaf. Senescence rates were expressed as biomass (mg) loss per day.

At the beginning of the experiment, at the end of the stress period, and at the end of the recovery period, the wet weight of P. boryana and U. intestinalis was recorded. The algal thalli were carefully dried using paper towels before weighing with a 4-digit precision balance (Ohaus, United States). Their growth rates were expressed as net increase in biomass (mg) per day. Negative values were shown when there was a net loss in the algal biomass.



Integrated Biomarker Response

Integrated Biomarker Response (IBR) approach was used to quantify the overall effects of temperature on each species through an integrated response of Fv/Fm, chlorophyll content, and growth rate. The biomarkers used in this analysis were chosen as the representatives for the responses at physiological, biochemical, and whole-organism levels. The IBR indices were analyzed according to the method of Beliaeff and Burgeot (2002) as described by Madeira et al. (2018). For each biomarker, the general mean (m) and standard deviation (s) of all treatments combined were calculated and standardized (Y) as Y = (X − m)/s; where X is the mean value for the biomarker at a given treatment. Z was then calculated as Z = −Y or Z = Y in the case of biological effects corresponding to inhibition or activation, respectively. The score (S) was computed as S = Z + | Min|; where S ≥ 0 and | Min| is the absolute value for the minimum of all Y calculated in a given biomarker. The score results (S) were presented as star plots and used to calculate the IBR as:
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Where

[image: image]

Where Si and Si + 1 are two consecutive clockwise scores (radius coordinates) of a given star plot; Ai corresponds to the area connecting two scores; n is the number of biomarkers used for the calculations; and α = 2π/n (Beliaeff and Burgeot, 2002; Madeira et al., 2018).



Statistical Analysis

All statistical analyses were performed separately for each group of organisms (corals, macroalgae, or seagrasses). The photosynthetic parameters derived by PAM measurements (Fv/Fm, Fv/F0, ϕPSII, ETRmax, Ek, and α) and growth rates were analyzed by repeated-measures analysis of variance (ANOVA) using time of measurements as the within-group factor and thermal treatments and species as the categorical factors. The statistical significance of differences in total chlorophyll content and coral zooxanthellae density was determined by factorial ANOVA using temperatures, species, and treatment period (stress and recovery) as categorical factors. Fisher’s least significant difference (LSD) test was used for post hoc comparisons. Cochran’s test was used to test the assumption of homogeneity of variances before performing the ANOVAs. All analyses were performed with Statistica Academic Version 13.0.



RESULTS

Both temperature and time of exposure were found to affect the overall performance of all species, which manifested as a reduction in photosynthesis, pigment content, and growth rates (for complete ANOVA statistical results, see Supplementary Table 2). However, the sensitivity differed among species. The highest temperature applied in the present study (34.5°C for corals and 42°C for seagrasses and macroalgae) had lethal effects on all the tested species.


Photosynthetic Responses


Maximum Quantum Yield of PSII (Fv/Fm), PSII Potential Activity (Fv/F0) and Effective Quantum Yield (Psi PSII)

Repeated-measures ANOVA (repeated ANOVA) showed significant effects of temperature (p < 0.001), time of measurement (p < 0.001), and interaction of these factors (p < 0.001) on the maximum quantum yield of PSII (Fv/Fm) of corals. At 27°C and 29.5°C, Fv/Fm showed slight variations among days, but these variations were not statistically significant. In contrast, exposure to 32 and 34.5°C resulted in a significant decrease in Fv/Fm (Figure 2A), with a more rapid decline and lethal effect at 34.5°C (Fisher’s LSD test). Both P. acuta and P. lutea pre-exposed to 32°C fully recovered on day 3 of the recovery period. There were significant effects of temperature (repeated ANOVA, p < 0.001), species (repeated ANOVA, p < 0.001), time of measurement (repeated ANOVA, p < 0.001), and interaction of these factors (repeated ANOVA, p < 0.001) on PSII potential activity (Fv/F0) of corals. Although Fv/F0 followed a similar trend as observed in Fv/Fm, it exhibited higher variability and higher sensitivity (Figure 2B). In other words, a significant decrease in Fv/F0 than Fv/Fm was detected earlier and at a lower temperature. Full recovery was observed in the samples pre-exposed to 29.5°C, whereas partial recovery was observed in the samples exposed to 32°C.


[image: image]

FIGURE 2. Time course of the warming effects on the photosynthetic parameters of corals, seagrasses and macroalgae. (A) Maximum quantum yield (Fv/Fm), (B) PSII potential activity (Fv/F0) and (C) effective quantum yield (ϕPSII). Values are shown as mean ± SE (n = 3). For each replicate, 3 individuals were assessed. Corals were subjected to 27–34.5°C in stress period and 27°C in recovery period. Seagrasses and macroalgae were subjected to 27–42°C in stress period and 32°C in recovery period.


Repeated ANOVA revealed significant effects of temperature (p < 0.001), species (p < 0.001), time of measurement (p < 0.001), and interaction of these factors (p < 0.05) on the Fv/Fm and Fv/F0 of seagrasses (Figures 2A,B). At 27, 32, and 37°C, Fv/Fm showed slight variations among the days; however, these variations were not statistically significant. In contrast, exposure to 42°C resulted in a significant decrease in Fv/Fm (Figure 2A). H. ovalis exposed to 42°C showed a decrease in Fv/Fm compared to the initial values on day 1 after treatment (Fisher’s LSD test), followed by a drastic decline in Fv/Fm until it was not detectable after day 5. T. hemprichii appeared to be more resistant to thermal stress (following exposure of the plants to 42°C), showing a decrease in Fv/Fm compared to the initial values on day 3 after treatment (Fisher’s LSD test), followed by a drastic decline until it was not detectable after day 3 of the recovery period. The Fv/F0 in seagrasses also showed a higher sensitivity than Fv/Fm, since a significant decrease was observed at both 37 and 42°C (Figure 2B, Fisher’s LSD test). While mortality was seen in plants exposed to 42°C, complete recovery was detected in plants pre-exposed to 37°C. In addition, T. hemprichii also showed a reduction in Fv/F0 when exposed to 27°C; however, full recovery was achieved at the end of the recovery period.

There were significant effects of temperature (repeated ANOVA, p < 0.001), time of measurement (p < 0.001), and interaction of these factors (p < 0.05) on the Fv/Fm and Fv/F0 of macroalgae (Figure 2A). At 27, 32, and 37°C, Fv/Fm showed slight variations among the days; however, these variations were not statistically significant, with an exception in P. boryana exposed to 37°C, where a marginal difference from the initial value was detected on day 5 of the recovery period. Both macroalgae exposed to 42°C displayed a drastic decline in Fv/Fm compared to the initial values on day 1 after treatment, followed by a steady decline, which became undetectable after day 5. Similar trend was observed in Fv/F0 (Figure 2B).

The response pattern of the effective quantum yield (ϕPSII) in all species followed that of Fv/Fm except for T. hemprichii of which an increase in ϕPSII was observed as temperature increased from 27 to 37°C (Figure 2C, Fisher’s LSD test).



Rapid Light Curves

Increasing temperatures also exerted negative effects on light use efficiency, which was measured as rapid light curve-derived parameters (Figure 3, data are shown in Supplementary Table 3). The highest temperatures applied in the present study (34.5°C for corals and 42°C for seagrasses and macroalgae) had lethal effects on all the tested species. Toward the end of the stress period of these temperatures, the RLCs of some species did not show any functional response fitted for the equations used and were therefore omitted from the dataset.
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FIGURE 3. Time course of the warming effects on the rapid light response curves of corals, seagrasses and macroalgae. Values are shown as mean ± SE (n = 3). For each replicate, 3 individuals were assessed. Corals were subjected to 27–34.5°C in stress period and 27°C in recovery period. Seagrasses and macroalgae were subjected to 27–42°C in stress period and 32°C in recovery period.


All parameters, including the asymptotic maximum levels of ETR (ETRmax), initial slope of the light response curve (α), and minimum saturating irradiance (Ek) of all organisms varied according to temperature, time of exposure, and among species (Supplementary Table 3). As ETRmax exhibited the most obvious temperature-dependent response among the three parameters, it was selected as a proxy to describe the effects of heat stress on the photosynthetic capacity of the marine organisms tested in the present study (Table 1).


TABLE 1. The maximum electron transport rates (μmol m–2 s–1, ETRmax) derived from the rapid light curves (mean ± SE, n = 3).

[image: Table 1]In corals, ETRmax were affected by temperature (repeated ANOVA, p < 0.001), duration of exposure (p < 0.001), and interactions of these factors (p < 0.05). While temporal variations were detected (Fisher’s LSD test), the comparison of the values measured on the same day revealed a lower ETRmax at 32 and 34.5°C (Fisher’s LSD test, Table 1). At the end of the recovery period, P. acuta pre-exposed to 32°C fully recovered, whereas photoinhibition in P. lutea pre-exposed to 32°C was not alleviated (Fisher’s LSD test). In seagrasses, ETRmax was affected by temperature (repeated ANOVA, p < 0.001), duration of exposure (p < 0.001), species (p < 0.001), and interactions of these factors (p < 0.05). From 27 to 37°C, ETRmax of H. ovalis and T. hemprichii showed an increasing trend with increasing temperature when comparing the values measured on the same day, while exposure to 42°C led to a significant decline in ETRmax (Fisher’s LSD test), which is in line with the response of ϕPSII. Nevertheless, plants pre-exposed to 27–37°C exhibited a comparable ETRmax in the recovery period. In macroalgae, the effect of sublethal temperature was less prominent (Figure 3 and Table 1). ETRmax was affected by the duration of exposure (repeated ANOVA, p < 0.001) and species (p < 0.001), but not temperature. Nevertheless, post hoc comparisons (Fisher’s LSD test) showed that U. intestinalis, at 42°C, had the lowest ETRmax on days 1 and 3 of the stress period.



Chlorophyll Content

Total chlorophylls in both coral species (Figure 4) varied according to temperature (factorial ANOVA, p < 0.05), time of sampling (p < 0.001), and interactions between the two factors (p < 0.001). At the end of the stress period, total chlorophyll of P. acuta exposed to 27, 29.5, and 32°C remained similar and was higher than total chlorophyll of individuals exposed to 34.5°C (Fisher’s LSD test). A further decline in the total chlorophyll after the recovery period was detected in individuals pre-exposed to 34.5°C (Fisher’s LSD test). On the other hand, chlorophyll content of P. lutea decreased after exposure to 32 and 34.5°C, showing a significant difference between the two treatments (Fisher’s LSD test). Nevertheless, no further change in the total chlorophyll was detected at the end of the recovery period. A reduction in chlorophyll content in coral species was in accordance with a reduction in zooxanthellae density and bleaching (Supplementary Figure 1). Total chlorophylls in seagrasses exhibited differences according to temperature (factorial ANOVA, p < 0.001) and species (p < 0.001). At the end of the stress period, a decrease in total chlorophyll in H. ovalis was found at 37 and 42°C (Fisher’s LSD test). A recovery was observed in the plants exposed to 37°C. At the end of the stress period, a decrease in total chlorophyll in T. hemprichii was found only at 42°C, which showed a further decline at the end of the recovery period (Fisher’s LSD test). Total chlorophylls in macroalgae exhibited differences according to temperature (factorial ANOVA, p < 0.001) and species (p < 0.001). Both macroalgae showed a significant decrease in total chlorophyll only at 42°C treatment (Fisher’s LSD test). While P. boryana showed no significant change in total chlorophyll at the end of the recovery period, a further decline in the total chlorophyll was detected in U. intestinalis pre-exposed to 37°C (Fisher’s LSD test).
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FIGURE 4. The effects of experimental temperatures on total chlorophyll content of corals, seagrasses and macroalgae at the end of stress and recovery periods. Values are shown as mean ± SE (n = 3). For each replicate, 3 individuals were sampled. Corals were subjected to 27–34.5°C in stress period and 27°C in recovery period. Seagrasses and macroalgae were subjected to 27–42°C in stress period and 32°C in recovery period.




Growth Rates and Growth-Related Attributes

Growth rates of all species were affected by increasing temperature (Figure 5). Growth rates of the corals (Figure 5A) were influenced by species (repeated ANOVA, p < 0.05), temperature (p < 0.01), time of measurement (p < 0.001), and interactions between these factors (p < 0.001). At the end of the stress period, the net biomass increments of P. acuta exposed to 27, 29.5, and 32°C remained similar, whereas a significant decline was observed in individuals exposed to 34.5°C (Fisher’s LSD test). At this temperature, P. acuta exhibited a net loss in biomass. No significant change was detected after the recovery period. On the other hand, the growth rates of P. lutea showed a stepwise decline at 27–34.5°C (Fisher’s LSD test), reaching negative values at 34.5°C indicating a net loss in biomass. Complete recovery was seen in individuals pre-exposed to 29.5 and 32°C, whereas growth rates of the individuals pre-exposed to 34.5°C did not improve.
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FIGURE 5. The effects of experimental temperatures on growth rates of corals, seagrasses and macroalgae during stress and recovery periods. (A) Net biomass increase in corals, (B) biomass increase in seagrasses, (C) senescence (biomass loss) in seagrasses and (D) net biomass increase in macroalgae. Values are shown as mean ± SE (n = 3). For each replicate, 3 individuals were examined. Corals were subjected to 27–34.5°C in stress period and 27°C in recovery period. Seagrasses and macroalgae were subjected to 27–42°C in stress period and 32°C in recovery period.


The growth rates in seagrasses (Figure 5B) showed differences according to species (repeated ANOVA, p < 0.01), temperature (p < 0.001), time of measurement (p < 0.001), and interactions between these factors (p < 0.001). The biomass increments of H. ovalis measured at the end of the stress period decreased linearly with increasing temperature from 27 to 42°C (Fisher’s LSD test). Further reductions in growth rates were detected in plants pre-exposed to 27°C at the end of the recovery period (Fisher’s LSD test). On the contrary, negative effects of temperature on biomass increments of T. hemprichii were detected only at 42°C (Fisher’s LSD test). Further reductions in biomass increments were detected in individuals pre-exposed to 37 and 42°C at the end of the recovery period (Fisher’s LSD test). In addition, a negative effect of moderate warming (37°C) was also seen in senescence rates in T. hemprichii, which was alleviated after the recovery period (Figure 5C). The highest senescence rates were found in H. ovalis at 42°C, which was likely due to mortality.

The growth rates in macroalgae (Figure 5D) showed differences according to temperature (repeated ANOVA, p < 0.001), species (p < 0.01), and interaction of the two factors (p < 0.001). At the end of the stress period, the net biomass increments of P. boryana exposed to 27 and 32°C were comparable, whereas a net loss in biomass was observed at 37 and 42°C (Fisher’s LSD test). No significant change was detected after the recovery period. On the other hand, a negative effect of increasing temperature on growth rates of U. intestinalis was detected only at 42°C (Fisher’s LSD test), where there was a net loss in biomass (Figure 5D). In the recovery period, U. intestinalis pre-exposed to 37°C suffered a further decline in growth, resulting in a net loss in biomass (Fisher’s LSD test).



Integrated Biomarker Response

For all categories, the most sensitive species to increases in temperature were P. lutea, H. ovalis, and P. boryana, as indicated by higher IBR index at 32 and 34.5°C for coral and at 37 and 42°C for seagrass and macroalga. There was recovery at 37 and 32°C only in H. ovalis and P. lutea, while all species showed no recovery capacity after exposure to the highest temperatures (Figure 6A). The most responsive biomarkers during the stress period were growth in P. lutea, H. ovalis, and P. boryana and chlorophyll content in P. acuta, T. hemprichii, and U. intestinalis. The most responsive biomarkers during the recovery period were growth in P. acuta, H. ovalis, and P. boryana and chlorophyll content in P. lutea, T. hemprichii, and U. intestinalis. On the other hand, Fv/Fm was a less responsive biomarker during the stress and recovery period in all species (Figure 6B).
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FIGURE 6. (A) The effects of experimental temperatures on the integrated biomarker response (IBR) indices calculated from Fv/Fm, chlorophyll contents and growth rates of corals, seagrasses and macroalgae. (B) Star plots with mean scores for Fv/Fm, chlorophyll contents and growth rates in all tested species. Chl – total chlorophyll content. Growth – growth rates measured as an increase in biomass. Corals were subjected to 27–34.5°C in stress period and 27°C in recovery period. Seagrasses and macroalgae were subjected to 27–42°C in stress period and 32°C in recovery period.




DISCUSSION

Under warming scenarios, seagrasses and macroalgae could outcompete shallow-water corals, owing to their greater thermal tolerance (Anton et al., 2020; Roth et al., 2021). While the present study supports this notion, our results also show that temperature extremes could affect the photosynthesis and growth of seagrasses and macroalgae, resulting in irrecoverable damage and mortality. IBR provides further support that warming imposes an impact of manifold magnitude on the overall health of the tested species, depending on the temperature. As vulnerability to warming varies both among groups of organisms and species, ECEs are expected to have consequences on the structure, functions, and processes of coastal ecosystems.


Effects of Warming on Overall Performance of Shallow-Water Marine Organisms

In line with previous studies (Robison and Warner, 2006; Sinutok et al., 2012; Collier and Waycott, 2014; Rasmusson et al., 2020; Danaraj et al., 2021), our results suggest that short duration of elevated temperature poses significant adverse effects on the tropical shallow-water corals, seagrasses, and macroalgae. The heat stress effects, though complex, were manifested as lower efficiency of photosynthesis and photoprotection, chlorophyll degradation, slower growth, and mortality. Our results suggested that heat stress threshold lies between 37 and 42°C in seagrasses and macroalgae and between 32 and 34.5°C in corals, where the photosynthetic performance and growth were significantly affected. Our results are comparable to the thermal optima and threshold in tropical shallow-water organisms reported in previous studies (Mayfield et al., 2013; Collier et al., 2014; Buerger et al., 2015; Kong et al., 2019; George et al., 2020; Rasmusson et al., 2020, 2021; Keng et al., 2021).

It is established that photosynthesis is a major target of heat stress, since its associated components are heat sensitive (Allakhverdiev et al., 2008). Based on Fv/Fm and Fv/F0, corals showed partial photoinhibition at 32°C, with subsequent recovery and irreversible photodamage at 34.5°C. On the contrary, the effect of increasing temperature on seagrass and macroalgae went from no effect or a slightly positive effect from 27 to 37°C to an acute and lethal effect at 42°C. These were accompanied by a decrease in RLC-derived parameters (ETRmax, Ek, and α) and chlorophylls contents, indicating an overall decline in photosynthetic activity. As an increase in temperature from 27 to 42°C can lead to a significant reduction in HCO3– in seawater (Pierrot et al., 2006), such HCO3– limitation may also contribute to a decrease in photosynthetic activities and growth rates observed in this study, particularly in HCO3– users (Beer and Rehnberg, 1997; Sinutok et al., 2011, 2012). The impacts on photosynthetic functions were worsened with the experimental duration, indicating accumulative stress effects. It is worth noting that Fv/F0, although showed higher variability, provided a more sensitive indication of heat stress, which is in agreement with the recent study by Rasmusson et al. (2020), in which Fv/F0 instead of Fv/Fm was adopted to trace the effects of warming in temperate and tropical seagrasses. In addition, a decrease in chlorophyll content implies that the ability of the photosynthetic tissue to absorb light also decreased. By using constant absorption factor (AF), the ETR values in RLC fittings were likely to be over-estimated. Direct comparison of ETRmax across treatments (Table 1) should be interpreted with care as heat stress may have more pronounced effects on ETR than reported in our results. This points to limitation of the use of RLCs in repeated measurements in experiment which may induce variation in AF, in line with previous discussions by Enríquez and Borowitzka (2010) and González-Guerrero et al. (2021).

Negative effects were also observed in growth rates of all the tested organisms, which appeared to be more heat sensitive than photosynthesis. This may be linked to the negative carbon balance caused by higher respiratory carbon consumption relative to photosynthetic carbon assimilation (Scheufen et al., 2017; Hammer et al., 2018; Rasmusson et al., 2020; Costa et al., 2021), while photorespiratory activity, a competing process with carbon fixation, is known to be enhanced by increased temperature (Zhang et al., 2018; Hu et al., 2020). In addition, metabolic depression and energy allocation to certain defensive mechanisms (Bernardet et al., 2019; Marín-Guirao et al., 2019; Innis et al., 2021) may have long-term consequences on energetic balance and growth. Previous studies highlight that maintaining metabolic balance in coral holobionts (host, symbiotic algae, and associated microbes) is crucial under stress conditions (Levas et al., 2013). Undoubtedly, energy deficiency could be exacerbated during bleaching in corals (Innis et al., 2021), which was visible at 34.5°C. As coral calcification is known to be tightly coupled with photosynthetic and carbon translocation rates (Tremblay et al., 2016), a decrease in integrated photosynthetic capacity (photodamage, chlorophyll content, and zooxanthellae density) is likely to be among the key drivers for a decline in growth rates in the two corals at this temperature.

A more prominent heat stress effects on growth rates than on photosynthesis was also reported in other tropical species (Sinutok et al., 2012; Terada et al., 2016), including P. acuta, and T. hemprichii (George et al., 2018; Poquita-Du et al., 2020; Ho et al., 2021). This implies that the general notion that photosynthesis is one of the most sensitive physiological processes (Bhagooli et al., 2021) and that its response may precede the response at growth level may not entirely hold true for heat stress or could not be supported by the chlorophyll fluorescence parameters measured in the present study. Tropical shallow-water organisms may be able to maintain an intact photosynthetic machinery during warming events, albeit slower biomass production, which may persist in some species after the warming period is over (e.g., H. ovalis; P. boryana, and U. intestinalis at 37°C). In seagrasses, senescence was found to be among the significant effects of warming; not only seen as higher number of dead leaves in the two species, but higher number of shed leaves in T. hemprichii at 37°C. Anoxia in intercalary meristematic tissue has been identified as among the mechanisms contributing to detachment of shoots in seagrasses subjected to heat stress (Hammer et al., 2018). From our results, we proposed that whole-organism-related parameters, such as growth rates and senescence, may serve as good measurements for heat stress responses in relatively fast-growing species. These parameters are not only quantifiable but also ecologically relevant since they give an integrated indication of the organism’s performance and health status (Madeira et al., 2018; Dias et al., 2020).



Differences in Sensitivity to Warming Among Important Groups of Tropical Marine Organisms and Species and Its Ecological Relevance

Different sensitivities to warming in conjunction with biotic interactions are likely to be the key predictors of climate change impacts on shallow-water marine ecosystems. Among the six species from three different groups of organisms, the seagrass T. hemprichii may be the least affected by future warming, whereas the coral P. lutea appears to be the most sensitive to increments in temperature.

Coral bleaching and mortality generally occur when the ambient temperature exceeds the thermal thresholds (Skirving et al., 2019). Mass bleaching of shallow-water corals in Thai waters corresponded to the thermal anomalies, with an average SST of 30.1°C in 1991 and 1995, 30.4°C in 1998, and 31.1°C in 2010 and 2016 (Brown et al., 1996; Phongsuwan and Chansang, 2012; Sutthacheep et al., 2013b; Putchim et al., 2017). In addition, a long-term comparative study conducted in Phuket in 1984–1986 and 2003–2005 revealed that a gradual increase in temperature resulted in a significant reduction in skeletal growth of the coral P. lutea (Tanzil et al., 2009). The average SSTs showed an increasing trend during the past three decades (Brown et al., 1996; Tanzil et al., 2009; Phongsuwan and Chansang, 2012; Sutthacheep et al., 2013b; Putchim et al., 2017) and is expected to reach 32°C in the near future (Hoegh-Guldberg et al., 2018). Our field records of variability in temperatures in the natural setting indicate that shallow-water corals are already exposed to an occasional rise in ambient temperature to 32°C (Unpublished data by authors). The future scenarios may drive radical change of local reef structure as recorded in the Great Barrier Reef (Hughes et al., 2018). Such higher thermal sensitivity observed in corals compared to seagrasses and macroalgae might be because they often grow in deeper habitats, thus experiencing smaller fluctuations in temperature and are rarely exposed during low tide (Smale et al., 2019; Roth et al., 2021). Although seagrasses and macroalgae can withstand a wide range of increasing temperature, a rapid deleterious effect was observed when the testing temperature reached 42°C, implying that the irregular warming events, in which temperature rises above 40°C, though uncommon and brief, will put immense pressure on intertidal seagrasses and macroalgae, thereby affecting productivity and leading to mortality. Although the seagrass and macroalgal die-off as a result of warming event was never reported in Thailand, it has been recorded in other locations in the tropical bioregions (Carlson et al., 2018; Buckee et al., 2021).

It is therefore expected that, as a result of moderate warming, seagrasses and macroalgae could outcompete shallow-water corals as the temperature increases (Anton et al., 2020; Roth et al., 2021). Although our results suggest that T. hemprichii might be the most persistent species in warming scenarios because of their relatively high thermotolerance, successful expansion, and colonization in the subtidal areas requires acclimation to different arrays of environmental factors (Beca-Carretero et al., 2020). One of the key limiting factors is light availability, which has been identified as the fundamental driver for growth and distribution of many marine primary producers (Falkowski and Knoll, 2007). Due to their relatively higher light requirement, slower growth rate, and preference for soft substrates (Collier et al., 2012; Badalamenti et al., 2015), seagrasses are less likely to expand to deeper coral reef areas, implying that direct interaction between corals and seagrasses is improbable. On the contrary, there is growing evidence of enhanced algal occupation of coral reefs following warming events (Hughes et al., 2019; Anton et al., 2020; Wasim et al., 2021). This interaction with macroalgae has been shown to worsen coral health status and physiological performance and is often associated with coral reef degradation (Fong and Todd, 2021; Roth et al., 2021). Although they appear less tolerant to extreme warming, opportunistic characteristics, such as rapid nutrient uptake, effective carbon utilization, and high reproduction capacity of Ulva species and their free-floating trait (Buapet et al., 2008, 2013; Zhang et al., 2019; Kambey et al., 2020), may allow them to proliferate in the coral reef habitat under moderate warming scenarios, particularly where eutrophication is not properly regulated. As previously stated, light is one of the key controlling factors (Falkowski and Knoll, 2007) and studies have shown that interaction with light availability can determine heat stress responses in marine species (Dove et al., 2006; Moreno-Marín et al., 2018; Costa et al., 2021). The extrapolation of our results obtained from controlled experiment using a single non-photoinhibitory level of irradiance to natural conditions, where organisms are exposed to different light environments, must be taken with caution.

When comparing the two species of corals, P. acuta maintained their photosynthesis and growth rates relatively well when facing moderate heat stress (29.5–32°C), although more rapid bleaching (Supplementary Figure 1) and earlier mortality were observed in 34.5°C compared to P. lutea. Other biological attributes, such as photosynthetic efficiency and growth rates, suggested that P. lutea was more sensitive to warming, particularly at moderate levels. It has been suggested that Pocillopora species are more susceptible to thermal stress than the massive Porites species (Hill et al., 2012). This is evident in the mass coral bleaching events from 1998 to 2010 during which severe bleaching and mortality of pocilloporids in Thai waters were recorded (Yeemin et al., 2009; Chavanich et al., 2012; Sutthacheep et al., 2013b). Nevertheless, their susceptibility seems to reduce as they were repeatedly exposed to thermal stress (Pratchett et al., 2013; McClanahan, 2017; Putchim et al., 2017). Association with Clade D types of zooxanthellae, a more heat-resistant clade, which have been increasingly reported in Thai coastal reefs (Chankong et al., 2018, 2020), may contribute to their enhanced thermotolerance (Cunning et al., 2015; Wham et al., 2017). On the contrary, field records showed that P. lutea often suffered partial bleaching and mortality (Phongsuwan and Chansang, 2012; Brown et al., 2014) and that this phenomenon has gradually increased during the past decade (Putchim et al., 2017). Significant impacts of warming on Porites species were manifested as a decline in calcification measured as linear extension, density, and hiatus (Cantin and Lough, 2014; Xu et al., 2018), which is in line with our results. It is worth noting that growth rates of P. lutea pre-exposed to 32°C displayed complete recovery, thus corroborating previous investigations reporting the subsequent recovery of P. lutea after thermal stress in their natural settings (Phongsuwan and Chansang, 2012; Brown et al., 2014).

The different life traits of the two seagrasses may contribute to their difference in thermotolerance. Halophila are considered the colonizing species, while Thalassia are considered the persistent ones (Kilminster et al., 2015; O’Brien et al., 2018). It has been suggested that the former often exhibit lower physiological resistance to environmental disturbances compared to the latter (Kilminster et al., 2015; O’Brien et al., 2018). This notion agrees with the findings in the present study and is in line with our previous investigations in which H. ovalis showed lower physiological tolerance to stressors, such as desiccation and high irradiance, than T. hemprichii (Wuthirak et al., 2016; Phandee and Buapet, 2018). Nevertheless, colonizing species are expected to recover from stress more rapidly than persistent species, owing to their fast growth rates and usually large seed banks (Kilminster et al., 2015; O’Brien et al., 2018; Ong et al., 2020). Even at a short duration of recovery, physiological improvement was already seen in H. ovalis exposed to 37°C. In this study, while growth rates were not yet restored, their photosynthesis and chlorophyll contents showed almost complete recovery after 5 days at optimal temperature.

Padina species are lightly-calcified brown macroalgae (Wichachucherd et al., 2010), whereas Ulva species are green macroalgae known for their opportunistic traits and capacity to generate “green tides” (Zhang et al., 2019; Kambey et al., 2020). Higher thermotolerance in U. intestinalis compared to P. boryana may be a result of their local acclimation. In their respective sampling sites, U. intestinalis were mostly found free-floating or attached to seagrass leaf blades or mangrove roots and directly exposed to sunlight and heat at low tide, while P. boryana remained attached to the substrate, forming assemblage structure, which may buffer drastic changes in environmental factors influenced by tidal cycle. Underlying mechanisms of heat tolerance in Ulva species have been extensively studied and vast arrays of molecular regulations and metabolic adjustment pathways have been identified (Fan et al., 2017; He et al., 2018). Previous studies also provide evidence that calcified macroalgae are more negatively affected by warming than fleshy macroalgae (Kram et al., 2016; Dove et al., 2020), partly due to the sensitivity of the calcification process to heat (Sinutok et al., 2011, 2012). Although P. boryana and U. intestinalis did not show recovery potential after 5 days at optimal temperature, both species have high reproductive outputs and high recruitment potential (Wichachucherd et al., 2010; Mayakun, 2019), which may support their long-term recolonization once the environmental factors become favorable.

Devastating loss of ecosystem services are expected if the corals, seagrasses, and macroalgae undergo degradation. As Porites and Pocillopora species serve as dominant reef-building corals in Thai waters (Yeemin et al., 2009; Chavanich et al., 2012; Sutthacheep et al., 2013b; Putchim et al., 2017), negative effects on their productivity and growth may be translated to an overall decrease in the health of coral habitats, thereby affecting a range of services, such as nursery ground (Lin et al., 2021), fisheries (Edgar et al., 2014), and coastal protection (Zhao et al., 2019). In addition to these services, seagrass meadows and some macroalgal habitats contribute as effective sinks for CO2 (Krause-Jensen and Duarte, 2016), and their decline would eventually reduce the overall capacity for carbon sequestration and promote a release of greenhouse gasses (Arias-Ortiz et al., 2018). Thus, the effects of warming may not only limit to coastal habitat degradation but may also accelerate the changing climate. While recovery by recolonization is possible, reports suggest that ecosystem services provided by fast-growing pioneer species may differ from those provided by the climax species (Kilminster et al., 2015; O’Brien et al., 2018). Therefore, long-term shifts of structure, functions, and processes of coastal ecosystems may be expected following ECEs.



Integrated Biomarker Response and Application for Monitoring and Management Efforts

The IBR index was adopted to quantify and visualize an overall integrated stress effect of warming on all shallow-water marine organisms. This tool has been successfully applied in assessing the health of corals, reef calcifiers, and marine invertebrates exposed to climate change related stressors, including warming (Madeira et al., 2018; Dias et al., 2020; Marques et al., 2020; Zhang et al., 2021); however, its application in seagrass and macroalgal research is yet to be explored. It is established that various biomarkers at different biological organization levels, ranging from cellular to organismal levels, are affected by increasing temperatures (George et al., 2018; Madeira et al., 2018; Savva et al., 2018; Dias et al., 2020). Early investigations on corals and other marine invertebrates also suggested that biomarkers both associated with cellular mechanisms and whole-organism performance should be combined in IBR indices to better elucidate the effects of heat stress (Madeira et al., 2018; Dias et al., 2020). Therefore, we tested the IBR approach using Fv/Fm, chlorophyll content, and growth rate as biomarkers encompassing physiological, biochemical, and organismal responses, respectively.

In general, the IBR index increased with increasing temperature in all tested organisms (Figure 6A). The highest IBR index was found at 34.5°C in corals and at 42°C in seagrasses and macroalgae, which indicates the highest stress level at this temperature. These integrative analyses, which corroborate the previously discussed results, indicate that an increase of 2.5°C from the maximum SST (32°C) will produce lethal effects in corals, while an increase of 10°C from the maximum SST will potentially cause seagrasses and macroalgae to die-off. In addition, a slightly higher IBR value was observed at 32°C in the coral P. lutea and at 37°C in the seagrass H. ovalis and the macroalga P. boryana, thus suggesting a higher sensitivity of these species under moderate heat stress. Therefore, poorer health of these organisms may be already seen within a range of the current maximum SST to an increase in the maximum SST by 5°C. Recovery from five consecutive days of moderate heat stress, however, was observed in P. lutea and H. ovalis, implying that the overall health status can be restored once the warming period is over. This emphasizes that the ability of the organisms to recover from stress significantly contributes to their resilience to moderate warming (Brown et al., 2014; Xu et al., 2020; Nguyen et al., 2021) and that recovery should be considered when evaluating the potential impacts of ECEs.

The IBR analysis showed an inhibition of photosynthetic activity, degradation of chlorophyll, and slower growth in all the tested species (Figure 6B). Deleterious effects at 34.5°C for corals and 42°C for seagrasses and macroalgae were manifested as a marked decline of all three biomarkers, while sublethal effects (32°C in the corals and 37°C in the seagrasses and macroalgae) were largely driven by growth rate and chlorophyll content for most of the tested species. These results, which support the suggestions made by previous studies (Madeira et al., 2018; Dias et al., 2020; Marques et al., 2020; Zhang et al., 2021), highlight the importance of using multiple biomarkers across the biological organizations and inclusion of the biomarkers at the organismic level.

Our results demonstrate that the IBR approach provides quantifiable indices for monitoring the health status of shallow-water marine organisms under warming scenarios and is therefore proven a useful tool for both research and management. Nevertheless, improvement of its efficiency is warranted, and careful consideration is necessary when interpreting the results within complex environments of a natural setting. While the biomarker suite adopted in the present study seems sufficient to elucidate the overall stress effects in the tested species, since it displayed a temperature-dependent response, all biomarkers are not specific to heat stress. Incorporations of biomarkers, such as heat shock proteins, energy metabolisms-related makers, and certain regulatory molecules (van Oppen and Oakeshott, 2020; Danaraj et al., 2021; Innis et al., 2021), particularly those at the molecular level, will enhance the precision and resolution of the IBR index. However, the selection of suitable biomarkers relies on advanced knowledge of the cause-effect relationship between temperature and complex biological responses of given species and populations, which remains inadequate, particularly in the tropical Southeast Asian region (Guan et al., 2020; Nguyen et al., 2021). An in-depth understanding of the underlying physiological mechanisms associated with warming will therefore not only be crucial for predicting how future warming scenarios will affect the coastal ecosystems, but also for developing a more effective tool to assess and mitigate the long-term impact of warming events on shallow-water marine organisms.
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Steep geochemical gradients surround roots and rhizomes of seagrass and protect the plants against the harsh conditions in anoxic sediment, while enabling nutrient uptake. Imbalance of these gradients, due to e.g., low plant performance and/or changing sediment biogeochemical conditions, can lead to plant stress and large-scale seagrass meadow die-off. Therefore, measuring and mapping the dynamic gradients around seagrass roots and rhizomes is needed to better understand plant responses to human impact and environmental changes. Historically, electrochemical microsensors enabled the first measurements of important chemical species like O2, pH or H2S with high sensitivity and spatial resolution giving important insights to the seagrass rhizosphere microenvironment; however, such measurements only provide information in one dimension at a time. In recent years, the use of reversible optical sensors (in the form of planar optodes or nanoparticles) and accumulative gel sampling methods like Diffusive Gradients in Thin films (DGT) have extended the array of analytes and allowed 2-D mapping of chemical gradients in the seagrass rhizosphere. Here, we review and discuss such microscale methods from a practical angle, discuss their application in seagrass research, and point toward novel experimental approaches to study the (bio)geochemistry around seagrass roots and rhizomes using a combination of available techniques, both in the lab and in situ.

Keywords: planar-optode, microsensor, rhizosphere, geochemistry, imaging, multidimensional, DGT, DET


INTRODUCTION

Seagrass meadows are important ecosystems that play an important role for marine biodiversity (Bertelli and Unsworth, 2014), coastal protection (Fonseca and Cahalan, 1992) and not the least sediment biogeochemistry and carbon sequestration (Mcleod et al., 2011; Fourqurean et al., 2012). Photo-assimilated carbon moves from the seagrass leaves to the roots, and into the anoxic sediment, where the anoxic conditions prevent rapid microbial mineralization (Duarte et al., 2005). Besides plant debris, organic carbon from plant excretions involving sugars and organic acids can have a major impact on the carbon sequestration capability (Wetzel and Penhale, 1979; Long et al., 2008). Up to 40% of the dissolved organic carbon under seagrass meadows was recently estimated to be in the form of plant-derived sucrose that accumulates in the seagrass rhizosphere and seems to largely escape from microbial degradation due to the concomitant excretion of phenolic compounds (Sogin et al., 2021). However, the organic carbon can also find its way back to the atmosphere through re-mobilization, e.g., via the continuous emission of the greenhouse gas methane from seagrass meadows (Garcias-Bonet and Duarte, 2017) or via physical disturbance by humans that exposes the reduced sediment to O2 and thereby stimulates aerobic mineralization processes with faster carbon turnover rates and complete oxidation of organic carbon to CO2 (Brodersen et al., 2019). Nevertheless, plant-microbe and other microbial interactions in the seagrass rhizosphere are not well understood and it is important to resolve biogeochemical element cycling underneath seagrass meadows and its role for seagrass plant fitness.

Growth of seagrass roots into reduced, anoxic sediment relies strongly on gas-filled plant tissue layers, aerenchyma, which allows O2 in the seagrass leaves, originating either via photosynthesis or via diffusion from the water column, to reach and ventilate the belowground tissue (Brodersen et al., 2018a). While the mature parts of the seagrass roots develop a gas-impermeable tissue layer—a Casparian band-like structure mainly composed of suberin—that enables efficient internal transport of O2 and prevents radial O2 loss (ROL) and influx of phytotoxins such as sulfide (H2S) into the plant tissue (Barnabas, 1996; Colmer, 2003), O2 eventually leaks from the growing root tips and the root/shoot junctions and oxidizes the rhizosphere (Jensen et al., 2005; Brodersen et al., 2015b; Koren et al., 2015). For instance, Jensen et al. (2005) reported that O2 diffused from the roots 2 mm into the sediment. The extent of the radial O2 loss varies with changing light conditions and root age resulting in hetereogenous and dynamic distributions of oxic zones underneath a seagrass meadow (Frederiksen and Glud, 2006). However, the extent of radial O2 loss is not only determined by the capacity of the root to leak O2 but also by the capability of the sediment to consume the released O2 (i.e., the sediment O2 demand). For example, if seagrass is transplanted into oligotrophic sediment with less bacterial density, the O2 released from roots will diffuse further into the sediment before it is consumed by abiotic and biotic oxidation reactions than in highly reduced, sulfidic sediment with a high content of organic material and resulting high bacterial density. Taken together, the presence of organic carbon from plant debris and root exudates together with the spatially restricted oxic zones create hotspots of microbial activity below a seagrass meadow (Blaabjerg et al., 1998; Nielsen et al., 2001; Jensen et al., 2007; Brodersen et al., 2018b), which renders the seagrass rhizosphere into a diurnally changing, mosaic of steep geochemical gradients.

Despite their ability to sustain the harsh geochemical conditions of anoxic sediment, seagrasses are currently challenged by human impact such as coastal development and eutrophication, which lead to increased water turbidity and hypoxia, as well as, increased epiphyte growth on seagrass leaves (Erftemeijer and Robin Lewis, 2006; Orth et al., 2006; Waycott et al., 2009). This results in prolonged, low-light availability for photosynthesis altering the balance of the chemical gradients that form around the roots protecting seagrasses and enabling nutrient uptake (Brodersen et al., 2015a, 2017a). The source of the stress originates from above the meadow through human impact and environmental changes, but the resulting danger often comes from underneath and that is H2S (Holmer and Bondgaard, 2001). Under healthy conditions, the aeration of the below-ground tissues and oxygenation of the rhizosphere around the root tips, root/shoot junctions and the base of the shoot (i.e., the basal leaf meristem) facilitates the abiotic and microbial oxidation of the toxic H2S (Brodersen et al., 2018b). However, during periods of low water-column O2 content, e.g., during nighttime when photosynthesis-driven O2 production is halted, the supply of O2 to the below-ground tissues cannot counterbalance the H2S intrusion. Thus, prolonged O2 limitations initiate large-scale seagrass meadow die-off (Borum et al., 2005). Therefore, it is important to determine how human impact can change geochemical gradients in the seagrass meadow sediment and rhizosphere.

Vertical concentration gradients in sediments of a broad variety of analytes can be determined by analyzing extracted porewater (e.g., McGlathery et al., 2001). Typically, cylindrical push cores have been used to section the sediment horizons on the cm-scale (Toshihiro et al., 2001; Sogin et al., 2021). However, this technique provides average concentrations from large sample volumes; hence, steep gradients in the mm-range, as well as, small-scale heterogeneities are overlooked (Huang et al., 2019). To fully account for the pronounced structural and chemical heterogeneity of the seagrass rhizosphere it is thus necessary to employ tools for microenvironmental sensing and analysis at high spatio-temporal resolution. In the following, we review experimental tools for exploring the seagrass rhizosphere microenvironment ranging from one-dimensional measurements of chemical concentration gradients with different types of microsensors, to mapping of the two-dimensional distribution of chemical species in the rhizosphere using optode-based chemical imaging and gel-sampling techniques. We exemplify how these techniques have been used to study the seagrass rhizosphere and discuss future needs and possibilities for multidimensional sensing approaches to further resolve how the seagrass rhizosphere microenvironment modulates plant fitness and sediment biogeochemistry.



ONE-DIMENSIONAL PROBING OF THE SEAGRASS RHIZOSPHERE MICROENVIRONMENT


Microsensors

Electrochemical and fiber-optic microsensors enable measurements of concentration profiles in 1-D with high sensitivity and spatial resolution owing to the small tip sizes in the μm-range. The available gas, ion, bio and micro-optode sensors cover a wide range of analytes (Kühl and Revsbech, 2001; Revsbech, 2021), but electrochemical O2 and H2S microsensors (Revsbech and Jørgensen, 1986; Revsbech, 1989; Jeroschewski et al., 1996) are still the most used ones in the context of seagrass ecology (Jensen et al., 2005; Trevathan-Tackett et al., 2017; Schrameyer et al., 2018; Brodersen et al., 2019). Further information on the working principles of microsensors and their application in plant biology can be found in recent reviews by Pedersen et al. (2020) and Revsbech (2021).

Microsensors are usually guided vertically into the sediment using a micromanipulator to measure depth profiles, from which the analyte fluxes between sediment and water and inside the sediment can be calculated or modeled (e.g., Berg et al., 1998). The μm tip diameter and the slender shaft of microsensors enable minimally invasive measurements of the steep chemical gradients in the sediment. For example, Schrameyer et al. (2018) carried out an in situ shading experiment and used microsensors to measure H2S and O2 in retrieved sediment cores in the laboratory, among others, to calculate the diffusive O2 uptake. It is more convenient to carry out microsensor probing on retrieved cores in aquaria in the laboratory (see an example setup in Figure 1A). For instance, in the laboratory the sensor tip can be positioned on the sediment surface by using a dissecting microscope, which serves as a reference point during profiling. Anyhow, in situ microsensor measurements are cumbersome but feasible (e.g., Brodersen et al., 2017a; Figure 1C). The analyst should then be experienced enough to handle the sensors and judge the sensor position in the sediment by following the signal response. In this way, microsensor tips can be positioned within the root tissue or in the base of the leaf under field conditions (Borum et al., 2005). The microsensor tips are typically robust enough to penetrate root and rhizome/leaf tissue but break if they hit a solid surface like a bivalve shell or larger, motile infauna. Using microsensors in un-sieved, natural sediment is thus risky, albeit microsensors often break due to incautious handling during (dis)mounting.


[image: image]

FIGURE 1. Overview of 1- and 2-D techniques to study the geochemistry in the seagrass rhizosphere microenvironment. (A) Microsensor probing on sediment cores retrieved from the field or seagrass transplanted into sediment in the laboratory. The conceptual microsensor profile of O2 is taken vertically through the upper layers of the sediment core and allows the calculation of, for example, the sediment diffusive O2 uptake and the O2 penetration depth. O2 excursions below the O2 penetration depth could be from radial O2 loss from roots/rhizomes or ventilated fauna burrows. (B) Artificial, transparent sediment in a custom-made split flow chamber (Brodersen et al., 2015b) allows to approach the roots with microsensors from different directions. (C) Microsensor probing under submerged conditions or when the seagrass plants are emerged during low tide have been proven challenging but feasible. (D) Gel probes or gel-sandwich (double) probes have been proven to be a robust field technique. (E) Example result of a sulfide-sensitive gel from a laboratory deployment. The image is modified from Martin et al. (2018) and white squares mark the root tips. (F) Gels can be mounted in between the sediment and planar optodes. (G) Example result of an O2-sensitive planar optode. An imaging system needs to be brought in position for the excitation in the dark and read-out of the planar optode. The image is modified from Martin et al. (2018) and white squares mark the root tips. (H) Optode nanoparticles in artificial, transparent sediment overcomes limitations of planar optodes, but cannot be done in natural sediment. Image is taken from Brodersen et al. (2016). (I) In situ instrument for planar optode measurements. Note that this has not yet been deployed in seagrass meadows. Image was modified from Glud et al. (2001). (J) O2 multi-fiber optode system for the simultaneous recording of 100 datapoints in the field. Note that this has not yet been deployed in seagrass meadows. Image was modified from Fischer and Koop-Jakobsen (2012). Micro-fiber optodes are more robust but with a lower resolution due to the bigger tip size than microsensors made out of glass.


One of the main challenges is to relate the position of the sensor tip in the sediment to the below-ground root structures if the roots cannot be visually seen. In order to know the sensor tip proximity to the roots during measurements, Jensen et al. (2005) placed a seagrass root horizontally on the sediment, positioned the microsensor tip at the root surface as reference point, and covered the roots again with sediment. However, this approach is very time-consuming as profiles can only commence when the geochemical gradients have re-established (often after more than 3 h depending on the analyte) and the connection between sensor and root is often lost during the sediment re-covering process. To accommodate this, artificial, transparent sediment can be used, for example, in a split flow chamber which enables approaching the roots with the microsensors from various angles (Brodersen et al., 2014, 2015b; Figure 1B). However, the use of non-natural sediment, with e.g., different redox conditions, microbial communities, and O2 demand, for laboratory incubations should be carefully considered as this can deviate the measured gradients from the ones which would be found in natural sediment. One way to alleviate this experimental limitation is, e.g., to utilize a reducing agent such as H2S, which can be applied to the artificial sediment to function as an O2 scavenger (Brodersen et al., 2014). Moreover, it is possible to perform spatial measurements of 2-D transects and 3-D grids of concentration profiles with microsensors using dedicated motorized microprofiling setups (e.g., Lichtenberg et al., 2017; Herschend et al., 2018), but such approach has limited applicability for rhizosphere studies, where the exact position of the plant biomass in the sediment is uncertain. Although this to some extent can be alleviated by employing artificial, transparent sediment it is a very time-consuming process, especially if the whole rhizosphere and/or several analytes are analyzed. Despite the fast response time (time that is needed for a stable read-out) of microsensors, typically in the range of seconds, recording one profile can take more than a few minutes. The time for acquiring one concentration profile will depend on the sensor response time, the amount of datapoints recorded, i.e., the given step size between data points, and the motor velocity used for positioning. The lowest possible step size is roughly the diameter of the sensor tip. During prolonged measuring periods roots can grow into new sediment regions (e.g., root growth of 5 mm day–1 for Z. marina; cf. Jensen et al., 2005) and thus can lead to difficulties to overlay the results from subsequently recorded profiles. Therefore, it is recommended to aim for chemical hotspots like the root tip region and root/shoot junction when analyzing the seagrass rhizosphere with detailed microsensor measurements.

In summary, microsensors cannot fully resolve the complex spatial heterogeneity of chemical gradients around seagrass roots but allow detailed, local measurements within the plant tissue, as well as local measurements of concentration profiles between the plant and surrounding sediment at very high spatio-temporal resolution. The commercial availability of microsensors for a wide array of analytes are additional benefits. In fact, for several analytes of interest microsensors represent the only option for microscale measurements (e.g., H2S, N2O, H2, CH4 and most ionic species).




MULTI-DIMENSIONAL MAPPING OF THE SEAGRASS RHIZOSPHERE MICROENVIRONMENT


Optode-Based Techniques for Reversible, Chemical Imaging

In contrast to microsensors, the use of planar optical sensors (planar optodes) in combination with imaging enables the measurement of analytes in 2-D and can therefore visualize dynamic changes in the chemical microenvironment and link them to small-scale heterogeneities around seagrass roots. For seagrass, planar optodes sensitive to O2 (Jensen et al., 2005; Frederiksen and Glud, 2006; Jovanovic et al., 2015) and pH (Brodersen et al., 2017b) have been used, whereas CO2-sensitive optodes have only been used for other aquatic and saltmarsh plants (Koop-Jakobsen et al., 2018; Lenzewski et al., 2018). The rectangular planar optode foils need to be brought in close contact with the below-ground plant tissue in the sediment. In order to ensure such close contact, planar optodes can be integrated in custom-made chambers with a flat, transparent wall. For instance, Martin et al. (2018) used narrow (2 cm wide) chambers that were placed in an aquarium and incubated in a tilted position to encourage root growth against the detachable glass wall mounted with a planar optode (Figure 1F). A practical video tutorial for the assembly of a similar incubation chamber has been published by Moßhammer et al. (2019b).

Planar optodes consist of an analyte-sensitive indicator dye dispersed in a polymer matrix and coated on solid supports such as plastic foils (Larsen et al., 2011). They are excited externally with a light source, and an image is taken quantifying either the emitted luminescence intensity or the decay time (Schäferling, 2012; Koren and Kühl, 2018), which change as function of the analyte concentration. Data acquisition can rely on simple ratiometric imaging (e.g., Larsen et al., 2011), or more advanced measurements, such as the luminescence decay time (e.g., Koren et al., 2019) and hyperspectral imaging (i.e., the recording of the continuous spectrum of light in each pixel of the image, which allows the simultaneous analysis of emissions from different analyte-sensitive indicators, see Zieger et al., 2021, for more details). The acquired images can be transformed into a calibrated, color-coded image of analyte concentration distributions, which can be aligned with the underlying root/rhizome structure. Hence, hotspots of enhanced biogeochemical reactions can be identified based on where distinct concentration variations are seen (e.g., Jensen et al., 2005; Frederiksen and Glud, 2006) (example result can be seen in Figure 1G). In order to link the measured gradients to the actual below-ground tissue, a photograph should be taken of the sediment cross-section that faced the planar optode after disassembly. If the optode foil is transparent enough, the root structures and positions can also be followed directly during measurement (Frederiksen and Glud, 2006; Martin et al., 2018). Generally, planar optodes have high spatial resolution (μm2-range), can be made in large sizes (>400 cm2) to cover the entire area of interest, and have a response time in the range of seconds to a few minutes depending on the type of planar optode and the thickness of the sensor layer and/or the optical isolation layer on top of the sensor layer (Santner et al., 2015). The response time, however, is often not a critical factor in seagrass studies, as the planar optode stays in the same position during the experiment and high measuring frequencies (more than one image per minute) is usually not needed. Besides the preparation of the imaging and incubation setup, calibration is one of the most laborious steps of planar optode measurements and is usually carried out in sediment-free aquaria prior to measurements. The imaging step itself only takes a few seconds. Therefore, once the setup is ready, dynamic changes over day and night cycles can be easily monitored due to the fully reversible response of the planar optodes to e.g., O2 or pH. For example, Frederiksen and Glud (2006) measured O2 distributions at regular time intervals around roots of Zostera marina over 44 h and showed that O2 release was reduced by 60% during darkness. We note that the excellent long-term stability of O2 optodes and their temperature sensitivity, enabling temperature compensated measurements during deployment, allows for measuring over weeks and even months (e.g., Rickelt et al., 2014). Simple, yet powerful planar optode systems can be assembled from commercially available components (e.g., Larsen et al., 2011; Staal et al., 2011) and are also commercially available as complete systems. Instrumentation for underwater in situ imaging with planar optodes has also been developed (Glud et al., 2001, 2005; Figure 1I), but awaits first applications in seagrass meadows.

When assembling the planar optode-seagrass chambers close contact of the optode with the root biomass is important, because otherwise the true distribution of gradients cannot be resolved. Another challenge during the assembly is to avoid air bubbles trapped on either side of the optode foil. Furthermore, the plant tissue and the microbial community around the roots should be given time to recover after assembly of the incubation chamber. While gradients from purely abiotic sources to sinks establish relatively fast, the biotic components of the rhizosphere can sometimes need several weeks to recover from manipulation/disturbance (Wang et al., 2021). This could e.g., be due to the recovery of root hairs that were broken off during transplantation or the slow re-establishment of a microbial network including filamentous bacteria (Scholz et al., 2021) and fungal associations (Borovec and Vohník, 2018). The plant itself can also experience stress during sampling and separation into single shoots followed by transplantation into the experimental chamber.

One constraint of planar optode-based imaging is that the diffusive fluxes are cut off by the solid support on one side which can distort the true analyte gradients around a 3-D structure positioned against the planar optode (Li et al., 2019). An alternative approach to coating the optode matrix on a solid support is to use optode-nanoparticles (Moßhammer et al., 2019a), e.g., in combination with magnetite to force the optode particles against the seagrass leaves in a magnetic field (Brodersen et al., 2020) or dispersed in a transparent, artificial sediment embedding the below-ground tissues of a seagrass plant (Koren et al., 2015; Brodersen et al., 2016; Figure 1H). Such dispersed optical sensor nanoparticle approaches are read out by the same imaging systems as planar optodes, but alleviate the limitations of planar optodes by avoiding the sudden cut off of gradients at the plastic foil on which the optode is coated and the need to ensure close contact between the optode foil and the sample. Sensor nanoparticles have, for example, been used to resolve radial O2 loss from below-ground seagrass tissues on an entire rhizosphere level and how this is affected by changing light and water-column O2 conditions (Koren et al., 2015).

In summary, optode-based imaging of the below-ground chemical microenvironment with planar optodes or dispersed sensor nanoparticles is fast and reversible, enabling time-series measurements. The incubation chambers can be custom-made and flexibly adjusted to fit the experimental needs, but challenges are to ensure close contact of root/rhizome tissue with the optode and to avoid air bubbles being trapped behind the foil during assembly. Once the setup is ready, small-scale heterogeneities and spatio-temporal dynamics can be visualized. Optical nanoparticles to study O2 dynamics around the below-ground structure of seagrass circumvents drawbacks of the planar optode technique, but requires the incubation in artificial, transparent sediment. Currently, such reversible optode-based imaging is limited to a handful of analytes (mainly O2, pH, CO2). Novel optodes for important analytes like NH3 are being developed (Merl and Koren, 2020), but so far have not been used in seagrass research. Also, multi-analyte optodes exist (Moßhammer et al., 2016) and novel imaging approaches are promising to push multi-parameter chemical mapping in the rhizosphere even further (Koren and Zieger, 2021).



Irreversible Chemical Mapping With Gel Probes

Gel-sampling methodologies using either Diffusive Gradients in Thin-films (DGT) or Diffusive Equilibration in Thin-Films (DET) enable irreversible, spatial 2-D mapping of chemical species after sample exposure to the gel for a defined time interval (see Davison et al., 2000; Santner et al., 2015 for a more detailed account of these experimental methods). Both techniques rely on passive diffusion of the sediment solutes from the target area into a gel, where they are either continuously accumulated (DGT) or in equilibrium with the porewater concentrations (DET). Hence, similar experimental incubation chambers as explained for the planar optode systems can be used (Figure 1F). But in contrast to the planar optodes, the gels can relatively easily be deployed in situ and subsequently analyzed after retrieval (Figure 1D). One of the most targeted analytes for single-analyte-binding DGT gel analysis in the seagrass rhizosphere is H2S (Brodersen et al., 2017b; Martin et al., 2018; Figure 1E), which can e.g., be mapped with a silver iodide gel which continuously binds ΣH2S (i.e., H2S, HS–, and S2–) from the porewater through a precipitation reaction to silver sulfide (Teasdale et al., 1999). The precipitation reaction induces a dark coloration, which can then be analyzed after incubation by computer imaging densitometry (CID), e.g., using a common flatbed scanner. In contrast to DGT gels, the DET gels do not bind the analyte and hence concentrations within the gel represent porewater concentrations at the time of retrieval. One of the most common analytes for DET gels in seagrass beds is Fe(II) (Pagès et al., 2012; Kankanamge et al., 2017, 2020), where the analyte concentrations can be quantified by covering the gel with a ferrozine reagent staining gel after sampling to induce a colorimetric reaction (Jézéquel et al., 2007; Robertson et al., 2008; Bennett et al., 2012). This staining reaction is not necessary if the gels are directly analyzed after drying (in the case for DET gels, the analytes must be immobilized after sampling) using a beam technology such as laser ablation inductively coupled mass spectrometer (LA-ICP-MS), which allows to simultaneously analyze and map the distribution of several ionic species in the seagrass rhizosphere with a spatial resolution of around 100 μm (Brodersen et al., 2017b).

When the DGT and DET gels are deployed in incubation chambers (as described above for planar optodes) the following practical aspects should be considered: (1) close contact of the gel with the root/rhizome tissue, (2) avoiding entrapment of air pockets between gel and sediment, and (3) sufficient pre-incubation for the recovery of plant and microbial community, as well as, chemical gradients after transplanting. A defined onset of gel incubation can be accommodated by placing a retrievable, sterilized plastic foil in between the sample/sediment and the gel (Brodersen et al., 2017b), which can be removed to initiate sample contact to the gel when steady state biogeochemical conditions have been reached. While planar optodes allow continuous and dynamic recording of data over time using the same optode foil, measurements with DGT gels represent accumulated signals during a defined incubation time, i.e., a one-time irreversible readout. Another drawback of DGT gels is the continuous removal of the analyte that can affect processes within the sediment, which is especially critical e.g., at low solute concentrations. Hence, careful planning of the cultivation/measuring period is required. This is not the case for DET gels, because the solutes are not bound and accumulated within gel. But therefore, it is also crucial to process the DET gels immediately after sampling, as otherwise the analyte diffuses within the gel in all directions and blurs the actual gradients and distributions.

These passive gel-sampling techniques can also be used in situ, as probes of single gels and even combined DET-DGT and DET-DET gels can be pushed into the seagrass sediment when the meadow is exposed at low-tide (Simpson et al., 2018) or under water (Brodersen et al., 2017b; Figure 1D). The combination of multiple gels in one probe with in situ deployment enables the simultaneous measurement of multiple analytes over similar temporal and spatial scales, which can visualize the chemical heterogeneity below a seagrass meadow, including the contribution from multiple seagrass shoots and bioturbation. The in situ gel deployments and sandwich-gel approaches of combined DGT-DET or DET-DET gels also have several drawbacks, which should be considered when interpreting the imaging results. First, pushing the gel probes into the sediment can drag upper sediment layers deeper down causing artifacts (Santner et al., 2015). Second, no structural photographs can be taken from the measured cross-section of the sediment and hence correlations of solute distributions with below-ground structures such as roots or burrows are speculative. Third, DGT gels provide integrated and averaged concentrations over the entire deployment time, while DET gels represent the porewater concentrations over the last period of the deployment time. Therefore, the combination and deployment of DGT and DET gels at the same time may lead to artifacts depending on the change of gradients during the deployment time (Robertson et al., 2008). An alternative to circumvent this issue for H2S is a novel DET gel (Kankanamge et al., 2020), which allows to deploy a DET(H2S)-DET probe rather than a DGT(H2S)-DET-probe.

One simple but yet elegant approach was reported by Marzocchi et al. (2019), who investigated the PO43– and NH4+ porewater concentrations around roots of the freshwater plant Vallisneria spiralis by assembling a sediment sandwich with 96-well microplates covered with a membrane on each side. The microtiter plates can be considered a variant of DET gels, where each well goes in equilibrium with the porewater concentrations. After deployment, the analyte concentrations were quantified by standard colorimetric reactions. With this approach, the spatial resolution is limited by the diameter of the wells (approximately 7 mm) and the spacing between the wells (approximately 1 mm).

In summary, gels are passive sampling techniques that extend the array of analytes for 2-D mapping. In contrast to reversible optodes, the gel-based approaches allow only the read-out of analyte distributions at a given time period. However, for several key analytes such as sulfide, metals and other ionic species these gel-sampling techniques are presently the only option for 2-D mapping in the seagrass rhizosphere. Advantages of these techniques include the versatility of the gels as they can be deployed in various configurations including as sandwich sensors and for in situ measurements.




FUTURE DEVELOPMENTS

A better understanding of the heterogeneous distribution of geochemical hotspots around seagrass roots/rhizome, and their dynamic changes over day/night and seasonal cycles is instrumental for enhancing our knowledge about how the seagrass plant is adapted to life in sediments and how it is affected by environmental stress. As mentioned above, the seagrass rhizosphere is a dynamic chemical environment where several chemical parameters exhibit changes at different time scales and with different interdependences. Hence, the analysis of multiple analytes in the same spatial area and time is needed. This can be achieved through various approaches.

For instance, Brodersen et al. (2017b) used a narrow sandwich chamber (width: 1 cm) design for the deployment of O2 and/or pH planar optodes on one side of the below-ground tissue structures and single- or multi-binding DGT gels on the other side. With this approach the authors could show that the release of O2 and organic compounds from the roots and rhizome stimulate nutrient mobilization in the rhizosphere, where (i) protolytic dissolution (protons generated from protective sulfide oxidation stimulated through radial O2 loss from the roots and rhizome) mobilized phosphate mainly in the light and (ii) reductive dissolution [reduction of insoluble Fe(III)oxyhydroxides to dissolved Fe(II) driven by sulfide generated by sulfate reducing bacteria that are stimulated by organic carbon exudations from the roots] mobilized phosphate and increases Fe(II) availability mainly in the dark. These are important seagrass-driven nutrient mobilization mechanisms that are further supported by the release of organic acids (Long et al., 2008) and microbial Fe(III) reduction linked to organic carbon oxidation. However, optodes can also be directly coated with a sampling gel (Figure 1F). By means of such a combined optode-gel-sensor, Martin et al. (2018) monitored the O2 concentrations and ensured sediments remained anoxic during deployment of the H2S-sensitive DGT gel. Other sensor combinations are the above-mentioned DGT-DET and DET-DET gel-sandwiches, which can also be applied in the field (Robertson et al., 2008; Pagès et al., 2012). Moreover, dual optode sensors for pH and O2 measurements (Moßhammer et al., 2016) and the advances in hyperspectral imaging (Zieger et al., 2021) will facilitate further development and applications of multi-analyte optodes in future studies. A comprehensive model example of combining multidimensional techniques has been provided by Williams et al. (2014), who measured the O2 or pH and metal distributions around rice roots by using combined optode-DGT gel sensors.

Microbial communities drive geochemical changes and conditions in the rhizosphere, but their specific associations with hotspots along the roots/rhizome and in different distances away from seagrass root/rhizome surfaces have only been poorly resolved. One approach for the sampling of microbial communities and correlation with geochemical gradients measured with microsensors has been reported by Brodersen et al. (2018b). The authors made use of artificial, transparent sediment with added porewater microbes in the previously reported, custom made split flow chamber (Brodersen et al., 2014). Moreover, Martin et al. (2018) used O2-sensitive planar optodes to distinguish microbial communities on O2-releasing and non-leaking roots with particular focus on cable bacteria, which are filamentous, cm-long bacteria that change their surrounding sediment geochemistry with major impact on the pH and sulfur-cycle (Pfeffer et al., 2012). The colonization pattern of cable bacteria and their geochemical impact in surface sediments and around worm tubes have been visualized using combinations of planar optodes and gels (Aller et al., 2019; Yin et al., 2021a,b). Interestingly, cable bacteria appear to be a common member of the root microbiome of various seagrass species (Scholz et al., 2021) but their potential geochemical impact in the seagrass rhizosphere has not yet been shown. The identification of hotspots by multidimensional imaging could also be used for targeted sampling for metabolomics or chemical analyses.

Last, not least, there is a strong need for better in situ mapping of the seagrass rhizosphere microenvironment. Microenvironmental analyses of the seagrass rhizosphere have mostly been done in the laboratory, with the exception of (i) diver-operated in situ microsensor measurements, typically positioned in seagrass leaf meristems to follow the O2 and H2S status of the plant over diel cycles (e.g., Brodersen et al., 2017a; Olsen et al., 2018), and (ii) the in situ deployment of gel samplers (e.g., Pagès et al., 2012; Brodersen et al., 2017b, see Supplementary Table 1 for an overview of selected key references). However, laboratory measurements cannot fully replicate the dynamic environmental conditions found in situ and often involve manipulation of the rhizosphere and surrounding sediment during assembly of the setup and sampling. This can potentially change redox conditions and other aspects of the in situ microenvironment including the spatial arrangement of microbes relative to the plant roots. Thus, it should be kept in mind that measurements in laboratory setups with sieved, homogenized sediment and mainly on a single shoot do not represent the natural environment below a seagrass meadow, where bioturbation, multiple shoots, and plant debris cause even more heterogenous distributions of gradients (Edward and Mark, 1998; Simpson et al., 2018). While in situ mapping of chemical species over hours/days with planar optodes mounted on dedicated underwater imaging platforms and in mesocosms is well established in soil and sediment biogeochemistry (Glud et al., 2001; Askaer et al., 2010; Santner et al., 2015) such technologies have, surprisingly, not yet been applied in seagrass meadows. For instance, potential issues to be solved are how to avoid scratching and other damage of the planar optode surface when inserting it into the tough matrix of seagrass covered sediments. The insertion would also break the root/rhizome network and disrupt the gradients in a seagrass meadow. But this could be overcome if the instrument would be deployed at the fringe of a seagrass bed or in newly restored seagrass beds where seagrass seedlings were just transplanted. It should be noted that no perfect alignment of roots and rhizome to the measuring devices (planar optodes or gel probes) can be assured under in situ conditions, but rather the natural distribution of gradients will be determined. Also more long-term in situ measurements, e.g., of seasonal changes in the seagrass rhizosphere or long-term changes due to environmental impacts such as dredging, heat waves or hypoxia events, remain to be realized. A suitable starting point for such measurements could, e.g., be based on systems for distributed sensing with fiber-optic optode arrays (e.g., Fischer and Koop-Jakobsen, 2012; Figure 1J) that can be inserted into the sediment at various positions/depths to monitor rhizosphere oxygenation over hours/days (Koop-Jakobsen et al., 2017) or robust spears with defined measuring spots that are able to monitor, e.g., O2 and temperature profiles in soils and sediment over several months (Rickelt et al., 2014). Adaptation and expansion of such techniques for optode-based, long-term in situ measurements of key parameters like O2, pH and temperature in seagrass rhizospheres is a promising research direction, which will enhance insight to in situ characteristics of the seagrass rhizosphere and could become a valuable tool for environmental monitoring and management (e.g., as an early warning system for environmental stress in seagrass meadows).
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Seagrass meadows provide valuable ecosystem benefits but are at risk from disease. Eelgrass (Zostera marina) is a temperate species threatened by seagrass wasting disease (SWD), caused by the protist Labyrinthula zosterae. The pathogen is sensitive to warming ocean temperatures, prompting a need for greater understanding of the impacts on host health under climate change. Previous work demonstrates pathogen cultures grow faster under warmer laboratory conditions and documents positive correlations between warmer ocean temperatures and disease levels in nature. However, the consequences of disease outbreaks on eelgrass growth remain poorly understood. Here, we examined the effect of disease on eelgrass productivity in the field. We coupled in situ shoot marking with high-resolution imagery of eelgrass blades and used an artificial intelligence application to determine disease prevalence and severity from digital images. Comparisons of eelgrass growth and disease metrics showed that SWD impaired eelgrass growth and accumulation of non-structural carbon in the field. Blades with more severe disease had reduced growth rates, indicating that disease severity can limit plant growth. Disease severity and rhizome sugar content were also inversely related, suggesting that disease reduced belowground carbon accumulation. Finally, repeated measurements of diseased blades indicated that lesions can grow faster than healthy tissue in situ. This is the first study to demonstrate the negative impact of wasting disease on eelgrass health in a natural meadow. These results emphasize the importance of considering disease alongside other stressors to better predict the health and functioning of seagrass meadows in the Anthropocene.
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INTRODUCTION

Rapid environmental changes significantly impact and reshape our oceans. Elevated temperatures can alter marine host-pathogen dynamics by increasing host stress and pathogen virulence, expanding pathogen ranges, and altering host ranges, thus triggering increased occurrence and severity of disease outbreaks (Harvell et al., 2002; Burge et al., 2014; Cohen et al., 2018; Burge and Hershberger, 2020). Climate-driven disease outbreaks can be especially devastating when they target foundation species—like seagrass and corals—that structure nearshore communities and play vital roles in ecosystem function (Harvell and Lamb, 2020). This paper examines the impacts of seagrass wasting disease (SWD) on eelgrass (Zostera marina) health and productivity.

Seagrass wasting disease historically shaped eelgrass meadows and continues to persist today. In the 1930s, SWD outbreaks decimated up to 90% of eelgrass meadows throughout the North Atlantic (Renn, 1936; Short et al., 1987; Muehlstein, 1989), reducing waterfowl, shrimp, scallop, and fish populations (Renn, 1936; Stauffer, 1937; Moffitt and Cottam, 1941; Milne and Milne, 1951) and compromising eelgrass ecosystem services (Orth et al., 2006). These and subsequent die-offs were traced to Labyrinthula zosterae (Muehlstein et al., 1988), which is now recognized as a virulent pathogen in eelgrass (Groner et al., 2014, 2016; Martin et al., 2016) and other seagrasses worldwide (reviewed in Sullivan et al., 2018). Given that eelgrass creates nursery and feeding grounds (Orth et al., 1984), filters and oxygenates seawater (Costanza et al., 1997; Hasegawa et al., 2008), stabilizes sediments (Fonseca et al., 1983), efficiently stores carbon (Duarte et al., 2005; Röhr et al., 2018), and plays important roles in nutrient cycling in nearshore communities (reviewed in Moore and Short, 2006), SWD can compromise the health of eelgrass individuals, populations, and entire coastal communities.

Understanding the impact of SWD on eelgrass health and productivity under field conditions is particularly pertinent, given the synergistic relationship between warming temperatures L. zosterae (Rasmussen, 1977; Muehlstein, 1992; Bull et al., 2012; Bockelmann et al., 2013; Dawkins et al., 2018; Groner et al., in press; Aoki et al., in review). Laboratory studies indicate the pathogen grows faster in vitro under elevated temperatures (Dawkins et al., 2018), and warmer temperatures coincided with historic (Rasmussen, 1977) and more recent disease outbreaks (Bull et al., 2012; Bockelmann et al., 2013). More recently, field surveys of natural eelgrass meadows in the San Juan Islands, Washington, United States indicate that elevated levels of SWD and declines in meadow density were significantly correlated with warmer winter (Groner et al., in press) and summer temperatures (Aoki et al., in review).

Despite the growing body of literature on L. zosterae biology and ecology and continued monitoring of SWD in natural eelgrass meadows (Bockelmann et al., 2012; Groner et al., 2014, 2016, in press; Jakobsson-Thor et al., 2018; Aoki et al., in review), little is known about the impacts of SWD on eelgrass under natural conditions. Laboratory studies have shown that L. zosterae attacks and consumes plant chloroplasts (Muehlstein, 1992), reduces photosynthetic capabilities of tissue (Ralph and Short, 2002), and creates large areas of necrotic tissue (Pokorny, 1967; Short et al., 1986). SWD therefore likely compromise eelgrass growth rates and ability to accumulate non-structural carbon in rhizomes, which contain high concentrations of sugar. Normally, this sugar accumulates during the summer growing season and fuels regrowth in spring (Burke et al., 1996). However, since SWD prevalence peaks during warm summer months (Bockelmann et al., 2013), disease could reduce these valuable sugar reserves and impair eelgrass growth the subsequent year. Here, we coupled ecological surveys and image analysis using artificial intelligence to determine the effect of SWD on eelgrass growth, health, and rhizome sugar in the field.

Eelgrass meadows are considered bioindicators of health within the Salish Sea, an inland sea spanning the United States-Canada border in the northeastern Pacific Ocean (Dennison et al., 1993; McManus et al., 2020), and have experienced high levels of SWD in recent years (Groner et al., 2014, 2016, in press; Aoki et al., in review), making this region an important location for understanding the ecological impacts of SWD. The aim of this study was to examine the effect of SWD on aboveground eelgrass growth and productivity and belowground sugar. We measured blade-level disease status (healthy or diseased), site-level disease prevalence (proportion of shoots with SWD), severity (proportion of tissue damaged by wasting disease lesions), and specific productivity (percentage of new blade area produced per day). Given the significant historical role of L. zosterae in the extirpation of many eelgrass meadows globally, we expected SWD to compromise eelgrass growth. Specifically, we expected plants with elevated levels of disease to have reduced blade growth rates and rhizome sugar concentrations compared to eelgrass with lower disease levels.



MATERIALS AND METHODS


Field Study 1: Eelgrass Growth

To determine temporal differences and interactions between eelgrass growth, productivity, and SWD, we conducted field trials in June and July 2019 at Fourth of July Beach, San Juan Island, WA (48°28′01.4″ N, 123°00′00.4″ W). We selected this site because its intertidal eelgrass has had consistently high levels of SWD since monitoring began in 2017 (Aoki et al., in review) and remains exposed for several hours during extreme low tides, providing ample time for fieldwork. Each month, we deployed three, 30-m transects spaced approximately 5 m apart in the shallow, intertidal eelgrass meadow at low tide, using a compass to maintain consistent headings and depth gradients for each. We targeted eelgrass in the interior of the meadow to avoid any potential edge effects, since eelgrass growth can vary with nutrients, hydrodynamics, and sediment dynamics within a meadow (Bell et al., 2007). Using neon flagging tape, we tagged individual eelgrass shoots at 1-m intervals along each transect (n = 90 shoots/month, Supplementary Figure 1) to minimize heavily impacting any one area (ex: tagging many shoots in a quadrat), since all shoots were ultimately destructively sampled. We marked each tagged shoot for shoot-specific growth rate measurements using the needle punch method (Short and Duarte, 2001), a standard approach for measuring direct, short-term growth rates in seagrasses. At 5-m intervals along each transect, we recorded eelgrass shoot densities. We also scanned a subset of tagged shoots from each transect for baseline disease measurements (n = 4 in June, n = 25 in July) and to track lesion development following 6 days of growth in the field. To do so, we removed epiphytes from the third-rank blade of the shoot and carefully scanned it at high resolution (600 dpi) using a photocopy scanner (Canon CanoScan LiDE 220) whilst the shoot was still rooted in the sediment. We also deployed 2 HOBO Pendant loggers in the eelgrass meadow to capture in situ temperatures.

After 6 days, we collected all tagged shoots (n = 90 in each month). In lab, we removed epiphytes from all shoots and separated the blades from each shoot by age; each shoot contained 3–7 blades. The needle-punch method enabled us to easily separate old growth—the blade area above the needle scar—from the new growth—the blade area below the scar (Supplementary Figure 1). We scanned all blades (n = 434 in June, n = 398 in July) to measure disease and blade areas (Supplementary Figure 1). We also measured canopy height, number of blades, and sheath length for each shoot. We calculated blade growth rates (specific productivity) as the percentage of daily new blade area (mm2d–1).



Field Study 2: Non-structural Carbon Analyses

We collected belowground rhizomes to determine the effect of SWD on sugar reserves in July 2019. We targeted three sites in the San Juan Islands—Fourth of July Beach, Indian Cove (48°33′47.6″ N, 122°56′11.2″ W), False Bay (48°28′57.9″ N, 123°04′25.0″ W)—known for having variable levels of SWD (Groner et al., 2016, in press; Aoki et al., in review). At each site, we deployed three, 30-m transects at the same tidal height in the intertidal, where we measured shoot densities and collected five shoots with intact rhizomes at 0, 15, and 30 m (n = 45 shoots/site, n = 135 total). We targeted rhizomes at least 15 cm long to ensure sufficient sample biomass for subsequent non-structural carbon analyses. We scanned the third-rank (third youngest, Short and Duarte, 2001) blade of each shoot for disease analyses. To analyze belowground sugar content (non-structural carbon), we dried rhizomes at 60°C, homogenized with a mortar and pestle, and extracted sugars using the hot ethanol extraction method with 2% phenol and concentrated sulfuric acid. We determined total sugar concentrations based on the absorbance at 490 nm using a glucose-fructose-galactose standard curve according to published protocols (Chow and Landhausser, 2004).



Disease Analyses

A state-of-the-art computer learning algorithm, the Eelgrass Lesion Image Segmentation Application (EeLISA), identified and measured the total area of wasting disease lesions and the total area of healthy tissue on all scanned eelgrass images. We used these to determine blade-level disease status (healthy or diseased), and to calculate SWD prevalence (proportion of shoots with SWD lesions), and blade- and site-level severity (proportion of blade area covered in SWD lesions). Details on EeLISA development and training are provided elsewhere (Rappazzo et al., 2021; Aoki et al., in review). EeLISA was trained on over 789 expert-labeled scanned eelgrass images that distinguished SWD lesions from other forms of damage (Rappazzo et al., 2021). Other forms of damage, including desiccation stress and herbivore grazing scars, are distinctive and readily distinguished from SWD lesions, which have been well characterized (Short et al., 1986, 1987; Muehlstein et al., 1988; Burdick et al., 1993). Using ImageJ, we measured the areas of new and old growth for each blade by hand (Supplementary Figure 1).

We compared lesion growth rates and blade growth rates on individual blades using the 29 blades scanned for disease in the field at the start of the marking period and in the lab at the end of the marking period. Using the output from EeLISA for initial and final lesion area, we determined lesion growth rates (mm2d–1) and compared them to the blade growth rates (mm2d–1) calculated from the old and new blade areas at the end of the marking period.

We validated pathogen presence using qPCR to detect L. zosterae DNA in samples of diseased eelgrass tissue. In July 2019, we collected lesion tissue samples from the three field sites and processed the samples using established extraction and qPCR methods (Bockelmann et al., 2013; Groner et al., 2018).



Statistical Analyses

We performed all statistical analyses in R (v. 1.4.1106). To compare the growth rates between all blades from the eelgrass growth study, we ran a generalized linear mixed model (GLMM) with a gamma distribution and log link using the “glmmTMB” package (Brooks et al., 2017), with specific productivity as the response variable. We included blades of all ages (youngest to oldest) in this model to capture the variation in growth rates with respect to disease. Since we measured multiple blades from the same individual shoot, we included shoot identifier as a random effect; fixed effects were blade rank (i.e., age), disease status (healthy or diseased), blade area, total blades per shoot, shoot density (measured at the transect level), and month. We also included an interaction between disease status and blade rank; we compared the full model to simpler models (excluding the interaction and individual terms) using AIC and removed model terms based on ΔAIC > 2. The best-performing model by AIC did not include the interaction term but did include all individual fixed effects. We used a gamma distribution, since there was high variation in growth rates and included a dispersion term, as young blades had a greater spread in growth rates. Blades with growth rates of zero were excluded from these analyses, leaving 530 blades in the model.

To determine the impacts of severity on blade growth, we standardized our measurements by targeting the third-rank (third youngest) blades from each shoot (n = 176). These blades provided useful disease estimates because third-rank blades contained both healthy and diseased tissue and grew at a measurable rate, in contrast to the oldest blades which were often deteriorating and the youngest blades which rarely had any visually apparent lesions. Third-rank blades are also recognized as the best indicators of recent environmental conditions (Sand-Jensen, 1975), including disease (Aoki et al., in review). We used a quantile regression model using the package “quantreg” (Koenker, 2021) to assess the relationship between third-rank blade growth rate and severity. For the third-rank blades (n = 29) for which we had initial and final disease and blade area measurements, we used a paired t-test to compare the lesion and blade growth rates.

To assess disease impacts on belowground non-structural carbon, we ran a linear model with rhizome sugar content as the response variable and disease severity, blade area, shoot density, site, and an interaction between site and severity as fixed effects; site was treated as a fixed effect due to the low number of sites sampled (n = 3). Data met assumptions for normality and homoscedasticity.




RESULTS


Site Characteristics

Temperature loggers deployed at Fourth of July Beach in the intertidal meadow documented daily temperature ranges of 11–20°C during the June marking period and 11–23°C during the July marking period. Daily mean (12.5°C) and median (11.8°C) temperatures were similar during the two marking periods. Maximum daily temperatures occurred when the meadow was exposed during midday low tides. Across the three meadows, shoot densities were lowest at Fourth of July Beach (60 ± 28 shoots m–2, mean ± SD) and were similar at False Bay (106 ± 28 shoots m–2) and Indian Cove (103 ± 28 shoots m–2). Molecular analysis confirmed the presence of L. zosterae DNA in diseased eelgrass tissue from all three sites, supporting the presence of L. zosterae as an infectious pathogen (Supplementary Table 1).



Disease Prevalence and Severity

Wasting disease was prevalent at Fourth of July Beach, in both June and July 2019. In both months, disease prevalence (number of infected shoots/total number of shoots) was approximately 95%. Shoot-level severity (total lesion area of all blades on a shoot/total blade area for the shoot) was also similar between the two months, ranging from 0–36% in June and 0–39% in July and averaging 9% in June and 10% in July. Overall, these disease metrics indicated a substantial presence of the pathogen and potential for meadow-wide impacts from disease.



Disease and Blade Growth Rates

Blade-level disease status and blade rank (age), standardized blade area, and the total number of blades per shoot were significant predictors of blade growth rates (Figure 1 and Supplementary Table 2). Diseased and older blades grew significantly slower than healthy and younger blades (glmm, p < 0.001). A diseased, first-rank (youngest) blade grew at approximately 82% of the rate of a healthy, first-rank blade (Supplementary Figure 2). Blade growth rates steadily decreased in both diseased and healthy blades with increasing blade age; second-rank blades grew at 17% the rate of first-rank blades. Total number of leaves per shoot and blade area were also significant in the best performing model; smaller blades and shoots with more leaves had faster relative growth (Supplementary Figure 2). Shoot density and month were not significant predictors of growth rates.


[image: image]

FIGURE 1. Predicted specific productivity for diseased and healthy eelgrass blades of different ages, modeled as a function of blade rank (age) and disease status (note the log scale). Blade rank refers to blade age and position on each shoot (1st rank = youngest, 5th rank = 5th youngest). Outlined circles indicate mean predicted values, solid circles indicate underlying data. Error bars indicate 95% confidence intervals of the prediction.


Disease severity ranged from 0–70% for third-rank blades across June and July. Blades with more severe SWD (larger proportion of blade tissue damaged) had reduced growth rates compared to blades with less severe SWD, as predicted. Quantile regression showed that this effect was larger for blades with higher disease levels (Figure 2). In higher quantiles with elevated severity, the slopes of the regression lines were steeper than lower quantiles, indicating larger effects. This was also reflected by severity coefficients, which sharply increased in magnitude at higher quantiles (Supplementary Figure 3).


[image: image]

FIGURE 2. Quantile regression model showing decreasing blade growth in response to disease severity for third-rank blades (n = 176).




Lesion Growth Rates

Repeated measurements of diseased blades indicated that lesion growth rates can significantly exceed blade growth rates in situ for third-rank (third youngest) blades (Figure 3, paired t-test, p < 0.05). Mean lesion growth rates were 51 mm2d–1, with a maximum rate of 371 mm2d–1. In comparison, the mean absolute blade growth rate for this subset of third-rank blades was 16 mm2d–1 and the maximum growth rate was 71 mm2d–1.


[image: image]

FIGURE 3. In situ lesion growth rates outpaced blade growth rates among third-rank blades (n = 29). Dashed line indicates the 1:1 line.




Non-structural Carbon Analyses

Across the three meadows, disease severity and rhizome sugar content (mg per g rhizome dry weight) were inversely related (Figure 4). Disease severity ranged from 0–10% at Indian Cove and from 0–20% at Fourth of July Beach and False Bay. Both disease severity and site were significant predictors for rhizome sugar concentrations, together explaining roughly 50% of variation in sugar content (Supplementary Table 3). Shoot density was not a significant predictor of belowground sugar content. Mean (± SD) sugar content was highest at Fourth of July Beach (419 ± 56 mg per g rhizome dry weight) and similar at Indian Cove (311 ± 53 mg per g) and False Bay (356 ± 54 mg per g). Despite the variation between sites, the overall pattern was consistent: at higher disease severities, rhizome sugar concentrations decreased significantly.


[image: image]

FIGURE 4. Rhizome sugar content declined as a function of disease severity (n = 135) at three eelgrass meadows.





DISCUSSION

Globally, seagrasses are declining under pressure from coastal development, climate change, and disease (Orth et al., 2006; Waycott et al., 2009; Dunic et al., 2021). To sustain and conserve these crucial habitats and their ecosystem services, we must determine the impacts of disease on eelgrass health. Though laboratory studies have identified the impact of SWD on eelgrass photosynthesis (Ralph and Short, 2002) and necrosis (Pokorny, 1967; Short et al., 1986; Muehlstein, 1992) and field surveys continue to highlight outbreak-levels of disease (Groner et al., 2014, 2016, in press; Jakobsson-Thor et al., 2018; Aoki et al., in review), the direct impact of SWD on eelgrass growth and sugar reserves in natural meadows remains unknown. Here we show that SWD predicts reduced blade growth rates and rhizome sugar concentrations in natural meadows. However, given the observational nature of this field study, reverse causality could account for the reduced blade growth among eelgrass with elevated SWD severity. For example, slower growing eelgrass could be more susceptible to SWD compared to faster-growing eelgrass. The observed reduced blade growth rates also could be due to other confounding factors like blade-level differences in epiphyte loads, which have been associated with higher probabilities of eelgrass having SWD (Groner et al., 2016). Shading due to epiphytes could then impact both SWD severity and eelgrass growth.

Our observed SWD prevalence and severity levels were higher than historical measurements from nearby sites. Previously, intertidal field surveys from 2012–2013 found disease prevalence ranged from 6–79% (Groner et al., 2014, 2016) elsewhere in the San Juan Islands, WA. These disparities may in part be due to different methods for calculating prevalence. Groner et al. (2014) measured prevalence—the proportion of diseased blades relative to total number of blades—based on the longest blade on each shoot, while Groner et al. (2016) used the second-oldest intact blade on each shoot. Our results based on the proportion of diseased shoots relative to the total number of shoots indicated elevated SWD levels, like observed prevalence of 95.8–100% in intertidal Swedish eelgrass (Jakobsson-Thor et al., 2018). While some spatiotemporal variation is expected, the near-100% prevalence we observed at Fourth of July Beach could be in part linked to warmer ocean temperatures in 2019 (Aoki et al., in review; Amaya et al., 2020). In comparison to historical sea surface temperature records, summer 2019 temperatures were warmer locally in the San Juan Islands (Aoki et al., in review) and more broadly for the North Pacific (Amaya et al., 2020). This is important for eelgrass growth and health, since warm temperatures are associated with reduced production of phenolic compounds (Vergeer et al., 1995), which are used in microbial defense. Among eelgrass, thermal stress during warmer summer months can also increase respiration compared to photosynthesis, altering photosynthetic and growth rates (Phillips and Menez, 1988; Lee et al., 2007). Taxed by thermal stress and compromised growth, eelgrass could be more susceptible to SWD in certain conditions. Indeed, warming temperatures have recently been suggested to contribute to SWD outbreaks (Groner et al., 2014, in press; Martin et al., 2016; Sullivan et al., 2018; Aoki et al., in review).

While outbreaks of SWD have been implicated in meadow decline and collapse, understanding how disease impacts at individual blade- and shoot-levels scale across eelgrass populations and ecosystems remains unclear. Our results suggest that consequences of disease may have ecosystem-wide effects under natural conditions. Diseased, first-rank blades grew nearly 25% slower than healthy, first-rank blades. Because blade growth is concentrated in the youngest two blades (Sand-Jensen, 1975), our findings suggest SWD in natural meadows may limit shoot size at maturity by compromising the growth of the young, fast-growing blades. Disease on mature blades may also reduce total shoot growth. Although third-rank blades have lower specific productivity rates (blade elongation as a percent of existing blade area per day), absolute blade growth rates could exceed 200 mm2d–1 for third-rank blades. These growth rates declined significantly with more severe SWD, suggesting that greater disease severity could limit plant growth. Rapidly spreading SWD may further influence total shoot physiology by interrupting transport of oxygen, photosynthesis products, and/or nutrients (Ralph and Short, 2002). The reduced rhizome sugar concentrations in severely diseased plants indicate SWD likely affected belowground carbon accumulation. Indeed, reduced non-structural carbon reserves were likely related to the observed, compromised blade growth, as diseased eelgrass has reduced photosynthetic capacity and may dedicate more resources to immune response (Vergeer et al., 1995). Ultimately, the combination of compromised growth and diminished sugar stores may reduce shoot survival, and in meadows such as this study site, where almost every plant had SWD, the impacts could accumulate at the ecosystem scale.

Reduced blade growth and rhizome sugars associated with severe SWD suggest that the disease can limit the persistence of entire eelgrass meadows over time. Some eelgrass meadows experience increased thermal and pathogen stress during warmer summer months (Young, 1943; Bockelmann et al., 2013; Aoki et al., in review). Taken together, this could reduce not only immediate eelgrass growth, which normally peaks in summer (Sand-Jensen, 1975), but also alter seasonal patterns in eelgrass productivity. Heavily diseased eelgrass with compromised growth and rhizome sugars may be vulnerable to environmental stressors over winter or early spring when eelgrass draws upon critical carbohydrate reserves from the previous summer (Burke et al., 1996). Less robust plants may be further vulnerable to SWD the following summer, creating a reinforcing feedback loop that could drive meadow-wide declines. Prior studies have noted that while SWD outbreaks can cause large-scale meadow die-offs, other meadows can support widespread disease without collapsing (Short et al., 1987; Jakobsson-Thor et al., 2018). The results from this study show how SWD may negatively impact the health of a meadow without immediately causing an ecosystem collapse. A precipitating disturbance or change in environmental conditions may then trigger widespread die-offs of vulnerable eelgrass. The global losses of eelgrass in the 1930s likely resulted from some combination of SWD and environmental stressors (Sullivan et al., 2013). However, studies testing the combined effects of SWD and stressors such as light availability, salinity, and temperature tend to occur in short-term laboratory mesocosms experiments (e.g., Brakel et al., 2019; Jakobsson-Thor et al., 2020). While these allow for carefully controlled testing of multiple stressors, they do not fully capture the long-term effects of SWD and environmental conditions in natural meadows. Additional field-based studies are needed to better understand these dynamic interactions over time.

In addition to making meadows more vulnerable to collapse, SWD may also impair meadow recovery following disturbance. At the meadow scale, reduced growth rates and carbohydrate reserves may limit regrowth of diseased shoots compared to healthy shoots. Rapid regrowth following disturbance is key to maintaining seagrass ecosystem services, such as carbon sequestration and biodiversity (Nowicki et al., 2017; Aoki et al., 2021); slower recovery rates may also increase meadow vulnerability to repeated disturbance, such as successive marine heat waves. By both increasing vulnerability and impairing recovery, SWD reduces the ecological resilience of eelgrass meadows and may impede conservation of existing meadows. Given the significant role of eelgrass in structuring coastal ecosystems and driving biogeochemical processes (reviewed in Moore and Short, 2006), reduced meadow resilience will have negative consequences for habitat provisioning, nutrient cycling, and other ecosystem services. Better understanding of the impact of chronic SWD on meadow trajectories through time is needed to optimize seagrass conservation and restoration efforts.

Further work is needed to understand the complex interactions between climate change, SWD, and eelgrass meadow resilience. The effects of environmental stressors on eelgrass, including changes in sea surface temperatures, salinity, ocean acidification, and altered light availability due to sea level rise, are not well understood (Short et al., 2016). Recent field surveys indicate positive associations between temperature and SWD (Groner et al., in press; Aoki et al., in review), while others suggest the relationship may be more bell-shaped, given the optimal thermal ranges for L. zosterae (Young, 1943; Olsen et al., 2015). Furthermore, the interactions between SWD and other environmental stressors remains unclear. Some reports indicate future conditions may reduce the effects of disease (Brakel et al., 2019), while others determined SWD is correlated with salinity (Jakobsson-Thor et al., 2018) and may be sensitive to pH (Groner et al., 2018). Certainly, interactions between temperature and other aspects of climate change may influence SWD but necessitate further research to understand these complex relationships and determine drivers of eelgrass resilience.

This study emphasizes the importance of considering disease alongside other climate change stressors to better predict the health and functioning of seagrass meadows in the Anthropocene. To the best of our knowledge, this is the first project to demonstrate that L. zosterae can significantly compromise eelgrass growth and belowground, non-structural carbohydrates in natural meadows. This work broadens our understanding of the effects of SWD on eelgrass productivity and is particularly relevant given mounting environmental stressors. Of course, these analyses were limited to eelgrass in one region over one summer growing season. Furthermore, at a site there can be multiple L. zosterae strains, which can vary in virulence (Martin et al., 2016) and produce significant differences in disease severity (Dawkins et al., 2018). Other groups of seagrass pathogens, including oomycetes and Phytomyxea (reviewed in Sullivan et al., 2018), should also be considered in the context of eelgrass health and productivity. As such, more studies are needed to examine these plant-pathogen relationships across the range of environmental conditions of existing eelgrass meadows. Eelgrass is a foundation species of critical coastal habitat across the northern hemisphere. Understanding the vulnerability of these meadows to disease is essential to their conservation across the species’ range and in a changing climate.
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Due to rising global surface temperatures, Arctic habitats are becoming thermally suitable for temperate species. Whether a temperate species can immigrate into an ice-free Arctic depends on its ability to tolerate extreme seasonal fluctuations in daylength. Thus, understanding adaptations to polar light conditions can improve the realism of models predicting poleward range expansions in response to climate change. Plant adaptations to polar light have rarely been studied and remain unknown in seagrasses. If these ecosystem engineers can migrate polewards, seagrasses will enrich biodiversity, and carbon capture potential in shallow coastal regions of the Arctic. Eelgrass (Zostera marina) is the most widely distributed seagrass in the northern hemisphere. As the only seagrass species growing as far north as 70°N, it is the most likely candidate to first immigrate into an ice-free Arctic. Here, we describe seasonal (and diurnal) changes in photosynthetic characteristics, and in genome-wide gene expression patterns under strong annual fluctuations of daylength. We compared PAM measurements and RNA-seq data between two populations at the longest and shortest day of the year: (1) a Mediterranean population exposed to moderate annual fluctuations of 10–14 h daylength and (2) an Arctic population exposed to high annual fluctuations of 0–24 h daylength. Most of the gene expression specificities of the Arctic population were found in functions of the organelles (chloroplast and mitochondrion). In winter, Arctic eelgrass conserves energy by repressing respiration and reducing photosynthetic energy fluxes. Although light-reactions, and genes involved in carbon capture and carbon storage were upregulated in summer, enzymes involved in CO2 fixation and chlorophyll-synthesis were upregulated in winter, suggesting that winter metabolism relies not only on stored energy resources but also on active use of dim light conditions. Eelgrass is unable to use excessive amounts of light during summer and demonstrates a significant reduction in photosynthetic performance under long daylengths, possibly to prevent photoinhibition constrains. Our study identified key mechanisms that allow eelgrass to survive under Arctic light conditions and paves the way for experimental research to predict whether and up to which latitude eelgrass can potentially migrate polewards in response to climate change.

Keywords: eelgrass (Zostera marina), climate change, Arctic light, respiration, photosynthesis, carbon capture, daylength, energy storage


INTRODUCTION

Climate-change induced increases in surface temperatures are causing a worldwide poleward shift of temperature isotherms (McMahon and Hays, 2006) and concomitantly, distribution limits (Wernberg et al., 2013; Melbourne-Thomas et al., 2020), and spring phenology of species (Clausen and Clausen, 2013; Poloczanska et al., 2013). Furthermore, polar regions are warming at a particularly high rate (Høye et al., 2007; Burrows et al., 2011). For example, Arctic sea ice has melted at a rate of 6% per decade since the late 1970 (Cai et al., 2021), opening thermally suitable habitats with unoccupied niches available for colonizing species from the south (Cheung et al., 2009).

Whether a temperate species can immigrate into ice-free Arctic regions depends not only on finding thermally suitable conditions but also on its ability to tolerate extreme Arctic light conditions (Huffeldt, 2020). Constant daylight or darkness can be particularly challenging for sessile autotrophs. To what extent constant summer daylight inhibits cellular respiration (Kok effect; Griffin and Heskel, 2013; Heskel et al., 2013), growth, productivity, and photosynthesis in plants (Kallio and Valanne, 1975) remains controversial and may depend on the species (Sysoeva et al., 2010). A poleward range shift further implies that growth and reproduction are triggered in suboptimal seasons if temperate species follow the same photoperiodic changes as specific life cycle triggers when immigrating into the Arctic (Taulavuori et al., 2010). Yet, research and, thus, knowledge on physiological adjustments of temperate plants to Arctic light conditions is scarce in both terrestrial, and marine systems (Huffeldt, 2020).

Seagrasses comprise a polyphyletic group of marine flowering plants inhabiting shallow subtidal shores from subarctic to tropical regions. Seagrass meadows provide habitat and food that support a diverse food web, as well as important ecosystem services such as nutrient fixation, protection of the shoreline from erosion, nursery grounds for commercially important fishes, and carbon sequestration of ca. 104 Tg C year−1 (Duarte and Krause-Jensen, 2017), or 1% of the global annual carbon emissions (ca. 9.8 Gt C year−1; Friedlingstein et al., 2020). Thus, if seagrass can grow under Arctic light conditions, its predicted northward shift (Wilson and Lotze, 2019) will likely enrich biodiversity and introduce drastic functional changes in future Arctic coastal ecosystems, food webs, fish/invertebrate stocks, and biogeochemical cycles (Krause-Jensen and Duarte, 2014).

The eelgrass Zostera marina is the most widely distributed seagrass species, occurring in suitable habitats along shores of all five continents in the northern hemisphere (Green and Short, 2004). Eelgrass meadows grow in coastal waters from subtropical regions at latitudes as low as 36°N (e.g., southern Iberia; Green and Short, 2004) to polar regions at latitudes as high as ca. 70°N (e.g., Greenland at 64.5° N; Olesen et al., 2015) and northern Norway at 69.8° N (Olsen et al., 2013).

Temperature, optimally from 15–25°C (Boström et al., 2004; Staehr and Borum, 2011; Zhang et al., 2016), is considered as the most important factor controlling phases of eelgrass sexual reproduction (Blok et al., 2018). Photoperiod appears to not control eelgrass reproduction because the eelgrass genome lacks the phytochrome C gene (PHYC; Olsen et al., 2016) that is involved in the photoperiodic control of flowering in most terrestrial plants (Chen et al., 2014; Woods et al., 2014). Accordingly, the species’ northern distribution limit probably is limited by cool summer water temperatures <13.5°C that prevent seed maturation (Blok et al., 2018). As its seed germination is not regulated by photoperiodic rhythms (Moore et al., 1993), eelgrass seeds are likely to develop and disperse in a warming Arctic and contribute to a seed-driven northward shift of eelgrass meadows under projected climate change (Clausen et al., 2014; Blok et al., 2018). Temperature also is one of the most important factors for eelgrass growth (Clausen et al., 2014; Zhang et al., 2016). For example, increased investment in below-ground rhizomes contributes to larger annual biomass in populations from high latitudes compared with populations from warmer waters (Clausen et al., 2014).

Below-ground rhizomes provide stored energy to fuel eelgrass metabolism under low-light conditions during Arctic winter (Olesen and Sand-Jensen, 1993; Burke et al., 1996) and the concentration of stored carbohydrates in eelgrass beds increases with latitude (Colarusso, 2007; Novak et al., 2020). However, rising temperatures may lead to a mismatch between peak growth – advancing to winter darkness – and available solar radiation in spring (Clausen et al., 2014). The mismatch, in combination with an increased annual biomass turnover under warmer temperatures (Olesen et al., 2015), requires eelgrass to store sufficient resources to fuel winter metabolism and the higher and earlier production of shoots at the onset of the growing season (Clausen et al., 2014). Thus, poleward migrating eelgrass will have strong implications for the dynamics of below-ground carbon sinks.

The minimum light requirement for long-term survival and growth – meeting respiratory and metabolic energy demands – ranges between 11 and 34% surface irradiance (Ochieng et al., 2010), corresponding to 1.2–12.6 mol photons m−2 day−1 (Gattuso et al., 2006). Six hours daily of saturating irradiance (Hk) was suggested to be the minimum allowing for eelgrass growth and survival (Dennison and Alberte, 1985). Furthermore, shaded eelgrass showed significantly higher mortality rates under increased temperatures (16% at 20°C vs. 0.57% at 12°C; Eriander, 2017).

Most previous research has focused on the impact of modest light reductions or depth limits of eelgrass (e.g., Ralph et al., 2007), although a period of 30 days at 10% surface irradiance (<3 mol photons m−2 d−1) limited the survival of eelgrass transplants in estuarine temperate systems (Moore et al., 1997). The potential for poleward migration into the Arctic remains unknown because eelgrass survival under extreme light periods remains understudied. In order to investigate to what extent extreme Arctic photoperiods may present an energetic constraint to projected northward range shifts of eelgrass, we compared photosynthetic characteristics and gene expression patterns between two populations at the longest and shortest day of the year: (1) a Mediterranean population experiencing moderate annual fluctuations of 10–14 h daylength and 2) an Arctic population experiencing high annual fluctuations of 0–24 h daylength. The specific objectives were to:

1. Characterize energy-saving mechanisms (in photosynthetic and metabolic pathways) that may allow eelgrass to survive during long Arctic winter nights.

2. Determine possible adaptive mechanisms of Arctic eelgrass to compensate for energy loss during winter with increased investment in energy storing mechanisms during summer.

Differences in gene expression between summer and winter or day and night samples from a single population are interpreted as resulting from seasonal or diurnal acclimatization (Box 1). Our study cannot identify whether gene-expression or photosynthetic specificities of the Norwegian population (not replicated in the French population) are acclimatizations resulting from phenotypic plasticity or whether they are genetic adaptations (Box 1) that evolved under polar light regimes. Thus, in this manuscript, we use the term “adaptation” when referring to either acclimatization or genetic adaptation (Box 1).


BOX 1 | Glossary of adaptation-related terms

Acclimatization – Phenotypic change over the life span of an organism induced by epigenetic regulation in response to environmental cues.

Adaptation – All plastic and genetically adaptive changes that reduce the negative effects of unfamiliar and undesirable external environment. This includes both acclimatization and genetic adaptation.

Genetic adaptation – Evolution of genetically determined heritable traits in a population across generations in response to natural selection.





MATERIALS AND METHODS


Site Characteristics

Eelgrass shoots were sampled in Norway (Røvik, 67°16′06.2” N, 15°15′38.4″ E) and France (Sète, Thau Lagoon, 43°25′08.0” N, 3°40′03.9″ E). The youngest two shoots of each of six plants were collected at each site at noon and the following midnight around summer solstice (June 21) and winter solstice (December 21) 2017. Intact shoots were placed in RNAlater (ThermoFisher) and stored after 1–2 days at −20°C.

Defining Zeitgeber Times ZTs (time after an environmental time cue that entrains circadian rhythms, such as sunlight) that correspond between the French and Norwegian samples is complicated by the fact that the two latitudes do not only differ in diurnal light rhythms but also in light quantity and quality (Taulavuori et al., 2010) (i.e., light conditions at dawn at the French site do not correspond to dawn light conditions at the Norwegian site and, thus may mark different ZTs in the circadian cycle). We chose midday and midnight as time points to compare samples from the two locations as these represent times at which the plants from both locations had the potential to receive most/least light of the day in both seasons, and the time that is at equal temporal distance from sunset and sunrise. This implies, however, that differences between the Norwegian and French samples at corresponding time points may be partly explained by them being at different ZTs within their circadian rhythm. However, differences in ZTs are less affecting seasonal differences between the Norwegian and French, because we compared daily averages that involved measurements from both midday and midnight samplings.

Snapshots of temperature (°C) and light (Lux; Table 1) were taken at each sampling event in ca. 20 cm water depth with Pendant data loggers (Onset HOBO UA-002). Annual variation of temperature (°C), salinity, and Lux conditions at the Norwegian sampling site were recorded from spring 2016 to spring 2017 with data loggers (HOBO U24-002-C for salinity/temperature with 30 min intervals, and HOBO UA-002 for light/temperature with 10 min intervals) anchored ca. 30 cm above sandy substrate during low tide. At low tide, the light/temperature loggers were falling dry. Temperature (°C) and salinity conditions in the Thau Lagoon (43° 22′ 44.4” N, 3° 34′ 17.4″ E) were downloaded for year 2016 from the marine environmental station database of Thau Lagoon (Messiaen et al., 2018) on July 31, 2020, which were recorded every 30 min with data loggers (WTW) at 1–2 m water depth. Light (PAR  μmol m2 s−1) conditions were recorded with dataloggers (SKUW 215 PAR Sensor, Skye Instruments) every 30 min for December 2015–July 2016 at the Thau Lagoon Observatory (43°24′53” N, 3°41′16″ E; Trombetta et al., 2019) and were downloaded from Sea scientific open data publication (www.seanoe.org, accessed on July 31, 2020). To make the light conditions comparable between the Norwegian and French sampling sites, Lux values were converted to approximate PAR (photosynthetically active radiation) values by applying a multiplication factor of 0.019, an approximation for the spectral power distribution of sunlight (6,000 K; Creswell, 2010).



TABLE 1. Snapshots of temperature and light conditions measured at the sampling events.
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Seasonal variation in light levels was greater in Norway, where PAR levels remained close to zero from mid-November to mid-January, but reached ca. 1,000 μmolm−2 s−1 in summer, similar to France (Figures 1C,D,E; Supplementary Table 1). In summer, light levels showed a diurnal rhythm in both Norway and France, but – as expected – reached slightly higher nocturnal levels in Norway.
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FIGURE 1. Seasonal and diurnal gene expression changes of the Norwegian and French population of the seagrass Zostera marina in relation to differences in annual light conditions at the sampling sites. Number of genes upregulated in summer, and winter (A) in France and in Norway, or upregulated during day, and night (B), separately for summer and winter. The subset of genes in A and B are independent from each other but partly overlapping. Light levels in June (C), December (D), and over the entire year (E) at the Norwegian sampling site (blue) and at an observatory station in the Thau Lagoon close to the French sampling site (red). In the Thau Lagoon, values are missing from July to December. PAR: Photosynthetically active radiation.


Summer temperatures were ca. 10°C higher in France (20–25°C) compared to Norway (10–15°C; Supplementary Figure 1; Supplementary Table 1). Stronger Norwegian diurnal temperature variations likely reflected the differences between air and water temperatures around spring tides when the dataloggers may have been shortly exposed to air during low-tides but submerged during high-tides. In contrast, the eelgrass meadow in the Thau lagoon was constantly submerged. Accordingly, the data loggers revealed relatively constant salinity throughout the year at ca. 37 PSU (Supplementary Figure 2; Supplementary Table 6), while the high fluctuation (10–30 PSU) in Norway was due to seasonal rainfall, freshwater runoff, ice formation, and melting.



Photosynthesis

At each sampling event, we assessed leaf photochemistry using a Chlorophyll a Pulse Amplitude Modulated (PAM) Fluorometer (FluorPen FP100, Photon Systems Instruments), by measuring the increase in chlorophyll a fluorescence upon illumination after a 10-min dark period induced by leaf-clips (OJIP curve; Bussotti et al., 2010; (Duarte et al., 2017). using a saturating pulse at 455 nm from 10 seagrass shoots.

When a dark-adapted leaf is illuminated with a saturating light intensity, it exhibits a so-called OJIP curve from a state where all reaction centers are opened (all quinone acceptors are oxidized and can accept electrons) to a state where all quinone acceptors are reduced and chlorophyll fluorescence reaches its maximum. The rise in fluorescence transient along this polyphasic OJIP curve depicts the rate of reduction kinetics of various components of Photosystem II (PSII). The OJIP curve provides information on the processes involved in photon absorption at the PSII antennae (ABS), transformation into an exciton and its free energy flux (RE), and transduction of its energy in the form of electronic potential vial electron transport (ET) from the donor side of the PSII to the electron acceptor of the PSI. The analysis of this OJIP transient (JIP test) allows to estimate the energy fluxes, involving absorption, entrapment in the PSII, transport to the quinone pool, and dissipation in the form of heat or fluorescence that helps to avoid photoinhibition damages. The formulae and definitions of terms derived from the JIP-test (chlorophyll a induction curves, or Kautsky curves measurements; Supplementary Table 2) are listed in Table 2.



TABLE 2. Formulae and definitions of terms derived from the JIP test.
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Differences in these photosynthetic characteristics between populations (day/night/season) were tested for significance with Wilcoxon rank sum tests followed by correcting the values of p for multiple pairwise comparisons using the Benjamini-Hochberg method with the R package “rstatix” v0.6.0 (Kassambara, 2020). Multivariate differences in photochemistry were estimated from photochemical raw data using a canonical analysis of principal coordinates (CAP) with Euclidean distances with the Primer 6 software (Clarke and Gorley, 2005). This multivariate approach is insensitive to heterogeneous data and frequently used to compare different sample groups (Duarte et al., 2017; Cruz de Carvalho et al., 2020). Differences in the overall photochemical metabolism were estimated from normalized photochemical raw data with a canonical analysis of principal coordinates (Duarte et al., 2017). Multivariate differences were visualized as Euclidean distances along the first two principal coordinates.



RNA Preparation

RNA was extracted from small pieces of stored samples (RNAlater; ThermoFisher) that were homogenized (PowerLyzer 24; Qiagen) and processed according to the standard protocol of the RNeasy PowerPlant Kit (Qiagen). We consistently excised the mid portion of the youngest fully mature leaf in the shoot (usually the second-rank leaf), so that tissue-age dependent within- or among-leaf variations were unlikely to explain differences in gene expression (Ruocco et al., 2019a,b). RNA concentrations were measured with Qubit™ RNA HS Assays (ThermoFisher) using a Qubit 4 fluorometer. RNA integrity was verified on TapeStation 2200 with RNA ScreenTape. RIN values were >3.6.

RNA libraries were prepared from 1 μg of extracted RNA with NEBNext® Ultra™ II Directional RNA Library Prep Kit for Illumina (New England Biolabs) following the polyA mRNA workflow of the kit protocol. Libraries were verified on TapeStation 2200 using High Sensitivity D1000 ScreenTape. Paired-end (2 × 150 bp) RNA sequencing (RNASeq) data were generated using a NextSeq 500/550 High Output Kit v2 (Illumina) on an Illumina NextSeq 500 platform at Nord University.



Sequence Data Analysis

Raw reads were trimmed for low quality (Phred score Q < 20, 99% base call accuracy), and TruSeq adapter sequences (overlap > 3bp) before reads <25bp were removed with TrimGalore! v 0.6.0.1 Read quality was checked with FastQC v 0.11.8 to control for aberrant read base content, length distribution, duplication and over-representation.2

Trimmed reads were mapped to the genome of Z. marina (Olsen et al., 2016) v 2.2 from ORCAE (Sterck et al., 2012) and the organellar genomes (chloroplast and mitochondria) of Z. marina v2.1 from ORCAE (Sterck et al., 2012) with the splice-aware RNA-seq aligner STAR v 2.7.2a (sjdbOverhang 149; Dobin et al., 2013, 2016), guided by gff3 gene annotations v2.2 from ORCAE (Sterck et al., 2012), converted to gtf with the program gffread.3 Alignments that contained noncanonical splice junctions were filtered out. Duplication rates were checked with the R package “dupRadar” v1.14.0 (Sayols et al., 2016).

Read counts for 21,069 genes (Supplementary Table 3) were obtained with featureCounts in the R package “Rsubread” v1.34.6 (Liao et al., 2019) with the non-default settings minOverlap = 3, MinMQS = 20, strandSpecific = 2, isPairedEnd = TRUE. Genes of low expression (library average < 5, n = 7,023) were excluded from subsequent analyses to avoid potential artefacts from sequencing errors.

Gene IDs of the Z. marina genome v2.2 (Olsen et al., 2016) were annotated with gene descriptions, Gene Ontology (GO) terms, KEGG Orthology groups (KO), and Enzyme Commission (EC) numbers (based on enzyme nomenclature) from the ORCAE database (Sterck et al., 2012). Gene ontology terms assign genes to one or more categories related to the molecular function, cellular component or biological process of the gene products. KEGG Orthology groups assign gene products to their function in a biological pathway of molecular interactions. The EC number classifies genes numerically based on the chemical reactions they catalyze.



Multivariate Clustering of Gene Expression

To characterize overall transcriptomic differentiation, we clustered the samples hierarchically by the first five principal components of gene coverage (14,046 genes), which together explained 73.4% of the variation, using the R package “FactoMineR” v. 1.42 (Lê et al., 2008). For Principal Component Analysis (PCA), the scale.unit was set to FALSE not to scale the expression values to unit variance. Prior to PCA, we regularized log-transformed gene count values (Supplementary Table 4) with DESeq2 v 1.24.0 (Love et al., 2014) in order to assure homoscedasticity and to account for differences in sequencing depth.



Differential Gene Expression

We tested for differential gene expression between summer and winter samples (day and night samples combined) and between day and night samples in France and Norway, respectively, with DESeq2 v1.24.0 (Love et al., 2014). The values of p were adjusted with Independent Hypothesis Filtering based on the R package “IHW” v1.14.0 (Ignatiadis et al., 2016). We plotted overlaps of differentially expressed genes between seasons and locations with the R package “eulerr” v6.1.0 (Larsson, 2019) and “nVennR” v0.2.1 (Pérez-Silva et al., 2018).

For each population, we tested (Fisher’s exact test) for enriched gene ontology terms (biological process, cellular component, and molecular function) in genes that were differentially expressed between day and night samples or between summer and winter samples with the R package “topgo” (Alexa and Rahnenführer, 2010). Significance levels were adjusted with the Benjamini and Hochberg correction (Benjamini and Hochberg, 1995), using the p.adjust function in R (R Core Team, 2019), to control for the false discovery rate when conducting multiple comparisons.

The adjusted-log10 of the values of p of significantly enriched GO-terms were visualized for each population in heatmaps using the heatmap.2 function of the R package “gplots” v.3.0.3 (Warnes et al., 2020). GO terms were hierarchically clustered with the R package “goSTAG” v1.12.0 (Bennett and Bushel, 2017) based on euclidean distances and Ward’s minimum variance clustering method with Ward’s (Ward, 1963) clustering criterion implemented (ward.D2 option; Murtagh and Legendre, 2014). The sample dendrogram was based on Euclidean distances and a complete linkage clustering method.

Enriched/perturbed KEGG metabolic pathways in the fold-change matrices of differentially expressed genes were identified using the R package “gage” v2.37.0 (Luo et al., 2009). Nuclear genes were mapped to KO (Kegg Orthology)-terms by translating EC numbers from the genome annotation to corresponding KO-terms based on the KEGG API list http://rest.kegg.jp/link/ec/ko. For organellar genes, EC numbers and, thus KO-terms were not annotated. For pathways perturbed (p < 0.05) in at least one of the populations and seasons, we plotted the significant fold-changes of molecular functions (KO-terms) for all populations and seasons with the R package “pathview” v3.11 (Luo and Brouwer, 2013). When several genes referred to the same KO-term, we plotted their average fold-change in the respective pathway.




RESULTS


Photosynthesis

Overall photosynthetic performance, represented by the photochemical performance index (PIABS; Figure 2A) showed inverse seasonal shifts in Norway and France. While the French population performed significantly better during summer, the Norwegian population performed significantly better during winter. The reduced summer performance of the Norwegian population was associated with peculiar photosynthetic characteristics. In contrast to the French population and the Norwegian winter samples, light harvesting ability increased in the Norwegian summer samples under non-saturating light levels during night-time, as represented by the increase in absorbed (ABS/CS; Figure 2C) and trapped (TR0/CS; Figure 2D) energy flux, and in the number of oxidized reaction centers per leaf cross section (RC0/CS; Figure 2G). The contribution of dark reactions to the overall photochemistry [Ψ0/(1-Ψ0); Figure 2I] decreased significantly during summer nights. However, despite readiness of the electron transport chain (ETC) for electron transport, as indicated by the significant increase in the size of the oxidized quinone pool during Norwegian summer nights (Area; Figure 2B), the electron transport energy flux (ET0/CS; Figure 2E) did not increase significantly. During winter, despite a significant increase in the contribution of light and dark reactions to the primary photochemistry [TR0/DI0, and Ψ0/(1−Ψ0); Figures 2H,I], the Norwegian population showed a significant reduction in all energy fluxes, particularly during night-time (ABS/CS, TR0/CS, and ET0/CS; Figures 2C–E), including dissipated energy loss (DI0/CS; Figure 2F).
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FIGURE 2. Photosynthetic characteristics. Snapshots of photosynthetic characteristics with standard error bars and indications for significant differences between populations, day and night, or summer and winter. Significance codes after the value of p correction (Benjamini-Hochberg) for multiple comparisons: “<0.05”: *, “<0.01”: **, “<0.001”: ***, “<0.0001”: ****. (A) Index of photosynthetic performance (PIABS). (B) Size of the oxidized quinone pool (Area). (C) Absorption per excited cross-section (ABS/CS). (D) Trapping per excited cross-section (TR0/CS). (E) Electron transport per excited cross-section (ET0/CS), (F) Dissipated energy flux per excited cross section (DI0/CS). (G) Oxidized reaction centers per excited cross-section (RC0/CS). (H) Contribution of the light reactions to the primary photochemistry (TR0/DI0). (I) Contribution of the dark reactions to the primary photochemistry [Ψ0/(1-Ψ0)].


The samples clustered well by sampling location and daylength (78 of 80 samples correctly identified) along the first two principal components showing that the photochemical traits from the chlorophyll a induction curves could well classify the samples (Figure 3). The Norwegian summer samples grouped into one cluster, irrespective of whether they were collected at day or night. The Norwegian winter samples collected during nighttime formed another distinct cluster. Winter daytime samples from France and Norway grouped close together, indicating that winter had a prevalent effect over location.
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FIGURE 3. Multivariate differences among samples in photochemical data, visualized as Euclidean distances along the first two principal coordinates.




Gene Expression

On average, 76% of 1 million raw reads (average per library) mapped to exons (Supplementary Table 5). Based on the expression of 13,932 genes covered >5 times, the samples grouped into four clusters, separated by location (France/Norway) and season (Summer/Winter; Figure 4). The most distinct gene expression patterns were recorded in the winter samples from Norway (NW). Gene expression was most similar between winter samples from France (FS) and summer samples from Norway (NS; Figure 4). Strictly distinct clusters of gene expression between day and night were only observed in France during summer (FS).
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FIGURE 4. Hierarchical cluster of all 48 samples based on the first five principal components of expression in 13,932 genes. FS: France Summer, FW: France Winter, NS: Norway Summer, NW: Norway Winter.


Seasonal differences in gene expression were found in 8652 genes in the French population and in 8569 genes in the Norwegian population (Supplementary Table 6). In summer, 4,274 genes were upregulated in France, and 4,084 genes in Norway, of which 1,475 overlapped between the two populations (Figure 1A). In winter, 2,691 genes were upregulated in France, and 2,798 genes in Norway, of which 1,687 overlapped between the two populations (Figure 1A).

Diurnal differences in expression were strongest (>3,000 genes) in, and most similar (>500 genes shared) between the French summer samples and the Norwegian winter samples (Figure 1B). In contrast, the number of genes with diurnal expression differences was an order of magnitude lower (ca. 600 genes) in the French winter samples or the Norwegian summer samples (Figure 1B). All genes with diurnal differences in gene expression are characterized in Supplementary Table 7.



Functional Changes

Genes involved in photosynthesis, carbon fixation (dark reactions of photosynthesis; Supplementary Figure 3), and sugar metabolism (fructose and mannose metabolism: Supplementary Figure 4 and glycolysis: Supplementary Figure 5) showed contrasting seasonal patterns between the Norwegian and French seagrass populations. Those are likely to explain the functional basis of the strong transcriptome similarity between Norwegian winter samples and French summer samples (Figure 4). Summer upregulation/winter downregulation of most of the organellar functions, both related to the chloroplast and the mitochondrion, characterizes the functional transcriptome specificities of the Norwegian samples (Figure 5). All pathways enriched for seasonal or diurnal differentially expressed genes are listed in Supplementary Table 8.
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FIGURE 5. Highly simplified overview of various functions that characterize the specificities in seasonal variation of gene expression in the Norwegian population of Zostera marina. Functions, enzymes and components upregulated in winter are highlighted with a blue background; such upregulated in summer are highlighted with an orange background.



Photosynthesis and Carbon Sequestration

The Norwegian samples upregulated in summer genes related to photosynthesis and ATP metabolism (Figure 6; Supplementary Figure 6), photosystem, and photosynthetic membrane (Supplementary Figure 6), especially during the day (Figure 7; Supplementary Figures 7,8). Moreover, the Norwegian summer samples showed enrichment (p < 0.05) of genes with significant upregulation in the fructose and mannose metabolism (ko00051; Supplementary Figure 4). While significantly lower expressed in winter, genes involved in photosynthesis (Figure 7), chlorophyll binding (Supplementary Figure 7), chloroplast, photosystem, and photosynthetic membrane (Supplementary Figure 8) were significantly upregulated in winter nights as compared with winter days. During summer nights, the Norwegian samples showed the upregulation of trehalose biosynthesis (Figure 7).
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FIGURE 6. Seasonal changes in biological processes. Enriched processes are shown for each population with positive-log10 (p) for genes upregulated in summer (orange) and with negative-log10 (p) for genes upregulated in winter (cyan). The hierarchical cluster of GO terms is based on Euclidean distance and a ward.D2 clustering algorithm (Ward’s minimum variance method).
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FIGURE 7. Diurnal changes in biological processes. Enriched processes are shown for each population x season with positive-log10 (p) for genes upregulated at day (yellow) and with negative-log10 (p) for genes upregulated at night (violet). The hierarchical cluster of GO terms is based on Euclidean distance and a ward.D2 clustering algorithm (Ward’s minimum variance method).


The carbon fixation pathway in photosynthetic organisms (ko00710; Supplementary Figure 3) was enriched (p < 0.05) for genes that were upregulated in the Norwegian samples during summer but in the French samples during winter. The French samples upregulated during winter days genes involved in oxidoreduction (Figure 7; Supplementary Figure 7), as well as chloroplast genes (Supplementary Figure 8), and were enriched for upregulated genes in the pentose phosphate pathway (ko00030; Supplementary Figure 9).



Respiration

The French samples upregulated in winter genes related to respiration, including GO-terms of cellular respiration (Figure 6), mitochondria (Supplementary Figure 6), and oxidoreductase activity (Supplementary Figure 10). Moreover, the French winter samples were enriched for genes involved in glycolysis/gluconeogenesis (ko00010; Supplementary Figure 5).

In contrast, the Norwegian upregulated genes related to mitochondria (Supplementary Figure 6) and showed enrichment (p < 0.05) of genes with significant upregulation in glycolysis/gluconeogenesis (ko00010; Supplementary Figure 5) in summer. Only genes involved in the mitochondrial inner membrane were upregulated in the Norwegian samples during winter (Supplementary Figure 8).



Peptide Synthesis

In winter, the Norwegian samples upregulated functions and processes involved in gene expression, including peptide synthesis, translation, RNA processing (Figure 6), binding of nucleic acids and catalytic activities on RNA and tRNA (Supplementary Figure 10), as well as genes involved in intracellular organelles such as the ribosome (Supplementary Figure 6). During winter days, the Norwegian samples had upregulated genes involved in protein maturation, peptidyl-lysine modification (Figure 7), NAD+ kinase, and phosphatidyl-inositol phospholipase C activity (Supplementary Figure 7).

The French samples showed diurnal changes in the expression of genes related to protein synthesis during summer, when genes involved in translation, amid biosynthesis, (Figure 7), as well as the ribosome (Supplementary Figure 8) were upregulated during the day.





DISCUSSION

Our results provide the first assessment of seasonal (and diurnal) changes in photosynthetic and genome-wide gene expression patterns specific to a population growing above the Arctic circle that contrast patterns observed in a Mediterranean (control) population. Our results indicate that adaptation to polar light regimes involves continued photosynthesis, carbon fixation and energy conservation during long winter nights, and carbon storage during the polar summer.


Strategies to Survive Long Winter Nights


Photosynthesis and Carbon Fixation in Winter

Despite reduced rhythmicity in daylight levels during the Arctic winter, our Norwegian winter samples appeared to still follow a day-night rhythm in gene expression (Figure 1B). Indeed, the Norwegian population showed, in contrast to the French population, a far higher number of genes with diurnal expression differences during winter (3,099; Figure 1B) than during summer (657; Figure 1B). Increased night-time expression of genes related to the synthesis of chloroplasts and chlorophyll (Figure 7) is in line with earlier field observations of enhanced chlorophyll in winter acclimatized eelgrass (Thom et al., 2008), and suggests that the Norwegian population actively synthesizes photosynthesis-relevant proteins to capture the smallest amounts of photosynthetically active radiation in winter.

Efficient use of very dim Arctic winter light in the Norwegian samples is suggested by a significant increase in the photochemical performance index (PIABS; Figure 2A), and in the contribution of both light and dark reactions (Figures 2H,I) to the primary photochemistry during winter. Adjustments that may contribute to photosynthesis under low light levels include an increase in chlorophyll b levels in comparison to chlorophyll a, thus increasing photosystem II antennae size, and maximizing the photon harvesting probability (Ort et al., 2011) with a simultaneous increase (by chlorophyll b) in the affinity for harvesting light of long wavelengths that protrudes to greater water depths (Lee et al., 2007; Eriander, 2017). Moreover, under low light levels, eelgrass plants invest more energy into vertical leaf growth, compensating the low light levels with large photosynthetic surfaces and a reduction in canopy depth (Ochieng et al., 2010; Wong et al., 2021). While energy fluxes (ABS/CS and TR0/CS; Figures 2C,D) during the Norwegian winter cannot match fluxes occurring in summer, they are likely to prevent the depletion of assembled carbohydrate storages. Accordingly, winter survival of eelgrass at its lower depth distribution in the Great Bay Estuary (New Hampshire, United States), depended primarily on adaptations that allowed for continued photosynthesis under extreme low light conditions (e.g., increase in leaf size, chlorophyll a, and maximum quantum yield of PSII; Chapter IV in Ochieng, 2008). Thus, adaptation to the Arctic appears to involve seasonal acclimatization that allows to actively use the smallest amounts of winter light via photosynthesis.

Accordingly, the Norwegian population appears to present the physiological potential to capture carbon in winter. For example, ribulose-bisphosphate carboxylase (RuBisCO, K01601), the initial carboxylase of the Calvin cycle that fixes atmospheric CO2, was expressed at higher levels during winter than during summer (Figure 5; Supplementary Figure 3). This contrasts with 30% under-expression of RuBisCO in Posidonia oceanica leaves adapted to low light-levels (Mazzuca et al., 2009) and shows that winter gene expression in an Arctic population is not comparable with gene expression characteristics of seagrass experiencing low light levels in turbid waters year-round. In addition, the enzyme RuBisCO activase, although showing significantly higher expression in the Norwegian population during summer (Zosma13g01130, Supplementary Table 6), was still expressed during winter (Zosma294g00110, Zosma13g01130, and Zosma88g00030 in Supplementary Table 7). The presence of this activator, which removes the RuBisCO inhibitor CAP (2-carboxylarabinitol-1,5-bisphosphate), suggests that the Norwegian population could indeed maintain carbon fixation during the dark winter period. If increased RuBisCO expression in Norwegian winter samples is related to cold-acclimation, as shown in maize (Salesse-Smith et al., 2020), then warmer winters could hinder carbon assimilation and, thus, survival in the future Arctic.

Furthermore, the Norwegian winter samples had upregulated the enzyme phosphoenolpyruvate carboxylase (PEPC, K01595; Figure 5), which can catalyze CO2 fixation with phosphoenolpyruvate to produce oxaloacetate and inorganic phosphate. This suggests that Z. marina, although being characterized as a C3 plant that fixes CO2 primarily via RuBisCo (Koch et al., 2013), can fix some carbon during winter independent from photosynthesis, although at much lower levels than RuBisCo would allow (Raven and Farquhar, 1990). PEPC CO2 fixation is not uncommon in C3 plants (Chi et al., 2014), given that enzymes involved in the C4 photosynthetic biochemistry have functions in C3 plants other than in C4 photosynthesis, including the supply of carbon skeletons (via the intermediates oxaloacetate and malate) to the citric acid cycle (Lepiniec et al., 1994; Aubry et al., 2011; Figure 5) for the formation of new tissue. Thus, we suggest that PEP-carboxylase may present a key enzyme that allows for winter growth by decoupling photosynthesis and biomass formation not only in polar algae (Wiencke et al., 2007, 2009) but also in Arctic eelgrass.

Active growth in winter would explain the presence of freshly grown seagrass leaves in the dark season in the Norwegian population (Supplementary Figure 11). Eelgrass reaches light saturation between ca. 70 and 900 μmolm−2 s−1, and compensation above ca. 1–36 μmolm−2s−1 (Ochieng, 2008). Given that photosynthetically active radiation exceeded 10 μmolm−2 s−1 in the Norwegian population only for short mid-day periods on two December days in 2016 (Supplementary Table 1), photosynthesis-driven carbon dioxide assimilation is expected to be very low in the Norwegian winter.

Winter growth, therefore, is expected as a result of light-independent carbon fixation and the usage of stored carbohydrates mobilized from below-ground tissues (Burke et al., 1996). For example, strong activation of sucrose synthase, of which the products can drive many metabolic pathways, has been shown in sink-tissues of eelgrass under negative carbon balances (Alcoverro et al., 1999). Sustained growth during periods of negative carbon balance (respiratory C loss exceeding photosynthetic C gain) – fueled by mobilized carbohydrate storages – has been shown in both eelgrass (Wium-Andersen and Borum, 1984; Olesen and Sand-Jensen, 1993), and the Mediterranean seagrass P. oceanica (Alcoverro et al., 2001). In conclusion, our results suggest that the use of low light levels and light-independent carbon fixation count among the adaptations that allow for eelgrass to grow during winter without fully depleting their stored carbohydrates.



Energy Conservation Strategies in Winter

The Norwegian population appears to conserve energy during winter, as indicated by a significant reduction in all photosynthetic energy fluxes (ABS/CS, TR0/CS and ET0/CS; Figures 2C–E), resulting in a significantly reduced loss of energy via dissipation (DI0/CS; Figure 2F). Such state of metabolic dormancy, limiting the enzymatic reactions of photosynthesis, may be adaptive to the combination of low light availability and low winter temperatures.

Moreover, the respiratory breakdown of carbohydrates must have been reduced in the Norwegian population during winter, given that genes related to glycolysis, ATP metabolism (Figure 6; Supplementary Figure 5), and the fructose and mannose metabolism (Supplementary Figure 4; e.g., fructose-bisphosphate-aldolase K01623; Figures 6, 7) were downregulated. Accordingly, while upregulated during winter in the French population (Figure 6), genes involved in cellular respiration were significantly downregulated in the Norwegian population during winter (e.g., malate dehydrogenase, pyruvate dehydrogenase, and Cytochrome c oxidase subunit 5b; Supplementary Table 6; Figure 6), suggesting a shutdown of catabolic pathways during the Norwegian winter. Thus, our results provide the first molecular support for winter-acclimatization in eelgrass that explains an increase in photosynthesis-to-respiration ratios, in line with reports of a greater net primary productivity in eelgrass acclimatized to winter than to summer conditions (Thom et al., 2008). Acclimatization of eelgrass to low light conditions, further involves reduced rhizome and root growth, lower production of new shoots through lateral branching, shoot density, biomass, and sheath length (Ochieng et al., 2010; Wong et al., 2021), all of which reduce the respiratory burden. Furthermore, active reduction in respiration rates likely accompanies other factors, such as increased chlorophyll a content and lower epiphytic growth, in photo-adaptive processes that are involved in lowering light-saturation and compensation points in winter-acclimatized eelgrass (Ochieng, 2008; Thom et al., 2008). Such seasonal acclimatization may to some degree counteract the respiratory burden of rising temperatures by decreasing respiration rates and critical light requirements (Zimmerman et al., 1989; Staehr and Borum, 2011).

Glycolysis (Figure 5; Supplementary Figure 5) is a catabolic pathway providing energy in the form of NADH, ATP, and pyruvate, the latter being further catabolized in the citric acid cycle as part of oxidative respiration. Its downregulation during winter in this study contrasts with upregulation of genes involved in carbohydrate catabolism (e.g., 1-fructose-bisphosphate aldolase) in low-light adapted seagrass leaves of the species P. oceanica (Mazzuca et al., 2009). Downregulation in our study may be explained by the ability of our low-light (winter) eelgrass to build up carbon storages during summer and, thus, to obtain carbon-storages during winter from storage tissues such as roots and rhizomes, instead of from the above-ground leaf tissue. In other words, while carbon catabolism was low in the seagrass leaves, we cannot know what processes were active in the below-ground organs, in which sucrose and starch can be depleted by 50 and 23%, respectively, after a 3-week shading period (Eriander, 2017).

That carbon storages were built up over summer was suggested by the significantly increased expression of enzymes involved in carbon fixation (Supplementary Figure 3) and by significantly increased summer expression of two genes encoding for sucrose-phosphate synthase (Zosma255g00080, Zosma87g00120, Supplementary Table 6). This enzyme is involved in the synthesis of sucrose, the dominant storage carbohydrate in seagrasses (Touchette and Burkholder, 2000). Reduced carbohydrate cleavage in the sampled winter leaves is likely to contribute to the ability of the Norwegian population to survive long dark periods as the reduced demand for metabolic energy prevents depletion of carbon storages.




Carbon Storage and Stress Under Polar Summer Light

Upregulation of photosynthesis-related genes in the Norwegian population during summer (Figure 6) was also shown in the seagrass P. oceanica when exposed to high light levels (Dattolo et al., 2014) and is likely to enable the plants to process the increased amount of captured light energy (Walters, 2005). Upregulation of genes with functions in carbon capture during summer in the Norwegian (but not the French) samples (Supplementary Figure 3) is necessary for the rapid build-up of stored carbohydrates during the short summer period, and provides a molecular explanation for increasing autumn starch content with latitude (in Zostera noltii; Soissons et al., 2018).

Surprisingly, the light intensity at the Norwegian sampling site showed a clear day-night rhythm during summer. Even though the summer sun does not set below the horizon, shading by mountain ridges and the low sun angle during night-time appears to create a short, but clearly noticeable drop in available photosynthetically active radiation. This diurnal light rhythm was paralleled by diurnal changes in gene expression. For example, the daytime upregulation of arginine catabolism (Figure 7) may mobilize nitrogen storages and thus, allow for active growth under nitrogen limitation (Winter et al., 2015). In addition, the nighttime upregulation of trehalose biosynthesis (Figure 7), in which the intermediate compound trehalose-6-phosphate acts as a sensor for available sucrose, is likely involved in the regulation of sucrose-levels that have built up over the day (Lunn et al., 2014; Figueroa and Lunn, 2016) and plays a role in plant growth, development, and protection against various environmental stressors (Lunn et al., 2014; Joshi et al., 2020). Thus, the diurnal changes in gene expression during summer are likely related to active growth and processing of assembled sugars. Local geography, e.g., the presence of mountain ridges, may play an important role in allowing eelgrass to process a dark phase in high latitudes.

Despite diurnal fluctuations in daylight levels, the lack of complete darkness during summer significantly lowers the photosynthetic performance (PIABS) of the Norwegian samples (Figure 2A), in contrast to the seasonal change in photosynthetic performance in the French population (with significantly higher values during summer: Figure 2A). Particularly during summer nights, the Norwegian population showed a significant increase in absorbed (ABS/CS; Figure 2C), trapped (TR0/CS; Figure 2D), and electron transport (ET0/CS) energy fluxes, as well as the size of the oxidized quinone pool (ABS) and the number of oxidized reaction centers per leaf cross section (RC0/CS; Figure 2G). Although these photosynthetic adjustments increase the light harvesting ability and efficiency to use low-light, the Norwegian samples also showed a significant increase in energy dissipation (DI/CS), suggesting an inability to use excessive amounts of light energy in summer.

Low light intensities during the polar summer nights appear to have allowed the Norwegian plants to process a dark phase to recycle intermediates of the Krebs cycle (such as malic acid) that are consumed during the light phase of photosynthesis. The dark phase is triggered by an inhibitor (2-carboxylarabinitol-1,5-bisphosphate, CAP) that is only produced under low light when the chloroplast pH shifts from acid to basic. It was not found in any of the genes showing diurnal differential expression (Supplementary Table 7). A crucial limit to the northward shift of seagrass may be set by the latitude at which the sunlight is too strong to allow the procession of a dark phase. The existence and identification of this latitude, however, relies on future studies involving transplant experiments to a range of increasing latitudes.



The Metabolic Dilemma of Carbon Storage Tissue

Our findings suggest that eelgrass can store sufficient energy reserves to survive dark periods lasting longer than those at 67°N (our Norwegian sampling site). In fact, if sugar levels were depleted in mid-winter, we would have expected to see an upregulation of genes involved in protein degradation, as autophagic protein degradation has been suggested as an alternative energy source under sugar depletion in eelgrass (Mochida et al., 2019). As the expected upregulation was not observed, a poleward shift of eelgrass should not be hindered by the potential to store sufficient photosynthates. In order to test this hypothesis, future studies must evaluate carbohydrate reserves in autumn, a good indicator of winter survival in the seagrass Zostera noltii (Govers et al., 2015), and reserve depletion over long dark periods directly in below-ground rhizomes.

While energy storing rhizomes allow eelgrass to survive dark periods, they also represent respiratory burdens that can increase light requirements, potentially preventing poleward migration (Olesen and Sand-Jensen, 1993; Lee et al., 2007). This is particularly true as respiration increases under rising temperatures (Lee et al., 2007; McMinn and Martin, 2013), faster than photosynthesis (higher Q10; Thom et al., 2008; Staehr and Borum, 2011). The respiratory demands of seagrass roots and rhizomes explain the relatively high amounts of light (10–30% surface irradiance; Ochieng et al., 2010) required for long-term survival, as compared with 1–5% for many species of phytoplankton and algae (Kenworthy and Fonseca, 1996). Below-ground rhizomes in eelgrass consume up to 15% of the carbon fixed, and up to 25% at the deepest range-margin (Kraemer and Alberte, 1993). Moreover, even if carbohydrate concentrations are not depleted, seagrass originating from 36°N cannot survive extreme experimental winter light limitation (2 h irradiance saturated photosynthesis), presumably through the effects of anoxia on increased translocation of energy reserves (Alcoverro et al., 1999). Thus, increasing carbohydrate storage does not guarantee long-term survival in the dark.

The need of eelgrass to elevate carbon storage in warming Arctic oceans may be lowered by thermal acclimatization that increases respiratory energy efficiency, as has been shown in terrestrial Arctic tundra species (Kornfeld et al., 2013), or by increasing CO2 levels (Zimmerman et al., 1997). Eelgrass is generally carbon limited, because it cannot efficiently use the inorganic carbon from the water column (HCO3-; Lee et al., 2007). Thus, increasing CO2 levels are expected to increase photosynthetic rates without affecting respiration (Zimmerman et al., 1997). If turbidity does not hinder long-term survival (Moore et al., 1997) in the future Arctic, increasing CO2 levels will reduce the need for producing high below-ground biomass by shortening the seasonal period during which eelgrass experiences a negative carbon balance.



Conclusion and Perspectives

In this study, we show that distinct seasonal expression patterns of an eelgrass population from the Norwegian subarctic are driven by genes encoding functions of the organelles (chloroplast and mitochondrion). These are likely to provide key physiological adaptations that allow eelgrass to endure the polar dark season, and suggest metabolic strategies to enhance restoration success in turbid waters. The two most prominent features were:

1. Active carbon capture in winter. Winter expression of genes encoding for functions related to carbon capture, including Rubisco and PEP-carboxylase (Figure 5), may allow for eelgrass growth and carbon fixation during the polar dark season. This resembles the season-anticipator strategy of polar algae to fix carbon and grow even under the ice during Arctic darkness when nutrient conditions are highest (Berge et al., 2015).

2. Metabolic dormancy in winter. Downregulation of genes related to cellular respiration/carbohydrate cleavage provides the first molecular support for winter-acclimatization in eelgrass that explains an increase in photosynthesis-to-respiration ratios as compared with summer conditions (Thom et al., 2008) and is likely to prevent depletion of carbohydrate storages during the dark period.

This study alone, based on two meadows and an assessment of metabolic and transcriptomic responses, does not allow us to predict whether eelgrass will be able to migrate poleward into a warming, ice-free Arctic. Although this study reveals specificities that are functionally relevant at the species’ current northernmost range of distribution, its potential to migrate further poleward depends on the plastic and/or adaptive potential of the identified key functions. While genetic adaptations would rely on standing genetic diversity that allows for evolutionary change over several generations, acclimatization – which can build up within the lifetime of an organism (Kelly et al., 2012; Donelson et al., 2019) – would allow eelgrass to immediately occupy niches that open up in the Arctic. For example, in the seagrass Thalassia testudinum, phenotypic variation among subpopulations across an environmental gradient in the Florida Bay were mainly ascribed to phenotypic plasticity because gene flow was high within 50 km distance (Bricker et al., 2011). Further studies are needed to identify to what degree the north–south differences that we identified result from acclimatization or genetic adaptation (Box 1):

1. Reciprocal transplantation of individuals between northern to southern latitudes would allow to identify genetic adaptations as features in photosynthesis and gene expression as such remaining distinct in northern/southern populations and adaptive to northern/southern latitudes even one or more generations after the populations had been transplanted (to minimize non-genetic confounding effects; Kawecki and Ebert, 2004; Pazzaglia et al., 2021).

2. Genetic tests for outlier loci will identify genomic regions that have responded to natural selection in polar regions with exceptionally low allelic variation in 2 high-latitude populations and high genetic divergence from 2 low-latitude populations (Luikart et al., 2003; Narum and Hess, 2011). Functions associated with genes located in these regions are likely to have adapted genetically to polar conditions. For example, outlier tests identified genes related to growth and immunity as putatively adaptive to varying temperature and light conditions along latitudinal and bathymetric gradients in the seagrass P. oceanica (Jahnke et al., 2019).

In order to test whether the reaction norm of eelgrass is wide enough to acclimatize to a warming Arctic, we need to expose eelgrass to a simulation of near-future polar conditions. For example, seagrass meadows in Australia (Halodule pinifolia and Halophila ovalis) were shown to die at >38 days at 0.1 mol photons m−2 d−1 (0.35% SI; Longstaff and Dennison, 1999). To determine the latitude at which eelgrass would lack sufficient daylight throughout the year, we would need an equivalent study that imitates future temperature and CO2 levels at different daylight lengths in a common-garden setup and, ideally, includes a variety of genotypes – since these can differ in their dark tolerance (Salo et al., 2015).
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Shallow coastal soft bottoms are important carbon sinks. Submerged vegetation has been shown to sequester carbon, increase sedimentary organic carbon (Corg) and thus suppress greenhouse gas (GHG) emissions. The ongoing regression of seagrass cover in many areas of the world can therefore lead to accelerated emission of GHGs. In Nordic waters, seagrass meadows have a high capacity for carbon storage, with some areas being recognized as blue carbon hotspots. To what extent these carbon stocks lead to emission of methane (CH4) is not yet known. We investigated benthic CH4 emission (i.e., net release from the sediment) in relation to seagrass (i.e. Zostera marina) cover and sedimentary Corg content (%) during the warm summer period (when emissions are likely to be highest). Methane exchange was measured in situ with benthic chambers at nine sites distributed in three regions along a salinity gradient from ∼6 in the Baltic Sea (Finland) to ∼20 in Kattegat (Denmark) and ∼26 in Skagerrak (Sweden). The net release of CH4 from seagrass sediments and adjacent unvegetated areas was generally low compared to other coastal habitats in the region (such as mussel banks and wetlands) and to other seagrass areas worldwide. The lowest net release was found in Finland. We found a positive relationship between CH4 net release and sedimentary Corg content in both seagrass meadows and unvegetated areas, whereas no clear relationship between seagrass cover and CH4 net release was observed. Overall, the data suggest that Nordic Zostera marina meadows release average levels of CH4 ranging from 0.3 to 3.0 μg CH4 m–2 h–1, which is at least 12–78 times lower (CO2 equivalents) than their carbon accumulation rates previously estimated from seagrass meadows in the region, thereby not hampering their role as carbon sinks. Thus, the relatively weak CH4 emissions from Nordic Z. marina meadows will not outweigh their importance as carbon sinks under present environmental conditions.

Keywords: seagrass, greenhouse gas, blue carbon, nordic, Zostera marina


INTRODUCTION

Methane (CH4) is a very potent greenhouse gas (GHG), with a global warming potential that is estimated to be 28–34 times higher than carbon dioxide (CO2) per mole of carbon over a 100-year period (Myhre et al., 2013). It has been estimated that about half of the global CH4 emissions generate from aquatic sources, although there is high variability between regions and ecosystems (Saunois et al., 2020; Rosentreter et al., 2021). Oceanic shelves, although marginal in area compared to deep oceans, contribute to about 75% of the CH4 emission from oceans worldwide (Bange et al., 1994). Methane in the marine environment is mainly produced in sediments during anaerobic degradation of organic matter by methanogenic archaea (Bakker et al., 2014; Wilson et al., 2020). The produced CH4 may be oxidized to CO2 in the sediment or released to the water column in solution by diffusion, via plant–tissue or as gas bubbles (Reeburgh, 2007; Jeffrey et al., 2019). Generally, only a small portion of the produced CH4 eventually reaches the atmosphere, since most CH4 is oxidized by microorganisms in the sediment and water column (Reeburgh, 2007). Seeping bubbles released from sediments lose most of their CH4 content during their passage through the water column and the extent of that loss depends on the bubble size and water depth (Weber et al., 2019). This explains why most marine CH4 emissions derive from the nearshore coastal environment, where there is less likelihood that the CH4 is oxidized before reaching the atmosphere (Weber et al., 2019).

Natural wetlands, i.e., vegetated ecosystems where the soil is water-saturated for most part of the year and which store large amount of carbon in their soils, account for 20–30% of the global yearly CH4 emissions and are thus the single largest non-anthropogenic source of CH4, adding up to 164 Tg yr–1 to the atmosphere (IPCC, 2001; Bridgham et al., 2013; He et al., 2015). In the coastal zone, vegetated habitats (i.e. saltmarshes, mangroves, and seagrass meadows) are estimated to emit around 4 Tg yr–1 (Al-Haj and Fulweiler, 2020). This emission level is hence low compared to their terrestrial counterparts, although greater than the release from open oceans, which are estimated to release between 0.4 and 1.8 Tg yr–1 (Rhee et al., 2009; Borges et al., 2016). Photosynthetically derived oxygen from submerged plants can potentially be used by methane-oxidizing bacteria (MOBs) in the sediment and water column, converting CH4 to CO2, and thereby hinder emission of CH4 to the atmosphere in these submerged vegetated ecosystems (Laanbroek, 2010). This may contrast with conditions in terrestrial and coastal wetlands where vegetation is emerged, i.e., in direct contact with the atmosphere, and therefore CH4 will be released without being processed in the water phase by MOBs (Laanbroek, 2010). Up to 90% of the CH4 produced in sediments with submerged vegetation can be reoxidized in the water column (King et al., 1990), but if the oxygen levels are low, due to for instance stagnant waters and during high consumption rates, the CH4 may be emitted to the atmosphere.

High organic loading and anoxic sediments provide conditions for long-term storage of refractory carbon. Consequently, coastal vegetated ecosystems such as saltmarshes, mangroves, and seagrass meadows are efficient sinks of atmospheric CO2 and referred to as blue carbon habitats (e.g., Mcleod et al., 2011; Duarte, 2017; Howard et al., 2017). However, the same conditions that make these habitats ideal for carbon storage also provide the potential for CH4 production (Al-Haj and Fulweiler, 2020). Conditions that favor methanogenesis could tip these coastal habitats from sinks to sources of CO2 and CH4 and thereby accelerate the greenhouse effect. It is therefore of great importance to understand the conditions governing the release of CH4 and other GHGs from these habitats. Studies from tidal saltmarshes show that CH4 emission is strongly salinity dependent, with significantly lower emissions at salinities over 18 (Poffenbarger et al., 2011), while in fresh- to brackish water marshes such a salinity-driven threshold has been reported to occur already at salinities above 10 (Wang et al., 2017). In peatlands, sulfate reduction inhibits methanogenesis and the release of CH4 is low (Dowrick et al., 2006). However, in anoxic marine sediments, sulfate reduction and methanogenesis may co-occur (Oremland and Taylor, 1978; Holmer and Kristensen, 1994; Sela-Adler et al., 2017).

Seagrass meadows have been reported to naturally emit low to moderate levels of CH4, ranging from 2–5 (Oremland, 1975) to 378 μg m–2 h–1 (Garcias-Bonet and Duarte, 2017). This is substantially lower than what has been observed in other marine habitats; for example, saltmarshes can emit over 10,000 μg m–2 h–1 (Whiting and Chanton, 1993). However, stressors (such as light reduction, habitat fragmentation, and warming) can dramatically increase CH4 emission in seagrass systems (Lyimo et al., 2018; Burkholz et al., 2020; George et al., 2020). Vegetation loss or alteration in macrophyte species composition may also stimulate methanogenesis in the sediment (Sutton-Grier and Megonigal, 2011; Lyimo et al., 2018; Al-Haj and Fulweiler, 2020).

In the Nordic region, seagrass meadows have high capacity for storing large amounts of carbon in the sediment, in particular, some sites along the Swedish Skagerrak coast are suggested to be global hotspots for blue carbon (Dahl et al., 2016; Röhr et al., 2018; Moksnes et al., 2021). It is previously known from the coastal southern Baltic Sea that CH4 emissions are positively correlated to the organic carbon content in sediments (Heyer and Berger, 2000). Therefore, it is of particular interest to study blue carbon habitats, such as seagrass meadows, that may store large amounts of organic carbon (Corg) in their sediments to understand the fate of stored carbon as potential sources for GHG emissions. No previous reports have, however, focused on CH4 emissions from Zostera marina beds in northern European coastal waters. In the current study, we aimed to investigate (i) the extent and variability in CH4 (g) emission from seagrass (Z. marina) dominated coastal soft bottom sediments in three regions along the salinity gradient from the Baltic Sea to the North Sea, (ii) to what degree vegetation cover (in terms of Z. marina) modifies CH4 (g) emission from the substrate, and (iii) whether CH4 (g) emission is correlated to the sedimentary organic carbon content.



MATERIALS AND METHODS


Study Area

Nordic coastal areas are of particular interest since they stretch from the Baltic Sea, which is a semi-enclosed water body and one of the largest brackish water areas in the world, to the marine environments of Skagerrak and Kattegat through the Danish straits (Storebælt, Lillebælt, and Öresund). The region is therefore characterized by a strong, large-scale salinity gradient from freshwater conditions (0–2) in the Bothnian Bay to marine conditions (∼34) in the North Sea (Helcom 2017-2018)1. Coastal shallow habitats in northern areas are deemed by climate scenario models to be exposed to faster warming than the global average, with an expected temperature increase ranging from 2°C in the southern part of the Baltic Sea to 4°C in the northern part by the end of this century (i.e., year 2100, Andersson et al., 2015), which may influence CH4 emissions from coastal blue carbon habitats in the future. Further, the coastal waters of the Baltic Sea, the Kattegat and Skagerrak are surrounded by nine countries and human activities in the area, adding pressure on the seagrass ecosystems (Boström et al., 2014). For instance, severe seagrass loss of about 60% has been reported on the Swedish west coast between 1980s and 2000s (Baden et al., 2003; Nyqvist et al., 2009). From some of these areas in Sweden where historical losses have occurred, it has been estimated that the resulting loss of carbon from the sediments could be up to 60 Mg C ha–1 (Moksnes et al., 2021).

The current study was carried out during a warm summer period (with water temperatures ranging from 20 to 23.5°C; see Supplementary Table 1) in August 2018 in Z. marina meadows and adjacent unvegetated areas within three regions, along the salinity gradient stretching from the Baltic Sea archipelago west of Turku in Finland (three sites) to the fjords east of Fyn Odense in Denmark (two sites) and the Gullmar Fjord on the Swedish Skagerrak coast (four sites) (see Figure 1 and Table 1). At the Finnish study area, Z. marina grows at the lower end of its salinity propagation limit (∼6), while the Danish sites have intermediate salinities (∼20) and the Swedish sites have salinities varying between 18 and 30 in the surface waters, with a yearly average of ∼26. Water temperatures were between 20 and 23.5°C in all study areas during the sampling period. In Finland, the sites are moderately exposed, and the sediment consists mainly of fine to coarse sand with low levels of organic content. In Denmark, the Nyborg site is exposed to easterly winds and the sediment is sandy with a low organic content, while the Holckenhavn Fjord is sheltered, and the sediment is siltier with a low organic content. In Sweden, the sites are situated in shallow bays exposed to different levels of hydrodynamic forces and the topmost layers in the sediments are sandy, silty, or muddy.
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FIGURE 1. Map of sites (green dots, n = 2–4) in the three sampling regions (countries) with average methane emissions from sediments in seagrass meadows and unvegetated areas in each region as well as overall for all countries.


TABLE 1. Sampling design showing number of replicates, water depth and water temperature in seagrass meadows and adjacent unvegetated habitats at the different sampling sites, and mean salinity for each of the three sampling regions.
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Incubation Chambers for Sampling CH4 at Sediment–Water Interface

Incubation chambers, produced by transparent Plexiglas cores (inner diameter: 4.7 cm, height: 45 cm; Figure 2) containing an air-filled gas pocket with a gas-tight septum for extraction of gas samples, were placed in seagrass meadows (n = 6) and in adjacent unvegetated areas (n = 5 or 6) at 2–3 m water depth using scientific (SCUBA) diving. For details of the sampling regions and sites, see Table 1. The start time for incubations was set to around 10 am to catch the midday hours when productivity is expected to be highest. The chamber cores were pushed down 15 cm into the sediment, leaving a 20-cm water column and a 5-cm gas pocket (volume: 87 cm3) above the water in the chamber. A “start” gas sample (5 mL) was withdrawn from the pocket about 10 minutes after placing the chamber into the sediment and the time was noted. The incubations were conducted for about 5–6 h, whereafter an “end” gas sample was extracted from the gas pocket and the ending time was noted. The gas samples were directly transferred into gas-tight exetainers containing 58.3 mM zinc chloride (aq) for storage and to prevent any potential bacterial breakdown of CH4 until analysis. The exetainers were stored upside-down in the refrigerator (4°C) until analysis. At the Swedish sites, the development of CH4 release in the chambers was observed at several time points during the incubation period to follow and confirm linearity in the CH4 release.
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FIGURE 2. Deployed incubation chamber in a seagrass meadow (left) and collection of a gas sample (top right). Illustration (bottom right) of the sampling methodology using an incubation chamber inserted 15 cm into sediment with a 20 cm water column above the sediment. On the top, a 5 cm air-pocket is connected to a gas-tight septum from where a gas-sample (including methane) released from the sediment could be collected (using a syringe). Gas-samples were extracted periodically after insertion from the chamber and stored in gas-tight exetainers until analyzed with gas-chromatography (GC). Photos: K. Gagnon.


Salinities and temperatures were measured at each site prior to incubations. In the seagrass sites, seagrass shoot density (shoots per m2) were either measured, in field, in quadrats (25 × 25 cm, n = 6) or measurements from previous studies (Gullström et al., 2012; Staveley et al., 2017) (see Supplementary Table 1) were used.




ANALYSIS OF METHANE

The gas in the collected exetainer samples were analyzed by means of headspace analysis and gas chromatography (GC). Briefly, 1 mL headspace was injected into a gas chromatographer (GC 8A, Shimadzu Corporation) equipped with a Porapak N column (80–100 mesh) and a flame ionization detector (FID). The carrier gas for the FID was nitrogen, while the fuel gas was hydrogen and the oxidant air. For calibration, certified standards at atmospheric concentration (1.9 ppm) and with 49.9 ppm CH4 (AirLiquide Gas AB) were used. Using the Ideal Gas Law (PV = nRT), the ppm concentrations were converted into molar concentrations (μmol CH4 L–1), which were plotted against incubation time. The CH4 emissions per surface area of the sediments were calculated as the total amount of CH4 accumulating over time within the gas-filled pocket of the incubation chamber and reported as μg CH4 m–2 h–1. Since measurements were only conducted during daytime, values were not extrapolated to full diurnal estimates.


Collection of Sediment Cores

After incubation, a sediment core was collected adjacent to each incubation chamber using a push corer (diameter: 4.7 cm, height: 60 cm). The cores were sliced into three different depth sections: 0–1 cm representing the oxidized zone, 1–15 cm representing the rhizosphere and below 15 cm representing the sediment without living seagrass. Sediment compression was accounted for in all cores by measuring the distance from the top of the core to the sediment surface, inside and outside the core after being inserted into the sediment (Glew et al., 2002).



Analysis of Organic Carbon Content in the Sediment

Sediment core slices were weighed wet, homogenized and a subsample of 60 mL from each depth was then dried (60° C, ∼48 h) until constant weight, whereafter the dry bulk density (g DW cm–3) was calculated. The dry sediment samples were grinded to a powder using a Retch 400 mixing mill for subsequent carbon analyses. The total carbon and nitrogen content (% C and % N) in each sediment depth section was analyzed using a carbon–nitrogen elemental analyzer (Flash 2000, Thermo Fisher Scientific). Previous research in the studied regions have documented that the inorganic carbon content generally is low (<5%) and was therefore not accounted for Röhr et al. (2016); Dahl et al. (2021).



Data Analysis

Variations in CH4 emission rates were compared between the different regions for the two habitat types, i.e., seagrass meadows vs. unvegetated areas separately, and then overall between seagrass meadows and unvegetated areas, using non-parametric Kruskal–Wallis tests (since with the log10[x + 1] transformation, homogeneity of variance was not achieved). A Bonferroni correction of the significance level was applied for multiple testing to limit the probability of Type 1 error (Holm, 1979). Potential relationships between CH4 emission and environmental variables such as sedimentary Corg content and seagrass shoot density, respectively were tested with linear regression analysis. All data analyses were performed in IBM SPSS statistics (version 27).




RESULTS

The CH4 emissions were generally low but varied substantially both within and between sites, resulting in a net release of CH4 to the air phase ranging from 0.3 to 1.8 μg CH4 m–2 h–1 at the Finnish sites to 2.0–2.5 μg CH4 m–2 h–1 at the Danish sites and 0.4–3.0 μg CH4 m–2 h–1 at the Swedish sites (Figures 1, 3). Pairwise comparisons showed that the overall CH4 emissions from seagrass meadows were significantly higher in both the Swedish and Danish sites when compared to the Finnish sites, while there was no significant difference between the Swedish and Danish sites (Table 2). For the unvegetated areas, CH4 emissions were significantly higher in the Swedish sites compared to the Finnish sites (Table 2). Overall, there was no difference in emissions between seagrass covered- and unvegetated sediments, even though differences between these habitat types occurred at some sites within each region (Table 2 and Figure 3).
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FIGURE 3. Box-and-whisker-plot showing the variation of methane emission from the sediment to the gas-filled pocket in the incubation chambers of seagrass meadows and adjacent unvegetated areas in Finland (FIN), Denmark (DEN), and Sweden (SWE). The solid lines within the boxes indicate median values, the boxes represent the 25th to the 75th percentiles and the vertical whisker bars show the 5th and 95th percentiles of the data.


TABLE 2. Summary of non-parametric Kruskal–Wallis tests of methane emissions among regions within (seagrass meadows and unvegetated areas) and between habitats.
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Methane emission increased along the salinity gradient (Figures 1, 4), although this pattern likely also is reflecting the inherent conditions of the three regions. The mean integrated (0-15 cm) organic carbon (Corg) content in the sediment varied between 0.1 and 6%, with the largest levels found in the Swedish sites (Supplementary Tables 1, 2). There were linear relationships between sedimentary Corg and CH4 emissions in seagrass meadows (Adj R2 = 0.12, p = 0.01, Supplementary Figure 1A) and in unvegetated areas (Adj R2 = 0.21, p < 0.01, Supplementary Figure 1B), respectively, although the adjusted R2 value were low indicating that there are other factors influencing the CH4 mean net release.
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FIGURE 4. Box-and-whisker plot summarizing methane emissions from the sediment to the gas-filled pocket in the incubation chambers in seagrass meadows and adjacent unvegetated areas in relation to average salinities in the different regions. The solid lines within the boxes indicate median values, the boxes represent the 25th to the 75th percentiles and the vertical whisker bars show the 5th to the 95th percentiles of the data.


Seagrass meadows average shoot densities, as presented in previous works, varied from 101 to 652 shoots m–2 (Supplementary Table 1). There was no significant relationship between the average seagrass shoot density and CH4 emission in the current study.



DISCUSSION

This study shows that CH4 emissions from cold-temperate Nordic seagrass meadows are relatively low, both when compared to seagrass areas worldwide and when compared to other shallow-water habitats in the Nordic region. The amount of Corg stored in the sediment appeared to influence the emissions, as there was a positive correlation between CH4 emission and the sedimentary organic carbon content. The relatively low explanatory value suggests that besides the sedimentary Corg content, there must be other factors that are of major importance for methane release from these coastal sediments. Nevertheless, we found no significant influence of vegetation or salinity on CH4 emissions. The current study was conducted during the warm high-productive season, when also the net release of methane is expected to peak, and represents the first survey of methane emissions from seagrass meadow sediments in Nordic coastal waters.

Methane net release from Z. marina meadow sediments varied from 0.3 to 3.0 μg m–2 h–1. These values are in the lower range of what is reported from seagrass habitats globally, which can reach up to 378 μg m–2 h–1 (see Table 3). It is further drastically lower than reported emissions from other shallow-water habitats in Nordic waters like estuarine wetlands (8,583 μg m–2 h–1) or brackish-water reed (Phragmites) belts (15,200 μg m–2 h–1), (Table 3). The relatively low CH4 emission levels measured in our study agree well with those reported for coastal bare sediments (1.2–2.3 μg CH4 m–2 h–1) of the Baltic proper (Bonaglia et al., 2017). Those sediments had similar carbon content as on the Swedish west coast (5.5%) and similar salinities as in the Finnish areas (6.8), but were sampled deeper (50 m) and at much lower temperature (8.0°C) compared to our study (range: 20–23.5°C, Supplementary Table 1). The good agreement in rates may thus be explained by the fact that most of the CH4 generated deep inside the sediment is efficiently oxidized by the community of methane-oxidizing archaea and sulfate-reducing bacteria before it can reach the sediment water-interface (Orphan et al., 2001). Up to 90% of the CH4 produced in marine sediments are consumed already in the sediment phase (Reeburgh et al., 1993).


TABLE 3. Sediment methane (CH4) emission rates from seagrass meadows worldwide and other shallow-water habitats in Nordic waters, using sediment-to-air filled pocket chamber techniques, reported in the literature and in the current study.

[image: Table 3]
Most studies where high emissions from seagrass habitats have been reported are from warmer (warm-temperate or tropical) waters (Table 3). This could be due to a temperature dependence of CH4 production as well as differences in organic matter quality and quantity, and in the microbial community composition. Temperature is known to significantly influence CH4 production both in tropical (Burkholz et al., 2020; George et al., 2020) and cold-temperate waters (Heyer and Berger, 2000). In the present study, water temperatures were similar across regions; nevertheless, differences in water temperature on local spatial (cm to m) and temporal (day to seasonal) scales could still influence the variation in emission rates, but this was not investigated here.

We found no significant influence of vegetation cover on CH4 emission from the sediments in the seagrass meadows, and unvegetated sediments had similar emissions as the vegetated areas. There are, however, reports that submerged vegetation, such as seagrasses and other rooted macrophytes, significantly influences the microbial composition and actions in the sediments (Jensen et al., 2007; Santos-Fonseca et al., 2015; Cúcio et al., 2016), with potential effects on the GHG balance. Seagrasses have been reported to reduce CH4 emissions by their photosynthetic oxygen production (Oremland, 1975; George et al., 2020) and also by symbiotic CH4 oxidizers associated with the plants.

In some coastal habitats, such as in tidal saltmarshes, CH4 emission is strongly affected by salinity, with lower emissions at higher salinities (Poffenbarger et al., 2011; Wang et al., 2017). It has been suggested that the higher levels of sulfate found in sediments of higher salinity will increase sulfate reduction, which in turn could inhibit CH4 production in vegetated habitats (e.g., Koebsch et al., 2018). Methane emissions from marine areas could hence be expected to be low. In contrast, we found the highest emission levels within the region with highest salinities, i.e., at the Swedish sites. When the organic carbon loading is high, it can be that the inhibitory effect of sulfate reduction plays a minor role and sulfate reduction and methanogenesis can co-occur (Holmer and Kristensen, 1994; Santos-Fonseca et al., 2015). Therefore, CH4 production can occur in marine areas with high organic carbon content, which is also confirmed in the current study.

Even though the emissions we measured from both vegetated and adjacent unvegetated sediments were low, the CH4 emissions partly counteract the seagrass meadows’ capacity to function as carbon sinks. The only published data on carbon accumulation rates for seagrasses in the Nordic area (Röhr et al., 2016) show annual mean values of 0.05 t C ha–1 yr–1 for Finland, and 0.35 t C ha–1 yr–1 for Denmark, while no accumulation data for Sweden has been published. Given in the same units and calculated as e-CO2 at a GWP100 of 34 (Myhre et al., 2013), the CH4 emissions in this study ranged from 0.0007 to 0.0040 in Finland, from 0.0045 to 0.0056 in Denmark, and from 0.0009 to 0.0067 t eCO2-C ha–1 yr–1 in Sweden. Thus, the carbon accumulation rate in Finland was between 12 and 75 times higher, and in Denmark between 63 and 78 times higher, than the estimated C emissions from CH4. We therefore conclude that the relatively weak emissions of CH4 from Nordic Z. marina meadows will not outweigh their importance as carbon sinks under present environmental conditions.

Climate simulations for the Baltic Sea ecosystems indicate a 2–4°C warming and a significant increase in precipitation by the year 2100 that may increase land runoff of allochthonous organic matter and decrease salinity (Andersson et al., 2015). This might have multifaceted effects on the seagrass systems. While healthy seagrass meadows contribute to mitigate the effects of runoff and capture part of the increased input of nutrients and organic matter, an increased organic content in the sediments might result in increased respiration and lower oxidation state of the sediment. A lower oxidation will in turn favor anaerobic respiration and might thus lead to increased production and emissions of CH4 and other GHGs. As temperatures are predicted to increase more drastically in the Nordic region than on a global scale (Andersson et al., 2015), this may accelerate CH4 emissions from blue carbon habitats such as seagrass meadows (Yvon-Durocher et al., 2011). It has previously been shown in tropical seagrass sediments that CH4 emissions more than doubled during high temperature stress (George et al., 2020). The Nordic seagrass systems, today functioning as effective sinks for atmospheric CO2, might thus be hampered by climate change effects so that their carbon capture capacity is reduced while their emission of GHGs is increased. This may eventually turn Nordic seagrass meadows from sinks to sources of CO2.

In conclusion, the relative low net release of methane from Nordic seagrass meadows presented in this study may reinforce their capacity as natural blue carbon sinks. To fully understand the extent of emissions of methane and other GHGs from Nordic coastal habitats, multiple spatial (from microhabitat to seascape level) and temporal (diurnal and seasonal) aspects should be considered in future studies.
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Seagrasses are globally recognized as bioindicators of marine eutrophication and contamination. Seagrasses also harbor a distinct root microbial community that largely reflects the conditions of the surrounding environment as well as the condition of the seagrass. Hence monitoring changes in the root microbial community could act as an additional biological indicator that reflects both the seagrass health condition, as well as potential deterioration in coastal waters. We used 16S rRNA gene sequencing combined with analysis of seagrass nutrients (C, N, δ15N, δ13C) and tissue metal concentrations to investigate potential links between seagrass (Halophila ovalis) root bacteria and seagrass nutrient and metal concentrations within an anthropogenically influenced estuary. We found seagrass tissue nitrogen (%) and δ15N values were 2–5 times higher than global averages for this species. Seagrass root associated bacteria formed distinct communities that clustered by site and were correlated to both seagrass nutrient and metal concentration, with some putative sulfide oxidizing bacteria (Sulfurimonas and Sulfurovum) correlated with greater nutrient concentrations, and putative iron cycling bacteria (Lewinella and Woeseia) correlated with greater Fe and As concentrations. Our findings shed further light on the relationship between seagrass and their microbes, as well as provide additional assessment of the use of both seagrass and their microbes as indicators of estuarine and seagrass condition.

Keywords: microbiome, stable isotopes, nitrogen, carbon, 16S rRNA, arsenic, iron


INTRODUCTION

Estuaries, which are transitional zones between the land and the sea, trap sediments and pollutants from rivers and streams and reduce the extent to which these pollutants enter the ocean. However, poor catchment management can lead to increased sediment, nutrient and pollutant loads to estuaries which can cause a decline in the health of the estuary and increase pollution export to the ocean (Dafforn et al., 2012; Statham, 2012). Excess nutrients and heavy metals are both common and serious pollutants of estuaries (Jiang et al., 2001; Sutherland et al., 2017). Excess nutrients in estuaries can lead to cultural eutrophication and associated deoxygenation events, which is a leading cause of impairment of freshwater and coastal ecosystems globally (Statham, 2012). Heavy metals can accumulate in estuaries naturally through the weathering of rocks and soils and anthropogenically via urban and industrial run-off, sewage, and poor agricultural practices (Birch et al., 2018b). Heavy metals can be in dissolved or particulate form and often accrue in sediments (Burton and Johnston, 2010). Under certain physicochemical conditions (e.g., water hypoxia and anoxia), these contaminated sediments can become a source of continued pollution for estuarine ecosystems (Bennett et al., 2012).

Seagrasses are foundation species within many estuaries across the globe, providing habitat, and performing many essential ecological functions (Short et al., 2007; Orth et al., 2017). Seagrasses can uptake nutrients and heavy metals from the sediment via their roots or from the water column via their shoots. The canopies of seagrass meadows also enhance particle trapping which can further facilitate the accumulation of metals in seagrass sediments (De Boer, 2007). Seagrasses have been used as valuable indicators of estuarine condition and contamination because concentrations of metals and nutrients (and their associated isotope signatures) in seagrass tissue often reflect the concentrations of the surrounding environment (Govers et al., 2014; Kilminster et al., 2014; Bonanno and Orlando-Bonaca, 2017; Orth et al., 2017; Lee et al., 2019). However, whilst seagrasses are considered foundational species of marine ecosystems, microbes are the foundational units of Earth; responsible for balancing and maintaining global biogeochemical cycles. Because of this, microbes (predominantly bacteria) have been used to assess ecological conditions of various natural and man-made systems (Birrer et al., 2019; Filippini et al., 2019) and have recently been used to also assess the health of seagrass (Martin et al., 2020a). As microbes respond rapidly to changes in their environment, developing microbial indicators enhances our capacity to detect potential ecosystem deterioration before lethal impacts have occurred on macroorganisms.

The Swan-Canning estuary flows through Perth the capital city of Western Australia and has seen increased levels of nutrients (above natural levels) due to rapid population growth and intensive agriculture in the surrounding catchment. These excess nutrients have contributed to observed signs of eutrophication (e.g., algal blooms and deoxygenation events) (Robson and Hamilton, 2003). Sediments have also continued to accumulate in the estuary which are enriched in both nutrients and some heavy metals (Gerritse et al., 1998; Rate et al., 2000; Nice, 2009). Historical practice of using riverside wetland areas as rubbish tips, then infilling for parkland or development has also left areas of increased contamination in close proximity to, and leaching into, the estuarine environment (Brearly, 2006). One area of concern is the Alfred Cove Marine Park, which is in close proximity to historic waste disposal sites. Seagrasses in the Alfred Cove Marine Park have previously been found to be in poor condition, to have low C:N ratios as well as elevated δ15N compared to seagrass in other areas of the Swan-Canning estuary, indicating potentially elevated local inputs of nitrogen to the area (Kilminster and Forbes, 2014). A subsequent groundwater sampling program at Alfred Cove Marine Park confirmed that nitrogen and metal contamination (namely iron, copper, chromium and mercury) exists in this area and that there is potential for this to impact seagrass and the wider estuarine ecology (Vogwill and Oldmeadow, 2018). The aims of this study were to; (i) assess whether concentrations of nutrients (carbon and nitrogen), stable isotopes of carbon and nitrogen, and metals of seagrass tissue correlate with estuary and/or groundwater quality, and (ii) investigate links between seagrass root bacterial communities and seagrass nutrient and seagrass metal concentrations to assess the suitability of bacteria as an additional indicator of seagrass and estuary condition.



MATERIALS AND METHODS


Site Description

The study sites were located within the Swan-Canning estuary which flows through Perth, Western Australia (31.95°S, 115.86°E) and drains a catchment area of approximately 2,090 km2. The Swan-Canning estuary has a small tidal range and tributaries generally only flow during winter and spring. Halophila ovalis is the dominant seagrass growing in the Swan-Canning estuary. The main study area of Alfred Cove Marine Park is one of three marine parks within the Swan-Canning estuary and covers an area ∼ 2 square km (Figure 1 and Supplementary Table 1). The marine park encompasses mudflats, seagrass meadows and intertidal vegetation, which provides habitats for a variety of animals including internationally important migratory wading birds.
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FIGURE 1. Site names and locations along the Alfred Cove Marine Park with stormwater drainage channels, bathymetry and aerial imagery overlain, where D1 and D2 are closest to old waste disposal sites and N1, N2, and N3 are in the line of the modeled zone of groundwater flux potential. Zones of flux potential of groundwater throughflow have been adapted from Cahill et al. (2017), which were estimated from conductivity-depth profiles. Two historical domestic and building waste disposal sites which were operating in the 1950’s are marked with red crosses. Underlying map imagery © 2022 Google, Imagery © 2022 CNES/ Airbus, Maxar Technologies.


The low topography of the area makes it subject to groundwater flow and stormwater runoff and there are several suburban drains which enter the area (Figure 1). There are two known historic waste disposal sites in the area (Figure 1, marked with red crosses) that were used for domestic and building wastes between 1952 and 1964. During this same decade (1950–1960), the foreshore was cleared of riparian vegetation, the riverbed was dredged with the spoil used to fill in the foreshore.



Sample Collection

A total of 5 seagrass sites, three stormwater drains and two groundwater bores were sampled along the foreshore in January 2019 (Austral summer). All seagrass sites were in water depths between 0.5 and 1.5 m (Figure 1). Temperature, salinity, dissolved oxygen and electrical conductivity of each of the sites (except site 4) were recorded in situ at the time of collection using a YSI Pro and YSI ProODO. Groundwater was accessed via pumping valves on bores that were purged for 5 min before retrieving a water sample. Water samples were also collected from each site and immediately filtered either through a 0.45 μm Polyethersulphone (PES) syringe filter (for δ15N-NO3 and δ18O-NO3 analysis) or PES syringe 0.2 μm (for dissolved nutrient analysis). Sampling syringes and containers were rinsed twice with deionized water and with new sample water prior to sampling. All collected water samples were cooled immediately on ice, stored at 4°C, and were analyzed within 2 weeks of collection (see below).

Four replicate seagrass tissue and sediment samples were collected at each of the seagrass sites using cores (96 mm diameter, 15 cm deep). Sediment was sieved (2 mm) in the field before cooling immediately on ice. Upon returning to the laboratory, the sediment samples were directly frozen, whilst the seagrass tissue was first rinsed in DI water, epiphytes were gently removed and then the tissue frozen. Seagrass biomass (root, rhizome and shoot) was estimated from drying (60°C) and weighing Halophila ovalis collected from cores. This dry biomass was also used for δ15N, δ13C, nutrient, and metal analysis (see below).

An additional four replicate apical shoots of H. ovalis (with roots attached) were removed from the meadows using the same cores. The two youngest roots (the first and second root) were gently washed from the sediment in situ (i.e., some sediment grains were still attached to the root hairs), cut from the rhizome using sterile scissors and gloves, placed into Whirl-paks® (Nasco, Wisconsin) then immediately into liquid nitrogen. Upon returning to the laboratory, these samples were transferred to a –80°C freezer until DNA extraction.



δ15N, δ13C, Nutrient, and Metal Analysis

Dissolved nitrate, ammonium and soluble reactive phosphorus (SRP) were analyzed from filtered (0.2 μm) water samples. Nitrate and ammonium were measured with a colorimetric detection method on a Bran-Luebbe Autoanalyzer 3 (Bran and Luebbe, Norderstedt, Germany) and digital Colorimeter (Technicon, Tarrytown, New York). SRP was determined colorimetrically using the ascorbic acid–molybdate technique (Murphy and Riley, 1962). Dissolved nitrate in water samples was also analyzed for δ15N (‰, Air) and δ18O (‰, VSMOW-SLAP) using a modification of the denitrifier method (Sigman et al., 2001; Casciotti et al., 2002) on a continuous flow stable isotope ratio mass spectrometer (Delta V Plus, Thermo-Finnigan, Germany), and the results reported after normalization vs. international standards (δ15N—N2, IAEA-NO-3, USGS32, USGS34, USGS35). The combined uncertainty of analyses (1 std dev) for δ15N and δ18O was 0.25‰.

The first and second shoot, rhizome and root from the apex of H. ovalis (youngest tissue), as well as sediment were analyzed for δ15N, δ13C,% C, and % N. Frozen seagrass tissue and sediment were dried (60°C) and ground into a fine powder using zirconia balls and a SPEX SamplePrep 2010 Geno/Grinder. Additionally, the sediments were treated with 4% HCl to remove carbonates. Ground samples were then analyzed using a continuous flow system consisting of a Delta V Plus mass spectrometer connected with a Thermo Flush 1112 via Conflo IV (Thermo-Finnigan, Germany). All values are given in per mil; δ13C (‰, VPDB) and δ15N (‰, Air) according to delta notation (Coplen et al., 2006). Multi-point normalization and international reference materials (δ13C: NBS22, USGS24, NBS19, IAEA600, USGS40; δ15N—N1, N2, USGS32, IAEA600, USGS40) were used to reduce raw values to the international scales (Skrzypek, 2013). The combined analytical uncertainty (1 std dev) for δ13C was 0.10‰ and for δ15N was 0.10‰.

The first and second shoot, rhizome and root from the apex of H. ovalis (youngest tissue) were also analyzed for Al, As, Cd, Cu, Fe, Pb, and Zn. Dried and ground tissue was digested with HNO3 and HClO4 (0.1 g 10 mL–1) according to Simmons (1975). Analysis of digests was performed using a Perkin Elmer Nexion 1000 (Shelton, Connecticut United States) Inductively Coupled Plasma—Mass Spectrometer. Detection limits (mg kg–1) for metals were as follows; Al (10), As (0.10), Cd (0.02), Cu (1.0), Fe (1.0), Pb (0.1), and Zn (0.5). These metal concentrations were also compared with metal concentrations analyzed from H. ovalis tissue and sediments in site N1 in June 2019 (austral winter) using the same method and instrument.



DNA Extraction, Sequencing, and Bioinformatics

DNA was extracted from ∼0.1 g of apical roots using the DNeasy PowerSoil DNA kit (QIAGEN) according to the manufacturer’s instructions. A FastPrep-24 bead beater (MP Biomedicals) set at 4.5 ms–1 for 60 s was used to lyse microbial cells prior to DNA extraction. Extracted DNA was then eluted in 50 μL nuclease-free water. Microbial communities were profiled using the primers 341F–806R that target the V3-V4 hypervariable region of the 16S rRNA gene. These primers predominantly amplify bacterial taxa but also amplify some members of archaea and have lower off-target amplification of plant chloroplasts (Muyzer et al., 1993; Muhling et al., 2008; Caporaso et al., 2011). Sequencing of pooled amplicons was performed by the Australian Genome Research Facility (AGRF) on the MiSeq platform, using Nextera XT v2 indices and 300 bp paired end sequencing chemistry. Primers were trimmed using cutadapt (version 1.16) (Martin, 2011) and trimmed reads were processed in DADA2 (version 1.9)1 (Callahan et al., 2016). Taxonomy was assigned following the DADA2 pipeline with the Ribosomal Database Project (RDP) classifier and the SILVA SSU Ref NR 132 database (Quast et al., 2013). Amplicon sequence variants (ASVs) identified in less than 1% of the reads were removed (filter defined by investigating prevalence plots) as well as ASVs identified as chloroplast or mitochondria. Archaea were not filtered out.

PICRUSt2 (Douglas et al., 2020) accompanied by EPA-ng (Barbera et al., 2019), gappa (Czech et al., 2020), castor (Louca and Doebeli, 2018), and MinPath (Ye and Doak, 2009) were used to assign filtered sequencing reads to functional orthologs (KEGG orthologs; KOs) and infer functional pathways. The recommended maximum NSTI cut-off of 2 was implemented in PICRUSt2 to prevent unconsidered interpretation of overly speculative inferences. The NSTI values in our dataset ranged from 0.0001 to 1.3343, indicating a well characterized microbial community in relation to isolate genomes. All pathways were subsequently classified to broader functional categories (i.e., higher pathways) using a custom mapping file created using the MetaCyc database (Caspi et al., 2016). General sequencing statistics can be found in Supplementary Table 2. All raw sequences and meta-data have been uploaded to NCBI Sequence Read Archive (SRA) under BioProject ID: PRJNA663104.



Data Analysis

Differences in seagrass biomass, seagrass and sediment δ15N, δ13C, C (%), and N (%) among sites were tested with one-way ANOVA’s. Normality and homogeneity of variances were checked, and data were log transformed where required. Tukey’s HSD was used for multi-comparisons if a significant difference among sites was found. A constrained ordination (Canonical Analysis of Principal Coordinates; CAP) using Bray-Curtis dissimilatory measure on non-rarified ASVs was used to explore the association between root bacterial communities and seagrass root parameters (∼root biomass + root metal concentrations + root nutrients) among sites. A CAP model using Bray-Curtis dissimilatory measures was also built to explore the association between predicted bacterial functions and seagrass root parameters among sites. The significance of the CAP models were assessed using permutation tests with 999 permutations. Correlation analysis between the top 40 most abundant ASVs and predicted functions (agglomerated to Genus and level 2 KEGG functional categories, respectively) and root variables was performed using Pearson’s correlation coefficient with p-values adjusted for multiple testing (Bonferroni correction).

All statistical analysis was carried out in R (version 4.0.2) (R Development Core Team, 2011) using the Phyloseq (version 1.24.2) (McMurdie and Holmes, 2013), ggplot2 (version 3.3.2) (Wickham, 2009), and vegan packages (version 2.5–6) (Oksanen et al., 2016).




RESULTS


Water Quality

Dissolved oxygen (DO) concentration of seagrass beds ranged from 7.9 mg L–1 (99% air saturation) to 15.5 mg L–1 (202% air saturation), whilst DO in stormwater drains flowing into seagrass meadows ranged from 0.1 mg L–1 (1% air saturation) to 2.8 mg L–1 (32% air saturation). The stormwater drains tended to have high concentrations of soluble reactive phosphorus (SRP) and N-NH4 compared to the seagrass meadows in the estuary, with some of these nutrient values above the Australian and New Zealand guidelines for fresh and marine water quality (ANZECC and ARMCANZ; Table 1). The groundwater also had levels of SRP and dissolved inorganic nitrogen that exceeded guidelines (Table 1), with the bore sampled closest to site N1 having relatively high levels of N-NH4 (2.03 mg L–1) and the bore sampled closest to site N3 having high levels of N-NO3 (0.20 mg L–1). The δ15N-NO3 values (where N-NO3 was above the detection limit) ranged from 5.8 to 11.0‰, with the highest value measured in the stormwater drain at S5. The δ18O-NO3 values ranged from –2.9 to 3.7‰, with the highest value measured in the stormwater drain at S5.


TABLE 1. Water quality parameters of seagrass meadows, stormwater drains, and groundwater.
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Seagrass Biomass and Nutrients

Belowground biomass of Halophila ovalis recovered from cores (live roots and rhizomes) was significantly lower at site D1 than sites N2 and N3 (with a general increasing trend from D1 to N3), but aboveground biomass was not significantly different (Figure 2).
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FIGURE 2. Biomass (DW, dry weight) of H. ovalis by site. Data are boxplots with datapoints overlain. Significant post hoc comparisons between individual sites are indicated by lowercase letters. Ns, no significant difference among sites.


The sediment at site D2 had significantly higher nitrogen ([image: image] = 0.1% DW) and carbon content ([image: image] = 0.9% DW) compared to all other sites (Figure 3). Nitrogen% dry weight (DW) was also greatest in seagrass shoots ([image: image] = 3.0% DW) and roots ([image: image] = 1.4% DW) growing at site N2 compared to other sites, with exception to shoot nitrogen at N2 which had an average high mean shoot N of 3.2% DW (Figure 3). δ13C of seagrass tissue (shoots, rhizomes and roots) was significantly higher at site D2 compared to all other sites, while δ15N was significantly lower (Figure 3). The seagrass tissue (shoots, rhizomes and roots) at sites N1 to N3 were all higher in δ15N compared to other sites; with a maximum value across these sites of 8.9‰ measured from shoot tissue at site N3 (Figure 3).
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FIGURE 3. Carbon (%), δ13C, nitrogen (%), and δ15N of seagrass tissue and sediment by site. Data are boxplots with datapoints overlain. Significant post hoc comparisons are indicated by lowercase letters. Ns, no significant difference among sites.




Seagrass Heavy Metals

Seagrass tissue metal concentrations differed according to the metal analyzed, the tissue type, and the site (Figure 4). With exception of zinc and cadmium, metals were higher in the belowground tissue than aboveground (Figure 4). Several metal concentrations in seagrass roots were highly positively correlated, including arsenic and iron (p < 0.001, r = 0.98) and copper and lead (p < 0.001, r = 0.71).
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FIGURE 4. Metal concentrations in seagrass tissue (shoot, rhizome, and roots) by site. Data are boxplots with datapoints overlain. The dashed red line indicates the default value guideline (the concentrations below which there is a low risk of unacceptable effects occurring) for toxicants in sediment according to the Australian and New Zealand Guidelines for Fresh and marine water quality.


Site D1 had some of the highest metal tissue concentrations of all the sites, including for arsenic (As in roots [image: image] = 20.5 mg kg–1), aluminum (Al in roots [image: image] = 4,162 mg kg–1), and iron (Fe in roots [image: image] = 16, 585 mg kg–1). Site N1 had the highest tissue concentrations of copper, cadmium and zinc, though these values were highly variable (Figure 4). There are currently no environmental guidelines for heavy metals of aquatic plants in Australia, but some of the heavy metal concentrations measured from H. ovalis tissue exceeded the sediment toxicant guidelines in Australia and New Zealand, including arsenic, cadmium and zinc (Figure 4). The tissue concentrations of cobolt and zinc when averaged across all sites within the marine park were within the range of those recorded from H. ovalis within the highly urbanized Sydney estuary, but were lower for lead, copper and arsenic (Figure 5). Regression analysis between root concentrations of heavy metals and sediment heavy metals collected in winter from the current study area showed a significant positive relationship for arsenic [(As) roots = –8.12 + 26.39*(As) Sediment; p < 0.01, R2 = 0.87] and a significant negative relationship for lead [(Pb) roots = 20.26 –4.27 *(Pb) Sediment; p < 0.01, R2 = 0.84]. Several metal concentrations in seagrass tissues were negatively correlated with total seagrass biomass including arsenic (p < 0.01, r = –0.62), iron (p < 0.01, r = –0.62) and aluminum (p < 0.05, r = –0.50).
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FIGURE 5. Metal concentrations in seagrass tissue (shoot, rhizome and roots) across all sites compared with mean values recorded from the literature for Halophila species. Seagrass tissue at site N1 was also analyzed for metals during June (winter). The dashed red line indicates the default value guideline (the concentrations below which there is a low risk of unacceptable effects occurring) for toxicants in sediment according to the Australian and New Zealand Guidelines for Fresh and marine water. Values for the Sydney estuary were taken from Birch et al. (2018a) and values from Sicily were taken from Bonanno and Raccuia (2018).




Seagrass Root Bacterial Communities

A total of 3128 ASVs were recovered from H. ovalis roots. These root bacterial communities were grouped distinctly by site, and this grouping was associated with differences in root nutrients, biomass and metal concentrations (permutation test of constrained analysis p < 0.001; Figure 6A). Root bacterial communities at Site D2 were associated with higher levels of arsenic and iron, whilst bacterial communities at site N2 and N3 were associated with higher root biomass (Figure 6A). Bacterial communities at site N3 were associated with higher δ15N root tissue values, whilst those at site D2 were mostly associated with higher N%, δ13C, and C% (Figure 6A).
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FIGURE 6. Seagrass root bacteria across sites and their correlation with seagrass nutrient and metal concentrations. (A) CAP of Bray-Curtis dissimilatory measures of ASVs constrained by root properties (root biomass, root nutrients and root metal concentrations). (B) Top 10 most abundant ASVs across all sites of seagrass roots (agglomerated to genus). (C) Pearson’s correlation analysis between the top 40 most abundant ASVs (agglomerated to genus) and seagrass root parameters with significant Bonferroni corrected p-values indicated with a *, where * = 0.05, ** < 0.01, *** < 0.001. All metal concentrations are mg kg–1. + MM Group 3, Marine methylotrophic group 3.


Agglomerating ASVs to the genus level reduced the number of ASVs to 462. Within this dataset, the top 40 ASVs comprised 71.4% of the community. Of these, the top three ASVs with the highest relative abundance in the H. ovalis root microbiome across all sites were related to putative sulfide oxidizing nitrogen fixers [Ca. Thiodiazotropha (Sedimenticolaceae), Ca. Electrothrix (Desulfobulbaceae), and Sulfurimonas (Sulfurimonadaceae); Figure 6B]. Of these top genera, Sulfurimonas was correlated to seagrass N%, δ13C and lead, and negatively correlated to δ15N (Figure 6C). This pattern was also mirrored by related putative sulfide oxidizers of the genus Sulfurovum (Sulfurovaceae). Several of the top 40 most abundant ASVs were positively correlated with As and Fe concentrations in seagrass roots including, Lewinella (Saprospiraceae), Marine methylotrophic group 3 (Methylophagaceae), Woeseia (Woeseiaceae), and subgroup 10 of Thermoanaerobaculaceae.

The predicted functions of the root bacterial communities also grouped by site, although less distinctly than the grouping observed for ASVs (permutation test of constrained analysis p < 0.05; Figure 7A). Predicted bacterial functions from site D2 were particularly variable (Figure 7A). The most common predicted bacterial functions of H. ovalis root microbiome across sties were related to biosynthesis, including amino acid biosynthesis and fatty acid biosynthesis (Figure 7B). Functions related to respiration were also common, as were functions related to the utilization of C1 compounds (Figure 7B). Predicted functions relating to bacterial respiration and carbohydrate biosynthesis were positively correlated to root N% and δ13C (Figure 7C). Microbial functions related to fatty acid and lipid biosynthesis were negatively correlated to root biomass, but were positively correlated with root concentrations of Al, As and Fe (Figure 7C).
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FIGURE 7. Predicted bacterial functions of seagrass root microbiomes and their correlation with nutrient and metal concentrations. (A) Constrained Analysis of Principal Coordinates (CAP) model of PICRUSt2 predicted functions constrained by root properties (root biomass, root nutrients and root metal concentrations). (B) Top 10 most abundant predicted functions across all sites of seagrass roots at level 2. (C) Pearson’s correlation analysis between the top 40 most abundant PICRUSt2 predicted functions (agglomerated to level 2 functions) and seagrass root parameters with significant Bonferroni corrected p-values indicated with a *, where * = 0.05, ** < 0.01.





DISCUSSION

Biological monitoring tools (either individual organisms or communities) are increasingly used in integrated assessments of contaminant exposure and for assessing environmental degradation in ecosystems. Here we show that seagrass nutrient and metal status is reflective of an anthropogenically influenced estuary (elevated nutrients and metals). Seagrass root associated bacteria also correlated with the nutrient and metal status of seagrass, thus providing an additional potential monitoring tool for assessing both seagrass and estuarine health.


Seagrass Nutrients as Indicators for Dissolved Inorganic Nitrogen Sources

The δ15N and N% values of H. ovalis leaves in this study are among the highest recorded for this species globally, but are in line with previous reports of H. ovalis from the Swan-Canning estuary (Hillman et al., 1995). Leaf N% of H. ovalis has been previously found to range from 0.75 to 2.68% dry weight (DW) (Birch, 1975; Terrados et al., 1999; Yamamuro et al., 2001, 2003; Mellors et al., 2005), with nutrient limitation estimated to occur with leaf N < 1.8% DW (Duarte, 1990). All N% leaf values in the current study were > 2% DW, with some as high as 3.2% DW, which aligns with the nutrient enriched status of the Alfred Cove Marine Park, and more generally of the Swan-Canning estuary (Hillman et al., 1995; Gerritse et al., 1998).

δ15N values of H. ovalis leaves have been reported to range from –1.4 to 3.2‰, with a global mean of ∼ 2‰ (Yamamuro et al., 2001, 2003; Christiaen et al., 2014). The average δ15N value of H. ovalis leaves in the current study was 6.3‰, with a maximum value of 8.9‰. These δ15N values were also greater than those recorded from the Leschenault estuary (mean = 2.13 ± 0.58‰, n = 30, data unpublished), which is an estuary also dominated by H. ovalis and located 150 km south of the Swan-Canning estuary. Higher δ15N values in seagrass leaves have been used to indicate anthropogenic nitrogen [dissolved inorganic N; dissolved inorganic nitrogen (DIN)] from sources such as sewage. The δ15N isotope is typically higher in wastewater effluent compared to DIN in natural systems due to enzymatic preference for 14N by bacteria during nitrogen transformations (Lepoint et al., 2004). For example, elevated δ15N signatures in stream biota have previously been used to indicate DIN from leaking septic tanks of an urban watershed that was entering via groundwater (Steffy and Kilham, 2004). Groundwater modeling of the current study area at Alfred Cove Marine park indicated flux potential of groundwater directly over sites N1 to N3 (Figure 1; Cahill et al., 2017). These sites also had the highest δ15N in seagrass tissues and in the sediment of all the sites which indicates groundwater is a likely source of DIN for these seagrass. The groundwater N-NH4 concentrations near these same sites were between 30–60 times greater than the N-NH4 concentrations in surface water at the seagrass meadows (Table 1). Ammonium is considered the dominant form of DIN for seagrass uptake, particularly for uptake from the roots (Touchette and Burkholder, 2000). Such relatively high concentrations of N-NH4 in the groundwater are likely a result of denitrification within the aquifer or during infiltration through unsaturated sediments, which also elevates the δ15N-NO3 value as NO3 is consumed (Mariotti et al., 1988). However, the contribution of legacy DIN entering the groundwater from old septic tank systems (which are now largely disused in the region) cannot be ruled out. For this study, the only δ15N-NO3 value that could be estimated from the groundwater at Alfred Cove Marine Park was 6.8‰, but this was from the section of the aquifer that had lower N-NH4 concentrations, and so this value is likely to be higher closer to site N3. Additionally, the stormwater drain entering site N3 had a δ15N-NO3 value of 11‰, which may indicate leaching highly denitrified residual nitrogen that is mobilized from the urban catchment during high rainfall events. Several factors influence the δ15N values of seagrasses including temperature, nitrogen availability and the influence of denitrification (higher δ15N) vs. fertilizer run-off (lower δ15N) and nitrogen from biological nitrogen fixation (δ15N close to 0‰) (Lepoint et al., 2004; Glibert et al., 2019). Further investigation of fractionation effects due to denitrification processes in the aquifer and in the rhizosphere would increase confidence in the interpretation of these results and allow more definitive conclusions as to the elevated δ15N observed in the current study.



Seagrasses as Indicators for Heavy Metals

Heavy metal concentrations of the Swan-Canning estuary have been previously reported to be highly heterogenous within the estuary, with some sites around the city center contaminated with zinc, lead and copper at levels exceeding Australian and New Zealand sediment quality trigger values (Rate et al., 2000; Nice, 2009). Additionally, groundwater from disused waste disposal sites along the Swan-Canning estuary, including from the site under study, has been found to be contaminated with lead, aluminum, chromium, copper, zinc, arsenic, cadmium, manganese, nickel, and iron (Evans, 2009; Vogwill and Oldmeadow, 2018). Heavy metal analysis of mussels in the Swan-Canning estuary found that zinc was present at the highest concentrations of all metals tested (average across sites = 29.3 mg kg–1), and that these mussels had concentrations of cadmium, copper and zinc that were approximately twice as high as the nearby embayment of Cockburn Sound (Shute, 2007). Some heavy metal concentrations in H. ovalis tissue in this study were above sediment guidelines (e.g., arsenic, cadmium and zinc), but were not the highest recorded for this species. The highest literature values of heavy metal concentrations for H. ovalis tissue were recorded from Sydney estuary, which is heavily urbanized with an extensive history of industrial use and subsequent contamination events (Birch et al., 2018a). However, few studies exist with reported values of heavy metal concentrations for Halophila species (see Nienhuis, 1986; Birch et al., 2018a; Bonanno and Raccuia, 2018), which makes global comparisons limited.

There is little information on how heavy metals impact seagrass physiology and their potential to biomagnify through food chains; especially for H. ovalis. Of the few toxicity studies that have been completed, heavy metals have been found to predominantly impact the photosynthetic apparatus of seagrasses (Ralph and Burchett, 1995; Prange and Dennison, 2000). In the current study, aluminum, iron and arsenic were all negatively correlated with seagrass biomass, which could be indicative of photosystem damage. However, this correlation may also be due to other parameters known to impact seagrass biomass (e.g., sulfide and light) that could be co-correlated with metal concentration. In the case of arsenic, increased uptake of arsenic in macrophytes has been linked with phosphorus deficiency which may impact growth (Chen et al., 2015). This is because plants can uptake arsenic unintentionally via phosphate and silicone transporters. A range of freshwater plants including Vallisneria natans, which is in the same family as H. ovalis, have been shown to hyperaccumulate arsenic (Chen et al., 2015; Wagner et al., 2020), and their potential for use in phytoremediation of wetlands is being explored (Rahman and Hasegawa, 2011). In both the current study and that of Birch et al. (2018a), H. ovalis roots contained total arsenic concentrations that were between two and seven times higher than those in the sediments, which may indicate that H. ovalis is also able to accumulate arsenic from sediments. Groundwater surrounding the Perth region is thought to be enriched in arsenic due to the exposure of pyritic sediments caused by a combination of dewatering activities, groundwater abstraction, and reduced rainfall; all of which lower the water table (Appleyard et al., 2006). Iron concentration is commonly correlated with arsenic, as was the situation in the current study, as Fe (III) minerals are strong scavengers of arsenic via surface sorption and coprecipitation (Johnston et al., 2011). Additionally, the formation of Fe (III) minerals on seagrass roots (so called iron plaques) may be driven by oxygen loss from seagrass roots (Jensen et al., 2005; Brodersen et al., 2014; Martin et al., 2019), as has been shown for rice (Wang et al., 2013; Cheng et al., 2014). Reductive dissolution of Fe (III) minerals can occur in anoxic conditions (e.g., when root oxygen loss ceases at night), which can then release arsenic to the water column (Bennett et al., 2012). Plaque formation and dissolution may also be driven by the activities root associated bacteria via elemental cycling (discussed in section below).

It should be stated that the concentrations of metals in seagrass tissues presented here may not necessarily reflect the levels present in the sediment, as whilst seagrass may accumulate some metals, they may also exclude others. Indeed, using the sediment and seagrass metal data collected from the current study site in winter, only concentrations of arsenic and lead were found to be significantly related to the concentrations in the sediment. Additionally, metal bioavailability in sediments is largely controlled by sediment geochemistry. In the current study, the concentrations of cadmium and lead in seagrass roots were significantly correlated to sediment C% (cadmium: p = 0.03, r = 0.48, lead: p < 0.01, r = 0.64). However, the interpretation of this is further complicated by the fact that seagrass are also capable of uptake of some metals from the water column through their shoots (Luy et al., 2012; Malea et al., 2018). The advantage of focusing on seagrass tissue rather than sediment or water concentrations is that it provides an integrated measurement of exposure over a period of time rather than just a snapshot which is highly biased by flow, sediment re-suspension/re-working, mixing, tides and other geochemical properties of the sediment. Another benefit of measuring seagrass tissue directly, is that it provides a measure of the total metal concentrations that organisms feeding on seagrass may be exposed to. In fact, the effect of heavy metal contamination in seagrass ecosystems may have a greater impact on the organisms that feed on seagrasses if these metals biomagnify through food webs. Black swans (Cygnus atratus) are significant grazers of H. ovalis in the Swan-Canning estuary; removing up to 23% of total seagrass production (Eklof et al., 2009). Whilst heavy metal accumulation has been demonstrated for various fauna inhabiting the Swan-Canning estuary such as mussels and bony fish (Shute, 2007; Ranaldi and Gagnon, 2008), heavy metal accumulation in black swans has not been investigated. Recently, scales from wetland snakes collected across wetlands surrounding the Swan-Canning estuary showed contamination of various heavy metals including Mn, As, and Se, which suggests these metals could be accumulating to levels of concern in top predators (Lettoof et al., 2021). Further research on metal biomagnification and biotransference in seagrass ecosystems, as well as understanding the forms that these metals are in (e.g., organic vs. inorganic) is warranted to understand the environmental implications of seagrasses that may accumulate metals of concern.



Linking Seagrass Root Bacteria to Root Tissue Nutrients and Root Tissue Metals

The composition and predicted functions of the root associated bacteria of H. ovalis were linked to both seagrass root nutrients (N%, C%, δ13C, δ15N) and seagrass root metal concentrations (particularly As and Fe). For example, some putative sulfide oxidizers including Sulfurimonas and Sulfurovum were positively correlated to root N% and C%. Sulfurimonas related sequences have been recovered previously from seagrass roots, and have been shown to respond to environmental perturbations such as light and oxygen availability (Fahimipour et al., 2017; Martin et al., 2018, 2019). Their relatively high abundance in seagrass roots combined with their apparent response to environmental conditions could make them a good candidate indicator of change across different seagrass species and environments.

Several studies have also shown that metal pollution can impact microbial (bacteria and phytoplankton) communities by decreasing diversity, biomass, and activity (Chodak et al., 2013; Chen et al., 2014; Gołebiewski et al., 2014), which may affect overall nutrient cycling and productivity. Here, both As and Fe were highly correlated to the seagrass root bacterial community structure as well as predicted functions. Of the most abundant bacteria present in the seagrass root microbiome (top 40 ASVs), the genera Lewinella and the Marine methylotrophic group 3 were strongly positively correlated with seagrass root concentrations of As and Fe. Methylotrophic bacteria use reduced one-carbon compounds (such as methane, methanol and other methylated compounds) as the carbon source for their growth and are key players in the global carbon cycle, while Lewinella strains are capable of hydrolysis and utilization of complex carbon substrates (McIlroy and Nielsen, 2014). Whilst these genera are significantly correlated with these metals in the current study, this does not imply a cause-effect relationship. However, it does suggest that these bacteria are at least resistant to environments with greater arsenic and iron concentrations which implies they may prove promising candidates for tracking these metals in seagrass and coastal ecosystems.

The speciation and mobility of metals in the environment is also highly influenced by redox activities of microbes. For example, ferrous iron and arsenite can serve as electron donors for several chemolithotrophic microbes that use oxygen or nitrate as electron acceptors (Hassan et al., 2015). Sulfur-cycling bacteria and methane oxidizers can also impact arsenic and iron mobilization in sediments (Glodowska et al., 2020). As reported previously (Cúcio et al., 2018; Scholz et al., 2019; Tarquinio et al., 2019; Martin et al., 2020a,b), the seagrass root bacterial community was overwhelmingly dominated by putative sulfur cyclers, particularly sulfide oxidizers such as [Ca. Thiodiazotropha (Sedimenticolaceae), Ca. Electrothrix (Desulfobulbaceae), and Sulfurimonas (Sulfurimonadaceae). Sulfide intrusion, and sulfide tissue concentrations of H. ovalis and of sediments in the Swan-Canning estuary have previously been found to be greater than sulfide intrusion of H. ovalis in another estuary in the southwest of Australia (the Leschenault estuary) (Kilminster et al., 2014; Martin et al., 2020a). This difference is likely due to the higher degree of nutrient and organic matter enrichment in the more urbanized Swan-Canning estuary. These sulfur cycling microbes were associated with sites experiencing higher degree of sediment stress (predominantly measured as greater sulfide intrusion). Sulfide concentrations and sulfide intrusion were not measured in the current study, but would be playing an important role in influencing the composition of the root bacterial communities of H. ovalis seen here. The role of sulfur cycling bacteria in influencing seagrass health is an important ongoing research area with implications for improving both environmental monitoring and seagrass restoration (Martin et al., 2020b; Scholz et al., 2021).

Whilst the development of microbial indicators using next-generation sequencing technologies shows great promise for increasing the scope and sensitivity of environmental monitoring, their true success will only be realized when combined with experimental approaches to unravel mechanistic links between microbial taxonomy and function, which have been confirmed from isolated cultures. These mechanistic links are also necessary for predicting microbial responses to pollutants across a range of environments. However, despite the well-known limitations of sequencing technology, the integration of microbial parameters into current monitoring programs is still a worthwhile exercise for hypothesis generation regarding pollution impacts on ecosystems functions. Future advances in sequencing technology will also likely facilitate the uptake of this technology by more diverse end users; either as a result of decreased sequencing costs or increased accuracy of data (e.g., long read sequencing) and improvements in database accuracy. As such, complementary use of biochemical and molecular indicator tools shows great promise as another line of evidence in helping understand ecosystem response to environmental perturbations and ultimately aid in predicting and mitigating impacts of future change.
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Water quality deterioration is expected to worsen the light conditions in shallow coastal waters with increasing human activities. Temperate seagrasses are known to tolerate a highly fluctuating light environment. However, depending on their ability to adjust to some decline in light conditions, decreases in daily light quantity and quality could affect seagrass physiology, productivity, and, eventually, survival if the Minimum Quantum Requirements (MQR) are not reached. To better understand if, how, and to what extent photosynthetic adjustments contribute to light acclimation, eelgrass (Zostera marina L.) shoots from the cold temperate St. Lawrence marine estuary (Rimouski, QC, Canada) were exposed to seven light intensity treatments (6, 36, 74, 133, 355, 503, and 860 μmol photons m–2 s–1, 14:10 light:dark photoperiod). Photosynthetic capacity and efficiency were quantified after five and 25 days of light exposure by Pulse Amplitude Modulated (PAM) fluorometry to assess the rapid response of the photosynthetic apparatus and its acclimation potential. Photoacclimation was also studied through physiological responses of leaves and shoots (gross and net primary production, pigment content, and light absorption). Shoots showed proof of photosynthetic adjustments at irradiances below 200 μmol photons m–2 s–1, which was identified as the threshold between limiting and saturating irradiances. Rapid Light Curves (RLC) and net primary production (NPP) rates revealed sustained maximal photosynthetic rates from the highest light treatments down to 74 μmol photons m–2 s–1, while a compensation point (NPP = 0) of 13.7 μmol photons m–2 s–1 was identified. In addition, an important package effect was observed, since an almost three-fold increase in chlorophyll content in the lowest compared to the highest light treatment did not change the leaves’ light absorption. These results shed new light on photosynthetic and physiological processes, triggering light acclimation in cold temperate eelgrass. Our study documents an MQR value for eelgrass in the St. Lawrence estuary, which is highly pertinent in the context of conservation and restoration of eelgrass meadows.
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INTRODUCTION

Human-induced environmental stressors contribute to the degradation of light conditions in vegetated coastal ecosystems through changes in water quality. Water quality is especially compromised through increased particle loading in coastal zones from the watershed (Kemp et al., 1983; Hemminga and Duarte, 2000). In addition, excessive anthropogenic nitrogen inputs indirectly limit light penetration in the water column as it stimulates phytoplanktonic and epiphytic algal growth (Kemp et al., 1983; Borum, 1985; Sand-Jensen and Borum, 1991), competing with benthic autotrophs for light (Agusti et al., 1994; Heuvel et al., 2019). The light limitation has been singled out as the primary cause of seagrass loss worldwide (Hauxwell et al., 2001; Short et al., 2011). For example, Zostera marina L. (1753; eelgrass), the prevalent seagrass in temperate North Atlantic coastal habitats (Green and Short, 2003), was declining in 2007 at an estimated rate of 1.4% per year (Short et al., 2011). This decline in global spatial cover was attributed to the combined effects of natural environmental pressures (e.g., extreme weather events, ice scouring, and terrestrial runoffs) and anthropogenic disturbances (e.g., land use, sand mining, coastal development, aquatic recreational, and commercial activities) (Green and Short, 2003; Hauxwell et al., 2003; Unsworth et al., 2018) through deterioration of light conditions in coastal waters. Specifically, changes in light intensity, spectral composition, or regime have been shown to strongly impact eelgrass distribution, growth, and survival, and ultimately alter coastal habitats and communities (Dennison, 1987; Zimmerman et al., 1991; Nielsen et al., 2002; Ralph et al., 2007).

Alteration of eelgrass meadow dynamics can profoundly disturb shallow coastal ecosystems because of their critical role in these habitats. Eelgrass meadows provide many ecosystem services and fulfill major ecological roles for coastal communities associated with the complex habitat structure they provide and its associated fauna (Duffy, 2006). Because of its significant ecological role, Z. marina was recognized as an Ecologically Significant Species in Canada in 2009 (Cooper et al., 2009). A decline in eelgrass abundance could damper their water purification role through particle depositions and nutrient uptake (Nelson and Waaland, 1997; Hemminga and Duarte, 2000) and contribute even more to the degradation of light conditions in meadows (Maxwell et al., 2017). Eelgrass biological responses to changing light conditions deserve attention, especially in Western North Atlantic coastal waters, where underwater light conditions are altered by sustained human activities (Waycott et al., 2009). This is especially the case in boreal and subarctic environments, where strong seasonality and extreme weather events can cause light attenuation in the water column over periods from a few days to several weeks through, for instance, ice cover, freshet, or terrestrial runoffs, inducing browning of the coastal waters (Murphy et al., 2021).

Changes in light intensity can alter subcellular processes and induce a response to adjust and optimize photosynthesis. As described by Falkowski and Raven (2007), incident light influences the electron transport in the thylakoid membranes (electron transport chain, ETC) downstream of photosystem II (PSII), in which photons are captured by accessory pigments and funneled toward the chla of the reaction center. There, electrons are retrieved from H2O molecules to feed the ETC. Electron transport supplies the Calvin cycle with NAPDH and ATP. The most common ways to monitor photosynthesis are through the electron transport rate (ETR) in the ETC and CO2/O2 fluxes. Manipulation of PSII by Pulse Amplitude Modulated (PAM) fluorometry provides insights into the functioning of the photosynthetic apparatus. This technique reveals the relative importance of the different pathways competing for photon energy: photochemistry, fluorescence, and heat dissipation, complementing the information gathered on primary productivity (Schreiber, 2004).

Following a change in light intensity, biological responses to optimize photosynthesis can occur on different biological and timescales (McMahon et al., 2013; Bertelli and Unsworth, 2018). For example, rapid adjustments to a new constant irradiance take place in a matter of days through subcellular photosynthetic changes (Lambers et al., 2008). On the other hand, photoacclimation, i.e., photosynthetic, physiological, and morphological adjustments to light conditions may take weeks to months, and occur from subcellular to plant scale (McMahon et al., 2013; Schubert et al., 2018). At shoot scale, an increase in leaf surface or photosynthetic biomass, often approximated by an increase of the above or below-ground biomass ratio, helps maintain carbon balance by decreasing the proportion of non-photosynthetic tissues relative to photosynthetic ones (Olesen and Sand-Jensen, 1993). In addition, higher pigment content can counteract low light levels by increasing leaf absorptance (Beer et al., 2014), i.e., the fraction of incident photons harvested by leaf tissues (Kirk, 1994; Zimmerman, 2003). Furthermore, the photosynthetic apparatus responds to low light conditions by optimizing photon use at the subcellular level, thus enhancing photosynthetic efficiency (Bertelli and Unsworth, 2018). However, despite a more efficient photon use, insufficient photon availability leads to a decreased electron transport rate and, consequently, to a lower photosynthetic capacity. Photoacclimation is achieved when the plant has reached a new steady state, reflecting optimization of photosynthesis under its new light environment (Lambers et al., 2008; Bertelli and Unsworth, 2018). At some point, the photophysiological adjustments can no longer compensate for the too few incident photons, and shoot mortality can occur if carbon balance cannot be maintained and metabolic costs exceed carbon fixation by photosynthesis (Longstaff and Dennison, 1999; Ralph et al., 2007; Bertelli and Unsworth, 2018).

There have been attempts to estimate the Minimum Light Requirements (MLR) needed for growth and survival for Z. marina. This MLR is expressed as a percentage of surface irradiance and traditionally determined by the light intensity measured at the maximum depth limit of a seagrass species or population (Dennison et al., 1993). However, the MLR calculated for seagrasses by Duarte (1991) (i.e., 11% of surface irradiance) is not well suited for cold temperate intertidal ecosystems which experience less daylight than tropical species (Lee et al., 2007; Bulmer et al., 2016; Eriander, 2017). Light requirements can also be regarded as the light intensity under which the shoot respiratory demands amount photosynthesis (Ralph et al., 2007), referred to as Minimum Quantum Requirements for growth (MQR) and expressed as photosynthetically active radiation (PAR) intensity. Although rarely encountered in literature (Ralph et al., 2007), this latter proxy is more appropriate when studying photoacclimation in a context of conservation since it provides an absolute minimum light intensity to which seagrasses can acclimate and survive. Therefore, it becomes relevant to reassess these light requirements when studying specific species or even populations, especially for management and conservation purposes (Collier et al., 2012; Bertelli and Unsworth, 2018).

This study aims to characterize the photoacclimation responses of Z. marina in controlled conditions along a natural gradient of PAR intensity experienced by an intertidal eelgrass population from the cold temperate St. Lawrence Estuary (Quebec, Canada, ca. 48.5°N). Rapid adjustments to changes in irradiance after five days were quantified by examining tissue-scale photosynthetic responses (i.e., photosynthetic apparatus efficiency and capacity). Photoacclimation was also assessed by examining the evolution of the photosynthetic and physiological adjustments after 25 days of light exposure via measurements of photosynthetic apparatus efficiency and capacity, pigment content, and shoot-scale primary production. Based on the observations of Bertelli and Unsworth (2018), shoots metabolism should have reached a new stable state by that time. Compared to physiological responses, the photosynthetic apparatus should respond first, after only a few days of light exposure (Collier et al., 2012; Bertelli and Unsworth, 2018). These rapid adjustments are expected to occur with light decrease until PAR intensity becomes too low to support photosynthetic activity and maintain carbon balance. We hypothesized that photoacclimation would occur as soon as PAR becomes limiting to optimize photon absorption and electron transport, thus maintaining photosynthetic rates. This should be achieved through increased chlorophyll concentration and absorptance, increased photon use, and lower saturating light intensity.



MATERIALS AND METHODS


Sample Collection

Whole eelgrass shoots were collected on the intertidal eelgrass meadow in East Rimouski, Quebec, Canada (48°27′42.24″N 68°31′25.92″O) on July 8, 2020, and placed in a cooler with seawater for transport to the Pointe-au-Père research station located a few kilometers away. The next day, shoots with their root system and surrounding sediments were transplanted into individual plastic cores (5 cm deep, 2.5 cm diameter). Transplanted shoots were approximately 20 cm in height, had intact roots, and three rhizome internodes. Prior to the experiment, shoots were placed in experimental tanks four days for acclimation, with a 14:10 photoperiod (light:dark, h) and under 860 μmol photon m–2 s–1, which corresponds to the mean light intensity measured over a tide cycle during daytime in the same meadow in summer 2020 (Léger-Daigle, unpublished results).



Experimental Design and System

Seven PAR treatments (6, 36, 74, 133, 355, 503, and 860 μmol m–2 s–1) were used to test for eelgrass light adjustment and acclimation responses. This range of light intensities was established to achieve a high resolution of the photoacclimation response in the lower irradiances. Most of the light intensities were chosen for their ecological significance. For instance, 36 and 133 μmol photons m–2 s–1 are close to the light compensation point for growth and the maximum specific growth rate of Z. marina, respectively (Olesen and Sand-Jensen, 1993). Furthermore, the 6 and 860 μmol photons m–2 s–1 treatments correspond to the mean PAR intensity measured, respectively, under the seasonal sea ice cover in winter (Horner and Schrader, 1982) and during daytime in summer in Rimouski. The latter light treatment, therefore, acts as a control treatment. The other three light intensities (i.e., 74, 355, and 503 μmol photons m–2 s–1) were selected to achieve exponential increments throughout the studied range.

The experiment was carried out in a flow-through system in two separate tanks, in which the PAR treatments were randomly assigned (Figure 1). For each PAR treatment, nine shoots were randomly and evenly distributed in three transparent independent containers (three individual plastic cores per container). The shoots served as units of replication, although shoots from the same containers were considered pseudo-replicates and accounted for in the statistical treatment. The containers were continuously and directly supplied with sand-filtered seawater pumped a few kilometers offshore of the research station. Water temperature remained constant at 11 ± 0.01°C. Lighting was ensured by LED growth lights mimicking the sunlight emission spectrum (model GHBH-640W–120V, RayonLed, Montreal, CA, United States). Light intensity was attenuated with gray filters (LEE Filters, Burbank, CA, United States) to reach the targeted PAR, without changing spectral quality. Filters were suspended above the three containers of each treatment. The natural daylight hours of that time of year, a 14:10 photoperiod (light:dark, h), were recreated by an autonomous timer.
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FIGURE 1. Schematic representation of the experimental system and sampling design. (A) Experimental flowthrough system with the two tanks in which were randomly assigned the seven light intensity treatments (numbers in μmol photons m–2 s–1), to which nine shoots (●: sediment core with a single shoot) were exposed while distributed in three transparent plastic containers. (B) Sampling timeline for rapid adjustments and photoacclimation assessment. Numbers in parenthesis refer to the part of the shoot used for measurements. 1: second leaf, 5 cm above the sheath; 2: green mature leaf fragment; 3: whole shoot. For every variable, n = 9 shoots per treatment, except for primary production where n = 6 shoots per treatment.


Eelgrass shoots were kept in the containers for 25 days, during which epiphytes were manually cleaned off the leaves twice a week. Rapid photosynthetic adjustments were assessed after five days of exposure for each light treatment. Photosynthetic responses were measured again at the end of the experiment (on day 25) to compare these responses to those of day 5 (rapid adjustments) and assess photoacclimation (Figure 1). Physiological responses were also measured on day 25 to appreciate acclimation responses to the different light treatments. Finally, leaf surface (cm2) was measured with ImageJ software (Rasband, 2019).



Photosynthetic Measurements

The photophysiological responses of eelgrass were determined by non-invasive PAM fluorometry with a Diving PAM-II (Heinz Walz GmbH, Effeltrich, Germany). Rapid Light Curves (RLCs) were used to assess photosynthesis (White and Critchley, 1999; Ralph and Gademann, 2005). Particularly, fluorescence is measured through a range of PAR intensity and allows calculation of quantum yields (maximum: Fv/Fm; and effective: YII), ETR, and quenching coefficients (photochemical: qP; and non-photochemical: NPQ) for each actinic light step. RLCs usually exhibit three regions from which photosynthetic parameters can be estimated: (i) in the light-limited region of the RLC, the initial slope of the ETR-PAR relationship (alpha, α) is used as a proxy for photosynthetic efficiency (Schreiber, 2004). (ii) As PAR intensity increases, the onset of light saturation (Ek) is reached, the ETC saturates and the ETR reaches a plateau (ETRmax) which serves as a proxy for photosynthetic capacity (Schreiber, 2004). Mathematically, Ek corresponds to the intersection of alpha and ETRmax. Physiologically, Ek is the light intensity where neither photochemical reactions (qP) nor heat dissipation (NPQ) dominates fluorescence quenching (Henley, 1993). (iii) In the high end of the PAR range of the RLC, a drop of the ETR can occur, indicating photoinhibition (Henley, 1993).

Rapid Light Curves (RLCs) were carried out on each shoot, on the second leaf, approximately 5 cm above the top of the sheath (Beer et al., 2001), after five and 25 days of light exposure, and around midday every time. The RLCs consisted of 10 actinic light steps (38, 68, 98, 137, 190, 288, 432, 637, 954, and 1246 μmol photons m–2 s–1) lasting 10 s each. Leaves were shaded with the leaf clip no more than 10 s before the start of the RLC (Ralph and Gademann, 2005). The PAM calculates the ETR using the equation of Beer et al. (2001):
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where YII is the effective quantum yield of photosystem II, PAR corresponds to the actinic light intensity generated by the PAM, AF refers to the absorption factor, and 0.5 refers to the even distribution of photons between PSII and PSI (Beer et al., 2001). The YII is automatically calculated based on fluorescence ratios, according to Genty et al. (1989). The AF was set at 0.44, corresponding to the mean fraction of absorbed light for eelgrass (Beer et al., 1998). This AF value of 0.44 was established for populations from higher latitudes (66°N) and is, therefore, not entirely appropriate for our study. It was, however, used in this study to compare results between the beginning and the end of the experiment, and with other studies. This default AF was later replaced by other absorption factors, which were determined spectrophotometrically (see section “Light absorption”) for more accurate calculations of ETRs.

The ETR values were then fitted against the PAR steps to the double exponential decay function described in Platt et al. (1980) to extract the photosynthetic parameters alpha, Ek, and ETRmax. This was performed with the software R (R Core Team, version 4.1.1) using the fitPGH function and a Port regression algorithm (fitmethod) in the Phytotools package (Silsbe and Malkin, 2015). RLCs with no saturation of the electron transport, even at the highest actinic light, were omitted from the analysis since they reflected underlying technical problems.



Physiological Measurements


Pigment Composition

At the end of the experiment, the second leaf of every single shoot was collected and stored at −80°C for pigment analysis. Leaves were ground using a mortar and pestle in 100% acetone on ice and under green light. Photosynthetic and accessory pigments were extracted in 10 ml acetone for 20 h. Upon extraction, chla, chlb, and total carotenoids were quantified spectrophotometrically by measuring absorbance at 470, 645, and 662 nm using a Genesys 10UV Scanning (Thermo Electro Corporation, Madison, WI, United States). Pigment concentrations were calculated using Lichtenthaler (1987) equations and standardized to leaf fresh weight (FW).



Light Absorption

Since ETR is estimated based on the absorbed PAR, the method for quantifying the fraction of absorbed light can significantly influence the measured photosynthetic rates (Runcie and Durako, 2004). According to Ralph et al. (2007), leaf absorptance should be corrected for light absorption by non-photosynthetic components of photosynthetic tissues. However, the Absorption Factor (AF) used for ETR calculations (Equation 1) is often estimated in a way that makes it impossible to differentiate non-photosynthetic from photosynthetic light absorption (Durako, 2007). Furthermore, the relationship between pigment content and light absorption makes it inadequate to use a single absorption factor for photoacclimation studies (Manassa et al., 2017).

Light absorption was determined using a Lambda850 spectrophotometer (PerkinElmer, Waltham, MA, United States) equipped with a 150 mm integrating sphere. Absorptance measurements were performed on samples collected at the end of the experiment and on any green and mature leaf remaining after pigment analysis. Leaf fragments were suspended at the center of the integrating sphere with a clip-style sample holder (Labsphere Inc., North Sutton, NH, United States) (Moss and Loomis, 1952; Boss et al., 2018). The reflectance ports of the sphere were closed with a white Spectralon reflectance standard, and the beam was angled by 85°. This configuration represents an optimal geometry of absorbance measurement by ensuring the detection of nearly all photons scattered by the leaf. To our knowledge, this technique has never been used for Zostera marina leaf absorptance. The spectral absorbance (Dλ) was converted into leaf spectral absorptance (Aλ) as
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Leaf AF was calculated as the spectral average of Aλ between 400 and 700 nm. We distinguished the total absorption factor from the absorption factor due to the photosynthetic components of the leaf. Therefore, AFtotal represents the fraction of absorbed light by the leaf’s photosynthetic and non-photosynthetic components. The measured absorptance was corrected for non-photosynthetic light absorption by subtracting the absorptance in the near infrared (at 750 nm), assumed to be non-photosynthetic (Rühle and Wild, 1979; Cummings and Zimmerman, 2003; Durako, 2007). Photosynthetic absorptance (APλ) was, thus, obtained with the following correction:
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where A750 is the total leaf absorptance at 750 nm. Leaf photosynthetic absorptance (AFphoto) was calculated as the spectral average of APλ between 400 and 700 nm. The estimated AFtotal and AFphoto were used for the correction of photosynthetic rates (ETRmax) a posteriori.



Primary Production and Respiration

Net primary production (NPP) and respiration (R) were assessed at the end of the experiment by measuring the variation of O2 concentration during light and dark incubations, respectively, using a non-invasive oxygen meter Fibox4 (PreSens, Regensburg, Germany) (Noisette et al., 2013). Each shoot was gently cleaned of epiphytes and sediments and individually incubated in 0.2 μm filtered seawater in a 300 ml sealed glass bottle. Each incubation lasted 3 h, during which four measurements were made 20 min apart in the dark and then under the respective light treatment. Bottles were gently shaken every 10 min. Incubations were run in a water bath to keep the temperature close to 11°C. Net and gross primary production (GPP) and respiration rates were calculated using the following equations:
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where αlight and αdark are the slopes of the oxygen concentration variation along time (μmol O2 L–1 h–1), respectively for the light and dark incubations, and vol is the volume of the glass bottles (L). GPP and NPP were standardized to photosynthetic leaf surface (only the green parts of the leaves in cm2), whereas respiration was standardized to the total leaf surface. Leaf surfaces represent only one side of the leaves. Rates are expressed as μmol O2 cm–2 h–1.




Statistical Analyses

Relationships between photosynthetic and physiological parameters against light treatment were modeled by fitting hierarchical generalized additive models (HGAM) (Pedersen et al., 2019). The maximum of basis functions was set to k = 7, since light intensity, the principal predictor, had seven levels (even though it was treated as a continuous variable). The identity of the containers in which shoots were kept during the experiment was included as a random factor to account for any undesired added variance among containers.

For photosynthetic parameters analysis, HGAMs were structured with date-specific smoothers to account for the additional temporal aspect of the data (day 5 and day 25). This allowed appreciating the evolution of the functional response between the beginning (rapid adjustment responses) and the end (acclimation responses) of the experiment. Shoot id was also included in the model as a random variable. HGAM for analysis of the corrected ETRmax was structured in the same way, only with the method for absorptance estimation (default AF of 0.44, spectrophotometrically measured AFtotal and AFPhoto) as a grouping factor.

Gross primary production measured at the shoot scale was fitted to an HGAM model rather than a classic photosynthesis-irradiance (PI) curve. A PI curve usually follows the photosynthetic rate of an individual throughout a range of increasing light intensities (Falkowski and Raven, 2007). Here, the curve is shaped by multiple individuals, all of which are acclimated to their respective light environments (x-axis). Therefore, the physiological mechanisms behind the observed response are not the same as with a classic PI curve.

Graphical analysis of the models sometimes suggested thresholds. In these cases, T-tests were carried out to confirm the presence of such a threshold in the response of a variable among light treatments. This was done for both alpha and Ek on day 5, between 133 and 355 μmol photons m–2 s–1. Data were tested for normality and homoscedasticity with the Shapiro and Fligner tests, respectively, and using light treatment as a factor. Statistical analyses were carried out with R (R Core Team, version 4.1.1).




RESULTS


Rapid Photosynthetic Adjustments


Photosynthetic Efficiency and Capacity

Five days after the beginning of the light exposure, photosynthetic efficiency, estimated with alpha, varied significantly with irradiance exposure (p < 0.001, Table 1) and followed a non-linear trend. Eelgrass shoots from the 74 μmol photons m–2 s–1 treatment showed the most efficient electron transport at a low light intensity, as indicated by the peak of alpha at 0.173 (Figure 2A). Above and below this irradiance, alpha decreased strongly. The ETRmax increased linearly with the increase of irradiance exposure (p < 0.001, Figure 2B), ranging from 24.6 to 62.7 μmol electrons m–2 s–1 at 6 and 860 μmol photons m–2 s–1, respectively. On day 5, the onset of light saturation (Ek) increased significantly with light treatment (p < 0.001; Figure 2C).


TABLE 1. Output of the hierarchical generalized additive models (HGAM) analyses.
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FIGURE 2. Photosynthetic parameters derived from Rapid Light Curves (RLCs) after 5 (red) and 25 (blue) days of light exposure. Dotted values are mean ± SE (n = 5–9 shoots) for each light treatment. Lines correspond to the values fitted by hierarchical generalized additive models (HGAM) with a 95% CI. (A) Alpha (initial slope of the RLC), (B) maximum electron transport rate (ETRmax, μmol electrons m–2 s–1), and (C) onset of light saturation (Ek, μmol photons m–2 s–1).


As shown by the patterns depicted by the models for the three photosynthetic parameters, functional responses reached a threshold of around 200 μmol photons m–2 s–1 after five days of experimenting. Alpha and Ek were significantly different under 133 μmol photons m–2 s–1 compared to 355 μmol photons m–2 s–1 (T-test, p = 0.005 and 0.023, respectively). Both parameters did not vary significantly above 355 μmol photons m–2 s–1. Furthermore, Ek did not change with light treatment beneath 133 μmol photons m–2 s–1, with mean values close to 200 μmol photons m–2 s–1.




Photoacclimation


Photosynthetic Apparatus Comparison Between Day 5 and Day 25

The relationship between alpha and light treatment changed significantly between day 5 and day 25 (p < 0.001, Table 1 and Figure 2A), leading at the end to a consistent alpha among all the light treatments (p = 0.187, HGAM). As of 355 μmol photons m–2 s–1 and above, alpha significantly increased between day 5 and day 25 based on the non-overlapping confidence intervals (Crawley, 2013). The increase in ETRmax with light treatments was similar on day 5 and day 25 (p = 0.302), as supported by the overlapping confidence intervals. Conversely, Ek increased differently with light treatment on day 5 and day 25 (p < 0.001, Table 1), showing a greater slope at day 5 compared to day 25. The CIs for the two dates cease to overlap as of 355 μmol photons m–2 s–1 and beyond.



Pigments and Light Absorption

After 25 days of light exposure, chlorophyll contents in the eelgrass leaves decreased with increasing irradiance (p < 0.001 for both chla and chlb, Table 1). Chla and chlb contents were over two times higher in the four lower light treatments (133 μmol photons m–2 s–1 and beneath) than at 860 μmol photons m–2 s–1 (Figure 3A). Total carotenoids followed a similar trend, although the relationship was less pronounced (p = 0.002, Table 1).
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FIGURE 3. Pigment content and absorptance of eelgrass leaves for each light treatment at the end of the experiment. (A) Chla (green circles), chlb (green x), and total carotenoids (orange) contents (mg pigment g–1 FW). (B) Total absorption factor (AFtotal, black) and photosynthetic absorption factor (AFphoto, purple). Dotted values are mean ± SE (n = 8–9 shoots). Lines represent the fitted values from HGAM models with a 95% CI.


The light harvesting efficiency (AFtotal) of eelgrass leaves was minimal in the mid-range irradiances (p = 0.032, Table 1 and Figure 3B). AFtotal ranged from 0.47 in the 503 μmol photons m–2 s–1 treatment to 0.59 and 0.58 under 6 and 860 μmol photons m–2 s–1, respectively. Photosynthetic absorptance (AFphoto, p = 0.413, Table 1) did not change with light treatment. By the end of the experiment, eelgrass shoots captured on average 55% (AFtotal = 0.55 ± 0.02 SE) of incident light while only 18% (AFphoto = 0.18 ± 0.01 SE) of incident photons were trapped by the photosynthetic apparatus.



Correcting Electron Transport Rates for Photosynthetic Light Absorption

Correction of the electron transport rates, by replacing the default AF value of 0.44 in the ETR equation with the measured AFtotal (refer to section “Light Absorption”), significantly affected the relationship between ETRmax and light treatment by increasing its intercept rather than the overall trend (p < 0.001, Figure 4). Further correction of the photosynthetic rates with the AFphoto led to a stronger change of the relationship (p < 0.001), yielding to ETRmax values 67% lower than the rates calculated with the default AF (Figure 4). ETRmax increased significantly with increasing irradiance, regardless of the method for absorptance estimation (HGAM model, Table 1, p < 0.001 with default AF, AFtotal, and AFphoto).


[image: image]

FIGURE 4. Maximum electron transport rates (ETRmax, μmol electrons m–2 s–1) for each light treatment at the end of the experiment. Dotted values are mean ± SE (n = 5–9 shoots) uncorrected ETRmax (red, with default AF of 0.44) and rates corrected with the measured AFtotal and AFphoto (blue and yellow, respectively). Lines represent the fitted values from HGAM models with a 95% CI.




Shoot-Scale Primary Production

Gross primary production rates increased from 0.56 μmol O2 cm–2 h–1 in the lowest light treatment up to a peak of 2.04 μmol O2 cm–2 h–1 at 355 μmol photons m–2 s–1 (Figure 5). NPP rates increased from 0.29 to 1.0 μmol O2 cm–2 h–1, from the 6 to the 74 μmol photons m–2 s–1 treatments. Above that irradiance level, NPP reached a plateau (Figure 5). Dark respiration (R) rates in the 355 and 860 μmol photons m–2 s–1 treatments averaged −0.55 ± 0.08 SE and −0.53 ± 0.03 SE μmol O2 cm–2 h–1, respectively, whereas the other light treatments yielded an overall mean respiration rate of −0.28 ± 0.02 SE μmol O2 cm–2 h–1.
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FIGURE 5. Net primary production (NPP) and gross primary production (GPP) standardized by photosynthetic leaf surface (μmol O2 h–1 cm–2) of whole eelgrass shoots from each light treatment at the end of the experiment. Dotted values are mean ± SE (n = 5–6 shoots). NPP at 0 μmol photons m–2 s–1 (red circle) is the mean respiration rate measured throughout the range of light treatments (n = 41). Lines represent the fitted values from HGAM models with a 95% CI.


An MQR for our light acclimated eelgrass shoots was estimated from the NPP-irradiance HGAM model considering a mean respiration rate of 0.35 ± 0.02 SE μmol O2 cm–2 h–1 for a light intensity of 0 μmol photons m–2 s–1. This MQR was estimated to occur at 13.7 μmol photons m–2 s–1, the irradiance at which photosynthesis (GPP) would equal respiration (NPP = 0).





DISCUSSION

This experimental study assessed the capacity of Z. marina shoots to adjust and acclimate to light through a broad range of irradiances from 6 to 860 μmol photons m–2 s–1. Short-term photosynthetic adjustments measured after five days of exposure and photoacclimation processes after 25 days were observed in response to light attenuation. Rapid adjustments of the photosynthetic apparatus after five days revealed a light intensity threshold between 133 and 355 μmol photons m–2 s–1 at which photosynthetic parameters started to change compared to the higher light treatments. Furthermore, photoacclimation revealed a second threshold around 74 μmol photons m–2 s–1 at which photoacclimation mechanisms were optimal (Figure 6) and below which photosynthesis and primary production were impeded.
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FIGURE 6. Photoacclimation responses of eelgrass shoots to low and high light, observed after 25 days of light exposure. The limit between low and high light was drawn at 200 μmol photons m–2 s–1, based on Ek measurements. The low-light acclimation response illustrated here only sums up the observations made for the 74 and the 133 μmol photons m–2 s–1 treatments, which are irradiances for which photoacclimation was sufficient to prevent any shoot decay. The figure shows the highest photosynthetic capacity (ETRmax) and the onset of light saturation (Ek) of the high-light acclimated shoots compared to the low-light acclimated ones, suggesting a more efficient electron transport chain. Photosynthetic efficiency (alpha) was similar in both light conditions. Higher pigment contents in low-light acclimated shoots are illustrated by an increased number of thylakoids inside the chloroplasts. Light absorption, represented by the wavy yellow arrows, was constant amongst light conditions. Low-light acclimated shoots had lower primary production (GPP), and presumably a lower Calvin cycle activity than high-light acclimated ones.



Rapid Photosynthetic Adjustments

Rapid responses of the photosynthetic apparatus already occurred after five days of exposure to new light conditions, as previously demonstrated by other studies (Collier et al., 2012; Bertelli and Unsworth, 2018). Globally, the photosynthetic capacity (ETRmax) increased linearly with increasing light treatment, hence leading to the increase of the saturation irradiance (Ek), as reported in previous studies (Ralph and Gademann, 2005; Ochieng et al., 2010; Bertelli and Unsworth, 2018) and is a direct consequence of the light limitation of the electron transport chain (ETC). The peak of photosynthetic efficiency (alpha) reached under 74 μmol photons m–2 s–1, and its plateau above 355 μmol photons m–2 s–1 suggests that electron transport was most efficient at 74 μmol photons m–2 s–1. From 133 μmol photons m–2 s–1 and below, Ek had stabilized around 200 μmol photons m–2 s–1, which is higher than the treatment intensity. These changes illustrate the optimization of electron input into the ETC when incident PAR intensity decreases. Above 355 μmol photons m–2 s–1, alpha stabilized, implying that these light intensities did not necessitate any photosynthetic adjustments from the shoots, probably because they were closer to the natural PAR intensities to which the shoots were acclimated in situ at the time of collection (mean irradiance of ca. 860 μmol m–2 s–1 during daylight hours in July). Photosynthetic adjustments occurred below 355 μmol photons m–2 s–1, as evidenced by the increased photosynthetic efficiency (alpha). The irradiance of their implementation is, therefore, somewhere between 133 and 355 μmol photons m–2 s–1.

Despite adjustments of alpha, processes on the acceptor side of PSII caused a limitation of ETRmax in low-light treatments. Indeed, a rate-limiting step in the ETC or a slow Rubisco activity associated with low-light conditions can lower the maximum rate of electron transport by slowing down the turnover rate (or reoxidation) of PSII (Sukenik et al., 1987; Han, 2001; Behrenfeld et al., 2004). Our results suggest photosystem turnover was much slower in shoots from the 133 μmol m–2 s–1 light treatment and beneath than the higher treatments. This is supported by the sharp increase of the fluorescence signal (F) in these lower irradiances (Ralph and Gademann, 2005), as revealed by the fluorescence kinetics obtained during RLCs (Supplementary Figure 1). This increasingly limited capacity of the ETC, accompanied by an increase of alpha, leads to its quicker saturation (Ek). This dynamic between the three photosynthetic parameters amongst themselves and with light intensity is a characteristic response of the photosynthetic apparatus to highly fluctuating irradiances (Behrenfeld et al., 2004). This potential for such rapid photosynthetic adjustments enables eelgrass to achieve efficient photosynthesis in the highly variable light conditions of the intertidal zone (Anthony et al., 2004; Manassa et al., 2017; Bertelli and Unsworth, 2018).



Photoacclimation

After 25 days of light exposure, the photosynthetic responses differed partly from those observed after five days. In the three highest light treatments (355, 503, and 860 μmol m–2 s–1), alpha increased between the beginning and the end of the experiment, leading the shoots to exhibit similar efficiencies regardless of the treatment. However, their ETRmax did not change between days 5 and 25. These shoots showed a decrease in their Ek since an increase of alpha unaccompanied by a change of ETRmax inevitably leads to a decrease of Ek. In the lower light treatments (133 μmol m–2 s–1 and beneath), shoots exhibited little to no change of their photosynthetic parameters between the beginning and the end of the experiment. Accordingly, Bertelli and Unsworth (2018) reported a quick (after five days) and then stable photosynthetic response for similar low light intensities (from 3 to 155 μmol m–2 s–1).

Photosynthetic responses shifted between 133 and 355 μmol photons m–2 s–1, supporting the observations made on day 5. The change of the photosynthetic parameters with time in the three above-mentioned highest light treatments and the Ek plateau around 200 μmol photons m–2 s–1 suggest that this specific irradiance level draws the line between limiting and non-limiting irradiances. It is indeed the lowest light intensity needed to saturate the ETC, even after acclimation of the shoots. It was used hereafter to distinguish low-light (i.e., limiting or non-saturating) from high-light (i.e., saturating) treatments. Schwarz (2004) reported a similar saturating light intensity for subtropical intertidal and subtidal shoots of Zostera capricorni, with Ek ranging from 195 to 242 μmol photons m–2 s–1. Furthermore, Ik values (the equivalent of Ek, only obtained from PI curves instead of RLCs) ranging from 198 to 220 μmol photons m–2 s–1 were reported by Goodman et al. (1995) for subtropical Z. marina regardless of their experimental light exposure.

In high-light treatments, as alpha increased between days 5 and 25, plants likely became better acclimated to low PAR intensities. In other words, these shoots developed a more efficient use of photons when light is scarce, but not when it is saturating (i.e., their respective light treatments). Effective quantum yield (YII) at the light treatment intensity did not change either (Supplementary Figure 2) while it increased from day 5 to day 25 in the low end of the PAR range of the RLCs. This enhanced efficiency under low PAR for high-light acclimated shoots is likely a secondary effect of a structural change in the ETC such as the size or redox state of the plastoquinone pool, PSII:PSI ratio, or trans-thylakoid pH variations (Wilson and Huner, 2000; Yang et al., 2017). The Ek measured in plants from high-light treatments dropped by more than 100 μmol m–2 s–1 between day 5 and 25 which resulted in plants being exposed to irradiances higher than their saturating irradiances. In addition, these shoots exhibited important non-photochemical quenching (NPQ, Supplementary Figure 3) due to greater heat dissipation when the ETC is saturated (Falkowski and Raven, 2007). This important heat dissipation in shoots with a constantly supersaturated ETC may have prevented cellular damage related to oxygen build-up and reactive oxygen species (ROS) formation (Badger, 1985; Ralph et al., 2002).

As for low-light (6–133 μmol m–2 s–1) acclimated shoots, photosynthetic parameters remained the same as on day 5, with high alpha and low ETRmax and Ek compared to the high-light treatments. Ek remained similar after 25 days of low-light exposure, implying that the ETC still would not saturate with less than 200 μmol photons m–2 s–1, which is well above the irradiances of the low-light treatments. These findings suggest that photoacclimatory mechanisms were already fully set as of day 5, probably underpinned by the rapid regulation of genes involved in photosynthesis a couple of days after exposure to severe light attenuation (Davey et al., 2018). The NPQ kinetics (Supplementary Figure 3) suggests the preservation of photoprotection mechanisms throughout the range of light tested. The NPQ of low-light acclimated shoots saturated more quickly than in the high-light acclimated shoots, indicating efficient dissipation of excess energy as soon as ETC saturates. Similar NPQ plateaus regardless of the light treatment suggest that maximal photoprotective ability was comparable among treatments, even though it was reached at lower light intensities for low-light acclimated shoots. This can be attributed to the naturally important xanthophyll pool found in plants from highly variable light environments (Demmig-Adams et al., 1999) such as intertidal meadows. These observations differ from those reported by Ralph and Gademann (2005), where low-light (50 μmol m–2 s–1) acclimated eelgrass shoots had a reduced ability for excess energy dissipation compared to high-light (300 μmol m–2 s–1) acclimated ones for a similar exposure duration.

Overall, pigment content decreased with increasing light intensity, chla and chlb, showing greater variations than carotenoids. This relationship between chla and b content and light is consistent with previous studies (Cummings and Zimmerman, 2003; Silva et al., 2013; Bertelli and Unsworth, 2018). The subtle change in carotenoid contents with light intensity can be related to the preservation of heat dissipation mechanisms, as mentioned above, and/or to an optimization of light harvesting in low-light environments (Silva et al., 2013; Davey et al., 2018). Changes in pigment contents are often considered as photoacclimatory mechanisms enabling better light absorption (Ralph et al., 2007; Schubert et al., 2018). However, the adaptation of seagrasses to the aquatic life, consisting of concentrating the chloroplasts in the leaf epidermis to optimize inorganic carbon acquisition (Hemminga and Duarte, 2000; Enríquez, 2005), leads to a strong package effect (Cummings and Zimmerman, 2003; Enríquez, 2005; Durako, 2007). This phenomenon is caused by self-shading of overlapping pigments (Cummings and Zimmerman, 2003) and results in a non-linear relationship between pigment content and light absorption (or absorptance), overriding the influence of pigment content on leaf optical properties. The occurrence of a strong package effect was supported in our study by an almost three-fold increase in chla content in low-light treatments without any significant increase in absorptance (Figure 6).

Leaf absorptance was influenced by the strong natural variability of its optical properties and therefore not considered as a relevant proxy of eelgrass photoacclimatory response. For instance, leaf absorptance can vary substantially within and among shoots and with the physiological state of the photosynthetic tissues (Vähätalo et al., 1998; Enríquez, 2005; Durako, 2007). As previously shown, the photosynthetic capacity increased with PAR intensity, regardless of the absorptance coefficient used. Thus, the choice of absorptance coefficient does not affect the observed functional response of photosynthetic tissues to light intensity. However, the use of absorptance coefficients that are not corrected for non-photosynthetic light absorption (default AF and AFtotal) leads to an important overestimation of photosynthetic rates (Runcie and Durako, 2004). ETRs should always be estimated using photosynthetic absorptance (AFphoto), especially if those rates are to be compared or linked to other quantitative photosynthetic or physiological parameters. Furthermore, from the lack of relationship between pigment content and leaf absorptance, we can infer that a change in pigment content with time (as an acclimation mechanism) did not affect absorptance. Thus, leaf absorptance probably remained the same throughout the experiment, which makes the comparison of photosynthetic parameters between days 5 and 25 valid even though absorptance was only measured at the end.

Net primary production and GPP rates measured at the shoot scale increased with an irradiance of up to 74 and 355 μmol photons m–2 s–1, respectively. The peak of GPP at 355 μmol photons m–2 s–1 suggests that this light intensity at which the highest rates of photosynthesis occur is the light optimum for acclimated eelgrass shoots. Beneath this irradiance (or most likely beneath 200 μmol m–2 s–1), primary production is limited by light availability. On the other hand, the NPP plateau reached 74 μmol photons m–2 s–1, well beneath the light optimum suggested by GPP, which can be attributed to higher dark respiration rates at 355 μmol photons m–2 s–1, affecting the overall shape of the HGAM model. Rates of primary production were over two times higher than those reported by Beer et al. (1998) and Dennison and Alberte (1985, 1986) for acclimated shoots and similar light intensities. This discrepancy can be partly explained by the standardization of oxygen fluxes by leaf surface while the whole shoot (below-ground tissues included) was incubated. Standardization by total dry weight would have been more convenient but was precluded by the destructive nature of pigment and absorptance analyses. However, the NPP plateau is close to the light saturation point of 100 μmol photons m–2 s–1 for Z. marina, defined by Dennison and Alberte (1982, 1985), although this value was estimated through PI curves. The plateau of GPP above 355 μmol photons m–2 s–1 while electron transport keeps increasing may be explained by an increase in photorespiration (Beer et al., 1998) to counteract oxygen build-up and prevent photodamage (Kozaki and Takeba, 1996). The different saturating intensities for NPP and GPP can be explained by the dark respiration rates, which were two times higher in the 355 and 860 μmol photons m–2 s–1 treatments.

The Minimum Quantum Requirements of 13.7 μmol photons m–2 s–1, derived from predicted values of the HGAM model, was inside the range of values for compensation points (10–25 μmol photons m–2 s–1) found by Dennison and Alberte (1982, 1985), although these values were, again, obtained from classic PI curves. The MQR of 13.7 μmol photons m−2 s−1 (0.69 mol m−2 d−1 according to our experimental setup) is much lower than the average light intensity (4.91 mol m−2 d−1) at the minimum depth limit of a New Zealand Z. muelleri population, as measured by Bulmer et al. (2016) at the minimum depth limit for a New Zealand Zostera muelleri population. This difference between the two studies may be related to species-specific responses to light changes (Touchette and Burkholder, 2000). Our lowest light treatment, a light intensity of 6 μmol m–2 s–1, would be too low to support primary production. Hence, the impaired photosynthetic efficiency (alpha) and the poor photosynthetic capacity (ETRmax) measured at 6 μmol photons m–2 s–1 support the hypothesis for deterioration of the photosynthetic apparatus. NPP, however, was positive at this irradiance, although close to zero. These shoots might have survived off their carbohydrate reserves (rhizomes) for the experiment duration (Olesen and Sand-Jensen, 1993; Ralph et al., 2007; Silva et al., 2013). A longer experiment would have confirmed if 6 μmol photons m–2 s–1 were insufficient to support basic metabolism, in which case shoot mortality would have been observed once starch reserves depleted.

The findings brought up by this study could be helpful in the context of conservation and restoration of cold temperate Z. marina meadows. We identified multiple light thresholds with different ecological and physiological significance. For instance, the lowest PAR intensity at which eelgrass exhibited a positive NPP, identified as the MQR, was around 13.7 μmol m–2 s–1. However, the maximum NPP was reached around 74 μmol m–2 s–1 through the implementation of photoacclimation mechanisms. Z. marina should further thrive under irradiances around 200 μmol m–2 s–1 since this PAR intensity was considered as saturating and, thus, did not limit photosynthesis and should allow the build-up of carbohydrate reserves. Similar conclusions were drawn by Thom et al. (2008), reporting minimum requirements of 3 mol photons m–2 day–1 for long-term survival and of 7 mol m–2 day–1 for light-saturated growth for a northeastern Pacific eelgrass population from similar latitude. These numbers draw near to our light thresholds of 74 μmol m–2 s–1 (3.7 mol m–2 day–1) and 200 μmol m–2 s–1 (10.1 mol m–2 day–1), respectively. The light thresholds identified in our study are, in our opinion, more accurate than the information usually obtained from classic PI curves. Furthermore, using production rates from acclimated shoots provide insights into the photoacclimatory potential of this species or population, whereas PI curves rather reflect acclimation to one specific light intensity. Therefore, the MQR of 13.7 μmol photons m–2 s–1 and the saturating irradiance of 200 μmol m–2 s–1 are more useful in a context of conservation than the usual compensation (Ic) and saturation (Isat) points derived from PI curves. However, the light intensities used in our study did not mimic natural light regimes, which are governed by photoperiod, tides, and water column light attenuation variability. Thus, the thresholds identified here must be seen as averages instead of integrated light intensities (mol photons m–2 day–1). An experimental setup with light treatments recreating natural photoperiods would have allowed calculating representative daily PAR intensities. Nonetheless, our results give valuable insights into the photoacclimatory ability of Z. marina and highlight key compensatory mechanisms encompassing different biological scales and allowing them to thrive in very fluctuating light environments.



Ecological Implications and Concluding Remarks

Our study demonstrated the ability of the Zostera marina to maintain its photosynthetic rates throughout an extensive range of irradiances through a quick response of its photosynthetic apparatus to changing light intensity. Under experimental conditions, these adjustments were only observed beneath 200 μmol photons m–2 s–1, which was here identified as the threshold between limiting and saturating irradiances. After five days of light exposure, shoots from light-limited treatments had already implemented photoacclimatory mechanisms through increased photosynthetic efficiency and lower photosynthetic capacity. Shoots exposed to non-limiting irradiances exhibited a slower acclimation. Primary production rates measured after 25 days of light exposure resulted from underlying changes at cellular and subcellular scales. In high-light acclimated shoots, light intensity exceeded what was needed for ETC saturation (Ek), which likely underpinned photoprotective mechanisms (photorespiration and heat dissipation through NPQ). Once light became limiting (as of 200 μmol m–2 s–1 and beneath), photoacclimation allowed shoots to maintain photosynthetic rates and carbon balance, as illustrated by the NPP plateau from 74 μmol photons m–2 s–1 and above. Beneath this light intensity, primary production was not maximal, because limited by light availability but still positive. The apparent optimization of photosynthetic efficiency, regardless of the light treatment, as evidenced by alpha on day 25, supports the ability of eelgrass to acclimate to a wide range of light intensities. Severe light limitation, i.e., when irradiance falls beneath the MQR of 13.7 μmol photons m–2 s–1, possibly led to a deterioration of the photosynthetic apparatus and consumption of carbohydrate reserves. A reduction of underwater light intensity beneath 13.7 μmol m–2 s–1 for a prolonged period caused, for instance, by drastic eutrophication, intense sustained human activities (e.g., dredging), or by local sea-level rise could have an impact at meadow-scale through shoot density decline, narrower distribution area, or shoaling of the meadow.

The ability to quickly respond to changing light conditions is critical in cold temperate intertidal ecosystems where underwater light intensity can change considerably and rapidly over a tidal cycle with weather conditions and depending on the seasons (Anthony et al., 2004). Shoots have demonstrated a quick response to sudden light limitation and high tolerance to high intensities. Photoacclimation ability is as important as quick adjustments to changing light in the long-term. Indeed, seagrass habitats are expected to change, especially with regard to underwater light conditions, with climate change and human-induced disturbances (Hauxwell et al., 2003; Short et al., 2011). Seagrasses with a high potential for photoacclimation would cope better with these changes.




DATA AVAILABILITY STATEMENT

The raw data supporting the conclusions of this article will be made available by the authors, without undue reservation.



AUTHOR CONTRIBUTIONS

RL-D, FN, CN, and MC devised the work plan for the experiment. RL-D and FN carried out the experiments. RL-D carried out the sample and statistical analyses, with input from FN, MC, and CN. RL-D wrote the first manuscript, which was then improved with editorial inputs from all authors. All authors have read and agreed to the published version of the manuscript.



FUNDING

This study was supported by a FAST research grant (18FARIMA20) from the Canadian Space Agency awarded to SB, MC, and CN, and by a Natural Sciences and Engineering Research Council of Canada (NSERC) Discovery Program grant (RGPIN-2019-05993) awarded to CN.



ACKNOWLEDGMENTS

We would like to thank the fellow students from Bélanger’s, Nozais’, and Noisette’s teams for their input and support at every stage of the project. We are also grateful to Nathalie Morin for her help and expertise at the research station in Pointe-au-Père. We also thank the editor and reviewers for their insightful comments on our manuscript.



SUPPLEMENTARY MATERIAL

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fpls.2022.805065/full#supplementary-material

Supplementary Figure 1 | Maximum (Fm’, dashed lines) and steady-state fluorescence signals (F, solid lines) for each light treatment (μmol photons m–2 s–1) during Rapid Light Curves (RLCs) at the beginning and the end of the experiment (day 5 in red and day 25 in blue). Lines are mean values (n = 5–9) with a 95% CI.

Supplementary Figure 2 | Effective quantum yield (YII) of photosystem II (PSII) (dashed lines) and electron transport rate (ETR, solid lines) for each light treatment (μmol photons m–2 s–1) during RLCs at the beginning and the end of the experiment (day 5 in red and day 25 in blue). Lines are mean values (n = 5–9) with a 95% CI.

Supplementary Figure 3 | Photochemical coefficients (qP, dashed lines) and non-photochemical quenching coefficients (NPQ, solid lines) for each light treatment (μmol photons m–2 s–1) during RLCs at the beginning and the end of the experiment (day 5 in red and day 25 in blue). Lines are mean values (n = 5–9) with a 95% CI.
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The seagrass phyllosphere consists of a dynamic mosaic of physico-chemical microgradients that modulate light harvesting, gas and nutrient exchange between the photosynthetic leaves and the surrounding water-column. The phyllosphere is thus of vital importance for seagrass growth and fitness. However, unfavorable environmental conditions such as water-column hypoxia, increasing temperature and high nutrient inputs that are predicted to increase in frequency and severity in the Anthropocene, can render the leaf microenvironment into a hostile microhabitat that is challenging or even harmful for the plants—especially if leaves are covered by epiphytic biofilms. Here we summarize effects of epiphytic biofilms on seagrass leaves and discuss how they change and affect the biogeochemical processes and chemical conditions in the seagrass phyllosphere. During night-time, water-column hypoxia can lead to anoxic conditions at the leaf/epiphyte interface, reducing diffusive O2 supply and thus O2 availability for plant respiration and transport to below-ground tissues. Furthermore, anoxia in epiphytic biofilms can also enable anaerobic microbial processes that can lead to harmful nitric oxide production via denitrification. Such microenvironmental stress conditions at night-time are exacerbated by increasing temperatures. In the light, the leaf epiphytic biofilm community often results in lower leaf photosynthetic activity and efficiency due to epiphyte-induced shading and a combination of O2 build-up and CO2 reduction in the phyllosphere owing to thicker total diffusional pathways, phyllosphere basification and epiphytic carbon fixation. Furthermore, absorbed light energy in the epiphytic biofilm can also drive an increase in the leaf surface temperature relative to the surrounding seawater potentially aggravating heating events in the surrounding seawater. In combination, all these above-mentioned diurnal effects of epiphytes result in higher compensation photon irradiance of epiphyte-covered leaves and thus higher light requirements of seagrasses.

Keywords: Anthropocene, light, microenvironment, oxygen, pH, photosynthesis, temperature, toxins


INTRODUCTION

Seagrasses are marine angiosperms that have adapted to a life in an aqueous environment rooted in reduced, anoxic sediments by evolving internal gas channels (aerenchyma) enabling low-resistance, intra-plant gas transport to below-ground tissues (Armstrong, 1979; Colmer, 2003), and leaves with primary photosynthetic tissue in the epidermis that lack stomata and bares a thin cuticle (Larkum et al., 2006). Seagrasses are highly productive marine plants that form densely populated meadows, which provide important ecosystem services, such as: (i) increasing the pH and O2 level in the surrounding water-column during daytime with positive effects on calcifying organisms like corals (Greve et al., 2003; Ricart et al., 2021); (ii) providing coastal protection against erosion owing to leaf-induced wave attenuation (Ward et al., 1984; Fonseca and Cahalan, 1992); (iii) offering versatile feeding and nursery grounds especially for juvenile fish (Bertelli and Unsworth, 2014); (iv) absorbing nutrients such as N and P leading to improved water quality (McRoy and Barsdate, 1970; Pernice et al., 2016); (v) efficient sequestration of fixed carbon into the sediment and thus mitigating climate change (Duarte et al., 2005; Fourqurean et al., 2012). Healthy and productive seagrass leaf canopies are thus important for ensuring a good environmental state of marine waters, especially in coastal regions. However, seagrasses are challenged by global climate change and regional anthropogenic stressors encompassing rising seawater temperatures, ocean deoxygenation, and coastal eutrophication that have detrimental effects on plant performance and health (Waycott et al., 2009; Raun and Borum, 2013; Brodersen et al., 2015a,b, 2020a,b; Pedersen et al., 2016; Noisette et al., 2020; Rasmusson et al., 2020; Nguyen et al., 2021).

Increasing temperature can e.g., lead to a negative O2 balance in the seagrass plant, owing to a decreasing net photosynthesis above the plant’s temperature optimum (about 24°C in temperate seagrasses and > 30°C in tropical species). This is due to enzyme capacity limitations and denaturation of proteins involved in photosynthesis, whereas the plant respiration rate continues to increase strongly with increasing temperature (Staehr and Borum, 2011; Pedersen et al., 2016). Ocean deoxygenation can also result in inadequate plant aeration via limited O2 diffusion into the seagrass leaves, which especially affects the below-ground tissue at night-time and can lead to increased mortality owing to sulfide intrusion (Holmer and Bondgaard, 2001; Pedersen et al., 2004; Borum et al., 2005). Coastal eutrophication, leads to algal blooms in the water-column and enhanced epiphyte growth on seagrass leaves (Borum et al., 1984; Borum, 1985; Frankovich and Fourqurean, 1997; Burkholder et al., 2007; Ralph et al., 2007), which shade the leaves during daytime (Brush and Nixon, 2002; Brodersen et al., 2015a). This leads to reduced leaf photosynthesis (Sand-Jensen, 1977; Brodersen et al., 2015a) and increases the water-column and leaf biofilm O2 demand during night-time (Diaz and Rosenberg, 2008; Brodersen et al., 2015a). All of the above-mentioned environmental challenges often act in synergy and thus deteriorate seagrass health. Leaf epiphytic biofilm communities also challenge their seagrass host by generating an extreme leaf microenvironment, especially in the epiphyte micro-understory, leading to carbon limitation and enhanced photorespiration during daytime, and low O2 availability and potentially phytotoxic nitric oxide (NO) production in the leaf microenvironment at night-time (Brodersen et al., 2020a,b; Noisette et al., 2020). Furthermore, leaf infection with the pathogenic marine slime mold-like protist Labyrinthula, also known as wasting disease, have previously shown to cause large scale die-off events of seagrass meadows (Sullivan et al., 2013; Trevathan-Tackett et al., 2018); a disease that is predicted to worsen with global warming and increased precipitation (Sullivan et al., 2018). Seagrasses can alleviate epiphyte colonization via production of zosteric acid (ZA) an effective antifoulant (Newby et al., 2006) that has been shown to reduce bacterial and fungal attachment and formation on surfaces (Villa et al., 2010; Jendresen and Nielsen, 2019). However, although the production of ZA can reduce the initial colonization of leaves with epiphytes, such defense mechanism appears insufficient to avoid overgrowth under coastal eutrophication events. Epifauna can also mitigate the epiphyte pressure on seagrass leaves as they function as grazers in seagrass meadows (Orth and Van Montfrans, 1984; Orth et al., 1984), where this reduction in leaf epiphyte biomass likely positively effects nutrient cycling in the ecosystems via epifaunal nutrient excretion. Last not least, leaf epiphytes have also been shown to be beneficial for seagrasses by enhancing the bioavailable amount of inorganic nitrogen via mineralization of dissolved organic nitrogen accommodated by microorganisms on the leaf surface; thus, enhancing the productivity and growth rate of the hosting seagrass meadows (Tarquinio et al., 2018).

In this mini-review, we focus on the seagrass leaf phyllosphere and how its microenvironment is affected by environmental change in the Anthropocene, especially eutrophication-induced epiphyte overgrowth of leaves that can have strong detrimental impact on seagrasses in future oceans (e.g., York et al., 2016).



THE PHYSICAL MICROENVIRONMENT OF THE SEAGRASS LEAF PHYLLOSPHERE


Impedance of Mass Transfer in the Phyllosphere

Epiphytic biofilms strongly affect the light microclimate as well as the mass and heat transfer across the leaf tissue surface (Figure 1; Brodersen et al., 2015a; Noisette et al., 2020). Seagrass leaves (and most other flow exposed aquatic surfaces) are surrounded by a diffusive boundary layer (DBL) that is generated by impeded water movement toward the leaf surface, leading to unstirred water conditions close to the leaf surface where mass transfer is predominated by diffusion (Jørgensen and Revsbech, 1985; Koch, 1994; Hurd, 2000). The average transport time for a molecule via molecular diffusion scales with the square of the distance, and mass transfer impedance imposed by the DBL thus depends strongly on its thickness. The DBL thickness is affected by factors like the flow velocity and the leaf surface topography, where low flow conditions and more rough leaf surfaces increase the DBL thickness (Jørgensen and Des Marais, 1990; Lichtenberg et al., 2017). Epiphytic biofilms can strongly accentuate such mass transfer impedance by increasing the total diffusional distance (TDD, i.e., the combined thickness of the biofilm and the overlying DBL thickness) between the seagrass leaf and the surrounding water, in combination with active removal of e.g., O2 in the epiphytic biofilm in darkness imposing strong O2 limitation (Brodersen et al., 2015a, 2020a,b).
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FIGURE 1. Effect of epiphytes on the physical microenvironment in the seagrass phyllosphere. The changes in the phyllosphere physical microenvironment are shown as an effect on seagrass leaves with epiphytic biofilms as compared with bare leaves and/or bare leaf parts. The seagrass phyllopshere dynamics are shown over diel cycles, where the yellow marked areas represent alterations during daytime and gray marked areas represent changes during night-time. Blue arrows indicate an increase. Red arrows indicate a decrease.




Light-Driven Heating of the Phyllosphere

Absorbed solar radiation in densely pigmented epiphytic biofilms and tissues can lead to local heating, which is dissipated toward the overlying water via a leaf thermal boundary layer (TBL; Jimenez et al., 2008; Noisette et al., 2020). The TBL acts as an insulating barrier and therefore impedes heat dissipation (i.e., the rate of convective dissipation of heat) from the tissue surface (Jimenez et al., 2008, 2011; Brodersen et al., 2014). High irradiance can increase the leaf surface temperature up to ∼0.8°C relative to the ambient seawater (Noisette et al., 2020) and such leaf surface warming correlates linearly with the incident irradiance (under similar flow conditions) and is further enhanced by epiphytic overgrowth. The TBL thickness increases with decreasing flow velocity, increasing leaf surface topography and epiphytic overgrowth (Noisette et al., 2020), and is often much thicker than the TDD (∼4 times wider) under slow to moderate flow velocities. Such seagrass leaf surface warming can potentially aggravate negative responses to extreme heat events and ongoing global warming, especially in regions where seagrasses live close to their thermal stress tolerance, but the role of the phyllosphere temperature microenvironment remains largely unexplored.



Changes in the Light Microclimate of the Phyllosphere

The presence of epiphytes reduces both light quality and quantity reaching the seagrass leaf surface (Drake et al., 2003; Brodersen et al., 2015a; Noisette et al., 2020). The presence of epiphytes has been shown to reduce the photon scalar irradiance of photosynthetically active radiation (PAR; 400–700 nm) at the seagrass leaf surface by about 50%, depending on epiphyte thickness, composition and density (Brodersen et al., 2015a; Noisette et al., 2020); however, reductions of >90% as compared to bare leaves have been recorded (Brodersen et al., 2015a). Depending on the structure of the epiphytic biofilms, compaction of the epiphytic biofilm under high flow conditions can further decrease the light intensity reaching the leaf surface (Noisette et al., 2020).

In the upper more loose epiphyte canopy, this decrease in scalar irradiance is mainly uniform across wavelengths within the PAR region, whereas blue and red light are strongly absorbed by algae in the understory of epiphytic biofilms (spanning the innermost < 1 mm above the leaf tissue surface) (Brodersen et al., 2015a). Such dramatic reduction in the blue and red wavelengths reaching the seagrass leaf surface below the epiphyte canopy leads to an unfavorable light microenvironment predominated by green light that is not effectively absorbed by the seagrass leaf chlorophylls (a and b). Consequently, epiphyte-covered leaves typically have an increased compensation photon irradiance, i.e., the photon irradiance required for producing enough O2 through photosynthesis to meet the plants own respiratory needs (Brodersen et al., 2015a). Furthermore, sediment resuspension and sedimentation of fine particles on seagrass leaves, which likely is promoted by epiphyte cover due to exopolymer excretion, also negatively affect light transmission through the water-column and the seagrass leaf microenvironment (Erftemeijer and Lewis, 2006; York et al., 2015; Brodersen et al., 2017a).

On top of declining light availability in turbid waters affected e.g., by eutrophication or dredging, epiphyte-induced reduced light quality at the seagrass leaf surface can thus further deprive the light microclimate to near or below minimal photon requirements for a positive net O2 balance (Brodersen et al., 2015a). This can lead to high seagrass mortality rates in heavily exposed areas, due to the relatively high light requirements of seagrass (approx. 10–20% of the sea surface irradiance depending on seagrass species); with Z. marina placed in the high-end of the light requirement scale at ∼20% of the sea surface irradiance (Duarte, 1991; Dennison et al., 1993; Ballesteros et al., 2007; Larkum et al., 2018).

Microscale light measurements have mainly been performed on temperate Zostera sp. with epiphytes largely consisting of bacteria and microalgae dominated by green, brown and red algae; where the dominating algae group determines the color morph of the epiphytic community (i.e., typically green during spring and red in the autumn; Borum et al., 1984). However, calcifying epiphytes often appear white in color (often seen in the Mediterranean and the tropics) and therefore likely rather reflect light than absorb it; as e.g., observed with the skeleton in corals (Enriquez et al., 2005; Wangpraseurt et al., 2012; Brodersen et al., 2014). But such effects of epiphyte community compositions needs to be verified experimentally and thus deserves further attention in future studies.




THE CHEMICAL MICROENVIRONMENT OF THE SEAGRASS LEAF PHYLLOSPHERE

Leaf epiphytes also strongly affect the chemical microenvironment of the seagrass phyllosphere over diel cycles, generating extreme microenvironmental conditions for the seagrass leaf exposed to the epiphyte micro-understory, as compared with bare leaves (Figure 2). In the light, photosynthesis (both in the seagrass leaf and epiphytic biofilm) leads to a strong increase in O2 concentration in the seagrass phyllosphere of epiphyte-covered leaves due to restricted mass transfer over the TDD (Brodersen et al., 2015a, 2020a,b; Noisette et al., 2020). This results in markedly reduced efficiency of seagrass leaf photosynthesis due to enhanced photorespiration, as the high O2 to CO2 ratio favors the oxygenase function of RuBisCO, which leads to reduced carbon fixation via leaf photosynthesis (Buapet and Björk, 2016; Larkum et al., 2018; Brodersen et al., 2020a; Rasmusson et al., 2020). Actually, in seagrass leaves covered by thick and dense epiphytic biofilms, the vast majority of the O2 production in the seagrass phyllosphere is produced by the epiphytes (i.e., photosynthesis by the epiphyte community can account for up to ∼70% of the total O2 production in the seagrass phyllosphere in light [Mazzella and Alberte, 1986; Noisette et al., 2020; Zhang et al., 2022]), and leaf epiphytes have also been shown to cause oxidative stress in seagrass (Costa et al., 2015).
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FIGURE 2. Effect of epiphytes on the chemical microenvironment in the seagrass phyllosphere. The changes in the phyllosphere chemical microenvironment are shown as an effect on seagrass leaves with epiphytic biofilms as compared with bare leaves and/or bare leaf parts. The seagrass phyllopshere dynamics are shown over diel cycles, where the yellow marked areas represent alterations during daytime and gray marked areas represent changes during night-time. Blue arrows indicate an increase. Red arrows indicate a decrease.


During night-time, seagrasses are completely dependent on passive diffusion of O2 from the surrounding water-column into the leaves (Greve et al., 2003; Pedersen et al., 2004; Borum et al., 2005, 2006). Epiphytic biofilms intervene with such diffusive O2 supply via epiphyte respiration and an increased TDD leading to reduced plant respiration rates and hypoxic phyllosphere conditions, as well as establishment of anoxic microzones in the epiphyte micro-understory (Brodersen et al., 2020a,b; Noisette et al., 2020). In such epiphyte-driven anoxic microhabitats anaerobic microbial processes can produce phytotoxins such as nitric oxide (NO) via denitrification (Noisette et al., 2020), which can potentially be very harmful to the plant (Beligni and Lamattina, 2001; Arasimowicz and Floryszak-Wieczorek, 2007; Kumar et al., 2015). Anoxia in the seagrass phyllosphere can thus lead to multiple detrimental effects on the intra-plant conditions, however, leaf-associated microorganisms may also be beneficial to the seagrass plant. Epiphytic microbiota have thus been shown to increase the nitrogen availability for seagrasses by mineralizing amino acids via heterotrophic metabolism (Tarquinio et al., 2018), which may be further supplemented by diazotrophic cyanobacteria (Hamisi et al., 2013). Biogeochemical processes in the epiphytic biofilms may thus increase the nitrogen uptake of seagrass leaves and enable enhanced plant productivity and growth in nitrogen-limited waters. The nitrogen cycle and dynamics in the seagrass phyllosphere is, however, not well described and deserves further attention in future studies.

The leaf photosynthetic activity is likewise negatively affected by epiphytes as compared with bare leaves (Sand-Jensen, 1977; Drake et al., 2003), largely due to epiphyte-induced shading (Brodersen et al., 2015b; Larkum et al., 2018). Reduced photosynthesis leads to decreased carbohydrate synthesis and thus increases the risk of plant starvation (Falkowski and Raven, 2013), as well as less efficient O2 transport to distal roots and parts of the rhizome via the aerenchyma. The latter can lead to anaerobic metabolism in below-ground tissues and intrusion of phytotoxins like hydrogen sulfide into the seagrass plant from the surrounding sediment (Borum et al., 2006; Brodersen, 2016; Brodersen et al., 2018a).

In epiphyte-covered seagrass leaves, especially thick and dense microalgal biofilm communities, leaf photosynthesis drives a pronounced phyllosphere basification up to a pH of about 10. This leads to marked shifts in the phyllosphere carbon speciation from CO2 toward bicarbonate (HCO3–) and even further to carbonate ions (CO32–), resulting in a CO2 and HCO3– availability below the plants CO2 compensation point of about 0.6 μM CO2 for active leaf photosynthesis (Brodersen et al., 2020a). The phyllosphere basification, and thus strong reduction in CO2 and HCO3– availability, correlates with increasing irradiance and TDD (Brodersen et al., 2020a). In regions where the epiphytic community is dominated by calcifying epiphytes, such epiphyte-induced carbon limitation challenge in the light may be alleviated, as calcification generates CO2 owing to its effect on the carbonate system equilibria and thereby likely supplies inorganic carbon for RuBisCO (McConnaughey, 1991; Riebesell et al., 2000; Van Dam et al., 2021). Furthermore, aerobic respiration by grazing leaf epifauna (e.g., Orth and Van Montfrans, 1984) may also decrease the O2/CO2 ratio in the seagrass phyllosphere. However, these speculations need to be verified experimentally and therefore deserve further attention in future studies. In darkness, on the other hand, the leaf surface pH of epiphyte-covered leaves reaches pH 7, as compared to a more or less constant value of pH 8 on the leaf surface of bare seagrass leaves, which is similar to the bulk water-column, in both light and darkness (Brodersen et al., 2020a).

Phyllosphere basification in combination with epiphytic carbon fixation can thus induce inorganic carbon limitation in seagrasses, where densely epiphyte-covered seagrass leaves have a strong dependence on HCO3– utilization for maintaining efficient photosynthesis-driven carbon fixation (Brodersen et al., 2020a). Seagrasses possess several CO2 concentration mechanisms (Beer et al., 1980, 2002; Beer and Rehnberg, 1997; Larkum et al., 2017) such as extracellular carbonic anhydrase (CA) that catalyzes the conversion of HCO3– to CO2 through dehydration, as well as active transport of HCO3– into epidermal cells and subsequent conversion to CO2 by intracellular CA (Beer and Rehnberg, 1997; Borum et al., 2016; Larkum et al., 2017). However, such carbon-concentration machinery, which can be up- and downregulated depending on external environmental conditions (Kim et al., 2018), is energetically more expensive for seagrasses as compared with passive uptake of CO2 via diffusion (Raven et al., 2014; Larkum et al., 2018). Extreme conditions in the chemical phyllosphere microenvironment can thus reduce leaf photosynthesis and respiration, as well as enable microbial production of reduced toxic compounds within anoxic microzones. This can lead to seagrass die-off events owing to inadequate internal plant aeration and chemical suffocation, respectively.



EFFECTS OF LEAF PHYLLOSPHERE CONDITIONS ON THE SEAGRASS RHIZOSPHERE

The leaf microenvironment largely controls the internal O2 balance of the seagrass plant over diurnal cycles and thereby the transport of O2 down to the below-ground rhizome and roots of seagrasses (reviewed in Brodersen et al., 2018a). Seagrasses release O2 into the rhizosphere at the base of the leaf (i.e., basal leaf meristem), the root/shoot junctions (i.e., nodes), and at tips (i.e., apical root meristem) of actively growing roots (Pedersen et al., 1998; Jensen et al., 2005; Frederiksen and Glud, 2006; Koren et al., 2015; Brodersen et al., 2016). Such radial O2 loss (ROL) forms oxic microzones, which: (i) protect the seagrass plant against intrusion of reduced toxic compounds such as H2S produced in the surrounding anoxic sediment (Brodersen et al., 2015b, 2018a,b; Martin et al., 2019), and (ii) mobilize nutrients by means of stimulating microbial processes (Welsh et al., 1996; Nielsen et al., 2001; Brodersen et al., 2018b) and chemical solubilization (Brodersen et al., 2017b).

The oxidation capacity of the seagrass below-ground tissue is determined by the efficiency of O2 transport from the leaves and the following O2 release into the sediment, whereas the sediment oxygenation is a balance between the below-ground tissue O2 release and the sediment O2 demand (Borum et al., 2006; Brodersen, 2016; Brodersen et al., 2018a). Within the seagrass rhizosphere, ROL leads to marked reductions in the sediment sulfide concentrations through spontaneous chemical and biological oxidation of H2S (Brodersen et al., 2015b, 2018b; Martin et al., 2019) resulting in an acidification of the seagrass rhizosphere through production of sulfuric acid (Brodersen et al., 2015b, 2016, 2018b). Rhizosphere acidification can also lead to phosphate solubilization in carbonate-rich sediments via protolytic dissolution of Ca-phosphates, while other important nutrients such as ammonium and Fe(II) can be mobilized via stimulation of the microbial community by plant exudates (Brodersen et al., 2017b); sulfate-reducing bacteria can e.g., fix dinitrogen (Welsh et al., 1996; Nielsen et al., 2001) and solubilize Fe(II) and P through reductive dissolution of insoluble Fe(III)oxyhydroxides (Brodersen et al., 2017b). Changes in the seagrass phyllosphere microenvironment can thus have strong effects on the biogeochemical processes and chemical conditions in the seagrass rhizosphere, and thereby the capacity of the below-ground tissue to detoxify reduced compounds and mobilize nutrients in the surrounding sediment. Inadequate internal plant aeration, and subsequent diminished oxic microzones in the rhizosphere, can thus lead to toxic sulfide intrusion and plant starvation, which may kill the plants if persisting over long time periods (Pedersen et al., 2004; Holmer and Hasler-Sheetal, 2014; Brodersen et al., 2015b).



TECHNIQUES FOR MONITORING THE PHYLLOSPHERE MICROENVIRONMENT

The seagrass phyllosphere represents at thin mm-thick zone surrounding the seagrass leaf and in some cases also encompasses epiphytic biofilms colonizing the leaf surface. Traditionally, microenvironmental analyses of the phyllosphere and rhizosphere of plants have involved use of electrochemical and fiber-optic microsensors (Kühl and Revsbech, 2001; Kühl, 2005; Pedersen et al., 2020; Revsbech, 2021) with tip sizes typically ranging from ∼5 to 100 μm. Such microsensors enable minimally invasive profiling of physical (light, temperature, diffusivity) and chemical (gases and ions) analytes at high specificity and spatio-temporal resolution around and within plant tissue at specific locations, and their application has gained many fundamental insights to the seagrass microenvironment (see previous sections; Figure 3). While it is possible to use microsensors to map 2D transects and even 3D grids of microprofiles, e.g., over plant tissue topographies (Lichtenberg et al., 2017), it remains a major challenge to align microsensor measurements and account for spatial heterogeneity in samples with pronounced structural complexity. In recent years, microenvironmental studies of seagrasses are increasingly complemented by chemical imaging approaches, especially for 2D mapping with optical sensors embedding or appressed to the below-ground seagrass tissue (reviewed in Scholz et al., 2021). The use of magnetic sensor particles in combination with luminescence lifetime imaging has also enabled 2D mapping of O2 over natural flow-exposed surfaces and biofilms (Fabricius-Dyg et al., 2012) and recently, a first application studying the heterogeneous O2 microenvironment of epiphytic biofilms on seagrass leaves was reported (Brodersen et al., 2020b). Suitable sensor particles have been developed for a variety of analytes in the aquatic environment (Moßhammer et al., 2019), and we envision that this approach can relatively easily be extended to imaging other chemical species (e.g., pH) in the seagrass phyllosphere. Furthermore, combining such sensor particle-based imaging with e.g., light sheet or confocal microscopy systems could enable true 3D mapping of the chemical phyllosphere microenvironment.
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FIGURE 3. Microsensor profiles of O2, pH and temperature at the surface of seagrass leaves with (epiphytes) and without (bare leaves) epiphytes. Data originates from Brodersen et al. (2020a) and Noisette et al. (2020). The dashed line at 1 mm distance from the leaf tissue surface marks the approximate thickness of the epiphytic biofilm layer. Red symbols and lines represent measurements in light. Black symbols and lines measurements in darkness. Microprofiling data of leaves with epiphytes show that in light the phyllosphere becomes hyperoxic, strongly basified and heated (solid red symbols as compared to open red symbols), whereas phyllopshere hyperoxia and acidification occurs in darkness (solid black symbols as compared with open black symbols); strongly affecting seagrass health and performance.




CONCLUSION AND PERSPECTIVES

Coastal eutrophication is a major environmental stressor stimulating dense epiphytic biofilm growth on seagrass leaves. Increased epiphyte colonization shades the seagrass leaves, and the increasing diffusion distance between the leaf and surrounding water can result in phyllosphere basification, warming and hyperoxia, leading to carbon limitation and enhanced photorespiration in the light. During darkness, anoxic stress in the seagrass phyllosphere owing to restricted diffusional O2 supply across the epiphytic biofilm layer from the surrounding water-column and/or heterotrophic activity in the biofilm can induce production of reduced toxic substances that can diffuse into the plant tissue and potentially cause increased mortality. Finally, reduced leaf O2 evolution or diffusional supply from the adjacent water decreases O2 transport to the root/rhizome system and subsequent release to the reduced sediment increasing the risk of H2S intrusion and plant nutrient limitation.

The biomass of the seagrass leaf-associated epiphytic communities is largely driven by progressive enrichment of seawater with minerals and nutrients, wherefore leaf epiphyte blooms mainly follow algal blooms in the water-column that mostly occur during spring (April-May) and autumn (Aug-Sep) time in northern temperate waters (Borum et al., 1984). These time windows thus represent the most critical periods during the annual growth season of the seagrass plant. Furthermore, ocean acidification can lead to a shift in the seagrass epiphyte community structure by increasing the fleshy/calcareous algal taxa ratio (Campbell and Fourqurean, 2014), which may impose further shading and impede mass transfer in seagrasses owing to the increased epiphytic biomass load on the seagrass leaves. This is supported by recent findings near CO2 seeps, where seagrass leaves often appear free of calcifying epiphytes (e.g., Mishra et al., 2020); however, the underlying mechanisms for epiphyte colonization at CO2 seeps are not well understood. Future climate conditions with heavier precipitation driving more frequent coastal eutrophication events, in combination with ocean acidification, can thus potentially lead to enhanced and shifting leaf epiphyte communities putting seagrass ecosystems at risk of local-extinction, especially in combination with further environmental stress factors such as ocean deoxygenation and/or extreme heating events.

However, pronounced knowledge gaps about the seagrass leaf microenvironment and the role of leaf epiphytes on seagrass plant fitness prevail and encompass: (i) a detailed determination of the nitrogen cycling in the phyllosphere to better understand the role of epiphytic biofilms for plant nutrition and potential production of phytotoxins, (ii) a better understanding of the optical properties of the seagrass leaf tissue and the leaf microenvironmental landscape, including how it is affected by leaf epiphytes, and (iii) how leaves and epiphytism in seagrass acclimate to future climate conditions, including seagrass expansion to cold and light-limiting Artic regions.
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Ocean warming along with nutrient enrichment are major stressors causing global seagrass decline. While the effects of global warming on metabolic parameters in seagrasses are well described, the effect of increasing temperature on the epiphytic overgrowth of seagrass leaves and the consequences for the seagrass plant are poorly understood. Here, we investigated the effects of elevating temperature on the photosynthetic efficiency of the seagrass species Zostera marina L. and its associated epiphytes, to explore how ocean warming might affect epiphytism in seagrasses. Gas exchange and final pH measurements on bare seagrass leaves, leaves with epiphytes, and epiphytes separated from seagrass leaves were used to quantify photosynthesis and respiration rates, and the inorganic carbon extraction capacity of leaves and epiphytes as a function of photon scalar irradiance and temperature (12, 17, 22, and 27°C). Seagrass without epiphytic biofilm had a high ability to exploit the incoming irradiance regardless of the light intensity and temperature, shown as continuously high light use efficiency and maximum net photosynthesis rates. The presence of epiphytic biofilm on the seagrass leaves impaired plant photosynthesis by increasing light requirements and reducing the photosynthetic efficiency (especially at 27°C). Epiphytes showed the lowest respiration rates in darkness and had the highest oxygen surplus over diel cycles up to 22°C, whereas bare leaves had the highest diel oxygen surplus at 27°C. Both bare leaves and epiphytes lost the ability to utilize bicarbonate at 27°C, and epiphytes also did not show use of bicarbonate at 12°C. Our results indicate a competitive advantage for epiphytes in cold CO2-rich environments, whereas seagrass with bare leaves could be less affected under elevated seawater temperatures.
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INTRODUCTION

Seagrass meadows are among the most productive and diverse coastal benthic ecosystems (Larkum et al., 2006; Unsworth and Cullen-Unsworth, 2017). Seagrasses colonize organic rich and reduced sediments, where the phytotoxin hydrogen sulfide is produced by anaerobic bacterial sulfate reduction (Blaabjerg et al., 1998; Nielsen et al., 2001). Via their internal gas-filled aerenchymal tissue, seagrasses exhibit efficient gas transport to their belowground tissues (Borum et al., 2006; Brodersen et al., 2014, 2018), where it supplies the belowground biomass with oxygen and can protect the seagrass rhizosphere from hydrogen sulfide intrusion, which otherwise can be fatal to the plant (Brodersen et al., 2015a,b, 2017; Brodersen, 2016). Many crucial ecosystem services are provided by seagrass meadows such as fisheries production (Bertelli and Unsworth, 2014; Unsworth and Cullen-Unsworth, 2014, 2017; Unsworth et al., 2019), coastal protection from erosion (Fonseca and Cahalan, 1992), efficient carbon sequestration in the oxygen-depleted seagrass sediments (e.g., Fourqurean et al., 2012; Macreadie et al., 2015; Cullen-Unsworth and Unsworth, 2018) and reduction of microbiological contaminants (Lamb et al., 2017). Seagrass meadows are thus of high ecological and economic value (Costanza et al., 1997; Unsworth et al., 2019) and the ongoing decline in seagrass habitats due to anthropogenic stress can therefore lead to decreasing biodiversity, which further contributes to negative effects induced by climate change.

Anthropogenic impacts, such as coastal development and eutrophication, are major drivers behind the global decline in seagrass meadows (Orth et al., 2006; Waycott et al., 2009). Eutrophication is facilitating epiphytic overgrowth of microalgae and bacteria on the surface of seagrass leaves, which is an increasing problem in coastal waters, due to accelerating nutrient runoff from land (Borum, 1985). Furthermore, nutrient-driven enhanced macroalgal growth can potentially outcompete seagrass species (Ballesteros et al., 2007). While the colonization of microalgae and the presence of plant detritus on the seagrass leaf surface can serve as a food source for small herbivores (Cullen-Unsworth and Unsworth, 2018), the presence of epiphytic biofilms can strongly influence plant fitness (Sand-Jensen, 1977). Epiphytic biofilm growth on seagrass leaves leads to dramatic changes in the seagrass phyllosphere (Brodersen and Kühl, 2022), i.e., the dynamic microhabitat forming at the leaf tissue surface of the seagrass plant (Brodersen et al., 2020a,b; Noisette et al., 2020). The presence of epiphytic biofilms impedes O2 and heat transfer between the leaf area and the ambient water, and both light availability and light quality reaching the seagrass leaves is highly diminished (Brodersen et al., 2015a; Noisette et al., 2020); all negatively affecting seagrass performance and health. However, leaf microorganisms can also be beneficial to seagrasses, as they can facilitate uptake of dissolved organic nitrogen by leaves and thus potentially benefit seagrass growth and productivity (Tarquinio et al., 2018).

The ocean has a high heat capacity and has absorbed > 90% of heat induced by the ongoing increase of greenhouse gases in the atmosphere (Levitus et al., 2000; Resplandy et al., 2019), which drives ongoing ocean warming (Gattuso and Hansson, 2011). Temperature is a primary parameter controlling the distribution of seagrass species from tropical to temperate regions, as evident by the higher temperature optima of photosynthesis in tropical seagrass species (Pedersen et al., 2016), where some species can endure short-term exposure to water temperatures of up to 42°C. Several vital processes within seagrasses are temperature dependent such as the diffusive transport of gases and solutes, rates of photosynthesis and respiration, and the enzymatic capacity of RuBisCO (Staehr and Borum, 2011). The plant’s metabolic rates (e.g., photosynthesis and respiration) and thus nutrient demand increases with increasing temperature toward an optimum temperature, above which increasing deactivation of metabolic processes and/or denaturation of vital metabolic macromolecules (e.g., proteins) lead to increasing plant stress (Staehr and Borum, 2011). Seagrass respiration exhibits a stronger response with increasing temperature than photosynthetic processes (Dennison, 1987). Consequently, a disbalance at high temperatures may affect the light requirements and depth distribution of e.g., eelgrass (Zostera marina L.), since a higher irradiance is needed to compensate the increasing oxygen demands to maintain a positive carbon-balance (Staehr and Borum, 2011). High temperatures, above the plant’s photosynthetic temperature optima, can thus lead to a negative diel O2 balance in the seagrass plant due to reduced leaf photosynthesis and increased tissue respiration, which strongly reduces the internal plant aeration (Staehr and Borum, 2011; Pedersen et al., 2016). The interactions between plant, sediment, and the water column, also strongly depend on the water temperature. As temperature increases, the oxygen solubility in the water decreases, and the intra-plant oxygen content is lowered e.g., due to increasing respiration, which leads to a reduction in the plant tolerance to anoxia (Raun and Borum, 2013). This becomes apparent during night-time or low light levels, when seagrass’ respiration can be limited by the availability of dissolved O2 in the water column, since the supply is sustained solely by the relatively slow diffusion of O2 into the leaf through the diffusive boundary layer (DBL) (Brodersen et al., 2015a; Pedersen et al., 2016). This makes the plant highly susceptible to hydrogen sulfide intrusion (Brodersen et al., 2015b), which can lead to chemical asphyxiation. Especially, seagrass communities inhabiting shallow intertidal waters can experience impeded photosynthetic activity due to extreme light levels, temperatures, O2 fluctuations and pH changes (Pedersen et al., 2016).

The increase in atmospheric CO2 equilibrates with seawater affecting the speciation of inorganic carbon and leading to ocean acidification (Albert et al., 2020). This can influence some marine phototrophs positively since it is favorable to use CO2 as an inorganic carbon source (Riebesell et al., 2018), while calcifying organisms are facing increasing difficulties in depositing calcium carbonate. Different bicarbonate utilization strategies have been detected in temperate seagrasses (Borum et al., 2016; Kim et al., 2018; Larkum et al., 2018). External carbonic anhydrase (CA) can catalyze the conversion of bicarbonate to CO2 at the leaf surface (Borum et al., 2016; Kim et al., 2018; Larkum et al., 2018), while local acidification of the diffusive boundary layer (DBL) via proton pumps on the leaf surface might cause a local decrease in pH and thus enhanced conversion of bicarbonate to CO2 for photosynthesis (Borum et al., 2016). Such CO2 concentrating mechanisms are energy consuming for the plant, which only makes them favorable in CO2 poor environments (Raven et al., 2014). Theoretically, seagrasses are able to use bicarbonate (HCO3–) as a carbon source when they are able to rise pH above 9 using the pH drift approach (Sand-Jensen et al., 1992).

Eelgrass (Z. marina L.) has been shown to exhibit temperature optima at 20–25°C for growth and photosynthesis under saturating light, while light limiting conditions can reduce the optimum temperature by up to 10°C (Beca-Carretero et al., 2018). The photosynthetic saturation level and the compensation photon irradiance of Z. marina generally increase with increasing temperatures (Marsh et al., 1986). Q10 values for light-saturated photosynthesis and dark respiration of 1.5–1.7 and 2.4, respectively, have been determined over the temperature range of 0–35°C (Marsh et al., 1986). Z. marina plants originating from the northern part of their distribution range (i.e., subarctic populations) show higher sensitivity to extreme temperatures with faster declines in photosynthesis and increases in respiration (Beca-Carretero et al., 2018). Compared to other seagrass species such as Ruppia maritima L., Z. marina appears less tolerant to higher temperatures (e.g., Evans et al., 1986), which also corresponds with their respective seasonal community dynamics. Primary productivity cycles of Z. marina and its epiphytes have been suggested to be closely interrelated (Penhale, 1977), where the epiphyte community photosynthesis can double the total primary production of Z. marina leaves (Mazzella and Alberte, 1986), while at the same time having detrimental effects on leaf photosynthesis owing to shading (Sand-Jensen, 1977; Brodersen et al., 2015a) and carbon limitation (Brodersen et al., 2020a). Such knowledge is important to determine critical temperature thresholds for productivity and survival of Z. marina under future climate change conditions. Z. marina thus seems to have relatively high ability to acclimate to environmental change considering its wide latitudinal distribution (Staehr and Borum, 2011; Assis et al., 2020); plants exhibit a higher ability to utilize low irradiance during winter, whereas no difference in optimum temperatures has been found between winter- and summer-acclimated plants (Staehr and Borum, 2011).

Although temperature effects on seagrass leaf photosynthesis are well described, almost nothing is known about how increasing temperature affects leaf/epiphyte interactions and how epiphyte growth on leaves affects the ability of seagrasses to withstand increasing seawater temperatures. In this study, we investigated acute temperature effects on the respiration and photosynthesis of eelgrass (Z. marina) leaves and their epiphytic biofilms using a combination of gas exchange and pH measurements on leaf fragments in closed incubation chambers. We analyze and compare how increasing temperature affects (i) the balance between autotrophy and heterotrophy, (ii) the photosynthetic efficiency, and (iii) the potential to use bicarbonate in photosynthesis in bare seagrass leaves, leaves covered by an epiphytic biofilm, as well as in epiphytes separated from the seagrass leaves. The experiments aimed to obtain a better understanding of how increasing seawater temperature may affect the ability of seagrasses to withstand ongoing ocean warming and increased epiphytic overgrowth.



MATERIALS AND METHODS


Seagrass and Sediment Sampling

Whole specimens of the common seagrass species Zostera marina L. and marine sediment were collected in early April 2021 at the coast of Julebæk, North Zealand, Denmark (56°03′29.2″N; 12°34′40.7″E). Seagrass plants with and without epiphytic biofilms on their leaves were collected in the shallow (< 2 m) coastal brackish water with a salinity of 18. The average water temperature in April is about 10°C. The specimens were immediately transported to nearby laboratory facilities at the Marine Biology Section (University of Copenhagen) in Elsinore, where the seagrass plants and collected sediment were placed in a large aquarium containing constantly aerated seawater from the sampling site kept at 16–18°C. The seagrass samples were exposed to an incident photon irradiance (400–700 nm) of 100 μmol photons m–2 s–1 as provided by a metal-halide lamp (14:10 h light/dark cyclus; MEGACHROME, Giesemann Aquaristic Gmbh, Nettetal, Germany). The water temperature in the sampling area rapidly increases from about 10–20°C from April to June, and the holding aquarium temperature was adjusted to reflect the in-situ water temperature at the sampling site at the time of the experimental measurements (e.g., Staehr and Borum, 2011). The incubation photon irradiance mimicked the approximate daily average photon irradiance at the sampling site at the depth of the seagrass meadow (e.g., Staehr and Borum, 2011). The plants were acclimated to the aquarium conditions for 1 week prior to the start of the experiments. Leaves with a similar fluffy coating of filamentous epiphytes were selected for the experiments. The epiphytic biofilm community composition was assumed to predominantly consist of green algae, brown algae, diatoms, and bacteria as previously shown by Borum et al. (1984). To minimize dissimilarities between the seagrass leaves selected for the experiment, the youngest and the oldest leaves from each individual plant were excluded (Brodersen et al., 2020a).



Gas Exchange Measurements

We quantified the net O2 exchange in darkness (respiration) and under defined photon irradiance levels (net photosynthesis) by placing seagrass leaf segments of a known area in small custom-made glass chambers (1.8 mL). The chambers were equipped with small oxygen sensor spots (OXSP5, PyroScience GmbH, Aachen, Germany) fixed on the inside with a transparent silicone glue (SPGLUE ELASTOSIL E43, WACKER Chemical Corporation, Adrian MI, United States). An optical fiber, mounted on a holder enclosing each chamber, was pointing at and sending red excitation light to the oxygen sensor spot and collected the resulting O2-dependent infrared luminescence. The optical fibers were connected to a 4-channel optical O2 sensor system (FireSting-O2; FSO2-C4, PyroScience GmbH, Aachen, Germany), which was connected to a PC running Pyroscience Oxygen Logger software (PyroScience GmbH, Germany) that logged and stored the data. A temperature sensor was connected to the system and was used to perform temperature-compensated O2 measurements over the experimental temperature range of 12–22°C. Prior to the measurements, each of the four applied microrespiration chambers was calibrated at two known O2 levels using a sodium sulfite (Na2SO3) solution for the 0% air saturation calibration and air saturated seawater (prepared by aeration with an air pump) for the 100% air saturation calibration. The calibration was repeated before conducting the experiment under 27°C due to drifting calibrations at high temperature.

To manipulate and control the temperature, the closed gas exchange chambers with seawater and seagrass leave sections were placed in an aquarium with thermostated DI-water. To obtain the desired water temperatures in the aquarium and thereby the measuring chambers, we used a combination of a cooling system (Heto Cooling bath type CBN 8-30, HETO-HOLTEN A/S, Allerød, Denmark) and an aquarium heater (Aquael EasyHeater 25W, Suwałki Poland) submerged into the aquarium. A submersed water pump (Universal mini pump 5W, TUNZE, Austin TX, United States) placed in the aquarium ensured sufficient water circulation and homogeneous temperature distribution in the experimental chambers.

The aquarium was placed above two magnetic stirrers (IKA Magnetic Stirrers RCT basic, IKA®-Werke GmbH & Co. KG, Staufen, Germany) and each measuring chamber was equipped with a small magnet to ensure sufficient mixing in the experimental chambers during incubations. Small plankton nets (0.2 mm mask width) were placed above the magnet to protect the specimens from mechanical impact form the stirring magnet. To ensure that the specimens were exposed to equivalent photon irradiances, the three chambers and a control chamber only containing air saturated, filter-sterilized (0.2 μm) seawater and a magnet, were positioned with the same distance to an adjustable fiber-optic tungsten halogen lamp (KL-2500LCD, Schott GmbH, Germany) equipped with a tri-furcated fiber bundle, each mounted with a collimating lens. Photon scalar irradiance in the experimental chambers for defined lamp settings were determined through measurements with a calibrated photon scalar irradiance sensor (3 mm diameter) connected to a calibrated irradiance meter (ULM-500, Walz GmbH, Effeltrich, Germany).

For each experimental run, three leaf segments from one seagrass specimen were used: One leaf segment without visible epiphyte cover (bare leaf, 35 mm lengths), one segment with epiphyte cover (leaf with epiphytes, 30 mm length), and epiphytes which were gently scraped off a leaf segment with a scalpel (epiphytes, 40 mm). All leaf segments originated from the middle part of the leaves to avoid the youngest and oldest regions and thus to minimize age and genetic differences between investigated leaf segments (Brodersen et al., 2020a); where leaf segments with epiphyte cover refer to leaves with 100% areal epiphytic biofilm cover and bare leaves to leaf segments with 0% areal epiphytic biofilm cover. Different leaf segment lengths were used to aim for a similar total photosynthetic biomass between samples (here, determined as a similar DW), while also ensuring a water volume of 1.8 mL in all measuring chambers. The seagrass leaf segments (bare and with epiphytes) and the epiphytes were placed in three custom-made microrespiration chambers containing air saturated and filter-sterilized (0.2 μm) seawater with a salinity of 18.

Four biological replicates were used in the gas exchange experiment (n = 4), one replicate per experimental run. Each replicate was exposed to water temperatures of 12, 17, 22, and 27°C (for a minimum of 30 min prior to onset of measurements); where the high temperature treatment of 27°C represents possible maximal temperatures during summer-time within the investigated meadow under future global warming. Running each temperature treatment, the specimens were alternately exposed to darkness and increasing light irradiances (100, 300, and 600 μmol photons m–2 s–1) for 8 min at each light condition. This time interval resulted in a constant linear change in O2 concentration during incubations. The experiment started out and ended in darkness.

To obtain photosynthesis and respiration rates per gram dry weight (g DW–1), the seagrass leaf segments were placed in an oven and the specimen dry weight was measured after 48 h exposure to 60°C. Respiration and net photosynthesis rates were calculated by multiplying the slope of the linear O2 concentration vs. time curve (nmol L–1 h–1) with the volume of water in the measuring chamber (L) divided by the sample dry weight. Post-illumination respiration (i.e., respiration rates measured after a light period) was measured as the immediate O2 depletion rate in darkness after light exposure to a given photon scalar irradiance and was used as a proxy for respiration in the previous light period. Gross photosynthetic rates were calculated by adding the absolute values of the respective respiration rates (i.e., dark respiration or the post-illumination respiration rates measured immediately after the light period at each experimental photon irradiance level) to the respective net photosynthetic rates: GP (E) = NP (E) + |R (E) |. Control measurements in chambers without leaves or epiphytes did not show any O2 production or consumption under all tested experimental conditions. Such control incubations are performed to allow for potential correction of measurements on samples due to minor microbial contamination in the measuring chambers leading to undesired microbial-mediated O2 production and/or consumption.



pH Drift Measurements

To estimate the dissolved inorganic carbon (DIC) extraction capacity and maximal pH tolerance of the seagrass leaves and the epiphytes, pH drift measurements were performed according to Brodersen et al. (2020a). A final pH of > 9 in such drift experiments indicates the ability of the specimens to utilize bicarbonate as an additional inorganic carbon source in photosynthesis (Pedersen et al., 2016). For each experimental run, a total of four biological replicates were used (n = 4). We used four seagrass leaf segments without visible epiphyte cover (bare leaf, 35 mm length), four leaf segments with epiphyte cover (leaf with epiphytes, 30 mm length), and 4 samples of epiphytes gently scraped off from 4 seagrass leaves with a scalpel (epiphytes, scraped off a 40 mm long leaf segment). Different segment lengths were used to ensure similar photosynthetic biomass (here, determined as a similar g DW). The leaf segments and the epiphyte samples were placed in separate falcon tubes with 35 mL filter-sterilized (0.2 μm) seawater with a salinity of 18, which allowed for a headspace in each tube to minimize photorespiration during the long-term incubations (cf. Pedersen et al., 2016). To manipulate and control the temperature, all tubes were positioned in a DI water-filled thermostated aquarium similar to the one used for gas exchange measurements. A lamp (MIA worldlight, LP300Q-4K.24_RY; MIA Light GmbH, Gronau, Germany) was placed on top of the aquarium to provide the specimens with a constant saturating photon scalar irradiance of 600 μmol photons m–2 s–1. Light levels were quantified with a photon scalar irradiance sensor (3 mm diameter) connected to a calibrated irradiance meter (ULM-500, Walz GmbH, Effeltrich, Germany). The experiment was conducted four times with the following water temperatures: 12, 17, 22, and 27°C. The experiment proceeded 45 h under each temperature before the final pH levels was measured in each sample; this incubation time was chosen after several repetitive measurements at different timescales, i.e., 24, 36, and 48 h showing how pH approached a stable maximum value. The pH measurements were done with a calibrated pH minisensor (BlueLine pH combination electrode; SI Analytics GmbH, Mainz, Germany) connected to a pH meter (PHM220 Lab pH Meter; Radiometer Analytical SAS, Lyon, France) and calibrated with commercial pH buffers of pH 7 and 10 (VWR Chemicals, Pennsylvania, United States).



Data Calculations and Analysis

The software program OriginPro 2020 (OriginLab Corporation, Northampton MA, United States) was used to create photosynthesis vs. irradiance curves, and for fitting and analyzing the experimental data. Non-linear regression fits of the calculated net photosynthesis (NP) and gross photosynthesis (GP) rates normalized to dry weight as a function of photon scalar irradiance (E), were used to obtain photosynthetic parameters (described below). We fitted an exponential saturation model for gross photosynthesis vs. irradiance curves (Webb et al., 1974):
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and used a similar model with an additional respiration term for fitting net photosynthesis vs. irradiance curves (Spilling et al., 2010):
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Here, PMAX is the calculated photosynthetic rate at saturating photon irradiance, α is the light utilization efficiency related to the photosynthetic activity, i.e., the slope of the P vs. E curve, and R(E) is the respiration rate of the seagrass leaves and/or epiphytes at the respective photon scalar irradiance.

The compensation irradiance, i.e., the photon scalar irradiance above which a sample exhibits net photosynthetic production of O2, EC, was determined from the obtained photosynthetic parameters as:
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The photon scalar irradiance at the onset of photosynthesis saturation (Ek) was calculated as:
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To evaluate the sensitivity of the different photosynthesis parameters of leaves and epiphytes to temperature changes, a calculation of Q10 was made for NPMAX, αnp (from NP), R, GPMAX, and αgp (from GP):
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where ParameterT2 and ParameterT1 are the metabolic parameters of the leaves/epiphytes measured at two given temperatures, i.e., 22 and 12°C, respectively.

The total daily net oxygen production, DP, of the leaves and epiphytes was estimated as a function of increasing temperature assuming 14 h of light exposure at differing light irradiances followed by 10 h of darkness. The 14 h of light exposure were divided into 7 intervals each lasting 2 h (i.e., 5–7, 7–9, 9–11, 11–13, 13–15, 15–17, and 17–19). For each time interval, a photon irradiance average was calculated. The data on diel photon irradiance originated from Staehr et al. (2018).

The net photosynthesis under each averaged photon irradiance interval was calculated with equation 2 using the averaged photon irradiance determined for each of the pre-defined 7 time-intervals (t1-t7).

The daily net oxygen production of the leaves and epiphytes was calculated as:
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where NP(E) is the net oxygen production at the given average photon irradiance for a given 2 h time interval, R is the dark respiration, and t represent the respective pre-defined time intervals.

Student’s t-tests were used to statistically analyze data and compare treatments. The significance level was set to p < 0.05. Statistical tests were performed in Microsoft Excel.




RESULTS AND DISCUSSION

Our study provides evidence that the seagrass Z. marina L. performs better under elevated temperatures (27°C) in terms of photosynthetic performance (e.g., light use efficiency and maximum net photosynthesis) and diel O2 balance, when no epiphytic biofilm is present on the surface of the leaves. Simultaneously, the seagrass bare leaves also performed better than their associated epiphytes originating from the leaves.


Photosynthesis and Respiration

Net photosynthesis increased with increasing photon scalar irradiance until saturation (Figures 1A–L), and with increasing temperature except for leaves with epiphytes, and for epiphytes originating from Z. marina L. leaves at 27°C. Such response to increasing irradiance and temperature is similar to previous studies on bare seagrass leaves (Ralph et al., 2007; Staehr and Borum, 2011; Pedersen et al., 2016). At 27°C, only bare seagrass leaves showed a positive net photosynthesis at a photon scalar irradiance of 100 μmol photons m–2 s–1. Respiration increased with temperature and varied to a lesser degree with photon scalar irradiance, as determined from comparing dark respiration and post-illumination respiration rates (Figures 1A–L). This is similar to previous studies that also found a strong temperature dependency of the dark respiration rate for seagrass leaves (Staehr and Borum, 2011; Pedersen et al., 2016). Gross photosynthesis rates increased with increasing photon scalar irradiance until saturation and with elevated temperatures (Figures 1A–L). The gross photosynthesis of the bare leaves was highest at all temperatures besides at 17°C, where the gross photosynthesis rate of all samples was very similar and reached a maximum gross photosynthesis rate of ∼150 nmol O2 mg DW–1 h–1 (Figure 1). Epiphytes exhibited the lowest gross photosynthesis rates at 12, 22, and 27°C as compared to bare leaves and leaves with epiphytes.
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FIGURE 1. (A–L) Respiration, net and gross O2 production rates as a function of incident photon scalar irradiance for Z. marina L. leaves with and without epiphytes, as well as, for epiphytes originating from Z. marina L. leaves. The respiration, net and gross photosynthesis rates were measured for photon scalar irradiances (PAR, 400–700 nm) of 0, 100, 300, and 600 μmol photons m–2 s–1 and temperatures of 12, 17, 22, and 27°C. Black symbols and lines shows respiration. Blue symbols and lines show net photosynthesis. Zero net O2 production (Y = 0) indicates the compensation photon irradiance of the seagrass leaves and epiphytes. Green symbols and lines show gross photosynthesis. Symbols with error bars represent mean values ± SEM; n = 4, biological replicates. All non-linear regression curve fits had an R2 of ≥ 0.99. Detailed information about our statistical models can be found in Supplementary Notes 1 and Supplementary Tables 1–24.


Maximum net photosynthesis (NPMAX) increased strongly from 12 to 22°C in all samples (Figure 2A). NPMAX for the bare leaves showed a similar increase from 22 to 27°C, while the increase in leaves with epiphytes became less pronounced, and separated epiphytes showed a decrease in NPMAX (Figure 2A). Bare seagrass leaves exhibited higher NPMAX at 27°C compared to leaves with epiphytic cover and epiphytes originating from Z. marina L. leaves. This impediment by epiphytic biofilm of the seagrass metabolic parameters and thus photosynthetic performance is similar to previous studies (Staehr and Borum, 2011; Brodersen et al., 2015a, 2020a; Noisette et al., 2020). Accumulation of gases within the seagrass phyllosphere in light, due to thicker diffusive boundary layers (DBL) and total diffusive distances (TDD) caused by the epiphyte cover, limits the exchange of gases and nutrients (Brodersen et al., 2015a, 2020a; Noisette et al., 2020), and thus the NPMAX.
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FIGURE 2. (A) Maximum photosynthesis rate (Pmax), (B) dark respiration (R), (C) light use efficiency (α), (D) photon scalar irradiance at the onset of photosynthesis saturation (Ek), and (E) compensation photon scalar irradiance (Ec) as a function of increasing temperature (12, 17, 22, and 27°C). Red symbols and lines represent epiphytes originating from Z. marina L. leaves. Blue symbols and lines represent Z. marina L. leaves with epiphytes. Green symbols and lines represent bare Z. marina L. leaves. Black lines show fitted exponential or linear function for the photosynthetic parameters: R, Ec and Ek; all with R2 ≥ 0.97. Symbols with error bars represent mean values ± SEM; n = 4, biological replicates.


The dark respiration rate (R) also increased strongly with increasing temperature (Figure 2B). However, while the respiration of leaves with epiphytes and separated epiphytes displayed a quasi-linear increase with temperature (R2 = 0.99 and R2 = 0.98), the respiration of bare seagrass leaves respiration rate increased quasi-exponentially (R2 = 0.99) (Figure 2B). The separated epiphytes exhibited the lowest respiration rate under all measured temperatures (Figure 2B). The respiration rates of bare seagrass leaves exceeded respiration rates of leaves with epiphytes at 12 and 27°C, whereas the respiration rates were similar at 17 and 22°C (Figure 2B). The low dark respiration rate of the epiphytes observed under elevated temperatures (27°C) (Figure 2B), could suggest that the epiphytes are better at adapting to the rising seawater temperature. However, the Q10 relationship between respiration rate and photosynthesis rate of the epiphytes, revealed a negative correlation (Table 1), explaining their low NPMAX values at elevated temperatures (27°C). Such general increase in dark respiration with increasing temperature of seagrass leaves is similar to previous studies (Staehr and Borum, 2011; Pedersen et al., 2016), where Staehr and Borum (2011) found Q10 values for dark respiration ranging from 1.4 to 3.9, which is very similar to our results with Q10 ranging from 1.9 to 2.5 (Table 1).


TABLE 1. Q10 values for photosynthetic parameters: dark respiration, maximum net and gross photosynthesis, and their respective light use efficiencies (α), of Z. marina L. leaves with and without epiphytes, and for epiphytes originating from Z. marina leaves.
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The light utilization efficiency (α) of the bare Z. marina L. leaves was higher at all experimental temperatures, as compared to leaves with epiphytic cover and separated epiphytes (Figure 2C). The light use efficiency was lowest in samples with epiphytes separated from the leaves. Leaves with epiphytes and the separated epiphytes light utilization efficiency increased with temperature reaching a maximum at 22°C, followed by a decrease at higher temperature (Figure 2C). Bare leaves exhibited a marked drop in light utilization efficiency from 12°C (maximum) to 17°C (minimum). This decrease of the bare leaves was thus in contrast to leaves with epiphytes and separated epiphytes, and was followed by an increasing efficiency in bare leaves from 22 to 27°C (Figure 2C). An earlier investigation of the seagrass phyllosphere (Brodersen et al., 2015a), concluded that the presence of epiphytic biofilm diminishes both the quantity and quality of light available for the seagrass leaf, which might explain the lower light utilization efficiencies in leaves with epiphytes and separated epiphytes. These observations emphasize the ability of the bare leaves to maintain a higher NPMAX under elevated temperatures. This statement was supported by the positive relation between the Q10 values of photosynthesis rates compared to respiration rates for bare leaves (Table 1). Our estimated light use efficiencies (α) for Z. marina and its epiphytes were the same order of magnitude as previous findings in Danish waters (e.g., Staehr and Borum, 2011). However, we note that the relatively high estimated α value for bare seagrass leaves at 12°C may be overestimated owing to limited measurements of O2 evolution under sub-saturating photon irradiances for bare leaves at this specific temperature treatment (see Figure 1), which challenges the used calculation of α.

The photon scalar irradiance at the onset of photosynthesis saturation (Ek) of the leaves and epiphytes increased with increasing temperature, with the bare leaf showing lowest EK values at all temperatures, as compared to the separated epiphytes and leaves with epiphytes (Figure 2D). At 27°C, separated epiphytes and leaves with epiphytes reached the onset of light saturation at higher light levels (i.e., 193μmol photons m–2 s–1 and 194 μmol photons m–2 s–1), as compared to the bare leaves (123 μmol photons m–2 s–1) (Figure 2D). Similarly, the compensation irradiance (Ec), i.e., the photon scalar irradiance above which leaves/epiphytes exhibited a net O2 production and thus an autotrophic carbon balance, increased quasi-exponentially (R2 = 0.99) with temperature for all samples (Figure 2E). Epiphytes separated from the leaves and leaves with epiphytes displayed a stronger increase in Ec with increasing temperature, as compared to bare leaves exhibiting the lowest Ec values at all temperatures (Figure 2E). Student’s t-tests confirmed significant differences (p < 0.05) between Ec values of the bare leaves, of the epiphytes separated from the leaves, and of the leaves with epiphytes. The temperature dependency of Ec thus increased the light irradiance demand of the specimens to maintain a positive carbon balance. The lower light compensation level (Ec) observed in bare leaves (Figure 2E), also demonstrated by Staehr and Borum (2011), was accompanied by a lower onset of photosynthesis saturation point (Ek) (Figure 2D) indicating that bare leaves were less temperature dependent/affected (e.g., Wieland and Kühl, 2000). In contrast, leaves with epiphytes exhibited the highest Ec levels over all experimental temperatures (Figure 2E). The high irradiance requirement reflects the impediment of the seagrass by the epiphytic cover; that is, the biofilm was shading the incoming irradiance, affecting both the light quality and quantity reaching the leaf surface (Brodersen et al., 2015a), increasing the light requirement of the epiphyte covered leaf. Thus under future warmer ocean conditions, Z. marina might become limited to shallow waters with sufficiently high irradiance. The water clarity in coastal waters is challenged by ongoing eutrophication by accelerating land runoff, which is promoting algal blooms and epiphytic growth on the seagrass leaves (Borum, 1985; Brodersen et al., 2020a). Furthermore, shallow coastal habitats often experience fluctuating temperatures, O2 levels, and pH changes that constitute a threat to seagrass growth and survival both during the day and at nighttime (Greve et al., 2003; Borum et al., 2005; Pulido Pérez and Borum, 2010; Raun and Borum, 2013; Brodersen et al., 2015a,b; Koren et al., 2015; Brodersen et al., 2020a,b; Rasmusson et al., 2020).



Net Daily Oxygen Production

The net daily oxygen production (DP) calculations provided an overview of the net oxygen budget of the bare leaves, leaves with epiphytes and epiphytes separated from the leaves over a diel cycle with 14 h of light exposure followed by 10 h of darkness. The epiphytes had highest oxygen surplus over diel cycles when exposed to 12–22°C, with up to 2.3-fold higher values compared to the seagrass (Figure 3). This dominance by the epiphytes, at the lower temperature, suggests a competitive advantage for the epiphytes in cold waters. Thus, the bare leaves displayed an optimum at about 22°C in the diel oxygen budget (Figure 3), and exceeded the epiphytes and especially the leaves with epiphytes at 27°C, due the lower temperature impact and higher tolerance (Table 1). At 27°C, an oxygen deficit (i.e., negative DP) was observed for all specimens, indicating onset of hypoxic/anoxic stress conditions; with the lowest oxygen deficiency determined for the bare leaves and the highest oxygen deficiency observed on leaves with epiphytes (Figure 3). Bare seagrass leaves were apparently less affected by the increasing temperature. This was supported by our calculated Q10 values over the temperature range of 12–22°C showing a doubling of respiration, maximum gross, and net photosynthesis rates (Table 1). Bare leaves showed a higher Q10 value for photosynthesis than respiration, as compared to leaves with epiphytes and separated epiphytes that both displayed higher Q10 values for respiration as compared to photosynthesis (Table 1). Such negative DP at high seawater temperature can be detrimental to the seagrass plant as H2S intrusion from the surrounding sediment may occur (Pedersen et al., 2004; Borum et al., 2005; Holmer et al., 2009; Holmer and Hasler-Sheetal, 2014). Considering the ability of Z. marina to acclimate to the different seasonal conditions (Staehr and Borum, 2011), seagrass performance is expected to increase, if the experiments described above were conducted with summer acclimated plant tissue. Further investigations of the seasonal epiphytic biofilm composition and performance, especially epiphytes growing on seagrass leaves throughout the summer/autumn season is thus needed (Borum et al., 1984).
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FIGURE 3. Diel oxygen budget as function of increasing temperatures (12, 17, 22, and 27°C), illustrating the daily net oxygen surplus of the leaf and epiphyte communities. Red bars represent epiphytes originating from Z. marina leaves. Blue bars represent Z. marina leaves with epiphytes. Green bars represent bare Z. marina leaves. The daily net oxygen production was calculated from the fitted exponential saturation models at increasing temperature (see Figure 1; all with a R2 ≥ 0.99) using an in situ measured 14h:10 h light/dark cycle (Staehr et al., 2018). The averaged exponential saturation fits were calculated from a biological replication of 4.




Final pH Measurements: Dissolved Inorganic Carbon Extraction Capacity

A maximal final pH of 9.5 was observed for bare Z. marina L. leaves under 22°C (Figure 4). This result is very similar to recent studies of final pH in other seagrass species, i.e., pH 9.6 in Thalassia hemprichii and Enhalus acoroides (Pedersen et al., 2016) and pH 9.6 in Z. marina L. (Brodersen et al., 2020a). The carbon extraction capacity curves for all specimens (Figure 4) indicate that their CO2 concentration mechanisms (CCMs) are temperature dependent and were mostly affected by the lowest and highest seawater temperatures, corresponding to normal temperature-induced effects on seagrass enzymes like the CO2-concentrating enzyme carbonic anhydrase (CA) (e.g., Staehr and Borum, 2011). The separated epiphytes exhibited the lowest bicarbonate extraction capacity, both under the lowest temperature (12°C; pH 8.9) and the highest temperatures (22 and 27°C), while they exhibited a maximum final pH of 9.4 at 17°C (Figure 4). Leaves with epiphytes and bare leaves reached their maximum final pH of 9.5 at 22°C (Figure 4). A steep decline in final pH was found between 22 and 27°C for all samples, where only leaves with epiphytes reached pH > 9 at temperatures of 27°C (Figure 4). This indicates that bare Z. marina L. leaves and the separated epiphytes apparently lost their ability to utilize bicarbonate in their photosynthesis at 27°C (Figure 4; as the specimens exhibited final pH values < 9). This observation emphasizes that the bicarbonate utilization strategies (CCMs, e.g., Larkum et al., 2017) likely are too energy consuming (Borum et al., 2016) when the temperature is markedly exceeding the normal habitual temperature range (here, at 27°C). Other explanations for the apparent lost or reduced (i.e., for leaves with epiphytes) ability to use bicarbonate at 27°C, are that high temperature-induced increased tissue and/or epiphytic biofilm respiration leads to increased CO2 concentrations in the aerenchyma that can diffuse and thus concentrate CO2 around RuBisCO. Nevertheless, the inorganic carbon extraction capacity was not only specimen specific (i.e., seagrass vs. associated epiphytes) but also temperature dependent (Figure 4). Seagrass and the epiphytes originating from Z. marina L. are therefore expected to experience lower photosynthetic efficiency under future elevated seawater temperatures surpassing 27°C.
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FIGURE 4. Inorganic carbon extraction capacity as a function of increasing temperature (12, 17, 22, and 27°C). Red symbols and lines represent epiphytes originating from Z. marina leaves. Blue symbols and lines represent Z. marina leaves with epiphytes. Green symbols and lines represent bare Z. marina leaves. Data point with error bars represent means ± SEM (n = 4, biological replicates).


Furthermore, with the lowest inorganic carbon extraction capacities at all temperatures, except from (17°C), the epiphytes originating from Z. marina L. appear to have less efficient CCMs compared to the seagrass leaves. This is inline with previous findings showing that simple filamentous algae often lack effective CCMs (Hepburn et al., 2011). Several members of the epiphytic biofilm community originating from Z. marina L. could thus constitute obligate CO2 users. If this is the case, the epiphytes will be restricted by lack of inorganic carbon sources, as the photosynthetic activity of obligate CO2 users are limited at low CO2 concentrations (Albert et al., 2020). Such epiphytes would benefit from ocean acidification. Whether the seagrass did or did not have epiphytic cover, did not show an indicative difference in the inorganic carbon extraction capacity (Figure 4). However, one must assume that the presence of epiphytic biofilm and consequently a change in the seagrass phyllosphere will have significance for the seagrass’ bicarbonate utilization ability. As demonstrated by Brodersen et al. (2020a), the presence of epiphytic biofilm can lead to a reduced photosynthetic efficiency due to basification of the phyllosphere and increasing DBL thickness; hence, cause inorganic carbon limitation. Furthermore, epiphytes extend the diffusion distance between the leaf and the ambient water, and thus impede gas movement in between, moreover, constitute a competitor for the inorganic carbon sources (Brodersen et al., 2020a). In our study, the observed peak in the final pH at 17°C (Figure 4) along with the results from the gas exchange experiments demonstrate that the epiphytes originating from Z. marina L. exhibited optimal photosynthetic performance at 17–22°C. Hence, this increased dependency on sufficient CO2 availability and supply at high seawater temperatures (27°C), may put seagrass leaves and associated epiphytes at enhanced risk of carbon limitation under future climate conditions.

Here, we investigated eelgrass plants and their epiphyte communities sampled at the beginning of the growth season (April) under the spring epiphyte-bloom (Borum et al., 1984). The results are therefore more likely to reflect how plants and epiphytes may be impacted in the early summer months in northern European waters (here Northern Øresund, Denmark), where the maximal water temperature increases about 10°C over a 3-month period (i.e., from ∼10°C in April to ∼23°C in July), and where the plants generally have higher chlorophyll a and nitrogen content, as compared to the late summer months and the autumn epiphyte-bloom (Borum et al., 1984; Staehr and Borum, 2011). Our results (e.g., the increase in critical light requirement with increasing temperature) might therefore be slightly overestimated as compared to the situation for summer-acclimated plants and epiphyte communities. Furthermore, rates of respiration are expected to be peaking at slightly lower temperatures in our spring-acclimated seagrass and epiphyte communities (Staehr and Borum, 2011). Temperate seagrass meadows growing in more open waters with frequent circulation/mixing of the water body are also less likely to experience such high temperatures as investigated in this study (i.e., 27°C) and the derived negative daily O2 production and loss of the ability to utilize bicarbonate as a response to increasing water temperatures. It is also important to note that the potential role of species adaptation and how species originating from latitudinal gradients respond to climate change was not considered in this study (e.g., Short and Neckles, 1999). To further elucidate and predict if one of the specimens (i.e., seagrass leaf or associated epiphytes) will benefit from the changing environmental conditions induced by global climate change, investigations of metabolic responses in different seasonal epiphytic biofilm communities need to be conducted. Furthermore, experimental temperature treatments above 27°C and with longer-term exposure to different temperatures, could provide more detailed information about Z. marina L. acclimation/adaptation capabilities. However, water temperatures above 27°C are highly unlikely at the seagrass sampling site (open water in Denmark). Another major challenge as a consequence of global warming are marine heat waves (MHW) (Nguyen et al., 2021). MHWs can exceed the average temperature for more than 5 days in a row and may present a bigger threat to marine organisms than the current progressive temperature increase (Nguyen et al., 2021). Thus, investigations of the resilience of seagrass and associated epiphytes to these frequent extreme thermal events could supply crucial information about future changes in seagrass-epiphyte interactions and potential effects on plant fitness. Finally, similar measurements should be performed in tropical environments, where seagrasses may be living at water temperatures closer to their thermal stress thresholds, to further elucidate the global impact of ocean warming on the intricate seagrass/epiphyte relationship.




CONCLUSION

Based on our measurements of a low light compensation level (Ec), high light utilization efficiency (α), and high maximum net photosynthesis rates (NPMAX values) at all temperatures for bare leaves we conclude that bare seagrass leaves are less affected by elevated temperatures as compared to seagrass leaves with epiphyte cover and the epiphytes themselves. The high Ek values of leaves with epiphytes and separated epiphytes are likely caused by self-shading. The experiments also confirmed impairment of metabolic rates (i.e., photosynthesis and respiration) when the seagrass leaves had epiphytic cover, revealing that the presence of epiphytic biofilm makes the seagrass more vulnerable to elevated temperatures, e.g., due to thicker DBLs and TDDs, as well as diminished availability of light and inorganic carbon. Epiphytes originating from Z. marina L. exhibited the highest temperature dependency, and thus most susceptible to effects of ocean warming. Moreover, epiphytes displayed less efficient CCMs, implying that the epiphytes will benefit from ocean acidification. Seagrass without epiphytes will be less affected by elevated temperatures and marine heat waves. Increasing seawater temperatures in future oceans may thus affect Z. marina leaf-epiphytes interactions as the presence of epiphytes can negatively affect Z. marina plants responses to temperature increases. Hence, we found a ∼2-fold faster decrease in the net daily O2 balance over the temperature range of 17–27°C for leaves with epiphytes as compared to bare leaves, increasing the risk of inadequate internal plant aeration. Such shift in seagrass-epiphyte interactions may induce stress responses in the plant triggering, for example, increased production of zosteric acid with antifouling activity that can reduce the initial colonization of leaves with microorganisms (Villa et al., 2010) and thus likely improve the plants O2 balance.
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We assessed the potential of dead seagrass Posidonia oceanica matte to act as a biogeochemical sink and provide a coherent archive of environmental change in a degraded area of the Mediterranean Sea (Augusta Bay, Italy). Change in sediment properties (dry bulk density, grain size), concentration of elements (Corg, Cinorg, N, Hg) and stable isotope ratios (δ13C, δ 15N) with sediment depth were measured in dead P. oceanica matte and unvegetated (bare) sediments in the polluted area, and an adjacent P. oceanica meadow. Principal Component Analysis (PCA) revealed a clear clustering by habitat, which explained 72% of variability in our samples and was driven mainly by the accumulation of N and Hg in finer sediments of the dead matte. Assessment of the temporal trends of Corg, N and Hg concentrations in the dead matte revealed changes in the accumulation of these elements over the last 120 years, with an increase following the onset of industrial activities 65 y BP (i.e., yr. 1950) that was sustained even after seagrass loss around 35 y BP. Despite a decrease in Hg concentrations in the early 1980s following the onset of pollution abatement, overall Hg levels were 2-fold higher in the local post-industrial period, with a Hg enrichment factor of 3.5 in the dead matte. Mean stocks of Corg, N and Hg in 25 cm thick sediment deposits (4.08 ± 2.10 kg Corg m-2, 0.14 ± 0.04 kg N m-2, 0.19 ± 0.04 g Hg m-2) and accumulation in the last 120 yr (35.3 ± 19.6 g Corg m-2 y-1, 1.2 ± 0.4 g N m-2 y-1, 0.0017 ± 0.0004 g Hg m-2 y-1) were higher in the dead matte than bare sediment or adjacent P. oceanica meadow. Our results indicate that dead P. oceanica matte maintained its potential as a biogeochemical sink and, like its living counterpart, dead matte can serve as an effective archive to allow for reconstructing environmental change in coastal areas of the Mediterranean where severe perturbations have led to P. oceanica loss. Appropriate management for contaminated areas should be prioritized to prevent release of pollutants and carbon from dead mattes.
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Introduction

There is an increasing appreciation of the role of seagrass ecosystems as nature-based climate solutions due to their effective carbon sequestration (Macreadie et al., 2021). As blue carbon (BC) sinks, seagrass meadows sequester organic carbon through metabolism (Duarte et al., 2010) and trapping of allochthonous particles (Gacia and Duarte, 2001), which results in the formation of biogenic reefs comprised of senescent plant tissue and sediment. These reefs show increased carbon preservation as their sub-surface anoxic conditions favor slow decomposition and effectively retain buried carbon (Duarte et al., 2013). This is particularly impressive in the case of the Mediterranean endemic seagrass species, Posidonia oceanica (L.) Delile, which can form extensive deposits called ‘matte’ (Boudouresque et al., 2015) that can be up to 6.5 m thick (Lo Iacono et al., 2008) and 9,000 yr. old (Monnier et al., 2021). P. oceanica is a slow-growing, perennial, long-lived seagrass that owes the capacity to form these mattes to the vertical growth of its rhizomes that raise the matte over time, while the highly recalcitrance nature of its modules (Kaal et al., 2018) favors slow decay rates (Mateo et al., 1997). It has been well documented that these mattes act as significant sinks for carbon, storing up to 88 kg Corg m-2 in their top meter of sediment (Serrano et al., 2016b; Mazarrasa et al., 2017b; Apostolaki et al., 2019; Monnier et al., 2021), which places P. oceanica meadows among the top blue carbon sinks compared to other seagrass species around the world (Lavery et al., 2013; Thorhaug et al., 2017; Röhr et al., 2018; Serrano et al., 2018; Sousa et al., 2019).

Less studied, yet seemingly equally important, is the capacity of P. oceanica mattes to sequester and retain nutrients and contaminants, and the consequent role of seagrass meadows in the mitigation of coastal eutrophication and contamination in the Mediterranean Sea. Anthropogenic activities around Mediterranean coasts and industrialization have increased the levels of nutrients, such as nitrogen (N), in the water column and studies, albeit very limited so far, have documented that part of the N incorporated in P. oceanica tissues is stored in their underlying sediments (Mateo et al., 1997; Apostolaki et al., 2019), supplemented also by the high capacity of these meadows to trap suspended N-bearing particles from the bottom water above the canopy (Gacia et al., 2002). Similarly, P. oceanica shoots tend to accumulate trace elements in their tissues (Bonanno and Orlando-Bonaca, 2017), while the meadows enhance the deposition of fine organic-rich particles that have strong binding affinity with trace elements and, thereby, immobilizing a large quantity of pollutants in their substrates (Serrano et al., 2011). As such, the P. oceanica matte represents an important archive of anthropogenic disturbances that has helped to reconstruct environmental change and identify thresholds of ecosystem processes following perturbations (Serrano et al., 2011; Serrano et al., 2013; Leiva-Dueñas et al., 2021).

Intensification of anthropogenic activities around the coasts of the Mediterranean has resulted in an accelerating degradation of P. oceanica ecosystems (de los Santos et al., 2019), with important implications for the role of this species in the biogeochemical cycles of the Mediterranean Sea. The loss of P. oceanica foliar canopy results in the exposure of matte, which is then comprised only of the underlying rhizomes and roots, and sediment particles and is often called ‘dead matte’. Being indicative of seagrass degradation, dead P. oceanica mattes have been traditionally considered a habitat of poor ecological quality, failing to attract considerable research attention or management. However, there has been early evidence of the importance of these ecosystems (Borg et al., 2006) and their very recent use as a substrate for successful transplantation and regeneration of P. oceanica meadows (Calvo et al., 2021) could revalorize dead mattes in the current consensus for ocean restoration. In fact, dead mattes may persist for several years or even decades (Boudouresque et al., 2015). This feature could allow the assessment of historical fluctuations in areas with unknown local history, where severe pressure has resulted in complete disappearance of the meadows. This would advocate an implementation of relative conservation actions, but at present we lack a generalized understanding of the fate of stocks in dead mattes that is necessary to build a comprehensive framework to support environmental management of these degraded matte areas.

Currently it is unclear whether dead mattes maintain their chrono-stratigraphy coherently and their biogeochemical sinks intact, and there is still a significant knowledge deficit in the fate of carbon and nutrient following cover loss. Apparently, in the absence of leaves there would be no seagrass metabolic capture, as seagrass productivity is a key factor regulating the magnitude of carbon storage (Mazarrasa et al., 2018), while a potential decrease in trapping of allochthonous matter is also expected to occur. Seagrass loss may pose a risk of erosion and subsequent remineralisation of historic stores of organic matter which have been built-up in seagrass sediments over centuries, or even millennia in the case of P. oceanica, as the upper, previously anoxic layers of sediment can become exposed to oxic conditions (Pendleton et al., 2015; Lovelock et al., 2017). However, the vulnerability to decomposition depends on the microbial activity and recalcitrance of the residual organic matter (Spivak et al., 2019), which in turn varies among seagrass species. P. oceanica cover loss does not necessarily lead to erosion, but it can result in increase in mineralization of organic matter at least in the rhizosphere (Piñeiro-Juncal et al., 2021) and it is the balance between the decomposition and preservation and the environmental conditions that would ultimately determine the magnitude of elemental loss.

Here, we study the potential of dead seagrass P. oceanica matte to act as a biogeochemical sink. We do so by reconstructing the historical trends in concentration and accumulation of carbon, nitrogen and mercury in sediments beneath dead P. oceanica matte and unvegetated (bare) sediments in a highly contaminated coastal marine area in the Mediterranean Sea (Augusta Bay, Italy), and in sediments beneath an adjacent P. oceanica meadow. More widely, we address the capacity of dead mattes to provide a coherent archive of environmental change in degraded areas along the Mediterranean coastlines.



Materials and Methods


Study Site

The study was performed in Augusta Bay, a semi-enclosed basin located in eastern Sicily (Italy), delimited to the north by Santa Croce Cape and to the south by Santa Panagia Cape (Figure 1). The north-eastern side of the bay is occupied by Augusta Harbour, where major commercial and industrial activities commenced after World War II. The area hosts the largest European petrochemical complex and the most important chloro-alkali plant in Italy, which was active from 1954 to 2005, and until the early 1980s had been discharging waste waters into the sea across the Vallone della Neve River without treatment. Consequently, high accumulations of mercury (Hg) have been reported in the marine environment of Augusta Bay (Bellucci et al., 2012), with major Hg discharges continuing until the construction of a demercurization and waste treatment plant in 1983, in accordance with the national law (G.U.R.I, L.319/1976). Two breakwaters built in the 1960s have delimited Augusta Harbour from the open sea, and the presence of two narrow inlets (Levante, which is 400 m wide and 40 m deep, and Scirocco, which is 300 m wide and 13 m deep) together with a general cyclonic water circulation (ICRAM, 2008) (Figure 1) prevented higher water exchange and facilitated further accumulation of contaminants (Sprovieri et al., 2011).




Figure 1 | Map of Augusta Bay (Ionian Sea, southern Italy, eastern Sicily). Arrows indicate the main currents (modified from ICRAM, 2008 and Di Leonardo et al., 2014). The grey segments indicate the breakwaters built in the 1960s that delimit connection of Augusta Harbour from the open sea through the Scirocco and Levante inlets. The chloro-alkali plant (indicated with a star) and the mouth of the river Vallone della Neve are also shown. The sampling stations (dead matte and bare sediment at Priolo Bay, and Posidonia oceanica at Xifonio Gulf) are reported.



Through the Scirocco Inlet, Augusta Harbour connects with the coastal area of Priolo Bay, defined by the European Commission Habitat Service (94/43/EEC) as a Site of Community Importance (SCI). The outflows of bottom water export contaminants from the Harbour to Priolo Bay through this inlet (Di Leonardo et al., 2014; Signa et al., 2017). Consequently, high contents of Hg (1.3 ± 0.2 mg kg-1), Cd (0.2 ± 0.0 mg kg-1), Ni (46.2 ± 7.2 mg kg-1) and PAHs (ΣPAHs18 164.4 ng g-1), exceeding sediment quality guidelines, have been detected in the surface sediments of Priolo Bay (Di Leonardo et al., 2014). Priolo Bay shows complex current dynamics with a general water flow moving from NE to SW and a local current parallel to the coast (Di Leonardo et al., 2014). The large input of contaminants during the last century caused gradual regression of the Posidonia oceanica seagrass meadow extending in the area until its complete loss in the late 1970s (Costantini, 2015; Di Leonardo et al., 2017). Currently, the seabed is characterized by sand and dead seagrass matte (Di Leonardo et al., 2014).

The north-western sector of Augusta Bay is covered by extensive and abundant P. oceanica meadows in Xifonio Gulf, around 3 - 7 km away from August Harbour and the petrochemical industries. The meadow expands at 13 m depth, with shoot density of 363 ± 20 shoots m-2 and leaf area index of 6.6 m2 leaves m-2 (Costantini, 2015). Hg concentration in P. oceanica leaves is 0.09 ± 0.02 mg kg-1 (S. Vizzini, unpubl. data), close to the Hg mean reported from areas with minimal contamination (0.04 ± 0.00 mg kg-1, (Lafabrie et al., 2008).



Sampling and Analytical Methods

Three stations were selected, each one characterised by a different habitat but at similar water depth (ca. 12 m). Two stations were located at Priolo Bay: one characterized by the presence of dead P. oceanica matte, hereafter called ‘dead matte’, and the other characterized by unvegetated sediments, hereafter called ‘bare sediment’ (Figure 1). Another station was sampled at Xifonio Gulf, within the P. oceanica meadow, hereafter called ‘P. oceanica meadow’. Sediment cores were collected at each station in July 2015 by scuba-divers in duplicate (around 10 m apart from each other) to allow the assessment of spatial and temporal variability, using a hand-corer consisted of a 60 cm long and 7.4 cm wide PVC pipe. Compression was estimated by measuring the outer, inner, and total length of the core. Prior to any calculation, the thickness of each sediment slice was corrected by applying a compression correction factor. The compression factor was on average 0.76 for dead matte cores, 0.86 for bare sediment cores and 0.65 for P. oceanica cores. Sediment samples were immediately frozen at -20°C.

The cores were sliced into 1 cm sections for the first 10 cm and every 2 cm for the remaining sediment. Subsamples of each slice from the first ten cm of sediment were homogenized to correspond to a slice thickness of 0 – 10 cm of sediment, which was used for granulometry analysis. Wet samples were previously left in a H2O2 solution (3 - 10%) to eliminate organic matter. Subsequently, sediment fractions (gravel > 2 mm, sand 2 mm - 63 μm, silt/clay < 63 μm) were oven-dried at 60°C, separated by dry sieving using a set of sieves up to 63 µm, and weighed.

The remaining sediment of each slice was freeze-dried for 48 hours and powdered for the determination of dry bulk density, elemental concentration and isotopic composition of carbon and nitrogen and mercury concentration per slice. For the determination of concentration of total carbon and nitrogen (Ctot, N) and nitrogen isotopic composition (δ15N), sediment aliquots were weighed in tin capsules and analysed using an isotope ratio mass spectrometer (Thermo IRMS Delta Plus XP) coupled with an elemental analyser (Thermo EA-1112). For the determination of organic carbon (Corg) a fraction of each sediment sample was acidified in silver capsules prior to the analysis in the EA-IRMS system according to Nieuwenhuize et al. (1994) to eliminate carbonates. For carbon stable isotope (δ13C) determination, each sample was acidified with HCl 2N until bubbling stopped to remove carbonates, centrifuged and the supernatant removed by pipette; sample was then washed with Milli-Q water, centrifuged, oven dried after supernatant removal and weighed in tin capsules. Analytical uncertainty based on replicate measurements of internal standards (Acetanilide for C and N, International Atomic Energy Agency IAEA- CH-6 for δ13C and IAEA-NO-3 for δ15N) was 0.02%, 0.05%, 0.1‰ and 0.2‰ for C, N, δ13C and δ15N, respectively. The concentration of inorganic carbon (Cinorg) was calculated as the difference between the concentration of Ctot and Corg.

To quantify aluminium (Al) and mercury (Hg) concentration, dry sediment sub-samples (0.2 g each) were mineralised using an automatic microwave digestion system (MARS 5, CEM) with a solution of 67–70% HNO3, 30% HF, 30% H2O2 and Milli-Q water at a ratio of 6:2:0.4:1.6 according to the USEPA (1996) method. Hg concentration was determined using a hydride generation system linked to ICP-OES with a reductant solution, consisting of 0.2% sodium (Na) borohydride and 0.05% Na hydroxide. Samples were analysed by inductively coupled plasma optical emission spectrometry (ICP-OES, Optima 8000, PerkinElmer). Analytical quality control was performed using Marine sediment NIST 2702 (National Institute of Standards and Technology) as the Certified Reference Material (CRM) (recovery percentage was between 88% and 101%). RSD was lower than 10%; LOQ was 0.003 mg kg-1. Hg data were normalised to Al measured at the corresponding slices to account for the difference in grain size and minerology (e.g., Ackermann, 1980; Di Leonardo et al., 2007).

The activity of 210Pb was determined in selected sub-samples at dead matte core 1 and 2 and P. oceanica core 1. P. oceanica core 2 and both bare sediment cores thought to be unsuitable for dating due to their sandy nature and high bioturbation and the potential to be highly mixed. The activity was determined through the measurement of its granddaughter 210Po, using alpha spectrometry. This method is based on that outlined in (Flynn, 1968) and used double acid leaching (with freshly prepared aqua regia, 3:1 conc. HCl: conc. HNO3) of the dried sediment sample followed by auto-deposition of the Po in the leachate onto silver polished discs. 209Po was added as an isotopic yield tracer. Samples were counted over three days on a Canberra Alpha spectrometry Quad system. The limit of detection was 0.1 Bq kg 1.



Calculations and Data Analysis

Mass and sediment accumulation rates (MAR, g cm-2 y-1 and SAR, cm y-1) were calculated from 210Pb data using the Constant Flux: Constant Sedimentation CF: CS model (Robbins, 1978) of 210Pb dating, which gives an average sediment accumulation rate over the datable cumulative mass or core depth, respectively, and via the Constant Rate of Supply (CRS) model (Appleby and Oldfield, 1978). While the CF:CS model has been shown to be robust in many marine settings, the CRS model allows for the assessment of variations in sediment accumulation rate over time, although it makes the fundamental assumption that 210Pb supply is dominantly atmospheric (rather than supplied on sediment particles), which may not apply in dynamic sedimentary environments such as Augusta Bay where significant sediment in-wash or remobilization occurs. Application of the CRS model here indicated no large-scale inflections or variations in sediment accumulation rate in the cores dated, in line with the assumptions used in the CF:CS model. So, while we used both methods here to evaluate sediment accumulation rates, we used the CF:CS model as the primary model for age control. Supported 210Pb activities (ca. 12 Bq kg-1) were estimated using average activities in older, deeper sediments, effectively the activity at which 210Pb declines to near-constant values at depth in older core material (Cundy and Croudace, 1996). For the simple or CF: CS model, the sedimentation rate was calculated by plotting the natural logarithm of the unsupported 210Pb activity (210Pbexcess) against depth and determining the least-squares fit. Inventories of excess 210Pb (in Bq m-2) per core were calculated as the sum of excess 210Pb activity multiplied by the DBD and slice thickness of each core slice.

Analysis of Covariance (ANCOVA) was used to examine whether there were significant differences in the temporal profiles of geochemical variables among dead matte and P. oceanica habitat. Given the low number of cores per habitat, we used ‘core’ as the categorical variable instead of ‘habitat’, while ‘age’ was the continuous explanatory variable. The residuals were checked for normality using the Shapiro-Wilk test and for homogeneity of variance using the Levene’ s test. When necessary, data were log10 transformed. When a significant interaction occurred among the explanatory variables, a linear regression was used to assess the change in geochemical variables along the years for each core separately. A linear regression was also used to estimate possible variation in the distribution of elements downcore in the case of bare sediment cores, as we were not able to ascribe dates to those cores (see below).

A paired t-test was used to identify the impact of contamination in Priolo Bay, by comparing the mean concentrations of elements before and after the onset of industrial activities in dead matte cores, based on the 210Pb geochronology. Prior to the analysis, the data were checked for normality using the Shapiro-Wilk test.

Principal component analysis (PCA) was performed to identify patterns of variance between habitats. The PCA was performed using an Euclidean distance matrix considering the vertical profile of DBD, Corg, Cinorg, N, Hg:Al, δ13C and δ15N per core, while the granulometric data of the 0 – 10 cm sediment slice were extened to the whole core. Compositional data (grain size fractions and elemental concentrations) were transformed using the log center ratio (Aitchison, 1986) and all data were standardized using z-scores. Permutational multivariate analysis of variance was used (PERMANOVA, n perm. = 999) (Anderson, 2001) to detect potential significant differences in the ordination of habitats based on their vertical profiles.

Elemental stocks were estimated as the cumulative product of element concentration, DBD and decompressed sediment slice thickness and were standardized to 25 cm of sediment thickness. We also standardized the estimates of stocks to sediment thickness of one meter to allow comparisons, by fitting a linear regression of cumulative stock per slice against sediment depth. Accumulation rate of elements were standardized to the last 120 years (the effective age limit of 210Pb dating) by multiplying the corresponding stock with SAR.

Mixing models using δ13C were applied [R package simmr: Stable Isotope Mixing Models in R (Parnell et al., 2013)] to estimate the contribution of potential sources of organic matter to the sediment Corg in the three different habitats. As the deeper layers may have undergone post-depositional diagenesis processes, mixing models were applied just for the first 5 cm of sediment depth. The end-members included in the model were: particulate organic matter (POM; δ13C = -22.9 ± 0.3‰), seagrass leaves (P. oceanica; δ13C = -12.0 ± 1.0‰) and the macroalgae (Caulerpa prolifera and Dictyopteris polypodioides; averaged δ13C = -16.5 ± 5.6‰). δ13C data for POM and macroalgae were retrieved from Signa et al. (2017), while those of P. oceanica leaves are unpublished (S. Vizzini data).

All the analyses were performed using R version 3.6.1 (R Core Team, 2021).




Results

The total activity of 210Pb showed a quasi-exponential decline with sediment depth in dead matte core 1, reaching supported activities (ca. 12 Bq kg-1) at 19 - 20 cm of sediment depth (Figure 2). The application of the CF:CS rate model yielded a SAR of 0.19 ± 0.03 cm y-1 (MAR = 0.14 g cm-2 y-1). We did not reach these background activities at the base of the core material available for dating (11 - 12 cm) in dead matte 2, as activities were still higher than supported activities in this shorter core, and SAR was estimated at 0.19 ± 0.21 cm y-1 (MAR = 0.11 g cm-2 y-1). SAR of the P. oceanica core 1 was 0.21 ± 0.77 cm y-1 (MAR = 0.12 g cm-2 y-1). Mixing of sediment profiles (and the very sandy composition of the sediment, see below) precluded the estimation of SAR by 210Pb in bare sediment cores and P. oceanica core 2. For the latter, we used the SAR of P. oceanica core 1 to calculate the corresponding accumulation rates. The 210Pbexcess inventories of dead matte 1 (3,605 ± 469 Bq m-2) and dead matte 2 (2,884 ± 490 Bq m-2) were higher than that of P. oceanica 1 (2,711 ± 461 Bq m-2) (Figure 3).




Figure 2 | Total 210Pb activity (Bq kg−1 ± SE) with sediment depth. Shaded area represents the supported activity (12 Bq kg-1).






Figure 3 | Inventories of 210Pbexcess (Bq m-2) at each core and habitat. Errors are based on uncertainties on the 210Pb measurements used in the inventory calculations.



The sediments beneath each habitat were mainly sandy, but those of dead matte had two to three-fold higher silt/clay content (Table 1). The vertical distribution of elemental concentrations and isotopic composition differed between habitats, with dead matte cores showing a higher range and larger variability within the sediment profile. The temporal distribution of geochemical variables studied over the last 120 years differed between dead matte and P. oceanica cores, although the way age affected the variation depended on the core studied and not all cores showed a significant variation with time (Figures 4A, B and Table S1). The range of DBD in dead matte cores (0. 29 - 0.78 g cm-3 with mean 0.52 ± 0.16 g cm-3) was similar to that in P. oceanica cores (0.15 - 0.91 g cm-3 and mean 0.49 ± 0.16 g cm-3), but P. oceanica cores showed a decrease in DBD towards the present day (Figure 4A). Overall, high variation in the investigated variables was evident for dead matte cores from 12 cm sediment depth up to the sediment surface, which, based on the chrono-stratigraphy of the cores, corresponds to the period of 1950 (i.e., the onset of industrial activity) to present (i.e., 2015, when cores were collected). A significant increase towards present was measured for Corg and N in dead matte 1, while both dead matte cores showed significantly more 15N-enriched and 13C-depleted values. Overall, the range and mean (± STDEV) of Corg (1.65 – 3.50 and 2.28 ± 0.44% DW) and N (0.02 - 0.2 and 0.08 ± 0.05% DW) in P. oceanica cores showed generally lower values than in the dead matte ones, with only the N concentration of P. oceanica core 1 showing a significant increase towards the present (Figures 4A, B). The δ13C and δ15N ranges were similar between habitats, with P. oceanica core 1 showing higher δ13C and δ15N values and core 2 lower δ15N values towards the present. The range of Hg concentration (0.28 – 3.18 mg kg-1) was above the local background value (BGV 0.28 mg kg-1; Romano et al. (2021)) almost along the whole sediment profile of the dead matte cores. Hg was marginally at the BGV only at the base of the cores. Hg and Hg:Al showed a major increase starting at around 65 y BP (after yr. 1950) and high accumulation during the 1960s and 1970s. On the contrary, Hg concentration was constantly below the BGV in the P. oceanica cores, with 0.02 – 0.20 mg kg-1 range and a 24-fold lower mean (0.08 ± 0.05 mg kg-1) than in the dead matte cores (1.84 ± 0.92 mg kg-1). Paired t-tests between pre- and post-industrial mean values for dead matte revealed a significant increase in Hg (t = 6.5, P < 0.05) and Hg:Al (t = -488, P < 0.001) and a significant depletion in the δ13C signal (t = − 10.6, P < 0.05) after 1950 (post-industrial period). By dividing the maximum Hg concentration in the post-industrial period with the median one during the pre-industrial period, we calculated an enrichment factor for Hg of 3.5 at the dead matte habitat.


Table 1 | Range (min – max) and mean (± STDEV) values of sediment properties over the top 25 cm of substrate per habitat.






Figure 4 | Vertical profiles of (A) dry bulk density, Corg, Cinorg and δ13C and (B) N, δ15N, Hg, Hg:Al with sediment depth for each core collected per habitat. Temporal trend for the last 120 years is also provided for dead matte and P. oceanica cores (only distribution with sediment depth is given after 120 yr. BP). The grey shaded area in the Hg profile indicates the local background value (BGV) of 0.28 mg kg-1 (Romano et al., 2021). The brown line indicates the onset of industrial activities in Augusta Bay, while the blue one indicates the commissioning of the demercurization plant and waste treatment. The green shaded area indicates the period of seagrass loss. Red asterisks indicate significant linear relationship with age for dead matte and P. oceanica cores and with depth for bare sediment cores (D, dead matte; B, bare sediment, P. oceanica meadow).



The range of DBD in bare sediment cores (0.40 – 1.18 g cm-3 and mean 0.83 ± 0.23 g cm-3) was higher than that in dead matte cores (Table 1). Both Corg and N concentrations showed an increase towards the surface of the bare sediment cores, but this increase was not as pronounced as in the case of the dead matte cores (Figure 4A). Hg concentration showed a different pattern from that found in the dead matte cores, with decreasing values towards the surface. Dead matte cores contained, on average, 12 times higher Corg (3.48 ± 1.15% DW), 5 times higher N (0.13 ± 0.02% DW), 5 times higher Hg (1.84 ± 0.92 mg kg-1), and 2 times higher δ15N values (2.25 ± 0.6 ‰) than bare sediments (Corg 0.30 ± 0.09% DW, N 0.03 ± 0.01% DW, Hg 0.36 ± 0.19 mg kg-1, δ15N 1.00 ± 0.6 ‰) (Figures 4A, B). Only Cinorg was higher in bare sediments (8.25 – 13. 37% DW, 11.03 ± 1.28% DW) than in dead matte (6.23 – 13.46% DW, 8.25 ± 1.51% DW).

Two principal components explained 72% of the total variability in the vertical profiles among the habitats (Figure 5). The three habitats are well separated along the PC1 axis, which accounted for 48% of total variability, while PC2, explaining 24% of total variability, separated P. oceanica meadow from the other two habitats. Dead matte was characterised by a higher silt/clay, Hg:Al and N content, while bare sediment had higher DBD and Cinorg content. PERMANOVA showed a strong clustering of habitats based on their corresponding profiles (Table S2, P < 0.001).




Figure 5 | PCA biplot of the vertical profiles (standardized to the top 25 cm) of dry bulk density, grain size fractions (gravel, sand, silt/clay), and elements (Corg, Cinorg, N, δ13C, δ15N, Hg:Al) for all habitats.



Dead matte supported on average 7 times higher Corg stock (4.08 ± 2.10 kg Corg m-2) and 3 times higher N stock (0.14 ± 0.04 kg N m-2) than bare sediment (0.55 ± 22.13 kg Corg m-2, 0.05 ± 0.01 kg N m-2) in the top 25 cm of sediment (Table 2). Dead matte also supported higher Corg and N stocks than P. oceanica (2.88 ± 0.53 kg Corg m-2, 0.07 ± 0.01 kg N m-2), but the difference was not that pronounced. Bare sediments supported the highest Cinorg stocks (22.13 ± 3.04 kg Cinorg m-2), with 3-fold higher values than in both dead matte (8.85 ± 1.97 kg Cinorg m-2) and P. oceanica (10.89 ± 4.7 kg Cinorg m-2). Mean stocks extrapolated in the top meter in dead matte were 179 ± 118 Mg Corg ha-1, 399 ± 113 Mg Cinorg ha-1 and 6.1 ± 2.3 Mg N ha-1, in P. oceanica were 124 ± 20 Mg Corg ha-1, 457 ± 178 Mg Cinorg ha-1 and 3.1 ± 0.7 Mg N ha-1 and in bare sediments were 24 ± 6 Mg Corg ha-1, 977 ± 164 Mg Cinorg ha-1 and 2.1 ± 0.2 Mg N ha-1. The difference in Hg stock between habitats was very high, with dead matte (0.19 ± 0.04 g Hg m-2) having 2-fold higher mean than that in bare sediment (0.09 ± 0.01 g Hg m-2) and 26-fold higher than that in P. oceanica (0.007 ± 0.004 g Hg m-2).


Table 2 | Mean ± STDEV of Corg, Cinorg and N stocks in the top 25 cm of sediment at each habitat.



The mixing model outcome indicated that the contribution of different sources to the organic carbon was similar between the dead matte and P. oceanica meadow, while it differed at the bare sediment (Figure S1). Seagrass detritus contributed on average 32% and 36% in dead matte and P. oceanica meadow, respectively. The overall contribution of other sources (i.e., macroalgae D. polyploides and C. prolifera, and POM) to the organic carbon pool was higher than that of seagrass; macroalgae contributed in total 52% and 51% in dead matte and P. oceanica meadow, respectively, while POM contributed the remaining 16% and 12%, respectively. Macroalgae (D. polyploides and C. prolifera) and POM were the main contributors to the bare sediment (44% and 38%, respectively).

Over the last 120 years, the rate of accumulation of Corg and N was higher in dead matte (35.3 ± 19.6 g Corg m-2 y-1, 1.2 ± 0.4 g N m-2 y-1) than in P. oceanica (24.3 ± 3.7 g Corg m-2 y-1, 0.6 ± 0.1 g N m-2 y-1). The accumulation rate of Hg was especially higher in dead matte than that in P. oceanica (i.e., by 27-fold; 0.0017 ± 0.0004 g Hg m-2 y-1 and 0.00006 ± 0.00003 g Hg m-2 y-1 in dead matte and P. oceanica, respectively). The Cinorg accumulation rate was lower in the dead matte than in P. oceanica (74.4 ± 22.8 g Cinorg m-2 y-1 and 91.6 ± 33.9 g Cinorg m-2 y-1 in dead matte and P. oceanica, respectively). More than half of the stocks in the dead matte were accumulated after the onset of industrial activities, with a large part even after seagrass loss (Figure 6).




Figure 6 | Temporal trend of Corg, Cinorg, N and Hg stocks in dead matte and P. oceanica cores over approx. the last 120 yr. Note the different scale in Hg stock.





Discussion

Our data analysis revealed that dead P. oceanica matte is an important biogeochemical sink and a valid archive for reconstructing Hg contamination in Augusta Bay. The vertical and temporal trends in geochemical variables studied here reflect the change in environmental conditions following the onset of industrial development in Augusta Harbour after World War II. The release of contaminants from 1950 (Bellucci et al., 2012) and the concurrent human intervention in water circulation with the building of breakwaters in the early 1960s resulted in the accumulation of elements in the southern part of the bay (Sprovieri et al., 2011) and the subsequent higher post-industrial contamination levels in Priolo Bay through export of contaminants from Augusta Harbour (Di Leonardo et al., 2014).

Dead matte had high capacity to accumulate elements, as seen by the increase of Corg, N and δ15N values over the past 120 years and the higher N and Hg association with fine sediments shown by the PCA. Post-industrial concentrations in P. oceanica cores remained at pre-industrial levels, despite slight and occasional (i.e., not consistent among cores) increases in N, δ15N and Hg, which fall inside the natural temporal and spatial variability within seagrass meadows (Kennedy et al., 2010; Bonanno and Orlando-Bonaca, 2017). The strong separation of habitats shown in statistical analyses reflected their corresponding geochemical profiles, with organic-rich sediments of both Posidonia mattes supporting higher organic stocks, as opposed to the coarse, high density and inorganic-rich bare sediment. The concentration of Cinorg does not necessarily differ among seagrass and adjacent bare sediments (Mazarrasa et al., 2015) and the magnitude of Cinorg accumulation varies considerably among habitats and seagrass species, depending on the balance between carbonates precipitation, dissolution and sedimentation and the environmental conditions, implying that in the given study the lower Cinorg stocks in Posidonia mattes should reflect enhanced dissolution of carbonates in seagrass sediments (Saderne et al., 2019). The capacity of seagrass sediments to support larger organic stocks than bare sediments has been shown previously (e.g., (Serrano et al., 2016c; Thorhaug et al., 2017; Gullström et al., 2018), including P. oceanica meadows (Apostolaki et al., 2019). That capacity has been related to the intense metabolism (Duarte et al., 2010) and high trapping capacity of seagrass shoots (Gacia and Duarte, 2001) and the slow decay of seagrass sediments due to the recalcitrant nature of P. oceanica detritus (Mateo et al., 1997; Kaal et al., 2018). This is the first study though to show that, even when dead, the P. oceanica matte maintained high Corg and N stocks. The dead matte accumulated sediments at a rate (1.9 ± 0.9 mm y-1, on average) close to the mean reported for the species (2.1 ± 0.4 mm y-1; Serrano et al. (2016b)) and supported stocks in the top meter that were inside the range reported for other P. oceanica meadows in the western and eastern parts of the Mediterranean basin (Mazarrasa et al., 2017b; Apostolaki et al., 2019). The stocks were standardized to 1 m sediment thickness for the sake of comparison between habitats studied here and elsewhere, but normalization by a period of accumulation rather than depth should be more effective in providing robust comparisons. Unfortunately, the absence of a valid chronological record from bare sediment cores precluded unvegetated sediments from this comparison. The upper ~10 cm of sediment in bare sediment cores seemed to be eroded or mixed rapidly, indicative of low retention capacity of superficial sandy unvegetated sediments (Thorhaug et al., 2017). However, the comparison of Posidonia mattes for the past 120 years revealed that dead matte retained its sink capacity even 30 years after the death of the shoots.

Other studies that examined the effect of decline or complete loss of other seagrass species on BC storage have reported extensive decreases in stocks (Marbà et al., 2015; Dahl et al., 2016; Thorhaug et al., 2017; Arias-Ortiz et al., 2018; Trevathan‐Tackett et al., 2017; Githaiga et al., 2019; Salinas et al., 2020; Moksnes et al., 2021). These decreases are usually attributed to erosion following canopy loss and the subsequent enhancement in mineralization of previously buried Corg under newly oxic conditions. In our case, however, erosion of dead matte had been minimal, as seen by the comparison of 210Pbexcess inventories across Posidonia matte cores. It should be noted here that differences in sedimentary setting and sediment composition, and possibly in 210Pb supply dynamics between Priolo Bay and Xifonio Gulf presumably yielded different 210Pbexcess inventories and therefore the use of the 210Pbexcess inventory of Xifonio Gulf as a reference for assessing possible erosion should be considered with caution. Nevertheless, the sedimentary record stretches to the present day, and, based on elemental and isotopic compositions and profiles, it seems that there has been continuous sediment accumulation in dead matte. In fact, there have been other occasions where no erosion was detected following cover loss of several seagrass species, including P. oceanica (Macreadie et al., 2014; Salinas et al., 2020; Piñeiro-Juncal et al., 2021). The fate of stocks following disturbance in BC ecosystems is not thoroughly understood (Spivak et al., 2019) and the magnitude of elemental loss will ultimately depend on the interplay between local environmental settings and biogeochemical conditions that drive the balance between decomposition and preservation of organic matter. Here, it appears that the chronic loading of effluents from intensive industrial activities increased the sediment pools and gradually resulted in loss of foliar canopy but did not disrupt the matte in the given short time period. The specific geomorphology of the dead matte area with mild hydrodynamics (ICRAM, 2008) and moderate depth, where the wave-orbital motions potentially causing sediment resuspension and erosion are expected to be limited (Fonseca and Bell, 1998; Samper‐Villarreal et al., 2016), and the establishment of the breakwaters, which further attenuated water movement (Sprovieri et al., 2011), provided protection from physical disturbance and significant erosion. The absence of mechanical damage such as anchoring, that can lead to extensive erosion of dead matte patches (Abadie et al., 2016), also provided a degree of physical protection. Although we have not measured the mineralization rate of sedimentary organic pools, available data from the area show microbial degradation of organic matter (Oliveri et al., 2016). It appears that any microbial priming and increase in efflux of CO2 (Trevathan-Tackett et al., 2018) must have been counterbalanced by the continuous deposition of organic matter and the recalcitrant nature of seagrass detritus, limiting the long-term loss of sediment Corg. A similar  situation has been described in fish-farm impacted seagrass sediments, where continuous deposition of fish farm effluents had led to enhancement of mineralization and efflux of CO2 and dissolved nitrogen (Apostolaki et al., 2010) and at the same time to increase in the sedimentary organic matter pools (Apostolaki et al., 2011), suggesting that continuous deposition may outpace the deriving effluxes or that there may be a time lag between efflux and considerable decrease in organic matter pools. Perhaps this could be a unique characteristic of P. oceanica dead matte, owing to its intrinsic properties where rhizomes and roots promote stability (Dahl et al., 2021; Piñeiro-Juncal et al., 2021) while slow decay rates (Mateo et al., 1997) and refractory sediment organic matter (Kaal et al., 2018) limit the loss of stored elements even for several decades after seagrass loss, at least where the interaction between the environmental conditions and the physical setting does not induce the erosional process.

The colonization of the dead matte by macroalgae may have partly contributed to carbon preservation and further sequestration in dead matte cores. Dead P. oceanica mattes are often colonized by other seagrass (Cymodocea nodosa and Halophila stipulacea) and/or macroalgae with root-like rhizoids (e.g., Caulerpa spp.) (Boudouresque et al., 2015), that may contribute both to metabolic production and trapping of elements through their leaves, and to the stabilization of the upper layers of the matte through their roots and rhizoids. Indeed, macroalgae contributed around 50% to the organic matter pool in dead matte, and macroalgae like C. prolifera found here possess a high capacity to trap allochthonous particles (Hendriks et al., 2009). The depletion of δ13C signal found in post-industrial period also suggests enhancement in trapping of allochthonous material towards the present, which typically has more 13C-depleted values than seagrasses, and reflects nutrient enrichment in the area, as also seen in other meadows under human pressure (Mazarrasa et al., 2017a). Additional studies are necessary to assess the contribution of other macrophytes to the storage capacity and fate of carbon following colonization of dead matte by different macrophytes, especially in the context of changing seagrass biogeography of the Mediterranean where C. nodosa and H. stipulacea are expected to expand (Chefaoui et al., 2016; Wesselmann et al., 2021a) contributing to the BC storage in the region (Apostolaki et al., 2019; Wesselmann et al., 2021b).

The 2.5-fold increase in Hg levels of the dead matte and the enrichment factor of 3.5 in the post-industrial period indicates the severe contamination by Hg in Priolo Bay and reflects the capacity of dead matte to serve as an environmental archive, similar to the case of living Posidonia mattes (Serrano et al., 2011; Serrano et al., 2016a; Lafratta et al., 2019). The vertical resolution of the dead matte cores was 6 – 9 years which provided a sufficient record to reconstruct the history of contamination. The temporal variation of Hg aligns well with the described pattern of Hg in the area from unvegetated sediments (Sprovieri et al., 2011; Bellucci et al., 2012; Di Leonardo et al., 2014; Romano et al., 2021), showing an initial increase after the 1950s, and a further increment between the 1960s and 1980s with a peak around 1970 – 1975. A declining concentration trend was seen after the 1980s which followed the establishment of demercurization and waste treatment plants in 1983 (Bellucci et al., 2012). Hg and Corg concentrations were positively interrelated (P < 0.01) in dead matte, showing the strong binding of Hg in organic-rich superficial seagrass sediments (Serrano et al., 2013). The capacity of bioaccumulation by seagrasses has been well documented (Sanz-Lazaro et al., 2012; Malea et al., 2019) and it is believed to be the result of active uptake from leaves and roots and absorption in seagrass detritus after burial, as well as trapping of metal-bearing particles from the water column. However, despite the correlation between the two elements, normalization of Hg to Corg clearly indicates the high accumulation of Hg during the 1960 – 1980 period, suggesting that the increase in Hg is not merely controlled by the availability of organic matter. In fact, Hg in the area is mainly immobilized and is available predominantly as Hg0 and secondarily as HgS, while only a minor part (< 2%) accounts for the labile fraction (Oliveri et al., 2016). The disproportion of Hg with organic matter is indicative of highly contaminated areas with large quantities of anthropogenically derived Hg, such as Augusta Bay (Di Leonardo et al., 2007; Oliveri et al., 2016). High values of Hg have been reported from other industrial-impacted P. oceanica meadows [0.56 ± 0.14 mg kg-1, Lafabrie et al. (2007); 1.79 ± 0.01 mg kg-1, Di Leo et al. (2013)]. However, in our case even after remedial measures the Hg levels remained high and certainly higher than the BGV of 0.28 mg kg-1 (Romano et al., 2021), with a mean value of 2.55 ± 0.44 mg kg-1. Recent increases or still high Hg concentrations locally in Augusta Harbour have been measured before, mainly in unvegetated sediments (Bellucci et al., 2012; Romano et al., 2021) but also in a dead matte core once (Di Leonardo et al., 2017) and have been attributed to the mobilization of polluted sediment caused by dredging and ship traffic (Bellucci et al., 2012). It is important to note here that pre-industrial Hg levels in Priolo Bay (dead matte area) were already higher than BGV (1.02 ± 0.51 mg kg-1), which is in accordance with previous measurements in unvegetated sediments (Sprovieri et al., 2011; Bellucci et al., 2012; Di Leonardo et al., 2014; Romano et al., 2021) and dead matte (Di Leonardo et al., 2017) from the area. This suggests that there had already been human development in the area and that the pre-industrial period considered here is relatively short (~ 55 years) and certainly not representative of baseline conditions, as shown in samples older than 2800 14C yr BP in P. oceanica matte from the northwest Mediterranean, where Hg concentration was as low as 0.007 ± 0.001 mg kg-1 (Serrano et al., 2013).

The coarse, high density and organic-poor unvegetated sediments showed limited capacity to retain Hg, as seen by the Hg profile and the 5-fold lower mean value in bare sediments compared to that in dead matte. Hg was at the BVG throughout the top 10 cm while it increased above BGV at the 10 – 20 cm sediment thickness (mean 0.57 ± 0.2 mg kg-1, median 0.47 mg kg-1), indicating the resuspension of surface sediments and the subsequent accumulation of Hg in deeper sediments. Nevertheless, the 5-fold higher Hg concentration of bare sediment compared to P. oceanica meadow in Xifonio Gulf showed the severe contamination of Priolo Bay and the lack of correlation between Corg and Hg in bare sediments points to the industrially derived loading of Hg. The analysis of Hg content in P. oceanica leaves from Xifonio Gulf clearly shows that the meadow is not subjected to contamination by Hg, with a mean content of 0.09 ± 0.016 mg kg-1 (S. Vizzini, unpubl. data) close to the mean reported for leaves from areas with minimal contamination (0.04 ± 0.00 mg kg-1, Lafabrie et al. (2008)) and generally close to the low end of the range reported for P. oceanica leaves in the Mediterranean Sea (0.01 – 0.27 mg kg-1, Bonanno and Orlando-Bonaca (2017)). Similarly, the mean Hg concentration in the P. oceanica sediments (0.08 ± 0.05 mg kg-1) fell closer to the lower values reported from P. oceanica rhizosphere (0.02 – 1.79 mg kg-1, Bonanno and Orlando-Bonaca (2017)), albeit, as also seen in the case of dead matte, this is higher than what are considered pre-anthropogenic levels (Serrano et al., 2013).

The two dead matte cores showed small differences in concentrations, stocks, and accumulation rates of elements, possibly reflecting the spatial variation in deposition within the dead matte. Nevertheless, the variables that are indicative of nutrient enrichment (i.e., Corg, N, δ15N) had similar temporal trends between the replicate cores, with increasing values towards the present, while the temporal trends in Hg followed the well described pattern of Hg accumulation in the Bay. Furthermore, their mean values were higher than the corresponding means in P. oceanica and bare sediment cores, indicating that the changes observed in the dead matte over the last 65 years were related mainly to the increase in nutrient and Hg deposition from human activities in Augusta Harbour and less to changes in the composition of sediment.

The interpretation of our data suggests that dead P. oceanica mattes act as biogeochemical sinks and may be used as archives to identify environmental and ecosystem shifts in areas with unknown environmental history, reinforcing the paramount importance of seagrasses, and P. oceanica in particular, also after their death. Potential losses of Corg and N due to an increase in mineralization following seagrass loss must have been decelerated by the physical setting and/or counterbalanced by chronic loading from industrial activities and allochthonous sequestration. However, detailed studies are needed to elucidate the fate of carbon following natural recolonization of the matte by different macrophytes and, therefore, to evaluate the opportunity for active recolonization actions (i.e., plant transplantation) aimed at the stabilisation of sediment and associated nutrients and contaminants. Further studies are also necessary to determine the decomposition rate, and CO2 and nutrient fluxes of dead matte and consequent risk of release of stored Corg and pollutants following possible element mobilization. In this framework, new management schemes for highly contaminated areas should be elaborated and prioritized to prevent pollutant and carbon release, including the protection and conservation of dead mattes, and the development of adequate remediation actions (e.g., seagrass restoration) avoiding sediment dredging and mobilization, practices widely advocated and adopted so far.
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Epiphytic biofilms on seagrass leaves can lead to extreme microenvironmental conditions for the encapsulated leaf limiting both its photosynthesis and respiration. Yet, little is known about how the biological activity of the biofilm itself changes the seagrass phyllosphere microenvironment and dynamics. We used microsensors to measure O2 concentrations and pH gradients and calculate fluxes of O2, CO2 and bicarbonate   around seagrass leaves (Z. marina L.) covered with artificial, inactive biofilms and natural epiphytic biofilms. A sterilized seawater-agar matrix was used to make an artificial “inactive” biofilm on seagrass leaves with the same thickness as the natural leaf epiphytic biofilm, which impeded turbulent exchange of gases but did not have microbial activity. We compared the concentration profiles and fluxes of O2 and inorganic carbon of the “active” and “inactive” biofilm to investigate the effect of microbial activity and molecular diffusion in seagrass leaf biofilms. In light, the O2 flux of leaves with inactive biofilm was only 31% of the leaves with active biofilm, indicating that the photosynthesis of the microbial community in the biofilm makes up the majority of O2 production in the leaf microenvironment. During darkness, the O2 concentration profiles and O2 fluxes were almost identical in the “active” and “inactive” biofilms. The pH profiles showed the same trend with an increase in pH of ~1.0 in the “active” biofilms and ~0.3 pH units in the “inactive” biofilms in the light, and both showing a decrease of ~0.3 pH units in darkness compared to the bulk seawater. Our measurements thus demonstrate strong photosynthesis in the epiphyte layer driving phyllosphere basification and inorganic carbon limitation. The calculated CO2 concentration on the leaf surface decreased to 0.09 μmol L-1 in the epiphytic biofilm in the light compared to leaf surface CO2 concentrations of 13.8 μmol L-1 on bare seagrass leaves, and the CO2 influxes were only 3.0% and 5.4% of O2 effluxes for leaves with “active” and “inactive” biofilm, respectively. Calculations also showed that   influxes in light accounted for 91-97% of the total inorganic carbon influx to the seagrass leaf, although the   utilization via CO2 concentration mechanisms is energy-consuming. Besides increasing mass transfer impedance, leaf epiphytic biofilm activity thus strongly affects the seagrass leaf microenvironment in the light by inducing higher O2 concentration and pH, increasing CO2 limitation and reducing the leaf photosynthetic efficiency.
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Introduction

Seagrass meadows are important ecosystems in aquatic environments (Terrados and Borum, 2004). They are found along temperate and tropical coastlines on all continents besides Antarctica, with a documented areal cover of ~125.000 km2 globally and an estimated cover of >160.000 km2 with moderate or high confidence (Unsworth and Cullen-Unsworth, 2017; McKenzie et al., 2020). Seagrass meadows are highly productive habitats that maintain high biological diversity of invertebrates, fish and marine mammals, and represent important nursery grounds for juvenile fish (Terrados and Borum, 2004). Seagrass meadows filter terrestrial runoff, reducing pollution and exceeding nutrients (Short and Short, 1984; Lemmens et al., 1996). As a rooted plant, seagrass decreases turbidity and hinders sediment erosion or suspension (Short and Short, 1984) and store substantial amounts of carbon into the sediment (Duarte et al., 2005; Fourqurean et al., 2012). Therefore, seagrass meadows are a considerable carbon sink and play an important role in mitigating climate change (Cullen-Unsworth and Unsworth, 2018). Since 1980, seagrass meadows have been disappearing worldwide at a rate of ~110 km2 yr-1 mainly due to coastal development, poor water quality and climate change as the main threats (Waycott et al., 2009). Protection of seagrass meadows and better understanding of seagrass ecology are key to reversing this decreasing trend.

Coastal eutrophication is a major threat to seagrass ecosystems (Sand-Jensen, 1977; Borum, 1985; Drake et al., 2003). It stimulates epiphyte overgrowth on seagrass leaves affecting the leaf microenvironment, leading to extreme leaf physicochemical conditions for the plant (Ruesink, 2016; Brodersen et al., 2020a; Brodersen et al., 2020b). The epiphytic biofilm microenvironment can e.g., become hyperoxic and basified in the light and turn hypoxic or even anoxic in the dark (Noisette et al., 2020; Brodersen et al., 2020a; Brodersen et al., 2020b). Thick epiphytic biofilms can attenuate more than 50% of the incident photon irradiance of photosynthetically active radiation (PAR; 400–700 nm) and induce leaf surface warming of about 0.6°C, i.e., three times higher than bare leaves without epiphytes in the light (Noisette et al., 2020). Such dramatic microenvironmental changes in the leaf phyllosphere impact the seagrass function and fitness, as well as, the microbial metabolism of the biofilm (Sand-Jensen, 1977; Brodersen et al., 2015a). In Danish waters, bacteria, diatoms and brown algae are commonly present in the epiphytic community with green algae mostly found in spring, and cyanobacteria and red algae mostly present in autumn (Wium-Andersen and Borum, 1984).

The activity of the microbial community in the epiphytic biofilm is an important factor for driving the dynamic nature of the seagrass phyllosphere, where epiphyte respiration and photosynthesis strongly affect the concentrations of essential solutes and gases within the seagrass leaf microenvironment, and microbes compete for dissolved inorganic carbon during the daytime and intensely consume oxygen at night, leading to an often negative relationship between the epiphyte biomass and seagrass photosynthesis (Drake et al., 2003; Brodersen et al., 2015a; Brodersen et al., 2020a; Brodersen et al., 2020b; Noisette et al., 2020). Furthermore, phytotoxic compounds such as nitric oxide (NO) can be produced in the epiphytic biofilm during phyllosphere anoxia via anaerobic biochemical processes that can be detrimental to the seagrass leaf and plant (Noisette et al., 2020).

Epiphytes can also obstruct the flow over the leaf surface, impede turbulent transport and slow down solute exchange between the seagrass leaf and the surrounding water via molecular diffusion (Koch, 1994). The epiphyte layer thickness together with the diffusive boundary layer (DBL) thickness above the epiphyte/seawater interface constitutes the total diffusion distance (TDD) (Jørgensen and Revsbech, 1985; Jørgensen and Des Marais, 1990). The TDD on leaves with epiphytes is much larger (often up to 10 times thicker) than on bare leaves, and therefore extends the molecular diffusion time and restricts nutrients and gas exchange between seagrass leaves and the surrounding water (Koch, 1994; Noisette et al., 2020). The limited molecular transport impedes the supplement of substrates and metabolic products accumulate within the biofilm, which exacerbate the negative impact of the epiphytic microbiota. In the light, high pH and O2 levels in the leaf microenvironment reduce the leaf photosynthetic efficiency due to carbon limitation and enhanced photorespiration, which negatively affects the fitness of the seagrass plant (Brodersen et al., 2020a; Brodersen et al., 2020b). Within the basified epiphytic biofilm, CO2 is rapidly consumed due to abiotic (e.g., high-pH induced change in the carbon speciation towards  and ) and biotic (e.g., photosynthetic DIC assimilation) factors, and the carbonate species mostly exist in the form of  (Brodersen et al., 2020a). Most seagrass are able to utilize  as an inorganic carbon source for leaf photosynthesis by using CO2 concentration mechanisms (CCM), such as facilitated by carbonic anhydrase (CA). However, CCMs are energy-consuming processes that reduce the leaf photosynthetic efficiency (Koch et al., 2013). Furthermore, high O2 and low CO2 levels enhance RuBisCO oxygenase activity promoting photorespiration, which further reduces the photosynthetic efficiency of seagrass leaves (Brodersen et al., 2020a). However, to which extent the biological activity of the epiphytic biofilm contributes to the phyllosphere dynamics and affects photosynthesis and inorganic carbon availability for the seagrass leaf remains largely unknown.

In this study, we used a pre-sterilized agar matrix to simulate an “inactive” epiphytic biofilm on seagrass leaves, which impeded mass transfer but did not have microbial activity. We compared the natural “active” and artificial “inactive” biofilm of similar thickness to distinguish between effects of epiphytic microbial activity and mass transfer impedance on seagrass leaf photosynthesis and respiration, as well as the inorganic carbon availability. We also performed comparative measurements on bare seagrass leaves and leaves with the epiphytic biofilm removed.



Materials and Methods


Seagrass Sampling

Specimens of Zostera marina L. with and without epiphytic biofilms on leaves were collected from shallow coastal waters (<2m depth) at Julebæk, North Zealand, Denmark (56°03’29.2”N; 12°34’40.7”E) during spring (March – May, 2021). The seagrass and the sediment around the roots were transported to the laboratory at the nearby Marine Biological Section (Helsingør, University of Copenhagen, Denmark) and were kept in reservoirs with constantly aerated water (20°C; salinity = 18) under a 12h:12h light/dark cycle (at a photon irradiance of ~200 µmol photons m-2 s-1 provided by metal-halide lamps, PAR=400-700 nm).



Experimental Procedures and Leaf Encapsulation in Agar Matrix

Seagrass leaf fragments (~8 cm long, cut near the tip from healthy seagrass leaves of similar age with no signs of deterioration) were bend into a slight U-shape, where the ends were mounted on black glass slides with black electrical tape. Microsensor measurements were conducted on the upper side of the leaf fragments (Figures 1A, B). Microprofiles of O2 concentration and pH were first measured (see below) on leaves with epiphytes. Then the epiphytic community was carefully removed with a surgical razorblade, and gradients were measured on the epiphyte-removed (epi-removed) leaves. After these initial measurements, the leaves were briefly placed into a melting agar solution (1.5% w/w, 40°) using filter-sterilized seawater (0.2 µm, with a salinity of 18) to have the agar matrix covering the leaf surface. Briefly, this was done in a custom-made mold with removable glass slides as side walls, which controlled the volume of agar solution to precisely adjust the thickness of the agar matrix (Figure 1C). Small screws were positioned beneath both ends of the bare seagrass leaf fragments to bend the leaf slightly (Figure 1C), which create a small range of distance from the surface of the agar to the leaf surface, allowing us to perform measurements precisely where the agar encapsulation and thereby the TDD was as thick as the former epiphytic community. The outer limit of the DBL was determined as where the linear O2 concentration gradient intercepts with the extrapolated bulk water O2 concentration, and the TDD as the distance between the outer limit of the DBL and the seagrass leaf tissue surface. The depth profiles of O2 concentration and pH were also measured on bare leaves without visible biofilm growing on the surface. The O2 concentration and pH gradients were measured on each sample in darkness (i.e., 0 μmol photons m -2 s-1) and in light (230 μmol photons m -2 s-1). Before measuring each profile, leaf samples were exposed to dark/light conditions for more than 30 minutes until the pH or O2 concentration at the leaf surface kept constant for minimum 5 minutes; to ensure steady state conditions while microprofiling. The natural epiphytic biofilm was defined as “active” and the artificial biofilm as “inactive” due to the sterilization processes (i.e., using filter-sterilized seawater and boiling the agarose solution) during the casting procedure.




Figure 1 | Experimental setup. Example of the bare seagrass leaf (green) and leaf with epiphytes (brown) fixed on the microscope glass slides (A). Leaf fragments in the flow chamber in front of the stereo microscope, and with a microsensor mounted on the motorized micromanipulator above the seagrass leaf samples (B). Bare seagrass leaves and epiphyte-removed leaves in the custom-made mold made by glass slides to shape and determine the volume/height of the agar encapsulation (C).





Microsensor Calibration and Measurements

We used O2 and pH microsensors to measure concentration gradients and calculate chemical fluxes around the seagrass leaves. A Clark-type O2 microsensor with a tip size of ~25 µm (OX-25, Unisense A/S, Denmark) was linearly calibrated from signal readings in 100% air saturated seawater and anoxic water (using an alkaline ascorbate solution) at experimental temperature and salinity. A pH microelectrode with a tip size of ~100 µm (pH-100, Unisense A/S, Denmark) was calibrated using sensor potential readings against a reference electrode (REF-RM; Unisense A/S, Denmark) in commercial pH buffer solutions (pH 4, pH 7 and pH 10; Hach.com), at experimental salinity and temperature. The length of the sensitive pH glass in pH-100 is 150-250 µm, which limits the spatial resolution in the vertical direction to about 150-250 µm.

The microsensors and the reference electrode were connected to a multichannel microsensor meter (Unisense A/S, Denmark), and the microsensors were mounted on a motorized micromanipulator system (Unisense A/S, Denmark). Both the multichannel microsensor system and the micromanipulator were connected to a PC, where data acquisition and sensor positioning was controlled via software (SensorSuite Profiler v3.2, Unisense A/S, Denmark). Microsensor positioning was relative to the seagrass leaf surface, as determined by manually handling the micromanipulator while observing the leaf surface and microsensor tip via a stereo microscope.

All microsensor measurement were performed on seagrass leaf fragments fixed onto black glass slides in a flow-chamber supplied with a constant flow (~1 cm s-1) of aerated seawater (at 18° and a salinity of 18) pumped from a supporting aquarium tank beneath the flow chamber (Figure 1B). Further information on the experimental setup and procedure can be found in Brodersen et al. (2014) and Noisette et al. (2020). Three or more technical replicates were measured at nearby position on each leaf fragment originating from 5 seagrass plants with natural epiphytic biofilm on the leaves and 4 seagrass plants without epiphytic biofilm; i.e., bare leaves (n = 12-15).



Total Inorganic Carbon Measurements

We used a calibrated total organic carbon analyzer (TOC-L; Shimadzu, Japan) to measure the total dissolved inorganic carbon concentration (DIC) in the bulk seawater around the seagrass leaves during the experiment (n=3). Samples were acidified and sparged to convert DIC into gaseous CO2 that was quantified with a non-dispersive infrared detector (NDIR).



Microsensor Data Calculations

Assuming that the carbonate system was in equilibrium and thus that pH and the calculated CO2 and  profiles represent steady-state concentrations (De Beer et al., 1997; De Beer et al., 2000; Brodersen et al., 2020a), concentration profiles of CO2 and  were calculated from the measured pH microprofiles and the measured DIC in the seawater (Dickson and Millero, 1987; Millero, 2010):

  

where k1 is the equilibrium constant of CO2 hydrolysis to bicarbonate and k2 is the equilibrium constant of bicarbonate to carbonate conversion at experimental temperature and salinity taken from Mehrbach et al. (1973), Dickson and Millero (1987), and Dickson (2010) (k1 = 9.952·10-7, k2 = 5.482·10-10, temperature of 18°, salinity=18).

Fluxes of chemical species were calculated according to Fick’s first law of diffusion:

  

where D is the diffusion coefficient of either O2, CO2 and   in seawater at experimental temperature and salinity (tabulated values available at www.unisense.com), and  is the slope of the linear concentration gradient in the DBL.



Data Analysis

We conducted statistical analyses in SPSS (IBM SPSS Statistics 28.0.0). We used independent sample t-tests to assess (1) the differences of O2 fluxes among the four treatments (i.e., leaf with epiphytes, epiphytes removed, leaf with agar encapsulation and bare leaf) and (2) the difference of carbon fluxes (i.e., CO2 fluxes and  fluxes) of seagrass leaves with natural epiphytic biofilms and agar coatings (n=15). Furthermore, the confidence interval of the 95% confidence level was calculated using Student’s t-distribution to describe the range of our results.




Result and Discussion

Our experiments demonstrated that the presence and activity of epiphytic biofilms on seagrass leaves can induce major changes in the leaf phyllosphere microenvironment during daytime, inducing hyperoxia and increased pH that limited CO2 availability and reduced the photosynthetic activity and efficiency of the seagrass leaf.


Phyllosphere Diffusion Distance, O2 and pH Dynamics

The total diffusion distance (TDD = DBL + biofilm thickness) on leaves with epiphytes was 710 ± 91 µm, as compared to 105 ± 9 µm after removing the natural “active” epiphytic biofilm. The thickness of the agar matrix encapsulation and thus the TDD was the same as the thickness of the former epiphytic biofilm covered seagrass leaf. The DBL of bare leaves was 90 ± 6 µm thick. The biological variation in the TDDs and DBLs between the same type of leaf samples were mainly due to the respective thickness of the natural epiphytic biofilm and the surface roughness, respectively (Hurd, 2000; Brodersen et al., 2015a).


Oxygen Dynamics

Oxygen concentration profiles measurements on leaves with epiphytes showed that the oxygen concentration increased from 265 μmol L-1 in the bulk 100% air saturated water to 552 μmol L-1 at the leaf surface in the light, and decreased to 110 μmol L-1 in the dark (Figure 2A and Table 1; n=5 biological replicates). Similar measurements on seagrass leaves covered with agar (i.e., “inactive” biofilm) showed a similar decrease in darkness, while the increase in oxygen concentration was much less in the light reaching 363 μmol L-1 (Figure 2A and Table 1). A much smaller shift in oxygen concentration between dark and light conditions was measured on the surface of bare leaves and leaves with removed epiphytes surface (Figure 2B). The oxygen fluxes from the leaf surface into the active biofilm and from bare leaves to bulk water (i.e., 260 and 233 nmol cm-2 h-1, respectively) was 1.7 to 3.2-fold higher than fluxes from leaves after removal of epiphytes and bare seagrass leaves with agar in the light (Figure 6A; Tables 1 and 2). The oxygen uptake in the dark of bare leaves and leaves after removal of epiphytes was 1.3 to 1.6-fold higher in the dark (231 and 218 nmol cm-2 h-1, respectively), as compared to leaves with active or inactive epiphytic biofilms (Figure 6A; Tables 1 and 2). Such extreme diel changes in the leaf O2 microenvironment induced by epiphytic biofilm are similar to findings in recent studies (Brodersen et al., 2020a; Noisette et al., 2020).




Figure 2 | Oxygen concentration profiles measured on seagrass leaves with epiphytes (epi) and leaves where epiphytes were removed (epi-removed) and covered with agar (A), as well as on bare leaves and leaves where epiphytes were removed (B) in darkness (0 μmol photons m -2 s-1) and light (230 μmol photons m -2 s-1). The error bars indicate standard error of mean (SEM); n =15 (replicates with epi, epi-removed and epi-removed + agar), n =12 (bare leaves). Note the different scale on the x- and y-axis between the panels. Dashed line indicates the total diffusion distance (i.e., the surface of the leaf, biofilm or ager + the diffusive boundary layer).




Table 1 | O2, CO2,   concentrations and pH on the seagrass leaf surface, and O2, CO2,  and total carbon flux (mean ± SEM) from leaf surfaces into active (i.e., epi) or inactive biofilm (i.e., epi-removed + agar).




Table 2 | Results of the independent sample t-tests (p-value) on O2 fluxes among our four treatments (i.e., leaves with epiphytes, epiphytes removed, leaves with agar encapsulation and bare leaves) and carbon fluxes (i.e., CO2 fluxes and  fluxes) on leaves with epiphytes and leaves with agar encapsulation.





pH Dynamics

The pH gradients in the active and inactive epiphytic biofilms on seagrass leaves were caused by the balance between photosynthetic CO2 uptake and respiratory CO2 production, as well as the proton transport. The pH of the bulk seawater was 7.9, and increased towards the leaf surface in light reaching a pH maximum of pH 8.9 and 8.2 at the surface of seagrass leaves with an active and inactive biofilm, respectively, while pH decreased to a pH 7.6 in the dark (Figure 3A and Table 1). Such marked phyllosphere basification in the epiphytic biofilm micro-understory is similar to previous studies (Brodersen et al., 2020a). We found no significant changes in pH on bare seagrass leaves and leaves after removal of their epiphytes (Figure 3B). This can to some extent be explained by the spatial resolution of the pH microsensor, which is about 150-250 µm and thus larger than the thickness of the DBL on bare leaves. This also strongly limited our CO2 and  calculations for these leaf types (see below).




Figure 3 | pH profiles measured on seagrass leaves with epiphytes (epi) and leaves where epiphytes were removed (epi-removed) and covered with agar (A), as well as on bare leaves and leaves where epiphytes were removed (B) in darkness (0 μmol photons m -2 s-1) and light (230 μmol photons m -2 s-1). The error bars indicate SEM; n =15 (replicates with epi, epi-removed and epi-removed + agar), n =12 (bare leaves). Note the different scale of the x- and y-axis between panels. Dashed line indicates the total diffusion distance (i.e., the surface of the leaf, biofilm or ager + the diffusive boundary layer).






Effect of Epiphytes on Dissolved Inorganic Carbon Availability

We calculated CO2 and  concentrations from measured pH microprofiles and the total concentration of dissolved inorganic carbon (DIC) in the seawater (Figures 4A and 5A). The total DIC in the seawater was 15.1 ± 0.4 mg L-1 (or 1257.2 ± 35 µmol L-1). The CO2 concentration decreased from 14.8 to 0.1 µmol L-1 at the leaf surface under the natural epiphytic biofilm in the light (Figure 4A), as compared to leaf surface CO2 concentrations of 9.7 μmol L-1 and 13.8 μmol L-1 on leaves with inactive biofilm and on epiphyte-removed leaves, respectively (Figure 4 and Table 1). Compared to the leaves without biofilms, the relatively low CO2 concentration at the leaf surface under inactive and active biofilms (i.e., 9.7 and 0.1 µmol L-1, respectively) indicate a limited CO2 availability and supply for the seagrass leaves (Figure 4A and Table 1). In the inactive biofilm, the thicker TDD reduced the CO2 availability by 29.9%, whereas in the active biofilm the CO2 availability was reduced by 99.3% in the light (Figure 4A). Moreover, the contribution of CO2 to the total inorganic carbon influx to the seagrass/epiphyte community also decreased from 12.6% at the epiphyte/water interface (i.e., active biofilm surface), to 8.6% at the leaf/agar interface (i.e., the leaf surface under inactive biofilm), to only 3.3% at the leaf/epiphyte interface (i.e., the leaf surface under the active biofilm). Thus, indicating strong CO2 consumption by the epiphytic biofilm community markedly reducing the CO2 availability for the underlying seagrass leaf. The low CO2 availability at the seagrass leaf surface is thus likely a combined effect of (1) a high-pH induced change in the phyllosphere carbonate system speciation towards bicarbonate, (2) diffusion-limited CO2 supply to the leaf surface due to thick total diffusion pathways induced by the epiphytic layer, and (3) CO2 fixation by the photosynthetic organisms within the leaf epiphytic biofilm itself.




Figure 4 | Calculated CO2 profiles over seagrass leaves with epiphytes (epi) and leaves where epiphytes were removed (epi-removed) and covered with agar (A), as well as on bare leaves and leaves where epiphytes were removed (B) in darkness (0 μmol photons m -2 s-1) and light (230 μmol photons m -2 s-1). The error bars indicate SEM; n =15 (replicates with epi, epi-removed and epi-removed + agar), n =12 (bare leaves). Calculated based on measured pH microprofiles and total DIC measurements in seawater. Note the different scale on the x- and y-axis between panels. Dashed line indicates the total diffusion distance (i.e., the surface of the leaf, biofilm or ager + the diffusive boundary layer).






Figure 5 | Calculated  profiles on seagrass leaves with epiphytes (epi) and leaves where epiphytes were removed (epi-removed) and covered with agar (A), as well as on bare leaves and leaves where epiphytes were, removed (B) in darkness (0 μmol photons m -2 s-1) and light (230 μmol photons m -2 s-1). The error bars indicate SEM; n =15 (replicates with epi, epi-removed and epi-removed + agar), n =12 (bare leaves). Calculated based on measured pH microprofiles and total DIC measurements in seawater. Note the different scale on the x- and y-axis between panels. Dashed line indicates the total diffusion distance (i.e., the surface of the leaf, biofilm or ager + the diffusive boundary layer).



The  concentration decreased from 1235 ± 35 to 920 ± 37 μmol L-1 through the active epiphytic biofilm in the light, as compared to a leaf surface  concentration of 1170 ± 19 μmol L-1 under the inactive biofilm and 1264 ± 2  umol L-1 on the bare leaf surface (Figure 5 and Table 1). The  accounted for 91.4 and 96.7% of the total inorganic carbon flux into the seagrass leaf under the artificial inactive biofilm and active epiphytic biofilm, respectively (Figures 6B, D and Table 1). Furthermore, the total inorganic carbon flux (i.e., the sum of CO2 and  fluxes) was 234 ± 8 nmol cm-2 h-1 on leaves with epiphytes, which was 4.6-fold higher compared to the flux on leaves with artificial inactive biofilm (p<0.001), and was consistent with the  influx was 4.9-fold higher than in leaves with inactive biofilm (p<0.001, Figures 6C, D and Tables 1, 2).




Figure 6 | Measured O2 fluxes at seagrass leaf surfaces (A), the estimated carbon fluxes as the sum of CO2 and  fluxes at leaf surfaces (B), the estimated CO2 fluxes and  fluxes from leaf to epiphyte, from epiphyte to water and from leaf to agar (C, D, respectively) in darkness (0 μmol photons m -2 s-1, blue) and light (230 μmol photons m -2 s-1, orange). The error bars indicate the confidence interval of 95% confidence level according to the Student’s t distribution; n =15 (replicates with epi, epi-removed and epi-removed + agar), n =12 (bare leaves). Positive values denote efflux and negative values denote influx across the respective interface. Note in panel b, that it was not really possible to calculate the total carbon flux for leaves with the epiphytes removed and for the bare leaves, both with very thin DBLs, due to the limited spatial resolution of the pH microsensor (mean values are marked with red color code).



For the CO2 and  calculation, we assumed a constant DIC concentration and that the carbonate system was in equilibrium within the biofilm/ager. However, as the CO2 was rapidly produced or consumed and the equilibrium between CO2 and  is slow, the carbonate system may be out of equilibrium in the steep gradient along the biofilm (because of different diffusivities of CO2 and ; i.e., diffusion coefficient of 1.5274·10-5 cm2 s-1 for CO2 and 0.9689·10-5 cm2 s-1 for  at experimental temperature and salinity), which could induce an error to the calculations (De Beer et al., 1997). Therefore, the pH measurements were first conducted when the pH signal was stable to minimize this uncertainty (e.g., De Beer et al., 2000; Brodersen et al., 2020a).



Epiphytic Microenvironment and Leaf Photosynthesis

The leaf epiphyte community showed higher net photosynthetic rates as compared to leaves with inactive biofilm, where the oxygen flux of leaves with inactive biofilm was 31% of the leaf with active biofilm (p=0.008; Figure 6A and Tables 1, 2). The photosynthesis of the microbial community thus composed most of the oxygen production in the seagrass leaf microenvironment (about 69%); which might actually be underestimated as the epiphyte micro-understory is receiving less light of lower quality owing to shading effects and predominantly blue and red light absorption in the uppermost part of the natural epiphytic biofilm (Brodersen et al., 2015a; Brodersen and Kühl, 2022). The oxygen concentration profiles and oxygen flux were almost the same in active and inactive biofilm during darkness (p=0.287; Figures 2A, 6A and Tables 1, 2), indicating that the activity of the microbial community in the epiphytic biofilm contributed little to the respiration of the combined leaf/epiphyte community. The oxygen concentration gradient was thus mainly formed because of the effect of the TDD on molecular diffusion in our experiments. The apparent low dark respiration in the natural biofilm could be due to low bacterial biomass and/or that dark respiration often only accounts for ~10% of photosynthesis rates at light-saturation in microalgae (Geider & Osborne, 1989), and we note that other epiphytic biofilms might show a stronger effect on O2 availability for the seagrass leaf in darkness due to higher respiration rates.

The total inorganic carbon influxes across the seagrass leaves were of similar magnitude as the corresponding oxygen effluxes for leaves with epiphytes and leaves with inactive biofilm in the light (i.e., CO2/O2 flux ratios of about 0.90 and 0.63, respectively) (Figures 6A, B and Table 1). However, the CO2 influxes were only 3.0% and 5.4% of oxygen effluxes for leaves with active epiphytic biofilm and leaves with inactive biofilm, respectively (Figures 6A, C and Table 1); i.e., similar to findings in a previous study on Z. marina leaves with epiphytic biofilms (Brodersen et al., 2020a) and other marine organisms like symbiont-bearing foraminifera (Köhler-Rink and Kühl, 2005) and corals (De Beer et al., 2000). Some of this discrepancy can be explained by (1) that O2 acts as an alternative electron acceptor to CO2 in photosynthesis via photorespiration in Z. marina plants (Buapet and Björk, 2016), and/or (2) that the O2/CO2 ratio at the site of RuBisCo differs from the leaf surface concentrations and fluxes due to internal carbon concentration mechanisms involving enhanced local enzymatic dehydration of  to CO2 facilitated by CA, (Köhler-Rink and Kühl, 2005; De Beer et al., 2000), as well as CO2 supply mechanism likely involving the aerenchyma. The leaf or leaf/epiphytes community thus consumed CO2 rapidly in light, and especially the natural active biofilm strongly impeded CO2 supply from the bulk seawater to the underlying leaf, causing low CO2 concentration and low CO2 influxes into seagrass leaves with epiphytes. Such DIC competition between plants and epiphytic biofilms is similar to other aquatic plants (e.g., Jones et al., 2002; Wijewardene et al., 2022) and makes seagrass highly dependent on  utilization. The low CO2 availability limits seagrass leaf photosynthesis (Figure 6A) when comparing the O2 production of epiphyte-removed leaves and the epiphyte-removed and agar encapsulated (i.e., inactive biofilm) leaves, which both excluded microbial activity. Here, the O2 efflux on epiphyte-removed leaves was 1.7-fold higher than from the leaves with inactive biofilms (p=0.016; Figure 6A and Tables 1, 2), which can be attributed to the reduced-CO2 leaf microenvironment. Furthermore, the O2 efflux of epiphyte-removed leaves was only 58% compared to natural bare leaves (p=0.005; Figure 6A and Tables 1, 2) indicating that leaves under epiphytic biofilms were of lower fitness and health; although the respiration was of similar order of magnitude (p=0.364; Figure 6A and Tables 1, 2).

The activity of epiphytic biofilm thus results in dramatic changes in the seagrass leaf microenvironment, as O2 concentration and pH increased in light, and most DIC (73.2-98.2%) facilitated by CA existed in the form of  within the basified phyllosphere. Most seagrasses including Zostera marina L. are able to utilize as source of inorganic carbon in photosynthesis (Koch et al., 2013), and our results showed that the   influx was 29.5-fold higher than the CO2 influx in light, accounting for 96.7% of the total inorganic carbon influx to the leaf surface under the active biofilm (Figures 6B, C and Table 1). However, the direct uptake of   and intracellular conversion of   to CO2 or extracellular conversion by extracellular carbonic anhydrase are all energy-consuming CO2 concentration mechanisms (CCM), reducing the efficiency of carbon assimilation and energy storage (Lucas, 1985; Larkum et al., 1989; Larsson and Axelsson, 1999; Hellblom et al., 2001; Beer et al., 2002; Hellblom and Axelsson, 2003). Another energy-expensive potential CCM is using proton pumps to locally acidify the leaf surface, which for seagrasses have been suggested several times in previous studies (e.g., Beer et al., 2002; Borum et al., 2016). Here, the hypothesis is that acid zones on the leaf surface of marine plants increase the CO2 availability for photosynthesis-driven carbon fixation through local stimulation of CO2 formation, via low-pH driven conversion of  to CO2, within the leaf diffusive boundary layers by proton (H+) extrusion (Beer et al., 2002). However, our detailed pH measurements in high spatiotemporal resolution (~0.1 mm) within the leaf DBL did not show any indications of a general acidification of the seagrass leaf DBL as a possible CO2 concentration mechanism (Figure 3); even not in the pH measurements on leaves with agar that artificially increased the TDD and thereby allowed for several point measurements with the pH microsensor within the artificially increased proton diffusion pathway. However, if such leaf surface acidification mechanism, exists, as indicated by utilizing pH buffers in previous studies (Larkum et al., 2017), it must be very localized within separated leaf micro-acid zones. In darkness, the respiration of seagrass leaves and epiphytic biofilm lead to hypoxic conditions on the leaf surface driven by the DBL and TDD decreasing the diffusive O2 supply from the surrounding water to the plant. Such decreased availability of oxygen makes seagrass more susceptible to suffocation and H2S intrusion from the surrounding sediment due to restricted intra-diffusional O2 transport to below-ground tissues via the aerenchyma (Brodersen et al., 2015b). Under global warming, such inadequate internal tissue and rhizosphere aeration may be further aggravated owing to temperature-induced enhanced epiphyte and leaf respiration.

In a previous study of epiphytic biofilms on Z. marina L., the pH reached 9.6 in a very dense and thick epiphytic biofilm (1.2 mm) in the light (300 μmol photons m -2 s-1), and CO2 microsensor measurements showed that the CO2 concentration decreased to 0 μmol L-1 ~0.2 mm above the leaf surface, which is consistent with our measurements and calculations (Brodersen et al., 2020a). High O2 and low CO2 concentrations on the leaf surface reduce the O2 efflux and CO2 influx, causing O2 accumulation intracellularly and low intracellular CO2 concentrations, which impede leaf photosynthesis and enhance photorespiration (Mass et al., 2010), thus representing a threat to seagrass photosynthetic performance and overall health (Sand‐Jensen et al., 1992; Raven et al., 2014; Buapet and Björk, 2016). Furthermore, a previous study demonstrated reduced seagrass gross photosynthetic rates at high pH, high O2 and low DIC seawater, with a maximum decrease in gross photosynthetic rate of 75% detected in Zostera marina; thus, further supporting our finding that the basified leaf microenvironment induced by epiphytic biofilms in the light has strong negative impacts on seagrass leaf photosynthesis (Buapet et al., 2013). Combined with increased respiration under global warming, such epiphyte-induced reduced leaf photosynthesis may lead to a negative oxygen and carbon balance in exposed seagrass plants; putting key ecosystem services at risk of ceasing. Eutrophication stimulates epiphytic biofilm overgrowth of seagrass leaves (Borum, 1985), where a previous study has shown 3 to 5-fold higher epiphyte biomass in nitrogen and phosphorus-enriched seawater compared to ambient seawater (Jaschinski and Sommer, 2008). Coastal eutrophication is therefore likely to put more stress on exposed seagrass meadows. However, it is important to mention that epiphytes can also be beneficial to the plant hosts. Microorganisms, can e.g., facilitate uptake of dissolved organic nitrogen by seagrass leaves (Tarquinio et al., 2018).

In conclusion, we found that microbial activity in epiphytic biofilms mostly affected the seagrass leaf chemical microenvironment in the light: causing (1) high O2 and pH conditions and (2) strong consumption of inorganic carbon, which leads to low carbon availability for the seagrass plant. Furthermore, leaves with the epiphytes removed produced less oxygen than the bare leaf and thus exhibited lower photosynthetic capacity. In the basified phyllosphere, the relatively low CO2 concentration and thus intensified demand for energy-requiring  utilization limited leaf photosynthesis, and the high O2 and low CO2 concentration in the cell will increase photorespiration and further reduce the photosynthetic efficiency. In eutrophic coastal waters, the overgrowth of seagrass leaves with epiphytic biofilm resulting in thicker TDD and strong microbial activity can thus lead to intense diurnal changes in the seagrass leaf chemical microenvironment that can have negative impacts on seagrass performance and therefore is a potential hazard for seagrass fitness and vital ecosystem function.
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Sea surface temperature (SST) has increased worldwide since the beginning of the 20th century, a trend which is expected to continue. Changes in SST can have significant impacts on marine biota, including population-level shifts and alterations in community structure and diversity, and changes in the timing of ecosystem events. Seagrasses are a group of foundation species that grow in shallow coastal and estuarine systems, where they provide many ecosystem services. Eelgrass, Zostera marina L., is the dominant seagrass species in the Northeast United States of America (USA). Multiple factors have been cited for losses in this region, including light reduction, eutrophication, and physical disturbance. Warming has the potential to exacerbate seagrass loss. Here, we investigate regional changes in eelgrass presence and abundance in relation to local water temperature using monitoring data from eight sites in the Northeastern USA (New Hampshire to Maryland) where a consistent monitoring protocol, SeagrassNet, has been applied. We use a hurdle model consisting of a generalized additive mixed model (GAMM) with binomial and beta response distributions for modeling eelgrass presence and abundance, respectively, in relation to the local summer average water temperature. We show that summer water temperature one year prior to monitoring is a significant predictor of eelgrass presence, but not abundance, on a regional scale. Above average summer temperatures correspond to a decrease in probability of eelgrass presence (and increased probability of eelgrass absence) the following year. Cooler than average temperatures in the preceding year, down to approximately 0.5°C below the site average, are associated with the highest predicted probability of eelgrass presence. Our findings suggest vulnerability in eelgrass meadows of the Northeast USA and emphasize the value of unified approaches to seagrass monitoring, conservation and management at the seascape scale.
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Introduction

Sea surface temperature (SST) has increased worldwide since the beginning of the 20th century (Hartmann et al., 2013; NOAA, 2016a; NOAA, 2016b). In the Northern Hemisphere, SST is projected to rise by approximately 0.05 to 0.5°C per decade to the end of the 21st century (Alexander et al., 2018), with warming expected to be amplified in shallow coastal waters (Oczkowski et al., 2015). The primary cause of increasing SST is climate warming due to increasing amounts of greenhouse gases being released into the atmosphere by anthropogenic activities, such as the burning of fossil fuels (IPCC, 2018). These gases reduce the amount of heat that is radiated from the Earth’s surface back into space and the upper ocean is absorbing over ninety percent of the excess heat retained by the Earth (Bindoff et al., 2007). Changes in SST have been shown to vary with season, year, and region (Hartmann et al., 2013) and can have significant impacts on marine biota, including population shifts, alterations in community structure and diversity, and changes in plant phenology and the timing of other ecosystem-level events and processes (Parmesan and Yohe, 2003; Doney et al., 2012).

Seagrasses are a group of foundation species that grow in shallow coastal and estuarine waters. They form extensive meadows ranging from a few square meters to hundreds of square kilometers and can be found along every continent except Antarctica (Green and Short, 2003). Seagrass meadows provide many ecosystem services such as improved water quality and clarity, increased biodiversity and habitat, sediment stabilization, and nutrient accumulation (Orth et al., 2006). Seagrass meadows also store significant quantities of carbon in biomass and sediments (Fourqurean et al., 2012), minimize exposure of bacterial pathogens to humans, fish, and invertebrates (Lamb et al., 2017; Reusch et al., 2021) and support global fisheries (Unsworth et al., 2018). Despite their importance, seagrasses are among the most threatened ecosystems on earth, with global trends of loss occurring since 1880 (Waycott et al., 2009; UNEP, 2020; Dunic et al., 2021). The primary causes of loss are sustained pressure from coastal development, declines in water quality, and climate change, including thermal stress due to rising SST (Short and Wyllie-Echeverria, 1996; Waycott et al., 2009; Wilson and Lotze, 2019).

The response of seagrass species to increased water temperature depends on their relative thermal tolerances and their optimum temperatures for photosynthesis, respiration, and growth (Short and Neckles, 1999; Björk et al., 2008). Temperature stress on seagrasses can result in altered growth rates, distribution shifts, changes in patterns of sexual reproduction, and mortality. Temperature stress has been linked to seagrass mortality in the Mediterranean Sea (Díaz-Almela et al., 2009; Jordà et al., 2012), Australia (Seddon et al., 2000; Nowicki et al., 2017; Strydom et al., 2020), southeast Asia, and the Caribbean (Hall et al., 2016; Zieman et al., 1999), and shifts in the species composition of communities dominated by Zostera marina L. (eelgrass; Shields et al., 2019). Likewise, increased SST has been linked to the northward expansion of Halophila decipiens into the Mediterranean Sea (Gerakaris et al., 2020) and an increase in flowering intensity and frequency in Posidonia oceanica and Zostera japonica (Ruiz et al., 2017; Qin et al., 2019). Environmental factors, such as hypersalinity (Durako and Howarth, 2017; Wilson and Dunton, 2018), shallow water depths (Collier and Waycott, 2014), limited circulation (Koch and Erskine, 2001; Binzer et al., 2005), and reduced oxygen and light (Moore and Jarvis, 2008) can amplify the impacts of temperature stress on seagrass meadows (Lefcheck et al., 2017).

The ability of seagrasses to resist the effects of stressors and recover from disturbance depends on multiple biotic and abiotic factors (O’Brien et al., 2018). Recovery of seagrass meadows following heat-induced disturbance and mortality has been attributed to increased genetic diversity (Reusch et al., 2005) and the presence of viable seed banks (Moore and Jarvis, 2008; Strydom et al., 2020). The self-reinforcing feedback mechanisms present in continuous seagrass meadows create conditions that promote further seagrass growth and may buffer against disturbance (Maxwell et al., 2017). Fragmented and sparse meadows of slow-growth species may have reduced capacity to buffer stresses due to minimal ability to modify their habitat, therefore, prospects for recovery will rely on long-distance dispersal of seeds and vegetative expansion (Nowicki et al., 2017). Prolonged periods without recovery can lead to regime shifts in which conditions are no longer habitable for seagrass. For example, Moksnes et al. (2018) document a local regime shift following the loss of eelgrass along the Swedish West Coast.

Eelgrass is the most widely distributed seagrass species in temperate marine environments of the Northern Hemisphere. The species has a wide temperature tolerance with an optimal range between 10 and 25°C (Moore et al., 2006; Lee et al., 2007). Exposure to temperatures above 25°C have been shown to cause plant mortality (Greve et al., 2003; Reusch et al., 2005; Moore and Jarvis, 2008; Moore et al., 2014). For example, in Northern Europe the performance and survival of eelgrass was severely impacted when plants were exposed to water temperatures ≥25°C during a series of heat waves (Reusch et al., 2005; Nejrup and Pedersen, 2008; Ehlers et al., 2008). Likewise, complete vegetative dieback was observed in Chesapeake Bay, VA following a heat wave where waters exceeded 30°C (Moore and Jarvis, 2008). Moore et al. (2014) also suggested that short-term exposure to rapidly increasing temperature by 4-5°C above the average of normal summer months can result in widespread diebacks.

Here, we use data from eight SeagrassNet monitoring sites located along the northeastern coast of the United States of America (USA) (New Hampshire to Maryland) to investigate changes in eelgrass presence and abundance in relation to summer water temperature. SeagrassNet is a global seagrass monitoring network that uses a standardized monitoring protocol to detect and document seagrass habitat changes and relate them to environmental trends. The SeagrassNet program began in 2001 in the Western Pacific and now includes 126 sites in 33 countries (Short et al., 2006; Short et al., 2014). Along the east coast of the USA, it is estimated that up to 50% of all eelgrass habitat has been lost in the past century, and the prospects for recovery in most of this area are low (Green and Short, 2003). More recently, a global assessment of seagrass trajectories found eelgrass extent to be in rapid decline in the region (Turschwell et al., 2021) where mean SST is warming at a rate of 0.4°C per decade (Alexander et al., 2018), and summer SST has increased more than 2°C since 1902 (Karmalkar and Horton, 2021). The large geographic coverage of our dataset and time-period in which it spans provide an opportunity to investigate the influence of changing temperature regimes on eelgrass in the Northeast USA.



Methods


Eelgrass Monitoring

Eelgrass was monitored annually at eight SeagrassNet monitoring sites located along a latitudinal gradient on the northeastern Atlantic coastline of the USA (Figure 1). The sites vary in their geomorphic setting, surrounding land use, tide range, bed size, and sources of disturbance (Supplemental Material). Summer (June-August) temperatures at each site reflect primarily site latitude (Table 1), geomorphic setting, residence time, and proximity to oceanic flushing. A SeagrassNet site includes three 50-m transects that parallel the shoreline along an increasing depth gradient. SeagrassNet monitoring sites are chosen to be representative of seagrass in the area of interest (Short et al., 2005). Seagrass abundance is measured within twelve permanent 0.25 m2 quadrats positioned at random locations along the transects.




Figure 1 | SeagrassNet sites located in Northeast USA.




Table 1 | SeagrassNet site locations and time period average of the daily average summertime water temperatures (used for centering) within each site.



Eelgrass was monitored annually at most sites over nine- to 17-year periods between 2003 and 2021. The years in which monitoring occurred varied among sites (Figure 2). We examined eelgrass percent cover as an abundance metric that integrates shoot density and canopy height, measured during the season of peak biomass. Although widgeongrass (Ruppia maritima) grows throughout the region, it was present in only three sites and was therefore excluded from quantitative analyses. To standardize depth among sites and control for the effect of light availability, we restricted our analyses to the shallowest transect at which eelgrass occurred at each site.




Figure 2 | Monitoring years and percent cover of eelgrass (Zostera marina L.) within each quadrat over time. Absence of plant cover is depicted with an × symbol.





Water Temperature

Continuous temperature records were obtained from various sources either within or near the eight SeagrassNet sites. Temperature was measured directly within four of the sites using temperature loggers (Onset Computer Co. Onset, MA) deployed near the substrate surface at one end of the shallow transect. At the other four sites, water temperature records from nearby locations representative of the monitoring stations were acquired through publicly available internet sources (Table 1). We investigate the effect of the previous year’s mean summer (June 1 – August 31) water temperature on eelgrass percent cover. Evidence suggests that the negative effects of high thermal stress on eelgrass persists into the following growing season (Lefcheck et al., 2017). Daily mean summer temperatures were derived from the continuous temperature records. This level of aggregation was necessary to account for different temperature sampling intervals among sites. Annual summer mean water temperatures were then calculated for each site using the daily mean records. Additionally, to control for the confounding effect of latitude on water temperature, and the likely adaptation of eelgrass to local temperature (DuBois et al., 2022), summer water temperatures within each site were centered prior to modeling (Table 1).



Statistical Analysis

Eelgrass percent cover varied on a near-continuous interval from 0 to 100% (i.e., [0,1]) across all quadrats and sites during the period of interest. All instances of percent cover measurements equal to 1 were converted to 0.99 for model parsimony because there is not a meaningful ecological difference between the two values. However, since there is an ecologically important distinction between absence (percent cover = 0) and presence (percent cover > 0) of eelgrass, we used a hurdle model to accommodate the presence of zeros in the data (Cragg, 1971; Potts and Elith, 2006). This modeling framework has the added benefit of allowing for inference on two separate ecologically meaningful processes related to eelgrass: presence and abundance.

The hurdle model presence and abundance component consisted of a generalized additive mixed model (GAMM) with binomial and beta response distributions, respectively. Each mean response was modeled as a smooth function [denoted s(·)] of both year and the centered average water temperature in the preceding year using thin-plate regression splines (Wood, 2003). Site and quadrat were included as nested random effects to account for unmeasured differences (heterogeneity) among SeagrassNet sites. The full model specification and model diagnostics are included in Supplemental Material.


All analyses were carried out using the R Statistical Computing Environment (R Core Team, 2021). Each hurdle model component GAMM was fit using the mgcv package (Wood, 2011; Wood et al., 2016) and visualized using the gratia package (Simpson, 2021).




Results


Summary of Eelgrass Cover and Site Temperature

The time-periods in which eelgrass cover was surveyed varied across the region. All sites but one had at least 10 years of eelgrass data. Average eelgrass percent cover over all years of monitoring across the region ranged from 0 to 100 percent and averaged 34.5 percent. The frequency of eelgrass presence/absence along a transect fluctuated over the sample years within sites, with some sites having relatively infrequent observations of eelgrass presence and chronically low to no cover (Figure 2).

Site mean summer temperature across the region ranged from 15.7°C (Salem Sound) to 27.0°C (Tingles Island) (Table 1). Figure 3 illustrates the variability in summer temperature across the region and shows that the range of summer temperature is narrower in some sites than others.




Figure 3 | Average daily mean water temperature during June-August each year (blue open circle) for associated years in which eelgrass cover was surveyed. Interquartile range and range of observed daily mean water temperatures are plotted in dark and light blue, respectively. The time period average (mean of all daily means) is plotted as horizontal red line. Water temperature data were not available for all years at all sites. Displayed here are only the temperature records used in the analysis.





GAMM

Centered average water temperature in the preceding year was found to be a statistically significant nonlinear predictor of eelgrass presence in the following year (approximate p-value < 0.0001, Table 2). For preceding years that are hotter than average (i.e., greater than the time-period average), an increase in average summer water temperature by 0.5°C or more for that year is associated with a linear decrease in the predicted probability of eelgrass presence the subsequent year (Figure 4). Cooler than average temperatures in the preceding year, down to approximately 0.5°C below the time-period average, are associated with the highest predicted probability of eelgrass presence. For eelgrass abundance, however, centered average water temperature in the preceding year was not found to be a statistically significant predictor (approximate p-value = 0.7820, Table 3).


Table 2 | Eelgrass presence/absence component GAMM (binomial response distribution with logit link function) summary.






Figure 4 | Plot of the presence component GAMM fitted smooth with 95% confidence interval for the effect of centered average water temperature in the preceding year on eelgrass presence.




Table 3 | Eelgrass abundance, given presence, component GAMM (beta response distribution with logit link function) summary.






Discussion

We analyzed eight monitoring data sets from locations along a latitudinal gradient in the Northeastern USA to investigate associations between summer water temperature and eelgrass presence and abundance on a regional scale. We found that above average summer temperatures corresponded to a decreased probability of eelgrass presence (and increased probability of eelgrass absence) the following year. Our results showed that temperatures down to 0.5°C below the site average, corresponded to the highest probability of eelgrass presence. In contrast, we detected no association between eelgrass abundance (when present) and prior summer average temperature. However, eelgrass must survive to grow, so the lack of a statistically significant association between eelgrass abundance and prior year summer temperature cannot be taken outside of the context of the negative association between eelgrass presence and average summer temperature and highlights the importance of considering multiple fitness metrics when assessing species’ response to temperature (Hughes et al., 2019). Overall, these findings suggest eelgrass meadows in the Northeast USA are vulnerable to warming and, further, this vulnerability increases as water temperatures rise above the summer mean.

The recovery of seagrass meadows following disturbances can vary greatly, depending on the resilience of the meadow, (i.e., its ability to absorb changes and continue to persist; Holling, 1973). Even when water temperatures are below thermal thresholds, high temperature can interact with other stressors to exacerbate declines and prevent recovery. Because more light is required at higher temperatures for eelgrass to maintain a positive carbon balance (Marsh et al., 1986; Moore et al., 1997; Staehr and Borum, 2011; Beca-Carretero et al., 2018), light limitation and temperature increases can combine to cause eelgrass declines (Moore et al., 2014). Salo and Pedersen (2014) found that synergistic effects of high temperature and low salinity resulted in higher eelgrass mortality rates and lower leaf production. Additionally, Neckles et al. (1993) showed that high summer temperatures exacerbated the negative effects of epiphytes on eelgrass growth. As water temperatures continue to increase, these types of negative interactions are likely to worsen. The light experienced by eelgrass at the different SeagrassNet sites is influenced by water depth, tidal range, and water quality. Management actions that aim to improve water quality and clarity may also increase eelgrass resilience to higher temperatures.

In addition, ecological feedback mechanisms play a major role in the resilience of seagrass ecosystems (Maxwell et al., 2017). The degradation of seagrass meadows, and subsequent loss of self-reinforcing feedbacks (wherein seagrasses create conditions promoting further seagrass growth), can lead to a positive feedback loop in which recovery capacity is reduced, which can lead to conditions that are unsuitable for seagrass (Duarte et al., 2009). Thus, the ecological consequences of reduced eelgrass presence with higher-than-average summer temperature may differ considerably among meadows with chronically high versus low eelgrass presence. Moreover, eelgrass meadows of the Northeast USA are part of seascapes and exist as metapopulations (Olsen et al., 2004). Connectivity among populations is critical for sustaining the eelgrass resources and the ecological services they provide at the local and regional scale (Kendrick et al., 2012). To prevent irreversible eelgrass losses as waters warm, proactive management actions are needed such as transplanting or seeding declining meadows with heat-tolerant genotypes and reducing synergistic stressors such as reduced light due to nutrient loading or turbidity from coastal construction, as well as mechanical disturbance to the bottom (such as dock construction over eelgrass or fishing practices that involve dredging or dragging gear along the seafloor; Neckles et al., 2005).

An important component of future targeted management actions to enhance eelgrass resilience to warming may include transplanting and seeding of genotypes that are more tolerant to warm waters into areas experiencing declines (Björk et al., 2008; Unsworth et al., 2015). For instance, Plaisted et al. (2020) planted eelgrass shoots collected from multiple populations into mesocosms and found resilience to reduced light and increased sediment organic matter to be positively associated with source population genetic diversity. Transplant and seeding of heat tolerant genotypes should occur at the seascape scale (de la Torre-Castro et al., 2014; Unsworth et al., 2015). For example, the distribution of eelgrass over a large latitudinal temperature gradient within the northeast region suggests southerly populations, adapted to warmer conditions, could boost resiliency at northern sites. However, a study of the seagrass species Posidonia oceanica found that transplants originating from the cool-edge of the thermal range performed equally well to warm-edge transplants when transplanted into the warm-edge of the thermo-geographical range, suggesting cool-edge seagrass populations may be more resilient to warming than expected (Bennett et al., 2022). Transplanting of eelgrass to areas that natural dispersal is rare or nonexistent raises other concerns which include spreading non-native epibiont species (Carman and Grunden, 2010) and disease (Groner et al., 2016). Also, eelgrass from southerly locations is potentially adapted to latitudinal gradients other than temperature, such as day length or seasonality (Clausen and Clausen, 2013; Clausen et al., 2014; Jueterbock et al., 2021).Finally, eelgrass restoration has experienced low success rates due to a variety of factors, including high seed loss due to seed predation and bioturbation, and high seedling mortality due to light availability and physical disturbances, as examples (Infantes et al., 2016).

Local-scale mosaics in environmental stress can also lead to gradients in heat-tolerance among eelgrass meadows (DuBois et al., 2022). Importantly, these local temperature mosaics are disassociated from latitudinal gradients (Helmuth et al., 2006) and can occur over spatial scales within the natural dispersal range of eelgrass and eelgrass associated species. For example, in our study, eelgrass in Great Bay, NH experiences average mean summertime temperatures 5°C warmer than Salem Sound, MA despite its more northerly locale and thus could be a possible source of heat-tolerant eelgrass. The potential for local-scale population differentiation to buffer the effects of warming without the same potential pitfalls of transplanting eelgrass across larger geographic distances highlights the importance of identifying local phenotypic variation among meadows and protecting eelgrass populations that span a variety of environmental conditions within regions. To identifyi gradients of heat-tolerance, monitoring of seagrass presence, abundance and distribution, as well as water temperature must occur at wider spatial scales than that which we present here.

Temperature stress may also result in distribution shifts of seagrass species. For example, Shields et al. (2019) documented a shift in species composition from eelgrass to a more transient sub-dominant species, Ruppia maritima (widgeongrass) in response to increasing summer temperature regimes. Although not included in the present study, increases in widgeongrass following eelgrass declines at both Tingles Island, MD and Fire Island, NY have been observed (Peck and Plaisted, in prep.). These two species co-occur in many areas, and widgeongrass has a higher optimum growth temperature (Evans et al., 1986); therefore, it has the potential to expand into areas where eelgrass recovery is limited by stressful water temperatures. Widgeongrass expansion has been documented in a variety of systems where it co-occurs with eelgrass, including San Diego, CA (Johnson et al., 2003), northwest Mexico (Lopez-Calderon et al., 2010), and the Chesapeake Bay (Shields et al., 2018; Richardson et al., 2018). The ability of widgeongrass to at least temporarily replace eelgrass after its decline may be a crucial mechanism of resiliency for these seagrass meadows. Widgeongrass ecosystem functions, including trapping sediment and improving water clarity, may create a positive feedback loop for the recolonization of eelgrass, though the extent to which this occurs remains an important area of research.

Although our study was limited by the data that were available, our results indicate that eelgrass presence on a regional scale is threatened by warming waters. Furthermore, differences in mean eelgrass presence and abundance among sites coupled with the known importance of self-reinforcing feedbacks in seagrass ecosystems (Duarte et al., 2009; Maxwell et al., 2017) suggests that sites with greater eelgrass presence and abundance may be more resilient to temperature stress than sites with chronically low eelgrass metrics. Proactive seeding of vulnerable sites with heat-tolerant eelgrass may be an important tool to combat eelgrass losses associated with rising temperatures in the Northeast USA. These topics warrant future research including continued regional monitoring of seagrass and water temperature at temporal and spatial scales necessary to answer both local and seascape level questions (Unsworth et al., 2019; Neckles et al., 2012). In summary, by using yearly percent cover data paired with high frequency temperature data, we were able to assess the impacts of warming on this important foundation species at a regional scale. Predictions of future response to dominant driving variables under warming conditions and factors limiting recovery are needed for managers to identify and minimize vulnerability to loss or degradation and reverse declining trajectories of seagrass ecosystems.



Conclusion

Our study exemplifies the value of long-term monitoring in tracking change in seagrass meadows and relating patterns to key drivers. The factors leading to eelgrass presence and abundance are complex, though our finding of reduced eelgrass presence with increased summer temperature supports other work linking eelgrass loss to additive effects of high thermal stress (Lefcheck et al., 2017). Discussion of the management action needed to improve the success of eelgrass must include an awareness of the role of temperature in exacerbating other stressors.
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Seagrasses are gaining attention thanks to their metabolism and potential major role as carbon sinks, with further implications as nature-based solutions against climate change. Despite their recognized importance and the growing number of studies published, there is still a striking paucity of information on seagrass metabolism and contribution to biogeochemical cycles for some seagrass species and ocean areas. In this study we assessed the metabolic balance and nutrient cycling contribution of seagrasses to the benthic compartment of a tropical reef lagoon in Reunion Island, providing original information on a barely studied seagrass species (Syringodium isoetifolium) and a poorly studied ocean region (West Indian Ocean). We measured the net productivity, respiration and the metabolic balance in different components of the lagoon benthic compartment (i.e. seagrass, sediment, and benthic community) and the water-sediment nutrient benthic fluxes at differently impacted sites within the lagoon. The biogeochemical environmental variability, including inorganic and organic indicators of anthropogenic contamination, was also assessed at each site.

Large spatial variability was detected in the metabolic balance of each benthic component assessed, also associated with the natural and/or anthropic-driven environmental variability found in the lagoon. The seagrass S. isoetifolium was net autotrophic across the lagoon and contributed to the lagoon benthic metabolism with net plant productivity exceeding by one order of magnitude the plant respiration. The lowest seagrass metabolism was detected at the impacted site. The metabolic balance of the sediment was heterotrophic but the high productivity of S. isoetifolium contributed to reducing the heterotrophy of the whole benthic community. The lagoon-wide benthic metabolic balance was slightly heterotrophic, but the associated uncertainty ranged from autotrophy to heterotrophy. Nutrient concentrations in the lagoon were low and the benthic community capacity for nutrient retention (uptake) and removal (denitrification and anammox) indicated potential for buffering moderate nutrient inputs into the lagoon. Organic contaminants of emerging concern (CECs) were low but detectable in the lagoon, especially in highly frequented beach areas, arising as an environmental quality indicator of interest.
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1 Introduction

Within the coral reef systems, the reef lagoonal benthic communities (sensu lato) play a key role in the overall reef primary production (Gattuso et al., 1998; Heil et al., 2004), significantly contributing to inorganic carbon (CO2) fluxes and organic matter remineralization (Gattuso et al., 1998; Borges et al., 2006). The impacts of local anthropogenic pressures, such as eutrophication (Bell, 1992) or the increase of contaminants of emerging concern (CECs) (Reid et al., 2019), and climate change (Hughes et al., 2003) pose a serious threat to the biodiversity, resilience and functioning of these valuable ecosystems. As a consequence of natural or human-driven pressures, shifts in the composition of benthic primary producer and productivity are expected, implying changes in the benthic metabolism, the sediment biogeochemical composition, and the nutrient water-sediment fluxes (Eyre and Ferguson, 2002; Smetacek and Zingone, 2013). Nutrient fluxes in the benthic compartment are controlled by biogeochemical processes closely tied to the metabolic activity of the benthic community (Risgaard-Petersen and Ottosen, 2000; Barrón et al., 2006). Changes in the physico-chemical environmental conditions may impact the biological community (composition, functional role and productivity), which in turn may also modify the chemical and physical conditions and processes taking place in the sediments, ultimately affecting nutrient fluxes, cycling and storage capacity of the benthic compartment (Eyre and Ferguson, 2002). The study of the metabolic status of the benthic reef compartment, in terms of production and respiration and nutrient fluxes, is thus essential for the determination of the metabolic status (i.e. auto- or heterotrophic) of coral reef systems and for forecasting their potential to cope and respond to events of natural or anthropogenic-induced environmental forcing (Eyre and Ferguson, 2002; Taddei et al., 2007).

While microphytobentos represents the main primary producer in unvegetated soft-bottom lagoons (Taddei et al., 2007; Hochard et al., 2012), the presence of marine macrophytes, macroalgae and seagrasses, is also frequent in the reef lagoons and may constitute important contributors to primary production and the overall metabolic balance of reef system (Gattuso et al., 1998; Heil et al., 2004). Seagrasses are considered “foundation” species with the capacity to modify the physico-chemical environment around them creating suitable conditions for themselves and for the associated community (Dayton, 1972; Ricart et al., 2021). Moreover, seagrass meadows are gaining further momentum among the scientific and stake-holder communities because of the ecosystem services attributed to them and their potential as nature-based solutions for climate change mitigation (Seddon et al., 2020; Macreadie et al., 2021). The characteristic below-ground rhizomatic-root system of seagrasses physically connects the water mass and the sediment altering the diffusive water-sediment nutrient fluxes and further modifying the magnitude and velocity of the biogeochemical processes that occur both in the water and the sediment (Bouma et al., 2009). Among the valuable essential services attributed to seagrasses (Orth et al., 2006), those related to water oxygenation (Duarte et al., 2010), nutrient cycling (Eyre and Ferguson, 2002) and carbon sequestration (Fourqurean et al., 2012) are closely linked to seagrass productivity and metabolic balance. Indeed, seagrass meadows are considered among the most productive coastal systems on Earth (Duarte and Chiscano, 1999). However, despite the studies published, information on seagrass metabolism is yet inconclusive and large uncertainties remain on the quantification of seagrass net metabolic contribution to the system productivity and nutrient fluxes (Duarte et al., 2010; Van Dam Bryce et al., 2021; Ward et al., 2022). Large inter- and intraspecific variability has been described in seagrass productivity (Duarte et al., 2010). This plasticity has been associated to spatio-temporal variability (Enríquez et al., 2004; Olivé et al., 2013), environmental forcing derived from natural- or anthropogenic-driven perturbations, such as diseases, nutrient-derived eutrophication, or warming (Olivé et al., 2009; Graham et al., 2021), and “top-down” control of the associated community (Martínez-Crego et al., 2014).

Despite their recognized importance and the growing number of studies published in the last decades, seagrasses have been traditionally overlooked in coral reef systems (Duarte et al., 2008). At present, there is a particular striking paucity of information on seagrass metabolism and contribution to biogeochemical cycles in some tropical areas, such as the West Indian Ocean (Duarte et al., 2010; Ward et al., 2022). Moreover, information available on tropical seagrasses is biased and very limited information is available for some species, such is the case of Syringodium isoetifolium (Duarte et al., 2010; Ward et al., 2022). To help fulfilling this gap, this work provides novel and original information on the metabolism of a poorly studied seagrass species (i.e. S. isoetifolium) and a poorly studied ocean region (i.e. West Indian Ocean).

This work aims at evaluating the productivity and metabolic contribution of a tropical seagrass to the metabolism and nutrient cycling of the benthic compartment in a reef lagoon system, considering the environmental biogeochemical variability associated to the lagoon. This was addressed by evaluating the metabolic balance of different benthic components (i.e. seagrass, sediment, and whole benthic community) and the nutrient fluxes of the benthic community across a tropical reef lagoon. We used the reef lagoon in Reunion Island (West Indian Ocean) as a model system and the seagrass S. isoetifolium as a model species. The fast-growing species S. isoetifolium is the only seagrass present in Reunion (Cuvillier et al., 2017). It thrives in sandy bottoms along the inner reef lagoon and its coverture can reach up to 30% of the lagoon (Cuvillier et al., 2017). Despite its limited extension, the reef lagoon is exposed to different levels of natural and anthropogenic environmental pressure (Chazottes et al., 2008; Clavier et al., 2008). Indeed, time-series analysis have revealed large seascape variability of S. isoetifolium communities across the lagoon associated with natural (e.g. storms, grazing) and anthropogenic (e.g. warming, nutrient inputs) environmental forcing (Cuvillier et al., 2017). However, the productivity and metabolic assessment of the seagrass S. isoetifolium in the lagoon remains unexplored. Oxygen was chosen as the main descriptor to assess productivity and explore the metabolic balance in the different components of the benthic compartment of the lagoon together with its spatial variability. The oxygen metabolic balance has been commonly used as a physiological indicator of the metabolic status across organismal scales (Gillooly et al., 2001), benthic communities (Roth et al., 2019), and the benthic compartment (Revsbech et al., 1981; Glud, 2008). Oxygen fluxes are also closely associated with other nutrient fluxes (e.g. carbon (Duarte et al., 2010) and nitrogen (Risgaard-Petersen, 2003). Nitrogen fluxes in the benthic compartment were also assessed to evaluate the potential role of the benthic community as sink or source of nutrients in the lagoon as well as testing the potential of the benthic lagoon community to face increases in the nutrient load.



2 Material and methods


2.1 Study site

Reunion Island (Mascarene Archipelago, Western Indian Ocean) has been identified as a marine hotspot of biodiversity for coral reefs with highest ecological value (Roberts et al., 2002). The coral reef systems of Reunion Island (S 21°, E 55°) are restricted to the western and southern coasts of the island. This study was conducted in La Saline fringing reef (9 km long, up to 500 m wide, 1 to 1.5 m deep), which is the most extensive reef of Reunion Island (Tedetti et al., 2020). The lagoon is exposed to semidiurnal tides ranging from 0.1 m (neap) to 0.9 m (spring). The sediment in the reef lagoon is mainly composed of coarse sand, scattered with coral fragments, over a limestone substrate (Clavier et al., 2008). The lagoon is considered an oligotrophic system with low nutrient levels, though local areas potentially exposed to nutrient inputs, mainly through groundwater discharges and runoff from land, have been reported along the lagoon (Clavier et al., 2008; Tedetti et al., 2020).

Monospecific beds of the seagrass Syringodium isoetifolium were selected according to previous works and three different stations were set along the reef lagoon as a representative of different environmental pressures (i.e. nutrient enrichment associated to submarine groundwater discharge and human pressure) (Chazottes et al., 2008; Cuvillier et al., 2017). “Saint-Gilles” (Site A, STG, S 21.07020°; E 055.22031°) was selected as pristine meadow with low anthropogenic pressure and little or no nutrient enrichment; “Passe Ermitage” (Site B, PAS, S 21.08629°; E 055.22705°), located close to an intermittent stream receiving the effluent of a sewage plant, was selected as impacted site exposed to high submarine groundwater discharge, nutrient inputs, and hydrodynamics; and “Saline” (Site C, SAL, S 21.09597°; E 055.23338°), a frequented beach area, was selected as representative of intermediate impact with moderate human pressure and average nutrient availability (Figure 1).




Figure 1 | Sampling locations at Reunion Island. “Saint-Gilles” (STG, site A), “Passe Ermitage” (PAS, site B) and “Saline” (SAL, site C). Modified from Clavier et al. (2008).



At each station, we measured the main environmental biogeochemical descriptors (including physico-chemical parameters, inorganic nutrients, and organic contaminants of emerging concern, CECs) and studied three different components of benthic compartment: i) seagrasses (plant and meadow level), ii) sediment, and iii) the whole benthic community (which includes the sediment, seagrasses, and its associated benthic community, such as benthic infauna, epiphytes, etc.). Field work was conducted in June 2018.



2.2 Environmental biogeochemical descriptors

Descriptors of the water mass in the lagoon around the seagrass meadows were monitored using a combination of autonomous sensors and analytical techniques. Temperature, dissolved oxygen (PreSens®), and irradiance (Odyssey Integrating PAR sensor, Dataflow Systems) were measured in situ at each sampling location. Water samples for salinity, nutrients, pH and alkalinity analysis were also taken at the sampling locations for later analysis at University of La Reunion. Salinity was measured using a multiparameter probe (YSI 6920). Ammonium analyses were performed spectrophotometrically (Kontron Uvikon 922) according to the indo-phenol blue method following Aminot and Kerouel (2004). Nitrate, nitrite, and phosphate were measured using a Seal Autoanalyzer III and standard analysis methods. Potentiometric determination of pH (Radiometer TIM865 titrator with combined pH electrode pHC2401-8) was performed at 25°C using Tris/HCl and 2-aminopyridine/HCl buffers in synthetic seawater to calibrate the electrode (Dickson et al., 2007). Alkalinity was determined by potentiometric titration using 0.01 M HCl in NaCl to approximate the ionic strength of seawater using Certified Reference Material from A. Dickson laboratory (Scripps Institution of Oceanography) as standard.

Sediment samples around the seagrass meadows were collected using Plexiglas tubes (i.d. 5 cm, length 30 cm, n = 3). Organic matter content of the first centimetre was measured as loss on ignition (burned at 550 °C for 4 hours). Chlorophyll content was measured in the top one cm, extracting the photosynthetic pigments with 100% methanol for 24 hours at 4 °C (Thompson et al., 1999) and determining the pigment content spectrophotometrically as previously described (Ritchie, 2008). Selected emerging organic contaminants (CECs), among the most widely detected in the sediment, such as polycyclic fragrances, nitro musks, triclosan (antibacterial) and methyl triclosan (its metabolite), nonylphenol isomers (surfactant), DEET (insect repellent), UV filters and organophosphorus flame retardants (OPFRs) were analysed by in-cell clean-up pressurised liquid extraction (PLE) followed by gas chromatography-triple quadrupole mass spectrometry (GC-MS/MS; SCION 456-GC and SCION TQ, Bruker). Limits of detection (lod) of the method, calculated using a signal to noise ratio of 3:1, ranged between 0.003 and 2.4 ng g-1. Further details on the extraction and detection methodology can be found in Pintado-Herrera et al. (2016).



2.3 Seagrass metabolism

The net productivity and respiration of S. isoetifolium individuals were evaluated measuring oxygen evolution during in situ incubations (Olivé et al., 2017) with PreSens® optodes. At each location (site A, B and C), plants (circa 10-15 cm rhizome bearing 5-7 shoots) were randomly collected, gently cleaned, and incubated in gas-tight zip-bags (PPC+PET) with its own surrounding water. At each site, two rounds of incubations were performed around solar noon (noon ± 3 hour). On each round, incubations for net plant productivity (NPP) (transparent chambers, n = 5) and respiration (R) (darkened chambers, n = 5) were performed. Seagrass structural descriptors (biomass and morphometry) were also recorded after the incubations for rates normalisation. Productivity and respiration of seagrass meadow at each site was calculated considering the biomass of seagrass per area at each of the studied sites. Daily productivity, respiration, and metabolic balance budgets of S. isoetifolium plant and meadow were calculated assuming a 12 h daylight photoperiod as it was in Reunion Island during the sampling period. The metabolic balance was calculated as the output between daily productivity and respiration. Since incubations ran at noon (i.e. maximum irradiance), seagrass productivity measurements were most likely maximised (Olivé et al., 2016), so the daily budgets calculated, for both plant and meadow, can be considered a proxy of maximum productivity and metabolic balance.



2.4 Sediment metabolism


2.4.1 Sampling procedure

Three small cores (10 cm length, 4 cm i.d., n = 3 per site) enclosing sediment were randomly collected within the seagrass meadows at each sampling site (A, B and C) for microsensor measurements. Cores and in situ water (≈ 20 L) were transported immediately to the laboratory (within 30 minutes after collection) and maintained at 26 °C, similar to in situ water temperature.



2.4.2 Sediment microprofiles

Diffusive fluxes (O2) of the water-sediment were evaluated using oxygen microelectrodes in the laboratory on collected cores. Cores were maintained in a temperature-controlled aquarium at 26 °C with bubbling to ensure adequate oxygen saturation and water turbulence. Cores were exposed to light conditions (white LED, ≈ 50 μmol quanta m-2 s-1) for one hour before starting the measurements and, subsequently, to dark conditions for another hour. A minimum of 3 microprofiles were measured in each core in both light and dark conditions using Clark type oxygen microelectrodes (Unisense, Denmark). The microsensor tip was 50 µm in diameter and profiles were calibrated using O2 concentrations in the vigorously bubbled overlying water as 100% O2 saturation and the signal at anoxic depths as zero. Microsensors were connected to a picoammeter (Multimeter, Unisense, Denmark) and driven into the sediment using a motorised micromanipulator (MM33, Unisense, Denmark) in vertical steps of 100 µm. O2 fluxes across the sediment-water interface were calculated by Fick’s first law of diffusion, using the vertical gradient in the diffusive boundary layer following the equation:

	

Where, D0 is the diffusion coefficient of oxygen in water at the temperature and salinities of the sample and ∂[O2]/∂z is the oxygen concentration gradient measured in the diffusive boundary layer. Daily metabolic fluxes and budgets were calculated assuming a 12 h daylight photoperiod.




2.5 Benthic community metabolism and water-sediment fluxes


2.5.1 Sampling procedure

Six sediment cores (30 cm length, 5.6 cm i.d., n = 6 per site) enclosing the whole community, i.e. sediment + seagrass + the associated benthic community (e.g. benthic infauna, epiphytes, etc), were randomly collected within the seagrass meadows at each sampling site (A, B, C) for community incubations. Transportation and laboratory setting up was conducted as for sediment cores (section 2.4.1).



2.5.2 Community incubations

Total oxygen and nutrient fluxes between the benthic community and the overlying water were measured by sediment core incubations. Three cores were maintained at dark conditions, whereas the other three were maintained illuminated (white LED, ≈50 μmol quanta m-2 s-1). To ensure turbulence in the water column during the incubation, magnetic stirrers were mounted inside each core and driven by an external rotating magnet. Thirty minutes before the start of the incubations,  , was added to each one of the cores to reach a final concentration of 5 µM (initial  , concentration in the cores ranged 0.4-0.8 µM) to trace processes of the N cycle (i.e. denitrification and anammox). Stirring was kept on and cores left without the stopper to avoid changes in the oxygen concentration of the water. Initial water samples for nutrients (i.e. nitrate, nitrite and ammonium) were collected and initial oxygen concentration was measured using one oxygen microsensor (Unisense, Denmark). The sediment cores were then sealed by closing the tubes with rubber stoppers and kept closed for 3-3.8 hours of incubation. Water samples were withdrawn from the cores using a syringe before closing the cores with the stoppers and at the end of the incubation.

The change in concentration of gases and nutrients in the water column were used to calculate the benthic community-water fluxes as a mass balance following the equation:

	

Where: Cinitial and Cfinal were the concentrations measured before closing with the stopper and immediately after the incubation, respectively; t was the incubation time; V was the water volume and A was the area of the sediment. Samples for nutrients were filtered through a 0.2 µm nylon filter into a polyethylene vial and stored at -18 °C until later analysis. Nutrients concentration was analysed at Cadiz University as described in García-Robledo et al. (2014). Samples for the determination of 15N-N2 were collected and preserved with ZnCl2 for later analysis. The excess concentration of 29N2 and 30N2 was measured in a CF-IRMS at the Centre for Geomicrobiology, Aarhus University (Denmark). Rate calculations were done according to Thamdrup and Dalsgaard (2002). Daily fluxes and budgets were calculated assuming a 12 h daylight photoperiod.




2.6 Statistical Analysis

One-way ANOVAs were performed to determine differences among the three sites studied in the environmental parameters as well as in oxygen and nutrient fluxes measured on each component (i.e. seagrasses, sediment, benthic community) in both light and darkness. The significance level was set at α = 0.05. Data were transformed (square-root) when necessary to meet parametric conditions. If -parametric conditions were not meet after transformation, a non-parametric Kruskal-Wallis test was applied. To link the biogeochemical descriptors and the oxygen fluxes measured on each component of the lagoon, a Spearman’s Rank correlation analysis was conducted considering the normalized mean values at each station (i.e. n=3 ranks, station A, B and C) using the IBM SPSS software. Lineal regression model was run between nutrient fluxes and initial nutrients concentration. Unless otherwise indicated, statistical analysis was performed in R (version 4.1.1, R Core Team 2021) using RStudio (version 2021.09.0). Values along the text are mean ± standard deviation (SD) to give indication about the variability of the data. Bars in figures represent mean ± standard error of the mean (SEM) to give indication of the uncertainty in the estimate of the mean (Cumming et al., 2007). Standard deviation of daily budgets was calculated considering error propagation of the mean (Laffers, 2010).




3 Results


3.1 General biogeochemical description

Biogeochemical descriptors of both water and sediment measured at each site are shown in Table 1. Nutrient concentrations ( ,  ,  ,  ,) were low (< 0.5 µM), with the pristine location (St A) showing the lowest N concentrations (Table 1, p < 0.001). The organic matter content in the sediment was less than 5% and chlorophyll concentration remained lower than 10 µg g-1, with the highest values measured at site C (Table 1).


Table 1 | Lagoon biogeochemical descriptors.



The presence of organic contaminants of emerging concern (CECs) in the sediment was generally low across the lagoon (lower than 3.72 ng g-1 DW). The main organic contaminants found in the sediment were sunscreen UV filters, organophosphate flame retardants (OPFRs) and nonylphenols (NPs), which were detected at all three sites studied (Table 1). The higher concentrations of CECs were detected at site C (i.e. 3.7 ng g-1 DW of UV filter octocrylene, OC, and 0.9 ng g-1 DW of OPFR tri-n-butyl phosphate, TnBP, Table 1). (See Table S1 in Supplemental Material for a complete list of CECs analysed but not detected).



3.2 Seagrass metabolism

The plant metabolic balance, understood as the balance between productivity and respiration, was autotrophic in all sites studied and averaged plant net productivity of S. isoetifolium significantly exceeded respiration by more than 6-fold (85 ± 9 and 14 ± 3 µmol O2 g DW-1 h-1, respectively, Figure 2; Table S2). However, net productivity and respiration trends differed among locations (Figure 2, p < 0.001 and p < 0.01, respectively, Table S2). Plants growing in the pristine location of St. Gilles (STG, Site A) showed the highest productivity, while those growing at the impacted site Passe Hermitage (PAS, Site B) showed the highest respiration (106 ± 14 and 19 ± 7 µmol O2 g DW-1 h-1, respectively). The daily plant metabolic balance (PMB) was autotrophic in all sites studied but the PMB in the pristine location (Site A) was double of the impacted site (Site B) (Figure 2).




Figure 2 | Net plant oxygen production of S. isoetifolium measured in light (net plant productivity, NPP, white columns) and in darkness (respiration, R, black columns) at “Saint-Gilles” (STG, site A), “Passe Ermitage” (PAS, site B) and “Saline” (SAL, site C). Bars are mean ± SEM. Numbers above indicate the daily plant metabolic balance (PMB) for each site (mean ± SD).



The plant and meadow structure also differed among the 3 locations sampled. Plant morphotype (leaf length and above/below biomass ratio) and shoot density were lower at Passe Hermitage (site B) (authors’ personal observation). Accordingly, seagrass biomass per area was significantly lower at Site B while similar biomass was recorded at sites A and C (276 ± 122; 53 ± 14; 320 ± 133 g DW m-2, for St A, B and C, respectively, p < 0.001). These differences resulted in significantly lower meadow net productivity and respiration at site B under light and dark conditions, respectively (Figure 3, p < 0.001, Table S2). Overall, the daily meadow metabolic balance (MMB) in all sites was autotrophic. However, the daily metabolic balance inferred for the meadow at Site B was around the 10% of that estimated at sites A and C (Figure 3). The mean daily metabolic balance estimated for S. isoetifolium meadows in the Reunion lagoon was 204.14 ± 21.97 mmol O2 m-2 d-1.




Figure 3 | Seagrass net meadow productivity measured in light (white columns) and dark (black columns) conditions. Bars are mean ± SEM. Numbers above indicate the daily seagrass meadow metabolic balance (MMB) (mean ± SD) for each site.





3.3 Sediment metabolism

Oxygen microprofiles showed that oxygen was quickly consumed in the first 2-3 mm of the sediment at the three sampling sites. In the site A (STG), net production profiles showed a clear production peak below the sediment-water interface, extending the oxygen penetration depth to 3-4 mm. Site B (PAS) showed the lowest oxygen penetration depth, being as low as 1 mm in some dark profiles (Figure S1).

Despite occasional profiles showing net production under light conditions, sediment oxygen fluxes were negative (i.e. oxygen consumption) (Figure 4). Among locations studied, the pristine site (St A) showed the lowest oxygen consumption in the sediment in both light and dark conditions (Figure 4, significant in darkness p < 0.05, Table S2). The daily metabolic oxygen balance in the sediment component (SMB, only sediment) was net heterotrophic in all sites (Figure 4). The average daily metabolic balance in the lagoon for the sediment component was -16.31 ± 4.20 mmol O2 m-2 d-1.




Figure 4 | Sediment metabolic fluxes of oxygen measured in light (white columns) and dark (black columns) conditions. Bars are mean ± SEM. Numbers above indicate the daily sediment metabolic balance (SMB) (mean ± SD) for each site.





3.4 Benthic community metabolism and nutrient fluxes

The benthic community metabolism (i.e. sediment, seagrasses, and the associated benthic community) was net autotrophic in light conditions, releasing oxygen at a rate of 1.4 to 1.9 mmol m-2 h-1, being similar in the three sites studied (Figure 5; Table S2). In darkness, oxygen was consumed at rates of 1.2 to 4 mmol m-2 h-1, with the highest consumption rates measured at site C. The averaged daily metabolic balance in the lagoon for the benthic community (CMB) was -8.63 ± 24.86 mmol O2 m-2 d-1, that is, a net consumption of O2 although the high variability associated to this value covers the range from autotrophic to heterotopic net balance.




Figure 5 | Community metabolic fluxes of oxygen measured in light (white columns) and dark (black columns) conditions. Positive rates mean net release from the community to the water column whereas negative values represent net consumption rates from the benthic community. Bars are mean ± SEM. Numbers above indicate the daily benthic community metabolic balance (CMB) (mean ± SD) for each site.



In general, the benthic community consumed both ammonium and nitrate under light and dark conditions, although the large heterogeneity in the rates measured resulted in large deviations from the mean value and therefore no significant differences were found between sites (Figures 6A, B Table S2). Nitrate consumption by denitrification and anammox was low (< 0.1 µmol m-2 h-1) and a minor fraction of the total nitrate consumption (0.1-1.1%) but it was measured at significant rates in the three sites (p < 0.05, t-test). No differences were detected among stations in nitrate consumption but for denitrification in darkness (Table S2). Daily denitrification rates ranged from 0.02 to 1.4 µmol m-2 d-1, with higher rates measured at station A while anammox rates varied between 0.5 and 2.2 µmol m-2 d-1 with no clear trend found among sites (Figure 6C).




Figure 6 | Net community fluxes of ammonium (A), and nitrate (B). Daily community nitrogen consumption rates (denitrification (Dni) and anammox) (C). Nutrient concentrations (ammonium and nitrate) recorded in the water at the beginning of the incubation (D). Bars are mean ± SEM.



Initial nutrient concentrations measured in the core incubations were higher than those measured in samples collected in situ, especially for ammonium (Figure 6D, Table 1, respectively). This likely resulted in net consumption fluxes higher than those expected at in situ concentrations. Similarly, the measured ammonium fluxes are much higher than nitrate fluxes despite the similar trace levels found in situ for both nutrients.




4 Discussion

This study provides the first metabolic dataset for the seagrass Syringodium isoetifolium in the West Indian Ocean. The seagrass community in the Reunion lagoon was net autotrophic and contributed to the lagoon benthic metabolism. Large variability among sites was detected in the metabolic balance of each one of the benthic components assessed (i.e. seagrass, sediment, community) also associated with the natural and/or anthropic-driven environmental variability found in the lagoon. The metabolic balance of the benthic compartment in Reunion was slightly heterotrophic but highly variable. The high productivity and autotrophic metabolic balance of S. isoetifolium helped decreasing the sediment net heterotrophy. No significant nutrient inputs were detected in this study and the benthic community showed potential capacity for maintaining the lagoon oligotrophic condition via nitrogen retention (uptake by microphytobenthos and seagrasses) and removal (denitrification and anammox) but other sources of contamination, such as organic CECs, may potentially affect the benthic community and metabolism in the lagoon and should be considered in the future studies.


4.1 Biogeochemistry of Reunion lagoon

Biogeochemical descriptors measured in the water column were in the range of those previously reported in the Reunion lagoon (Tedetti et al., 2020). Nutrients measured in the water mass, as well as organic matter and chlorophyll in the sediment, were low and within the range expected for a tropical oligotrophic sandy lagoon (van Tussenbroek, 2011; Bayraktarov and Wild, 2014). Environmental pressures in the lagoon have been historically attributed to nutrients loads from watershed associated to increasing urbanization and agriculture (Cuet, 1989). However, the low nutrient concentration measured in this study does not support the hypothesis that Reunion lagoon is experiencing significant nutrients load or facing eutrophication risk, even at the “impacted” site of Passe Hermitage.

Together with inorganic nutrients, submarine groundwater discharges and rivers may also carry organic matter and contaminants to the lagoon (Tedetti et al., 2020). Organic contaminants are a growing threat in marine systems and their toxicity has been largely demonstrated (Soares et al., 2008; Miller et al., 2021). In this study, we analysed the presence of organic contaminants of emerging concern (CECS) as potential sources of anthropogenic pressure, providing the first report on CECs in the sediment of Reunion lagoon. In general, the number and concentration of organic contaminants detected in the lagoon were low in comparison with other coral reef ecosystems and tropical areas (Kawahata et al., 2004; Mitchelmore et al., 2019). Even though, CECs were still detectable in the sediment, which is particularly relevant considering the sandy matrix of Reunion lagoon and the low affinity of organic contaminants for sandy substrates (Pignatello, 2012). The main groups of CECs found in the sediment were the UV filters, widely used as sunscreen, organophosphorus flame retardants (OPFRs), widely used as plasticizers, and detergent-like nonionic surfactant nonylphenols (NPs). UV filters (sunscreen) were the most detected CECs in the lagoon at concentrations similar than those reported in several coastal areas (Tsui et al., 2015; Apel et al., 2018) while NPs and OPFRs concentrations were lower compared to other coral reef and coastal areas (Kawahata et al., 2004; Chen et al., 2019). River flow, runoff, and groundwater discharges carrying industrial and urban wastewater are considered main entries of CECs into coral reef systems (Kroon et al., 2020). However, the higher concentrations of UV filters detected at Saline (Site C), a popular frequented beach area, are likely due to sunscreen being directly released into the environment during recreational activities. This site also showed the higher percentage of organic matter, which may further favours CECs accumulation in the sediment due to the known interaction and affinity of organic pollutants with sediment organic matter (Pignatello, 2012). Benthic organisms may further accumulate CECs, as it has been recently reported for UV filters in belowground tissues of seagrasses (Agawin et al., 2022). Once incorporated, CECs may disrupt metabolic pathways in benthic organisms altering the metabolic balances at different trophic levels, with possible wider consequences in the marine food web and biogeochemical fluxes (Kawahata et al., 2004; Tsui et al., 2015; Miller et al., 2021). A significant negative correlation (Spearman’s rank correlation, Table S3) was found between CECs (e.g. UV filters OC, 4-MBC, EHMC and BP-3, and OPFRs TnBP, TiBP, and TEHP) and the respiration rates in the 3 compartments studied (i.e. seagrass meadow, community and, to a less extend, sediment) as well as with the community metabolic balance (CMB). Although not conclusive, the reported negative correlations may indicate a potential negative effect of CECs on the mitochondrial functioning and metabolic routes as a result of oxidative damage, as it has been described in other species (Yeh et al., 2017; Leitão et al., 2021), which may impact in the respiration rates of seagrasses and the lagoon system. Although further work is needed, the presence of CECs in Reunion lagoon may constitute an environmental driver of pressure also contributing to the high metabolic variability detected in the benthic compartment (see discussion below). Our results highlight the need of considering new emerging contaminants together with classical biogeochemical descriptors to properly describe the environmental context and detect potential drivers of pressure for the benthic community in areas of high ecological value, such as tropical coral reefs.



4.2 Metabolic balance in the lagoon compartments


4.2.1 Seagrass metabolism

Plants of S. isoetifolium in Reunion showed a positive metabolic balance, understood as the balance between photosynthesis and respiration, confirming the autotrophic contribution of seagrasses to coral reef systems. The positive metabolic output resulted from plant photosynthesis largely exceeding respiration in all the sites assessed. The average daily metabolic balance calculated for seagrass meadows in Reunion (204.14 ± 21.97 mmol O2 m-2 d-1) falls within the range attributed to seagrass communities (Duarte et al., 2010) and within other tropical small-species (Anton et al., 2020). We also note our estimate should be considered as optimized since seagrass metabolism was assessed at noon when seagrass productivity is likely to be maximised (Olivé et al., 2016).

The net productivity, respiration, and metabolic balance of S. isoetifolium plants displayed large variability (up to two-fold) among the sites studied. Large intraspecific plasticity has been attributed to the metabolism of seagrasses, as well as other physiological and morphological traits, associated with environmental drivers (Olivé et al., 2013; Enríquez et al., 2019; Peralta et al., 2021). Differences in the metabolic balance of plants found at the different sites likely reflected the exposure to different environmental conditions. We hypothesised that plants in site B were potentially exposed to higher environmental pressure, such as nutrients or contamination from sewage loads. The lower metabolic balance of plants was recorded at the impacted site B (PASS) and was mainly due to a higher oxygen consumption (i.e. respiration) in darkness, though the net productivity recorded at this site was also the lowest. Increased respiration associated with nutrient enrichment has been already documented as a metabolic response of seagrasses (Burkholder et al., 2007). However, nutrients, organic matter, and organic contaminants levels remained low at the three sites studied. Hydrodynamics may also affect morphological and physiological traits in seagrasses, for instance favouring the development of the anchoring system, decreasing the above/belowground biomass ratio, and the proportion of autotrophic tissues (Peralta et al., 2006). Plants at site B (PAS) were indeed exposed to a higher hydrodynamic regime, due to the proximity to the reef pass (Tedetti et al., 2020), likely contributing to the lower metabolism recorded at this site.

After integrating S. isoetifolium metabolism per area projected, seagrass meadows at Reunion also resulted in net autotrophic systems but the daily productivity greatly varied, up to 10-fold, among locations. Together with metabolic traits, morphological descriptors of S. isoetifolium also differed among locations. Previous monitoring of seagrass meadows conducted in Reunion revealed large variations in seagrass seascape coverage along the recent decades in the reef lagoon (Cuvillier et al., 2017). In agreement with seascape monitoring, we detected more than 5-fold variation in the seagrass biomass per area among the sites studied with significant lower biomass at site B (PAS). Both natural, physical (e.g. hydrodynamics) and biotic disturbances (e.g. grazing), as well as anthropogenic pressures (e.g. grubbing, nutrient inputs) have been pointed as main drivers conditioning seagrass meadows stability in Reunion (Cuvillier et al., 2017). Reduced growth rates and shoot density has been further described as a response of seagrass to environmental forcing, such as eutrophication (Olivé et al., 2009) and hydrodynamic perturbation events (Peralta et al., 2006). Higher energetic demands at plant level together with environmental forcing likely affected growth rates and biomass partitioning of S. isoetifolium resulting in significantly lower biomass cover at impacted location (PAS). This, in turn, scaled-up into significantly lower net metabolism and lower autotrophic contribution of seagrass meadows in the impacted site.



4.2.2 Sediment metabolism

The average daily metabolic balance calculated for the sediment component (-16.31 ± 4.20 mmol O2 m-2 d-1) was in the range reported in in situ sediment incubations conducted in the same locations (Taddei et al., 2007), reflecting a net oxygen consumption by the sediment likely being a carbon dioxide source.

The sediment oxygen fluxes measured in the sediment-water interface with microsensors were negative, i.e. net heterotrophic, even under light conditions at the irradiance levels set in the laboratory. The presence of benthic microalgae, microphytobenthos, was confirmed by the detection of chlorophyll a and c in the sediments of the three locations. Chlorophyll a concentration in the first centimetre of the sediment ranged from 6 to 9 µg g-1, equivalent to 43 to 59 mg m-2. These values were in the range of concentrations measured in other coral reef sediments where sediments are net autotrophic and microphytobenthos has been shown to be a relevant primary producer in the benthic compartment (Heil et al., 2004; Hochard et al., 2012; Cox et al., 2020). Despite the similar biomass of microphytobenthos (based on the chlorophyll concentrations) suggesting certain relevance of the microphytobenthos biomass in the benthic compartment, our measurements showed that the sediment was net heterotrophic. The relatively low light intensity reached in the laboratory, compared to the in situ light levels recorded in the field in this study and reported in other studies (Taddei et al., 2007), may have limited photosynthesis of microphytobenthos during the microsensor measurements. Some oxygen microprofiles showed net oxygen production, reflecting the potential for microphytobenthonic productivity. The larger variability in the sediment fluxes reported under light conditions was caused by the occasional presence of net productive spots with high gross productivity, even at the low light intensity set in the lab conditions. In situ oxygen microprofiles could provide further relevant information about the contribution of benthic microalgae to the metabolism of the coral reef sediment (Glud et al., 2000). However, such measurements are technically complex and were not carried out during the present study. Future studies should therefore consider the in situ use of microsensors, to fully characterise the metabolic role of microphytobenthos in the coral reef system of Reunion island.



4.2.3 Community metabolism

Oxygen fluxes between the benthic community and the water column measured with core incubations integrated the metabolism of the whole benthic community, including the sediment, seagrasses, and the associated benthic community.

The large variability of the values measured in diffusive (sediment) and community fluxes at each site did not allow the detection of significant changes in the metabolic balance among the three sites studied, however noticeable differences could be observed between the contribution of the sediment alone and the whole community to the net oxygen consumption. As it could be expected, oxygen fluxes measured in dark conditions were 2-4 times higher than the values obtained for the sediment with microsensors, reflecting the increase in oxygen consumption by the other community components (seagrasses and associated benthic community). Despite including the seagrasses, the respiration rates of the community were in the same range of those reported for bare sediment measured using in situ benthic incubation chambers close to our study sites (Taddei et al., 2007; Taddei et al., 2008). The respiration of the sediment was about 21-25% of the community respiration in sites A and C, increasing up to 70% in site B. The high contribution of the community in the respiratory rates measured in sites A and C revealed that the benthic community has a relevant role in the net oxygen consumption in the sandy areas of the reef lagoon. Previous studies in the lagoon had however considered only the bare sediment (Taddei et al., 2007; Taddei et al., 2008), excluding the contribution of the community associated with the seagrass meadows. On the other hand, the lowest contribution of the benthic community to the oxygen consumption rates in darkness was detected in Passe Hermitage (St B), which also held the lowest seagrass coverage and biomass.

The major contribution of the seagrasses to the benthic community metabolism was detected during light conditions. Unlike the sediment component, the benthic community was net autotrophic at the three stations, shifting the role of the lagoon to a net oxygen producer. Similarly to the microphytobenthonic productivity measured in the sediment, the irradiance during the laboratory incubations was low compared to in situ values, likely limiting the net oxygen production by the seagrass community. In situ community incubations similar to those performed in the bare sediments by Taddei et al. (2007) could provide useful information about the metabolic activity of the seagrass meadows, further supporting the relevance of the benthic compartment in the net production of the reef lagoon as our results suggest.



4.2.4 Lagoon-wide metabolic balances

Lagoon-wide, the mean daily benthic community metabolic balance estimated for the lagoon was slightly heterotrophic (-8.63 ± 24.86 mmol O2 m-2 d-1). However, the high uncertainty associated to this value does not allow to assertively characterize the system as net heterotrophic but close to zero oscillating between autotrophy and heterotrophy. Mean O2 fluxes varied circa 10-fold among sites studied with large variability also associated within each site. The large metabolic variability found on the species S. isoetifolium across reduced spatial scales (hundreds of metres) has been also described in other seagrass species (Olivé et al., 2013). Moreover, the sediment and the community metabolism also varied significantly across the lagoon highlighting the need of considering spatial variability when calculating global metabolic budgets. As Clavier et al. (2008) noted for temporal scales, metabolic budgets measured in limited areas and then extrapolated to larger areas without considering the associated variability may entail large inaccuracies when used in ecosystem models.

Despite this variability, the global metabolic balance of the benthic community was less heterotrophic than the sediment compartment (-8.63 ± 24.86 and -16.31 ± 4.20 mmol O2 m-2 d-1, respectively). Although seagrass beds coverage in Reunion Island is relatively low and limited to one single species, this study reveals the major role that seagrasses may hold in contributing to the autotrophic metabolic balance of reef lagoon. In order to get a closer estimate of the contribution of seagrass meadows to the community metabolism, we performed a scaling-up exercise. The productivity of seagrass meadow (NMP), measured under natural light conditions, was recalculated for the irradiance used in the laboratory for the sediment and community incubations (i.e. laboratory LED lights) using the PI curves parameters for S. filiforme provided by Major and Dunton (2000). At the laboratory irradiance, the NMP of seagrass meadows was reduced by circa 85% (i.e. 4.38 ± 0.59, 0.56 ± 0.16, 3.84 ± 0.52 mmol O2 m-2 h-1, for St. A, B and C, respectively) falling within the same order of magnitude of metabolic rates measured in the sediment and the benthic community (Figures 4 and 5). When adding the seagrass contribution to the oxygen fluxes measured in the sediment (i.e. sediment + seagrass), the NPP values obtained (3.99, -0.25, 3.11 mmol O2 m-2 h-1, for St A, B, C, respectively) fit closer to the community fluxes measured in the laboratory (1.65, 1.39, 1.89 mmol O2 m-2 h-1, for St A, B and C, respectively, Figure 5). Indeed, estimated mean daylight fluxes for the lagoon calculated from sediment + seagrass data closely matched those obtained for the benthic community (2.29 and 1.65 mmol O2 m-2 h-1, respectively). These results highlight the major role that seagrass S. isoetifolium plays in turning the benthic metabolism of the Reunion lagoon from net heterotrophy into net autotrophy and further confirm seagrasses as a key component to consider when calculating benthic fluxes and global metabolism in the benthic compartment.



4.2.5 Nutrient fluxes

Nitrogen fluxes in the community incubations were also assessed to evaluate the potential role of the benthic community as sink or source of nutrients in the lagoon. In situ nitrogen and phosphorus nutrient concentrations were below 0.5 µM at the three stations, confirming the low nutrient availability in the water column and the oligotrophic conditions of the lagoon. However, the sampling of the cores for community incubations likely induced a perturbation in the low nutrient conditions of the water column. Ammonium concentrations measured in the water column inside the cores ranged from 1 to 5 µM, being 2-10 times higher than the concentrations measured in situ (about 0.5 µM). Ammonium accumulates in the porewater (Capone et al., 1992) and the increased concentrations measured in the cores suggest that sediment resuspension during the collection or later manipulation of the sediment cores and the release of porewater ammonium may have taken place. Nitrate concentrations in the water column during the incubations were similar to those measured in situ, suggesting that nitrate did not accumulate in the porewater as has also been measured in other coral reef sediments (Capone et al., 1992) and the sediment manipulation did not cause a relevant increase in the nitrate concentration inside the cores.

Ammonium and nitrate fluxes were significantly and negatively correlated with the concentration of each nutrient at the beginning of the incubation (linear regression, p < 0.01, Table S4), likely reflecting the nutrient limitation status of the community. At low nutrient concentrations, fluxes were close to zero or even positive whereas negative values (i.e. net consumption) were detected in samples with higher initial nitrogen concentrations. The increase in ammonium concentration caused by the slight sediment disturbance resulted in increased ammonium consumption. Similarly, the increase in nitrate concentrations caused by isotope addition proportionally increased nitrate consumption rates. In both cases, the increase in nutrient concentration resulted in a proportional increase in nutrient flux to the benthic compartment. These results indicate the capacity of the benthic ecosystem for nutrient uptake when nutrient concentrations increase in the water column. Nutrient fluxes in seagrass communities has been shown to be proportional to the nutrient concentrations in the water column at low concentrations, being consequence of nutrient uptake by the different components of the community (seagrasses and microphytobenthos) (Cornelisen and Thomas, 2006). Therefore, slight and sporadic increases in nutrient loading to the reef could be buffered by the nutrient retention capacity of the seagrass benthic community, which absorbs nutrients from the water column at a rate proportional to the concentration of nutrients in the water column. Nutrient discharges from groundwater systems have been described in the area (Tedetti et al., 2020) and the potential nutrient uptake from the seagrass community (Alexandre et al., 2011) might dampen the negative impacts of nutrient enrichment in oligotrophic ecosystem such as the Reunion Island lagoon.

The nitrate flux towards the benthic community also included denitrification and anammox processes. Nitrate transformations to nitrogen gas were detected in the community incubations at the three sites confirming the presence of this process in the sediments of the reef lagoon. Rates measured were low as could be expected by the low nitrate levels found in the lagoon, resulting in rates similar to those found in subtropical seagrass sediments (Salk et al., 2017). Dissimilatory reduction of nitrate to ammonium (DNRA) was not measured in this study and it might induce the underestimation of denitrification and anammox rates (Song et al., 2013; Salk et al., 2017). However, DNRA rates in intact sediment cores are commonly low and the impact on denitrification and anammox rates are negligible (Song et al., 2016). On average, only 0.4-1.2% of the nitrate flux to the sediment was converted to dinitrogen (N2) and removed from the system. While the nutrients incorporated by the photosynthetic community can return to the system through the degradation of their biomass, denitrification and anammox processes imply a loss of nitrogen from the system. These nitrogen consumption processes of the benthic compartment, although slow, remove a fraction of the nutrient load of the ecosystem, likely contributing to the maintenance of the oligotrophic conditions of the lagoon.
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Species/treatments Day 0 Stress period Recovery period
Day 1 Day 3 Day 5 Day 6 Day 8 Day 10
Pocillopora acuta
°27°C 64.24 + 3.68 70.38 + 1.84 84.37 £1.51 80.58 + 1.51 87.05 +2.84 74.83 +£2.39 76.02 + 4.90
© 29.5°C 63.43 + 2.677 81.83+1.83 85.68 £5.16 81.47 £ 0.85 82.97 £4.27 79.45 + 3.78 74.79 + 5.60
° 32°C 62.74 + 3.94 67.25 +1.04 7959 4+ 4.35 74.23 +0.90 69.51 £1.78 65.30 + 3.24 74.78 + 3.56
® 34.5°C 76.34 + 0.50 55.42 + 3.86 65.53 +2.61 - - = =
Porites lutea
° 27°C 55.32 + 2.196 66.33 + 2.04 85.50 +£3.95 78.81 + 4.56 88.11 +£1.40 71.86 +£2.05 7564+ 758
©29.5°C 62.18 +£2.20 75.49+2.18 88.42 +£4.63 89.68 + 2.33 86.76 +1.06 70.02 +2.89 75.29 + 5.34
° 32°C 61.26 +2.21 76.98 + 1.81 82.52 £0.50 83.66 + 1.67 74.80 +2.91 58.62 +1.73 64.95 + 2.69
® 34.5°C 61.49 + 0.66 65.54 + 1.60 70.29 £2.93 52.68 + 3.60 33.91* - -
Halophila ovalis
°27°C 34.41+£0.95 35.01 + 1.96 31.12 £0.79 26.82 + 1.09 27.95 +£2.09 33.19+2.38 30.89 +2.28
© 32°C 3110+ 1.13 42.38 £ 2.14 37.87 £1.00 32.72 £ 0.91 2728 +0.72 35.156+2.94 34.36 + 1.94
° 37°C 36.57 &+ 1.67 50.39 + 3.04 45.05 £2.72 40.86 +2.18 25.91 £1.32 33.83+ 1.11 30.18 + 0.98
®42°C 40.21 £2.43 1917 £1.62 1207 +£4.50 - - - -
Thalassia hemprichii
©27°C 23.66 + 1.21 2413+ 1.12 24.87 +£1.30 20.35 + 1.81 20.26 +1.99 23.33+ 1.46 23.27 £ 0.53
© 32°C 21.47 £1.11 34.66 + 0.76 31.61 +£1.68 29.10 +4.19 20.82 £3.142 27.24 +1.46 2705298
* 37°C 24.46 + 0.62 43.32 + 4.03 39.22 +1.65 39.48 +2.33 2142 +1.81 28.86 + 2.71 2780 +085
® 42°C 26.80 + 3.64 28.68 + 1.45 11.60 £+ 0.60 13.38 £ 1.01 13.01 £3.07 13.01 £ 3.60 -
Padina boryana
©27°C 22.74 +1.48 25.14 + 0.36 26.18 £0.31 28.03 +2.88 25.20 +3.08 26.28 £2.78 27.03 +0.82
° 32°C 23.69 + 1.24 27.26 £ 1.79 23024172 27.02 +0.57 28.75 +1.57 26.94 + 2.51 27.02 4+ 1.38
© 37°C 22.82+£0.83 25.23 +0.86 28.69 +£1.24 30.40 + 2.26 28.97 +2.81 33.48 + 1.92 33.99 + 3.46
® 42°C 22.71 £ 1.79 24.80 + 0.29 21.63+1.36 - - - -
Ulva intestinalis
°27°C 13.13 £ 1.07 20.22 +£2.92 20.49 + 2.51 20.54 + 2.50 22.83 +1.20 20.26 +2.29 19.72 £1.19
© 32°C 14.56 + 1.38 20.75 +1.10 1829 +£1.18 23.156+0.84 20.19 +1.24 17.46 £ 0.54 1861 £ 358
¢ 37°C 13.89 £+ 0.50 21.48+1.25 22184+ 216 18.65 £ 2.02 20.91 +3.00 15.33 £ 3.70 13.72 £1.08
® 42°C 13.85 £ 2.57 16.24 £ 0.58 13.16 £ 4.05 - - - -

For each replicate, 3 individuals were assessed.

Asterisk (*) indicates the treatment in which there was only one replicate of fitted rapid light curve (n = 1).
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Habitat Corg Stock (kg m?) Cinorg Stock (kg m?) N stock (kg m™2) Hg stock (g m?)

Dead matte 4.08 +2.10 8.85 + 1.97 0.14 £ 0.04 0.19 £ 0.04
Bare sediment 0.56 +0.11 22,13 +3.04 0.05 +0.01 0.09 +0.01
P oceanica meadow 288 + 053 10.89 + 4.37 007 + 001 0.007 + 0.004
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Net PS Alpha () Respiration Gross PS Alpha («)

Epiphytes 2.16 1.28 2.46 2.18 1.26
Leaf with epiphytes  2.10 1.27 2.52 2.07 1.16
Bare seagrass leaf  1.99 0.74 1.85 1.87 0.81

Temperature range: 12-22°C. Values are calculated from averaged photosynthetic
parameters derived from the fitted exponential saturation models at increasing
temperature (all with R? > 0.99, see Figure 1, thus, representing an original biolog-
ical replication of 4). A value of 2 in the temperature range of 12-22°C means a
doubling of photosynthesis and respiration with a temperature increase of 10°C.
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Site ID Location Temp (°C)  Salinity DO (mg EC (nS Time of  SRP (mg N-NO3 N-NH; 38'5N-NO; 5'80-NOg

(ppt) L) cm~1) day L) (mgL™")  (mgL ') (% AIR) (% VSMOW)
D1 Seagrass meadow 2751 34.6 9.6 54,687 1310 0.019 BDL 0.072 7.2 2.7
D1 Stormwater drain 20.8 0.4 0.3 679 1300 0.101 BDL 0.798 NA NA
N1 Seagrass meadow 29.0 33.1 1656 54,550 1200 0.006 BDL 0.054 NA NA
N1 Stormwater drain 224 0.7 2.8 1,253 1200 0.005 0.002 0.005 5.8 -2.9
N1 Bore 21.7 0.5 4.4 979 1145 0.021 BDL 2.028 NA NA
N3 Seagrass meadow 225 32.8 8.9 50,560 1230 0.014 BDL 0.034 6.4 2.6
N3 Stormwater drain 222 13.7 0.1 21,780 1500 0.072 BDL 0.231 1.0 3.4
N3 Bore 21.7 0.6 75 1,070 1130 0.018 0.202 0.069 6.8 3.7

Values above guidelines for estuaries in south-west Australia (ANZECC and ARMCANZ guidelines, 2000) for SRP (0.005 mg L~1), N-NOx (0.045 mg L~1), and
N-NH4 + (0.040 mg L=1) are outlined in bold typeface. DO, dissolved oxygen; SRP, soluble reactive phosphate; BDL, Below detection limit.
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Compartment

Water
Water
Water
Water
Water
Water
Water
Water
Water
Water
Sediment
Sediment

Sediment

Parameter (units)

Irradiance (pmol quanta m?s)

Salinity
Temperature (°C)
0, (uM)
pHror
TA (umol/kg)
NHj (uM)
NO; (kM)
NO; (uM)
PO} (uM)
OM (%)
Chla (ugg™)

Fragrances
Galaxolide
Tonalide
UV Filters
ocC
4-MBC
EHMC
BP-3
OPFRs
TnBP
TiBP
TEHP
Other CECs
NPs

Site A (STG)
Mean + SD (n)

702 + 203 (51)
34.52
26.9 + 0.5 (20)
222 +21 (20)
8.04 +0.01 (3)
2287 +3 (3)
029 +0.01 (3)
0.13 +0.01 (3)
0.06 + 0.00 (3)
0.16 = 0.01 (3)
34 +0.05 (5)
7.87

lod
0.108

2.644
0.180
0.123
0.092

0.484
0.027

0.008

2463

Site B (PAS)
Mean + SD (n)

998 + 210 (29)
3461
25.9 0.4 (19)
176 + 16 (19)
7.97 £0.01 (3)
2261 £1(3)
0.37 £0.01 (3)
0.20 + 0.01 (3)
0.10 + 0.01 (3)
0.12 +0.00 (3)
3.7 £0.44 (4)
6.63
CECs (ng g" DW)

lod
lod

1.153

0.262

0.082
lod

0.204
lod

lod

1.870

Site C (SAL)
Mean + SD (n)

665 + 199 (40)
34.76
27.2£02(19)
224 +29 (19)
8.09 £0.01 (3)
2187 £2(3)
0.48 +0.02 (3)
0.24 £ 0.01 (3)
0.10 £ 0.00 (3)
0.09 +0.01 (3)
5.04 £0.28 (5)
9.06

0.075
0.137

3.709
0.562
0.217
0.252

0911
0.03

0.009

1.767

ANOVA

p <0001;A,C<B

p <0.001; A,C>B (*)
p<0.00L;A,C>B
p<0.005,C>A>B
p<0.00,A>B>C
p<0.00;A<B<C
p<0.00A<B<C
p<0.00;;A<B,C
p<0.00,A>B>C
p<0001;A,B<C

Data are mean values * standard deviation (sample size). Irradiance, salinity, temperature, oxygen (02), pHTOT (25°C, total scale), total alkalinity (TA), ammonium (NH4+), nitrate (NO3-),
nitrite (NO2-), and phosphate (PO43-) were measured in water. Organic matter (OM), chlorophyll a (Chl a), and contaminants of emerging concern (CECs) were measured in the first 3
centimetres of the sediment. CECs are UV filters (Octocrylene (OC), 4-methylbenzylidene camphor (4-MBC), Ethylhexyl methoxycinnamate (EHMC), and Benzophenone 3 (BP3));
organophosphate flame retardants (OPERs) (tri-n-butyl phosphate (TnBP), tri-iso-butyl phosphate (TiBP), and tris-2-ethylhexyl phosphate (TEHP)); and nonylphenol isomers (NPs). (DW)
indicates dry weight and (lod) indicates levels below the detection limit. In case no SD value is indicated, mean values refer to a pooled sample. ANOVA results are indicated as statistical
significance (p-value) and Tukey HSD pos-hoc analysis for sites. (*) indicates non-parametric data.
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The table shows the F statistics and p-values for each predictor, and adjusted R-squared (R? adj.), deviance explained and sample size (n) for each model. Smoothed

variables are identified with s(). Statistical significance is identified with an asterisk (%).
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Sampling regions Seagrass replicates Unveg. replicates Seagrass depth Unveg. depth Temp. (°C) Salinity (mean)
Sites (n) (n) (m) (m)

Finland (Fin) 6
Faro 6 6 2 2 20

Hummelskar 6 6 2122 2324 20

Angs® 6 6 223 9.9 20

Denmark (Den) 20
Holckenhavn Fjord 6 6 2 2 21

Nyborg 5 5 25 2i5 235

Sweden (Swe) 26
Getevik 6 6 2.2 26 218

Kristineberg 6 4 3.1 3.5 21.6

Skallhavet 6 6 2.2 2 22.8

Gasd 6 6 25 2.7 23.5
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Pairwise Test statistic Std. error Std. test statistic Adj p
comparison

Region-seagrass (total N = 51, df = 2, model p = 0.005)

Fin vs Den 14.483 5.823 2.487 0.039
Fin vs Swe —14.479 4.798 -3.018 0.008
Den vs Swe 0.004 5.413 0.001 1.000
Region-unvegetated (total N = 47, df = 2, model p = 0.002)

Fin vs Den 7.321 5.443 1.345 1.000
Fin vs Swe —16.010 4.635 —3.454 0.003
Denvs Swe —8.688 5.103 —1.703 0.532

Habitat (total N = 98, df = 1, model p = 0.806)

Significant values (p < 0.05) are shown in bold. Countries with bolded text indicate
the higher values in the pairwise comparisons. Std. error, standard error, Adj p,
Adjusted p-value.
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Region Habitat type

Ranges (or
average*) of

emission rates,
(ng CHy m=2 h~ 1)

References

Seagrass meadows
worldwide

Global estimation ~ Seagrass in general

Portugal, Atlantic ~ Zostera noltii

coast

Florida bay Thalassia
testudinum

France, Atlantic Zostera spp

coast

Red Sea Halophila
stipulacea and
Halodule unervis
Thalassodendron
ciliatum
Thalassia
hemprichii
Halophila decipiens
Enhalus acoroides
Cymodocea
serrulata and
Halodule uniervis

Halodule unervis

Western Indian Thalassia
Ocean hemprichii
Florida Keys Syringodium sp.
Thalassia
testudinum
Nordic waters Zostera marina

Other shallow-water
habitats in Nordic

waters

North-Eastern Brackish fen,

Germany Phragmites
australis

Gulf of Bothnia Eustarine wetlands

54*
71(at night)
-111 (in day)
14-185
66 *

16-74

0.067-4.6

0.20-11

0.47-11
—8.0to 181
91-378

17-40
50 * (controls),
224-291
(disturbed)

2-5
29-30

0.3-3.0

538-15,200

8,683"

Rosentreter et al.,
2021

Bahlmann et al.,
2014

Barber and
Carlson, 1993

Deborde et al.,
2010

Garcias-Bonet and
Duarte, 2017

Lyimo et al., 2018

Oremland, 1975

Current study

Koch et al., 2014

Liikanen et al.,
2009
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Measurement

Population June December
Night Day Night Day
D Norway (Rovik) 15.1 16.0 -19 16
Temperature(0) France (Sete) 22.8 217 73 82
Norway (Rovik) 63 2356 0.0 00
Light (umolm* s~) France (Séte) 0.0 3272 02 585.4






OPS/images/fpls-12-745855/fpls-12-745855-t002.jpg
Term Formula Definition

Plies [rec'(1 = 7RO Xl Performance Index
(1= el % [ue/(1 = y)] reflecting the overall

photosynthetic

performance by

combining three

parameters: (1) the
density of reaction
centers, (2) the electron
transport at the onset of
illumination, and (3) the
maximum energy flux
reaching the reaction
centerin PS Il

ABS/CS i Absorbed energy flux
measured as the minimal
fluoresence intensity in a
dark adapted frond when
all reaction centers are
opened (all quinone
acceptors are oxidized
and can accept

electrons)

ET/CS 950 % o x (ABS/CS) Electron transport energy
flux

TR/CS 7 % (ABS/CS) Trapped energy flux

DI/CS. (ABS/CS)-(TR,/CS) Dissipated energy flux

Area Extracted from the recorded  Size of the oxidized

oJp quinone pool; total

complementary area
between the

fluorescence induction
curve and F=Fy,

RG/CS 9r0 X (VIMS) x ABSICS Densty of photosystem Il
oxidized reaction centers
per exdited cross-section

TR/Dly Contribution of the light
reactions for primary
photochemistry

¥o/l1- ¥0) Contribution of the dark
reactions for primary
photochemistry

5= Chilo/ Chles= RC/{ABS +RC), the probabilty that a PSIl Chi molecule functions as
reaction center (RC).

2 =TRY/ABS =[1 = (F/F)], the maximum quantum yield for primary photochemistry,
with F,,representing the maximum fluorescence intensity when all reaction centers are
closed (all quinone acceptors are reduced).

“yo=ET,/TRy=(1 -V, effciency/probabilty for electron transport (ET), or the probabilty
that an electron moves further than Qa (the primary quinone acceptor).

“F,, minimal fluorescence when al PSIl RCs are open.

V, (F~ F/(Fu~F), with F,representing the fluorescence intensity at the J-step (at
2ms).

M, Slope of the origin of the fluorescence rise. Maximal rate of accumulation of the
raction of closed reaction centers.

Based on Zhu et al. (2005) and Duarte et al., (2017).
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