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The first identified members of the septin family of cytoskeletal GTPases were originally discovered in the budding yeast Saccharomyces cerevisiae as crucial regulators of mother-bud separation. They form a unique heteropolymeric cytoskeletal network and participate in diverse physiological functions [reviewed in (Mostowy and Cossart, 2012)]. Septin genes are conserved across eukaryotic genomes except in higher plants. In the initial decades of septin biology, research was focussed on their functions in yeast, while major breakthroughs have been achieved in the mammalian septin biology over the past two decades. Much like the intermediate filaments, the presence of heteropolymeric networks consisting of multiple septin isoforms with potential redundancy and the absence of specific inhibitors have hindered progress of septin research. In the present century, the use of mouse genetics, RNA-interference, and the advent of CRISPR/Cas9 technologies have aided in functional characterisation of septins and have uncovered isoform-specific physiological functions of septins. Septins have gained prominence as the distinct fourth component of mammalian cytoskeleton. In the first volume of the Frontiers Research topic on septins, we successfully presented contributions from across the septin field ranging from yeast cell division to human cancer and infections (Menon and Gaestel). In this second volume of the Frontiers Research topic on the emerging functions of septins, we have once again compiled a diverse collection of six reviews and four original research articles ranging from the changing models of septin oligomerisation and analyses of canonical septin functions to the cell-type specific non-canonical roles of septins in immune cells, stem cells, neurons and cancer.
The thirteen mammalian septins are classified into four groups (Septin2, Septin3, Septin6, and Septin7), named after the prominent member of the respective group. The basic repeating unit of the septin cytoskeleton is a hexamer consisting of Septin2, 6, and 7 and/or an octamer consisting of Septin2, 6, 7, and 3 group members. Until recently, the most acceptable model of the repeating unit was that of a palindromic S7-S6-S2-S2-S6-S7 hexamer and an octamer formed by addition of Septin3 group members at the termini (Sirajuddin et al., 2007; Kim et al., 2011). However, recent studies have provided evidence for revision of this model wherein the subunit organisation is inverted to give a S2-S6-S7-S7-S6-S2 core-septin hexamer (McMurray and Thorner, 2019; Mendonca et al., 2019; Soroor et al., 2021). In a thought-provoking review article, Cavini et al. provides an update on structural biology of septins with a focus on the domains and interfaces which stabilizes hexamers, octamers and the higher order filaments. While the vast majority of in vitro-polymerisation and GTP hydrolysis studies on mammalian septins have focussed on single septin subunits and hexamers, the focus has recently been shifted to octameric complexes (Iv et al., 2021; Soroor et al., 2021). The research article by Fischer et al. reports the biochemical characterisation of the septin octamer (S2-S6-S7-S9-S9-S7-S6-S2) and presents kinetic data on the nucleotide hydrolysis properties of human septin oligomers. Interestingly, based on the in vitro- polymerisation assays they propose a role for the Septin9 C-terminal region in septin filament assembly. Taking a slight deviation from the world of septin structures, Shuman and Momany review septin classification, conservation of sequence motifs in septins across kingdoms, positional orthology within heteropolymers and their evolutionary relationships. While the canonical core heteropolymers of septins are formed by the major four phylogenetic groups of septins, they present an interesting discussion on the group 5 septins, which only transiently associate with the core heteromers and are absent in the animal kingdom. Structural and functional analyses of more group 5 septins will be necessary to understand the origin and evolution of the septin family.
Septins were originally identified as proteins with role in yeast budding and the name “septin” originates from “septa” forming protein. Septins undergo cell cycle specific transitions in the budding yeast and one of the most fascinating structures formed by the septin cytoskeleton across the species is the hourglass-shaped collar formed at the mother bud-neck. In their focussed mini-review article, Marquardt et al. provide one of the best available and up-to-date summary of the molecular mechanisms driving the transition of a nascent septin ring at the bud-site to a stable hour-glass, followed by resolution into a double-ring structure facilitating budding yeast cytokinesis. Complementing this mechanistic take on the budding yeast cytokinesis is the article by Russo and Krauss which discusses the role of septins and septin remodelling in mammalian cell cytokinesis. While the central theme of septin functions in cytokinesis is established across genera and kingdoms, there are many unanswered questions regarding regulators of localized filament assembly, potential GEFs (guanine-nucleotide exchange factors), association with other cytoskeletal elements and membrane components in this process.
Despite their discovery as proteins with central role in cell division, non-dividing neuronal cells show strong expression of septins and a role for septins in neuronal morphogenesis is well established (Tada et al., 2007; Ageta-Ishihara et al., 2013). Recent work using the Septin8 mutant mouse also indicates a role for septins in scaffolding the myelin sheath and accelerating nerve conduction (Patzig et al., 2016). One of the proposed mechanisms of septin-dependent regulation of neuronal morphogenesis is dependent on TAOK2-mediated phosphorylation of Septin7 at its C-terminal tail (Yadav et al., 2017). In their research article, Byeon et al. report the identification of phosphorylation-dependent interaction partners of Septin7 and propose a 14-3-3 dependent mechanism for septin-mediated dendritic spine maturation. This newly established link between septins and the 14-3-3 family of phosphorylation-dependent ubiquitous signalling adaptors is also expected to be relevant to other cell-types and models. Regulation of store-operated calcium signaling is another non-canonical function of the septin cytoskeleton discovered in the past decade (Sharma et al., 2013; Deb et al., 2016). In a contribution in this direction, Dhanya and Hasan investigates the role of septins in the neuronal pathogenesis associated with the deficiency of endoplasmic reticulum Ca2+ sensor STIM1 in mice. They report significant alleviation of the motor coordination defects in the Stim1 knockout mouse upon the co-deletion of Septin7 in purkinje neurons and propose septins as potential targets against neurodegenerative diseases caused by Ca2+ signaling defects.
Functions of septins in the cells of the hematopoietic lineages are also often linked to their membrane association and interplay with the cortical actin cytoskeleton (Gilden et al., 2012). Despite normal development of hematopoietic lineages upon pan-septin depletion in the Septin7 knockout mice (Menon et al., 2014), septins regulate lymphocyte migration (Tooley et al., 2009) and were shown to associate with macrophage phagosomes (Huang et al., 2008), indicating clear roles in the hematopoietic system. Septins are key mediators of platelet degranulation and septin gene mutations have been associated with bleeding disorders. In an interesting mini review, Neubauer and Zieger compare septin expression and functions in platelets and endothelial cells. The recent findings from the Septin8 knockout mice are being discussed in the context of platelet-endothelial cell interplay at the sites of vascular injury. The recent discovery from the Septin7 knockout mice indicate a role for the Cdc42-Borg4-Septin7 axis in maintaining hematopoietic stem cell polarity and function (Kandi et al., 2021). The review by Schuster and Geiger summarises our current understanding on septin functions in stem cells and ageing. The role of septins as central mediators of asymmetric cell division from yeast to mammals is underscored in this unique review. Menon et al. reports a myeloid-specific Septin7 conditional knockout mouse which displays the unique dichotomy of septin-dependence of cell division between monocytes and macrophages. While the development of monocytes is unaffected in the septin-deficient bone-marrow, the in-vitro cultivated bone-marrow derived macrophages display cytokinetic defects in the absence of Septin7. However, the multinucleated Septin7-deficient macrophages are functionally comparable to their wild-type counterparts.
Septins are crucial player in multiple stages of cell division and several studies have linked septins to cancer development (Cerveira et al., 2011; Pous et al.). However, a direct functional role for septins in tumorigenesis has not been established yet. Menon et al. describe the first in vivo-tumor model assessing the consequence of septin loss of function in lung cancer progression. The findings conclusively prove the role of septin-dependent proliferation in lung tumorigenesis and reconfirm the relevance of septins as targets against solid tumors.
Our understanding on the mechanisms of septin-dependent cytokinesis is constantly being revised based on findings from yeast to mammals, including the recent findings regarding the role of septins in asymmetric stem cell division. The revised order of septin subunits in the core hexamer and octamer units of mammalian septins have reignited research on redundancy and isoform-specificity of septin functions. In addition, the repertoire of cell-type specific functions of septins in neurons, hematopoietic lineages, and endothelial cells are also constantly growing. With the widespread use of CRISPR/Cas9 technology as well as septin-deficient mouse models, further physiologically relevant functions of the septin family proteins are rapidly emerging. Collectively, the articles in the second volume of this research topic, which include four original research publications from diverse aspects of mammalian septin biology, exemplarily and comprehensively summarise these advances in the field.
AUTHOR CONTRIBUTIONS
MM and MG wrote the editorial.
FUNDING
This work for MM lab is supported by the DST-SERB start-up research grant #SRG/2020/001396. MG lab is supported by the Deutsche Forschungsgemeinschaft (GA 453/16-1).
PUBLISHER’S NOTE
All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.
ACKNOWLEDGMENTS
We thank all contributing authors, editors and reviewers for their support to the Research Topic.
REFERENCES
 Ageta-Ishihara, N., Miyata, T., Ohshima, C., Watanabe, M., Sato, Y., Hamamura, Y., et al. (2013). Septins Promote Dendrite and Axon Development by Negatively Regulating Microtubule Stability via HDAC6-Mediated Deacetylation. Nat. Commun. 4, 2532. doi:10.1038/ncomms3532
 Cerveira, N., Bizarro, S., and Teixeira, M. R. (2011). MLL-SEPTIN Gene Fusions in Hematological Malignancies. Biol. Chem. 392, 713–724. doi:10.1515/bc.2011.072
 Deb, B. K., Pathak, T., and Hasan, G. (2016). Store-independent Modulation of Ca2+ Entry through Orai by Septin 7. Nat. Commun. 7, 11751. doi:10.1038/ncomms11751
 Gilden, J. K., Peck, S., Chen, Y. C. M, and Krummel, M. F. (2012). The Septin Cytoskeleton Facilitates Membrane Retraction during Motility and Blebbing. J. Cell Biol. 196, 103–114. doi:10.1083/jcb.201105127
 Huang, Y.-W., Yan, M., Collins, R. F., Diciccio, J. E., Grinstein, S., and Trimble, W. S. (2008). Mammalian Septins Are Required for Phagosome Formation. MBoC 19, 1717–1726. doi:10.1091/mbc.e07-07-0641
 Iv, F., Martins, C. S., Castro-Linares, G., Taveneau, C., Barbier, P., Verdier-Pinard, P., et al. (2021). Insights into Animal Septins Using Recombinant Human Septin Octamers with Distinct SEPT9 Isoforms. J. Cell Sci. 134. doi:10.1242/jcs.258484
 Kandi, R., Senger, K., Grigoryan, A., Soller, K., Sakk, V., Schuster, T., et al. (2021). Cdc42-Borg4-Septin7 axis Regulates HSC Polarity and Function. EMBO Rep. 22, e52931. doi:10.15252/embr.202152931
 Kim, M. S., Froese, C. D., Estey, M. P., and Trimble, W. S. (2011). SEPT9 Occupies the Terminal Positions in Septin Octamers and Mediates Polymerization-dependent Functions in Abscission. J. Cell Biol. 195, 815–826. doi:10.1083/jcb.201106131
 McMurray, M. A., and Thorner, J. (2019). Turning it inside Out: The Organization of Human Septin Heterooligomers. Cytoskeleton 76, 449–456. doi:10.1002/cm.21571
 Mendonça, D. C., Macedo, J. N., Guimarães, S. L., Barroso Da Silva, F. L., Cassago, A., Garratt, R. C., et al. (2019). A Revised Order of Subunits in Mammalian Septin Complexes. Cytoskeleton 76, 457–466. doi:10.1002/cm.21569
 Menon, M. B., Sawada, A., Chaturvedi, A., Mishra, P., Schuster-Gossler, K., Galla, M., et al. (2014). Genetic Deletion of SEPT7 Reveals a Cell Type-specific Role of Septins in Microtubule Destabilization for the Completion of Cytokinesis. PLoS Genet. 10, e1004558. doi:10.1371/journal.pgen.1004558
 Mostowy, S., and Cossart, P. (2012). Septins: the Fourth Component of the Cytoskeleton. Nat. Rev. Mol. Cell Biol. 13, 183–194. doi:10.1038/nrm3284
 Patzig, J., Erwig, M. S., Tenzer, S., Kusch, K., Dibaj, P., Möbius, W., et al. (2016). Septin/anillin Filaments Scaffold Central Nervous System Myelin to Accelerate Nerve Conduction. Elife 5. doi:10.7554/eLife.17119
 Sharma, S., Quintana, A., Findlay, G. M., Mettlen, M., Baust, B., Jain, M., et al. (2013). An siRNA Screen for NFAT Activation Identifies Septins as Coordinators of Store-Operated Ca2+ Entry. Nature 499, 238–242. doi:10.1038/nature12229
 Sirajuddin, M., Farkasovsky, M., Hauer, F., Kühlmann, D., Macara, I. G., Weyand, M., et al. (2007). Structural Insight into Filament Formation by Mammalian Septins. Nature 449, 311–315. doi:10.1038/nature06052
 Soroor, F., Kim, M. S., Palander, O., Balachandran, Y., Collins, R. F., Benlekbir, S., et al. (2021). Revised Subunit Order of Mammalian Septin Complexes Explains Their In Vitro Polymerization Properties. MBoC 32, 289–300. doi:10.1091/mbc.e20-06-0398
 Tada, T., Simonetta, A., Batterton, M., Kinoshita, M., Edbauer, D., and Sheng, M. (2007). Role of Septin Cytoskeleton in Spine Morphogenesis and Dendrite Development in Neurons. Curr. Biol. 17, 1752–1758. doi:10.1016/j.cub.2007.09.039
 Tooley, A. J., Gilden, J., Jacobelli, J., Beemiller, P., Trimble, W. S., Kinoshita, M., et al. (2009). Amoeboid T Lymphocytes Require the Septin Cytoskeleton for Cortical Integrity and Persistent Motility. Nat. Cell Biol. 11, 17–26. doi:10.1038/ncb1808
 Yadav, S., Oses-Prieto, J. A., Peters, C. J., Zhou, J., Pleasure, S. J., Burlingame, A. L., et al. (2017). TAOK2 Kinase Mediates PSD95 Stability and Dendritic Spine Maturation through Septin7 Phosphorylation. Neuron 93, 379–393. doi:10.1016/j.neuron.2016.12.006
Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2022 Menon and Gaestel. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
		MINI REVIEW
published: 04 November 2021
doi: 10.3389/fcell.2021.768309


[image: image2]
Septin Remodeling During Mammalian Cytokinesis
Giulia Russo and Michael Krauss*
Leibniz-Forschungsinstitut für Molekulare Pharmakologie (FMP), Berlin, Germany
Edited by:
Matthias Gaestel, Hannover Medical School, Germany
Reviewed by:
Elias T. Spiliotis, Drexel University, United States
Aurélie Bertin, UMR168 Unite physico-chimie Curie (PCC), France
* Correspondence: Michael Krauss, krauss@fmp-berlin.de
Specialty section: This article was submitted to Signaling, a section of the journal Frontiers in Cell and Developmental Biology
Received: 31 August 2021
Accepted: 18 October 2021
Published: 04 November 2021
Citation: Russo G and Krauss M (2021) Septin Remodeling During Mammalian Cytokinesis. Front. Cell Dev. Biol. 9:768309. doi: 10.3389/fcell.2021.768309

Cytokinesis mediates the final separation of a mother cell into two daughter cells. Septins are recruited to the cleavage furrow at an early stage. During cytokinetic progression the septin cytoskeleton is constantly rearranged, ultimately leading to a concentration of septins within the intercellular bridge (ICB), and to the formation of two rings adjacent to the midbody that aid ESCRT-dependent abscission. The molecular mechanisms underlying this behavior are poorly understood. Based on observations that septins can associate with actin, microtubules and associated motors, we review here established roles of septins in mammalian cytokinesis, and discuss, how septins may support cytokinetic progression by exerting their functions at particular sites. Finally, we discuss how this might be assisted by phosphoinositide-metabolizing enzymes.
Keywords: septins, cytokinesis, actomyosin, microtubules, phosphoinositides
INTRODUCTION
Cytokinesis starts when the centralspindlin complex activates Rho A at the equatorial plane of the cell cortex to initiate the formation of the contractile machinery (Glotzer, 2009; Zhang and Glotzer, 2015) (Figure 1A). GTP-loaded Rho A associates with anillin, a scaffolding protein that can roughly be divided into two functional halves (Carim et al., 2020): The N-terminus coordinates the recruitment of formins, actin, myosin II and Rho-dependent kinase to trigger actin polymerization and myosin II activation. Anillin thereby orchestrates the assembly of a stable contractile ring (Piekny and Maddox, 2010). Through its C-terminal domain anillin associates with Rho A, PI(4,5)P2 and septins and drives the translocation of septins to the newly forming cleavage furrow (Oegema et al., 2000; Field C. M. et al., 2005; Liu et al., 2012; Sun et al., 2015).
[image: Figure 1]FIGURE 1 | Septins during cytokinesis. (A) At anaphase RhoA is activated at the midzone (red shadow). (B) At early telophase septins (green) are recruited to furrow by anillin (pink), and during furrow constriction promote extrusion of plasma membrane tubules. (C) After ingression septins reorganize into a double ring and support the formation of secondary ingression sites by dictating the relocalization of anillin and actomyosin (purple). At the same time SEPT9 locally activates Tsg101 (light blue). Initial recruitment of ESCRTI to the midbody is not depicted for clarity reasons. (D) Recruitment of ESCRTIII (red) occurs concomitantly with the disappearance of septin double rings. PI(4,5)P2 (dark grey) builds up early at the cleavage furrow, and might also become concentrated at the midbody ring. PI(4,5)P2 is hydrolyzed upon arrival of OCRL (blue) at the ICB. Prior to abscission a pool of PI(3)P (yellow) is generated at the midbody that likely supports ESCRT assembly.
Surprisingly, though present already at early stages of cytokinesis septins are dispensable for initial furrow ingression. Recent studies instead demonstrate key roles during the maturation of the cytokinetic bridge, and in the final step of abscission (see below). Here, we summarize our current knowledge of septin behavior and functions at different stages of cytokinesis, and discuss mechanisms underlying their redistribution during cytokinetic progression.
Septin Functions During Cleavage Furrow Initiation and Ingression
Several lines of evidence indicated that septins function already at early stages of cytokinesis. Septins associate with anillin, a master regulator of actomyosin ring assembly (Carim et al., 2020), through its C-terminal pleckstrin homology (PH) domain (Field C. M. et al., 2005; Liu et al., 2012). Septin recruitment to the forming cleavage furrow requires anillin, and might be reinforced by anillin-dependent F-actin crosslinking (Kinoshita et al., 1997; Kinoshita et al., 2002; Matsuda et al., 2020) (Figure 1B). Consistent with a role at the actomyosin ring Joo et al. demonstrated that SEPT2 directly interacts with myosin II, and scaffolds myosin II association with Citron kinase and Rock to support activation of this motor (Joo et al., 2007). Surprisingly, however, even when complex formation of septins with myosin II is inhibited, cells manage to assemble a contractile ring, and the cleavage furrow ingresses. Only as soon as the ICB is formed, the furrow becomes destabilized and retracts (Joo et al., 2007). Similar observations were made in HeLa cells expressing an anillin chimera, in which the C-terminal PI(4,5)P2- and septin-binding PH domain is replaced by a PH domain that retains affinity for (PI4,5)P2, but cannot associate with septins (Renshaw et al., 2014). Together, these studies indicate that septins are not required for the assembly of the contractile ring itself, but rather contribute to its shrinkage, or promote its tethering to the midzone.
In line with this interpretation live cell imaging in HeLa cells, as well as in Drosophila S2 cells revealed internalization of packages of anillin and a subset of associated cytokinetic proteins, including septins, during maturation of the midbody ring (El Amine et al., 2013; Renshaw et al., 2014) (Figure 1B). In both systems this phenomenon depends on anillin’s capability to associate with septins. Based on their findings in Drosophila Carim et al. suggested that an anilloseptin subnetwork supports the reduction of circumference of the contractile ring (Carim et al., 2020). According to their model closure of the contractile ring builds tension that disengages anillin from the actomyosin network to induce extrusion of anilloseptin-containing plasma membrane tubules.
Septins Prime the Abscission Machinery at Late Stages of Cytokinesis
Superresolution imaging revealed that during elongation of the ICB anillin and septins form a collar-like structure, that gradually elongates through the assembly of an array of circular (or helical) filaments oriented parallel to the plane of cell division (Renshaw et al., 2014). Subsequently, anillin translocates to the midbody, and – dependent on its interaction with septins – to two flanking rings (Figure 1C). Septins, on the other hand, are excluded from the midbody, but colocalize with anillin at the flanking rings (Karasmanis et al., 2019). Thus, septins and anillin appear to switch roles at this stage, with septins dictating the localization of anillin. At the double ring two secondary actomyosin rings are formed, which serve to further constrict the bridge to a diameter of 100–300 nm (Wang et al., 2019). These constriction sites might explain why septins serve a barrier function to prevent premature loss of cytokinetic proteins from the ICB by diffusional spread (Estey et al., 2010).
One of the secondary ingression sites will eventually evolve into the site of abscission. Abscission relys on the ESCRT machinery (Mierzwa and Gerlich, 2014; Addi et al., 2018), the recruitment of which occurs sequentially. First, ALIX and TSG101 associate with the midbody through their association with CEP55 (Lee et al., 2008). Both proteins subsequently support the recruitment of the ESCRTIII component CHMP4B in two parallel acting pathways (Christ et al., 2016). CHMP4B then translocates to the secondary ingression sites, in a step that depends on anillin, anillin’s interaction with septins, and, consequently, also septins themselves (Renshaw et al., 2014) (Figures 1C,D).
A recent study by Karasmanis et al. (2019) provided more detailed mechanistic insight into the impact of SEPT9 on ESCRT rearrangements within the ICB. As expected, loss of SEPT9 does not affect the enrichment of ALIX and TSG101 at the midbody, but severely impairs the assembly of ESCRTIII into symmetric rings flanking the midbody. As the authors found SEPT9 to associate directly with Tsg101, they hypothesized that SEPT9 locally activates Tsg101 to facilitate complex formation with downstream ESCRTs and to coordinate their stepwise assembly. Indeed, in absence of SEPT9 ESCRTIII fails to reassemble into the characteristic cone-shaped structures that promote abscission. Intriguingly, both septins organized in rings, and ESCRT-III are comprised of arrays of regularly spaced, 10–20 nm wide filaments (Guizetti et al., 2011; Ong et al., 2014). These similarities in dimension and arrangement raise the possibility that septin rings act as a template for the formation of higher-order assemblies of ESCRT-III.
Roles of Septin Association With Microtubules During Cytokinesis
Septins are found associated with microtubules in several cell types, to regulate their nucleation, organization, dynamics, posttranslational modification, the capture of their plus-ends at the cell cortex, and microtubule-dependent transport events (Spiliotis and Nakos, 2021). Here, we will summarize roles of microtubule-associated septins during chromosome alignment and segregation, and discuss how they may assist abscission at late stages of cytokinesis.
Chromosomes that fail to align at metaphase are captured by centromere-associated protein E (CENP-E), which has been shown to be a binding partner of SEPT7 (Zhu et al., 2008). The maintenance of CENP-E at kinetochore microtubules also requires the presence of SEPT2 that partially colocalizes with those microtubules in a network of short SEPT2-containing filaments found juxtaposed with kinetochores (Spiliotis et al., 2005). In line with a function of septins in chromosome segregation, loss of SEPT7, as of SEPT2, causes the mis-localization of CENP-E to the spindle poles, and results in defects in chromosome alignment at the metaphase plate (Spiliotis et al., 2005; Zhu et al., 2008).
Super-resolution imaging of MDCK cells, for instance, revealed that septins localize on microtubule portions distal to the midbody, but are excluded from the midbody itself (Karasmanis et al., 2019). The latter finding could reflect a competition by microtubule-associated proteins enriched at the midbody, including PRC1 and centralspindlin (Glotzer, 2009).
The molecular mechanisms underlying the redistribution of septins from the cortex to microtubules remain largely elusive, but some evidence suggests a regulatory role of Cdc42, and a modulatory function of posttranslational modifications. In interphase the maintenance of septins on actin stress fibers relies on active Cdc42 and Cdc42 effector proteins (Borgs). Cdc42 inactivation, or depletion of Borgs triggers septin redistribution onto microtubules (Salameh et al., 2021). During mitosis Cdc42 localizes to the central spindle at metaphase, to concentrate at the ICB at telophase (Oceguera-Yanez et al., 2005). Moreover, Cdc42 activity peaks at metaphase, and drops during telophase (Oceguera-Yanez et al., 2005). This suggests that local inactivation of Cdc42 at the ICB might release septins from cortical actin at late stages of cytokinesis. The subsequent translocation to microtubules might by driven by their preference for arrays of parallel, or stabilized microtubules (Spiliotis and Nakos, 2021). Further, the association of septins with microtubules appears to be modulated by posttranslational modifications, such as sumoylation (Ribet et al., 2017). Ribet et al. identified sumoylation sites in several human septins, and demonstrated that non-sumoylatable septin variants form aberrant bundles in interphase. During cytokinesis such bundles accumulate along the ICB during cytokinesis, where they probably align with microtubules, and cause late cytokinetic defects (Ribet et al., 2017).
The roles that septins play on bridging microtubules are gradually emerging. Given that SEPT9 promotes microtubule bundling in vitro (Bai et al., 2013), septins might facilitate bundling of microtubules at constriction sites, and – due to their interaction with PI(4,5)P22 (see below) – aid microtubule attachment to the plasma membrane. Further, septins support microtubule severing that precedes abscission, as indicated by findings in fibroblasts derived from SEPT7 knockout mice (Menon et al., 2014). These fibroblasts display hyperacetylated microtubules, and show abscission defects. Importantly, the cytokinesis block can be bypassed by expression of stathmin, suggesting that SEPT7 facilitates the destabilization of microtubules within the ICB to prime them for severing.
Another level of regulation is suggested by the interplay between septins and kinesins (Spiliotis and Nakos, 2021). A recent study demonstrates that SEPT7 colocalizes and interacts with MKLP2/KIF20A (Qiu et al., 2020), a kinesin required for cleavage furrow stability at late stages of cytokinesis (Wu et al., 2019). Loss of SEPT7 depletes MKLP2 from the ICB in neural progenitor cells and leads to cell division defects (Qiu et al., 2020). It is, thus, not unlikely that septins similarly affect the localization and/or activity of other kinesin motors functioning at other stages of cytokinesis. For instance, septins could serve to locally concentrate the centralspindlin complex through associating with its motor component MKLP1/KIF23 (Mishima, 2016).
Phosphoinositides Guide Cytokinetic Factors to the Plasma Membrane
Phosphoinositides (PIs) are differentially phosphorylated derivatives of the membrane phospholipid phosphatidylinositol (Krauss and Haucke, 2007). PI(4,5)P2 is prevalently present at the plasma membrane and builds up early at the newly forming cleavage furrow, leading to an about 4,5 fold increase in concentration at the ingressed cleavage furrow (Field S. J. et al., 2005) (Figure 1B). Conclusively, PI(4,5)P2 has been implicated in the recruitment of numerous cytokinetic factors, including centralspindlin (Lekomtsev et al., 2012), anillin (Liu et al., 2012; Sun et al., 2015) and septins (Zhang et al., 1999; Tanaka-Takiguchi et al., 2009).
To date, surprisingly little is known about the PI-kinases that generate pools of PI(4,5)P2 during cytokinesis, in particular of the ones that underlie the de novo formation of higher-ordered septin structures, or that promote their attachment at the cell cortex. In mammalian cells overexpressed PIPKIβ, a PI(4,5)P2-synthesizing enzyme, is found enriched at the cleavage furrow (Emoto et al., 2005), but it remains unclear, whether PIPK1β affects the distribution of cytokinetic factors.
At late stages of cytokinesis centralspindlin accumulates at the midbody (Hutterer et al., 2009). Its motor subunit MKLP1 forms complex with Arf6, and promotes its recruitment of this small GTPase to the midbody (Boman et al., 1999; Makyio et al., 2012). Of note, Arf6 associates with, and activates PIPKI enzymes (Honda et al., 1999; Krauss et al., 2003). This suggests that the MKLP1-Arf6 complex initiates the generation of a PI(4,5)P2 pool at the midbody to assist the concentration of PI(4,5)P2-binding, cytokinetic proteins at this locale.
Prior to abscission, PI(4,5)P2 at the ICB is hydrolyzed by Oculo-cerebro-renal syndrome of Lowe (OCRL) (Dambournet et al., 2011), a 5-phosphatase, that is recruited by endosomal Rab35, and delivered to the ICB to dephosphorylate PI(4,5)P2. Cells lacking expression of Rab35, or of OCRL, display defects in abscission, exhibit increased local levels of PI(4,5)P2 and accumulate F-actin at the ICB. By contrast, overexpression of dominant-negative Rab35 triggers accumulation of PI(4,5)P2, but also of septins on abnormal intracellular vacuoles formed before entry into mitosis (Kouranti et al., 2006). Taken together, these observations emphasize the key role of PI(4,5)P2 in guiding the subcellular distribution of septins, and suggest that the delivery of OCRL promotes the release of septins (and probably of anillin) from the cell cortex within the ICB. Likely, this also facilitates their association with microtubules (see above).
The final abscission reaction requires the stepwise assembly of the ESCRT machinery, some components of which depend on PI(3) for their association with at endosomal membranes (Yorikawa et al., 2005; Teo et al., 2006). PI(3)P also accumulates at the midbody during cytokinesis, where it recruits the centrosomal protein and PI(3)P-binding protein FYVE-CENT and its binding partner TTC19 (Sagona et al., 2010). TTC19 in turn interacts with CHMP4B, and accordingly, loss of TTC19 or of FYVE-CENT triggers late cytokinetic defects (Sagona et al., 2010). Based on their observations the authors of this study hypothesized that midbody-associated PI(3)P is delivered by fusion of endosomes with the plasma membrane at the ICB. Alternatively, and based on analogy (Posor et al., 2013), one might speculate that a plasma membrane-based PI conversion mechanism could involve the stepwise hydrolysis of PI(4,5)P2 into PI(4)P (through OCRL), towards the generation of PI(3)P, for instance through the synthesis of a PI(3,4)P2 intermediate.
Future Directions
Although roles of septins during cytokinesis are firmly established, several aspects remain unclear. What are the molecular mechanisms underlying extrusion of anillin, septin and select cytokinetic proteins in tubules? Why do septins translocate to ICB microtubules, what is the functional relevance of this “hopping” behaviour, and why is it not observed in all cell types? How exactly is the translocation to microtubules modulated by posttranslational modifications, in particular by phosphorylation through mitotic kinases? Which motors, other than MKLP2/KIF20A, are retained at the ICB by septins? Which enzymes promote changes in phosphoinositide identity at the ICB? In particular, how are pools of PI(3)P and its derivatives generated, that appear at the ICB and support ESCRT-dependent abscission, and where exactly are these pools localized (Gulluni et al., 2017) (Figure 1D)? Given the dimensions of the ICB, answers to these questions will clearly rely on the application of super-resolution microscopy techniques.
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Septins are conserved cytoskeletal GTP-binding proteins identified in almost all eukaryotes except higher plants. Mammalian septins comprise 13 family members with either ubiquitous or organ- and tissue-specific expression patterns. They form filamentous oligomers and complexes with other proteins to serve as diffusions barrier and/or multi-molecular scaffolds to function in a physiologically regulated manner. Diverse septins are highly expressed in endothelial cells and platelets, which play an important role in hemostasis, a process to prevent blood loss after vascular injury. Endothelial septins are involved in cellular processes such as exocytosis and in processes concerning organismal level, like angiogenesis. Septins are additionally found in endothelial cell-cell junctions where their presence is required to maintain the integrity of the barrier function of vascular endothelial monolayers. In platelets, septins are important for activation, degranulation, adhesion, and aggregation. They have been identified as mediators of distinct platelet functions and being essential in primary and secondary hemostatic processes. Septin-knockout mouse studies show the relevance of septins in several aspects of hemostasis. This is in line with reports that dysregulation of septins is clinically relevant in human bleeding disorders. The precise function of septins in the biology of endothelial cells and platelets remains poorly understood. The following mini-review highlights the current knowledge about the role of septin cytoskeleton in regulating critical functions in these two cell types.
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INTRODUCTION
Endothelial cells (ECs) form a continuous thin layer (endothelium), which lines the interior surface of blood and lymphatic vessels separating the lumen from the surrounding tissue (Baldwin and Thurston 2001). The structure of ECs varies depending on the tissue (Gomez-Salinero and Rafii 2018). Vascular endothelium was originally considered a simple passive barrier and is meanwhile known to be crucial to maintain vessel integrity. Thereby, endothelial cell functions are versatile and comprise mediating vascular tone, hemostasis, regulating transport from the blood to underlying cells and tissues, permeability, cellular adhesion, smooth muscle cell proliferation, angiogenesis, and vessel wall inflammation (Kruger-Genge et al., 2019). Crucial communication partners of the ECs are platelets, small anuclear cells. ECs and platelets interact and regulate their activities mutually via direct and indirect signaling (Ruggeri 2003). One of the platelet’s key functions is to support hemostasis, a process of plug formation at the site of vascular injury to stop excessive bleeding. As a result of exposure to physical or biochemical stimuli, the initial activation step is the adhesion of platelets to the subendothelial matrix via collagen-bound von Willebrand Factor (vWF) and platelet glycoprotein (GP)Ib-V-IX complex. The vWF in plasma is released from ECs and platelets. Consequently, platelets come into close proximity of the injured vessel allowing the interaction of glycoprotein (GP)VI, the major collagen receptor on platelet membranes, with collagen. GPVI binding to collagen leads to platelet activation including the secretion of their intracellular granules and activation of the fibrinogen receptor integrin αIIbβ3. Fibrinogen binding to integrin αIIbβ3 in turn induces platelet aggregation with each other to form a hemostatic plug resulting in vascular occlusion. In this process, the platelet cytoskeleton reorganizes to undergo a change in shape from disc-shaped into spheres with protruding filopodia and lamellipodia (Jurk and Kehrel 2005). Although endothelial cells and platelets are different cell types, they share several properties. Both cell types derive from a common bone marrow-derived progenitor cell (Choi 2002). Not only platelets but also ECs circulate to a small amount in peripheral blood (Lin et al., 2000). ECs and platelets rearrange their cytoskeleton to promote changes in cell shape. They have the ability to store bioactive substances in cytoplasmic granules and release their cargo by exocytosis. Some endothelial and platelet proteins are identical, such as vWF or the cell adhesion molecule P-selectin (Denis 2002) Septins are also highly expressed in both ECs and platelets.
Mammalian septins comprise 13 family members which are either ubiquitously expressed or restricted to specific tissues or cell types (Dolat et al., 2014). All known septins are composed of a highly conserved central GTP-binding region flanked by N- and C-terminal with variable length. Most septins exhibit a C-terminal coiled-coil region, which may be necessary for interactions with other septins or proteins (Fung et al., 2014). Septins display the capability to form heterocomplexes in vivo and in vitro. The first characterized complex was the hexamer SEPT7-6-2-2-6-7 (Sirajuddin et al., 2007), which can become an octamer by the inclusion of two Septin 9 molecules (Sandrock et al., 2011). These polymers form further nonpolar filaments (Bridges and Gladfelter 2015) that can assemble in various higher-order structures, such as rings and gauzes by lateral stacking and tandem annealing (Kinoshita 2003; Valadares et al., 2017). Moreover, they can bind to phosphoinositides of cell membranes via a N-terminal polybasic domain (Zhang et al., 1999). Septin filaments thus represent an important component of the cytoskeleton, among actin, microtubules, and intermediate filaments (Mostowy and Cossart 2012). Septin-based structures may rearrange and disassemble in cells under the control of diverse factors and covalent modifications; however, the exact mechanisms of assembly and disassembly remain elusive (Kinoshita 2003). Septins participate in a spectrum of cellular processes involving the rearrangement of cytoskeletal elements or the motility of cellular membranes, for instance cytokinesis, cell polarity, endo- and exocytosis, or apoptosis (Hall and Russell 2004). Septin cytoskeleton is known to interact with actin filaments and microtubules in different contexts (Mostowy and Cossart 2012; Mavrakis et al., 2014; Bezanilla et al., 2015) and to contribute to intracellular membrane-associated processes, such as endomembrane fusion or mitochondrial fission (Mostowy and Cossart 2012; Dolat and Spiliotis 2016; Pagliuso et al., 2016). The cytoskeleton is a dynamic network and maintains cell morphology and movement, but it also enables rapid signaling events (Janmey 1998). Cytoskeletal remodeling is an important event in both ECs and platelets. The role of actin and microtubules in this process is well-established, whereas the septin network’s involvement is less clear. This mini-review focuses on the impact of septins in ECs and platelets summarizing the current knowledge in this field.
SEPTINS IN ENDOTHELIAL CELLS
Endothelial Septin Expression
Diverse reports show that septins are expressed in ECs in a distinct tissue-dependent expression pattern. In the human eye, SEPT4, SEPT5, and SEPT8 have been detected in corneal ECs (Pache et al., 2005). In human umbical vein ECs (HUVECs), SEPT2, SEPT4, SEPT5, SEPT7, and SEPT11 have been shown to be expressed (Blaser et al., 2006; Bartsch et al., 2010). Colocalization with the cytoskeletal protein α-tubulin was detected for SEPT2, SEPT4, SEPT7, and SEPT11 in vitro but only SEPT2 and SEPT7 colocalize with actin filaments (Bartsch et al., 2010).
Septins Involved in Endothelial Endo- and Exocytosis
In HUVECs, SEPT4 and SEPT11 have been shown to be colocalized with the vesicle-associated protein synaptobrevin 1 (VAMP1), which belongs to the SNARE (soluble N-ethylmaleimide-sensitive factor attachment protein receptor) protein family (Bartsch et al., 2010). Since exocytosis is mediated by SNAREs (Chen and Scheller 2001) some researchers hypothesize that septins may be involved in exocytotic processes. Furthermore, SEPT2, SEPT4, SEPT7, and SEPT11 colocalize with the endocytosis marker transferrin receptor seemingly in the plasma membrane and in endosomes suggesting that these septins play a role in endocytotic processes. However, the impact of septins in these mechanisms in ECs remains unexplored (Bartsch et al., 2010).
SEPT7 is known to be involved in the endocytosis of microbial pathogens. Infection with Candida albicans leads to rearranged endothelial actin filaments forming pseudopods to pull the organism into the EC. In response to the infection, SEPT7 interacts with the endothelial adhesion protein N-cadherin. This SEPT7/N-cadherin complex accumulates around C. albicans hyphae and is necessary for the maximum endocytosis of C. albicans (Phan et al., 2013).
Role of Septins in Angiogenesis
SEPT7 is reportedly involved in angiogenesis in microvascular cardiac ECs (Liu et al., 2014). ECs are the main players in angiogenesis, forming new blood vessels from preexisting ones. The major driver of this process is the arrangement of ECs in tip and stalk cells. Tip cells form filopodia that invade the surrounding tissue, leading the path toward neo-vessel formation (Eilken and Adams 2010). Angiogenesis requires cell polarity and the highly coordinated morphogenesis of ECs, which involves the accurate coupling of different cytoskeletal networks within the EC. In this process, SEPT7 has been shown to form a complex with Borg5 (Binder of the Rho GTPase 5) and to colocalize with actomyosin fibers (Liu et al., 2014). In general, Borg proteins have been shown to interact directly with septins and thereby influence actin and septin cytoskeleton (Sheffield et al., 2003). Liu et al. discovered that SEPT7/Borg5 facilitate the positioning and organization of contractile actomyosin fibers above the nucleus of primary mouse cardiac ECs. Genetic deletion of Borg5 as well as SEPT7 knockdown resulted in the disruption of perinuclear actomyosin and diminished persistent directional migration. The authors suggest that the SEPT7/Borg5 complex controls actomyosin activity to ensure persistent directional migration and efficient microvascular angiogenesis. Borgs are effectors of the Rho family GTPase Cdc42. Septin/Borg interactions have been found to be inhibited by constitutively active Cdc42. Overexpression of Cdc42 cause a loss of septin filaments (Joberty et al., 2001). A recent study shows that Cdc42 controls the subcellular localization of septins between actin stress fibers and microtubules (Salameh et al., 2021).
Vessel branching and angiogenesis is facilitated by the presence of podosomes. These are specialized compartmentalized actin-rich cell-matrix contacts able to locally secrete proteases and remodel the extracellular matrix (Gimona et al., 2008). A recent study showed that some septins (SEPT2, SEPT6, SEPT7, and SEPT9) are expressed in podosomes and identified the septin cytoskeleton as a novel component of endothelial podosomes (Collins et al., 2020). Collins et al. reported that SEPT2 in ECs is required for podosomal matrix remodeling and EC invasion, suggesting SEPT2 mediates the formation of functional podosomes, thereby facilitating the initial step of angiogenic invasion. The authors demonstrated that also SEPT6 and SEPT7 are necessary for regulation of matrix degeneration by ECs, but not SEPT9 despite all these septins were found in endothelial podosomes. This highlights the different roles for individual septins in this process.
There is also evidence that septins play a role in oxidative stress, a process caused by an imbalance of nitric oxide (NO) and reactive oxygen species (ROS). Oxidative stress induces vascular endothelial injury and is a mediator and modulator of angiogenesis (Kim and Byzova 2014). SEPT4 has been identified as an oxidative stress factor, which can promote oxidative vascular endothelial damage by interacting with apoptosis-related protein PARP1. This has been shown by knock-down and over-expression of SEPT4 (Zhang et al., 2018). Furthermore, SEPT4 is a physiological substrate of the ubiquitin ligase WWP2 involved in oxidative stress vascular endothelial injury. WWP2 mediates the degeneration of SEPT4, which inhibits formation of the SEPT4/PARP1 complex to suppress endothelial damage and vascular remodeling (Zhang et al., 2020).
Septins Required for Cell-Cell Junction Integrity
The endothelial barrier function relies on cell-cell junctions that comprise tight junctions, adherens junctions, desmosomes, and gap junctions. Kim and Cooper characterized septin filaments in ECs using a monolayer system of primary human dermal microvascular ECs (Kim and Cooper 2018). They found SEPT2 located at cell-junction membranes and forming curved structures. SEPT2 was enriched especially in regions of positive membrane curvature associated with actin-rich membrane protrusions. Loss of SEPT2 led to a disrupted VE-cadherin structure and membrane dynamics, assuming that septins promote cadherin-based cell junctions and regulate the integrity of the barrier function formed by endothelial monolayers. SEPT2 may function as mechanical support for the actin-rich protrusions known to be essential for the assembly and stability of cadherin-based cell junctions.
In another study, Kim and Cooper extended their analysis by questioning whether SEPT2 is required to regulate the organization of other cell-adhesion proteins, focusing on PECAM-1 (platelet endothelial cell adhesion molecule-1), nectin-2, afadin, TJP (the tight junction protein), and ZO-1 (zonula occludens-1) (Kim and Cooper 2021). SEPT2 filaments are normally localized at junctions and are linked to the membrane by direct interaction with PIP2 (phosphatidylinositol 4,5-bisphosphate). Indeed, the loss of SEPT2 at cell junctions leads to striking spatial disorganization of all these junctional proteins: thereby, the expression levels of these proteins were unaffected by the loss of SEPT2 except for nectin-2, whose expression was greatly increased. These results suggest that the junctional location of SEPT2 is required for the sound organization of junctional proteins (Kim and Cooper 2021).
SEPTINS IN PLATELETS
Septin Expression in Platelets
In platelets, SEPT2, SEPT4, SEPT5, SEPT6, SEPT7, SEPT8, SEPT9, and SEPT11 are expressed as indicated via immunofluorescent staining, Western Blot analysis, or immunogold staining (Yagi et al., 1998; Zieger et al., 2000; Blaser et al., 2003; Blaser et al., 2004; Bartsch et al., 2010; Sandrock et al., 2011). There is no evidence to date for the expression of other septins. Platelet septins tend to form ring-shaped filaments (Martinez et al., 2006), which have been observed for SEPT5 and SEPT6 in suspensions of fixed human platelets. SEPT5 rings have also been detected in human fibrinogen-adhered platelets (Martinez et al., 2006). Sept8 displays rings in fibrinogen- and in collagen-adhered mouse platelets (Neubauer et al., 2021). Rings are the most often observed higher-order structure of septins in various organisms and cell-types. Such ring-shaped structures are often associated with other cytoskeletal networks, like actin and tubulin, or are located in discrete regions in the plasma membrane acting as diffusion barrier (Ewers et al., 2014) and/or cellular scaffold affecting various cellular functions, including cytokinesis (Gupta et al., 2018). In human platelets, SEPT5 and SEPT6 are located near the α-tubulin-rich platelet microtubule ring (Martinez et al., 2006). There is ample evidence that microtubules form a closed circular bundle running near the cell periphery, known as marginal band, which maintains the characteristic discoid shape of resting platelets (Kowit et al., 1988) suggesting that septin-rings may play a role in ensuring shape stability of resting platelets. Furthermore, SEPT5, SEPT6, and Sept8 display a punctate localization in the cytoplasm (Martinez et al., 2006; Neubauer et al., 2021). In platelets, septins demonstrate strong affinity to each other in forming complexes composed of multiple septin proteins (Sandrock et al., 2011).
Platelet Septins Involved in Exocytosis
Platelet secretion of intracellular α-, δ-, and lysosomal granules is a form of regulated exocytosis, which is crucial for hemostasis, thrombosis, and inflammatory processes. In human platelets, SEPT4 and SEPT8 tend to be localized surrounding α-granules (Blaser et al., 2004) as well as SEPT5 (Dent et al., 2002). After platelet activation, SEPT4 and SEPT8 move to the platelet surface, suggesting a direct role in exocytosis (Blaser et al., 2004). Indeed, Sept8-deficient mouse platelets exhibit remarkably reduced α-granule secretion, but not of δ- or lysosomal granules (Neubauer et al., 2021). Transgenic overexpression of Sept5 in mice is associated with fewer and larger α-granules, indicating that Sept5 supports normally sized α-granules (Kato et al., 2004). In contrast, loss of Sept5 in mouse platelets leads to an enhanced release of δ-granules (serotonin) in response to subthreshold levels of agonists (Dent et al., 2002). A patient with homozygous co-deletion of SEPT5 and GPIbβ, a subunit of the platelet adhesion receptor (GP)Ib-V-IX, presented dramatically reduced platelet α-granule and slightly reduced δ-granule secretion, evidence not observed in patients with only a GPIbβ deletion but normal SEPT5 expression (Bartsch et al., 2011). Family members having a congenital pathogenic variant in the N-terminal region of the SEPT9-gene suffer from a mild δ-granule secretion defect (Neubauer et al., 2019). Bai et al. demonstrated that the N-terminal domain of SEPT9 binds and bundles microtubules by interacting with β-tubulin. In a cell line, a mutation in this region caused diminished intracellular microtubule bundling and impaired asymmetric neurite growth (Bai et al., 2013). During platelet activation, the marginal band needs to be re-arranged to ensure degranulation. The granules are concentrated in the platelet center and are surrounded by a smaller microtubule ring (White and Burris 1984). This close packaging is required for the fusion of granules not only with the plasma membrane but also between individual granules to guarantee a rapid secretion of the whole cargo. It had been hypothesized that the coiling of the marginal band, its compression through actomyosin contraction and the formation of a smaller microtubule ring leads to an accumulation of granules in the center of activated platelets (Sadoul 2015). Interestingly, Sept5 and Sept8 appear to have opposing roles, maybe because these two septins have been found to interact to individual factors of the exocytosis machinery. Platelets use soluble N-ethylmaleimide sensitive factor attachment protein receptor (SNARE)-mediated fusion of granules with the plasma membrane. Vesicular (v)-SNAREs and target (t)-SNAREs on the cell membrane form a protein complex to release granular cargo. The membrane fusion of α-granules and δ-granules requires different sets of SNAREs (Flaumenhaft 2003). SEPT5 has been hypothesized to inhibit the degranulation of δ-granules by binding the t-SNARE protein syntaxin 4 (Dent et al., 2002). In neurons, which share similarities with platelets in the control of neurotransmitter release and platelet granule secretion, respectively, Sept8 has been suggested to control the formation of the v-SNARE-complex at the synapse and subsequent exocytosis via dynamic interactions with VAMP2 (vesicle-associated membrane protein 2) (Ito et al., 2009).
Sept8 is Involved in Primary and Secondary Hemostasis
In addition to the degranulation described above, Sept8 is known to be involved in platelet functions in primary hemostasis through comprehensive analyses using a Sept8-knockout mouse model (Neubauer et al., 2021). Loss of Sept8 in mouse platelets caused a pronounced defect in activation, adherence, and aggregation. In detail: Sept8-deficient platelets displayed a reduction in activated integrin αIIbβ3. Platelet activation is associated with the binding of fibrinogen to the major receptor integrin αIIbβ3 at the platelet surface, which is crucial for platelet bridging and subsequent aggregation. In contrast to the reduced aggregation caused by the loss of Sept8, a Sept5 deletion leads to an enhanced aggregation with an agonist requiring a platelet-secretory response (Dent et al., 2002). Sept8-deficient platelets exhibited delayed spreading on fibrinogen, a process by which adherent platelets flatten at sites of vascular damage and expand their contact area by deforming of the plasma membrane (Neubauer et al., 2021). Reorganization of the cytoskeleton network is essential for all these processes and for degranulation. This entails disrupting cell-cell adhesions, cell scattering, and enhanced cell motility. Sept8 could thus contribute to this process by interacting with actin filaments, microtubules, and intermediate filaments (Mostowy and Cossart 2012). In addition to primary hemostasis, Sept8 is known to be involved in secondary hemostasis (coagulation) (Neubauer et al., 2021). This is a process that leads to the formation of a stable platelet plug by activated coagulation factors, specifically thrombin, which converts fibrinogen to fibrin. A Sept8-deletion in mouse platelets leads to reduced thrombin generation. Furthermore, Sept8-deficient platelets exhibit reduced exposure of the membrane phospholipid phosphatidylserine (PS), which is provided physiologically by activated platelets on their cell surface and is incorporated into the developing clot demonstrating disturbed procoagulant activity of Sept8-deficient platelets. These findings revealed Sept8 as a modulator of distinct platelet functions associated with primary and secondary hemostatic processes.
Regulation of Septins in Stored Platelets
A proteome analysis of platelet concentrates, which are essential in transfusion therapy, found that SEPT2 was quantitatively altered during platelets storage; the researchers hypothesize that septins may play a dynamic role during storage (Thiele et al., 2007). In a further study, microRNA-223 was found to regulate SEPT2 and SEPT6 in stored platelets (Chattopadhyay et al., 2018). Since platelets are anucleated cells, downregulation via microRNAs is one of the possible posttranscriptional mechanisms acting in platelets. MicroRNA-223 forms a complex with Argonaute 2 (AGO2) protein, the catalytic component of RISC (RNA Induced Silencing Complex).
CONCLUSION
Eight out of 13 septins are highly expressed in both ECs and platelets and are known to play important roles (Table 1). Many of their functions are associated with reorganizing the cytoskeleton network, such as angiogenesis in ECs, or degranulation and spreading during platelet hemostasis. In addition, septins can also be a part of structures like cell-cell junctions where they are essential for the integrity of endothelial monolayers. However, the molecular mechanisms of septin-function in both cell types require further investigation in the future.
TABLE 1 | Summary table of known septin localization and functions in endothelial cells and platelets.
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In order to fully understand any complex biochemical system from a mechanistic point of view, it is necessary to have access to the three-dimensional structures of the molecular components involved. Septins and their oligomers, filaments and higher-order complexes are no exception. Indeed, the spontaneous recruitment of different septin monomers to specific positions along a filament represents a fascinating example of subtle molecular recognition. Over the last few years, the amount of structural information available about these important cytoskeletal proteins has increased dramatically. This has allowed for a more detailed description of their individual domains and the different interfaces formed between them, which are the basis for stabilizing higher-order structures such as hexamers, octamers and fully formed filaments. The flexibility of these structures and the plasticity of the individual interfaces have also begun to be understood. Furthermore, recently, light has been shed on how filaments may bundle into higher-order structures by the formation of antiparallel coiled coils involving the C-terminal domains. Nevertheless, even with these advances, there is still some way to go before we fully understand how the structure and dynamics of septin assemblies are related to their physiological roles, including their interactions with biological membranes and other cytoskeletal components. In this review, we aim to bring together the various strands of structural evidence currently available into a more coherent picture. Although it would be an exaggeration to say that this is complete, recent progress seems to suggest that headway is being made in that direction.
Keywords: septin, structural biology, cytoskeletal protein, protein filament, hetero-oligomeric complex, GTP-binding domain, coiled coil
1 INTRODUCTION
Since the first identification of septins in Saccharomyces cerevisiae, more than 50 years ago by Hartwell (Hartwell, 1971), studies regarding the role they play in the cell have contributed to highlighting their fascinating properties. The initial studies in yeast cells showed that septins appeared to be membrane associated and formed a collar at the budding neck, important for recruiting proteins for cell division (Byers and Goetsch, 1976; Longtine et al., 2000; Finnigan et al., 2016; Tamborrini et al., 2018). Nowadays, it is known that in animal cells, septins may be found at a variety of locations, depending on the type and stage of cell development and may also act to restrict the diffusion of membrane components and rigidify the cell cortex at specific sites (Barral et al., 2000; Spiliotis and Gladfelter, 2012; Palander et al., 2017; Spiliotis, 2018; Spiliotis and McMurray, 2020). It is therefore not surprising that septins are involved in many important cellular processes, such as cytokinesis, phagocytosis, ciliogenesis, cytoskeletal dynamics during bacterial entrapment, barrier formation, cellular polarization and morphogenesis, besides several others that demand membrane remodeling and/or scaffolding capabilities (Longtine et al., 2000; Hu et al., 2010; Mostowy et al., 2010; Mostowy and Cossart, 2012; Ewers et al., 2014; Beber et al., 2019; Falk et al., 2019; Robertin and Mostowy, 2020; Szuba et al., 2021).
In order to remodel cell morphology, septins interact with other cytoskeletal elements, for example in the nucleation and branching of actin filaments (Hu et al., 2012; Mavrakis et al., 2014). However, although there are several reports in the literature of co-localization of septins with actin and microtubules, it is not yet fully understood how these interactions occur, whether they are direct or indirect and whether they depend on the polymerization of septins or not (Mavrakis et al., 2014; Spiliotis, 2018; Spiliotis and Nakos, 2021). A recent report assessing the self-oligomerization of budding yeast septins on biomimetic membranes showed that octamers (rather than full filaments) were able to reshape membranes (Vial et al., 2021).
As a cytoskeleton component, septins are proteins with the inherent ability to self-assemble into filaments (Byers and Goetsch, 1976; Field et al., 1996; Frazier et al., 1998; Sirajuddin et al., 2007), and subsequently into more sophisticated architectures, as reviewed by Marquardt et al. (2019). The molecular basis for this is still an outstanding research question. Of note is that many post-translational modifications such as phosphorylation, acetylation, ubiquitination and sumoylation have already been observed modulating septin filament dynamics (Johnson and Blobel, 1999; Takahashi et al., 1999; Zhang et al., 2000; Hernández-Rodríguez and Momany, 2012; Ribet et al., 2017). Additionally, septins bind (and often hydrolyse) GTP, justifying their inclusion as members of the diverse family of P-loop GTPases (Leipe et al., 2002; Weirich et al., 2008; Sirajuddin et al., 2009). At least in yeast, GTP hydrolysis appears to be involved in the assembly of specific heterocomplexes (Weems and McMurray, 2017), and evidence also suggests that the nature of the bound nucleotide may play a role in membrane association by higher-order septin assemblies (Bertin et al., 2010; Bridges et al., 2014). However, tracing a correspondence between yeast and mammalian septins is not trivial and hampered by the significant phylogenetic differences between the heterocomplexes observed in fungi and animals. Thus, the relationship between filament assembly and GTP hydrolysis requires further work in order to be fully understood.
Septins are ubiquitous in opisthokonts, but orthologous septin families are also present in a broader range of other eukaryotes (Nishihama et al., 2011). The number of genes coding for septins in different organisms is quite variable. For example, there are species with only one or two genes, such as Chlamydomonas and Caenorhabditis elegans, respectively. Conversely, extensive gene amplification in vertebrates has led to 13 septins genes in humans and mice. In more extreme cases, gene duplication has resulted in further paralogues for many septins, culminating in a set of at least 17 in Danio rerio, for example (Willis et al., 2016). In view of such expansion, mammalian septins (Kinoshita, 2003), and later metazoans (Cao et al., 2007), have been classified into four groups, based on sequence similarities: SEPT2 group (SEPT1, SEPT2, SEPT4 and SEPT5), SEPT3 group (SEPT3, SEPT9 and SEPT12), SEPT6 group (SEPT6, SEPT8, SEPT10, SEPT11 and SEPT14) and SEPT7 group (SEPT7 alone) (Pan et al., 2007; Hilary Russell and Hall, 2011).
The dynamics of septin filament assembly changes radically during the cell cycle, albeit in a highly regulated way, both in time and space (Marquardt et al., 2020). Several binding partners could be key players in this process in which they may act by regulating septin remodeling (Nakahira et al., 2010; Sandrock et al., 2011). Some of the regulatory proteins of the cytoskeleton which show direct or indirect association with septins in different organisms include anillin (Kinoshita et al., 2002), CDC42 effector proteins (CDC42EP or Borg’s) (Sheffield et al., 2003), end-binding protein 1 (EB1) (Nölke et al., 2016; Nakos et al., 2019a) along with many others. An exhaustive review of septin binding partners can be found in Neubauer and Zieger (2017).
Due to their wide-ranging roles in fundamental cellular processes, septin dysfunction has been implicated in a series of pathologies, including (but not limited to) male infertility, neurodegenerative diseases and cancer (Peterson and Petty, 2010; Angelis and Spiliotis, 2016; Palander et al., 2017). The regulation of septin expression is crucial for orchestrating cell homeostasis and thus it is not uncommon for pathologies, such as certain types of cancer, to be associated with changes in the levels of protein expression or mutations in a particular septin gene (Angelis and Spiliotis, 2016). The SEPT9_i1 isoform, for instance, was found to be overexpressed in breast tumors and linked to many other types of cancer (Gonzalez et al., 2009). Additionally, several neuropathies, such as Parkinson’s and Alzheimer’s diseases, have also been associated with septin accumulation (Kinoshita et al., 1998; Ageta-Ishihara et al., 2013; Tokhtaeva et al., 2015) and biophysical studies have demonstrated that in vitro individual septin subunits are unstable and tend to aggregate into amyloid-like structures (Garcia et al., 2007; Pissuti Damalio et al., 2012; Kumagai et al., 2019). This seems to imply that, under physiological conditions, heterocomplexes would be expected to be the predominant intracellular species, underlining their natural tendency to self-organize.
Although more than 50 years have passed since the discovery of septins, much remains to be learned about the potential roles of monomers, oligomers, filaments and higher-order structures. Taken together, data from structural studies of septins have brought important contributions to clarify these issues. In this review, it is not our intention to overload the reader with excessive structural detail. Instead, we aim to collate the major structural discoveries described over recent years, bring them together into a single document and relate them, where possible, to septin function. In so doing, we hope to stimulate the appearance of new hypotheses which will throw light on structure-function relationships at all levels of septin organization.
2 THE SEPTIN DOMAIN ARCHITECTURE
Septins belong to the family of small GTPases and are characterized by possessing a GTP-binding (G-) domain. This was identified in the first amino acid sequences of septins by the presence of the P-loop motif, characteristic of GTP/ATP binding proteins (Longtine et al., 1996). The GTPase activity itself was later demonstrated by in vitro assays (Field et al., 1996). Different from other small GTPases, septins possess variable N- and C-terminal extensions or domains (or simply N- and C-domains) (Figure 1A; Field and Kellogg, 1999). Although there is no exact definition (in terms of residue position) for the limits of each domain, the overall consensus is to accept that the N-domain lies upstream of the first β-strand of the characteristic G-domain fold, prior to the P-loop, and the C-domain lies downstream to the final α-helix (α6).
[image: Figure 1]FIGURE 1 | Structural elements and core particle composition of septin filaments. (A) The septin structure is divided into three main domains: the N-terminal domain, the guanine nucleotide-binding domain (or G-domain) and the C-terminal domain (depicted with black and white stripes). (B) Octameric (left) and hexameric (right) core particles in human (top) and baker’s yeast (Saccharomyces cerevisiae, bottom). In human septins, replacements according to “Kinoshita’s rule” are depicted on the octamer. Straight arrows represent the twofold rotational symmetry (diad) axis at the center of the core particle. The yeast hexameric oligomer presented is that formed in the absence of Cdc10 (Cdc10-less oligomer). SEPT6-group members (blue), Cdc3 and Cdc11 are catalytically inactive and do not hydrolyse GTP (asterisks). Cdc11 seems to bind only cytosolic GDP (although speculatively) and Shs1 can also cap octamers, replacing Cdc11. The long N-domains in SEPT3 and Cdc3 are also represented.
The N-domain is highly variable in both length and amino acid sequence and is predominantly unstructured, being classified as an IUD (intrinsically unstructured domain) (Garcia et al., 2006; Pan et al., 2007). At its C-terminus, the N-domain has a region which forms an α-helix, dubbed α0, which includes a polybasic sequence (PB1) associated with membrane phospholipid interaction (Zhang et al., 1999; Bertin et al., 2010). The G-domain is highly conserved and has all the necessary motifs for binding GTP. Among the motifs shared with small GTPases are the P-loop or Walker A box (Walker et al., 1982) (also called G1) which oversees coordinating the phosphate moieties of the nucleotide, the switches I and II (G2 and G3 respectively) which are related to the hydrolytic mechanism itself and the G4 motif that confers specificity for GTP over other nucleotide triphosphates (Pan et al., 2007). Four septin-specific motifs have been identified in the G-domain (Sep1-4) as well as six specific residues which are conserved in 86–94% of all septin sequences (Pan et al., 2007). The G-domain terminates in a characteristic sequence known as the septin unique element (SUE), important for filament formation (Versele et al., 2004). The C-domain is variable but typically includes a region compatible with the formation of coiled coils (Versele et al., 2004; Pan et al., 2007), although this is absent from some septins, including the SEPT3 group in humans and Cdc10 in yeast.
3 THE SEPTIN HETERO-OLIGOMER: THE BUILDING BLOCK FOR POLYMERIZATION
All of the many important functions that septins perform in the cell are related to their ability to assemble into highly organized filaments. Although filaments can subsequently generate many kinds of higher-order structures (bundles, rings, gauzes, etc.), all are comprised of filaments, which are built by end-to-end association of core particles (also known as protofilaments or simply oligomers). A core particle is a nonpolar, linear hetero-oligomeric complex of septin subunits, interacting side-by-side, like beads on a string (Figure 1B). Septins use different domains for hetero-oligomerization: with each monomer interacting with its neighbors by alternate interfaces, named NC (from the N- and C-terminal domains) and G (from the G-domain) (Figure 1B). Each domain and interface will be discussed in further detail later in this review.
In mammals, both in vitro and in vivo, septins from the different groups assemble to form the core particles. These are symmetric and have 2n subunits forming a palindromic arrangement, with n being the number of different septins in its composition. This results in a diad axis (C2) at its centre, lying perpendicular to the main axis of the oligomer (Figure 1B). A septin filament is then likely assembled in vivo by the end-to-end annealing/collision of these core particles on the plasma membrane (Bridges et al., 2014). The core particle is, therefore, the building block of the filament and is usually defined as the oligomer which persists in high ionic strength solution in vitro, as several studies have shown how salt concentration modulates filament polymerization (Frazier et al., 1998; Versele et al., 2004; Bertin et al., 2008).
The number of septin monomers in the core particle can be variable and is species-dependent. For example, C. elegans has only two septins (Unc-59 and Unc-61) which form tetramers and polymerize to play roles in cytokinesis, migration and cell polarity (Nguyen et al., 2000; John et al., 2007). In S. cerevisiae, baker’s yeast, four septins (Cdc3, Cdc10, Cdc11/Shs1 and Cdc12) generate octamers (Bertin et al., 2008; Garcia et al., 2011). In mammalian cells, septins from three or four different groups can be incorporated into the core particle, leading to the formation of hetero-oligomeric hexamers or octamers, respectively (Kim et al., 2011; Sellin et al., 2011). A noteworthy feature, usually referred to as “Kinoshita’s rule” (Valadares et al., 2017; Spiliotis and McMurray, 2020), is that within the core particle, each septin is predicted to be interchangeable with another from the same group, thereby generating diversity (Kinoshita, 2003). On the other hand, as far as is known, the position of each septin group within the particle is fixed (Mendonça et al., 2019). Kinoshita’s rule predicts 20 and 60 different combinations for hexamers and octamers respectively. How many of these are physiologically relevant and how their properties and functions may vary represent important outstanding questions.
In humans, the difference between the hexamer and the octamer is the incorporation of a SEPT3-group member in the latter which is absent from the former (Füchtbauer et al., 2011; Kim et al., 2011; Sellin et al., 2011; Sellin et al., 2014; Abbey et al., 2016). For many years, the subunit order of the human hexamer (and therefore that implied for the octamer) was erroneously considered to be SEPT7-6-2-2-6-7. New studies have shown the correct order to be SEPT2-6-7-7-6-2 (Mendonça et al., 2019; Mendonça et al., 2021) or SEPT2-6-7-3-3-7-6-2 in the case of octamers (Figure 1B; DeRose et al., 2020; Soroor et al., 2021; Iv et al., 2021).
Recent publications from in vitro experiments using mammalian septins bring fresh data to support the idea of hexamers and octamers coexisting within a single filament (DeRose et al., 2020; Soroor et al., 2021). This appears completely plausible in the light of the corrected subunit order since both hexamers and octamers have an exposed SEPT2 NC-interface at their termini (DeRose et al., 2020; Soroor et al., 2021), raising the possibility of a wide range of filaments differing in their hexamer-to-octamer ratio. There is also evidence pointing towards specific cellular functions that only arrangements including SEPT3-group members could perform (Estey et al., 2010; Bai et al., 2013; Kuo et al., 2015; Karasmanis et al., 2018).
In mitotic yeast cells, the octameric core particle is Cdc11-12-3-10-10-3-12-11 (Figure 1B; Versele et al., 2004; Bertin et al., 2008). Shs1, a non-essential septin in S. cerevisiae, can substitute for Cdc11, usually giving rise to ring-like arrangements (Garcia et al., 2011). Octamers polymerize through the NC-interface of Cdc11 (or Shs1), matching that which occurs in human septins; but in C. elegans, the Unc septin oligomers (Unc-59-61-61-59) seem to polymerize through an exposed G-interface (John et al., 2007). Yeast septins can also form hexamers when specific subunits are absent (Cdc10-less oligomers, Cdc11-12-3-3-12-11 and Cdc11/Shs1-less oligomers, Cdc12-3-10-10-3-12), but these are unable to form long filaments (Frazier et al., 1998; Versele et al., 2004; McMurray et al., 2011; Johnson et al., 2020). Albeit considered rare in fungi, naturally-occurring septin hexamers have been found in Aspergillus nidulans (oligomers lacking AspD, a Cdc10 homologue), where they coexisted with octamers (Hernández-Rodríguez et al., 2014).
The GTP binding and hydrolytic ability of each septin are likely related to the order and overall composition of the assembly (Sirajuddin et al., 2009; Weems and McMurray, 2017; Abbey et al., 2019). Some septins display no (or very little) GTPase activity as they lack the catalytic threonine from the G2 motif in switch I. This is the case for all SEPT6-group septins (Sirajuddin et al., 2007; Zent and Wittinghofer, 2014) and both Cdc3 and Cdc11 in yeast (Versele and Thorner, 2004). It is intriguing, however, that the non-catalytic septins in mammals and yeast do not map to equivalent positions within the core particles (Figure 1B). Furthermore, in yeast, one of the catalytically inactive subunits (Cdc3) is bound to GTP, as anticipated, while the other (Cdc11) is hypothetically bound to GDP, presumably acquired from the cytosol (Farkasovsky et al., 2005; Weems and McMurray, 2017). However, another model claims that Cdc3 and Cdc11 are apoproteins even when incorporated into octamers (Baur et al., 2019). This conundrum is expected to be resolved once more structural information on yeast septins becomes available.
4 THE CURRENT COMPLETENESS OF THE STRUCTURAL INFORMATION AVAILABLE
Back in 2007, the first hetero-oligomeric septin structure was reported. This was the mammalian SEPT2-6-7 hexamer and was solved by X-ray diffraction at 4.0 Å resolution (Sirajuddin et al., 2007). For many years, this was the only structural model available for a hetero-oligomeric complex and due to its low resolution, many questions were left unanswered. Some of these were clarified by employing a “divide-and-conquer” strategy, first by the structure determination of single septin G-domains (Sirajuddin et al., 2007; Sirajuddin et al., 2009; Serrão et al., 2011; Zent et al., 2011; Macedo et al., 2013; Zeraik et al., 2014; Brognara et al., 2019) and later by better understanding the interfaces formed between them by solving the structures of both homo- and heterodimeric complexes (Brognara et al., 2019; Castro et al., 2020; Rosa et al., 2020). Recently, the original hexameric complex, SEPT2-6-7, has been solved by cryo-EM at 3.6 Å resolution, providing important additional information (Mendonça et al., 2021).
Nowadays, the richness of the structural information available (mainly from human septins) has made it possible to rationalize many functional aspects of the individual domains and the structural motifs they contain. At the time of writing, there are 32 septin structures available in the PDB, representing different domains and oligomeric states. In the “Septin Chart” (Supplementary Figure S1), we present this structural diversity, in a format inspired by the periodic table, to facilitate access to basic structural information (the asymmetric unit, PDB code, resolution, bound nucleotides, etc.). As a representative example, Figure 2 shows the septin structure with the highest resolution currently available (SEPT7, PDB:6N0B). Each cell in the table explicitly indicates if the interfaces observed in the crystal structure are expected to be physiological (based on the canonical model of Figure 1B) or non-physiological (promiscuous). The latter are frequently observed in crystal structures and raise the intriguing question of why they apparently do not form physiologically.
[image: Figure 2]FIGURE 2 | Features of the “Septin Chart” (see complete figure in Supplementary Figure S1). The PDB code and resolution are shown in the upper left corner, the contents of the asymmetric unit in the upper right, the presence and nature of the bound nucleotide/magnesium in the lower left corner and finally, in the lower right, the purified and crystallized domain(s) as well as the acronym of the organism to which it belongs (e.g., H = Homo sapiens). In addition, the edges of the box surrounding the structure are color-coded and refer to the contact interfaces observed in the crystal: burgundy for a physiological G-interface, orange for a non-physiological G-interface, purple for a physiological NC-interface and lime for a non-physiological NC-interface. In some cases, in order to observe some of the interfaces, it is necessary to apply crystallographic symmetry operations to the asymmetric unit.
5 THE G-DOMAINS
In the following section, we describe the “anatomy” of the G-domain, and its structural components (motifs), principally those for which it has been possible to ascribe a specific function. Figure 3 depicts their spatial disposition and also establishes the standard nomenclature employed for the elements of secondary structure which characterize the septin fold (Valadares et al., 2017). However, in this review, whilst we preserve the standard names of the six strands which comprise the main β-sheet (β1-β6), we propose that those of the three-stranded β-meander should be renamed βa, βb and βc, rather than β9, β10/7, and β8, for the sake of simplicity. Additionally, we make use of a new nomenclature to refer to particularly important positions/residues employing the following format: “residue(motif)”. For example, Thr(Sw1) refers to the catalytic threonine from switch I. This nomenclature eliminates the need for quoting specific residue positions, which vary from septin to septin. The nomenclature can be extended to the use of “residue (motif/group)” in order to indicate a specific septin group. This is particularly useful when referring to the so called characteristic residues (amino acid residues present essentially in a unique septin group and absent from all others) (Rosa et al., 2020). The new labels can be readily converted to the numerical format by using Supplementary Table S1 (human septins) and Supplementary Table S2 (septins from other organisms).
[image: Figure 3]FIGURE 3 | The septin G-domain. (A) Schematic representation of the septin domains and their hallmark features. The N-domain presents variable length and encompasses the α0 helix, which contains the polybasic region 1 (PB1). The G-domain contains all the essential nucleotide-binding motifs (G1, G3, G4) and the switches important for catalysis. Other functional elements related to interface formation, such as a second polybasic region (PB2), a polyacidic region (PAR), the trans-loops 1 and 2 (Tr1 and Tr2) and the septin unique element (SUE) are also indicated. The C-domain often contains heptad repeats that form coiled coils (CC). (B) A schematic topology diagram for the septin G-domain fold. Three unique features observed in septins are highlighted in red. (C) Stereo representation of the G-domain highlighting some of its features employing the same color code used in panel (A). Several of these features and secondary structure elements are labeled. The PB1, PB2 and PAR are close to the NC-interface, while the switch I (Sw1), switch II (Sw2), Tr1 and Tr2 participate in the G-interface. The SUE is an exclusive feature of septins and participates in both interfaces. The Mg2+ ion is coloured in magenta.
The G-domain is the most highly conserved among septins and is also generally the longest, although the longest isoform of SEPT9 has an N-domain of comparable size. Its fold resembles that of Ras GTP-binding proteins (Pai et al., 1989; Pai et al., 1990), displaying a central six-stranded β-sheet enclosed by α-helices in an αβα sandwich. However, when compared to Ras, septins display three additional exclusive features that are linked to their functions (highlighted in red on Figure 3B).
The first septin exclusive feature encompasses the longer switch II region (which participates in G-interface dimerization, Figure 4), an elongated α2 helix spanning the G- and NC-interfaces, and a lengthy loop containing the second polybasic region (PB2) that plays a critical role at the NC-interface (see Section 9). This long loop connects α2 to β4 and contains part of the highly conserved septin-specific motifs, Sep1 (ExxxxR) and Sep2 (DxRV/IHxxxY/FFI/LxP) (Pan et al., 2007). The loop runs underneath α2, preventing it from making direct contact with the underlying β-sheet and giving it structural autonomy (Castro et al., 2020). In total, this first feature adds 28 residues to human septins when compared to the equivalent region in H-Ras p21 (Pai et al., 1989; Pai et al., 1990).
[image: Figure 4]FIGURE 4 | The switch II region at the G-interface of the SEPT7-SEPT3 heterodimer (PDB:6UQQ). An essentially identical arrangement is observed at all physiological G-interfaces. The wide-type β-bridge, which lies on the pseudo-twofold symmetry axis relating the two monomers, is labeled, and its two hydrogen bonds are colored in purple. Over the β-bridge, an aspartic acid in SEPT7 (yellow) and an asparagine in SEPT3 (green), i.e., the positions Asx(Sw2), are represented as sticks and positioned on opposite sides of the symmetry axis (black lozenge at the center). Under the β-bridge, each subunit presents an asparagine residue, Asn(Sw2), whose side chain is represented as sticks, forming hydrogen bonds to both the main chain nitrogen and oxygen atoms of the residue three positions prior in the sequence. In each subunit, two consecutive type II β-turns forming an “S” shape are labeled, and their hydrogen bonds are colored in cyan. Some side chains and main chain atoms were removed for clarity. Aro(Sw2) is indicated as it may play a role in communication between adjacent interfaces and GlyI(Sw2) is represented as a white sphere.
A second feature unique to septins is an extended loop followed by an additional helix, termed α5′. These elements connect the α4 helix to the β6 strand, and correspond to at least 20 additional residues when compared to Ras. This region, and markedly the α5′ helix, displays low sequence conservation, except for a polyacidic region (PAR) located at the end of the loop and the beginning of α5′. The PAR participates in the NC-interface as a multipurpose element: in some structures it is observed interacting with the PB1 of the α0 helix (Figure 3C), and in others, it interacts with the PB2 that succeeds the α2 helix (see Section 9 and Section 10.1).
The final distinct feature is the septin unique element (SUE) (Versele et al., 2004), which also spans from the G-to the NC-interface and enables filament formation. The SUE is roughly 60 residues in length and may be divided into two portions. The first half comprises three small β-strands that form a very twisted β-meander (βa-βc). This region is an integral part of the G-interface, contacts the nucleotide and has a significant role in G-interface dimerization. A single mutation T282Y in the SEPT3 β-meander favors the formation of homodimeric G-interfaces in solution, in contrast to monomers formed by the wild type (Macedo et al., 2013). This mutation was also necessary to stabilize the SEPT7-SEPT3 heterodimeric complex for crystallographic studies (Rosa et al., 2020). The second part of the SUE begins with two consecutive turns formed mostly by conserved residues, and continues through helices α5 and α6, the latter being the second longest helix in the G-domain, forming part of the NC-interface. Helices α5 and α6 together form an elbow-like structure which has recently been shown to be important for stabilizing helix α0 from the neighboring subunit within the interface (see Section 9). The SUE is, therefore, an integral part of both interfaces and explains why septins, unlike other small GTPases, are able to polymerize.
5.1 The Fundamental Elements of the G-Domain
5.1.1 Switch I
The switch I is a long solvent-exposed loop connecting helix α1 to strand β2. It inherits its name from the small GTPases, in which switch I is part of the universal loaded spring mechanism that promotes GTP hydrolysis conformation (Vetter and Wittinghofer, 2001). A threonine residue from switch I, Thr(Sw1), is essential for the hydrolytic mechanism (Sirajuddin et al., 2009), and its main chain nitrogen atom is observed interacting with the γ-phosphate in structures of catalytic septins bound to GTP analogues, while its side chain coordinates the Mg2+ ion and its main chain carbonyl, the catalytic water (Figure 5A).
[image: Figure 5]FIGURE 5 | The nucleotide-binding pocket and the different modes of magnesium coordination. The β-phosphate, Ser(P-loop) and a water molecule participate in all depicted Mg2+ coordination schemes, and their coordination to the Mg2+ is shown by dark blue dotted lines. The magnesium ion is colored in purple. (A) A GTP analogue (GMPPNP) bound to SEPT12 (PDB:6MQ9). The nucleotide and the residues interacting with it are represented as sticks. Key residues from the septin versions of the five classical nucleotide-binding elements found in small GTPases are labeled: G1 is represented by Ser(P-loop), G2 by Thr(Sw1), G3 by GlyI(Sw2), G4 by Asp(G4) and G5 by Gly(“G5”). Often septins are said not to possess G2 and G5, but here we describe their remnants explicitly as such. The conserved arginine from the SUE, Arg(βb), is colored in blue. On the left side of the figure, two residues from the other subunit of the G-interface (dark grey) are represented; a histidine from the trans-loop 1, His(Tr1), that binds to the β-phosphate, and a glutamate from the trans-loop 2, Glu(Tr2), that forms a hydrogen bond to the ribose ring. (B) Magnesium coordination in a catalytically active septin bound to the non-hydrolysable GTP analogue, GMPPNP (PDB:6MQ9). (C) A tightly bound Mg2+ in a catalytically active septin bound to GDP. Thr(Sw1) remains as a ligand in this case, and Asp(Sw2) continues to coordinate the metal via a water molecule (PDB:6MQK). (D) In a weakly bound Mg2+ ion, also in the presence of GDP, Thr(Sw1) has now been replaced by a water molecule, and the participation of Asp(Sw2) is mediated by two waters rather than one (PDB:6N12). (E) Magnesium coordination in a non-catalytic septin bound to GTP. The Mg2+ coordination sphere is formed by the β- and γ- phosphates, Ser(P-loop) and three water molecules, one of which is held by the side chain of Asp(Sw2) (PDB:6UPQ).
Switch I is arguably the least conserved region of the G-domain in human septins. The region is longer than in H-Ras, and is incomplete in many crystal structures. Its conformation depends on the septin group, the bound nucleotide, crystal packing and whether it forms a G-interface with a physiological partner or not. This conformational flexibility is physiologically relevant because in septins switch I has an additional role in the formation of the G-interface and may hold the key to selecting the correct G-interface partner (see Section 6.2) (Rosa et al., 2020).
5.1.2 Switch II
Switch II both participates in the hydrolytic mechanism and contributes to G-interface stability. It contains the G3 motif, an integral part of the universal switch mechanism. This conserved motif contains a glycine residue, GlyI(Sw2) in Figure 5A, that binds to the γ-phosphate and an aspartic acid residue, Asp(Sw2) in Figures 5B–E, that coordinates the Mg2+ ion via a water molecule. After hydrolysis, this region adopts a slightly different conformation, positioning GlyI(Sw2) at the centre of a planar S-shaped structure formed by two consecutive type II β-turns (Figure 4). Following GlyI(Sw2) is an aromatic residue, Aro(Sw2), that is able to adopt different rotamers and it has been suggested that this may play a role in communication between adjacent G- and NC-interfaces (see Section 10.2).
5.1.3 Helix α2
In septins, helix α2 is twice the size of its equivalent in small GTPases and extends from the G-to the NC-interface. It connects switch II at the G-interface to PB2 at the NC-interface, two regions that display a degree of conformational plasticity. These traits flag α2 as a candidate to act as a conduit for information transfer between the G and NC-interfaces (see Section 10.2).
5.1.4 The Polyacidic Region and Alpha Helix 5′
All septins present a polyacidic region (PAR) at the beginning of helix α5′ and the loop preceding it. The angle of helix α5′ in relation to the G-domain varies which may influence the position of the PAR with respect to the PB1 of helix α0 from the neighboring subunit when the NC-interface is in its canonical (open) conformation (see Section 9 and Section 10.1). Indeed, the cryo-EM structure of the SEPT2/6/7 complex confirms a direct interaction between the PAR and PB1, when α0 is stored within the interface (Figure 3C).
5.1.5 The Septin Unique Element and Alpha Helix 6
The septin unique element (SUE) (Versele et al., 2004) is a continuous sequence which forms the C-terminal region of the G-domain and, as its name implies, is conserved, essential and exclusive to septins. It contributes to both interfaces as described above.
Helix α6 is the final element of secondary structure to form part of the G-domain and lies perpendicular to the main filament axis at the NC-interface. It also lies perpendicular to helix α2, and together these long helices stand out as a distinctive feature of the G-domain. A characteristic feature of α6 is a visible unwinding of the helix at its center, generating an α-aneurism (Keefe et al., 1993). The conserved nature of the aneurism and its conspicuous location at the NC-interface suggests that it may have a functional role. However, this has yet to be elucidated. Intriguingly, due to a residue deletion, the single septin from Chlamydomonas reinhardtii does not present the α-aneurism resulting in significant topographic alterations to the NC-interface which is not observed in the crystal structure thereby impeding the in crystallo formation of filaments (Pinto et al., 2017). It is, therefore, unclear if this single septin is able to form homofilaments in vivo.
Helix α6 presents two conserved charged residues, glutamic acid Glu(α6) and arginine Arg(α6), that take part in an extensive hydrogen-bonding network which forms the upper part of the NC-interface. The pattern of salt bridges depends on the conformation of the NC-interface (see Section 9.1).
5.2 The GTP-Binding Site and the Magnesium Coordination States
5.2.1 Classic Nucleotide-Binding Motifs
All currently deposited structural data on septins (with the exception of Cdc11, PDB:5AR1) exhibit a bound guanine nucleotide as an integral part of the G-domain, where it participates in the G-interface. Small GTPases employ five classic motifs (G1-G5) in nucleotide binding, and septins use their versions of these motifs to maintain the nucleotide tightly bound and to perform catalysis.
The G1 motif presents the consensus GxxGxGKS/T and forms the P-loop. Several main chain nitrogen atoms of this motif interact with the β-phosphate, while the side chain of Ser(P-loop) coordinates the Mg2+ ion. This region is followed by a threonine residue in helix α1 that binds the α-phosphate. Switch I (Sw1) includes the septin version of the G2 motif, which contributes a threonine residue, Thr(Sw1), that binds both the γ-phosphate and the Mg2+ ion and is essential for catalysis (Sirajuddin et al., 2009). The G3 motif is part of switch II (Sw2) where, in catalytic septins, the glycine residue GlyI(Sw2) binds the γ-phosphate (Figure 5A). Moreover, this region bears an aspartic acid residue, Asp(Sw2), that binds and orients a water molecule to coordinate the Mg2+ ion (Figures 5B–E). Oddly, in catalytically inactive septins, Asp(Sw2) may be replaced by a serine, an asparagine or a glutamate, the latter being able to coordinate the Mg2+ ion directly. In the G4 motif (A/GK/RAD in human septins), the lysine (or arginine) interacts with the ribose, while the aspartate (Asp(G4)) forms two hydrogen bonds to the guanine base. In septins, a single glycine, Gly(“G5”), represents the remnants of the G5 motif. Finally, human septins boast a conserved arginine residue in the septin unique element, Arg(βb) in Figure 5A, that is part of the nucleotide-binding pocket.
In addition to the residues from the G-domain to which the nucleotide is bound, two residues from the neighboring subunit reach across the G-interface and assist in nucleotide binding: a histidine from the trans-loop 1 (His(Tr1)) interacts with the β-phosphate and a glutamate from the trans-loop 2 (Glu(Tr2)) forms a hydrogen bond to the ribose (Figure 5A). Exclusive to algal septins, an arginine residue from the Sep3 motif interacts directly with the γ-phosphate of the neighboring subunit, acting like a catalytic “arginine finger” and accelerating GTP hydrolysis (Pinto et al., 2017).
5.2.2 Magnesium Coordination States
Several coordination states for Mg2+ have been observed in different crystal structures (Figures 5B–E), and in approximately half the cases, the Mg2+ ion is either absent or cannot be modeled. A common feature of all such coordination schemes is the participation of Ser(P-loop), the β-phosphate and a water molecule.
In catalytically active septins, prior to catalysis, the Mg2+ ion is hexa-coordinated by a water molecule, Ser(P-loop), Thr(Sw1), the β- and γ- phosphates and Asp(Sw2) via a second water. After catalysis, however, GDP-bound septins display two possible magnesium coordination schemes. The first presents a tightly bound Mg2+, quite similar to that observed for GTP, but with a third water molecule replacing the γ-phosphate (Figure 5C). The second possibility is a weakly bound Mg2+ ion where a fourth water molecule replaces Thr(Sw1) and there are now two intervening waters between Asp(Sw2) and the metal. The transition from tight to weak binding may represent snapshots of different steps in the process of metal release upon catalysis.
In catalytic septins, switch II and particularly switch I are observed in very different conformations depending on the nucleotide bound, indicating that catalysis triggers major conformational changes at the G-interface. It would seem that the Mg2+ ion and its ligands are essential components of this mechanism. However, the full details of the role which Mg2+ plays during GTP binding and hydrolysis in the case of septins has yet to be fully elucidated.
6 THE G-INTERFACE
6.1 G-Interface Components and the Basis for Kinoshita’s Rule
With the first description of a septin structure (Sirajuddin et al., 2007), the critical role of the G-interface for the molecular assembly of the core particle became evident. As a result of the dozens of structures determined subsequently, the nature of the interactions involved at the interface has become clear and the exquisite manner by which stability, specificity and exchangeability arise have begun to be understood (Brognara et al., 2019; Rosa et al., 2020). In general, the G-interface is extremely well conserved in different structures, preserving almost perfectly the relative positions of the two monomers involved. Furthermore, no crystal structure presenting an intact G-interface has been observed in the absence of bound nucleotide. This suggests the ligand to be an integral component of the interface and/or that substrate hydrolysis through a GAP-like mechanism depends on dimer formation (Gasper et al., 2009; Sirajuddin et al., 2009; Zent and Wittinghofer, 2014). This section will describe the surface regions on the monomers which participate in the G-interface, highlighting the structural differences between groups and specifying the details which contribute to correct filament assembly.
The standard model for the human hexamer implies the existence of G-interfaces between SEPT2 and SEPT6 and between two copies of SEPT7 (Figure 1B). In the octamer, the latter is replaced by a SEPT7-SEPT3 interface. At these interfaces, up to seven contact regions within the G-domain of each monomer form a diamond-like shape (Figure 6). At the top of the diamond, the two switch II regions interact, as shown in Figure 4. The central region, where the contact surface is widest, involves Tr1, the P-loop and G4. This also includes the switch I region in the case of SEPT2-and SEPT6-group member interfaces. At the bottom, the β-meander participates in interactions with Tr2 of the corresponding partner. Even at promiscuous interfaces, many of these features are preserved, including those involved in nucleotide binding. Although some subtle variation has been observed within the interface core (e.g., mutation to Glu(P-loop) in the SEPT3 group and in Drosophila Pnut/SEPT7 or to the β-meander in the SEPT3 group), it is the region at the rim of the interface, particularly switch I, which presents the greatest variability between septin groups (Rosa et al., 2020).
[image: Figure 6]FIGURE 6 | Motifs interacting at septin G-interfaces. Seven main contact regions are indicated on the G-side of the monomer. They are distributed in a diamond-like shape with switch II at the top; switch I, trans-loops 1 and 2, the P-loop and G4 at the center; and the β-meander at the bottom.
6.2 Switch I Determines the Selectivity at the G-Interface Formed Between Septins of the SEPT2 and SEPT6 Groups
How do the correct pairings of septins arise at the different G-interfaces of the core particle during spontaneous assembly? This is a question relating to the interactions involved in molecular recognition. Switch I makes a significant contribution to the contact area at the G-interface between septins of the SEPT2 and SEPT6 groups (but not those between SEPT7 and SEPT3) (Rosa et al., 2020). This raises the possibility that the selectivity that drives members of these two groups together may be related to selective interactions involving group-specific residues found within the switch I regions. Such interactions are shown in Figure 7 and Supplementary Figure S2.
[image: Figure 7]FIGURE 7 | Interaction specificities in the SEPT2-SEPT6 G-interface. Simplified scheme for the heterotypic interface highlighting the importance of residues coming from switch I on both sides of the interface. Group-specific (characteristic) residues are shown colored, in red for SEPT2 and in blue for SEPT6. The network of interactions leading from the interface to the γ-phosphate of the GTP is shown.
An interaction network involving group-specific (or characteristic) residues is observed between the Tr1 of SEPT2 and the P-loop/Switch I of SEPT6/8/11 (Figure 7). The hydroxyl of a characteristic threonine residue in the SEPT6 group, Thr(P-loop/SEPT6), interacts with the γ-phosphate of GTP via a water molecule, thereby orienting its methyl group towards His(Sw1/SEPT6). This allows the correct orientation of the imidazole ring of His(Sw1/SEPT6) to accept a hydrogen bond from the main chain of SEPT2. His(Sw1/SEPT6) fits snugly into a pocket formed by Tr1 of SEPT2, whose conformation is determined by the characteristic residues Phe(Tr1/SEPT2) and GlyII(Tr1/SEPT2). Compared with septins from other groups, the trans-loop 1 of SEPT2 adopts a more extended conformation (Supplementary Figure S2A; Rosa et al., 2020). Both the ordering of switch I in SEPT6/8/11 and the conformation of trans-loop 1 in SEPT2 are necessary for correct partner pairing at the interface. No other group combination would provide the appropriate structural features for the fit schematically represented in Figure 7. This can be verified by observing the disordered and/or incomplete switch I regions, present at promiscuous G-interfaces such as the homodimer of SEPT2, SmSEPT10 and SEPT3 (Sirajuddin et al., 2007; Zent et al., 2011; Macedo et al., 2013; Zeraik et al., 2014).
The involvement of GTP in the interaction network (Figure 7) suggests a functional significance for the lack of catalytic activity in the SEPT6 group. The persisting γ-phosphate should be considered a characteristic feature of the SEPT6 group as it aids in correctly orienting Thr(P-loop/SEPT6) towards His(Sw1/SEPT6). In the remaining groups of septins, this threonine is replaced by a serine, incapable of forming the hydrophobic contact with His(Sw1/SEPT6).
On the other side of the G-interface, in the switch I region of SEPT2, a characteristic amino acid Ala(Sw1/SEPT2), fits into a cavity in SEPT6/8/11 (Figure 7 and Supplementary Figure S2B). The presence of amino acids with longer side chains at this position in the SEPT3 group, or a proline in SEPT7 or even its absence altogether in the SEPT6 group (Supplementary Table S1) suggests that this interaction would only be viable in the case of the SEPT2 group (Rosa et al., 2020). Ala(Sw1/SEPT2) interacts via Van der Waals contacts with Ser(Tr1/SEPT6) which forms a hydrogen bond with the main chain of an aspartic acid in SEPT2. This interaction is only possible for the SEPT6 group where Ser(Tr1/SEPT6) is always either serine or threonine. This allows for the correct orientation of switch I of SEPT2, permitting Ala(Sw1/SEPT2) to fit into its complementary pocket in SEPT6.
In summary, the presence of characteristic residues converges on the correct structural organization of switch I and the trans-loop 1 of the SEPT6 and SEPT2 groups, favoring the formation of the specific G-interface. Since the interactions involved, by definition, can be generated by any member of the groups involved, this provides a molecular basis for the understanding of Kinoshita’s rule (substitutability between members within a group). As a “side effect”, we begin to understand the reason why the SEPT6 group lacks catalytic activity. By retaining the γ-phosphate, a network of interactions can form, guaranteeing the correct pairing of members of these two groups at the G-interface.
6.3 Switch II Interaction at Physiological G-Interfaces
The crystal structures of homodimers and heterodimers have made it possible to demonstrate that the complete ordering of switch II is related to the formation of physiological G-interfaces (Zent et al., 2011; Zeraik et al., 2014; Brognara et al., 2019; Castro et al., 2020; Rosa et al., 2020). The structure which results from the pairing of the two switch II regions is shown in Figure 4. In general, this pairing does not arise at promiscuous G-interfaces, which frequently appear in crystal structures of isolated G-domains of a single septin (Supplementary Figure S3).
By comparing the GTP- and GDP-bound forms of the Schistosoma septin, SmSEPT10, a mechanism, controlled by nucleotide hydrolysis, was described for β-strand slippage (Zeraik et al., 2014). When bound to GTP, the β3-strand is in the “non-slipped” state and switch II is partially ordered (forming the type II β-turns described in Section 5.1.2). However, in the GDP-bound state, β3 is slipped towards the G-interface by two residues causing a dramatic rearrangement of the hydrogen bonding within the sheet. As a consequence of slippage, switch II becomes disordered and the G-interface is partially destroyed (Figure 8A). This phenomenon was also described for SEPT2 (Valadares et al., 2017) and, in both septins, the homotypic G-interfaces are promiscuous (i.e., not predicted by the canonical model shown in Figure 1B). β-strand slippage was initially proposed as a mechanism for transmitting information from the G-interface to the NC-interface, forcing the α0 helix to change conformation (see Section 9 and Section 10.1) (Valadares et al., 2017).
[image: Figure 8]FIGURE 8 | Switch II diversity at the G-interface. (A) β-slippage of the β3-strand in SmSEPT10 and SEPT2. After GTP hydrolysis, the β3-strand slides in the direction of the G-interface, which prevents the formation of the correct contacts between the two copies of switch II (the β-bridge). PDB:4KVA (left; GTP, cyan), PDB:4KV9 (left; GDP, orange), PDB:3FTQ (right; GMPPNP, cyan), PDB:2QNR (right; GDP, orange). (B) The β-bridge (characterized by the hydrogen bonds shown as black dashed lines) in homotypic and heterotypic G-interfaces. Asx(Sw2) residues, conserved in septins, are paired across the interface. In SEPT7, this position is an aspartic acid (formal charge displayed). An asparagine residue, Asn(Sw2), conserved in the SEPT3 and SEPT7 groups, forms hydrogen bonds (yellow dashed lines) with the main chain, helping to stabilize the β-bridge. A lysine substitutes this aspargine in the SEPT6 group and cysteines appear in this position in SEPT1 and SEPT2, suggesting a new mechanism to stabilize the β-bridge in these cases. SEPT3, PDB:4Z54; SEPT7, PDB: 6N0B; SEPT2-11, PDB:6UPQ.
The accumulation of many high-resolution structures for known physiological G-interfaces, including SEPT2-SEPT6/8/11, SEPT7-SEPT3T282Y and SEPT7 alone (Brognara et al., 2019; Rosa et al., 2020), has forced this idea to be revised. In all these cases (as well as the homotypic interfaces formed by SEPT3-group members) the two switches are very well ordered (Supplementary Figure S3), forming a conserved wide-type β-bridge (Figure 4, Figure 8B) and the β3-strand remains unslipped. The available data suggests that the presence of the β-bridge is a consistent and necessary feature of a physiological G-interface and that slippage only occurs at promiscuous interfaces. Indeed, it has been suggested that slippage may be the result of “negative design” during evolution to disfavour promiscuous interfaces from forming in vivo (Brognara et al., 2019). In this sense, it is interesting that the SEPT3 group also presents a well ordered β-bridge and may be indicative of alternative subunit arrangements including homopolymers (Nakos et al., 2019b). On the other hand, the absence of β-strand slippage in septins of the SEPT3 group may instead be an artefact related to the presence of Mg2+ in the structure bound to GDP, which may aid in holding the strand in the non-slipped position (Castro et al., 2020).
The intermolecular β-bridge is stabilized by main chain hydrogen bonds, which place asparagine or aspartic acid residues (Asx(Sw2)) paired across the interface (Figure 8B). The main chain torsion angles observed for Asx(Sw2) are unusual and rarely adopted by other amino acids (Hovmöller et al., 2002), which suggests the β-bridge to be a unique structural motif in septins, differentiating them from other small GTPases. β-turns before and after the β-bridge aid in its correct orientation (Brognara et al., 2019; Rosa et al., 2020). SEPT3 and SEPT7 have an asparagine (Asn(Sw2)) immediately after Asx(Sw2), whose side chain forms hydrogen bonds in the homo- (SEPT3-3, SEPT7-7) and heterodimers (SEPT3-7), further stabilizing the structure (Figure 8B). Heterodimers of SEPT2 with SEPT6/8/11, on the other hand, present a cysteine (partially conserved for the SEPT2 group) or a lysine (conserved in the SEPT6 group) at this position (Figure 8B). This consequently eliminates the interactions made by the asparagines and suggests an alternative mechanism for stabilizing the structure in these cases. Rosa et al. (2020) have speculated that the side chains of the lysine and the cysteine, which face one another under the β-bridge, could potentially form a rare Lys-Cys covalent bond described for the first time only recently (Ruszkowski and Dauter, 2016; Wang, 2019; Wensien et al., 2021). Further investigation of such a bond forming in vivo and its potential relevance in stabilizing septin core particles is clearly necessary. Particularly interesting is the fact that the cysteine residue is not conserved in all human SEPT2-group members (only in SEPT2 itself and SEPT1) and this may provide a means to fine-tune inter-subunit affinities even within the paradigm imposed by Kinoshita’s rule.
7 THE N-TERMINAL DOMAINS
7.1 The Septin N-Terminal Domain and its Modular Features
The septin N-terminal domain is the least studied in terms of structure and the most variable region amongst all septins. This domain contains a structured α-helix (α0, preceding the G-domain), which often contains a polybasic basic region (PB1) believed to be crucial for membrane interaction (Zhang et al., 1999). However, the greater part of the septin N-domain, upstream to this helix, is intrinsically unstructured (Garcia et al., 2006). Some septins with long N-terminal prolongations (such as human SEPT4 and SEPT9) can be expressed as numerous alternatively spliced isoforms, giving rise to multiple possibilities and functional variation in the different tissues where they are present. Amongst mammalian septins, for example, SEPT9 possesses more than 30 different isoforms (Connolly et al., 2014; Zuvanov et al., 2019), and many functions have been shown to be isoform-specific (Estey et al., 2010; Connolly et al., 2011; Kim et al., 2011).
A description of the N-domain can be made with reference to the characteristics of the conserved regions observed in mammalian septin sequences and highlighted in the alignment given in Figure 9A. Conveniently, this can be divided into two modules. Firstly, the unstructured (variable) region (IDR), including the prolongations observed for some SEPT4 and SEPT9 isoforms, whose long N-termini may have analogues in other species (Cdc3 in yeast or Pnut in Drosophila), along with some modulatory motifs within the downstream proline-rich region. Secondly, the structured (conserved) region consists of two components: 1) a domain-swapped loop (the “hook-loop”) important for NC-interface stabilization and 2) the α0 helix including PB1, the most conserved, structured and functionally characterized region of the N-domain.
[image: Figure 9]FIGURE 9 | Human septin N-domains and their structured regions. (A) Alignment of all human N-terminal sequences showing the unstructured region (variable region or intrinsically disordered region, IDR) and the structured region (conserved region). This alignment also highlights the conserved residues within a septin group (also known as characteristic residues, in their respective colors) as well as proline residues (in orange). (B) Domain-swapped “hook-loop” highlighting the unstructured proline region (orange) and the hook-loop (purple) (PDB:7M6J). (C) Elements of SEPT7 (in greyscale) which accommodate the hook-loop of SEPT6 into a cleft. Residues with small side chains from the “hook-loop” are important for these interactions. (D) Helix α0 and its orientations within available septin structures (SEPT3 in green, PDB:4Z54; SEPT6 in blue-SEPT7 in yellow, PDB:7M6J; SEPT2 in red, PDB:2QA5). Also highlighted, as sticks, are residues which are essential for the NC-interface and/or the conformation of α0 (Phe(HL), Phe(α0) and Pro(α0); indicated in only one chain for clarity). These phenylalanines act as anchors and are conserved in SEPT2, SEPT6 and SEPT7 groups but are mutated to isoleucines in the SEPT3 group which may be related to additional α0 mobility in the latter.
7.2 The Extended SEPT9/SEPT4 N-Domains: Specificity for Protein-Protein Interactions
The N-domains observed in the longest isoforms of SEPT9 and SEPT4 possess specific motifs attributed to interacting with cytoskeletal proteins such as actin and microtubules (Bai et al., 2013; Smith et al., 2015; Verdier-Pinard et al., 2017). In particular, attempts have been made to divide the long domain found in SEPT9 into two distinct regions based on amino acid content. The first half is a basic domain containing a cytoskeletal binding region (CBR) involved in cytoskeletal protein recognition. The second half is more acidic and includes a proline-rich motif together with the structured (conserved) region (Supplementary Figure S4). The prolongations observed in these septins have also been shown to directly mediate interactions with proteins associated with other functions, such as vesicle trafficing (dynactin) (Kesisova et al., 2021) and signalling pathways (CIF15, SA-RhoGEF) (Nagata and Inagaki, 2005; Diesenberg et al., 2015). For a more detailed review on interactions involving the N-domain see Spiliotis and Nakos (2021).
7.3 Proline-Rich Motifs: Tuning Interactions and Functions
The proline-rich region, which follows the basic CBR, has also been credited with binding to different protein partners, thereby modulating protein interactions and functions. Some septin isoforms lacking the CBR present enhanced affinity towards signaling factors containing SH3 domains known to recognize proline-rich motifs. Many modulatory motifs and PTM sites have also been described within this region (such as acetylation, phosphorylation and SUMOylation motifs) (Van Damme et al., 2012; Zhou et al., 2013; Ribet et al., 2017). These modules could act as switches controlling and altering the effects of their flanking regions such as the CBR itself.
Shorter isoforms lacking the unstructured region were also shown to lose interaction specificities, and to increase binding to non-canonical paralogs and/or promiscuous partners, thereby, expanding their ordinary interactome (Devlin et al., 2021). It has been suggested that the presence of these proline-rich motifs (together with charged residues) (Supplementary Figure S4) might fine-tune NC-interface interactions and further restrict abnormal contacts and unusual filament assembly (Kim et al., 2012; Weems and McMurray, 2017; Jiao et al., 2020; Soroor et al., 2021).
7.4 Structured Regions Within the N-Domain
7.4.1 The Domain-Swapped “Hook-Loop”
At the start of the structured region, there is a largely conserved motif (V/IGF/I), part of the “hook-loop” (HL, for short), connecting the unstructured proline-rich motif to the α0 helix. The hook-loop participates in domain-swapping, where it is buried in a groove formed by its NC-interface partner (Figure 9B). This cleft lies under the central β-sheet (β1, β2, β3) and is flanked by part of α1 and by one side of the C-terminal region of α5′ (Sirajuddin et al., 2007; Sirajuddin et al., 2009; Mendonça et al., 2021), stabilizing the interaction between NC partners (Figure 9C). Of particular note is the final hydrophobic residue of the motif, Phe(HL). In known structures, this phenylalanine, prior to α0, is buried in a hydrophobic pocket which aids in anchoring the helix within the NC-interface (Figure 9D; Sirajuddin et al., 2007). The preceding conserved glycine (Gly(HL)) may be necessary to give sufficient flexibility to allow the phenylalanine to uncouple from the pocket and release α0 from the interface when it closes (see Section 9 and Section 10.1). It seems likely that this motif emerged early in evolutionary history, since it is conserved to some extent even in paraseptins and probably existed in their common ancestor. However, in paraseptins, the motif is not used to accomplish domain swapping (Sun et al., 2002; Koenig et al., 2008).
7.4.2 Alpha Zero and Polybasic Region 1
The α0 helix is sometimes considered to be part of the G-domain but here we include it in the N-domain, as both the helix itself and the G-domain lacking it, are able to fold independently. The α0 helix is an integral part of the NC-interface (see Section 9), where its structure has been best defined in the recent cryo-EM study of the SEPT2/6/7 hexamer (PDB:7M6J). The PB1 of α0, a stretch of seven residues, can be divided into two basic elements: proximal and distal. Four basic residues comprise PB1 in the SEPT2, SEPT3 and SEPT7 groups, but only one in the SEPT6 group, which therefore lacks a genuine polybasic region. In the SEPT2 and SEPT7 groups the four basic residues are divided equally between the proximal and distal regions and are distributed in an asymmetric fashion around the helix such that they are buried within the NC-interface, interacting with different components of the neighboring subunit (Mendonça et al., 2021). Furthermore, truncations within this region revealed its essential role not only for correct heterocomplex assembly and polymerization events but also for PIP selection during membrane association (Zhang et al., 1999; Casamayor and Snyder, 2003; Omrane et al., 2019; Taveneau et al., 2020).
The hook-loop, the α0 helix and the PB1 motif of the SEPT3 group present some unique properties when compared with their paralogues. The anchor Phe(HL) is replaced by an isoleucine, there is no proline in the first helical turn of α0 (Figure 9D) and the distribution of basic residues about the α0 helix is different from SEPT2 and SEPT7. These variations suggest that the N-terminal region of the SEPT3 group members may behave differently to other septins (see Section 9.3 and Section 10).
8 THE C-TERMINAL DOMAINS
The C-terminal domains of septins have long been associated with filament bundling. Models have been suggested in which these domains may form cross-bridges between neighboring filaments leading to higher-order complexes. It is often assumed that the coiled-coil regions within the domain have a major role in this process. However, it is only very recently that detailed structural information has become available for these domains and this is beginning to shed light on the organization of filaments and bundles.
8.1 Components Within the C-Terminal Domains
Coiled-coil (CC) sequences are found in the C-terminal domain of most septins, with some exceptions (e.g., members of the human SEPT3 group and the yeast septin Cdc10). In humans, the length of the coiled coils varies among the different groups: in the SEPT2 group, it comprises around 30 residues, whilst in the SEPT6 and SEPT7 groups, it is approximately twice as long (Figure 10A; Leonardo et al., 2021). In yeast, there is a lack of direct structural information available and the output from prediction tools together with the information/assumptions adopted by different authors (Versele et al., 2004; Barth et al., 2008; Meseroll et al., 2013; Finnigan et al., 2015; Mela and Momany, 2019; Taveneau et al., 2020) means that it is unclear whether yeast septins share similar coiled-coil lengths or not (Supplementary Figure S5).
[image: Figure 10]FIGURE 10 | The C-domain and the septin coiled coils. (A) C-domain elements in SEPT2- (red), SEPT6- (blue) and SEPT7-group members (yellow) as reported by Leonardo et al. (Leonardo et al., 2021). The following Uniprot entries were used for residue numbering: SEPT1, Q8WYJ6; SEPT2, Q15019; SEPT4, O43236; SEPT5, Q99719; SEPT6, Q14141-2; SEPT7, Q16181; SEPT8, Q92599-2; SEPT11, Q9NVA2; SEPT14, Q6ZU15. (B) CC heptad motifs in members of human SEPT2 (left) and SEPT6 group (right) represented using a residue frequency sequence logo. Identified core positions are highlighted in boxes and register assignment is shown as seen in the X-ray structures. General helical wheel schemes for (C) parallel and (D) antiparallel human septin coiled coils, showing the different chemical composition of residues in the core (a and d positions). The dot (●) or cross (×) inside the circles represent the helix direction, outward- and inward-pointing, respectively. (E) The parallel septin coiled coil of SEPT5 from the SEPT2 group (PDB:6WCU) showing mainly hydrophobic a and d side chain residues as sticks. (F) The antiparallel septin coiled coil of SEPT4 from the SEPT2 group (PDB:6WB3) showing the two sides of the interface (d-side, left; a-side, right) and the chain of hydrogen bonds seen on the hydrophilic side. (G) Antiparallel septin coiled coil of SEPT6 (PDB:6WBP) showing the two sides of the interface (as in panel (F), but including the aromatic residue of the stutter, in both views) and the chain of favorable salt bridges seen on the hydrophilic a side. The stutter region is highlighted in grey. Throughout the figure, magenta and green colors represent hydrophobic and hydrophilic residues, respectively.
Apart from the coiled coil itself, there are potentially two flanking regions in the C-domain: CN, the region between the final helix of the G-domain (α6) and the coiled coil, and CC, the region subsequent to the coiled coil (Figure 10A). The CN region is highly variable and believed to be quite flexible. It appears to act as a hinge, allowing the coiled coil to move with respect to the G-domain (Sirajuddin et al., 2007; Mendonça et al., 2021). This region in Shs1 (more specifically residues 350–445, Supplementary Figure S5) has been implicated in stabilizing octamers (Taveneau et al., 2020). Similarly, the region flanking the C-terminus of the coiled-coil (CC) is believed to be mostly unstructured. In the SEPT6 and SEPT7 groups, at the very end of the C-terminal domain, a polybasic sequence is present (K/RK/RDKxK/RKN/K and EKNKKKGK, respectively). This motif, together with other polybasic domains in septins (PB1 and PB2), could assist in membrane interaction. Although still under debate, some studies indicate that specific C-domains (or parts of them) do indeed have a role in membrane association (Zeraik et al., 2016; Cannon et al., 2019; Jiao et al., 2020; Woods et al., 2021).
8.2 The Coiled-Coil Motif in General
Coiled coils are present in a wide variety of proteins and can be described as super-helical assemblies of two or more α-helices coiled together (Lupas and Bassler, 2017; Woolfson, 2017). One of the main roles of coiled coils is to promote protein oligomerization. The hallmark of dimeric coiled-coil sequences is the presence of heptads, repetitions of seven amino acid residues dubbed a-b-c-d-e-f-g. Positions a and d are occupied mostly by hydrophobic residues, frequently leucine or isoleucine. These two positions form the hydrophobic core at the interface of the coiled coil and they interact with neighboring residues by “knobs-into-holes” contacts (Crick, 1953). In parallel dimeric coiled coils, the core interactions are a-a and d-d, creating mixed strips including both a and d side chains on both sides of the coiled-coil interface (Figure 10C and Supplementary Figure S6A). In antiparallel dimeric coiled coils, however, the contacts are a-d (i.e., an a residue from one helix paired with a d residue from the other). This places all side chains from the a residues on one side of the coiled-coil interface (and therefore the side chains from d residues on the other) (Figure 10D and Supplementary Figure S6B).
Other positions (b, c, e, f, g) are more exposed and are usually occupied by hydrophilic residues. Since two turns of a standard helix do not exactly match the heptad length, the helices pack into a left-handed super-coiled structure. However, insertion of non-canonical repeats with lengths other than seven may modify the packing angle between the helices (Brown et al., 1996; Gruber and Lupas, 2003). An insertion of four residues (called a stutter), for example, creates a block of 11 residues (7 + 4) and leads to the unwinding of the left-handed supercoil (Brown et al., 1996; Gruber and Lupas, 2003).
8.3 Coiled Coils in Septins
Not visible in the structures of human septin oligomers due to the flexibility of CN (Sirajuddin et al., 2007; Mendonça et al., 2021), the C-domains are expected to participate in two different types of coiled coil along the filament: the SEPT2 homodimer and the SEPT6-SEPT7 heterodimer (in yeast, the Cdc11 homodimer and the Cdc12-Cdc3 heterodimer, Figure 1B), both at NC-interfaces. Given the directions of the final helices (α6) of the respective G-domains, and how they project perpendicular to the main filament axis, septin coiled coils were inferred to be parallel. FRET experiments show that the C-domains of SEPT6 and SEPT7 do indeed form heterodimeric parallel coiled coils (Low and Macara, 2006), even though they are capable of also assembling into homodimers (Almeida Marques et al., 2012; Sala et al., 2016). Circular dichroism data showed that the heterodimer is more stable than the homodimers (Almeida Marques et al., 2012; Sala et al., 2016), presumably due to unfavorable like-charge repulsion at a positions in the latter (Sala et al., 2016). No detailed structural evidence is currently available for the heterodimeric coiled coil, but it is expected that it would aid in guiding the correct assembly of the core particles (Almeida Marques et al., 2012; Meseroll et al., 2013; Sala et al., 2016). Concerning the C-terminal domain of SEPT2, it has been shown that its cleavage by Zika virus NS2B-NS3 protease is associated with mitotic defects in neural progenitor cells (Li et al., 2019), emphasizing the importance of the domain presumably in correct filament assembly.
Recently, the first structures of septin coiled coils were solved by X-ray diffraction. These were five homodimeric coiled coils of human SEPT1, SEPT4, SEPT5 (from the SEPT2 group), and SEPT6 and SEPT8 (from the SEPT6 group) (Leonardo et al., 2021). In the SEPT2-group structures, while SEPT5CC is a conventional parallel coiled coil with hydrophobic residues in a and d (Figures 10C,E), SEPT1CC and SEPT4CC (Figure 10F) are antiparallel (Figure 10D) and use a different contact interface which only partially overlaps with that observed for SEPT5CC. It has been suggested that this implies that the sequences are orientationally ambiguous (Leonardo et al., 2021). The residues which are common to the interface in both arrangements are shown by an arrow in Figure 10B and a similar pattern appears to be present in yeast septins. Additionally, the residues in a, which occupy e positions in the parallel form, are all hydrophilic (Figure 10B, note that the sequence register must be altered in order to preserve the standard definitions for the heptad positions). These establish hydrophilic contacts down the a-side of the interface, forming a chain of hydrogen bonds which interleaves acidic residues with glutamines thereby avoiding like-charge repulsion (Figure 10F) (Leonardo et al., 2021).
The two coiled-coil structures of the SEPT6 group (SEPT6, Figure 10G, and SEPT8) are also antiparallel. Both structures are very similar and, essentially, the same region forms the coiled coil, which confirms the intrinsic disorder of the flanking CN and CC regions since, for the SEPT8 construct, the entire C-domain was crystallized (Leonardo et al., 2021). Here, a positions are populated by lysines and glutamates. Since these residues form a strip down the a-side of the interface, this results in a chain of potential inter-helical salt bridges which would stabilize the dimer (Figure 10G). One particularity of these two structures (compared to the antiparallel structures of SEPT1CC and SEPT4CC) is the presence of a conserved stutter in the sequences of all SEPT6-group members (FE/DxL↓KxxH/Q, where the arrow indicates the break in the heptad register). The stutter decreases the supercoiling, leading to a structure in which the helices effectively lie side-by-side. This lack of supercoiling effectively maintains the side chains of equivalent register positions (a or d) on the same side of the interface along the entire length of the coiled coil (Figure 10G).
It has been suggested that the two orientations for the coiled coils could be metastable structures (Leonardo et al., 2021) and modulated by the chemical microenvironment in which the coiled coil is embedded. NMR studies with coiled-coil peptides from the SEPT2 group in aqueous solution show that they have a tendency to be parallel with a conventional hydrophobic interface (Leonardo et al., 2021). On the other hand, when antiparallel, the septin coiled coil buries hydrophilic residues inside the interface. This would only be expected to happen in an environment of low dielectric constant where solvent has been largely excluded, similar to that found inside crystals.
8.4 Coiled Coils and Filament Pairing/Bundling
Although apparently important for the stabilization of the NC-interface in the parallel orientation, the C-domains are not required for polymerization (Sirajuddin et al., 2007; Szuba et al., 2021), indicative of an additional role. They have also been associated with the formation of paired filaments, gauzes and stacked filament structures (Bertin et al., 2008; Bertin et al., 2010; Jiao et al., 2020; Szuba et al., 2021). Two kinds of spacing between filaments have been reported in vitro both in yeast and in mammalian septins: tight (∼5 nm) (Bertin et al., 2010; Jiao et al., 2020; Leonardo et al., 2021; Szuba et al., 2021) and loose (15–20 nm) (Frazier et al., 1998; Versele et al., 2004; Bertin et al., 2008, 2010; Leonardo et al., 2021). The former resembles the lengths of the coiled coils of the SEPT2-group members (4–5 nm). The wider spacing is compatible with the coiled coils of the SEPT6-and SEPT7-group members (8–11 nm) when taking into account contributions from unstructured parts of the C-domain (CN and CC) (Leonardo et al., 2021). The former has also been proposed to arise from lateral contacts between G-domains (Szuba et al., 2021). However, in yeast, deleting the C-domain of Cdc11 or Cdc3/Cdc12 eliminated tighly- and loosely-paired filaments, respectively, supporting the involvement of specific C-domains in maintaining each type of spacing (Bertin et al., 2010).
A recent model attempts to relate the structural data on the predominantly antiparallel coiled coils to their potential role in mediating filament cross-bridging (Figures 11A,B; Leonardo et al., 2021). Previously, based on experiments with yeast septins, the formation of four-helix-bundles interconnecting filaments had been proposed (Bertin et al., 2008). However, evidence for tetrameric coiled coils has not been forthcoming (Almeida Marques et al., 2012; Leonardo et al., 2021). Additionally, the use of equimolar mixtures of the coiled-coil peptides from SEPT6 and SEPT7 in crystallization assays—expecting the crystallization of the heterodimer—yielded only antiparallel SEPT6 homodimers (Leonardo et al., 2021). The model shown in Figure 11 is a proposal for how both tight and loose spacings could arise by simple antiparallel pairings, which does not require the appearance of four-helix bundles. Although the details remain unknown, it is likely that the hydrophilic face (a positions) of these coiled coils would have to be solvent-protected to be stable, for instance by facing the membrane, where the dielectric constant is known to be lower (Figure 11C).
[image: Figure 11]FIGURE 11 | Model for how antiparallel coiled coils could mediate septin filament interconnections (Leonardo et al., 2021). The G- and the C-domains are represented as spheres and rods, respectively. (A) Loosely-paired filaments (or a “railroad-track”) separated by 15–20 nm are likely to be connected by antiparallel homodimers formed by the coiled coils of SEPT6 and SEPT7. (B) Tightly-paired sheets of filaments interconnected by antiparallel homodimers of SEPT2 coiled coils. (C) Solvent-protection of the hydrophilic side of the interface (a positions, green) in the antiparallel coiled coils. By facing the membrane, where the dielectric constant is lower than in bulk solvent, the formation of polar interactions is favored (black dashes).
9 THE NC-INTERFACES
The polymerization of septin core particles in accordance with the canonical model generates either two or three chemically distinct NC-interfaces (Figure 1B). The SEPT6-SEPT7 NC-interface is common to both oligomers and has been most fully characterized in the cryo-EM structure of the SEPT2/6/7 complex (PDB:7M6J; Mendonça et al., 2021). The SEPT2-SEPT2 NC-interface is also common to both hexamers and octamers and is responsible for end-to-end polymerization. The SEPT3-SEPT3 NC-interface, unique to octamers, varies in terms of inter-subunit contacts and has been only partially described due to the lack of the α0 helix in most crystallized constructs.
9.1 SEPT6-SEPT7
Although the NC-interface between SEPT6-7 was originally reported in the crystal structure deposited in 2007 (PDB:2QAG; Sirajuddin et al., 2007), the low resolution of the data at the time precluded its full description. The cryo-EM structure (PDB:7M6J; Mendonça et al., 2021), taken together with high-resolution crystal structures of its components, reveals that the NC-interface can be divided into two regions: the upper part, where salt bridges are formed by residues from the α6 helix and the loop following α2, and the lower part, formed mainly by contacts made by helix α0. The two regions are connected by one face of helix α6 (Figure 12). The upper part of the interface has been extensively described previously (Valadares et al., 2017; Castro et al., 2020). It involves inter-subunit electrostatic interactions made between, Glu(α2) and Arg(PB2), Glu(α6) and Arg(PB2) and Arg(α6) with the helical dipole of helix α2, according to our simplified nomenclature (Figure 12; Sirajuddin et al., 2007; Macedo et al., 2013; Valadares et al., 2017).
[image: Figure 12]FIGURE 12 | The NC-interface and its cavity (PDB:7M6J, chains D and E). SEPT6 and SEPT7 are coloured in blue and yellow, respectively. The pseudo symmetry diad is displayed (dashed arrow). The NC-interface has an upper part (indicated by residues around the C-terminus of helices α2) and the lower part (α0). In the upper part, four residues conserved in most septins are indicated on both subunits: Glu(α2), Arg(PB2), Glu(α6) and Arg(α6). The inter-subunit electrostatic interactions are made between Glu(α2) and Arg(PB2), Glu(α6) and Arg(PB2) and Arg(α6) with the helical dipole of helix α2.
Helix α0 of SEPT7 contains a genuine polybasic region (PB1), composed of seven residues, including four positive charges. The same region in SEPT6 contains only one (Figure 9A). In SEPT7, PB1 can conveniently be divided into a proximal region and a distal region, each containing two basic residues. Both regions form contacts with SEPT6 across the interface; the proximal region with helices α5 and α6 (including the elbow which connects them) and the distal region with the PAR.
One feature revealed by the cryo-EM structure is a large cavity at the SEPT6-7 NC-interface (Figure 12), whose perimeter is defined by the upper and lower contact regions together with α6. The bottom of the cavity is limited by a platform formed by the two α0 helices, held in place by the interactions described above, together with a phenylalanine anchor (Phe(α0)) at the boundary between α0 and the G-domain. It is interesting to note that the α0 helix is therefore anchored by two well-conserved phenylalanines at either end; Phe(HL) from the hook-loop (Section 7.4.1) and Phe(α0) at the interface with the G-domain. The cavity has no known function but is necessary for the monomers to be able to slide with respect to one another, although it is still unknown if this shifting is a general phenomenon which applies to all NC-interfaces or if it is restricted to the SEPT3 group alone (see Section 9.3 and Section 10.3). Other possible roles for the cavity cannot be eliminated, for example, in lipid binding during membrane association.
9.2 SEPT2-SEPT2
The homotypic SEPT2-SEPT2 NC-interface was partially described by the 3.4 Å structure of SEPT2 lacking the C-domain, reported in 2007 (PDB:2QA5; Sirajuddin et al., 2007). It is the main determinant of septin filament polymerization and its exposure at the ends of the oligomers permits the formation of filaments including a mixture of octameric and hexameric core particles. In this crystal structure, the upper part of the interface is similar to that described above. Indeed, the network of salt bridges involving charged residues from the α6 helix and the loop following α2 is a general feature of homologues in general, suggesting this to be a constant feature of all NC-interfaces.
In order to better understand the totality of the interface, we generated a SEPT2α0 model based on the highest resolution structure available (PDB:6UPQ) to which the α0 helix from PDB:2QA5 had been grafted. The SEPT2α0 NC-interface is in the open conformation in this model with α0 buried, as described for the case of SEPT6-7.
Like SEPT7, SEPT2 possesses a genuine PB1 with four positively charged residues divided into proximal and distal parts. Based on these observations, it has been suggested that similar interactions to those described for SEPT6-7 would be expected to participate across the interface (Mendonça et al., 2021). It appears clear from the model that interactions between PB1 and the PAR are to be anticipated. However, the SEPT2 NC-interface is now known to be the weakest link along the filament (at least in terms of its susceptibility to salt concentration) and molecular simulations appear to justify its fragility (Mendonça et al., 2019). In contrast, in terms of contact area and estimated free energy, the SEPT6-7 NC-interface (PDB: 7M6J) is estimated by PISA (Krissinel and Henrick, 2007) to be more stable than the SEPT2-2 NC-interface (2,149.8 Å2 and -16.6 kcal/mol, respectively, compared to 1,636.3 Å2 and −6.5 kcal/mol). Taken together, it is therefore possible to rationalize the rupture of filaments preferentially at homotypic SEPT2 interfaces at high ionic strength.
9.3 SEPT3-SEPT3
In all crystal structures presenting an NC-interface, the same canonical “open” conformation is observed, except for the SEPT3 group (Sirajuddin et al., 2007; Macedo et al., 2013; Castro et al., 2020). In these, the homotypic NC-interface is physiological and occupies the center of the octamer (Mendonça et al., 2019; Soroor et al., 2021). Its plasticity results in at least three different conformations: open, closed, and shifted (Macedo et al., 2013; Castro et al., 2020). The crystal structures of the SEPT3 G-domain (PDB:4Z51 and PDB:4Z54) complexed to either nucleotide are found to be in the closed form. For the G-domain of SEPT12 (PDB:6MQ9 and PDB:6MQK), both types of interface (open and closed) are found within the same filament, independent of the nucleotide, and the closed interface presents a displacement that breaks the twofold symmetry (the “shifted” conformation). In the case of SEPT9 (PDB:5CYP and PDB:5CYO), the conformation depends on the bound nucleotide, being open when bound to GDP and closed when bound to GTPγS (Macedo et al., 2013; Castro et al., 2020).
Since the closed conformation has thus far only been observed for SEPT3/9/12, it is tempting to believe that this is a unique property of the group. As mentioned above (Section 7.4), the N-terminal region in these septins presents some unique properties, including the charge distribution along α0 and the absence of one of the anchoring phenylalanines (Phe(HL)). These features could facilitate its exit from the cavity, allowing for the closure of the NC-interface, which would otherwise be impossible due to steric hindrance.
10 DOMAIN MOVEMENTS WITHIN A FILAMENT AND INSIGHTS INTO MEMBRANE INTERACTION
10.1 Squeezing of the Central NC-Interface
The canonical open conformation of the NC-interface is characterized by a ∼20 Å separation between the two α6 helices, which is reduced to approximately 12 Å in the SEPT3 group when the interface closes. This conformational change results from a rearrangement of the salt bridges at the upper part of the interface (Macedo et al., 2013; Castro et al., 2020). With the closure of the interface, the PB2 region, which follow α2, wraps around α6 of its neighbor and approaches the polyacidic region (PAR). Specifically, Arg(PB2) dips down into the interface forming a new salt bridge with a glutamic acid from the PAR (Macedo et al., 2013; Castro et al., 2020). In this new conformation, Glu(α2) interacts directly with Arg(α6), which no longer interacts with the α2 helix dipole (Macedo et al., 2013; Castro et al., 2020). As a consequence, the α6 helices approach one another while the α2 helices move apart.
With the closure of the interface, the α0 helix is displaced out of the NC-interface, thereby gaining conformational freedom (Castro et al., 2020). This is not only suggested by the steric hindrance, which would result if α0 were to remain within the interface but has actually been observed experimentally in one of the crystal structures of SEPT3 (PDB:4Z54). Different to when hidden within the interface, where its positive charges are inward-pointing and occupied in stabilizing the interface itself, once liberated, PB1 would be free to interact with membranes (Zhang et al., 1999; Bertin et al., 2010).
Figure 13 schematizes the differences between the open and closed states. Under this proposal, the PAR plays two important roles: 1) harboring α0 and its PB1 when buried in the open state and 2) stabilizing the closed conformation by interacting with PB2. As such, the open conformation appears incompatible with membrane association by PB1, but rather is necessary for its safe storage when this is not required (Castro et al., 2020). This mechanism is also compatible with a role for PB2 in membrane association on interface closure. As this occurs, and PB2 wraps around helix α6 of the neighboring subunit to interact with the PAR, it becomes more exposed on the filament side where it could act in concert with PB1 in membrane association. Indeed, its role as such has already been proposed (Omrane et al., 2019) and is compatible with the sense of bending of the hexamer observed by cryo-EM (PDB:7M6J) (see Section 10.3).
[image: Figure 13]FIGURE 13 | The dual role of the PAR, the exposure of PB1 and the concertina movement at the NC-interface. (A) When the interface is open, the PAR interacts with PB1 (left) but when closed with PB2 (right). (B) The closure of the interface results in exposing α0 and its associated PB1, releasing it from its buried (inactive) state in the NC-interface and enabling it for membrane association.
In all protein structures from the SEPT3 group, the α5′ helix is oriented differently from that observed for other septins, lying roughly parallel to the filament axis. This is due to the presence of characteristic residues such as cisPro(α4-α5′/SEPT3), which result in the N-terminus of α5′ coming closer to α6 (Castro et al., 2020). This displaces the PAR upwards in a way which would favor interacting with PB2 in the closed conformation. The combined differences observed in the SEPT3 group, including those associated with α0, α5′ and the lack of a C-terminal coiled coil, may sum to give this NC-interface its apparently unique plasticity.
10.2 Communication Between Adjacent Interfaces and Information Transfer
The closed structure of the G-domain of SEPT9 (PDB:5CYP) was obtained by soaking a GDP-bound crystal (in the open conformation) with the GTP analogue, GTPγS, suggesting that the occurrence of nucleotide hydrolysis in the G-interface could result in conformational changes to the adjacent NC-interface. How might this occur now that β-strand slippage appears to have been eliminated as a potential conduit at physiological interfaces (see Section 6.3)? One possibility is helix α2, which runs from the switch II region of the G-interface at its N-terminus to the PB2 region of the NC-interface at its C-terminus. The septin specific sequence Sep2 (Pan et al., 2007) runs underneath this helix such that it is unable to pack against the central β-sheet (see Section 5.1.3). This unusual arrangement (Chothia et al., 1981) may free up α2 and allow it to move with respect to the rest of the structure, potentially as a rigid body or rod. As such, the conformational changes which occur to switch II on GTP hydrolysis could be more readily transmitted via α2 to the neighboring NC-interface. Although speculative, this mechanism would provide a functional role for the Sep2 motif, justifying its strict conservation in septins during evolution (Pan et al., 2007).
Nothing is known about the mechanism of information transfer itself. However, a specific aromatic residue of the switch II region, Aro(Sw2), appears to be a potential candidate. The SEPT3 septins bound to non-hydrolyzable GTP analogues currently represent the best model available for the pre-hydrolysis state. In all such structures, this aromatic residue lies such that the plane of the aromatic ring is parallel to the surface of helix α2. However, structures in the presence of GDP suggest that nucleotide hydrolysis perturbs the switch II region, causing Aro(Sw2) to assume an alternative conformation in which the ring lies approximately perpendicular to the helix surface (Supplementary Figure S7; Rosa et al., 2020). The change to the Aro(Sw2) rotamer appears to be directly coupled to a second aromatic residue, Phe(α3), on the inner surface of helix α3. This aromatic cluster rearrangement lifts α2 further from the underlying β-sheet, potentially giving it the necessary freedom to move and thus perturb the neighbouring NC-interface towards which it is slightly shifted (Supplementary Figure S7). The notion that this aromatic cluster could be essential for communication gains support from the fact that Phe(α3) is lacking in the catalytically inactive septins where, by definition, such a mechanism would be inoperative anyway. It is interesting to note that the information transfer may be due to a transitory perturbation to α2 rather than a switch between two well-defined states, an idea supported by the fact that the shifts described above are rather subtle. Clearly, more work is necessary on this point.
10.3 Transverse Modes of Filament Flexibility
The concertina movement due to opening and closing of the NC-interface of the SEPT3-group septins (Figure 14A) is not the only structural flexibility of the core particles for which there is experimental evidence. Although the flexibility of the hexamer had been noted previously (Sirajuddin et al., 2007), the study of Mendonça et al. (2021) was able to attribute this principally to movement at the central G-interface (SEPT7-SEPT7) (Figure 14B). The direction of greatest bending corresponded to flexion of the particle around the twofold axis which relates the two trimers (Figure 14B, center). Interestingly, this bending may be related to the recognition and/or interaction of the filaments with membranes. If the curvature of the oligomer were coincident with that of the membrane, it would lie laterally such that the main aperture to the cavity at the NC-interface would face the membrane. This raises intriguing possibilities, including, for example, that both PB1 and PB2 could interact simultaneously with negatively charged membrane lipids and that the cavity may play a role in this process. Obviously, the current scarcity of structural data only allows for speculation at this point and any attempt to draw a definitive conclusion would be premature.
[image: Figure 14]FIGURE 14 | Intrinsic flexibility of the filament. (A) The proposed concertina movement of the octamer due to the opening and closing of the central SEPT3-group NC-interface. In this case, the twofold symmetry is preserved. (B) Flexion of the hexamer around the twofold axis between the two copies of SEPT7 at the center (yellow) present in the cryo-EM model (PDB:7M6J). The centre figure shows a linear particle which has a strict twofold axis perpendicular to the page (black lozenge). Above and below are shown bent particles. (C) Proposed flexion of the octamer, based on variations to the central NC-interface observed in crystal structures involving SEPT3-group members. In the central figure, the twofold axis is vertical (arrow). The upper complex is based on a central closed and shifted interface (PDB:6MQK) and the lower complex on the heterodimeric structure of SEPT7-SEPT3T282Y (PDB:6UQQ).
Membrane recognition by septins can also be curvature-dependent, as has been shown for both yeast and animal septin complexes (Palander et al., 2017; Beber et al., 2019; Cannon et al., 2019; Woods et al., 2021). In vitro studies have shown that septin filaments preferentially bind to regions of curvature on the scale of microns (Bridges et al., 2016). Although the bending observed in the cryo-EM study only gives an indication of the direction of flexion and not its extent, nevertheless this would appear to be compatible with micron-scale recognition. Propagating the flexion observed at the central interface to all oligomers along a filament would easily produce ring-like structures with diameters compatible with the preferential curvatures already observed (Kinoshita et al., 2002; Tanaka-Takiguchi et al., 2009; Bridges et al., 2016; Beber et al., 2019).
Since the exposure of PB1 due to NC-interface closure is potentially a unique property of the SEPT3 group, this makes the conformational properties of the octameric particle of particular interest. At present, there are no experimental structures available for an octamer from any species. Nevertheless, the accumulation of partial structures of single septins and heterodimers, when taken together with that for the hexamer, mean that reliable models for the human octamer can be computationally generated. Figure 14C shows examples of how the variation observed at the central interface in the different crystal structures involving SEPT3-group members leads to full particles which present considerable structural diversity.
Clearly, structural studies of octameric particles with a view to determining the extent and direction of bending will be essential to understanding the physical properties of filaments. How these properties may depend on the ratio of hexamers to octamers is an intriguing question to be answered. More important still is how these relate to septin association with membranes and the cytoskeleton and thereby impact on septin function.
11 FUTURE DIRECTIONS
In a review article published in 2017 (Valadares et al., 2017) it was suggested that single-particle cryo-electron microscopy would inevitably play a significant role in the future of the structural biology of septins. With the recent publication of the first structure of a hexameric particle at 3.6 Å, it would seem that this is already coming true. Undoubtedly, in the near future, cryo-electron tomography and subtomogram averaging of in situ samples will be able to provide a more realistic view of intracellular septin localization, function and dynamics and it is exciting to look forward to the future, knowing that these technologies are both powerful and robust.
As this review is being written, free worldwide access to the AI structure predictor, AlphaFold2 (Jumper et al., 2021), is already a reality and it stands to revolutionize the way we think about structural biology and the information it carries about complex biological systems, septins included. Overnight, structures with accuracies which are likely to be close to experimental have been made available for all septins from humans, yeast, Drosophila and C. elegans. Whereas structural information has been largely restricted to human septins up until now, this will no longer be the case in the future. What is needed, more than ever, is the ability to interrogate these structures in order to glean relevant biological insight. The challenge will be to understand how septins associate, how they are regulated and modulated, how they respond to their microenvironment and how the dynamics of monomers, oligomers, filaments and bundles is associated with their interactions with membranes, the cytoskeleton and their other binding partners. Much progress has been made in understanding the structure-function relationships of septins over recent years, but there is still plenty to be done. Rather than further dissecting septin filaments into their component parts, it is now incumbent on those active in the field to integrate current and future information into a more complete picture of the complex biological systems in which septins participate.
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The septin family of proteins can assemble into filaments that further organize into different higher order structures to perform a variety of different functions in different cell types and organisms. In the budding yeast Saccharomyces cerevisiae, the septins localize to the presumptive bud site as a cortical ring prior to bud emergence, expand into an hourglass at the bud neck (cell division site) during bud growth, and finally “split” into a double ring sandwiching the cell division machinery during cytokinesis. While much work has been done to understand the functions and molecular makeups of these structures, the mechanisms underlying the transitions from one structure to another have largely remained elusive. Recent studies involving advanced imaging and in vitro reconstitution have begun to reveal the vast complexity involved in the regulation of these structural transitions, which defines the focus of discussion in this mini-review.
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INTRODUCTION
Septins are GTP-binding proteins that assemble into heteropolymers that can organize into various filament-containing structures such as rings, hourglasses, and gauzes in different cell types (Byers and Goetsch, 1976a; Kim et al., 1991; Frazier et al., 1998; Lippincott et al., 2001; Ihara et al., 2005; Kissel et al., 2005; Rodal et al., 2005; John et al., 2007; Sirajuddin et al., 2007; Tada et al., 2007; Xie et al., 2007; Bertin et al., 2008; Ong et al., 2014; Renshaw et al., 2014; Karasmanis et al., 2019; Wang et al., 2019). As such, they are considered the fourth cytoskeletal component along with microfilaments, intermediate filaments, and microtubules (Mostowy and Cossart, 2012). Septins play critical roles in cytokinesis, exocytosis, mitosis, ciliogenesis, and cell morphogenesis by acting as a cellular scaffold and/or diffusion barrier (Longtine et al., 1996; Gladfelter et al., 2001; Weirich et al., 2008; McMurray and Thorner, 2009; Oh and Bi, 2011; Mostowy and Cossart, 2012; Dolat et al., 2014). Not surprisingly, mutations in human septin genes have been linked to several diseases including male infertility, cancer, and neurodegenerative diseases (Hall and Russell, 2004; Roeseler et al., 2009; Lin et al., 2011; Dolat et al., 2014; Ageta-Ishihara and Kinoshita, 2021).
Septins are conserved in eukaryotes except higher land plants (Pan et al., 2007). In humans, there are 13 septin genes whose products can form several different combinations of heterooligomers (usually octamers) depending on the tissue type in which they are expressed (Kinoshita, 2003; Pan et al., 2007; Estey et al., 2010; Sellin et al., 2011; Mendonca et al., 2019; Soroor et al., 2021). Additionally, many septin genes, especially SEPT9, code for multiple isoform variants (Robertson et al., 2004; Hall et al., 2005; Estey et al., 2010; Connolly et al., 2011a; Connolly et al., 2011b; Sellin et al., 2012). Such a complexity in septin expression and assembly has hampered the rapid progress in the analysis of human septins. Model organisms have had a major impact on our understanding of septin biology with much of the emphasis placed on the budding yeast Saccharomyces cerevisiae. There are a total of seven septin genes in S. cerevisiae, five of which (CDC3, CDC10, CDC11, CDC12, and SHS1) are expressed in mitotically active cells (Hartwell, 1971; Byers and Goetsch, 1976b; Carroll et al., 1998; Mino et al., 1998) and the other two (SPR3 and SPR28) are expressed during meiosis (Ozsarac et al., 1995; De Virgilio et al., 1996; Fares et al., 1996). The limited number of septin genes, coupled with the ease of genetic manipulation and easily scored phenotypes associated with septin malfunction, make budding yeast an excellent model organism for studying the regulation of septin organization.
To understand how septin high order structures are regulated, the precise organization of their building blocks must be known. In S. cerevisiae, the mitotic septins oligomerize into hetero-octamers comprised of a core Cdc12-Cdc3-Cdc10-Cdc10-Cdc3-Cdc12 hexamer with either Cdc11 or Shs1 at the terminal ends (Bertin et al., 2008; Garcia et al., 2011; Khan et al., 2018). The presence of Cdc11 or Shs1 can influence what higher order structures form in vitro, with Cdc11-capped octamers more likely to form paired filaments from end-on-end Cdc11 interactions (Frazier et al., 1998; Bertin et al., 2008) and Shs1-capped octamers to laterally associate into curved bundles and rings (Garcia et al., 2011). With Cdc11 and Shs1 both expressed in mitotic cells, it is possible that the regulated combination of differentially capped octamers could produce the distinct structures in vivo, from the nascent ring at the presumptive bud site, to the hourglass at the bud neck, and finally the double ring surrounding the cytokinesis machinery during cell division (Bertin et al., 2012; Ong et al., 2014; Mcquilken et al., 2017; Weems and McMurray, 2017; Marquardt et al., 2019).
The septin architecture is dynamically remodeled at the division site during the cell cycle, and this involves the regulation by post-translational modifications (PTMs) and septin-associated proteins (SAPs) (Gladfelter et al., 2001; McMurray and Thorner, 2009; Hernández-Rodríguez and Momany, 2012; Alonso et al., 2015; Perez et al., 2016). Many yeast septins have PTMs such as phosphorylation, acetylation, and sumoylation added or removed at precise times, which may change their architectural organization [for full reviews on these modifications see (Hernández-Rodríguez and Momany, 2012; Perez et al., 2016; Marquardt et al., 2019)]. In fact, several protein kinases such as the LKB1-like Elm1 and the MARK/PAR1-related Gin4 not only depend on septins for their localization to the bud neck, but also influence the stability or functionality of the septin structures present there (Longtine et al., 1998; Bouquin et al., 2000; Mortensen et al., 2002; Asano et al., 2006). Besides the PTMs, different SAPs are also involved in the regulation of septin organization during the cell cycle. For example, Bni5 is associated with the septin hourglass before cytokinesis (Lee et al., 2002; Fang et al., 2010) and can bundle septin filaments in vitro (Patasi et al., 2015; Booth et al., 2016). The Rho guanine nucleotide-exchange factor (RhoGEF) Bud3 and the anillin-like protein Bud4 can stabilize the double ring structure during cytokinesis (Wloka et al., 2011; Eluere et al., 2012; Mcquilken et al., 2017).
In this review, we will summarize and draw conclusions from recent work that has begun to illustrate the regulation that occurs at the transition times between both the nascent ring to hourglass (Marquardt et al., 2020) and the hourglass to double ring structures (Chen et al., 2020). These different structures each have specific functions at their respective stages during the cell cycle and the precise transformations over a relatively short time ensure that these functions are ordered appropriately. While we are beginning to elucidate the pathways involved in the regulation of these structural transitions, much work remains to fully comprehend the mechanisms of septin assembly and remodeling in yeast and beyond.
TRANSFORMING THE NASCENT SEPTIN RING INTO A SEPTIN HOURGLASS
Upon starting a new cell cycle, haploid cells develop a new bud site axial to the previous division site (Chant and Pringle, 1995; Pringle et al., 1995). Through a series of feedback loops involving the Rho-like small GTPase Cdc42, its GEFs, and GTPase-activating proteins, septin recruitment, and targeted exocytosis, a nascent ring is formed at the new budding site, and the growth of the bud begins (Gladfelter et al., 2002; Caviston et al., 2003; Iwase et al., 2006; Okada et al., 2013). The septin ring then expands into an hourglass spanning the bud-neck region. This septin hourglass serves as both a scaffold for the assembly of cytokinesis machinery such as the actomyosin ring (AMR) (Bi et al., 1998; Lippincott and Li, 1998; Fang et al., 2010; Schneider et al., 2013; Finnigan et al., 2015) and numerous other protein complexes such as the morphogenesis checkpoint cascade (Barral et al., 1999; Shulewitz et al., 1999; Longtine et al., 2000; Cid et al., 2001b) and as a membrane diffusion barrier to compartmentalize the mother and bud plasma membranes (Barral et al., 2000; Luedeke et al., 2005; Shcheprova et al., 2008). As a cellular scaffold, it is not surprising that the septin hourglass is highly stable when analyzed by fluorescence recovery after photo bleaching (FRAP), which is in stark contrast to the relatively mobile nature of the nascent ring during its initial assembly process (Caviston et al., 2003; Dobbelaere et al., 2003). It remains unclear whether an altered self-assembly state of septins and/or the addition of new SAPs during hourglass expansion accounts for this increased stability.
Understanding Paired and Unpaired Septin Filament Assembly and Organization in vitro
To understand how a stable hourglass can form from a relatively dynamic septin ring (Figure 1A), one must first understand how septins are assembled into filaments, which are further organized into higher-order structures such as rings and hourglasses. Yeast septins were first seen at the bud neck as a membrane-associated structure made from filaments with a 10 nm width (Byers and Goetsch, 1976a). However, when expressed and purified in vitro from E. coli or budding yeast in the presence of high salt (>300 mM KCl or NaCl) only septin rods of the approximate length of an octamer were formed (Figure 1B, left) (Frazier et al., 1998; Bertin et al., 2008). When the ionic strength was lowered (50–75 mM salt) and with Cdc11 serving as the terminal septin subunit were filaments visualized (Frazier et al., 1998; Bertin et al., 2008), with the C-terminal extensions (CTEs) of Cdc3 and Cdc12 interacting on neighboring filaments to form the paired filaments (Figure 1B, right) (Bertin et al., 2008; Bertin et al., 2010). In contrast, the Shs1-capped septin rods associate laterally into curved bundles and rings in vitro under low salt condition (Garcia et al., 2011). While data from this study concerning the ability for Shs1-capped septin rods to assemble end-on-end into filaments is not as clear as that of Cdc11-capped septin rods, additional analysis by Förster Resonance Energy Transfer has more conclusively negated the possibility that two Shs1-capped rods can polymerize end-on-end (Booth et al., 2015). Given that the budding yeast cytoplasm has potassium and sodium concentrations of 200–300 and 20 mM, respectively (van Eunen et al., 2010; Cyert and Philpott, 2013), the ability of yeast septins to spontaneously generate filaments in the cytoplasm should be quite low.
[image: Figure 1]FIGURE 1 | Transitioning from a dynamic ring to a stable hourglass. (A) Depiction of different septin structures visualized during the yeast cell cycle. Arrows indicate transitions occurring between two structures. Dashed box indicates that the focus of this figure is on the nascent ring-to-hourglass transition that occurs during bud emergence and expansion. (B) Left, depiction of septin rod assembly in high salt (>300 mM KCl or NaCl) in vitro (Frazier et al., 1998; Bertin et al., 2008). Right, depiction of Cdc11-capped rods forming paired filaments in either low salt (<75 mM) (Bertin et al., 2008) or on the surface of PIP2-containing lipid monolayers (Bertin et al., 2010; Bridges et al., 2014); dashed box indicates zoomed in inset shown to the right. (C) Left, depiction of two Bni5 proteins (red molecules) interacting with Cdc11-CTEs found in paired septin filaments to lower the average interfilament distance to 10 nm (Finnigan et al., 2015; Booth et al., 2016). Right, depiction of Bni5 bundling septin filaments into large clusters in vitro in a dose-dependent manner (Patasi et al., 2015). (D) Representative images of WT (top) or elm1Δ (bottom) cells synchronized in G1 by α-factor arrest and released for 1.5 h to obtain small-to medium-sized buds. Left and middle panels show DIC and fluorescence imaging of Cdc3 (green), respectively; scale bars = 5 µm. Right panels show PREM images of samples with paired filaments pseudo-colored green and single filaments pseudo-colored orange; scale bars = 50 nm. Images taken from (Marquardt et al., 2020). (E) Representative images of indicated strains with Cdc10-mApple (top row) or Cdc10-mApple-GBP (bottom row) in magenta and Cdc10-GFP, which is expressed exogenously from a CEN plasmid, in green. Images are maximum projections. Yellow arrow indicates septin ring from previous cell cycle. Dotted line is cell periphery. Scale bars = 5 µm. Images taken from (Marquardt et al., 2020).
Strikingly, in the presence of lipid monolayers containing 20% phosphatidylinositol-4,5-bisphosphate (PIP2), purified Cdc11-capped septin rods could form long paired septin filaments even at higher salt concentrations (Figure 1B, right) (Bertin et al., 2010; Bridges et al., 2014). This implies that septin octamers probably exist in the cytoplasm and are assembled into paired filaments once bound to the plasma membrane at the presumptive bud site or the bud neck. This indeed appears to be the case, as it was found by fluorescence correlation spectroscopy that septins in the cytoplasm exist as complexes and not as monomers or filaments (Bridges et al., 2014). The septin complexes appear to “sense” and favor the membrane curvature found at the bud neck, as the purified septin complexes preferentially engaged with lipid-coated beads of diameters producing a similar positive curvature as that found at the bud neck (Bridges et al., 2016; Cannon et al., 2019). The organization of the septin filaments into higher-order structures may also be governed by the changes in membrane curvature during bud growth and cytokinesis, as suggested by a recent study that examined and modeled the impact of varying degrees of positive and negative curvature on septin filament assembly and organization on lipid-covered surfaces in vitro (Beber et al., 2019).
Higher-order assemblies of septins are likely regulated by PTMs as well as SAPs (Gladfelter et al., 2001; Mcmurray and Thorner, 2009; Hernández-Rodríguez and Momany, 2012; Alonso et al., 2015; Perez et al., 2016). One such SAP, Bni5, localizes to the bud neck in a septin-dependent manner (Lee et al., 2002). Bni5 appears to interact with the CTEs of the terminal subunits Cdc11 and Shs1 in vitro and in vivo (Figure 1C) (Finnigan et al., 2015; Booth et al., 2016). Recombinant Bni5 can reduce the distance between individual filaments of a paired filament and can also bundle septin filaments, thereby contributing to a higher-order organization (Figures 1B,C) (Patasi et al., 2015; Booth et al., 2016). It is possible that a combination of phospholipid composition, PTMs, and SAPs is able to bypass the need for positive curvature during the nascent septin ring formation, as there is no discernable bud neck at this point and the membrane topology at the presumptive bud site does not match the curvature preference of the septins. Taken together, the in vitro analysis of the ability of septins to interact with membranes, recognize membrane curvature, and recruit SAPs for higher-order organization will undoubtedly help understand the mechanisms for the assembly and regulation of the plethora of septin structures in vivo.
A LKB1-Like Kinase Acts as a Regulator of Septin Filament Pairing to Control Hourglass Assembly and Stabilization
Upon bud emergence or shortly after, the septins transition from a dynamic nascent ring at the presumptive bud site to a stable septin hourglass at the bud neck (Caviston et al., 2003; Dobbelaere et al., 2003). This stabilization could be caused by filament pairing as observed by thin-section EM and EM tomography (Byers and Goetsch, 1976a; Bertin et al., 2012; Bertin and Nogales, 2012) and by polarized fluorescence microscopy (Vrabioiu and Mitchison, 2006; Demay et al., 2011). These studies are not in agreement as to the orientation of the paired filaments in relation to the mother-bud axis, but are all in agreement that the hourglass seems to be made up of mainly paired filaments. This was further confirmed by our group in cell cortices visualized by platinum-replica electron microscopy (PREM) (Ong et al., 2014). The PREM data favors the orientation of radial paired filaments (about 300–400 nm in length) in an “early hourglass” being parallel to the mother-bud axis as postulated by the groups using polarized fluorescence microscopy (Vrabioiu and Mitchison, 2006; Demay et al., 2011), because the presumed same paired filaments in a “late or transitional hourglass” lie perpendicular to the visualized AMR that runs circumferentially at the bud neck (Ong et al., 2014). Despite the consensus on the paired filaments making up the septin hourglass, whether and how filament pairing is regulated in vivo has remained elusive.
We recently provided the first evidence of such regulation using genetic perturbations and PREM analyses of the septin hourglass in vivo (Marquardt et al., 2020). The protein kinase Elm1 localizes to the bud neck from bud emergence to the onset of cytokinesis in a septin dependent manner (Bouquin et al., 2000; Kang et al., 2016; Marquardt et al., 2020). This localization pattern matches perfectly with the timing of septin hourglass assembly and maintenance at the bud neck. Elm1 had already been implicated in maintaining the stability of septin structures at the bud neck (Bouquin et al., 2000; Asano et al., 2006), but the underlying mechanism had remained unknown at the time. We discovered that the septin hourglass was selectively destabilized with mostly the daughter half of the hourglass mislocalized to the growing bud cortex in elm1Δ mutants in both a kinase-dependent and -independent manner (Figure 1D, left and center panels) and that these phenotypes are at least partially mediated through Bni5 (Marquardt et al., 2020). This destabilization appears to be largely due to an increase in single septin filaments comprising the septin hourglass-like structure when visualized by PREM (Figure 1D, right panels) (Marquardt et al., 2020). This was confirmed by artificially pairing septin filaments using the GFP-nanobody/binding protein (GBP) system (Rothbauer et al., 2006; Kubala et al., 2010) and witnessing a significant rescue of the septin phenotype at the hourglass stage in elm1Δ cells (Figure 1E) (Marquardt et al., 2020). The same experiment also provided evidence that septin filament pairing and unpairing are likely regulated throughout the cell cycle, because aberrant septin structures at the old division site remained even in otherwise wild-type (WT) cells when the septins were forced to stay paired (Figure 1E, arrows) (Marquardt et al., 2020). Thus, to understand the structural transitions or architectural remodeling, one must understand the mechanisms of septin filament pairing and unpairing during the cell cycle.
TRANSFORMING THE SEPTIN HOURGLASS INTO A DOUBLE RING
At the onset of cytokinesis in S. cerevisiae, the septin hourglass undergoes a dramatic architectural remodeling by “splitting” into two separate rings (Figure 2A), which allows the AMR to access the plasma membrane and initiate its constriction (Kim et al., 1991; Cid et al., 2001a; Lippincott et al., 2001; Tamborrini et al., 2018). A similar transition occurs in the fission yeast Schizosaccharomyces pombe (Berlin et al., 2003; Tasto et al., 2003) as well as the filamentous fungus Aspergillus nidulans (Westfall and Momany, 2002). In mammalian cells (Renshaw et al., 2014; Karasmanis et al., 2019; Wang et al., 2019), septins also undergo reorganization from an hourglass-like structure during cleavage furrow ingression to a double ring during abscission. Despite the striking similarity of septin architectural remodeling at the division site across species, the molecular mechanisms underlying this process remain largely unknown in any system.
[image: Figure 2]FIGURE 2 | Transitioning from an hourglass to a double ring. (A) Depiction of different septin structures visualized during the yeast cell cycle. Arrows indicate transitions occurring between two structures. Dashed box indicates that the focus of this figure is on the hourglass-to-double ring transition that occurs at the onset of cytokinesis. (B) A model of septin architectural remodeling at the division site. (C) Bud3 (green, top) and Bud4 (green, bottom) localization in relation to the septin hourglass and double ring (magenta) at the bud neck by iSIM. Scale bars = 2 µm. Immunogold labeling PREM analysis of Bud3 (yellow, top) and Bud4 (yellow, bottom) localization in relation to the septin transitional hourglass and double ring (right panels). Scale bar = 200 nm. Paired filaments (green), single filaments (orange), and myosin-II filaments (purple). Images taken from (Chen et al., 2020). (D) PREM analysis of the transitional hourglass (left panels) with paired filaments pseudo-colored green and single filaments pseudo-colored orange; scale bars = 200 nm. Images taken from (Chen et al., 2020). Representative images of septin organization (Cdc3-GFP) at the bud neck during the HDR transition in WT (top), bud3Δ (middle), and bud4Δ (bottom) cells (right panels). Scale bars = 2 µm. Images taken from (Chen et al., 2020).
Spatially Controlled Septin Filament Disassembly and Reorganization During the Hourglass-to-Double Ring Transition
Two major events are associated with the septin hourglass-to-double ring (HDR) transition: septin filament disassembly and reorganization. FRAP analysis indicates that septins become more dynamic during the HDR transition (Caviston et al., 2003; Dobbelaere et al., 2003). This dynamic change is accompanied by the net loss of septins at the division site by 20–30%, implicating septin filament disassembly in the process (Caviston et al., 2003; Dobbelaere et al., 2003; Demay et al., 2011; Wloka et al., 2011). Analysis by polarized fluorescence microscopy suggests that paired septin filaments reorganize from a radial arrangement in the hourglass to a circumferential arrangement in the double ring, a 90° change in filament orientation (Vrabioiu and Mitchison, 2006; Demay et al., 2011). Despite these insights, the detailed architectures of the septin hourglass and double ring at the filament level and the molecular mechanisms controlling the HDR transition remained unknown.
By combining cell synchronization with PREM, we have determined the architecture of different septin assemblies at the division site during the cell cycle (Ong et al., 2014; Chen et al., 2020; Marquardt et al., 2020). The “early hourglass” from pre-anaphase cells contains exclusively paired filaments arranged radially and parallel to the mother-bud axis (Ong et al., 2014). This structure is converted into a “transitional hourglass” before cytokinesis, in which the paired filaments are connected perpendicularly by periodic circumferential single septin filaments on the membrane-proximal side (Ong et al., 2014). Strikingly, these intersecting septin filaments, which define a septin gauze, are located exclusively at the outer zones of the transitional hourglass whereas myosin-II filaments occupy the middle zone but exclusively on the cytoplasmic side of the hourglass (Figure 2B, left) (Ong et al., 2014; Chen et al., 2020). At the onset of cytokinesis and under the control of the mitotic exit network (Cid et al., 2001a; Lippincott et al., 2001; Ong et al., 2014; Tamborrini et al., 2018; Chen et al., 2020), this “zonal” transitional hourglass is remodeled into a double ring that consists of exclusively circumferential paired and single septin filaments (Figure 2B, right) (Ong et al., 2014; Chen et al., 2020). These distinct architectures revealed by PREM analysis provide a foundational blueprint for mechanistic analysis of septin high-order assembly and remodeling.
In addition to septin filament disassembly (Figure 2B, center) (Caviston et al., 2003; Dobbelaere et al., 2003; Demay et al., 2011; Wloka et al., 2011), careful analysis of septin behavior during the HDR transition by FRAP, photo-activation, photoconversion, and super-resolution microscopy suggests that there must be “spatial cues” present at the ends of the septin hourglass that controls septin filament reassembly and reorganization into a double ring (Figure 2B) (Ong et al., 2014). What are the spatial cues? How do they control the HDR transition? These questions remained unanswered.
A RhoGEF and an Anillin Act Together as the Spatial Cues to Drive the Septin Hourglass-to-Double Ring Transition
Our recent work suggests that the RhoGEF Bud3 and the anillin-like protein Bud4 function as the spatial cues to drive the HDR transition (Chen et al., 2020). Bud3 and Bud4 were initially identified as factors essential for axial budding in S. cerevisiae (Chant et al., 1995; Sanders and Herskowitz, 1996). Bud3 also acts as a GEF for Cdc42 in early G1 phase to spatially link successive polarization or budding events in haploid cells (Kang et al., 2014). Bud3 and Bud4 interact with each other (Kang et al., 2012; Kang et al., 2013; Wu et al., 2015) and associate with the septin hourglass after S/G2 and with the septin double ring after the HDR transition in a nearly identical pattern (Figure 2C, left) (Chant et al., 1995; Sanders and Herskowitz, 1996; Wloka et al., 2011; Kang et al., 2013; Chen et al., 2020). PREM coupled with immunogold labeling indicates that Bud3 and Bud4 specifically associate with the septin gauze at the outer zones of the transitional hourglass (Figure 2C, right) (Chen et al., 2020). Both proteins have been implicated in septin organization, likely at the stage of double ring formation (Lord et al., 2000; Gladfelter et al., 2005; Guo et al., 2011; Wloka et al., 2011; Eluere et al., 2012; Kang et al., 2013; Wu et al., 2015; Mcquilken et al., 2017). Taken together, these observations suggest that Bud3 and Bud4 likely define the spatial cues that act in the right place at the right time to drive the HDR transition, but how?
Live-cell imaging and PREM analyses demonstrate that Bud3 and Bud4 play distinct and essential roles in controlling the septin HDR transition (Chen et al., 2020). As indicated above, the transitional hourglass in WT cells possesses a zonal architecture where the myosin-II filaments are sandwiched by Bud3 and Bud4-decorated septin gauze (Figure 2C; Figure 2D, top row, left). During the HDR transition, the septins in the middle of the hourglass are preferentially lost whereas those at the ends of the hourglass are preferentially stabilized (Figure 2D, top row, right), leading to the double ring formation. In the absence of Bud3, however, the circumferential single filaments at the ends of the transitional hourglass are completely lost, with many of the structures displaying elongated paired filaments at one side of the hourglass (Figure 2D, middle row, left) (Chen et al., 2020). This filament-level observation may explain the phenotype of bud3Δ cells detected by live-cell imaging that, during the HDR transition, the septin hourglass was first thinned at its edges, followed by the disintegration or fragmentation of the remaining structure in the middle (Figure 2D, middle row, right) (Chen et al., 2020). These observations suggest that Bud3 is specifically required for the stabilization of the transitional hourglass at its edges, and, furthermore, this selective stabilization mechanism must act before the cell cycle-triggered disassembly of the septin filaments in the middle of the hourglass (located between the PM and the myosin-II filaments). In the absence of Bud4, the entire transitional hourglass became destabilized, often in an asymmetric manner where one side of the structure was affected more than the other (Figure 2D, bottom row, left) (Chen et al., 2020). This is consistent with live-cell imaging analysis showing that the mother side of the septin double ring is preferentially lost during the HDR transition (Wloka et al., 2011; Chen et al., 2020). In the absence of both Bud3 and Bud4, the transitional hourglass was severely compromised and, consequently, was hardly detectable by PREM and the double ring was essentially abolished (Chen et al., 2020). Taken together, these data suggest that Bud3 and Bud4 function as the spatial cues by exclusively localizing to the outer zones of the transitional hourglass and instructing the double ring formation at the ends of the hourglass. Bud3 is essential for the circumferential single filament assembly whereas Bud4 is likely required for the stability of both paired and single filaments in the transitional hourglass, especially at the mother side of the bud neck.
DISCUSSION
How a cell assembles a septin structure at a discrete membrane site and how the structure is remodeled in situ into a distinct architecture to perform specific functions are central questions in the septin field that remain largely unanswered. Based on the collective data presented above, it is safe to say that the transitions from the nascent ring to the hourglass and the hourglass to double ring require precise regulation by specific SAPs. Recent works have placed Elm1 as a regulator of septin filament pairing to stabilize the early septin hourglass at the onset of bud formation (Marquardt et al., 2020) and Bud3 and Bud4 as the spatial cues at the ends of a late hourglass to reorganize and stabilize both single and paired filaments during the HDR transition (Chen et al., 2020). By utilizing genetic perturbations and following septin kinetics via confocal microscopy and septin filament architecture via PREM, these studies have begun to elucidate the mechanisms of septin organization in vivo at an unprecedented resolution.
While Elm1 is known to regulate septin filament pairing during hourglass formation (Marquardt et al., 2020), the underlying mechanism remains unknown. Could Elm1 directly phosphorylate the septins or another SAP to induce the change from single to paired filaments, or does Elm1 oppose an unknown molecule that destabilizes septin filament pairing? As septins tend to form paired filaments in vitro either in solution under low-salt condition or on lipid monolayer even under high-salt condition (Frazier et al., 1998; Bertin et al., 2008; Bertin et al., 2010; Bridges et al., 2014), we favor the latter possibility of an indirect regulation by antagonizing a destabilization factor. However, other studies have shown that Elm1 can phosphorylate SAPs with known roles in septin stability including Bni5 (Patasi et al., 2015), Gin4 (Asano et al., 2006), and the morphogenetic checkpoint kinase Hsl1 (Szkotnicki et al., 2008), leaving the possibility open for non-mutually exclusive pathways of action.
Protein kinases have been found to regulate septin structural stability in other systems including at the annulus of spermatozoa and at the base of dendritic spines (Brand et al., 2012; Shen et al., 2017; Yadav et al., 2017; Lin et al., 2019). Similar to the LKB1-like kinase Elm1, LKB1 regulates glucose metabolism by phosphorylating AMP-activated protein kinase (AMPK) (Hawley et al., 2003; Hong et al., 2003; Woods et al., 2003; Shaw et al., 2004; Rubenstein et al., 2006; Mccartney et al., 2016), and has a conserved function in polarity (Watts et al., 2000; Nakano and Takashima, 2012). However, there is no evidence thus far that LKB1 or other Elm1 “homologues” regulate septin architecture in other systems.
Bud3 and Bud4 are known to localize exclusively to the gauze-like structure at the outer zones of the transitional hourglass (Chen et al., 2020). However, it remains a mystery how this unique localization is achieved and how it facilitates the HDR transition. Does the Bud3 and Bud4 complex function as the membrane anchor to stabilize the single filaments at the ends of the transitional hourglass during the paired filament disassembly, and, at the same time, also function as the spatial landmark to recruit septin complexes and/or short filaments from the disassembled paired filaments and reassemble and reorganize them into a double ring? How Bud3 and Bud4 interact with each other and with the septins also remains unknown.
The HDR transition is triggered by the activation of the mitotic exit network (Cid et al., 2001a; Lippincott et al., 2001; Tamborrini et al., 2018) and is accompanied by 90° change in the orientation of the paired filaments (Vrabioiu and Mitchison, 2006; Demay et al., 2011; Ong et al., 2014). Whether and how Bud3 and Bud4 are involved in this process remains unknown. All these questions must be addressed in order to achieve a mechanistic understanding of the HDR transition.
Like the Bud3-Bud4 module in budding yeast, a RhoGEF-anillin module appears to be involved in the coordination of septin remodeling and cytokinesis in many organisms including fission yeast (Berlin et al., 2003; Tasto et al., 2003; Munoz et al., 2014; Wang et al., 2015), Drosophila (Hickson and O’Farrell, 2008), and mammalian cells (Frenette et al., 2012; Renshaw et al., 2014; Karasmanis et al., 2019; Wang et al., 2019). Whether this module represents a conserved core mechanism for septin remodeling during cytokinesis across model systems requires further investigation.
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Septins were first described in yeast. Due to extensive research in non-yeast cells, Septins are now recognized across all species as important players in the regulation of the cytoskeleton, in the establishment of polarity, for migration, vesicular trafficking and scaffolding. Stem cells are primarily quiescent cells, and this actively maintained quiescent state is critical for proper stem cell function. Equally important though, stem cells undergo symmetric or asymmetric division, which is likely linked to the level of symmetry found in the mother stem cell. Due to the ability to organize barriers and be able to break symmetry in cells, Septins are thought to have a significant impact on organizing quiescence as well as the mode (symmetric vs asymmetric) of stem cell division to affect self-renewal versus differentiation. Mechanisms of regulating mammalian quiescence and symmetry breaking by Septins are though still somewhat elusive. Within this overview article, we summarize current knowledge on the role of Septins in stem cells ranging from yeast to mice especially with respect to quiescence and asymmetric division, with a special focus on hematopoietic stem cells.
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SEPTINS: A HIGHER-ORDER STRUCTURE FOR COMPLEX FUNCTIONS OF CELLS
The first image of Septins was an electron microscopy image taken in 1976 (Byers and Goetsch, 1976), 6 years after the discovery of Septins in yeast by L. H. Hartwell (Hartwell et al., 1970). It shows the budding of Saccharomyces cerevisiae and examines the neck in cytokinesis which evolves during budding. On the inner side of the plasma membrane 10 nm filaments are highly ordered in a ring-like structure. Yeast has seven different Septins: Cdc11, Cdc12, Cdc3, Cdc10, Shs1, Spr3 and Spr28 (Pan et al., 2007). These Septins form palindromic hetero-octamers in the order: Cdc11/Shs1-Cdc12-Cdc3-Cdc10-Cdc10-Cdc3-Cdc12-Cdc11/Shs1 (Weems et al., 2017). Spr3 and Spr28 are sporulation-specific Septins and can replace Cdc12 and Shs1, respectively (McMurray and Thorner, 2008; Heasley and McMurray, 2015). According to amino acid sequence homology mammalian Septins are separated among themselves in groups (Kinoshita, 2003). 13 different Septins can be found in animals/humans that belong to four groups: Sept3 (consisting of Sept3, Sept9, Sept12), Sept6 (consisting of Sept6, Sept8, Sept10, Sept11, Sept14), Sept2 (consisting of Sept1, Sept2, Sept4, Sept5) and Sept7 (consisting of Sept7). It is evident that Sept7 is a special group as it only has one member. Septins can form hetero-oligomer filaments and the Kinoshita rule states that a Septin of a group can be exchanged by another Septin of the same group within these filaments which do have a canonical order with Sept7-Sept6-Sept2-Sept9, and can form hexamers (Sept2-Sept6-Sept7-Sept7-Sept6-Sept2) and octamers (Sept2-Sept6-Sept7-Sept9-Sept9-Sept7-Sept6-Sept2) (McMurray and Thorner, 2019; Mendonça et al., 2019; Soroor et al., 2021), but other orders of Septin groups were also reported (Sandrock et al., 2011). The hexamers and octamers can interact with each other and form higher-order structures by end-to-end joining or filament pairing by N-termini face (Jiao et al., 2020) or postulated antiparallel homodimeric coiled-coils (Leonardo et al., 2021) resulting in longer and thicker nonpolar polypeptide filaments or rings (Caviston et al., 2003), gauzes (Garcia et al., 2011) and cages (Lobato-Márquez et al., 2021). High-order Septin structures are more stable than other dynamic cytoskeletal polymers (Hagiwara et al., 2011; Bridges et al., 2014) which makes Septins a good choice for acting both as barriers or scaffolds.
Interestingly though, Septins can be organized in multiple types of structures, implying a versatile but also likely a cell type-specific organization of Septins to serve a special purpose within a cell. Septins show spot-like and blob-like distributions within cells under certain conditions (isolated BD3 domain expression of Borg3 (Joberty et al., 2001)) and in certain cell types as well (Kandi et al., 2021) which are likely not linked to fibers. The ring structure of Septins is associated with cytokinesis in yeast, but Septin rings are also formed around internalized bacteria upon infection of mammalian cell lines with Listeria and Shigella bacteria (Mostowy et al., 2009) and intra-cytosolic Shigella are compartmentalized in Septin cage-like structures for autophagy as a host defense (Mostowy et al., 2010). There is a functional interdependence between Septin and Actin cytoskeleton resulting in O- and C-shaped rings as well as bundles of Septins (Schmidt and Nichols, 2004), and Septins can co-align with microtubules to form bundles (Targa et al., 2019). Arc-shaped (together with ring-like) co-localizing clusters of Sept7, Sept5 and Sept11 could be found in neurons at the base of dendritic spines with the function of building a diffusion barrier for membrane proteins (Xie et al., 2007; Ewers et al., 2014). While Septins are known for their ability to break symmetry within cells (Spiliotis and McMurray, 2020), little is known about the role of Septins in mammalian stem cells. They are though designated candidates for being involved in the organization of symmetry and polarity and thus function of stem cells.
The process of blood cell formation (which is termed hematopoiesis) depends on hematopoietic stem cells (HSCs). Roughly 75% of HSCs are in the quiescent G0 state, about 20% are in G1, <2% can be found in an active-cycling state (G2/S/M) (Cheshier et al., 1999; Wilson et al., 2008). Symmetry in quiescent, resting HSCs has been defined by the distribution of polarity proteins and nuclear markers within HSCs (Florian and Geiger, 2010; Grigoryan et al., 2018). In addition, the extent of this symmetry correlates with the age of the HSCs. With respect to the distribution of Septins within HSCs, recent published data show that both spots and blobs of certain Septins (Sept7, Sept6, Sept2) are found within HSCs (Senger et al., 2017; Kandi et al., 2021b, see Table1). The distinct roles of these specific structures (spots, blobs) remain elusive.
TABLE1 | Septins in HSCs.
[image: T1]In young HSCs (from mice that are 4 months old) there is a polar distribution of the polarity proteins RhoGTPase Cell division control 42 protein (Cdc42), Histone 4 Lysine 16 acetylation (H4K16ac), Per2, Numb, Tubulin and also Sept7, with usually one big blob at one spot with perhaps several smaller spots, while in aged HSCs (from animals 18 months and older), this distribution is apolar: more smaller spots, and a much more dispersed distribution (Figure 1B). It is thought that the level of polarity is linked to the mode (symmetric/asymmetric) of stem cell division to balance self-renewal versus differentiation (Florian et al., 2018) and to regulate the homing capability to allow for successful immune system reconstitution after transplantation (Liang et al., 2005; Janzen et al., 2006; Florian and Geiger, 2010; Dykstra et al., 2011; Florian et al., 2012; Sun et al., 2014; Kandi et al., 2021).
[image: Figure 1]FIGURE 1 | Septin behavior in hematopoietic stem cells (HSCs). (A) Change in Cdc42-Borg4-Sept7 axis upon aging. Interaction of Borg4 with Sept7 is shifted upon aging according to elevated activity level of Cdc42 to interaction of Cdc42 with Borg4. (B) Change in protein distribution of Sept7 upon aging: Elevated Cdc42 activity leads to a more apolar distribution. (C) Interaction of Septins among themselves. Sept7 and Sept2 don’t show same distribution. The Septin Network is more complex and demands further studies.
Upon aging, the activity of the small RhoGTPase Cdc42, in itself also a polarity protein, is elevated in almost all tissue analyzed so far (Yang et al., 2007b; Florian et al., 2012). This elevated activity of Cdc42 causes a reduced frequency of polar HSCs among aged HSCs. Cdc42 can bind to the effector protein group binders of Rho GTPases (Borgs), which themselves were shown to interact with Septins (Joberty et al., 2001; Sheffield et al., 2003). However, it is neither completely understood how the organization and reorganization of HSCs occurs with respect to Cdc42 and Borgs, nor how the Septin network behaves and changes upon aging in HSCs.
DECIPHER SEPTIN CONTRIBUTION TO MAMMALIAN STEM CELLS AND AGING VIA YEAST
Yeast as Role Model for Stem Cells?
As there is more information on Septins in yeast, findings in yeast might inform on Septin biology also in mammalian HSCs. This will help in formulating open questions that need to be addressed in the future. Yeast possesses characteristic traits of stem cells: quiescence and asymmetric division (Werner-Washburne et al., 1993; Gray et al., 2004; Higuchi-Sanabria et al., 2014). In the past, yeast has already successfully been taken as a comparison model for metabolic changes in quiescence entry and exit (Dhawan and Laxman, 2015). Replicative life span and chronological life span can be straightforward examined in yeast (Postnikoff and Harkness, 2014). Elevated activity of Cdc42 is linked to aging in HSCs and to replicative lifespan in yeast (Kang et al., 2021). Thus, yeast is both a good stem cell and aging model from which processes involved in impairing functions upon aging could be translated into HSCs. This could lead to clinical translations in improving transplantation success and immune system.
On the other hand, there are of course also distinct roles for Septins in yeast and HSCs. Septins for example are indispensable for yeast division (Hartwell et al., 1970), yet especially for the hematopoietic system it was shown that cytokinesis may occur without Septins, while Septins are indispensable for cytokinesis in fibroblasts (Menon et al., 2014). Novel anti-Septin cancer drugs for solid tumors might thus benefit from the fact that Septins are dispensable for hematopoietic cytokinesis while being critical for cancer cells (Menon and Gaestel, 2015). In summary, published data imply that while yeast can serve as a stem cell model and inform on roles of Septins in HSCs, Septins also show a cell type-specific behavior, which requires a careful approach when translating findings in yeast to HSCs.
Quiescence
Quiescence is a cell state in which cells exit the cell cycle and rest in a more robust, withstanding state (G0) till they respond to a signal and reenter the cell cycle. Features of quiescence spanning across species are: reduction of cell size, arrest of cell cycle, condensation of chromosomes, reduction of rRNA synthesis and reduction of protein translation, increase in autophagic activity and increase in stress resistance (Hendil, 1981; Kniss and Burry, 1988; Nagele et al., 1999; Kops et al., 2002; Yusuf and Fruman, 2003; Zhang et al., 2003; Gray et al., 2004; Dhawan and Laxman, 2015; Roche et al., 2017; Wang et al., 2017; Sun and Gresham, 2021).
Many types of extrinsic and intrinsic signals maintain HSCs in quiescence (Liu et al., 2009; Matsumoto et al., 2011; Yamazaki et al., 2011; Nakamura-Ishizu et al., 2014).
As HSC quiescence entry and exit is dependent on the conversion of the cytoskeleton, changes in the localization and structure of organelles will thus likely depend on the well-known properties of Septins like organizing, scaffolding and barricading. Currently, there is no direct data on the role of Septins upon HSCs leaving or entering the quiescent state. The role of Septins in quiescent yeast cells might thus help to inform on likely roles of Septins in quiescent mammalian HSCs.
Yeast enters the quiescent state upon nutrient deprivation or desiccation and several pathways like Target of rapamycin complex I (TORC1), Sucrose non-fermenting 1 (SNF1) protein kinase, Protein kinase A (PKA) and Pho80-Pho85 (Forget et al., 2002; Sopko et al., 2007; Xu et al., 2012) all contribute to this decision. Downregulation of TORCI, a downregulation of PKA, a downregulation of Pho80-Pho85 or an upregulation of SNF1 results in entering of the quiescent state in yeast. These signals are, at the end, all integrated and feed into the regulation of the activity of Cdc42. For mammalian cells similar pathways have been reported for being responsible for the regulation of quiescence in HSCs (Chen et al., 2008; Gan et al., 2010; Cheng et al., 2014), and it was shown that Cdc42 is important for quiescence in HSCs, as the Cdc42 knockout mouse model, which though does not represent physiological Cdc42 deviations upon aging, results in HSC cycling (Yang and Zheng, 2007a).
These findings lead to the following questions with respect to the role of Septins in quiescence: 1) How is Cdc42 linked to Septins? 2) How does Cdc42 affect Septins? and 3) Do interactions of Septins with other cytoskeletal proteins change upon quiescence?
1) A whole family of interaction partners linking Cdc42 to Septins was found in 1997: Gic1 and Gic2 bind specifically to Cdc42-guanosine triphosphate (Cdc42-GTP) (Brown et al., 1997) as well as to Septins (Sadian et al., 2013). It was shown that Gic1 behaves as a scaffolding protein for Septin filaments and Cdc42-GTP binding to Gic1 results in dissociation of Gic1 from Septin filaments. Cdc42-GDP can directly disassemble Septin filaments in yeast when Gic1 is missing. A functional mammalian equivalent was found in 1999 by Joberty et al.: Borgs (Binder of Rho GTPases) 1-5, also entitled as Cdc42 effector proteins 1-5, bind Cdc42 in a GTP-dependent manner (Joberty et al., 1999). HSCs do also express Borg proteins (Kandi et al., 2021). Among the above mentioned pathways linked to quiescence, also Iqg1 of the yeast TORC1 pathway was shown to be involved in Septin ring organization and regulation of Cdc42 activity (Iwase et al., 2007; Atkins et al., 2013). The mammalian homologue IQGAP1 binds the Exocyst-Septin complex via its N-terminus, probably via Sept2, and Cdc42-GTP via its C-terminus (Hedman et al., 2015; Wang et al., 2009) showing functional interdependence like regulation of secretion (Rittmeyer et al., 2008). Normal levels of Cdc42 activity (more GDP) regulate the assembly of Septin fibers via “free to bind Borgs”, and Borgs lead to a stabilization and bundling of Septin filaments, which is consistent with the strong focal assembly (big blob) of Septins seen in young HSCs (Figure 1B). Such a view is further consistent with the recent finding from our laboratory that upon aging of HSCs, there is a switch in the Cdc42-Borg-Septin relationship: Elevated Cdc42 activity in aged correlated with co-localization of Cdc42 and Borg4, whereas in young HSCs (lower Cdc42 activity) Borg4 and Sept7 co-localized (Kandi et al., 2021) (Figure 1A). In conclusion, these data support that Cdc42 activity influences Septin behavior in both yeast and adult stem cells like HSCs and might also be critical for the role of Septins in quiescence.
2) Cdc42 activity changes upon quiescence as quiescence requires a downregulation of mTOR, of PKA, of Pho80-Pho85 and an upregulation of Snf1/AMPK, which altogether means more Septin-Exocyst complexes being bound to Iqg1 (mTOR, Snf1) (Xu et al., 2012), a dampened activity of Cdc42 (Pho80-Pho85) (Paglini et al., 2001; Sopko et al., 2007) with more membrane-bound Cdc42 (PKA) (Forget et al., 2002; Johnson et al., 2009). In summary, there is indeed a switch of Septin-Gic/Borg interactions regulated by Cdc42 activity in yeast and HSCs, which influences bundling and stabilization of Septin filaments. As it has not been tested though whether Cdc42-GDP indeed disturbs Septin filaments in HSCs like it does in yeast, it still remains a possibility that the Cdc42-Borg-Septin axis is somewhat distinct between yeast and HSCs with respect to quiescence.
3) While Septins also actively participate in forming the cytoskeleton (Kinoshita et al., 2002; Mavrakis et al., 2014; Kuzmić et al., 2021), they are not directly involved in the reorganization and restructuring of Actin and microtubules upon quiescence in yeast (Sagot et al., 2006; Laporte et al., 2013; Laporte et al., 2015). However, in HSCs a link of Septins to the cytoskeleton was shown by the finding that Ptpn21 localizing to Actin filaments is important for Sept1 dephosphorylation and Sept1 dephosphorylation level is crucial for HSC stiffness and retention in the bone marrow niche (Ni et al., 2019 and see Table1). Thus, in this case, investigations into the role of Septins in HSCs might inform on likely mechanisms of interactions of Septins with the cytoskeleton in yeast. Nonetheless, the involvement of Septins in reorganization of the other cytoskeleton components upon quiescence is still uncharted territory. An in depth understanding of the role Septins play in regulating quiescence will be important for basic stem cell biology, aging and cancer research.
Asymmetric Division
Asymmetric divisions first allow stem cells to provide a more differentiated cell that will contribute to tissue homeostasis while maintaining the pool of stem cells. Asymmetric division is also thought to be the key to produce one daughter cell which is free of already damaged products and one daughter cell which takes all these damaged products, and is regarded as kind of a rejuvenation strategy (Higuchi-Sanabria et al., 2014). Several organelles, proteins and mRNAs are asymmetrically inherited to daughters in yeast (McFaline-Figueroa et al., 2011; Shcheprova et al., 2008; Kennedy and McCormick, 2011; Henderson et al., 2014; Yang et al., 2015; Spokoini et al., 2012). The same holds true for mammalian stem cells (Inaba and Yamashita, 2012; Katajisto et al., 2015; Wang X. et al., 2009; Paridaen et al., 2013; Kuo et al., 2011; Rujano et al., 2006; Fuentealba et al., 2008; Loeffler et al., 2019; Hinge et al., 2020; Vannini et al., 2019; Loeffler at al., 2021). Proteins and organelles need to be distributed in a polar fashion in cells during mitosis to allow for an asymmetric split-up. Our data show that polarity/symmetry in quiescent cells correlates with the type of division mode (symmetric/asymmetric) (Florian et al., 2018). Similar findings were made for mitochondria inheritance in HSCs (Hinge et al., 2020) and inheritance of lysosomes, autophagosomes, mitophagosomes, NUMB, Notch1 and CD63 which functionally predict the activation of daughter cells and thus their fates (Loeffler et al., 2019).
As Septins are master regulators of asymmetry and polarity (Spiliotis and McMurray, 2020), it is very likely that they play a role not only in the asymmetric division of budding yeast but as well also in HSC division and general asymmetric distribution of proteins within HSCs. We could recently demonstrate that Sept7 is indeed involved in regulating the distribution of polarity proteins in HSCs (Kandi et al., 2021, see Table1). Budding yeast achieves polarity and thus asymmetry during cell cytokinesis by three consecutive steps with enduring Septin support: 1) deciding upon a bud site and 2) passage of cellular components through a barrier and 3) active retainment of components within a compartmentalized space.
1) The first step is made by landmark proteins that then activate Rsr1 at a specific location. Rsr1-GTP recruits Cdc24, which functions as guanine-nucleotide-exchange factor (GEF) for Cdc42. Cdc42 is activated by Cdc24. Cdc42 further accumulates by positive feedback mechanisms that result in an area of high density of Cdc42-GTP. Septins then move to the high density Cdc42-GTP area. Right before budding Cdc24 interacts with the Septin Cdc11, which is essential for Septin recruitment and stability of the polarity patch (Park et al., 1997; Kang et al., 2001; Shimada et al., 2004; Chollet et al., 2020). Septins then form the characteristic ring-like filaments at the bud site (Okada et al., 2013). Cdc42 activity therefore plays a role in the polarization of the Septin ring. Whether there is a ring-like structure of Septins upon initiation of division of HSCs is currently not known.
2) The second step is regulated by the Septin ring which functions like a lateral diffusion barrier and compartmentalizes the bud. Septins can via this means function as a barrier for misfolded proteins of endoplasmic reticulum (ER) in the mother cell in a Septin-, Bud1-and sphingolipid-dependent manner (Chao et al., 2014; Clay et al., 2014). Similar mechanisms are proposed for the role of Septins in neurons, in which dendritic spines are restricted in the diffusion of ER proteins (Tada et al., 2007; Xie et al., 2007). It is thus likely that Septins can also play a similar role in HSCs, and also function in HSCs both as scaffold and as barrier in the process of asymmetric divisions.
3) The third step, active retainment, is fulfilled by anchor proteins that are transported to the bud and retain transported organelles and proteins in the bud or in the mother cell. While asymmetrically inherited mRNA is transported by Actin (Munchow et al., 1999; Takizawa et al., 2000), Septins act like a diffusion barrier by holding proteins that anchor organelles to the bud tip like Mmr1. (Fehrenbacher et al., 2004; McFaline-Figueroa et al., 2011; Swayne et al., 2011; Higuchi et al., 2013). Septins were also shown to interact with membrane components like phosphatidylinositol-4,5-bisphospate (PIP2). Septins are curvature-sensitive and capable of shaping the form of membranes (Gladfelter et al., 2005; Tanaka-Takiguchi et al., 2009; Bertin et al., 2010; Beber et al., 2019; Cannon et al., 2019). It is thus a possibility that Septins form lipid scaffolds for proteins, which themselves do not interact with Septins but are retained due to specific lipid or protein composition of the lipid scaffold. Research into the interaction of the lipidome with Septins will be necessary to obtain novel information on this likely novel role of Septins in the regulation of asymmetry, also presumably in HSCs.
While there has been ample progress in understanding the role of Septins for asymmetric division in yeast, so far, there have been no investigations published on the role of Septins and the Septin network in HSCs or even other stem cells for retaining or repulsing proteins and organelles upon division. Mammalian stem cell research has been focused on the role of individual Septins and their role for organelles. A disruption of mitochondrial fission in human mammary stem-like cells leads to symmetrical inheritance (Katajisto et al., 2015). A Drp1-mediated, distinct localization of old mitochondria is important for this asymmetric inheritance (Hinge et al., 2020). Sept2 is a known Drp1 interaction partner involved in mitochondria fission, implying indeed that Sept2 might be involved in an asymmetric inheritance of mitochondria upon division (Pagliuso et al., 2016). Centriole and cilium inheritance is asymmetric in radial glial progenitor cells (Wang X. et al., 2009; Paridaen et al., 2013). As Sept7 is a centrosomal protein and is involved in the process of mitotic spindle pole formation (Chen et al., 2021), it is possible that it also plays a role in asymmetric inheritance of centrioles and primary cilium in progenitor cells. A main unsolved question remains the nature of the role of the Septin network and thus filaments in HSCs and even in yeast. While the function of Septins has been frequently linked to their function within the filament network, recent data from our laboratory imply a non-filament linked, distinct polar/apolar distribution of Sept7, Sept2 and Sept6 in HSCs (Kandi et al., 2021b). For example, the distribution of Sept7 and Sept2 in HSCs is quite distinct (Figure 1C), which questions whether these Septins are indeed strongly interacting. Novel research on the role of Septins for the division of HSCs will thus need to focus on both the role of the Septin network as well as the role of individual Septins.
PERSPECTIVES
While Septins have been investigated since the early 1970s, even after now more than these 50 years of Septin research, the Septin field is still an emerging field with recent novel exciting developments like a revisited order of human Septins (instead of the previously postulated hexamer form “Sept7-Sept6-Sept2-Sept2-Sept6-Sept7” the novel hexamer form reads “Sept2-Sept6-Sept7-Sept7-Sept6-Sept2” and instead of the postulated octamer form “Sept9-Sept7-Sept6-Sept2-Sept2-Sept6-Sept7-Sept9” the novel octamer form reads “Sept2-Sept6-Sept7-Sept9-Sept9-Sept7-Sept6-Sept2”). (McMurray and Thorner, 2019; Mendonça et al., 2019; Soroor et al., 2021). So far, little is known about the role of Septins in maintenance of quiescence in yeast and stem cells, while the same holds true for the role of Septins in asymmetric division and asymmetric protein distribution in stem cells. The role of Septins for an asymmetric division in yeast has been extensively studied, and in general, Septin biology in yeast might thus serve indeed as an initial blueprint for Septins in other types of stem cells like HSCs.
It is becoming more and more obvious though that Septins act also very cell type-specific, and have specific functions in distinct types of cells, especially among differentiated cells or cell lines. It will become therefore critical to investigate the role of Septins in a variety of cell types in order to understand their distinct behavior and to initiate transition of knowledge for example to drug development approaches to harvest differential sensitivities of cells to drugs targeting specific Septins (Menon and Gaestel, 2015). Another critical question that requires more attention is the organization state of Septins within cells, as both Septin filaments but also individual Septins outside of filaments are likely to have major biological function. Novel proteomics, lipidomics and immunofluorescence approaches that work on a few or even single cells will support the hunt for interaction partners of Septins and the organization of the Septin network in rare stem cells. It is likely that stem cells, due to their requirement of balancing quiescence and cycling and symmetric and asymmetric division might provide a fertile ground for elucidating these complex and context-dependent roles already within 1 cell type, as the underlying complexity that requires a versatile function of Septins might likely not be found in differentiated cells.
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Septins are cytoskeletal proteins that can assemble to form heteromeric filamentous complexes and regulate a range of membrane-associated cellular functions. SEPT7, a member of the septin family, functions as a negative regulator of the plasma membrane–localized store-operated Ca2+ entry (SOCE) channel, Orai in Drosophila neurons, and in human neural progenitor cells. Knockdown of STIM, a Ca2+ sensor in the endoplasmic reticulum (ER) and an integral component of SOCE, leads to flight deficits in Drosophila that can be rescued by partial loss of SEPT7 in neurons. Here, we tested the effect of reducing and removing SEPT7 in mouse Purkinje neurons (PNs) with the loss of STIM1. Mice with the complete knockout of STIM1 in PNs exhibit several age-dependent changes. These include altered gene expression in PNs, which correlates with increased synapses between climbing fiber (CF) axons and Purkinje neuron (PN) dendrites and a reduced ability to learn a motor coordination task. Removal of either one or two copies of the SEPT7 gene in STIM1KO PNs restored the expression of a subset of genes, including several in the category of neuron projection development. Importantly, the rescue of gene expression in these animals is accompanied by normal CF-PN innervation and an improved ability to learn a motor coordination task in aging mice. Thus, the loss of SEPT7 in PNs further modulates cerebellar circuit function in STIM1KO animals. Our findings are relevant in the context of identifying SEPT7 as a putative therapeutic target for various neurodegenerative diseases caused by reduced intracellular Ca2+ signaling.
Keywords: Ca2+ signaling, gene expression, climbing fibers, VGLUT2, SOCE, synaptic function, neurodegenerative disorders
INTRODUCTION
Septins (SEPT) constitute a family of filament-forming GTPases that can assemble into hetero-oligomeric complexes in cells and regulate various cellular functions such as cytokinesis (Kinoshita et al., 1997; Gladfelter et al., 2001; Kinoshita and Noda, 2001), cell polarity determination and maintenance (Drees et al., 2001; Faty et al., 2002; Irazoqui and Lew, 2004), microtubule and actin dynamics (Kinoshita et al., 1997; Finger, 2002; Surka et al., 2002; Nagata et al., 2003), membrane associations, cell movement (Finger et al., 2003), vesicle trafficking (Hsu et al., 1998), and exocytosis (Beites et al., 1999). There are thirteen septin-encoding genes in mice and humans that can be classified into four different subgroups based primarily on sequence homology. The subgroups are SEPT2 consisting of SEPT1, 2, 4, and 5; SEPT3 consisting of SEPT3, 9, and 12; SEPT6 consisting of SEPT6, 8, 10, 11, and 14; and SEPT7 which is encoded by a single gene (Kartmann & Roth, 2001; Macara et al., 2002; Kinoshita, 2003; Pan et al., 2014; Soroor et al., 2021). Functionally, septins from each subgroup occupy distinct positions in septin heteromers that can in turn assemble to form higher order septin filaments and structures (Sirajuddin et al., 2007; Mendonça et al., 2019; Soroor et al., 2021).
Regulation of cellular Ca2+ signaling by septins was first demonstrated in an siRNA screen in HeLa cells that identified mammalian septins of the SEPT2 class (SEPT2/4/5) as positive regulators of STIM/Orai-mediated store-operated Ca2+ entry (SOCE) (Sharma et al., 2013) and is further supported by recent studies (de Souza et al., 2021). Unlike the SEPT2 subclass, a mutant for the single SEPT7 gene in Drosophila was found to function as a negative regulator of SOCE. Heterozygotes of the Drosophila SEPT7 mutant could rescue cellular and systemic phenotypes associated with neuronal knockdown of the SOCE molecules STIM/Orai in adult Drosophila. Subsequent genetic and cellular studies support the idea that SEPT7 function in human stem cell–derived neural precursors and differentiated neurons is similar to Drosophila. In both human neuronal cells and Drosophila neurons, SEPT7 orthologs prevent spontaneous Ca2+ entry through the SOCE channel, Orai (Deb et al., 2016; Deb et al., 2020).
Altered intracellular Ca2+ signaling has been associated with several neurodegenerative disorders in mouse models and in humans (Street et al., 1997; Bezprozvanny and Hayden, 2004; Van De Leemput et al., 2007; Klejman et al., 2009; Sun et al., 2014; Zhou et al., 2016; Klar et al., 2017; Ando et al., 2018; Czeredys, 2020). For example, mutations in a gene encoding the ER-Ca2+ release channel IP3R1 in humans are associated with spinocerebellar ataxias 15 and 29 (SCA 15 and 29), leading to cerebellar atrophy with the loss of Purkinje neurons and resulting in impaired coordination of movements (Hasan and Sharma, 2020). Loss of the gene encoding the ER-Ca2+ sensor STIM1 in mouse cerebellar Purkinje neurons affects their intrinsic excitability (Ryu et al., 2017), mGluR1-dependent synaptic transmission along with age-dependent changes that include a reduced ability to learn a motor coordination task (Hartmann et al., 2014), and changes in synaptic connectivity and gene expression (Dhanya and Hasan, 2021). Interestingly, in a mouse model of familial Alzheimer’s disease, raising SOCE by overexpressing STIM2 rescued loss of mushroom spines in hippocampal neurons (Sun et al., 2014). These findings suggest that restoring intracellular Ca2+ homeostasis by modulating SOCE in the initial stages of neurodegenerative disease conditions could be a therapeutic strategy for the treatment of these neurodegenerative disorders. In this study, we investigated the cellular and behavioral effects of reducing SEPT7 and thus increasing spontaneous Ca2+ entry through SOCE channels, in mice with loss of STIM1 in Purkinje neurons.
MATERIALS AND METHODS
Animals
All experimental procedures were conducted in accordance with the Institutional Animal Ethics Committee which is approved by the Control and Supervision of Experiments on Animals (CPCSEA), New Delhi, India. All transgenic mice used for the experiments were bred and maintained in the NCBS Animal Facility, Bangalore, India. The conditional Cre-lox system (Nagy, 2000; Kim et al., 2018) was used to generate a double knockout compound mouse strain with deletion of STIM1 and SEPT7 together in Purkinje neurons. Mice were obtained where loxP sites flanked the EF hand of the STIM1 gene encoded by exon 2 (STIM1 flox; Oh-hora et al., 2008) and the GTP-binding P-loop of the SEPT7 gene encoded by exon 4 (SEPT7 flox; Menon et al., 2014). Pcp2 Cre mice [B6.129-Tg (Pcp2-cre) 2Mpin/J-The Jacksons Laboratory, RRID: IMSR_JAX: 004146 (Barski et al., 2000)] that express Cre under the control of the PCP2 promoter, thus allowing Cre-mediated recombination exclusively in the Purkinje neurons, were used for the experiment. Triple transgenic mice, STIM1flox/flox; SEPT7flox/flox; PCP2Cre/+ (STIM1PKO; SEPT7PKO), were generated by crossing the homozygous double transgenic STIM1flox/flox; SEPT7flox/flox with STIM1flox/+; PCP2-Crecre/+ mice. Mice heterozygous for the SEPT7 floxed and homozygous for the STIM1 floxed allele with PCP2 (L7)-Cre are referred to as STIM1PKO; SEPT7PHet (STIM1flox/flox; SEPT7flox/+; PCP2-Crecre/+). Double transgenic mice, STIM1flox/flox; SEPT7flox/+ and STIM1flox/flox; SEPT7flox/flox, were used as controls for heterozygous and homozygous SEPT7 knockout strains, respectively. The offspring obtained were further genotyped by PCR of genomic DNA extracted from tail clippings. Primer pairs used to detect the wild-type STIM1 gene (348 bp) and the floxed STIM1 gene (399 bp) are from Oh-hora et al. (2008) and are given in Table 1. Primers used to detect the presence or absence of Cre are listed in Table 1, and the presence of the Cre transgene was determined by observing a product length of 421 bp (Hartmann et al., 2014). The wild-type SEPT7 gene and the floxed SEPT7 gene were confirmed using the primer pairs shown in Table 1. The product length for the wild-type SEPT7 gene is 151 bp, whereas the product length for the floxed SEPT7 gene is 197 bp (Menon et al., 2014).
TABLE 1 | Primers used for genotyping transgenic mice and for quantitative real-time PCR.
[image: Table 1]Microdissection and RNA Isolation
Sagittal cerebellar sections of about 250 µm thickness were obtained from mice aged 1 year using a vibratome (Leica, VT1200) and following isoflurane anesthesia and decapitation. The slices were sectioned in ice-cold cutting solution that contains the following reagents (in mM): 87 NaCl, 2.5 KCl, 0.5 CaCl2, 7 MgCl2, 1.25 NaH2PO4, 26 NaHCO3, 75 sucrose, and 10 glucose, bubbled with 95% O2 and 5% CO2. Cerebellar slices were then microdissected into Purkinje neuronal and molecular layer (PNL + ML) that was separated from the granular neuronal layer (GNL) with white matter under an illuminated stereomicroscope (Ryu et al., 2017).
RNA was isolated from PNL with ML and GNL with white matter using TRIzol according to the manufacturer’s protocol. Microdissected tissue was homogenized in 500 μl TRIzol (Invitrogen Cat# 15596026) using a micropestle homogenizer, and the samples were vortexed prior to proceeding with the RNA isolation protocol. Isolated RNA was analyzed by a NanoDrop spectrophotometer (Thermo Scientific) to check for its purity, followed by running it on a 1% Tris–EDTA agarose gel to check its integrity. For cDNA synthesis, approximately 500 ng of total RNA isolated was used per sample. DNase treatment was carried out with a reaction volume of 22.1 µl containing 500 ng of isolated RNA, 1 mM DTT, 0.5 U of DNase I (amplification grade), and 20 U of RNase inhibitor (RNase OUT) which was incubated at 37°C for 30 min, followed by heat inactivation at 70°C for 10 min. DNase-treated samples were further subjected to cDNA synthesis with 200 U of Moloney murine leukemia virus reverse transcriptase, 1 mM deoxyribonucleotide triphosphate, and 50 µM random hexamers in a final volume of 20 µl. The reaction mixture was then incubated at 25°C for 10 min, followed by treatment at 42°C for 60 min, and finally heat inactivation at 70°C for 10 min. All reagents used for this experiment were purchased from Invitrogen (Life Technologies).
Real-Time Quantitative PCRs
Real-time quantitative PCRs (qPCRs) were performed with the KAPA SYBR FAST qPCR kit (Sigma-Aldrich Cat# KK4601) in a total volume of 10 μl on an ABI 7500 Fast machine (Applied Biosystems) which is operated with ABI 7500 software version 2. Primer 3 (http://bioinfo.ut.ee/primer3-0.4.0/) was used to design primers. Sequences of primers for all set of genes are listed in Table 1. The fold change of gene expression levels in experimental conditions relative to control was normalized according to the 2−ΔΔCt method, where ΔΔCt = [(Ct (target gene)—Ct (GAPDH)] Expt.—[(Ct (target gene)—Ct (GAPDH)] control. GAPDH was used as a housekeeping gene.
Immunohistochemistry
Mice were anesthetized and then transcardially perfused with 1X PBS, followed by perfusion with 4% PFA in 1X PBS. Brains were harvested following perfusion and postfixed with 4% PFA overnight, followed by cryoprotection in 30% sucrose in 1X PBS. The fixed cerebellum was then embedded in 5% low melting agar and sliced using a vibratome into 35-µm-thin sections. The cerebellar sections were washed in 1X PBS, blocked for 1 h at 4°C in 0.1% Triton X-100 and 5% normal goat serum, and stained with antibodies overnight at 4°C against guinea pig anti-VGLUT2 (1:1,000; Synaptic Systems Cat# 135 404, RRID: AB_887884). The sections were then washed in PBS-T (0.1% Triton X-100 in 1X PBS) thrice and incubated with secondary antibody goat anti-guinea pig which is coupled to Alexa Fluor 488 (Invitrogen Cat# A-11073, RRID: AB_2534117) for 1 h at room temperature. The slices were then washed in 1X PBS, mounted in Vectashield medium (Vector Labs, Cat#: H-1000), and imaged using an Olympus confocal microscope FV3000 with FV31S-SW 2.1 viewer software.
Confocal Imaging and Image Analysis
Confocal images were captured using a confocal laser microscope (Olympus FV3000 laser scanning confocal microscope) with a 40X objective (PlanApo, NA 1.0; Olympus oil-immersion). Confocal images were acquired at 1.0-µm-thickness intervals with the frame size of 512 × 512 pixels. For estimation of VGLUT2 puncta along PC dendrites at proximal ends, Imaris software (Bitplane, v 9.1.2) was used (Kaneko et al., 2011). The Filament Tracer software (Auto Depth) of Imaris was used to trace each dendritic filament setting the largest diameter threshold at 3 µm and the smallest diameter at 1.86 µm. To quantify VGLUT2 puncta along Purkinje neuron dendrites, spot detection in Imaris software was used by setting the spot diameter threshold as 2 µm and the total distance close to the filament as 3 µm for proximal dendrites.
Rotarod Test
The rotarod assay was performed by first habituating mice to a rotarod (IITC, model# 775, Series 8 Software) by providing a short training session where they were subjected to a constant speed of 5 rpm for 400 s. The mice were then tested for four trials a day for 5 days consecutively. Each session began from 5 rpm and finally attained 45 rpm, with a ramp speed at 240 s (Hartmann et al., 2014). The velocity of rotation was thus increased, keeping a constant acceleration of 9 rpm/min. The time at which each mouse fell off the rotarod was recorded for each session, and the mean latency on the rod was then calculated for all four trials for each mouse across 5 days of sessions.
Statistical Analysis
Statistical analysis was performed using GraphPad Prism 7.0 or Origin 8.0 software. The statistical methods used in each experiment are mentioned in the figure legends. All bar graphs indicate means and standard error of means, and statistical significance was defined as p < 0.05 (*), highly significant for p < 0.01 (**) and p < 0.001 (***) as determined using paired Student’s t-test or one-way analysis of variance (ANOVA). In case of the rotarod test, two-way ANOVA, followed by Tukey’s multiple comparison test, was adopted for comparisons between groups.
RESULTS
Generation of STIM1-SEPT7 Double Knockout Mice
To understand if negative regulation of store-operated Ca2+ entry (SOCE) by SEPT7 is conserved among murine models and to investigate if motor deficits observed in STIM1 knockout (STIM1PKO) mice (Hartmann et al., 2014; Dhanya and Hasan, 2020) could be rescued by altering SEPT7 levels, we generated Purkinje neuron (PN)–specific compound STIM1-SEPT7 double knockout mice strains using the conditional Cre-lox system (Figures 1A,B and methods). Exon 4, which encodes the GTP-binding P-loop of SEPT7, and exon 2, which encodes the EF hand of STIM1, were deleted in the progeny that included a PCP2 (L7)-Cre transgene as judged by the size of DNA fragments from appropriate PCRs from genomic DNA (Figure 1C and methods). Mice homozygous for the SEPT7 floxed and STIM1 floxed allele along with PCP2 (L7)-Cre are referred to as STIM1PKO; SEPT7PKO [STIM1flox/flox; SEPT7flox/flox; PCP2 (L7)-Crecre/+, Figures 1B,C]. Mice heterozygous for the SEPT7 floxed and homozygous for the STIM1 floxed allele with PCP2 (L7)-Cre are referred to as STIM1PKO; SEPT7PHet (STIM1flox/flox; SEPT7flox/+; PCP2-Crecre/+, Figure 1C). STIM1flox/flox; SEPT7flox/flox and STIM1flox/flox; SEPT7flox/+ mouse strains in the absence of PCP2 (L7)-Crecre/+ were used as controls for homozygous and heterozygous SEPT7 knockout strains, respectively.
[image: Figure 1]FIGURE 1 | Generation of STIM1–SEPT7 double knockout mice. (A) (Top) Schematic diagram with exon 2 of STIM1 gene flanked by loxP recombination sites (red triangles). Cre-mediated recombination will result in the deletion of exon 2. (Middle) Schematic diagram with exon 4 of SEPT7 gene flanked by loxP recombination sites (red triangles). (Bottom) Schematic diagram showing insertion of Cre-recombinase cDNA into the exon 4 of PCP2 gene. Primers used for genotyping are indicated by arrows (FP, forward primer and RP, reverse primer). (B) Triple transgenic mouse strain STIM1flox/flox; SEPT7flox/flox; PCP2Cre/+ (STIM1PKO; SEPT7PKO) was generated by cross-breeding homozygous double transgenic STIM1flox/flox; SEPT7flox/flox mice with STIM1flox/+; PCP2-Crecre/+ mice to generate STIM1 and SEPT7 double knockout mice. (C) Agarose gel showing the genotyping of STIM1–SEPT7 double knockout mice. PCRs of genomic DNA from STIM1flox/flox; SEPT7flox/flox; PCP2Cre/+ (STIM1PKO; SEPT7PKO) mice are shown on Lanes 1–3. PCRs were performed separately for each gene, and PCR products were loaded separately in different lanes. A single band at 399 bp indicates homozygous STIM1 flox (Lane 1), a band at 197 bp indicates homozygous SEPT7 flox (Lane 2), and the 421-bp band is from the PCP2-Cre allele (Lane 3). PCRs with genomic DNA from STIM1flox/flox; SEPT7flox/+; PCP2Cre/+ (STIM1PKO; SEPT7PHet) mice are shown in Lanes 4–6. Lanes 13–15 indicate genotyping of control mice STIM1flox/flox; SEPT7flox/+. DNA band sizes are as described before. “L” denotes DNA ladder.
Characterization of SEPT7 and STIM1 Expression Levels in STIM1-SEPT7 Double Knockout Mice
Purkinje neurons present in the molecular layer were separated from the granule cell layer by hand microdissection of isolated cerebella from 1-year-old STIM1-SEPT7 double knockout mice (Figure 2, green bars) and control mice of the appropriate genotypes (Figure 2, blue and pink bars). Enrichment of PNs and their separation from the granule cell layer was estimated by measuring relative gene expression levels of a Purkinje neuronal marker, Purkinje cell protein-2 (PCP2), and a granule cell layer marker GABA(A) receptor α6 subunit (GABRA6) (Boyden et al., 2006). Microdissected Purkinje layer samples from control and STIM1-SEPT7 double knockout cerebella showed approximately three- to four-fold enrichment of PCP2 compared to the granule cell layer (Figure 2A) and a 10- to 14-fold lower expression of the granule cell marker GABRA6 (Figure 2B), indicating the minimal presence of granule neurons in the microdissected PN samples. The extent of SEPT7 knockdown in heterozygous and homozygous SEPT7 knockout mouse strains was examined next. A significant reduction in SEPT7 mRNA levels was observed in Purkinje layers isolated from the STIM1PKO; SEPT7PHet and STIM1PKO; SEPT7PKO animals as compared to control mice (Figure 2C). The expression of STIM1 was also tested and found to be significantly reduced as expected in the three genotypes with homozygous STIM1PKO. Thus, both heterozygous and homozygous conditions of SEPT7 knockout in STIM1 knockout backgrounds led to a significant reduction in SEPT7 mRNA expression in PNs.
[image: Figure 2]FIGURE 2 | Characterization of SEPT7 and STIM1 expression levels. (A) Bar graphs indicating relative expression of Purkinje neuron marker, PCP2 (Purkinje cell protein 2) normalized to GAPDH (glyceraldehyde 3-phosphate dehydrogenase) in samples of the Purkinje neuronal layer (PNL) and the granule layer (GL). PCP2 expression levels of GL are relative to PNL for each genotype, and statistical significance is indicated above the bar graph. (B) Bar graphs with relative expression of granule layer marker, GABRA6 (gamma-aminobutyric acid type A receptor subunit alpha 6) normalized to GAPDH levels in samples of the Purkinje neuronal layer and the granule layer. GABRA6 expression levels of GL are compared relative to those of PNL for each genotype, and statistical significance is indicated above the bar graph. (C) Bar graphs indicating fold changes in expression of SEPT7 and STIM1 normalized to GAPDH from microdissected Purkinje neuronal layer of each genotype. Fold changes are relative to that of its respective controls, and statistical significance is indicated above the bar graph. Data are presented as mean ± SEM, *p < 0.05, **p < 0.01, ***p < 0.001; one-way ANOVA with post hoc Tukey’s test (n = 3 mice for all groups and n = 4 for STIM1PKO; SEPT7PHet, age—1-year-old mice).
Altered Expression of SEPT7 in STIM1 Knockout Mice Modulates Gene Expression in Purkinje Neurons
Age-dependent changes in gene expression have been reported recently in Purkinje neurons from STIM1PKO mice (Dhanya and Hasan, 2021). If reduced SEPT7 indeed raises Ca2+ entry in PNs, we hypothesized that gene expression changes that arise directly due to reduced SOCE should revert in PNs of SEPT7PHet; STIM1PKO and SEPT7PKO; STIM1PKO mice with age. This idea was tested by measuring the expression of a subset of genes, belonging to various gene ontology classes (Table 2), which are all significantly downregulated in PNs from 1-year-old STIM1PKO mice but not when tested in mice aged 4 months or less (Dhanya and Hasan, 2020). Expression levels of genes encoding the Ca2+-binding proteins parvalbumin (Pvalb) and calmodulin 1 (Calm1) were restored in PNs of both STIM1PKO; SEPT7PHet and STIM1PKO; SEPT7PKO mice when tested at 1 year (Figures 3A,B). Similarly, the expression of four genes, Dlg4 (discs large homolog 4), Robo2 (roundabout guidance receptor 2), Map4 (microtubule-associated protein 4), and Gigyf2 (GRB10 interacting GYF protein 2), was restored (Figures 3A,B). All four genes belong to the GO (gene ontology) category of neuron projection development (Table 2). In addition, reducing SEPT7 in STIM1PKO PNs restored the expression of an ion channel gene Atp1a3 encoding a Na+/K+-transporting ATPase subunit alpha 3 (Figures 3A,B). Thus, in 7 out of 16 genes tested (Figure 3 and Supplementary Figure S1), expression was restored significantly to control or near-control levels. The expression of genes like Orai3 (SOCE channel), Cacng5 (voltage-gated Ca2+ channel), Vamp1 (vesicle-associated membrane protein 1), and Syt11 (synaptotagmin 11) went up marginally in PNs from STIM1PKO; SEPT7PKO animals as compared to PNs from STIM1PKO mice (Supplementary Figure S1A). Although, due to technical limitations (Dhanya and Hasan 2021), we were unable to measure Ca2+ entry directly in PNs from STIM1-SEPT7 double mutant conditions, these data support the idea that either reduction (SEPT7PHet) or loss of SEPT7 (SEPT7PKO) in PNs allows spontaneous extracellular Ca2+ entry, as observed previously in human stem cell–derived precursors and differentiated neurons (Deb et al., 2020). This putative mode of Ca2+ entry in PNs might partially compensate for loss of STIM1-mediated SOCE and concomitant gene expression changes.
TABLE 2 | Table with downregulated genes identified under enriched GO biological and cellular process.
[image: Table 2][image: Figure 3]FIGURE 3 | Partial or complete deletion of SEPT7 can reverse the expression of a subset of genes that are downregulated by STIM1 knockout in Purkinje neurons. (A) Bar graph with relative fold changes in expression of the indicated genes in the indicated genotypes. Red asterisks above each bar represent statistically significant change between STIM1PKO (pink bars) and the control genotype STIM1flox/flox; SEPT7flox/+ (light blue bars). Black asterisks above each bar represent statistically significant change between STIM1PKO (pink bars) and the experimental genotype, STIM1PKO; SEPT7PHet (light green bars). (B) Bar graph of relative gene expression changes in the indicated genotypes. Red asterisks over each bar represent statistically significant change between STIM1PKO (pink bars) and the control genotype STIM1flox/flox; SEPT7flox/flox (blue bars). Black asterisks above each bar represent a statistically significant change between STIM1PKO (pink bars) and STIM1PKO; SEPT7PKO (green bars). Fold changes were normalized to GAPDH. Data are presented as mean ± SEM, *p < 0.05, **p < 0.01; one-way ANOVA with post hoc Tukey’s test. All measurements are taken by qRT-PCR of cDNA prepared from RNA isolated from microdissected Purkinje layers (n = 3 mice for all groups and n = 4 for STIM1PKO; SEPT7PHet, age—1 year). Pvalb—Parvalbumin, Calm1—Calmodulin 1, Dlg4—Discs large homolog 4, Robo2—Roundabout guidance receptor 2, Map4—Microtubule-associated protein 4, Gigyf2—GRB10 interacting GYF Protein 2, Atp1a3—Na+/K+-transporting ATPase subunit alpha 3.
Loss of SEPT7 Modulates Synaptic Connectivity Among Climbing Fiber Axons and Purkinje Neuron Dendrites in STIM1 Knockout Purkinje Neurons
Next, we investigated if reducing or abolishing SEPT7 from STIM1PKO Purkinje neurons modulates synaptic connectivity between climbing fibers and Purkinje neurons. Climbing fibers (CFs) are axonal projections from inferior olive neurons. They innervate Purkinje neurons dendrites through glutamatergic synapses that express VGLUT2 (vesicular glutamate transporter type 2; Fremeau et al., 2001). Activity from CFs greatly influences individual Purkinje neurons and cerebellar output (Smeets and Verbeek, 2016). Excess CF-PN innervation has been seen in a number of genetic mouse models with impaired Ca2+ signaling and reduced motor coordination (Alba et al., 1994; Chen et al., 1995; Kano et al., 1995; Kashiwabuchi et al., 1995; Kano et al., 1997; Hashimoto et al., 2001). Moreover, STIM1PKO mice at 1 year exhibit increased CF-PN synapse numbers that correlate with reduced motor coordination (Dhanya and Hasan, 2020). To evaluate the density and distribution of CF-PN synapses, we quantified VGLUT2 (vesicular glutamate transporter type 2) puncta along the proximal dendrites of PNs (Figure 4). As described previously, a significant increase in VGLUT2 puncta is observed along the proximal dendrites of STIM1PKO PNs as compared with the control genotype of AI14td; PCP2Cre (Figures 4A,B; Dhanya and Hasan, 2021). Importantly, the density of VGLUT2 puncta along the PN dendrites of both STIM1PKO; SEPT7PHet and STIM1PKO; SEPT7PKO mice was comparable to that of the control mice. There was no change in the density of VGLUT2 puncta on PN dendrites of either SEPT7PHet or SEPT7PKO mice (Figures 4A,B). Restoration of CF-PN innervation upon reducing SEPT7 in STIM1 knockout Purkinje neurons suggests that Ca2+ homeostasis impacts synaptic plasticity and together the two could alter cerebellar circuit function.
[image: Figure 4]FIGURE 4 | Excess innervation between climbing fibers and Purkinje neuron dendrites in STIM1 mice can be reversed by reduction and loss of SEPT7. (A) Immunohistochemical images and quantitative analysis of climbing fiber innervations on the proximal dendrites of Purkinje neurons in the indicated mice genotypes. (Left panel) PN soma and proximal dendrites with Td tomato expression (red). VGLUT2 puncta are visible as green dots along the dendrites; (middle panel) VGLUT2 puncta (green) with projection images of dendritic filaments (yellow) obtained computationally using Imaris software and (right panel) projection images from Imaris analysis with dendritic filaments marked in yellow and VGLUT2 puncta as white dots. Scale bars are 10 μm. (B) Bar graph depicting the density of VGLUT2 puncta (count per 103 μm2) presents at the proximal dendritic regions of PNs of the indicated mice genotypes. Quantification of VGLUT2 puncta density was from three mice of each genotype, all aged 1 year, and 27 or more PNs from each genotype. Data are presented as mean ± SEM; one-way ANOVA with post hoc Tukey’s test; *p < 0.00001. Same alphabets above the bar graphs represent statistically indistinguishable groups, and a different alphabet represents a statistically different group with the minimal significance of p < 0.05.
Reduced SEPT7 Levels Improve Motor Performance in STIM1 Knockout Mice
A well-established readout of PN and cerebellar function is the ability to learn a motor coordination task such as time spent on a rotarod with increasing rotational speed (Koopmans et al., 2007; Shiotsuki et al., 2010; Stroobants et al., 2013). Loss of STIM1 in PNs reduces the ability to perform this motor learning task (Hartmann et al., 2014). Further impairment is seen with age both in controls and in STIM1PKO animals (Dhanya and Hasan, 2021). Restored expression of a subset of genes and rescue of CF-PN connectivity motivated us to compare the motor learning deficits of STIM1PKO mice with STIM1PKO; SEPT7PHet and STIM1PKO; SEPT7PKO mice, along with their appropriate genetic controls in the rotarod assay across various ages. Initially, we tested motor learning in mice with either partial or complete loss of SEPT7 in Purkinje neurons (Figure 5). Motor learning deficits were not observed in SEPT7PHet and SEPTPKO mice at 17 weeks, 6 months, or 1 year of age (Figures 5A–F), suggesting the limited function of SEPT7 in adult PNs. Next, we tested motor learning in the double mutant combinations of STIM1PKO; SEPT7PHet and STIM1PKO; SEPT7PKO mice. STIM1flox/flox, SEPT7flox/+, and SEPT7PHet were the controls for STIM1PKO; SEPT7PHet mice, whereas STIM1flox/flox, SEPT7flox/flox, and SEPT7PKO were controls for STIM1PKO; SEPT7PKO mice. The same batch of mice was tested at 17 weeks, 6 months, and 1 year of age. At all ages, tested motor learning in STIM1flox/flox, SEPT7flox/+, and SEPT7PHet mice is significantly better than in STIM1PKO mice (Figure 5A). For example, at 17 weeks, STIM1flox/flox; SEPT7flox/+ control mice improved their latency on the rotarod from 128.8 ± 6.9 s on the 1st day to 226.3 ± 14.7 s on the 5th day (Figure 5A), whereas STIM1PKO mice showed similar performance as that of control mice on day 1 (mean latency of 117.1 ± 5.1 s) but did not improve to the same extent (150.9 ± 5.6 s, Figures 5A,B) as the controls over 5 days of training. Performance of STIM1PKO; SEPT7PHet mice at 17 weeks is not statistically indistinguishable from either controls or STIM1PKO animals (Figure 5A). However, the age performance of STIM1PKO; SEPT7PHet mice improves on the rotarod as evident at 6 months (Figure 5B; Supplementary Figure S2) and 1 year (Figure 5C). A similar age-dependent improvement in motor coordination learning is evident in STIM1PKO; SEPT7PKO homozygotes from 17 weeks to 1 year (Figures 5D–F; Supplementary Figure S2, Supplementary Video S1). However, as compared to STIM1PKO; SEPT7PHet mice (Figure 5C), the STIM1PKO; SEPT7PKO mice (Figure 5F) exhibit an overall reduction in motor learning with age, which is also evident for the control genotypes and is possibly due to the sustained loss of SEPT7 from PNs. Thus, deleting either single or both copies of SEPT7 in PNs of STIM1PKO mice partially rescues their motor learning deficits.
[image: Figure 5]FIGURE 5 | Reduction and loss of SEPT7 rescue loss of motor learning and coordination arising from loss of STIM1 in Purkinje neurons mean latency times on the rotarod are shown for the indicated genotypes at (A, D) 17 weeks, (B, E) 6 months, and (C, F) 1 year of age. The number of mice tested for each genotypes is STIM1flox/flox; SEPT7flox/+ (n = 6), SEPT7PHet (n = 4), STIM1PKO (n = 7), STIM1PKO; SEPT7PHet (n = 5), STIM1flox/flox; SEPT7flox/flox (n = 6), SEPT7flox/flox (n = 8), SEPT7PKO (n = 6), STIM1PKO (n = 7), STIM1PKO; SEPT7PKO (n = 8). Same alphabets at the end of line plots represent statistically indistinguishable groups, the color of the alphabets denotes the respective line plots, and different alphabets represent p < 0.05. Two-way ANOVA, a post hoc test, followed by Tukey’s multiple comparisons test were used.
DISCUSSION
In this study, we show that partial or complete deletion of SEPT7 from adult murine Purkinje neurons reverses multiple phenotypes associated with PN-specific loss of the ER-Ca2+ sensor and SOCE protein STIM1. The phenotypes reverted include changes in gene expression in part, expression of VGLUT2 puncta that serve as a marker for altered neuronal connectivity between climbing fiber axons and PN dendrites, and the ability to learn a motor coordination task in aging mice. From a previous study, we know that loss of motor coordination is seen as early as 17 weeks of age in STIM1PKO mice, whereas changes in CF-PN synapse numbers and changes in gene expression become evident in mice aged 1 year (Dhanya and Hasan, 2021). STIM1PKO–SEPTPHet/PKO mice also exhibit early motor learning deficits. Importantly, the progression of these deficits undergoes reversal with age (Figure 5, Supplementary Figure S2, Supplementary Video S1). Taken together, these findings support the idea that reduction/loss of SEPT7 in adult PNs reverts key age-dependent changes in neuronal Ca2+ homeostasis that occurs from loss of STIM1. Consequently, there is reversion of other age-dependent cellular (VGLUT2 puncta) and molecular (gene expression) deficits, and this reversion correlates with better learning of motor coordination with age in STIM1PKO–SEPT7PHet/PKO mice (Figure 6). The reversion of motor coordination deficits observed in mice is in agreement with previous findings in Drosophila where partial genetic depletion of SEPT7 could rescue flight deficits due to STIM knockdown (Deb et al., 2016). Early changes (17 weeks) in mGluR1-dependent Ca2+ transients, of which STIM1 is an integral component, are very likely not restored by loss/reduction of SEPT7. The status of mGluR1-initiated Ca2+ signals in PNs from STIM1PKO–SEPT7PHet/PKO mice needs further investigation.
[image: Figure 6]FIGURE 6 | Cellular and behavioral effects of reducing SEPT7 in mice with loss of STIM1 in Purkinje neurons loss of STIM1 in Purkinje neurons attenuate Ca2+ entry and affect ER-Ca2+ refilling which in turn suppresses mGluR1-stimulated Ca2+ signals and Purkinje neuron excitability (Hartmann et al., 2014; Ryu et al., 2017; Dhanya and Hasan, 2021). These changes affect gene expression and optimal synaptic connectivity of cerebellar Purkinje neurons with age (Dhanya and Hasan, 2021). Reducing or abolishing SEPT7 in STIM1KO PNs restored gene expression which is accompanied by normal CF-PN innervation and an improved ability to learn a motor coordination task in aging mice. [Model created using Biorender (BioRender.com).]
SEPT7 May Function as a Monomer for Regulating Ca2+ Entry at the Plasma Membrane
Most cellular functions of septins are associated with their ability to form filaments and higher order cytoskeletal structures (Marquardt et al., 2019). Recent findings demonstrate that filament formation requires linear hexamers/octamers consisting of SEPT7 at the core, followed by other SEPT subunits in a specific order (Mendonça et al., 2019; Soroor et al., 2021). Differential regulation of SOCE by SEPT2/4 (positive regulators; Sharma et al., 2013; de Souza et al., 2021) and SEPT7 (negative regulator; Deb et al., 2016; Deb et al., 2020) is difficult to reconcile with SEPT7 as the core subunit of a minimally functional septin multimer. Unicellular organisms such as Chlamydomonas reinhardtii encode a single gene for septin (Pinto et al., 2017), raising the possibility that monomeric septin function may precede septin filament formation. For the negative regulation of SOCE channels, we propose that SEPT7 very likely functions as a monomer (Figure 6). At this stage, however, there is no direct evidence demonstrating the presence of SEPT7 monomers near the ER-PM junctions where SOCE is known to occur.
The mechanism by which SEPT7 regulates Ca2+ entry remains poorly understood. In human stem cell–derived neurons, spontaneous Ca2+ entry by loss of SEPT7 requires the polybasic N-terminal region known to interact with membrane-localized phospholipids such as PIP2 and PIP3 (Zhang et al., 1999; Deb et al., 2020). We predict that the interaction of SEPT7 monomers with membrane phospholipid(s) prevents the opening of a STIM1-regulated Ca2+ entry channel in PNs. Concomitant loss of SEPT7 with STIM1 possibly allows a low level of spontaneous Ca2+ entry through such channels and thus restores PN Ca2+ homeostasis and associated long-term deficits.
Among the deficits tested here, we did not find any significant change in SEPT7PKO animals, suggesting that in mature PNs, septin filaments have either no role or a very minor role. Possible effects of SEPT7 on dendritic branching were not investigated though a role for SEPT7 in regulating spine morphogenesis and dendrite development during neuronal maturation has been demonstrated in hippocampal neurons (Tada et al., 2007). SEPT7 monomers are possibly one among several regulators of STIM1-mediated Ca2+ entry, and presumably, their loss can be compensated by other regulators of Ca2+ signaling in PNs.
Gene Expression Changes in Purkinje Neurons With Loss of STIM1, and Restored by SEPT7, Are Associated With Neurodegeneration
Purkinje neurons express a range of Ca2+-binding proteins, Ca2+ channels, Ca2+-dependent kinases, and phosphatases that not only tune PN excitability but also help maintain cellular Ca2+ homeostasis, regulate different Ca2+-dependent processes, and modulate multiple inputs received by PNs (Prestori et al., 2020). Changes in gene expression by loss of STIM1 suggest that the maintenance of Ca2+ homeostasis by STIM1 is required for appropriate age-dependent expression of multiple genes. Restored expression of genes encoding the Ca2+-binding proteins parvalbumin (Pvalb) and calmodulin 1 (Calm1) (Figure 3) is of interest because parvalbumin is expressed abundantly in PNs (Caillard et al., 2000; Schwaller et al., 2002) and significant reduction in parvalbumin expression is reported from PNs of SCA1 (spinocerebellar ataxia 1) patients (Vig et al., 1996) and transgenic mice carrying the human SCA1-causing gene (Vig et al., 1998). Calmodulin 1, which is an EF hand containing Ca2+-binding protein, is known to regulate the activity of several Ca2+-regulated enzymes such as αCaMKII and βCaMKII that are required for cerebellar long-term depression (LTD) and motor learning (Hansel et al., 2006; Van Woerden et al., 2009). Reduced calmodulin levels are reported in the cerebellar vermis of the spontaneously ataxic mouse, Pogo (Lee et al., 2011).
The expression of certain genes classified under the GO category of neuron projection development is also restored in STIM1PKO–SEPTPHet/PKO mice (Figure 3). Dlg4 is a major scaffolding protein in the excitatory postsynaptic density that regulates synaptic strength (Kim et al., 2004; Funke et al., 2005; Cheng et al., 2006), and previous work has reported impaired motor coordination in Dlg4 knockout mice (Feyder et al., 2010). Robo2 is a transmembrane receptor for the secreted molecule slit homolog 2 protein (Slit2) and plays an important role in axon guidance and cell migration (Ma and Tessier-Lavigne, 2007; Giovannone et al., 2012). It is highly expressed by PNs during dendritic arbor development, and PN-specific Robo2-deficient mice exhibit gait alterations (Gibson et al., 2014). Gigyf2 interacts with an adapter protein Grb10, which binds to activated IGF-I and insulin receptors (Giovannone et al., 2003; Holt and Siddle, 2005). Mice heterozygous for Gigyf2 exhibit motor dysfunction (Giovannone et al., 2009). Loss of SEPT7 however does not restore the expression of every gene downregulated in STIMPKO PNs. This is possibly because reduced expression of some downregulated genes may be many steps downstream of Ca2+ entry, and slow restoration of PN Ca2+ homeostasis in either SEPT7PHet; STIM1PKO or SEPT7PKO;STIM1PKO animals may be insufficient to revert such changes. Moreover, SEPT7 may not restore precise Ca2+ dynamics related to STIM1 signaling that may be necessary for the expression of certain genes.
Climbing Fiber–Purkinje Neuron Synaptic Connectivity and Motor Behavior
Climbing fibers provide one of the major excitatory inputs to Purkinje neurons (Lin et al., 2014). Climbing fiber–Purkinje neuron (CF-PN) synaptic wiring influences processing and integration of information at the PN dendrites essential for proper control of cerebellar motor learning and coordination (Ichikawa et al., 2016). The distribution of CF-PN synapses on Purkinje dendrites is regulated and required for the proper physiological function of Purkinje neurons (Watanabe, 2008). Abnormal CF-PN innervation has been reported in various genetic mouse models with impaired Ca2+ signaling and motor coordination deficits (Alba et al., 1994; Chen et al., 1995; Kano et al., 1995; Kashiwabuchi et al., 1995; Kano et al., 1997; Hashimoto et al., 2001). Defective CF–PN connections have also been observed in the initial stages of Purkinje neuron degeneration in various forms of spinocerebellar ataxias and in conditions of abnormal activity in climbing fibres (Cheng et al., 2013; Koeppen et al., 2013; Helmich et al., 2013). Restoration of CF–PN innervation in STIM1PKO–SEPT7PHet/PKO mice (Figure 4) is thus an important observation and very likely causative in the restoration of motor learning with age.
In conclusion, our data demonstrate that partial or complete loss of SEPT7 in STIM1 knockout Purkinje neurons could restore age-dependent gene expression changes observed in STIM1PKO PNs. This is accompanied by normal climbing fiber–Purkinje neuron synaptic connectivity and an improved ability to learn and perform motor coordination task in aging mice. These findings suggest that loss of SEPT7 in Purkinje neurons allows spontaneous extracellular Ca2+ entry, as reported previously in Drosophila neurons (Deb et al., 2016) and in human neural progenitor cells (Deb et al., 2020), and this mode of Ca2+ entry could partially compensate for loss of STIM1-mediated SOCE in STIM1PKO PNs. This negative regulation of SOCE by SEPT7 in PNs could further modulate synaptic wiring and cerebellar circuit function in STIM1PKO mice. Our findings are relevant in the context of deciphering the therapeutic potential of SEPT7 inhibitors for neurodegenerative conditions where Ca2+ dyshomeostasis is observed over time.
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Supplementary Figure S1 | Analysis of gene expression in SEPT7–STIM1 knockout Purkinje neurons (related to Figure 3) (A) Bar graph showing relative fold changes in expression levels of the indicated genes of various control genotypes of STIM1PKO; SEPT7PHet. Red asterisks above each bar represent statistically significant groups compared between STIM1PKO (pink bars) and STIM1flox/flox; SEPTflox/+(light blue bars). (B) Bar graph showing relative gene expression changes of the indicated genes of various control genotypes of STIM1PKO; SEPT7PKO. Red asterisks over each bar represent statistically significant groups compared between STIM1PKO(pink bars) and STIM1flox/flox; SEPTflox/flox(blue bars). Fold changes were normalized to GAPDH. Data are presented as mean ± SEM, *p < 0.05, **p < 0.01; One-way ANOVA with post hoc Tukey’s test. All measurements are taken by qRT-PCR of cDNA prepared from RNA isolated from microdissected Purkinje layers (n = 3 mice for all groups and n = 4 for STIM1PKO; SEPT7PHet, age: 1-year-old mice). Itpr1, inositol 1,4,5-trisphosphate receptor 1, Orai3—Orai3; Casq2, calsequestrin 2, S100b—S100b; Cacng5, calcium voltage-gated channel auxiliary subunit gamma 5; Kctd17, pPotassium channel tetramerization domain containing 17; Vamp1, vesicle-associated membrane protein 1; Syt11, synaptotagmin 11, Setd6, SET domaincontaining 6, Gapdh, glyceraldehyde 3-phosphate dehydrogenase.
Supplementary Figure S2 | Experimental setup of rotarod assay with mice of various genotypes of SEPT7–STIM1 mutant strain (Related to Figure 5) Snapshots of mice of indicated genotypes on an accelerated rotarod at 0, 45, and 102 s. Lane 1–STIM1flox/flox; SEPT7flox/flox (wild), Lane 2–STIM1PKO, Lane 3–STIM1PKO, Lane 4–STIM1PKO; SEPT7PHet, Lane 5–STIM1PKO; SEPT7PKO. All animals were aged 6 months. Mice that have fallen from the accelerating rod are indicated by red arrows.
Supplementary Video S1 | Rotarod assay of SEPT7–STIM1 mutant mice strain (related to Figure 5). Video of the rotarod assay with mice of indicated genotypes. Lane 1: STIM1flox/flox; SEPT7flox/flox (wild), Lane 2: STIM1PKO, Lane 3: STIM1PKO, Lane 4: STIM1PKO; SEPT7PHet, Lane 5: STIM1PKO; SEPT7PKO. All mice were 6 months old in this video.
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Lyz2-Cre-Mediated Genetic Deletion of Septin7 Reveals a Role of Septins in Macrophage Cytokinesis and Kras-Driven Tumorigenesis
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By crossing septin7-floxed mice with Lyz2-Cre mice carrying the Cre recombinase inserted in the Lysozyme-M (Lyz2) gene locus we aimed the specific deletion of septin7 in myeloid cells, such as monocytes, macrophages and granulocytes. Septin7flox/flox:Lyz2-Cre mice show no alterations in the myeloid compartment. Septin7-deleted macrophages (BMDMs) were isolated and analyzed. The lack of Septin7 expression was confirmed and a constitutive double-nucleation was detected in Septin7-deficient BMDMs indicating a defect in macrophage cytokinesis. However, phagocytic function of macrophages as judged by uptake of labelled E. coli particles and LPS-stimulated macrophage activation as judged by induction of TNF mRNA expression and TNF secretion were not compromised. In addition to myeloid cells, Lyz2-Cre is also active in type II pneumocytes (AT2 cells). We monitored lung adenocarcinoma formation in these mice by crossing them with the conditional knock-in Kras-LSL-G12D allele. Interestingly, we found that control mice without septin7 depletion die after 3–5 weeks, while the Septin7-deficient animals survived 11 weeks or even longer. Control mice sacrificed in the age of 4 weeks display a bronchiolo-alveolar hyperplasia with multiple adenomas, whereas the Septin7-deficient animals of the same age are normal or show only a weak multifocal brochiolo-alveolar hyperplasia. Our findings indicate an essential role of Septin7 in macrophage cytokinesis but not in macrophage function. Furthermore, septin7 seems absolutely essential for oncogenic Kras-driven lung tumorigenesis making it a potential target for anti-tumor interventions.
Keywords: septins, septin7, Lyz2-Cre, phagocytosis, myeloid cells, tumor model, Kras-G12D
INTRODUCTION
Septins, a conserved family of filament forming GTPases, build heteropolymeric higher-order structures and participate in diverse cellular processes, and are being widely accepted as the fourth component of eukaryotic cytoskeleton (Mostowy and Cossart, 2012). Originally discovered as genes required for cytokinesis in budding yeast, septins associate with mitotic spindle, contractile ring and midbody and participate in cytokinesis of metazoan cells, (Hartwell et al., 1970; Fededa and Gerlich, 2012; Green et al., 2012; Karasmanis et al., 2019; Chen et al., 2021). Non-canonical septin functions in mammalian cells range from neuronal morphogenesis to control of bacterial and viral infections (Bridges and Gladfelter, 2015; Van Ngo and Mostowy, 2019; Robertin and Mostowy, 2020).
Mammalian cells express 13 septin gene products with partially redundant functions. Depletion of one of the major subunits, such as the pivotal subunit Septin7 affects multiple steps in mitosis and cytokinesis (Kinoshita et al., 1997; Estey et al., 2010; Sellin et al., 2011; Karasmanis et al., 2019; Chen et al., 2021). Deletion of Septin7 gene is associated with the co-depletion of the core septin subunits making it a pan-septin depletion model (Menon et al., 2014). Septin7−/− fibroblasts display cytokinetic failure and undergo obligate multinucleation (Menon et al., 2014). While Septin7−/− embryos fail to gastrulate, Septin7-deletion in lymphoid cells does not have an impact on T and B-lymphocyte development. However, Septin7-deleted CD8+ T cells display cytokinetic failure upon cytokine stimulation in the absence of antigen-presenting cells (Menon et al., 2014; Mujal et al., 2016). Furthermore, siRNA mediated Septin7 depletion in T-lymphocytes in vitro had no impact on lymphocyte proliferation, despite clear motility defects (Tooley et al., 2009). Septin7-deficient myeloid progenitors are capable of colony formation in vitro (Menon et al., 2014) and siRNA-mediated Septin7 depletion in myeloid K562 cell line had no impact on cell proliferation (Sellin et al., 2011). Septins assemble at the base of phagosomes in myeloid cells and siRNA mediated depletion of septin 2 and 11 in macrophages has been shown to suppress FcγR-mediated phagocytosis (Huang et al., 2008). Septins participate in the cell entry and pathogenicity of intracellular bacteria such as Listeria and Shigella (Mostowy et al., 2010; Van Ngo and Mostowy, 2019). While most of the studies investigating the role of septins in bacterial pathogenesis have been performed in non-phagocytic cells, an infection model in zebrafish has shown a role for macrophages and neutrophil septins in limiting Shigella infection (Mostowy et al., 2013). In the present study, we crossed the Septin7flox mice with the myeloid-specific Lyz2-Cre line (Clausen et al., 1999) to generate a tissue-specific Septin7-knockout (KO) mice and to investigate the role of septins in myeloid cells.
Adenocarcinoma, the major form of lung cancer, is associated with activating mutations in the oncogenic small GTPase KRAS (Cancer Genome Atlas Research Network, 2014). Most tumor cells located in lung periphery express surfactant protein C, indicating that they originate from alveolar type 2 (AT2) cells or from their progenitors (Desai et al., 2014). Since the Lyz2 locus is active not only in myeloid lineage but also in AT2 cells (Desai et al., 2014), the Cre-Lyz2 knock-in strain could be used to analyze the effect of gene deletion in AT2 cells. Interestingly, AT2 proliferation is selectively induced by Cre-regulated oncogenic Kras-G12D in vivo (Jackson et al., 2001), efficiently generating multifocal, clonal adenomas in the lungs with replacement of almost the entire alveolar region and death of the animals within a month after birth (Desai et al., 2014). The generation and initial analyses of the Septin7 whole-animal and hematopoietic-specific knockout models had revealed a cell-type specific role for septins in mammalian cytokinesis (Menon et al., 2014). These findings support a hypothesis that differential targeting of cytokinesis could form the basis for specific anti-proliferative therapies to target solid tumors, without impairing hematopoiesis that is less dependent on septins (Menon and Gaestel, 2015). Here, we present genetic evidence that septins are indispensable for Kras-induced lung tumorigenesis and thus septin targeting may be a feasible strategy of therapeutic intervention.
MATERIALS AND METHODS
Generation of Lyz2-Cre Driven Septin7 Conditional KO Mice
All mice experiments were conducted according to German and international guidelines and were in accordance with the ethical oversight by the local government for the administrative region of Lower Saxony (permit 17/2593), Germany. Septin7flox/flox mice (Sept7tm1Mgl) targeting the exon 4 of Septin7 gene was reported previously (Menon et al., 2014). For the generation of myeloid specific knockout animals, Septin7 homozygous floxed mice (back-crossed for six generations with C57Bl/6J) were crossed with B6- Lyz2tm1(cre)Ifo deletor line (Clausen et al., 1999). For the generation of the Ras-induced tumor model the Sept7flox/flox:Lyz2-Cre strain was crossed with B6.129S4-Krastm4Tyj animals (Jackson et al., 2001). In animal experiments, age and sex matched, Cre-expressing Septin7 wt/flox (heterozygous control, n = 18) and flox/flox (homozygous floxed, n = 17) mice were compared. Mice were monitored daily for survival.
DNA Isolation and Genotyping
Tail biopsies and BM samples were overnight digested at 53°C in lysis buffer [50 mM Tris-Cl (pH 8.0), 100 mM EDTA, 100 mM NaCl and 1% SDS] containing proteinase-K (0.5 mg/ml) (Roche). Proteins were salted out with extra NaCl. DNA was precipitated with isopropanol, washed with 70% ethanol and dissolved in water. Genotyping PCRs were performed with Top Taq DNA polymerase (Qiagen) with extra Mg2+ under standard conditions with annealing temperature at 53°C. The primers used for Septin7 and Cre genotyping were described previously (Menon et al., 2014). Lyz2-Cre locus was genotyped using primers described in the Jackson laboratory Genotyping protocol (#28518) for the strain using standard PCR conditions. For genotyping Kras, the following primers were used: Kras-y117: 5’-CTA​GCC​ACC​ATG​GCT​TGA​GT-3’; Kras-y118: 5’-ATG​TCT​TTC​CCC​AGC​ACA​GT-3’; Kras-y116: TCC​GAA​TTC​AGT​GAC​TAC​AGA​TG-3’. For Kras wildtype, y117/y118 primer pairs generated a PCR product of 450-bp. For Kras LSL allele y117/y116 primer pairs generated a PCR product of 327-bp (Thakkar et al., 2018) PCR reactions were separated on 2% agarose gels and images acquired using INTAS Gel documentation system.
BMDM Generation and Treatments
To obtain bone marrow-derived macrophages (BMDMs), femurs of 6–8 weeks-old mice were flushed and plated on one 10 cm plate with 100 ng/ml M-CSF (Wyeth/Pfizer) in DMEM supplemented with 10% FCS, antibiotics and 1× non-essential amino-acids. The next day, non-adherent floaters were transferred to a new 10 cm plate and new medium containing M-CSF was added to the first plate. Medium was renewed on both plates every 3–4 days. Cells were scraped and seeded for experiments between 10 and 14 days after initial plating. For experimental treatments, cells were seeded in the same growth medium without MCSF. For stimulation, BMDMs were treated with LPS (Sigma, E. coli O127:B8, 1 μg/ml) for indicated time-periods before cells and/or supernatants were used for further analyses.
For monitoring phagocytosis, the cells were treated with BODIPY™ FL conjugated E. coli (K-12 strain) Bioparticles (Molecular Probes, Cat#E2864) for 75 min. Immediately after the incubation, cells were cooled on ice, were 3× washed with ice-cold PBS and were fixed and stained with Septin7 antibodies and DAPI as described below. For semi-quantitative measurement of phagocytosis BMDMs were treated with Fluorescein-labeled Escherichia coli K-12 Bioparticles (Vybrant™ Phagocytosis Assay Kit, Molecular Probes, Cat#V-6694) for 75 min. After incubation, cells were immediately cooled on ice and trypan blue was added and incubated for 1 min to extinguish fluorescence of non-internalized bacteria. The cells were washed 3× with ice-cold PBS, fixed with 4% PFA and stained with DAPI as described below. The images were acquired on Cytation 1 (BioTek) at 40× magnification in eight fields of view (FOV) per samples using BioTek Gen5™ Software. Quantification of mean fluorescence intensity (MFI) was determined using Cellular Analysis tools from BioTek Gen5™ Software. DAPI staining was defined as primary mask to identify the cells. Furthermore, the secondary mask was defined from GFP channel by expanding the primary mask to 20 µm that cover the perinuclear region. Green MFI in that area were measured. The results are defined as the mean of green fluorescence intensity per cells per FOV. For monitoring the efficiency of Septin7 depletion, control cells were fixed and stained for Septin7 (Alexa fluor-555 channel) and images were acquired and processed as above. DAPI staining was defined as primary mask to identify the cells and the standard RFP channel was used to detect Septin7. RFP mean fluorescence intensity (MFI) were measured and a minimum threshold RFP signal in the Septin7 positive cells were defined. The number of cells with red fluorescence intensity higher than the threshold were counted, and then the percentage of positive cells to total cells (DAPI positive cells) were calculated. The results are the mean of % RFP positive cells per FOV.
Antibodies and Reagents
Primary antibodies used were: Septin7 (#JP18991, IBL International), EF2 (sc-13004-R, Santa Cruz Biotech) and Phospho-p38 MAPK (#9211, Cell Signaling Technology). Anti-rabbit Alexa fluor-555 (#A31572), anti-rabbit Alexa fluor-488 (cat# A21206) and anti-mouse Alexa fluor-546 -dye labeled secondary antibodies, tetramethyl rhodamine-conjugated WGA (#W849) and Alexa fluor-647-conjugated phalloidin (#A22287) were from Invitrogen. DAPI for DNA staining was from Carl Roth (#6335.1). HRP-labeled anti-rabbit (#111035-003) secondary antibodies for immunoblots were from Dianova.
Western Immunoblotting
Cells were lysed directly in SDS gel loading dye and western blotting was performed as previously described using gradient SDS-PAGE gels (Menon et al., 2010).
Immunofluorescence Staining
BMDMs were grown on glass coverslips and fixed with 4% paraformaldehyde (PFA) in PBS. Fixation was performed for 2–5 min at room temperature (RT) followed by 20 min at 4°C and were permeabilized with 0.25% Triton X-100–PBS for 30 min at RT. Blocking was done using 4% bovine serum albumin (BSA) for 1 h at 4°C. Primary antibodies were used at a 1:50 to 1:200 dilution in 1% BSA–PBS for 1–2 h. Secondary antibodies or Alexa Fluor 647-conjugated phalloidin/tetramethy rhodamine conjugated WGA was used at a 1:500 dilution in 1% BSA–PBS. Slides were mounted with ROTI®Mount (Carl-Roth) after staining with DAPI. Imaging was performed using a Leica TCS SP2 confocal microscope with standard settings. For phagocytosis assays, images were acquired using a standard fluorescence microscope or the Cytation 1 imaging multimode reader (Biotek).
Flow Cytometry Analysis
For immunophenotyping analysis of bone marrow, cells were isolated, RBC lysed (Pharmlyse, BD Biosciences) and analyzed for surface staining with Gr1-PE (clone-RB6-8CS), Sca1-PE (D7), ckit-APC (2B8; BD Biosciences), CD11b-APC (M1/70; eBiosciences), CD11b-PE (M1/70.15; Immunotools)and F4/80-PE (BM8; eBiosciences) as described previously (Mingay et al., 2018). In short, Propidium-Iodide-negative cells were gated and probed for c-Kit-APC/Sca1-PE double positive, CD11b-APC/F4/80-PE double positive (monocytes) and CD11b-APC/Gr1-PE double positive (granulocytes) cells as shown in the representative gating scheme (Supplementary Figure S1). BMDMs were scraped out, pelleted and resuspended in PBS-2mM EDTA before staining. Samples were analyzed using a FACSCalibur Flow-cytometer (BD Biosciences).
For Septin7 staining, nucleated BM cells were fixed with 3× by volume PFA (4%) at RT for 30 min. Washed and resuspended in PBS and absolute methanol was added to 90% concentration final with constant mixing. The methanol permeabilization was continued for 30 min on ice. After 2× PBS wash cells were resuspended in 4% BSA-PBS and blocked at 4°C for 30 min. Cells were stained with primary Septin7 antibodies (1:100 in 1%BSA-PBS) at RT for 30 min. After 1× PBS wash, samples were resuspended in Alexa fluor-488-labelled secondary antibody dilution (1:500 diluted in 1% BSA-PBS) and incubated for additional 30 min before PBS wash and analysis in Accuri- C6 flow cytometer.
Gene Expression Analyses by Real-Time qPCR and ELISA
RNA was isolated using the NucleoSpin RNA extraction kit (Macherey and Nagel) according to the manufacturer’s instructions. cDNA was synthesized with the first strand cDNA synthesis kit (Fermentas/Thermo) using random hexamer primers. qRT-PCRs were run on a Rotor-Gene-Q (Qiagen) device using 2× SYBR-Green SensiFast mixes (no ROX, Bioline) and the gene expression for Tnfα and Nfkbiα were normalized to Gapdh and presented. Primers used are Tnfα-fwd- 5’-TGC​CTA​TGT​CTC​AGC​CTC​TTC-3’, Tnfα -rev- 5’- GAG​GCC​ATT​TGG​GAA​CTT​CT -3’, Gapdh-fwd- 5’- CAT​GGC​CTT​CCG​TGT​TCC​TA- 3’, Gapdh-rev-“CCTGCTTCACCACCTTCTTGAT”, Nfkbiα -fwd-5’- GAC​GCA​GAC​CTG​CAC​ACC​CC- 3’ and Nfkbiα-rev-5’-TGGAGGGCTGTCCGGCCATT-3’. BMDM supernatants were collected and quantification of murine TNFα by ELISA was performed as described previously using commercial kits (Tiedje et al., 2012).
Histopathology
Lungs were harvested and inflation fixed with 10% neutral buffered formalin. Lungs were trimmed at different levels and embedded in paraffin wax. For histological examinations 2–3 µm thick sections were prepared and stained with hematoxylin and eosin.
Statistical Analyses
Students 2-tailed t-tests was used to check the statistical significance of differences between Septin7-wt and KO myeloid cells (in Figure 1B, Figures 2C,D, p-values non-significant > 0.3). For the animal experiments, p-values were derived by the Kaplan-Meier log-rank (Mantel-Cox) test using GraphPad Prism 8 software. The survival curves are significantly different with a χ2 = 36.29 resulting in a p value < 0.0001.
[image: Figure 1]FIGURE 1 | Effect of myeloid Septin7-deletion in myelopoiesis and BMDM proliferation. (A) Septin7-genotye analyses of bone marrow (BM) cells and BM-derived macrophages (BMDM) from the myeloid specific Septin7-KO mice show efficient deletion of the floxed allele. (B) Cell surface marker analysis of BM cells from Septin7flox/flox:Lyz2-Cre and Septin7wt/wt:Lyz2-Cre reveal no significant differences (n = 3 mice each, p value > 0.3) in stem/progenitors (cKit+ and Sca1+), monocytes (CD11b+ and F4/80+) and granulocyte (Gr1+ and CD11b+) populations. (C) Immunofluorescence analysis showing obligatory binucleation of Septin7-KO BMDMs. DAPI is used for nuclear staining, WGA and Phalloidin (staining F-actin) are shown as counter stains. Septin7-negative cells display more than one nucleus, whereas Septin7-positive cells (stained green) display only one.
[image: Figure 2]FIGURE 2 | Septin7 KO BMDMs respond normally to LPS stimulation. (A,B) Immunoblot analyses of LPS-stimulated BMDM lysates (A) and Flow-cytometry (B) show efficient depletion of Septin7 in two homozygous Septin7-KO cells. However, p38 activation is indistinguishable between the KO and control cells (A). EF2 is shown as loading control. (C) LPS-induced expression of Tnfα and Nfkbiα are not significantly affected upon Septin7-deletion in BMDMs (n = 4 independent treated culture wells, p-values > 0.3 for 1 h LPS-stimulated samples). (D) LPS-induced secretion of Tnfα quantified by ELISA reveal no significant difference between Septin7-KO and Septin7-Wt (WT) BMDMs (n = 4 independent treated culture wells, p-values > 0.3 for 1 and 4 h LPS-treated).
RESULTS
Deletion of Septin7 Does Not Alter the Myeloid Compartment, But Leads to Cytokinesis Failure in Macrophages In Vitro
By in vitro deletion of Septin7 in hematopoietic cells, we had previously shown that Septin7-deficient myeloid progenitors can form colonies in a semi-solid medium (Menon et al., 2014). To further investigate the in vivo consequences of Septin7 deletion in myeloid cells, we crossed the Septin7-floxed mice with the Lyz2-Cre deleter line (Clausen et al., 1999) to generate a myeloid-specific Septin7-KO. Septin7flox/flox:Lyz2-Cre animals developed normally without any perceived abnormalities. Efficient Cre-mediated recombination was detectable in the bone marrow (BM) of the heterozygous and homozygous floxed mice in the presence of Lyz2-Cre as indicated by the genotyping data (Figure 1A). Residual amounts of the floxed allele were detected, as expected from the presence of additional non-myeloid cells in the BM. Flow-cytometric analysis for the myeloid lineage cells revealed no significant difference between the wild-type and Septin7-KO mice BM, indicating septin-independent development of myeloid lineage cells (Figure 1B).
In regard to the cell-type specificity of septin-dependent cytokinesis, a recent hypothesis is the requirement of septins specifically for the proliferation of adherent cell-types (Sellin et al., 2011). To verify this hypothesis, we generated adherent BM-derived macrophages (BMDMs) from the Septin7-KO mice. As indicated by the genotyping data, the BMDMs displayed almost complete deletion of the Septin7-floxed allele (Figure 1A). However, microscopic analyses of Septin7 expression revealed significant heterogeneity in the cells even after 10 days of BMDM differentiation showing a mosaic of Septin7-depleted and Septin7 positive cells (Figure 1C). Interestingly, cells without Septin7 expression were almost exclusively double-nucleated, establishing a role for septins in BMDM cytokinesis.
Septin7-Deleted Macrophages are Functional, Despite Defective Cytokinesis
Considering the cytokinetic defect observed in Septin7-deficient macrophages, we further investigated whether they are impaired in their functionality. Expression of myeloid markers including CD11b and F4/80 was comparable between control and Septin7−/− BMDMs indicating normal differentiation in vitro (Supplementary Figure S2). Immunoblotting revealed strong depletion of Septin7 protein levels in the Septin7flox/flox:Lyz2-Cre BMDMs, which was consistent with the flow-cytometric analysis (Figures 2A,B). To understand the effects of Septin depletion of macrophage functions, we monitored the lipopolysaccharide (LPS) induced activation of BMDMs by analyzing downstream p38 MAPK phosphorylation. As expected, strong p38 activation was observed upon LPS-stimulation, but there were no differences between Septin7-depleted and wild-type cells (Figure 2A). Real-time qPCR analyses for the expression of mRNA of Tnfα (TNFα) and Nfκbia (IκBα), two downstream targets of LPS, also showed no significant changes upon Septin7 deletion (Figure 2C). Moreover, the LPS-induced secretion of TNFα was also normal in Septin7-deficient BMDMs (Figure 2D). Since the alterations in septin cytoskeleton may have consequences in vesicular transport and processes involving the cell cortex, we also performed macrophage phagocytosis assays using labelled E. coli particles. Since Lyz2-Cre mediated deletion of Septin7 usually results in a mixed population of Septin7-positive and negative cells in the early stages, we used this model to monitor the role of septins in phagocytosis. As indicated by the images, the BMDMs efficiently phagocytosed the bacterial particles independent of Septin expression and multinucleation (Figure 3A). Semi-quantitative analysis using immunofluorescence microcopy showed no differences in phagocytosed bacterial particles between WT and Septin 7 KO BMDMs (Figure 3B). A control analysis of untreated cells revealed that majority of BMDMs from Septin7 KO were indeed depleted of Septin7 protein (Figure 3C).
[image: Figure 3]FIGURE 3 | Septin7 KO BMDMs phagocytose bacterial particles. (A) BMDMs generated from Septin7flox/flox:Lyz2-Cre mice BM were subjected to phagocytosis assay with fluorescent labeled E. coli particles (Green) and were fixed and stained with Septin7 antibodies (Red) and DAPI (blue). Both Septin7-positive mono-nucleated cells and Septin7-deficient predominantly multinucleated BMDMs efficiently phagocytose the bacterial particles as indicated by their intracellular accumulation. (B) Semi-quantitative analysis of phagocytosed bacterial particles of WT and Septin 7 KO BMDMs—mean of green fluorescence intensity (MFI) of phagocytosed green-fluorescent particles is shown per cells per field of view. (C) Percentage of Septin7-positive cells quantified as detailed in methods section and shown as percentage per field of view (FOV).
In summary, while Septin7-depleted macrophages displayed cytokinetic failure leading to bi-nucleated and multinucleated cells, they were normal for the functions tested. It is interesting to note that fully differentiated and activated macrophage populations usually harbor significant amount of multinucleated cells (Pereira et al., 2018).
Septin7 in Tumor Cell Proliferation In Vivo
Lysozyme M (Lyz2)-Cre is often used as the deleter line of choice for gene deletion in myeloid lineages including monocytes, macrophages and granulocytes. However, the Lyz2 locus is active not only in myeloid lineages but also in the lung alveolar type-2 (AT2) cells. Hence, the Cre-Lyz2 knock-in strain could nicely be used to analyze the effect of gene deletion in AT2 cells. AT2 cells, among other things are involved in the secretion of surfactants that prevents alveolar collapse. Analysis of the Septin7flox/flox:Lyz2-Cre mice revealed no defects in lung development (data not shown). To analyze the role of Septin7 in tumor development, we decided to establish a Septin7-dependent in vivo mouse model of lung adenocarcinoma formation, the major form of lung cancer associated with activating mutations in the Kras oncogene. We used Cre-Lyz2-mediated recombination to activate the conditional knock-in Kras-LSL-G12D allele (Jackson et al., 2001) in AT2 cells (Desai et al., 2014). In this model, AT2 proliferation is selectively induced by knock-in of oncogenic Kras-G12D in vivo, efficiently generating multifocal, clonal adenomas with replacement of almost the entire alveolar region and death of the animals within 1 month after birth. We genetically combined the knock-in of oncogenic Kras with the deletion of Septin7 in AT2 cells in vivo by crossing mice to introduce the Sept7flox-allele in addition to Kras-LSL-G12D and Lyz2-Cre alleles (Figure 4A). We then compared adenocarcinoma formation between Kras-LSL-G12D:Lyz2-Cre:Sept7flox/flox and Kras-LSL-G12D:Lyz2-Cre:Sept7flox/wt. All animals analyzed were heterozygous for the Kras-LSL-G12D allele and littermates were used to avoid other variables. We detected a significant difference in survival time between the homozygous Septin7-KO and the control Septin7+/− mice. While control mice die between 3–5 weeks, the Septin7-deficient animals survived 11 weeks or even longer (Figure 4B). In parallel, lungs from both groups of animals were investigated using histopathology. The occurrence of bronchiolo-alveolar hyperplasia as well as adenomas was assessed semi-quantitatively by light microscopy. Analyses of control mice sacrificed at the age of 4 weeks displayed a bronchiolo-alveolar hyperplasia with multiple adenomas, whereas lungs of Septin7-deficient animals of the same age were unremarkable or showed only a weaker multifocal brochiolo-alveolar hyperplasia (Figures 4C,D and Supplementary Figure S4). This indicates an essential role of Septin7 in oncogenic Kras-induced lung tumorigenesis.
[image: Figure 4]FIGURE 4 | Septin7 is essential for Ras-induced lung tumor formation and lethality in vivo. (A) The gene targeting strategy employed for the generation of a Kras-G12D-induced lung tumor model to monitor the effects of Septin7-deficiency using the Lyz2-Cre deleter line. (B) Kaplan-Meier survival plots showing the essential role of Septin7 in lung cancer induced lethality in the Kras-induced tumor model. The survival curves are significantly different with a χ2 = 36.29 resulting in a p-value < 0.0001. (C) Representative images of hematoxylin and eosin (H and E) stained lung sections from the mice of indicated genotype at 4 weeks after birth. Cancer associated tissue alterations visible are indicated (scale bar = 100 µm). (D) Lungs from Septin7-KO mice show late-onset adenomas and lymphomas as revealed in the standard histology H and E staining. Arrow = bronchiolo-alveolar hyperplasia, star = multiple adenomas and circle = T cells lymphoma (scale bar = 200 µm).
DISCUSSION
Our findings from the myeloid-specific Septin7-KO model indicate an essential role of Septin7 in macrophage cytokinesis but not in macrophage functions. Furthermore, septin7 seems to be essential for Kras-driven tumor development in the lung making it a potential target for anti-tumor interventions. Even though it was a known fact that septins are required for the proliferation of several tumor-derived epithelial cell lines and Septin7-deficient fibroblasts undergo obligate multinucleation in vitro, this is the first report establishing a clear role for septins in tumorigenesis in vivo.
The Lyz2-Cre-mediated Septin7 deletion was very efficient in the BM, but did not lead to perceivable defects in the development of monocytes and granulocytes (Figures 1A,B). However, in vitro differentiated BMDMs displayed clear double nucleation upon Septin7-depletion. Interestingly, this supports the hypothesis that adherent hematopoietic lineages and not the suspension cells require septins for completion of cytokinesis. It should be noted that the complete depletion of Septin7 in majority of the BMDMs was only achieved upon prolonged differentiation of BM cells with MCSF. While 1 week of MCSF treatment is used in standard BMDM generation protocols, much longer periods were required to achieve Septin7 deletion in majority of the population (Supplementary Figure S5). Despite the defects in cytokinesis, the Septin7-KO macrophages were not compromised in their functions including activation, gene expression, cytokine secretion and phagocytosis. Previous studies using knockdown approaches targeting Septins 2 and 11 in macrophage cell lines have shown a role for septins in phagosome assembly (Huang et al., 2008). Moreover, they observed a septin collar-like structure at the base of phagosomes during FcγR-mediated phagocytosis in macrophages and neutrophils. This discrepancy with our observations could be due to the differences in the experimental settings as the previous study specifically focused on FcγR-mediated phagocytosis of IgG-coated latex beads and we followed phagocytosis of bacteria by primary macrophages. A role for septins in bacterial and yeast infection or invasion has been established predominantly in non-phagocytic epithelial cells and the Septin7flox/flox:Lyz2-Cre mouse model will be an invaluable tool in further studies investigating the role of septins in infection biology using septin-depleted macrophages and neutrophils.
The protection of the Septin7-depleted mice from rapid-onset lung tumors and resultant lethality was clearly evident. However, Septin7-KO mice also eventually succumbed to the oncogene-induced lethality. We could detect adenomas similar to that of the 4 weeks-old control mice in Septin7flox/flox animals sacrificed at the age of 14 weeks. These “late” (slow growing) adenomas could result from cells adapted to Septin7 ablation or could also arise from a minor cell population with Cre-driven recombined Kras but without Cre-driven Septin7 deletion. Interestingly, adenomas in the lungs of Septin7flox/flox animals were accompanied with morphological distinct tumor foci (myeloma or lymphoma), which were not detected in the control animals. A possible explanation is that the growth of adenoma was inhibited in the absence of Septin7 and other cell types with activated Kras form tumors with a slower kinetics. It is to be noted that Lyz2-Cre expression is not restricted to myeloid cells and AT2 cells (Ye et al., 2003). Another possibility is that the appearance of this novel (non-adenoma) tumor cells is caused by Kras activation combined with genetic instability caused by the loss of Septin7. Interestingly, a recent multi-omics study correlated low SEPTIN7 expression levels and an intronic single-nucleotide polymorphism in the SEPTIN7 gene with higher survival rates for long-term former smoking lung cancer patients (Shen et al., 2021). While the presence of Septin7 seems indispensable for oncogenic Ras-induced lung-adenocarcinoma formation, further investigations in the Septin7 conditional knockout model is necessary to completely understand the role of septins in tumorigenesis.
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SUPPLEMENTARY FIGURE S1 | The gating scheme used for immunophenotyping of the bone-marrow. The simple gating scheme involving forward, and side-scatter based gating, followed by dead-cell exclusion by selecting propidium-iodide negative cells is shown with a representative example bone-marrow staining with the indicated antibody cocktails.
SUPPLEMENTARY FIGURE S2 | Septin7-KO BMDMs have normal surface marker expression. Septin7-KO and wild-type BMDMs were surface stained for CD11b or F4/80 and were analysed by BD Accuri-C6 flow-cytometer.
SUPPLEMENTARY FIGURE S3 | Isotype controls show specific staining of Septin7 in BMDMs. Additional controls for the flow-cytometry data presented in Figure 2B. An indirect flow-cytometry protocol is used with anti-Septin7 antibodies and anti-Rabbit Alexa Fluor-488 labelled secondary antibodies are 13 combined to detect septin. Here, staining with the secondary antibody alone is included which shows immunofluorescence intensities similar to that seen in the Septin7-KO cells.
SUPPLEMENTARY FIGURE S4 | Higher magnification images showing the abnormalities observed in old Septin7 KO mice upon Ras-induced tumorigenesis. Representative higher magnification images (scale bar = 100 μm) of H&E stained sections from Septin7-KO mice (14 weeks old, shown in Figure 4D).
SUPPLEMENTARY FIGURE S5 | Effect of longer BMDM culture on Septin7 depletion in floxed cells. BM cells from WT and Septin7-floxed mice were treated with MCSF for the indicated time-periods to generate BMDMs. The adherent cells were fixed and stained for Septin7, alpha-tubulin and nuclei (DAPI). The data clearly indicate significantly higher number of Septin7-depleted cells in 2 weeks differentiated compared to 1 week differentiated KO cells.
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Septin GTPases form nonpolar heteropolymers that play important roles in cytokinesis and other cellular processes. The ability to form heteropolymers appears to be critical to many septin functions and to have been a major driver of the high conservation of many septin domains. Septins fall into five orthologous groups. Members of Groups 1–4 interact with each other to form heterooligomers and are known as the “core septins.” Representative core septins are present in all fungi and animals so far examined and show positional orthology with monomer location in the heteropolymer conserved within groups. In contrast, members of Group 5 are not part of canonical heteropolymers and appear to interact only transiently, if at all, with core septins. Group 5 septins have a spotty distribution, having been identified in specific fungi, ciliates, chlorophyte algae, and brown algae. In this review we compare the septins from nine well-studied model organisms that span the tree of life (Homo sapiens, Drosophila melanogaster, Schistosoma mansoni, Caenorhabditis elegans, Saccharomyces cerevisiae, Aspergillus nidulans, Magnaporthe oryzae, Tetrahymena thermophila, and Chlamydomonas reinhardtii). We focus on classification, evolutionary relationships, conserved motifs, interfaces between monomers, and positional orthology within heteropolymers. Understanding the relationships of septins across kingdoms can give new insight into their functions.
Keywords: interface, evolution, heteropolymer, septin, domains
INTRODUCTION
Septin GTPases form nonpolar heteropolymers and are a component of the cytoskeleton (Mostowy and Cossart 2012). The first septins were identified in Saccharomyces cerevisiae in the classic cell division cycle (cdc) mutant screen. The four prototypical septin mutants, cdc3, cdc10, cdc11, and cdc12, made elongated buds and did not complete cytokinesis at restrictive temperature (Hartwell et al., 1970; Hartwell et al., 1973). In the 50 years since their discovery, septins have been identified in organisms across kingdoms and much work has been done to understand septin evolution, structure, assembly, and function (Angelis and Spiliotis 2016; Momany and Talbot 2017; Spiliotis and McMurray 2020; Spiliotis and Nakos 2021; Woods and Gladfelter 2021). The purpose of this review is to allow researchers to understand the relationships of septins across kingdoms so that they can use insights from other systems to inform their own work. We will do this by comparing septins from nine model systems (Figure 1), focusing on classifications based on evolutionary relationships and conserved motifs, including interfaces. We chose these nine organisms because they span the tree of life and are well-studied, but we urge researchers to remember that there is great diversity in septin structure and function and we are covering only a small, though hopefully representative, slice. Much of the knowledge presented in this review builds on many structural and functional studies conducted in many labs over many years. We apologize to our colleagues whose work might be missed.
[image: Figure 1]FIGURE 1 | Groupings of septins across Kingdoms. Septin designations for representative model organisms across kingdoms are shown. Protein sequences were retrieved from UniProt, WormBase, NCBI, or FungiDB.1All 161 then-available septin sequences were classified into 5 groups by the Momany lab (Pan et al., 2007).2All 12 then-available human septins were classified into 4 homologous groups, members of which were proposed to substitute for each other in a polymer (“Kinoshita rule”) by the Kinoshita lab (Kinoshita 2003b).3Hs, Homo sapiens; SEPT1(Q8WYJ6), SEPT2(Q15019), SEPT3(Q9UH03), SEPT4(Q6ZU15), SEPT5(Q99719), SEPT6(Q14141), SEPT7(Q16181), SEPT8(Q92599), SEPT9(Q9UHD8), SEPT10(Q9P0V9), SEPT11(Q9NVA2), SEPT12(Q8IYM1), SEPT14(Q6ZU15); Dm, Drosophila melanogaster; Sep1(P42207), Sep2(P54359), Sep4(Q0KHR7), Sep5(Q7KLG8), Pnut(P40797); Sm, Schistosoma mansoni; SEPT5(KC916723), SEPT7.1(KC916724), SEPT7.2(KC916725), SEPT10(KC916726); Ce, Caenorhabditis elegans; UNC-59 (CE20165), UNC-61(CE47829); Sc, Saccharomyces cerevisiae; Cdc3(YLR314C), Cdc10(YCR002C), Cdc11(YJR076C), Cdc12(YHR107C), Shs1(YDL225W), Spr3(YGR059W), Spr28(YDR218C); An, Aspergillus nidulans: AspA(AN4667), AspB(AN6688), AspC(AN8182), AspD(AN1394), AspE(AN10595); Mo, Magnaporthe oryzae; Sep3(MGG_01521), Sep4(MGG_06726), Sep5(MGG_03087), Sep6(MGG_07466), Sep7(MGG_02626); Tt, Tetrahymena thermophila; Sep2(I7M2Q5), Sep3(Q240L4); Cr, Chlamydomonas reinhardtii; Sep1(EDP03113).
CLASSIFICATION AND EVOLUTION
The first attempt to classify the fungal septins was in 2001 when the Momany lab analyzed 27 septins from eight fungi (Momany et al., 2001). They concluded that most fungal septins could be grouped with one of the four S. cerevisiae prototypical, or core, septins, and referred to each class based on the S. cerevisiae septin member (Cdc3, Cdc10, Cdc11, or Cdc12). They also noted a few fungal septins did not appear to group with others and suggested these might be part of a fifth class.
The first attempt to classify the mammalian septins was in 2003 when Makoto Kinoshita placed the 12 human septins known at the time into four groups based on sequence similarity (Kinoshita 2003a). He also proposed that group members were interchangeable within heteropolymers, an idea that is often now called the “Kinoshita rule.” This rule was very important in shaping septin research because while it was clear that septin monomers interacted with each other to form nonpolar heterohexamers and heterooctamers, the principles that governed their assembly were not yet known. These four Kinoshita septin groups were named after their best-studied members: SEPT2 (group also contains SEPT1, SEPT4, and SEPT5), SEPT3 (also contains SEPT9 and SEPT12), SEPT6 (also contains SEPT8, SEPT10, and SEPT11), and SEPT7 (the only group with a single representative) (Figure 1). In 2003 Kinoshita widened his scope with a phylogenetic analysis of 33 septins from two yeasts and three animals (Kinoshita 2003b). He concluded that septins fell into 2-4 groups within these species. He also concluded that there were no orthologs between animal and fungal septins and suggested that this meant lessons learned from septins in one kingdom might not be informative for those in the other kingdom. Contrary to this view and as described below, later analysis of a wider range of genome sequences showed that there was orthology between animal and fungal septins and that some lessons learned could be applied across kingdoms. As more genome sequences became available, other researchers analyzed more septins and found that the Kinoshita classification system worked well for other animals in addition to humans. In work largely focused on mammalian septins, Martinez and Ware (Martinez et al., 2004) renamed the Kinoshita groups “Group I-IV” based on sequence similarity, though that designation doesn’t seem to have been used much since. Later the Yu lab analyzed 78 septins from nine metazoan species, found they all fell into the four Kinoshita groups, and continued to use the Kinoshita Group names to describe them (Cao et al., 2007).
In 2007 the Momany lab performed an extensive phylogenetic analysis including all 161 septin sequences that were publicly available at the time (Pan et al., 2007). They found septins in animals, fungi, and microsporidia (which were later reclassified as fungi), but none in plants or protists. These septins were placed into five classes and were named Groups 1–5 (Figure 1). Animal septins were found only in Momany Groups 1 and 2, but those groups contained subgroups that were generally consistent with the Kinoshita classification (Momany Group 1a = Kinoshita Group SEPT3, 1b = SEPT6, 2b = SEPT2 and SEPT7). The Momany classification Group 2b contained both Kinoshita Group SEPT2 and Kinoshita Group SEPT7 septins.
In the Momany classification, fungal septins were found in all five groups, with Groups 3–5 being unique to fungi (Figure 1). The Group 5 septins were the most different from those in other groups and were only found in filamentous fungi leading the authors to speculate that Group 5 septins either diverged very recently in filamentous fungi or very early with subsequent loss in most species. Interestingly later work showed that the Group 5 septins don’t participate in the heteropolymer like the prototypical core septins (Hernandez-Rodriguez et al., 2014).
As more high-quality genomes became publicly available, septin sequences were identified in organisms outside of animals and fungi including protists, ciliates, chlorophyte algae and brown algae (Merchant et al., 2007; Wloga et al., 2008; Nishihama et al., 2011). In 2011 the Pringle lab proposed that Group 5 septins were ancestral to animals and fungi based on their identification in Alveolata, Heterokonta, and Planta and additional phylogenetic research in fungal septins supports that proposition (Nishihama et al., 2011; Auxier et al., 2019). It is currently unclear if Group 5 septins are a single group or if they might contain multiple groups, a sort of “none of the above” category relative to the core septins in Groups 1–4. An analysis of septins including those from green algae, brown algae, ciliates, and diatoms published in 2013 by the Kawano lab (Yamazaki et al., 2013) suggests that Group 5 fungal septins are a distinct subgroup, separate from septins in green algae and ciliates.
HETEROPOLYMERS
With the publication of the first septin crystal structure, it became clear that core septin monomers form heteropolymers by interacting with each other via two distinct interface regions, called the G-interface and the NC-interface (Figures 2C,D) (Sirajuddin et al., 2007). Several highly conserved regions first noted in Pan et al. (Pan et al., 2007) were later shown to participate in monomer contacts across interfaces that defined four interacting groups at the NC-interface and five at the G-interface (Auxier et al., 2019; Castro et al., 2020) (Figure 2).
[image: Figure 2]FIGURE 2 | Conserved septin domains and interfaces. (A) Septin conserved domains shown to scale modeled on human SEPT7. N-Terminal Extension (NTE), polybasic region (PB), GTPase domain motifs (G1, G3, G4), septin motifs (S1, S2, S3, S4), polyacidic region (PA), septin unique element (SUE), coiled-coil, and C-Terminal Extension (CTE). NC- and G-interface residues shown in magenta and teal. (B) Septins were aligned using Clustal Omega (Madeira et al., 2019) and WebLogo 3 (Crooks et al., 2004) was used to highlight conserved regions of septins listed in the table. (C) Representation of the SEPT2/6/7 trimer with interacting group designations adapted from Auxier et al. (Auxier et al., 2019). (D) Canonical hexamers and octamers from both animals and fungi highlighting positional orthologs.
It should be noted that there are far more protein structures available for human septins than for others. Structures of septins from other species would certainly help to clarify many of the outstanding questions in the field. Still, based on known structures and other biochemical and genetic analyses it is clear that canonical octamer and hexamer heteropolymers are assembled following the same general plan; that is to say evolutionarily-related septins occupy the same positions within heteropolymers and bind using the same interfaces (McMurray and Thorner 2019; Mendonca et al., 2019; Soroor et al., 2021). This allows for the comparison of septins across evolutionary groups because they occupy equivalent positions within heteropolymers acting as “positional orthologs,” though it should be noted that positional orthology does not necessarily mean that all activities are equivalent. Since SEPT2 and SEPT7 are within the same subgroup in the Momany classification, but are at different positions within polymers, we show them here as Groups 2b-2 (SEPT2) and 2b-7 (SEPT7). Octamer heteropolymers are formed with a central Group 1a septin dimer, flanked by Group 2 septins (2b-7 in animals or 2a in fungi), flanked by a Group 1b septin in animals or Group 4 septin in fungi, flanked by Group 2b-2 in animals or three in fungi (Figure 2D). The canonical hexamers are identical, except they lack the central Group 1a septin dimer.
Interestingly, Caenorhaabditis elegans has only two septins, UNC61 and UNC59. In all classifications, UNC61 was placed with the SEPT6/Group 1b septins. The placement of UNC59 has been less consistent. In the Momany lab analysis UNC59 was in a small Group 2b subclade with two septins from Caenorhabditis briggsae. This clade was an outlier, though it was closer to the subclade containing human SEPT2 than to that containing human SEPT7 (Pan et al., 2007). In the Kinoshita and Yu analyses (Kinoshita 2003a; Cao et al., 2007) UNC59 was again something of an outlier but fell into the same clade as human SEPT7.
In other model organisms examined here the Group 2b-7 septin is positioned in the interior of the heterohexamer or heterooctamer (Figure 2D). In contrast, UNC-59 appears to be the exposed subunit of the heterotetramer (John et al., 2007). Despite its lack of positional orthology, we show UNC59 as a member of Group 2b-7 in Figures 1–4 because UNC59 was first identified by its homology to the Drosophila melanogaster SEPT7 ortholog PNUT (Nguyen et al., 2000). It will be very interesting to see which features of this unusual septin allow it to function as a heterotetramer rather than the more common heterohexamer or heterooctamer.
[image: Figure 3]FIGURE 3 | Variable Septin domains. Septins were aligned using Clustal Omega (Madeira et al., 2019) and WebLogo 3 (Crooks et al., 2004) was used to view variable septin domains. (A) The polyacidic, (B) polybasic 2, and (C) coiled-coil regions vary between groups in size and residues.
[image: Figure 4]FIGURE 4 | Comparison of septin domain conservation. Large scale view of septins highlighting areas with variable sequence lengths. Septin proteins were aligned using Clustal Omega (Madeira et al., 2019), and placed in alphabetical order within groups. Domains are as shown for Figure 2 and are indicated above the alignment. Vertical lines denote boundaries of domains. Rectangles indicate blocks of conservation. Thin horizontal lines indicate gaps introduced by Clustal to facilitate alignment.
MOTIFS
Not surprisingly based on their evolutionary origin from a common ancestor, septins across species share several well-conserved motifs (Figures 2–4) including those shown in Figure 2A: the polybasic regions (PB1 and PB2), GTPase motifs (G1, G3, G4), septin conserved motifs (S1, S2, S3, S4), polyacidic region (PA), and the septin unique element (SUE) (Zhang et al., 1999; Leipe et al., 2002; Versele et al., 2004; Pan et al., 2007; Valadares et al., 2017; Omrane et al., 2019). Comparing the nine representative model organisms highlights interesting features of the conserved motifs across the five septin groups (Figures 1–4):
N-Terminal Extension
The length of the NTE varies widely (Figure 4). Interestingly the extended NTE of SEPT9 has been shown to interact with the acidic tails of microtubules and crosslink F-actin, bridging three mammalian cytoskeletal elements (Bai et al., 2013; Smith et al., 2015). This does not appear to be a feature common to other Group 1a septins (even within humans), and may have evolved independently. Among the nine model organisms we examine here, fungal-specific Groups 3 and 4 have very short NTEs with the exception of the S. cerevisiae meiotic septin Spr3. Representative Group 5 septins also have longer NTEs than most, but their function is currently unknown.
Polybasic Regions (PB1 and PB2)
The PBs have been shown to bind phosphoinositides in fungi and humans (Zhang et al., 1999; Casamayor and Snyder 2003; Omrane et al., 2019). PB1 of these model organisms vary in the number of basic residues (between 1 and 7) and their relative positions within the conserved region (Figure 2B). However, none of these septins completely lack basic residues within this N-terminal region. Though less common, acidic residues are present in PB1 of some septins. It has been shown that adding an acidic residue can reduce the ability of PB1 to bind phosphatidylinositides (Casamayor and Snyder 2003).
First identified in 2019 in human septins, PB2 has also been shown to bind phosphoinositides, and in SEPT9 both polybasic regions are thought to increase the selectivity of the septin to particular membrane curvatures (Omrane et al., 2019). PB2 overlaps with the previously identified highly conserved Sep1 (S1) by four residues where it takes part in an NC-interface interacting group (Figure 2). Among the model organisms we analyzed, the presence of a PB2 region is highly conserved across groups; however, except for the highly conserved central arginine residue, the sequence of PB2 is conserved within groups, not across them (Figure 3B).
GTPase Motifs (G1, G3, G4)
Septins contain three of the five motifs that define P-loop GTPases (Leipe et al., 2002). The G1, G3, and G4 motifs interact with the GTP nucleotide and/or its cofactor. As expected, based on this critical function, the GTPase domains are highly conserved across septins. The Group 5 septins show the most variation in GTPase domains, though the conservation is still high.
Sep Motifs (S1-S4)
The Sep motifs were identified based on high levels of conservation across multiple species (Pan et al., 2007). Though their function was not clear at the time, it was later found that Sep1, Sep3, and Sep4 were likely involved in contacts between septin monomers within heteropolymers (Auxier et al., 2019). Once more the most variation is seen within Group 5 Sep motifs consistent with data suggesting they do not interact with other septins in the canonical manner (Hernandez-Rodriguez et al., 2014).
Polyacidic Region
First identified by the Araujo and Garratt labs in 2017 (Valadares et al., 2017), the polyacidic region is thought to interact with PB1 or PB2 at the center of the octamer depending on the conformation of the NC-interface (Castro et al., 2020). As shown for our nine model organisms the septin PA is highly variable in length and acidity across groups, but is conserved within groups (Figures 3A, 4).
Septin Unique Element
The SUE is a large (53 amino acids) region first identified based on conservation in many septins (Versele et al., 2004). It was later shown to contain contact regions for both NC- and G-interfaces (Auxier et al., 2019). No other functions have been described for this motif.
C-Terminal Extension
The CTE of septins varies more than the central regions of the protein (Figure 4). One of the CTE features that has drawn notice is the presence or absence of a coiled-coiled. Coiled-coils are important for septin higher-order structure formation, and recent crystal structures of the coiled-coils reveal they interact both within and across polymers (Bertin et al., 2010; Leonardo et al., 2021). Septins from Groups 1a and five do not have predicted coiled-coils (Pan et al., 2007) (Figure 3C). The truncated CTE and lack of a coiled-coil is especially interesting for Group1a septins since they form the central dimer of the heterooctamer (Figure 2D). This central dimer is formed via the NC-interface which in all other heteropolymeric septins is the interface from which the coiled-coils emerge (Figure 2C).
Another feature of note is the presence of an amphipathic helix in many septin CTEs. The distinct hydrophobic and hydrophilic faces of amphipathic helices are thought to allow septins to sense membrane curvature. So far amphipathic helices have been identified in septins from groups 1b, 2b-2, 2b-7, 3, and 4 (Cannon et al., 2019; Woods et al., 2021).
CONCLUSION
Septins have duplicated and diversified from their common evolutionary ancestor to perform an amazing array of important functions across species from protists to people. The ability to form heteropolymers appears to be critical to many of those functions and to have been a major driver of the high conservation of many critical domains. Because of this, comparisons can be made between animal and fungal septins that are positional orthologs, though more structural studies on septins from other species are certainly needed to complement the studies on human septins.
The significance of the divergence in polymer composition is still unknown. Perhaps the most striking example of this divergence is in the Group 5 septins which are present in some fungi and protists, absent in animals, and which appear to interact with core septins only transiently. More studies on Group 5 septins from fungi and their non-opisthokont relatives may prove critical to understanding the origins of septins and their ability to interact with each other, with other proteins, and with the membrane. Studying positional orthologs across kingdoms should reveal the history of how septins have been added or removed from polymers and possible conserved functions of septins with shared evolutionary history.
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FOOTNOTES
1All 161 then-available septin sequences were classified into 5 groups by the Momany lab (Pan et al., 2007).
2All 12 then-available human septins were classified into 4 homologous groups, members of which were proposed to substitute for each other in a polymer (“Kinoshita Rule”) by the Kinoshita lab (Kinoshita 2003b).
3Hs, Homo sapiens; SEPT1(Q8WYJ6), SEPT2(Q15019), SEPT3(Q9UH03), SEPT4(Q6ZU15), SEPT5(Q99719), SEPT6(Q14141), SEPT7(Q16181), SEPT8(Q92599), SEPT9(Q9UHD8), SEPT10(Q9P0V9), SEPT11(Q9NVA2), SEPT12(Q8IYM1), SEPT14(Q6ZU15); Dm, Drosophila melanogaster; Sep1(P42207), Sep2(P54359), Sep4(Q0KHR7), Sep5(Q7KLG8), Pnut(P40797); Sm, Schistosoma mansoni; SEPT5(KC916723), SEPT7.1(KC916724), SEPT7.2(KC916725), SEPT10(KC916726); Ce, Caenorhabditis elegans; UNC-59 (CE20165), UNC-61(CE47829); Sc, Saccharomyces cerevisiae; Cdc3(YLR314C), Cdc10(YCR002C), Cdc11(YJR076C), Cdc12(YHR107C), Shs1(YDL225W), Spr3(YGR059W), Spr28(YDR218C); An, Aspergillus nidulans: AspA(AN4667), AspB(AN6688), AspC(AN8182), AspD(AN1394), AspE(AN10595); Mo, Magnaporthe oryzae; Sep3(MGG_01521), Sep4(MGG_06726), Sep5(MGG_03087), Sep6(MGG_07466), Sep7(MGG_02626); Tt, Tetrahymena thermophila; Sep2(I7M2Q5), Sep3(Q240L4); Cr, Chlamydomonas reinhardtii; Sep1(EDP03113).
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Septins are part of the cytoskeleton and polymerize into non-polar filaments of heteromeric hexamers or octamers. They belong to the class of P-loop GTPases but the roles of GTP binding and hydrolysis on filament formation and dynamics are not well understood. The basic human septin building block is the septin rod, a hetero-octamer composed of SEPT2, SEPT6, SEPT7, and SEPT9 with a stoichiometry of 2:2:2:2 (2-6-7-9-9-7-6-2). Septin rods polymerize by end-to-end and lateral joining into linear filaments and higher ordered structures such as rings, sheets, and gauzes. We purified a recombinant human septin octamer from E. coli for in vitro experimentation that is able to polymerize into filaments. We could show that the C-terminal region of the central SEPT9 subunit contributes to filament formation and that the human septin rod decreases the rate of in vitro actin polymerization. We provide further first kinetic data on the nucleotide uptake- and exchange properties of human hexameric and octameric septin rods. We could show that nucleotide uptake prior to hydrolysis is a dynamic process and that a bound nucleotide is exchangeable. However, the hydrolyzed γ-phosphate is not released from the native protein complex. We consequently propose that GTP hydrolysis in human septins does not follow the typical mechanism known from other small GTPases.
Keywords: septins, septin octamer, GTPases, nucleotide uptake, actin polymerization
1 INTRODUCTION
Septins were discovered in yeast in 1971 (Hartwell 1971) and are part of the cytoskeleton (Mostowy and Cossart 2012). They form non-polar filaments that unlike actin filaments and microtubules do not serve as railroad tracks for motor proteins. Being rather neglected for several years after their discovery, research on the septins gained a growing attention over the past few years (Menon and Gaestel, 2017). Initially labeled as passive scaffold proteins, septins were later discovered to actively participate in many dynamic intracellular processes. Septins regulate the organization of the cytoskeleton, vesicle transport and fusion, chromosome alignment and segregation, and cytokinesis (Surka et al., 2002; Estey et al., 2010; Bowen et al., 2011; Füchtbauer et al., 2011; Tokhtaeva et al., 2015).
The septin subunit SEPT9 was reported to bundle actin and microtubules (Bai et al., 2013; Dolat et al., 2014; Mavrakis et al., 2014; Smith et al., 2015).
The mammalian genome encodes thirteen different septins (SEPT1-SEPT12, SEPT14) (Russell and Hall, 2011), of which SEPT2, SEPT7 and SEPT9 are nearly ubiquitously expressed, while SEPT1, SEPT3, SEPT12, and SEPT14 appear tissue-specific. All septin subunits can be sorted into four subgroups based on sequence homology, namely the SEPT2, SEPT3, SEPT6 and SEPT7 subgroup (Kinoshita 2003; Pan et al., 2007).
The basic septin building block in mammalian cells is a hetero-octamer composed of the SEPT2, SEPT6, SEPT7, and SEPT9 at a stoichiometry of 2:2:2:2 (2-6-7-9-9-7-6-2) (Soroor et al., 2021). This building block is capable of polymerizing by end-to-end and lateral joining into higher ordered structures such as rings, filaments, and gauzes. Assembly into these higher ordered structures is achieved by alternating interactions between the G domains (G interface) or between the N- and C-termini (NC interface), respectively (Bertin et al., 2008).
All septins share a central GTP binding domain (short G domain) that is flanked by variable C- and N-terminal extensions (Sirajuddin et al., 2007) and contains a septin unique element including a β-meander and two further helices. The G domain is conserved among different species and is supposed to be loaded either with GTP or GDP. The available crystal structures of human and yeast septins (Sirajuddin et al., 2007; Sirajuddin et al., 2009; Zent et al., 2011; Brausemann et al., 2016; Valadares et al., 2017; Castro et al., 2020; Rosa et al., 2020) confirm that the G domain contains all structural features of small GTPases like the P-loop and the distinct Switch1 and Switch2 loops including the invariant DXXG motif. GTP binding and hydrolysis was confirmed for human septins. Standard assays aiming at detecting GTP hydrolysis in small GTPases employ usually loading of the GTPase with a GTP labeled at its γ-phosphate and subsequent detection of the released γ-phosphate (Frech et al., 1990) or detection of GTP decrease and GDP increase upon hydrolysis by HPLC (Tucker et al., 1986). However, detection of GTPase hydrolysis products in human septin subunits was so far only achieved after denaturation of the protein (Sirajuddin et al., 2009; Castro et al., 2020). GTP uptake and hydrolysis of entire rods composed of human septins was not yet examined. However, these experiments were conducted for entire rods from yeast, leading to partly contradictory results (Vrabioiu et al., 2004; Farkasovsky et al., 2005; Baur et al., 2018).
Only one of the available septin crystal structures, the human SEPT2/6/7 complex (Sirajuddin et al., 2007), shows a trimeric complex composed of more than two different subunits in the asymmetric unit. A recently presented hexameric structure of the same complex was built based on cryo-EM data (Mendonça et al., 2021). All other human septin structures contain various compositions of maximal two different subunits. Octameric rods for in vitro experimentation were only presented recently (DeRose et al., 2020; Iv et al., 2021) and now in this work. We present here a first biochemical characterization of the nucleotide binding- and hydrolysis properties of purified human octameric septin rods and measure the influence of septin complexes on actin filament assembly in real time.
2 MATERIALS AND METHODS
2.1 Molecular Cloning, Protein Purification- and Analysis
The ORFs of the isoforms i1 of SEPT2 and SEPT9 (or SEPT91-568) as well as SEPT7 and SEPT6 were cloned into two compatible bicistronic plasmids. SEPT6 was constructed with a N-terminal 6His-tag for IMAC purification while the other subunits were untagged.
Protein expression of hexameric and octameric rods was performed in the E. coli strain BL21DE3 in SB medium at 18°C. Protein purification from the crude extract was performed by immobilized metal affinity chromatography (IMAC) and subsequent size exclusion chromatography (SEC).
Integrity of the purified complex was determined by density gradient centrifugation and MS analysis. Western blot analysis was performed using an anti-SEPT9 antibody (mouse, clone 2C6, Sigma Aldrich). Detailed protocols on the cloning-expression and purification procedures as well as on the analytical assays can be found in the supporting methods.
2.2 Filament Formation Assays
Septin filament formation was performed as described elsewhere for yeast septins (Renz et al., 2013). Briefly, septin preparations were adjusted to 2 µM and cleared from aggregates by centrifugation. Filament formation was induced by dialysis into 50 mM Tris pH 8.0, followed by incubation at 4°C overnight and subsequent centrifugation at 100.000 xg. The pellet was resuspended in 50 mM Tris pH 8.0 and either subjected to SDS-PAGE or to negative staining for electron microscopy. Therefore, the protein solution was spotted onto a carbon coated TEM grid and negative stained with uranyl acetate using standard procedures. EM imaging was performed on a JEM 1400 TEM instrument (Jeol) at 120 kV acceleration voltage. The camera resolution was 2000 x 2000 px.
2.3 Nucleotide Uptake- and Hydrolysis Assays
The nucleotide content of the rod preparations was determined by analytical anion exchange chromatography. Briefly, purified protein from the SEC was dialyzed into buffer without salt and subsequently heat denatured to release bound nucleotide. The denatured protein was pelleted and the supernatant was loaded onto a MonoQ HR 5/5 column (Amersham Pharmacia Biotech). The nucleotides were eluted by a linear salt gradient and detected at 254 nm. GTP and GDP were used to determine the elution profiles of the pure compounds.
Uptake of [γ32P]-GTP to hexameric and octameric rods and isolated SEPT9 was performed as described elsewhere for yeast septins (Baur et al., 2018). Briefly, septin preparations were incubated with [γ32P]-GTP in exchange buffer containing 5 mM EDTA. For hydrolysis, the exchange reaction was transferred into hydrolysis buffer containing MgCl2. Radioactivity retained in the native septin proteins during uptake or during hydrolysis was detected with a filter binding assay.
Further details of the procedure and the subsequent data processing are outlined in the supporting methods.
2.4 Actin Polymerization Assays
Pyrene-labeled G-actin (shortly pyrene actin) was prepared from rabbit muscle acetone powder as described elsewhere (Cooper et al., 1983) with some modifications outlined in the supporting methods. Pyrene actin fluorescence increases upon actin polymerization and can be recorded in actin polymerization buffer at an excitation of 365 nm and emission of 407 nm. Details on the pyrene actin preparation, the assay protocol and data processing are outlined in the supporting methods.
The unprocessed raw data are shown in Supplementary Figure S4.
3 RESULTS
3.1 Construction and Purification of Human Hexameric- and Octameric Septin Rods
We expressed the subunits of the human octameric and hexameric septin rods in E.coli from two compatible bicistronic plasmids. SEPT6 and SEPT7 were expressed from one plasmid and SEPT2 (and SEPT9 for octameric rods) from the second plasmid as in a previous study (Sheffield et al., 2003). Only SEPT6 carried a hexa-histidine tag for purification by immobilized metal affinity chromatography (IMAC). The enriched fractions were subsequently subjected to size exclusion chromatography (SEC). Complexes eluted in a shoulder in the second half of the main peak (the first half representing the void peak of the column) and in a minor peak directly adjacent to the main peak (Supplementary Figure S1A).
SDS-PAGE and Western blot analysis with an anti-SEPT9 antibody documented the presence of shorter fragments of SEPT9 (Figure 1A). SEPT9 has two flexible regions, a long extension at the N-terminus and a shorter one at the C-terminus. We suspected one or both of these extensions to cause the shorter fragments. The long SEPT9 isoforms used by Iv et al. (2021) in their rod preparations contained both the N-terminus or larger parts thereof, but their SEPT9i3 terminates at residue Glycine 568. This residue represents the terminal residue of the α6 helix of the G domain. We decided to test first if a version of SEPT9 truncated at Glycine 568 (SEPT9G568) still produces degradation products in our purification pipeline. Octameric rods expressing SEPT9G568 showed less degradation products than the native octamer and the purified complex could be readily separated from other subcomplexes and contaminants by the preparative SEC (Figure 1A). The IMAC enriched septin preparation was analyzed on a glycerol gradient centrifugation to confirm the integrity of the complex. Septin subunits, SEPT9 degradation products and contaminants migrated in the fractions corresponding to a lower molecular weight whereas the stoichiometric combination of all four subunits migrated just before the 670 kD marker protein became abundant, indicative of an octameric septin complex (Supplementary Figure S1B).
[image: Figure 1]FIGURE 1 | Purification of octameric septin rods. (A) SDS-PAGE (Coomassie staining) of a representative purification of septin octamers containing SEPT9FL and SEPT9G568. Fractions from IMAC and SEC including the major and minor peak are indicated. SEPT9 degradation products are marked with arrows. The anti-SEPT9 Western blot shows the SEPT9 degradation products. (B) Representative MS analysis of the purified septin complexes. Both the main product peak and the minor peak from SEC were analyzed. Peptide abundancies of the SEPTFL (left panel) and SEPT9G568 (right panel) octamer are plotted; the indicated intensity score reflects the accumulated intensities of all peptides detected for the respective subunit. (C) Nucleotide content of octameric rods containing SEPT9FL or SEPT9G568 detected by analytical anion exchange chromatography (representative runs out of at least three per rod species performed) after heat denaturation of the protein. Calibration runs with GTP and GDP are shown in the upper row.
We analyzed the fractions from the major and minor peak from the SEC of SEPT9FL and SEPT9G568 complexes by mass spectrometry (MS). All four subunits are present in nearly stoichiometric abundance (Figure 1B). We conclude that our septin preparation in the main peak is indeed an octameric complex containing all four subunits. We performed the MS analyses with several purified complexes. The peptide intensity scores of the individual subunits varied slightly between the preparations, but we observed in all MS runs that SEPT9 was less abundant in the complex of the minor SEC peak. As this subcomplex poorly formed filaments (see below), all subsequent experiments were conducted with a septin preparation from the main peak.
We subsequently determined the nucleotide content of our rod preparations. Bound nucleotide was released from the protein by heat denaturation and afterwards analyzed by analytical anion exchange chromatography (Figure 1C). We determined the peak integrals and calculated the ratio of GDP to GTP. Both SEPT9FL and SEPT9G568 complexes contained between 3.5 and 5 times more GDP than GTP (varying between several purifications performed). Overall, we could not detect any difference in SEPT9 and SEPT9G568 containing octamers regarding the nucleotide content after purification.
Hexameric SEPT2/6/7 complexes were purified using the same purification pipeline and yielded a highly purified after SEC (Supplementary Figure 1C).
3.2 Filament Forming Properties
We asked next whether septin filament formation is altered by the absence of the SEPT9 C-terminal extension. Septin preparations were cleared from aggregates by centrifugation, dialyzed into low salt buffer and subjected subsequently to ultracentrifugation. Surprisingly, we could detect filaments already at 300 mM NaCl for SEPT9FL octamers (Supplementary Figure S2A) whereas filaments of SEPT9G568 containing octamers and hexamers required 50 mM NaCl to form (Supplementary Figures S2B, C). Filament formation was almost abolished at 100 mM NaCl. Negative stain EM of SEPT9FL octamers revealed the presence of long filament bundles consisting of parallel aligned septin filaments, consistent with the findings of Iv et al. (2021) (Figure 2A). SEPT9G568 containing filaments formed also bundles, but the filaments forming the bundle appeared rather curved and less parallel aligned (Figure 2B). Complexes isolated from the minor peaks of the SEC only poorly formed filaments (data not shown) which we were not able to visualize by EM.
[image: Figure 2]FIGURE 2 | Electron microscopy of SEPT9FL and SEPT9G568 containing septin rods. Negative stains of septin filaments obtained by dialysis in low salt buffer showing bundles and network-like structures. (A) Electron microscopy of septin filaments containing SEPT9FL. (B) Electron microscopy of septin filaments containing SEPT9G568.
3.3 Effects of Human Septin Rods on the Polymerization Properties of Actin
The septin subunit SEPT9 was reported to bundle actin and microtubules (Bai et al., 2013; Dolat et al., 2014; Mavrakis et al., 2014; Smith et al., 2015).
To investigate the influence of septin rods on the formation of the actin cytoskeleton in vitro, we performed actin polymerization assays with 2 µM pyrene labeled G-actin and recorded the increase of fluorescence over time. G actin without additives or with purified GST (serving as control to exclude unwanted side effects by crowding) displayed a typical sigmoidal polymerization curve (Supplementary Figure S3A) (Cooper et al., 1983) which can be described mathematically by a growth curve including lag phase, exponential growth and plateau phase. From this curve, parameters such as the rate constant, the lag time or the doubling time can be calculated. All parameters calculated from the polymerization curves are summarized in Supplementary Table S1. Actin polymerization did not occur in G-buffer without salts (Supplementary Figure S3B). The presence of hexameric septins increased the lag time in a concentration dependent manner, leading to a shift of the inflection point relative to the inflection point of the actin curve (Figure 3A). For octamers, the shift was more pronounced at lower concentration but did not change significantly at higher septin concentrations (Figure 3B). More important, the actin monomer turnover in the elongation phase (represented by τ, the inverse value of the rate constant) was slightly decreased about 1.4 fold for hexameric rods and 0.5 µM octamer relative to actin alone and more pronounced decreased by 2.1 fold for 1 µM octamer. Increased τ values are reflected by a shallower slope of the curve.
[image: Figure 3]FIGURE 3 | Influence of human septin rods on actin polymerization. (A) Actin polymerization assay using pyrene actin with and without septin hexamers. (B) Actin polymerization assay using pyrene actin with and without SEPT9G568 containing octamers. The assays shown were performed in triplicate and in quintuplicate for actin. The same averaged actin curve was used for evaluation of the assay. The unprocessed raw data are shown in Supplementary Figure S4.
A spin down assay with septin octamers previously dialyzed in G buffer showed that septin filaments did not measurably bind G-actin (Supplementary Figure 3C).
3.4 Nucleotide Uptake and Hydrolysis Properties of the Human Septins
We have previously measured the uptake of [γ32P] labelled GTP in the presence of EDTA by the hexameric- and octameric septin rods from yeast (Baur et al., 2018). All following experiments were conducted with SEPT9G568 containing octamers. [γ32P]-GTP uptake followed an exponential one phase association kinetics from which the rate constant and the reaction half time t1/2 can be calculated. The reaction half time t1/2 was 10 min for hexameric rods and 16 min for octameric rods, respectively (Figure 4A). All t1/2 values of this and the subsequently performed experiments are summarized in Figure 4C and the full evaluation of all performed measurements are shown in the supporting information (Supplementary Tables S2–S4).
[image: Figure 4]FIGURE 4 | Nucleotide uptake- and hydrolysis properties of hexameric and SEPT9G568 octameric septin rods. (A) Nucleotide exchange reaction of hexameric (left panel) and octameric septins (right panel). Purified complexes were incubated with [γ32P]-GTP and uptake was monitored at the indicated timepoints by a filter assay. [CPM%] values (normalized radioactive counts) are plotted vs. the reaction time. The connecting line represents the fitting curve of the exponential association. (B) Nucleotide exchange reaction of octameric septins preloaded with [γ32P]-GTP. The preloaded complex was incubated with GTP and decrease of [γ32P]-GTP was monitored at the indicated timepoints by a filter assay as in A. The connecting line represents the fitting curve of the exponential dissociation. (C) Compilation of the t1/2 values of all performed nucleotide exchange assays. The parameters of the statistical evaluation are provided in Supplementary Tables S2, S3. Error bars represent the standard deviation. All assays [including those depicted in detail in (A,B)] were performed at least in triplicate. (D) Representative [γ32P]-GTP uptake assay for isolated SEPT9FL (left panel) and SEPT9Q295-E567 (right panel) subunits. The assay was performed as in (A). The raw, unprocessed CPM counts are plotted vs. the reaction time. For comparison, a representative nucleotide uptake reaction for a septin octamer is also plotted. The inlets show the Coomassie stained SDS-PAGE of both purifications. (E) Representative GTP hydrolysis assay for octameric septins. After preloading with [γ32P]-GTP, the complex was subjected to hydrolysis conditions applicable for small GTPases. The reaction was performed at 25°C (left panel) and 37°C (right panel). Samples were taken at the indicated time points and the [γ32P]-GTP content was detected by a filter assay. [CPM%] values (normalized radioactive counts) are plotted vs. the reaction time. GTP hydroloysis of hexameric rods is shown in Supplementary Figure S4.
Unlike for yeast septin rods, adding MgCl2 to the exchange reaction after 20 min did not change the overall shape of the uptake kinetics but prolonged t1/2 slightly (and barely significantly) to 14.5 min for hexamers and 21 min for octamers (Supplementary Figure S5A and Figure 4C).
To evaluate whether the bound nucleotide remains in the septin rod or exchanges with free GTP, we pre-loaded septin preparations with non-radioactive GDP or GTP and removed excess nucleotide by micro-dialysis. Subsequent nucleotide exchange against [γ32P]-GTP showed a shift in reaction half times to 42 min for both GDP and GTP loaded hexameric rods and to 33 min for GDP loaded octameric rods and 38 min for GTP loaded octameric rods, respectively (Supplementary Figures S5B, C and Figure 4C).
We also subjected the octameric rods to exchange of previously bound [γ32P]-GTP against non-radioactive nucleotide. After loading, excess nucleotide was removed via a desalting column and the uptake of non-radioactive GTP was monitored via the decrease of protein-bound radioactivity. The calculated reaction half time of 46.5 min was slightly (and not significantly) slower than the t1/2 for the inverse exchange reaction (GTP against [γ32P]-GTP) (Figure 4B).
We conclude that human septin octamers exchange bound nucleotides quite readily.
Previous studies showed that isolated septin subunits may have other GTPase properties than septin rods (Sheffield et al., 2003). We tested the isolated SEPT9FL subunit and the SEPT9 G-domain (SEPT9Q295-E567) for nucleotide uptake and found that both did not accept [γ32P]-GTP (Figure 4D).
To find out whether human septins follow the same GTP hydrolysis mechanism like other small GTPases, we measured the released or protein-bound radioactivity by [γ32P]-GTP preloaded septins under conditions used for other small GTPases (i.e. magnesium and an excess of non-radioactive GTP to avoid unwanted re-association of [γ32P]-GTP molecules) (Tucker et al., 1986; Schweins et al., 1995). In contrast to common small GTPases of the Ras family, neither hexameric nor octameric rods showed a release of hydrolyzed [γ32P] under these conditions in the applied time frame, regardless of the applied reaction temperature (25°C or 37°C, respectively) (Figure 4E and Supplementary Figure S6).
4 DISCUSSION
4.1 The C-Terminus of SEPT9 Contributes to Filament Formation
Human hexameric septin rods are available for in vitro experimentation and even crystallization for several years (Sheffield et al., 2003; Sirajuddin et al., 2007). However, purified octameric rods containing SEPT9 were only very recently obtained (Iv et al., 2021). We introduce here an additional two step purification protocol for human octameric rods harboring a hexa-histidine tag at only one of its subunits. Gycerol density gradient centrifugation of the complex after the first purification step separated contaminants and septin containing subcomplexes from the octamer, which migrated at the expected density in the gradient. After preparative SEC, we obtained the purified octamer including all four subunits in nearly stoichiometric abundance as judged by MS analysis.
The central subunit SEPT9 is prone to C-terminal degradation during expression and purification of the rod. Removal of the terminal 18 amino acids stabilized the protein and led to less degradation products. To our surprise we found that the SEPT9FL containing rods formed filaments already at 300 mM NaCl whereas filament formation by hexamers and SEPT9G568 containing octamers was abolished already at 100 mM NaCl. The first study of filament formation of SEPT2/6/7 hexamers raised the expectation of another—at that time largely unknown - septin subunit (SEPT9) with a stabilizing effect on the filaments (Sheffield et al., 2003). Based on our herein presented experimental data we propose that the stabilizing effect of the SEPT9 subunit on filament formation is mediated by the α6 helix and its C-terminal extension. The α6 helix of the SEPT9 G domain is an essential component of the central SEPT9-SEPT9 NC interface, contributing to an interaction network with the α2 helix of the neighboring subunit (Castro et al., 2020). The C-terminal extensions would point out from the interface, maybe interacting with each other they further stabile the interface. We and others (Iv et al., 2021) postulate that the assembly of higher ordered septin structures is driven in vitro by the N- and C-terminal extensions.
4.2 Human Septin Complexes Reduce the Rate of Actin Polymerization in vitro
Several studies have already demonstrated the capability of SEPT9, septin hexamers and octamers to bind and bundle filamentous actin (Mavrakis et al., 2014; Smith et al., 2015; Iv et al., 2021). All these studies monitored the effects of septins on filamentous actin. Actin bundling was detected subsequently by electron- or fluorescence microscopy. The pyrene actin assay introduced in this study looks at actin polymerization in real time, however, it measures the net polymer weight and does not provide information on the longitudinal distribution of the filaments (Cooper et al., 1983). It was recently shown by in vitro microscopy that recombinant septin rods cross-link actin filaments into straight and curved bundles (Iv et al., 2021). Our assay revealed that the presence of septin rods decreases the rate of actin polymerization. As we could not detect any interaction between septin rods and G-actin we propose that the septins exert their influence on polymerization through interaction with the forming actin filament and subsequently bundle filaments by lateral joining. Why this effect is more pronounced for octamers requires further investigation. Maybe the interaction of the octamer with the actin filament is favored over hexamer binding.
Whether SEPT9 is a bundling factor on its own is currently under debate (Mavrakis et al., 2014; Smith et al., 2015; Iv et al., 2021). As the influence on actin monomer turnover is more pronounced for octamers, we support a the idea of a direct contribution of SEPT9 on actin polymerization.
4.3 Nucleotide Uptake- and Hydrolysis by Human Septin Complexes
Septins were first labeled as GTP binding proteins in Drosophila (Field et al., 1996) and afterwards nucleotide binding was confirmed also for human and yeast septin complexes (Sheffield et al., 2003; Vrabioiu et al., 2004) and subsequently evaluated in further studies (Farkasovsky et al., 2005; Baur et al., 2018). However, the functional role of nucleotide binding- and hydrolysis of the septins in cellular processes and in septin (proto-)filament assembly is still under debate and not well understood.
The availability of yeast and human septin octamers enabled us to measure nucleotide association kinetics in these protein complexes and to compare the properties of both species. GTP-loading in human septin rods remains on a constant level after reaching a plateau whereas in the yeast septin rods the radioactive signal decreases about 50% after reaching a maximum (Baur et al., 2018). This indicates the release of the γ-phosphate or the entire nucleotide in at least some subunits of the protofilaments. Mg2+ suppresses this release but shows no significant effect on the GTP association rate in the yeast septin rods. In contrast, Mg2+ slightly slows down the GTP binding in human septin rods. In the absence of Mg2+, hexameric and octameric rods from both species are able to exchange previously bound GTP and GDP. The exchange rates for GDP and GTP of the human septin rods do not differ significantly. In contrast, the S. cerevisiae septin rods exhibit a much faster GDP-GTP than GTP-GTP exchange. These discrepancies indicate that, although displaying a high structural similarity, the septins from different species follow each an individual biochemistry. Even within one species the different subunits exhibit different properties. Comparing the GTP and GDP loaded structures of SEPT2 (PDB IDs 3FTQ and 2QNR, respectively) reveals a conformational change in the Switch1 region with the invariant Thr78 and Mg2+ being in close contact with the γ-phosphate exclusively in the GTP conformation. In the GDP conformation Switch1 is either unstructured or oriented away from the nucleotide (Supplementary Figure S7A). This conformational change cannot be seen in the structures of SEPT9 (PDB IDs 5CYP and 5CYO) where the corresponding Thr64 in Switch1 is associated with Mg2+ towards the nucleotide in both nucleotide states (Supplementary Figure S7B). This inflexibility of Switch1 might explain the inability of the isolated SEPT9 to accept [γ32P]-GTP and why we do not detect significant differences in nucleotide uptake between hexamers and octamers. However, it should be kept in mind that the mentioned structures do not contain a native G interface and thus they can provide only indications explaining our experimental findings.
GTP hydrolysis is routinely detected in small GTPases of the Ras family. Experimentally, the small GTPase is loaded with GTP in the presence of EDTA and then subjected to a Mg2+ containing buffer without EDTA. The Mg2+ ion is an indispensable component for the GTPase reaction. The γ-phosphate is coordinated by invariant threonine and glycine residues in the Switch1 and Switch2 regions. The conformational change following the GTPase reaction was termed “loaded-spring mechanism” which allows the release of the γ-phosphate after hydrolysis and the relaxation of the switch regions into the GDP conformation (Vetter and Wittinghofer 2001). We were not able to detect the release of [γ32P]-GTP or hydrolyzed [γ32P] from any rod species examined. This indicates that bound nucleotides and presumable hydrolysis products remain in the binding pocket and are not released into the surrounding medium, at least not in the timeframe of the experiment (120–180 min) and at least not under the conditions applied. This is more in line with our findings for yeast septins (Baur et al., 2018) rather than with the properties of small GTPases of the Ras family.
GTPase hydrolysis products were detected in yeast and mammalian septin preparations after denaturation of the protein (Sheffield et al., 2003; Versele and Thorner 2004; Sirajuddin et al., 2009; Castro et al., 2020). In contrast, our assay was conducted under native conditions. Consequently, hydrolysis occurs either at very slow pace, undetectable within the chosen timeframe, or the hydrolysis products remain in the active site after the reaction took place. This raises the question which role nucleotides and their hydrolysis play. This question was addressed in yeast septins and it was proposed that nucleotide hydrolysis plays a role during formation of the rod (Weems and McMurray 2017). This would indeed imply that one GTP hydrolysis event is enough and that cycling between the GDP and GTP bound state would not be necessary. However, more studies both in vivo and in vitro are necessary to convincingly address this issue for human septins.
Taken together, we propose that GTP binding and hydrolysis in septins follow a different mechanism than in other small GTPases and that septin rods from budding yeast differ mechanistically in their guanine nucleotide interactions from their human counterparts. More structural information from yeast septins is needed to understand these differences.
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Septins are a family of cytoskeletal proteins that regulate several important aspects of neuronal development. Septin 7 (Sept7) is enriched at the base of dendritic spines in excitatory neurons and mediates both spine formation and spine and synapse maturation. Phosphorylation at a conserved C-terminal tail residue of Sept7 mediates its translocation into the dendritic spine head to allow spine and synapse maturation. The mechanistic basis for postsynaptic stability and compartmentalization conferred by phosphorylated Sept7, however, is unclear. We report herein the proteomic identification of Sept7 phosphorylation-dependent neuronal interactors. Using Sept7 C-terminal phosphopeptide pulldown and biochemical assays, we show that the 14-3-3 family of proteins specifically interacts with Sept7 when phosphorylated at the T426 residue. Biochemically, we validate the interaction between Sept7 and 14-3-3 isoform gamma and show that 14-3-3 gamma is also enriched in the mature dendritic spine head. Furthermore, we demonstrate that interaction of phosphorylated Sept7 with 14-3-3 protects it from dephosphorylation, as expression of a 14-3-3 antagonist significantly decreases phosphorylated Sept7 in neurons. This study identifies 14-3-3 proteins as an important physiological regulator of Sept7 function in neuronal development.
Keywords: dendritic spines, septin, 14-3-3, phosphoregulation, proteomics
INTRODUCTION
Septins are evolutionarily conserved cytoskeletal proteins important for diverse cellular processes including cell division, regulation of actin and microtubule dynamics, localization of scaffolding proteins, and membrane trafficking (Mostowy and Cossart, 2012). Septins structurally contain a GTP-binding domain and a variable N- and C-terminal domain, which oligomerize with each other to form symmetric filaments and higher order structures such as rings (Sirajuddin et al., 2007; Mendonça et al., 2021). In humans, there are 13 septin genes within four homology groups: SEPT2 (SEPT1, SEPT2, SEPT4, and SEPT5), SEPT3 (SEPT3, SEPT9, and SEPT12), SEPT6 (SEPT6, SEPT8, SEPT10, SEPT11, and SEPT14), and SEPT7 (SEPT7) (Kinoshita, 2003a). Within these septin oligomers, septins from the same group are interchangeable, suggesting potential redundancy in their function. Notably, forming its own group, Septin7 (Sept7) is a unique and non-redundant core component of the septin complexes (Kinoshita, 2003b).
Several members of the septin family were found to be enriched in postsynaptic density (PSD) fractions in the mouse brain, by a mass spectrometry analysis, with Sept7 suggested to be the most abundant (Walikonis et al., 2000). Sept7 is expressed throughout all stages of neuronal differentiation and localizes at axonal and dendritic branching points as well as at the base of dendritic protrusions (Tada et al., 2007; Xie et al., 2007). Depletion of Sept7 leads to decreased branching of axon and dendrites both in vitro and in vivo (Tada et al., 2007; Xie et al., 2007; Hu et al., 2012; Ageta-Ishihara et al., 2013). Moreover, an increase in the number of immature dendritic filopodia was observed when Sept7 was knocked down (Tada et al., 2007). Sept7 localizes at the base of dendritic spines to create an important diffusion barrier for membrane protein entry into the dendritic spine head (Ewers et al., 2014). Furthermore, Sept7 was found to be a phosphorylation target of thousand-and-one amino acid kinase 2 (TAOK2), a serine/threonine kinase encoded by the autism risk gene TAOK2 (de Anda et al., 2012; Yadav et al., 2017; Richter et al., 2018; Nourbakhsh et al., 2021). Phosphorylation of Sept7 by TAOK2 at an evolutionarily conserved C-terminal tail residue T426 was shown to be essential for spine maturation. While in its unphosphorylated state Sept7 localizes to the base of dendritic spines and filopodia, when phosphorylated at T426, Sept7 relocates to the dendritic spine head (Yadav et al., 2017). Although mechanisms through which phosphorylation induces Sept7 translocation are unclear, it was found that preventing this phosphorylation leads to increased dendritic filopodia as well as mislocalization of synaptic scaffold proteins to the dendritic shaft instead of the spine. This eventually led to formation of mislocalized synapses on the dendritic shafts (Yadav et al., 2017). How phosphorylation at the conserved T426 residue on the C-terminal tail of Sept7 regulates its function is unknown. The C-terminal tail extends perpendicularly out to the axis of the oligomeric septin filament (Sirajuddin et al., 2007). This is thought to facilitate protein–protein interactions in addition to lateral associations between septin filaments (Marques et al., 2012; Finnigan et al., 2015; Finnigan et al., 2016).
Herein, we show that phosphorylation of Sept7 C-terminal tail at the T426 residue can be mediated by several members of the TAO kinase family, including TAOK1 and two distinct isoforms of TAOK2 kinase. Furthermore, Sept7 phosphorylation at T426 was found to increase during development in rat embryonic hippocampal neurons. Sept7 phosphorylation was found to be important for spine maturation, as expression of phosphomimetic Sept7 T426D in early stages of neuronal development (DIV9) leads to precocious maturation of dendritic spines. Using live confocal imaging, we show that phosphorylated Sept7 is stably associated with the dendritic spine head over time in contrast with the wild-type and phosphomutant Sept7. To identify potential mechanisms through which phosphorylated Sept7 contributes to dendritic spine maturation, we performed an unbiased proteomic screening to identify phosphorylation-dependent binding partners of Sept7. Among the identified candidate interactors were several isoforms of 14-3-3 proteins and actin-binding proteins. Since 14-3-3 proteins bind and modulate functions of phosphorylated proteins, we tested whether phosphorylated Sept7 associates with 14-3-3 proteins. Using biochemical assays, we demonstrate that phosphorylated Sept7 interacts with the 14-3-3 gamma (14-3-3γ) isoform. Furthermore, we found that 14-3-3γ is enriched in dendritic spines compared to other 14-3-3 isoforms. Finally, we found that disrupting 14-3-3 and Sept7 interaction perturbs the level of phosphorylated Sept7 and maturation of dendritic spines in neurons, revealing an important role of this interaction in regulating neuronal development.
MATERIALS AND METHODS
Antibodies and Plasmids
Antibodies used for these experiments include: anti-HA-tag (Mouse, ProteinTech, Thermo Fisher Scientific, 50–173–6,449), phospho-TAOK2 (S181) (Rabbit, R&D Systems, PPS037), GFP (Mouse, Roche, 11,814,460,001), GST (Mouse, Invitrogen, MA4-004), 14-3-3 pan isoform (Rabbit, CST, #8312), and 14-3-3 gamma (Mouse, Sigma, MA1-16587). Rabbit phospho-Septin7 (pT426) antibody was generated, as described previously (Yadav et al., 2017). Human TAOK2α was PCR amplified from pCMV-Sp6-TAOK2 plasmid (Ultanir et al., 2014) and cloned into sfGFP-C1 vector (Addgene #54579) using restriction sites HindIII and MfeI. Human TAOK2β cDNA was obtained from Transomics (#BC152413) and cloned into the sfGFP-C1 vector using the same restriction sites. Similarly, TAOK1 cDNA from Transomics (#BC144067) was inserted into the sfGFP-C1 vector using restriction enzymes. Addgene plasmids used for these experiments include: HA-14-3-3 zeta (#116888) and pcDNA3-HA-14-3-3 gamma (#13274). EYFP-Difopein and EYFP-Control were gifts from Dr. Yi Zhou (Florida State University).
Immunoprecipitation Kinase Assays
HEK293T cells were grown in Dulbecco’s modified Eagle medium (DMEM) containing 10% fetal bovine serum (FBS) and 1% penicillin–streptomycin (Thermo Fisher Scientific). Expression constructs sfGFP-tagged TAOK1, TAOK2α, and TAOK2β (3 μg) were transfected with JetOptimus, following the manufacturer’s instructions. After 24 h post-transfection, cells were collected and incubated in HKT lysis buffer (25 mM HEPES pH 7.2, 150mM KCl, 1% Triton X-100, 2 mM DTT, and 1X protease inhibitor (Roche, cOmplete™ EDTA free)) for 30 min on ice prior to homogenization with a 25-gauge syringe needle. Pierce™ Protein G Agarose beads (Thermo Fisher Scientific) were washed with HKT buffer thrice. The supernatant was collected from cell lysates through centrifugation at 800g for 5 min, precleared with Protein G Agarose beads for 30 min, and immunoprecipitated with the GFP antibody overnight at 4°C. Beads were washed with HKT buffer twice, incubated with high salt HKT buffer (25 mM HEPES pH 7.2, 1M NaCl, 1% Triton X-100, 2 mM DTT, and 1X protease inhibitor (Roche, cOmplete™ EDTA free)) for 10 min, and washed with HK buffer (25 mM HEPES, 150mM KCl, 2 mM DTT, and 1X protease inhibitor (Roche, cOmplete™ EDTA free)) twice and then with kinase buffer (20 mM Tris HCl pH 7.5, 10 mM MgCl2, 1 mM DTT, 1X protease inhibitor (Roche, cOmplete™ EDTA free)) twice at 4°C. Kinase assay was performed by incubating the beads with the kinase buffer, 1 mM ATP, and 10X phosphatase inhibitor (Thermo Fisher Scientific, Halt) at 30°C for 45 min at 920 rpm. To assay for phosphorylation of Septin7 by TAO kinases, purified GST-tagged Sept7 C-terminal tail (321–438 amino acids) was also added to the reaction. Samples were prepared by adding NuPAGE™ LDS sample buffer (Thermo Fisher Scientific) containing 125 mM DTT, heating for 10 min at 95°C, and centrifuging at 5,000g for 5 min. Samples were run on NuPAGE™ 4–12% bis-tris polyacrylamide gels (Thermo Fisher Scientific) with NuPAGE™ MOPS running buffer (Thermo Fisher Scientific) at 165 V for 20 min and then at 175 V for 50 min. Gels were transferred to Immobilon-P membrane at 100 V for 1 h. The blots were blocked with 5% BSA blocking buffer and probed with phospho-TAO2 (S181) and phospho-Sept7 (T426) antibodies at 1:500 dilution overnight at 4°C followed by 3 h incubation with HRP-conjugated secondary antibody at 1:5,000 dilution at room temperature. The kinase activity was quantified by normalizing phospho-TAOK2 signal intensity to that of the GFP signal and phospho-Sept7 signal intensity to that of the GST signal.
Protein Purification
Septin 7 C-terminal tail (321–438 amino acids) was cloned into pGEX4T1 vector using restriction sites BamHI and XhoI and transformed into the BL21 E. coli bacterial strain to bacterially express GST-tagged Sept7C-WT (Yadav et al., 2017). A 25 ml starter culture grown from a single colony overnight was used to inoculate 1 L culture, which was allowed to grow at 37°C until OD600 reached 0.6. Protein expression was induced by adding IPTG at the final concentration of 0.3 mM and growing the culture for additional 5 h at 30°C. Cells were harvested by centrifugation at 4500 g for 15 min at 4°C, washed with ice-cold PBS, and then resuspended in lysis buffer (50 mM Tris pH 8.0, 5 mM EDTA, 150 mM NaCl, 10% glycerol, 5 mM DTT, 1X protease inhibitor (Roche, cOmplete™ EDTA free), and 2 mM PMSF). To further lyse the cells, they were incubated with 4 mg of lysozyme on ice for 30 min followed by addition of 0.5% Triton X-100 and sonication. The supernatant was collected after a 30-min spin at 25,000 g and incubated with prewashed GST beads (Thermo Fisher Scientific) for 2 h. Beads were washed with wash buffer (PBS + 1 mM DTT +0.1% Tween 20) and then with wash buffer without detergent. Bound protein were eluted and collected in fractions by glutathione elution buffer at pH 8.0 (50 mM Tris pH 8.0, 250 mM KCl, 1 mM DTT, and 25 mM glutathione).
Co-Immunoprecipitation
Co-immunoprecipitation assays were performed in HEK293T cells grown in DMEM media (Thermo Fisher Scientific, Gibco) with 10% fetal bovine serum (Axenia) and 1% penicillin–streptomycin (Invitrogen). Cells were grown to confluence in a flat-bottom plate with 35-mm deep wells at 5% CO2 and 37°C and transfected with 2.0 μg of HA-14-3-3 gamma, HA-14-3-3 zeta, or 1.5 μg of both gamma and zeta using JetOptimus, following the manufacturer’s instructions. Cells were co-transfected with 1.0 μg of GFP-tagged Sept7-WT. Approximately 36 h post-transfection, cells were treated with 0.1 μM okadaic acid for 10 min and lysed with 1 ml HKT buffer (25 mM HEPES pH7.2, 100 mM KCl, 1% Triton X-100, 1 mM DTT, 1 mM EDTA, phosphatase inhibitor (Thermo Fisher Scientific, Halt), and protease inhibitor (Roche, cOmplete™ EDTA free)) per 2-well construct. Lysate was incubated on ice for 20 min prior to homogenization with a 25-gauge syringe needle. Homogenate was pelleted via centrifugation at 6,000 g and 4°C for 5 min. Pierce™ Protein G Agarose (Thermo Fisher Scientific) beads and EZview™ Red Anti-HA Affinity Gel (Millipore-Sigma) beads were washed twice for 5 min at 4°C and re-suspended in 150 μL HKT per sample tube. Pellet supernatant was pre-cleared with 20 μL Pierce™ Protein G Agarose (Thermo Fisher Scientific) beads, and pre-cleared supernatant was collected for input samples. Remaining volume of pre-cleared supernatant was immunoprecipitated with 20 μL EZview™ Red Anti-HA Affinity Gel (Millipore-Sigma) beads. Beads were washed three times with HKT and twice with HK buffer (25 mM HEPES pH 7.2, 100mM KCl, 1 mM DTT, and 1 mM EDTA). Both immunoprecipitation and input samples were prepared with 4X LDS sample buffer (Thermo Fisher Scientific) and 125 mM DTT followed by heat treatment at 95°C for 10 min. Samples were centrifuged at 14,000g for 5 min at 4°C and electrophoresed on NuPAGE™ 4–12% bis-tris polyacrylamide gels (Thermo Fisher Scientific) with NuPAGE™ MOPS running buffer (Thermo Fisher Scientific) for 40 min at 160 V.
Neuronal lysates were prepared at DIV18 with HKT buffer (25 mM HEPES pH7.2, 100 mM KCl, 1% Triton X-100, 1 mM DTT, 1 mM EDTA, and protease inhibitor (Roche, cOmplete). Lysates were precleared with agarose beads and then incubated with 14-3-3 gamma (mouse) or 14-3-3 pan (Rabbit)–bound sepharose beads overnight. Beads were washed thrice with HKT buffer and twice with buffer without detergent. In experiments where phosphospecific interaction was probed, Protein G beads with immunoprecipitated 14-3-3γ were incubated overnight with neuronal lysates that were prepared in 500 μL of lysis buffer (50 mM HEPES, 100 mM NaCl, 2 mM DTT, 1% TritonX100, and 1 mM MnCl2) and pretreated with or without 10 μL of lambda protein phosphatase (NEB, Cat#P0753) at 30°C for an hour. Beads were then washed thrice with lysis buffer and twice with buffer without detergent before running on SDS-PAGE gels.
Western Blot
For Western blot analysis, gels were transferred to Immobilon-P PVDF membrane (Millipore-Sigma) with transfer buffer (25 mM Tris, 192 mM glycine, and 20% (v/v) Methanol) for 60 min at 100 V. Blots were cut below the 50 kDa mark to produce one half-membrane consisting of high molecular weights to detect phosphorylated Septin 7 and one half-membrane consisting of low molecular weights to detect 14-3-3 isoforms (endogenous or HA-tagged). Blots were blocked in 5% milk (5% milk powder (Carnation), 50 mM Tris-Cl, 150 mM NaCl, and 0.1% Tween™ 20 (Thermo Fisher Scientific)) or 2% BSA (2% bovine serum albumin (VWR), 50 mM Tris-Cl, 150 mM NaCl, and 0.1% Tween™ 20 (Thermo Fisher Scientific)) blocking buffer for 1 hour at room temperature and incubated in primary antibody overnight at 4°C. Primary rabbit antibody to detect phosphorylated Septin 7 (T426) was diluted to 1:250 and applied to high molecular weight half-membrane, and primary mouse antibody to detect HA-tag or endogenous 14-3-3 was diluted to 1:1,000 and applied to low molecular weight half-membrane. Blots were washed with blocking buffer at room temperature before secondary antibody incubation. Blots were incubated in HRP-conjugated secondary antibody at 1:1,000 dilution for 3 hours at room temperature. Blots were washed successively with blocking buffer, TBST (50 mM Tris-Cl, 150 mM NaCl, and 0.1% Tween™ 20 (Thermo Fisher Scientific)), and TBS (50 mM and 150 mM NaCl). Western blot images were visualized with Pierce™ ECL Western Blotting Substrate (Thermo Fisher Scientific) and captured with the ChemiDoc Imager (Bio-Rad).
Peptide Pulldown and Mass Spectrometry
Synthetic peptide corresponding to Sept7 C-terminal tail residues 416–438 were commercially synthesized with an N-terminal cysteine residue and T426 in either phosphorylated or unphosphorylated forms (Elim Biopharmaceuticals). Peptides were coupled to SulfoLink beads (Invitrogen), according to manufacturer’s protocol. In brief, 0.5 mg of peptide was dissolved in 1 ml of coupling buffer (50 mM Tris and 5 mM EDTA, pH8.5) and then TCEP was added to a final concentration of 25 mM. Beads (50 ul for each peptide) were washed four times in the coupling buffer, quenched with l-cysteine-HCl and then incubated with 100 ul of 0.5 mg/ml P15 mouse brain lysate. Beads were washed four times with lysis buffer, containing 20 mM Tris pH 7.5, 100 mM NaCl, 10 mM MgCl2, 0.5 mM DTT, 1% Triton X-100, 0.1% deoxycholic acid, and protease inhibitors (Roche), and thrice with lysis buffer without detergent. Proteins bound to beads were then denatured by adding 3x bead volumes of 8M urea/10 mM Tris pH 8.0 to resuspend beads. TCEP was added to a final concentration of 1 mM and incubated at room temperature for 30 min with thermomixer/slow vortex. Chloroacetamide (CAM) was added to final concentration of 3 mM and incubated at room temperature for 10 min with thermomixer/slow vortex. TCEP was added to quench excess CAM after alkylation is complete. The pH was then adjusted to 8. For protein digestion, LysC (Mass Spec Grade) at 1:100 enzyme:substrate ratio was added and incubated at 37°C for 2 h on a thermomixer with gentle agitation. Then 3x reaction volumes of TEAB was added to dilute urea to less than or equal to 2M urea. Then pH was adjusted to 8.0. Trypsin (MS grade, Promega) was added at 1:100 enzyme:substrate ratio and incubated at 37°C for 12–16 h with gentle agitation. Digestion was stopped by adding TFA to a final concentration of 1%. Peptide samples were desalted on C18 StageTips. Peptide samples were separated on an Thermo Dionex UltiMate 3000 RSLCnano System (Thermo Fisher Scientific) using 20-cm long fused silica capillary columns (100 µm ID, laser pulled in-house with Sutter P-2000, Novato CA) packed with 3 μm 120 Å reversed phase C18 beads (Dr. Maisch, Ammerbuch, DE). Liquid chromatography (LC) solvent A was 0.1% (v/v) aq. Acetic acid and LC solvent B was 20% of 0.1% (v/v) acetic acid and 80% acetonitrile. The LC gradient was 100-min long with 5–35% B at 300 nL/min. MS data was collected using an Orbitrap Elite mass spectrometer (Thermo Fisher Scientific).
Mass Spectrometry Data Analyses
Data-dependent analysis was applied using top15 selection with CID fragmentation. Data raw files were analyzed by MaxQuant/Andromeda (Cox et al., 2011) version 1.6.2.8 using protein, peptide, and site FDRs of 0.01, a score minimum of 40 for modified peptides and 0 for unmodified peptides, and a delta score minimum of 17 for modified peptides and 0 for unmodified peptides. MS/MS spectra were searched against the UniProt mouse database (updated July 2016). MaxQuant search parameters are as follows: variable modifications included Oxidation (M) and Phospho (S/T/Y). Carbamidomethyl (C) was a fixed modification. Maximum missed cleavages were 2, enzyme was trypsin/P, and maximum charge was 7. The initial search tolerance for FTMS scans was 20 ppm and 0.5 Da for ITMS MS/MS scans. Label-free quantification (LFQ) of MS intensities from five process replicates/condition was processed with Perseus. Protein groups were filtered to remove proteins ‘only identified by site’ as well as reverse and potential contaminants. MS intensities were log2 transformed, and missing values were imputed by randomly selecting from a distribution downshifted by 1.8 and a width of 0.3. Significance was calculated by a two-sample Student’s t-test.
MS raw data (ID MSV000088699) is publicly available at repository UCSD Massive database and can be accessed freely at https://massive.ucsd.edu.
Immunofluorescence
Rat embryonic hippocampal neurons were grown on coverslips coated with 0.1M borate buffer (50 mM boric acid and 12.5 mM sodium tetraborate in water, pH 8.5), 60 ug/mL poly-d-Lysine (Sigma), and 2.5 ug/mL laminin (Sigma) in 12-well plates. For immunofluorescence, neurons were fixed with warm 4% paraformaldehyde + 4% sucrose in PBS, followed by 60-min incubation in blocking buffer (0.2% Triton X-100, 10% normal goat serum (Jackson Labs), and 0.2M glycine pH 7.2) at room temperature. Primary antibody was incubated overnight at 4°C followed by secondary antibody for 3 hours at room temperature. Coverslips were mounted on slides using Fluoromount-G.
Neuronal Culture
Hippocampi were obtained from E17–E18 Sprague Dawley rat embryos (Envigo), trypsin dissociated, and plated at a density of 150,000 cells per 18 mm coverslip (Fisher Scientific) and 50,000–500,000 cells per 35 mm glass bottom dish (MatTek). Dishes were coated as previously described. Neurons were seeded in plating media (10% fetal bovine serum heat inactivated, 20% dextrose, 1x Glutamax (Invitrogen), 1x penicillin/streptomycin (Thermo Fisher Scientific), Eagle’s MEM with Earle’s BBS (Lonza)) for 4 hours. Media was changed to maintenance media (B27 (Invitrogen), 1x penicillin/streptomycin, 1x Glutamax, and neurobasal media (Invitrogen)). Half of the media was replaced with new maintenance media every 3–4 days. Transfection of mammalian expression constructs in neurons was performed using Lipofectamine 2000, following the manufacturer’s instructions. Neurons were either fixed for 48 h after transfection using 4% PFA+ 4% sucrose, or imaged live 48 h after transfection.
Microscopy and Image Analyses
All live and fixed cell imaging was performed using a Nikon Ti2 Eclipse-CSU-X1 confocal spinning disk microscope equipped with four laser lines 405, 488, 561, and 670 nm and a sCMOS Andor camera for imaging. The microscope was caged within the OkoLab environmental control setup enabling temperature and CO2 control during live imaging. Imaging was performed using Nikon 1.49 ×100 Apo, ×60, or ×40 oil objectives. All image analyses were done using the open access Fiji software.
Statistics
All statistics except for the mass spectrometry data were performed in GraphPad software Prism 9.0. Two group comparisons were made using unpaired t-test, unless otherwise stated. Statistically, p-value less than 0.05 was considered significant. All experiments were done in triplicate, unless stated otherwise, and experimental sample size and p-values are indicated with the corresponding figures.
RESULTS
Conserved C-Terminal Tail in Septin 7 is Phosphorylated by TAO Kinases During Neuronal Development
Sept7 was identified through an unbiased chemical and genetic screening as a phosphorylation target of TAOK2 (Yadav et al., 2017). The site of phosphorylation residue T426 lies in the extended C-terminal coiled coil tail of Sept7. This threonine residue which harbors the consensus site for TAO kinases p[S/T]-X-X[R/H/K] is evolutionarily highly conserved (Figure 1A). Members of thousand-and-one amino acid kinase (TAOK) family contain a highly conserved N-terminal kinase domain, while their C-terminal domains considerably vary (Supplementary Figure S1A). TAO kinases, TAOK1 and spliced isoforms of TAOK2, α and β, are highly expressed in the brain (de Anda et al., 2012 and Allen Brain Atlas), and both TAOK1 and TAOK2 have been associated with neurodevelopmental disorders (Richter et al., 2018; Dulovic-Mahlow et al., 2019; van Woerden et al., 2021). TAOK2, both α and β, as well as TAOK1 have been shown to be important for several aspects of neuronal development including dendritic spine formation (Yasuda et al., 2007; Ultanir et al., 2014; Yadav et al., 2017; van Woerden et al., 2021). Recently, we discovered that TAOK2α is an endoplasmic reticulum–associated kinase with a transmembrane C-terminal region (Nourbakhsh et al., 2021). Given the structural conservation among the kinase domain of TAO kinases and their high expression in the brain (Hu et al., 2021), we tested whether closely related kinase TAOK1 and the alternatively spliced isoforms of TAOK2, TAOK2α, and TAOK2β could also phosphorylate Sept7 at T426. GFP-tagged TAOK1, TAOK2α, and TAOK2β were expressed independently in HEK293T cells, immuno-precipitated using GFP antibody and then incubated with purified GST-Septin7 protein (Supplementary Figure S1B) in an in vitro kinase reaction. Using a phosphospecific antibody (pT426) against the Sept7 T426 residue, we found that TAOK1, TAOK2α, and TAOK2β could each phosphorylate purified GST-Sept7 (Figures 1B,C). All of the immunoprecipitated TAO kinases were active as they could autophosphorylate themselves on the conserved residue S181 (TAOK1-2) in the kinase domain. Level of Sept7 phosphorylation by TAOK2α was significantly higher than that by TAOK2β, while phosphorylation by TAOK1 was not statistically different from TAOK2α. Furthermore, by immunostaining cultured hippocampal neurons at different stages of development, we found that phosphorylated Sept7 (T426) levels increased in neurons as it matured from DIV3 and DIV10 to DIV16 (Figures 1D,E). This is consistent with the increase in TAOK1, TAOK2α, and β expression in the mouse cortex from embryonic stages to the perinatal stage which then persists throughout adulthood (de Anda et al., 2012 and Allen Brain Atlas). These data suggest that the conserved family of TAO kinases show redundancy in Septin7 phosphorylation, where depending on the cellular context potentially multiple kinases of the TAO family can phosphorylate Sept7 C-terminal tail.
[image: Figure 1]FIGURE 1 | TAO kinases phosphorylate the C-terminal tail of Sept7 during neuronal development. (A) Top: multiple sequence alignment of the C-terminal tail of Sept7 demonstrating its evolutionarily conserved sequence including the phosphorylation site. The phosphorylated residue T426 is shown in orange. Bottom: AlphaFold2.0 predicted protein structure of Sept7. Magnified inset depicts the T426 phosphorylation site (red) in the C terminal tail of Sept7. (B) Western blot shows kinase activity of sfGFP-TAOK2α, sfGFP-TAOK1, or sfGFP-TAOK2β expressed in HEK293T cells, immunoprecipitated with GFP antibody, and incubated with purified GST-Sept7 C-terminal tail (321–438 amino acids) for an in vitro kinase reaction. Substrate phosphorylation was determined by probing for phosphorylated Sept7 using the pT426 antibody. Total Sept7 was detected by antibody against GST tag. TAO kinase autophosphorylation was determined by probing for phosphorylated S181 residue. (C) Quantification of protein band intensity of Western blot in (B). Bar graph displays the ratio of phosphorylated Sept7 band intensity to GST band intensity for each TAO kinase construct in which no significant difference was observed between TAOK2α and TAOK1 kinases. Error bars represent standard error of mean from n = 4 experiments. (D) Rat hippocampal neurons at DIV3, 10, and 16 were fixed and immunostained for endogenous phosphorylated Sept7 T426 and dendritic protein Map2. Scale bar represents 10 μm. (E) Mean fluorescence intensity of phosphorylated Sept7 T426 at distinct stages of neuronal development DIV3, 10, and 16 are plotted. Error bars represent standard error of mean for n = 20 neurons from three different experiments. Dunnett’s multiple comparison shows significant changes in pSept7 levels between each stage.
Altered Dynamics of Phosphorylated Septin 7
We had previously reported that phosphorylated Sept7 is enriched in the dendritic spine head and is important for dendritic spine formation and stability of PSD95 (Yadav et al., 2017). Expression of Sept7 phosphomutant T426A leads to failure of dendritic spine maturation, resulting in exuberant dendritic filopodia and shaft synapses (Yadav et al., 2017). To test the role of Sept7 phosphorylation during neuronal maturation, we expressed wild-type (WT), phosphomimetic (T426D), and phosphomutant (T426A) Sept7 in DIV9 neurons and imaged them at DIV11, a developmental stage where filopodial protrusions have not yet developed into mature mushroom dendritic spines. We found that expression of GFP-tagged phosphomimetic Sept7 (T426D) as opposed to WT Sept7 led to early maturation of dendritic spines in hippocampal neurons (Figure 2A). In contrast, expression of phosphomutant Sept7 T426A as expected resulted in extensive filopodial protrusions (Figure 2A). We found that even at this early stage of development at DIV11, there was accumulation of GFP-Sept7 in dendritic spines in neurons expressing phosphomimetic Sept7 T426D. We performed confocal live imaging of neurons expressing either the wild-type (WT), phosphomimetic (T426D), or phosphomutant (T426A) GFP-tagged Sept7. Live imaging of dendritic protrusions at DIV11 revealed that wild-type GFP-Sept7 exhibited dynamic changes in its accumulation within the filopodial protrusions within 10 s time period. In contrast, phosphomimetic Sept7 (T426D) remained stably localized within the dendritic spine head, while the phosphomutant Sept7 (T426A) predominantly was localized at the base of the dendritic spine (Figure 2B, montage over 10 s). Quantification of Sept7 intensity in dendritic protrusions in DIV11 neurons revealed a significant increase in Sept7 T426D expressing neurons compared to WT, while there was a dramatic decrease in intensity of Sept7 T426A compared to WT (n = 50 protrusions, 12 neurons from three experiments, and one way ANOVA). Based on these data showing distinct localization and dynamics of Sept7 in its phosphorylated and unphosphorylated states at residue T426, we hypothesized that there must be unique interaction partners of phosphorylated Sept7 that modulate its discrete properties.
[image: Figure 2]FIGURE 2 | Phosphorylation of Sept7 alters its localization and dynamics. (A) Hippocampal neurons were transfected with GFP-tagged Sept7-WT, phosphomimetic Sept7-T426D, or phosphomutant Sept7-T426A along with membrane marker myristoylated-tdTomato at DIV9 and then fixed at DIV11. Phosphomimetic GFP-Sept7 (T426D) expression leads to early maturation of dendritic spines compared to Sept7-WT, while phosphomutant Sept7-T426A expressing neurons exhibited only filopodial protrusions. (B) Montage of time lapse images showing DIV11 hippocampal neurons transfected at DIV9 with GFP-tagged wild-type Sept7-WT, phosphomimetic Sept7-T426D, or phosphomutant Sept7-T426A. Phosphomimetic Sept7-T426D is stably localized within the dendritic spine head, phosphomutant Sept7-T426A localizes to the base of the dendritic spine, whereas the wild-type Sept7-WT shows dynamic changes in its localization within protrusions. Scale bar represents 5 µm (green) and 1 µm (montage), respectively. (C) Quantification of GFP intensity in protrusions of DIV11 neurons transfected with GFP-tagged wild-type Sept7-WT, phosphomimetic Sept7-T426D, and phosphomutant Sept7-T426A. Values represent mean intensity, error bars represent SEM and n = 50 protrusions from 10 neurons in each condition. Dunnett’s multiple comparison test, p < 0.0001.
Proteomic Identification of Septin 7 Phosphorylation-Dependent Binding Partners
We set out to identify proteins that specifically interact with Sept7 following phosphorylation at residue T426 in its C-terminal tail. This was achieved using an unbiased proteomic strategy to pull down proteins from P15 mouse brain lysate with a synthetic peptide corresponding to Sept7 C-terminal tail residues 416–438 (Figure 3A). This peptide of 22 amino acids was unique to Sept7, as BLAST analyses did not identify any other protein harboring this sequence. Next, the phosphorylated (pSept7) and non-phosphorylated (Sept7) peptides were coupled to beads. Agarose beads activated with iodoacetamide were used for covalent immobilization of peptides corresponding to pSept7 and Sept7 peptides. Peptide coupled beads were then incubated with mouse brain lysate. Proteins that were bound to peptide beads were enzymatically digested and then subjected to mass spectrometry-based identification. Label free quantification was used to measure the relative abundance of proteins bound to Sept7 and pT426-Sept7 (Figure 3A). In our analyses of five replicates of peptide pulldowns, we found 33 proteins (Table 1) that were significantly associated with phosphorylated Septin 7 peptide over unphosphorylated peptide (Figure 3B). These proteins were analyzed by STRING11.2 and the most significant biological process was identified as regulation of cytoskeletal organization including actin-binding proteins as well as the phosphoprotein regulating proteins of the 14-3-3 family (Figures 3C,D). The 14-3-3 protein family is a group of highly conserved acidic proteins highly expressed in the mammalian brain (Boston et al., 1982; Ferl et al., 2002). In humans, there are seven known isoforms of 14-3-3: β, γ, ε, η, δ, τ, and ζ (Gardino et al., 2006). 14-3-3 proteins are ubiquitous regulatory proteins that form both homo- and heterodimers, and their dimerization provides binding sites for association with one or two phosphorylated ‘client’ proteins (Gardino et al., 2006; Uhart and Bustos, 2013). Among the candidate pSept7-binding partners identified by our mass spectrometry experiment (Figure 3C), we were specifically interested in 14-3-3 proteins as 1) binding of 14-3-3 proteins is largely determined by phosphorylation of the client, with the isoforms typically binding phosphorylated serine/threonine motifs (Aitken, 1996; Fu et al., 2000); 2) 14-3-3 are expressed in the brain and important for synapse development; and 3) binding of phosphoproteins to 14-3-3 can serve diverse purposes, including preventing protein–protein interactions, scaffolding, inducing conformational changes, protecting phosphorylation sites, and promoting or preventing ubiquitination.
[image: Figure 3]FIGURE 3 | Proteomic identification of Septin 7 phosphorylation-dependent binding partners. (A) Workflow shows the proteomic strategy for identifying Sept7 phosphorylation-dependent binding partners. (B) Volcano plot displays the difference in association of proteins with phosphorylated (pT246) Sept7 versus unphosphorylated Sept7 based on five replicate pulldowns. 14-3-3 protein isoforms are labeled in red. (C) The protein–protein association network of candidate pSept7 interaction partners. The STRING network of identified proteins that significantly associate with phosphorylated Sept7 tail (pT426) versus non-phosphorylated Sept7 tail. Network nodes represent interacting proteins, and network edges indicate both functional and physical protein associations. Strength of the association is denoted by the thickness of the edges. (D) 14-3-3 family of proteins as well as several actin binding and depolymerizing proteins were found to significantly associate with Sept7 when phosphorylated at T426.
TABLE 1 | List of proteins identified by Mass Spectrometry that associate with Septin 7 when phosphorylated at residue T426.
[image: Table 1]14-3-3 Proteins Associate with Septin 7
We next validated whether 14-3-3 proteins were bona fide interacting proteins of Sept7 using co-immunoprecipitation assays. Using an antibody that recognizes all isoforms of 14-3-3 (pan 14-3-3 polyclonal), we immunoprecipitated 14-3-3 proteins from neuronal lysate obtained from DIV18 cultured embryonic rat hippocampal neurons and then probed for phosphorylated Sept7 using the pT426 Sept7 antibody. We found that indeed pSept7 coimmunoprecipitated with 14-3-3 proteins from neuronal lysates (Figure 4A, n = 3 experiments). Since 14-3-3 zeta (ζ) and gamma (γ) were the isoforms most enriched in our proteomic data (Figure 3D), and are also highly expressed in the brain (Berg et al., 2003), we next tested if there was an interaction of these isoforms with phosphorylated Sept7. We co-expressed HEK293T cells with GFP-Sept7 along with either HA-tagged 14-3-3 zeta, 14-3-3 γ, or both isoforms together. Using the HA antibody, we pulled down the 14-3-3 isoforms and then probed for phosphorylated Sept7 using the pT426 antibody. We found that pSept7 co-immunoprecipitated strongly with 14-3-3 γ and 14-3-3(ζ + γ) but not 14-3-3ζ (Figure 4B, n = 4 experiments). Furthermore, using a gamma isoform specific antibody, we found that endogenous 14-3-3γ from neuronal lysates co-immunoprecipitated pSept7 (Figure 4C, n = 3). Next, we tested whether the interaction between Sept7 and 14-3-3γ was dependent on phosphorylation. Neuronal lysates at DIV18 were either treated with lambda protein phosphatase or buffer and then incubated with immunoprecipitated 14-3-3γ. When immunoprecipitates were then probed for the presence of total Sept7, we found that while in untreated condition Sept7 bound 14-3-3γ, this interaction was not detected when lysate was treated with protein phosphatase (Figure 4D, n = 3). These data suggest that the interaction between Sept7 and 14-3-3γ is phosphorylation dependent. Next, to determine the effect of expression of different 14-3-3 isoforms on dendritic spine maturation, we co-expressed HA-tagged 14-3-3γ and 14-3-3ζ along with membrane marker myr-tdTomato in cultured DIV12 hippocampal neurons. Neurons were fixed at DIV14 and stained with anti-HA antibody to visualize the localization of overexpressed 14-3-3 proteins (Figure 4E). In neurons overexpressing HA-14-3-3γ, about 52% of protrusions were spiny mushroom mature spines, while 42% of protrusions were spiny in neurons expressing HA-14-3-3ζ (Figure 4F). Interestingly, HA-14-3-3γ was enriched in dendritic spines with a spine/dendrite ratio of 1.2, whereas HA-14-3-3ζ primarily localized to the dendritic shaft and was not enriched in the spine head (Figure 4G). In summary, we found that Sept7 interacts with 14-3-3γ in a phosphorylation-dependent manner. Furthermore, overexpression of 14-3-3γ but not the zeta isoform leads to its enrichment in the dendritic spine head and enhances spine maturation.
[image: Figure 4]FIGURE 4 | 14-3-3γ associates with phosphorylated Sept7 and enhances dendritic spine maturation. (A) Western blot of endogenous 14-3-3 protein in DIV18 hippocampal neurons immunoprecipitated with 14-3-3 (pan) antibody and probed for 14-3-3 and phosphorylated Sept7 (pT426) (n = 3 experiments). (B) Western blot of HA-14-3-3γ, HA-14-3-3ζ, or both HA-tagged isoforms co-expressed along with GFP-Sept7 in HEK293T cells immunoprecipitated with HA antibody and probed for HA and phosphorylated Sept7 (pT426). Phosphorylated Sept7 co-immunoprecipitated with HA-14-3-3γ and HA-14-3-3(ζ+γ) but not HA-14-3-3ζ (n = 3 experiments). (C) Western blot shows coimmunoprecipitation of phosphorylated Sept7 with endogenous 14-3-3γ. Lysate from DIV18 hippocampal neurons immunoprecipitated with 14-3-3 (gamma) antibody and probed for 14-3-3γ and phosphorylated T426 Sept7 (n = 3 experiments). (D) Western blot shows phosphorylation dependent interaction of Sept7 with endogenous 14-3-3γ. DIV18 hippocampal neurons were treated with okadaic acid (OA) or DMSO, and lysate treated with or without lambda protein phosphatase (PP) were then immunoprecipitated with 14-3-3 (gamma) antibody and probed for 14-3-3γ and total Sept7 (n = 3 experiments). (E) Fixed images of DIV14 hippocampal neurons co-transfected with membrane marker myristoylated tdTomato and HA-14-3-3γ or HA-14-3-3ζ were immunostained for HA tag. Scale bar is 10µm, and image psuedocolored to represent fluorescence intensity. (F) Bar graph depicts percent of protrusions with mature, spiny morphology in DIV14 hippocampal neurons transfected with HA-14-3-3γ or HA-14-3-3ζ. HA-14-3-3γ expression results in significantly more spiny, mature protrusions (p < 0.05). Values indicate mean, error bars represent SEM and n > 8 neurons each. (G) Bar graph shows ratio of 14-3-3 fluorescent intensity in spines to intensity in corresponding dendritic shaft in DIV14 hippocampal neurons transfected with HA-14-3-3γ or HA-14-3-3ζ. Values indicate mean percent, error bars represent standard error of mean, and n = 20 spines from five neurons each.
Sept7 Association With 14-3-3 Protects its Phosphorylation at T426
To test the functional consequence of 14-3-3 association with phosphorylated Sept7, we utilized a genetically expressed inhibitor of 14-3-3, EYFP-Difopein (dimeric 14-3-3 peptide inhibitor). This construct EYFP-Difopein is based on R18, a Raf-1–derived phosphopeptide, which is a high-affinity peptide antagonist of 14-3-3 proteins (Wang et al., 1999). Difopein is composed of two R18 coding sequences separated by a sequence coding for a short peptide linker in an EYFP fusion mammalian vector. Expressed Difopein is capable of disrupting 14-3-3/ligand binding (Masters and Fu, 2001). Difopein binds 14-3-3 without any isoform selectivity and thereby inhibits the interaction of all 14-3-3 isoforms with their physiological binding partners (Qiao et al., 2014). We transfected DIV14 hippocampal neurons with either control EYFP construct or EYFP-Difopein construct and then measured the levels of pSept7 in neurons fixed at DIV16 (Figure 5A). Quantification of pSept7 intensity in the soma of neurons expressing Difopein showed a significant decrease in the level of phosphorylated Sept7 compared to those expressing EYFP control, as detected by immunostaining using the pT426 Sept7 antibody (Figure 5A, yellow asterisk and 5B). Furthermore, neurons expressing Difopein had a dramatic decrease in density of mature mushroom spines compared to EYFP-Control transfected neurons (Figure 5A, middle row and 5C). These data suggest that interaction of the C-terminal tail of Sept7 with 14-3-3 proteins is protective of the phosphorylation status of Sept7 in neurons, revealing a mechanism for modulation of Sept7 function by association with 14-3-3 proteins (Figure 5D).
[image: Figure 5]FIGURE 5 | Association with 14-3-3 protects phosphorylation state of Sept7. (A) Fixed images of DIV16 hippocampal neurons transfected at DIV14 with EYFP-control or EYFP-Difopein (magenta), scale bar is 10 μm. Yellow inset is magnified to highlight dendritic protrusions shown in inverted grayscale, scale bar is 5 μm. Bottom row shows levels of pSept7 immunostaining (gray) in the neuronal soma of control and difopein-transfected (magenta) neurons. Transfected neurons are depicted by yellow asterisk, and scale bar is 5 μm. (B) Quantification of phosphorylated Sept7 levels in the soma of DIV16 hippocampal neurons expressing YFP-control or YFP-Difopein. YFP-Difopein expression results in significantly decreased levels of phosphorylated Sept7 (p < 0.0001). Values indicate mean; error bars represent SEM; and n = 13 and 15 neurons, respectively, from three distinct experiments. (C) Density of mushroom spiny protrusions in DIV16 hippocampal neurons expressing YFP-control or YFP-Difopein. Values indicate mean, error bars represent SEM, and n = 11 neurons each from three distinct experiments. (D) Schematic summarizes findings of this study showing 14-3-3 protein association modulates Sept7 function in neurons through protection of its phosphorylation state.
DISCUSSION
In this study, we utilize mass-spectrometry based discovery proteomics to identify binding partners that interact specifically with phosphorylated Sept7 in order to understand its role in dendritic spine development. Among the proteins we identified, we focus on the 14-3-3 family which are highly conserved phosphoprotein binding proteins that are important for brain development. We identify a specific interaction of pSept7 with 14-3-3γ (gamma) encoded by YWHAG. 14-3-3 gamma is highly expressed during brain development, and mainly in neurons. Our findings show that 14-3-3γ is specifically enriched in the dendritic spines, and that its expression in neurons leads to increased dendritic spine numbers.
14-3-3 proteins carry out a diverse array of functions in cellular processes, including in apoptosis (Masters and Fu, 2001), cell cycle progression (Peng et al., 1997), cytoskeletal rearrangements (Gohla and Bokoch, 2002), and neuronal growth (Cornell and Toyo-oka, 2017) that are mediated through the multitude of their phosphorylation dependent protein interactors. Accumulating evidence supports a profound role of 14-3-3 proteins in brain development. 14-3-3 proteins are important for neurogenesis, neuronal differentiation, and neuronal migration during cortical development (Cornell and Toyo-oka, 2017). Functional knockout of 14-3-3 proteins in mice brains with the dimeric 14-3-3 inhibitor Difopein results in reduced dendritic complexity and spine density accompanied by schizophrenia-related behaviors (Foote et al., 2015). 14-3-3 proteins are further required for hippocampal long term potentiation (LTP) and associative learning (Qiao et al., 2014), however, contribution of different 14-3-3 proteins in LTP was not ascertained. 14-3-3γ plays an important role in neuronal migration as either knockdown or overexpression of 14-3-3γ results in neuronal migration defects in vivo in mice (Wachi et al., 2015). Notably, 14-3-3γ expression is significantly reduced in human brain from Down Syndrome patients (Peyrl et al., 2002), indicating that perturbation of 14-3-3γ levels could contribute to disorders in human brain development. Furthermore, deletion of the YWHAG gene encoding 14-3-3γ is also associated with epilepsy and autistic traits in patients with atypical Williams Beuren syndrome due to deletions in 7q11.23 locus (Fusco et al., 2014).
Septins are important regulator of several aspects of neuronal development including dendrite growth, axon development and dendritic spine maturation. Our data show that phosphorylated Sept7 associates with 14-3-3 proteins. While our mass spectrometry data indicates that isoforms gamma and zeta bind specifically with phosphorylated Sept7 C-terminal tail, we only were able to biochemically validate the interaction with 14-3-3 gamma. It remains unknown whether different isoforms can heterodimerize to associate with phosphorylated Sept7. Using peptide inhibitor Difopein, we found that blocking interaction of Sept7 with 14-3-3 led to a decrease in the level of phosphorylated Sept7, highlighting the importance of the interaction. Since Difopein quenches the blocking site for phosphoproteins in all 14-3-3 proteins, our study did not directly test isoform specific effect of blocking Sept7 interaction with 14-3-3. Contribution of phosphorylated Sept7 and hence its protection by 14-3-3 proteins in these diverse neuronal contexts will be an important area of study. Dysfunction in both 14-3-3 and septins have been associated with various diseases including neurodegenerative diseases (Ide and Lewis, 2010) (Foote and Zhou, 2012) (Marttinen et al., 2015). In addition to the 14-3-3 proteins, several actin binding proteins were also identified in our proteomic study. Cofilin, an actin binding protein important for dendritic spine maturation was identified as a phosphorylation dependent Sept7 interacting protein (Gu et al., 2010; Pyronneau et al., 2017). Notably, phosphorylated cofilin also associates with 14-3-3 proteins (Gohla and Bokoch, 2002). Further understanding the interplay of septins, actin binding proteins, and 14-3-3 proteins in dendritic spine development may provide important insights into neurodevelopment and pathophysiology underlying neurological disorders.
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Protein name

14-3-3 protein gamma
14-3-3 protein zeta/delta
Myotrophin

Destrin
Fascin

Profiiin-2
Cofilin-1
Glutamine synthetase

Histidine triad nucleotide-binding protein 1
Triosephosphate isomerase

Eukaryotic translation initiationfactor 5A-1; 5A-2
Fatty acid-binding protein, brain
Translationally-controlled tumor protein
Heterogenous nuclear ribonucieo protein A3

SUMO-corjugating enzyme UBC9
Protein SET

Guanine nucleotide-binding protein G()/G(S)/G(T) subunit beta-1;
beta-2; beta-4

NEDD8-conjugating enzyme Ubc12

Ubiquitin-conjugating enzyme E2 D2; Ubiquitin-conjugating
enzyme E2 D3; D2B

Serine/threonine-protein phosphatase 2A 55 kDa regulatory
subunit B alpha isoform

Serine/arginine-rich splicing factor 2

ADP/ATP translocase 1

Peptidyl-prolyl cis-trans isomerase A; Peptidyl-prolyl cis-trans
isomerase A

14 kDa phosphohistidine phosphatase

Hepatoma-derived growth factor-related protein 2

Histone H4

Obg-ike ATPase 1

Small nuclear ribonucleoprotein Sm D3
L-lactate dehydrogenase A chain
Phosphoglycerate kinase 1

Aconitate hydratase, mitochondrial
Creatine kinase B-type

Nucleolin

Gene

Ywhag
Ywhaz
Mipn

Dstn
Fsenl

Pin2
Cfll
Glul

Hintl
Toi

Eif5a; Eif5a2
Fabp7

Totl

GmB793; Gm9242;
Hnmpa3

Ube2i

Set

Gnb1; Gnb2; Gnb4

Ubezm
Ube2d2; Ube2d;
Ube2d2b
Ppp2rea

Srsf2
Sic25a4
Ppia

Phptl
Hagfrp2
Histihda
Olal

Snpd3
Ldha
Pgkl
Aco2
Cib

Nel

Function

Binds phospho S/T proteins and modulates their of activity
Binds phospho S/T proteins and modulates their of activity

Regulates growth of actin filaments. Inhibits the activity of the F-actin-capping
protein complex

Actin-depolymerizing protein. Severs actin filaments (F-actin) and binds to
actin monomers (G-actin)

Organization of actin flament bundles and the formation of microspikes and
stress fibers

Binds to actin and affects the structure of the cytoskeleton

Binds to F-actin and exhibits F-actin depolymerizing activty

Catalyzes the production ofglutamine and 4-am inobutanoate (gamma-
aminobutyric acid, GABA)

Hydrolyzes purine nucleotide phosphoramidates

Triosephosphate isomerase 1

mRNA-binding protein involved in translation elongation

Belongs to the calycin superfarmily

Involved in calcium binding and microtubule stabiiization

Plays a role in cytoplasmic trafficking of RNA

Necessary for sumoylation
Multitasking protein, involved in apoptosis, transcription, and histone
chaperoning

Guanine nuceotide-bind ing proteins act as a modulator in various
transmembrane signaling events

Ubiquitin conjugating enzyme

Ubiquitin conjugating enzyme

Protein Phosphatase

Necessary for thespiicing of pre-mRNA
Involved in mitochondrial ADP/ATP transport
PPlases accelerate the folding of proteins

Extibits phosphohistidine phosphatase activity
Associates with chromatin

Core component of nucleosome

Obg-iike ATPase 1; Hydrolyzes ATP, and can also hydrolyze GTP with lower
efficiency

plays an important role in the splicing of cellular pre-mRNAS
Lactatedehydrogenase A

Catalyzes one ofthe two ATP producing reactions in theglycolytic pathway
Catalyzes the isomerization of citrateto isocitrate via cis-aconitate
Reversibly catalyzes thetransfer of phosphate between ATP and various
phosphogens

Induces chromatin decondensation by binding to histone H1
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Dig4, Vamp1, Cacng5, Syt11
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GO classification of biological and cellular processes of selected genes downregulated upon STIM1 knockout in PNs. Enriched categories with associated GO term, log p value, andlists of

genes associated with each process and tested here are shown. Metascape was used for gene enrichment using parameters specific for Mus musculus, with ap value cutoffas 0.01 (data
from Dhanya and Hasan, 2021).
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Gene

Stim1 (DNA)
Cre (DNA)
SEPT7 (DNA)
Pep2
Stim1
Gabrab
Pvalb
Calm1
Dig4
Robo2
Map4
Gigyr2
Atp1a3
Itor1

Orai3
Casq2
S100b
Cacngs
Kctd17
Vamp1
Syt11
Setd6
Gapah

Forward (5'>3')

CGATGGTCTCACGGTCTCTAGTTTC
GCCGAAATTGCCAGGATCAG
CTTTGCACATATGACTAAGC
CCAGGCCAGAACCCAGAAAG
ACAACTGGACTGTGGATGAGG
TGCTGGAAGGCTATGACAACC
ATGGGGACGGCAAGATTGG
CGTTCTTCCTTCCTTCGCTCG
ACCAAGATGAAGACACGCCC
CTGCCATCTAGACCTGACTCC
AGCCAGGTTGAAGGTATCCC
GGACCGCAGTGTTAAAAAGACC
CTGCCGACATGATTCTGCTGG
TGAAGGGGAACAGAACGAGC
CCTGTGGCCTGGTTTTTATC
AGCCCAACGTCATCCCTAAC
GATGTCTTCCACCAGTACTCCG
CTTCCTGTGATGTGAGGGCG
GGCTCCTCCTACAACTATGGG
CCCGTCTCGTTGCATTCTCC
CAAGAGGAACATTCAGAAGTGC
TGGTTTTGCTGAGCCCTATCC
CTTTGGCATTGTGGAAGGGC

Reverse (5'>3')

GGCTCTGCTGACCTGGAACTATAGTG
AGCCACCAGCTTGCATGATC
GGTATAGGGGACTTTGGGG
CCCAGGTCGTTTCTGCATTC
TGGTTACTGCTAGCCTTGGC
GTCTGGCGGAAGAAAACATCC
GCGAGAAGGACTGAGATGGG
TTCCTTGGTTGTGATGGTGCC
TTCCGTTCACATATCCTGGGG
ACGAGATCCTTGACCTTGCC
TGGCTGCTCTGATAATCCGG
TCTGCTGCCATTCTTCTCCG
AGGAAGGGTGTGATCTCAGGG
AGGCCGATTCTTTGTTTCTGC
GTGCCCGGTGTTAGAGAATG
AGTCGTCTTCTCCTGTAGTCC
AGCGTCTCCATCACTTTGTCC
CAAAAGTTGGAGTCGAGCGC
GGAGGGAGAAAAGGTTAGCGG
GTCATGTTGGGAGGAGGACC
CCTGAGAGACCGGTGATATCC
CCCCTACCATCTCCTGTTTGC
TGCAGGGATGATGTTCTGGG

Sequences of primers used for standard PCR for genotyping transgenic mice and for quantitative real-time PCR for allsets of genes are listed i the table. Standard PCRs carried out on
genomic DNA extracted from tail clippings of transgenic mice. The PCR product length of the wild-type STIM1 gene and the floxed STIM1 gene are 348 bp and 399 bp, respectively
(Oh-hora et al, 2008). The presence of Cre s identified by a PCR product length of 421 bp (Hartmann et al, 2014). The wild-type SEPT7 gene and the floxed SEPT? gene were confimed
by PCR product lengths of 151 bp and 197 bp, respectively (Menon et al,, 2014). All primers used for GPCR were designed using primer 3 (htip://bioinfo.ut. ee/primer3-0.4.0/). Pep2,
Purkinje cell protein 2; Stim1, stromal interaction molecue 1; Gabra6, gamma-aminobutyric acid type A receptor subunit ajpha 6). Pvalb, parvalbumin; Calmi,caimodulin 1; Digd, discs
large homolog 4; Robo2, roundabout guidance receptor 2; Mapd, microtubule-associated protein 4; Gigyf2, GRB10-interacting GYF protein 2; Atp1a3, Na+/K+-ATPase transporting
subunit aipha 3; tpri, inositol 1,4,5-trisphosphate receptor 1, Oraid—Orai3; Casq2, calsequestrin 2, $100b—S1008; Cacngs, calcium voltage-gated channel auxilary subunit gamma 5;
Ketd17, potassium channel tetramerization domain containing 17; Vamp1, vesicie-associated membrane protein 1; Syt11, synaptotagmin 11; Setd6, SET domain containing 6; Gapdh,

alyceralbdehyde 3-phosphate dehydrogenase.
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