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Tissue and organ decellularization strategies in regenerative medicine; recent advances, current translational challenges, and future directions


Several different scaffolds of either synthetic or biological origin have been utilized in regenerative medicine for the engineering of tissues and organs. The ideal scaffold should be biocompatible, non-immunogenic, and easily fabricated. In addition, it should provide mechanical stability, mimicking the role of the natural ECM, whilst providing appropriate microstructure for cellular growth. A variety of different methods have been used over the past few years to fabricate synthetic scaffolds, including electrospinning (Amoroso et al., 2012), knitting (Moreira et al., 2014), and 3D printing (Mosadegh et al., 2015), with a view to creating porous structures that would facilitate cellular infiltration and colonization. Ideally, the scaffold would be degraded by the colonizing cells, which will synthesize their own ECM.
The most commonly used polymers in scaffold fabrication are polylactic acid and polyglycolic acid. However, a variety of different polymers have been used in the field over the years. The main reported advantage of polymeric scaffolds was that they can be fabricated in a well-controlled and reproducible manner that reflects their consistency in terms of mechanical properties, degradation rates, pore size, and surface topographies (McClelland et al., 2012). On the other hand, identifying the correct balance between degradation rates and ECM synthesis, as well as imitating the complex histoarchitectural and biomechanical properties of the native ECM, remain significant challenges in synthetic scaffold fabrication.
Biological scaffolds have been fabricated using reconstituted proteins or other structural components of the native ECM. Such scaffolds have been produced using fibrin (Kaminski et al., 2011; Syedain et al., 2015), collagen (Shi and Vesely, 2003), and hyaluronan (Masters et al., 2005). These biopolymers have been prepared as gels in which cells were suspended (Moreira et al., 2014) prior to forming the scaffold geometry. Although such biological scaffolds have an advantage over synthetic ones due to the natural origin of their constitutive components, source-related immunogenicity, inadequate mechanical properties, and absence of natural histoarchitecture remain grossly unsolved issues.
Decellularized tissue represents the current state-of-the-art in scaffold fabrication, featuring natural histoarchitecture and mechanical integrity, similar to the native tissue. Nevertheless, source-related immunogenicity remains an important hurdle for the wide adoption of decellularized tissue scaffolds in the clinical setting, especially in the case of xenogeneic tissue scaffolds. Decellularization is aimed at removing the cellular and nuclear components, and antigens from the tissue, while minimizing the alterations in the composition, histoarchitecture, biological activity, and mechanical integrity of the remaining ECM (Gilbert et al., 2006). Xenogeneic or allogeneic cellular antigens are recognized as foreign by the host and, therefore, trigger an inflammatory response, which can result in immune-mediated graft rejection. Moreover, although the ECM components are well conserved among species and tolerated by the immune system of the host, even when xenogeneic tissue is used (Gilbert et al., 2006), antigens that can trigger an inflammatory response and immune-mediated graft rejection are not only localized in the cells, but have also been reported to reside within the ECM (Galili, 2001; Galili, 2015). Therefore, decellularization alone might not be sufficient for rendering the tissue completely non-immunogenic. On the other hand, harsh treatments for removing antigens from within the ECM can damage the integrity of the ECM proteins.
In the saga of finding efficacious therapies for the treatment of cardiovascular disease, tissue engineering and/or tissue-guided regeneration approaches based on decellularized scaffolds have the potential to provide excellent clinical alternatives to non-viable devices, especially in the field of heart valve replacement. Nevertheless, there are a number of hurdles that still remain in for the wide clinical translation of decellularized scaffolds in cardiovascular surgery.
The decellularization strategies so far developed for cardiac and skeletal muscles were reviewed by Tan et al., pointing out the key requisites for an effective regenerative medicine therapy to tackle cardiovascular disease and musculoskeletal pathologies. The identification of the right balance between effective cell removal and retention of the original biochemical and biomechanical properties of the native tissue remains a challenging task for many tissues and organs. Focusing on ventricular myocardium, Krishnan et al. discussed the components, methods, and obstacles for its biofabrication, describing the wide variety of cell types that have been proposed for a personalized regenerative medicine approach. Aubin et al. reported on an approach that implanted a decellularized myocardial sleeve onto the surface of an infarcted rat heart model. As early as 4 weeks, the sleeve activated a pro-regenerative genetic program, culminating in scaffold repopulation and integration and, ultimately, improvement in overall cardiac function.
The generation of a competent vascular substitute is one of the challenges in cardiovascular bioengineering. Wang et al. reported that the ideal blood vessel replacement should exhibit several characteristics, such as biodegradability, biocompatibility, ability to integrate and bear typical physiologic conditions, while being able to adapt to somatic growth, and can be manufactured at reasonable cost. Bioengineered large blood vessels are a clinical reality, with mainly bovine-derived decellularized arteries and veins. Oropeza et al. reported on a bioengineered ascending aorta, obtained by bioprinting with a viscous ink that was generated by lyophilized and powdered decellularized hearts and human aortic smooth muscle cells. This bioprinted scaffold was reported to possess biomechanical properties similar to those of an immature, growing aorta and, therefore, has the potential to be used as a pediatric aortic model in vitro.
The generation of a small-caliber vascular substitute remains a challenging problem, which has been addressed in this Research Topic. Maintenance of patency in vivo is the main issue for arteries with a caliber smaller than 6 mm. In order to overcome this issue, Liu et al. proposed the use of crosslinking with photooxidation and penta-galloyl glucose with a view to increasing the biomechanical and biochemical stability of the decellularized internal mammary artery. The treated acellular bovine-origin was grafted in rabbit models of subcutaneous implantation and abdominal aorta transposition, and demonstrated a 4-month overall patency, no stenosis or calcification, null immune response, good biocompatibility, and cellular repopulation. Surgical intervention for small-caliber arterial substitution is frequently urgent, as in the case of coronary bypass after an ischemic heart attack. Most of the current protocols for the preparation of decellularized tubular scaffolds are generally time-consuming and unable to readily address the immediate clinical demand. In order to bridge this temporal gap, Massaro et al. developed a 5-h decellularization protocol for porcine carotid arteries. In vitro tests revealed biomechanical integrity and biocompatibility with rat endothelial cells and human umbilical vein endothelial cells (HUVECs), provided that efficient removal of the decellularization detergent (sodium dodecyl sulfate; SDS) was reached. Sterilization and preservation methodologies for small-caliber arterial grafts still need to be optimized, since decellularization protocols might introduce alterations in the treated tissues. Zia et al. investigated the effects of peracetic acid (PAA) and gamma irradiation and reported depletion of collagen IV and overall deterioration of the decellularized tibial artery scaffold using PAA, while both methods reduced the glycosaminoglycan content. This study demonstrated for the first time the feasibility of combining the decellularized scaffold with an electrospun PCL/PEG sleeve that endowed antimicrobial properties and mechanical stability to the graft.
As mentioned above, decellularized heart valves have been among the first scaffolds to reach the clinical setting. Many protocols have been developed to manufacture decellularized heart valve replacements, but yet, decellularization efficiency has been evaluated following not univocal parameters. Naso and Gandaglia emphasized the need to standardize decellularization procedures and recommended a checklist for quality control of heart valve replacements generated with these treatments. Singh et al. proposed a novel application for decellularization treatments. Aldehyde-treated human hearts that are preserved in anatomopathological tissue banks, have been shown to stiffen and might be less informative in medical education and training. Decellularization could restore the original native biomechanical properties of heart valves for high fidelity in vitro simulation.
The generation of whole functional solid organs, including liver, kidney, lungs, or heart, which have an inherent sophisticated structure, still faces a number of challenges that need to be addressed (Hussein et al., 2020). Vascular reconstruction or reendothelialization is the main obstacle to avoiding coagulation and guaranteeing continuous blood flow through the transplanted organ (Hussein et al., 2016). Li et al. reviewed the different techniques that have been developed to enhance the reendothelialization efficiency, promote cell seeding of parenchymal cells, and improve graft functionality during both in vitro and in vivo perfusion of the bioengineered liver. Fathi et al. investigated an alternative way to overcome the reendothelialization problem through an axial pre-vascularization approach of the decellularized liver and evaluated its suitability for pancreatic islet transplantation. They reported that both fresh bone marrow preparation or adipose-derived stem cell-seeded scaffolds showed superior vascularization and graft function compared to the acellular scaffold in streptozotocin-diabetic rats. Using a novel method to enhance endothelial cell coverage in whole lung scaffolds, Yuan et al. developed a culture protocol with the presence of Rho-associated protein kinase (ROCK) inhibitor (Y27632). They investigated the effect of decellularized whole lung scaffolds on reseeded endothelial phenotypes and functions using single-cell RNA-sequencing analysis. This sequencing analysis demonstrated that primary rodent pulmonary microvascular or human-induced pluripotent stem cell-derived endothelium started to regain the native endothelial phenotypes after transitioning from expansion on culture plates into the decellularized lung scaffold.
Akinnola et al. demonstrated that endothelial cells may exhibit selective tropism during reendothelialization. They reseeded the blood vessels of decellularized mouse lung with rat pulmonary microvascular endothelial progenitor cells (RMEPCs), pulmonary arterial endothelial cells (PAECs), or microvascular endothelial cells (MVECs). They reported that PAECs and MVECs possessed selective tropism for larger vessels or microvasculature, respectively, while RMEPCs lacked site preference and were located to all vascular segments. Additionally, they reported that cells with selective tropism were suboptimal for functional reendothelialization of the vasculature within the whole organ.
Cell sourcing for recellularization has been identified as another challenge for the application of decellularized tissues and organs. Girard et al. obtained stromal vascular fractions by 20 inter-syringe passages and suggested that could be applicable to reseed decellularized tissues. These cells are considered a large source of autologous progenitor cells that can be harvested during liposuction or lipectomies that are classically used in plastic and aesthetic surgery.
Neishabouri et al. highlighted and summarized the different decellularization and sterilization methods, testing decellularization efficiency, and the current challenges and prospects of decellularization.
As another application of decellularized tissues, Narciso et al. used different decellularizing agents to develop a fast and efficient decellularization technique for lung tissue slices attached to a glass slide. This work could be an important tool for cancer research studies on scarce and valuable samples/clinical biopsies as well as to use the decellularized extracellular matrix as a cell culture substrate. Last but not least, Solarte David et al. discussed the natural decellularized ECM, obtained from different tissues, as a promising approach for wound healing. These ECMs could provide a convenient microenvironment through its constituents of cytokines, proteins, and growth factors that could coordinate inflammation, re-epithelialization, and remodelling processes.
This Research Topic presents a snapshot at the cutting edge of tissue and organ decellularization and subsequent recellularization, particularly focusing on the hurdles and unresolved issues that need to be overcome towards the engineering of tissues and organs for clinical transplantation in the near future. The associate editors would like to thank the editors of Frontiers in Bioengineering and Biotechnology for hosting this Research Topic, the reviewers for their valuable help in assessing the contributions, and the authors for contributing their high-quality studies to this Research Topic. The editors hope that their Research Topic will be interesting and useful to the readers and researchers in the fields of tissue engineering and regenerative medicine.
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Tissue engineering using decellularized whole lungs as matrix scaffolds began as a promise for creating autologous transplantable lungs for patients with end-stage lung disease and can also be used to study strategies for lung regeneration. Vascularization remains a critical component for all solid organ bioengineering, yet there has been limited success in generating functional re-endothelialization of most pulmonary vascular segments. We evaluated recellularization of the blood vessel conduits of acellular mouse scaffolds with highly proliferating, rat pulmonary microvascular endothelial progenitor cells (RMEPCs), pulmonary arterial endothelial cells (PAECs) or microvascular endothelial cells (MVECs). After 8 days of pulsatile perfusion, histological analysis showed that PAECs and MVECs possessed selective tropism for larger vessels or microvasculature, respectively. In contrast, RMEPCs lacked site preference and repopulated all vascular segments. RMEPC-derived endothelium exhibited thrombomodulin activity, expression of junctional genes, ability to synthesize endothelial signaling molecules, and formation of a restrictive barrier. The RMEPC phenotype described here could be useful for identifying endothelial progenitors suitable for efficient vascular organ and tissue engineering, regeneration and repair.
Keywords: endothelial progenitors, decellularization, extracellular matrix, tissue engineering, bioscaffold recellularization
INTRODUCTION
The treatment of end-stage lung diseases requires lung transplantation, yet there is a severe shortage of available lungs for transplant. Roughly 20% of patients on lung transplant lists are removed before receiving a new lung due to death or becoming too ill to undergo the procedure (Ahya and Diamond, 2019). Tissue engineering using decellularized whole lungs as scaffolding might provide an opportunity to generate functional lungs for autologous transplant in patients for whom there is no other therapeutic alternative. Despite some advancements in lung tissue engineering (Petersen et al., 2010; Song et al., 2011; Calle et al., 2014; Ren et al., 2015; Balestrini et al., 2016), to date, the establishment of a functioning vasculature with low thrombogenicity and adequate barrier function has proven to be difficult, resulting in lung failure. Although synthetic vascular grafts are utilized clinically for simple vessels (Deutsch et al., 2009) current synthetic materials can mimic neither the anatomical placement of cells interacting at the air-liquid interface, the native mechanical properties of the lung, nor the complex organ compositional and micro-environmental cues needed for geospatial branching. Perfusion-based decellularization provides an alternative approach that preserves the lung’s native architecture and extracellular matrix composition, overcoming these challenges (Price et al., 2010; Daly et al., 2012). Decellularized lungs provide the ideal biomimetic cues for appropriate cell localization, differentiation, and function. Such three-dimensional niches are conducive to physiological cell-matrix and cell-cell crosstalk, potentially enhancing the functionality and stability of engineered, transplantable organs.
Whole complex solid organ regeneration, while still in the early stages, has rapidly matured since the initial demonstration for the heart (Ott et al., 2008; Gilpin et al., 2016). Bioengineered lungs implanted in rats showed evidence of successful gas exchange for up to 7 days (Song et al., 2011), and a similar method is being developed using a nonhuman primate model (Bonvillain et al., 2012). Bioengineered lungs have also been successfully implanted into large, non-primate mammals lasting up to 2 months, without acute rejection, where the implanted lung displayed continued growth and restoration of native microbiota (Nichols et al., 2018). While the longevity of a lung transplant depends on many different factors, the functionality of engineered grafts has faltered primarily from their susceptibility to thrombus formation and barrier leakiness (Petersen et al., 2010; Kurobe et al., 2012; Balestrini et al., 2016; Liu et al., 2018). In native tissues, the endothelium regulates hemostasis and thrombosis, forming a functional barrier that allows for selective permeability (Feletou and Vanhoutte, 2006; Aird, 2007). The primary goal of this study was to determine the endothelial cell specification necessary to generate functional, patent pulmonary vasculature using acellular whole lung matrices in bioreactor conditions. We show the identification of a pulmonary endothelial cell population from a single source that can overcome selective tropism, recellularize all vascular areas of an acellular lung scaffold, and provide a functional barrier.
METHODS
Animals: Male B10.BR mice were bred in-house at the University of Minnesota Research Animal Resources facility and used at 8–12 weeks of age. Sprague Dawley rats were purchased from Charles River Laboratory, housed at University of South Alabama and used at 4 months of age. All experiments were approved by the Institutional Animal Care and Use Committees of the respective institutions.
Perfusion based decellularization of whole mouse lungs: Mouse lungs were decellularized as previously published (Price et al., 2010). Lungs were excised en bloc with the trachea and heart, and were perfused with sequential solutions of deionized water, 0.1% Triton X-100, 1% 3α,12α-dihydroxy-5β-cholanic acid sodium salt (Na deoxycholate), 1 M NaCl, then 30 mg/ml porcine pancreatic DNase in 1.3 mM MgSO4 and 2 mM CaCl2, followed by a final rinse with sterile, deionized water. Cell removal was verified via 4′,6-diamidino-2-phenylindole (DAPI) immunofluorescence (Vector Labs) confocal microscopy (Olympus FV500) on cryosections of representative lungs processed at the same time for quality control purposes, as well as DNA quantitation using the PicoGreen Assay (Price et al., 2015). Decellularized scaffolds were maintained at 4°C in PBS containing pen/strep to maintain sterility.
Isolation and culture of rat endothelial cells: PAECs, MVECs, and RMEPCs were isolated from Sprague-Dawley rats and cultured as previously described (King et al., 2004; Alvarez et al., 2008). For PAECs, the main pulmonary artery was dissected from the root to a second vessel generation and under sterile conditions placed in a 60 mm dish containing ice-cold DMEM (GIBCO). The vessels were inverted, the intima was scraped, and the collected cells were strained with a 20 µm filter (BD Biosciences). Harvested cells were transferred to a T75 flask, supplemented with DMEM enriched with 20% FBS (Hyclone) and 100 U/ml penicillin-100 μg/ml streptomycin (GIBCO) and were incubated at 37°C with 5% CO2-21% O2. For MVECs, the distal lung parenchyma was sliced, and the subjacent tissue was carefully dissected and placed in a 60-mm dish containing cold DMEM (4°C). Tissue was digested with type II collagenase (Worthington), rinsed with DMEM, transferred to a T75 flask, and incubated as described for PAECs. Cell culture medium was replaced with DMEM + 10% FBS and 1% penicillin/streptomycin and passages 5–7 were used for consecutive experiments. Cells were selected for homogeneity based on morphological appearance and tested by flow cytometry as described below. For RMEPCs, cells were selected after subjecting MVECs to a single-cell clonogenic assay as described (Alvarez et al., 2008). All cells were screened for mycoplasma (Lonza #LT07) and found to be negative.
Flow cytometry characterization of rat endothelial cells: PAECs, MVECs, RMEPCs were characterized by flow cytometry using a FACSCalibur (BD Biosciences) and analyzed with Cyflogic software. Cells were phenotyped using antibodies to rat CD31 (Abcam #ab28364), CD34 (BD Biosciences #341071), CD62P (Takara Bio #M062), CD104 (Millipore #AB 1922), CD146 (R&D Systems #FAB3250P), eNOS (Santa Cruz #sc654), VE-Cadherin (Santa Cruz #sc9989), VEGF (Santa Cruz #sc507), vWF (Affinity Biologicals #SARTW), and lectins from Griffonia simplicifolia I and II (GSI and GSII, EY Laboratories #F-2401-B-1 and #R2402-2), and Helix pomatia (HP, EY Laboratories #R3601-1 and F3601-1).
Gene expression: mRNA from recellularized lungs and cells grown in tissue culture flasks was analyzed using the RT2 Profiler PCR Array for Rat Tight Junctions (Qiagen, Valencia, CA). cDNA was generated using the RT2 First Strand Kit (Qiagen) following the product insert. Quantitative real-time PCR was performed on an ABI 7500 Real Time PCR System using the RT2 SYBR Green ROX qPCR MasterMix (Qiagen). Results were entered into the Ingenuity pathway analysis program (Ingenuity Systems, Inc.). Relative gene expression analyses of LDL-receptor, scavenger receptors and integrins was done by isolating total RNA from cells with TRIzol (Invitrogen, Carlsbad, CA), generating cDNA using the Superscript III First Strand RT PCR kit (Life Technologies), and qRT-PCR done using Taqman Universal PCR Mastermix (Life Technologies). For analysis, samples were only used in comparison if they met our cutoff criteria (i.e. CT values ≤ 35 and dCT Std Err ≤0.25). The probes used for these analyses were ordered from Life Technologies (Grand Island, NY) and listed in Supplementary Table S5. For analysis of LDL-receptor and scavenger gene expression, samples from each cell line underwent serum starvation overnight prior to obtaining total RNA.
In vitro tube formation assay: Tube formation assays were performed as previously published (Chung-Welch et al., 1989). PAECs, MVECs, and RMEPCs were seeded at 4 × 104 cells per well, in triplicate, of a 24-well plate coated with 100 μl/cm2 BD Matrigel (BD Biosciences) and incubated at 37°C, 5% CO2. Cultures were imaged with a phase-contrast microscope (Leica) 2, 4, 8, and 24 h post-seeding.
Assessment of endothelial function: Dil-Ac LDL (1,1′-dioctacecyl-1,3,3,3′3-tetramethyl-indocarbocyanine perchlorate acetylated low density lipoprotein) uptake in PAECs, MVECs, and RMEPCs was measured in confluent cultures using previously published methods (Chang et al., 2009). Cultured cells were incubated with 10 μg/ml Dil-Ac LDL (ThermoFisher) for 4 h before analyzing for fluorescence at 550 nm (Leica). For reseeded lung scaffolds, 10 μg/ml Dil-Ac LDL was added to the bioreactor media 7 days after seeding to assess uptake. To prepare for histological analysis, lung constructs were inflated with PBS:OCT (1:3 ratio), embedded in OCT, frozen in liquid nitrogen and stored at -80°C. Cryosections (7 µm) were air dried, fixed with methanol (4°C) for 10 min and air dried for 30 min. Slides were then rinsed twice with PBS for 3 min, then with PBS-Tween 20 (0.2 M PBS, 0.05% Tween 20, pH 7.4) twice for 2 min before coverslipping with VectaShield mounting medium (Vector Labs) containing nucleic acid stain 4′,6-diamidino-2-phenylindole (DAPI) and imaged using a confocal microscope (Olympus FV500).
Bioreactor assembly: T-25 flasks were modified in sterile conditions. Holes were created through the vented filter cap and on the bottom of one wall just large enough to allow passage of 2 mm outer diameter Puri-Flex tubing (Masterflex) through both holes. This allowed for continuous circulation of liquid out from the bottom of the bioreactor, through an adjustable Masterflex pump, and back in through the cap, terminating with a 20 gauge x 1 ½″ disposable murine gavage needle (Cadence Science) serving as a cannula for the heart/lung bloc. A hole was created in the right ventricular wall to allow insertion of the rubberized gavage needle tip to access the pulmonary trunk (main pulmonary artery).
Reseeding decellularized lungs with endothelial cells: The bioreactor set up, cell seeding protocol and assay endpoints are shown in Figure 1A. Decellularized lungs were perfused in a humidified bioreactor at 37°C/5%CO2/21%O2 with 25 ml PBS for 1 day (24 h), then with 25 ml of DMEM containing 10% FBS and 1% penicillin-streptomycin (complete media) for 1 day (24 h) prior to reseeding. Endothelial cells were washed with PBS and lifted from theirz tissue culture dish via 0.05% trypsin/EDTA, centrifuged for 5 min at ×2,000 g, and resuspended at 1 × 107 cells/ml. The cell suspension was filtered using a 40 µm pore mesh and loaded in a 3 ml luer lock syringe, for a total of 3 × 107 cells injected into each pair of decellularized lungs. The 20 gauge x 1 ½″ disposable gavage needle cannulating the decellularized heart/lung bloc was then attached to the syringe and placed in an automated syringe pump set at 0.6 ml/min. During the 5 min cell infusion, a 15 ml conical tube was placed under the lungs to collect flow for a final cell count and viability analysis. 25ml of fresh complete media was then added to each flask. After cell infusion, the gavage needle was removed from the luer lock syringe and attached to the bioreactor tubing. Air bubbles were avoided by priming the tubing before connections were made. The reseeded lungs were incubated in a humidified chamber at 37°C/5%CO2/21% O2 for 2 h prior to beginning vascular perfusion. Flow rates began at 1 ml/min on Day 3 (for 36 h), increased to 3 ml/min on Day 4 (for 36 h), increased again to 10 ml/min on Day 6 (for 72 h), and then slowed to 1 ml/min on Day 9 prior to the start of the acetylated LDL uptake or thrombogenicity assays. Media was replaced 24 h after cell seeding and then every 48 h thereafter. The lungs were then removed from the bioreactor to be frozen. Frozen lungs were rinsed with PBS, infused with PBS:OCT (1:3 ratio), embedded in OCT, flash frozen in liquid N2 and stored at −80°C.
[image: Figure 1]FIGURE 1 | (A) Flow chart outlining the reseeding protocol. LDL-uptake and Thrombogenicity assays were conducted on day 9 and 10, respectively. (B) Photographs showing assembled, modified tissue culture flask bioreactor with attached acellular mouse lung scaffold during priming with saline (left), injector pump seeding ECs into acellular scaffold via right ventricle (middle), and reseeded lung scaffolds with 25 ml of media in a closed loop system, attached to pulsatile pump (right).
H&E and Immunofluorescence staining of reseeded lungs: Frozen lung cryosections (7 µm) were prepared as described above. Sections were blocked with 10% normal horse serum for 30 min at room temp and incubated in the dark overnight at 4°C with 1 μg/ml rabbit-anti- VEGF (Santa Cruz #sc507) and sheep-anti-vWF (Affinity Biologicals #SARTW) primary antibodies. Sections were rinsed with PBS-Tween 20 before incubating 30 min at room temp with 1:1,000 Goat Anti-Rabbit IgG TRITC (Jackson #111-025-003) and Donkey Anti-Sheep IgG FITC (R&D Systems #F012F) secondary antibodies, then rinsed 3 times with PBS-Tween 20 for 2 min before coverslipping with VectaShield mounting medium (Vector Labs) containing DAPI. Absence of mouse cells was confirmed by negative PCR for murine GAPDH as described (Price et al., 2010).
Thrombomodulin activity assay: Measuring function of thrombomodulin (CD141) on endothelial cells was adapted from previously published studies (Calnek and Grinnell, 1998; Ibrahim and Ramamurthi, 2008; Robertson et al., 2014). Positive control lungs were excised from euthanized (sodium pentobarbital, 50 mg/kg ip) adult male B10.BR mice with the trachea and heart attached; after exsanguination via the right ventricle, the heart-lung bloc was perfused with PBS. After 7 days in bioreactor (Day 10), all lung (controls and reseeded) constructs were perfused for 15 min at 3 ml/min with 25 ml phenol red-free DMEM/F12. They were then perfused for 45 min at 1 ml/min with 4 ml phenol red-free DMEM/F12 plus human α-thrombin (0.1 U/ml) and human protein C (12 μg/ml). In triplicate, 100 µl was transferred to a 96-well plate and incubated for 5 min at 37°C with excess hirudin (6 U/ml) to inactivate the α-thrombin. S-2366 (Chromogenix) was added for a final concentration of 0.75 mM and incubated at room temperature for 5min before measuring absorbance at λ = 410 nm and λ = 490 nm (BIORAD Model 550). The relative absorbance was calculated by subtracting the mean acellular absorbance (λ = 410 nm from λ = 490 nm) from each sample.
Vascular permeability assay: To assess vascular barrier function in recellularized lungs, Evans blue (EB)-tagged bovine serum albumin (BSA) was perfused through the vasculature and measured using a near-infrared spectrophotometry method adapted from previously published studies (Lowe et al., 2010; von Drygalski et al., 2012). Decellularized and recellularized, and exsanguinated control mouse lung/heart blocs were weighed and perfused for 5 min with phenol red-free DMEM, then for 15 min with 0.4% EB-tagged BSA (EB-BSA) in phenol red-free DMEM, followed by a 5 min perfusion with 4% BSA in PBS before immersing and gently shaking in PBS as a final rinse. The hearts were then removed and weighed to obtain accurate lung weights for data normalization. EB-BSA content of each lung was then analyzed immediately using a Li-COR Odyssey scanner reading at 700 nm at a resolution of 169 µm and “Intensity” = 2. The lungs were scanned at three distinct focal planes (2, 3, and 4 mm) and the average of the three planes was then normalized to lung weight for a final measure of EB-BSA permeability.
In addition to evaluating EB-BSA permeability of recellularized lungs, isogravimetric and lung perfusion methods were used to recorded absolute change in weight of RMEPC-recellularized, decellularized and native mouse lungs. Gavage needles were inserted though the right ventricles in order to use the heart as conduit to the pulmonary vasculature. The trachea was then attached to an isometric force transducer (Harvard Apparatus) with a suture. 2 mm OD Masterflex tubing submerged in a 50 ml conical filled with PBS was primed and connected to the gavage needle while a P75 Hugo Sachs Elektronik pressure transducer (Harvard Apparatus) was added inline. A peristaltic pump was turned on to begin perfusion of the pulmonary vasculature with PBS. Every 5 min, measurements from the pressure and force transducers were taken, followed by an increase in flow rate. This process continued until maximum flow rate from the pump was achieved. Data Acquisition ActiveX™ (DTx-EZ, Quick DataAcq) was used to record measurements from the pressure transducer. Results were recorded into Microsoft Excel, where average slope of each sample (∆VForce/∆VPressure) and the average for each group was calculated.
Cytokine assays: Supernatants from endothelial cell cultures and effluent collected from decellularized and recellularized lungs (48 h collections) were assessed for levels of cytokines and soluble mediators that have been shown to play roles in angiogenesis, vascular integrity and permeability. Samples were evaluated for CXCL1, TIMP1, PAI1, and VEGF via the Luminex platform (Austin, TX) using rat-specific bead sets from Millipore (Billerica, MA) and data analyzed with BioPlex software (BioRad, Hercules, CA).
Statistics
Statistical significance comparisons between control, decellularized, and recellularized lungs were analyzed by using one-way ANOVA using Tukey as a post-hoc test (R x64 2.15.0 statistical software). p < 0.05 was considered significant.
RESULTS
Characterization of Pulmonary Endothelial Cells
All cultured rat pulmonary endothelial cells used in these studies were capable of in vitro tube formation in Matrigel (Supplementary Figure S1A) as previously demonstrated (Alvarez et al., 2008). Functionality of the cultured rat endothelial cells was confirmed in vitro by demonstrating uptake of Dil-Ac LDL (Supplementary Figure S1B). In addition, PAECs, MVECs, and RMEPCs were assessed by flow cytometry to confirm the phenotypes perfused into the decellularized lungs. RMEPCs were negative for CD31 (PECAM-1), whereas PAECs and MVECs stained positively (Figure 2). RMEPCs expressed less CD62P (P-selectin), and more CD146 (MUC18) when compared to PAECs and MVECs. Consistent with their endothelial phenotype, all cells displayed high levels of CD144 (VE-Cadherin) and eNOS, and lacked expression of CD34 (mucosialin) and CD45 (leukocyte common antigen). RMEPCs and MVECs were differentiated from their PAEC counterpart by their higher binding to lectins GSI, with low or negative binding to GSII and HPA, consistent with our previous report (Alvarez et al., 2008).
[image: Figure 2]FIGURE 2 | PAEC, MVEC, and RMEPC express representative endothelial cell associated markers and lectin binding properties as assessed via flow cytometry (A). In addition, gene expression of LDL-receptor, selected scavenger receptors, and selected integrin chains were assessed via qPCR (B,C). For qPCR data, n = 3 for each sample/condition.
Gene expression of LDL-receptor, multiple scavenger receptors, as well as multiple integrin chains were assessed within PAECs, MVECs, and RMEPCs via qPCR within 2D cell culture. Fold change of genes for LDL-receptor and selected scavenger receptors (i.e. Scara1, Scara4, Scarf1 and Scarf2) were measured in both normal and serum starved conditions. Within both normal and serum starved conditions, all three pulmonary endothelial cell types had measurable expression of LDL-receptor, scavenger receptor class F, member 1 (Scarf1) and class F, member 2 (Scarf2). RMEPCs were the only cell type with measurable expression of Scara1 while PAECs were the only cell type with measurable expression of Scara4. For expression of selected integrin chains (i.e. αv, β1, β2, and β5), PAECs displayed the highest relative expression of αv, β1and β5. RMEPCs had the highest relative expression of β2 and virtually no expression of β1. Reported RQ values were normalized to fresh rat lung, which is comprised of multiple cell types, thus accounting for seemingly lower RQ values amongst some of our target genes.
From the assessment of endothelial markers and gene expression, we have established the overall phenotype of our RMEPCs as CD31−, CD45−, CD144+, eNOS+, CD62Plo cells with strong and weak binding to GSI and HPA, respectively. In addition, they have relatively higher gene expression of Scara1 and Itg-β2, compared to PAECs and MVECs.
Selective populations of endothelial cells and progenitor cells are necessary for segment-specific revascularization of decellularized lungs
PAECs, MVECs and RMEPCs were infused into the lung vasculature via the pulmonary artery trunk. Remarkably, when cells of arterial origin (PAECs) were used to reseed the tissue, only extra-capillary vessels were recellularized. In contrast, areas of lung that originally housed microvascular endothelium remained acellular. The reverse was seen when cells of microvascular origin (MVECs) were used to re-endothelialize the vasculature: cells were observed in microvasculature (capillaries) whereas extra-capillary vessels remained acellular. Interestingly, progenitor enriched endothelial cells (RMEPCs) had tropism for both larger vessel (i.e. extra-capillary) and microvascular (capillary) ECM and showed more matrix coverage when compared to lungs reseeded with PAECs or MVECs alone (Figure 3A). Importantly, RMEPCs displayed attachment within both extra-capillary and capillary vessels when compared to PAECs and MVECs after 8 days of incubation (Figure 3A). RMEPCs displayed widespread expression of VE-Cadherin/CD144–a major protein in establishing membrane permeability (Figure 3B). The detection of VE-Cadherin supports the use of RMEPCs to recreate a functional barrier membrane throughout the decellularized vasculature. Together, the data indicate that endothelial cells derived from the microvascular segments and enriched for progenitors can revascularize all pulmonary segments.
[image: Figure 3]FIGURE 3 | (A) MVEC and PAEC show selective tropism to their in vivo point of origin whereas RMEPC exhibit pan-tropism to ex vivo decellularized ECM vascular conduits. Representative H&E-stained cryosections (5 um) of decellularized whole lungs re-seeded with progenitor enriched microvascular cells (RMEPC), pulmonary arterial endothelial cells (PAEC), and microvascular (MVEC). All images are at ×100 magnification (×10 objective). Scale bar indicates 100 µm. Arrows indicate zoomed-in areas comparing engraftment of RMPEC to microvasculature and larger vessel, whereas MVEC engraftment is only in microvasculature. (B) Immunofluorescent image of a decellularized mouse lung lobe seeded with RMEPCs. Cryosection was stained for VE-Cadherin (red). Multiple images taken at ×40 objective magnification and stitched together. DAPI used to label cell nuclei (blue).
Revascularized Lung Scaffolds Retain Endothelial Cells that Maintain Functional Attributes
In Figure 4A, decellularized mouse lungs reseeded with RMEPCs showed positive staining for PECAM-1 (CD31) and cytosolic vWF and VEGF after 8 days of incubation. This indicates that RMEPC possess the capacity to adopt a mature endothelial phenotype and retaining fundamental molecular cues for their functional behavior. Binding to GSI and HPA lectins could not be used to distinguish endothelial subtypes since these lectins could also bind to decellularized lung ECM (Supplementary Figure S2).
[image: Figure 4]FIGURE 4 | RMEPC express endothelial markers after reseeding on decellularized mouse lungs. (A) PECAM-1 (CD31) expression in rat lung control and recellularized lungs. Images taken at ×100 magnification, ×10 objective; DAPI nuclear stain in blue. Arrows point to zoomed areas. (B) Immunofluorescence of representative image of RMEPC-recellularized lungs at ×630 magnification (×63 objective) showing expression of von Willebrand factor (vWF) and vascular endothelial growth factor (VEGF). DAPI nuclear stain in blue. Scale bars set to 50 µm in each panel.
Figure 5A shows that decellularized mouse lungs reseeded and incubated for 7 days with rat PAECs, MVECs, or RMEPCs could take up Acetylated LDL. Thrombomodulin activity, relative to non-decellularized mouse lung controls (Figure 5B), was significantly increased in decellularized mouse lungs reseeded with RMEPCs compared with lungs reseeded with MVECs or PAECs or a combination of MVEC and PAECs (MV + PA). Collectively, these data demonstrate the extraordinary capacity of RMEPCs to generate endothelium barriers with functional behaviors.
[image: Figure 5]FIGURE 5 | Recellularized lungs are functional and maintain endothelial barrier integrity. (A) Uptake of Dil-Ac LDL in revascularized lungs. Cryosections (5 µm) viewed via confocal microscopy (Left–PAEC, Middle–MVEC, Right–RMEPC). (B) Thrombomodulin activity assay of recellularized lungs after 45 min perfusion with α-thrombin and protein C colorimetric activity was normalized to whole mouse lung controls (n = 6) and compared to decellularized lungs (DCL, n = 6), all other groups n = 3. (C) Vascular permeability of RMEPC-recellularized lungs (n = 4) compared to mouse lung controls (CTRL, n = 8) and decellularized lungs (DCL, n = 8) measured by near-infrared spectrophotometry of perfused Evans-blue-tagged albumin (EB-BSA). *p < 0.0000004 vs. control; *#p < 0.0004 vs. decellularized lungs. (D) Representative whole lung near-infrared spectrophotometry of EB-BSA showing barrier integrity of RMEPC-recellularized lungs and increased permeability in response to thrombin (+). (E) Comparison of the average change in force (∆VF) gained per increase in pressure (∆VP) for native-fresh (n = 4), decellularized (n = 7), and RMEPC-recellularized (n = 6) mouse lungs (* indicates a p-value <0.05; ** indicates a p-value < 0.001). (F) Setup of isogravimetric experiment and insert of a close-up of heart/lung en bloc.
RMEPCs-reseeded decellularized lung scaffolds display enhanced repopulation and functional barrier properties
To demonstrate that decellularized lungs reseeded with rat RMEPCs could maintain a functional barrier, lungs (after 8 days incubation) were perfused with EB-tagged BSA for 5 min. After clearing the vasculature with PBS, lungs were imaged for near-infrared fluorescence that can detect any albumin-conjugated-Evans Blue dye leaking into the pulmonary interstitium and airway space. As shown in Figure 5C, intact control lungs displayed marginal vascular leak as evidenced by the low detection of extra-vascular albumin. In contrast, decellularized lungs exhibited substantial vascular leak as evidenced by the high levels of extra-vascular albumin detected. Decellularized lungs reseeded with RMEPCs demonstrated low vascular leak approximating that exhibited by intact control lungs, indicating significant re-endothelialization of the lung scaffold. Importantly, Figure 5D shows that lungs reseeded with RMEPCs respond to α-thrombin with an increase in vascular permeability, albeit higher than the response of intact normal lungs. Therefore, lungs re-endothelialized with RMEPCs not only generated barriers that restrict the movement of fluid and solutes from the vascular to the interstitial space, but formed a barrier that responds to a circulating agonist known to increase permeability.
Further evidence of tight barrier formation was obtained by measuring expression of tight junction and cell adhesion genes by qRT-PCR. Comparisons were made for RMEPCs grown to confluence vs. non-confluence in 2D tissue culture, those grown on decellularized lung ECM scaffolds versus 2D tissue culture, and versus rat PAEC and MVEC cells in 2D and on decellularized lung ECM in pulsatile flow conditions. Figure 6 and Supplementary Table S1 show the top upregulated mRNAs in RMEPCs grown to confluence on plastic, with the highest being MAGI2, a gene that encodes for membrane-associated guanylate kinase inverted two protein. MAGI2 was further upregulated when RMEPC were grown on decellularized lungs under flow conditions. Growth on lung ECM also caused upregulation of several claudins as well as cadherin 5 (Supplementary Tables S2, S3). Since endothelial cells also respond to fluid flow and shear stress, mRNA expression of RMEPCs reseeded in decellularized lungs were compared in conditions of flow vs. no-flow (Supplementary Table S4). In flow conditions, expression of many tight junction genes was downregulated compared to no-flow conditions (i.e. they were higher in no-flow), a finding that is consistent with the formation of mature junctions in vivo. Figure 7 shows that in conditions of flow, expression of HIF-1a and caspase-3 mRNAs were decreased compared to no-flow conditions when RMEPCs were seeded on decellularized ECM, indicating that flow decreases apoptosis and hypoxia in the endothelial cells as expected.
[image: Figure 6]FIGURE 6 | Confluency, extracellular matrix and no-flow conditions promote the highest expression of tight junction genes by RMEPCs. Top left shows the top upregulated tight junction genes in response to confluency on RMEPCs cultured on plastic. Bottom left shows the increase in genes in confluent RMEPCs compared to confluent PAECs and MVECs cultured on plastic. The right-hand side (red) shows day 7 gene expression when seeded by perfusion on decellularized mouse lung ECM. The bottom right shows the top tight junction genes upregulated in RMEPCs vs. PAECs and MVECs on ECM (with flow) after 7 days. The middle portion shows the increases in tight junction genes in RMEPC in conditions vascular flow and no-flow for 7 days compared to confluency on plastic. The far top right compares no-flow vs. flow of RMEPCs on ECM.
[image: Figure 7]FIGURE 7 | Decreased apoptosis and hypoxic signal in RMEPC on ECM after 1 week in flow conditions. qRT-PCR for vWF, HIF-1a and caspase-3 are shown. F = flow, NF = no flow. *p=<0.05 for F vs. NF (n = 3/group).
To further evaluate the function of reseeded cells, effluents from PAEC-, MVEC- or RMEPC-infused matrices were examined for secreted vascular factors. Figure 8A shows that RMEPC-seeded matrices secreted higher levels of PAI-1, TIMP-1 and VEGF-A compared to those seeded with MVECs, PAECs, or MVECs + PAECs. RMEPC-seeded lung scaffolds secreted levels of CXCL1 similar to PAEC-seeded scaffolds and were higher than those seeded with MVECs or MVECs + PAECs. Analysis of cell culture supernatants of these cells grown in tissue culture flasks (Figure 8B) showed that, within 2D culture, RMEPCs had the highest production of VEGF-A and TIMP-1, while levels of PAI-1 and CXCL1 were similar between RMEPCS and PAECs (and higher than MVECs). The discrepancies seen between cells grown in culture flasks versus those in reseeded lung scaffolds highlight the effect of ECM on signaling cytokine production in the three endothelial cell populations.
[image: Figure 8]FIGURE 8 | (A) Secretion of endothelial cell mediators from perfusate of decellularized lungs reseeded with RMEPC, MVEC, PAEC, or both MVEC and PAEC (“MV + PA”). “Control” indicates complete culture medium alone. Perfusates were sampled from reseeded constructs at 48 h post-seeding. * Single asterisk indicates p < 0.05 versus non asterisk, and double asterisk (**) groups. For all samples, n = 8, except for RMEPC where n = 10. (B)In vitro production of endothelial cell mediators after 48 h of 2D tissue culture in flasks. These single samples were run in duplicate with CV < 15%.
DISCUSSION
We have described a pulmonary endothelial cell population generated from microvasculature that can functionally recellularize heterogeneous vascular segments of decellularized lung scaffolds. Perfusion of the vasculature with a pulsatile flow of endothelial populations enriched with progenitor cells assembles functional pulmonary vasculatures using a xenogeneic reseeding approach. Moreover, infused mature pulmonary microvascular endothelial cells consistently display selective tropism for their vascular segment of origin, whereas PAECs prefer to repopulate larger vessel conduits. Along with work conducted by other groups (Marcu et al., 2018; Scarritt et al., 2018), this observation indicates that engraftment into specific vascular segments is dependent on the endothelial cell phenotype when using mature endothelial cells. Importantly, infused endothelial progenitor cells were stable for up to 10 days’ post initial infusion and, under the flow conditions utilized, they retained functional endothelial attributes and developed functional restrictive barriers. Our findings provide the basis necessary for developing functional, autologous, transplantable lungs capable of gas exchange, proper hemodynamics, and incorporation into the host’s circulatory system without thrombogenicity. In addition, the phenotypic characterization of cells capable of such re-endothelialization could be useful for identifying endothelial progenitors suitable for efficient vascular organ and tissue engineering, regeneration and repair.
Endothelial cells lining the pulmonary arteries, veins, and alveolar capillaries exhibit remarkable heterogeneity both in structure and in function. Ultrastructural analysis indicate that endothelial cells derived from the pulmonary artery (PAECs) reside in thicker basement membranes, display a bulging-like phenotype and possess cell to cell borders that are clearly distinguishable (King et al., 2004; Aird, 2012; Przysinda et al., 2020). In contrast, pulmonary microvascular endothelial cells (MVECs) reside in thinner basement membranes, display a flatter phenotype, and overlap at the border with nearby cells forming what appear to be stronger junctional complexes when compared to their conduit vessel-residing relatives (King et al., 2004; Aird, 2012). The structural differences are accompanied by significant differences in stress responses most of which have been studied in the context of inflammation and barrier restrictive properties. The clearly identifiable heterogeneity existing within the pulmonary circulation has been attributed to both environmental factors and epigenetic modifications. Exposure to high PCO2, low PO2 and relatively higher vascular pressure (when compared to other pulmonary vascular segments) demand unique adaptive processes in the endothelium lining pulmonary arteries while reciprocal exposures are seen in microvascular regions where gas exchange occurs (Aird, 2007). In addition, several epigenetic imprints have been described, in particular those which explain, at least in part, the enhanced replication competence of the microvascular endothelial cells when compared to their conduit-derived pulmonary artery counterparts (Alvarez et al., 2008; Clark et al., 2008).
Populations of resident endothelial cells enriched with progenitor cells have been previously described in the pulmonary circulation (RMVECs) (Alvarez et al., 2008). Compared to PAECs and MVECs, RMEPCs have longer telomeres, and a higher proliferative capacity without evidence of transformation transelectrical membrane resistance. Furthermore, they exhibited the highest transepithelial membrane resistance (Alvarez et al., 2008). Our results demonstrated that those progenitor cells do not exhibit selective tropic abilities as shown by PAECs or MVECs but display a capacity to seed in any vascular segment. Considering our use of similar perfusion conditions, the data indicates that unique physical properties of the cells, specific expression of integrins, or other matrix-recognizing molecules are determinants for recognition of distinctive scaffold components that lure cells towards specific segments of the circulation. Similar work conducted with PAECs and MVECs, as well with HUVECs and pulmonary venous ECs, has shown similar limitations in vascular coverage and the need for combination seeding in order to achieve maximal coverage, including distal areas (Ren et al., 2015; Gilpin et al., 2016; Scarritt et al., 2018). Importantly, RMEPCs displayed an enhanced replicative competence (Alvarez et al., 2008) and/or enhanced adhesive ability which explains their remarkable vascular repopulation. Consequently, infusion of RMEPCs under the flow conditions described was able to generate a restrictive barrier with limited permeability for large solutes and detectable VE-cadherin, a major endothelial adhesion molecule, without the need for combination seeding.
Flow-seeding technology is necessary to perfuse the complete vasculature of decellularized whole organs (Walluscheck et al., 1996). Flow also induces physiological shear stress responses, which induces endothelium to shift from cobblestone morphology to align with the direction of flow, stabilizing endothelial-endothelial cell communications and promoting remodeling of focal adhesion sites (Davies et al., 1994; Malek and Izumo, 1996; Chiu and Chien, 2011; Adamson et al., 2013). While this technology is necessary for restoration of functional vasculature, there are numerous obstacles that are associated with seeding cells within acellular tissue and should be consider by any research group studying tissue decellularization or recellularization. Harsh decellularization as well as improper storage (i.e. freezing, thawing) of acellular scaffolds can lead to disruption of components and architecture (Calle et al., 2016; Feng et al., 2020). During cell seeding of pulmonary vasculature, positioning of the scaffold (supine vs. prone vs. upright) and the physiological distribution of blood flow within the pulmonary vascular tree greatly affect distribution of cells within lobes (Stabler et al., 2016). In order to prevent clots from disrupting complete organ decellularization and subsequent vascular recellularization, anticoagulants and thrombolytics are commonly employed to prevent and dissolve clots, respectively (Price et al., 2015; Doi et al., 2017). The method of seeding is another crucial factor in achieving high vascular coverage within acellular scaffolds. Recent reviews have stated the importance of using low cellular concentrations within large volumes, choosing gravity-dependent infusion over pump-dependent infusion, as well as seeding cells with both antegrade and retrograde perfusion to attain greater coverage throughout the entire vasculature of the acellular scaffold (Ohata and Ott, 2000; Robertson et al., 2014; Leiby et al., 2020). While we used pump-driven seeding in only the antegrade direction, we did not experience the seeding issues described above. This might be explained by our inclusion of priming the scaffolds with 24 h each of saline and media alone, and filtering of cell suspensions prior to reseeding to prevent clumping.
Our data show that, under continuous pulsatile flow, a significant proportion of RMEPCs was able to form a stable barrier for up to 8 days post initial infusion. Another benefit in the use of flow–perfusing conditions is the removal of any potentially thrombogenic gas nuclei within the lung tissue, as hydrostatic pressure has been shown to reduce the thrombogenicity of polytetrafluoroethylene vascular grafts (Ritter et al., 1989). Our data suggest that using native lung scaffolds as a substrate for cell attachment provides sufficient binding to withstand pulsatile flow through the vasculature. We recognize that further hemodynamic studies are necessary for determining the optimal infusion conditions (rate, time, pressures) to obtain a pulmonary barrier similar to that observed in vivo.
Our results demonstrate that endothelial heterogeneity is required for bioengineering functional vasculature, consistent with in vivo findings (Belloni and Tressler, 1990; Sieminski et al., 2005; Verhamme and Hoylaerts, 2006; Stevens, 2011; Scarritt et al., 2018). All endothelial cells used for this study were able to attach and function on decellularized lung matrices, although RMEPC showed significantly greater attachment, maintenance of functional endothelial attributes (e.g. thrombomodulin activity, VEGF production), barrier restrictive properties, and a reduction of apoptotic signals in the presence of flow. Interestingly, RMEPC showed less CD31 expression than PAEC or MVEC in vitro. This may be explained, in part, by the heterogeneous nature of this particular primary endothelial lineage, which is enriched with progenitor cells not yet expressing migration adhesion molecules. In fact, among the tight junction and adhesion molecules we looked into (see Supplementary Table S3), there were only a few that had a relatively higher gene expression within our RMEPCs. RMEPC have enhanced adherence to and maturation within multiple regions compared to PAEC and MVEC, apparently without much need for CD31 as seen in Figure 2. These data collectively lend evidence toward utilizing a single source-derived endothelial population that, after enrichment with progenitor cells, favors revascularization of each segment of the pulmonary circulation.
The qPCR results indicate that there are differences in the expression of genes for LDL-receptor and selected scavenger receptors (other proteins that play a role in the uptake of LDL) amongst the 3 cell types we studied. Based on information from public databases created from compiled murine endothelial cell transcriptomes (Goveia et al., 2020; Kalucka et al., 2020), it was expected that similar expressions of genes for LDL-receptor, Scarf1, and Scarf2 would be found since LDL is an important nutrient for endothelial cells, and the class F scavenger receptors are classified as endothelial-specific (Patten, 2018). While public databases show a mixed expression of genes for αv, β1, β2, and β5 among all endothelial cell types, we found that the PAECs had relatively higher expression of all but β2, whereas our RMEPCs had the highest expression of β2, an integrin that forms adhesion proteins by binding to CD11 a-d and primarily seen amongst leukocytes (Fagerholm et al., 2019). While outside the scope of this study, more work is needed in both understanding the expression of these important proteins as they will further our understanding of supplying cells with proper nutrients during recellularization and insight into what sites they will be able to adhere to during the seeding step of regenerating tissue.
While differential tropism might indicate a difference in expression of integrins responsible for attachment to the ECM, we do not yet understand the molecular determinants that resulted in the endothelial cell recognition of specific vascular segments within the pulmonary circulation. Canonical homo- and hetero-topic interactions are ascribed to the engagement of integrins and the contribution of the endothelial cell glycocalyx. Based on our flow cytometry data of our markers of interest, there is little differential expression of cell surface adhesion molecules, though we were able to detect P-selectin, which is important for ECs and platelets during an inflammatory response. While GAGs play a role in cell adhesion to implantable grafts (Ibrahim and Ramamurthi, 2008), they may also allow for anatomically relevant attachment to decellularized native ECM, by providing native geospatial cues. This could be facilitated by glycosphingolipids, glycoproteins, or proteoglycans, which have all been documented as modulators of cell localization. If so, these terminal sugar residues would shift cell-matrix binding toward common glycosylation motifs, instead of canonical integrin/collagen or laminin binding protein (LBP) within focal adhesions (that GAGs also modulate by conferring steric hindrance). Differential expression of saccharide-binding receptors, such as P-selectin, may explain the increased binding of the RMEPC. Alternatively, binding domains within ECM proteins favor a particular endothelial glycocalyx. Growth factors, cytokines, and chemokines trapped within native matrix may impact origin-specific endothelial cell-matrix binding. As with most physiological systems, there is likely a dynamic balance between these influences on cell adhesion and subsequent intracellular signal transduction through anchor proteins (Burgess et al., 2006; Schultz and Wysocki, 2009; Ishihara et al., 2018; Mammoto and Mammoto, 2019).
In summary, we have identified a single cell source that is capable of re-endothelializing the lung in a comprehensive manner providing a functional barrier. Furthermore, we have determined that endothelial cells that exhibit selective tropism are suboptimal for functional re-endothelialization of acellular lungs. Along with recent studies published by others we conclude that it is vital to include endothelial progenitors, such as RMEPCs, in the seeding process of decellularized lung scaffolds in order to improve endothelial function, barrier permeability, and coverage throughout the entire pulmonary vasculature (Ren et al., 2015; Nagao et al., 2016; Scarritt et al., 2018). Although future studies will help us understand the mechanism of the stochastic nature of lung microvascular EPCs in recellularizing the lung vascular extracellular matrix, it is apparent that our findings warrant moving ahead on determining their translational capacity for bioengineering, therapeutic applications, and understanding regeneration and repair for lungs and other vascularized organs.
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Introduction: Whole-organ decellularization is an attractive approach for three-dimensional (3D) organ engineering. However, progress with this approach is hindered by intra-vascular blood coagulation that occurs after in vivo implantation of the re-cellularized scaffold, resulting in a short-term graft survival. In this study, we explored an alternative approach for 3D organ engineering through an axial pre-vascularization approach and examined its suitability for pancreatic islet transplantation.
Methods: Whole livers from male Lewis rats were decellularized through sequential arterial perfusion of detergents. The decellularized liver scaffold was implanted into Lewis rats, and an arteriovenous bundle was passed through the scaffold. At the time of implantation, fresh bone marrow preparation (BM; n = 3), adipose-derived stem cells (ADSCs; n = 4), or HBSS (n = 4) was injected into the scaffold through the portal vein. After 5 weeks, around 2,600 islet equivalents (IEQs) were injected through the portal vein of the scaffold. The recipient rats were rendered diabetic by the injection of 65 mg/kg STZ intravenously 1 week before islet transplantation and were followed up after transplantation by measuring the blood glucose and body weight for 30 days. Intravenous glucose tolerance test was performed in the cured animals, and samples were collected for immunohistochemical (IHC) analyses. Micro-computed tomography (CT) images were obtained from one rat in each group for representation.
Results: Two rats in the BM group and one in the ADSC group showed normalization of blood glucose levels, while one rat from each group showed partial correction of blood glucose levels. In contrast, no rats were cured in the HBSS group. Micro-CT showed evidence of sprouting from the arteriovenous bundle inside the scaffold. IHC analyses showed insulin-positive cells in all three groups. The number of von-Willebrand factor-positive cells in the islet region was higher in the BM and ADSC groups than in the HBSS group. The number of 5-bromo-2′-deoxyuridine-positive cells was significantly lower in the BM group than in the other two groups.
Conclusions: Despite the limited numbers, the study showed the promising potential of the pre-vascularized whole-organ scaffold as a novel approach for islet transplantation. Both BM- and ADSCs-seeded scaffolds were superior to the acellular scaffold.
Keywords: whole-liver decellularization, arteriovenous, pancreatic islet, extracellular matrix, axial vascularization
INTRODUCTION
Pancreatic islet transplantation is a promising therapy for type 1 diabetes. However, the current standard site for islet transplantation, intraportal transplantation, has several shortcomings. For instance, a large proportion of the injected islets are lost during or shortly after the implantation (Bennet et al., 2000) as a result of instant blood-mediated inflammatory responses, invasion by natural killer cells and low oxygen tension (Smink et al., 2013). Furthermore, the ability of the transplanted cells to maintain tight glycemic control is not sustained in the long term (Hering, 2005). The transplanted islets are also not accessible for follow-up or subsequent removal, which is a concern if regenerative approaches are applied. Therefore, a more suitable alternative site for islet transplantation is desirable and has been the focus of many investigations (Merani et al., 2008; Smink et al., 2013).
Whole-organ decellularization is an approach in which the cellular content of an organ is removed, commonly through vascular perfusion of detergents, leaving an intact extracellular matrix (ECM) that can be recellularized using the native vascular system of the scaffold. This seeded scaffold can then be transplanted using vascular anastomosis techniques. Hypothetically, the merits of this approach include the removal of the antigenic cellular elements from the organ in order to prevent host adverse immune response to the scaffold; using the natural three-dimensional (3D) architecture of the organ formed by the ECM proteins with the incorporated growth factors as a scaffold for cell seeding, seeding cells with a better immunological profile towards the recipient; and using the natural vascular network to deliver oxygen and nutrients to the complex 3D scaffold after anastomosing it to the recipient vasculature (Fathi et al., 2017).
Due to the complex architecture of the liver and its rich vascular supply, such an approach has proven attractive for liver bioengineering. However, despite the evident progress and refinement of this approach over the last 2 decades, a major hurdle remains. The de-endothelialization of the vascular network during decellularization allows for the direct contact of the recipient’s blood and the ECM of the blood vessels after vascular anastomosis in the host. ECM proteins include collagen and laminin, which can initiate the blood coagulation cascade (Bao et al., 2015; Bruinsma et al., 2015), thereby resulting in vascular occlusion due to thrombosis. Indeed, the first trials of in vivo transplantation of decellularized or recellularized liver scaffolds were associated with a short-term graft survival (Uygun et al., 2010; Bao et al., 2011; Bruinsma et al., 2015; Ko et al., 2015).
Several research groups have sought to prevent intravascular coagulation through different approaches, including re-endothelialization of the graft to prevent direct contact of blood with ECM (Ko et al., 2015; Kojima et al., 2018); heparin immobilization on the ECM of the scaffold through covalent binding, end-point immobilization, or layer-by-layer techniques (Bao et al., 2015; Bruinsma et al., 2015); and coating the vascular network with heparin-gelatin (Hussein et al., 2016). However, while these approaches did result in the significant prolongation of the graft survival and improved vascular patency to different extents, the long-term survival of a functioning graft has not yet been reported.
Several groups have conversely sought to bypass this hurdle by directly implanting either pieces of the seeded scaffold under the kidney capsule (Wang et al., 2014) or in the subcutaneous tissue (Citro et al., 2019) or the intact seeded scaffold into the peritoneal cavity (Vishwakarma et al., 2019) and relying on peripheral vascularization to supply this relatively small scaffold, sacrificing the native vascular network. In such cases, the ECM scaffold was shown capable of supporting the cell function. However, the problem with this maneuver is the difficulty in scaling it to a clinically meaningful size.
In the present study, we sought an alternative approach to circumvent the current obstacles through scaffold pre-vascularization. Our approach relies on axial vascularization, where a ligation-type arteriovenous (AV) bundle is used for the pre-vascularization of the scaffold while maintaining the natural vascular cues of the graft for cell transplantation and graft modulation (Figure 1).
[image: Figure 1]FIGURE 1 | A schematic representation of the decellularized liver pre-vascularization study. (A) A timeline representing the flow of the study. (B) The graft modulation during the study: (A) the rat liver was decellularized by detergent perfusion through the HA, (B) the decellularized scaffold was implanted into the recipient, and an AV bundle was threaded through the inferior vena cava using a tube that was placed in the IVC. Then, either fresh BM or ADSC or HBSS vehicle was infused through the PV of the scaffold, (C) a five-week period was allowed for pre-vascularization, and (D) syngeneic pancreatic islets were transplanted through the PV.
We herein report our preliminary results of this technique and compare the pre-vascularization of acellular scaffold and seeded scaffold containing either fresh bone marrow preparation (BM) or cultured adipose-derived stem cells (ADSCs), as demonstrated through the function of transplanted pancreatic islets.
MATERIALS AND METHODS
Animals
Lewis rats were purchased from Japan SLC Inc (Shizuoka, Japan). For all experiments, scaffold recipients were 14–16 weeks old, scaffold and pancreatic islet donors were 10–12 weeks old, and BM and ADSC donors were 8 weeks old. Except for the BM donors, all of the rats used in this study were males. All animals had free access to a standard diet and water.
The experiments were approved by the local ethics committee (approved protocol 2019MdA-104) and performed in accordance with national and institutional regulations. Animals were maintained in a specific-pathogen-free environment. All surgeries were performed under anesthesia, and all efforts were made to minimize suffering.
Rat Whole-Liver Decellularization
Livers were obtained from male Lewis rats after cannulation of the portal vein (PV) and hepatic artery (HA) with a 22-G venflon cannula, and a tube (TOP X2-100 extension tube, TOP Co., Tokyo, Japan) was placed in the infra-hepatic inferior vena cava (IVC-tube).
The liver was decellularized following the protocol described by Vishwakarma et al. (2019). In brief, after washing out the blood, the liver was sequentially perfused with 0.1% w/v sodium dedocylsulphate (SDS; Wako, Osaka, Japan) for 2 h, SDS 0.5% w/v for 18 h, distilled water for 10 min, 1% Triton X-100 v/v (Wako) for 30 min, and finally distilled water (DW) for 30 min to wash out the detergents. Perfusion was performed through the HA cannula at a flow rate of 1 ml/min using a peristaltic pump (Perista AC-2110; ATTO Corporation, Tokyo, Japan). The decellularized liver (DLM) was kept in 100 ml of DW containing 1% (1,000 U) heparin sodium (Mochida, Tokyo, Japan) and 1% penicillin/streptomycin (Thermo Fisher Scientific, Waltham, MA, United States) in a sterile container at 4°C until the time of implantation (Figure 2).
[image: Figure 2]FIGURE 2 | Rat liver decellularization. (A) The liver during perfusion of detergents, (B) transparent DLM after completion of the decellularization protocol, (C) DLM histology showing preservation of the native honeycomb appearance of the liver ECM.
All procedures were performed using sterile techniques and sterile DW. Detergent perfusion was performed in a laminar flow cabinet. After completion of decellularization protocol, 0.5 × 0.5-cm samples were excised and fixed in 4% paraformaldehyde for the histological assessment of the decellularization in selected samples.
ADSC Isolation and Culture
ADSCs were isolated from male Lewis rats as described previously (Ohmura et al., 2010), with a few modifications. In brief, adipose tissue was obtained from the inguinal fat pad and cut into fine pieces before being placed in ice-cold phosphate-buffered saline (PBS; Sigma-Aldrich, St. Louis, MO, United States) and then in Hank’s balanced salt solution (HBSS; Sigma-Aldrich) containing 1 mg/ml collagenase II (Sigma-Aldrich) and 1% penicillin/streptomycin, at 37°C for 30 min with gentle agitation. The digested tissue was filtered through a sterile 70-μm cell-strainer, centrifuged at 400 g for 5 min at room temperature, and resuspended. This process was repeated twice. ADSCs were seeded into T-75 cell culture flasks (Thermo Fisher Scientific) in ADSC-1 medium (Kohjin Bio Co., Ltd., Sakado, Japan) containing 10% fetal bovine serum (Thermo Fisher Scientific) and 1% penicillin/streptomycin (Figure 3). Passage 2 cells were cryopreserved after resuspension in CELL BANKER® 1plus (Takara Bio Inc., Kusatsu, Japan).
[image: Figure 3]FIGURE 3 | Cell preparations used in the study; BM: fresh rat bone marrow, ADSCs: rat adipose-derived stem cells.
Decellularized Scaffold Implantation Surgery
Fourteen-to 16-week-old male Lewis rats were used as recipients (315–370 g). Induction of anesthesia was achieved using 3–4% isoflurane inhalation, and 1.5% isoflurane was used for maintenance during surgery. After hair clipping, the skin of the lower abdomen and left thigh region was prepared with 70% alcohol, and a sterile surgical drape was sutured around the location. A curved skin incision was performed, and the saphenous vessels were dissected using microsurgical techniques and electrocautery. Heparin sodium (100 U) was injected intravenously, followed by ligation of the arteriovenous (AV) bundle at the knee level (before bifurcation). The liver was placed inside the subcutaneous pouch, and the AV bundle was threaded through the scaffold’s IVC to enter from the supra-hepatic IVC and exit through the infra-hepatic IVC by passing the AV bundle ligation thread through the IVC tube. The IVC tube was then removed, and the AV bundle was fixed to the muscle using 5/0 nylon sutures. The scaffold was oriented, and a drop of Viti-bond glue (3M, St. Paul, MN, United States) was used to keep the scaffold in place (Figures 4A–D). The cannulas to the PV and HA were cut and kept inside the subcutaneous pocket for future use. Hemostasis was checked, and the wound was closed in 2 layers using 4/0 Nylon sutures. Saline (5 ml) containing 100 µL of 30% glucose was injected subcutaneously for rehydration. Rats were kept in a warm cage until complete recovery.
[image: Figure 4]FIGURE 4 | Steps of the DLM implantation. (A) AV bundle dissection, (B) ligation of the AV bundle, (C) implantation of the liver in the left thigh region of Lewis rat and passage of AV bundle, (D) the final configuration of the DLM and AV bundle, (E, F, G) injection of HBSS, fresh BM, or ADSCs into the scaffold through the portal vein, respectively.
Before wound closure, 2.5 ml of HBSS (Thermo Fisher Scientific) was injected through the PV cannula using a butterfly 23-G needle containing no cells (HBSS group; n = 4), freshly obtained BM preparation (BM group; n = 3), or ADSCs (ADSC group; n = 3). Injection was manually performed at a rate of 1 ml/min (Figures 4E–G).
Fresh BM Collection and Transplantation
BM was collected from the femur of female Lewis rats after decontamination with 1% Isodine solution (Mundipharma, Tokyo, Japan). Using sterile instruments, the femur was cut near its end, and BM was extruded onto a cell culture plate using HBSS. The process was repeated for the other femur (5 ml total). The collected crude BM was then gently aspirated using a 25-G butterfly cannula for mechanical dispersion to produce a single-cell suspension and collected into a sterile 5-ml Eppendorf tube (Figure 3). A 2.5-ml aliquot of the single-cell suspension was injected into the decellularized scaffold through the PV. Cell counting was then performed using a hemocytometer.
ADSC Collection and Transplantation
The cryopreserved ADSCs were thawed at 37°C, resuspended in 10 ml of ADSC-1 medium, and centrifuged at 400 g for 5 min at 4°C. The supernatant was discarded, and the pellet was resuspended in medium. The cells were cultured in T-75 flasks. The medium was changed every two to 3 days. Before the time of transplantation, the ADSCs from passage 3 or 4 were collected after detachment with 0.05% trypsin/EDTA (Thermo Fisher Scientific) and washed. A total of 4×106 cells were then suspended in 2.5 ml of HBSS, and the 2.5-ml cell suspension was injected into the decellularized scaffold through the PV. The ADSCs used in this study belong to the same lot (from the same isolation).
Follow-up During the Pre-Vascularization Period
After surgery, the rats were followed up by body weight measurements until day 3 and then weekly for 4 weeks. Four weeks after surgery, streptozotocin (STZ; Sigma-Aldrich) was injected intravenously through the penile vein (65 mg/kg). The blood glucose was monitored using a portable glucometer (Freestyle; ABBOTT, Tokyo, Japan). Rats were considered diabetic if 2 consecutive measures of blood glucose were >400 mg/dl.
Pancreatic Islet Isolation and Transplantation
Pancreatic islets were isolated from male Lewis donors as described previously (Saitoh et al., 2021). In brief, rats were anesthetized by isoflurane inhalation (Abbott Japan Co., Ltd., Tokyo, Japan). The bile duct was identified and clamped at the papilla of Vater. Cold HBSS (10 ml) containing 1 mg/ml collagenase (Sigma type V; Sigma Chemicals, St. Louis, MO, United States) was injected into the common bile duct leading to the pancreas. The pancreas was removed and incubated in a water bath at 37°C for 12 min before being digested, and the cell suspension was washed 3 times in cold HBSS and centrifuged for 1 min. Density-gradient centrifugation was performed for 10 min using a Histopaque-1119 (Sigma Diagnostics, St. Louis, MO, United States) and LymphoprepTM (Axis-Shiled, Oslo, Norway) to isolate pancreatic islets. The islets were cultured in Roswell Park Memorial Institute Medium 1640 (RPMI-1640) (Thermo Fisher Scientific) containing 5.5 mmol/L glucose, 10% fetal bovine serum (Thermo Fisher Scientific), and 1% penicillin/streptomycin (Thermo Fisher Scientific) at 37°C in 5% CO2 and humidified air (Figure 3).
One day after isolation, the islets were collected for transplantation. Anesthesia and surgical site preparation were performed as described earlier. The previous incision was re-opened, and the scaffold was exposed and carefully dissected from the overlying fibrofatty tissue. The cannula to the PV was exposed, and 300 µL of normal saline was injected using a 25-/23-G butterfly needle connected to a 1-ml syringe to test the patency. A total of 2,600 islet equivalents (IEQs; approximately 8 IEQs/g of rat weight) were then transferred to 100 µL of saline and aspirated using the butterfly needle. The islets were slowly injected into the scaffold through the PV in a total volume of 0.5–1 ml of saline and at a rate of 1 ml/min (manually). Occasional slight leakage of clear fluid out of the scaffold was considered acceptable.
The wound was then closed, and the rat was allowed to recover as described earlier. In one extra rat, both islets and hepatocytes (freshly isolated from male Lewis rats as described previously (Saitoh et al., 2021)) were injected, and the scaffold was retrieved immediately after injection to check the distribution of cells at day 0.
Follow-up after Islet Transplantation
The rats were followed up for 30 days (±2 days) after transplantation for their general condition and correction of hyperglycemia. Rats were considered cured if 2 consecutive glucose measures were below 200 mg/dl. In cured animals and those with partial correction of hyperglycemia, an intravenous glucose tolerance test (IVGTT) was performed on day 28, and the scaffold was removed to confirm recurrence of hyperglycemia. The scaffold was fixed in 4% paraformaldehyde overnight and used for immunohistochemical analyses. 5-bromo-2′-deoxyuridine (BrdU; Abcam, Cambridge, United Kingdom) was injected intraperitoneally (i.p.) on days -4, -3, and -2 relative to the scaffold removal day (dose = 500 mg/kg). In one rat per group, micro-computed tomography (micro-CT) was performed at the study end-point to evaluate the AV bundle, as described later.
IVGTT
The IVGTT was performed as described previously (Jimbo et al., 2014; Inagaki et al., 2021). In brief, after fasting for 14 h with free access to water, the BW and BGL were measured, and 1 g/kg glucose was injected intravenously. The blood glucose was measured at 5, 10, 20, 30, 60, 90, and 120 mins, and the blood glucose curve was generated. The area under the curve (AUC) was then used for comparisons.
Ex Vivo Micro-CT
Μicro-CT was performed in one rat per group as described previously (Eweida et al., 2018a), with a few modifications. The abdominal aorta was cannulated with a 22-G venflon cannula, and 100 ml of normal saline containing 100 U of heparin sodium per mL was perfused using gravity to wash out the blood. A total of 20 ml of Microfil® (MV-122; Flow Tech Inc., Carver, MA, United States) with 0.6 ml of curing agent was then injected using a 30-ml syringe through the cannula. After 90 min, the implanted scaffold was dissected and carefully removed. The scaffold was then imaged using a LaTheta™ LCT-200 (Hitachi Aloka Medical Ltd., Tokyo, Japan). The VGSTUDIO MAX™ software program (version 3.0) (Volume Graphics, Heidelberg, Germany) was used for the 3D reconstruction and video acquisition.
Immunohistochemistry
Removed scaffolds were fixed in 4% paraformaldehyde, dehydrated, and embedded in paraffin blocks. In brief, 4-μm sections were incubated with rabbit anti-von-Willebrand factor (anti-vWF;Sigma Aldrich, ab7356), rabbit anti-insulin (Abcam, ab181547), and rat anti-BrdU antibody-HRP (Abcam, ab220507). Rabbit Envision and goat anti-rabbit-HRP (4003; DAKO, Glostrup, Denmark) were used as secondary antibodies for anti-vWF and anti-insulin staining, respectively. Either methylene green or Hematoxylin was used for nuclear staining. Hematoxylin-Eosin (HE) staining was also performed. Six to 8 sections with equal intervals (250 µm) were evaluated per sample and scored by a pathologist in a blinded manner. The positive cells for vWF and BrdU were counted, and the total islet area was measured in each section. Then, we calculated the number of positive cells for vWF and BrdU per µm2 of islet area (number/µm2) in each section. The resulting scores were used for statistical comparison.
Statistical Analyses
Data for histological scoring are expressed as the mean ± standard error of mean (SEM). All statistical analyses were performed using the JMP pro 15 software program (SAS institute Inc., Carry, NC, United States). For histological scoring, a one-way analysis of variance (ANOVA) was used to compare the means, and the Tukey-Kramer test was used for the post hoc analysis. A student t-test was used to compare the means of AUC from the IVGTT results. p values of <0.05 were considered to indicate statistical significance.
RESULTS
Gross Morphology
At the end of the decellularization protocol, the DLM demonstrated a whitish, transparent appearance (Figure 2B). With adequate dissection of the subcutaneous plane up to the inguinal ligaments, placement of the whole-liver decellularized scaffold was possible. At the time of islet transplantation, no significant adhesion or fibrous capsule was observed, and the scaffold was easily visualized. A considerable yet expected decrease in size and change in shape was noted at this point. Injection of pancreatic islets into the scaffold was feasible with minimal leakage.
At the time of scaffold retrieval, the size of the scaffold was comparable to the size at islet transplantation. Vascularization of the scaffold surface was visible in most specimens. The AV bundle above and below the scaffold was clearly seen, and pulsation was frequently observed through the scaffold (Figure 5 and Supplementary Video 1). Cut sections through the scaffold showed an intact AV bundle, and the intra-graft vasculature was observed in silicon-injected samples.
[image: Figure 5]FIGURE 5 | Gross morphology of the liver at the study end-point showing the AV bundle proximal and distal to the scaffold (white arrowheads in A and B, respectively), surface vascularization, and bleeding on touch (white arrowhead in C). The location of AV bundle in (C) is marked by a dashed line.
Blood Glucose Level
Two rats in the BM group and 1 in the ADSC group showed normalization of blood glucose, (blood glucose <200 mg/dl on 2 consecutive measurements). One rat in each group showed partial correction of glucose level. No rats were cured in the HBSS group. After graft removal, hyperglycemia recurred, confirming the function of the graft. In one rat in the BM group, hyperglycemia did not completely recur after scaffold removal. Figure 6 shows the blood glucose levels of the rats during the study period.
[image: Figure 6]FIGURE 6 | Blood glucose levels during follow-up after transplantation. (A) animals with improvement of blood glucose levels, (B) animals that did not show improvement of blood glucose levels. The mark signifies the time of graft removal. *The graft was removed after 81 days in the first rat of the study to check for long-term adverse effects (BM group, this graft was not included in histological or vascularization assessments).
The IVGTT was performed in rats with improved blood glucose levels (n = 6), and the results are shown in Figure 7. The AUC in rats with functioning grafts were significantly lower than values in diabetic rats (n = 3), p = 0.002, while significantly higher compared to normal Lewis rats (n = 6), p < 0.001.
[image: Figure 7]FIGURE 7 | Intravascular glucose tolerance test (IVGTT). (A) The blood glucose curve in animals with improved blood glucose levels. (B) The corresponding area under the curve (AUC). Average data from diabetic (n = 3) or normal (n = 6) Lewis rats are provided for comparison. In comparison to diabetic rats, AUC was significantly lower (p = 0.002) in the treatment group with functioning graft, while it was significantly higher (p < 0.001) in comparison to values from normal rats.
Micro-CT
In all three groups, there was evidence of vascular sprouting from the AV bundle inside the scaffold. Figure 8 shows representative micro-CT 3D reconstruction images. The micro-CT examination also confirmed the patency of the AV bundle in samples from the three groups (HBSS, BM, and ADSC). A representative video through the axial scans can be found in the supplementary data (Supplementary Video 2).
[image: Figure 8]FIGURE 8 | Ex vivo micro-CT imaging. Ex vivo micro-CT was performed in one rat per group after injecting Microfil through the abdominal aorta. The DICOM files were reconstructed using a visual studio software program. The PV and HA cannulas were left in place for orientation (radioopaque). The gross morphology of the graft after Microfil injection is provided for anatomical correlation (the asterixis mark the cannulas’ location).
Immunohistochemistry
Histological examination showed insulin-positive cells in all three study groups (Figure 9). However, intact islets were more frequently encountered in the BM and ADSC groups than in the acellular scaffolds. The number of vWF-positive cells was higher within the islet region in the ADSC and BM groups than in the HBSS group (p = 0.08 and 0.10, respectively). BrdU + cells were significantly less frequent in the BM group than in both the ADSC and acellular groups (p = 0.003 for both), with no significant difference noted between the HBSS and ADSC groups.
[image: Figure 9]FIGURE 9 | Representative images of the immunohistochemical staining of the scaffold showing anti-insulin (upper panel), anti-Von-Willebrand factor (middle panel), and anti-BrdU (lower panel) staining of the islet region [(A) low magnification (100x) and (B) high magnification (200x)]. (C) There were more vWF + cells in the islet region in the ADSC and BM groups than in the HBSS group, while the numbers of BrDU + cells were significantly lower in the BM group than in the other two groups.
The AV bundle was intact and patent in all analyzed samples with evident sprouting into the scaffold (Figure 10). No evidence of fibrosis or capsule formation was noted. A honeycomb appearance of the empty DLM was noted in some regions, while evidence of resorption could also be seen at other locations.
[image: Figure 10]FIGURE 10 | Vascularity of the implanted scaffold at the end of the study. (A) Large vessels inside the scaffold, shown by injection of colored dye (region encircled by dashed red line). B-G) Different patterns of vascularization seen on a histological examination, with the following findings marked with black arrowheads: (B) direct sprouting from the main vein of the AV bundle, (C) vessels observed inside the scaffold in close association with the AV bundle, (D,E) sprouting of vessels along the native scaffold inferior vena cava tributaries, (F) remarkable intra-scaffold vascularization in association with scaffold resorption regions, (G) anti-Von-Willebrand staining of neovascularization inside the islet graft. (H) Day 0 specimen after combined injection of both pancreatic islets and hepatocytes; islets frequently failed to reach the intra-scaffold location compared with smaller hepatocytes.
DISCUSSION
Decellularized ECM scaffolds were shown to support the islet function in vitro (Napierala et al., 2017; Guruswamy Damodaran and Vermette, 2018; Citro et al., 2019). In addition, transplanting islets with a decellularized lung scaffold was functionally superior to islets-only when transplanted in the subcutaneous tissue (Citro et al., 2019). In another report (Yu et al., 2018), a recellularized pancreas scaffold improved the blood glucose levels when anastomosed to diabetic rat vessels, although the graft survival was short. A decellularized pancreatic scaffold accelerated the insulin gene expression in induced pluripotent stem cell-derived β-cell-like cells (Wan et al., 2017). In the present proof-of-concept study, we showed that decellularized whole liver can allow for islet engraftment and the graft survival in a rat model. The choice of the subcutaneous location, known for its low vascularity and oxygen tension, and islets, with their high oxygen demand, allowed us to examine the potential utility of this approach for cell transplantation.
Several studies have demonstrated the utility of the axial vascularization concept in tissue-engineered constructs and its ability to promote vascularized tissue formation (Eweida et al., 2018a; Eweida et al., 2018b; Wong et al., 2019). However, few studies have examined the suitability of axially vascularized chambers for islet transplantation in the form of an AV shunt (Maki et al., 1996; Brown et al., 2006) or bundle (Knight et al., 2006). Results have shown an improved glycemic control compared to diabetic controls (Maki et al., 1996; Knight et al., 2006) as well as evidence of intact islets on histology (Brown et al., 2006). Tanaka et al. (Tanaka et al., 2003) compared the AV bundle to AV shunt and found a significantly higher rate of new tissue formation in cases with an AV shunt. However, excessive vascular sprouting was noted in both the AV shunt and bundle (ligation type) groups. Because of its simplicity and suitability for the scaffold size and orientation, a ligation-type AV bundle was chosen for the present study.
Both micro-CT and the histological assessment showed intact AV bundles more than 65 days after the initial scaffold implantation. Furthermore, sprouting from the AV bundle was clearly seen on histology and micro-CT. Branching along the native IVC tributaries and, to a lesser extent, direct penetration through the IVC-ECM could be seen during the histological examination (Figure 10). The AV bundle was passed through the IVC for two reasons: because the grossly multi-lobular nature of the rat liver makes it difficult to pass the bundle through all the lobes, and to avoid damaging the integrity of the scaffold to allow for seeding through the PV later. The histological assessment showed that more vWF-positive vessels were found in the BM and ADSC groups than HBSS group, while no superiority was noted with regard to BrdU staining, suggesting that the improvement in the function was likely due to better islet vascularization.
The subcutaneous location offers many advantages for islet transplantation including easy accessibility, low invasiveness, and monitoring feasibility. However, due to its poor vascularization, a pre-vascularization approach is usually necessary in order to achieve an islet function comparable to that with intra-portal transplantation (Uematsu et al., 2018a; Uematsu et al., 2018b). In this approach, a device is placed in the subcutaneous tissue to induce a vascular capsule, and then islets are transplanted inside this capsule after a certain period. This device is either made of material that induces neovascularization or loaded with angiogenic growth factors (Uematsu et al., 2018a; Uematsu et al., 2018b). In the present study, we examined the effect of ECM alone compared with seeded ECM with fresh BM or ADSCs to induce vascularization of the scaffold.
Several studies have demonstrated the angiogeneic potential of both ADSCs and BM-derived mesenchymal stem cells (BM-MSCs) (reviewed in (Mazini et al., 2019; Liu and Holmes, 2021)) and their ability to improve the islet function (Jung et al., 2011; Chen et al., 2013; Lee et al., 2020; Yamashita et al., 2021). One study demonstrated a better vascularization after ADSC implantation than with BM-MSCs in a myocardial infarction (MI) model (Paul et al., 2013). Extracellular vesicles (ECVs) from ADSCs also had a superior effect compared to those from BM-MSCs in an MI model (Xu et al., 2020). In contrast, in two separate studies involving a brain-ischemia model, ECVs from BM-MSCs resulted in a 4-fold increase in the endothelial cell number (Doeppner et al., 2015) compared to a 1.5-fold increase in the other study utilizing ADSCs (Chen et al., 2016). While a direct comparison between BM-MSCs and ADSCs was not the target of the present study, with these cells instead compared to an acellular scaffold, our findings suggest that ADSCs did not offer any particular advantage over fresh BM (MSCs ≈0.004–0.009% of nucleated cells in murine BM (Meirelles and Nardi, 2003)) with regard to the islet function or number of newly formed vessels. Co-transplantation of either cell type alone without a pre-vascularization device was not reported to be successful in allowing the islet function in the subcutaneous tissue, although transplantation with ADSC-sheets showed promising results (Lee et al., 2020; Yamashita et al., 2021). In vitro, ADSC-sheet + islets co-culture media showed significantly higher concentration of IL-8 compared to control (Yamashita et al., 2021). A previous report showed that transplanting islets with decellularized small intestine submucosa (SIS) or with SIS + BM-MSCs resulted in significantly lower blood glucose levels, although the latter showed significantly higher blood insulin levels (Wang et al., 2017). The study showed that co-culturing with BM-MSCs significantly increased vascular endothelial growth factor A (Vegfa) expression and CD31 mean fluorescence intensity in islets compared to islets-only and islets + SIS groups in vitro. The co-culture media also had significantly higher concentrations of ciliary neurotrophic factor (CNTF), epidermal growth factor (EGF), hepatocyte growth factor (HGF) (Wang et al., 2017).
In addition to improving islet revascularization, BM-MSCs (Chen et al., 2013; Wang et al., 2017; He et al., 2018) and ADSCs (Lee et al., 2020; Yamashita et al., 2021) were shown to improve islet viability and stimulated insulin secretion in vitro. BM-MSCs also significantly upregulated insulin 1 (Ins1) and pancreatic and duodenal homeobox 1 (Pdx1) expression in islets (Wang et al., 2017). BM-MSCs co-culture protected the islets against endoplasmic reticulum stress-induced apoptosis in another study (He et al., 2018). The concentration of tumor necrosis factor (TNF), in BM-MSC + islets co-culture media (Wang et al., 2017), and IL-16, in ADSCs + islets co-culture media (Yamashita et al., 2021), were significantly lower in comparison to islets-only medium.
The merits of the present approach include its functionality in the subcutaneous location, feasibility of repeated transplantation and drug delivery, accessibility for removal or re-implantation through the AV bundle without animal sacrifice, allowance for ECM material modifications after decellularization, and suitability for studying cell-ECM interactions. However, the main demerit of this approach is the active ECM resorption, although this can be considered a part of the remodeling process. Therefore, the balance between the pre-vascularization period and the expected ECM resorption should be tuned according to the size of the scaffold. In addition, a day 0 assessment showed that not all islets could reach an intraparenchymal location, and some got stuck at the terminal portal venules. This finding is supported by a previous report (Fu et al., 2017) and justifies the transplantation of many islets in this study. Accordingly, this model might be more suitable for single-cell preparations (e.g., hepatocytes or disintegrated beta cells) or small organoids (small islets or hepatocyte spheroids). If the challenges associated with upscaling could be overcome, this model can be a promising alternative site for clinical cell transplantation and a novel approach for organ bioengineering.
In conclusion, despite the limited sample size, the study demonstrated the potential utility of the pre-vascularized whole-organ scaffold as a novel approach for islet transplantation. Both BM- and ADSCs-seeded scaffolds were superior to the acellular scaffold with regard to the vascularization and graft function.
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ABBREVIATIONS
ADSCs, adipose-derived stem cells; AUC, area under the curve; AV, arteriovenous; BM, bone marrow; BrdU, 5-bromo-2′-deoxyuridine; CNTF, ciliary neurotrophic factor; CT, computed tomography; DLM, decellularized liver; DW, distilled water; ECM, extracellular matrix; ECV, extracellular vesicles; EGF, epidermal growth factor; HA hepatic artery; HBSS, Hank’s balanced salt solution; HGF, hepatocyte growth factor; IEQ, islet equivalent; Ins1, insulin 1; IVC, inferior vena cava; IVGTT, intravenous glucose tolerance testi.p., intraperitoneal; MI, myocardial infarction; MSCs, mesenchymal stem cells; PBS, phosphate buffered saline; Pdx1, pancreatic and duodenal homeobox; 1PV, portal vein; RPMI, Roswell Park Memorial Institute; SDS, sodium dodecyl sulphate; SIS, small intestinal submucosa; STZ, streptozotocin; TNF, tumor necrosis factor; Vegfa, vascular endothelial growth factor; WF, von-Willebrand factor.
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The development of an in vitro system for the study of lung vascular disease is critical to understanding human pathologies. Conventional culture systems fail to fully recapitulate native microenvironmental conditions and are typically limited in their ability to represent human pathophysiology for the study of disease and drug mechanisms. Whole organ decellularization provides a means to developing a construct that recapitulates structural, mechanical, and biological features of a complete vascular structure. Here, we developed a culture protocol to improve endothelial cell coverage in whole lung scaffolds and used single-cell RNA-sequencing analysis to explore the impact of decellularized whole lung scaffolds on endothelial phenotypes and functions in a biomimetic bioreactor system. Intriguingly, we found that the phenotype and functional signals of primary pulmonary microvascular revert back—at least partially—toward native lung endothelium. Additionally, human induced pluripotent stem cell-derived endothelium cultured in decellularized lung systems start to gain various native human endothelial phenotypes. Vascular barrier function was partially restored, while small capillaries remained patent in endothelial cell-repopulated lungs. To evaluate the ability of the engineered endothelium to modulate permeability in response to exogenous stimuli, lipopolysaccharide (LPS) was introduced into repopulated lungs to simulate acute lung injury. After LPS treatment, proinflammatory signals were significantly increased and the vascular barrier was impaired. Taken together, these results demonstrate a novel platform that recapitulates some pulmonary microvascular functions and phenotypes at a whole organ level. This development may help pave the way for using the whole organ engineering approach to model vascular diseases.
Keywords: whole lung tissue engineering, endothelium, pulmonary vasculature, in vitro disease modeling, single-cell RNA-sequencing
1 INTRODUCTION
Diseases of the lung vasculature, including primary pulmonary hypertension, capillary leak syndrome/acute respiratory distress syndrome (ARDS), inhalation injury, and the novel coronavirus disease-19 (COVID-19), are difficult to study in vitro due to the lack of functional ex vivo models (Huertas et al., 2018; Ackermann et al., 2020). Typical culture systems do not recapitulate lung macro- and micro-vascular structure, and the phenotype of cultured endothelium on plastic differs dramatically from that of native (Pampaloni et al., 2007; Schupp et al., 2020; Schupp et al., 2021). Pulmonary vascular diseases can be characterized by remodeling and loss of microvessels, processes which are often attributed to pathological responses in vascular endothelium (Mélot and Naeije, 2011).
Vascular niche characteristics, such as paracrine factors, hemodynamics, extracellular matrix (ECM), and cell-cell crosstalk, are crucial for regulating endothelial maturation and maintaining vascular homeostasis. Recently, organoid and microfluidics-based in vitro culture systems have emerged as tools for modeling vascular diseases (Tsai et al., 2012; Qiu et al., 2018; Wimmer et al., 2019; Monteil et al., 2020). These systems typically involve culturing differentiated or mature endothelial cells in polydimethylsiloxane (PDMS) or hydrogel-based structures under some degree of perfusion (Tsai et al., 2012; Qiu et al., 2018; Wimmer et al., 2019). However, these systems only recapitulate a very few physiological properties, such as shear stress, while failing to mimic important other aspects of organ physiology such as appropriate substrate stiffness, physiological mechanical stretch, and co-culture with other cell types of the airway or alveolar niche (Tsai et al., 2012; Qiu et al., 2018). Further, microfluidic systems fail to reconstitute the structural, compositional, and biological features of native ECM, which are critical for intracellular regulation within the vascular compartment. Native lung tissues derived from humans or animals that are cultured as whole organs ex vivo rapidly lose cell viability and barrier function during organ culture, and cannot be maintained in a reproducible way for extended time periods. As a result, no in vitro platform exists that can simulate native pulmonary vascular phenotypes and functions for long time periods and in a controlled fashion.
Whole organ decellularization opens a door to developing a construct that can recapitulate a complete vascular structure. Unlike native whole organs, acellular matrices can be repopulated with controlled cell numbers and cell types, and cellular viability can be maintained for many days since cells accommodate to the in vitro environment. But while repopulation of acellular lung matrices has been reported by several groups (Petersen et al., 2010; Ren et al., 2015; Le et al., 2017), evaluation of endothelial and microvascular functionality and phenotypes in these model systems has heretofore been fairly limited.
Protocols for the characterization of decellularized lung scaffolds have been published previously (Balestrini et al., 2016; Calle et al., 2016). ECM components remaining after decellularization in rat, and human lungs have been examined by quantitative proteomics, showing that a decellularization technique employing Triton detergent and sodium deoxycholate (SDC) results in an intact vascular architecture and near-native retention of laminins, proteoglycans, and other basement membrane and ECM-associated proteins (Calle et al., 2016; Li et al., 2016). Additionally, the decellularized matrix itself immobilizes soluble and insoluble cues, including VEGF, FGF, BMP, HGF, and PDGF that drive pulmonary cell regeneration (Booth et al., 2012; Gilpin et al., 2014; Ullah et al., 2019). Therefore, the decellularized lung scaffold represents a potential platform to recapitulate physiological niches in the lung parenchyma, by virtue of retained matrix protein composition, soluble and insoluble cues, 3-dimensional structure, and mechanical properties.
In this study, we explored the impact of decellularized whole lung scaffolds on endothelial cell phenotype and functions in the biomimetic bioreactor system (Supplementary Figure S1). As evaluated by single cell RNA sequencing (scRNAseq), primary rodent pulmonary microvascular or human induced pluripotent stem cell-derived endothelium showed a dramatic shift back to phenotypes resembling native after transitioning from expansion on tissue culture plates, into the lung matrix scaffold. After introduction of lipopolysaccharide (LPS) into endothelial-repopulated lung matrices, the endothelium was actively responsive, showing increased pro-inflammatory and matrix degradation characteristics, and decreased barrier function at the whole organ level, similar to the effect in native lungs (Figure 1). Thus, this study shows the potential of using the bioengineered whole organ as a platform for pulmonary vascular disease modeling.
[image: Figure 1]FIGURE 1 | Schematic of experimental design. Step 1: single-cell RNA-sequencing analysis was performed to compare the phenotypic and functional signals among native pulmonary endothelium, primary pulmonary endothelium cultured on tissue culture plastic, and in whole lung scaffolds. Step 2: Lipopolysaccharide (LPS) was introduced into endothelialized whole lung scaffolds to simulate inflammation.
2 RESULTS
2.1 Reendothelialization of Decellularized Whole Lung Scaffolds
The isolation of pulmonary microvascular endothelial cells (PMECs) was performed as previously described (Alphonse et al., 2015). Endothelial cells were isolated from the distal parenchyma of the lung in postnatal day 7 rats by CD31-labeled magnetic bead selection (Supplementary Figure S2A). PMECs became morphologically homogenous as early as passage 1, with no evident mesenchyme contamination (data not shown). Flow cytometry data confirmed that PMECs at passage 1 contain 99.5 ± 0.3% CD31 and 99.6 ± 0.2% CD144 positive cells while having low or no expression of CD90 and CD45 (Supplementary Figure S2B). These PMECs were rapidly proliferative—with an average doubling time of ∼26.6 h across passages—and displayed key endothelial characteristics including expression of CD31, vWF, VE-Cadherin, eNOS, and Griffonia simplicifolia lectin, as well as acLDL uptake (Supplementary Figures S2C,D).
We cultured PMECs in decellularized lung scaffolds in a biomimetic bioreactor, as previously described (Yuan et al., 2019; Engler et al., 2019). Acellular lung scaffolds were produced by decellularizing adult native rat lungs using Triton and SDC detergents, followed by copious washing with PBS and sterilization with antibiotics. Lung scaffolds were then seeded with 50 million P4 PMECs at a concentration of 250,000 cells/mL into the pulmonary vein, followed by seeding another 50 million cells into the pulmonary artery. Cultures were maintained with a flow of medium delivered via the pulmonary artery under laminar flow. The trachea and pulmonary vein were cannulated to monitor real-time fluid flows and pressures during the culture process.
Seeding of cultured endothelial cells into acellular organ microvasculature has proven difficult in prior studies, in part because the cytoplasmic volume of cultured endothelium is much larger than that of native cells (Pugacheva et al., 2006). Prior studies have shown that cultured EC can lodge in arteriolar and venular structures immediately after seeding into the pulmonary vasculature (Le et al., 2017). The physically large cell bodies may be blocked from ingress into small decellularized capillary lumens having diameters of 5–8 microns or less (Townsley, 2012). We therefore investigated whether an exogenous agent that can impact EC cytoplasmic organization could affect the ability of cells to transit or migrate into small capillary lumens. Rho-associated protein kinases (ROCK) inhibitor (Y27632) can re-organize the actin cytoskeleton, and further remodel overall cell morphology (Amano et al., 2010). Additionally, ROCK inhibition could potentially provide pro-survival signals to support EC survival and growth in decellularized lung scaffolds (Watanabe et al., 2007). We therefore applied 10 μM Y27632 to endothelial-containing lung cultures for 7 days, to determine the impact on endothelial repopulation and cell spreading in the lung matrix.
In control lungs, cells had a round morphology, with limited repopulation throughout the lung vasculature especially in microvasculature, and no or minimal patent lumens were visible (Figure 2A). Interestingly, after treatment with Y27632, PMECs appeared to repopulate extensively throughout the large and small vasculature of the lung matrix (Supplementary Figure S3A). Endothelial cells had a native-like and flattened morphology in the vasculature, and also formed observable patent lumens in the small vessels throughout the repopulated organs (Figure 2B). Consistently, transmission electron microscopy (TEM) images of the repopulated lungs cultured with Y27632 treatment show patent lumens in the alveolar-capillary network, with flattened cytoplasmic processes covering the inner surface of the vessel, similar to those seen in native lungs (Figures 2D,E), whereas such lumens were not present under control conditions (Figure 2C). Immunostaining for PECAM1, Laminin, VE-Cadherin, vWF, eNOS, ZO1, and Lectin GS confirmed that PMECs remained inside of the vasculature and maintained their expression of endothelial markers after 7 days of lung culture (Figures 2F–K). Additionally, representative TEM images demonstrate the formation of tight junctions between cells, suggesting that the vascular barrier is starting to reconstruct in our repopulated lungs (Figure 2L). Since the repopulated lungs without ROCK inhibitor have limited EC repopulation throughout the organ, we have therefore only analyzed the vascular functions and transcriptomic information in lungs supplied with ROCK inhibitor in subsequent studies.
[image: Figure 2]FIGURE 2 | Characterization of PMEC-repopulated lungs. (A,B) H/E image of a representative section in control (A) and Y27632-treated repopulated lungs (B). Scale bars 150 μm, arrows point to reconstituted capillary lumens. (C,D,E) TEM images of control, Y27632-treated repopulated lungs, and native lungs, respectively. Scale bars 5 μm, CA: Capillary; AS: Alveolar Space; L: Lumen. (F–K) Immunostaining for CD31, VE-Cad, eNOS, ZO1, vWF, and lectin GS in repopulated lungs, scale bar 20 μm. (L) Representative TEM image of tight junctions in repopulated lungs. Arrowheads indicate tight junctions, scale bar 2 μm. (M) Schematic description of the flow paths in decellularized lung vasculature. (N,O) Non-invasive measurements were performed daily to assess the mechanical characteristics in repopulated lungs. (N) Capillary resistances to fluid flow within the vascular bed, versus time. (O) Flow rates: venous (red), and tracheal (blue) outflows versus time. “n” indicates experimental replicates. There were three independent experiments performed for each condition.
To determine whether PMEC could establish measurable barrier function within the repopulated lungs, we applied a non-invasive mechanical measurement that was previously developed (Engler et al., 2019) to monitor the pressure changes generated by fluid flowing across the alveolar basement membrane (from the repopulated capillaries, into the alveolar air sacs (tracheal outflow) and within the vasculature (venous outflow) (Figure 2M). These non-invasive pressure measurements allow the inference of alveolar barrier function during culture. Measurement of average internal pressures (capillary entry pressure, and capillary exit pressure) is accomplished by briefly shutting off flow into or out of the organ, and measuring transient pressures at the end-organ level using piezoelectric pressure sensors situated within the bioreactor system (Engler et al., 2019).
In endothelial repopulated lungs, measurements of pressures, and of fluid translocation across the alveolar membrane and exiting the trachea, revealed that capillary resistances to fluid flow through the vascular bed gradually decreased over the 7-days culture period (Figure 2N). This may indicate that endothelial cells, which initially occlude arterioles and venules at the time of cell seeding (Supplementary Figure S3B), may migrate into capillaries and form patent lumens that can then conduct vascular flow, while increasing overall coverage throughout the vasculature. Evidence to support this supposition is seen in H&E histology (Figure 2B; Supplementary Figure S3A). Measurement of fluid translocation over time indicates that there are increasing trends of outflows in the pulmonary vein, indicating increasing flow rate exiting the vasculature (as opposed to leaking across the alveolar barrier and into the airways) over time. Similarly, flow exiting the trachea, which is indicative of net fluid leak across the alveolar barrier, decreased over time in endothelial-repopulated lungs, implying functional barrier formation by cultured PMECs (Figure 2O). Since repopulated lungs lack alveolar epithelium, which is a significant component of native physiological barrier, we did not anticipate a full reconstitution of native levels of alveolar barrier. However, the ability to detect some barrier function conferred by cultured endothelium is a reflection of functional competency of the cells. In here, we have optimized our protocol by adding ROCK inhibitor and determined that the cultured endothelium could form a functional monolayer that partially reconstructs vascular barrier function in whole lung scaffolds.
2.2 PMECs Cultured in Lung Scaffolds Regain Native-Like Functional Endothelial Character Compared to PMEC on Tissue Culture Plastic
To understand the evolving phenotype of PMECs in lung scaffolds, postnatal day 7 rodent native whole lung tissues (13,619 cells), pre-seeded PMECs grown in tissue culture flasks (9,321 cells), and PMEC-repopulated engineered lungs (6,188 cells) were processed through single-cell transcriptomic analysis. Whole lung tissues were harvested from three male and three female rats, and the native endothelial populations were sub-clustered by selecting for VE-cadherin (Cdh5) positive cells while excluding cells expressing Col1a1 (mesenchyme), Epcam (epithelium), and Ptprc (leukocyte). We then merged, scaled, and compared the transcriptomic information among native lung endothelium, pre-seeded PMECs, and PMEC-repopulated lungs datasets. The gene ontology analysis (DAVID) of the top differentially expressed genes (DEGs) between native endothelium and cultured PMECs revealed that during expansion, PMECs markedly lost native molecular signals that are related to angiogenesis (e.g., Acvrl1, Nrp1, and Egfl7) (Nichol and Stuhlmann, 2012; Kofler and Simons, 2015; Rochon et al., 2016), cell adhesion (e.g., Itgb1, Fbln5, and Itga6) (Preis et al., 2006), ECM synthesis (e.g., Col15a1, Eln, Col4a1, and Lamb2), and cell junctions (Cxcr4, Cldn5, and Prx) (Wang et al., 2018) (Figure 3A; Supplementary Table S1). After culturing in acellular whole lung scaffolds for 7 days under arterial perfusion, intriguingly, many of the molecular signals that are related to angiogenesis, cell adhesion, cell junctions, and ECM synthesis were increased (Figure 3B; Supplementary Table S2). Many of the increased genes are associated with angiogenesis, cell adhesion, ECM synthesis, and cell junctions, including Acvrl1, Nrp1, Egfl7, Itga6, Itga3, Col4a1, Eln, Cxcr4, and Gja4 (Figure 3C). Consistent with the findings from scRNAseq, the levels of Itga6, Itgb1, Acvrl1, Eln, and Col4a1 evaluated by western blotting or qRT-PCR were significantly increased in cells extracted from repopulated lungs, as compared to pre-seeded PMECs, across at least three independent experiments (Supplementary Figure S4). We have additionally studied the expression level of glycocalyx-associated genes such as syndecan, glypican, perlecan, and biglycan in ECs before and after culturing in lung scaffolds. Only biglycan (gene name: bgn) was found to be higher in repopulated lung as compared to pre-seeded cells (Supplementary Table S2). Hence, the global comparisons among PMEC before and after culturing in lung scaffolds, and native lung endothelium, suggest that the microenvironmental cues in lung scaffolds, including ECM components and structure, insoluble or soluble cues, and shear stress, could potentially induce the endothelial cells to regain some aspects of the native functional phenotype that is lost during in vitro expansion on tissue culture plastic.
[image: Figure 3]FIGURE 3 | Global comparison amongst Native, P4 PMEC, and Repopulated lung. (A,B) Gene ontology analysis shows the top upregulated signals based on the top DEGs of comparisons between Native endothelium and P4 PMEC (A), and between Repopulated lung and P4 PMEC (B). (C) VlnPlots of representative genes of angiogenesis, cell adhesion, ECM synthesis, and cell junction in the merged dataset of Native, P4 PMEC, and Repopulated lung samples.
2.3 PMECs Partially Regain Native Heterogeneous Endothelial Phenotypes in Repopulated Lungs
To characterize heterogenous endothelial phenotypes expressed within PMECs before and after culturing in lung scaffolds, we first determined the molecular signatures of the various endothelial phenotypes present in native lungs. Based on top DEGs, we identified 7 major endothelial clusters in native rat lung at postnatal day 7: general capillary (gCap); aerocyte capillary (aCap); arterial; pulmonary venous; systemic venous; cycling; and lymphatic (Lymph) endothelium (Figure 4A). The general capillary (gCap), aerocyte capillary (aCap), arterial, pulmonary venous, systemic venous, cycling, and lymphatic clusters expressed canonical endothelial markers of their respective sub-types, including Aplnr, and Kit for gCap (Kalucka et al., 2020; Travaglini et al., 2020); Car4 and Prx for aCap (Gillich et al., 2020; Kalucka et al., 2020; Travaglini et al., 2020); Gja5, and Cxcl12 for arterial ECs (Kalucka et al., 2020; Travaglini et al., 2020); Vegfc, and Vcam1 for pulmonary venous ECs (Kalucka et al., 2020; Travaglini et al., 2020); Vwa1, and Ebf1 for systemic venous ECs (Schupp et al., 2020); Mki67, and Top2a for cycling ECs; Prox1, and Ccl21 for lymph ECs (Kalucka et al., 2020; Travaglini et al., 2020) (Figure 4B). Since the systemic venous EC cluster is a tiny population in native rodent lung (Verloop, 1949; Parent, 2015), it was excluded in further comparisons. To confirm protein expression in various native EC populations, we selected two specific genes amongst the DEGs for each cell type. Immunostaining of native rat lung shows protein expression of Connexin 40 (Gja5) and Cxcl12 in arterial ECs; Vcam1 and Coup-TFII (Nr2f2) in venous ECs; and Aplnr, Kit, Prx, and Car4 in small capillaries, but not in large vessels (Supplementary Figure S5). Taken together, the scRNAseq analysis and the immunostaining of whole lung tissues confirm that endothelium in rodent pulmonary vasculature exhibits molecular heterogeneity that is consistent with recent published reports (Schupp et al., 2020; Travaglini et al., 2020; Schupp et al., 2021).
[image: Figure 4]FIGURE 4 | scRNAseq evaluation of native and engineered rat pulmonary endothelium. (A) Uniform Manifold Approximation and Projection (UMAP) of the native pulmonary endothelial clusters. (B) Heatmap of top 3 DEGs for each cluster. (C) UMAPplots of merged object of native pulmonary endothelial clusters, pre-seeded PMECs, and repopulated lungs. (D–H) Dotplots and Module scores for (D) pulmonary venous, (E) arterial, (F) gCap, (G) aCap, and (H) lymph endothelium amongst native and engineered endothelium. Dot plots show the comparison for top 10 select markers of each native lung EC subtype. Samples were merged and re-scaled. Module scores were calculated based on the top 20 DEGs of each native lung EC subtypes in each engineered EC dataset at single cell level. Violin plots represent the distribution of module score for each EC subtype among native endothelium, P4 PMEC, and repopulated lung datasets. Scores >0 indicate enriched expression, compared to random control gene sets. ***, and **** indicate p < 0.001, and p < 0.0001, respectively.
To examine the similarities and differences between engineered and native samples, we applied the “Merge” function in Seurat and combined native lung endothelium, P4 PMECs (pre-seeded and grown on tissue culture plastic), and PMEC-repopulated lungs into a single dataset. P4 PMECs were a homogenous endothelial population, with an overall phenotype quite different from that of any of the native endothelial clusters observed in this study. In contrast, and unlike the pre-seeded PMEC population, the ECs in repopulated lungs were a mixture of arterial-like, venous-like, and also a small population of lymph-like endothelium (Supplementary Figure S6). Arterial-like cells (Repopulated Arterial) expressed canonical arterial (e.g., Cxcr4, Gja4, and Kcne3) markers (Su et al., 2018; Kalucka et al., 2020; Schupp et al., 2020). In contrast, venous-like endothelium (Repopulated Venous) expressed venous (e.g., Ackr3, Nr2f2, and Jam2) markers (You et al., 2005; dela Paz and D’Amore, 2009; Schupp et al., 2020). A small population of lymph-like endothelium (Repopulated Lymph) expressed lymph marker (e.g., Prox1) (Wigle et al., 2002) (Supplementary Figure S6).
We further used “Addmodulescore” function in Seurat and calculated module scores for each cell type/cluster amongst different datasets, using the top 20 DEGs identified from each native lung EC subtype (Supplementary Table S3). Cells in the venous cluster in the repopulated lungs (Repopulated Venous) expressed higher levels of markers for native venous endothelium, such as Nr2f2, Cpe (Schupp et al., 2020), Ackr3 (Schupp et al., 2020), and Eln, and received significantly higher scores for gene signatures of pulmonary venous endothelium, as compared to pre-seeded PMEC (Figure 4D). Similarly, cells in the arterial cluster in repopulated lungs expressed higher levels of markers for native arterial endothelium Cxcr4, Fbln5 (Noda et al., 2013), Cd24, Gja4, Efnb2 (Su et al., 2018), and Sox17 (Corada et al., 2013), and received significantly higher scores for gene signatures of native arterial endothelium, as compared to pre-seeded cells (Figure 4E). Immunostaining confirmed the protein presence of Fbln5, Eln, and Nr2f2 in repopulated lungs (Supplementary Figure S7B).
Interestingly, repopulated lungs also expressed many specific markers for gCap endothelium (e.g., Aplnr, Col4a1, Plvap, Rgcc, and Col15a1) (Gillich et al., 2020; Kalucka et al., 2020; Schupp et al., 2020; Travaglini et al., 2020) and for aCap endothelium (e.g., Kdr, Sirpa, and Ednrb) (Gillich et al., 2020; Schupp et al., 2020; Travaglini et al., 2020), and received significantly higher scores for gene signatures of both native cell subtypes, as compared to cells cultured on tissue culture plastic (Figures 4F,G). Furthermore, there are some native capillary endothelial markers which appear to be completely silenced during EC growth on plastic (e.g., Aplnr, Rgcc, Ednrb, and Sirpa), that are regained after culture on the decellularized lung matrix (Figures 4F,G). Immunostaining for these previously silenced markers, including Sirpa, and Ednrb, confirmed their presence in repopulated lungs (Supplementary Figure S7B). While expression of these key genes was not fully restored to native levels in engineered lungs, these trends imply that functional pulmonary endothelial phenotypes are supported and encouraged by a physiological lung matrix substrate and biomimetic bioreactor culture conditions.
There was a tiny, but detectable, population of lymphatic endothelium in EC-repopulated lungs that expressed high level of lymphatic markers (e.g., Mmnr1, and Prox1), suggesting either a leftover of lymphatic cells and progenitors from the starting passaged population, or a limited differentiation effect of the lung matrix scaffold, since all of the endothelium was seeded into the blood, rather than into the lymphatic, vasculature (Figure 4H). Consistent with the findings from scRNAseq, the levels of Gja4, Fbln5, Nr2f2, Eln, Aplnr, Rgcc, Ednrb, and Sirpa, as evaluated by qRT-PCR were significantly increased in cells from three independent repopulated lungs as compared to pre-seeded PMECs (Supplementary Figure S7A). These pairwise comparisons indicate that PMECs are changing phenotypes to more resemble the native complement of ECs when cultured in the decellularized lung scaffolds in a bioreactor system.
2.4 Human iPSC-ECFCs Start to Gain Human Lung Endothelial Phenotypes in Repopulated Lungs
To develop a modeling system to study pulmonary vascular diseases, we explored the phenotypic changes of human induced pluripotent stem cell-derived endothelial colony-forming cells (iPSC-ECFCs) in acellular whole lung scaffolds. We seeded 25 million iPSC-ECFCs into the pulmonary vein, followed by seeding another 25 million cells into the pulmonary artery. Cultures were maintained with a flow of medium delivered via the pulmonary artery. After culturing human iPSC-ECFCs in the decellularized lungs with Y27632 for 6 days, endothelial cells appeared to repopulate extensively throughout the lung vasculature (Figure 5A), while patent vascular lumens were appreciable (Figure 5B). The iPSC-ECFCs maintained their endothelial phenotype within lung scaffolds, as evidenced by expression of CD31, ZO1, eNOS, and vWF (Figure 5E). The venous outflows continuously increased over time (Figure 5F), suggesting an increased barrier formation in iPSC-ECFC repopulated lungs. From these data it appears that under current culture conditions, both rodent primary PMECs and human iPSC-ECFCs express endothelial-specific markers in repopulated lung matrix, and, over time, contribute to alveolar barrier formation in culture. Combined with observable lumen formation and decreased vascular flow resistance during culture, this implies the reconstitution of a highly functional endothelial lining within the repopulated lung constructs, that provides a vascular flow path for fluid, as well as increasing barrier function within the alveolar compartment.
[image: Figure 5]FIGURE 5 | Human iPSC-ECFCs start to gain native EC phenotype in repopulated lungs. (A) Immunostaining of CD31 and Laminin in iPSC-ECFC-repopulated lungs. Scale bar 2,000 μm. (B–D) H/E image of a representative section iPSC-ECFC repopulated lungs. Arrows in (B) point to reconstituted capillary lumens; arrows in (C) point to endothelial cells in the vasculature but not in bronchia. V: Blood Vessel; Br: Bronchi (E) Immunostaining for CD31, laminin, ZO1, eNOS, and vWF in repopulated lungs, scale bar 20 μm. (F) Venous outflows versus time, n = 3. (G) Gene ontology analysis of the top DEGs (p < 0.05) enriched in iPSC-ECFC lungs as compared to pre-seeded iPSC-ECFCs. (H) Dot plots show the comparison for top 10 select native markers of human pulmonary venous, arterial, gCap, and aCap amongst native human lung endothelium, pre-seeded iPSC-ECFCs, and iPSC-ECFC-repopulated lungs. Samples were merged and re-scaled.
To understand the phenotypic changes of iPSC-ECFCs in acellular whole lung scaffolds, we processed 7,089 cells that were pre-seeded, cultured iPSC-ECFCs; and 5,591 cells from iPSC-ECFC repopulated lungs through scRNAseq. Similar to rodent primary PMECs, after culturing in acellular lung scaffolds, iPSC-ECFCs acquired markers that are related to angiogenesis, ECM/basement membrane protein synthesis, cell adhesion, and cell junctions, as compared to pre-seeded iPSC-ECFCs that had been expanded on tissue culture plastic (Figure 5G; Supplementar Table S4). We further compared the iPSC-ECFC datasets with a published human EC single-cell dataset (GEO number: GSE164829), which is comprised of over 15,000 vascular endothelial cells from 73 healthy individuals, both males and females (Schupp et al., 2020; Schupp et al., 2021). iPSC-ECFCs in repopulated lungs gained arterial-like or venous-like phenotypes. Arterial-like cells (iPSC ECFC lung Arterial) expressed canonical arterial (e.g., SERPINE2 and CXCL12) (Boulaftali et al., 2011), venous-like endothelium (iPSC ECFC lung Venous) expressed venous (e.g., IGFBP7 and NR2F2) markers (Schupp et al., 2020) (Supplementary Figure S8). We then compared pre-seeded iPSC-ECFCs, iPSC-ECFC-repopulated lungs, and human lung endothelium, in terms of the top markers of each native human EC subtype (Schupp et al., 2020). Cells in the venous cluster of the repopulated lungs (iPSC ECFC lung Venous) expressed a higher level of markers for native pulmonary venous endothelium, such as NR2F2, EPHB4 (Wang et al., 1998), and SELP (Thiriot et al., 2017) as compared to pre-seeded cells (Figure 5H). Similarly, the arterial cluster in repopulated lung expressed a higher level of SERPINE2, GJA5, CXCL12, and GJA4, than did the pre-seeded cells. Interestingly, iPSC-ECFCs in decellularized lung scaffolds also gained some recognized gCap markers, including NOSTRIN, FCN3, and ADGRF5 (Gillich et al., 2020; Schupp et al., 2020), whereas the expression of aCap markers are fairly dim, suggesting that the microenvironmental regulation of gCap and aCap phenotypes might be different. Increased expression of NOSTRIN, RGCC, CXCL12, SERPINE2, NR2F2, EPHB4, PLVAP, and COL15A1, was confirmed across multiple replicates by qRT-PCR (Supplementary Figure S9). Taken together, these data show that the iPSC-ECFCs start to shift their phenotype—at least partially—toward human lung EC phenotypes in acellular whole lung scaffolds, and become more native-like than pre-seeded cells.
2.5 Using Repopulated Lungs to Model Barrier Damage During Inflammation
To evaluate the repopulated lung as a disease modeling system, we first established an ex vivo native lung culture platform to mimic acute lung injury, as a basis of comparison with the engineered constructs. Native lungs from adult rats were mounted into the bioreactor system and cultured with DMEM medium supplemented with 0.5% FBS and 1% antibiotics/antimycotics, and perfused at 20 ml/min via the pulmonary artery. Ten minutes after initiating arterial perfusion, we introduced 6 μg/ml LPS into the bioreactor and performed non-invasive mechanical measurements to look for evidence of barrier function and capillary leak over the ensuing 24 h (Figure 6A). As a control, we introduced a matching volume of culture medium, rather than LPS, and monitored lung mechanics over the ensuing 24 h.
[image: Figure 6]FIGURE 6 | The ex vivo and in vitro platform to model LPS-induced inflammation. (A) Schematic of workflow for the ex vivo platform. (B) Representative H/E images of lung tissues from native, ex vivo control, and ex vivo LPS samples. Arrows indicate cell death, matrix breakdown, and interstitial puffing. Scale bar indicate 75 μm. (C) Venous outflows in the ex vivo platform with or without LPS treatment, n = 3. (D) Schematic of workflow for the in vitro platform. (E) Representative H/E images of lung tissues from control and LPS-treated repopulated lungs. Arrows indicate cell detachment and occlusion in the pulmonary vasculature. Scale bar indicate 75 μm. (F) Venous outflows in the repopulated lung control, and repopulated lung LPS conditions, versus time, n = 3. (G) Heatmap of top differentially (adjusted p < 0.05 and log2foldchange >3 or <−3) expressed genes between control and LPS-treated repopulated lungs, normalized across each gene to show up-regulation (red) and down-regulation (blue) as compared to the other group. The representative upregulated and downregulated genes after LPS treatment as compared to control without LPS were listed. * indicate p < 0.05. There were 3–4 replicates performed in each sample.
After 24 h of bioreactor culture, histochemical staining of native lung samples demonstrates that the alveolar structure remains intact, resembling the morphology of freshly harvested native lungs. In contrast, LPS induced substantial cell death and visible cell detachment within the alveolar compartment (Figure 6B; Supplementary Figure S10A). Additionally, there was a markedly increased volume in the interstitial spaces at the alveolar septa in lungs treated with LPS, possibly due to the loss of microvascular alveolar barrier and influx of fluid into the lung interstitium, while the alveolar septa in the ex vivo control remained thin and intact (Figure 6B). Non-invasive measurements of fluid flow and barrier function revealed a marked reduction of venous outflows at 6 h after the addition of LPS to the native lungs, implying an increase in alveolar barrier permeability induced by LPS in these organs. The loss of venous flow persisted throughout the experiment, while in the control lungs, the venous outflows remained high, implying retained alveolar barrier (Figure 6C). Interestingly, capillary resistances increased over time after LPS treatment, implying a decrease of barrier function (Supplementary Figure S10B). Thus, we observed that the bioreactor system could support cellular survival, maintain the physiological barrier function for ex vivo native lung culture, and could model key pathological findings in response to an acute inflammatory stimulus such as LPS exposure, over a 24 h period.
To determine whether EC-repopulated lungs would exhibit similar functional changes to those of native organs, PMECs were cultured in the decellularized lung scaffolds for 6 days, followed by the introduction of a single dose of 6 μg/ml LPS into the bioreactor (Figure 6D). Within 24 h of LPS treatment, there was a substantial increase in cell death, cell detachment, and matrix degradation, as compared to control repopulated lungs not receiving LPS (Figure 6E; Supplementary Figure S10C), similar to the response observed in native lungs. H&E staining showed the cells exposed to LPS treatment appeared round and large in size. Markedly reduced numbers of patent lumens were visible 1 day after LPS exposure, whereas in control lungs the ECs displayed a flattened morphology and maintained many observable patent lumens (Figure 6E). Non-invasive mechanical measurements revealed a progressively decrease of venous outflows and an increase of capillary resistances after LPS treatment as compared to control conditions, signaling a loss of barrier function as fluid escaped from the vasculature and into the interstitium or the air sacs (Figure 6F; Supplementary Figure S10D).
Gene expression patterns from control and LPS-treated, repopulated lungs were compared using bulk RNAseq. There were a total of 2,766 genes (adjusted p < 0.05) differently expressed between these two conditions. The top 213 differentially expressed genes (adjusted p < 0.05 and Log2 fold change >3 or <−3) were extracted and clustered into a heatmap (Figure 6G). Within the top 213 differentially expressed genes, 25% of the genes were related to inflammatory response, including Ccl2, Ccl7, Il6, Csf2, Lcn2, Cx3cl1, Cxcl2, Cxcl3, Cxcl6, Vcam1, and Icam1. In addition, 24% of the genes were related to immune cell trafficking, suggesting that after LPS treatment, PMECs in repopulated lungs displayed a significant increase of the pro-inflammatory gene expression (Figure 6G). Additionally, matrix metalloproteases (MMPs) (e.g., Mmp3, Mmp9, Mmp10, and Mmp13) were significantly upregulated in the LPS-treated group as compared to the control group, indicating an increase in matrix degradation. Evidence of matrix degradation can also be seen in the LPS-treated repopulated lung (Figure 6E). Signals related to endothelial barrier function including Tjp1, Ocln, Cldn1, and Gja4 were significantly decreased in repopulated lungs after LPS treatment compared to control conditions, consistent with the observed increase in vascular permeability. Overall, these data demonstrate that after treatment with endotoxin/LPS, PMEC-repopulated lungs displayed significantly increased pro-inflammatory signals, matrix degradation, and permeability, that simulate endothelial dysfunction during inflammation.
Therefore, these results show that the repopulated lung platform is responsive to LPS treatment in terms of increased cell death, and upregulation of inflammation-induced endothelial dysfunction signals. Combined with reduced microvascular lumen retention and an increase in permeability during culture, these findings demonstrate that LPS treatment disrupts the previously functional endothelial lining within the repopulated lungs, in ways that mimic many aspects of endothelial dysfunction during acute lung injury.
3 DISCUSSION
Currently, there is no in vitro culture system that recapitulates structural and biological features of the pulmonary vasculature, especially the microvasculature, at a whole organ level. Whole organ decellularization provides a construct that preserves almost the entire vascular structure of a whole living organ. Here, leveraging single-cell RNA-sequencing analysis, we investigated the role of acellular whole lung scaffolds in regulating endothelial phenotypes and functions in a biomimetic bioreactor system. We found that both primary and iPSC-derived endothelium could create a degree of barrier function in lung scaffolds, and they partially gain native lung endothelial phenotypes.
To leverage this endothelilaized model platform for studying pulmonary vascular disease, we introduced LPS into the bioreactor to induce inflammation in the repopulated lung system. Similar to the reports of in vivo studies (Zheng et al., 2018), LPS treatment induced a marked loss of barrier function as well as dramatic histological modifications in the alveolar compartment in our ex vivo culture model. Analogously, in the repopulated in vitro platform, LPS treatment not only increased molecular signals relate to endothelial dysfunction during acute lung injury, but also induced a loss of functional endothelial lining in the pulmonary vasculature, in terms of decreased barrier function.
The development of in vitro systems to model human diseases is centered on recapitulating physiological properties and native cellular phenotypes. Endothelial phenotypes and functions are influenced by various in vitro culture conditions such as shear stress (reviewed in (Chistiakov et al., 2017)), oxygen tension (Funamoto et al., 2017), cytokine concentrations (reviewed in (Nomi et al., 2006)), ECM structure and components (Yuan et al., 2020), and substrate stiffness (reviewed in (Karki and Birukova, 2018)). In this study, we applied a biomimetic bioreactor system and optimized protocols by adding Y27632 to improve endothelial cell repopulation in the decellularized whole lung scaffolds to recapitulate in vivo conditions. Both primary rodent and human iPSC-derived endothelial cells display near-native appearance in the decellularized lung scaffolds. Vascular barrier can be partially reconstructed while the capillary lumens are appreciable. scRNAseq analysis reveals that after expansion on TCPS, most native signals in PMECs such as angiogenesis, cell adhesion, cell junction, and ECM synthesis are lost. Intriguingly, after only 7 days of culture in the acellular whole lung scaffolds in our biomimetic bioreactor system, many of molecular signals related to these functions could be partially restored, including increased gene expression of integrins, basement membrane proteins, receptors for growth factors, and cell-cell junction molecules, likely due to the combinational effect of cell-matrix interactions, matrix-bound growth factors, shear stress, physiological substrate stiffness, or the addition of Y27632 in our culture system.
scRNAseq has emerged as a powerful tool for identifying cell heterogeneity in native or engineered cellular systems (Hwang et al., 2018; Kumar et al., 2018; Greaney et al., 2020). In this study, we identified seven endothelial subpopulations in rat lungs, including the newly identified general capillary and aerocyte capillary endothelial cells, consistent to the recent work, including ours (Gillich et al., 2020; Travaglini et al., 2020; Schupp et al., 2021). We further leveraged established computational pipelines to compare native lung EC subtypes with in vitro counterparts (Greaney et al., 2020). Primary rodent PMECs that were cultured in decellularized lungs display two major clusters—arterial and venous EC, which have markedly increased expression of native markers of each EC subtype as compared to pre-seeded cells. Previous studies showed that the shear stress is responsible for arterial and venous endothelial phenotype determination (Sivarapatna et al., 2015) (Reviewed in (Baeyens et al., 2016)). In our system, the level of shear stress varies across the whole organ due to the changes of flow rate and vessel sizes, so the different regional shear stress may account for the phenotypic change into arterial or venous cells. Additionally, scRNAseq reveals marked upregulation of markers in small capillaries, more so for gCap cells rather than that for aCap cells, suggesting that ECM and shear stress could partially influence the gCap cell phenotypes, while aCap cell phenotypes may be controlled by factors that are not in our current systems, such as supporting cell populations, oxygen tension, cyclic stretch, or paracrine factors. Interestingly, we found that some cells that express mature arterial or venous markers (e.g., Eln, or Nr2f2) only attached in large vessels in the repopulated scaffolds, rather than in small vessels, suggesting a regional effect of the native matrix. However, we have also seen many cells randomly locate throughout the scaffold, suggesting that additional regional microenvironmental cues are needed to induce committed endothelial phenotypes. Human iPSC-ECFCs also start to gain some native human EC phenotypes, especially toward pulmonary venous and arterial endothelium, in decellularized lung scaffolds under current culture conditions. Although their phenotypic changes are not comparable to that in rodent primary endothelium, possibly due to species variation, it still indicates the beneficial influence of near-physiological microenvironmental cues supplied by our system.
Finally, we investigated the effects of endotoxin/LPS in our model system to simulate acute lung injury. Endothelial repopulated lungs not only display increased molecular signals that are related to pro-inflammation, matrix degradation, and decreased barrier function, but also show reduction of venous outflow and increase of capillary resistance after treatment with LPS, similar to the trends in ex vivo model. This result suggests that the established vascular barrier in our lung system is biologically active and their changes can be tracked at real-time.
There are still several limitations associated with the current system. First, endothelium alone cannot fully reconstitute the barrier function of native lung, due to the critical absence of differentiated type 1 alveolar epithelial cells. Therefore, changes in barrier must be viewed as relative within this system, though our studies show that barrier changes are still measurable and physiologically meaningful. Secondly, the endothelial phenotypes in repopulated lungs are still different from their native counterparts. Further development will include optimizations of oxygen tension, cyclic stretch, and inclusion of other supporting cells, as well as potentially improvements in culture medium composition to further enhance endothelial phenotype in repopulated organs.
Overall, this proof-of-principle study demonstrates that endothelium from various sources can partially simulate the native functions and phenotypes during both homeostatic and diseased states, when cultured in decellularized lung scaffolds and a biomimetic bioreactor. This tissue-engineered culture platform can be used to model vascular diseases, which paves the way for using the whole organ engineering approach for disease modeling applications.
4 METHODS AND MATERIALS
4.1 PMEC Isolation and Culture
All animal procedures in this study were approved by the Yale University Institutional Animal Care and Use Committee (IACUC) and complied with the NIH Guidelines for the Care and Use of Laboratory Animals. Lung extraction and cell isolation were modified based on previous literature (Alphonse et al., 2016). For all experiments, we used the species Rattus norvegicus, strain Sprague Dawley. Postnatal day 7 pups were euthanized by intraperitoneal injection of pentobarbital (Euthasol, 150 mg/kg). Lungs were extracted from the animals and the border (∼1 mm) of all lobes were cut off and minced into small pieces. The lung pieces are then digested with collagenase/dispase (Roche) solution (0.1 U collagenase and 0.8 U dispase per mL of double-distilled (dd) water) at 37°C for 1–1.5 h under continuous agitation. After digestion, quenched the lung-digestive solution mixture with DMEM (Gibco) supplemented with 10% FBS and 1% pen/strep. After serial washes with MACS buffer (PBS with 0.1% BSA) and DMEM, the cell mixture was incubated with CD31+ (Roche) conjugated Dynabeads (Dynal) for 30 min at 4°C followed by magnetic selection.
The isolated cells were cultured on fibronectin-coated (2 μg/cm2) six well-plate at a density of 5,000 cells/cm2 in endothelial culture medium (Vasculife (VEGF) medium (Lifeline cell technology) supplemented with 10% FBS and 1.5% antibiotic/antimycotic (A/A)) for 7 days with daily complete medium change. Upon passaging, the contaminated (non-endothelial-like) cell colonies were removed by scraping using pipette tips followed by rinsing with pre-warmed PBS. Usually, no further beads selection is needed after this step. If many cell contaminants were seen after 7 days of culture, apply another CD31+ selection after trypsinization. The resulting cells were then plated on fibronectin-coated (2 μg/cm2) flasks at a density of 10,000 cells/cm2 in endothelial culture medium.
4.2 Immunofluorescent Staining
To characterize the phenotype of PMECs, cells were cultured on fibronectin-coated coverslips at a density of 10,000 cells/cm2. After 3 days of culture, cells were fixed with 2% paraformaldehyde (containing Ca2+/Mg2+) for 15 min, permeabilized with 0.1% Triton-X in PBS for 3 min, and blocked with 5% FBS PBS for 1 h at room temperature (RT). The fixed cells were then probed with primary antibodies (Table 1) including CD31, VE-Cadherin, eNOS, and vWF overnight at 4°C followed by staining with secondary antibodies (RT, 1 h) and DAPI (RT, 5 min). To detect acLDL uptake and griffonia simplicifolia lectin, fixed cells were directly incubated with Dil-acLDL or Alexa fluor 488 conjugated-lectin GSII for 2 h. All samples were then washed, mounted, and assessed with confocal microscopy (Leica SP5).
TABLE 1 | Antibodies used for immunostaining and western blot.
[image: Table 1]Re-cellularized or native lung tissues were inflation-fixed with 10% formalin for 3 h, and then embedded in paraffin. De-paraffinized tissues were soaked in antigen retrieval solution (0.05% Tween-20, 1 mM EDTA, and 10 mM Tris (pH = 9)) at 75°C for 20 min, followed by blocking (10% FBS and 0.2% Triton X-100, RT, 20 min). Re-cellularized or native lung samples were stained with antibodies overnight at 4 °C followed by staining with secondary antibodies (RT, 1 h) and DAPI (RT, 5 min). All samples were then washed, mounted, and assessed with confocal microscopy (Leica SP5).
4.3 Transmission Electron Microscopy
Native or re-cellularized lung samples were fixed in 2.5% gluteraldehyde and 2% paraformaldehyde in 0.1 M sodium cacodylate (pH 7.4) for 30 min at RT, followed by 90 min at 4°C with continuous shaking. The fixed samples were then rinsed in 0.1 M sodium cacodylate buffer 3 times with 10 min each at RT. After fixation, the sample preparation and imaging were carried out by the Yale School of Medicine Center for Cellular and Molecular Imaging (CCMI) Electron Microscopy (EM) core facility.
4.4 Quantitative Real-Time Reverse Transcription-PCR
Methods for qRT-PCR are performed as per previously described (Yuan et al., 2019). In brief, total mRNA was extracted from cells, native, or re-cellularized lungs using an RNA isolation kit (Qiagen) and cDNA was synthesized (Bio-Rad). The mRNA levels of rat genes including CD31, Cdh5, Prox1, Ccl21, Pdpn, Aplnr, Sirpa, Rgcc, Col4a1, Eln, Col15a1, Fbln5, and β-actin, and human genes including NOSTRIN, RGCC, CXCL12, SERPINE2, NR2F2, EPHB4, PLVAP, COL15A1, and GAPDH were analyzed using SYBR green primers (purchased from Yale Oligo Synthesis Resource) and a Real-Time PCR system (Bio-Rad). The sequences of each primer are listed in Table 2.
TABLE 2 | Primer sequences used in qRT-PCR.
[image: Table 2]4.5 Western Blot
PMECs cultured on tissue culture plates were lysed in cold RIPA buffer (50 mM Tris-HCl, pH 7.4, 150 mM NaCl, 1% [v/v] Triton X-100, 0.5% [w/v] SDC, and 0.1% [w/v] sodium dodecyl sulphate (SDS)) containing 1% protease inhibitor (Sigma Aldrich, St. Louis, MO). For studies of recellularized lungs, the right middle lobes were homogenized in RIPA buffer. Protein lysate was mixed with laemmli sample buffer, reduced (DTT at 95°C 5 min), and loaded on 4–20% gradient polyacrylamide gels (Bio-Rad, Hercules, CA). Blots were run for 60 min at 120 V and the protein was transferred to PVDF membrane and blocked for 1 h at room temperature in 5% nonfat dry milk. Primary antibodies were applied overnight at 4°C in 1% nonfat dry milk in TBST buffer (0.1% Tween-20 in Tris-buffered saline) at concentrations listed in Table 1. After being rinsed with TBST, secondary antibodies were applied at a dilution of 1:1,000 for 1 h at room temperature. Protein was detected using enhanced chemiluminescence (Thermo Fischer Scientific).
4.6 Lung Decellularization
The decellularized lung scaffolds were prepared as per previously described (Yuan et al., 2019; Calle et al., 2011). In brief, lungs were extracted from the thorax and were perfused with antibiotics/antimycotics, and blood was cleared by additional perfusion with PBS containing heparin and sodium nitroprusside. Lungs were decellularized by serial washes with sodium deoxycholate (0.1, 0.5, and 1%) and Triton X-100 (0.0035, and 0.5%). The decellularized lungs were mounted in a sterile bioreactor and perfused with antibiotics/antimycotics for 48 h at 37°C prior to storing at 4°C. We performed H/E staining, and DNA quantification to confirm that the decellularization is complete as per previously described (Calle et al., 2016). For experiments in protein detection, we verified that the level of proteins such as integrins in decellularized lung scaffolds are under detection limit using western blot.
4.7 Human iPSC-Derived Endothelial Colony Forming Cells Culture
Human iPSC-derived endothelial colony forming cells (iPSC-ECFCs) were a general gift from Dr. Mervin Yoder’s group. These cells were cultured on collagen I-coated flasks (50 μg/ml) in endothelial culture medium as per previously described (Yuan et al., 2019; Prasain et al., 2014). Cells at passage 7–10 were used in the current studies.
4.8 PMEC and iPSC-ECFC Culture in Decellularized Lung Scaffolds
Whole decellularized lungs were mounted in a sterile bioreactor containing endothelial culture medium and perfused at 20 ml/min overnight via the pulmonary artery (Yuan et al., 2019; Engler et al., 2019; Calle et al., 2011). PMECs or human iPSC-ECFCs were suspended into culture medium supplemented with 30 μM Y27632 (Cayman) at a concentration of 250,000 cells/mL. Lungs were first seeded with 50 million PMECs from the pulmonary vein followed by seeding in the same manner the rest 50 million cells into the pulmonary artery. Thereafter, arterial perfusion was initiated with a peristaltic pump at a flow rate of 4 ml/min. This perfusion rate was maintained for 4 h and was ramped up 4 ml/min every 15 min until reaching 20 ml/min. During the ensuing 7 days of culture, half of the medium (endothelial culture medium +10 μM Y27632 (Cayman)) was replaced every day. For the lipopolysaccharide (LPS) study, ROCK inhibitor was removed by complete medium change on day 5. On day 6, a single dose of 6 μg/ml LPS (Sigma-Aldrich) was applied into the bioreactor jar in PMEC-repopulated lungs. The vascular barrier was measured and calculated by non-invasive methods as per previously described (Engler et al., 2019) for the following 24 h.
4.9 Measurement of Internal Pressures
All non-invasive flow and pressure measurements were based on our previous report (Engler et al., 2019). In brief, measurement of average internal pressures was accomplished by briefly shutting off flow into or out of the organ. To measure the average pressure at the end of the capillaries, flow out of the vein was briefly shut off. The average pressure in the alveoli is found in a comparable manner by briefly shutting off flow out of the trachea and monitoring the measured tracheal pressure immediately after the change. The average pressure at the start of the capillary is found in a comparable manner by briefly shutting off pulsatile perfusion to the whole organ and monitoring the measured arterial pressure immediately after the change.
4.10 Ex Vivo Lung Culture
In ex vivo lung culture, we used 0.25 m L/S 14 BPT tubing (Cole Parmer, PharMed) at both venous and tracheal sides. Lungs from adult rats (250–350 g) were extracted from the thorax and were perfused with antibiotics/antimycotics, and blood was cleared by additional perfusion with PBS containing heparin and sodium nitroprusside. Extracted lungs were mounted into a bioreactor system and cultured with DMEM medium supplemented with 0.5% FBS and 1% antibiotics/antimycotics and perfused at 20 ml/min via the pulmonary artery. Barrier measurements were performed as per previously described (Engler et al., 2019) for the following 24 h. To model the acute lung injury, 15 min after the start of arterial perfusion, a single dose of LPS was applied to bioreactor jar to reach a concentration of 6 μg/ml and barrier measurements were performed for the following 24 h.
4.11 10x scRNAseq Library Preparation, Sequencing, and Alignment
scRNAseq libraries were generated with the Chromium Single Cell 3’ assay (10x Genomics). Samples were diluted for an expected cell recovery population of 10,000 cells per lane. Libraries sequenced on the HiSeq4000 platform to a depth of 180–500 million reads per library. Downstream processing was conducted with Cellranger 3.0.2 with the default parameters. Ensembl Rnor6.0 release 95 was used to align rat data (Raredon et al., 2019).
4.12 scRNAseq Data Filtration, Normalization, Scaling, and Clustering
Aligned data was processed using Seurat v3.1.2 under R (v3.5.0) environment. Default parameters were used for each function unless otherwise specified. After creating Seurat objects for each sample, we filtered on percent mitochondrial genes to exclude damaged and dying cells and on the number of genes and transcripts to remove debris and doublets. The gene counts were normalized to the total counts and multiplied by 10,000 scaling factor. We used Variance Stabilizing Transformation (VST) to select highly variable genes. Top 2,000 genes within the selected genes were retained for downstream analysis. Variable genes were scaled using Seurat’s ScaleData function with regression on percent mitochondrial transcripts and cell cycle genes (Nestorowa et al., 2016), and subsequently were used for principal component analysis (PCA) to generate clusters. The numbers of clusters produced using PCA analysis are controlled by a resolution parameter with higher values giving more clusters and by the number of PCs. All cells across different samples were assigned into two-dimensional Uniform Manifold Approximation and Projection (UMAPs).
To sub-cluster postnatal day 7 endothelial cells, we first filtered, normalized, scaled the cells from whole lung sample. We then used SubsetData function in Seurat to select cell clusters that are positive for Cdh5 while negative for Ptprc, Col1a1, and Epcam to create a new postnatal day 7 lung EC Seurat object. We then re-normalized, re-scaled and re-clustered this EC object for downstream analysis.
4.13 Cluster Identification by Differentially Expressed Genes
The FindAllMarkers function in Seurat was applied to each sample to identify differentially expressed genes for each cluster relative to all the other clusters in the object (Greaney et al., 2020). We only chose genes that were expressed in at least 10% of cells in one of these clusters to ensure the quality of genes. These marker lists were used to apply cluster labels based on top defining genes of canonical cell types in the literature. The gene ontology analysis was performed through on-line library DAVID (Huang et al., 2009a; Huang et al., 2009b).
4.14 Combined
We performed Merge function in Seurat to combine different samples to allow for direct comparisons on gene expression without corrections on the batch-effect. Using top DEGs from native lung EC clusters, dot plots and violin plots were generated in merged objects using the DotPlot, and VlnPlot functions, respectively.
4.15 Bulk RNA Sequencing
RNA sequencing libraries were prepared by the Yale Center for Genomics Analysis using the Pair End Sequencing Prep Kit, and sequenced through NovaSeq with sequencing read length of 100 base pairs (bp). Sequenced FASTQ samples were evaluated for overrepresented sequences using FASTQC and trimmed of poly(A) sequences using Trimmomatic v 0.36 (no overrepresented adapter sequences were found in any samples). Paired sequences, all with length longer than 30 bp, were then aligned with Rsubread (Bioconductor) with the default parameters.
For RNA sequencing analysis and heatmap clustering, features were counted using Rsubread feature counts and genes were filtered to remove those with no counts across all conditions. A variance stabilizing transform was then performed on the dataset with the count matrix using the “vst” function to remove the dependence of data variance on the mean across the entire experiment. DeSeq2 (Bioconductor) was then used to determine differentially expressed genes between the two different sample comparisons. Clustered heatmaps were generated with normalized values across each gene. Ensembl Gene IDs were converted to gene symbols using biomaRt (Bioconductor).
4.16 Statistical Analysis
Comparisons between groups were performed with Student’s t-test or, for multi-group comparisons, by analysis of variance (ANOVA) followed by a post-hoc test. All analysis was performed with GraphPad Prism 7.0; values shown graphically are mean ± standard error.
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Mechanical or biological aortic valves are incorporated in physical cardiac simulators for surgical training, educational purposes, and device testing. They suffer from limitations including either a lack of anatomical and biomechanical accuracy or a short lifespan, hence limiting the authentic hands-on learning experience. Medical schools utilize hearts from human cadavers for teaching and research, but these formaldehyde-fixed aortic valves contort and stiffen relative to native valves. Here, we compare a panel of different chemical treatment methods on explanted porcine aortic valves and evaluate the microscopic and macroscopic features of each treatment with a primary focus on mechanical function. A surfactant-based decellularization method after formaldehyde fixation is shown to have mechanical properties close to those of the native aortic valve. Valves treated in this method were integrated into a custom-built left heart cardiac simulator to test their hemodynamic performance. This decellularization, post-fixation technique produced aortic valves which have ultimate stress and elastic modulus in the range of the native leaflets. Decellularization of fixed valves reduced the valvular regurgitation by 60% compared to formaldehyde-fixed valves. This fixation method has implications for scenarios where the dynamic function of preserved valves is required, such as in surgical trainers or device test rigs.
Keywords: decellularization, aortic valve, hydrodynamic testing, valvular, mechanical properties, aldehyde fixation
INTRODUCTION
Cardiovascular benchtop models with mock circulatory loops are increasingly used for surgical training (Ramphal et al., 2005; Mchale and Frank, 2017; Feins et al., 2017), as educational platforms (Gehron et al., 2019; Villanueva et al., 2020), and for research purposes (Chinchoy et al., 2000; Maglio et al., 2021). These systems are typically composed of a mock circulatory loop connected to a pulsatile pump, but often lack anatomical representations and mechanical properties of the components of the heart (Wu et al., 1996; Timms et al., 2005; Taylor and Miller, 2012). Some cardiac simulators utilize ex vivo heart tissue to realistically recapitulate the anatomy and flow response (Vismara et al., 2016; Leopaldi et al., 2012), but the shelf-life of freshly explanted tissue without any chemical preservation or perfusion is limited to approximately 4 h. A new class of in vitro cardiac simulators use chemically preserved explanted heart tissue to maintain anatomic fidelity (Park et al., 2020), but competent valves are required for utility as in vitro cardiovascular simulators for education and training. Therefore, we screened methods that would preserve valves, and ultimately surrounding intracardiac tissue, while ensuring their competency to enable physiological biomechanics and hemodynamics. Hence, there is an unmet need for tissue engineering techniques or chemical treatment methods for native tissues in order to; 1) extend their post-explant longevity, 2) enable practical use in mock-circulatory benchtop models, 3) retain biomechanical properties.
Tissue engineering techniques, such as decellularization via surfactants, can successfully produce tissue scaffolds with mechanical properties similar to native valves, but the resulting scaffolds require special storage conditions (e.g., 4°C, or slow cooling medium, etc.) for their long-term usage and may not be suitable for benchtop applications (Maghsoudlou et al., 2013; Urbani et al., 2017; Gupta et al., 2017). Chemically-induced crosslinking (e.g., through aldehydes or carbodiimides) subsequent to surfactant processing has also been reported to enhance the life-span and storage of the decellularized tissues (Liu et al., 2019) at room temperature. Although thin valve leaflets can easily be decellularized and crosslinked with immersion techniques, successful decellularization of a whole heart requires complex perfusion bioreactors (Guyette et al., 2014).
Human cadaveric heart specimens, which are often chemically treated with formaldehyde, are commonly available in medical schools but stiffen due to crosslinking and are rendered immobile, limiting their use to demonstrating gross heart anatomy and preventing them from being reanimated in mock loops. Chemical preservation of valves utilizes aldehyde-based fixatives which alter the mechanical properties of aortic valve leaflets, hence affecting the function of the valves, and thus the biomimicry of any simulator in which they are installed (Christie, 1992). Glutaraldehyde-fixed leaflets have been reported to be about 100 times stiffer than native leaflets (Talman and Boughner, 1995). Therefore, we screened methods that would restore the mechanical properties of previously preserved valves, and ultimately surrounding intracardiac tissue, while ensuring their competency to enable physiological biomechanics and hemodynamics.
In this study, we compare fixation via formaldehyde and decellularization via surfactants. We limit the scope to aortic valve leaflets and specifically examine treatment effects on the multiscale structure and mechanical properties. We hypothesize that a combination of aldehyde-fixation followed by surfactant-based decellularization may preserve the mechanical properties of native aortic leaflets for use in high fidelity mock circulatory loops and cardiac simulators. For this work, formaldehyde crosslinking has been chosen over glutaraldehyde owing to 1) faster crosslinking, 2) availability of formaldehyde-fixed cadaveric hearts in hospitals and medical schools, and 3) fewer concerns of formaldehyde induced toxicity for in vitro applications. Many studies have investigated surfactant-based decellularization involving ionic (e.g., sodium dodecyl sulfate, sodium deoxycholate), non-ionic (e.g., Triton X-100), and a combination thereof (Luo et al., 2019; Zhou et al., 2010). For our purposes, we selected a combination of ionic sodium deoxycholate (SD) and a non-ionic surfactant (Triton X-100) to restore the mechanical function of fixed valves due to superior efficiency in cell removal and matrix preservation over other techniques (Kasimir et al., 2003; Luo et al., 2019). Herein, we assess the impact of SD/Triton X-100 decellularization on formaldehyde-fixed valvular leaflets and compare the mechanical properties of the resulting leaflets with their native counterpart. Furthermore, the effects of surfactants on the micromechanics and morphology of fixed valves were evaluated with Fourier transform infrared spectroscopy (FTIR) and scanning electron microscopy (SEM) and compared with native porcine valves. Next, a physiologically relevant left heart cardiac simulator was custom-built to house the chemically treated aortic valves and their hemodynamic performance was compared to native, fixed, and decellularized valves. At present, cardiac hemodynamics and biomechanics are mainly taught using textbooks and computational models (Mittal et al., 2016). Here, we identify a process that may enable realistic recapitulation of valve function on the bench which enables hands-on cardiac biomechanics education. These chemical treatment techniques have the potential to preserve biomimicry and biomechanics of aortic leaflets while extending their shelf-life so they can be installed in cardiac simulators as an educational or research tool.
MATERIALS AND METHODS
Treatment of Porcine Aortic Valves
Fresh porcine hearts with intact ascending aorta were purchased from Sierra for Medical Science Inc., (California, United States). A 3 cm long segment of the aorta with valves attached at the annulus was dissected from the hearts. Before processing, valves were thoroughly washed with 1X phosphate-buffered saline (PBS) of pH 7.4 to remove all blood and blood clots. For aldehyde-based fixation, the explanted aortic valves (n = 3) were submerged in 200 ml of 10% Neutral-buffered Formalin (Sigma Aldrich) over a gentle shaker for 18 h at 25°C and thoroughly washed in 1X PBS thereafter. For decellularization, the explanted valves (n = 3) were treated in a 200 ml mixture of 5% (or 10% for increased surfactant concentration) w/v Sodium Deoxycholate (Sigma Aldrich) and 5% (or 10% for increased surfactant concentration) w/v Triton X-100 (Thermo Fisher Scientific) in 1X PBS over gentle shaking for a total of 48 h at 25°C. The solution was refreshed after 24 h during decellularization. For the combination of fixation and decellularization, the valves were first fixed in formaldehyde followed by the surfactant-based decellularization as mentioned above. The fresh, formaldehyde-treated, decellularized aortic valves, and those that were decellularized after fixation are referred to as “native”, “fixed”, “decel”, and “fixed-decel” respectively throughout the text. Two different concentrations of 5 and 10 w/v% of the surfactants were used and referred to as “fixed-decel 5%” and “fixed-decel 10%”, respectively.
Fourier Transform Infrared Spectroscopy
Dried fresh (n = 3) and chemically-treated porcine aortic valves (n = 3) were studied using infrared spectroscopy in Attenuated Total Reflection mode using a Thermo Fisher FTIR6700 Fourier Transform Infrared Spectrometer. Data were acquired at a resolution of 4 cm−1 with 64 scans and a scan range of 4,000–500 cm−1.
Scanning Electron Microscopy
Fresh (n = 3) and chemically treated valves (n = 3) were immersed in 2.5% glutaraldehyde for 1 h, dehydrated with ethanol, and then dried for 12 h before embedding in paraffin wax for cross-sectional evaluation. Prior to imaging with a scanning electron microscope, the samples were sputter-coated (50 nm) with gold. Images were acquired by Zeiss Merlin high-resolution electron microscope at an acceleration voltage of 1 kV and a working distance of 4–6 mm.
Mechanical Performance
The valve leaflets were cut from fresh and chemically treated aortic segments. The leaflets of each type of valve (n = 3) were stretched uniaxially in the radial direction at a rate of 10 mm min−1 using an Instron 5944 mechanical tester equipped with a 2-kN load cell. Prior to testing, the thickness and size of each leaflet were measured using a micrometer and vernier caliper respectively to calculate stress and strain from the recorded force vs. displacement data. From literature, it is evident that the strength of an aortic valve leaflet is weaker in the radial direction than circumferential. Testing in the weaker (i.e., radial) direction was performed as it represented the worst case condition for cyclic hydrodynamic testing.
Hydrodynamic Assessment
A mock circulatory loop representing the left heart circulation was built in-house for hydrodynamic evaluation of the aortic valves. A pulsatile pump (Harvard Apparatus, United States) was connected to the loop to create a pulsatile flow at 60 beats per min under physiological conditions at a cardiac output of 3.6 L min−1. The aortic valve was sutured on a sewing ring on a 3D-printed adaptor and mounted onto the circuit. Hydrodynamic parameters were measured in real-time using pressure sensors (PendoTECH) before and after the valve and an ultrasonic flow probe (Transonic) placed after the valve and connected to a T420 multi-channel research console (Transonic). An endoscopic camera (NIDAGE wireless) was used to record real-time valve function and leaflet motion. Sensor output was acquired for approximately 10 beats per sample using PowerLab (ADInstruments). A total of three samples were used for each valve type except for the mechanical valve. Only one specimen was used for mechanical valve due to its high repeatability and robustness.
Statistical Analysis
All data are presented as mean ± Std Dev, with n = 3, unless stated otherwise. The p-values (*p < 0.05) are calculated using one-way ANOVA with Tukey correction in Origin Pro 2019 (64-bit) and ns denotes no statistical difference.
RESULTS
Micromechanics and Surface Characterization of Valve Leaflets
Aortic valves function in a mechanically demanding environment that requires micromechanical remodeling of the leaflet tissue. Explanted valves require chemical treatments to match the inherent mechanical properties of the native valvular tissue. Among various chemical treatments, aldehyde-based fixation is considered the gold standard but causes the aortic valves to stiffen and mechanically deform (Figure 1A). Decellularization is an alternative technique but results in a weak scaffold that is prone to material failure. In this study, we have adopted a combination of aldehyde-based fixation and surfactant-based decellularization to yield mechanically strong yet soft leaflets that mimic the native valves closely (Figure 1A). The native leaflets are thin, flexible, and mainly comprised of collagen and elastin fibers. The collagen fibers are corrugated and arranged in the circumferential direction whereas elastin fibers are positioned in the radial direction (Figure 1B). During diastole, continuous stretching of elastin occurs which causes the initially crimped collagen fibers to uncrimp from a wavy configuration to straight. To detect any conformational and structural alterations in the collagen and elastin fibers due to various chemical treatments, Fourier Transform Infrared Spectroscopy (FTIR) was performed. The overlay of FTIR spectra of treated and control samples showed no new absorption peaks but detected changes in peak intensity and positions (Figure 1C). The wide band from 3,500 to 3,200 cm−1 corresponds to the symmetric and asymmetric stretching vibrations of -OH and -NH functional groups. The wide peak intensity was reduced by 85% for fixed samples, indicating covalent interactions of amine and hydroxyl groups through aldehyde crosslinking. The asymmetric and symmetric -CH2 stretching bands from elastin and collagen structures are located at 2,950–2,850 cm−1. The absence of an aldehyde characteristic peak in fixed and fixed-decel samples at 1730 cm−1 indicates that no free aldehyde groups are present, and leaflets have been washed thoroughly. The 40% increase in the intensity of amide I (−CO-NH− I) and amide II (−CO-NH− II) peaks at 1,630 cm−1 and 1,550 cm−1 for fixed-decel samples indicates the conformation and orientation changes in the secondary protein’s structure of collagen and elastin as compared to fixed groups.
[image: Figure 1]FIGURE 1 | Overall scheme and study design. (A) Porcine aortic valves are explanted and either chemically crosslinked with fixative formaldehyde (fixed), or decellularized with surfactants Triton X-100/sodium deoxycholate (decel) or treated with a combination of fixative and surfactants (fixed-decel) to optimize the biomechanical properties. Digital photos of the cut leaflets show that decel and fixed-decel groups were discolored due to the removal of cell and related membrane proteins by the surfactants. Fixed leaflets appear to be distorted in shape relative to the native valve and the original shape was recovered when fixed leaflets were decellularized (fixed-decel). (B) Digital pictures and a cross-section schematic of an aortic valve showing composition and orientation of collagen and elastin fibers in different layers during systole and diastole. (C) Fourier Transform Infrared Spectroscopy (FTIR) spectra indicate the peak intensity and location of characteristic chemical groups.
FTIR surface characterization is also supported by the morphology of the valvular leaflets (Figure 2). The crimping of collagen and elastin fibers is observed in the case of fixed samples when imaged under a scanning electron microscope from the surface (Figure 2B). No obvious difference in pore size was observed for native, decel, and fixed-decel groups (Figures 2A,C,D). The decel group showed thinner fiber structures and loose surface texture when compared to native valves (Figure 2D). This is likely due to detergent-mediated solubilization and dissociation of cell membranes. Cross-sectioned morphology exhibits that the fibers in the fixed group are much more tightly packed than the fixed-decel samples (Figures 2F,G). The increased porosity in fixed-decel samples could be attributed to the solubilization of membrane proteins by surfactants. SEM also confirmed that the cells were removed from the decel group, therefore causing the collagen fibers to loosen to a porous structure (Figure 2H).
[image: Figure 2]FIGURE 2 | Surface characterization using scanning electron microscopy (SEM). (A–D) SEM micrographs showing the morphology of leaflets from the surface. (E–H) Micrographs showing cross-sectional morphology of leaflets that have been fixed, decellularized, and a combination thereof including the native control. The scale bar is 10 µm for all.
Combination of Fixation and Decellularization Yields Native Tissue-Mimicking Mechanical Properties
Due to the circumferential orientation of collagen fibers, leaflets are stiffer in the circumferential direction than the radial while exhibiting more extensibility in the radial direction. To compare the mechanical properties of chemically-treated leaflets with native, a uniaxial tensile test was performed in the radial direction (Figure 3A). Prior to mounting the samples in a mechanical tester, the thickness of each leaflet was measured with a digital micrometer. The thickness of fixed specimens increased by 67% whereas it decreased by 45% for decellularized samples when compared to native aortic valves (Figure 3B). The combination of fixed and decellularization resulted in a thickness comparable to the native tissue. As the weight of surfactants for decellularization was increased from 5 to 10%, a further reduction of 16% was noted in the mean value of thickness for fixed-decel groups, although it is not statistically significant according to one-way ANOVA with Tukey correction. Fixed samples have the highest ultimate stress of 755 ± 17 kPa which is significantly higher than the native porcine aortic valves 677 ± 36 kPa (Figure 3B). Combination of fixation and decellularization yielded ultimate stress of 683 ± 44 kPa and 640 ± 54 kPa for 5 and 10% surfactant concentration, respectively. Decellularization alone reduced the maximum stress at the failure to 538 ± 29 kPa, which is significantly weaker than native leaflets. Similar trends were observed in the modulus of elasticity (calculated under 5% strain levels) where fixation alone resulted in significantly stiffer (1.4 ± 0.09 MPa) samples as compared to native tissue (1 ± 0.05 MPa) (Figure 3C). Fixed-decel groups yielded an elastic modulus of 1.2 ± 0.2 MPa and 1 ± 0.08 MPa for 5 and 10% surfactant concentration respectively, both of which matched closely (p > 0.05; one-way ANOVA with Tukey correction) with native tissues. Decellularized groups exhibited the lowest modulus of elasticity 0.8 ± 0.02 MPa. There is no statistically significant difference between the ultimate strain of native aortic valves 120 ± 8% to that of fixed-decel 124 ± 6% and 119 ± 7% for 5 and 10%, respectively (Figure 3C). Fixed samples exhibited ultimate tensile strains of 94 ± 5%, which is 1.3 times lower than the native group. Ultimate stress and elastic modulus are plotted for a two-dimensional comparison of chemically treated groups with native control (Figure 3D). An overlap in the mechanical properties was observed for fixed-decel samples whereas the pristine decel and fixed samples showed a contrasting difference in comparison to native leaflets. From the data above, it can be concluded that the combination of fixation and decellularization techniques matches the mechanical properties of native aortic tissues whereas the controls of fixation and decellularization alone are either too stiff or weak.
[image: Figure 3]FIGURE 3 | Evaluation of mechanical properties. (A) Set up of uniaxial tensile test performed in the radial direction. (B) Comparison of leaflet thickness and maximum stress at failure (C) Comparison of elastic modulus (i.e., stiffness) and maximum strain at failure. (D) two-dimensional comparison (Elastic modulus vs. ultimate stress at break) of mechanical properties among fixed, decellularized, and a combination thereof, including the native control groups. Data presented as mean ± Std. Dev., n = 3, p-values are calculated using one-way ANOVA with Tukey correction, *p < 0.05 in Origin Pro 2019 (64-bit); ns denotes no statistical difference).
Hydrodynamic Assessment of Chemically Treated Aortic Valves
For evaluating the hydrodynamic performance of chemically treated aortic valves, we built a benchtop setup with a pulsatile mock circulatory loop mimicking the left heart circulation (Figure 4A). Along with the anatomically accurate aortic valves, our custom-built flow setup houses a reservoir to store the fluid, a compliance chamber to mimic the aortic compliance, and a pulsatile pump to displace fluid at physiologically relevant ventricular stroke volumes (SV) and heart rates. Left ventricular (0–120 mmHg) (LVP) and aortic (60–120 mmHg) pressure (AoP) conditions are simulated by controlling the resistance valves in the flow circuit. Two pressure sensors were placed before and after the valves to acquire the real-time pressures during valve performance testing. A flow probe was placed downstream of the aortic valve to record any changes in the forward and backward flow. The recorded left ventricle and aortic pressures and flow for native porcine valves at 60 bpm and SV of 60 ml over a few cardiac cycles are shown in Figures 4B,C. Based on LVP and AoP readings, the mean transvalvular systolic pressure gradients for native porcine valves were calculated and plotted in Figure 4D. Aortic flow data was used to calculate the regurgitation %, which represents the ratio of the regurgitant volume and the stroke volume, expressed in percentage. An endoscopic camera records the real-time leaflet motion during systole and diastole phases (Figure 4E, Supplementary Video S1). Normalized orifice area determines the ratio of the geometrical opening area of the valves at peak systole and the cross-sectional area of the attached aorta. The geometrical opening area of the valves was calculated using ImageJ (Abràmoff et al., 2004) from the recorded endoscope camera videos. The representative images in Figure 4E and Supplementary Video S1 qualitatively compare the opening (during systole) and closing (during diastole) of chemically treated valves relative to the native/fresh aortic valve and a mechanical St. Jude valve. The aldehyde-based crosslinking continues over time, and treated tissues turn stiffer with age (Sacks and Liao, 2018). In order to account for the stiffening of fixed valves with time, we included an additional control group comprising of one-year-old fixed aortic valves. As seen in Figure 4E, the fixed valves turn stiff and do not completely close at diastole. The mechanically deformed area related to the partial closure is highlighted by red dotted circles, which is more apparent in the one-year-old samples. When the fixation was combined with decellularization for the same valves, no gaps were visible between the valve leaflets during diastole (Figure 4E). Mean transvalvular pressure gradients (ΔP) also support this observation and ΔP required for complete closure are significantly different in the case of chemically-treated valves relative to the native (Figure 4F). The recorded ΔP for fixed and decel groups are 4.6 ± 0.4 and 2.8 ± 0.3 mmHg, respectively which are statistically different (p < 0.05; one-way ANOVA with Tukey correction) when compared to native 3.7 ± 0.4 mmHg and fixed-decel 3.9 ± 0.3 mmHg groups. One-year-old (y/o) formaldehyde-fixed groups exhibited an ΔP of 13.0 ± 1.8 mmHg, which was reduced to 8.0 ± 0.6 mmHg when followed by decellularization. Fixation after decellularization clearly reduced the transvalvular pressure gradients relative to fixed groups, but no significant differences (p > 0.5) were noted in the normalized orifice area opening at peak systole of fixed vs. fixed-decel groups (Figure 4G). However, owing to the synergistic effect of reduced stiffness and ultimate strain (Figure 3C) for fixed-decel versus fixed groups, complete closure of fixed-decel groups was observed at peak diastole relative to fixed groups (Figure 4E). This observation is also in line with the regurgitant flow calculations (Figure 4G). The fixed groups showed the highest regurgitation of 15 ± 2% which was lowered to 6 ± 0.9% for fixed-decel groups that match closely with native 5.7 ± 1% groups (Figure 4G).
[image: Figure 4]FIGURE 4 | Hydrodynamic assessment. (A) Custom-built benchtop setup with a pulsatile mock circulatory loop representing left heart circulation. (B,C) Representative pressure and flow waveforms for native aortic valves at 60 bpm and cardiac output of 3.6 L/min. (D) Representative transvalvular pressure gradients for native valves over a few cardiac cycles. (E) Digital images were captured using an endoscope camera for different groups of aortic valves at peak systole and diastole. (F) Comparison of mean transvalvular pressure gradients (ΔP) among fixed, decellularized, and a combination thereof, including the native and commercially available mechanical (St. Jude) control groups. (G) Comparison of regurgitant flow and opening orifice area at peak systole. Data presented as mean ± Std Dev, p-values are calculated using one-way ANOVA with Tukey correction, *p < 0.05 in Origin Pro 2019 (64-bit), ns denotes no statistical difference. LA = left atrium, LV = left ventricle, MV = mitral valve. Decel = decellularized.
DISCUSSION
In this work, we have demonstrated that hemodynamic function and biomechanical properties of formaldehyde-fixed aortic valve tissues can be improved when treated with a combination of sodium deoxycholate (SD)/Triton X-100 surfactants. We have compared several chemical treatment methods on explanted porcine aortic valves and evaluated microscopic and macroscopic features of each treatment with a primary focus on mechanical function. Our results show that the decellularization process lowers the ultimate strength and elastic modulus of aldehyde-fixed valve leaflets. This reduction in mechanical strength (i.e., ultimate stress and elastic modulus) of the fixed tissues may be attributed to 1) modification of structural components, such as collagen and/or elastin fiber rearrangements (Figure 2), 2) solubilization and dissociation of cell membranes by the detergents (Figure 1C), or 3) a combination thereof.
The resulting valves with biomimicking mechanical properties can be directly employed in cardiac simulators for educational and training purposes, as shown in our left heart pulsatile flow loop equipped with real-time hydrodynamic readings and intravascular imaging. Using this technique to restore the mechanics of preserved tissues can potentially be extended to high-fidelity physical heart simulators with utility in medical education or procedural planning. For instance, human cadaveric heart specimens, which are commonly used in anatomy labs in medical schools to teach gross anatomy (James et al., 2019), may be restored to have competent valve function and attached to a mock circulatory loop. Further, the preserved hearts can potentially be reanimated using a biohybrid approach (Park et al., 2020) to produce an interactive, beating heart model which would complement the current educational tools with an enhanced learning and training experience. In the future, this technique can potentially be employed for building accurate in vitro prototypes to experimentally validate computational models, such as fluid-structure interaction with dynamic function of the aortic valve (Dumont et al., 2004) or for device testing and procedural planning purposes.
Several limitations of the current study should be noted—1) the panel of treatment options did not include decellularization followed by fixation, which is commonly used for bioprosthetic valves made from pericardium for implantation but was excluded from our work as we wish to extend the treatment process to the whole heart, including the vessels and myocardial tissue, ideally without using reperfusion bioreactors for ease of manufacturability; 2) for a proof-of-concept, we selected one protocol for decellularization (i.e., the combination of SD and Triton X-100) and our current study lacks a detailed comparison of the several other alternative decellularization methods described in the literature; 3) since this work focuses on restoring native valve mechanical properties in aldehyde-fixed valves for benchtop applications, the degree of cell removal has not been assessed. Before adaptation of this work for any in vivo or tissue engineering application, detailed characterization on cell removal and toxicity is required; 4) preliminary hydrodynamic testing use water which does not mimic the density and viscosity of blood. A monoethylene glycol-based blood-mimicking fluid as described in our previous work (Singh et al., 2021) could improve the hydrodynamic accuracy; 5) since the valves were manually sutured to an adaptor to align them normal to the flow circuit, the natural annulus size and tension applied to the leaflets may have been altered, potentially leading to variability in the normalized orifice area; 6) preliminary hydrodynamic testing does not include the fatigue performance of the valves under pulsatile physiological loading and is part of our future work.
In conclusion, we find that a surfactant-based decellularization technique can restore the native biomechanical properties of aldehyde-fixed aortic valves. The ability to retrospectively decellularize fixed valves and reanimate them in benchtop simulators to recapitulate biomechanics has utility in cardiovascular education, training, and research.
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The absence or damage of a tissue is the main cause of most acute or chronic diseases and are one of the appealing challenges that novel therapeutic alternatives have, in order to recover lost functions through tissue regeneration. Chronic cutaneous lesions are the most frequent cause of wounds, being a massive area of regenerative medicine and tissue engineering to have efforts to develop new bioactive medical products that not only allow an appropriate and rapid healing, but also avoid severe complications such as bacterial infections. In tissue repair and regeneration processes, there are several overlapping stages that involve the synergy of cells, the extracellular matrix (ECM) and biomolecules, which coordinate processes of ECM remodeling as well as cell proliferation and differentiation. Although these three components play a crucial role in the wound healing process, the ECM has the function of acting as a biological platform to permit the correct interaction between them. In particular, ECM is a mixture of crosslinked proteins that contain bioactive domains that cells recognize in order to promote migration, proliferation and differentiation. Currently, tissue engineering has employed several synthetic polymers to design bioactive scaffolds to mimic the native ECM, by combining biopolymers with growth factors including collagen and fibrinogen. Among these, decellularized tissues have been proposed as an alternative for reconstructing cutaneous lesions since they maintain the complex protein conformation, providing the required functional domains for cell differentiation. In this review, we present an in-depth discussion of different natural matrixes recently employed for designing novel therapeutic alternatives for treating cutaneous injuries, and overview some future perspectives in this area.
Keywords: acellular extracellular matrix, wound healing, extracellular matrix proteins, extracellular matrix remodeling, tissue scaffolds, extracellular matrix (ECM)
INTRODUCTION
Tissue engineering involves the use of stem cells, scaffolds and biochemical cues that elicit the cell response required to repair or regenerate specific tissues. Stem cell differentiation is regulated by different biomolecules and mechanical signals that are present in the extracellular microenvironment, known as the extracellular matrix (ECM), including transcription factors and structural proteins produced by cells (Cho et al., 2019). This ECM is being constantly remodeled, depending on the stage of stem cell differentiation: commitment, determination, or maturation. Also, the proteins, glycosaminoglycans and proteoglycans found in the ECM, along with ECM stiffness, activate the intracellular signaling pathways that control cell fate (Hoshiba et al., 2016). Therefore, gaining more insight into the intricate ECM dynamics underlying stem cell behavior may unlock the door to novel and effective strategies to induce specific tissue regeneration.
Human skin is one of the most thoroughly studied organs, due to its vital role as a protective barrier, as well as its unique regenerative properties. In fact, upon injury, distinct and coordinated cell processes start to develop to support skin restoration (Nelson and Bissell, 2006). Particularly, normal wound healing includes four stages: inflammation, re-epithelialization, angiogenesis, and ECM remodeling (Becerra-Bayona et al., 2020). In each of these phases, several types of cells and multiple ECM components and cytokines are essential to properly restore the epidermis and dermis layers (Kim et al., 2018; Tan et al., 2019). For instance, fibroblasts have a relevant role during ECM remodeling by producing collagen and other ECM proteins that allow for dermis maturation (de Mayo et al., 2017). Also, homeostasis and adequate levels of specific proteins are required in each of the wound healing stages to avoid fibrosis and scarring (Dai et al., 2020). When scarring occurs, the conformation of the new skin may differ from that of the native tissue. Similarly, chronic wounds are the consequence of an abnormal healing process in which the healing stages did not take place in the correct order, and one or more stages were not completed. Thus, for cases in which normal skin restoration has been disrupted, several treatment options have been developed to promote and accelerate wound closure (Tracy et al., 2016).
In this sense, several tissue engineering approaches have focused on understanding the effect of scaffold biochemical properties as well as scaffold structure (at the micro and nano levels) on stem cell behavior, towards promoting fast wound closure and, thus, functional skin regeneration (Hoshiba et al., 2016). Specifically, scaffolds provide a microenvironment that resembles that of native tissue (epidermis or dermis), which favors cell migration, angiogenesis, proliferation, differentiation, and ECM production during wound repair (Xu et al., 2021). Nonetheless, advanced alternatives are required when damage to the dermis occurs, since current clinical techniques such as antibiotics, debridement, negative pressure devices, and dressings (de Mayo et al., 2017), fail to provide an effective solution. In this scenario, wound closure is more difficult to achieve, given that the repair process takes place in an asynchronous or discontinuous pattern. This results in ECM instability in the chronic wound, because of the presence of a permanent inflammatory environment and an imbalance between proteolytic enzymes and protease inhibitors, yielding high amounts of matrix metalloproteinases (MMPs) that destroy the regenerated ECM ((Choi et al., 2013). In this context, different skin substitutes for ECM replacement are commercially offered, which are fabricated from autologous, allogenic, and xenogeneic sources (Table 1) (Valacchi et al., 2012; Tracy et al., 2016; Goodarzi et al., 2018; Dai et al., 2020). Regarding autografts, their use reduces rejection outcomes, but harvesting is limited and may cause pain and infection in the donor site. For their part, allografts and xenografts can overcome these limitations, but they may lead to immunological rejection and disease transmission (Song et al., 2017)). Consequently, the need to advance existing skin substitutes is compelling, towards developing novel alternatives for engineering biomimetic wound dressings that not only promote skin regeneration through ECM production and cell attachment, but also maintain a moist environment while avoiding inflammatory responses (Kirsner et al., 2015; Kim et al., 2018).
TABLE 1 | Summary of several commercially available treatments for wound regeneration.
[image: Table 1]Over the last few decades, decellularized ECM (dECM) obtained from various human and animal tissues has been employed for burn treatment and surgical reconstruction (Table 1) (Wainwright, 1995). A growing body of research indicates that dECM guides wound healing progression by coordinating cell phenotype and ECM protein production by, for example, modulating the pro-inflammatory and anti-inflammatory macrophage phenotypes (M1 and M2, respectively), which release cytokines for cell homing and induce tissue remodeling, respectively (Mosser and Edwards, 2008; Rodero and Khosrotehrani, 2010). In this context, Dziki et al. reported that decellularized tissue from small intestinal mucosa, urinary bladder, brain, esophagus, and colon generated M2-macrophage phenotypes, while decellularized dermis promoted M1-macrophage phenotype. On the other hand, the authors showed that ECM derived from skeletal muscle and liver had no remarkable effect on macrophage response (Dziki et al., 2017), demonstrating that dECM effectiveness on acute and chronic wounds depends on its physical, biological, and chemical features, which may differ based on the tissue source and decellularization technique that are used (Milan et al., 2020). Similarly, other authors have reported that dECM influences fibroblast and myofibroblast differentiation by modulating collagen production and induces angiogenesis by promoting endothelial cell migration (Wang et al., 2021a). Therefore, the main goal of this review was to provide a comprehensive analysis of the natural ECM remodeling processes that take place during wound healing, highlighting the importance of the intricate interplay among several ECM elements, without which proper skin regeneration would not be possible. Thus, dECM and dECM-derived scaffolds are discussed as promising tools for the design of skin substitutes that more accurately resemble the biochemical and mechanical complexity of native ECM.
SKIN STRUCTURE AND WOUND HEALING PROCESS
Skin is a vital and complex organ, due to its multifaceted role as a temperature regulator as well as a physical, chemical, and microbiological barrier that protects the host from external harm (Kanitakis, 2002). In addition, the intricate network of immune cells that resides within this tissue is crucial for host defense and tissue homeostasis (Nguyen and Soulika, 2019). Skin is made up of three layers: epidermis, dermis, and hypodermis (subcutaneous layer). The epidermis is the outermost layer of skin that: 1) prevents microbes, fungi, viruses, toxins, allergens, and irritants from entering the body, 2) absorbs ultraviolet radiation, 3) reduces damage by mechanical forces, and 4) regulates moisture content in the body as well as ion and metabolite loss (Eckhart and Zeeuwen, 2018). Keratinocytes are the most abundant cells in the epidermis (approximately 90%), defining its structure and forming the cornified cell layers that are in direct contact with the environment. The rest of the epidermis is made up of melanocytes, Langerhans cells, and Merkel cells, being the entire cell population distributed throughout several layers, depending on the morphology and biological functions of keratinocytes (Yousef et al., 2021).
The dermis is the mesenchymal component of skin, which is separated from the epidermis by the basement membrane and represents the inner layer of skin between the epidermis and the hypodermis (Rippa et al., 2019). It accounts for approximately 90% of the weight of skin, constituting the foundation of this organ (Nourian Dehkordi et al., 2019). The dermis is a connective tissue composed of ECM, vascular endothelial cells, and fibroblasts, along with adipose glands, sweat glands, hair follicles, blood vessels, and nerve endings. Fibroblasts are the main dermal cell population, and their primary role is to produce collagen and elastin, which confer mechanical strength and elasticity to the skin. Also, the dermis comprises two structurally different layers: the papillary and reticular layers. The papillary layer is located closer to the skin surface and is organized into cords, which are called dermal papillae and contain nerve endings and microvascular vessels that are fundamental for nourishment and innervation. For its part, the reticular dermis is separated from the papillary layer by a subpapillary plexus (Rippa et al., 2019). Finally, the hypodermis is the deepest layer of the skin, consisting of loose connective tissue, fat-storing cells, blood vessels, and nerves. This tissue is especially rich in proteoglycans and glycosaminoglycans that support water retention within the tissue (Wong et al., 2016).
Normal Wound Repair Process
Wound healing is a complex and highly regulated biological process that is critical for maintaining the barrier function of skin. It includes four stages that are interrelated and suggest a continuum process: hemostasis, inflammation, proliferation, and remodeling (Figure 1). These involve the delivery of different cell types, chemokines, cytokines, growth factors, matrix molecules, and nutrients to the wound site.
[image: Figure 1]FIGURE 1 | Wound healing process. Once the wound is formed, inflammatory cells produce different cytokines and growth factors that promote cell migration and proliferation as well as ECM formation and remodeling. Created with BioRender.com.
Hemostasis Phase
The first response to a skin wound is vasoconstriction of the injured blood vessels to stop the bleeding; this phase lasts 2–3 h. Next, primary and secondary hemostasis occur via two concurrent and mechanistically intertwined pathways (Chaudhry et al., 2021). Primary hemostasis includes platelet adhesion, activation and further aggregation caused by exposure of subendothelial matrix proteins (collagen, von Willebrand factor, and fibronectin), which ultimately results in the formation of a plug at the damaged site. Multiple receptors on the surface of platelets are involved in these adhesive interactions (e.g., GPIb-IX-V, GPVI, and G protein coupled receptors), which are targeted by multiple adhesive proteins (Gale, 2011).
Moreover, secondary hemostasis refers to the activation of the coagulation cascade through which soluble fibrinogen is converted to insoluble strands that make up the fibrin mesh. The platelet plug and the fibrin mesh combine to form the thrombus, which stops the bleeding, release complements and growth factors, and provide a temporary scaffold for cell infiltration during wound healing (Gale, 2011). Secondary hemostasis includes two main coagulation pathways, extrinsic and intrinsic. The extrinsic coagulation pathway occurs when the vascular system is injured and the blood is exposed to extravascular tissues, which are rich in tissue factor (TF), a cofactor for the serine protease factor VIIa (Kirchhofer and Nemerson, 1996). The TF and factor VIIa complex activate factor X and factor IX. Factor IXa also activates factor X, in the presence of its cofactor, factor VIIIa. Likewise, in the presence of its cofactor, factor Va, factor Xa then activates prothrombin to generate thrombin (Dahlbäck, 2000). Thrombin is the central serine protease in the coagulation cascade, playing a critical role in several reactions (Lane et al., 2005). For instance, thrombin cleaves fibrinogen to generate insoluble fibrin, triggers platelets via cleavage of PAR1 and PAR4 (Kahn et al., 1998), and is also responsible for positive feedback activation of coagulation, which is essential for clot propagation. Furthermore, the intrinsic coagulation pathway takes place when thrombin activates cofactors VIII and V, and factor XI, which then activates factor IX (Lane et al., 2005).
Similar to the coagulation cascade, fibrinolysis is tightly controlled by a series of cofactors, inhibitors and receptors (Collen and Lijnen, 1995). The role of the fibrinolytic system is to dissolve blood clots during wound healing and to prevent blood clot formation in healthy blood vessels (Gale, 2011). The fibrinolytic system is primarily composed of three serine proteases that are present as zymogens in the blood. Plasmin is the primary fibrinolysin and is activated from plasminogen by either of two primary serine proteases: tissue-type plasminogen activator (tPA), or urokinase-type plasminogen activator (uPA) (Chapin and Hajjar, 2015). Whereas tPA is synthesized and released by endothelial cells, uPA is produced by monocytes, macrophages, and urinary epithelium. Both activators have an exceedingly short circulation half-life (4–8 min) due to the presence of high concentrations of specific inhibitors, or serpins, which are also important to prevent excess amounts of unregulated activator (Travis and Salvesen, 1983). The most important serpins in fibrinolysis are plasminogen activator inhibitor-1 (PAI-1), plasminogen activator inhibitor-2 (PAI-2), and α2-antiplasmin (A2AP). When plasmin is bound to fibrin, however, it is protected from A2AP inhibition, allowing for fibrinolysis to proceed (Schneider and Nesheim, 2004). Other non-serpin plasmin inhibitors include α2-macroglobulin, C1-esterase inhibitor, and members of the contact pathway of the coagulation cascade, which also play minor roles in plasmin inhibition. Thrombin-activatable fibrinolysis inhibitor (TAFI) is a non-serpin attenuator that is activated by thrombomodulin-associated thrombin. TAFI is a carboxypeptidase that removes C-terminal lysine and arginine residues on fibrin, thereby decreasing the number of available plasminogen binding sites, slowing plasmin generation, and stabilizing clots (Broze and Higuchi, 1996).
Inflammation Phase
The inflammatory phase mainly involves the activation of the innate immune system so that neutrophils and monocytes rapidly migrate to the injury site. This phase in wound healing starts shortly after hemostasis is achieved and can last from hours to days in acute wounds, while in chronic wounds it can last for weeks or even months, because of the effects of the underlying disease. The primary goal of the inflammatory phase is to clear pathogens as well as foreign material from the wound and to contain the damage to a localized area (Wynn and Barron, 2010). Vascular permeability increases with vasodilation, allowing neutrophils and monocytes to identify the wound site (Han and Ceilley, 2017). A complex interplay of cytokines recruit neutrophils and monocytes to the wound area, culminating in monocyte conversion to macrophages, often thought of as the master regulator of this inflammatory phase of wound healing. Macrophages not only engulf and digest tissue debris and remaining neutrophils, but also secrete growth factors and cytokines that promote tissue proliferation and cell migration (Wallace et al., 2021).
Proliferation Phase
About 3 days after injury has occurred, the proliferative phase centers around fibroblasts and their production of collagen as well as the ground substance that will form the foundation of the tissue scaffold in the wound area. Meanwhile, endothelial cells initiate a rapid growth phase and angiogenesis occurs within the granulation tissue, creating a rich vascular network for the healing zone. The proliferative phase can last several weeks and is characterized by the formation of granulation tissue, re-epithelialization, and neovascularization. During this phase, fibroblasts start to lay down new collagen and glycosaminoglycans, which form the core of the wound and help stabilize it. Then, re-epithelialization starts with the migration of cells from the wound periphery and adjacent edges. Initially, only a thin superficial layer of epithelial cells is laid down, but a thicker and more durable layer of cells will bridge the wound over time (Rodrigues et al., 2019).
On the other hand, endothelial cell and fibroblast proliferation and migration support angiogenesis and new ECM formation, respectively. As the new ECM is reconstructed, the old matrix is degraded by proteases (MMPs). MMPs promote autolytic debridement and cell migration into wounds. The level of MMPs in wounds increases after tissue damage and decreases with remission of inflammation. Epithelial cells migrate from the edge of the wound, initiating epithelialization. Keratinocyte differentiation helps restore the barrier function of the epidermis. Next, neovascularization occurs through angiogenesis and vasculogenesis, which refer to the formation of new blood vessels from existing vessels and endothelial progenitor cells (EPCs), respectively. Once collagen fibers have been laid down on the fibrin framework, the wound starts to mature and contract, being the latter process supported by the continued deposition of fibroblasts and myofibroblasts (Wallace et al., 2021).
Remodeling Phase
The maturation or remodeling phase starts around week 3 and can last up to 12 months. Eventually, an eschar (scab) forms on the surface of the wound (Monavarian et al., 2019). During this phase, the ECM is constantly being reconstructed by myofibroblasts, and wound contraction is induced by the dense network of collagen microfilaments. At the same time, new components are secreted to increase matrix density and stability (Landén et al., 2016). Furthermore, the proportion of different types of collagens begins to change, as type I collagen proportion increases (80–90%), while collagen III proportion decreases (10–20%). The excess collagen degrades, and wound contraction also begins to peak at around week 3. Finally, after approximately 2–3 weeks, the wound transitions to a remodeling or maturation stage, in which collagen I levels are fully restored and the wound tissue matures, resulting in full cross-linking and restoration of a somewhat normal structure (Xue and Jackson, 2015). In addition to this, apoptosis reduces the density of myofibroblasts, creating room for fibroblasts, which further increases ECM mechanical resistance (Landén et al., 2016). Wound contraction occurs to a much greater extent during secondary healing, relative to the primary healing phase. The maximal tensile strength of the wound area is achieved after about 11–14 weeks, although it never fully reaches its normal, pre-injury mechanical state (only about 80% of the original tissue’s tensile strength is recovered) (Bowden et al., 2016).
Chronic Wound Healing
Chronic wounds develop when normal wound healing is delayed or disrupted by different underlying pathological mechanisms, such as continuous inflammation, persistent infections, and necrosis (Raziyeva et al., 2021). Besides, chronic wounds are associated with the impairment of the following processes: growth factor production, angiogenic response, macrophage differentiation, collagen production, epidermal barrier function, granulation tissue formation, keratinocyte and fibroblast migration/proliferation, and bone healing (osteomyelitis has been reported as a predictor of inadequate wound healing and amputation (Burgess et al., 2021)). Compared with normal wound healing, chronic wounds are characterized by changes in the healing phases, as follows: 1) during hemostasis, the hypercoagulability and the decrease in fibrinolysis are altered (Erem et al., 2005); 2) during the inflammatory stage, there is an imbalance of inflammatory cytokines such as interleukin (IL)-1 (IL1), IL6, tumor necrosis factor-alpha (TNF-α), and interferon gamma (IFN-γ), as well as several growth factors, such as platelet derived growth factor (PDGF), epidermal growth factor (EGF), and insulin-like growth factor 1 (IGF-1) (Pradhan et al., 2009); 3) fibroblast and keratinocyte migration and proliferation are diminished; and 4) an imbalance between the accumulation of ECM components and their remodeling by MMPs (Brem and Tomic-Canic, 2007) (Figure 2). Decreased cell migration results in deficient re-epithelialization of the chronic wound (Chen et al., 2016), which contributes to defective wound closure and decreased angiogenesis. All of these alterations affect the remodeling phase of wound healing (Santoro and Gaudino, 2005).
[image: Figure 2]FIGURE 2 | Chronic wound healing. Once the wound is formed, synergy among hemostasis, inflammation, proliferation, and remodeling phases are disrupted by different underlying pathological mechanisms. Abbreviations: MMPs: Matrix Metalloproteinases, TIMPs: Tissue Inhibitors of Metalloproteinases, ROS: Reactive Oxygen Species, ECM: extracellular matrix, IL-1: Interleukin-1, TNF-α: Tumor Necrosis Factor-Alpha, IL-17: Interleukin-17, IFN-γ: Interferon Gamma, IL-6: Interleukin-6. Created with BioRender.com.
THE ROLE OF EXTRACELLULAR MATRIX IN WOUND HEALING
Wound healing begins with a temporary ECM, which is mainly composed of fibrin, plasma fibronectin (FN), vitronectin, and platelets (Chester and Brown, 2017). FN is synthesized as a soluble form by hepatocytes, and it plays an important role in the early phase of wound healing (hemostasis), as it binds to platelets and fibrin, thereby increasing the strength of the fibrin clot (To and Midwood, 2011). As early as 2 days after injury, macrophages increase FN mRNA expression; similarly, granulation tissue fibroblasts begin to express FN proteins at about 7 days after injury (Barker and Engler, 2017). FN is a multidomain glycoprotein with a self-assembled domain that allows FN dimers to interact, producing a three-dimensional (3D) matrix through a process termed fibrillogenesis (Mao and Schwarzbauer, 2005). Given that FN has different binding conditions to different matrix proteins such as heparin, syndecan, and proteoglycans, it facilitates gradual protein and cell assembly within the matrix as healing progresses (Mao and Schwarzbauer, 2005). To mediate cell assembly, FN dimers bind to transmembrane integrin receptors, such as α5β1, while integrins link FN to the actin cytoskeleton through cytoplasmic domain interactions with cytoskeletal proteins (Wu, 1997; Wierzbicka-Patynowski and Schwarzbauer, 2003).
Another important protein in the ECM remodeling is tenascin-C, which is primarily produced by keratinocytes. This matrix protein binds to many extracellular elements, such as soluble factors, matrix proteins, and cells (through interactions with surface receptors) (Midwood et al., 2016). The expression of tenascin is a hallmark of inflammation, and it is present in areas with increased immune cell infiltration during the acute inflammation phase. Along with polymorphonuclear lymphocytes, tenascin is located at the inflamed human dermis, stimulating migration and activation of immune cells (Midwood et al., 2016). Tenascin-C stimulates the production of pro-inflammatory cytokines (TNF-α, IL6, and IL8) in macrophages and fibroblasts by activation of Toll-like receptor 4-mediated signaling pathways (Midwood et al., 2009). Moreover, tenascin-C is also found in new granulation tissue, promoting fibroblast migration and tissue reconstruction; however, its expression decreases at the end of the healing process, indicating that its activity is temporary (Mackie et al., 1988; Midwood et al., 2016).
As wound healing progresses, the role of collagen becomes more important during re-epithelialization, granulation tissue formation, and neovascularization. When granulation tissue formation starts, fibroblasts migrate and produce fibrillar collagen, which ends up replacing most of the temporary fibrin matrix (Bainbridge, 2013). Collagen I can induce keratinocyte migration, which initiates re-epithelialization, as well as keratinocyte secretion of MMPs that allow matrix remodeling (Guo et al., 1990). The appearance of collagen coincides with the early onset of vessel formation, since, for instance, collagens I and III contain von Willebrand factor (vWF) domains that have been shown to regulate bone morphogenetic protein, which promotes blood vessel morphogenesis (Manon-Jensen et al., 2016). Collagen V also has vWF domains, but in this case, this collagen has shown a relevant role in modulating fibroblast migration-proliferation and tissue contraction (Berendsen et al., 2006; Manon-Jensen et al., 2016). During the initial stages of healing, other types of collagens are also found, such as type VI, which has been shown to modulate macrophage adhesion in the healing site (Schnoor et al., 2008), as well as support ECM architecture during ECM deposition (Oono et al., 1993).
On the other hand, collagen VII, plays a role in fibroblast and keratinocyte migration, as its absence has been demonstrated to delay granulation tissue formation and re-epithelialization (Nyström et al., 2013). Collagen VII is the major component of anchoring fibrils at the dermal-epidermal junction, and thus, when it is not present in normal amounts, the skin’s resistance to frictional forces is reduced, which can be evidenced as skin blistering (Kiritsi and Nyström, 2018). Moreover, other types of collagens, such as type IV, are the structural foundation for all basement membranes and can be detected in the newly formed tissue after 8–21 days (Cosgrove and Liu, 2017). Collagen IV and laminin self-assemble into two independent supramolecular networks that are linked to nidogen and perlecan to form a morphological discernable basement membrane basal lamina (Mak and Mei, 2017).
Moreover, transmembrane collagen XVII is a highly dynamic modulator of in vivo proliferation and motility in activated keratinocytes during epidermal regeneration and is also involved in the anchorage of the epidermis to the underlying basement membrane (Löffek et al., 2014). Collagen XVII is an important part of the hemidesmosomal transmembrane component, modulating integrin-dependent keratinocyte migration via PI3K/Rac1 signaling, through stabilization of the lamellipodia at the leading edge of re-epithelializing wounds (Löffek et al., 2014). Collagen XVII is abundantly secreted in keratinocytes during re-epithelialization of acute wounds and its absence appears to lead to altered cell motility in the wound (Löffek et al., 2014). On the other hand, overexpression of collagen XVIII negatively affects wound healing, since it slows skin repair, inhibits vascularization, as well as decreases myofibroblast density (Seppinen et al., 2008). Thus, collagen regulation is essential for normal wound healing (Rousselle et al., 2019).
Furthermore, as wound healing progresses, other proteins become involved in the process. That is the case of laminin (LM). This matrix protein is a major constituent of the basement membrane separating the epithelium, mesothelium, and endothelium from connective tissue, and although there are 15 different types of LMs, only some have been fully identified during the healing process, such as LM511, LM521 and LM332. At the beginning of the epithelialization process, within hours of injury, LM332 is expressed by epidermal keratinocytes, inducing their migration. It should be noted that LM332 appears to be the first base membrane component laid down onto the wound bed, as its early expression precedes that of all other ECM components (Laplante et al., 2001). A LM322 domain such as LG45 plays a major role in regulating mechanisms underlying keratinocyte and ECM remodeling during wound repair. LG45 induces expression of the MMP-9 pro-enzyme, which together with MMP-14, exert proteolytic activity within epithelial podosomes, allowing cell scaffolding (Michopoulou et al., 2020). Moreover, LG45-derived peptides have antimicrobial activity and chemotactic activity in mononuclear cells, suggesting that this domain may also participate in host defense (Senyürek et al., 2014). On the other hand, LM511 and LM521 have been found to be related to epidermal regeneration; their expression and deposition on the base membrane increase after re-epithelialization is completed, and they have been suggested to be key factors in promoting keratinocyte differentiation as well (Pouliot et al., 2002; Sugawara et al., 2008).
In addition to this, during late stages of healing, perlecan or heparan sulfate proteoglycan 2 (HSPG2), is an essential protein for basement membrane assembly. It has a connective function, as it aids in creating molecular bridges that fit with cellular interactions (Hohenester and Yurchenco, 2013), orchestrating the binding and signaling of mitogens and morphogens to cells in a temporal and dynamic fashion (Lord et al., 2018). Perlecan acts as a reservoir for heparin-binding growth factors that accelerate keratinocyte migration and skin wound healing (Shirakata et al., 2005). Among other features, the degradation of perlecan during wound healing allows for a rapid introduction of mitogens and trophic factors that modulate the regenerative processes (Lord et al., 2018). Also, perlecan is located along with LM332 at the wound margin of full thickness wounds, which appears to indicate that it is closely related to base membrane remodeling (Yurchenco, 2015); thus, it has been suggested that perlecan plays a role in keratinocyte survival and terminal differentiation (Sher et al., 2006; Whitelock et al., 2008). Nidogens are another family of proteins involved in base membrane restoration, as they work as connecting bridges for other proteins, such as LM, heparan sulfate, proteoglycan and collagen IV (Aumailley et al., 1993), which provide the mechanical reinforcement required to maintain the cytoarchitecture of the skin (Breitkreutz et al., 2009).
On the other hand, structural proteins are abundantly expressed in response to injury. This is the case of thrombospondin (TSP), a protein produced by fibroblasts that can also be found in platelet α-granules (Kyriakides and Maclauchlan, 2009; Rousselle et al., 2019). TSP1 and TSP2 are crucial for developmental angiogenesis; however, while TSP1 is early induced in wound healing and participates in the activation of latent transforming growth factor beta 1 (TGF-β1), TSP2 expression occurs after resolution of the inflammatory phase and during granulation tissue remodeling. Moreover, TSP2 plays a key role in the controlled release of vascular endothelial growth factor (VEGF), as well as MMP-2 and MMP-9 during ECM remodeling (Maclauchlan et al., 2009). Similarly, osteopontin is a structural chemokine-like protein that acts as part of an intracellular signaling complex, taking a role in the formation of fibrous tissue (Icer and Gezmen-Karadag, 2018). It behaves as a cytokine, for example, as fibroblast chemoattractant, and it appears to be essential for fibroblast deposition of ECM components and collagen (Fujisawa et al., 2020), thus, playing a synergistic role with TSP (Rousselle et al., 2019).
For its part, osteonectin, also known as secreted protein acidic and rich in cysteine (SPARC), is a protein secreted by various types of cells, such as fibroblasts, endothelial cells, and platelets (Bradshaw and Sage, 2001), and its expression reaches the highest level during remodeling of the dermal ECM. SPARC participates in the regulation of cell adhesion, proliferation and matrix turnover, modulating the activity of growth factors and ECM, sequestering or releasing these factors according to the dynamic remodeling of the matrix (Motamed, 1999). Also, its mechanism of action is given by interconnection of different matrix proteins, including thrombospondin 1, vitronectin, entactin/nidogen, fibrillar collagens (types I, II, III, and V), and collagen IV, which allow for matrix reticulation (Brekken and Sage, 2000). Specifically, SPARC binds to PDGF and VEGF and decreases their mitogenic potency, due in part by its abrogation of growth factor–receptor interaction (Yan and Sage, 1999). In addition to PDGF, VEGF, and bFGF (basic fibroblast growth factor), SPARC can also modulate the activity of TGF-β, as seen in recent studies with SPARC-null mesangial cells, which allows it to regulate cell migration and differentiation during epithelialization in wound healing (Brekken and Sage, 2000).
Once wound closure is achieved, keratinocytes undergo stratification and differentiation to restore the natural barrier provided by the skin. Nevertheless, successful skin regeneration relies on the coordination of growth factors, cytokines, and chemokines, which must act in synergy with cells to modulate their behavior through specific cell surface receptors or ECM proteins (Davison-Kotler et al., 2019). It is important to note here that, although we have discussed a set of relevant proteins, there are additional proteins that are similarly involved in wound healing regulation.
DECELLULARIZED EXTRACELLULAR MATRIX
Tissue engineering and regenerative medicine involve the use of different synthetic and natural materials, which are frequently combined to produce composite scaffolds. In terms of natural materials, dECM from autologous or allogenic sources appears to be one of the most promising types of scaffolds (Porzionato et al., 2018), which can be used either alone or in combination with other biological components for preclinical and clinical applications. For implantation procedures, tissue decellularization is required to avoid the immune reaction and inflammation response that could be induced by the cells in the source tissue, which otherwise may cause implant rejection (Mendibil et al., 2020). ECM decellularization allows for the obtention of cell-free matrices with low immunogenicity, in which several bioactive components from the natural ECM are preserved, such as structural and specialized proteins, proteoglycans, collagen, elastin, and hyaluronic acid, as well as growth factors (Mendibil et al., 2020).
Decellularized ECM can be sourced from native organs from different species to provide the biological cues needed for cell homing (Badylak et al., 2009). Nevertheless, xenogeneic tissues may carry residual immunogenicity and be contaminated with biological agents. For these reasons, human allogeneic or autologous tissues are the ideal dECM source material, being also suitable for recellularization and implantation (Duda et al., 1999). In addition, human tissues/organs may be obtained from surgery or cadavers, and the resulting dECM may be crosslinked to improve its mechanical properties (Yang et al., 2020; Xu et al., 2021). In fact, the use of dECM from human tissues and organs such as cartilage (hyalin, articular, meniscal, laryngeal, tracheal, and nasoseptal), pericardium, blood vessels, corneas, bone, lung, and nerve have been previously reported (Tao et al., 2021).
In terms of decellularization techniques, a variety of approaches have been studied, which include chemical, physical, and biological treatments, as well as their combinations (Hoshiba et al., 2016; Crapo et al., 2011) (Table 2). Specifically, some common decellularization methods are: 1) chemical treatments (i.e., sodium dodecyl sulfate (SDS), sodium lauryl sulfate, ethylenedimine tetraacetic acid (EDTA), Triton X-100, and Tris-HCl); 2) enzymatic treatments, (DNases and RNases), which are frequently used and combined in multistep procedures, although some residual DNA may remain at the end of the treatment; 3) physical methods; 4) osmotic treatments; 5) tissue mechanical fragmentation (or pulverization); and 6) freeze/thaw cycles, which enable pore formation upon ice crystal formation within the tissue (Porzionato et al., 2018). The advantages and limitations of decellularization procedures have been previously discussed (Dussoyer et al., 2020), indicating that the abovementioned techniques can yield decellularized materials that maintain ECM composition levels similar to those of the source tissue, in addition to tissue architecture and 3D organization (Schenke-Layland and Nerem, 2011). In fact, acceptable dECM products can have residual amounts of DNA (up to 50 ng DNA per mg dry weight), preserve around 75% of the collagen component of the native ECM, and maintain natural ECM structure (Hsieh et al., 2020).
TABLE 2 | Summary of several available methods for tissue decellularization.
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TABLE 3 | Natural decellularized matrices for wound healing applications.
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Acellular Dermal Matrices
Acellular dermal matrices (ADMs) are considered artificial dermal substitutes that have been clinically utilized for treating chronic wounds, which are acellular full-thickness sections taken from donors, especially human cadavers or bovine/porcine skin, which are assessed for the presence of HIV, hepatitis, and syphilis (Dussoyer et al., 2020), and provide molecules that enhance cell attachment and neovascularization in wound surface repair (Wu et al., 2008). These features are usually enhanced by adding specific biological components to guide distinct cell responses within ADMs. For instance, Hsieh et al. optimized the decellularization of porcine skin with a formic acid treatment, and the resulted ADM was processed with pepsin to obtain hydrogels through pH and temperature control of the gelation process. These hydrogels were mixed with sacchachitin due to its chemotactic effect on inflammatory cells. The composite hydrogels promoted wound healing in full-thickness defects in rats after 14 days by facilitating angiogenesis, granulation tissue formation, and collagen deposition (Hsieh et al., 2020).
Similarly, the inclusion of exogenous hyaluronic acid (HA), which is commonly lost during decellularization, has shown the potential to modulate the production of collagen I and collagen III during ECM remodeling in wound healing (Zhao et al., 2013). In this sense, Zhoe et al. used a rabbit full-thickness wound model to observe the effect of HA-modified ADMs vs ADMs alone, showing that the former not only reduced scar formation and graft contraction because of its greater elasticity and anti-inflammatory properties, but also stimulated the expression of CD44 receptors, leading to a higher number of capillaries, compared to the ADM group. This may explain the therapeutic effects of HA on wound healing (Zhao et al., 2013). These findings are supported by the regulation of mRNA expression of cytokines during the inflammation phase, specifically, the downregulation of IL-1β and TGF-β1 as well as the upregulation of bFGF (Alemzadeh et al., 2020). In fact, overexpression of TGF-β1 may influence myofibroblast differentiation and cause prolonged acute inflammatory response, leading to excessive matrix deposition and exaggerated scar tissue formation (Jackson et al., 2012). That said, adequate coordination and progression of the phases in wound healing may be supported by the introduction of target motifs into ADMs.
Although it has been demonstrated that biologically modified ADMs have a more intensive action in skin repair, they inherently lack mechanical properties and have low resistance to enzymatic degradation, which limit their widespread use in the treatment of chronic wounds (Fernandez-Moure et al., 2016; Chen et al., 2019). The most common method to improve ADM mechanical strength is matrix crosslinking (Hu et al., 2013; Wang et al., 2021b; Xu et al., 2021), which may increase the time of tissue reconstruction, but provides longer-term structural integrity, thus, diminishing wound recurrence rate. In this context, Carlson et al. compared the expression of key genes involved in tissue regeneration when non-crosslinked human dermis and crosslinked porcine ADM were utilized to manage full-thickness wounds generated on rats (Carlson et al., 2013). The authors found that the crosslinked ADMs increased the expression of proteolytic enzymes (MMP-9 and CCL12) and lowered the ECM remodeling rate since cellular and vascular infiltration were reduced, relative to non-crosslinked ADMs.
Likewise, Chen at al. worked with naturally derived oxidized chitosan oligosaccharide (OCO), a biocompatible crosslinker, for the fixation of collagen on porcine ADMs through the formation of intra- and intermolecular bonds (Chen et al., 2019). Also, silver nanoparticles were loaded into the matrices to evaluate their antibacterial effect in vitro, prior to full-thickness wound studies in rats. The data established that OCO-crosslinked ADMs loaded with silver nanoparticles facilitated a more robust formation of the epidermis and granulation tissue, in comparison to the control, as shown by the higher expression of relevant factors for wound repair (bFGF, VEGF and PDGF). Similarly, other studies have demonstrated the advantage of combining natural antibacterial agents with ADMs, due to their low resistance to infection; besides, some crosslinking substances may reduce ADM biocompatibility and cause cytotoxicity (Zhu et al., 2016). To overcome these limitations, propolis and plant extracts, such as quercetin (QCT) and tea tree oil (TTO), have been proposed as alternative crosslinking agents that also provide antimicrobial properties (Sutjarittangtham et al., 2014). Specifically, TTO extracted from Melaleuca alternifolia is recognized by its antimicrobial activity (Reichling et al., 2006), while QCT has been reported to increase the tensile strength of porcine ADMs about three times, relative to pure ADM (Wang et al., 2020a). Their combined use for treating full-thickness wounds revealed accelerated wound repair due to the increase of re-epithelialization and wound closure rate. Therefore, crosslinking of ADMs may be required to produce wound dressings with superior mechanical strength and stability to ensure desired performance.
Acellular Decellularized Extracellular Matrix From Different Sources
Decellularized ECM-based scaffolds can be fabricated from various tissues and organs. For instance, porcine small intestine (SI) and urinary bladder (UB) are commercially used for skin reconstruction (OASIS, Table 1) (Paramasivam et al., 2021), although novel approaches are being studied to enhance biomolecule diversity within dECMs. The availability of cytokines, pro- and anti-inflammatory molecules as well as pro-angiogenic factors is crucial for properly guiding the four phases of normal skin regeneration. Therefore, among other tissues, heart-derived matrices are attractive since they preserve key molecules for wound healing, such as collagen, elastin, fibrillin, FN, and pro-angiogenic factors (ANG‐1, ANG‐3, CCN1, FGF‐1, FGF‐2, leptin, MMP‐9, NOV, SDF‐1, and VEGF‐β) (Seif-Naraghi et al., 2010; Kim et al., 2018). Masry et al. evaluated the role of equine pericardial collagen matrix (PCM) on wound healing progression, using a murine full-thickness model (El Masry et al., 2019). After 2 weeks, wound closure, re-epithelialization and collagen deposition increased compared to the control.
Moreover, PCMs induced and recruited phagocytic cells (macrophages) that lead to fibroblast differentiation into myofibroblasts, which produced collagen I to improve the tensile strength of the repaired skin, indicating an increase in the collagen type I:III ratio that supports formation of vascularized granulation tissue (Hurme et al., 1991; Tomasek et al., 2002). Indeed, the presence of Ang-1 in heart-derived dECM enhances both, blood vessel maturation and M2-macrophage phenotype differentiation, as reported by Kim et al., who assessed the influence of hybrid nanofibrous membranes fabricated by electrospinning of poly (l‐lactide‐co‐caprolactone) (PLCL) and rat heart dECM on rat full-thickness wound healing (Kim et al., 2018). The in vitro experiments confirmed the potential of the engineered membrane to produce huvec proliferation and angiogenesis. Also, the authors found denser vessel formation in the rats treated with the hybrid scaffolds, relative to the pure PLCL membranes. The results showed higher number of vessels positive for v-WF and alpha smooth muscle actin (α-SMA) factors, suggesting the capacity of heart-derived dECM to promote vasculogenesis and maturation of new vessels.
Furthermore, other promising sources for dECM production for wound healing applications are lung or adipose tissue-derived matrices (Fernandez-Moure et al., 2016; Tan et al., 2019; Chen et al., 2021). Acellular lung ECM (ALM) contains an association of collagen fibers along with a well-defined vascular architecture, which balance inflammatory response and support cell adhesion (Nichols et al., 2013). Fernandez-Moure et al. compared the ability of ADM vs ALM to stimulate angiogenesis and cellularization (Fernandez-Moure et al., 2016). Towards this, the ADM and ALM were subcutaneously implanted in rats, and after 6 weeks, much higher cell infiltration and vascularization were revealed in the ALM group, relative to the ADM treatment. Particularly, ALM-treated wounds displayed a higher number of infiltrated cells (1,663 ± 228 cells vs. 350 ± 230 cells per 500 μm2, respectively), as well as vessel ingrowth (57 ± 13 vessels vs. 9 ± 5 vessels per 1 mm2, respectively), compared to the ADM group. In the case of adipose tissue-derived matrices, adipogenesis is essential for wound healing progression, since adipose stem cells (ADSCs) produce various molecules that act as modulators in skin regeneration (Horsley and Watt, 2017; Plikus et al., 2017).
For instance, fibroblast migration increased when exposed to media obtained from adipocyte cultures, suggesting that adipocyte-secreted molecules may contribute to re-epithelialization and ECM remodeling during wound healing (Tan et al., 2019). Tan et al. examined the repair efficiency of adipose-derived dECM (ADECM) hydrogels with and without ADSCs in a murine full-thickness wound model. They found that both fibroblast migration and wound closing and epithelialization were more pronounced in the ADSC-loaded hydrogels, relative to their ADSC-free counterparts (Tan et al., 2019). Moreover, the data showed in situ induction of adipogenesis, which was evidenced by ADSC survival and higher number of adipocytes in the ADSC-loaded hydrogel treated group. Also, the results suggested a positive impact of ADSC-loaded ADCM hydrogels on skin appendage formation, such as hair follicle growth and blood vessel formation, data supported by increased VEGF expression by adipocytes. The paracrine activity of ADSCs was further investigated by Chen et al. by utilizing ADECM-derived hydrogels for delivering human ADSCs on murine full-thickness wounds (Chen et al., 2021). In vitro studies of ADSCs cultured on ADECM hydrogels showed significant secretion of angiogenic factors, including HGF (hepatocyte growth factor), VEGF, ANG (angiopoietin) and ANG-2, relative to ADSCs cultured on plastic surfaces. In addition to this, murine wounds had a faster closure rate and enhanced neovascularization when treated with ADSC-loaded ADECM hydrogels, compared to ADSC administration. Cumulatively, the results from using heart and adipose tissue-derived dECM indicate that their inherent architecture and biochemistry provide a favorable microenvironment for skin repair, which may be reinforced by incorporating ADSCs into the matrix.
Moreover, the role of specific pro-angiogenic factors (for example, VEGF, bFGF and PDGF) in the enhancement of the angiogenic response during wound healing has been elucidated. Nonetheless, their use is limited because of their short half-life, low availability, and high cost (Ehrbar et al., 2008). Thus, new engineered matrices modified with recombinant DNA, known as gene-activated matrices (GAMs), have been designed to include specific gene sequences of desirable growth factors to ensure their adequate expression (Pannier and Shea, 2004). In this context, taking advantage of the pro-angiogenic factor content in dECMs along with MSC regenerative properties, some genes have been introduced into dECMs to administer stem cells on impaired wounds, towards attaining an enhanced effect. For instance, Paramasivam et al. fabricated porcine UB with PDGF gene plasmid (Group C) or transfected MSCs with PDGF gene plasmid to embed them into UB dECMs (Group E) (Paramasivam et al., 2021). After 28 days of treating rat burns with the above approaches, acceleration of ECM deposition, granulation tissue formation, as well as angiogenesis and wound closure were observed in Group E, relative to Group C. These results may be explained by the chemo attractant action of PDGF over fibroblast migration and proliferation (Deuel et al., 1991). Similarly, PDGF may induce VEGF expression that leads to increased new vessel formation. Indeed, the authors reported higher VEGF expression and increased fibroblast proliferation in group E relative to Group C, which may have favored ECM deposition and vessel formation. Altogether, these findings indicate that dECM native features may be enhanced by combining them with stem cells and engineered DNA plasmids that promote relevant growth factor synthesis for controlled wound healing.
Acellular Decellularized Extracellular Matrix From Perinatal-Related Tissues
Perinatal tissues, such as placenta, umbilical cord, chorion, and amniotic membrane are associated with fetal development and discarded after birth. These tissues are appealing for wound healing applications because of their high content of molecules involved in skin regeneration. Notably, the human placenta ECM contains endogenous growth factors that provide a favorable niche for the proliferation and differentiation of cells, modulating injury repair (Choi et al., 2013). Similarly, a few studies have reported the application of Wharton’s jelly (WJ) for skin healing. WJ is a gelatinous substance that contains MSCs within a matrix that is mainly composed by collagen and HA, which secrete several molecules that may have an effect in diverse biological processes. In fact, many studies have reported the regeneration potential of both WJ-MSCs and their secretome by accelerating wound closure (Kamolz et al., 2014; Doi et al., 2016). In addition, the amniotic membrane, the inner layer of the placenta membrane that has a thickness between 0.02—5 mm and is composed of three layers (epithelial, basement and connective layers) (Zare-Bidaki et al., 2017; Milan et al., 2020), preserves a number of growth factors that participate in the progression of wound repair (Gholipourmalekabadi et al., 2016; Gholipourmalekabadi et al., 2019).
Acellular Decellularized Extracellular Matrix From Placenta and Wharton’s Jelly
The human placenta provides oxygen and nutrients to the fetus during pregnancy and eliminates waste products from its blood system. Decellularized placenta consists of various structural and adhesion proteins such as collagen (I, IV, VII, and XVII), elastin, LM, as well as proteoglycans, which serve as reservoir for many growth factors, including IGF, EGF, PDGF, FGF, VEGF and TGF-β (Choi et al., 2013; Singh et al., 2022). When dECM obtained from human placenta was used to treat rat full-thickness wounds, a well-structured basement membrane was deposited, and an increase in keratinocyte proliferation and differentiation was observed, which led to new epithelial tissue architecture that was very similar to original skin (Choi et al., 2013). Choi et al. produced dECM sheets from human placenta and observed adequate integration with the host’s wound tissue, in addition to superior expression of basal and epidermis layer markers (keratin 15 and loricrin), relative to the control (Choi et al., 2013).
Similarly, Wang et al. explored the effect of placenta-derived dECM (PL-dECM) hydrogels vs umbilical cord- and amniotic membrane-derived dECM (UC-dECM and AM-dECM, respectively) hydrogels in murine full-thickness wounds (Wang et al., 2021a). The results revealed different glycosaminoglycan content in each of the perinatal tissues, suggesting a distinct effect of each of the hydrogels on wound healing. In fact, PL-dECM hydrogels displayed a more potent effect on wound closure and skin appendage formation, compared to the other hydrogels. In particular, IL10 and TGF-β expression were upregulated, while IL6 and TNF-α expression were downregulated, which are anti- and pro-inflammatory cytokines, respectively. Also, M1-like macrophage differentiation was induced towards M2-macrophage phenotype by reducing the expression of iNOS and rising the expression of CD206 (M1 and M2 macrophage markers, respectively), relative to the other hydrogel formulations. In addition, PL-dECM hydrogels produced a better pro-angiogenic effect by enhancing expression of VEGF, ANG-1, FGF-2, and PDGF. In another study, Bakhtyar et al. employed WJ-dECM gels to better understand the role of some peptide growth factors that may accumulate in the WJ; for instance, IGF, FGF and TGF-β (Edmondson et al., 2003; Shalitin et al., 2003; Yu et al., 2003). After utilizing these dECM gels for treating murine full-thickness wounds for 7 days, the authors noticed the role of WJ-dECM on myofibroblast differentiation, diminishing wound healing time. Specifically, α-SMA expression (a myofibroblast marker) was higher in WJ-dECM treated groups vs the control, after 5 days of treatment (Bakhtyar et al., 2017), which suggested that WJ induced faster fibroblast differentiation toward myofibroblasts. In this context, components of PL- and WJ-dECMs play a role in inflammation, angiogenesis, and remodeling phases of wound healing, which may be employed to regulate specific responses to enhance restoration of impaired wounds.
Acellular Decellularized Extracellular Matrix From Amniotic Membrane
Due to its intrinsic regenerative properties, amniotic membrane (AM) is a promising tissue source for dECM therapeutic applications. During wound healing, decellularized human AM (dHAM) has been shown to modulate each of the healing stages by reducing inflammation, accelerating epithelialization, and preventing infection (Yuan et al., 2015). The observed restorative action of dHAM may be attributed, among other aspects, to its physical characteristics (e.g., durability, elasticity, permeability) and its ability to appropriately retain several growth factors. There are crucial components of dHAM that produce an anti-inflammatory and pro-angiogenic effect, being the most prominent factors EGF, KGF (keratinocyte growth factor), HGF, NGF (nerve growth factor), bFGF and TGF-β (Koob et al., 2015; Yuan et al., 2015; Milan et al., 2020). In this sense, Song et al. treated rat full-thickness wounds with dHAM and followed up on wound evolution for 8 months, observing a decrease in inflammation and scar formation (Song et al., 2017). These results were supported by the detected alterations of some growth factors; specifically, VEGF and α-SMA secretion were higher in dHAM-covered wounds, while TGF-β1 expression was reduced, in comparison to the control.
Likewise, when dHAM was used to cover mouse burns for 15 days, Milan et al. reported lower number of inflammatory cells as well as higher number of blood vessels, skin appendixes and collagen fibers on the granulation tissue of the dHAM group, relative to the control (Milan et al., 2020). In addition to applying pure dHAM, other authors have suggested the introduction of cells or other biological molecules to enhance the dHAM healing effect (Kshersagar et al., 2018; Hashemi et al., 2020; Ramakrishnan et al., 2020). For example, Hashemi et al. took advantage of the ability of MSCs to produce paracrine factors that accelerate injury repair (de Mayo et al., 2017) and explored the influence of dHAM combined with MSCs on rat burn repair (Hashemi et al., 2020). After 14 days of treatment, the data revealed significant differences in inflammation, re-epithelialization, and granulation tissue formation between rats treated with MSC-containing dHAM vs the group exposed to dHAM alone. Moreover, in the case of using exogenous factors, Kshersagar et al. proposed loading dHAM with platelet-rich plasma (PRP), since PRP contains several cytokines and growth factors (such as IFN-α, IL1, IL6, IL8, PDGF) that may alleviate inflammation during wound healing (Kshersagar et al., 2018). In a mouse burn model, the authors found that the PRP-loaded dHAM exhibited an enhancing effect on epidermis differentiation, keratinocyte proliferation, as well as wound contraction and vascularization. Collectively, these findings demonstrate the favorable microenvironment induced by dHAM for skin repair, while other studies have also reported dHAM ability to regulate the regeneration of other types of tissue injuries (Wang et al., 2020b).
Despite these promising results, dAM dressings have poor mechanical properties and lack long-term stability, which remains a concern for wound healing applications. Nevertheless, several studies have overcome these disadvantages by creating composite scaffolds (Gholipourmalekabadi et al., 2019; Yang et al., 2020; Nasiry et al., 2021). For instance, Yang et al. designed a bovine dAM-derived composite by utilizing a precursor and a crosslinking agent (chitosan and poly-ethylene glycol diglycidyl ether, respectively) to obtain a sponge-like membrane (CS-BAM) (Yang et al., 2020). The CS-BAM sponge exhibited stronger mechanical properties compared to the control and led to accelerated wound healing by simultaneously decreasing inflammation and increasing collagen deposition and skin appendix formation. Similarly, Gholipourmalekabadi et al. proposed the fabrication of a membrane composed of dHAM and electrospun silk fibroin (SF) to assess its efficacy on rabbit full-thickness ear wounds (Gholipourmalekabadi et al., 2019). They observed that the SF/HAM membrane modulated hypertrophic scar formation by reducing the expression of collagen I and upregulating the production of enzymes that participate in ECM remodeling. These results indicate that the balance between the synthesis of new ECM and ECM remodeling is crucial to avoid hypertrophic scar tissue formation.
In this context, Nasiry et al. suggested the use of a microporous crosslinked dHAM (MC-HAM) towards controlling ECM density during wound healing and avoiding limited cell migration and penetration into the site (Niknejad et al., 2008). The authors reported that healed rat full-thickness wounds improved their mechanical properties relative to the diabetic group; specifically, tensile strength, bending stiffness and energy absorption. In addition, after 21 days of MC-HAM scaffold engrafting, the number of neutrophils and macrophages significantly decreased, while the length density of blood vessels increased, data that was supported by the downregulation of pro-inflammatory factors (TNF-α and IL-1β) and the upregulation of pro-angiogenic genes (TGF-β, bFGF and VEGF). Cumulatively, this indicates that the fabrication of wound dressings derived from dHAM and exogenous cues that favor scaffold biostability and mechanical response, may be beneficial for properly guiding wound healing.
Decellularized Extracellular Matrix Powders for Tissue Specific Regeneration Applications
ECM decellularization techniques are proving increasingly effective for the development of materials that can provide the biological stimuli present in the natural cell microenvironment, without the undesired risks associated with the use of xenogeneic or allogenic tissues. In this sense, the fabrication of tissue-specific scaffolds with biochemical and mechanical properties that more closely resemble the complexity of the native ECM has been one of the main research areas of focus (Storstein, 1989; Morris et al., 2018; Zahiri et al., 2018; Dongen et al., 2019; Ahmed et al., 2020; Hoang Thi et al., 2020; Park et al., 2020; Ventura et al., 2020; Liguori et al., 2021). Moreover, as the need to implement advanced manufacturing approaches such as 3D printing progressively becomes more compelling, enormous research efforts are being made to incorporate dECM into the design of functional bioinks to produce therapeutic alternatives for customized tissue regeneration applications.
Fabrication of Scaffolds for Tissue Regeneration
Recently, in the context of cardiovascular regeneration applications, Aquinas and coworkers explored the use of hydrogels derived from porcine cardiac dECM as material platforms for the controlled delivery of trophic factors produced by human ADSCs (Liguori et al., 2021). ADSCs were cultured for 48 h and the resulting conditioned medium was collected and further concentrated as follows: 20X, 200X, and 2000X. These concentrates were added to pepsin-digested dECM solutions as a 1/20 of the final volume to yield hydrogel precursors loaded with 1X, 10X, and 100X trophic factors, respectively. The release kinetics of seven pro-regenerative factors as well as four pro-inflammatory factors was studied for 5 days, revealing that the fabricated hydrogels provided a sustained release pattern over time. Nonetheless, it was also observed that pro-inflammatory factors were more abundantly released as the concentration of the conditioned medium in the hydrogel increased, which suggested that trophic factor binding kinetics within the hydrogel were affected by the concentration of the ADSC-derived conditioned medium.
In terms of wound healing applications, Van Dongen et al. prepared dECM from the adipose tissue of diabetic and non-diabetic human donors, and upon dECM digestion with pepsin, ADSC-conditioned culture medium was incorporated to create bioactive hydrogels for wound healing (Dongen et al., 2019). Taking advantage of the fact that ADSCs abundantly produce paracrine factors that influence ECM remodeling, the authors intended to explore the potential of the fabricated hydrogels to absorb and release these factors for the repair of fibroblast monolayers in vitro. Results indicated that the proposed hydrogels promoted fibroblast proliferation and migration, in addition to angiogenesis. Moreover, although no significant differences in terms of biological activity were found between the hydrogels from diabetic and non-diabetic origin, the latter exhibited greater mechanical stability and thus, proved to be more appropriate for clinical applications. In this way, the authors demonstrated the potential of ECM-derived hydrogels for the controlled delivery of allogenic paracrine factors and cytokines that provide biochemical support in wound repair processes.
Similarly, Jeon et al. developed a composite hydrogel from recombinant mussel adhesive proteins (MAP) and poly (N-isopropylacrylamide) (PNIPAM) for soft tissue regeneration applications (Jeon et al., 2020). Their goal was to harness the adhesive properties of MAP as well as the thermoresponsive nature of PNIPAM, a polymer that can undergo sol-gel transitions at physiological temperature, to create an injectable tissue-adhesive implant for the delivery of ADSCs and biochemical factors from decellularized adipose tissue (DAT) of human origin. Results from their in vivo tests indicated that the incorporation of DAT powder (5 wt%) into the hydrogel precursor significantly increased adipogenesis and vascularization, even in the absence of exogenous induction factors. Moreover, cumulative characterization data of the MAP-PNIPAM hydrogel alone proved its potential to be combined with other types of dECM powders for the delivery of tissue-specific biochemical stimuli.
Furthermore, Kuna and coworkers reported the development of a composite hydrogel system for skin regeneration, based on decellularized pig skin powder from galactose-⍺1,3-galactose knockout pigs, which was combined with HA (“PSG” sample) (Kuna et al., 2017). An additional formulation was prepared by adding human peripheral blood mononuclear cells (hPBMCs), to evaluate their effect on wound revascularization (“PSG-hPBMCs” sample). These two materials were tested in vivo for 25 days, including a pure HA control, using immuno-compromised mice with full-thickness skin wounds. The results indicated that, after 15 days of treatment, full wound closure was achieved in 66% of the mice treated with PSG and in 83% of the mice treated with PSG-hPBMCs, as opposed to the 0% observed for the HA controls. Nonetheless, at the end-point of the experiments (day 25), all mice displayed healed wounds, with some scarring observed in the HA control group. Moreover, enhanced wound healing and revascularization were attained in the PSG-hPBMCs group, as confirmed by CD31 staining. Thus, this composite hydrogel system proved its potential to be used as an autologous scaffold for successful skin tissue regeneration, without the need to incorporate stem cells, which are much harder to harvest in large numbers than PBMCs.
Moreover, regarding lung tissue repair, de Hilster and coworkers studied the fabrication of ECM-derived hydrogels from healthy and diseased human lung tissue (de Hilster et al., 2020). Tissue samples were decellularized following lyophilization and grinding to obtain an ECM powder, which was then enzymatically digested and gelled at 37°C. Stiffness measurements of the prepared hydrogels appeared to be within close range of those of their native tissue counterparts, although the viscoelastic response of the fabricated scaffolds was different from the corresponding tissue samples, since the latter exhibited less stress relaxation. Nonetheless, given that native lung tissue undergoes significant mechanical conditioning, these results revealed the possibility of creating ECM-derived scaffolds that provide biochemical and mechanical stimuli that mimic those naturally found in lung tissue, without the cell material that could trigger undesired immunological responses.
Finally, the development of effective ECM decellularization techniques has also a promising outlook for the advancement of therapeutic approaches in cartilage tissue engineering. For instance, the recent work conducted by Bordbar et al. addressed the evaluation and characterization of dECM hydrogels produced from sheep knee cartilage (Bordbar et al., 2020). Upon dECM digestion with pepsin and further neutralization, rabbit-derived mesenchymal stem cells (MSCs) were either encapsulated or seeded onto the resulting bioactive hydrogels, which were obtained by thermal gelation at 37°C. The experimental data showed that the proposed materials not only supported MSC adhesion and viability in 2D, but also promoted MSC proliferation and differentiation into chondrocytes in a 3D context. Along with this, the rheological properties of the hydrogel precursor indicated that the devised material could be successfully employed as an injectable hydrogel in minimally invasive therapies.
Design of Bio-Inks for Tissue Engineering and Disease Modeling
The use of dECM powder for tissue repair approaches has also extended to the additive manufacturing field, and thus, the development of bio-inks for 3D bioprinting. This technique allows for the fabrication of structures with highly controlled morphological features, which favors the ability to mimic the intricate architecture of native tissue as well as supports the advancement of customized tissue engineering therapies. Although widely used materials such as polyethylene glycol, alginate, and gelatin have been successfully used for the preparation of biocompatible inks (Ouyang et al., 2016; Ying et al., 2018), the incorporation of biochemical cues naturally found in the ECM is essential for guided tissue regeneration. In this sense, the ideal bio-ink should yield scaffolds that provide a 3D environment with biochemical and mechanical properties that resemble those of the target native tissue.
For instance, Kim and coworkers studied the fabrication of a bio-ink in which dECM powder from porcine liver was dispersed as microparticles (<100 µm) into a precursor mixture that contained gelatin, HA and fibrinogen (Kim et al., 2020). Prior to printing, the gelatin component was gelled at low temperatures, and once printing was completed, the bio-ink was further crosslinked by addition of thrombin. The resulting material was compared with a bio-ink counterpart prepared by the traditional method, in which the dECM powder was digested using pepsin, followed by printing and curing at 37°C. Characterization of all printed constructs revealed that the proposed bio-ink produced structures whose elastic modulus was up to 9.17 times higher than that of the material obtained with the traditional bio-ink, in addition to yielding much more consistent pore size and shape during the printing of 13 layers.
Furthermore, a lot of research efforts have been recently put into gaining a deeper understanding of the influence of several dECM processing variables on the material properties of the final bio-ink. For example, Zhao and coworkers evaluated the effect of dECM digestion time on the mechanical and biological properties of bio-inks prepared in the absence of any additional matrix materials (Zhao et al., 2020). To this end, powdered decellularized porcine tendon was subjected to different digestion times (3, 12, and 72 h) in acidic pepsin solution. At each time point, the pH of the solution was adjusted to 7.4, followed by rheological characterization. Furthermore, printability of the prepared inks was assessed by measuring extrudability, shape fidelity and layer stacking accuracy, using optical microscopy and digital imaging techniques. The authors were able to demonstrate that partially digested dECM (3 h) yielded an ink precursor with desirable viscosity and printability, as well as higher construct reproducibility up to 30 layers, relative to the ink obtained after 72 h of digestion. All of this was achieved while maintaining the viability levels of bone marrow MSCs above 85%. Finally, it was also demonstrated that the bioprinted scaffolds supported significant MSC differentiation towards tendon tissue, as evidenced by COL1A1, EGR1, TNC, and TNMD PCR analysis.
Later, Zhao et al. also studied the impact of the type of dECM digestion solution on the mechanical properties and cytocompatibility of hydrogels produced from tendon dECM derived bio-inks (Zhao et al., 2021). They examined three different acidic solutions for the preparation of pepsin-based digestion solutions: 0.5 M acetic acid, 0.1 M HCl and 0.02 M HCl. Upon neutralization of the dECM solutions, bio-ink precursors were obtained. The osmotic pressure of the bio-ink from the acetic acid solution could not be adjusted to physiological levels, which in turn translated into high cytotoxicity, as evidenced by viability tests conducted on encapsulated bone marrow MSCs, prior to 3D printing. Moreover, the authors found that the mechanical properties of the 3D printed constructs decreased as the acid concentration in the digestion solution increased, being the softer hydrogels more inducing of a tendon-like phenotype.
In line with the abovementioned studies, Jeong and coworkers studied the decellularization efficiency of different types of detergents on porcine liver tissue, as well as their effect on the cytocompatibility, printability, and biochemical and mechanical properties of the resulting dECM derived bio-inks (Jeong et al., 2021). Sodium dodecyl sulfate (SDS), sodium deoxycholate (SDC), Triton X-100 (TX), and Triton X-100 with ammonium hydroxide (TXA) were examined. The authors found that, while SDS appeared to be the most efficient for DNA removal (up to 94% removal in 24 h), about 98% of GAGs and elastin from the native ECM was lost during decellularization with this detergent. On the contrary, TXA dECM samples exhibited adequate preservation of GAGs, collagen, and elastin, in addition to the fastest gelation rate and thus, the best printability. Moreover, TXA treated tissue samples yielded the dECM bio-ink with the most robust mechanical properties, because of its highly organized and packed fibrillar structure, as evidenced by SEM imaging results. This, together with the favorable cytocompatibility observed for the TXA group, demonstrated the suitability of TXA for the fabrication of liver dECM bio-inks.
Moreover, regarding skin dECM bio-inks, Jorgensen et al. examined the effect of the presence of human skin dECM on the bioactivity and mechanical properties of fibrinogen hydrogels for skin bioprinting applications (Jorgensen et al., 2020). Once the corresponding dECM powder was obtained, it was pepsin-solubilized at different concentrations, and these solutions were then combined with the bovine fibrinogen hydrogel precursor at a 1:1 volumetric ratio. Human skin fibroblasts were encapsulated in these hydrogels, following by crosslinking with 20 μL/ml thrombin. After a 2-weeks in vitro culture, the fibrinogen hydrogels containing dECM showed enhanced cellularity and almost a 50% increase in cell viability, relative to the pure fibrinogen counterparts. Also, rheological and printability characterization revealed that the proposed hydrogels exhibited favorable shear-thinning properties for the reproducible fabrication of bioprinted constructs.
Similarly, Lee et al. examined the biocompatibility of a bio-ink composed of dECM powder from porcine dermis dissolved in a 2–3% sodium alginate hydrogel, at 10 and 20 mg/ml (Lee et al., 2020). Rheological characterization of the prepared inks showed that ink viscosity could be tuned by varying dECM powder concentration. Moreover, mouse embryonic fibroblasts (NIH3T3) were mixed with the hydrogels at 1 × 106 cells/mL prior to 3D printing, and once the scaffold was printed, it was further crosslinked in 5% CaCl2. After 1 week of culture, live/dead staining and cell metabolic activity tests indicated that cell viability levels within the constructs were maintained at around 75%.
Another remarkable example of skin dECM bio-ink development has been recently shown by Won and coworkers (Won et al., 2019). In their experiments, porcine dermal skin was decellularized to produce collagen, elastin, and GAG-rich dECM powder, which was then pepsin-digested, neutralized, and further combined with a suspension of human dermal fibroblasts. The cell-loaded bio-ink was used for the bioprinting of constructs that were cultured for 7 and 14 days at 37°C. The authors were able to show that the printed 3D dECM constructs maintained their shape, favored cell viability levels of at least 90%, and supported normal fibroblast cell shape during their first week of culture. In addition to this, microarray analyses performed after 1 and 2 weeks of culture revealed that the dECM constructs induced significantly higher upregulation of genes related to dermis and epidermis formation, relative to their corresponding collagen controls.
For their part, Falcones et al. examined the feasibility of using lung dECM bio-inks for enhancing the therapeutic effect of MSCs, in the context of MSC-based therapies for the treatment of respiratory diseases (Falcones et al., 2021). Specifically, the authors employed porcine lung dECM to produce bio-inks within which lung resident MSCs were embedded. Following this, 3D constructs were bioprinted and cultured in vitro for 7 days, with the purpose of pre-conditioning the MSCs. After this, MSCs were released from the constructs through collagenase digestion, recovered, and further used for direct co-culture with human primary small airway epithelial cells (HSAECs) in the presence of lipopolysaccharides (LPS), to create an in vitro model of acute respiratory distress syndrome. The authors were able to show that the fabricated lung dECM 3D constructs provided a biochemical and biomechanical environment that promoted desirable MSC morphology and adhesion properties, in addition to improved immunomodulatory potential, as evidenced by the higher expression of CXCR4 and the lower production of IL6, relative to MSCs that were pre-conditioned by standard 2D culture in tissue culture polystyrene.
Moreover, it is noteworthy that dECM derived bio-inks have not only been used for the design of 3D constructs for tissue regeneration, but also for the development of disease models. Specifically, Kort-Mascort et al. recently created a dECM bio-ink that was mechanically reinforced with alginate and gelatin for the reproducible bioprinting of hydrogels that mimic head and neck tumor microenvironments (Kort-Mascort et al., 2021). Towards this end, porcine tongue was selected as the dECM source since this is one of the major sites for head and neck squamous cell carcinoma (HNSCC) development. Prior to bioprinting, human HNSCC cells were encapsulated in these bio-inks. As a result, composite 3D constructs with enhanced printability and mechanical properties that resembled those of native tumors were obtained. After 19 days of in vitro culture, cell viability in these hydrogels remained at around 95%, while favorable cell proliferation and tumor formation were evidenced by keratin expression. Finally, the designed tumor model was successfully used for in vitro chemotherapy studies using cisplatin and 5-fluorouracil, two drugs clinically employed to treat head and neck cancer.
Finally, Kim and coworkers developed bio-inks from porcine gastric tissue for the creation of in vitro 3D gastric cancer models. Prior to bioprinting, human gastric cancer cells (AGS, SNU-1, and KATO3 cell lines) were encapsulated in the bio-ink precursors, and cellulose nanoparticles were incorporated as a mechanical reinforcement agent (Kim et al., 2021). The resulting 3D constructs displayed mechanical properties that were physiologically relevant, and supported the enhanced expression of MMP2, β-catenin, and integrin β1, relative to their collagen and Matrigel controls. These markers are associated with the aggressive and drug-resistant nature of gastric cancer. Cumulatively, the results from the abovementioned studies demonstrate the promising potential of combining additive manufacturing techniques with dECM powders to produce in vitro 3D platforms that can closely resemble in vivo human microenvironments and, thus, could be used as reliable tools for either tissue regeneration, or drug testing pre-clinical studies in the absence of animal models.
DISCUSSION
Wound healing is a complex multi-step process that involves soluble factors, blood elements, and cells, which interact synergistically in an ECM, through mechanisms of dynamic reciprocity, where wound molecules interact with cell surface receptors and trigger intracellular signal transduction cascades, promoting expression of specific genes and secretion of signal molecules, whose in turn, coordinate the wound healing stages (Bhat and Bissell, 2014; Rousselle et al., 2019). Nevertheless, based on the type of tissue, healing is a process with distinct features. In the case of normal skin, there are three layers that intervene in the process: the epidermis, or the outer layer, which contains the sebaceous glands, sweat glands, and hair follicles; the dermis, which contains a rich ECM that provides strength, nutrients, and immunity; and finally, the hypodermis, which is the subcutaneous adipose tissue that functions as an energy reserve (Gurtner et al., 2008). Despite the differences among these layers, each of their ECM contains structural proteins such as FN, HA, proteoglycans, collagens, glycosaminoglycans, and elastin, in addition to non-structural matricellular proteins, including secreted protein acidic and rich in cysteine (SPARC), tenascin-C, osteopontin, and thrombospondins. The presence and characteristics of these molecules are dynamic during wound healing, and even under non-healing (normal) conditions, they are continuously being regenerated (Takeo et al., 2015; Rousselle et al., 2019).
Even though there is a number of commercially available skin substitutes and tissue-engineered skin products to manage impaired wounds, high manufacturing costs, excessive inflammation, as well as disease transmission have made their massive implementation difficult. To surmount these barriers, the use of dECM obtained from different tissues has emerged as a promising approach since they provide a favorable regeneration microenvironment by preserving cytokines, proteins and growth factors from the natural ECM, which altogether coordinate inflammation, re-epithelialization and ECM remodeling processes (Choi et al., 2013). In fact, as described in previous sections, several studies have elucidated the role of relevant molecules such as TNF-α, TGF-β, PDGF, VEGF, IGF-1, and HGF in wound healing, and have demonstrated their presence in acellular tissues derived from dermis, UB, SI, heart, adipose, and perinatal membranes (Table 3). Also, it is well known that different types of cells play a critical role. For instance, fibroblasts produce numerous ECM components, including collagens, FN, and proteoglycans (Tracy et al., 2016) that regulate the balance between degradation and synthesis of new skin. Thus, several researchers have developed dECM-engineered scaffolds that have the ability to modulate the wound healing response to avoid long-term inflammation and hypertrophic scar tissue formation (Table 3) (Biernacka et al., 2011).
To gain insight into the role of ECM elements and microenvironment on activation of signaling cascades related to wound healing processes, some studies have examined the individual effect of proteins and growth factors using in vivo models (Yang et al., 2015; Castellanos et al., 2017; Pozzi et al., 2017). Regarding cytokines, the literature reports that TGF-β and bFGF are pleiotropic factors that favor multiple wound-related processes, such as fibroblast and keratinocyte migration, fibroblast differentiation into myofibroblast, M1-like macrophage phenotype towards M2-like phenotype, as well as collagen deposition and remodeling (Castellanos et al., 2017). Similarly, other researchers have suggested the importance of GAG content on dECM because sulfated components may influence the availability of growth factors involved in angiogenesis and vasculogenesis during wound healing (Pozzi et al., 2017). In addition to this, a growing body of evidence indicates the enhanced regenerative effect that may derive from the interaction between the skin and surrounding tissues, such as adipogenic tissue. In particular, adipogenesis plays three key roles: 1) expression of adipogenic genes that trigger skin-related repair; 2) secretion of molecules by adipocytes; and 3) provision of the adipogenic microenvironment that leads to skin appendage formation (Yang et al., 2015). Therefore, natural matrices are promising platforms for the advancement of engineered scaffolds that effectively regulate and promote specific tissue regeneration responses, such as those involved in wound healing processes.
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When a tissue or an organ is considered, the attention inevitably falls on the complex and delicate mechanisms regulating the correct interaction of billions of cells that populate it. However, the most critical component for the functionality of specific tissue or organ is not the cell, but the cell-secreted three-dimensional structure known as the extracellular matrix (ECM). Without the presence of an adequate ECM, there would be no optimal support and stimuli for the cellular component to replicate, communicate and interact properly, thus compromising cell dynamics and behaviour and contributing to the loss of tissue-specific cellular phenotype and functions. The limitations of the current bioprosthetic implantable medical devices have led researchers to explore tissue engineering constructs, predominantly using animal tissues as a potentially unlimited source of materials. The high homology of the protein sequences that compose the mammalian ECM, can be exploited to convert a soft animal tissue into a human autologous functional and long-lasting prosthesis ensuring the viability of the cells and maintaining the proper biomechanical function. Decellularization has been shown to be a highly promising technique to generate tissue-specific ECM-derived products for multiple applications, although it might comprise very complex processes that involve the simultaneous use of chemical, biochemical, physical and enzymatic protocols. Several different approaches have been reported in the literature for the treatment of bone, cartilage, adipose, dermal, neural and cardiovascular tissues, as well as skeletal muscle, tendons and gastrointestinal tract matrices. However, most of these reports refer to experimental data. This paper reviews the most common and latest decellularization approaches that have been adopted in cardiovascular tissue engineering. The efficacy of cells removal was specifically reviewed and discussed, together with the parameters that could be used as quality control markers for the evaluation of the effectiveness of decellularization and tissue biocompatibility. The purpose was to provide a panel of parameters that can be shared and taken into consideration by the scientific community to achieve more efficient, comparable, and reliable experimental research results and a faster technology transfer to the market.
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INTRODUCTION
Generally, in biological tissue, the main component in terms of volume is not related to the cells, but rather to the cell-secreted three-dimensional extracellular matrix (ECM; Table 1). The ECM provides structural and histoarchitectural integrity and mechanical support in the tissues and organs, working actively in the exchange of ions, nutrients, waters, metabolites, and signals (Gattazzo et al., 2014). The sequencing of the human genome revealed hundreds of proteins that are involved in the constitution of the mature ECM (Naba et al., 2011). The set of these proteins constitutes the matrisome that comprises approximately 1–1.5% of the mammalian proteome (Hynes and Naba, 2011). The ECM acts as a multi-functional environment in which tissue-resident cells attach, communicate and interact, thereby regulating cell dynamics and behaviour and contributing to the maintenance of tissue-specific cell phenotypes and functions. To date, a number of different animal-tissue-derived ECMs have been used to produce bioprosthetic (chemically treated) substitutes for various applications such as for bone, cartilage, muscle, tendon, vascular graft, heart valve, nerve, dermal and gastrointestinal tract tissue repair or replacement (Badylak et al., 2009; Brown and Badylack, 2014; Folli et al., 2018). Many of these biological medical devices have been subjected to treatments that allow preservation of their functionality, but not the viability of their cellular content. Non-viable tissue is not capable of ECM regeneration and remodelling, thus limiting their lifespan and imposing the need for frequent replacement, forcing patients to multiple surgical interventions. To overcome this limitation and develop viable and functional engineered animal-derived ECMs, native tissues have been subjected to controlled removal of their cellular content, generating a decellularized three-dimensional scaffold (Crapo et al., 2011). Reported decellularization protocols have included a combination of physical techniques, detergents, enzymes and chemical compounds that have been shown not to adversely affect the architectural, ultrastructural, mechanical or biological integrity of the ECM (see Table 2). Unfortunately, there has been a lack of standardized assessment of tissue-specific decellularization methods, which compromises the effective comparison of the efficiency of different protocols (Bruyneel and Carr, 2017). Post-decellularization tissue characterization has included in vitro and in vivo studies providing data that are limited to the removal of the endogenous DNA in the ECM scaffolds and the safety of implantable commercial products. However, even when marketed decellularized products have been certified with the ISO standard for biological medical devices, several adverse reactions have been reported when introduced into the clinical setting (Simon et al., 2003; Kasimir et al., 2005; Ruffer et al., 2010; Woo et al., 2016). In particular, clinical application of decellularized porcine pulmonary valves exhibited massive inflammatory reaction associated with necrosis and graft stenosis in adult patients (Breitenbach et al., 2014—; Perri et al., 2012) with a relevant percentage of patients needed reoperation. Similarly, porcine intestinal submucosae (SIS) adopted for heart valve repair and reconstruction exhibited the presence of inflammatory cells, fibrosis and calcification after 4 years from the implant (Padalino et al., 2016—Hofmann et al., 2017—Mosala et al., 2017).
TABLE 1 | Description of the most common components that contribute to forming the ECM.
[image: Table 1][image: Figure 1]FIGURE 1 | Tissue decellularization flow-scheme supported by suggested assessment for post tissue treatment evaluation and implanted graft integration.
TABLE 2 | The most common decellularization approaches.
[image: Table 2]In addition, the literature survey has indicated that many different parameters have not been carefully considered in the assessment of decellularised scaffolds, even though they have been shown to be related to adverse events and/or dramatic side effects that compromised the functionality of the prosthesis in the patient and, ultimately, the patient’s health.
HEART VALVE DECELLULARIZATION
Each year, more than 450.000 patients undergo heart valve replacement worldwide, and this number is estimated to reach 1.000.000 by 2050 due to the ageing population and the westernization of the lifestyle in several areas of the world, towards unbalanced diets with fatty foods and, consequently, the increase in cardiovascular disease (Naso and Gandaglia, 2018). Therapies for heart valve disease have most commonly comprised interventional and surgical approaches since pharmacological agents only address symptoms management. Surgical approach to dysfunctional heart valves can be addressed through the use of biological or mechanical prostheses. Bioprosthetic heart valves (BHVs) fabricated from bovine, porcine, or equine pericardium, bovine jugular vein, or porcine heart valve leaflets feature low thrombogenicity with no need for lifelong anti-coagulants (Carpentier et al., 1969). Unfortunately, the longevity of BHVs is limited by structural valve degeneration (SVD), which begins within 5 years after the implantation and typically necessitates BHV replacement after 10–12 years from the surgery (Shinkawa et al., 2015). In particular, BHVs substitutes are subjected to structural degradation, calcification and immune response (Koziarz et al., 2020) as a consequence of incomplete biocompatibility of the animal tissue (frequently bovine pericardium) adopted for their manufacture (Simionescu et al., 2021). In fact, the treatment with glutaraldehyde (GLU, considered as the standard method to ensure tissue biocompatibility, increased mechanical strength, sterilization and safe storage of BHVs) is not able to reach complete masking of the antigenic determinants of animal origin (Naso et al., 2013a). The in vivo interaction between such antigens and the patient’s circulating antibody was shown to exert a powerful pro-calcific effect. Moreover, GLU is responsible be, by itself, a potential calcium-binding site due to the presence of residual aldehydes, acids and Schiff bases.
Evidence suggests that also homograft (allogeneic valves) suffers from a loss of function due to early donor-specific antibody and T cell-mediated responses to human leukocyte antigens (MHC Class 2 HLA-DR) inducing fever and vascular disfunction (Dignan et al., 2000). In particular, concerns have been expressed about the durability of homograft valves in younger pediatric patients after the failure within 8 months in a small clinical retrospective study, due to T- and B-lymphocytic infiltrates (Rajani et al., 1998).
Mechanical valves (tilting disk or bi-leaflets) are made from metal and/or pyrolytic carbon. The main disadvantage of this type of valve is the formation of thrombotic clots in the stagnation points and/or hemolysis which requires lifelong anticoagulation therapy for the patients (Harris et al., 2015).
Notwithstanding the tremendous technological progress in the field of heart valve therapy, an ideal heart valve replacement has yet to be developed, with current replacement options lowering the quality of life and the life expectancy of heart valve replacement patients when compared to age-matched healthy individuals (Huygens et al., 2016). In addition, heart valve replacements are very costly (circa 15 billion Euros annually in the United States and Europe), mainly due to the postoperative care costs and the need for re-operations (Huygens et al., 2018; Etnel et al., 2019). A clear, unmet clinical need remains for a heart valve substitute that does not degenerate, can adjust to functional and somatic changes, and can be implanted via minimally invasive techniques. To overcome these limitations the xenogeneic decellularised heart valve has been considered as an attractive alternative for the development of a viable biological valve, capable of remodelling and regeneration.
DECELLULARIZATION TECHNIQUES
Chemicals Approaches
A variety of chemicals, including detergents, solvents, acidic and alkaline solutions, and ionic solutions have been used to solubilize cellular membranes along with mechanical agitation or perfusion. Alkaline and acid treatments are very effective in solubilizing the cytoplasmic components; however, they have been rarely used since they are very aggressive towards the ECM proteins. Acetic-, peracetic-, hydrochloric- and sulfuric-acid, as well as ammonium hydroxide, are some examples of chemicals that have been shown to disrupt cellular membranes and intracellular organelles, whilst also dissociating important molecules, such as collagen, protein-protein bonds and GAGs (Gilbert et al., 2005; Gilbert et al., 2006; Reing et al., 2010; Cornelison et al., 2018).
Detergents have been used to solubilize cellular membranes and dissociate the intracellular structure. Nonionic detergents, such as Triton X-100 have been largely used in several decellularization protocols (Malone et al., 1984; Wilson et al., 1995; Bader et al., 1998; Kim et al., 2002; Meyer et al., 2005; Gallo et al., 2012), and has been shown to target the lipid–lipid and lipid-protein chemical bonds, leaving unaltered protein-protein interactions (Cartmell and Dunn, 2000; Woods and Gratzer, 2005). Although Triton X-100 is effective in the decellularization of tissues in which the key ECM component is primarily proteins, it has been generally avoided for the decellularization of tissues particularly rich in glycosaminoglycans (GAGs) (Korossis et al., 2002—; Booth et al., 2002). Moreover, Triton X-100 has often been adopted to remove the remnants of anionic detergents (sodium dodecyl sulfate; SDS) (Naso and Gandaglia, 2018). Anionic detergents including sodium deoxycholate (SDC) and SDS have been also used in many reported studies (Wilson et al., 1995; Korossis et al., 2002; Konertz et al., 2005; Erdbrügger et al., 2006; Gallo et al., 2012). SDS is reported to solubilize both the external and nuclear membranes, but it has also been recognized to denature proteins, altering the native structure of the ECM (Chen et al., 2004; Elder et al., 2010). Owing to this, short treatments with SDS could be a reasonable choice, aiming at minimizing the possible damage to the ECM proteins and overall structure (Kim et al., 2002 -; Tavassoli et al., 2015). Nevertheless, SDS is considered very proficient in removing nuclear and cytoplasmic waste, even though it is more challenging to be rinsed out of the tissue due to its ionic nature (Rajab et al., 2020—; Syed et al., 2014—; Dettin et al., 2017).
Zwitterionic detergents share features of both nonionic and ionic detergents. They are electrically neutral molecules that have both positive and negative charges. The tendency of these detergents to denature proteins has been demonstrated to be lower than ionic detergents, but higher than nonionic ones. CHAPS {3-[(3-cholamidopropyl)dimethylammonio]-1-propanesulfonate} has been a commonly used zwitterionic detergent (Quint et al., 2011). Noteworthy, zwitterionic detergents have been reported not to be effective permeating agents and, therefore, have been mainly used to decellularize thin tissue (Mendibil et al., 2020).
During decellularization, endogenous proteases have been reported to leak in high amounts from the lysed cells, risking irreversible damage to the ECM (Crapo et al., 2011). Phenylmethylsulfonylfluoride (PMSF), aprotinin and leupeptin are common protease inhibitors that have been adopted to prevent proteolysis (Gallo et al., 2012; Luo et al., 2014). Some decellularization protocols have also included antibiotics, such as penicillin, streptomycin, or amphotericin B, to prevent tissue contamination during treatment (Leyh et al., 2003; Lin et al., 2004; Gilpin and Yang, 2017; Rajab et al., 2020).
Enzymatic Approaches
Biological protocols for tissue decellularization have involved enzymatic reactions, mainly to eliminate cell debris and other undesirable components of the ECM such as nucleic acids residues, fragments of cell membranes and mitochondrial DNA (Londono et al., 2017; Naso and Gandaglia, 2018). The removal of the nucleic acids residues has been of paramount importance in all decellularization processes, due to their tendency to remain stuck to ECM proteins and attract circulating calcium salt. To this end, decellularization protocols have utilized nucleases to catalyze the degradation of nucleic acids. Nucleases have been generally classified into endo- and exo-nucleases that cleave phosphodiester bonds within the nucleic acids and nucleotides from the end of nucleic acids respectively (Haupt et al., 2018).
Proteases have been used to catalyze the degradation of proteins and the effective detachment of the cellular component from its connective support. Among them, trypsin and pepsin have been the most commonly used proteases in decellularization protocols (Naso and Gandaglia, 2018), with the formers targeting the C-side bonds in arginine and lysine, and the latter being a highly aggressive protease commonly found in the stomach and also targeting the bonds between peptides. Noteworthy, the prolonged exposure to proteolytic enzymes has been reported to significantly alter the structure of the ECM, destroying laminin and removing GAGs, thus resulting in severe mechanical weakness of the tissue scaffold (Rieder et al., 2004; Poon et al., 2013; Naso and Gandaglia, 2018).
With a view to removing additional tissue components, different enzymes such as lipase that hydrolyzes lipids and can be useful for fatty tissues, and α-galactosidase that has been shown to be effective in removing the galactose-α-(1,3)-galactose xenoepitope, responsible for xenorejection in humans (Gilbert, 2012) have been used. Due to the aggressiveness of the enzymatic treatments on the ECM proteins, the concentration of the enzymes as well as the duration of the enzymatic treatment, have been shown to be critical parameters for achieving maximal decellularization effectiveness and minimal ECM degradation (Schenke-Layland et al., 2003).
Physical Approaches
Physical techniques alone have been shown inadequate to produce effective tissue decellularization. As such, they have been used in combination with chemical and/or enzymatic processes. Physical methods that have been reported to facilitate the decellularization process are summarized in Table 2. Briefly, freezing-thawing, direct pressure, agitation, sonication, vascular perfusion, thermal shock, ultrasonic and manual disruption have been shown to facilitate cell disruption, transportation of the decellularization solution to cells and washing out of the cellular debris from tissues (Toumpaniari et al., 2020).
Programmed Cell Death Approach
Studies have shown that suitable chemical signals can be coordinated for an intentional stimulation of the endogenous cellular apoptotic pathway. This approach has been reported to completely depend on the distribution of the precise ligands (Tumor Necrosis Factor Receptor TNFR1 (DR-1); Fas/CD95 (DR-2); Apoptosis Antigen Apo-3 (DR-3); TNF-related apoptosis inducible ligand-receptor TRAILR (DR-4 and DR-5); Nerve Growth Factor Receptor (NGFR); Ectodysplasin A Receptor (EDAR) that attach their analogous death receptors to the TNF superfamily (TNF alpha; FasL; TL1A; TRAIL; NGF and EDA respectively) and by the expression level of crucial genes elaborated in the extrinsic or intrinsic (perforin/granzyme) apoptotic pathways (Ashkenazi and Dixit, 1998; Wilson et al., 2009). Throughout the progression of apoptosis, the cellular substance has been shown to be retained within the plasma membrane and the apoptotic bodies. As such, the immunogenic cellular components are not secreted into the nearby environment, thus averting an immune-mediated inflammatory response (Bourgine et al., 2013). The lethal-environmental-conditioning method has been utilised by moderating environmental influences, such as temperature and pH, as well as carbon dioxide/oxygen, nitric oxide and hydrogen peroxide content (Somuncu, 2020).
ASSESSMENT OF DECELLULARIZATION EFFECTIVENESS
Since 1989, the year in which the pioneer of heart valve surgery Harken DW sanctioned the “ten commandments” for the ideal heart valve substitute (Harken, 1989), none of the developed heart valve replacements has been shown to possess self-repair, adaptively remodelling and growth whilst being resistant to infection and thrombogenicity. However, decellularized porcine tissues (small intestinal submucosa or pulmonary valves) have been utilized for the manufacturing of bioprosthetic heart valves substitutes (Fioretta et al., 2020). The promising results that were reported from preclinical studies did not match those obtained from the clinical application, many of these medical devices, notwithstanding the approval by regulating bodies have been proven to be ineffectively decellularized, eliciting a massive host-specific inflammatory response (Naso et al., 2014). Incidents of leaflets thickening, fibrosis and calcification have been also described. In particular, a strong immunological reaction was reported just a few hours following the implant of the decellularized valve (O’Brien et al., 1999; Dohmen et al., 2003; Leyh et al., 2003; Simon et al., 2003; Dohmen et al., 2005; Ota et al., 2005; Ruiz et al., 2005; Takagi et al., 2006; Iwai et al., 2007; Ruffer et al., 2010; Dohmen et al., 2012; Hopkins et al., 2013; Fallon et al., 2014; Zafar et al., 2015; Hennessy et al., 2017; Mosala et al., 2017; Goecke et al., 2018; Rijswijk et al., 2020).
Preclinical applications of decellularized xenograft valve replacements have been generally issued with the ISO standard for biological medical devices (see Table 3). More recently, a specific standard for the evaluation of decellularized products has become available (ASTM International, 2021). Generally, “decellularization” is a recognized complex process that allows the use of animal-derived ECM products in medical treatment “with reduced risk of adverse host immune response and immune rejection” by disrupting and removing cells and/or cell contents while aiming to preserve significant features of the ECM structure and/or composition (F3354-19, 2021). Unfortunately, the ISO guidelines currently in place do not adequately account for the immunological and pro-inflammatory aspects of such decellularized devices. Within the tissue engineering community, DNA quantification and qualitative evaluation of cell removal have represented common practices for the characterization of the decellularization effectiveness. Residual DNA is responsible for triggering a strong inflammatory response against the implanted decellularized xenogeneic tissue, resulting in calcification and structural degeneration (Simon et al., 2003). A threshold of 50 ng/mg (DNA/tissue) has been commonly accepted to be non-immunogenic (Crapo et al., 2011). Despite this, various studies have reported decellularized porcine small intestine submucosa with up to 6 μg/mg of nucleic acid debris (Naso et al., 2013a; Rijswijk et al., 2020). It is worth noting that often the evaluation of the residual DNA presence after decellularization is only qualitative, limiting the assessment to fluorescence staining based on the use of DAPI (4′,6-diamidino-2-phenylindole, a fluorescent stain that binds strongly to adenine–thymine-rich regions in DNA). Gilbert and colleagues (Gilbert et al., 2009) have proved the existence of DNA fragments in some commercial products even if, when smaller than 300 bp, they do not seem to be enough to stimulate critically the immune system (Soto-Gutierrez et al., 2012).
TABLE 3 | Common reference ISO Standard for the production of class III implantable biological medical devices.
[image: Table 3]Although quantification of the residual DNA content represents a reasonable way for assessing the effectiveness of decellularization, this approach is limited and not very representative of the immuno-inflammatory risk that can arise following the implantation of decellularized tissues. Homogenized detergent-decellularised scaffolds have been shown to exhibit a high amount of cytosolic and cytoskeleton proteins, such as glyceraldehyde 3-phosphate dehydrogenase (GAPDH) and smooth muscle actin. Interestedly, about 306 proteins of cytosolic, organelle, nuclear and cell membrane origin have been shown to still be identifiable by mass spectrometry (Böer et al., 2011). In addition to the antigenic molecules derived from cell lysis, it is of particular relevance to consider other aspects, such as the remnants of detergents and the presence of pro-inflammatory structures such as hyaluronan fragments.
Immunocompatibility
Xenograft immunogenicity is directly related to the presence of several antigens including the α-Gal epitope (Naso et al., 2013b), the linked N-glycolyl neuraminic sialic acid (Neu5Gc) (Gao et al., 2017) and the Sd(a) (Byrne et al., 2011). These antigenic molecules are expressed in mammals except for Old World monkeys, apes and humans. Following various stimulation pathways, the human body produces antibodies directed against these molecules. Once a xenogeneic tissue is recognized, the complement cascade is activated, triggering endothelial cell dysfunction, platelet aggregation, and vascular thrombosis (Leventhal et al., 1993; Leventhal et al., 1995; Saadi and Platt, 1995; Hedlund et al., 2008; Pham et al., 2009). In particular, the residual presence of the alpha-Gal xenoantigen significantly increases the human anti-galactose titers specifically directed to the Gala1-3Gal residue, starting from day 10 after BHV implantation and reaching a peak at around 3 months for both IgM and IgG isotypes (Mangold et al., 2009—; Konakci et al., 2005). Such antigenic determinants exposed on the cell surface may persist in membrane residues entrapped between the fibers of the ECM or not properly removed by the action of detergents and may still be capable of reacting despite the elimination of all individual cells (Naso and Gandaglia, 2018).
The treatment most widely used to date to ensure the immunogenic tolerance of animal tissues intended for the manufacture of bioprosthetic heart valves is based on chemical crosslinking with glutaraldehyde (GA). Despite being a benchmark, GA treatment is only partially effective in masking such epitopes (Naso et al., 2013b) resulting susceptible to the development of early BHV degeneration (Hawkins et al., 2016) and immune response following BHV implant (Park et al., 2010—; Schussler et al., 2020). The inability of commercially available treatments capable of effectively inactivating this antigen has recently prompted the U.S. Food and Drug Administration (FDA) to officially approve the production of a genetically modified domestic pig line knocked out for the alpha-Gal in order to provide a source of porcine-based materials for the production of safer and more efficient biomedical devices (U.S. Food and Drug Administration, 2020).
Currently, there are only two technologies that have been reported in the literature to produce complete removal of these xeno-epitopes, including the TriCol decellularization protocol (Gallo et al., 2012) and the FACTA® treatment that has been applied to native and GA-treated animal tissues (Naso et al., 2017).
A correct assessment of the presence of these xeno-epitopes requires an initial in vitro evaluation, using suitable antibodies, followed by in vivo testing in an animal model. However, current commercially available animal models cannot be considered suitable for this purpose. Wildtype pigs, sheep or rats, like all mammals, do not develop an immunological reaction against these xeno-epitopes, being inefficient in predicting a possible immune-mediated acute or delayed reaction. Owing to this, it is necessary to use animal models that do not express the epitope in question (Old World primates) or humanized animal models, such as genetically modified (knockout) models in which the gene responsible for expression has been inactivated (Smood et al., 2019; Galili and Stone, 2021).
Detergents Remnants
The decellularization procedures reported in the literature have demonstrated several differences, such as detergent type and concentration, treatment duration, and the number of washes. Most of the studies have indirectly evaluated the amount of detergent residuals in the decellularized scaffolds by determining the amount of the detergents in the washing solutions following cell removal and not directly within the scaffold (Erdbrügger et al., 2006; Caamaño et al., 2009). Effective removal of the detergents is important since the interaction of the ECM with anionic ones has been reported to decrease the tensile strength of elastin fibers (the major component of blood vessels) and to increase the susceptibility of insoluble elastin and collagen to enzymatic degradation (Kagan et al., 1972; Jordan et al., 1974; Guantieri et al., 1983). Elastin degradation products, in turn, can promote the myofibroblastic and osteogenic differentiation of fibroblasts and the in vivo recruitment of inflammatory cells (Senior et al., 1980; Simionescu et al., 2007).
Bile acids and salts may be considered natural detergents as they emulsify fats and modify the permeability of cellular membranes (Naso and Gandaglia, 2018). They have been reported to exist in several states in biological systems (even conjugated with sodium, potassium, glycine, taurine, etc.), including insoluble gels, micelles or vesicles, and insoluble calcium salts (Hofmann, 1989). Precipitation of bile acids in the insoluble protonated acid form is mainly controlled by the critical micellization concentration, pH and temperature, Ca2+ ion activity, and finally the concentration and structure of the monomeric bile acid anion (Hofmann and Mysels, 1992). Variations of physicochemical conditions may cause the bile salts to transit toward the insoluble gel form, remaining trapped within the ECM fibrillar network determining cell cytotoxicity.
The in vitro reseeding of SDS-treated tissues reported controversial results: decellularization of human pericardium and porcine aortic and pulmonary valves using a low concentration of SDS resulted in not cytotoxic drawbacks to in vitro cell seeding and cytotoxicity assessment (Mirsadraee et al., 2006—; Vafaee et al., 2018—; Cebotari et al., 2010—; Iop et al., 2014). In a discordant way, Rieder and colleagues reported cytotoxicity of SDS in porcine aortic valves and leaflets treatment (Rieder et al., 2004). In particular, a reduced attachment of human endothelial cells to the matrix was observed (Knight et al., 2005), as well as cytotoxicity of the PBS used for the storage of the decellularized valves, leading to conclude that the residual SDS in the tissue was a cause of cytotoxicity. Noteworthy, even a relatively low residual amount of SDS was correlated with an in vitro increased fibroblast activation and in vivo foreign body response (Friedrich et al., 2017).
Viability, proliferative capacity and phenotype of human urothelial cells upon urinary bladder matrix scaffolds were maintained on graft treated with Triton X-100, CHAPS and sodium deoxycholate and was similar to cells cultured on the same scaffolds but treated with deionized water (White et al., 2017). SDS treatment resulted in a basement membrane complex with altered ultrastructure and composition, endothelial cells seeded on SDS treated scaffolds reported an atypical morphology, fragmented nuclei and considerably reduced confluence (Faulk et al., 2014).
Reliable information on residual detergents could be used to investigate the relationship, if any, between the actual detergent-based treatment and the observed and/or potential drawbacks in the decellularized scaffold. Additionally, this information could be used for end-product quality control in the manufacturing process of existing decellularised scaffolds currently on the market or under consideration for clinical use. Recently was developed the first cell-based biosensor for residual detergent detection especially in decellularized scaffolds (Ghorbani et al., 2021). This biosensor can be additionally adopted for the evaluation of the cytocompatibility of decellularized tissue giving a comprehensive overview of the general biocompatibility state of the decellularized tissue graft.
Broken Hyaluronic Acid Molecules
Hyaluronic acid also called hyaluronan (HA), is an anionic, non-sulfated glycosaminoglycan distributed widely throughout connective, epithelial, and neural tissues. HA amounts to 18% in porcine aortic leaflets, 25% in porcine pulmonary leaflets, and 15% in the bovine pericardium (Cigliano et al., 2012). It appears usually as a high-molecular-size polymer of up to 2 × 104 kDa, where disaccharides of N-acetyl-glucosamine and glucuronic acid, connected to each other exclusively by β-linkages, are repeated (Prehm, 1984; Lee and Spicer, 2000). The polymer contributes to the maintenance of tissue hydration (Granger et al., 1984), acting also as an anti-apoptotic agent (Forrester and Balazs, 1980; Jing and DeAngelis, 2004). HA has demonstrated excellent anti-inflammatory and immunosuppressive function due to the ability to coat cell membrane thereby preventing access by the ligand to the surface receptors inhibiting phagocytosis by monocytes, macrophages, and polymorphonuclear neutrophils (PMNs) (Forrester and Balazs, 1980).
During the first step of decellularization, cells lysis may release several types of proteases, some of which will be able to degrade HA (either in free forms or being part of proteoglycans PGs). HA fragments, ranging from 500 Da to 1.5 kDa, have shown a marked pro-inflammatory activity able to activate macrophages with the secretion of various pro-inflammatory chemokines (McKee et al., 1996; Horton et al., 1998). Fragments of 1.35 kDa have been reported to result in inducing dendritic cell maturation, which allowed subsequent priming of allogeneic T-cells to initiate the alloimmunity reaction (Termeer et al., 2000). Specifically, when decellularized tissue is implanted in the human host, the functional effects of HA oligomers and their clearance from the jeopardized tissue stimulate the inflammatory response through their interaction with specific host receptors such as CD44, RHAMM and TLR-2,4 (Rayahin et al., 2015). Lysosomes internalize and further degrade such fragments into tetra and hexasaccharides through the intracellular HYAL1 and HYAL2 (Veiseh and Turley, 2011). These small HA pieces, thus obtained, can act as an endogenous danger signal, leading to the activation of both innate and acquired immunity. The separate stimulation of TLR4 and CD44 receptors may prime/amplify the inflammatory response through NF-kB activation (Loniewski et al., 2007—; Hutás et al., 2008).
It is therefore desirable to ensure that no low-molecular-size HA residues will be available in the decellularized scaffold. When HA fragments are entrapped within the insoluble form of bile salt detergent, or not properly washed out from the ECM, they can transform the decellularised graft into a ticking time bomb, ready to trigger acute immune-mediated reaction once perfused with the recipient’s blood (Naso and Gandaglia 2018).
NEED FOR THE FUTURE
The in-place guidelines contained in the International Organization for Standardization (especially ISO10993 and ISO 5840, Table 3) regulating the manufacturing of decellularized tissue scaffolds appear to need an update. This is evident since the preclinical quantitative assessments of the residual content of xenogeneic reactive molecules, detergents and nucleic acid materials in decellularized scaffolds are insufficient and have led to disastrous results. Decellularized grafts such as the Matrix P prostheses, notwithstanding showed encouraging short-term results, reported unfavourable echocardiographic performances with a relevant dysfunction of the prosthesis in adult patients and a subsequent high rate of reoperation/reintervention for structural pulmonary valve failure (Christ et al., 2019). Histological examination performed by Breitenbach and colleagues exhibited massive inflammatory reaction and necrosis in the Matrix P Plus prostheses adopted as pulmonary homograft in the Ross procedure in adult patients (Breitenbach et al., 2014). Backhoff and colleagues (Backhoff et al., 2014) reported a massive Matrix P® conduit obstruction after 5 years from the implant in 6 years old patients. Conduit dissection allowing blood flow in the thickness of the conduit wall with the formation of pseudoaneurysms was reported, confirming what was already observed also by Rüffer and colleagues (Rüffer et al., 2010). Histological examination showed massive inflammatory reactions and necrosis. Severe inflammation increased fibrous tissue and foreign-body reaction against valve leaflets and fascial tissue was similarly highlighted even by Vogel in young patients (Voges et al., 2013). The reconstruction of aortic heart valves using a decellularized extracellular matrix (CorMatrix®) in pediatric patients reported severe valve dysfunction occurred suddenly during the first three post-operative months. A migration of inflammatory cells into the graft edge bordering the native tissue was identified inducing a significant thickening of the patch. The inflammatory reaction induced structural and functional changes (Hofmann et al., 2017).
A strict requirement for any biomedical device is standardization. The consistency and reproducibility of the treatments made according to predefined quality criteria can be ensured, also by adopting new standards capable of adapting to technological progress and new scientific knowledge, such as in the case of knockout animal models. Researchers and the scientific community, while always looking for technological improvement, should converge in the definition of acceptance criteria related to ensuring the consistent evaluation and use of decellularization in manufacturing medical products. Such criteria should address the adequacy of cellular disruption and removal of cellular remnants, defining acceptable quality levels for the remaining extracellular matrix components (Table 4). It would also be appreciable to define a suitable decellularization reagents list placing selective limits on their persistence on the treated ECM.
TABLE 4 | Summary table showing the approaches commonly adopted for evaluating the efficacy of decellularization processes and the methods of investigation for highlighting potentially dangerous tissue changes according to the future performance of the implant.
[image: Table 4]Similarly, to what happens for the definition and the quality management of any industrial process, a decellularization protocol should also identify according to the step’s objective: 1) the general procedure, 2) materials and equipment utilized, 3) duration or end-point determination, 4) static process parameters, and 5) any variable parameters that may scale with source ECM material characteristics, dimensions, or quantities. Test and inspection procedures should be designed and planned during all the decellularization process, establishing the acceptance criteria in advance. Even if this new standardization approach is unlikely to be applied to products already on the market, it will allow for a more efficient, comparable, and reliable experimental research study to allow a faster technology transfer to the market with an unprecedented level of safety for the patient’s health.
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Ischemic heart disease is the leading cause of death around the world, and though the advent of coronary revascularization has revolutionized its treatment, many patients who sustain ischemic injury to the heart will go on to develop heart failure. Biofabrication of ventricular myocardium for replacement of irreversibly damaged ischemic myocardium is sought after as a potential therapy for ischemic heart failure, though challenges in reliably producing this biomaterial have limited its clinical application. One method that shows promise for generation of functional myocardium is the use of tissue decellularization to serve as a scaffold for biofabrication. This review outlines the methods, materials, challenges, and prospects of tissue decellularization techniques for ventricular myocardium biofabrication. Decellularization aims to preserve the architecture and composition of the extracellular matrix of the tissue it is applied to, allowing for the subsequent implantation of stem cells of the desired cell type. Decellularization can be achieved with multiple reagents, most of which have detergent properties. A variety of cell types can be implanted in the resulting scaffold, including cardiac progenitor cells, and embryonic or induced pluripotent stem cells to generate a range of tissue, from patches to beating myocardium. The future of this biofabrication method will likely emphasize patient specific tissue engineering to generate complex 3-dimensional constructs that can replace dysfunctional cardiac structures.
Keywords: cardiomyopathy, biofabrication, decellularization, stem cells, transplant surgery
INTRODUCTION
Ischemic heart disease remains the number one cause of mortality around the world (Virani et al., 2021). Though coronary revascularization via percutaneous coronary intervention or coronary artery bypass grafting has revolutionized its treatment, myocardial infarction will often progress to heart failure, and a subset of patients will experience end-stage heart failure (Bourassa et al., 1993; Mosterd and Hoes, 2007; King et al., 2010; Briceno et al., 2016; Velazquez et al., 2016; Bahit et al., 2018; Sun et al., 2018; Sun et al., 2020).
While orthotopic heart transplantation is the gold standard treatment for end-stage heart failure, it is challenged by limited donor supply, the lifelong need for immunosuppression, and the need to monitor for rejection (Heidenreich et al., 2020; Bozkurt et al., 2021). Though the use of mechanical circulatory support with left ventricular assist devices or extracorporeal membrane oxygenation, and more aggressive transplantation strategies have increased utilization and improved outcomes in patients awaiting heart transplantation, there is still a huge unmet clinical need for organ replacement (Mehra et al., 2019; Guenthart et al., 2021). Tissue engineered bioscaffolds have long been proposed as adjunctive therapies that may address heart failure by restoring or replacing the damaged architecture in failing hearts or even the whole heart (Arenas-Herrera et al., 2013; Daley et al., 2018; Tang-Quan et al., 2018).
The two prevailing approaches to generating bioscaffolds for myocardial repair or replacement are “bottom-up” and “top-down” engineering (Arenas-Herrera et al., 2013; Tang-Quan et al., 2018). The “bottom-up” approach focuses on bioprinting scaffolds from native or engineered extracellular matrix components with or without colocalized progenitor cell lines that differentiate into myocardium (Ong et al., 2018). The “top-down” approach produces bioscaffolds from decellularization of tissues or whole organs, leaving acellular extracellular matrix and retained tissue architecture, onto which stem cell lines are then implanted or reperfused, eventually producing functional tissues/organs (Arenas-Herrera et al., 2013; Tang-Quan et al., 2018). The proposed benefit of this latter approach is in the retention of vascular networks through which a recellularized tissue structure could then be perfused (Badylak, 2002; Pla-Palacín et al., 2018; Taylor et al., 2018).
Herein, we will briefly review the history and prevalent methods of decellularization as a method of biofabrication of myocardial tissue, and then focus on its application to replacing ventricular myocardium.
DECELLULARIZATION AND RECELLULARIZATION
History
Tissue decellularization is the process by which chemical, enzymatic, or mechanical stimuli are used to produce an acellular bioscaffold from previously cellularized tissue or whole organs (Wainwright et al., 2010; Gilpin and Yang, 2017; Iop et al., 2017; Rana et al., 2017; Saldin et al., 2017; Daley et al., 2018; Spang and Christman, 2018; Tang-Quan et al., 2018). Prior to 2008, decellularization had mainly been applied to tissues without complex vascular networks; cardiac tissue decellularization had been limited to valve tissue and portions of the aorta (Badylak, 2004; Ketchedjian et al., 2005; Gilbert et al., 2006). In 2008, whole heart decellularization was introduced by the Taylor group whereby cadaveric rat hearts were decellularized through coronary perfusion of a detergent, retaining their coronary vascular networks, and then recellularized via a direct injection method supported by perfusion of cell media through the coronary vasculature (Ott et al., 2008). This method produced hearts that macroscopically contracted, producing stroke work up to 25% of a fetal heart’s function (Ott et al., 2008). The subsequent decade produced a convention in determining decellularization in that the decellularized tissue must meet a threshold of <50 ng of double stranded DNA per mg of dry weight and <200 base pairs of DNA fragment length (Nagata et al., 2010). Further improvements in decellularization materials and methods improved the degree of decellularization of whole hearts, and introduced decellularization and reperfusion of porcine hearts (Akhyari et al., 2011; Remlinger et al., 2012; Momtahan et al., 2015). In 2016, the Ott group introduced decellularization and recellularization of human hearts deemed unsuitable for transplantation (Guyette et al., 2016).
Contemporary Methods of Decellularization
Conventional approaches to decellularization of tissue include bathing the tissue in a decellularization agent (Methe et al., 2014) or, in the case of cardiac tissue, intracoronary perfusion of a chemical or enzymatic decellularization agent (Tang-Quan et al., 2018). Chemical decellularization is most commonly achieved with a detergent agent such as sodium dodecyl sulfate (SDS), which can be used in conjunction with other detergents such as Triton X-100 in optimal concentrations to preserve the architecture of the extracellular matrix (Ott et al., 2008; Cebotari et al., 2010; Keane et al., 2015; Gilpin and Yang, 2017).
Enzymatic decellularization involves the use of nucleases such as Dornase or trypsin meant to cleave RNA and DNA or attachments from cells to the ECM, to achieve the standard thresholds of decellularization (Lynch and Ahearne, 2013). This method is most frequently used in conjunction with chemical decellularization but risks inadvertent damage to the extracellular matrix itself (Crapo et al., 2011). Viability of the decellularized scaffold is directly dependent on preservation of the ECM and microvascular architecture (Taylor et al., 2018).
Decellularization can be achieved using physical agitation or alternating cycles of freezing and cooling, or pressurization with supercritical carbon dioxide that lyse the cells (Tang-Quan et al., 2018). Each of these methodologies can be used in combination with other methods, and ultimately a group’s protocol for decellularization results from trialing multiple methods to achieve an acceptably low level of remaining DNA.
Recellularization
Decellularized tissues can subsequently be seeded with stem cells via a process called recellularization. The decellularized tissue can be stereotropically repopulated with vascular tissue, muscle, and other functional components of organized myocardium (Tang-Quan et al., 2018). Recellularization with cardiac cell lines can be applied to decellularized ECM (dECM) or bio-scaffolds that are not cardiac in origin (Tan et al., 2009; Francisco et al., 2020). Methods of recellularization are largely based on perfusion of stem cells, direct injection of stem cells, or a combination of the two, into decellularized ECM (Ng et al., 2011; Guyette et al., 2016; Tang-Quan et al., 2018).
Induced pluripotent stem cells (iPSCs) and mesenchymal stem cells (MSCs) are the most commonly used recellularization agents, and differentiate into the appropriate functional unit of the area into which they are seeded due to biomechanical cues from the extracellular matrix (ECM) (Ott et al., 2008; Hynes, 2009; Bowers et al., 2010; Schmuck et al., 2018). Perfusion based recellularization in particular takes advantage of this cross-talk that occurs between the cell line and the ECM by utilizing pauses in perfusion where the perfused cells are able to form physical attachments to the ECM, while simultaneously delivering a critical mass of stem cells to engraft the decellularized tissue (Ott et al., 2008; Hülsmann et al., 2013; Tang-Quan et al., 2018). Direct injection, on the other hand, suffers from poor engraftment, commonly with fewer than 50% of injected cells appropriately seeding the tissue (Iop et al., 2017). The two approaches can be used in tandem to maximize both spatial specificity and diffuse engraftment of recellularized cell populations, as demonstrated by Weymann et al. who utilized perfusion human umbilical cord blood endothelial cells through the coronaries of decellularized porcine hearts, followed by direct injection of rat neonatal cardiomyocytes into the ventricular wall to ultimately generate electrically responsive, viable recellularized porcine hearts (Weymann et al., 2014).
Advances in recellularization have centered on improvements in engraftment as well as specific programming of iPSCs into complex cell lines that form the components of functional myocardium (Iop et al., 2017). A major milestone in successful recellularization is evidence of the formation of gap junctions, allowing for coordinated conductivity, and ultimately, beating myocardium (Tang-Quan et al., 2018). Despite these advances, whole organ recellularization is still limited in efficacy. Attempts at performing heterotopic heart transplantation with decellularized and subsequently recellularized hearts in pigs showed non-viable hearts with non-patent coronary arteries or poorly functional left ventricular myocardium (Kitahara et al., 2016). Despite these limitations, decellularized bioscaffolds presently hold great potential to augment or replace ventricular myocardium.
VENTRICULAR AUGMENTATION AND BIOFABRICATION
Tissue decellularization, with or without recellularization, can be applied to augment or fabricate ventricular myocardium (Figure 1). When applied without recellularization, the decellularized extracellular matrix is usually implanted in the form of a patch or a hydrogel into damaged or failing ventricular myocardium to induce regeneration and provide structural support to the myocardium.
[image: Figure 1]FIGURE 1 | Applications of tissue decellularization for ventricular biofabrication. (A) Demonstration of perfusion decellularization of a porcine heart, yielding an acellular extracellular matrix structure retaining the architecture of a heart. Image taken from Tang-Quan et al. (2018). (B) Decellularized extracellular matrix can augment ventricular function when applied to damaged myocardium. Image taken from Francisco et al. (2020). (C) Decellularized patches can be recellularized and applied to damaged myocardium, not only augmenting function and providing structural support, but also improving angiogenesis and promoting stem cell migration into compromised and damaged ventricular myocardium. Image taken from Kim et al. (2019). (D) Decellularized ECM scaffolds recellularized with pluripotent stem cells and programmed to differentiae into ventricular myocardium can display organized contraction. Image taken from Li et al. (2017). (E) Beating cardiomyocytes can be seeded onto acellular tubules to generate beating vascular conduits for treatment of congenital ventricular disorders. EHT: Engineered heart tissue (beating cardiomyocytes) seeded onto HUA: decellularized human umbilical artery tissue. Image taken from Kubo et al. (2007).
Decellularized Extra-Cellular Matrix
Even in the absence of recellularization, purely decellularized ECM can support ventricular myocardium. Wang et al. minced and decellularized neonatal and adult mice hearts using combination of chemical (antibiotic/antimycotic/gentamycin solution), followed by physical (freezing), and finally enzymatic (deoxyribonuclease and ribonuclease) decellularization, producing an ECM powder that was resuspended into a hydrogel (Wang et al., 2019). They demonstrated that in an adult mouse left anterior descending artery ligation model of myocardial infarction that even a single injection of neonatal mouse decellularized ECM into the ventricular myocardium mitigated left ventricular remodeling, improving ejection fraction, and reducing wall stiffening and fibrosis (Wang et al., 2019). In a cell migration experiment, the group showed that human umbilical vein endothelial cells (HUVECs) demonstrated greater cell activity and migration into neonatal mouse decellularized ECM, postulating that this would lead to downstream angiogenesis (Wang et al., 2019).
Decellularized non-cardiac ECM can be applied in a similar manner to infarcted or damaged ventricular myocardium. Francisco et al. demonstrated that human amniotic membrane could be decellularized via chemical decellularization to produce an ECM bioscaffold patch, impregnated with an anti-inflammatory nanoparticle, and then implanted on the surface of infarcted rat hearts (Francisco et al., 2020). Hearts that received the decellularized amniotic membrane patches, with or without the impregnated nanoparticles, demonstrated greater angiogenesis, decreased scar formation, and greater proliferation of cardiomyocytes, which directly translated into an improved ejection fraction (Francisco et al., 2020).
A limitation to clinical translation of conventional decellularized ECM patches or hydrogels is their physical weakness, ultimately leading to poor long-term engraftment and inability to reliably maintain geometric configurations (Tang-Quan et al., 2018; Kim et al., 2019). Gul Kim et al. offer a potential fix to this issue by stamping decellularized ECM onto polyvinyl alcohol hydrogels, ultimately resulting in a stretchable ECM patch (Kim et al., 2019). When grafted onto infarcted ventricular myocardium, the stretchable decellularized ECM patch not only improved stiffness, ejection fraction, and scar formation, but also improved migration of stem cells into the patched area, with the added three-dimensional structural support that limited priorly described decellularized ECM patches/hydrogels (Kim et al., 2019).
Biofabricating Ventricular Myocardium With Recellularization
Bioscaffolds generated from decellularized ECM and then subsequently recellularized stand to provide the benefits of decellularized ECM patches, namely scar limitation, improved left ventricular remodeling and preservation of ejection fraction, with the added potential of repopulating cardiomyocytes. Kajbafzadeh et al. demonstrate this by decellularizing rabbit pericardium and then recellularizing with autologous adipose-derived mesenchymal stem cells (ADMSCs) (Kajbafzadeh et al., 2017; Kameli et al., 2018). Within the patched portions of the ventricular myocardium, the engrafted ADMSCs demonstrated significantly higher populations of CD34 and desmin-positive cells, suggestive of cardiomyocyte regeneration and angiogenesis (Kajbafzadeh et al., 2017; Kameli et al., 2018). Notably, the mesenchymal stem cells within the bioscaffold engrafted beyond the confines of the patch itself, suggesting that these recellularized patches additionally serve as delivery vehicles for stem cell populations (Kajbafzadeh et al., 2017; Kameli et al., 2018).
Tan et al. demonstrated the added benefit of seeding decellularized tissue with stem cells by showing that decellularized small intestinal submucosa patched onto infarcted rabbit ventricular myocardium in itself could preserve ejection fraction and mitigate adverse remodeling, but patches seeded with mesenchymal stem cells grossly improved capillary formation within the infarcted territory of the rabbit ventricular myocardium (Tan et al., 2009). Demonstration of improved neovascularization is a critical step forward in the use of decellularization to address myocardial disease in given that neovascularization is associated with improved survival after ischemic injury to the heart, as demonstrated in long-term studies of coronary artery bypass grafting and basic science investigations of the role of angiogenesis in treating ischemic heart disease (Shi et al., 2021).
Biofabrication of pure ventricular cardiomyocytes for direct engraftment onto damaged ventricular myocardium has been largely limited by challenges in reliably inducing iPSCs to differentiate into ventricular myocardium when delivered via a decellularized patch. Li et al. addressed this challenge by decellularizing adult rat hearts to produce dECM patches, and subsequently recellularizing them with iPSCs genomically engineered through transcription activator-like effector nucleases (TALEN) to select for cues to differentiate into ventricular cardiomyocytes (Garreta et al., 2016; Li et al., 2017). The result of this decellularization-recellularization method was functional, electrically conductive, beating ventricular myocardium in a petri dish (Li et al., 2017). Though this myocardium has not been grafted onto hearts, reliably converting iPSCs into fully differentiated myocardium represents a major step forward in clinical and therapeutic translation of these methodologies.
Even without directly fabricating ventricular myocardium, decellularization and recellularization can improve currently existing therapies for ventricular disease. For example, congenital defects that result in single ventricle physiology can be treated using surgical techniques such as the Fontan procedure. This procedure utilizes a vascular conduit to redirect central venous blood flow directly into the pulmonary artery in situations where the right ventricle is physiologically or physically absent. A struggle of the procedure is reliably generating forward flow into the pulmonary arterial circuit. Park et al. demonstrate a novel technique to generate a pulsatile vascular conduit that can act like the right ventricle to generate stroke work to push blood flow into the pulmonary artery circuit (Shi et al., 2021). The approach was two-fold: 1) generate a beating sheet of cardiac myocytes, and 2) generate a conduit onto which to wrap the beating cardiomyocytes. The former was produced by chemically decellularizing porcine hearts and recellularizing with a mix of iPSCs with commercially available adult cardiac fibroblasts. The latter was achieved by decellularizing human umbilical cord. The muscle sheets were then engrafted onto the decellularized cord, ultimately producing a pulsatile conduit that could be used for alleviation of congenital single ventricle disease (Park et al., 2020). This approach radically improved on prior attempts at producing pulsatile conduits mainly through its use of decellularization. Prior work has utilized fibrin scaffolds instead of decellularized umbilical cord as the conduit, producing a much smaller amount of stroke work compared to the method developed by Kubo et al. (2007); Park et al. (2020).
Limitations and Future
Ventricular biofabrication represents an area of application of decellularization/recellularization that has not been meaningfully translated into clinical practice, unlike other applications such as bovine pericardial patches or certain decellularized heartvalves (Tang-Quan et al., 2018). Though conventions have been accepted for levels of DNA present in decellularized tissue, the ability to recellularize this tissue and produce functioning myocardium is dependent on preservation of the microarchitecture of the ECM, including appropriate amounts and arrangement of mature, cross-linked collagen, glycosaminoglycans, and growth factors (Kc et al., 2019). The various decellularization strategies described previously may disrupt this microarchitecture, and substantial heterogeneity exists in choosing not only the optimal method, but controlling each of the parameters within each method, be it perfusion, mechanical, or enzymatic decellularization. In addition to removing adequate DNA, while preserving the vital components of the ECM, decellularization must minimize the presence of immunogenic factors such as human leukocyte antigens when using human hearts for decellularization or immunogenic sugars in xenogeneic hearts, an area of active investigation (Galili, 2015; Guyette et al., 2016; Kc et al., 2019). Finally, when decellularizing tissue that has sustained damage whether by decellularization or by the natural history of the heart, there are structural changes in the microvasculature that may hinder recellularization due to disruption of perfusion networks (Guyette et al., 2016).
Preserving the ECM microarchitecture contributes significantly to the major limitation of recellularization: generating enough viable cardiomyocytes from stem cells. Several billion, organized and functioning cardiomyocytes are needed to repopulate a whole decellularized human heart (Guyette et al., 2016). While patches of recellularized dECM have shown potential to augment cardiac function, whole organ or specific ventricular replacement requires highly organized cardiomyocyte electrical, mechanical, and paracrine function. Having enough stem cells to mature and populate a decellularized cardiac graft is incumbent on successful implantation of stem cells, followed by ideal ECM microenvironment conditions to promote appropriate differentiation into the appropriate cell lines (Brizzi et al., 2012; Kc et al., 2019). Current recellularization methods are limited in appropriately distributing multiple stem cell lines to promote not only survival but appropriate differentiation into the organized subunits necessary for complex cardiac function (Vunjak-Novakovic et al., 2010; Kc et al., 2019). However, since 2016 there has been an explosion of meaningful advancements to overcoming the challenges facing ventricular biofabrication. These are namely, the reliable programming of induced pluripotent stem cells into cardiomyocytes, utilizing genomic engineering or optimized cell culture protocols, and clever decellularization of non-cardiac tissue ultimately for cardiac applications. One such advancement in improving stem cell survival and functional maturation is recognition and use of organized mechanical stimuli through biomimetic bioreactors to support recellularization (Hülsmann et al., 2013; Wang et al., 2013; Guyette et al., 2016). Bioreactors are used to simulate contraction of the decellularized cardiac graft while recellularization is ongoing, and the current era of these bioreactors are highly customizable, and have improved the survival and maturation of cardiomyocytes in decellularized human hearts (Guyette et al., 2016).
The clinical utilization of these fabricated sections of ventricular myocardium will likely be incumbent on the reliable generation of microvasculature and generation of a reliable conduction system as well.
CONCLUSION
Biofabrication of ventricular myocardium has been propelled forward, especially in the past 6 years, through the advent of decellularization and recellularization techniques. Though there are competing methodologies to produce functional myocardium or augment dysfunctional myocardium, decellularization based methods uniquely provide organized, three-dimensional structural support, while preserving biophysical cues to instruct native or seeded stem cells to promote angiogenesis and differentiation into fully functional cardiomyocytes. The therapeutic potential of biofabricated myocardium stands to revolutionize the treatment of ischemic cardiomyopathy, and the last decade has introduced unique advancements in these methodologies, bringing the field closer to meaningful clinical translation.
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Cardiovascular disease is the leading cause of death worldwide and is associated with approximately 17.9 million deaths each year. Musculoskeletal conditions affect more than 1.71 billion people globally and are the leading cause of disability. These two areas represent a massive global health burden that is perpetuated by a lack of functionally restorative treatment options. The fields of regenerative medicine and tissue engineering offer great promise for the development of therapies to repair damaged or diseased tissues. Decellularized tissues and extracellular matrices are cornerstones of regenerative biomaterials and have been used clinically for decades and many have received FDA approval. In this review, we first discuss and compare methods used to produce decellularized tissues and ECMs from cardiac and skeletal muscle. We take a focused look at how different biophysical properties such as spatial topography, extracellular matrix composition, and mechanical characteristics influence cell behavior and function in the context of regenerative medicine. Lastly, we describe emerging research and forecast the future high impact applications of decellularized cardiac and skeletal muscle that will drive novel and effective regenerative therapies.
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1 INTRODUCTION
Cardiovascular disease and musculoskeletal conditions together represent a major global health burden. According to the World Health Organization (WHO), cardiovascular disease is the leading cause of death worldwide and accounts for an estimated 17.9 million deaths annually (World Health Organization, 2021a). Separately, an astonishing 1.71 billion global citizens are affected by musculoskeletal conditions and is the leading cause of disability in 160 countries (World Health Organization, 2021b). Combined, these two health crises are responsible for a global annual economic burden of approximately $1.8 trillion (Bloom et al., 2011; Yelin et al., 2021). These statistics are projected to only worsen by 2030 unless a major shift in treatment options becomes widely available. Regenerative medicine reconceptualizes the approach to this challenge with technologies that potentiate cures over treatments. Through the modulation of the body’s response to injury and disease using bioactive materials, the potential for full restoration of function is on the horizon.
Decellularized tissues and extracellular matrices (ECM) are the heavyweights of regenerative biomaterials with decades of clinical use and FDA approvals. These materials possess potent regenerative properties and have the potential to repair and restore function to a wide range of injured and diseased tissues including cardiac and skeletal muscle. In this review, the application of decellularized ECM (dECM) in the cellular modulation and regeneration of cardiac and skeletal muscle is described. Specifically, the most widely used decellularization protocols for generating dECM from these two tissues are compared. Herein, we describe how the biophysical properties of composition, topographical and spatial patterning, and biomechanical force transduction are impacted by the decellularization protocol as well as characterize the modulatory role that these properties play in guiding cellular and host interactions in vitro and in vivo.
2 METHODS OF DECELLULARIZATION
The global process of decellularization involves a series of steps that take the tissue from donor to regenerative application (Figure 1). This is done by harvesting tissues from a donor animal (Figure 1A), followed by the application of a series of reagent and wash solutions that lyse cells and remove nuclear materials (Figure 1B,C) to leave behind a structural matrix made up of ECM proteins (Figure 1D). The resulting dECM can then be used as a cell culture tool, solubilized into bioink for 3D printing, or cultured with cells to be transplanted as a regenerative therapeutic into an animal injury model (Figure 1E–G).
[image: Figure 1]FIGURE 1 | Schematic overview of the donor-to-application lifecycle of decellularized tissues (A) Tissues are harvested from an animal donor (B) Whole tissues are processed with mechanical agitation to break down into smaller minced tissues (C) Whole or minced fresh tissues are exposed to a series of decellularizing agents and procedures to remove cellular materials (D) The decellularization end products are acellular tissues containing various ECM components (E) Whole acellular tissues may be seeded with cells in vitro to test for cell viability (F) A variety of dECM forms are used for the maturation of cardiomyocytes, production of injectable hydrogels, and formulation into bioink for 3D bioprinting (G) Selected forms of decellularized tissues including injectable hydrogels, 3D bioprinted materials, and whole acellular and recellularized tissues can be used for translational pre-clinical and clinical applications. Figure created using BioRender.com.
Historically, tissues have been decellularized primarily via three methods that are based in chemical, physical, and/or enzymatic disruption of the cell-matrix interface. Chemical decellularization utilizes detergents, alcohols, or pH changes to lyse cells by disrupting the cell membrane (Gilpin and Yang, 2017; KC et al., 2019). Methods of physical decellularization include freeze-thaw cycles, agitation, mechanical manipulation, or pressure to forcibly remove cells (Gilpin and Yang, 2017; KC et al., 2019). Lastly, enzymatic decellularization breaks down the protein interactions through the use of nucleases, collagenases, and proteases and/or chelating agents such as ethylenediamine tetraacetic acid (EDTA) or ethylene glycol tetraacetic acid (EGTA) (Gilpin and Yang, 2017; KC et al., 2019). Along with each decellularization approach are associated advantages and disadvantages which must be carefully considered for the end application.
Modern decellularization strategies often involve a balance between effective and efficient removal of cellular debris with the loss of key proteins and matrix components. For example, sodium dodecyl sulfate (SDS) is a chemical decellularization agent that is highly effective in lysing cells but can alter the microstructure of ECM and is cytotoxic if not thoroughly removed (Gilpin and Yang, 2017). Another widely used detergent, Triton X-100, generally preserves the ECM composition and biomechanics but is less effective in the complete clearing of nuclear material (Ott et al., 2008; Merna et al., 2013; Gilpin and Yang, 2017). Similarly, physical decellularization has a high retention and structural preservation of ECM proteins and mechanical properties but is more likely to leave remnant DNA or DNA fragments behind (Gilpin and Yang, 2017). Enzymatic decellularization involves potent digestive enzymes that are efficient at breaking down and removing cellular debris but has been found to decrease glycosaminoglycan (GAG) content and degrade crosslinking proteins leading to altered mechanical properties (Gilpin and Yang, 2017). There is no universal reagent or protocol, but instead the selection of the most appropriate decellularization approach heavily depends on the final application and will dictate the hierarchy of properties to retain. The choice is further complicated by the compositional variations between tissue types, specifically differences in anatomical structure, function, and age. In this section we discuss the range of methods used to decellularize two kinds of muscle tissues, cardiac muscle and skeletal muscle.
2.1 Decellularization Methods for Cardiac Tissue
In 2008, Doris Taylor’s group reported the landmark decellularization of a whole heart and simultaneously catapulted an emerging field to the forefront of tissue engineering and regenerative medicine (Ott et al., 2008). Their chemical decellularization approach utilized perfusion of 1% SDS and 1% Triton X-100, with deionized water and 1X PBS washes. This dynamic protocol proved effective in removing native cellular material (residual DNA <4%) while preserving GAG content and fiber composition. The resulting dECM matrix supported the culture of neonatal cardiac cells, without any noted complications from residual reagents. Other whole heart decellularization protocols have built upon the concepts initially established by Ott et al. (Ott et al., 2008) and even this group has since modified their protocol to incorporate osmotic shock and anatomical inversion during decellularization (Lee et al., 2017) (Table 1). Nevertheless, since 2008, this protocol has continued to serve as a foundation for tissue decellularization strategies and a major catalyst for innovation.
TABLE 1 | Cardiac decellularization protocols.
[image: Table 1]Optimization of cardiac decellularization has been guided by the dual goal of ensuring removal of cellular materials and preservation of ECM components. These aims motivated the next generation of decellularization strategies that sought to reduce exposure to harsh reagents through decreased decellularization times. Wainwright et al. was able to significantly reduce total decellularization time to 10 h, compared to the conventional 5–10 days, by using a series of hypertonic, hypotonic, enzymatic, acid, and detergent solutions without damaging the ECM (Wainwright et al., 2010). This time was reduced even further to 2 h and 15 min using a similar mixed method approach (Lu et al., 2013). However, there is no consensus on which component of a decellularization protocol is most critical and method selection is often based on the desired end application properties. In 2011, Akhyari et al. sought to find the best whole heart decellularization protocol in terms of cellular removal, residual DNA, retention of structural proteins, and biocompatibility (Akhyari et al., 2011). Following a comprehensive comparison of four different methods, using a fully automated system, it was concluded that no single approach was superior to the others. While some protocols were more effective at removal of cellular materials, others better preserved the native dECM proteins. Each protocol had a compromise of strengths and limitations and serves as another example to underscore the need to carefully select the appropriate decellularization method based on the final desired ECM properties.
In recent years, the cardiac field has seen a pivot away from using whole tissue matrices for tissue engineered and regenerative therapeutics towards dECM that is ground or solubilized with primary focus on answering in vitro biological questions. For these applications, the native heart tissue is minced, thereby increasing surface area, and significantly speeding up the decellularization process. The use of minced tissue also increases research accessibility by eliminating the need for specialized perfusion bioreactors to keep the whole heart intact, and instead utilizes basic tools for decellularization that are available in most research labs (stir bars/orbital shakers). Similar to whole heart decellularization, the minced tissue approach often uses detergents such as 1% SDS and 1% Triton X-100.
The properties linked to tissue origin such as species source and donor age also demonstrate differential responses to different decellularization protocols. An example of the influence of tissue source is evidenced by a study in which a protocol that had been optimized to decellularized fresh porcine hearts was not effective in the complete decellularization of the same sized cadaveric human hearts (Johnson et al., 2014). Cadaveric hearts required much longer SDS treatment in addition to isopropyl alcohol and a DNase/RNase solution containing HCl, MgCl, CaCl, and NaCl at pH 7.4. Even still, there was significant patient-to-patient variability, which increased the difficulty in processing the human tissues. These differences could possibly be explained by the variability in age amongst the cadaveric hearts as well as the difference in age between the human and porcine hearts. Age increases cardiac tissue stiffening through fibrosis and increased ECM cross-linking (Johnson et al., 2014). Similarly, fetal rat and porcine hearts required a more diluted concentration of SDS and Triton X-100 compared to their adult counterparts (Williams et al., 2014; Fong et al., 2016; Wang et al., 2020; Wang et al., 2021). However, there are rare instances in which a protocol has been developed that works reasonably well for tissues of disparate ages. Silva et al. successfully developed a protocol that enabled the parallel decellularization of both fetal and adult rat hearts using freeze-thaw, physical agitation, hypotonic buffer (Tris HCl + EDTA), 0.2% SDS, and DNase (Silva et al., 2016). In summary, there are many variables that influence the effectiveness of a cardiac decellularization protocol that heavily depend on the tissue species, age, and final end application.
2.2 Decellularization Methods for Skeletal Tissue
Over the course of the last decade, an increasing number of different protocols have been developed and modified for skeletal muscle decellularization (Table 2). When the field was relatively young, the most common decellularization agent was trypsin, which was often used in combination with detergents such as SDS, Triton X-100, and Sodium Deoxycholate (SDC). The use of trypsin eventually declined when the destructive properties of this enzyme became well-known (Miersch et al., 2018; Sharma et al., 2019). While a harsh decellularization treatment is highly efficient at removing cellular debris and DNA from the tissue, it can also remove essential ECM proteins and proteoglycans. The preservation of the ECM is especially relevant for skeletal muscle, which, based on a proteomic analysis of 21 different organs, has over a 10-fold greater number of unique proteins compared to all other organs (Raffa et al., 2020). The ECM serves as an important driver of cell-fate and tissue regeneration in the healing response of skeletal muscle following injury (Herrera et al., 2018; Csapo et al., 2020; Nicolas et al., 2020). Therefore, like cardiac decellularization protocols, methods for obtaining decellularized skeletal muscle ECM require a balance of removing cellular material while best conserving the biophysical components and integrity of the complex skeletal muscle matrix (Grisales et al., 2021).
TABLE 2 | Skeletal muscle decellularization protocols.
[image: Table 2]There exists a wide variety of approaches for obtaining decellularized skeletal muscle, which range from the more aggressive enzymatic treatments to the use of comparatively mild depolymerizing agents such as Latrunculin B (LatB). Detergent-based methods have historically dominated the field of skeletal muscle decellularization. The most widely used detergents such as SDS, Triton X-100, and SDC are used for their surfactant properties which disrupt the lipid bilayer of cell membranes to facilitate cell lysis (Lichtenberg et al., 2013). More specifically, SDS acts by solubilizing the cytoplasmic and nuclear membranes, while both Triton X-100 and SDC work by targeting the lipid-protein and lipid-lipid interactions of cells (Reyna et al., 2020). The mechanism of action of these different reagents can dictate the efficiency of cellular removal.
A treatment of 1% SDS has been used in numerous studies as the main decellularization agent for minced muscle and was commonly reported to remove approximately 98% total DNA (Choi et al., 2016; Kim et al., 2020; Lee et al., 2020; Jin et al., 2021a; Jin et al., 2021b). In contrast, groups that used non-SDS agents such as SDC and ammonium hydroxide reported less efficient cellular removal with a range of 50–80% total DNA (Piccoli et al., 2017; Patel et al., 2019; Smoak et al., 2019; Talovic et al., 2019; Jin et al., 2021a). Removal of cellular material and DNA content is critical in the downstream application of decellularized tissues to avoid complications triggered by the host immune response. Several residual components can lead to the activation of an immune response following allo- and xenotransplantation including any remaining DNA fragments, human leukocyte antigens (HLA), and major histocompatibility complex (MHC) molecules (Quake, 2011; Nakamura et al., 2019). However, while detergent-based methods are effective in clearing the tissue of cellular debris, these reagents may also remove key bioactive ECM proteins and proteoglycans (Gilbert et al., 2009; Crapo et al., 2011; Soto-Gutierrez et al., 2011). Therefore, skeletal muscle decellularization protocols must balance the removal of cellular materials with maintaining any essential cell signaling components contained within the ECM.
To mitigate the disruptive properties of detergent-based methods, gentler decellularization approaches have been developed for skeletal muscle. Utilizing a natural toxin produced by aquatic sponges (Spector et al., 1983), Gillies et al. demonstrated a decellularization procedure using LatB together with hyper- and hypotonic salt solutions (Gillies et al., 2011). The LatB treatment depolymerized the actin-myosin filaments of whole skeletal muscle structures in mice, while actively preserving the ECM components including GAGs and collagen (Gillies et al., 2011). Because this protocol is also effective at removing DNA (95% removal, 2.92 ± 0.14 mg/mg dry weight in native muscle to 0.12 ± 0.01 mg/mg dry weight in decellularized muscle), LatB decellularization is increasingly preferred in studies that are highly dependent on preserving dECM bioactivity. However, unlike SDS, it has been suggested that the LatB protocol does not scale well and is less effective at decellularizing larger tissues (Naik et al., 2020). Naik et al. demonstrated that the overall difference in tissue size alters the effectiveness of the decellularization reagents (Naik et al., 2020) and hence, a milder LatB protocol is insufficient in completely eliminating nuclear materials in larger whole human muscles as compared to smaller whole murine muscles.
The decellularization of skeletal muscle is generally approached using either minced or whole tissues, each with their own corresponding advantages and disadvantages. Smaller minced tissues provide a larger surface area for cell lysis compared to larger whole tissues which aides in the effective removal of nuclear material but may sacrifice the spatial context of their original anatomical structures (Figure 2A,B). Conversely, decellularized whole tissues preserve the greater structure of the native tissue, but due to diffusion limitations, whole tissue protocols often require a harsher treatment agent, or the use of perfusion techniques to avoid extended decellularization times. However, the end application of the decellularized tissue can help determine which format is most appropriate. Whole tissue decellularization is useful in whole organ transplantation or in the replacement of large sections of injured skeletal muscle, whereas minced tissue decellularization is often used when the macrostructure is not a priority such as in bioink production for 3D printing. Because it is less vital to preserve the ECM spatial architecture for bioink production, these protocols often utilize higher concentrations of SDS (≥1% SDS), compared to whole skeletal muscle decellularization, which is usually performed with perfused 0.25% SDS or LatB (Choi et al., 2016; Kim et al., 2020; Lee et al., 2020; Jin et al., 2021a; Jin et al., 2021b).
[image: Figure 2]FIGURE 2 | Minced tissue decellularization protocols and outcomes (A) Tissue morphology from top to bottom: H&E staining, Azan Mallory stains, Van Gieson stains, and SEM images of minced tissues before (Native, column 1) and after decellularization with SDC (Protocol 1, SDC + DNase I, column 2) and Trypsin (Protocol 2, Trypsin/EDTA + Triton X-NH4OH, column 3) protocols (B) DNA, muscle content, and connective tissue content before and after decellularization using protocol one and protocol 2. Figures A,B are adapted from “Decellularized Human Skeletal Muscle as Biologic scaffold for Reconstructive Surgery” by Porzionato et al. (2015) licensed under CC BY 4.0.
In addition to the main decellularizing reagents, many protocols include supplementary chemicals to ensure complete decellularization. For instance, DNase is frequently used after the primary decellularization step to further assist in the removal of residual DNA (Gillies et al., 2011; Zhang et al., 2016; Urciuolo et al., 2018). Likewise, chloroform and isopropyl alcohol are regularly used to extract unwanted lipids from the native tissue before decellularization (Wolf et al., 2012; Ungerleider et al., 2015). In the final stages of the protocol, once a tissue has been decellularized, washes with sterilizing and anti-mycotic agents such as penicillin and streptomycin, (Merritt et al., 2010; Kasukonis B. et al., 2016; Kasukonis B. M. et al., 2016; Jin et al., 2021a; Jin et al., 2021b), peracetic acid, (Wolf et al., 2012; Zhang et al., 2016; Choi et al., 2019), and ethanol (Choi et al., 2019) are used. Lastly, many groups administer EDTA in series or in combination with the first few decellularizing agents to help prevent clot formation as the blood is removed from the tissue vasculature (Gillies et al., 2011; Miranda et al., 2021). Although these supplementary chemicals contribute to a more complete decellularization, they may also impact the ECM retention, myofiber morphology, and overall structural integrity of decellularized tissues. Therefore, the rule of thumb is to use the fewest agents possible and the shortest decellularization times to achieve the targeted dECM properties.
3 BIOPHYSICAL PROPERTIES: ECM COMPOSITION
The ECM is composed of a highly complex network of macromolecules that provide a supportive structural and functional niche for the surrounding cells. While the composition and respective biological functions of ECM are still being investigated, the components of ECM can be broken down into three main groups: glycoproteins, GAGs, and proteoglycans (Figure 3A). Glycoproteins, such as collagen, elastin, laminin, and fibronectin, make up the bulk of the ECM and provide the primary structural support and binding sites for cells (Silva et al., 2016) (Figure 3B,C). GAGs play a crucial role in modulating biochemical processes such as cell proliferation, migration, and wound repair (Puri et al., 2020). Proteoglycans have GAGs bound to their core and are one of the most complex and multifunctional molecules in cell biology (Walimbe and Panitch, 2020). Some of the reported functions of proteoglycans include growth factor sequestering, control of collagen fibrillogenesis, regulation of angiogenesis, and modulation of cell adhesion, proliferation, and pathway regulation (Walimbe and Panitch, 2020). The ECM is a highly dynamic structure that is constantly changing in response to environmental cues from growth, development, disease, injury, and repair.
[image: Figure 3]FIGURE 3 | Cardiac extracellular matrix composition (A) Schematic of cardiac tissue before and after decellularization (B–C) Extracellular matrix microstructure of decellularized whole porcine hearts following four different decellularization protocols. Decell 3/4: Trypsin for 3 days followed by Triton for 4 days. Decell 1/6: Trypsin 1 day, Triton 6 days. Tryp Only: Trypsin 7 days. Trit Only: Triton 7 days. Scale bar 50 µm (B) Elastin microstructure. Two photon fluorescence (C) Collagen microstructure. Second harmonic generation imaging (D–F) Rat myocardial ECM morphology and composition before (native) and after whole heart decellularization using four different decellularization protocols. Briefly, Protocol I: SDS and Triton. Protocol II: Trypsin, EDTA, deoxycholic acid (DCA), and acetic acid. Protocol III: Glycerol, NaN3, EDTA, NaCl, DCA, SDS, and Triton. Protocol IV: SDS, DCA, NaN3, Glycerol, EDTA, Saponin, DNase I, and MgCl (D) The 15 most abundant proteins in cardiac ECM measured by liquid chromatography–mass spectrometry (LC-MS/MS) at each developmental age (E) Mean DNA content and (F) mean GAG content of the native whole rat heart before (native) and after decellularization using protocols I - IV (G) Rat myocardial ECM morphology from top to bottom: Hematoxylin and Eosin (H&E) staining, Movat Pentachrome (Movat), picrosirius red and fast green (PSR & FG), and alpha-actin of rat hearts before (Native, column 1) and after whole heart decellularization (Protocols I–IV, columns 2—5). CV, coronary vessel. ×100 magnification. Figure A is created using BioRender.com. Figures B, C are adapted with permission from Merna et al. (2013). Figure D is adapted with permission from Williams et al. (2014). Figures E–G are adapted with permission from Akhyari et al. (2011).
3.1 Cardiac dECM Composition
The investigation of cardiac ECM composition was historically challenging due to the low solubility of the tissue’s macromolecules and their post-translational modifications (Chang et al., 2016). However, advancements in ECM protein enrichment and technology have enabled a more complete investigation of cardiac ECM (Lindsey et al., 2018). Johnson et al. identified over 200 distinct cardiac ECM proteins in decellularized human hearts, the most prominent being collagen I, collagen IV, fibrillin 1, collagen V, collagen VI, laminin, and perlecan (Johnson et al., 2016).
The composition of cardiac ECM is also dependent on age. Multiple groups have compared the composition of cardiac ECM at varying stages of development and maturation (Williams et al., 2014; Fong et al., 2016; Johnson et al., 2016; Silva et al., 2016). Of the 15 most abundant cardiac proteins detected in rat hearts, adult ECM contained 38% collagen I, 18% fibrillin, 14% laminin, 8% perlecan, while fetal hearts contained 26% fibronectin, 13% fibrillin, 12% perlecan, 11% collagen I (Figure 3D) (Williams et al., 2014). Furthermore, fibrillin-2 and emilin-1 were among the top 15 most abundant proteins in fetal cardiac ECM, but not in adult cardiac ECM. These differences in composition provide insight into the supportive niche of the developing heart and may serve as a blueprint for ideal ECM mixtures to use for modulating regeneration.
3.1.1. How Different Protocols Affect Cardiac dECM Composition
Maintaining cardiac ECM proteins while thoroughly removing native DNA and cellular fragments is crucial for the success of many downstream applications. Most groups validate their decellularization protocol by quantifying the total DNA and GAG content that is left following decellularization. It is widely accepted that a protocol that results in less than 50 ng of double-stranded DNA per mg of tissue dry weight is effective in clearing the tissue of nuclear debris, although it should be noted that many groups measure and report residual DNA content differently (concentration, fragment length, staining) (Gilpin and Yang, 2017). However, reagents that thoroughly remove DNA and cellular debris often also disrupt GAG content. Akhyari et al. used a long duration protocol (5.7 days) with 1% SDS +1% DCA that produced tissues with less than 0.5% residual DNA, but significantly decreased GAGs by almost 70% compared to native content (Figure 3E–G) (Akhyari et al., 2011). In contrast, when the same group used a short duration protocol (4.75 h) with 1% SDS and 1% Triton X-100, the resulting tissues showed no decrease in GAGs (255.53 μg/g vs 219.33 μg/g native); however, approximately 13.9% residual DNA was still present.
Fortunately, there are combination protocols that have been shown to strike a balance between GAG retention and DNA removal. Wainwright et al. used a mixture of chemical, physical, and enzymatic decellularization techniques to maintain GAGs while also adequately removing residual DNA (0.66 ng DNA/mg vs 8.48 ng DNA/mg native, a 92% decrease) (Wainwright et al., 2010). A multi-step protocol by Lu et al. used trypsin, triton, cycles of freeze/thaw, SDS, deoxycholic acid, peracetic acid, and ethanol to produce ECM with preserved 3D architecture and filament structure while still achieving ∼97% DNA removal (Lu et al., 2013). Alternatively, an adequate retention/removal balance has been achieved with simpler protocols that use classically damaging reagents for a short amount of time, followed by thorough washing to clear the matrix. This includes one of the most published cardiac decellularization approaches which uses 1% SDS and 1% Triton X-100 with several deionized water or PBS rinses (Ott et al., 2008; Robertson et al., 2014; Williams et al., 2014; Hochman-Mendez et al., 2020; Wang et al., 2020; Basara et al., 2021; Mousavi et al., 2021; Tsui et al., 2021). This approach has been demonstrated to have an adequate balance of DNA removal while maintaining ECM composition.
3.1.2 How Cardiac dECM Composition Affects Cell Behavior In Vitro
The ECM is a potent modulator of cell behavior and recent efforts in the field of cardiac dECM have focused on the use of this material to guide cells in vitro. Through the sophisticated regulation of soluble factors and cell signaling pathways, the ECM components can guide proliferation, fate specification, and migration. (Mesquita et al., 2021). However, there has been a gradual shift away from classical whole organ decellularization towards protocols that utilize ground or solubilized cardiac ECM. This pivot was thought to have been fueled by growing evidence that the concentration and bioactivity of dECM components played a greater role in guiding recellularization than the overall ultrastructure.
A well-known bottleneck of cardiac tissue engineering has been the limited proliferation potential of cardiomyocytes. However, ground or solubilized cardiac ECM serves as an instructive cell culture additive that can enhance cardiomyocyte proliferation. Williams et al. cultured ventricular cells on solubilized dECM and analyzed attachment, proliferation, and maturation (Williams et al., 2014). They found that fetal cardiac ECM was associated with greater cardiomyocyte adherence and proliferation in comparison to the Poly-l-Lysine (PLL) control and adult ECM. ECM components such as periostin and collagen IV were more abundant in the fetal ECM compared to adult, suggesting that these likely played a decisive role in enhancing myocyte proliferation.
Cardiac ECM has also been shown to improve cardiomyocyte differentiation and maturation (Das et al., 2019; Hochman-Mendez et al., 2020; Mesquita et al., 2021). Hochman-Mendez et al. cultured human embryonic stem cell-derived cardiomyocytes (hESC-CM) with dECM particles (Hochman-Mendez et al., 2020). hESC-CMs attached to the basement membrane and demonstrated enhanced maturation characteristics such electrical coupling, gap junctions, and increased sarcomere lengths. Das et al. showed that neonatal rat cardiomyocytes grown in dECM bioink rather than a single ECM protein of just collagen alone, facilitated a cell-material cross-talk that drove cell morphology and function (Das et al., 2019).
Not only can cardiac ECM improve maturation of stem cell-derived cardiomyocytes, but it can also guide phenotype specificity. Most cardiomyocyte differentiation protocols generate ventricular-like cells, but atrial-like cardiomyocytes are also needed for therapeutics and disease modeling. In order to generate atrial-like cardiomyocytes, high concentrations of retinoic acid are used; however, this agent is unstable in serum-free media, making standardized differentiation protocols difficult. Mesquita et al. demonstrated the use of chamber-specific powdered ECM to drive cardiomyocyte subtype differentiation (Mesquita et al., 2021). When human iPSCs were cultured with human atrial dECM particles, the cells expressed more atrial-like characteristics as verified by proteomics, action potentials, and gene expression. Similarly, human iPSCs cultured with ventricular ECM particles resulted in more mature ventricular CMs, as supported by the electrophysiological characterization, compared to iPSCs differentiated without ECM (Mesquita et al., 2021).
3.1.3 How Cardiac dECM Composition Affects Cell Regeneration In Vivo
Historically, cardiac dECM was viewed as a potential therapeutic in the form of a transplantable whole organ. The idea was to recellularize a full dECM heart with patient-specific cells to provide an autologous organ for transplantation, eliminating the need for lifelong anti-rejection medication. The cell requirements needed to repopulate an entire human heart is a major rate-limiting step and led to the use of dECM segments for use as cardiac patches, which showed promise as a post myocardial infarction (MI) treatment. Shah et al. implanted a 300 μm slice of decellularized porcine myocardium with or without rat adipose stem cells into rats 20 min after coronary artery ligation (Shah et al., 2018). Hearts treated with the dECM patch had increased vascularization and significantly more cells present compared to cells delivered via direct injection after 1 week. While the use of intact dECM is still explored for patches, other forms of dECM are being developed for greater control over the decellularization and recellularization processes.
It is well-understood that the retention of ECM protein composition and integrity are essential for cell adherence, proliferation, and maturation. However, preserving protein bioactivity may come at the expense of residual DNA and cell fragments, which can elicit an immune response, thereby limiting the ECMs regenerative potential (Keane et al., 2012). Fortunately, in vivo rat and mouse studies primarily use cardiac dECM in a ground or solubilized form, which enables more efficient removal of cell debris due to optimizing surface area and diffusion distances (Singelyn et al., 2012; Wang et al., 2019; Wang et al., 2020). Without the need to keep the whole heart architecture intact, protocols using minced, ground, or solubilized ECM can more thoroughly remove residual DNA and cell fragments without inducing significant changes to the overall ECM composition.
dECM injectables have demonstrated translational efficacy in small animal models of cardiac injury (Singelyn et al., 2012). Wang, Z. et al. injected adult or neonatal mouse dECM suspended in saline into the epicardium of mice immediately following induced MI (Wang et al., 2019). Neonatal dECM was shown to improve cardiac function, reduce fibrosis, and promote angiogenesis. Adult dECM did not share the regenerative capabilities of the neonatal dECM, and in many instances, performed no better than the saline control. This study, and similar studies that use injectable dECMs, highlight the functional benefits of solubilized dECM as a material to mitigate the negative remodeling that often follows MI. Moreover, this underscores a paradigm shift away from conventional adult-derived ECM materials and towards a future that looks further into the advantages and understanding of neonatal-derived dECMs.
Another form of solubilized dECM that has been growing in popularity is bioinks that are used to generate cardiac patches. Bejleri et al. bioprinted a GelMA-dECM patch and implanted it onto healthy rat epicardium for 14 days (Bejleri et al., 2018). Histological analysis showed that the patch became vascularized and integrated with the host myocardium. Jang et al. also bioprinted a cardiac patch containing human dECM and polycaprolactone (PCL), with alternating layers of cardiac progenitor cells and mesenchymal stem cells (Jang et al., 2017). The patches were first implanted subcutaneously into the abdomen of the rat for host vascularization. After 28 days, the patch was explanted and then implanted onto the epicardium of rats that had an induced MI 7 days prior. This alternating layered approach led to improved cardiac function, attenuated fibrosis, greater cell migration out from the transplanted patch into the damaged tissue, and enhanced vasculogenesis and myogenesis. These works demonstrate how cardiac dECM can be solubilized and used as a supportive niche to promote a pro-regenerative and mitigate a pro-fibrotic healing response following cardiac injury.
Lastly, the cardiac dECM is rich with cytokines and small molecules that modulate angiogenesis, survival, cell recruitment and the cellular response to inflammation. Decellularized porcine myocardium was found to contain vascular growth factors such as VEGF-A, VEGF-C, and FGF-1, cardiokines including PDGF, HGF, and endoglin, as well as factors involved in the inflammation such as G-CSF and IL-8 (Methe et al., 2014). While these residual factors modulate a range of pro-survival and pro-recruitment functions, they also exhibit batch-to-batch variability and present an ongoing challenge in the standardization of decellularization protocols.
3.2 Skeletal Muscle dECM Composition
The ECM of native skeletal muscle is composed of a combination of proteins and proteoglycans such as collagen, elastin, laminin, fibronectin and GAGs (Csapo et al., 2020). These components serve as modulatory binding sites, structural materials, and gene regulators for the native muscle and if preserved correctly, can serve these same functions as a decellularized material for skeletal muscle regenerative applications (Csapo et al., 2020). However, due to the wide range of decellularization protocols, the resulting dECM composition varies and hence the regenerative capacity of these materials will also vary.
3.2.1 How Different Protocols Affect Skeletal Muscle dECM Composition and Cell Interactions - Trypsin
Trypsin is a serine protease secreted by the pancreas to aid in the digestion of proteins (Miersch et al., 2018). In cell culture, trypsin is commonly used for detaching adherent cells during cell passaging (Sharma et al., 2019) as it disrupts the cell-ECM bonds. For this reason, trypsin is also used as a dissociation agent in skeletal muscle decellularization. However, due to its strong digestive properties, trypsin is also effective in removing essential ECM components like collagen and GAGs which present a challenge for downstream applications that rely on interactions with these components.
Wolf et al. established a decellularization protocol for whole muscles using 0.1% Trypsin, 2% SDC and 1% Triton X-100 (Wolf et al., 2012). ECM characterization using Herovici’s and Movat’s Pentachrome stains detected the presence of collagen and elastin, while immunostains of the basement membrane showed the preservation of laminin, type IV collagen, and fibronectin. Although the stains showed some ECM presence, the stains also revealed the dysmorphism of the physical structures in decellularized skeletal muscles. Furthermore, only 20% of sulfated GAGs (sGAGs) were retained in decellularized skeletal muscles when compared to native skeletal muscles. When these muscle dECMs were seeded with human perivascular stem cells, NIH 3T3 mouse fibroblasts, and C2C12 mouse myoblasts, cellular proliferation was observed on the surface of the decellularized tissue for all cell types. Additionally, the cultured C2C12s further differentiated into mature myotubes. In contrast, cellular metabolism quantified using Alamar Blue assay indicated higher metabolic activity in the tissue culture flask control compared to cells grown on the decellularized scaffold. In vivo implantation of the decellularized scaffold in a rat abdominal wall defect showed dense accumulation of regenerating cells, angiogenesis, and myogenesis around the scaffold surface as shown by histological analyses. Corona et al. used a similar combination of reagents on whole rat tibialis anterior (TA) muscles and showed enhanced cell proliferation of muscle satellite cells in vitro, but limited myogenesis when implanted into a volumetric muscle loss (VML) injury (Corona et al., 2013).
In contrast, greater in vivo healing outcomes were reported by Zhang et al. who combined 0.02% trypsin with 0.1% SDS and 1% Triton X-100 to perfusion decellularize whole porcine skeletal muscles (Zhang et al., 2016). ECM characterization of the decellularized tissue validated the retention of laminin, type IV collagen, fibronectin, and elastin. Similarly, sGAG quantification of native versus decellularized tissues corresponded to a preservation of roughly 20% sGAGs in the decellularized tissues. The culture and differentiation of C2C12 myoblasts on the dECM scaffold demonstrated improved myogenesis including greater fiber diameter, fusion index, and increased metabolism compared to the tissue culture plastic controls. In a VML injury model involving a rat abdominal wall defect, the transplanted dECM scaffold showed abundant cellular infiltration around the surface of the implant as well as moderate neo-muscle fiber presence up to 5 mm away from the defect. Neovascularization of the skeletal muscle dECM was also greater compared to the controls. Taken together, there is both utility and limitations of using a trypsin-based decellularization agent in which survival and proliferation of cells is supported in vitro but structural dysmorphism and loss of GAGs may impact in vivo applications.
3.2.2 How Different Protocols Affect Skeletal Muscle dECM Composition and Cell Interaction - SDS
A well strategized SDS treatment can be extremely effective at removing cellular debris, while still retaining ECM components. In an effort to restore normal muscle function following a severe muscle injury, Lee et al. decellularized minced rabbit skeletal muscles using 1% SDS to create a dECM scaffold (Lee et al., 2020). A compositional analysis of the resulting ECM in the decellularized tissue showed the retention of approximately 50% collagen, 74% elastin, and 83% GAGs when compared to native skeletal muscle. When seeded with C2C12 mouse myoblasts, the cellularized constructs maintained a 90% cell viability throughout the 7 days of culture. Alamar Blue assessment of metabolic activity of the cells in the muscle dECM demonstrated an increase in cell proliferation when compared to collagen controls. Additionally, greater in vitro myogenesis (myotube formation and maturation) was observed on the dECM scaffolds compared to controls. In a rabbit model of TA VML injury, treatment with the dECM scaffold was associated with a greater number of regenerated muscle fibers when compared to the collagen implant. Therefore, despite the reputation of SDS as a disruptive agent, dECM produced from an SDS protocol has been used for successful in situ muscle regeneration.
The decellularization of whole muscle tissues presents additional challenges due to the large volume of tissue that must interface with a decellularization agent to effectively remove cellular components. Protocols that aim to decellularize whole muscles typically include some form of SDS. To decellularize whole rat muscles, Kasukonis et al. employed a 1% SDS perfusion decellularization protocol (Kasukonis B. M. et al., 2016). ECM characterization of the decellularized tissue showed an approximately 90% retention of both collagen and GAGs. In vitro, the dECM supported C2C12 proliferation and in vivo implantation of the dECM scaffold with and without the addition of minced muscle autografts in a rat VML injury model resulted in reduced fibrosis when compared to the VML only control (Kasukonis B. et al., 2016; Kasukonis B. M. et al., 2016).
To characterize the effects of three different decellularization protocols, Urciuolo et al. employed a perfusion treatment for rat hind limbs using one of three agents: 1) LatB; 2) 4% SDC; or 3) 0.25% SDS (Urciuolo et al., 2018) (Figure 4A,B). Compared to native muscles, both H&E and SEM analyses displayed different histological characteristics as a function of decellularization agent (Figure 4C). Although the residual DNA content was statically lower than native tissues for all three treatments (Figure 4D), marked differences in global tissue morphology and myofiber structure was evident. Tissue architecture was extensively preserved in both the LatB and SDC treatment, whereas myofiber integrity was widely compromised in the SDS treatment (Figure 4E). Both the LatB and SDC protocols preserved about 50% of the native collagen content while the SDS protocol retained slightly less collagen at about 40% (Figure 4F). However, the same SDS treatment yielded tissues with a better retention of GAGs (∼45%), compared to approximately a 25% retention for both the LatB and SDC treatments (Figure 4F). Angiogenic cytokine content was also quantified in the three dECMs and revealed a 30 and 25% retention of VEGF using the SDS and SDC protocols respectively, while the LatB protocol showed almost no residual VEGF when compared to native skeletal muscles. Additionally, SDS preserved the greatest amount of IGF-1 (60% retainment) while both LatB and SDC correlated with about 33% compared to native tissues. To further test the regenerative potential of the decellularized tissues, each scaffold was transplanted into a murine extensor digitorum longus (EDL) VML injury model. All sites of implantation showed signs of tissue regeneration with partially restored muscle strength. Despite some differences in dECM composition, in vivo application of this material resulted in similar regenerative outcomes.
[image: Figure 4]FIGURE 4 | Differences in decellularization protocols determine dECM properties in whole tissues (A) Schematic of tissue harvest from a rat hindlimb for whole muscle decellularization (B) A breakdown of three example decellularization protocols used in whole tissue decellularization (C) Final DNA content after whole tissue decellularization using three different decellularization protocols (D) Tissue morphology from top to bottom: Macroscopic tissue images, Hematoxylin and Eosin (H&E) staining, and Scanning Election Microscope (SEM) images of whole tissues before (Fresh, first column) and after decellularization with LatB (second column), DET (third column), and SDS (fourth column) protocols (E) Massons Trichrome (MT) staining of whole tissue after decellularization (F) ECM content of collagen and GAGs remaining in decellularized whole tissues compared to fresh tissues. Figures A–F are adapted from “Decellularised skeletal muscles allow functional muscle regeneration by promoting host cell migration” by Urciuolo et al. (2018) licensed under CC BY 4.0.
3.2.3 How Different Protocols Affect Skeletal Muscle dECM Composition and Cell Interaction - LatB
A non-proteolytic, non-detergent based, decellularization method was developed by Gillies et al. for whole skeletal muscle decellularization (Gillies et al., 2011). The protocol consisted of LatB, potassium chloride, potassium iodide, and DNase, applied to whole mice TA muscles. LatB functions by depolymerizing the actin and myosin filaments that are the structural supports of skeletal muscle, making cells more vulnerable to the effects of potassium chloride and potassium iodide salts which are hyper- and hypotonic solutions. Most notably, major ECM components were preserved. Amongst the ECM components, 60% of GAGs and 100% of collagen remained in the decellularized tissue. Moreover, when seeded with C2C12 mouse myoblasts, the skeletal muscle dECM supported cell survival both on the surface and inside the scaffold.
Using this same LatB protocol, Fishman et al. decellularized the cricoarytenoid dorsalis muscles harvested from the larynx of adult rabbits (Fishman et al., 2012). The non-proteolytic, non-detergent protocol actively preserved several major ECM components, which corresponded with the retainment of about 75% collagen, 65% GAGs, preservation of elastin, and low presence of MHC classes I and II antigens. To test the biocompatibility and regenerative properties of the acellular tissue, the skeletal muscle dECM was transplanted into immunocompetent rats with a TA injury (Fishman et al., 2013). Compared to the control PCL scaffolds, the dECM scaffolds produced better cell survival and host integration.
Overall, the LatB decellularization approach pioneered by Gillies et al. is emerging as a viable alternative to the traditional SDS and trypsin treatments. Although a more mild protocol, LatB effectively preserves ECM components and may be an efficient approach for the decellularization of whole skeletal muscle decellularization without the need for perfusion bioreactors.
4 BIOPHYSICAL PROPERTIES: TOPOGRAPHY
The ECM is an elegant example of form supporting function. The ultrastructure of an ECM niche is dictated by the needs of the cells that it is designed to support. In the case of cardiac and skeletal muscle, this means that the tissue ECM is highly organized and anisotropic to enable fast and uniform transfer of contractile forces across the entire tissue. The topographical features of the ECM are present from the macrostructure down through the sub-cellular organization of fibrillar proteins. The spatial patterning of these structures provides a supportive niche that can direct cell organization, behavior, and function. Topographical patterning using dECM materials is generally performed using two different approaches: 1) use of the intact native matrix with original architecture; 2) use of solubilized matrix that is then printed into specific patterns to guide cell behavior.
4.1 Cardiac dECM Topography
The theme of alignment is pervasive throughout all levels of the cardiac tissue structure from the parallel orientation of the myocardial macrostructure to the sub-micron bands of the sarcomeres (Carson et al., 2016). Much of the structural alignment that is seen in cardiac tissue is primarily dictated by fibronectin and collagen fibers (Batalov et al., 2021), which have diameters ranging from 30 to 120 nm (Carson et al., 2016). Within these fibers are the integrin-binding domains that interact with cells to facilitate attachment and thereby are responsible for guiding cellular alignment. In fibronectin, the most common domain is the arginine-glycine-aspartate peptide (RGD) that facilitates binding through the α5β1 integrin complex (Bellis, 2011). Collagen also has RGD sequences, but these sites are largely inaccessible due to the conformation unless the collagen is cleaved by MMPs or denatured (Bellis, 2011). Other important binding players located on cell membranes are the α1β1 integrin complex, which primarily binds to collagen type IV, and the α2β2 integrin complex, which predominantly binds to collagen type I (Boraschi-Diaz et al., 2017). The accessibility of the integrin-binding domains following decellularization plays a decisive role in guiding cardiac cell binding and cytoskeletal organization. Therefore, the decellularization protocols aimed at generating dECM with specific topographical features, must prioritize the preservation of the ECM components that house these cell-binding domains.
4.1.1 How Different Decellularization Protocols Affect Cardiac dECM Topography
To enable the study of dECM topography, decellularization protocols must avoid disruption of key ECM proteins such as fibronectin and collagen fibers, which contain essential integrin-mediated binding domains. Protocols that remove cells via cell swelling and rupture have been shown to physically disrupt the spatial environment, and repeated freeze-thaw cycles can be severely damaging to fibrillar proteins, leading to inconsistent fiber sizes (Behmer Hansen et al., 2021). Similarly, extended exposure to reagents such as trypsin, SDS, and Triton X-100 can disrupt glycoprotein microstructure which is important for cell adhesion and growth factor regulation (Wilgus, 2012; Gilpin and Yang, 2017). For example, Merna et al. found that hearts decellularized with a combination of trypsin and triton thoroughly removed DNA (<1 ng/mg, ∼90% removal), but significantly disrupted the elastin architecture (Figure 3B) (Merna et al., 2013). In contrast, a triton-only regimen had less of an effect on elastin content and maintained crimped collagen fibers; however, the protocol resulted in only about 40% decellularization based on residual DNA content.
Fortunately, the most common cardiac decellularization approach of 1% SDS and 1% Triton X-100 is effective in the removal of cells and cellular debris without significant disruption to the ECM. (Ott et al., 2008; Robertson et al., 2014; Williams et al., 2014; Hochman-Mendez et al., 2020; Wang et al., 2020; Basara et al., 2021; Mousavi et al., 2021; Tsui et al., 2021). Using this classic decellularization approach, Hochman-Mendez et al. even confirmed that the wave-like topography of laminin in the cardiomyocyte basement membrane was preserved (Hochman-Mendez et al., 2020). However, the precise level of ECM feature preservation required for adequate cell binding, growth, and patterning still remains to be extensively characterized.
4.1.2 How Cardiac dECM Topography Affects Cell Behavior In Vitro
A significant body of work has been done to study native topography and to characterize the drivers of cardiomyocyte alignment. Micropatterning, nanofiber electrospun scaffolds, flexible posts, and electrical fields are just some of the methods used to guide alignment in vitro (Au et al., 2007; Carson et al., 2016; Leonard et al., 2018; Suh et al., 2020; Batalov et al., 2021). While it is well understood that the orientation and elongation of cardiac cells is essential for maturation and proper contractile function, the field has yet to fully elucidate the underlying biophysical, mechanical, and molecular mechanisms that facilitate alignment.
To better understand these complex relationships, Schwan et al. developed an engineered heart tissue (EHT) system from laser cut, decellularized porcine myocardial sheets (Schwan et al., 2016). A major insight from this work was that local matrix cues from the EHT were more influential in guiding cellular alignment than macroscopic cues such as applied load or stiffness, which are historically potent modulators of alignment in isotropic gels (Schwan et al., 2016). When the EHT was recellularized with neonatal rat ventricular myocytes, human embryonic stem cell derived cardiomyocytes, or human induced pluripotent stem cell derived cardiomyocytes (iPSC-CMs), the resulting construct displayed spontaneous beating, cellular alignment, organized sarcomeres, and gap junctions. They found that the mechanical properties, such as peak twitch stress, were dictated by the orientation of the fibers and could be used to recapitulate the contractile anisotropy displayed by native tissues. Moreover, when they compared the EHT to another anisotropic scaffold, electrospun gelatin, they found that the EHT had a stronger peak stress, suggesting that the dECM possess a diverse multitude of biomechanical factors that similarly patterned synthetic materials cannot recapitulate.
4.1.3 How Cardiac dECM Topography Affects Cell Regeneration In Vivo
The vast majority of in vivo studies that use cardiac dECM, do so by using the material in a solubilized form. While topography and patterning of dECM in vitro may have provided evidence of guiding cellular and biomechanical outcomes, the story in vivo is different. Cardiac dECM injectable therapeutics have had promising results (Singelyn et al., 2012; Wang et al., 2019; Wang et al., 2020). However, there are a few studies that showed the benefit of using dECM with preserved topography as a tool for enhancing cell recruitment or delivery in small animal injury models. Sarig et al. implanted decellularized porcine cardiac patches into rats following induced MI and observed recruitment of native macrophages and cardiomyocyte progenitor cells (CPCs) (Sarig et al., 2016). Recruited CPCs organized into fiber-like clusters with partial striation and positive staining for gap junction marker Connexin43. Sarig et al. concluded that their dECM patch, without recellularization, improved contractility, ejection fraction, and cardiac remodeling following MI (Sarig et al., 2016).
Like Sarig et al., Wang, Q. et al. used intact rat decellularized ECM patches for treatment post MI in a rat model, but also directly compared acellular dECM patches to dECM patches cultured with human iPSC-CMs and CD90+ nonmyocytes (Wang et al., 2016). They found that recellularized patches significantly improved ejection fraction and vascular density, while decreasing infarct size in comparison to acellular dECM patches. However, their recellularization did not produce adequate cellular alignment or cardiomyocyte maturation and they did not study recruitment of host cells. Taken together, in vivo application of cardiac dECM is largely driven by modulation of the regenerative niche by the ECM components and, to a much lesser extent, by any specific surface patterning or topographical features.
4.2 Skeletal Muscle dECM Topography
Many studies that look at the topographical contribution of decellularized skeletal muscle aim to utilize and/or mimic the naturally aligned pattern of the ECM to guide myogenic cell differentiation. Similar to cardiac muscle, skeletal muscle is highly oriented along a common axis and is composed of functional myofiber units that are organized in parallel to maximize force contraction. Skeletal muscle is anisotropic and is made up of tightly bundled, aligned structures of densely-packed myofibers (Jana et al., 2016). In the field of skeletal muscle regeneration, differentiation of new myofibers along a uniform direction is a key feature of a successful biomimetic material and supportive niche. Furthermore, it has been widely demonstrated that topographical patterning of cells has a significant impact on morphology, behavior, and function (Nakayama et al., 2018; Nakayama et al., 2019). There are several reoccurring themes in the area of topographical patterning and skeletal muscle dECM that include the contribution of alignment/anisotropy, scale (micro versus nano), and porosity (Figure 5).
[image: Figure 5]FIGURE 5 | Patterning and topography in dECM biomaterials (A) Material topography with a random-orientation of fibers and cells (B) Nano- and micropatterned materials with parallel orientation of fibers or channels showing differences in cell guidance and interaction (C–E) C2C12 myoblasts cultured on 3D-printed line widths of 500 μm, 1,500 μm, and 5,000 µm on (C) day 1 and (D) day 7; cells were stained green for F-actin (Phalloidin), and blue for nuclei (DAPI) (E) Quantification of % aligned cells on the varying line widths at day 1 and 7 (F) Porous and Non-Porous properties of bulk materials differentially regulate the diffusion of gases and other soluble factors (G) Quantification of average pore sizes in native skeletal muscle tissue and decellularized scaffolds treated with 0.2% SDS and 1% SDS, respectively (H) Macroscopic and SEM images of native skeletal muscle and decellularized scaffolds treated with 0.2% SDS and 1% SDS, respectively. Figures A, B, F are created using BioRender.com. Figures C–E are adapted with permission from Choi et al. (2016). Figures G, H are adapted with permission from Shapiro et al. (2019).
4.2.1 How Skeletal Muscle dECM Topography Affects Cell Behavior- Alignment
The alignment-mediated cellular response is a key player in myogenesis and the development of functional myotubes and physiologically mimetic myofibers (Ostrovidov et al., 2014). Substrates with either aligned or randomly-patterned topography are often used to assess or enhance contact-driven myogenic fusion (Figure 5A). One approach that utilizes skeletal muscle dECM with controlled topographical patterning was demonstrated by Kim et al. using 3D bioprinting methods to produce a cell-laden, dECM-based structure with unique topographical cues (Kim et al., 2020). To test the effect of uniaxial topographical patterning, C2C12 mouse myoblasts were seeded onto either aligned or non-patterned dECM scaffolds and were cultured for 21 days. Significantly greater myoblast alignment, myotube formation, and myogenic gene expression (MyoD1, MYH2, Myog) was observed in the aligned patterned dECM scaffolds when compared with the non-patterned controls. In another alignment-focused study, through the use of elastomeric chips made from polydimethylsiloxane (PDMS), the kinetics of dECM fibrillogenesis was controlled to fabricate both aligned and non-patterned dECM hydrogel scaffolds loaded with induced skeletal muscle progenitor cells (iMPCs) (Jin et al., 2021a). iMPC-loaded aligned dECM hydrogel scaffolds showed increased cell alignment and expression of myogenic markers Mrf5, MyoD1, and Myog at day 10 of in vitro cell culture. In vivo implantation of both aligned and non-patterned iMPC-loaded 3D constructs in a VML quadriceps femoris mouse model demonstrated a significant reduction of fibrosis as well as greater de novo muscle regeneration in the aligned iMPC-loaded hydrogel scaffold compared to the non-patterned control. These combined studies highlight the ability of physical cell alignment to enhance myogenesis in vitro and muscle regeneration in vivo.
Hybrid dECM bioinks are another approach to guiding alignment-mediated muscle regeneration. Lee et al. created aligned and randomly-oriented bioprinted skeletal muscle constructs using photo-crosslinkable dECM bioink together with poly(vinyl alcohol) (PVA) to modulate topography. The self-aligned printed muscle constructs improved myogenic differentiation in vitro evidenced by the expression of mature myogenic markers (MYH4 and MYH2) and exhibited rapid restoration of muscle function in vivo in a rat tibialis anterior VML model (Lee et al., 2021). The aligned constructs showed increased myofiber formation, reduced fibrotic tissue area, significant MHC+ expression, and greater tetanic force production. Together, these studies underscore the modulatory role of dECM alignment in guiding myogenesis.
4.2.2 How Skeletal Muscle dECM Topography Affects Cell Behavior- Scale
Topography can be modulated on the micro- or nano-scale to guide cell behavior and myogenesis; however, it is a highly contested topic as to which topographical scale is most effective at achieving the optimal cell response (Skoog et al., 2018) (Figure 5B). Because of the increasing accessibility of technologies such as 3D bioprinting, electrospinning, soft- and photolithography, patterning using lower resolution microscale topographies are more widely used compared to higher resolution nanoscale topographies (Chia and Wu, 2015). For example, Choi et al. fabricated micro-scale cell-laden dECM muscle constructs using 3D printing of dECM with line widths that ranged between 300 and 1,000 μm. The micropatterned 3D printed constructs demonstrated high cell viability and supported the formation of densely packed aligned-myotubes compared to non-patterned controls. Furthermore, to assess therapeutic efficacy, the 3D micropatterned muscle constructs were implanted into the defect site of a rat tibialis anterior VML injury and displayed de novo muscle regeneration and minimal fibrosis when compared to the non-patterned controls (Choi et al., 2019).
Studies have also been done using dECM with different pattern scales to determine the optimal fiber size for myogenesis in vitro. Using 3D bioprinting, Choi et al. constructed C2C12-laden scaffolds with fibers that ranged between 500 and 5,000 μm (Choi et al., 2016) (Figure 5C,D). It was found that the greatest cellular alignment, elongation, and mechanical strength was seen by cells cultured on scaffolds with the higher resolution range of 500 μm patterning (Figure 5E). Evidence that smaller topographies may lead to enhanced myogenesis was demonstrated by this same group using deep X-ray lithography to fabricate sinusoidal microscale patterns of dECM in the range of 20–80 μm (Choi et al., 2018). These wavy dECM surfaces induced myoblast alignment and enhanced myotube formation and differentiation.
Nano-scale ECM topographies have been shown to play a potent role in guiding cell morphology, phenotype, differentiation, and function (Nakayama et al., 2015; Nakayama et al., 2016; Nakayama et al., 2018; Nakayama et al., 2019; Patel et al., 2019; Patel et al., 2020; Jin et al., 2021a). In a study by Patel et al., dECM and polycaprolactone (PCL) were electrospun together to mimic the topographical architecture of native muscle with a fiber diameter range of 500–2000 nm (Patel et al., 2019). The hybrid scaffolds were capable of supporting myogenic cell growth and the secretion of myokine growth factors. The nanofiber scaffold promoted in vivo muscle regeneration in a murine model of gastrocnemius-soleus VML with increased myofiber (MHC+) regeneration and elevated activity of anti-inflammatory M2 macrophage (arginase+) compared to the control groups (Patel et al., 2020). Similarly, nano-scale topographies were used to guide myogenesis using elastomeric PDMS chips together with iMPCs to support mature myotubes in vitro and de novo muscle regeneration with induced functional restoration of injured quadriceps femoris muscles in a VML mouse model (Jin et al., 2021a).
Both micro- and nano-topographies have been shown to guide myogenesis and functional muscle regeneration in vitro and in vivo and the optimal topographical scale is dependent on several factors including the desired cellular interactions, type of cells, and substrate properties.
4.2.3 How Skeletal Muscle dECM Topography Affects Cell Behavior- Porosity
The porosity of a biomaterial determines the rate of transportation of gases, removal of waste products, and diffusion of macromolecular proteins from the surrounding environment into the bulk space of the matrix (Choi et al., 2019; Jin et al., 2021a) (Figure 5F). Shapiro et al. demonstrated that different concentrations of SDS effect the pore size of the resulting dECM, such that increasing concentrations of SDS produced tissues with greater pore sizes (Shapiro et al., 2019) (Figures 5G,H). The larger pore sizes better supported cell infiltration and allowed for the controlled release of IGF-1 to enhance in situ muscle regeneration. In a study done by Jin et al., four different types of dECM-PCL substrates were thermally drawn into sheets or fibers following a salt leaching method to incorporate porosity (Jin et al., 2021b). The four types of substrates include non-porous sheets, porous sheets, non-porous fibers, and porous fibers. Culture of iMPCs on the four different substrates resulted greater expression of myogenic genes (MyoD1, Mrf5, Myog, ITGB1, ITGA7, and CDH2) within the porous group when compared to the non-porous group. Others have demonstrated better cell viability when using porous dECM scaffolds compared to non-porous hydrogels (Choi et al., 2019), implicating possible cell hypoxia when scaffolds are not sufficiently porous.
Combinatorial effects of alignment plus porosity have also been associated with improved cellular outcomes. In a comparison of aligned (pore size of 3.39 µm) versus randomly-oriented (pore size of 2.58 µm) muscle constructs, greater cell viability if iMPCs was seen on the aligned scaffolds, which contained the larger pores, compared to the randomly-patterned scaffolds, which contained the comparatively smaller pore size (Jin et al., 2021a). Together, these studies underscore the significance and modulatory role of porosity in the use of skeletal muscle dECM to fabricate regenerative biomaterials; excessively high porosity will lead to lower structural integrity (Jakus et al., 2018) and a lack of porosity will potentiate hypoxia and cell death (Jin et al., 2021a).
5 BIOPHYSICAL PROPERTIES: MECHANICAL PROPERTIES
Cell biomechanics are constantly at play in the regulation of tissue homeostasis and response to injury. In native tissues, cells are naturally exposed to physical forces such as compressive loading, tensile strain, shear, and electrical stimulation (Rando and Ambrosio, 2018). These dynamic mechanical cues transduce signals from the surrounding extracellular environment through the cell membrane and into the cell’s nucleus to influence the transcriptional programs that drive morphogenesis. By modulating the process of mechanotransduction, ECM-derived biomaterials can guide cells towards tissue remodeling, regeneration, and ultimately repair following injury.
5.1 Cardiac dECM Mechanical Properties
Disease, injury, and aging cause irreversible remodeling to cardiac ECM leading to fibrosis and a subsequent increase in stiffness, decreased contractility, and eventual heart failure. Due to the dynamic loading and contractile demands of the heart, an effective engineered therapeutic must support and recapitulate these functional mechanical properties. While cardiac dECM has been used to enhance the mechanical integrity of engineered cardiac tissues, the exact contribution of specific dECM biomechanical properties such as architecture, elasticity, and stiffness to the overall outcomes is not well-established (Silva et al., 2016).
5.1.1 How Different Decellularization Protocols Affect Cardiac dECM Mechanical Properties
The exact relationship between specific mechanical properties and the decellularization protocols used to generate these cardiac dECMs is not well-characterized. While there is a consensus that restoration of functional cardiac mechanics is a key benchmark of a successful regenerative technology, there is a marked lack of published studies that characterize the dECM mechanics (Behmer Hansen et al., 2021). However, some broad correlations can be made between some decellularization approaches and the resulting effects on cardiac dECM elasticity and strength. Decellularization protocols that utilize SDS and Triton X-100 for long periods of time risk damaging collagen and elastin fibers by decreasing fiber thickness and losing ultrastructure (Merna et al., 2013; Gilpin and Yang, 2017; Lee et al., 2017; Behmer Hansen et al., 2021). These alterations to ECM glycoproteins can have detrimental effects as they play a role in maintaining cardiac elasticity and tensile strength (Behmer Hansen et al., 2021). Merna et al. measured compressive modulus following various whole heart perfusion decellularization protocols. They found decellularization with triton increased the compressive modulus by 150% in comparison to the native heart while a trypsin plus triton regimen decreased the compressive modulus by <20% (Merna et al., 2013). Careful preservation of dECM mechanical properties and elasticity is especially challenging for perfusion systems which risk overinflating the heart and causing damage to the elastin fibers. Therefore, methods have been developed that optimize perfusion and gravitational forces to minimize mechanical strain during decellularization. Lee et al. found that inverting the heart at a -45° angle, improved perfusion efficiency and also improved retention of ECM proteins and heart shape (Lee et al., 2017).
5.1.2 How Cardiac dECM Mechanical Properties Affect Cell Behavior
Decellularized cardiac ECM provides mechanical cues that have the potential to improve cell attachment, differentiation, and maturation (Lu et al., 2013; Williams et al., 2014; Fong et al., 2016; Sarig et al., 2016; Das et al., 2019; KC et al., 2019; Hochman-Mendez et al., 2020; Mesquita et al., 2021). Specifically, cardiac dECM substrate stiffness can guide cell migration, proliferation, differentiation, and maturation (Merna et al., 2013; Perea-Gil et al., 2018). It has been shown that cardiomyocytes prefer softer substrates; when cultured on poly(ethylene glycol) and fibrinogen (PEGylated fibrinogen) hydrogels, an inverse correlation was found between material stiffness and the magnitude of cardiomyocyte contraction (Shapira-Schweitzer and Seliktar, 2007). As a therapeutic, dECM can provide mechanical support to the injured myocardium and must closely match the native contractile properties. If the dECM does not reflect native stiffness or the recellularized dECM construct contains immature cells, arrhythmias and a cascade of negative immune responses will occur leading to further scarring (Zhang et al., 2018). Therefore, dECM scaffolds must recapitulate the stiffness and mechanical properties of native myocardium as well as support cardiomyocyte contraction and maturation.
5.2 Skeletal Muscle dECM Mechanical Properties
Much like cardiac dECM, the influence of skeletal muscle dECM mechanical properties on myogenesis and muscle regeneration is not well-characterized. The biophysical dECM properties such as biochemical composition and topographical patterning are often the primary targets for modulation of cell behavior and less attention is given to controlling cellular interactions via classical tissue biomechanics. However, replicating the mechanical properties of skeletal muscle are a crucial component in the design of engineered skeletal muscle and regeneration in vivo (Lacraz et al., 2015).
The compressive stiffness of skeletal muscle dECM is heavily influenced by the decellularization reagents. In a study by Reyna et al. that compared three different decellularization methods, it was found that the SDS/Triton X and Triton X-only treated tissues had similar stiffnesses to the collagen control, while a LatB treatment produced the least stiff tissue across all groups (Reyna et al., 2020). While this specific study did not examine the downstream effects of stiffness on cellular interactions, two other studies found that the specific dECM that most closely resembled the stiffness of native muscle, promoted the greatest myogenesis in vitro and muscle regeneration in vivo (Choi et al., 2016; Jin et al., 2021b). To mimic the native structure of muscle, Choi et al. 3D printed muscle scaffolds using dECM bioinks (Choi et al., 2016). The dECM printed muscle scaffold exhibited a stiffness (12 ± 3 kPa) similar to that of native muscle (≈12 kPa) and also supported myoblast proliferation, myotube formation, and myogenic differentiation in vitro.
Mechanical variance is unavoidably introduced when dECM is fabricated into scaffolds with varying physical properties, and likely plays a contributing role in guiding subsequent cellular interactions. Jin et al. fabricated two types of muscle constructs by thermal drawing; a porous/fibrous scaffold (12.4 ± 3.5 kPa), and a porous/sheet-like scaffold (29.0 ± 3.8 kPa) (Jin et al., 2021b). The porous/fibrous scaffold had a stiffness that was most similar to native muscle (11.5 ± 1.3 kPa) and outperformed all other groups in myogenesis both in vitro and in vivo. Similar to cardiac dECM, the regenerative potential of skeletal muscle dECM is optimized when the scaffold’s mechanical properties most closely resemble that of the native tissue.
6 EMERGING RESEARCH
The complementary fields of cardiac and skeletal muscle dECM research will continue to evolve and pioneer novel methods and tools for regenerative medicine. There are some very recent studies that stand apart in novelty and provide valuable insights and first steps that have the potential to take the field in a new direction. Herein, select studies are described that approach dECM research from an unexpected direction. While many of these studies were published within the past few years, they describe a dECM application that is a drastic departure from where the majority of the field currently resides.
6.1 Emerging Research in Cardiac dECM
The initial translational goal for cardiac dECM research was to use whole decellularized hearts as a therapeutic alternative for waitlisted organ transplant candidates. While this approach has yet to meet the clinical milestones necessary for a patient-applied treatment, cardiac dECM is nevertheless a versatile and powerful tool used in cardiomyocyte differentiation, maturation, and proliferation (Hochman-Mendez et al., 2020; Mesquita et al., 2021). It has also shown great promise as a therapeutic for the treatment of myocardial infarction, either in the form of a solubilized injectable gel or as an intact cardiac patch. (Sarig et al., 2016; Wang et al., 2016; Wang et al., 2019; Wang et al., 2020). However, despite the many studies demonstrating the utility of dECM for cardiac applications, there remains a gap in knowledge and bottlenecks in clinical translation.
To tackle the ongoing challenge of obtaining a renewable and robust supply of human cardiac dECM, one group has looked towards the use of cardiac organoids as a cultured source for dECM. Chiang et al. used organoids derived from human umbilical cord blood mesenchymal stem cells to lay down a structural protein niche that was then decellularized to provide a dECM scaffold (Chiang et al., 2021). The resulting dECM was shown to possess both essential microarchitecture and functional bioactivity (Chiang et al., 2021). This approach can be easily scaled up to produce large quantities of tissue-specific human ECM under reproducible and controlled laboratory conditions. Through the use of organoid-derived dECM, several major bottlenecks are circumvented by moving away from highly variable animal-derived products towards an approach that could be more easily standardized in a higher throughput setting.
Another approach for dECM cardiac tissue engineering that circumvents the need for healthy cardiac tissue as source material, is the use of other organs such as placenta or small intestine submucosa (SIS) for cardiac applications. Jiang et al. decellularized rat placentas which are highly vascularized, rich in ECM, and more readily available than hearts (Jiang et al., 2021). They recellularized the placenta with hiPSC-CMs and observed spontaneous contraction at a rate of 40—100 bpm. The hiPSC-CMs were also responsive to isoprenaline and had synchronized electromechanical propagation with external electrical stimulation. Additionally, the decellularized placenta significantly upregulated mRNA expression of genes related to cardiomyocyte structure, maturation, and conduction compared to cells culture on Matrigel coated tissue culture plastic. To test the therapeutic efficacy of their bioengineered cardiac patch (BCP), a rat myocardial infarction model was used. BCPs significantly improved left ventricular function, decreased infarct size, and increased cell retention compared to decellularized placenta or hiPSC-CMs alone after 4 weeks (Jiang et al., 2021).
The general concept of repurposing non-cardiac dECM for cardiac applications has also garnered significant interest and excitement with the emerging field of plant decellularization. Although decellularized vegetal scaffolds do not contain identical ECM components to decellularized cardiac tissues, their use has increased in popularity in recent years due to their innate networks for fluid transportation that resembles the human tissue vasculature. Additionally, plant tissue possesses similar mechanical properties, are highly accessible at a low cost, and non-immunogenic in nature (Harris et al., 2021). Plant tissue is primarily composed of cellulose, a well-studied, biodegradable compound that is widely used in a variety of clinical applications including wound dressing and drug delivery (Harris et al., 2021). Decellularized vegetal scaffolds are often coated with fibronectin, collagen, or poly-l-lysine (PLL) to promote cellular attachment and tune mechanical properties (Robbins et al., 2020; Harris et al., 2021). For cardiac tissue engineering, decellularized spinach (spinacia oleracea) and tomato (solanum lycopersicum) leaves have been identified as the ideal source material because their mechanical properties are in the range of human cardiac tissue (Gershlak et al., 2017; Robbins et al., 2020; Harris et al., 2021). Gershlak et al. decellularized spinach leaves, coated with fibronectin, and recellularized the vascular component with human umbilical vein endothelial cells (HUVECs) and the surface of the leaves with a combination of human mesenchymal stem cells (hMSCs) and hiPSC-CMs. The vasculature remained patent and perfusable and all cell types adhered and matured over the course of the 21 days study. The hiPSC-CMs began to spontaneously contact 5 days after seeding, exhibiting a 1% contractile strain and a contractile rate of 0.8 Hz (Gershlak et al., 2017). More recently, the same group recorded 3.94 ± 1.20% contractile strain which they hypothesized was due to their updated decellularization protocol which uses 1% SDS instead of 10% SDS (Robbins et al., 2020). While these results are promising, the contractile strain is still much smaller than the of adult myocardium (15.9–22.1%) (Yingchoncharoen et al., 2013). Therefore, significant work is still needed to meet the clinical milestones necessary for this cardiac patch to become a patient-applied treatment. Nonetheless, the use of plant-derived dECM for regenerative cardiac applications is an exciting new direction and may catalyze a paradigm shift and permenant new direction for cardiac decellularization.
6.2 Emerging Research in Skeletal Muscle dECM
The gold standard technology in skeletal muscle decellularization is experiencing a gradual shift away from the use of whole acellular tissue scaffolds towards more controlled 3D bioprinted approaches. Skeletal muscle dECM is now often solubilized into a bioink for extrusion printing, which allows for the construction of complex geometries and patterns that can be printed in multiple layers to support different cell types and deep vascular networks. A major advantage of muscle dECM printing is the ability to mass produce large quantities of bioactive materials, which has the potential to increase accessibility and thereby pave a smoother road towards clinical adoption as a therapeutic for muscle regeneration. However, despite these many advancements in skeletal muscle dECM 3D-printing, the ability to commercialize dECM using strictly bio-printing technology has yet to be fully realized (Dzobo et al., 2019). Many of the same bottlenecks originally associated with whole tissue decellularization, such as the yield of dECM, tissue supply, and cost, are carried over into 3D bioprinting approaches. These factors all still need to be evaluated before large-scale commercialization is possible. Therefore, similar to cardiac tissues, alternative sources of dECM materials have been a recent focus for skeletal muscle regeneration.
As an alternative to animal-derived proteins, some select plants are emerging as materials for engineering aligned muscle fibers. Monocotyledon plants, such as green onions, have a highly structured parallel architecture made up of cellulose. Decellularized monocotyledon plants possess anisotopy similar to striated human muscle tissue and were show to guide myogenesis through these topographical cues (Cheng et al., 2020). A wide variety of plants were decellularized using a basic protocol of 1% SDS for a 3 weeks duration. Out of the fruits and vegetables that were decellularized in the study, the monocotyledon plants such as asparagus, green onions, leeks, and celery all exhibited good anisotropic and aligned scaffold structures. This unidirectional structure in green onion plants, comprised of grooves that are about 20 µm wide and 10 µm deep, served as natural topographical templates for myogenesis (Cheng et al., 2020). Specifically, decellularized plants scaffolds seeded with human skeletal muscle cells (hMSCs) and C2C12 myoblasts induced a higher level of anisotropic organization of both cell types when compared to glass coverslip controls. Furthermore, the plant scaffolds demonstrated greater myogenesis in the form of myotube formation compared to controls. In the cardiac study by Gershlak et al., which also utilized dicotyledon plants (decellularized spinach leaves), it was shown that a wide range of cell types including endothelial cells and mesenchymal stem cells, are supported by these decellularized plant materials (Gershlak et al., 2017). Given the diverse assortment of decellularizable plant structures, this approach reduces the potential production cost, impact on the environment, and offers a vegan-friendly foundation for bringing this technology to mass production.
Engineering plant-based solutions could also solve a major problem in the meat production industry. About 60% of global greenhouse gas emissions can be traced back to the production of animal-based foods (Xu et al., 2021). Bioartificial lab-grown meat is an emerging area in the biotechnology sector and has the potential to provide edible meat alternatives to large sectors of the global population. There are currently over 70 cultured meat startup companies and who collectively raised $366 million last year (Byrne and Murray, 2021). These companies produce cell-based meat that mimics beef, poultry, pork, and seafood and many base their products on derivatives of dECM. In a specific study by Jones et al., decellularized spinach leaves were used as a matrix for culturing bovine satellite cells as they were developed into edible “meat” (Jones et al., 2021). The decellularization of spinach leaves utilized a 1% SDS protocol, and resulted in a dECM structure filled with a deep hollow vascular network suitable for cellular infiltration. Approximately 25% of the bovine satellite cells stained positive for myosin heavy-chain expression and showed good cytoskeletal alignment (average kappa value of 0.71 ± 0.1) supportive of anisotropic myogenesis. While the field of cultured meats is still relatively young, if successful, this industry has the potential to make a massive impact on the supply chain of food worldwide.
7 COMMENTARY ON FUTURE DIRECTIONS FOR CARDIAC AND SKELETAL MUSCLE DECM
Although the use of dECM in tissue engineering has led to many paradigm-shifting insights, there is still much work to be done before it can become standard clinical practice. There needs to be better methods for standardization of decellularization protocols and dECM characterization following decellularization. Many of the published protocols do not specify durations and often assess decellularization visually based on non-quantitative color-based metrics. To overcome batch-to-batch variations, decellularization protocols should be followed by characterization of both the biochemical and mechanical properties of the dECM using such tools as liquid chromatography-mass spectrometry, atomic force microscopy, and electron microscopy. It is crucial to retain the structure and bioactive components of the dECM and it has been shown that overexposure to many of the decellularization agents cause irreversible damage. Conversely, incomplete decellularization results in unwanted immune responses and limits recellularization. To date, there is no universal decellularization protocol as there are many complex factors that influence how a tissue will decellularize. Oftentimes, the selected protocol is a true compromise built on the sacrifice of some biophysical properties in favor of others. As our understanding of the underlying mechanisms driving cell-dECM interactions are uncovered, the fields of cardiac and skeletal muscle decellularization will evolve and refine to increase in translational relevance and expand in impact on human health.
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Decellularization procedures have been developed and optimized for the entire organ or tissue blocks, by either perfusion of decellularizing agents through the tissue’s vasculature or submerging large sections in decellularizing solutions. However, some research aims require the analysis of native as well as decellularized tissue slices side by side, but an optimal protocol has not yet been established to address this need. Thus, the main goal of this work was to develop a fast and efficient decellularization method for tissue slices—with an emphasis on lung—while attached to a glass slide. To this end, different decellularizing agents were compared for their effectiveness in cellular removal while preserving the extracellular matrix. The intensity of DNA staining was taken as an indicator of remaining cells and compared to untreated sections. The presence of collagen, elastin and laminin were quantified using immunostaining and signal quantification. Scaffolds resulting from the optimized protocol were mechanically characterized using atomic force microscopy. Lung scaffolds were recellularized with mesenchymal stromal cells to assess their biocompatibility. Some decellularization agents (CHAPS, triton, and ammonia hydroxide) did not achieve sufficient cell removal. Sodium dodecyl sulfate (SDS) was effective in cell removal (1% remaining DNA signal), but its sharp reduction of elastin signal (only 6% remained) plus lower attachment ratio (32%) singled out sodium deoxycholate (SD) as the optimal treatment for this application (6.5% remaining DNA signal), due to its higher elastin retention (34%) and higher attachment ratio (60%). Laminin and collagen were fully preserved in all treatments. The SD decellularization protocol was also successful for porcine and murine (mice and rat) lungs as well as for other tissues such as the heart, kidney, and bladder. No significant mechanical differences were found before and after sample decellularization. The resulting acellular lung scaffolds were shown to be biocompatible (98% cell survival after 72 h of culture). This novel method to decellularize tissue slices opens up new methodological possibilities to better understand the role of the extracellular matrix in the context of several diseases as well as tissue engineering research and can be easily adapted for scarce samples like clinical biopsies.
Keywords: decellularization, bioscaffold recellularization, biocompatibility, extracellular matrix, tissue slices, lung
1 INTRODUCTION
The extracellular matrix (ECM) plays an important role by regulating cell behavior through structural and biochemical stimulation. The ECM is composed of more than 300 core structural components (Burgstaller et al., 2017) that provide physical and chemical cues that regulate essential cellular mechanisms (Gattazzo et al., 2014), including proliferation, migration and differentiation. Overall, the ECM is divided into two major compartments: the interstitial ECM and the basement membrane. The interstitial ECM is in the intercellular spaces and is composed mostly of fibrous proteins and polysaccharides, most predominantly collagen type I and III, elastin, and fibronectin. The basement membrane is made up of sheets of deposition of ECM components—mainly collagen type IV and laminins—that are located under epithelial and endothelial cells (Pompili et al., 2021). These two layers make up the “core matrisome.” However, the ECM has other components such as ECM-affiliated proteins and secreted factors that are typically removed during decellularization and thus less frequently characterized (Hynes and Naba 2012). The study of the ECM and its characteristics yields an important understanding of the complex interactions between cells and their microenvironment, which plays a pivotal role in various diseases including cancer and fibrosis (Rendin et al., 2019; Wishart et al., 2020; Júnior et al., 2021). Accordingly, decellularized ECM scaffolds have great potential for tissue engineering and regenerative medicine. In fact, decellularized tissues can be used for the generation of ECM hydrogels (Falcones et al., 2021), for the recellularization of whole acellular organs (Ohata and Ott 2020), as well as applications in tissue regeneration (Zhu et al., 2019). Thus, it is unsurprising the growing interest to work on physiomimetic tissue scaffolds by decellularizing different types of tissues (Mendibil et al., 2020).
To remove cells from their ECM, several strategies can be employed (Mendibil et al., 2020) by using physical, chemical, enzymatic or a combination of approaches. Physical strategies include freeze/thawing cycles, which induce crystals in the matrix disrupting the cell membrane, as well as agitation, which is commonly used in conjunction with another/s decellularizing agent/s facilitating cell lysis. Chemical strategies include detergents, such as Sodium Dodecyl Sulfate (SDS) or Sodium Deoxycholate (SD), that solubilize the cell membrane and hypertonic or hypotonic solutions, that will cause cell disruption by osmotic shock. Finally, enzymatic approaches can target the adhesion of cells to the ECM, such as the combination of trypsin with EDTA (ethylenediaminetetraacetic acid) or target the nuclear material of the cell, such as with deoxyribonuclease (DNAse). In this context, each decellularizing agent can affect differently each specific ECM components. In fact, to assess the quality of the resulting scaffold it is required to analyze the effects of the decellularizing agent on the ECM components. At times, only components of the interstitial ECM are analyzed, like collagen type I and elastin (O’Neill et al., 2013a; Balestrini et al., 2015; Alshaikh et al., 2020). However, the evaluation of the basement membrane is of paramount importance especially for tissue engineering and cell culture applications since these components heavily influence cell adhesion and differentiation (Rasmussen and Karsdal 2016). The most analyzed basement membrane components include collagen type IV and laminins (Maghsoudlou et al., 2013; Zhang et al., 2016).
The available decellularization protocols have important limitations. Most of them require prolonged periods, taking from 6–7 h (Rosmark et al., 2018) to several days (Wishart et al., 2020; Wüthrich et al., 2020). Additionally, most of the available methods fail in the preservation of some ECM components. For instance, significant decreases in elastin (Maghsoudlou et al., 2013; Alshaikh et al., 2020), collagen (Hill et al., 2015; Alshaikh et al., 2020), glycosaminoglycans (Mendoza-Novelo et al., 2011; Lü et al., 2014), laminins (Hill et al., 2015; Wüthrich et al., 2020) and proteoglycans (Hill et al., 2015; Calle et al., 2016) have been described. In addition to these limitations, the current protocols are still not particularly flexible or accessible. Most decellularization procedures are suited for decellularizing a whole organ or thick sections of an organ (or blocks). However, this type of protocol would not be useful for many experimental conditions as is the case for small clinical biopsies. Indeed, this type of sample is scarce and cannot be decellularized by accessing the tissue’s vasculature. Furthermore, the full biopsy cannot often be decellularized since it is also required for later histopathological testing. Other experimental setups might require consecutive native and acellular sections of the same individual. This is the case for studies on cancer samples where the tumor location and inner structures must be identified prior to decellularization. For early-stage tumors especially, this is of paramount importance as the cancer cells are removed during decellularization and its location could not be pinpointed. As no current methods have explored the decellularization of glass-attached thin tissue sections (under 100 µm), a novel protocol that allows for the study of the exact location before and after decellularization is needed to fill this gap.
In this study, we set out to develop a novel decellularization method where a thin tissue section is kept attached to a glass slide allowing for “in situˮ decellularization without removing the sample from a microscopic stage. This method is significantly faster and less wasteful than other available methods while maintaining the mechanical properties of the sample and being suited for cell culture applications. Our findings show that this method is highly versatile and applicable to tissues of different animal origins and from different organs, such as the bladder, heart, and kidney. Additionally, it provides the option to study the same tissue section before and after decellularization, which is invaluable for studies of certain pathologies and of scarce or valuable clinical samples.
2 MATERIALS AND METHODS
2.1 Organ Procurement and Sample Preparation
This work was approved by the Institutional Committee of Universitat de Barcelona and the Animal Experimentation Committee of regional authorities (Generalitat de Catalunya, OB 168/19 and 10972). The lungs were obtained from male C57BL/6J mice (10 weeks old; Charles River Laboratories, Saint Germain sur L’arbresle, France) and male Sprague-Dawley rats (body weight ∼ 300 g Charles River Laboratories, Saint Germain sur L’arbresle, France). Bladders, hearts, and kidneys were harvested from the adult mice and embedded in Optimum Cutting Temperature compound, OCT (Tissue-Tek, Sakura, Torrance, CA, United States) and immediately stored at −80°C. Porcine lungs were obtained from the local butcher and a small portion was embedded in OCT. Mice lung samples were sectioned at 20 and 100 µm using a cryostat, with a working temperature of −24°C. All other samples were sectioned only at 20 µm thickness. Slices were deposited onto a positively charged glass slide (Superfrost Plus; Thermo Fischer Scientific) and air-dried for 15 min before being stored at −80°C until further use. Before decellularization, 20 µm thick sections were thawed are room temperature for 20 min and 100 µm thick sections were thawed for 40 min. It is important to thaw the sample completely for increased attachment. The freeze-thaw cycle already functions as an initial step of decellularization (Gilpin and Yang 2017).
2.2 Decellularization Protocol and Methods Comparison
Before decellularization, the area surrounding each sample was traced with a liquid repellent slide marker pen (or hydrophobic pen) to better control and reduce the volume of reagents needed (Figure 1). Acellular sections were produced by consecutive washes and rinses of the sliced section with different solutions while still firmly attached to the glass slide.
[image: Figure 1]FIGURE 1 | Schematic of the novel decellularization method for a lung sample. (1) Organs are harvested and stored at −80°C and embedded in OCT; (2) then they are cryosectioned into 20 µm sections and (3) deposited onto positively charged glass slides; (4) Decellularization is performed through a series of washes and rinses, including the decellularizing agent (DA) and a Deoxyribonuclease I (DNAse) incubation. After carefully removing the reagents with PBS, a fully decellularized section is produced in 2 h (5). MilliQ is a form of ultrapurified water.
All decellularizing protocols studied in this work followed the same schedule. For 20 µm sections, an initial 20-min PBS wash to remove the OCT from the sample. To cause an osmotic shock and disrupt the cellular membrane, the next step was to apply two consecutive 10-min washes with ultrapure water. Subsequently, the decellularizing agent was incubated twice for 15 min intervals to dissolve the cellular membrane and detach the cells from the matrix. The following step was to remove the decellularizing agent with three 5-min washes of PBS. A 20-min incubation with DNAse I solution (0.3 mg/ml, 5 mM MgCl2, 5 mM CaCl2 in 1 mM Tris-HCl) was carried out to remove DNA fragments. Finally, 5-min washes (x3) of PBS were performed to remove the DNAse I solution. For 100 µm sections, DNAse I solution was incubated for 40 min at 37°C, for optimal enzymatic activity.
Six decellularizing agents (DAs) were tested and compared. The DAs and their concentrations were adapted from existing decellularization protocols, and were as follows:
Method 1: Ammonium Hydroxide 0.5% + Triton 0.1%, based on (Ng et al., 2019);
Method 2: CHAPS 0.5%, based on (Rosmark et al., 2018);
Method 3: Sodium Deoxycholate (SD) 2%, based on (Xiong et al., 2015);
Method 4: Sodium Dodecyl Sulfate (SDS) 1%, based on (Jorba et al., 2019);
Method 5: Triton X-100 1%, based on (Mendoza-Novelo et al., 2011);
Method 6: Trypsin 0.05% + EDTA 0.02%, based on (Schenke-Layland et al., 2003);
Detailed information about the existing decellularization protocols can be found in Supplementary Table S1.
2.3 Attachment to the Glass Slide
For this decellularization method, one key factor is the attachment of the sample to the glass slide throughout the decellularization protocol. Thus, we calculated the percentage of sample attachment (number of samples that remained attached after the treatment/total number of samples tested) × 100%. It is a visual observation as the sample is clearly detached and removed from the glass slide during decellularization. Five decellularization experiments were conducted and samples were counted before and after decellularization. For each experiment, 5, 6 sections were used per treatment.
2.4 Immunofluorescence, DNA and Histological Staining
Both cellular and acellular mice lung sections from Methods 1–5 were stained for laminin, type I collagen, elastin, and DNA to determine the effects of the decellularization protocol on the matrix proteins as well as the cellular material and DNA. These proteins were specifically chosen because they are three major components of the ECM: collagen and elastin can provide information on the interstitial ECM and laminin on the basement membrane. For native sections where the decellularization protocol was not followed, immunofluorescent staining was performed after consecutive washes of PBS to remove the OCT. For decellularized sections, the staining protocol was performed immediately after the decellularization procedure described above. The tissue was fixed using 4% paraformaldehyde (PFA) for 10 min at room temperature (RT). Samples were then blocked using a buffer composed of 10% fetal bovine serum (FBS) and supplemented with 3% bovine serum albumin (BSA) for 1 h at RT. Primary antibodies against elastin (rabbit anti elastin, BioNova, 1:100), type I collagen (rabbit anti-collagen type I, Abcam, 1:100), and laminin (rabbit anti laminin, Thermo Fisher Scientific, Waltham, MA, 1:100) were incubated in the same formulation of the blocking buffer overnight at 4°C and constant agitation (80 rpm). Sections were then rinsed three times with the blocking buffer. The secondary antibody (goat anti-rabbit Cy3, Thermo Fischer, 1:200) was incubated at a 1:200 dilution in the blocking buffer for 2 h, at 37°C and constant agitation (80 rpm). Three 15 min rinses with PBS were performed to eliminate the unbound secondary antibodies. DNA of cellular and acellular samples was stained by incubation with Hoechst 33342 (Thermo Fisher Scientific)—for 20 min at 80 rpm in an orbital shaker followed by three 5-min PBS washes to remove excess staining with the same agitation settings. The Hoechst staining concentration was carried out following the manufacturer’s instructions. Finally, samples were mounted in Fluoromount mounting media (Thermo Fisher Scientific) and stored at 4°C. For each experiment, laminin, type I collagen, and elastin staining was performed in consecutive lung sections. The color of the laminin and elastin fluorescent images was changed after image acquisition from red to yellow and green respectively, for easier figure readability. Brightness and contrast were improved for the same purpose. Both cellular and acellular mice lung sections from Methods 1–5 were stained using Picro-Sirius Red Stain Kit (ScyTek Laboratories, US) for collagen type I and III presence and Hematoxylin and Eosin (PanReac Applichem) to assess the presence of the nuclei.
2.5 Mechanical Testing by Atomic Force Microscopy
To assess mechanical changes in the tissue before and after decellularization, an Atomic Force Microscope (AFM) was used to measure the stiffness, viscosity and force adhesion of the samples. In a custom-built AFM system, the cantilever was displaced in 3D with nanometer resolution employing piezo actuators coupled to strain gauge sensors (Physik Instrumente, Germany) to measure the vertical displacement of the cantilever. The deflection of the cantilever was measured with a quadrant photodiode (S4349, Hamamatsu, Japan). The cantilevers employed had a nominal spring constant value of 0.03 N/m and a silicon oxide bead with a 4.5 µm diameter attached to its end (Novascan Technologies, IA).
The lung ECM was probed while submersed in PBS at RT. Three lung sections from different mice were measured using AFM before and after decellularization using the SD-based protocol. Before the measurements, a small region in the lung parenchyma was selected and marked with a pen. With the visual assistance of the optical microscope, the tip was positioned macroscopically over the region of interest of the lung sample. Up to 20 randomly selected locations were indented within the delineated region before decellularization and the same was performed after decellularization within the same region. Only alveolar structures were considered by excluding airways, blood vessels and the pleural region.
The deflection and displacement of the cantilever were recorded as the cantilever descended and contacted the sample surface at constant speed up to a maximum loading force, with a ramp amplitude of 15 µm and frequency of 1 Hz. To calculate the model’s parameters, each curve was fitted through a custom MATLAB code (MATLAB, The MathWorks Inc. MA, United States). The Young’s modulus fitting was performed using the approaching curve and fitting the appropriate tip-sample contact model to the force-indentation curve (Jorba et al., 2017). Viscosity measurements were computed by following the model described in (Rebelo et al., 2013) and force adhesion was obtained by computing the minimum of the retracting curves. All mechanical values were obtained by computing the mean values of the five curves recorded consecutively at each point.
2.6 Cell Culture
Primary human Bone Marrow-Derived Mesenchymal Stromal Cells (hBM-MSCs) (PCS-500-012, ATCC) were cultured in Mesenchymal Stromal Cell Basal Medium (PCS-500-030, ATCC) following manufacturer’s instructions at 37°C in air with 5% CO2 and 95% relative humidity. Cells from passages 3–6 were used for experiments.
2.7 Biocompatibility Assay
After decellularization, the 20 µm-thick and 100 µm-thick scaffolds were incubated for 2 h with a peracetic acid solution (269336, Sigma-Aldrich) 0, 1% (v/v) in 4% ethanol for sterilization. Subsequently, they were washed with PBS (11593377, Gibco) and 5·104 cells/cm2 hBM-MSCs were seeded on top of the lung scaffolds. Control cultures were seeded on conventional culture plastic flasks and maintained in parallel with the same conditions. After 24, 48, and 72 h of recellularization, samples were stained using the LIVE/DEAD Viability/Cytotoxicity kit (L-3224, Invitrogen). Calcein-AM was used to indicate live cells (green), and ethidium homodimer-1 was used to indicate dead cells (red) as previously described (Bonenfant et al., 2013; O’Neill et al., 2013b; Syed et al., 2014). After 72 h, F-Actin was stained in the 100 µm scaffolds (phalloidin, Thermo Scientific, Waltham, MA, United States) and visualized by a confocal microscope. The results were obtained by counting the number of live cells from five independent biocompatibility assays.
2.8 Imaging and Decellularization Quantification
Epifluorescent images of the tissue sections were acquired with a Leica SP5 inverted microscope equipped with a CCD camera (C9100, Hamamatsu Photonics K.K. Hamamatsu, Japan) and using a ×10 and ×20 Plan Fluor objective (Nikon). For 3D images of the 100 µm scaffolds and cellular distribution, a Nikon D-Eclipse Ci confocal microscope was used in conjunction with a ×20 Plan Apo immersion oil objective (Nikon). For the imaging of the cytoskeleton of the cells ×20, ×60, and ×100 immersion oil objectives were used (Nikon). For the histological stains, a ×20 and a ×40 objective was used with an Olympus BX41TF upright microscope.
Decellularization quantification was performed as previously described (Narciso et al., 2021). Briefly, images belonging to a given treatment (decellularized slices) and corresponding control condition (native slices belonging to the same organ and animal) were acquired in a single imaging session. Exposure times for the phase contrast (PC) and the fluorescent channels were set based on the control (native) sections corresponding to each experiment. At least ten locations per condition were imaged except when less than ten locations were needed to cover the complete tissue area. Images were taken 1 mm apart from each other starting from the edge of a sample until covering the entirety of the sample length. The DNA signal intensity of the images from decellularized sections was compared to the DNA signal intensity of the corresponding native sections. The same method was used to quantify collagen, elastin, and laminin signals resulting from immunofluorescent staining. The signal corresponding to the ECM proteins of the untreated native sections was normalized to 100%.
2.9 Versatility of the Method for Different Species and Organs
To assess whether the SD decellularization method can be used for other types of tissues, 20 µm-thick sections of mice bladder, heart and kidney were subjected to the same decellularization protocol previously described in Section 2.2. Three independent decellularization experiments of each organ were performed. Additionally, three independent decellularization experiments were conducted using lung slices from pigs and rats, since these species are commonly used in animal models of respiratory diseases.
2.10 Statistical Analysis
For experiments with two groups (native and decellularized), statistical comparisons were performed by an unpaired two-tailed t-test. Unless mentioned, all data are mean ± SD. Differences were considered statistically significant for p < 0.05. Statistical analysis was performed using GraphPad Prism (GraphPad software 9.1.0, Inc. San Diego, CA, United States).
3 RESULTS
3.1 SD and SDS are the Most Effective Treatments for Cellular Removal
Even though trypsin + EDTA has been previously used in decellularization protocols, this method detached all tested samples and thus it is not suited for decellularization protocols on a glass slide. For that reason, no results on DNA staining and ECM proteins are presented here for trypsin decellularization, since no samples could be stained. All other decellularization methods resulted in scaffolds suited for further staining.
In Figure 2, representative UV images of Hoechst staining clearly show the removal of cell nuclei and DNA from all different methods studied. Cell nuclei are clearly present in native sections and noticeably absent (or reduced) after each decellularization treatment. To quantify the different decellularization levels resulting from different treatments, pixels corresponding to tissue were separated from background pixels, quantified, and compared to native tissue pixel intensities as previously described (Narciso et al., 2021). The DNA signal from native sections was normalized to 100% for easier comparison. All methods resulted in a significant reduction in DNA staining (p < 0.05) when compared to untreated native sections, as evidenced in Figure 2. SD and SDS treatments resulted in a marked DNA signal decrease (6.5 ± 5.8% and 1 ± 0.5% of native DNA signal, respectively) indicating that most cells and residual DNA was removed. On the other hand, CHAPS, Triton, and Ammonia/Triton mixture showed 62 ± 22%, 67 ± 28%, and 57 ± 31% of the native DNA signal, respectively, not reaching an acceptable decellularization level. A qualitative analysis of nuclei of lung sections stained with the hematoxylin and eosin (Supplementary Figure S1) validates the results obtained from the UV images of Hoechst33342-stained nuclei: only SDS and SD seemed to have efficiently removed cell nuclei from the sample, while the other methods did not reach sufficient cell removal rates.
[image: Figure 2]FIGURE 2 | (A) Staining and signal quantification of 20 µm lung sections from mice for nuclei, elastin, type I collagen, and laminin. Lung sections had been previously subjected to five different decellularization treatments (Ammonia + Triton, CHAPS, SD, SDS, and Triton). Laminin and elastin fluorescent images were changed from the original red color to yellow and green respectively for easier image readability. Native tissue's signal was normalized to 100% Scale bar = 200 µm. (B) Table describing the attachment ratio of tissue slices from the glass slide for each decellularization treatment (left) and Table describing the attachment ratio of different tissues treated with SD (right). Data are mean ± SEM.
3.2 All Treatments Preserved the ECM Proteins
As shown in Figure 2, all treatments resulted in a reduction of the elastin signal. SDS and the Ammonia and triton mixture in particular, showed a marked degradation of elastin signal where 6 ± 3% and 13 ± 8% of the native elastin signal remained, respectively. SD, CHAPS, and Triton, on the other hand, showed higher rates of elastin preservation, accounting for 34 ± 25%, 40 ± 19%, and 40 ± 24% of the pre-treatment elastin signal. This decrease is especially visible in the lung parenchyma, while blood vessels and airways seem to maintain elastin signal levels (Figure 2). Regarding laminin and collagen, none of the treatments used showed a decrease in laminin or collagen signal when compared to the corresponding native section. A quantitative analysis of samples stained with Picro-Sirius red (Supplementary Figure S2) showed a clear reduction in collagen type I and III stain in the SDS treated samples (81 ± 3%) when compared to the native samples (100% signal). Samples treated with the other decellularizing agents showed no marked differences when compared visually to the native sections: Ammonia + Triton, CHAPS, SD and Triton treatments showed 100 ± 4%, 108 ± 4%, 98 ± 3%, and 108 ± 3% when compared to the native image, respectively.
3.3 Samples Remained Attached to the Glass Slide
As observed in Figure 2B, treatments with higher rates of cellular removal were more likely to detach the sample from the glass slide; Ammonia + Triton, CHAPS and Triton treatments did not affect the attachment of the sample to the glass slide, for the most part, achieving 100 ± 00%, 82 ± 12%, and 100 ± 00% of sample attachment, respectively. For treatments that achieved higher cell removal—SDS and SD -, 32 ± 22% and 60 ± 23% of samples remained attached after decellularization treatments, respectively. By comparing all types of tissues, 60% of the lung sections remained attached while bladder, heart, and kidney sections never detached, achieving a sample attachment ratio of 100 ± 00% after using SD as the decellularizing agent. Taking into account the effectiveness in the removal of cellular material described in 3.1, the preservation of collagen, elastin, and laminin, and previous accounts of SDS’s effects on the matrix, SD was considered to be the best treatment for on-slide decellularization. Thus, biomechanical, biocompatibility, and versatility analysis were performed on scaffolds resulting from the SD decellularization method.
3.4 SD Treatment did not Significantly Change the ECM Stiffness, Viscosity or Adhesion
The mean Young’s modulus, viscosity, and force adhesion from each sample were computed from the same indentations and are shown in Figure 3. As expected, there was a slight, but not significant, decrease in the sample stiffness after decellularization. Em for the native untreated samples was 299.6 ± 26.1 Pa while the Em for the same sections but after decellularization was of 263.0 ± 29.9 Pa. Viscosity and force adhesion measurements were similar before and after decellularization (0.012 ± 0.002 vs. 0.013 ± 0.001 kPa·s and 0.48 ± 0.13 vs. 0.51 ± 0.01 nN, respectively). These results indicate that the decellularization protocol does not significantly change the mechanical properties of the lung sections.
[image: Figure 3]FIGURE 3 | Effect of the SD decellularization protocol on the mechanical properties of the lung scaffold. (A) Representative image of AFM measurements of the same tissue slice before (1) and after (3) decellularization (n = 3). Results of stiffness, viscosity, and adhesion force of the same sample before and after decellularization. Significance was p < 0.05.
3.5 SD Derived ECM Scaffolds are Biocompatible
The results of the biocompatibility assay were quantified and are detailed in Figure 4.1. Overall, cells survived similarly on both the 20 and 100 µm ECM scaffold thickness for 24, 48, and 72 h. More specifically, the viable cell ratio did not significantly differ after 24 h: at 72 h the cell viability ratio was 98.5 ± 2.0% and 97.9 ± 0.8% for 20 and 100 μm, respectively. After 72 h, the cell viability was similar to the cell count on the conventional culture flask (99.1 ± 0.8%). Accordingly, the distribution of the cells through the scaffold was assessed with a three-dimensional live/dead image and Z-distribution of the cells within the decellularized ECM structure can be seen in Figure 4.2. Alive cells were attached to the different parts of the matrix at different heights, which is an indicator of cell mobility and distribution within the lung scaffold. Previous topographical data indicates that lung scaffolds have gradual changes in height at the cellular level (around more or less 10 µm of variation), which is far below the variation in cell distribution seen in Figure 4. The cytoskeleton of the cells seeded on the matrix (Figure 4.3) shows a spread morphology indicative of their healthy attachment to the new scaffold.
[image: Figure 4]FIGURE 4 | Biocompatibility of the lung scaffold. Representative images of biocompatibility assay of 20 and 100 µm scaffolds for 24, 48, and 72 h. Live cells are seen in green while dead cells are red (1); 3D image of a 100 µm scaffold seeded with MSCs after 72 h. Stack showed covers 67 µm of the scaffold (2); Phalloidin staining of actin fibers (red) of cells seeded in 100 µm lung scaffold after 72 h (3). Samples decellularized with SD.
3.6 The SD Method is Successful in Decellularizing Tissues From Different Animals and Organs
The quantification of the decellularization level of the mice’s bladder, heart, and kidney is displayed in Figure 5, showing that all organs were successfully decellularized. The decellularization level of the sections was quantified as described previously. Bladder decellularized sections had a mean value of 4% ± 1% of the native DNA signal intensity; kidney and heart decellularized sections both resulted in the same DNA intensity value of 1 ± 1% of the native DNA signal intensity value. It is important to note that, unlike lung samples, heart, kidney, and bladder samples remained attached for 100% of the decellularization trials. Porcine, rat, and mice lungs were decellularized and evaluated using the same protocol described previously. Lungs from the three different species were successfully decellularized (Figure 5). As expected, the decellularization of porcine and rat lung sections resulted in similar results to mice lung sections. Porcine lung sections averaged 5 ± 2% of the native DNA signal intensity while rat lung sections averaged 6 ± 2%. Mice lung decellularization with SD treatment was already described in Figure 1.
[image: Figure 5]FIGURE 5 | Effect of the decellularization treatment with SD on the DNA signal of tissues of different animal origins and organs. Phase contrast (A–D,I–L) and Hoechst 33342 nuclei stained images (E–H,M–P) of native (A–H) and decellularized (I–P) sections of kidney, bladder, heart, and lung. Quantification of different organ DNA content percentage (%) (Q) and different animal lung tissue DNA content percentage (%) (R) after decellularization treatment with SD. Native tissue’s DNA signal is normalized to 100%.
4 DISCUSSION
In this work, we present an easy, reliable, and versatile method to decellularize tissue sections attached to a glass slide with the main advantage that it allows for the identification and comparison of biophysical and biochemical conditions before and after decellularization from small samples. A summary of the comparison between the different decellularization treatments can be found in Table 1. After comparing common strategies for tissue decellularization, SD resulted in the most efficient treatment to remove cells and maintain the ECM components. This method has been successfully tested for other tissues including the heart, bladder, and kidneys, and in different species such as porcine, murine (mice and rat) lung samples. The resulting scaffolds showed no mechanical differences to the corresponding native sections, and could be repopulated with MSCs with high viability rates for at least 72 h. Therefore, this novel decellularization method provides a reliable alternative to current decellularization protocols due to its simplicity, lower sample mass requirements, and most importantly, it opens up new research opportunities to understand the role of the ECM in some physiologic and pathological conditions as well as for tissue repair and engineering.
TABLE 1 | Summary of results (%DNA retention, % sample attachment, %collagen, elastin and laminin retention) for the different decellularization methods.
[image: Table 1]Most of the available protocols for tissue decellularization are designed to decellularize whole organs or individual pieces of tissues not attached to a surface (da Palma et al., 2015; Urbano et al., 2017). Also, these protocols have been optimized for each organ and tissue type considering their structure and composition. To obtain a novel method capable to decellularize tissue samples attached to a glass slide, we compared and simplified the most common available protocols involving different techniques including perfusion, orbital agitation, and tissue immersion. The concentration employed for each decellularizing agent was the one previously optimized for lung tissues (see Section 2.2 and Supplementary Materials). From all decellularizing agents included in this study, only SD and SDS were able to remove efficiently the cells. Although SDS is the most effective treatment (1 ± 0.5% remaining native DNA), it was also very aggressive resulting in a marked ECM degradation, particularly in elastin. In contrast to SDS, treatment with SD preserved much better the ECM structure and composition maintaining a high level of cell removal (6.5 ± 5.8% of native DNA). In addition, collagen I and III staining using Picro-Sirius red indicated a reduction in these proteins in samples treated with SDS (81%) but not with other treatments. Since immunostaining of collagen type I did not show such decrease, this reduction suggests a removal of collagen type III specifically in SDS treatment. Furthermore, samples treated with SDS remained attached to the glass slide only 32 ± 22% compared to the 60 ± 23% of sample attachment after SD treatment. Thus, the selected decellularization process achieved an optimal balance between cell removal, ECM integrity and sample attachment.
The degradation/preservation of each ECM component depends on the decellularizing strategy employed. The more aggressive behavior of SDS shown here is in agreement with previous works. For instance, SDS promotes the denaturalization of the triple-helical collagen molecule while CHAPS and SD do not (Hwang et al., 2017) and reduce drastically the content of glycosaminoglycans (GAGs) (Ren et al., 2013). Additionally, White et al. found that SDS treatments lead to atypical phenotype, lower viability, and a reduced confluence of urothelial cells on decellularized scaffolds in contrast to SDS, Triton, and CHAPS treatments (White et al., 2017). Regarding ECM composition, none of the protocols tested in this work decreased the among of type I collagen or laminin. Elastin, which is known to be sensitive to the decellularization process (Maghsoudlou et al., 2013; O’Neill et al., 2013b; Alshaikh et al., 2020), was reduced for all decellularization methods tested. SDS and Ammonia + Triton, reduced the native elastin signal to 6%–13% while the other methods were able to preserve it better (30–40%). The sharp reduction in elastin signal was not hand in hand with levels of cellular removal; SDS was able to remove virtually all cellular material while the Ammonia + Triton mixture did not achieve sufficient decellularization levels (67 ± 28% of native DNA remained). This evidence suggests that the elastin decrease is influenced by the specific chemical interactions between decellularizing agents and the ECM network and not simply by the decellularization procedure. Additionally, by comparing the effect of the procedure on different organs, the elastin of bladder samples was highly preserved using the same SD based protocol, where 95 ± 36% of the native elastin signal was measured after decellularization (Supplementary Figure S3). Thus, elastin degradation seems to be organ-dependent and implicitly depend on the structure and organization of the ECM. Considering all these observations, although SDS is also extremely efficient in the removal of cellular material, we selected SD as the best option in terms of ECM preservation.
When comparing the effects of the decellularization procedure on the interstitial and basement membrane of the ECM, only a component of the interstitial ECM was significantly affected throughout procedures (elastin) while the component analyzed from the basement membrane (laminin) was not reduced in any of the treatments. This difference might be explained by the different locations of these layers: the interstitial ECM surrounds the cells and provides structural support to the tissue while the basement membrane is more compact (Cox and Erler 2011). This denser feature of the basement membrane might protect it from being removed during decellularization, while components from the interstitial ECM that are intertwined with the cells might be more vulnerable and disrupted when these are removed. Additionally, more components from both components of the ECM, like collagen type IV and fibronectin, could be analyzed for a more in-depth study on the effect of the decellularization procedure on the different layers of the ECM.
The key point in this novel method is to maintain the sample attached to the glass slide while applying the different decellularization solutions. Among all tissues employed, lungs have some unique features that could complicate their attachment. Specifically, lung scaffolds have large areas of empty spaces corresponding to the multiple alveoli and airways. These structures reduce the effective contact area between the scaffold and the glass slide in comparison to other more homogeneous tissues. While the lungs are being decellularized, the contact area with the glass slide can be further reduced by cellular removal leading to sample detachment during the different washes. For this reason, we selected lungs as the most difficult sample type to optimize the protocol. In fact, among all four organs tested in this work, the lungs were the only tissue where some samples would detach (40% for SD treatment) from the glass slide. Bladder, heart, and kidney samples remained attached to the glass slide for 100% of all experiments whilst reaching the same decellularization success using the same SD treatment. On the other hand, when testing solely lung samples, different detergents had dissimilar effects on the attachment of the slides. This could be explained by the effective contact area hypothesis just mentioned above, where the higher amount of cells removed, the smaller the contact area remaining with the glass slide and thus a higher chance of detachment. This is consistent with the results of this work, since the most effective decellularizing agents (SD and SDS) were less likely to preserve attachment when compared to less effective treatments, like triton and CHAPS. However, it is also worthy of note that ionic surfactants (SD and SDS) caused lower attachment levels when compared to non-ionic and zwitterionic surfactants (triton and CHAPS, respectively). Although the nature of this disruption is unclear, it is possible that the ionic nature of these reagents reacts with the ionic coating of the glass slides, disrupting it. We hypothesize that if this coating is replaced by a non-ionic treatment, attachment rates for treatments with SD and SDS might significantly improve.
Since this method maintains the sample attached to the glass slide, we were able to measure the mechanical properties of the same lung section before and after lung decellularization, unlike other protocols where mechanical properties are measured in different samples (Mendoza-Novelo et al., 2011; Maghsoudlou et al., 2013). In fact, it is possible to perform the decellularization in situ on the AFM stage, substantially reducing sources of variability. It is of the utmost importance that the scaffold maintains the mechanical properties of the native tissue, especially for cell culture and tissue engineering applications. As expected, tissue stiffness, viscosity and adhesion were maintained after decellularization in agreement with previous works that indicate that elastin does not play a significant role in the mechanics of the static lung (Guimarães et al., 2020).
One of the potential limitations of this method is the diffusion of the decellularizing agents through thicker samples as well as the increased chance of detachment, since with increased thickness the electrostatic bonds that secure the sample to the glass slide are not strong enough to retain the increased sample mass. To demonstrate the effectiveness in thicker sections, we tested the same protocol in 100 µm sections reaching similar decellularization levels by employing a longer incubation period of DNAse of 40 min at 37°C. It should be noted however, that incubation at higher temperatures may result in increased sample detachment (Eckhard et al., 2019). Thus, we would advise the use of additional adhesion treatments that form stronger bonds between the sample and the glass slide, such as transglutaminase or cellTAK. Both these compounds have been used in the past to secure tissues to surfaces for AFM measurements (Sahai et al., 2016). Notwithstanding the potential applications of this method to thicker tissue sections, one of the main advantages of the method described here is the fact that the decellularization of tissue slice by slice requires a minimal amount of tissue and effort. One of the main problems with the decellularization of organs from humans and large animals like the pig is the complex procedure to decellularize the whole organ that can weight more than 1 kg. This process usually requires organ-specific decellularizing reagents which also are applied by different approaches (vascular/airways perfusion, site injections, among others) (Balestrini et al., 2015; Pouliot et al., 2016). Here, we tested the decellularization method for lung slices with samples from mice, rats, and pigs obtaining similar results. Thus, this will open the opportunity to decellularize tissue slices from small clinical biopsies where the whole or a large section of an organ is not available.
In conclusion, the decellularization method presented here will provide a useful tool for many research aims, but mainly in 1) studies that require the identification of anatomical structures which can only be detected in native samples. For instance, the location of small metastasis in decellularized tissue samples may present a challenge since cancer cells have been removed. Since this novel approach provides access to the sample before and after decellularization in the same or consecutive slices, the native structure can be located before decellularization. The low mass requirements make this protocol an important tool for 2) studies of scarce and valuable samples, since sections as low as 10 µm could be decellularized with this protocol, unlike full organ or tissue submergence decellularization protocols. This is the case for clinical biopsies or smaller structures like the cornea. And 3) to use the decellularized ECM as a cell culture substrate. To this end, the biocompatibility of the scaffolds was also assessed after 72 h. The decellularized lung scaffolds showed the capability of supporting cell attachment and growth similar to the conventional culture conditions, as further evidenced by actin staining showing the spread morphology of the cells within the scaffold. In addition, we observed that cells seeded on this lung scaffold did not form a monolayer in the surface but reached different depths within the decellularized ECM opening new options for tissue repair and engineering.
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Bioprinting is an emerging technique used to layer extrudable materials and cells into simple constructs to engineer tissue or arrive at in vitro organ models. Although many examples of bioprinted tissues exist, many lack the biochemical complexity found in the native extracellular matrix. Therefore, the resulting tissues may be less competent than native tissues—this can be especially problematic for tissues that need strong mechanical properties, such as cardiac or those found in the great vessels. Decellularization of native tissues combined with processing for bioprinting may improve the cellular environment for proliferation, biochemical signaling, and improved mechanical characteristics for better outcomes. Whole porcine hearts were decellularized using a series of detergents, followed by lyophilization and mechanical grinding in order to produce a fine powder. Temperature-controlled enzymatic digestion was done to allow for the resuspension of the decellularized extracellular matrix into a pre-gel solution. Using a commercial extrusion bioprinter with a temperature-controlled printhead, a 1:1 scale model of a human ascending aorta and dog bone shaped structures were printed into a reservoir of alginate and xanthium gum then allowed to crosslink at 37C. The bioengineered aortic construct was monitored for cell adhesion, survival, and proliferation through fluorescent microscopy. The dog bone structure was subjected to tensile mechanical testing in order to determine structural and mechanical patterns for comparison to native tissue structures. The stability of the engineered structure was maintained throughout the printing process, allowing for a final structure that upheld the dimensions of the original Computer-Aided Design model. The decellularized ECM (Ē = 920 kPa) exhibited almost three times greater elasticity than the porcine cardiac tissue (Ē = 330 kPa). Similarly, the porcine cardiac tissue displayed two times the deformation than that of the printed decellularized ECM. Cell proliferation and attachment were observed during the in vitro cell survivability assessment of human aortic smooth muscle cells within the extracellular matrix, along with no morphological abnormalities to the cell structure. These observations allow us to report the ability to bioprint mechanically stable, cell-laden structures that serve as a bridge in the current knowledge gap, which could lead to future work involving complex, large-scale tissue models.
Keywords: decellularization, tissue engineering and regenerative medicine, bioprinting, biomechanics, biomaterials, extracellular matrix
INTRODUCTION
In the United States alone, 40,000 children are born with a congenital heart problem each year (Jenkins et al., 2007). The current procedures used to treat aortic defects involve synthetic materials, usually textiles, as grafts that replace aortic sections or stents that give additional support to the aortic wall (Kleigman, 2011). Each of these options results in numerous surgical interventions throughout a child’s developing years, leading to extended hospital stays, and potential trauma (Fawzy et al., 2004; Walhout et al., 2004; Carr et al., 2005). Additionally, it has been found that children who suffer from congenital heart defects can be subject to developmental and language delays (Limperopoulos et al., 2002; Easson et al., 2019; Fourdain et al., 2019). Bioprinting, an emerging technique in the biomedical engineering field, has the potential to solve the problems that arise from repetitive surgical intervention. Bioengineers are able to extrusion print using materials specifically characterized for the engineered tissue. The layered biomaterials and cells form precise structures modeled from native biological tissues that can grow along with the child (Murphy and Atala, 2014; Zhang et al., 2016; Rider et al., 2018).
Although many tissues have been engineered using bioprinting, maintaining the biochemical complexity and structural integrity necessary to retain native function has posed a problem in the past. The decellularization of native tissues in order to acquire the extracellular matrix (ECM) as a whole or as components has allowed researchers to bridge the gap in biochemical mimicry. It has been found that ECM helps control tissue-specific functions using interactions with the surrounding cells through a dynamic bidirectional system extending past the cell membrane to the level of gene expression (Bissell et al., 1982; Bornstein et al., 1982; Nelson and Bissell, 2006). This relationship between the cell and its surroundings stimulates proliferation, cell growth and, through the presence of laminin and fibrin, increases cell adhesion properties (Ott et al., 2008; Badylak et al., 2009; Park and Woo, 2012; Wolf et al., 2012).
Equal importance must be given to the mechanical properties of the engineered tissues. As with all living things, these structures are meant to exist in a dynamic environment, oftentimes with relatively large forces acting upon them (Fung, 1933). Removing the tissue from its native environment and processing it for decellularization leads to alterations in the ECM’s physical, structural, and mechanical characteristics (Gilbert et al., 2006). This study places particular interest in defining the ECM’s characteristics prior to decellularization as well as after the bioprinting process is complete. Using samples of porcine cardiac tissue as a control, we compare it to printed dECM and assess the physiological and biochemical makeup, surface topography, and mechanical characteristics.
MATERIALS AND METHODS
Decellularization of Porcine Hearts
Fresh whole porcine hearts were acquired from Nebraska Scientific (Omaha, NE) and cut down to sections not exceeding 2 mm3. The tissues were then placed in 2.5 L of a 1% SDS solution for 48 h, stirred continuously. The solution was replaced at 24 h, and it was ensured no agglomerations had formed. The cardiac tissue was then treated with 1% Triton X-100 for 30 min followed by 3 days of PBS washes, where the buffer was replaced every day, and the tissues are stirred continuously. To sterilize the decellularized tissue, it was treated with 1% peracetic acid for 4 h and washed five times with sterile PBS and sterile distilled water. All decellularization steps were done at room temperature. The strained tissue was then frozen at -80°C overnight and lyophilized. All decellularization techniques followed were taken from Pati et al. with minimal modification (Pati et al., 2014).
Cell Culture
Human Aortic Smooth Muscle Cells were grown in vascular growth media (ATCC PCS-100-030) plus smooth muscle kit (ATCC PCS-100-042) under normal environmental culture conditions at 37°C with 5% CO2 in a fully aseptic environment. Before printing, cell membranes were stained using PKH26 red fluorescent live cell membrane stain (Sigma MINI26-1KT).
Bioprinting
The lyophilized dECM was digested and re-suspended in order to form a printable gel material. Lyophilized dECM was mechanically pulverized using burr grinding methods, then 3 g of dECM were digested with 30 mg of pepsin from porcine gastric mucosa (Sigma P7125-100G, ≥3,200 units/mg protein) in 100 ml of 0.5 M acetic acid for 48 h at room temperature with continuous stirring (Pati et al., 2014). Centrifugation at 500 x g for 10 min prior to pH adjustment was done to allow separation of any particles that were not solubilized; this allowed for a homogenous texture when printing. Ice cold 10M NaOH was used to adjust the pH of the dECM solution to the physiological range; while the dECM was kept below 10°C to avoid premature crosslinking of the solution. A Bio X bioprinter (Cellink, Boston, MA) equipped with a cooling printhead and an 18-gauge blunt needle was used for all printed samples. Printhead temperature was maintained at 14°C to avoid premature crosslinking of the bioink, print bed temperature was kept at 30°C to help begin the crosslinking process prior to the 1-hour incubation period to achieve full gelation. A print stabilizing solution of 1% Xanthium Gum was used to ensure the stability of the print prior to gelation, a modification of the technique described in Noor et al. (2019). For the cell-laden bio printed structure a cell suspension of 1 × 10 (Limperopoulos et al., 2002) cells/mL was mixed with the solubilized, pH-adjusted dECM immediately prior to bioprinting. Printhead and print bed temperatures were maintained at 14 and 30°C, respectively.
Autodesk Fusion 360 was used for Computer-Aided Design (CAD). The tensile testing shape was drawn to ASTM D412- Die A for thermoplastic elastomers, with minor modifications due to the biological nature of the samples. Dimensions for the aorta construct were taken from previous literature (Walther et al., 1985; Jarvisalo et al., 2001; Skilton et al., 2005; Taketazu et al., 2017).
Histological Staining
The tissue samples were processed using a Thermo Scientific Spin Tissue Processor Microm STP-120. Tissues were fixed using 4% formalin at 4°C overnight, followed by dehydration. Samples were dehydrated in increasing ethanol concentrations (starting with 70, 95, and 100%), followed by immersion in xylene two times and paraffin infiltration. Paraffin-embedded tissues were sectioned at 4–6 μm using a Shandon Finesse ® E/ME microtome. All samples were deparaffinized in three xylene washes then rehydrated in decreasing ethanol concentrations (100, 95, 70, and 50%), with each wash lasting 3 min. Hematoxylin and eosin (H&E) staining was done post-deparaffinization. Following rehydration, the samples were exposed to hematoxylin solution for 2 min, then rinsed with running water for 1-minute, distilled water for 30 s, and 95% alcohol for an additional 30 s. Immediately after, the samples were exposed to eosin solution for 1 min, then washed with increasing amounts of alcohol (95% x2, 100% x2) for 2 min each, then two xylene washes each for 2 min. Trichrome staining was done using Masson’s Trichrome Staining Kit; all kit procedures were precisely followed. All samples were mounted using Cytoseal™60 (Thermo Scientific REF#8310-4).
Microscopy
For scanning electron microscopy imaging, samples were fixed using 4% formalin and dehydrated in increasing ethanol concentrations prior to lyophilization. All samples were sputter-coated for 20 s and viewed using a Hitachi S-4800-II SEM. A Nikon AZ100 inverted light microscope was used for histological imaging.
Mechanical Testing
Uniaxial tensile testing was done at room temperature in order to determine the mechanical properties of native tissue and decellularized printed tissue. One group of samples was taken from a fresh whole porcine heart; rectangles were cut vertically along the sagittal plane. Each sample’s thickness was determined by measurements using a digital caliper. The second sample group consisted of printed decellularized ECM made to ASTM standard D638—Type I and also measured using a digital caliper. All specimens were patted dry, fixed to grips, and placed in the uniaxial electromechanical tensile testing machine (MTESTQuattro), where they were subjected to a strain rate of 5 mm min−1 at room temperature until rupture. Forces were measured by a 200 lb. load cell and elongation by the internal sensor as well as by displacement of the reference grid.
Tensile Data Analysis
The stress-strain relationships for the samples tested were obtained using the Mooney-Rivlin Model for incompressible hyperelastic materials (Peattie et al., 1996; Rubin and Krempl, 2010; Ruiz de Galarreta et al., 2016). Where:
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Because the mechanical testing conducted was a uniaxial tensile test:
[image: image]
And:
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In this case, the model can be further simplified under the assumption of simple tension making:
[image: image]
Therefore:
[image: image]
This data was then plotted to find the predicted stress-stretch ratio diagrams. Young’s modulus was derived from the slope at the linear region of the graph. Poisson’s ratio was determined by taking the transversal elongation and dividing by axial compression.
RESULTS
Decellularization of Porcine Hearts
Chemical decellularization of the cardiac tissue resulted in visual, physical changes to the structure and state of the tissue sections (Figures 1A–F). When subjected to temperatures of 37°C post enzymatic digestion the decellularized ECM showed three different stages of crosslinking. At a pH of 3 it was a low viscosity fluid, transitioned to being highly viscous at a pH of 5, and finally crosslinked successfully at a pH of 7 (Figures 1G–I). Hematoxylin and eosin staining of the cardiac tissue pre-decellularization confirmed normal morphology of the cellular structures, no nuclear irregularity or clumping of the chromatin to indicate cancerous areas. Staining with Masson’s Trichrome showed collagenous areas throughout the section; a normal extracellular matrix was visible and necessary for future experiments’ success. Once chemical decellularization, enzymatic digestion, and gelation of the decellularized ECM was completed, the stains were repeated to determine the presence of cellular matter and collagen. Staining showed a lack of cellular structures and nuclear matter; collagen fibrils are uniformly seen throughout the decellularized sample (see Figure 2). Randomly oriented collagen fibrils can be seen in the decellularized ECM’s dense network, whereas the printed decellularized ECM’s topography was similar to that of the porcine cardiac tissue (see Figure 3).
[image: Figure 1]FIGURE 1 | (A) Fresh whole porcine heart. (B) Cut sections of porcine cardiac tissue prior to decellularization. (C) Cut sections of cardiac tissue post chemical decellularization. (D) Lyophilized decellularized ECM. (E) Powdered decellularized ECM. (F) Final gelled form of the enzymatically digested decellularized ECM. (G–I) Enzymatically digested decellularized ECM at different pH after a 1 h incubation at 37°C.
[image: Figure 2]FIGURE 2 | Histological staining of the tissues pre and post decellularization.
[image: Figure 3]FIGURE 3 | SEM of porcine cardiac tissue (A), decellularized extracellular matrix (B), and printed decellularized matrix (C).
Mechanical Characteristics
Video stills of the tensile testing allowed for precise comparison of the change in length (ΔL) and change in width (ΔH) (Figure 4) in addition to the information gathered for the stress-strain ratio curves. Due to the samples’ large deformations when undergoing forces, a Mooney-Rivlin model was used to find the samples’ effective stresses (Figure 5). The response of the cardiac tissue (Figures 5A, C) indicates an overall higher tensile strength and greater plasticity than that of the printed decellularized ECM (Figures 5B, D). Young’s Modulus and Poisson’s Ratio for the individual samples are shown in Table 1. The printed decellularized ECM (Ē = 920 kPa) exhibited 2.7 times greater elasticity than the porcine cardiac tissue (Ē = 330 kPa). Similarly, the porcine cardiac tissue displayed 1.8 times the deformation [image: image] prior to failure than the printed decellularized ECM [image: image]. Neither value showed a significant (p < 0.05) difference between the two sample types.
[image: Figure 4]FIGURE 4 | Video stills of porcine cardiac tissue (A) and decellularized ECM (B) undergoing tensile testing. Red arrows indicate initial failure point.
[image: Figure 5]FIGURE 5 | Stress vs. stretch ratio graphs of the raw testing data from porcine cardiac tissue (A) and printed decellularized ECM (B). Mooney-Revilin fit lines for the testing data curves of cardiac tissue (C) and the printed decellularized ECM (D).
TABLE 1 | Mechanical Characteristics.
[image: Table 1]Bioprinting
Due to the highly viscous nature of the bioink used a larger gauge needle was selected for bioprinting. The dog bone and cylindrical structures were printed without deformation issues or bleeding of the bioink into the support bath (Figure 6). The printed aortic structures maintained their original shape and dimensions post crosslinking, as did the tensile testing samples. Confocal imaging of the bioprinted HASMC indicates normal cell attachment and morphology 24 h post-print, with no necrotic areas as seen in Figure 6D.
[image: Figure 6]FIGURE 6 | (A) CAD and (B) image of dog bone shape used for tensile testing of the printed dECM. (C) Top and side viewpoint of CAD used to print aortic construct. (D) Printed aortic construct in media and confocal image of Human Aortic Smooth Muscle Cells (HASMC) that were grown for 24 h after bioprinting, red represents the membrane (PKH26 general membrane stain), blue represents the nuclear region of the cells (DAPI).
DISCUSSION
The study examined mechanical characteristics and cellular compatibility of bioprinted decellularized ECM. Successful decellularization is an essential first step in the process; cellular remnants in the bioink cause necrotic pockets, which lead to contamination and complete failure of the construct. Additionally, as the project’s end goal is implantation into a body, rejection is a considerable concern; complete decellularization ensures the possibility of rejection is lowered. Hematoxylin and Eosin staining of the tissues pre-decellularization show normal physiology with clear musculature orientation; once the tissue has undergone decellularization, a drastic change to the physiological properties occurs, with little to no cells present in the sample. Trichrome staining exhibited large quantities of collagen in both samples. Once decellularized, the fibers are no longer uniformly oriented; instead, they are found disbursed throughout the sample, seemingly at random. This can also be seen in the SEM images. Fibrillar collagen and additional elastic fibers comprise approximately 50% of the aorta’s dry weight, making it the primary defining element in the mechanical properties of the large vessel (Harkness et al., 1955; Borst et al., 1983; Jana et al., 2019). Fiber orientation is responsible for the strength of the vessel wall; therefore, the non-uniform orientation of the fibers diminishes the tensile strength of the tissue (Wagenseil and Mecham, 2009).
Similarly, the digestion of the dECM must be carefully monitored. Enzymatic activity is temperature, pH, and concentration sensitive, as is protein structural stability; the lower pH of 3 and 5 lack the environmental factors necessary to promote the electrostatic and hydrophobic interactions between the collagen molecules that facilitate proper thermal crosslinking (Theocharis et al., 2019). At physiological pH (7), not only are the crosslinking capabilities optimized, but the environment for cellular adhesion, proliferation, and signaling is ideal.
Currently, SDS treatment for decellularization, such as what was used, is considered the preferred method for preserving the structural components of elastin and collagen (Grauss et al., 2003; Liao et al., 2007). These previous studies have been done on whole tissue sections and found minor, non-significant differences in the tangent modulus (Zou and Zhang, 2012). Alternatively, bioprinting of the matrix requires more aggressive treatments to the tissue, leading to significant structural and chemical alterations to the matrix. Fresh cardiac tissue samples were compared to the bioprinted samples for uniaxial tensile testing. Though both exhibited hyperplastic properties, the printed dECM samples saw a heightened elasticity, 2.7X that of the cardiac tissue. This elasticity of 920 kPa is 1.8X that of a native infant ascending aorta at normal physiological pressure (60 mmHg) and closer to the elasticity seen under the high stress conditions of higher blood pressure (967.45 kPa) (Ligere et al., 2012).
A lack of stiffness in a vessel is usually associated with structural immaturity, which is remedied by progressive blood pressure increases during fetal development, or aging of the vessel (Dobrin, 1978; Lang et al., 1994; Akira and Yoshiyuki, 2006). In this case, the tested samples contained no cells, thus lacking the additional stability given by the smooth muscle fibers and the biomechanical morphological changes that come from the environmental and biochemical stimuli the cells receive.
Additionally, elasticity of the aortic tissue is greatly affected by surgical interventions. Depending on the type of anastomosis that the physician chooses, the moduli can range from 683.29–1,232.79 kPa for an extended end-to-end anastomosis or 902.39–1,261.35 kPa for an end-to-end anastomosis (Ligere et al., 2012). As the elastic moduli of the dECM falls within the parameters that are seen for post-operative aortic tissues, we anticipate the addition of cells to the construct will bring the overall elasticity down to levels near those of the native aorta.
In a step towards making full aortic constructs, we incorporated human cells by co-printing and culturing ASMC in the dECM. This allowed us to determine cellular viability and adhesion capabilities of the cells within the matrix. 24 h post-printing, the ASMC exhibited normal morphology, and no necrotic areas were visible. The biocompatibility of the dECM post-printing is promising, pointing to the ability of the cells to grow within the matrix for extended periods of time. Overall, the study found an increase in hyperelasticity of the dECM and an ability for ASMC to thrive in vitro post-printing, indicating our ability to bioengineer an immature large-scale aortic model, furthering the capabilities of vascular engineering.
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Bioengineered livers (BELs) are an attractive therapeutic alternative to address the donor organ shortage for liver transplantation. The goal of BELs technology aims at replacement or regeneration of the native human liver. A variety of approaches have been proposed for tissue engineering of transplantable livers; the current review will highlight the decellularization-recellularization approach to BELs. For example, vascular patency and appropriate cell distribution and expansion are critical components in the production of successful BELs. Proper solutions to these components of BELs have challenged its development. Several strategies, such as heparin immobilization, heparin-gelatin, REDV peptide, and anti-CD31 aptamer have been developed to extend the vascular patency of revascularized bioengineered livers (rBELs). Other novel methods have been developed to enhance cell seeding of parenchymal cells and to increase graft functionality during both bench and in vivo perfusion. These enhanced methods have been associated with up to 15 days of survival in large animal (porcine) models of heterotopic transplantation but have not yet permitted extended survival after implantation of BELs in the orthotopic position. This review will highlight both the remaining challenges and the potential for clinical application of functional bioengineered grafts.
Keywords: bioengineered livers (BELs), liver transplantation, decellularization, scaffolds, heterotopic transplantation, orthotopic transplantation
[image: Graphical ABSTRACT]GRAPHICAL ABSTRACT | Native porcine livers are cannulated on the PV, IVC and SVC and perfused with Triton X-100 and SDS solutions to get a decellularized liver. Meanwhile, HUVECs are cultured in 2D tissue culture flasks, harvested and injected through the SHIVC of the decellularized liver, followed by the PV 24 h later to get endo-only BEL. After 12–14 days in media the seeded hepatocytes can be injected through the CBD to get co-seeded BEL.
INTRODUCTION
Chronic liver disease is a major global health challenge, responsible for approximately two million deaths each year (Melaram, 2021). As a result, liver disease accounts for 3.5% of all deaths worldwide. This evolution can be attributed to the rising prevalence of liver cirrhosis and hepatocellular carcinoma (Asrani et al., 2019). Despite the fact that the cause of this disease varies from country to country. Hepatitis B and C viruses are primarily responsible for the pathogenesis of cirrhosis and HCC in Asian countries, whereas toxic factors are mostly responsible for chronic liver disease in Western industrialized nations (Wang et al., 2014). Also, NAFLD and ALD are on the rise, notwithstanding the efforts to eradicate and control viral hepatitis through programs such as WHO 2030. Patients with liver disease are becoming an increasingly difficult medical and socioeconomic challenge, as this trend is unlikely to be reversed in the foreseeable future. Furthermore, we need to improve and expand our therapeutic options to ensure that patients are provided the opportunity for treatment (Paik et al., 2020).
Currently, only a limited number of treatment options are available for patients with end-stage liver disease (ESLD). Most of these options aim to save the liver quality and stabilize the disease with a palliative intent. The only curative treatment for patients with ESLD is liver transplantation. This invasive procedure offers the opportunity not only to replace the entire affected organ, including the local tumor, but also to prevent additional metastases (Jimenez-Romero et al., 2019; Yang et al., 2019; Mazzaferro et al., 2020). The key proof for the clinical effectiveness of curative liver transplantation is the patients’ postoperative survival. As a result, the 1- and 5-years survival rates of ESLD patients following transplantation were generally 70–90% and 60–80%, respectively (Haydon and Neuberger, 2000). To optimize the likelihood of success of liver transplantation, it is critical to identify appropriate recipients and make transplantable donor organs readily available. One of the most significant obstacles to modern transplantation surgery is the scarcity of donor organs acceptable for transplantation, as well as the related higher mortality of patients on the waiting list (Arulraj and Neuberger, 2011).
Xenogenic liver transplantation offers an infinite supply of donor organ material. However, numerous significant translational difficulties, such as immunological incompatibility, basic variations in basal metabolism between humans and other animals, and coagulopathy, stand in the way of this solution (Mazza et al., 2018; Suchy et al., 2018). Alternatively, as a result of low cell engraftment effectiveness and loss of cell function over time, isolated hepatocyte transplantation as an alternative to whole liver transplantation may only be considered as interim metabolic treatment of inherited liver disease or a bridge therapy in acute liver failure as it does not correct the sequelae of portal hypertension created by a cirrhotic liver (Nicolas et al., 2016). Consequently, it is essential to find new and innovative sources for usable organs as long as others substitutes such as xenogenic liver transplantation and isolated hepatocyte transplantation failed to compensate the need for transplantable organs. One experimental approach that has been advanced by many transplantation experts is the development of bioengineered livers as an alternative and potentially inexhaustible organ source (Pla-Palacin et al., 2018; Mirdamadi et al., 2020).
BEL is a promising therapeutic alternative to liver transplantation, aiming to replace or regenerate the human liver. It is emerging as one of the most significant scientific advances in the field of tissue engineering (Gilpin and Yang, 2017; Li et al., 2017; Agarwal et al., 2019; Kakabadze et al., 2019; Naeem et al., 2019). Moreover, this technique may potentially offer an endless source of patient-specific livers as it could eliminate the need for immunosuppression of recipients (Croce et al., 2019).
PRINCIPALS FOR BIOENGINEERED LIVERS
In order to develop a completely competent transplantable organ utilizing BEL, the two stages of decellularization and recellularization are necessary (Badylak et al., 2011; Baptista et al., 2011). Decellularization seeks to create a biocompatible decellularized scaffold that preserves the three-dimensional architecture and biochemical content of the original tissue while removing the cellular material to decrease the immunological reactivity (Uygun et al., 2010; Debnath et al., 2020; Hou et al., 2020; Moulisova et al., 2020). Enzymes and chemicals, along with mechanical agitation, freezing/thawing, and sonication, are various strategies for decellularization by disturbing cells and liberating their substance. In any case, the utilization of substances such as nonionic Triton X-100 and ionic sodium dodecyl sulfate (SDS), thought to be limited at whatever point conceivable to stay away from harm to the microarchitecture of the original ECM (Badylak et al., 2011). Decellularization may result in the loss of ECM components as well as permanent damage to the microarchitecture of the ECM. The success of decellularization is better evaluated by a multi-scale quantitative method based on measuring the remaining DNA and on histological evaluation of the preserved liver-specific microarchitecture (Moulisova et al., 2020).
ECM-based scaffold components and functions are assumed to be relatively conserved across species, and thus the scaffolds are thought to be less or nonimmunogenic, even when obtained from xenogeneic sources (Wang et al., 2011; Badylak, 2014; Struecker et al., 2015). The creation of a biological scaffold is closely tied to the success of liver regeneration, in addition to providing structural stability of the organ. The scaffold is critical as a substrate for cell adhesion, differentiation, and proliferation, as well as for facilitating vascularization for nutrition, oxygenation, and the physiological discharge of waste cell-derived metabolites (Ohashi et al., 2007; Haycock, 2011; Park et al., 2016; Naeem et al., 2019). Put another way, the ECM-based scaffold is no longer just considered as a lifeless or barren environment such as 2D cultures on Petri dishes, but rather a platform that actively participates in the dynamic control of the biological activity of the liver in vivo through creating a similar environment to the native one. This environment encourages cell growth and proliferation, preserves the complex structure of the vascular tree and facilitates cell-cell interaction (Ansari et al., 2020).
Two primary processes are regarded to ensure a proper recellularization of a decellularized graft: cell seeding followed by perfusion culture, which is commonly used to prepare cells for in vivo activity. The objective of cell seeding is to distribute cells with the graft matrix using a physiological composition and an appropriate number of cells similar to that in the native liver. For example, the adult human liver contains around 2.8 × 1011 hepatocytes (Baptista et al., 2011). Furthermore, the arrangement of cells into niches inside the scaffold is essential to closely approximate their normal distribution. Whether parenchymatous cells, such as hepatocytes which are responsible for function, or non-parenchymatous cells, such as endothelial cells which serve as an antithrombotic barrier, the distribution of these cells will determine the functionality of the new engineered liver graft. These cells are introduced into the scaffold by a variety of techniques, including injection and perfusion (Badylak et al., 2011; Baptista et al., 2011).
Significant progress has been made in the fabrication of tissue-engineered structures such as blood vessels, urinary bladder, and trachea. The transplantation of these structures requires the anastomosis of smaller vessels to the recipient circulation. However, a larger and more complex vascular supply will be necessary to maintain patency and perfusion of the network of vessels required for functionality of a totally tissue-engineered solid organ such as the heart, lung, and liver (Badylak et al., 2011; Baptista et al., 2011; Bao et al., 2015).
The liver is a particularly active metabolic organ, which presents prospective obstacles for the development of clinical-scale, implantable organs with significant perfusion and vascularization requirements (Zheng and Roberts, 2016). For example, normal function of hepatocytes requires a complex hierarchical vascular network that includes multiple enormous branches at the organ size as well as complex microvessels at the sinusoidal level (Shirakigawa et al., 2013; Watanabe et al., 2019). Furthermore, hepatocytes are rich in mitochondria and consume 10-fold more oxygen than most other cells of the body. Due to the high oxygen requirement of hepatocytes, the liver’s normal vascular anatomy provides transport of oxygen and nutrients to approximately 200 μm or less. Similar requirements are necessary to avoid ischemic injury in BELs after transplantation (Cho et al., 2007; Uygun et al., 2010).
EARLY STAGES OF DECELLULARIZATION AND REVASCULARIZED SCAFFOLDS
One of the first studies of a tissue engineered organ was reported by Ott and colleagues in 2007, after they had developed a decellularization technique on rat hearts by coronary perfusion with detergents including SDS and Triton-X100. These methods succeeded in disrupting cells and nuclei and eliminating DNA without significant damage to the extracellular matrix scaffold. After recellularization, the new construct successfully maintained contractile function and drug responsiveness after 8 days in culture (Ott et al., 2008). These results represented a significant breakthrough for the application of this technique to other organs. Namely, an efficient and reproducible method yielding a natural acellular three-dimensional framework void of cells from any organ (Croce et al., 2019).
This technique was subsequently optimized for liver decellularization, then preliminarily expanded with the development of methods for re-establishing a vascularized network within the decellularized graft using endothelial cells (ECs). Thus, the keystone for successful BEL is the presence of an intact vascular tree for optimal reperfusion (Uygun et al., 2010; Baptista et al., 2011; Struecker et al., 2015). That’s why Baptista and colleagues designed their decellularized rat liver grafts to ensure getting an intact capillary bed with indefinite leakage in vitro. Also, they transplanted the grafts into the abdominal cavity of rats. In heparinized host animals, these grafts maintained normal blood flow for up to 1 hour (Baptista et al., 2011).
Uygun and colleagues demonstrated an approach to generate decellularized and recellularized liver grafts which could support liver-specific function, including albumin secretion, urea synthesis, and cytochrome P450 expression. This method introduced primary rat hepatocytes via the portal vein of a decellularized scaffold. After auxiliary liver grafts were transplanted into rats and kept for 8 h, the TUNEL staining of those harvested grafts revealed minimal ischemic damage. Preliminary revascularization with ECs also showed attachment and viability within the graft in vitro (Uygun et al., 2010). Also, Baptista and colleagues populated their scaffolds with human fetal liver and endothelial cells, resulting in a liver-like tissue in vitro. Endothelial cells were implanted throughout the whole circle of a vascular channel by using the vena cava and portal pathways, and the cells displayed preserved cell-cell connections. They also discovered that the adherence and presence of platelets were significantly reduced in endothelialized scaffolds (Baptista et al., 2011). This finding that coverage of the vascular tree by endothelial cells was significant for preventing platelet adherence and maintaining vascular patency suggested that synthetic grafts could be implanted without drug anticoagulation (Ko et al., 2015). However, until a method of complete endothelial seeding of perfused grafts was optimized, blood clotting of grafts remained problematic and handicapped the progress of BELs (Orlando et al., 2012; Kojima et al., 2018).
PASSIVATION METHODS AND ANTICOAGULANTS FOR REVASCULARIZED BIOENGINEERED LIVERS (RBELS)
Other considerations are important to maintain graft patency. For example, collagenous fibers from the vascular basement membrane that are exposed to blood flow activate the clotting cascade during extracorporeal blood perfusion or after in vivo transplantation (Kipshidze et al., 2004; Caralt et al., 2014; Wang et al., 2020). The surface charge of graft materials is a pivotal reason why grafts are prone to thrombosis. Heparin has a large negative charge density and repels albumin and fibrinogen, preventing them from sticking to the graft due to static repulsion between heparin and these proteins. The issue is that heparin release patterns are frequently characterized by a substantial initial burst of heparin. After which very little or nothing remains on the scaffold, so strategies to limit and control heparin release have been developed “Heparin immobilization” (Matsuzaki et al., 2021). Therefore, to get better hemocompatibility after in vivo perfusion of decellularized scaffolds of swine liver, heparin immobilization technique was used by Bao et al. (2015) before auxiliary transplantation. In their trial, they used the swine median lobe scaffolds where the PV of the graft was anastomosed to the host left renal vein as an inflow and the SHIVC of the graft was anastomosed to the host splenic vein as an outflow. It is found that heparin immobilized on the scaffolds can release slowly, therefore achieving improved anticoagulation. The heparinized scaffolds showed convenient blood flow for 60 min, compared to no blood flow throughout the control scaffolds after 20 min of perfusion. In vitro studies indicated the heparinized scaffolds could support rat primary hepatocytes and human umbilical vein endothelial cells (HUVECs) adhesion and growth (Bao et al., 2015).
Hussein et al. (2016) found that a heparin-gelatin mixture (HG) improved ECs’ ability to migrate and adhere to vessel discs, which could efficiently cover the vascular network lumen and maintain function and proliferate. Gelatin contains many integrin binding sites for EC adhesion, migration, and differentiation, similar to the binding sites that are detected in natural collagen and other extracellular matrix proteins (Hajiali et al., 2011; Hussein et al., 2016). The addition of heparin to gelatin increases cell recruitment and migration, which is due to its highly negative charge density and electrostatic interaction with positively charged proteins in the ECM (Trindade et al., 2008; Camci-Unal et al., 2013; Hussein et al., 2016). The authors manufactured bioengineered scaffolds based on the decellularized right lateral lobes of swine livers, which were co-cultured by hepatocellular carcinoma cells (HepG2) and ECs (EA.hy926 cells) and then heterotopically transplanted into pigs. Some of these scaffolds were HG-coated before ECs perfusion. After 1 h of in vivo implantation, the scaffolds were retrieved, canulated for portography, and tissue specimens were taken to assess HepG2 cells function. Vascular patency was demonstrated in HG-precoated scaffolds, and their HepG2 cells exhibited greater metabolic and synthetic function than those of uncoated scaffolds. Moreover, the HG-precoated re-endothelialized grafts revealed no thrombosis after 24 h of ex vivo whole-blood perfusion (Hussein et al., 2016).
While heparin immobilization scaffolds were promising as engineered liver grafts, this process was only temporary and replenishment of the immobilized heparin was not possible in vivo (Baptista et al., 2016; Meng et al., 2019). Accordingly, reendothelialization appeared to be necessary to provide bioengineered livers with persistent anti-thrombotic capability (Meng et al., 2019). Meng et al. (2019) reported that gelatin hydrogel-based perfusion significantly increased the number of immortalized endothelial cells that were retained in the decellularized rat liver scaffolds, within which active blood flow could be observed 8 days post-transplantation (Meng et al., 2019).
Substances such as polyethylene glycol, zwitterionic polymers, heparin or thrombomodulin are used to coat the ECM in order to achieve surface modification of it. While this surface modification efficiently reinforced hemocompatibility in the liver scaffolds, these modified surfaces appeared too hydrophilic to facilitate ECs adhesion to the vessel walls. Devalliere et al. (2018) presented an efficient approach for improving revascularization of acellular liver scaffolds by conjugating the REDV cell-binding domain in vitro. REDV-ELP peptide conjugation facilitates cell-specific binding of ECs, leading to the formation of a uniform and well-spread EC monolayer, significantly reducing activation and adhesion of platelets to the vasculature without functionality change or toxicity in hepatocytes. As opposed to surface coating techniques, REVD-ELP peptide provides an additional cell adhesion signal to the ECM of the liver scaffolds that improves ECs attachment (higher level of VE-cadherin) and proliferation (higher level of VEGF), as well as maintains the structural and mechanical integrity of ECM (Devalliere et al., 2018).
In general, passivation methods and anticoagulants such as heparin immobilization, heparin-gelatin and REDV peptide have been attempted to increase the vascular patency of BELs and increase the survival of the graft by keeping them well perfused without ischemic damage. However, reported survival of liver grafts prepared by passivation methods has not exceeded 8 days (Bao et al., 2015; Hussein et al., 2016; Park et al., 2016; Saleh et al., 2020; Kim et al., 2021).
ANTI-ENDOTHELIAL CELL ANTIBODIES AND APTAMER FOR REVASCULARIZED LIVER SCAFFOLDS
Ko and colleagues demonstrated the generation of clinically relevant-sized ECM scaffolds with an intact vascular network extending to the capillary bed in a porcine model. To enhance the attachment of vascular endothelial cells expressing GFP protein (MS1) under physiologic blood flow, they developed an effective method by conjugating anti-endothelial cell antibodies (rat anti-mouse CD31 antibody). They heterotopically transplanted the revascularized liver scaffolds with inflow from the renal artery and outflow to the renal vein; the transplants were able to withstand physiologic blood pressure and maintain blood flow for 24 h (Ko et al., 2015).
Although the anti-CD31 antibody ensures better attachment of endothelial cells, in regard of the limitations of mass-producing ability and immunogenicity, Kim and colleagues adopted an anti-CD31 single-stranded DNA aptamer as a coating agent in the context of re-endothelization scaffolds. Compared to antibodies, aptamers have lower immunogenicity and stronger binding affinity for particular proteins (Song et al., 2012; Toh et al., 2015; Zhou and Rossi, 2017; Kim et al., 2021). Next, the aptamer-coated scaffolds were repopulated with HepG2 cells, LX2 cells, HUVECs, and MSCs (Kim et al., 2021). Quantitatively, Kim and colleagues achieved higher endothelial coverage (95.53 ± 3.1%) and more re-endothelialized vessels per field (87.37 ± 1.59%) in the aptamer group compared to constructs without aptamer coating. They perfused the scaffolds through the rat renal circulatory system for 2 h. After perfusion with whole blood, the aptamer-coated constructs had low levels of integrin aIIb-positive platelets (a marker expressed by activated platelets) by immunostaining analysis, whereas a number of integrin aIIb-positive platelets accumulated around the vascular network in the anti-CD31 antibody-coated scaffolds. Furthermore, they also showed that aptamer-coated scaffolds, when implanted into the interlobular space of the cirrhotic liver, could ameliorate hepatic cirrhosis and restore liver function in the TAA-induced hepatic fibrosis rat models (Kim et al., 2021).
IPSCS-DERIVED CELLS IN BIOENGINEERED LIVERS
Even with advancements in immunosuppressive regimens for transplant patients, the requirement for long-term medication with systemic adverse effects, as well as being an immunocompromised patient, remain significant hurdles for organ transplantation. One of the long-term aims of BEL transplantation is to eliminate the need for immunosuppressor drugs by producing donor-matched grafts that do not trigger the immune system, resulting in graft rejection (Wadström et al., 2017). Induced pluripotent stem cells (iPSCs) from humans are a readily available source of reprogrammed adult somatic cells which would participate in producing donor-matched grafts. Many experiments were conducted in order to create hepatocyte-like cells obtained from iPSCs (Bizzaro et al., 2019). Park and colleagues reported the first attempt to repopulate decellularized rat liver scaffolds with functional iPSC-Heps. When the recellularized liver scaffolds were heterotopically transplanted into rats for up to 2 h, the grafts expressed hepatocyte markers (AFP and ALB) and did not rupture. However, coagulation occurred in all grafts after about one to 2 h of in vivo blood perfusion (Park et al., 2016). Also, it was suggested that iPSCs-derived endothelial cells might be a potential substitute for reconstructing the vascular network in bioengineered organs as they could be recipient-specific and reduce or even remove the need for immunosuppression after transplantation (Clayton et al., 2015; Jiang et al., 2015; Park et al., 2016). However, it is found that iPSCs are immunogenic cells which can activate NK cells and trigger T cell-dependent immune response. This immunogenicity can be attributed to epigenetic abnormalities, coding mutations, or genes translocation which lead to generating immunogenic antigens or decreased expression of self-antigens. So, the immunogenicity of these cells should be examined before their clinical application (Zhao et al., 2011; Liu et al., 2017; Otsuka et al., 2020).
IMPROVED REVASCULARIZED BIOENGINEERED LIVERS SURVIVAL IN HETEROTOPIC PORCINE TRANSPLANTATION MODEL
Our team has shown that complete re-seeding of decellularized whole porcine livers with human umbilical vein endothelial cells (HUVECs) and implantation heterotopically into immunosuppressed pigs could sustain perfusion for up to 15 days. We identified glucose consumption rate (GCR) as a reliable metric for non-destructively monitoring cell proliferation and ultimately predicting graft patency following blood perfusion (Shaheen et al., 2020).
More recently, we studied the co-seeded BELs, produced by adding primary porcine hepatocytes after HUVEC reendothelialization, to evaluate the function of the grafts in heterotopic position. Graft viability was stable before and after the transplant. A portosystemic shunt was employed to limit portal hypertension due to the limited space and smaller graft size in this heterotopic transplantation model. These studies followed our stepwise approach to using larger grafts with greater functionality in an orthotopic model (Anderson et al., 2021).
UPDATED ORTHOTOPIC LIVER TRANSPLANTATION DATA FOR REVASCULARIZED BIOENGINEERED LIVERS
Heterotopic liver transplantation can be challenging in clinical practice due to a variety of factors, including suboptimal venous outflow, limitation of space for the graft, and poor long-term outcomes. Thus, heterotopic liver transplantation has remained a rare approach clinically compared to orthotopic liver transplantation (Anderson et al., 2021; Rammohan et al., 2021). Nyberg and colleagues have created an orthotopic liver transplantation model with rBELs. We performed the liver transplant by caval interposition technique as previously reported by Calne et al. (1968) rather than the piggy-back technique as there is no plane of dissection between the liver and IVC in pigs. In our preliminary functionality studies only anastomosis to the SHIVC, IHIVC, and PV were performed. The hepatic artery and common bile duct were not utilized. SHIVC was sewn by traditional end-to-end technique. However, end-to-end anastomoses to IHIVC and PV were performed over a silicone tube insertion method to minimize the anhepatic phase and the ischemic time of rBELs implantation.
As expected, the survival rate at 24 h was significantly higher in the pig allograft group compared to the rBELs group (4 of 4, 100% vs. 1 of 9, 11.1%, p = 0.01); the median survival time in the rBELs group was 18 h (range, 7–24 h) as illustrated in Figure 1. However, our rBELs showed patent vasculature with good graft reperfusion in vitro portal venogram and in vivo on declamping the PV, as shown in the Supplementary Videos. We also assessed the patency of the vasculature by portal venogram after 1 hour of in vivo perfusion with an intact vascular tree and no evidence of thrombosis (see Figure 2).
[image: Figure 1]FIGURE 1 | Kaplan-Meier analysis of survival of the allograft group and the rBELs group. Survival rate at 24 h was significantly higher in the allograft group compared to rBELs group (4 of 4, 100% vs. 1 of 9, 11.1%, p = 0.01). The study endpoint was death or the presence of a death equivalent endpoint. Death equivalent endpoints were: absent graft blood flow, grade IV hepatic encephalopathy, and uncontrolled bleeding, and animals were euthanized.
[image: Figure 2]FIGURE 2 | Portal venogram of Decell-recell liver graft demonstrating patency of vasculature and no evidence of thrombosis after 1-h in vivo perfusion.
The rBEL grafts shown in Figure 1 and Figure 2 were “endo-only grafts” seeded with HUVEC cells; they lacked hepatocytes and did not possess an intact biliary system required for clinical use. Liver grafts co-seeded with both HUVECs and primary hepatocytes have been studied on the bench and in heterotopic position, and soon may be ready for orthotopic transplantation studies. The co-seeded grafts showed an intact lobular structure after reseeding on H & E staining with mitotically active cells on staining with Ki-67 (see Figure 3). These data suggest steady progress of rBELs towards eventual clinical practice.
[image: Figure 3]FIGURE 3 | (A). Decell-recell liver graft co-seeded with HUVEC endothelial cells and primary hepatocytes. (B). Light microscopy of co-seeded graft showing lobular structure after reseeding (H&E staining). (C). IHC microscopy of co-cultured graft showing mitotically active cells after reseeding (Ki67 staining).
CLINICAL RELEVANCE OF REVASCULARIZED BIOENGINEERED LIVERS DATA
The survival data shown in Figure 1 after transplantation of endo-only rBEL grafts may have clinical relevance to human surgeries. In particular, in some regions, it is standard to perform ex vivo liver resection and autotransplantation for end-stage hepatic alveolar echinococcosis. In the anhepatic phase of this human operation, the native liver is completely removed from the abdominal cavity for treatment, an artificial vascular graft is applied to temporarily reconstruct the IVC, and a portocaval shunt is established (Yang et al., 2018). The reported anhepatic phase in alveolar echinococcosis ranges from 104 to 879 min (Aji et al., 2018; Yang et al., 2018; Yang et al., 2020). According to the anhepatic phase of human reality viewpoint and comparing it with the survival data of our study, our rBELs would be efficient for sustaining physical perfusion phase in the absence of visible clots if they are used for this purpose in the future.
CONCLUSION
The increasing need for liver transplantation as the only curative treatment for liver failure makes BEL a glimmer of hope for the future. Many obstacles stand in the way of achieving functional transplantable BELs, such as finding a suitable platform for the cells with proper dispersion and getting a patent vasculature. The use of scaffolds and the development of decell-recell techniques coupled with the availability of different cell lines and sources made a quantum leap in the development of BELs. The decellularized scaffolds became a platform that is not only a cell container but also a participant in their activity and functionality. Many trials were conducted to overcome the problem of blood clotting and failed reperfusion. Re-endothelialization is considered a cornerstone for a successful reperfusion phase. Not only by applying endothelial cells but also with proper attachment and extension throughout the vascular tree. Also, the use of anticoagulants, such as heparin immobilization, heparin-gelatin, and REDV peptide, has also been employed to improve BEL vascular patency. However, to the best of our knowledge, the grafts’ survival during in vivo perfusion did not surpass 8 days by any method. Shaheen et al. (2020) showed that sustained perfusion of our revascularized bioengineered livers heterotopically transplanted into immunosuppressed pigs survived for up to 15 days, which is considered a step in creating a more stable bioengineered graft. In our unpublished new study, we created an orthotopic BEL model that could survive for up to 24 h. However, as our rBELs are still preclinical trials, they are considered promising results as the 24-h graft survival can be useful in cases such as ex-vivo liver resection and autologous liver transplantation for end-stage hepatic alveolar echinococcosis. Till now, these results can’t be applied as a substitute for traditional liver transplantation. So, the next step is to utilize the new model for the transplantation of fully recellularized BELs. That’s why we developed our co-seeded grafts as a step toward the next tri-seeded grafts by adding cholangiocytes and then transplanting them in the orthotopic position, as we established in our latest model.
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Small-diameter vascular grafts have a significant need in peripheral vascular surgery and procedures of coronary artery bypass graft (CABG); however, autografts are not always available, synthetic grafts perform poorly, and allografts and xenografts dilate, calcify, and induce inflammation after implantation. We hypothesized that cross-linking of decellularized xenogeneic vascular grafts would improve the mechanical properties and biocompatibility and reduce inflammation, degradation, and calcification in vivo. To test this hypothesis, the bovine internal mammary artery (BIMA) was decellularized by detergents and ribozymes with sonication and perfusion. Photooxidation and pentagalloyl glucose (PGG) were used to cross-link the collagen and elastin fibers of decellularized xenografts. Modified grafts’ characteristics and biocompatibility were studied in vitro and in vivo; the grafts were implanted as transposition grafts in the subcutaneous of rats and the abdominal aorta of rabbits. The decellularized grafts were cross-linked by photooxidation and PGG, which improved the grafts’ biomechanical properties and biocompatibility, prevented elastic fibers from early degradation, and reduced inflammation and calcification in vivo. Short-term aortic implants in the rabbits showed collagen regeneration and differentiation of host smooth muscle cells. No occlusion and stenosis occurred due to remodeling and stabilization of the neointima. A good patency rate (100%) was maintained. Notably, implantation of non-treated grafts exhibited marked thrombosis, an inflammatory response, calcification, and elastin degeneration. Thus, photooxidation and PGG cross-linking are potential tools for improving grafts’ biological performance within decellularized small-diameter vascular xenografts.
Keywords: small-diameter vascular graft, bovine internal mammary artery, decellularization, cross-linking, neointima, tissue engineering vascular graft
INTRODUCTION
Cardiovascular disease (CVD) is a serious disease that threatens human health. According to the World Health Organization, more than 17 million people die of CVD every year (Organization, 2013). Nearly 400,000 procedures of coronary artery bypass grafts (CABGs) are performed in the Unites States, and 50,000 procedures are performed in China each year, and there are still many patients waiting for surgery (Writing Group et al., 2016; Ma et al., 2020). The use of the grate saphenous vein, internal mammary artery, and radial artery is the most suitable choice for CABG procedures and peripheral vascular surgery, but some patients have insufficient access to suitable autologous blood vessels due to trauma, varices, infection reoperation, etc. (Wang et al., 2007; Desai et al., 2011).
With the development of tissue engineering vascular grafts, a variety of biodegradable and non-biodegradable synthetic polymers are widely used in reconstructive operations. Polymers, such as expanded polytetrafluoroethylene (ePTFE, Gore-Tex) and polyethylene terephthalate (PET, Dacron), are widely used for large diameter applications (> 6 mm) (Klinkert et al., 2004). However, no synthetic small-diameter vascular grafts (<6 mm) have been approved for clinical applications (Pektok et al., 2008; de Valence et al., 2012). Decellularized biological vascular grafts from xenogenic or allogenic tissues have shown great potential to serve as a new generation of tissue engineering vascular grafts (TEVG) which are composed of an extracellular matrix (ECM), sufficient collagen, elastin, and glycosaminoglycan (GAG). They can provide a friendly microenvironment due to their abundant cell signaling factors that are conducive to cell adhesion, proliferation, migration, and differentiation (Schmidt and Baier, 2000). Furthermore, the decellularized grafts can successfully match size, length, and compliance between donor and recipient vessels. However, the decellularized biological vascular grafts may have incomplete removal of cellular components or alterations in the structure of the ECM and exposure of collagen fibers. Several reasons of failure including thrombosis, immune rejection, aneurysm, intimal hyperplasia, and calcification are still challenges before the clinical application of xenogeneic small-diameter vascular grafts (Lin et al., 2018).
There are a few decellularized products on the market, such as the bovine carotid artery (Artegraft®), bovine mesenteric vein (ProCol®), and bovine ureter (SynerGraft®), which are used for clinical applications (Sharp et al., 2004; Das et al., 2011; Pashneh-Tala et al., 2016; Lin et al., 2018). The bovine internal mammary artery (BIMA) is used as a substitute for heterogeneous small-caliber blood vessels, but it has not undergone decellularization and properly cross-linking treatment, resulting in certain limitations in clinical application (Mitchell et al., 1993; Craig and Walker, 1994; Esposito et al., 1994). However, the BIMA also has a desired length (15–20 cm) and its diameter uniformly changes from 5 to 3 mm from the proximal to the distal end, which is conducive to clinical requirements, such as the replacement of peripheral blood vessels, the implantation of coronary artery bypass grafts, and the hemodialysis of the fistula (Catto et al., 2014; Mahara et al., 2015). Therefore, the BIMA is a suitable candidate material for the construction of small-diameter vascular grafts in tissue engineering.
The combination of different protocols, such as detergent, physical shake, and biological enzyme, was the most commonly used decellularized method (Crapo et al., 2011). Based on our previously described multistep detergent and enzymatic decellularization procedure (Lü et al., 2009), we modified a new decellularization strategy that combines sonication and perfusion, which can be used to reduce the concentration of detergent and exposure time and preserve the three-dimensional structure of the extracellular matrix. Previous studies have shown that alterations in the ECM structure, which depends greatly on the decellularization process, also lead to changes in the mechanical properties. In addition, the decellularization process can reduce the antigenicity of xenogeneic biomaterials (Böer et al., 2011), but there is still more inflammatory cell infiltration after in vivo implantation, and cross-linking can inhibit immune inflammatory cell infiltration and tissue degradation (Courtman et al., 2001). The physical and chemical cross-linking method can improve biomechanical properties and biocompatibility performance and reduce an inflammatory response by inhibiting the penetration of inflammatory cells or blocking part of the antigenic sites exposed by the denaturation of protein of ECM secondary conformation (Stock and Schenke-Layland, 2006). Chemically, glutaraldehyde, carbodiimide, and polyglycidyl ethers are common cross-linkers as well as physical cross-linking methods that include photooxidation and dehydrothermal methods. All of these methods mediate the formation of covalent bonds between amine groups and carboxyl groups on the collagen fibers of the bioscaffold. Although chemical cross-linkers, such as glutaraldehyde, can achieve better cross-linking effects, their residual toxicity or excessive cross-linking can cause calcification or less cellular infiltration, leading to failure (Schmidt and Baier, 2000; Parenteau-Bareil et al., 2010).
Photooxidation cross-linking has the advantages of non-toxicity, less calcification, and mild inflammation, but it does not cross-link in elastic fibers, which is also responsible for failure of vascular implantation, such as early degradation of elastic fibers, aneurysmal dilatation, and impaired vascular mechanical properties (Moore and Adams, 2001; Meuris et al., 2003). Our previous studies have shown that photooxidation cross-linking of decellularized bovine jugular vein can prevent ECM degradation and promote the regeneration of collagen, GAGs, and cell infiltration, but the elastic fibers are gradually degraded, which may lead to binding of elastin molecules’ peptide chain backbone to calcium ions, resulting in calcification. Elastic fibers are richer in the arterial walls; therefore, elastic fibers need to be further processed (Lü et al., 2010). PGG is a polyphenol antioxidant and cross-linker of elastic protein and has the function of stabilizing elastic fiber, reducing the degradation and calcification of ECM, and attenuating excess reactive oxygen species (ROS) and anti-inflammatory effects in the regulation of an inflammatory response (Fraga et al., 2010; Leopoldini et al., 2011).
Overcoming early acute thrombosis, an acute inflammation, degradation, and calcification in a decellularized small-diameter vascular xenograft is challenging. We hypothesized that a modified decellularization protocol with photooxidation and PGG cross-linking could improve the properties of biomechanical and biocompatibility; reduce inflammatory responses, degradation of elastin, calcification; and promote neointimal stabilization and remodeling. To test this hypothesis, we used BIMA as a tissue engineering vascular graft, which is based on a modified decellularization strategy that combines sonication, perfusion, and cross-linking with photooxidation and PGG in this study. In addition to quantification of DNA and ECM proteins, characterization of surface topography, biomechanical strength, fixation index, susceptibility to elastinase, cell biocompatibility in vitro, short-term subcutaneous transplants in rat, and abdominal aorta replacement in rabbit were performed to assess graft performance, cell migration, remodeling, and mass spectrum of neointima in vivo.
MATERIALS AND METHODS
Fresh BIMA was received from a local slaughterhouse, cleaned from adherent tissues as well as residual fat, and consecutively rinsed using phosphate-buffered saline (PBS). In addition, 10-cm segments were cut from the BIMA, and the segments (n = 80) were stored at 4°C in PBS supplemented with 1% streptomycin/penicillin. The blood vessels in our laboratory are generally stored for 2 weeks in PBS containing 1% streptomycin/penicillin at 4°C. After gamma radiation sterilization at a dose of 25 KGy, the grafts can be stored in 60% alcohol for 1 year. Thereafter, the BIMA was further processed as indicated in our flow scheme (Figure 1).
[image: Figure 1]FIGURE 1 | Experimental setup. After decellularization by ultrasound and perfusion, the vascular grafts were grouped, modified by cross-linking, and implanted in the animal models. PO, photooxidation; PGG, pentagalloyl glucose.
Decellularization Procedure
The decellularization procedure was based on a combination of physical, chemical, and biological methods and a system which consisted of an ultrasonic cell breaker and a peristaltic pump. The steps were as follows: first, we used a peristaltic pump (80–100 ml/min) to perfuse BIMA with 0.5% sodium dodecyl sulfate (SDS, Sigma, L3771, United States) and 0.5% Triton X-100 (Sigma, X-100, United States) for 24 h and combined with sonication treatment (20 kHz, 200w) for 12 h. Second, after sonication treatment, samples were washed with PBS solution by using the peristaltic pump for 30 min and DNAse (40 U/ml, Servicebio, G5043, China) and RNAse (0.3 mg/ml, Servicebio, G3413, China) was added in the decellularized container at 37°C water bath for 24 h. Third, after ribozyme treatment, samples were washed in the perfusion system with PBS for 48 h. Finally, the decellularized BIMAs (DC) (n = 60) were stored in sterile PBS at 4°C before further use.
Photooxidation and PGG Cross-Linking
Decellularized BIMAs were cross-linked by using a dye-mediated photooxidation technique, according to the method of Moore et al. (1994). The experimental process refers to our previous research (Lü et al., 2010). In brief, the grafts were immersed in a chilled PBS containing glucose (pH 7.6, Osm: 680 osm) for 4 h, followed by a 2-step cross-linking process. First, the grafts were incubated in a cross-linking solution, a chilled PBS containing glucose (pH 7.6, Osm: 320 osm) that comprised 0.1% methylene blue (Sigma, M9140, United States) for 4 h at 4–20 °C in the dark. In the second step, the cross-linking solution and DC graft reacted with a 500-W broad wavelength light source and worked for 48 h at 0–15 °C with 10 ml/min air sparged through the stirred reaction solution. The inner and outer walls of the grafts were treated by photooxidation for 24 h, and the reaction solution was changed every 24 h. After cross-linking, the DC with photooxidation cross-linking grafts (DO, n = 20) was washed in sterile PBS and stored in sterilized PBS at 4°C for further study.
The DO grafts were cross-linked with different concentrations (0.1%/0.25%/0.5%) of sterile PGG (Biopurify, 14937-32-7, China) in 50 mM phosphate buffer of pH 5.5 containing 20% isopropanol for 24 h (Pennel et al., 2014), and then the PGG-treated DO-BIMA (DOP, n = 20) was washed three times with PBS. All the grafts were sterilized by 25 KGy gamma irradiations and stored in 60% alcohol at 4°C for further use.
DNA Quantification and Electrophoresis
The total DNA amount of native BIMA (NA) or DC-BIMA grafts was quantified by using a DNA detection kit (TIANamp Genomic DNA kit) for grafts. We then prepared an agarose gel, followed by making an electrophoresis gel membrane, and finally added a marker and DNA samples, respectively. The electrophoresis parameters were 100 V of current for a duration between 30 and 45 min. Then the electrophoresis gel membrane was exposed under UV light and scanned the picture.
Histological Analysis
The samples were fixed in 4% formaldehyde solution for 24 h, followed by gradient dehydration in alcohol. Then paraffin infiltration and embedding were performed, and slides of 5 μm each were cut out. Then the slides were stained by hematoxylin and eosin (H/E, Servicebio, G1005, China) stain for general morphology and cell nuclei, Masson’s trichrome (Servicebio, G1006, China) stain for collagen demonstration, elastic van Gieson (EVG, Servicebio, GP1035, China) stain for elastin demonstration, and immunohistochemistry (IHC) stain for identification of the α-gal antigen.
Mechanical Testing
The four groups of NA/DC/DO/DOP-BIMA were cut into short conduits with a diameter of 4 mm and a length of 10 mm (n = 6). The grafts were used to measure the radial mechanical properties, burst pressure, and suture tension. An INSTRON instrument, which measures radial mechanical properties, was used. In addition, 2-cm length of graft (n = 6) was used for a suture retention test, performed by placing a 6-0 prolene suture 2 mm from the end of the graft and pulled to failure on an INSTRON tensile testing system. The burst pressure was measured by delivering PBS from a 50-ml syringe via a control valve. The diametrical compliance (C) was calculated by using equations published by Hamilton’s group (Tai et al., 1999). In brief, the diameters were recorded between pressure of 120 and 80 mm Hg by slowly injecting PBS into each group of vascular grafts (n = 6).
Fixation Index Determination
The ninhydrin (NHN) assay can be used to reflect the degree of tissue cross-linking by the fixation index (FI). The FI was calculated by using equations published by Hsu’s group (Sung et al., 1996). In brief, after being fixed, all samples were lyophilized and weighted. Then tissues were put into NHN solution (Aladdin, N105629, China) and heated to boil for 20 min. Optical absorbance of the solution was detected by a microplate absorbance reader at 570 nm.
Scanning Electron Microscopy
For scanning electron microscopy (SEM), the NA/DC/DO/DOP-BIMA samples were fixed and dried by a graded ethanol series and then freeze-dried for dehydration. Dried samples were sputter coated with 20 nm of gold and analyzed using a FEI Nova NanoSEM (FEI Electron Optics B.V, Czech). The number of pores, ratio of the pore area, and diameter of a fiber were calculated by Image-Pro Plus 6.0 analysis software.
Elastin Degradation Experiments
To test the elastin degradation ability of NA/DC/DO/DOP-BIMA, different grafts were freeze-dried and weighed. Elastase (20 IU/ml, Biomatik, A4126, China) was added and the grafts were incubated at 37°C for 24 h; then the grafts were freeze-dried and weighed. Finally, the degradation rate of each group’s materials was calculated.
Cell Biocompatibility
Cytotoxicity Assessment
The human umbilical vein endothelial cell line (EAhy926) was cultured in a high glucose Dulbecco’s modified Eagle mediumwith 10% fetal bovine serum (DMEM/10%FBS, Servicebio, G4510, G8001, China). A sample size of 1 × 1 cm2 was cut from BIMA grafts and cultured in DMEM/10%FBS at 37°C for 24 h at a density of 2.5 ml/cm2. The culture media (leach liquor) were collected and preserved. The media were replaced with leach liquor from the scaffold cultures diluted with DMEM/10%FBS at a ratio of 1:2. The cells were cultured for a further 1, 3, and 5 days at 37°C. A negative control was prepared using DMEM/10%FBS alone. The mitochondrial metabolic (MTT, Servicebio, G4104, China) assay was applied in assessing the cell growth on the scaffold. The optical density at 570 nm was determined using a microplate reader. The cytotoxicity of each protocol was evaluated by calculating the relative growth rate (RGR) to determine the proliferation index (Xu et al., 2017). RGR = (mean OD for each group)/(mean OD of the negative control) × 100%.
Cell Viability Assay
Samples of the four groups were cut into 5 × 5 mm pieces, washed with sterile PBS for 20 min, soaked in DMEM/10%FBS for 24 h, and then placed in a 48-well plate. A total of 5 × 103 cells were seeded on each sample. After 30 min, 500 μl of DMEM/10%FBS was added to each well and cultured for 7 days. The culture medium was changed every 2 days. The pieces of vascular grafts were transferred to clean wells and washed with a PBS solution, and 100 μl of 10 μmol/ml 6-CDCFDA (carboxy-2′,7′-dichlorofluorescein diacetate, Yuhengbio, C4096, China) live cell fluorescent dye was added to each well and incubated for 30 min in incubators. Cells were visualized by using an inverted fluorescence microscope. Then the pieces were fixed and prepared for SEM. In addition, we used immunofluorescence staining of F-actin to show the morphology of cells with phalloidin (Servicebio, G1028, China) and acquired images using a laser scanning confocal microscope (LSCM, LSM780, Zeiss, Germany).
In Vivo Subcutaneous Implantation in Rat and Abdominal Aorta Replacement in Rabbit
Subcutaneous Implantation
All animal experiments were approved by the Animal Research and Ethics Committee of The Second Xiangya Hospital of Central South University (CSU) and performed by the Department of Cardiac Surgery of The Second Xiangya Hospital. Host cell infiltration and immune inflammation responses against the different groups of NA/DC/DO/DOP BIMA (n = 4) were evaluated in rat subcutaneous implantation models. In this regard, about 4-week-old Sprague–Dawley rats (SD) with mean weight of 140 g were selected and anesthetized by sodium pentobarbital (30 mg/kg), and the vascular grafts with the size of 1 × 1 cm2 were implanted on each side of the subject rats. A 2-0 Mersilk suture was used to suture the skin of rats. Finally, the samples were removed to undergo histological examination after 28 days by using H/E staining. IHC staining was performed using anti-mouse CD3 (1:400, Servicebio, GB11014, China) and CD68 (1:200, Servicebio, GB11067,China) primary antibodies.
Abdominal Aorta Replacement
Grafts of three groups (DC/DO/DOP, n = 5) were evaluated in a total of 15 rabbits. The length of the grafts was 2 cm, and the diameter was 3.5 mm. Animals were anesthetized and sedated with 30 mg/kg sodium pentobarbital. Following a left paraspinal incision, the aorta was dissected free of surrounding tissues and the inferior vena cava. Intravenous heparin (1 mg/kg) was administered before implantation and grafts were implanted into infrarenal aorta by end-to-end anastomoses using 7-0 prolene sutures. All grafts were implanted for 4 weeks to compare the progression of remodeling of neointima, inflammation degradation of elastin, and calcification. Prior to the animals being euthanized, abdominal computed tomography angiography (CTA) was performed at 4th week, and the graft diameters were measured to evaluate the presence or absence of stenosis. After 4 weeks, grafts were then excised and washed with saline. The samples were analyzed histologically using the HE staining, Masson’s trichrome staining, and von Kossa (Servicebio, G1043,China). The EVG staining for elastin and quantification of elastin’s relative content from the histological images was performed by Image-Pro Plus 6.0 analysis software. The content of elastin in implanted grafts was compared with that in pre-implanted grafts to calculate the preservation ratio of elastin. The identification of different types of collagen fibers and content ratios in the neointima was determined by Picro-Sirius Red staining (Abcam, ab246832, United Kingdom). Studies have used the differences between the appearances of different collagen fibers under polarized light to differentiate between different types of collagen fibers. The color of type I collagen fibers is yellow/orange birefringence and type III collagen fibers is green birefringence. Using Image-Pro Plus 6.0 analysis software, the pixel area of type I collagen and the pixel area of type III collagen in the neointimal area of each group was measured uniformly with the pixel area as the standard unit; the type I and type III collagen pixel area ratios were calculated. IHC or immunofluorescence (IF) identification of endothelial cells was performed with antibodies to CD31 (1:200, Abcam, ab9498, United Kingdom), CD68 for macrophages (1:200, Servicebio, GB14043, China), CD206 for M2 macrophages (1:1,000, Abcam, ab254471, United Kingdom), alpha-smooth muscle cell actin (1:200, Gene Tex, GTX18147, United States) for fibroblast, calponin (1:500, Abcam, ab700, United Kingdom) for smooth muscle cell, and vimentin (1:200, Abcam, Ab8978, United Kingdom) for mesenchymal cell. The exact protocol is described in the Supplementary Material.
Mass Spectrum
The sample was rinsed and wiped dry using a dust-free paper. In total, 8 M urea +100 mM Tris-HCl (pH 7.2) lysate (with protease inhibitor) was added to solubilize protein. The protein concentration was determined by using the BCA method. A total of 500 μg protein was extracted from each group of samples; then mass spectroscopy-grade trypsin was added with at a ratio of 1:50 and digested overnight at 37°C. The peptide-containing solution was freeze-dried, and the peptide was dissolved for a mass spectrometry analysis. The Nono LC. LTQ Oribtrap MS was used for the mass spectrometry analysis. An electrospray ion source using a positive ion mode detection with a spray voltage of 2.4 kV at an ion source temperature of 350°C was used. The first-level FT scan was at the resolution of 60000 FWHM; the second-level IT scan was within the range of 280–1,500, in the TOP 20 mode, at the resolution of 7500 FWHM with a collision energy at 35%. The software Protome Discovery 2.0 (Thermo Fisher) was used to search the MS RAW files in the Uniprot TrEMBL database. Search database parameter settings are as follows: the species is rabbit; the cleavage enzyme is trypsin; the maximum number of missed cleavages is 1; the error of primary precursor ion is 10 ppm; and the error of secondary daughter ion is 0.5 Da. A false discovery rate of 0.01 was used and two biological replicates were analyzed. Proteins were stated identified if at least three unique peptides were detected.
Statistical Analysis
The results of quantitative studies were expressed as the median and the interquartile range. For analysis of two groups with unpaired samples, the Mann–Whitney U test was used. For analysis of three or more groups, the Kruskal–Wallis test with Tukey’s post hoc test was used and analyzed using a statistical analysis software IMB SPSS Statistics 22.0 (IBM, United States), and graphs were generated using GraphPad Prism 8 (GraphPad, United States). p-values ≤ 0.05 were considered to be statistically significant.
RESULTS
Decellularized BIMA Preparation and Characterization
The decellularized BIMA with a diameter of 3–6 mm and a length of 10–15 cm were obtained. The acelluar BIMA showed optimal three-dimensional structure of the extracellular matrix by HE, Masson, and EVG staining (Figure 2). The comparison of expression levels of α-gal (IHC scores) in NA and DC groups showed that α-gal antigen were significantly reduced in decellularized grafts (Figure 2L). DNA electrophoresis (Figure 2I) showed no macromolecular bands, and the DNA content (Figure 2J) was significantly reduced in decellularized grafts (Figure 2). The content of collagen and elastin was not significantly different between the NA and DC groups (Figure 2K). The BIMA showed a complete internal elastin lamina membrane, thin media, which contained collagen and elastic fibers, and a relatively loose adventitia.
[image: Figure 2]FIGURE 2 | Characteristics of the bovine internal mammary artery (BIMA) before (A,C,E,G) and after (B,D,F,H) acellularization. H&E staining (A,B), Masson’s trichrome staining (C,D), van Gieson staining (E,F), and immunohistochemistry of α-gal (G,H). (I) DNA electrophoresis showed no macromolecular bands of the decellularized bovine internal mammary artery (BIMA). (J) DNA quantification of native and decellularized BIMA (Mann–Whitney U test). (K) Content of collagen and elastin was insignificant between the NA and DC groups (Mann–Whitney U test). (L) Comparison of α-gal antigen content (IHC scores) of native and decellularized BIMA (Mann–Whitney U test). NA, native BIMA; DC, decellularized BIMA.
Mechanical Properties of Cross-Linked BIMA
To test the effect of cross-linking on the biomechanical properties of vascular scaffolds, the ninhydrin experiment, the compliance, and the resistance to elastase were assayed. The aforementioned three experiments were tested in the DOP groups (0.1%, 0.25%, and 0.5%), and the results indicated that moderate cross-linking of PGG improved the fixation index and resistance to elastase, but excessive cross-linking also led to reduced vascular compliance. Therefore, 0.25% PGG was chosen as our cross-linked concentrations. (The comparison data of different concentrations of DOP group are shown in the Supplementary Material.) The ninhydrin experiment results showed that the cross-linking degree of the DO and DOP groups was approximately 20% and 40%, respectively (Figure 3A). The compliance was approximately 24%, 14%, 15%, and 17% in the NA, DC, DO, and DOP groups, respectively (Figure 3B). The compliance of the DOP group was lower than that of the NA group but significantly higher than that of DC and DO groups. The elastin degradation test showed that the DOP group had the lowest weight compared with the other three groups (Figure 3C).
[image: Figure 3]FIGURE 3 | Bovine internal mammary artery’s (BIMA) property before and after cross-linking. (A) Fixation index of the DOP group was significantly increased compared to the DO group (Mann–Whitney U test). (B) Diametrical compliance significantly decreased in the DC, DO, and DOP groups, but it was significantly increased in DOP groups compared with the DC and DO groups. (C) Resistance to elastinase in DOP groups was significantly higher than that in the NA, DC, and DO groups. (D,E) Difference of the four groups’ burst pressure and radial mechanical was insignificant. (F) Suture retention strength of the DOP group significantly increased compared to the NA and DC groups. For B, C, D, E, and F, box and whiskers, minimum to maximum, shows all points. The Kruskal–Wallis test with Tukey’s post hoc test. NA, native BIMA, DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA; YM, Young’s modulus; MTS, maximum tensile stress.
After comparing the NA, DC, DO, and DOP groups’ radial mechanical properties, we found that there was no significant difference in Young’s modulus, maximum tensile stress, and burst pressure among the four groups (p > 0.05, as shown in Figure 3D and Figure 3E), but in the suture retention strength, the DOP group was significantly higher than NA and DC, and there was an insignificant difference from the DO group (Figure 3F).
SEM and Staining
To observe the structure and morphology of blood vessels after cross-linking, HE/MASSON/EVG staining were performed in DO and DOP groups (Figure 4). From the SEM results, the NA group showed a tight fiber connection without obvious pores. The SEM images of the same area of DC/DO/DOP groups were selected, and then the number of pores per unit area and ratio of pore area were counted and analyzed which demonstrated that there were significant differences among the groups. The DOP group showed that the number of pores and the ratio of pore areas were less than that of other groups (Figure 5).
[image: Figure 4]FIGURE 4 | Histological staining of the DO and DOP groups. H&E staining (A,B), Masson’s trichrome staining (C,D), and van Gieson staining (E,F) of the DO (A,C,E) and DOP (B,D,F) groups.
[image: Figure 5]FIGURE 5 | Morphology assessed by SEM and semi-quantitative results of pore number, area, and mean fiber diameter in the groups. The number of pores and the ratio of the pore area in the DOP group were significantly less than those in the DO and DOP groups. The difference of fiber diameter was insignificant in the groups. Box and whiskers, min to max, show all points; The Kruskal–Wallis test with Tukey’s post hoc test. NA, native BIMA; DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA.
Cell Biocompatibility
The cytotoxicity of the four groups’ scaffolds was determined by using the MTT assay. As shown in Figure 6, the relative growth ratios (RGRs) of HUVECs were grown in the presence of leach liquor from the scaffolds at concentrations after 1, 3, and 5 days of culture were evaluated. On Day 1, no apparent differences were observed in the RGRs between the four groups; on Day 3 and Day 5, the RGRs in the four groups reached level 1 and showed an insignificant difference between different groups. For the cell viability assay of the DC, DO, and DOP groups, the cells adhered and spread on the materials. The live cell 6-CDCFDA fluorescent staining and results of SEM and IHC-CD31 confirmed the reseeded cells’ viability, and there were no significant difference in the four groups. The F-actins’ immunofluorescence staining of phalloidin showed that the cells adhered to the luminal surface of the vessels in a cobblestone shape. (The results of IHC show in the Supplementary Material.)
[image: Figure 6]FIGURE 6 | Cell biocompatibility of the NA, DC, DO, and DOP groups are shown. (A) Human umbilical vein endothelial cells adhered and spread on the materials after 7 days, and cell adhesion and morphology was assessed by 6-CDCFDA live cell fluorescent staining, scanning electron microscopy (SEM), and the immunofluorescence staining of F-actins for the cell shape (DAPI: blue; phalloidin: green). (B) Cytotoxicities were determined by the MTT assay and showed no significance in the relative growth ratio between the experiment groups and control groups (Kruskal–Wallis test with Tukey’s post hoc test, p > 0.05). NA, native BIMA; DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA.
Host Cell Infiltration and Inflammation of the Grafts In Vivo
Before the end of the study, the rats did not receive any drugs and antibiotics. After 28 days, no reactions, including local and systemic infections as well as infections of the implanted scaffolds in animal models at the surgical sites, were observed. The four groups’ HE stain examination showed that in the NA group, many cells were infiltrated in the graft and parts of the internal and adventitia membranes were degraded (Figure 7). In the DC group, many cells were infiltrated in the graft, and the internal and adventitia membranes were partially degraded. In the DO group, a small cell amount in the graft was infiltrated; the blood vessel was not degraded. In the DOP group, there was almost no cell infiltration in the graft, and the structure of the graft was basically intact. The IHC results showed the presence of more CD68+ and CD3+ cells in the NA and DC groups (p<0.01), distributed in the vascular wall and the fibrous capsule. Compared with the DOP group, there were more CD68+ and CD3+ cells in the DO group that infiltrated in the superficial vascular wall and the fibrous capsule, while the positive cells in the DOP group only existed in the fibrous capsule (Figure 7).
[image: Figure 7]FIGURE 7 | Histological staining of four groups’ grafts implanted into the subcutaneous transplants of rats for 4 weeks. (A) Histological staining (H&E). The dotted line depicts the edge of the implanted graft; (B) immunohistochemical (IHC) staining for macrophages (CD68); (C) IHC staining for T lymphocyte (CD3); (D,E) quantitative analysis of the number of CD68+ and CD3+ cells in the four groups. The number of positive cells in the NA group and DC group was significantly higher than the DO and DOP groups, and the number of positive cells in the DOP group is significantly reduced (box and whiskers, min to max, show all points; Kruskal–Wallis test with Tukey’s post hoc test). NA, native BIMA; DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA.
In Vivo Performance of Abdominal Aortic Implantation
New Zealand white rabbits were used for abdominal aorta transplantation. All rabbits survived surgery without complications, such as paraplegia and infections. CTA results showed that the patency in the DC group was 60% at 4w and that in the DO and DOP groups were 100%. In the DC group, there were two cases of occlusion due to thrombosis. In the DO group, there were two cases with stenosis in the middle of the graft or anastomotic site (stenosis degree >30%) and two cases in the DC group (Table 1). Grossly, connective tissue adhered to the grafts’ abluminal surface explanted on the fourth week and the grafts’ luminal surface appeared glossy in the DO and DOP groups (Figure 8). The results of HE, Masson trichrome, EVG, and Picro-Sirius Red staining showed that there were a large number of cell infiltrations in the adventitia and deposition of new collagen fibers in the neointima in the three groups. In the DOP group, the new collagen fibers were arranged orderly, and the structure was similar to that of natural blood vessels; the preservation rate of elastic fibers of vascular wall in the DOP group was higher than that in the other two groups. (The comparison data of preservation rates of elastin are in the Supplementary Material.) von Kossa staining showed local calcium deposition in both the DC and DO groups but no calcium deposition in the DOP group (Figure 9).
TABLE 1 | Summary for abdominal aorta replacement in rabbit.
[image: Table 1][image: Figure 8]FIGURE 8 | (A) Macroscopic images of the rabbit infrarenal abdominal aortic transplantation model. (B) CTA results on the first day after operation. (C,D) CTA results of occlusion and stenosis after 1 month of vascular implantation in the DC group. (E) CTA results of stenosis after 1 month of vascular implantation in the DO group. (F) CTA results of DOP group after 1 month of vascular implantation. Red arrows depict the anastomoses; the mid-section gross images of grafts implanted for 1 month in the DC (G), DO (H), and DOP (I) groups. Red arrows depict the neointima. DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA.
[image: Figure 9]FIGURE 9 | Histological staining of three groups’ grafts implanted into the abdominal aorta of rabbits for 1 month. (A) Histological staining. The red arrows depict cell infiltration in the basement membrane and adventitia of grafts in the DC and DO groups. In DOP group, a few cells infiltrated the adventitia of graft. (B) Masson’s trichrome staining. The red arrows depict the regenerated collagen fibers and structural morphology of neointima in each group. In DC and DO groups, the black arrows depict the fibrin of neointima. (C) Elastin van Gieson staining. The red arrows depict the structural morphology of elastin in each group of scaffolds. Elastin appeared fragmented and degraded in the DC and DO groups. (D) Picro-Sirius Red staining. The color of type Ⅰ collagen fibers is yellow/orange birefringence and that of type Ⅲ collagen fibers is green birefringence. (E) von Kossa staining: the red arrows depict the calcification. There was no calcium deposition in the DOP group. Scale bars are 100 μm. The left dotted line indicates location of basement membrane and the right dotted line indicates location of vascular graft luminal surface. *** depict the neointima. DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA.
Results of the IHC and IF showed that α-SMA+ cells and vimentin+ cells were distributed in the neointima of all the groups. In the DOP group, there were no CD68 + cells in the vascular grafts, which could be detected in the DC and DO groups. (The comparison data of CD68+ cells are in the Supplementary Material.) The CD206+ cells and calponin+/α-SMA + double positive cells were detected in the neointima of the DO and DOP groups. However, there was no CD31 positive cell adhesion in the three groups (Figure 10).
[image: Figure 10]FIGURE 10 | Cell histological staining of three groups’ grafts implanted into the abdominal aorta of rabbits for 1 month. (A) Immunohistochemical (IHC) staining for macrophages (CD68). Red arrows depict the positive cells. (B) IHC staining for M2 Macrophages (CD206). (C) IHC staining for fibroblast (α-SMA). (D) IHC staining for smooth muscle cell (calponin). (E) IHC staining for mesenchymal cell (vimentin). (F) Double immunofluorescence staining, α-SMA (green), calponin (red), and DAPI (blue). White arrows depict the double positive cells. Scale bars are 100 μm. The left dotted line indicates location of the basement membrane, and the right dotted line indicates location of vascular graft luminal surface. *** depict the neointima. DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA. α-SMA, alpha-smooth muscle actin. DAPI, 4′,6-diamidino-2-phenylindole.
Mass Spectrum of Neointima
To identify the composition of the neointima, the different groups’ samples were digested using trypsin and analyzed by Orbitrap mass spectroscopy using a label-free quantification method. The possible components of neointima in each group were analyzed. The principal component analysis showed the relative distance between the experimental groups (Figure 11A). The results of the mass spectrometry analysis showed that the major categories whose protein abundance accounted for the top 70% of samples in the three groups were plasma protein components (albumin, hemoglobin, fibrinogen, immunoglobulin, transferrin, etc.), cytoskeletal protein components (actin–aortic smooth muscle, actin–alpha skeletal muscle, tropomyosin alpha-1 chain, etc.), glycoproteins, and secreted factors (glyceraldehyde-3-phosphate dehydrogenase, protein S100-A12, vitamin D-binding protein, etc.) (Figure 11B). We analyzed differential expression among the three groups, but no statistically significant differential proteins were found (FDR-adjusted p < 0.05). The heatmap and Venn diagram demonstrated the proteins with the top 20 differential fold change among the three groups (Figures 11C, D). The heatmap demonstrated differential proteins with p < 0.05 in the three groups (Figures 11E). GO annotations were not analyzed due to the low number of identifications of differential proteins, and FDR-adjusted p > 0.05. (The data of proteins/peptides are shown in the Supplementary Material.)
[image: Figure 11]FIGURE 11 | To identify the composition of the neointima, the different groups’ samples by an Orbitrap mass spectrometer using a label-free quantification method. The principal component analysis shows the relative distance between the experimental groups (A). Heatmap showed that the major proteins/peptides whose abundance accounted for the top 70% of samples in the three groups (B). Heatmap and Venn diagram demonstrated the proteins with the top 20 differential fold change among the three groups. The Limma package in the R language was used for difference analysis. (C,D) Heatmap demonstrated differential proteins with p < 0.05 in the three groups (E). DC, decellularized BIMA; DO, photooxidation cross-linked BIMA; DOP, photooxidation and PGG cross-linked BIMA.
DISCUSSION
Although the artificial vascular graft of synthetic materials research and its clinical application have been in use for a long time, its complications, such as intimal hyperplasia, thrombosis, chronic inflammation, and slow tissue regeneration, are still the main reasons that limit its application in the field of small-diameter vascular grafts (Schneider et al., 2018; Schneider et al., 2020).
We described for the first time the use of decellularized BIMA in a rabbit abdominal aortic replacement model. BIMA has optimal biomechanical properties. In our study, its burst pressure was as high as 4,700 mmHg, and the suture retention reached approximately 9.0 N, which fully met the needs of human arterial blood pressure and had good durability. The results showed that the decellularization procedure combined with physical, chemical, and biological enzymes can remove cellular components and antigens of α-gal and retain the three-dimensional structure of the ECM. In our research, the decellularization results proved that the physical method of ultrasound combined with perfusion can efficiently remove cell components, and the reaction time and concentration of SDS and Triton X-100 can be reduced. The decellularization procedure was shortened to 3–4 days, which minimized the damage of detergent to ECM structure’s integrity. The DNA was almost completely removed, and electrophoresis of DNA showed no large molecular bands. The histological HE staining also indicated the cellular components’ removal. Additionally, the grafts were removed of most of the α-gal antigen and reduced of the acute natural anti-gal antibodies that mediated rejection of the xenografts (Kasimir et al., 2005; Daly et al., 2009). The Masson and EVG staining showed that the decellularized BIMA had optimal extracellular matrix morphology and a fiber structure with no obvious breakage of collagen and elastic fibers. The decellularization procedure’s short-term and effectivity could be attributed to the sonication cavitation effects and perfusion, which could break the cells and facilitate the detergent penetration through the tissue (Azhim et al., 2014; Schneider et al., 2016).
The decellularization process will cause a damage to the ECM and expose the laminin of the basement membrane and collagen structure, leading to the degradation of mechanical properties and the exposure of procoagulant and antigenic sites on the fiber, which can cause early acute thrombosis, degradation of fibers, and inflammation (Lopera Higuita and Griffiths, 2020). Photooxidation cross-linked the graft’s collagen fibers to cover parts of the exposed antigen sites, which reduced the immune response and the foreign body reaction and prevented rapid cell infiltration and early degradation of the ECM to form an aneurysm or rupture (Lü et al., 2010). However, the degree of the vascular graft’s cross-linking by photooxidation treatment was not sufficient. Our previous studies have also shown that after photooxidation cross-linking of decellularized bovine veins, elastic fiber were degraded, which may reduce its biomechanical properties in vivo. The results indicated that moderate cross-linking of photooxidation and PGG can improve the biomechanical properties of vascular scaffolds, but excessive cross-linking can also lead to reduced vascular compliance. Appropriately cross-linked elastin fibers improved the vascular grafts’ compliance, which has been proven to be related to the intimal hyperplasia in vivo and can reduce the failure rate of vascular graft (Cocciolone et al., 2018; Thrivikraman et al., 2020). As a commonly used cross-linking agent, PGG cross-links and stabilizes elastin fiber in vascular graft and also possesses anti-inflammatory, antioxidant, and immunomodulatory effects (Fraga et al., 2010; Leopoldini et al., 2011).
In our study, the photooxidation and PGG cross-linking improved the graft’s biomechanical properties, biocompatibility, and stability. The biomechanical results showed that the DOP groups’ compliance, suture retention strength, and resistance to elastase degradation were improved. The residual biomechanical properties, which reflected the stress state in the vascular tissue were important for the vascular wall’s regeneration, reconstruction, and the smooth muscle cell functions’ regulation (Cocciolone et al., 2018). Additionally, the degree of cross-linking and SEM showed that the cross-linking strengthened the fiber connections, reduced the decellularized material’s pore structure, and covered the coagulation and antigen sites caused by the decellularization process. However, excessive cross-linking will cause the vascular graft fibers to be tightly connected and stiff, and the luminal surface’s pore structure will be significantly reduced, which may inhibit cell infiltration and remodeling (Liang et al., 2004). The results of cell adhesion experiments and the cytotoxic MTT test showed that there was no difference between the four groups, indicating that the decellularization process and cross-linking did not increase the vascular graft’s toxicity. The strategy of cross-linking for collagen and elastic fibers improved the performance of decellularized vascular grafts.
The implantation of heterogeneous tissue materials in the body will cause a series of inflammation in the body. Studies have shown that immunogenic heterogeneous tissues can cause a continuous immune rejection in the body and eventually decline (Lopera Higuita and Griffiths, 2020). Hsing Wen Sung’s groups showed that un-cross-linked acellular tissue can cause an inflammatory reaction in vivo and can be infiltrated and degraded by inflammatory cells (Liang et al., 2004). Additionally, un-cross-linked and excessive cross-linking of acellular tissues can lead to tissue regeneration failure in vivo due to excessive degradation or inhibition of cell infiltration, respectively. However, the process of decellularization will also cause the collagen fibers’ antigen sites to be exposed, causing the infiltration of inflammatory immune cells. An appropriate cross-linking treatment may cover part of the antigenic sites and inhibit the excessive inflammatory response at the early stage in vivo while permitting the infiltration of cells to promote the tissue regeneration at the late stage. The HE results showed that the vascular wall was infiltrated by cells in the NA and DC groups, while the cell infiltration in the DOP group was mild, only infiltrating the outer layer’s superficial part and the basement membrane’s surface layer. The IHC results of our rat subcutaneous embedding experiments showed that there were more CD68+ macrophage cells and CD3+ cells in the NA and DC groups at 4w, indicating that the inflammatory immune response persisted after implantation because the existence of natural BIMA cells and antigen components caused the host’s response. However, the CD68+ macrophage cells and CD3+ cells were significantly decreased in the DO and DOP groups. This may be due to the photooxidation and PGG cross-linking, which strengthened DC-BIMA’s biomechanical properties and inhibited inflammation in vivo. When modifying decellularized materials’ properties, an appropriate cross-linking treatment can effectively improve vascular grafts’ performance in vivo. When tissue-engineered blood vessels are implanted in the body, the best reconstruction process is the balance of the degradation rate and regeneration of ECM in vivo. Degradation that occurs too quickly can lead to loss of the vascular graft’s biomechanical properties and the formation of aneurysm, especially in the arterial system, which may rupture.
To evaluate the function of the BIMA in vivo, the vascular grafts were implanted into the replacement model of the rabbit abdominal aorta. In the DC group, there were two cases of occlusion due to thrombus and two cases of stenosis. There were also two cases of stenosis in the DO group. The results of morphology showed that a large number of cells infiltrated in the adventitia and neointima of the vessel wall, the elastic fibers were fractured and degraded, the structure of the neointima was disorganized, and the regenerated collagen fibers were irregularly arranged in the DC and DO groups. In addition, the exposed basement membrane and fibers might promote the adsorption and activation of fibrinogen, which further activated platelets, resulting in an acute thrombus. However, in the DOP group, there was little cellular infiltration in the adventitia of vascular grafts. The elastic fiber structure was almost intact and elastin preservation was significantly higher in the DC and DO groups. Furthermore, the regenerated collagen fiber structure in the neointima was regular with uniform distribution of cells, which may avoid thrombus and stenosis, resulting to the high patency rate. Photooxidation treatment as well as the PGG cross-linked collagen and elastin fiber and the combination of the two was effective in maintaining matrix integrity, pointing to stabilized arterial scaffolds as viable small-diameter vascular grafts.
In vivo calcification of xenogeneic tissue materials was also the cause of vascular transplantation failure. Acellular materials exposed the calcification sites of collagen or elastic fibers in vivo, which combined with calcium ions in vivo, resulted in calcium deposition (Basalyga et al., 2004; Pai et al., 2011). Additionally, the degradation and fracture of elastic fiber in vivo can further expose the calcification sites and aggravate the calcium deposition in vivo. Previous studies have shown that PGG cross-linking of biomaterials can prevent early degradation of elastic fibers and inhibit calcification (Pennel et al., 2014; Jiang et al., 2017). In our study, calcium deposition occurred in both the DC and DO groups at 4 weeks. EVG results also showed that the elastic fibers of BIMA in the DOP group were almost similar to those before implantation, while the elastic fibers in the DO and DC groups were broken and degraded. The results showed that PGG treatment prevented the early degradation of elastic fibers and may be contributed to inhibit calcification in vivo. Thus, to hinder calcification, it was necessary to treat acellular vessels with decalcification and prevent the fiber degradation.
In the current research, the inflammatory response of biomaterial was closely related to tissue regeneration in vivo. An excessive inflammatory response can lead to a foreign body reaction and degradation of biomaterials (Umashankar et al., 2013; Aamodt and Grainger, 2016). The study demonstrated that photooxidation and PGG cross-linking inhibited the infiltration of CD68+ macrophage cells in the graft, promoted the regeneration of host SMC, and remodeled neointima. Similar to the results of subcutaneous implantation in rats, in the DC and DO groups, the CD68+ macrophages were present in the neointima and grafts, suggesting that partial degradation occurs in the early stage of vascular grafts, exposing part of the antigenic sites and promoting inflammatory cell infiltration, which may lead to vascular calcification, expansion, or rupture in the later stage of implantation. The appearance of calponin+ and α-SMA+ cells in the neointima, accompanied by the infiltration of vimentin+ cells, suggested that host cells infiltrated and differentiated into vascular smooth muscle cells and fibroblasts within the vascular scaffold, leading to early remodeling of the grafts. In the DOP group, there were no CD68+ cells in the neointima, less cell infiltration in the vascular wall and less elastin degradation, indicating that the photooxidation and PGG cross-linking might prevent the early degradation of vascular scaffolds and inhibit the inflammatory response. The CD206+ M2 macrophages cells and calponin+/α- SMA+ double positive cells were found in the neointima, suggesting that functional type smooth muscle cells appeared in the grafts might initiate the vascular invasion early phase of remodeling and regeneration. It may be that PGG has an anti-inflammatory effect, which enhanced the effect of anti-inflammatory cells and accelerated the resolution of inflammation. Previous studies have shown that an increase in type I collagen fibers can cause intimal hyperplasia with a corresponding decrease in the content of type I collagen fibers (Purushothaman et al., 2011). In our study, the ratio of relative content of type I/III collagen fibers in the DOP group was significantly higher than that in the DO and DC groups, which indicated that the regenerated collagen fibers in the neointima were accelerated into type I fibers and improved the patency. Although there was a monolayer of cell coverage on the luminal surface of blood vessels in the groups, there was no CD31 positive cell adhesion, suggesting that vascular grafts had no regeneration of endothelial cell at 4w.
Previous studies have shown that xenogeneic biomaterials can form neointima after implantation in vivo, but its composition are still unknown (Pennel et al., 2013; Pennel et al., 2014). Our study was the first to analyze the neointima by mass spectrometry to further understand the composition and mechanism of decellularized small-diameter vascular xenograft remodeling in a rabbit abdominal aortic replacement model at 4w. The mass spectrometry analysis showed that neointima contained similar protein species in the three groups. The protein components are mainly plasma-related proteins, cytoskeleton proteins, glycoproteins, and secreted factors. Due to the species of experimental animals, we only identified a small number of proteins and failed to find statistically significant difference proteins. In the groups, the composition of the neointima was mainly fibrinogen, hemoglobin, albumin, vitronectin, and IgG from blood components, maybe due to the fact that the decellularization treatment exposed the basement membrane and a significant number of collagen fibers, leading to multiple protein adsorption in plasma, cell recruitment, and platelet activation, which caused excessive inflammatory response, thrombosis, and failure to resolve in time at the early stage. Although no statistically significant differential proteins were found among the three groups, the results of IHC, Sirius Red, and Masson stains showed that the neointima quickly achieved a stable structure in the DOP group, which indicated that modification of the grafts may alter the remodeling of the neointima. Interestingly, we preliminarily analyzed that in the neointima, plasma proteins constitute the major component, which may be related to the process of protein adsorption, with large amounts of albumin, platelets, fibrinogen, hemoglobin, and immunoglobulins adsorbed on the luminal surface of small-diameter vascular grafts at the early stage (Othman et al., 2018). Protein adsorption on the biomaterial surface is one of the very first events in the interaction between materials and blood, which is a determinant for the subsequent processes of cell growth, differentiation, and extracellular matrix formation (Yang et al., 20142014; Swartzlander et al., 2015). Further observations and studies are essential to the relationship between protein adsorption and the neointimal regeneration and remodeling of decellularized vascular grafts. This will help in understanding the regeneration mechanism of small-diameter vascular xenografts in vivo and provide new strategies for designing better tissue engineering vascular grafts.
Finally, we recommend that a more effective decellularization process should be used to completely remove cellular and most of antigen components to preserve a good three-dimensional structure and to obtain a potentially homogenous or heterogeneous decellularized small-caliber vascular graft for clinical use. Due to the decellularization process tend to alter the structure of ECM and expose the basement membrane, fibers and antigen sites, the decellularized grafts require an appropriate cross-linking, which can improve biomechanical properties and biocompatibility.
Limitations of the Study
The study’s main limitation was that the implantation time of the rabbit abdominal aorta model was too short, and the long-term patency rate and the remodeling situation still need further research. Additionally, no further modifications were made in the graft to promote the regeneration of endothelial cells. Before clinical application, small-caliber acellular material vascular grafts still need to be studied and observed in a large animal model.
CONCLUSION
The procedure of decellularization by sonication treatment and perfusion can effectively remove the cellular components and α-gal antigen of BIMA and can preserve a good three-dimensional structure. The decellularized BIMA cross-linked by photooxidation and PGG improved the biomechanical properties and biocompatibility of the grafts, including the reduction of inflammatory response, the protection of elastic fibers, the remodeling of the neointima, and the inhibition of calcification, thereby resulted in high patency. Modified BIMA is a promising candidate for constructing tissue engineering vascular graft.
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Reproduction of different tissues using scaffolds and materials is a major element in regenerative medicine. The regeneration of whole organs with decellularized extracellular matrix (dECM) has remained a goal despite the use of these materials for different purposes. Recently, decellularization techniques have been widely used in producing scaffolds that are appropriate for regenerating damaged organs and may be able to overcome the shortage of donor organs. Decellularized ECM offers several advantages over synthetic compounds, including the preserved natural microenvironment features. Different decellularization methods have been developed, each of which is appropriate for removing cells from specific tissues under certain conditions. A variety of methods have been advanced for evaluating the decellularization process in terms of cell removal efficiency, tissue ultrastructure preservation, toxicity, biocompatibility, biodegradability, and mechanical resistance in order to enhance the efficacy of decellularization methods. Modification techniques improve the characteristics of decellularized scaffolds, making them available for the regeneration of damaged tissues. Moreover, modification of scaffolds makes them appropriate options for drug delivery, disease modeling, and improving stem cells growth and proliferation. However, considering different challenges in the way of decellularization methods and application of decellularized scaffolds, this field is constantly developing and progressively moving forward. This review has outlined recent decellularization and sterilization strategies, evaluation tests for efficient decellularization, materials processing, application, and challenges and future outlooks of decellularization in regenerative medicine and tissue engineering.
Keywords: extracellular matrix, recellularization, regenerative medicine, decellularizalion, tissue engineering
1 INTRODUCTION
Tissue engineering, as a division of regenerative medicine, combines engineering and biological science in order to reproduce tissues and organs that can help to overcome the lack of enough donor organs (Shafiee and Atala, 2017). Tissue engineering applies cells into desirable biological structures in a defined framework to restore the normal function of tissues. This process includes three cornerstones, namely scaffolds, cells, and signaling factors. As a critical component in tissue engineering, scaffolds provide mechanical stability and structural support for exogenous cell attachment and proliferation and facilitate the delivery of required growth factors for tissue regeneration (Vacanti and Langer, 1999; Soltani Khaboushan et al., 2021).
Scaffolds could be made up of natural tissues harvested from animal or human sources or being constructed using synthetic biomaterials. Natural scaffolds represent biological characteristics that better fit the regular tissue microenvironment, promoting appropriate cellular interactions, biocompatibility, and degradability. Decellularization is the process of eliminating cells and their components (especially DNA and RNA) from the extracellular matrix (ECM) to yield a natural matrix with saved mechanical integrity. It has been demonstrated that decellularized extracellular matrix (dECM) is a suitable type of natural scaffold for tissue engineering since the ECM plays a crucial role in tissue development (Gilbert et al., 2006).
ECM is mainly composed of water, proteins (mainly collagen), and polysaccharides (Frantz et al., 2010). The composition and arrangement of ECM components and microenvironmental conditions (e.g., mechanical properties, pH, CO2 concentration) of the matrix differ from one tissue to another based on the tissue function and its residing cells that secrete ECM components (Kawecki et al., 2018). Fibroblasts, adipocytes, and chondrocytes are among the cells involved in the formation of ECM components (including growth factors and structural proteins such as fibronectin). Physical, chemical, and biological methods have been utilized to produce acellular scaffolds, either by perfusion- or immersion/agitation-based systems, or even a combination of methods (Crapo et al., 2011).
So far, a wide variety of decellularization methods have been studied and developed (Crapo et al., 2011; Fu et al., 2014; Keane et al., 2015; Choudhury et al., 2020). Since acellular scaffolds have low immunogenicity and are biologically recognizable, they are beneficial for cell adhesion, proliferation, and survival. Because of these properties, decellularized materials have the potential to regenerate injured tissues or organs (Damodaran and Vermette, 2018). After decellularization, dECM should be sterilized, and several tests should assess the efficacy of decellularization. These tests are carried out to ensure the removal of cellular contents and preservation of biochemical and mechanical properties and include macroscopic and microscopic assessments, staining for evaluation of remaining components, and mechanical analyzes (Crapo et al., 2011). Moreover, these acellular scaffolds can be processed before application to acquire desired characteristics of the ECM for further use. Modifying and refining the dECM, recellularizing the scaffold, and providing a suitable biochemical and physical environment via bioreactors, could improve its characteristics and boost its regeneration ability in host tissues (Garreta et al., 2017).
The application of dECM as wound healing products and surgical mesh devices has been reported (Damodaran and Vermette, 2018; Daryabari et al., 2019; Uday Chandrika et al., 2021). In addition to therapeutic applications, dECM could be used for modeling various diseases, such as tumors, which helps to understand the pathophysiology and progression process of the disease (Liu et al., 2019; Pina et al., 2019). Despite the recent progress, tissue engineering is still in its early stages, and multiple studies are being conducted to develop functional organs. Up to the present, research was mainly directed towards discovering the ideal decellularization methods; and translational studies were performed to achieve functioning materials. This review aims to provide an overview of decellularization techniques, evaluation tests, dECM modification, practical approaches, clinical application, current insufficiencies, and future prospects in tissue decellularization.
2 DECELLULARIZATION AGENTS AND METHODS
Several decellularization techniques have been developed to date to reconstruct different types of living organs. The main principle in all methods is removing cellular material and leaving the ECM ultrastructure unchanged in the tissue. Decellularization techniques differ in terms of applied materials (reagent combinations) and the routes used to deliver the main reagent, namely vascular, airway, or both (Uygun et al., 2010; Badylak et al., 2011; Crapo et al., 2011; Daryabari et al., 2019).
Generally, tissue decellularization methods are classified into three main groups: chemical methods, such as alkaline/acid, detergents, and alcohols; physical methods, such as electroporation, pressurization, freeze/thaw; biological methods, such as enzymes (Table 1) (Badylak et al., 2011; Gilpin and Yang, 2017). Several characteristics could sway the quality of the tissue decellularization process, including cell density, matrix thickness, and tissue morphology. These characteristics are different in various tissues; Thus, it is crucial to determine which method is the most suitable one for a specific tissue (Crapo et al., 2011; Heath, 2019).
TABLE 1 | Decellularization methods and agents.
[image: Table 1]2.1 Chemical Agents
2.1.1 Ionic Detergents
Ionic detergents act by solubilizing DNA and cell membrane and tend to denature the proteins, thus decreasing collagen integrity. Ionic detergents are powerful in removing glycosaminoglycans (GAGs) and growth factors, therefore destroying ECM rigidity and function. Sodium dodecyl sulfate (SDS), sodium deoxycholate (SD), and Triton X-200 are ionic detergents that have been used in decellularization (Hudson et al., 2004; Gilbert et al., 2006; Lumpkins et al., 2008; Montoya and McFetridge, 2009; Zhou et al., 2010). Alshaikh et al. (Alshaikh et al., 2019) have examined SDS and SD in ovary decellularization. They have suggested a better ECM preservation in SD than SDS but lower donor DNA content in SDS. Due to polarity, ionic detergents such as SDS are hard to remove from ECM, and extensive wash with non-ionic detergents such as Triton X-100 is usually needed to take away the remnant ionic detergents from tissue (Gilpin and Yang, 2017).
2.1.2 Non-Ionic Detergents
Non-ionic detergents, such as Triton X-100, can strongly break lipid-lipid and lipid-protein bonds, but they are less effective on protein-protein interaction. Although they maintain the ultrastructure of the decellularized tissue and preserve the growth factors, they are less effective in removing cellular materials than SDS. The Triton X-100 is not appropriate for tissues where GAGs and lipids are important parts. Accordingly, the effectiveness of non-ionic detergents depends on the tissue undergoing the decellularization process (Gilbert et al., 2006; Lumpkins et al., 2008; Fu et al., 2010; Crapo et al., 2011; Gupta et al., 2018).
2.1.3 Zwitterionic Detergents
Zwitterionic detergents have the properties of both ionic and non-ionic detergents. They have shown better cell removal than non-ionic detergents and improved preservation of the ECM ultrastructure than ionic detergents (Hudson et al., 2004; Gupta et al., 2018; Heath, 2019). Zwitterionic detergents, include sulfobetaine-10 (SB-10), SB-16, Tri (n-butyl) phosphate (TnBP), and 3-[(3-cholamidopropyl) dimethylammonio]-1-propanesulfonate (CHAPS). CHAPS is a common zwitterionic agent that has been widely used in tissue decellularization (Tsuchiya et al., 2016; Gupta et al., 2018). TnBP is an organic solvent that dissociates protein-protein Interactions. TnBP was reported to match SDS in cell removal in tendon and ligament tissues (Deeken et al., 2011). Kuna et al. (Kuna et al., 2018) have reported that decellularization of the human saphenous vein using Triton X-100, TnBP, and deoxyribonuclease (DNase) resulted in properly removing the cells.
2.1.4 Chelators and Toxins
Ethylene glycol tetraacetic acid (EGTA) and ethylenediaminetetraacetic acid (EDTA) are used as chelating agents in organ decellularization through binding to divalent metal cations at the cell adhesion site of ECM. This binding was found to dissociate the cell from the remaining ECM. Due to their ability to damage cells, Cytotoxic agents could be used in the decellularization process (Crapo et al., 2011). Reyna et al. (Reyna et al., 2020) have shown the high efficiency of latrunculin, a toxin, in removing skeletal muscle cells by disrupting actin and myosin, thus damaging the cell and reducing DNA content to less than 10% compared to controls have shown the high efficiency of latrunculin, a toxin, in removing skeletal muscle cells by reducing DNA content to less than 10% compared to controls. They stated that this toxin is more effective in decellularizing skeletal muscle than ionic and non-ionic agent treatments.
2.1.5 Bases
Solutions with extreme pH were indicated to be effective in the decellularization process. Alkaline substances including sodium sulfide, ammonium hydroxide, calcium hydroxide, and sodium hydroxide were suggested as commonly used in organ decellularization processes. It has been shown that increasing the PH of CHAPS during decellularization increases the effectiveness of cell and protein removal. Bases could eliminate growth factors and disrupt the mechanical structure of the scaffold (Komai and Ushiki, 1991; Prasertsung et al., 2008; Choi et al., 2010; Reing et al., 2010; Sheridan et al., 2012; Tsuchiya et al., 2014; Gupta et al., 2018).
2.1.6 Acids
Acids were found to dissociate nuclear DNA from ECM by disrupting nucleic acids and solubilizing cytoplasmic components. Moreover, acids could facilitate the denaturation of the biomolecules. Acetic acid, hydrochloric acid, and sulfuric acid can disrupt cell membranes and be used in decellularization (Gilbert et al., 2006; Gupta et al., 2018). Lin et al. used and compared formic acid, acetic acid, and citric acid for porcine cornea decellularization (Lin et al., 2019). They showed that formic acid treatment had the optimal decellularizing effect and preserved in vitro and in vivo recellularization. Peracetic acid (PAA) can also be used as a decellularizing agent; however, it is mostly used as a sterilizing agent and has an unsuitable impact on decellularization. Kao and colleagues (Kao et al., 2020) have reported that the use of PAA in bladder decellularization was not successful because the levels of remaining DNA were similar to the native tissue.
2.1.7 Alcohols
Alcohols play their role in the decellularization process via dehydration; they diffuse into the cells, replace the intracellular water, disrupt the cells, and decrease their genetic materials. Alcohols such as methanol and ethanol are effective in lipid solubilization. Due to their role in tissue fixation and protein deposition, ethanol and methanol may affect the ultrastructure of the tissues. Lumpkin et al. have demonstrated that the use of acetone/ethanol in the decellularization of the temporomandibular joint disc came up with a stiffer tissue compared to Triton X-100 and SDS, and the mechanical characteristics of the decellularized tissue were not appropriately preserved (Lumpkins et al., 2008; Jamur and Oliver, 2010; Crapo et al., 2011).
2.1.8 Hypertonic and Hypotonic Solutions
Hypotonic and hypertonic solutions can lead to cell lysis and disruption of the DNA. Although they do not remove the cellular debris, they could improve decellularization in combination with other chemical reagents since they do not disturb ECM composition (Woods and Gratzer, 2005; Gupta et al., 2018).
2.2 Biological Enzymes
Enzymatic agents include phospholipase A2, proteases (e.g., trypsin, dispase), and nucleases (e.g., DNase, ribonuclease (RNase) are used in the decellularization process. Trypsin breaks peptides containing Lys and Arg, and in extended exposure, it may damage the ECM structure (Stenn et al., 1989; Gilbert et al., 2006; Rahman et al., 2018). Dispase chiefly cleaves fibronectin and collagen IV. It has been used in the decellularization of the porcine cornea and skin (Wilson et al., 2016; Joszko et al., 2019). Nucleases are mainly used in combination with other detergents to expedite the removal of DNAs and RNAs from the scaffold (Grauss et al., 2005; Heath, 2019). The application of phospholipase A2 in decellularization helps maintain collagen and proteoglycans in the tissue. It has been demonstrated that phospholipase A2, along with SD, was influential in producing the acellular porcine corneal stroma (Wu et al., 2009; Rahman et al., 2018).
2.3 Physical Methods
2.3.1 Freeze-Thaw Cycles
The freeze-thaw cycle is being done by fluctuation between freezing temperature (−80c°) and biological temperature. The freeze-thaw cycle disrupts the cell membranes and cell lysis via the formation of intracellular crystals. It has been demonstrated that this method considerably keeps the structure of the ECM but does not effectively remove the remnant cellular debris; thus, further detergents are needed after the freeze-thaw cycle. Multiple freeze-thaw cycles can be used in the decellularization process, whereas they could deteriorate the ECM structure (Pulver et al., 2014; Xing et al., 2015; Rahman et al., 2018).
2.3.2 Agitation Immersion and Pressure
The agitation in conjunction with immersion leads to cell lysis, but it is mostly used with chemical reagents to enhance the exposure of the ECM to the detergents and to augment the decellularization process. Agitation could be applied in the decellularization of the thin tissues, including the small intestine and bladder. In addition, the use of agitation and immersion in the decellularization of the tracheal tissue has been reported. The time of the protocol and intensity of agitation depends on the thickness of the tissue. Agitation may cause cell lysis before exposure to the detergents; thus, deteriorating the structure of the ECM. Furthermore, pressure could promote accessibility of the detergents to the ECM, hence decreasing the time of the decellularization process. Also, it can improve the removal of cellular remnant materials. The pressure leads to minimal changes in ECM structure, even less than agitation (Crapo et al., 2011; Heath, 2019; Rabbani et al., 2021). Sonication is another physical method and can be considered a subtype of agitation. It has been demonstrated that direct or indirect sonication increases agent penetration to the scaffold, therefore enhancing chemical decellularization while causing less damage to the ECM structural content (Forouzesh et al., 2019).
2.3.3 Supercritical Fluids
The supercritical fluids are over their critical pressure and temperature where it is not distinctly gas or liquid. Due to high permeability, these fluids could easily be removed from the tissue without the need for further washing. They can remove remnant cellular particles from the scaffold and decrease harmful changes in the ECM. Supercritical carbon dioxide has recently attracted attention in tissue decellularization because its critical temperature is appropriate for ECM processing. Recently, different studies reported complete effective removal of porcine skin via supercritical CO2 (Crapo et al., 2011; Chou et al., 2020; Rabbani et al., 2021). Supercritical CO2 not only decellularizes different tissues with better ECM structure preservation compared to conventional detergent-based techniques but also is used for sterilization of the dECM. Efficient cell removal and preserved ECM integrity were achieved by applying different supercritical CO2-based protocols on the optic nerve, myocardium, and cornea (Topuz et al., 2020).
3 STERILIZATION
Decontamination of the dECM via sterilization and disinfection process is necessary before further evaluations and in vitro or in vivo application. Sterilization kills all microorganisms, but the disinfection process only removes vegetative microorganisms and does not affect the bacterial spores. There are different sterilization methods that can be used for dECM methods. Appropriate sterilization and disinfection method should be selected considering various properties of the decellularized scaffold, including chemical and physical characteristics. Moreover, the needed time, availability, and target of application are important factors in choosing the proper method for sterilization (Kajbafzadeh et al., 2013; Fidalgo et al., 2018; Moradi et al., 2020a; Tao et al., 2021). Irradiation is a physical sterilization strategy that directly destroys nucleic acids and proteins from microorganisms. Gamma irradiation is extensively used for the sterilization of various tissues. Gamma irradiation can effectively sterilize corneal xenografts while preserving their structure and integrity. The irradiation has strong penetrance to the tissue without toxicity. Ultraviolet (UV) rays as a convenient physical disinfectant for the environment and surfaces are used for disinfecting thin decellularized scaffolds with a large surface. Large tissues such as decellularized kidneys cannot entirely be sterilized by UV, and it may interfere with further cell seeding on dECM (Islam et al., 2019; Moradi et al., 2020a; Gosztyla et al., 2020; Tao et al., 2021).
Ethylene oxide sterilizes the tissues by disrupting the function of the nucleic acids and proteins of the microorganisms. With its strong penetration, ethylene oxide can be used for sterilizing various decellularized scaffolds without causing toxicity. Peroxides are widely used as a disinfectant, which can also cause sterilization in specific conditions. They do not produce any toxic product after decomposition (Hennessy et al., 2017; Moradi et al., 2020a; Tao et al., 2021). According to a study, it has been demonstrated that PAA, as a peroxide, has the ability to decontaminate acellular rabbit kidney completely, whereas γ-irradiation destructed the structure tissue and UV failed to eliminate microorganisms (Moradi et al., 2020a). Alcohols are disinfectants that destroy the proteins within microorganisms, but they do not remove spores (Tao et al., 2021). They have minimal effects on the tissue structure; thus, they have been widely used to disinfect dECM derived from various tissues. Supercritical CO2, in addition to its effects on decellularization process, can lead to disinfection and sterilization of the decellularized scaffolds (Hennessy et al., 2017; Antons et al., 2018; Tao et al., 2021). CO2 laser, although less commonly used, has a great potential to be used for the sterilization process. CO2 laser bursts effectively removed bacteria inoculated on pig skin in an experiment. A sterile environment is a prerequisite of regenerative endodontic treatment, which could be effectively achieved with the assistance of a CO2 laser (Mullarky et al., 1985; Nammour and Majerus, 1991; Divya et al., 2021). Low-level laser with 660 nm wavelength and 100 mW power has been used for sterilization of the decellularized lung tissues (Lopes Guimarães et al., 2020). Laser is an appropriate option for effectively disinfecting tissues, and its potential for disinfecting the dECM should be further explored (Mullarky et al., 1985; Nammour and Majerus, 1991; Divya et al., 2021).
These methods may impact the structural and biochemical characteristics of the matrices. The γ-irradiation mainly affects the ultrastructure and mechanical properties of the scaffold, while ethanol and peracetic acid increase the ECM crosslinking (Hennessy et al., 2017; Johnson et al., 2017; Islam et al., 2019). In order to assess the efficacy of the sterilization method and its effects on the scaffold, several evaluations, including histological evaluations, 3-(4, 5-dimethylthiazol-2-yl)-2, 5-diphenyltetrazolium bromide (MTT) assay, mechanical tests, and bacterial and fungal cultures may be applied (Moradi et al., 2020b).
4 EVALUATION OF DECELLULARIZED EXTRACELLULAR MATRIX
Although decellularization techniques cannot remove 100% of cell material, quantitative analysis of cell components such as mitochondria, double-stranded DNA (dsDNA), and membrane-associated molecules (e.g., phospholipids) is a crucial way to ensure the effectiveness of the decellularization model. On the other hand, the ideal decellularization method should conserve biochemical and mechanical properties with the lowest toxicity rate for the subsequent recellularizing phase to occur. Various evaluation tests and assessments have been introduced to appraise the different characteristics of the dECM (Figure 1).
[image: Figure 1]FIGURE 1 | Evaluating the dECM. (A) Gross inspection of the decellularized ovine whole testes. (B) Hematoxylin and Eosin H&E staining of decellularized human breast skin, no nucleus can be observed. (C) 4’,6-diamidino-2-phenylindole (DAPI) staining of decellularized human skin with no stained DNA. (D) Masson’s Trichome staining of the human ovary, showing preserved collagen fibers while no nucleus is seen. (E) SEM imaging of decellularized ovine ovary tissue. (F) 3-(4, 5-dimethylthiazol-2-yl)-2, 5-diphenyltetrazolium bromide (MTT) assay, showing cellular viability and activity where the purple dye is observed. (G) Immunohistochemistry (IHC) staining using antibodies against collagen I in human skin after recellularization. (H) Schematic imaging of the tensile test, tissue is placed in the middle of the apparatus and dragged in opposite directions to evaluate the mechanical strength of the dECM.
4.1 Macroscopic Evaluation
Despite the fact that gross inspection alone is not an entirely reliable evaluation method, it is the first step in the evaluation of the decellularized scaffold, which should be followed by more accurate assessments. Different studies use macroscopic imaging analysis as one of the first assessment steps to determine the level of transparency of dECM compared to native tissue (Philips et al., 2018a). Moreover, light transmittance is essential in several organ reconstructions, such as cornea (Oliveira et al., 2013). Transparency is measured by placing samples on a patterned surface. Then, the intensity is calculated by assessing the transmitted light by processing images with software (Oliveira et al., 2013; Philips et al., 2018a; Fernández-Pérez and Ahearne, 2019a).
4.2 Cell Removal Efficacy and Immunogenicity
Various tests assay the effectiveness of the decellularization method. Complete removal of antigens and nucleic acids, along with other cellular components, ensures the biocompatibility of the scaffold. The dECM must be implanted without host immune response activation and graft rejection or the formation of vascular thrombosis. Besides, transgenic transmission has been reported by retained DNA in genetically engineered tissue implantation (Hussein et al., 2016). Crapo et al. have suggested criteria for decellularization satisfaction with cut-off amounts for dsDNA per mg ECM dry weight and DNA fragment length, 50ng and 20bp, respectively, and lack of visible nuclear content in microscopic evaluation (Crapo et al., 2011). Also, extended agent exposure has been used to reduce DNA content by approximately 93% (Tenreiro et al., 2021). Histological analysis of the tissue allows evaluation of general morphology of dECM, as well as cell content and structural integrity (Philips et al., 2018a). Hematoxylin and Eosin (H&E) is mainly used in assessing tissue morphology and cell nuclei, while fluorescent staining with 4’,6-diamidino-2-phenylindole (DAPI) are used in the detection of remaining nuclear structures (Crapo et al., 2011; Su et al., 2018). Other histological staining such as Safrin O, Movat’s pentachrome, Masson’s Trichome, and Hoescht can also be used to evaluate the existence of remnant DNA or cytoplasmic and extracellular molecules in decellularized tissue (Garreta et al., 2017; Gaetani et al., 2018).
DNA quantification using immunofluorescence, electrophoresis, or polymerase chain reaction is also of great use (Pors et al., 2019; Naik et al., 2020; Hussein et al., 2018; da Mata Martins et al., 2020). Of note, electron microscopic assessment can be but is not commonly used to evaluate the existence of nuclear material or cytoplasmic debris due to the cost and the technical complexity (Gilbert et al., 2006).
4.3 Ultrastructure Evaluation
Preservation of 3 dimensional (3D) architecture and structure of the scaffold can be evaluated using different assessments, such as electron microscope (Giraldo-Gomez et al., 2019). A scanning electron microscope (SEM) is used to reveal surface topography, while transmission electron microscopy (TEM) is used for the detailed orientation of materials and cellular organelles (Márquez et al., 2009). These assessments are utilized to indicate the efficacy of decellularization treatment in conserving the native structure of ECM. In addition, they can show the debris and remaining cell components in the decellularized tissue (Philips et al., 2018a). In a study by Forouzesh et al., SEM images showed sonication-induced micropores with 0.5–5 μm diameter on the surface of decellularized cartilage tissue. Compared to the ultrasound-induced ones, these smaller micropores resulted in increased surface roughness, and suitable cell adhesion was imaged by SEM (Forouzesh et al., 2019).
4.4 Cytocompatibility
Prior to in vivo use, it is crucial to investigate the cellular interaction of cells with the decellularized scaffold. In other words, the damaging effects of the decellularization method or agent on the scaffolds should be assessed ex vivo to guarantee the clinical efficacy of the dECM. In this regard, the initial step is to quantify the remaining chemicals after washing and sterilizing. Decellularizing and sterilizing agents are cytotoxic and prevent efficient recellularization. The threshold for chemicals cytotoxic concentration, such as SDS has been investigated (Zvarova et al., 2016). The most valued biocompatibility test is in vitro cell culture, either indirect or direct (Hussein et al., 2016). In indirect contact assay, cellular proliferation (e.g., live/dead assay or DNA quantification) and metabolic activity (e.g., MTT assay) will be evaluated when cultured in samples extraction, while in direct contact assay, cells will be directly cultured on the decellularized samples and investigated.
4.5 Biochemical Analysis
Following decellularization, it is necessary to determine the remaining desirable ECM components such as GAGs, elastic fibers, collagens, and adhesion proteins like fibronectin and laminin in the decellularized tissue (Gilbert et al., 2006). An adequate amount of these molecules in ECM contributes to the tissue’s normal function, structure, and mechanical characteristics. Various stains, kits, and immunohistochemistry (IHC) markers can be used for the detection of these materials (Garreta et al., 2017; Kajbafzadeh et al., 2019). For instance, Masson’s trichrome is used for collagen fiber staining, and laminin can be detected by IHC antibodies (Kajbafzadeh et al., 2019).
4.6 Mechanical Tests
Following verification of complete cell removal, the impact of decellularization on the mechanical characteristics of ECM is also important. The ECM is composed of a network of molecules that confer a proper mechanical architecture in the tissue required to grow the desired cell population in tissue remodeling. It has been demonstrated that ECM elasticity plays a role in determining stem cell lineage specification, as matrices with elasticity similar to the brain, muscle, or collagenous bone induced neurogenic, myogenic, and osteogenic differentiation of mesenchymal stem cells (MSCs) (Engler et al., 2006). Atomic force microscopy (AFM), and single or bi-axial mechanical tests are vastly used to measure and compare the mechanical strength of the decellularized and native tissue. In AFM, samples are subjected to a probe, and indentation stress curves are obtained. Then these curves are analyzed, and AFC is measured and compared to native tissue (Peng et al., 2019). Moreover, mechanical testing, namely the burst pressure test, can provide insight into the existence, distribution, and integrity of collagen and elastin fibers within dECM (Bielli et al., 2018; Cai et al., 2019).
4.7 Additional Tests
Based on the purpose of the study and future function of the grafted dECM, researchers evaluate various components and characteristics of their acellular scaffold. Proteomic analysis of the dECM can precisely show and compare the proteome of the ECM before and after decellularization treatment. Proteomic evaluation can be exerted by different techniques, such as nano liquid chromatography and tandem mass spectrometry, and is used to assess the complete protein profile of the ECM, including remaining enzymes and growth factors (Nakayama et al., 2013). Computed tomography angiography is a technique to demonstrate remained vasculature of tissue after decellularization (Daryabari et al., 2019). In addition, during the process of hydrogel production, the ability of dECM to form gel could be analyzed by gelation assay of dECM to form a gel by gelation assay (Gaetani et al., 2018).
5 PRE-APPLICATION PROCESSING
Before being applied, an acellular tissue may undergo a series of in vitro procedures, including cell seeding. Processing the scaffolds enhance their ability in successful grafting and function (García-Gareta et al., 2020; Mendibil et al., 2020) (Figure 2).
[image: Figure 2]FIGURE 2 | Pre-application processing of decellularized scaffolds. Modifying the decellularized scaffolds improves their capacity to regenerate damaged tissues without causing adverse events. In addition, processing scaffolds with stem cells and bioreactors helps improve their regeneration capacity.
5.1 Modification and Refinement
5.1.1 Vascularization
Oxygen delivery to the tissues is one of the hindrances against applying the decellularized scaffolds, and tissue thickness is an important index for this matter. Preserving the ECM components and vascular structure of the tissue yields better perfusion post-implantation, facilitating further angiogenesis. For instance, laminin and fibronectin in the basement membrane and lamina propria play an essential role in the revascularization of the tissue. Hence, evaluation of the scaffold components and structure after the decellularization process can help us estimate the extent of blood supply (Partington et al., 2013; García-Gareta et al., 2020). Vascularization can be induced by adding angiogenic factors to the matrix or prevascularization of the matrix (Amirsadeghi et al., 2020). Various growth factors were introduced to enhance angiogenesis. Drew et al. observed neovascularization in the presence of exogenous Vascular Endothelial Growth Factor (VEGF) (Dew et al., 2016). However, another study revealed that in bladder tissue regeneration, poly (octamethylene citrate) (POC) composites outperformed small intestinal submucosa (SIS) scaffolds in tissue vascularization, while POC scaffolds lack any exogenous growth factor (Bury et al., 2021). Stem cells are considered beneficial in angiogenesis induction, as they can differentiate into endothelial cells or secrete various growth factors. Adipose-derived stem cells (ADSCs) were reported to significantly enhance vascular network formation in decellularized adipose tissue scaffolds (Han et al., 2015). Prevascularization is a technique of creating microvasculature inside the synthetic scaffold; a decellularized tissue is already prevascularized. Whole organ matrices maintain the internal vasculature of the scaffold, bypassing the perfusion limits regardless of thickness and density (Wang et al., 2019). Hence, it is crucial to produce acellular organs with optimally preserved vessels and ECM composition for repopulating a capable scaffold and restoring blood circulation after implantation.
5.1.2 Immunogenicity Regulation
Non-autologous materials or cells on an engineered organ may trigger the immune response. Activation of the host immune system against synthetic, biological, and decellularized xenogeneic and allogeneic grafts has been reported as a hurdle in the transplantation of engineered tissues and organs (Wiles et al., 2016). Studies have proposed various approaches to overcome immune reaction against engineered tissue, including modulatory coatings on the scaffold surface, immune cloaking, modification of Damage Associated Molecular Pattern (DAMP) proteins which may remain after decellularization, and recellularization with autologous cells to suppress the immune response to materials (Wiles et al., 2016). Moreover, genetically engineered hypoimmunogenic stem cells are alternative to autologous cells to evade immune rejection (Deuse et al., 2019). One of the limitations concerning tissue decellularization is that most studies have examined these scaffolds on animal models, and limited human studies have been conducted so far. Consequently, translation of animal findings on the immune response to humans can be challenging. Human-like animals, such as nonhuman primates and humanized mouse models, with immune systems similar to humans, are being investigated to improve our understanding of the immunogenic components of the acellular scaffold (Bhattacharya et al., 2019; Bilodeau et al., 2020).
5.1.3 Bioprinting and Electrospinning
Bioprinting is a process through which bioinks are used to produce a 3D construct resembling human tissue that can be used to regenerate injured tissues and treat various diseases. Although bioprinting is progressively used in regenerative medicine to develop novel and effective treatments for various diseases, the lack of suitable bioinks hinders its widespread application in medicine (Ferreira et al., 2020; De Santis et al., 2021). Bioinks should be both cytocompatible and appropriate for structuring 3D tissues. 3D bioengineering of tissues using dECM bioink helps provide scaffolds for modeling diseases and developing efficient treatments for them. However, dECM needs augmentation to mechanically resemble the natural ECM (Ferreira et al., 2020; De Santis et al., 2021). Hydrogels could be made through solubilizing dECM followed by reformation of scaffold controlled by temperature and pH. Formation of dECM hydrogels is highly dependent on the collagen content of dECM. Hydrogel bioink derived from dECM can help deliver biomolecules and provide an appropriate surface for cells to migrate and grow (Saldin et al., 2017; Ferreira et al., 2020; De Santis et al., 2021). The biochemical, structural, and viscoelastic properties of dECM are tunable via combination with other biomaterials and crosslinking to provide maximum cytocompatibility along with structural support for tissues and cells. Alginate/dECM compositions as bioink demonstrated beneficial impacts on blood vessel formation after transplantation and prevention of foreign body reactions (Saldin et al., 2017; Ferreira et al., 2020; De Santis et al., 2021). Alginate reinforced with methacrylate-dECM demonstrated augmented bioactivity of hydrogel bioprinted scaffold and osteogenic differentiation of ADSCs (Lee et al., 2020).
Electrospinning has recently become increasingly popular for modifying the dECMs. Electrospinning may help design nanofibrous scaffolds from dECM with similar characteristics to the native tissue, including ultrastructure, porosity, and mechanical characteristics. Electrospun scaffolds demonstrated superior functionality and histocompatibility compared to scaffolds that are combined with other methods. Reinforcing rat decellularized vessels with Polycaprolactone (PCL) using the electrospinning method resulted in increased biomechanical endurance. Electrospinning provides an efficient method to combine natural and synthetic materials to achieve hybrid scaffolds that resemble native tissue with biomimetic architecture and enhanced biomechanical properties (Schenke-Layland et al., 2009; Kai et al., 2013; Gong et al., 2016).
5.1.4 Hybrid and Combined Scaffolds
Combining the decellularized scaffolds with other molecules, including biomaterials, drugs, and growth factors may help modify the characteristics of the decellularized scaffolds. The methods for designing combined scaffolds include solvent casting and particulate leaching, lyophilization (freeze-drying), thermal-induced phase separation (TIPS), gas foaming, rapid prototyping, stereolithography, fused deposition modeling, selective laser sintering, 3D printing, bioprinting, cross-linking, and electrospinning (Eltom et al., 2019; Wasyłeczko et al., 2020).
It was demonstrated that decellularized omentum scaffolds coated with gold (Au) nanoparticles (NP) could provide proper electrical conductivity and characteristics. Hence after seeding cardiac cells, the AuNP-decellularized scaffold can cause higher contraction force, decrease the excitability threshold, and increase the calcium channels currents. Also, silver (Ag) NPs show proangiogenic properties and enhance the biocompatibility of the scaffolds (Shevach et al., 2014; Saleh et al., 2019). When modified with the methoxy polyethylene glycol, an acellular adipose matrix decreases the immunogenicity and increases the adipogenicity of the scaffold (Liu et al., 2021a). Furthermore, polypropylene mesh coated with the ECM inhibits the M1 macrophages and increases the M1/M2 ratio (Wolf et al., 2014). Electrospun PCL blended with collagen in combination with decellularized rabbit aorta was found to provide biocompatibility and rigidity (Ghorbani et al., 2017). Scaffolds fabricated from dECM mixed with PCL have suitable properties for the growth and migration of stem cells. In addition, PCL/Poly Lactic-co-Glycolic Acid (PLGA) electrospun scaffold can support the cell-derived ECM to produce a dECM with desirable mechanical properties and biocompatibility (Schenke-Layland et al., 2009; Bracaglia and Fisher, 2015). Sugar-induced modification of the decellularized kidneys increases mechanical strength and resistance to deformation (Sant et al., 2021). Recently multilayered decellularized scaffolds demonstrated promising bioactivity and should be further studied to be widely used (Smith et al., 2022). Moreover, growth factors and drugs could be loaded on the dECMs, making them more potent. The addition of neurotrophic factors to dECM as well as removing chondroitin sulfate proteoglycans from dECM promote neurite outgrowth (Boyer et al., 2015; Qiu et al., 2020). Heparinized decellularized scaffolds have been examined for promoting angiogenesis and preventing clot formation (Wu et al., 2016). Layer-by-layer coating of the decellularized porcine aortic valve with basic fibroblast growth factor (bFGF) and heparin preserve a sustained release of these factors leading to improved biological activity (De Cock et al., 2010). Another study loaded fibroblast-derived ECM with VEGF and heparin to boost angiogenesis. Application of heparin/VEGF ECM encapsulated with alginate resulted in a prolonged release of these factors as well as enhanced bioactivity (Du et al., 2014). The dECMs are promising options for drug delivery; meanwhile, further studies are needed to increase their effectiveness.
5.1.5 Surface Modification
In order to achieve improved cytocompatibility, mechanical properties, and biological function of decellularized scaffolds without inflammatory reactions, the surface modification could be done via various methods and biomaterials (Ozasa et al., 2013; Liu et al., 2021b). It is demonstrated that immersion of decellularized tendons with carbodiimide-derivatized hyaluronic acid and gelatin could alleviate the tendon’s gliding resistance by augmenting its surface’s smoothness (Ozasa et al., 2013). Moreover, riboflavin-mediated UV crosslinking may repair the damages caused by the decellularization process and increase the smoothness and mechanical strength of the dECM; therefore, it could be used as the luminal surface in the vascular prosthesis (Schneider et al., 2020). Laser micro-ablation is another method that can produce microporosity in the scaffold’s surface (Matuska and McFetridge, 2018). In addition, coating the surface of the scaffolds using heparin reduces the thrombogenicity and makes their surface appropriate to be used as vascular grafts (Wu et al., 2016). Decellularized aorta covalently linked with heparin through “click” coating inhibited platelet adhesion and thrombogenicity. Also, Proper adhesion and proliferation of the endothelial cells were observed (Dimitrievska et al., 2015). Immobilization of VEGF on the surface of dECM through “click” reactions improves angiogenic properties of scaffolds (Wang et al., 2014). Accordingly, surface modification can optimize dECMs for various applications.
5.2 Recellularization
Acellular scaffolds have the capacity of in vitro or in vivo cell seeding. In situ tissue regeneration takes advantage of the recipient’s body’s regenerative capabilities and biological supply. Therefore, cell seeding of the scaffold prior to transplantation is not always necessary, but adding the bioactive molecules would reinforce the regeneration process (Yang et al., 2020). Thrombogenic and immunogenic factors on decellularized matrices may trigger thrombogenesis or the host immune response. These factors can be hidden, degraded, or modified by cells. Robertson et al. have shown that reendothelialization of whole heart ECM reduced the scaffold thrombogenicity (Robertson et al., 2014).
During the recellularization process, whole organ repopulation is difficult due to the complexity of the scaffold, the challenges of introducing cells to different parts of the scaffold, the need for the presence of different cell types, and uncertainty about the viability and functionality of cells after organ grafting (Bilodeau et al., 2020). However, advances in cell seeding techniques have provided solutions. Several strategies for the recellularization of a whole organ have been advocated, including slicing, perfusion, and injections (Figliuzzi et al., 2017). For instance, studies reported that the perfusion-based method is fruitful for the recellularization of acellular lungs and kidneys through the trachea and ureter, respectively (Song et al., 2013; Kuevda et al., 2016). Daryabari et al. implanted patches of the decellularized ovine whole uterus into uterine horns of female rats. They demonstrated regeneration of endometrium and myometrium layers, and vascularization was apparent (Daryabari et al., 2019). Whole organ recellularization through the vascular system on the liver, heart, pancreas, kidney, and lung with preservation of original architecture has been widely investigated (Gilpin et al., 2014a; Sabetkish et al., 2015; Scarrit et al., 2015; Ferng et al., 2017). Also, innovative techniques such as the exertion of negative trans-renal pressure gradient and magnetic guidance to direct cells have been proposed for repopulating complex tissues (Song et al., 2013; Ghodsizad et al., 2014).
Moreover, as an alternative method, intraparenchymal injection of the renal cell into the acellular porcine kidneys resulted in satisfactory repopulation and function (Abolbashari et al., 2016). Despite the progress in reseeding methods, slicing the organ demolishes its native 3D structure, the introduction of non-epithelial cells via perfusion is ineffective, and numerous cell injections may cause injuries to the scaffold (Figliuzzi et al., 2017). Therefore, multiple recellularization techniques might be employed to achieve optimal results in the meantime.
Although recellularization is considered a beneficial stage in the regeneration process, in vitro cell reseeding could be associated with some constraints. The recellularization process is time-consuming, especially when using induced pluripotent stem cells (iPSCs) derived from the patient’s somatic cells. One of the most important things to keep in mind is to utilize an adequate amount of the appropriate cell type. This factor varies in different tissues and organs and should be considered to reduce the risk of teratoma formation or immune response induction (Badylak et al., 2011; Kim et al., 2020). Multiple types of cells have been investigated for the recellularization of the scaffolds. Limited differentiation and expansion capacity of specialized cells restrains their effectiveness in recellularizing whole organ scaffolds. Stem cells have higher proliferation capacity and are mainly classified into adult stem cells, embryonic stem cells (ESCs), fetal stem cells, iPSCs, and other engineered cells (Denstedt and Atala, 2009; Bacakova et al., 2018). Mesenchymal stem cells (MSCs) and hematopoietic stem cells (HSCs) are the most common stem cells that have been used in the recellularization process. ESCs are pluripotent, but supply issues and ethical concerns restrain their application potential. The iPSCs are produced by the genetic reprogramming of adult somatic cells (Moser and Ott, 2014). Although iPSCs ensure histocompatibility and avoid ethical conflicts, tumor formation remains unresolved. Recently, iPSCs have been shown to produce self-organizing organoids with different cell types through genetic reprogramming or exposure to environmental signaling factors (Ebrahimkhani and Levin, 2021). Gilpin et al. evaluated the recellularization of decellularized lung scaffold with lung endothelial and epithelial progenitor cells derived from human iPSCs. They found decellularized lung scaffold could provide an appropriate environment for iPSC-derived progenitor cells (Gilpin et al., 2014b). Therefore, iPSCs seem promising in providing various functional cells for repopulating whole organs. MSCs are multipotent stem cells and can be easily harvested from various tissues such as bone marrow and adipose tissue. They can differentiate into several cell lineages and have demonstrated encouraging results in recellularizing different tissues. Thus, these cells have been used as a source for reseeding diverse tissues, such as cartilage (Zheng et al., 2011), respiratory tract (Hou et al., 2011; Mendez et al., 2014), urinary tract (Huang et al., 2007; Coutu et al., 2014), and cardiovascular system (Zhao et al., 2010).
It is preferred to use autologous cells for recellularizing acellular scaffolds since these cells would not trigger the host immune system reactions and rejection after transplantation. It has been demonstrated that reseeding acellular diaphragm and lung matrices with stromal cells from homogenized rat lung and diaphragm tissues had lower inflammation and fibrosis formation compared to reseeding with mesenchymal stem cells (Kuevda et al., 2019). In another study by Hellström and colleagues, primary uterine cells and bone marrow-derived mesenchymal stem cells (BM-MSCs) were seeded on rat decellularized uterine scaffolds (Hellström et al., 2016). They observed that these matrices were able to bear pregnancy and normal fetus development. The co-culture of parenchymal cells with non-parenchymal cells could enhance tissue development. Combining tissue-derived cells with endothelial cells or fibroblasts has been reported to improve ECM remodeling, cellular function, and cell organization (Badylak et al., 2011; Gilpin and Yang, 2017). Shen and colleagues have shown that endothelial cells are a critical component for neurogenesis of neural stem cells (Shen et al., 2004). Endothelial cells work as a barrier to prevent thrombosis and organ loss due to immunogenicity of the matrix after transplantation, especially in vascular and valvular grafts (Lichtenberg et al., 2006; Robertson et al., 2014). Furthermore, reendothelialization of whole decellularized heart vascular structures with rat aortic endothelial cells enhanced the contractility of left ventricular constructs (Robertson et al., 2014).
5.3 Bioreactors
Intercellular interactions and signaling play a major role in tissue development and function. Bioreactors provide a refreshing environment regarding factors, nutrients, and mechanical force that together enhance cell seeding (Martin et al., 2004). Mostly, bioreactors are perfusion-based systems involving a simple flow. Enhancement in the systems includes gravity involvement or providing a rotatory environment, optimization in oxygenation, or regulation of mechanical stimuli to mimic a natural microenvironment, such as compression and shear stress (Selden and Fuller, 2018). Spinning flasks, rotating cylindrical devices, perfusion bioreactors, and microfluidic systems are among the most used types of bioreactors (Ahmed et al., 2019). Unlike static culture conditions, bioreactors are able to monitor and control the environmental factors precisely. The incorporation of sensors into these devices allows detection of any changes, namely pH or concentration of factors (Simmons et al., 2017). The automation of these systems not only eliminates the need for manual and invasive balancing of the ECM and cellular interactions but also decreases manufacturing costs and enables inclusive clinical application (Martin et al., 2004).
6 APPLICATION OF DECELLULARIZED SCAFFOLDS IN REGENERATIVE MEDICINE
6.1 In Vitro Application
Decellularized scaffolds are being used for modeling the diseases to investigate their pathophysiology. Cell-cell communication, intracellular signaling, stem cell secretions, and therapeutics approaches could be studied in a 3D ex vivo scaffold to evaluate the role of the microenvironment in the progression of diseases, such as tumors and inflammatory conditions (García-Gareta et al., 2020). It has been shown that breast cancer cells had improved growth profiles when seeded on decellularized human adipose tissue compared to two-dimensional and Matrigel three-dimensional cultures (Dunne et al., 2014). In a recent study by Wishart and colleagues, the involvement of collagen-IV in breast cancer cell invasion was demonstrated (Wishart et al., 2020). Moreover, using decellularized human colorectal cancer matrices, Pinto et al. advocated that tumoral ECM macrophages enhanced cancer cell invasion via cytokine signaling (Pinto et al., 2017).
The underlying mechanism of the diseases and the effectiveness of the drugs could be assessed by modeling the diseases using decellularized scaffolds (McCrary et al., 2020a). For instance, acellular human intestine ECM was cultured with intestinal myofibroblasts to assess intestine fibrosis subsequent to inflammatory bowel disease (Giuffrida et al., 2019). Altered sensitivity of breast cancer cells to doxorubicin and lapatinib was also demonstrated in human adipose tissue-derived ECM scaffolds compared with 2D-cultured cells (Dunne et al., 2014). In another research, higher resistance to drug administration in cancer cells was reported in 3D cultures rather than 2D (Ganjibakhsh et al., 2019). Such studies support the beneficial aspects of in vitro application of decellularized tissue from normal or diseased tissues.
6.2 In Vivo Application
Since decellularized materials are biocompatible and stable compared to synthetic matrices, these cell-free scaffolds are being widely used (Kawecki et al., 2018). However, the attraction of desired stem cells to the site of the scaffold transplantation still remained challenging. Growth factors and chemoattractant substances could help overcome this pitfall (Yang et al., 2020). Sabetkish et al. used decellularized human testicles from patients with testicular feminization syndrome and implanted them between the thigh muscles of mice. Spermatogonial stem-like cells were observed during follow-up (Sabetkish et al., 2021).
Decellularized tissues, either cell-free or recellularized, primarily aim to function as implantable matrices for lost or injured organ regeneration (Figure 3). Multiple tissues have been introduced as candidates for tissue engineering, including the gastrointestinal tract, respiratory system, vascular, and neural tissues (Mendibil et al., 2020). Gilpin et al. have classified the applicable acellular scaffolds into cell sheets, tissues, and whole organs (Gilpin and Yang, 2017). Cell sheets are simple constructs mainly derived from a single cell type and may heal minor lesions or more complex structures when different sheets are combined. Cell-derived matrices are state-of-the-art ECM that can be used as an alternative to native tissue-derived matrices since human cells are accessible and limitless, and matrix properties can be controlled (Fitzpatrick and McDevitt, 2015).
[image: Figure 3]FIGURE 3 | Schematic diagram of preparation and application of the recellularized scaffolds. (A) The decellularized scaffolds could be obtained via chemical, biological, and physical approaches from human or animal sources. It has been demonstrated that stem cells from embryonic sources have a higher expansion capacity, albeit they are not easily accessible. Conversely, stem cells from adult sources, including mesenchymal stem cells, are highly available, whereas they do not have proliferation and differentiation capability as much as embryonic stem cells. Nevertheless, mesenchymal stem cells are multipotent stem cells that can differentiate into various cell lineages. The iPSC can be obtained via genetic modification of mature cells. Thus, they are highly expansible and readily available. (B) decellularized scaffolds can be used as cell-free grafts, or they can be seeded with stem cells. Decellularized scaffolds with or without stem cells could be transplanted for regeneration of the damaged tissues. Moreover, they are used in drug delivery, drug screening, disease modeling, and studying the pathophysiology of diseases.
It is evidenced that genetic modification may improve the characteristics of ECM and the efficacy of the decellularization process. Effective decellularization process could be reached via apoptosis of death-inducible stem cells. Also, genetic modification of the stem cells may help tune the ECM composition, such as modifying VEGF expression by stem cells (Papadimitropoulos et al., 2015; Bourgine et al., 2017; Morris et al., 2018). Acellular ECM derived from BM-MSC sheets was used to treat osteochondral defects in rabbits (Wang et al., 2020). These matrices promoted regeneration of articular cartilage and subchondral bone with some degrees of vascularization. Reconstruction of blood vessels, combination of various decellularized cartilage sheets to produce two-dimensional cartilage assembly, and recellularization of periodontal ligament cell sheets were also reported (Fitzpatrick et al., 2008; Gilpin and Yang, 2017).
Acellular ECM hydrogels can also provide a scaffold for transplantation and injection (Young et al., 2011; Wolf et al., 2012). In addition, transplantation of recellularized acellular scaffolds has been approached by many researchers. In a study, regenerated rat lungs were orthotopically transplanted to investigate the function of reendothelialized pulmonary vasculature (Tsuchiya et al., 2017). They showed blood perfusion in the transplanted lung as well as leak-free ventilation. Transplantation of reseeded decellularized diaphragm into rats resulted in improved spirometry parameters (Gubareva et al., 2016).
Currently, decellularized tissues are widely being studied for organ regeneration. Kajbafzadeh and colleagues have implanted acellular rat colon-derived scaffolds into the mesenteric tissue as a graft with an end-to-end anastomosis to the colon of host rats that resulted in recellularization of the scaffold (Kajbafzadeh et al., 2020). The trachea, heart valve, and urethra are examples that have been clinically regenerated with decellularized scaffolds (Versteegden et al., 2017; Porzionato et al., 2018).
6.3 Human Studies
Human application of different acellular organs is probably the ultimate goal of tissue engineering and regenerative medicine. Due to the shortcoming of living organs donation, decellularization and tissue engineering methods could pave the way for regenerating tissues and organs to treat diseases in a less invasive procedure.
Variability in human tissues and their immunogenicity makes it inconceivable to propose a standardized decellularization method, thus precluding acellular whole-organ transplantation (Tenreiro et al., 2021; Mattei et al., 2017). Other hindrances include ideal vascularization, innervation, or recellularization of acellular scaffolds (Choudhury et al., 2018). Application of cell-free grafts is a relatively new area of the clinical setting to use acellular matrices. Many commercial companies have been producing dECM, namely Biohorizon and Axogen, which produce acellular skin graft and dECM nerve scaffolds. In addition, many human organ-derived dECM-bioprinted hydrogels have been used in drug screening and delivery (Choudhury et al., 2020; Lopresti et al., 2015; Cui et al., 2019). Also, AlloDerm (derived from the allogenic human cadaveric dermis), Strattice (derived from porcine dermis), and OaSIS (derived from porcine SIS) are commercial cell-free products that have been used in recent decades mainly for covering the skin flaps donor sites, breast reconstruction, and managing ulcers and wounds, respectively (Cui et al., 2019). In a clinical trial, human acellular vessels showed safety and functionality in providing access for hemodialysis in end-stage renal disease patients (Lawson et al., 2016). Different decellularized tissues and their application status is reviewed by Liao et al. (Liao et al., 2020). Currently, several clinical trials in different phases are investigating the application of decellularized tissue in the regeneration of injured or lost organs. An active phase II study is being conducted at the Department of Biomedical Engineering, Johns Hopkins University, investigating acellular adipose tissue for soft tissue reconstruction (identifier: NCT03544632, clinicaltrials.gov). Various decellularized scaffolds from animal and human sources have been used clinically, mainly for wound healing and surgical mesh devices, albeit their application is still limited, and further studies are needed to make decellularized scaffolds commercially available treatment of disease (Damodaran and Vermette, 2018).
7 DISCUSSION: CHALLENGES AND FUTURE DIRECTIONS
Despite favorable characteristics of the decellularized scaffolds for implementation in clinical practice, there are some constraints and challenges in their application. Determining the suitable tissue, decellularization and sterilization method selection, optimizing the efficacy of these techniques, dECM quality assessment, modification of acellular scaffolds in vitro and in vivo study, and transplantation problems (e.g., the timing of biomaterial transplantation) are among the unsolved challenges regarding the clinical translation of the decellularized scaffolds (Figure 4) (Zhang et al., 2021).
[image: Figure 4]FIGURE 4 | Challenges and hurdles regarding the decellularization process. The decellularization process encounters different challenges that may affect the resulting scaffold.
The decellularization method is selected based on the type of tissue and its characteristics. Developing cell removal techniques with lower toxic agents or productions, in addition to enhancing sterilizing techniques, would be beneficial. Apart from that, unlike most synthetic scaffolds (Han et al., 2015), purified ECM provides a natural microenvironment for the cells that is challenging to preserve its properties during the decellularization process (Frantz et al., 2010; Crapo et al., 2011). Ongoing research is aspiring to develop new techniques to better preserve the ECM architecture and components, such as vacuum-assisted and apoptosis-assisted decellularization (Zhang et al., 2021). Removing cells from ECM can become more efficient if an innate cellular process or an exogenous stimulus, such as a drug, promotes cell death, thereby eliminating possible ECM structural damage. Cartilage ECM was yielded by culturing human mesenchymal stromal cells with death-inducible genetic systems. This method resulted in more productive bone tissue engineering compared to cartilage ECM obtained from freeze-thaw cycles (Bourgine et al., 2014). Also, camptothecin-treated nerve tissue resulted in cellular apoptosis and clearance, which was immunogenically tolerable in vivo (Cornelison et al., 2018).
Various evaluation tests have already been established to ensure that cellular compounds have been cleared from the dECM during the decellularization treatment, while the chemical and biomechanical properties remain intact and the residual detergent is removed from the decellularized tissue, as the remaining detergents may cause cell toxicity in the scaffold (Zhang et al., 2021). Each tissue has unique characteristics that make it proper for a research plan and further clinical use. Additional novel analyzing tests should be developed for each tissue and its future point of function, letting researchers assess the acellular scaffold specifically and exclusively.
Application of naturally-derived ECM is restricted owing to limited animal sources that are free of by-products and contaminants, while synthetic scaffolds are available in ample amounts (Frantz et al., 2010). Polymerization of biodegradable materials is becoming increasingly popular since manufacturing techniques such as electrospinning can help create a large number of scaffolds with controllable indexes, including shapes, porosities, and fiber arrangements (Nam et al., 2007; Langer and Vacanti, 2016; Asghari et al., 2017). In order to overcome the damages caused by the decellularization process and take advantage of engineered materials, many researchers have attempted to modify decellularized scaffolds, print 3D scaffolds using bio-inks, or design ECM-derived hydrogels (García-Gareta et al., 2020). In terms of regenerative medicine, 3D printing is a valuable tissue fabrication technology since it is capable of reproducing the structure of the desired organ; however, clinical application of these 3D bioprinted constructs depends on further regulations and improvements (Ji and Guvendiren, 2017; Bilodeau et al., 2020).
Although the aforementioned strategies have been effective to a large extent in the decellularization process, there are still many hindrances in the endless road of dECM engineering. Despite all progress in this field, further investigations are needed to overcome challenges regarding the clinical application of decellularized biomaterials and the ultimate goal of whole organ transplantation.
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ECM extracellular matrix
dECM decellularized extracellular matrix
3D three-dimensional
GAG glycosaminoglycans
SDS sodium dodecyl sulfate
SD sodium deoxycholate
SB sulfobetaine
TnBP tri (n-butyl) phosphate
CHAPS 3-[(3-cholamidopropyl)dimethylammonio]-1-propanesulfonate
DNase deoxyribonuclease
EGTA ethylene glycol tetraacetic acid
EDTA ethylenediaminetetraacetic acid
PAA peracetic acid
RNase ribonuclease
UV ultraviolet
MTT 3-(4, 5-dimethylthiazol-2-yl)-2, 5-diphenyltetrazolium bromide
dsDNA double-stranded DNA
H&E hematoxylin and eosin
DAPI 4’,6-diamidino-2-phenylindole
SEM scanning electron microscope
TEM transmission electron microscopy
IHC immunohistochemistry
MSCs mesenchymal stem cells
AFM atomic force microscopy
VEGF vascular endothelial growth factor
POC poly(octamethylene citrate)
SIS small intestinal submucosa
ADSCs adipose-derived stem cells
DAMP damage associated molecular pattern
TIPS thermal-induced phase separation
Au gold
NP nanoparticle
Ag silver
PLGA poly lactic-co-glycolic acid
bFGF basic fibroblast growth factor
iPSCs induced pluripotent stem cells
ESCs embryonic stem cells
HSCs hematopoietic stem cells
BM-MSCs bone marrow-derived mesenchymal stem cells
Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2022 Neishabouri, Soltani Khaboushan, Daghigh, Kajbafzadeh and Majidi Zolbin. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
		ORIGINAL RESEARCH
published: 16 May 2022
doi: 10.3389/fbioe.2022.833244


[image: image2]
Decellularization of Porcine Carotid Arteries: From the Vessel to the High-Quality Scaffold in Five Hours
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The use of biologically derived vessels as small-diameter vascular grafts in vascular diseases is currently intensely studied. Vessel decellularization provides a biocompatible scaffold with very low immunogenicity that avoids immunosuppression after transplantation. Good scaffold preservation is important as it facilitates successful cell repopulation. In addition, mechanical characteristics have to be carefully evaluated when the graft is intended to be used as an artery due to the high pressures the vessel is subjected to. Here, we present a new and fast decellularization protocol for porcine carotid arteries, followed by investigation of the quality of obtained vessel scaffolds in terms of maintenance of important extracellular matrix components, mechanical resistance, and compatibility with human endothelial cells. Our results evidence that our decellularization protocol minimally alters both the presence of scaffold proteins and their mechanical behavior and human endothelial cells could adhere to the scaffold in vitro. We conclude that if a suitable protocol is used, a high-quality decellularized arterial scaffold of non-human origin can be promptly obtained, having a great potential to be recellularized and used as an arterial graft in transplantation medicine.
Keywords: porcine carotid artery, optimized decellularization, scaffold quality, ECM proteins, endothelial cell adhesion, mechanical properties
1 INTRODUCTION
Significant progress has been made in the last 20 years on the development of treatments to resolve small-diameter vascular diseases. Nevertheless, there is still lack of standardized procedures (Conklin et al., 2002; Chandra and Anthony, 2019; Seiffert et al., 2021). Autologous vessels, the currently most used solution, are difficult to harvest and can cause problems at the harvesting site that are not really desirable for the patient (Nagaoka et al., 2014). The use of artificial grafts, which are made of polytetrafluoroethylene (PTFE) or polyethylene terephthalate (such as Dacron), causes infection risks (Carrabba and Madeddu 2018). Furthermore, artificial grafts in the small caliber scale are more likely to develop thrombosis because the material is not completely compatible with blood circulation. Smaller diameters increase the occlusion possibilities derived from surface-mediated platelet activation. The ideal solution would be a small-caliber biological matrix that enhances endothelial cell adhesion and growth, with the decellularized vessel being a very promising candidate.
Decellularized tissues have already been approved and are currently used for clinical applications (Parmaksiz et al., 2016). The advantage of decellularized scaffolds lies in the removal of immunogenic cellular components that allows limiting or even avoiding immunosuppression (Massaro et al., 2021a). Moreover, well-decellularized tissues retain the major proteins and extracellular matrix components. These proteins are a real gain in biologically derived scaffolds because they enhance cell adhesion and growth, fundamental characteristics in tissue regeneration and healing (Schmidt and Baier 2000). Decellularized small-diameter blood vessels are still under development in terms of xenogeneic species of origin, decellularization protocols, and cell seeding. The selection of a suitable donor species and a vessel type has to be carefully considered in terms of dimensions and availability of the graft. Previous studies have focused on the use of porcine (Sheridan et al., 2014; Gu et al., 2018; Cheng et al., 2019; Cai et al., 2020), ovine (Li et al., 2016; Ilanlou et al., 2019), and canine (Cai et al., 2009; Zhou et al., 2009) carotid arteries with an inner diameter around 5 mm or smaller. The research has already led to a commercial product from decellularized bovine carotid arteries called Artegraft (North Brunswick, NJ), with very promising results from a 5-year follow-up study (Lindsey et al., 2018).
Despite this, there are still issues linked to the use of such material related to the immunologic reaction caused by inefficient decellularization (Chemla and Morsy 2009) and the lack of standardized decellularization procedures to obtain a good scaffold quality in reasonable time.
All available decellularization protocols require procedures lasting way more than 24 h, mostly even days (Dahl et al., 2003; Roy et al., 2005; Dahan et al., 2012; Sheridan et al., 2012; López-Ruiz et al., 2017; Wang et al., 2017; Gu et al., 2018; Cai et al., 2019; Cheng et al., 2019; Cai et al., 2020). Ideally, the decellularization protocol should be as fast as possible, while keeping the ultrastructure intact. Successful recellularization depends on good preservation of the individual scaffold components and their protein conformation (Gilpin and Yang 2017), which is, in turn, pivotal in the active functionalization of the tissue in terms of fast recreation of the endothelial cell layer, lowering the risk of thrombosis in the graft.
Considering our ongoing work on the decellularization of porcine liver (Moulisová et al., 2020) and porcine caval veins (Massaro et al., 2021b), our aim was to address these issues by developing a faster decellularization protocol for porcine carotid arteries with higher flexibility in obtaining the tissue scaffold and resulting in an ECM scaffold of high quality at the same time.
2 MATERIALS AND METHODS
2.1 Experimental Design
The initial prerequisite for preparing a good-quality vessel scaffold through decellularization is to prevent any damage to the source tissue that would decrease the preservation of the ECM. Thus, all porcine carotid arteries were harvested from anesthetized animals at our surgical facility to obtain fresh tissues (Figures 1A and B). The vessels were either subjected to decellularization within 24 h, or mechanical testing within 3 h, or cryopreservation for long-term storage and later processing. Characterization of scaffolds after decellularization was performed by testing mechanical properties, by assessing the level of decellularization, and by identification of important ECM proteins by histological and immunofluorescence techniques. Finally, the cytocompatibility of the scaffolds was analyzed by seeding endothelial cells and by visualizing cells by H&E staining and immunofluorescence.
[image: Figure 1]FIGURE 1 | Explant and decellularization of carotid arteries: (A) carotid artery identified in the animal before the explant, (B) explanted carotid artery – the proximal side is at the bottom of the picture, and it is identifiable by its higher diameter if compared to the distal part that has the branches for the internal and external carotid arteries. The decellularization setup is shown in (C); the masterflex pump speed is set to 50, but its corresponding value depends on the tube type and dimensions; and in our case, it corresponds to 250 ml/min. The decellularized artery scaffold is shown in (D). The arteries are explanted from the animals and then rather decellularized within 24 h or stored for the long term at −80°C in a cryoprotective solution.
2.2 Tissue Harvesting and Storage
The left and right carotid arteries (n = 46) were extracted from healthy Prestice black-spotted pigs (n = 23) aged 2–3 months and weighing 30–40 kg. The animals were premedicated by intramuscular administration of 10 mg/kg ketamine (Spofa, a.s., Czech Republic), 5 mg/kg azaperon (Janssen Pharmaceutica NV, Belgium), and 1 mg atropine (Hoechst Biotika, Slovak Republic). Propofol (1% mixture 5–10 mg/kg/h) was used for general anesthesia (Fresenius Kabi Norges as, Norway) and fentanyl (1–2 μg/kg/h) (Chiesi CZ s.r.o., Czech Republic) for analgesia. The animals were intubated and mechanically ventilated. Carotid explantation was initiated by making two longitudinal incisions on both sides of the neck of the pig parallel to the sternomastoid muscles. Common carotid arteries were gently dissected from the level of the brachiocephalic trunk until the branching into internal and external carotid arteries (Figure 1A). The arteries were then resected in the whole length (Figure 1B) and used either as fresh (fresh native – FN, fresh decellularized – FD) or cryopreserved (cryopreserved native – CN, cryopreserved decellularized – CD) and stored at −80°C for at least 2 months.
Native vessels (FN) were kept in saline on wet ice and tested for mechanical properties for up to 3 h. The vessels to be decellularized (FD) were stored in sterile saline at 4°C overnight (up to 16 h), prior to decellularization. The vessels to be decellularized after the freezing step (CD) were stored in Dulbecco’s modified Eagle medium (DMEM, Biosera Europe, France), supplemented with 10% fetal bovine serum (Biosera Europe, France), and 10% dimethyl sulfoxide (DMSO, Serva, Germany). Carotids tested as native after freezing (CN) were stored in saline supplemented with cryoprotective 10% DMSO. The samples to be cryopreserved were kept in Mr. Frosty™ Freezing Container (TermoFisher Scientific, MA, United States) at −80°C overnight, ensuring gradual cooling down (1°C/min), and then stored at −80°C for 2 months. The animals were euthanized under deep anesthesia with cardioplegic solution. All the procedures were performed under the approval MSMT-15629/2020-4 granted by the Ministry of Education, Youth and Sports of the Czech Republic, compliant with EU legislation. These animals were part of an approval for training of medical students in surgical techniques, and the carotid extraction took place immediately before euthanasia to maximize the use of animals in research in accordance with the 3Rs principle.
2.3 Decellularization Protocol
Freshly explanted vessels were stored in saline at 4°C and decellularized within 16 h, while cryopreserved vessels were stored for at least 2 months. At the time of decellularization, the vessels were thawed for 1 h at room temperature before starting the procedure. A 5-mm ring of the native artery from the proximal region was cut and fixed in 4% formaldehyde (Bamed s.r.o., Czech Republic) for histological comparison with the decellularized sample. The artery was then ligated at both ends to Luer connectors with a 3–0 Mersilk ligature (Ethicon Inc., NJ, United States) and connected to the decellularization setup consisting of flexible plastic tubing (Tygon S3, Saint Gobain, France). The two ends of the tubes were immersed in a glass bottle with a modified cap to allow the passage of the tubing. The tubing was inserted in a recirculating perfusion system driven by a peristaltic pump (Masterflex, Cole Parmer, IL, United States). The vessels were inserted while respecting the natural blood flow in the arteries from the proximal part toward the distal using a flow rate of 250 ml/min. The perfusion system is shown in Figure 1C, and the running saline cycle is documented in Supplementary Video 1. The first perfusion step was a saline wash for 10 min to clear the vessel of eventual blood clots and of the residues of cryoprotective solution in case of cryopreserved samples. Then, two successive perfusion cycles with 1% Triton X-100 solution for 1 h were applied, followed by two cycles of 1 h of 1% sodium dodecyl sulfate (SDS) solution. Both the detergent solutions were prepared by dissolving Triton X-100 (Carl Roth, Germany) and SDS pellets (Carl Roth, Germany) in sterile ultrapure deionized water (resulting pH for Triton X-100 and SDS solutions was 6 and 7, resp.). Finally, four consecutive washing steps lasting 15 min using saline were used to remove residual SDS from the scaffold. At the end of the procedure, the decellularized vessel was removed from the system, a 5-mm segment was harvested from the proximal region for histological evaluation, and the vessel was kept in a storing solution (PBS complemented with 1% penicillin/streptomycin and 0.2% amphotericin B (Cat. Nos. 15140122 and 15290018, respectively, Gibco, Paisley, United Kingdom)) at 4°C until further use. All the procedures were conducted under sterile conditions. For the in vitro assays, additional washing steps were applied to the scaffolds: The scaffold was added in a container with 100 ml of new solution used for storage and agitated for 24 h at room temperature. Then, the solution was changed, and the same wash was repeated to obtain a 2-day washed scaffold. By repeating this washing, a 4-day washed scaffold was prepared.
2.4 Histology and Immunofluorescence
Proximal parts of the arteries were fixed in neutral-buffered formalin (Bamed, Czech Republic), dehydrated in ethanol, and embedded in paraffin blocks. The tissue was cut to obtain 5-µm sections using a microtome (Leica RM2255, Germany). The sections were deparaffinized, rehydrated, and stained using six histological methods and four immunofluorescence (IF) stainings as described hereafter.
Hematoxylin and eosin (H&E) staining was used to assess the efficiency of decellularization in terms of the remaining nuclei in scaffolds decellularized from fresh tissue (freshly decellularized, FD, n = 12) or after cryopreservation (cryopreserved decellularized, CD, n = 17). The number of samples differs between the two groups because while fresh samples were used only in mechanical testing, the cryopreserved arteries were used for both mechanical testing and endothelial cell seeding. A scoring system from 0 to 3 was introduced to quantify the decellularization efficacy; score 0 refers to complete decellularization, while score 3 means that less than 50% of the section area was decellularized (details in Supplementary Table 1). Whole slide images were processed in this analysis, and scans were generated on Zeiss Axioscan.
Verhoeff’s hematoxylin with green trichrome staining (Kocová 1970) and orcein staining (Tanzer’s orcein, Bowley Biochemical Inc., Danvers, MA, United States) were used to stain elastic fibers. Picrosirius red staining (Direct Red 80, Sigma-Aldrich, Germany) was used for visualization of collagen fibers in polarized light (Lattouf et al., 2014). Standard Alcian blue staining (pH 2.5) combined with periodic acid–Schiff (PAS) was used for the detection of both neutral mucins and acidic glycosaminoglycans (GAGs).
Immunofluorescence staining of paraffin sections was used to further characterize the completely decellularized matrix. Primary antibodies for collagen I (1:400, MA1-26771, Invitrogen, MA, United States), elastin (1:100; ab21610, Abcam, United Kingdom), fibronectin (1:200, ab6328, Abcam, United Kingdom), and laminin (1:30, L9393, Sigma-Aldrich, Germany) were selected. Goat anti-mouse AF 568 (1:200, A11004, Invitrogen, MA, United States) was used as a secondary antibody for collagen I and fibronectin, while chicken anti-rabbit AF 647 (1:200, A21443, Invitrogen, MA, United States) was used as a secondary antibody for elastin and laminin. For IF staining of samples from in vitro experiments, the whole formaldehyde-fixed vessel pieces were used (see Section 2.7). Cellular actin was detected using CruzFluor 488 phalloidin (1:1,000, Santa Cruz Biotechnologies, TX, United States), the cell nuclei were stained with 1 μM DAPI solution (Sigma-Aldrich, Germany), and the scaffold was visualized by staining with collagen I antibody in the same dilution as for the sections mentioned earlier. For imaging the sample surface with cells, the vessels were flattened on the microscopic slide using a coverslip. All IF images were obtained using a fluorescence microscope Olympus IX80 either at 10x or 20x magnification.
2.5 Mechanical Testing
To evaluate the effect of the decellularization procedure on the mechanical strength of the scaffold, the native non-decellularized vessels were compared with the decellularized arteries. To further characterize the scaffold, both fresh and cryopreserved tissues were tested. Four different groups of arteries were used: freshly explanted (fresh native, FN, n = 10), frozen native (cryopreserved native, CN, n = 8), decellularized from fresh tissue (fresh decellularized, FD, n = 8), and decellularized from frozen tissue (cryopreserved decellularized, CD, n = 6); the storage conditions are detailed in Section 2.1. The number of samples in each group was different due to processing and decellularization scores (only scaffolds with scores 0 and 1 were used). The FN samples were kept at 4°C for storage/transport and used within 3 h from the explant. The CN specimens were thawed in a water bath at 37°C for 10 min to reduce the damage due to potential recrystallization inside the cells (Amini et al., 2020). The arteries were allowed to assimilate to room temperature for 20 min before starting the mechanical measurement. Each vessel (total length was about 100 mm) was divided into three sections: distal, middle, and proximal. A detailed photo-documentation (Olympus camera) and measurement of the size and shape of the whole artery, artery segments, diameters, and rings were carried out. Larger specimens were pictured next to the ruler (Supplementary Figure 1A), whereas smaller artery segments and arterial rings were placed on graph paper (Supplementary Figure 1B). Pictures of arterial rings from the edges were used to directly assess the initial cross-sectional area of the artery using Ellipse software (ViDiTo Inc., Slovak Republic). Briefly, the picture was calibrated according to the graph paper (a square is equivalent to 1 × 1 mm), then the outer and inner diameters were manually annotated, followed by the calculation of circular areas (Supplementary Figure 1C). Finally, the initial artery cross-sectional area was calculated as the average of the difference between the area of the outer and inner circle of artery edges.
2.5.1 Determination of Opening Angle
After measuring the cross-sectional area, the rings were opened, and the opening angle was measured after 15 min incubation in saline. The opening angle was defined as the angle formed between two lines starting from the middle point of the inner layer and passing from the middle part of the wall in the opened region, as shown in the scheme in Figure 6C.
2.5.2 Determination of the Uniaxial Tensile Properties
For uniaxial mechanical tension tests, each sample was clamped with the jaws of the mechanical measurement device (574LE2, TestResources Inc., MN, United States). Ten cycles of stretching to 15% of the initial length were performed to precondition the arteries before the actual measurement was started. The test consisted of pulling on both ends. The initial length of the sample inside the jaws was 10 mm. Then, the samples were loaded with a linear increasing elongation until the tissue ruptured at 6 mm/min, which corresponds to 1% per second. The initial cross-sectional area for each individual segment and initial length was used to estimate the stress and strain of the samples. The stress (σ) was simply calculated as the ratio between the force detected by the load cell on the sample (F) and the initial cross-sectional area (A0). The strain (ε) was the actual elongation (l) divided by the initial length value (l0). Young’s modulus (E) was calculated as the ratio between the stress and strain.
[image: image]
Given that in the stress–strain curve we can identify two main regions for soft tissues, Young’s modulus is divided into E0 and E1, which represent the elastic and the viscoelastic behavior of the sample, respectively. These regions correspond to a linear increase in the stress–strain curve.
2.6 SDS Residue Assay
The SDS amount in scaffold washing solutions was quantified using the Residual SDS Detection Kit (BioBasic Inc., Canada), following the manufacturer’s protocol. Briefly, undiluted samples were mixed with solutions A and B, then vortexed for 30 s, left standing for 5 min at room temperature, and then centrifuged at 5,000 rpm for 5 min. The optical density of the sample supernatants and that of the standard solutions was measured at 499 nm using a Synergy HT microplate reader (Biotek, CA, United States). The final SDS concentration in the samples was obtained through a linear interpolation of the calibration curve derived from the optical density of standard SDS solutions. Each sample condition (after decellularization, 2-day wash, and 4-day wash) was an average of four different experiments, and the samples were tested in duplicates.
2.7 In Vitro Experiments
Human umbilical vein endothelial cells (HUVECs, PromoCell GmbH, Germany) and rat aorta endothelial cells (RAECs, obtained from the laboratory of Prof. Dahmen, Universitatklinikum Jena) were cultivated in Endothelial Cell Growth Medium (C-22010, PromoCell GmbH, Germany) and used at passages not higher than seven. Decellularized arteries after 2-day or 4-day washing (described in Section 2.3) were cut in half to expose the inner layer and then cut into smaller pieces (about 1 cm long). The scaffold pieces were placed in a 48-well plate, and 500 μl of cell suspension was dropped on the top of each sample at a seeding density of 10,000 cells/cm2. The vessels were incubated in a humidified incubator at 37°C and 5% CO2 for 24 h. Then, the samples were processed to assess cell viability using a Live/Dead Viability/Cytotoxicity kit (Invitrogen, L3224, MA, United States) according to the manufacturer’s manual. For histochemical and immunofluorescence staining, the sample replicates were washed in phosphate-buffered saline (PBS), fixed in 4% formaldehyde (Bamed s.r.o., Czech Republic), and either embedded in paraffin for H&E staining (5 μm sections) or used as the whole sample for immunofluorescence staining for visualization of collagen I from the scaffold and cell cytoskeleton and DNA, as detailed in Section 2.4.
2.8 Statistical Analysis
The normality of individual data sets was tested using the Shapiro–Wilk’s W test. Data sets with a normal distribution of values were analyzed using a two-way ANOVA test with Tukey’s multiple comparison post-test. Data sets which did not pass the test for normality were analyzed using the Kruskal–Wallis test with Dunn’s post-test to compare individual groups. GraphPad Prism 7.0 software (GraphPad Software Inc., CA, United States) was used for all statistical analyses. The decellularization score was analyzed using the Mann–Whitney test. The p-value representing a statistically significant difference was set at <0.05.
3. RESULTS
3.1 Decellularization
The decellularization was always performed by processing two vessels at the same time. The total time for achieving complete decellularization was 5 h and 10 min, with all the vessels turning white at this point (Figure 1D). Nevertheless, histological staining with H&E revealed that there were differences in the efficiency of decellularization. In some cases, the scaffold was completely decellularized, while in others, a specific area of the tunica media still contained nuclei. We introduced a scoring system based on the percentage of nuclei in the entire circular wall section. The score was set from 0 for completely decellularized up to 3 for more than 50% of the area still containing nuclei; for details, see Supplementary Table 1. Interestingly, arteries that were decellularized from the fresh tissue (FD) scored better in terms of complete or nearly complete decellularization (scores mainly 0 and 1), while vessels decellularized from the frozen tissue (CD) did not score that well (scores ranged between 0 – 3 with the majority of the values being 1 and 2). Statistical analysis revealed that this difference between CA decellularization protocols (fresh or frozen tissue used for decellularization) was significant, favoring the use of fresh tissue (Supplementary Figure 2C).
H&E and DAPI staining allowed us to visualize the nuclei and protein content in the native and decellularized carotids (Figure 2A). The variability among samples related to the different levels of decellularization is displayed in Figures 2B,C. There, the H&E staining shows the native artery section (left), a partially decellularized vessel that scored 2 (middle), and a completely decellularized scaffold scoring 0 (right). The purple-stained nuclei from H&E images corresponded with the DAPI-stained nuclei (Figure 2D). An overview of the CD and FD vessel scaffolds is given in Supplementary Figures 2A and B, respectively, highlighting the general morphological variability among animals.
[image: Figure 2]FIGURE 2 | Porcine coronary artery layers and evaluation of the decellularization efficacy: (A) detailed image of the native (left) and decellularized (right) carotid artery wall with the identification of the wall layers. It is evident that in the native vessel, the internal and external elastic laminas between each layer are indistinguishable, while they can be easily identified in the decellularized scaffold. The scale bar is 200 μm. (B) H&E staining of the entire section (native on the left, partially decellularized (score 2) in the middle and completely decellularized scaffold on the right) – scale bar is 500 μm; (C) details of the vessel wall from pictures in (B) to visualize the nuclei stained with hematoxylin – scale bar is 200 μm; (D) DAPI immunofluorescence at magnification ×40 showing nuclear loss in the middle picture and complete cell removal on the right side) scale bar is 100 μm.
The black color in Verhoeff’s green trichrome staining evidenced the highly variable elastin content in decellularized samples (Figure 3A) and in native vessels. The elastin content of individual decellularized vessels corresponded to their native counterparts, meaning the decellularization protocol does not affect the presence of this protein. In contrast, it demonstrated the preservation of these fibers. We observed that elastic fibers were always present in the external elastic lamina and internal elastic lamina, while tunica media showed different amounts of elastic layers. Some samples were stained rather weakly (Figure 3, left column), while others showed strong staining of these multiple layers in parallel orientation (Figure 3, right column). To confirm the elastin presence, orcein staining was used to show elastin fibers in dark red (Figure 3B).
[image: Figure 3]FIGURE 3 | Visualization of the highly variable presence of elastic fibers in decellularized arteries: Black color in Verhoeff’s green trichrome–stained samples (A) and dark red color in orcein-stained samples (B) represent elastic fibers which are always present in external and internal elastic lamina; however, the amount of these fibers in tunica media is much lower in the sample on the left-hand side (weaker staining of elastic layers) than in the multiple elastic layers strongly stained in the sample on the right-hand side. The scale is the same for all the figures (100 µm).
Collagen fibers were also mostly intact after the decellularization, as shown not only by pink color staining from H&E images (Figures 2B and C) but also by light green color in Verhoeff’s green trichrome staining (Figure 3). Moreover, we used Picrosirius red staining imaged in polarized light to visualize birefringent collagen molecules and reveal the presence of different collagen types in individual layers of the carotid artery (Figure 4A). The adventitia and external elastic lamina showed a strong yellow-red signal associated with collagen I, while tunica media had weaker staining with greenish color linked to collagen III (Junqueira et al., 1979).
[image: Figure 4]FIGURE 4 | Collagen and glycosaminoglycans (GAGs) in decellularized arteries. (A) Collagen fibers visualized by Picrosirius red staining in polarized light. (B) Alcian blue staining in native (top) and decellularized (bottom) tissue shows the presence of GAGs; the loss of blue staining in decellularized tissue can be caused by the removal of GAGs present within cells.
In order to detect the presence of glycosaminoglycans (GAGs), which are important for non-structural functions of the ECM such as binding of various cytokines and growth factors (Gandhi and Mancera 2008), we used Alcian blue staining. The top image in Figure 4B shows a strong blue GAG staining in the tunica media of the native artery, whereas the adventitia contains almost no GAGs. The bottom image represents a typical example of a decellularized vessel and shows weaker GAG staining in the muscular tunica media in comparison to the native vessel. The loss of blue-stained GAGs after the decellularization can be associated with the removal of cells that have some GAGs bound on the membrane. We also cannot exclude that the detergents, particularly the SDS used for decellularization, could contribute to the reduction in GAG content in the ECM. Nevertheless, the level of blue staining in the decellularized vessel is still satisfactory to conclude that we have retention of some GAGs in the scaffold after decellularization.
To visualize specific ECM proteins such as collagen I, fibronectin, elastin, and laminin, we performed immunofluorescence staining. All four proteins were shown to withstand the decellularization procedure, as evidenced in the representative images of native and decellularized tissues in Figures 5A-D. Although collagen I is also stained by some of the abovementioned histological techniques, we still performed the extra IF staining for this protein. Histochemical collagen staining signals give more general information regarding the presence or absence of collagen but do not differentiate between the subtypes of collagen. In contrast, immunofluorescence visualizes individual specific collagen subtypes.
[image: Figure 5]FIGURE 5 | ECM proteins in carotid arteries before (left) and after (right) the decellularization visualized by immunofluorescence. The vessel intima is always oriented on the right-hand side of the image. Collagen I is stained in red (A), fibronectin in yellow (B), elastin in green (C), and laminin in magenta (D) (all artificially assigned colors). Blue DAPI shows nuclei in the native artery, while absence in decellularized tissue is indicative of complete cell removal. The scale bar is 100 μm for all the images.
We also characterized the scaffold’s ability to clear from detergent residues by SDS content assessment at different stages of washing. It is known that SDS detergent residues are cytotoxic for cells (Gilpin et al., 2014; Welch et al., 2021), with endothelial cells being particularly susceptible (Zvarova et al., 2016). As ECs are crucial for vessel repopulation, we analyzed the SDS concentration at the end of the decellularization procedure and after the application of several washing steps with PBS. As this scaffold characterization has a direct impact on cell culture, we show the SDS concentration data together with the in vitro results in Section 3.3.
3.2 Mechanical Testing
Maintaining the original mechanical properties is extremely important in the case of arterial grafts. Therefore, we paid special attention to the mechanical testing of the vessel scaffolds. We compared the mechanical properties of native arteries with the decellularized ones. We tested both vessels and scaffolds processed either as fresh tissue or as thawed tissue after cryopreservation. Considering the different levels of decellularization of the vessels in this study, only fully decellularized or nearly fully decellularized scaffolds were analyzed (scores 0 and 1). Vessels scoring 2 and 3 were discarded from this analysis as the mechanical properties might be affected by the remaining cellular material. As shown by previous studies (Kochová et al., 2012; Tomášek et al., 2020), morphometric parameters and mechanical properties can significantly vary in different segments of the carotid artery; thus, we divided each vessel into three parts, namely, distal, middle, and proximal segments (Figure 6A). These segments were then tested and analyzed separately. In order to compare our results with other studies that did not consider variations between segments, we also analyzed the data obtained from individual arteries by merging the data from all three segments. Supplementary Table 2 shows detailed values obtained during this analysis.
[image: Figure 6]FIGURE 6 | Uniaxial tensile mechanical testing of native and decellularized vessels: (A) Scheme of the three sections of the artery (top) and image of a native artery after the division (bottom). (B) Image of the sample at the start of the load application (initial length is 10 mm); (C) scheme of the opening angle measurement (top) and image of the sample before (bottom left) and after (bottom right) incision; (D) boxplot of the opening angle for the four groups of fresh/frozen native artery or decellularized scaffold; (E) boxplot of the opening angle with a comparison between individual segments and the four groups. Abbreviations: FN, fresh native artery; CN, cryopreserved native artery; FD, freshly decellularized scaffold; CD, cryopreserved decellularized scaffold; level of significance is displayed as (*) for p < 0.05, (**) for p < 0.01, (***) for p < 0.001, and (****) for p < 0,0001.
3.2.1 Determination of the Opening Angle
First, the opening angle test was performed for each vessel segment. A scheme of the experiment is shown in Figure 6C. As expected, the opening angle decreased with the decellularization procedure. Fresh native (FN) vessels and cryopreserved native (CN) arteries showed significantly larger opening angles than the freshly decellularized (FD) and cryopreserved decellularized (CD) tissues (Figure 6D). The opening angles varied neither between the native tissues (FN and CN) nor between the decellularized scaffolds (FD and CD). The mean angles were 60° ± 16 and 52° ± 23 for the native groups and 22° ± 18 and 24° ± 18 for the decellularized groups. Due to the data not passing the normality test, a nonparametric Kruskal–Wallis method with Dunn’s post-test was used for statistical analysis.
Figure 6E shows the opening angle values for individual segments. The opening angle did not vary significantly between different regions (distal, middle, and proximal) within the same tested group. Values of 65° ± 19, 61° ± 17, and 55° ± 12 were obtained for FN segments in the three regions, respectively. In the same way, 46° ± 19, 44° ± 24, and 66° ± 22 were found for FS, 26° ± 5, 25° ± 23, and 12° ± 16 for FD, and 20° ± 12, 15° ± 17, and 37° ± 18 for SD. This set of data passed the normality test; thus, a two-way ANOVA test was used for statistical evaluation (using Tukey’s multiple comparison post-test). These results from segment analysis were in agreement with the more general analysis of the opening angle values when all segments were analyzed together. The nonsignificant opening angles of the corresponding segments (native vs. decellularized) were most probably caused by the smaller number of individual measurements when analyzing the segments separately. Overall, the opening angle of tested tissues was not dependent on the individual region but rather on the analyzed group.
3.2.2 Determination of the Uniaxial Tensile Properties
Uniaxial tensile mechanical testing with the procedure depicted in Figure 6B showed a nonlinear behavior of the arteries as typical for biological tissues (Kubíková et al., 2017; Kochová et al., 2019). Representative examples of the stress–strain curves are given in Figure 7A, and examples for all the four groups divided between proximal, middle, and distal sections are shown in Supplementary Figure 3. In these curves, two linear regions can be identified for all samples: the small deformation region (elastic phase dominated by elastin, highlighted in blue) and the large deformation region (viscoelastic phase dominated by collagen, highlighted in red). While in the elastic phase, the material retains its initial properties, which can be restored if the load is removed; in the viscoelastic phase, the properties of the materials start to change until the ultimate stress is reached, and the sample is broken at the rupture point. For every sample, we obtained the following individual mechanical parameters: Young’s modulus for both elastic phase (E0) and viscoelastic phase (E1) and ultimate stress and ultimate strain. These data were again analyzed for both the entire artery (Figure 7B) and three segments individually (Figure 7C).
[image: Figure 7]FIGURE 7 | Mechanical testing: (A) Typical stress–strain curves for the distal region of a native carotid (left) and a decellularized scaffold (right) in both curves. Young’s modulus of elastic phase (E0) and the viscoelastic phase E1 and the rupture point (the highest value of stress reached) were easily identified. Boxplots of the mechanical test parameters are shown in (B) and (C), where (B) represents parameters for the four main groups together, while (C) shows more detailed data of individual segments within the groups. FN, fresh native artery; CN, cryopreserved native artery; FD, freshly decellularized scaffold; CD, cryopreserved decellularized scaffold; level of significance is displayed as (*) for p < 0.05 and (**) for p < 0.01.
3.2.2.1 Comparison of the Whole Vessel
In the general analysis of whole vessels, the datasets for Young’s moduli E0 and E1 and for the ultimate stress did not have the normal Gaussian distribution; thus, the Kruskal–Wallis test was used for statistical evaluation. The ultimate strain dataset showed normal distribution and was analyzed by one-way ANOVA.
Young’s modulus of the elastic phase (E0) was significantly lower for scaffolds decellularized from fresh tissue (0.177 ± 0.181 MPa for FD and 0.264 ± 0.179 MPa for CD) than both groups of native arteries (0.403 ± 0.421 MPa for FN and 0.483 ± 0.556 MPa for CN), as visible in Figure 7B far left. This result suggests that some elastic components of the ECM might have been damaged during the decellularization procedure in this type of scaffold. However, this was not the case in scaffolds obtained from cryopreserved vessels. These scaffolds did not vary significantly from the native vessels, pointing out the good preservation of the elastic part of the ECM structure.
The values of Young’s modulus of the viscoelastic phase (E1) did not vary significantly between any sample groups, suggesting that the collagen structural components were not affected by the decellularization procedure (Figure 7B, middle-left). The values of 4.77 ± 3 MPa, 4.45 ± 3.55 MPa, 4.73 ± 3.93 MPa, and 6.09 ± 4.27 MPa were found for FN, CN, FD, and CD, respectively. The ultimate stress and ultimate strain resulted in similar values among the groups, with the only significant difference between cryopreserved samples CN and CD (with values of ultimate stress 1.38 ± 0.96 MPa for CN and 2.51 ± 1.46 MPa for CD and of ultimate strain 0.62 ± 0.32 for CN and 1.04 ± 0.37 for CD), as shown in Figure 7B middle-right and far-right. In these two cases, the values of ultimate stress and strain were surprisingly higher in decellularized samples than their native counterparts. The fact that the scaffold generated from cryopreserved tissue has slightly better mechanical properties than the native tissue that underwent a freeze–thaw cycle can be explained by a certain delay in the processing of the native vessel for the mechanical testing after thawing. The ECM of the CN vessel might be slightly damaged by enzymes released from the dead cells during the testing. The thawed vessels to be decellularized had always a shorter period of time between thawing and cell removal, leading to better preservation of the ECM. The ultimate stress and strain values of CD scaffolds actually reach the values identified for the fresh vessels (FN), confirming a good quality of the scaffold being generated from the cryopreserved vessels.
3.2.2.2 Comparison of Specific Arterial Segments Among the Groups
The detailed analysis of the four mechanical parameters for individual arterial segments is shown in Figure 7C. Even with a reduced number of experimental data per condition, if compared with the evaluation of the four main groups together, it was still possible to perform the analysis. All the datasets passed the Shapiro–Wilk test for normality and were analyzed using a two-way ANOVA test. The comparison of the parameters identified in native vessel segments with parameters found in their decellularized counterparts revealed only one significant difference: Young’s modulus E0 of the proximal part of the native artery (CN, 0.128 ± 0.074 MPa) was significantly higher than E0 of the proximal part of the decellularized vessel (FD, 0.105 ± 0.068 MPa) (Figure 7C top left). This confirms that the decellularization procedure does not affect the mechanical properties even on the level of individual segments, and it is also in line with the findings from the whole artery analysis considering E0 and E1. The interesting finding of ultimate stress and strain increase in the case of CN and CD samples was not confirmed here, most probably due to a smaller dataset used for this individual analysis.
3.2.2.3 Comparison of Arterial Segments Within the Groups
When comparing the different segments within the individual vessel groups, we observed significant differences between these segments in both fresh and cryoprotected native vessels (FN and CN). This confirmed the differences in porcine arteries that were reported earlier (Kochová et al., 2012). In particular, the mechanical parameters E0, E1, and ultimate stress for the proximal segment have a clear trend to be lower than the values of middle and distal segments (apart from the ultimate strain). This trend was found to be statistically significant for E0 and E1 values of proximal (0.128 ± 0.074 MPa and 1.47 ± 0.55 MPa, respectively) and distal (0.851 ± 0.702 MPa and 6.5 ± 3.89 MPa, respectively) parts of CN vessels; for E1 values of proximal (1.54 ± 1.1 MPa), middle (6.48 ± 2.08 MPa), and distal (6.3 ± 2.46 MPa) parts of the FN vessels; and for the ultimate stress values of proximal (0.94 ± 0.43 MPa) middle (2.86 ± 1.42 MPa), and distal (2.97 ± 1.62 MPa) regions of the FN vessels. Moreover, we observed that these differences in native tissues can be transferred onto the decellularized scaffolds as in the case of Young’s modulus E1, where the value of the proximal part (3.08 ± 2.63 MPa) of the CD vessels was significantly lower than the E1 of its middle region (9.67 ± 4.61 MPa). The only exception was E0 in the FD group, where the mean value between the distal (0.125 ± 0.184 MPa) and proximal (0.105 ± 0.068 MPa) part was about the same.
Overall, the distal region presented higher values of E and ultimate stress and lower values of ultimate strain when compared to the proximal region due to lower elastin fiber content. If the elastin fibers are more abundant, the corresponding region of the artery, that is, the proximal part is more elastic and can reach a longer elongation. This is, in a way, supported by the ultimate strain values which were showing a trend of the proximal parts being higher than the other two parts, middle and distal (Figure 7C, bottom right). However, this trend was not proven to be significantly different. Young’s modulus E is the ratio between the stress and strain. If we hypothetically consider an equal stress but higher strain for these proximal parts, then we would expect the E values to be lower as a consequence. This is, indeed, shown in the graphs for both E0 and E1 values of the proximal parts, in some cases being statistically significant (Figure 7C, top left and right, respectively).
3.3 In Vitro Experiments
The compatibility of vessel scaffolds with the cells was analyzed by culturing scaffold stripes for 24 h with HUVECs. We also tested scaffold compatibility with rat ECs (rECs). As the concentration of residual detergents was still too high immediately after decellularization (scaffold storage solution showed mild foaming after a vigorous shake), we applied an additional 2-day wash and seeded the cells. At the same time, residual SDS concentration was measured both in solution after decellularization and in washing solution after a 2-day wash, with the SDS concentration decreasing from 0.0057% ± 0.0012–0.0025% ± 0.0006 (Figure 8A). Nevertheless, the cells did not show viability on the scaffolds even at this low SDS concentration (data not shown). Thus, we applied additional washing steps to obtain the 4-day washed scaffolds, with SDS concentrations reaching values very close to zero (the average value for all vessels evaluated was 0.0004% ± 0.0003, Figure 8A). With scaffolds prepared this way, we performed several 1-day in vitro experiments. The samples were assessed for cell viability and stained for cell and ECM protein presence by H&E and IF, respectively. The live/dead assay revealed that only some cells were kept alive even on 4-day washed scaffolds as the cell viability was 19% ± 12 and 29% ± 5 for HUVECs and 46% ± 15 for rECs representing three independent experiments (Figure 8B). The difference between the two HUVEC experiments seemed to be again linked to the residual SDS concentrations, which were still quite variable. 0.0002% of SDS was detected for scaffolds entering the experiment with 19% HUVEC viability, and 0.00008% was shown for experiments with 29% HUVECs and 46% rECs viability (Figure 8B, detailed values in Supplementary Table 3). The best viability was, thus, shown for rat endothelial cells on scaffolds with 0.00008% residual SDS that kept about half of the cells alive.
[image: Figure 8]FIGURE 8 | Endothelial cell culture in arterial scaffolds after 1 day: (A) SDS concentration with successive PBS washes; (B) Live/Dead assay images of three different 1-day seeding with HUVECs and rECs at different SDS concentration; live cells are depicted in green and dead cells in red; (C) Cells (dark blue) adhered to the ECM of tunica intima (H&E staining, vessel cross-section); (D) Vessel scaffold surface with attached cells (blue for nuclei; green for cytoskeleton) imaged by fluorescence microscopy; red fibers represent collagen I from the scaffold.
HUVEC culture on arterial scaffolds was also monitored by H&E staining and IF. Figure 8C shows an H&E image of a vessel cross-section with few HUVECs adhered. A perpendicular view of the vessel intima surface is shown in Figure 8D, where collagen I fibers were stained by immunofluorescence in red, and the cells are depicted in green. Sparse distribution and partially rounded cell shape are likely related to residual SDS content which was around 0.0002% in this experiment.
4 DISCUSSION
The need for small-caliber vessel grafts and the problems of thrombogenicity related to the use of polymeric materials have led to the development of acellular xenogeneic grafts (Fayon et al., 2021). Protocols for decellularization of carotid arteries from different species have been developed; however, they last for more than 1 day, making it difficult to adapt these lengthy procedures for future clinical use where timing is essential (Dahl et al., 2003; Roy et al., 2005; Dahan et al., 2012; Sheridan et al., 2012; López-Ruiz et al., 2017; Wang et al., 2017; Gu et al., 2018; Cai et al., 2019; Cheng et al., 2019; Cai et al., 2020). Thus, we decided to contribute to this field by developing a procedure that would be faster than the ones currently used, while maintaining the scaffold well-preserved.
4.1 High Tissue Protection
First , we focused on careful tissue explantation to maintain the vessels as intact as possible for future processing. This was facilitated by two factors: 1) having a large animal house available just next to the laboratory, and 2) long-term collaboration with the team of surgeons working in the neighboring faculty hospital who performed the explantation.
We also compared scaffolds that were freshly decellularized with vessels that were stored for a period of time at −80°C in a cryoprotective solution to increase the immediate accessibility of tissues for the future. The decellularization of a fresh artery without any unnecessary delay has the advantage to obtain a scaffold that is the closest to the native ECM. Generally, prolonged cold storage of vessels prior to decellularization, for example, during transportation might result in the damage of the ECM proteins. The cryopreservation, on the other hand, would keep the vessel stored until it is needed. Our approach to cryoprotection might seem contradictory to many decellularization protocols that suggest using freeze/thaw cycles for an increase in decellularization efficacy (Porzionato et al., 2018; Cheng et al., 2019). Plain freezing and thawing can, indeed, help cell removal. However, if complete decellularization can be achieved without this step, the natural structure of the ECM can be better maintained as possible protein damage caused by enzymes released from cells during uncontrolled freezing and thawing can be prevented.
We considered the contact time of the tissue with the detergent to be of great importance. Recently, we developed a fast protocol for decellularization of porcine liver lasting around 3 h (Moulisová et al., 2020), where we particularly focused on shortening the period of SDS perfusion. SDS is known for being very efficient but is also a harsh detergent, and thus some protocols for carotid arteries use a low SDS concentration (Cai et al., 2019; 2020) or completely avoid this reagent (Neff et al., 2011; Dahan et al., 2012; Sheridan et al., 2012). Nevertheless, using lower SDS concentrations or less efficient detergents results in much longer decellularization protocols, extending the time of arterial scaffold production, which takes 3 days and more (Neff et al., 2011; Dahan et al., 2012; Sheridan et al., 2012; Cai et al., 2019). Our approach is based rather on the strategy of shorter tissue contact with detergents as it seems to be better for the preservation of the scaffold’s inner structure and provides the scaffold in shorter time.
4.2 Decellularization Efficiency
However, the efficiency of our fast protocol adapted from vein decellularization appeared to be lower for arteries. In the case of veins, all cells were always removed (Massaro et al., 2021a), while only a proportion of the arteries was completely decellularized. Naturally, when compared to the veins, the arterial vessel wall is much thicker and more compact due to the presence of elastic layers and much higher abundance of smooth muscle cells. Still, some of the arteries were decellularized completely, which could be related to the variable distribution of elastic fibers within the vascular wall as described by Espinosa et al. (2018). Our more detailed analysis revealed higher efficiency for arteries decellularized from fresh tissue. This can be possibly explained by mild tissue damage, particularly of endothelial cells caused by cold ischemia during the typical overnight storage period of these vessels prior to decellularization. This damage is considered minor in the case of vessel graft storage prior to implantation for up to 24 h, however depending strictly on the preservation solution (Neil et al., 2002). According to that study, saline (which we used as our storage solution in this study) did not produce such strong damage related to mitochondria, cytoplasm, and nuclear structure in endothelial cells of rat aortas (Neil et al., 2002). Still, in our case, this mild damage could have an effect on easier accessibility of detergents into cells than that of the cells of vessels that were cryopreserved immediately after explantation and fast-thawed to avoid cell damage by ice crystal formation (Amini et al., 2020). Moreover, we observed high variability in the content of elastic fibers between individual animals, which can also contribute to the different levels of decellularization, disregarding the storage conditions. The role of interindividual variability is also supported by a recent report describing a clear effect of heterogeneity between individuals on the decellularization outcome in the case of human cardiac tissue and related limitations of standardized protocols (Tenreiro et al., 2021).
4.3 Good Protein Maintenance
We put in a substantial effort on evaluating the quality of the scaffold with respect to the molecular composition. We also considered the relationship between the vascular layer, the segment of the vessel on the one hand, and the mechanical strength on the other hand.
All three different layers of the arterial wall (tunica intima, media, and adventitia, as shown in Figure 2A) were visualized by several microscopic techniques. Based on the evaluation of microscopic images of samples, both native and decellularized, we assume the protein composition of the ECM of these three layers does not change after the decellularization procedure. Cai et al. described a decrease in the biochemical properties of porcine carotid arteries after using 1% of Triton X-100 and 0.3% SDS solutions in a 4-day long decellularization protocol (lower collagen content and looser scaffold structure) (Cai et al., 2019). Our study, on the other hand, confirmed good maintenance of ECM proteins of high importance such as collagen, elastin, fibronectin, and laminin using a combination of classical histological staining such as H&E, Picrosirius red, Verhoeff’s green trichrome, and orcein with specific immunofluorescence stainings. This implies that reasonable optimization of the protocol (increased SDS concentration, shortening the incubation time) can result in a high-quality scaffold to be used for cell repopulation. Other studies report that the protein content unchanged after the decellularization; however, the time to obtain these scaffolds is still longer than the one we report here (Sheridan et al., 2014; Cheng et al., 2019; Ilanlou et al., 2019).
4.4 Mild GAG Loss
Regarding the importance of GAGs for cytokine and growth factor retention in vessels [reviewed in (Lepedda et al., 2021)], we also included GAG staining in our study. We showed that native arteries have a high content in tunica media, while, basically, no GAGs are present in the adventitia. Based on histological staining, our decellularization protocol leads to a decrease in GAG content in tunica media, but still, some GAGs were preserved. A similar decrease has also been reported by other groups studying porcine carotid arteries (Cai et al., 2019; Cheng et al., 2019), while other groups did not monitor GAG presence at all (Sheridan et al., 2012). There are studies reporting that GAG loss is directly related to the SDS effect (Uygun et al., 2010) or to the effect of Triton X-100 (Mendoza-Novelo et al., 2011) decellularizing rat liver and bovine pericardium, respectively. However, considering the lower effectivity and prolonged decellularization procedure when other decellularization agents are used (Grandi et al., 2011; Kajbafzadeh et al., 2017), we assume the mild loss of GAGs could be an acceptable compromise when obtaining the scaffold faster and of high quality in other aspects such as protein content and mechanical strength. Nevertheless, whether this GAG decrease affects the repopulation procedure has to be investigated.
4.5 Retention of Mechanical Properties
Tunica media comprises mainly of smooth muscle cells and fibers of elastin and collagen. The decellularized ECM retains these structurally important fibers; thus, tunica media is the vessel part mainly responsible for the mechanical strength of the vessel. The external layer of the arterial wall, the adventitia, comprises fibroblasts and collagen fibers. Its role is to provide stability to the wall, and its presence depends on the type of artery (Holzapfel et al., 2000). Importantly, carotid arteries have been shown to vary between proximal and distal parts in the percentage of collagen, elastin, and actin (Tomášek et al., 2020). The elastin content decreases in favor of the smooth muscle cells and collagen content from the proximal toward the distal part of the vessel wall and inevitably influences the mechanical properties of different vessel segments (Tomášek et al., 2020). This suggests that the mechanical properties of different parts of decellularized scaffolds can also be influenced. Our detailed analysis of each individual segment confirmed that proximal vessel segments showed a higher ultimate strain and thus lower stiffness (Young’s modulus) than middle and distal segments that were also supported by some data from decellularized scaffolds. Thus, the segmentation of the scaffolds should be taken into account in future processing to ensure that a suitable segment is used, and random cutting of porcine carotid arteries in segments for the decellularization (Sheridan et al., 2012) should be avoided.
Previous studies reported weakened mechanical properties of porcine carotid artery scaffolds in comparison to native vessels and suggested different types of crosslinking to overcome this obstacle (Gu et al., 2018; Cai et al., 2019). Our work shows it is possible to obtain completely decellularized vessel scaffolds using a shorter protocol with mechanical properties maintained; thus, no additional complex modifications to restore the compromised quality are needed.
From the mechanical study, we only observed a difference between native and decellularized tissue in the case of opening angle values. The opening angle indicates the presence of residual stresses in the arterial wall that are mainly attributed to the smooth muscle cells (Rachev and Hayashi 1999). Thus, the loss of smooth muscle cells results in significant reduction of the circumferential stress. The results from both analyses and comparisons of opening angles of the whole arteries and individual segments are well-corresponding with this theoretical decrease of residual stress. Considering individual values, our results (56° for the native groups and 25° for the decellularized groups) are in line with those of Roy et al. that obtained opening angles around 69° in the native and 26° in the decellularized samples of porcine carotids (Roy et al., 2005).
Given that a decellularized vessel loses the cells in the process, we need to quantify if this loss influences its behavior. In order to increase our knowledge further, we decided to consider not only the differences between the native tissue, scaffold, and the single main regions of the artery but also include different storing conditions. We believe that for future translational use, the possibility to keep the native tissue and/or the scaffold stored would be beneficial in terms of the availability of the graft. Our findings evidenced that the decellularization procedure did not have an impact on the mechanical behavior in the longitudinal direction.
Looking at the vessels from the direction that is perpendicular to the longitudinal, Holzapfel et al. showed the influence of each layer of the arterial wall on the mechanical behavior of human coronary arteries (Holzapfel et al., 2005). They found out, by separating each layer, that the tunica adventitia can reach a stress of 1.3 MPa until rupture, while the tunica media and intima can only arrive at 0.4 MPa. Although we did not investigate the mechanical properties of each arterial layer separately in this study, we conclude it is important to keep all layers together for obtaining the scaffold which is as close to the native vessel as possible. Considering this aspect, we can state that our decellularized arteries present similar values as the native ones.
4.6 Compatibility With Cells
Tunica intima, the inner layer, is formed by endothelial cells to create a barrier between blood and the vessel wall. The endothelium is, thus, responsible for the antithrombogenicity of native blood vessels. There are studies successfully using endothelial cells for vessel scaffold repopulation to restore the intima (McFetridge et al., 2004; Quint et al., 2011; Dahan et al., 2012). It is important that the matrix stimulates cell adhesion and growth to reduce the risks of rejection and graft failure. In this work, we included a scaffold cytocompatibility experiment with two different cell types to test porcine scaffold compatibility with endothelial cells. We showed that both HUVECs and rECs can survive on the scaffold; nevertheless, we clearly showed that significant removal of residual detergents is absolutely necessary to keep the endothelial cells alive during repopulation. Our findings related to HUVEC sensitivity to residual SDS concentrations are in line with the publication of Zvarova et al. describing a very high susceptibility of endothelial cells, including HUVECs to low concentrations of this detergent (Zvarova et al., 2016). They report that endothelial cell types are affected by SDS concentrations as low as 0.00012%; at the same time, they show that other cell types are not so vulnerable, for example, hMSCs tolerate values around 0.002%. Apart from HUVECs, we also tested rat endothelial cells which were shown to be less susceptible than their human counterparts. Our results showing the high variation between cell viability of HUVECs and rECs on a matrix with comparable SDS residual content newly suggests different SDS sensitivity of endothelial cells from different species which has not yet been reported. At the same time, our findings highlight the importance of SDS residue monitoring in decellularized matrices. Provided that the SDS detergent residues are carefully removed from the scaffold, the cells would eventually be able to completely repopulate the scaffold and remodel the ECM for complete integration in the long term (Dahan et al., 2012).
5 CONCLUSION AND FUTURE PLANS
Our study showed that using our fast protocol, we could produce fully decellularized porcine carotid arteries with well-preserved ECM components and retain the mechanical characteristics of the native vessels. Although this protocol was not 100% efficient, it still brought the benefit of obtaining high-quality scaffolds. Moreover, we introduced a novel strategy of vessel cryopreservation using cryoprotective solution prior to the decellularization, which brings not only the benefit of the vessel available on demand but also better protection of the arterial ECM structure. We also confirmed the results of a previous study on the difference in mechanical properties in individual arterial segments and showed that this could be transferred onto the decellularized scaffolds. Finally, the thorough removal of SDS residues from scaffolds was shown to be crucial for endothelial cell survival after seeding. The next steps we are planning in this area are to modify the protocol to increase the decellularization efficiency and perform a detailed study on the scaffold repopulation with primary cells with in vivo testing as the proof of concept. In parallel, we would like to expand the mechanical testing toward the analysis of the inflation-extension tests. As the arteries have a physiological pressure range in the circumferential direction corresponding to systolic and diastolic pressures, the knowledge of the maintenance of such mechanical properties in scaffolds and eventually recellularized grafts is crucial when the risk of aneurysm development is considered.
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Vascular diseases contribute to intensive and irreversible damage, and current treatments include medications, rehabilitation, and surgical interventions. Often, these diseases require some form of vascular replacement therapy (VRT) to help patients overcome life-threatening conditions and traumatic injuries annually. Current VRTs rely on harvesting blood vessels from various regions of the body like the arms, legs, chest, and abdomen. However, these procedures also produce further complications like donor site morbidity. Such common comorbidities may lead to substantial pain, infections, decreased function, and additional reconstructive or cosmetic surgeries. Vascular tissue engineering technology promises to reduce or eliminate these issues, and the existing state-of-the-art approach is based on synthetic or natural polymer tubes aiming to mimic various types of blood vessel. Burgeoning decellularization techniques are considered as the most viable tissue engineering strategy to fill these gaps. This review discusses various approaches and the mechanisms behind decellularization techniques and outlines a simplified model for a replacement vascular unit. The current state-of-the-art method used to create decellularized vessel segments is identified. Also, perspectives on future directions to engineer small- (inner diameter >1 mm and <6 mm) to large-caliber (inner diameter >6 mm) vessel substitutes are presented.
Keywords: decellularization, recellularization, bioartificial, blood vessel, vascular tissue engineering, vascular replacement therapy
1 INTRODUCTION
Vascular malfunctions often result in various maladies and are a leading cause of global mortality. Existing treatments include medications, rehabilitation, and surgical interventions. Medications have been developed to regulate cholesterol levels, ameliorate vasoconstriction, and control blood pressure. Alternatively, rehabilitation offers non-invasive approaches that incorporate active counseling, diet adjustments, and tailored exercise to support significant lifestyle changes. In comparison, surgical options, which are the most invasive, include angioplasty and stenting, atherectomy, endarterectomy, thrombectomy, and vascular bypasses. Vascular bypass is often used to treat severe conditions in large- (inner vascular diameter >6 mm) to small-caliber arteries (inner vascular diameter >1 mm and <6 mm). This autologous form of vascular replacement therapy relies on harvesting vessels from a patient’s arms, legs, chest, and abdomen to replace damaged vascular compartments (Crane and Cheshire, 2003).
Unfortunately, harvesting vessels from recipients can cause significant donor site morbidity, require expensive surgical procedures to repair lesions at the donor site, and often result in multiple post-surgery side effects like restenosis, aneurysms, infections, chronic paresthesia, dehiscence, and long-term pain (Thomas et al., 2013). The aesthetic outcomes of these surgical procedures may have severe social and psychological impacts on the patients, thus negatively impacting the patient’s quality of life and introducing significant financial burdens if further corrective and cosmetic procedures are required. Besides, around one-third of patients do not have proper and sufficient vessels for replacement owing to pre-existing vascular diseases, vein stripping, and previous surgical interventions. These issues have called for the need to develop transplantable vascular substitutes.
An ideal vessel replacement or equivalent should be biocompatible and biodegradable, while it possesses integrative and functional properties to support normal in vivo physiologic conditions such as pulsatile high-pressure blood flow, be capable of growth, and be cost-affordable. Scientists and surgeons have developed artificial vessel substitutes for decades to address this issue. Traditional prosthetic vascular analogs have been designed using Dacron®, polyethylene terephthalate, and Goretex®, expanded polytetrafluoroethylene (ePTFE) (Peck et al., 2012), and polyurethane (Kakisis et al., 2017). These synthetic materials were proved inferior to autologous vessels due to their rapid-decreasing patency, limited durability after 2 to 5 years, lack of compliance between grafts and native anastomosis, and increased risk of thrombosis and inflammation (Lin et al., 2018). In comparison, tissue-engineered vascular grafts (TEVGs) devised from adaptive manufacturing technologies like 3D printing, electrospinning, hydrogelation, cell seeding, as well as the application of various acellular/cellular substrates have been used to create artificial/bioartificial vascular conduits. Overall, it has been challenging to develop vessel substitutes that meet all the requirements simultaneously.
Nevertheless, vascular decellularization technologies have shown promise in meeting these challenges in recent years. This process removes cellular components from the native tissues to create an extracellular matrix (ECM)-rich, non-immunogenic vascular scaffold. Like their original forms, these natural vascular templates are believed to maintain an ability to support vasculogenesis during the reseeding process. Previous studies have outlined endothelial cells (ECs) compatibility with ECM scaffolds. Such compatibility is crucial for cellular adhesion, proliferation, and migration needed to create a functional and intact endothelium bordering the inner lumen of replacement vascular segments (Xu et al., 2014).
Various sources, including human and animal cadavers, have been identified as the supply of native vessels for decellularization. However, allografting and xenografting techniques can reintroduce issues related to immunogenicity. These issues will, in turn, give rise to the rejection of allografts and xenografts by primitive multicellular organisms mediated by phagocytic cells, coagulation proteins, and possibly by complement-like proteins (Cohen et al., 2021). Beyond these issues, it is interesting to note that some decellularized vessel products are currently evaluated for clinical use. However, clinical outcomes are unsatisfactory because of the graft-related thrombosis, infection, and aneurysm compared with other alternatives such synthetic conduits. Research is also being conducted to eliminate genetic remnants that give rise to rejection by using advanced gene-editing tools.
This review outlines the native vascular structure and then transitions to decellularization approaches and mechanisms, including physical, chemical, biological, and combinational treatments used to create decellularized vascular segments. The current state-of-the-art approaches used to create decellularized vessel segments are identified. Challenges and future perspectives to engineer small- to large-caliber vascular substitutes are also presented. Additionally, this review discusses various mechanisms behind this technology and outlines a simplified model for a replacement vascular unit based on innovative approaches to reinforce the structure and enhance physiological functions.
2 THE NATIVE VASCULATURE STRUCTURE
Blood vessels are mainly categorized as arteries, veins, and capillaries, which nourish tissues and organs to sustain homeostasis. Generally, blood vessels can be characterized by their caliber, i.e., inner diameter (ID), as macrovessels (ID > 6 mm), small vessels (1 < ID < 6 mm), and microvessels (ID < 1 mm). Vessels within each of these three categories differ in cell composition, histological organization, and physiological function. However, all three types of blood vessels contain heterogeneous but well-orchestrated networks of ECM that regulate cellular and tissue functions and maintain vascular structural integrity. Adjacent thin endothelial cell layers found in the inner lumen are known for their endocrine and metabolic functionalities (Forslund and Metsärinne, 1992;Baumgartner-Parzer and Waldhäusl, 2001). ECs secrete substances that regulate vascular relaxation and contraction, angiogenesis, mitogenesis, blood clotting, platelet adhesion, and immune function.
The endothelium forms a crucial link between the cardiovascular and immune systems by expressing a range of innate pattern recognition receptors that allow ECs to respond to inflammatory stimulation, regulate immune cell recruitment, as well as extravasation into tissue targets. For example, ECs release endothelin, a potent vasoconstrictive polypeptide that exerts its major effects in both autocrine and paracrine regulations. This compound induces prolonged smooth muscle cell (SMC) contraction. Such secretions result in reduced blood flow, especially in renal and coronary circulations, and an increase in systemic blood circulation. Endothelin is also secreted in response to various biological stimuli, including vasoactive peptides such as angiotensin II, adrenaline, vasopressin, and thrombocytic products like transforming beta growth factor and thrombin.
SMC compartments within the vascular wall further control the vascular diameter, wall movement, and wall stiffness. From a classical perspective, these muscular regions can be divided into single- or multi-unit structures, as suggested by Bozler (Bozler, 1937;Bozler, 1970;Bozler, 1973). According to the Bozler model, single-unit (visceral) smooth muscle compartments are composed of cells electrically coupled by connexins through the formation of gap junctions. This unique conformation facilitates synchronous contraction, allowing the muscle layer to operate as an electrical syncytium. Whereas multi-unit smooth muscle layers, which are found in large blood vessels, lack, or rarely possess, gap junctions, differ from single-unit in that each smooth-muscle cell receives a synaptic input. This characteristic allows for the multi-unit smooth muscle to have much finer control. This division, which is based on motor nerve regulation and cellular electrical coupling, is predominately presented in the literature. However, this perspective does not fully describe the diversity of the tissue and is inconsistent with the experimental observations that have provided evidence of electrical coupling in all types of smooth muscles. A more recent division has been proposed to support phasic and tonic contractile responses that further outlines differences in cellular signaling and contractile kinetics.
The ECM is a microenvironment containing insoluble macromolecules that bind to its polymeric scaffold and soluble bioactive factors present in the liquid phase of this highly hydrated matrix, which regulate the behavior and functions of cells (Brown and Badylak, 2014). This microenvironment is an intricate multiphase network composed of an array of multidomain macromolecules organized in a cell/tissue-specific manner. Components of the ECM link or associate together to form a structurally stable composite, contributing to the mechanical properties of tissues and organs. At the same time, the ECM is a highly dynamic entity that is of vital importance, determining and controlling fundamental cellular functions, namely proliferation, adhesion, migration, polarity, differentiation, and apoptosis. Within these well-orchestrated networks are an abundance of glycoproteins, proteoglycans, glycosaminoglycans (GAGs), as well as structural proteins like collagen, elastin, and fibronectin, and laminin, which serves as the main component of the basal lamina (Davis and Senger, 2005; Hohenester and Yurchenco, 2013). These complexes define the two categories of molecules: glycosylated and fibrous proteins. Glycosylated proteins provide viscoelastic properties, support water retention, sustain osmotic pressures, and dictate proper fibrous protein organization (Iozzo and Schaefer, 2015). These qualities ensure tissue hydration that can withstand in vivo compressional forces (Yanagishita, 1993).
The fibrous extracellular networks of collagen and elastin provide the dominant mechanical responses of tissue. These two classes of fibrous proteins are secretory products from tissues and organs, and of these components, collagen is the most abundant fibrous protein and constitutes up to 30% of the total mass of mammalian proteins. Fibrous matrix proteins enable tissues to withstand high tensile and repetitive stresses without deformation or rupture. Collagen fibers have the greatest tensile strength and exhibit nonlinear responses when stretched, compared to elastin and fibronectin fibers, which are much more distensible (Williams et al., 2009). These structural ECM proteins work in tandem, whereby elastic fibers are tightly tethered to collagen fibrils to ensure that tissues resume their original shapes after compression or stretching. Moreover, during periods of extension, fibronectin fibers unfold to expose integrin-binding sites to facilitate cell adhesion. Such tension-activated cell-ECM adhesion is a central mechanism allowing cells to probe the mechanics of surrounding microenvironment (Merna et al., 2013). Once devoid of cells through decellularization, which isolates the extracellular matrix of the tissue from its native cells, it is hoped that the remaining matrices would offer a microenvironment naturally covered with molecular cues capable of initiating, for our purposes, vascular regeneration.
3 DECELLULARIZATION APPROACHES USED TO DECELLULARIZE BLOOD VESSELS
Decellularization offers a more efficient option to reduce the burdens of autologous grafting than other vascular tissue engineering (VTE) technologies, namely, those of a synthetic nature (Shakeel and Corridon, 2022). This approach generates far more accurate replicas of the ECM with superior bioactivity, immunogenicity, and biodegradability. This burgeoning technique relies on various physical, chemical, and biologic approaches or combinations of these individual approaches to rupture cellular membranes via immersive, agitative, and perfusive conditions.
Decellularization strategies vary widely based on distinct features of tissues, including structure, components, size, and thickness, as summarized in Table 1. Besides, antimicrobial treatments with penicillin, streptomycin, and amphotericin B are also applied to suppress antigen invasion (Jiménez-Gastélum et al., 2019). Theoretically, most cellular epitopes and antigens that trigger immune responses and contribute to implantation failure are ablated after vascular decellularization. As a result, decellularization leads to the optimized production of non-immunogenic vascular analogs that possess an ECM comparable to that of the native structure. Such an ECM scaffold can provide an environment conducive to cell integration/differentiation that is fit for in vitro vasculogenesis.
TABLE 1 | A systematic summary of decellularization methods, their mechanisms of actions, and related references.
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Physical treatments involve thermal shock (freeze-thaw cycles), high hydrostatic pressures, supercritical fluids, pressure gradients, electroporation, ultrasound waves, vacuum technologies, immersion and agitation, and perfusion have been applied for decellularization (Rabbani et al., 2021).
3.1.1 Free-thaw cycle
Thermal shock generated from freeze-thaw cycles, ranging from −87° to 37°, is applied to rupture cell membranes. Repeated freezing and thawing cycles help ice to form within the cytoplasm and cellular membranes. Various studies have established that damage to the plasma membrane occurs post-thaw stage, but there has been a debate on when the damage occurs during the cycle (Rabbani et al., 2021). Current mechanisms related to intracellular ice formation identify the plasma membrane as the primary injury site. During freezing, ice first forms in the extracellular water. This thermal change increases the ionic concentration in extracellular fluid and establishes an unregulated osmotic pressure gradient across the plasma membrane. This osmotic pressure gradient supports water efflux and cytoplasm dehydration and cell dehydration, while ice formation supports a phase transition leading to both mechanical and non-mechanical cellular damage.
This method can effectively remove cellular contents but may lead to minor ECM degradation and mechanical instability (Keane et al., 2015). Interestingly, the number of freeze-thaw cycles and the rates of temperature variation have not significantly affected decellularization efficiency, structure, or mechanical properties. Regarding blood vessels, Cheng et al. (2019). presented a study using freeze-thaw cycles to decellularize porcine carotid arteries, but this process was used in conjunction with chemical treatments of anionic and non-ionic surfactants. Microscopic and mechanical analyses unveiled well-maintained ECM morphology generated through the freeze-thaw cycles. Moreover, the resulting ECM was accompanied by the increase of arterial porosity after optimized use of both types of detergent. These results indicate that vascular scaffolds produced from the sequential use of freeze-thaw cycles and surfactants may serve as a promising option for VTE.
3.1.2 High hydrostatic pressure
High hydrostatic pressure (HHP) treatment is based on the generation of cold isostatic pressure on tissues immersed in saline to generate acellular scaffolds. The technique disrupts the cellular membranes within the tissue, and the resulting debris can be removed from the ECM scaffold after rinsing with saline solution (Funamoto et al., 2010). From another mechanistic perspective, reports have shown that HHP can induce mitochondrial damage, demonstrate the overproduction of ROS, and ultimately apoptosis (Le et al., 2020). This option relies on the fact that cell membranes are disrupted by pressures of 100 MPa, while the three-dimensional architecture of the ECM is maintained even at 980 MPa.
A study using HHP of 980 MPa for 10 min successfully decellularized porcine arteries. Generally, HHP-decellularization efficiently removed cellular components and debris, preserved tissue’s mechanical properties, and suppressed structural damage. However, the amount of force applied must be precisely controlled in order to avoid nonideal structural alterations underlying the histological structure of the ECM. This process also supported xenogeneic transplantation, as HHP-decellularized arteries appeared to suppress immune responses and can be regenerated by recipient cell infiltration (Negishi et al., 2015). Allogenic transplantation showed that the acellular vascular scaffold endured arterial blood pressure and resisted luminal clot formation.
3.1.3 Electroporation
Electroporation, a non-thermal and irreversible decellularization treatment, applies electrical pulses of microsecond duration to drastically enhance the cellular membrane permeability, presumably via the induction of nanoscale pores within lipid bilayers (Sano et al., 2010). Studies have shown that this technique is capable of decellularizing large volumes of tissue when combined with organ perfusion. Unfortunately, this application may be limited by the relatively small size of the electrodes used to induce the micropore formation and their propensity for generating tissue inflammation. However, this inflammatory response of immune system could be suppressed if decellularization was performed in vivo (Crapo et al., 2011). It should be noted that in vivo decellularization can lead to off-target and unwanted tissue degradation if not well-controlled.
Another form of poration utilizes mechanical wave-based ultrasound pulses to cleave intermolecular bonds, disrupt the cell membrane, and eliminate innate cellularities. Nevertheless, sonication-derived cavitation can severely damage tissue structure. Such effects were observed by Azhim et al. while studying the coupling between sonication and one of the most prominent chemical decellularization agents, SDS. Additionally, the porcine aorta was successfully decellularized by sonication at the luminal side and compared well to the results derived from treatment with SDS. The physical changes induced by this detergent resulted in the effective removal of DNA content and the retention of native mechanical properties (Sano et al., 2010). However, in some cases, immersion treatments need additional mechanical support in order to eradicate immunogenic components better. Hydrodynamic fluid forces induced by perfusion and alterations in temperature have remarkably reduced DNA residual content while maintaining the integrative ECM structures for the perseverance of mechanical functions (Zager et al., 2016).
3.1.4 Supercritical and subcritical fluids
A supercritical fluid is a substance that can exist as a gas or liquid, and is used in a state above critical pressure and critical temperature when gases and liquids coexist (Di Maio et al., 2021). Supercritical fluids have also been used to eliminate cell compartments within tissues and to elute detergents from scaffolds after decellularization. Supercritical flow-based decellularization can impart minimal effect on tissue’s mechanical properties, but the elevated pressure to create such fluids can impair certain ECM components (Keane et al., 2015). Commonly applied parameters in this technique are based on critical temperature of 31.1°C and pressure of 7.40 MPa achieved in supercritical carbon dioxide (SC-CO2). This method is largely favored as no additional washing procedures are needed, and the intact structure and mechanical features are unchanged. For instance, porcine pericardial tissue, aortic and arterial tissues were decellularized with SC-CO2-based approaches leading to the complete removal of lipids, including a notable decrease of pro-inflammatory fatty acids, as well as efficient DNA removal (Gil-Ramírez et al., 2020). This technique generated ECM scaffolds with essential proteins (collagen Type I, collagen Type III, collagen Type IV, elastin, fibronectin, and laminin) and pivotal biological and growth factors (GAG, VEGF). Yet, the complex and expensive apparatus required to generate these zero viscosity fluids may eventually limit its application.
Likewise, another surfactant-free decellularization technique has been identified, in this case, using a subcritical fluid. This method uses liquefied (subcritical) dimethyl ether (DME). DME dissolved in water is not toxic to microorganisms and exhibits resistance to autoxidation, and can be used to extract lipids from wet porcine tissues by using subcritical DME at 23°C with a DME pressure of 0.56 MPa. Afterwards, DME will evaporate from the aorta at room temperature due to its low boiling point. Interestingly, results from this study by Kanda et al. (2021) clarified that although subcritical DME inefficiently removes cell nuclei, it can be used in tandem with DNase and saline/ethanol washing treatments to remove cell nuclei. Hematoxylin and eosin staining, and DNA analyses confirmed that most cell nuclei were removed from the aorta roughly 1–3 days after the initial DME treatment. DNA analyses uncovered residual DNA content of 40 ng dsDNA per mg ECM dry weight in the aortic scaffold. This value is lower than the standard value of 50 ng dsDNA per mg ECM dry weight proposed by Crapo et al. as the minimal criteria to assess the efficacy of decellularization (Crapo et al., 2011; Bruyneel and Carr, 2017). Overall, these results have demonstrated that subcritical DME in conjunction with DNase eliminates the need to utilize surfactants.
3.1.5 Immersion and agitation
Immersive and agitative protocols are commonly used for hollow or less dense structures. This approach has been described for multiple tissue types, including blood vessels. The structure to be decellularized is immersed in chambers with decellularizing agents, and agitation is achieved with a magnetic plate, ultrasound source, shaker, or an agitator attached to the end of the chamber. It should be noted that the duration of the protocol of immersive/agitative approaches is a function of the tissue complexity, thickness, and density, as well as the detergent used, and the intensity and duration of applied treatment. Peristaltic pump-driven perfusion regimens can also be applied to enhance further the surface contact and homogeneity of the detergent-tissue interface (Syed et al., 2014).
3.1.6 Perfusion
Perfusion can be conducted in antegrade and retrograde patterns for homogenously distributing the lysing agents throughout the organ via its underlying vasculature. With this confirmation, it is crucial to define tissue-specific flow rates that will ideally support fluid distribution and limit the development of elevated levels of pressure, which can be detrimental to thinner-walled and less resistant microvessels. Large and small animal model protocols have also been defined for blood vessel decellularization by using porcine abdominal aortic and carotid segments (Xu et al., 2017), and rat coronary arteries (He and Callanan, 2013). In contrast, perfusion-based decellularization protocols are widely recommended for whole organs with intact arterial and venous connections and, in some instances, hollow structures like vessels that can directly support the passage of fluid (Corridon et al., 2017).
3.2 Chemical treatments
Several chemical treatments for decellularization have been proposed, including acids and bases, surfactants (single ionic, zwitterionic, and non-ionic forms), chelators, exogenous enzymes, and hyper-/hypotonic solutions. These decellularization solutions have varied effects in standalone applications or class combinations, resulting in ECM products with different compositions. Such heterogeneity is observed in diverse levels of cellular component denaturation.
3.2.1 Acids and bases
As an illustration, sodium hydroxide of sufficient strength can hydrolyze proteins in tissues to promote cellular debasement. Overall, alkaline treatments can introduce negative charges on the collagen molecules, which will create repulsive forces in tissues that drive substantial swelling suitable for pericardial decellularization (Mendoza-Novelo et al., 2011). Such treatment produced ECM scaffolds that possessed collagen structural networks, mechanical anisotropies, tensile moduli, tensile strengths, and strain maxima comparable to the native tissues. A study by Chuang et al. (2009) has also indicated that scaffolds generated by alkali-mediated decellularization efficiently removed native cells and DNA as revealed by histology and DNA analysis, respectively. This group aimed to develop tubular elastin scaffolds by using decellularization and removal of collagen from small-caliber porcine carotid arteries (diameters of approximately 5 mm). Alkaline extraction supported complete collagen removal while maintaining intact elastin and proteoglycans. Interestingly, the results from this study indicated that alkali-mediated decellularization is more conducive to cell repopulation than detergent-based methods.
Likewise, the combinations of reversible alkaline and nonionic surfactant (tridecyl alcohol ethoxylate) treatments retained general tissue structure and eliminated immunogenetic components. However, the inherent tissue swelling triggered a substantial loss of GAG content, and thus reduced viscoelasticity. Due to the acidic/basic properties of plasma membrane, pH directly affects membrane lipids, and substantial pH changes can induce lipid vesicle migration and extensive tissue deformation (Angelova et al., 2018). Acid oxidation can also lead to denaturation and loss of protein function. Specifically, acids can adversely alter protein stabilization by disrupting salt bridges and hydrogen bonds between the side chains, leading to denaturation. The process of protein oxidation frequently introduces new functional groups, such as hydroxyls and carbonyls, which contribute to altered biomolecular function and turnover.
For instance, peracetic acid has been used to create submillimeter-diameter vascular scaffolds. Yamanaka et al. decellularized rat tail arteries with an average inner diameter of 0.6 mm, using a combination of this acid and DNase I. Treatment with a 0.3% isotonic acid solution disrupted cell membranes and improved the decellularization efficiency in combination with the subsequent DNase treatment. A further illustration supporting combinative approaches outlined that the perfusion method was superior for cell removal compared to static immersion. However, histology showed that the perfusion of the DNase solution decreased ECM thickness, and this approach was not necessarily optimal for very thin vascular tissue decellularization.
In vivo application suggested that the reduction in mechanical strength of the decellularized scaffolds even after their luminal modification with peptides composed of collagen-binding and endothelial progenitor cell-binding sequences. These allogeneic implants remained patent for 2 weeks but unexpectedly ruptured after that. As often realized, this method identified the compromise between effective cell removal and maintenance of the ECM nature and highlighted the complexity in defining universal decellularization methods, the need to define protocols according to the type of target tissue, and its intended applications (Yamanaka et al., 2020).
3.2.2 Surfactants
Surface-active agents such as surfactants, are widely used in biology for protein extraction from cell membranes for protein crystallization, as well as destabilizing, denaturing, and membrane permeabilizing agents (Koley and Bard, 2010). It can be argued that detergent-based decellularization is the most extensively applicable approach to induce cell lysis by disarranging the phospholipid membrane and uncontrolled membrane proration. Sodium dodecyl sulfate (SDS) and sodium deoxycholate (SD) are the most used anionic detergents. SDS is recommended for decellularization because of its efficient removal of cellular and genetic components and is well known for having strong electrostatic interactions with proteins, generated between aliphatic regions of the amino acids arginine and lysine and positively charged amino acids within primary protein structures supported by interactions of the hydrocarbon chains of the surfactant (Aguirre-Ramírez et al., 2021). Studies outlining the denaturing effect of SDS on globular proteins have identified that this process occurs at different stages depending on the concentration of the surfactant. Initially, SDS monomers bind to the protein to form groups up to a critical concentration for initiating denaturation. Further monomer binding alters the protein secondary structure. However, SDS is toxic and, damages tissues and organs' structure and mechanical properties, and efforts are needed to ensure its removal from scaffolds at the end of decellularization.
Concomitantly, SD can produce highly biocompatible scaffolds through the solubilization of cell membranes, resulting in decellularized matrices with better bioactivity, which is more suitable for cell seeding and growth. Although SD is less toxic, it can cause DNA agglutination on the surface of the scaffolds (Boccafoschi et al., 2017), reducing decellularization efficacy. On the other hand, cationic surfactants are more toxic than anionic surfactants and less effective as decellularization agents. Compared to anionic surfactants, cationic surfactants are positively charged and have a milder protein destabilization effect as they interact with negatively charged amino acid side chains, like aspartate (Peloso et al., 2015) and glutamate. Reports have shown that such interactions between cetyltrimethylammonium bromide, a popular cationic detergent, and lysozymes which are very hydrophobic and weakly electrostatic, do not cause a change in secondary protein structure but adversely alters the tertiary structure (Khan et al., 2015).
In contrast, nonionic surfactants targeting lipid-lipid interactions have minimum toxicity and are superior in preserving ECM architecture but inferior for removing DNA compared to anionic surfactants. Triton X-100 is one of the most widely used nonionic surfactants for lysing cells to extract proteins and other cellular organelles or permeabilize the living cell membrane for transfection. The nonionic surfactant Triton X-100 is frequently utilized to remove the remnant SDS in the perfusion process of organs (Corridon, 2021; Pantic et al., 2022). This surfactant has a disruptive effect on the polar head group as well as hydrogen bonds present within the lipid bilayer, altering the compactness and integrity of the lipid membrane. The insertion of a detergent monomer into the lipid membrane begins at low concentrations, which eventually disrupts cellular structures and eventually over permeabilizing the membrane as concentrations increase to support bilayer to micelle transitions. Aortic valvular scaffolds created using SD and Triton X-100 after formaldehyde fixation possessed mechanical properties close to those of the native valves (Singh et al., 2022). Combinations of Triton X-100 and SDS have also produced decellularized porcine carotid arteries with minimal destruction (Cai et al., 2021).
Zwitterionic constructs are ubiquitous in biological systems, from proteins to di-chain phospholipids within cellular membranes, and contain both positively and negatively charged chemical groups within their headgroups. Naturally occurring di-chain phospholipids are the main components of cell membranes. Such moieties generally show high solubility in water, broad isoelectric ranges, and high resistance to changes in the pH and ionic strength of the solution media, and their surfactants are known to form micelles in solution. Zwitterionic detergents exhibit the properties of both nonionic and ionic detergents and their tendency to denature proteins is more significant than that of nonionic detergents (Gratzer, 2019). However, the net-zero electrical charge on the hydrophilic groups of zwitterionic detergents protects the native state of proteins during the decellularization process (Keane et al., 2015). The molecule denoted by 3-[(3 cholamidopropyl)dimethylammonio]-1-propanesulfonate (CHAPS) is a notable zwitterionic surfactant that effectively eliminates protein-protein interactions and can match the cellular removal capacity of SDS (Keane et al., 2015).
Acellular scaffolds created by using CHAPS have better preserved ECMs, and lower remnant cell concentrations than non-ionic detergents (Gilpin and Yang, 2017). Explicitly, CHAPS-derived scaffolds retain more collagen, GAGs, and elastin than SDS ionic detergent while removing more than 95% of nuclear materials. It also revealed that CHAPS could be used in both perfusion and immersion processes with excellent maintenance of ECM proteins and structure but incomplete removal of cellular debris like cytoplasmic proteins (Sullivan et al., 2012). Again, the results obtained using this powerful denaturing agent are concentration-dependent, as higher CHAPS concentrations can disrupt collagen networks and basement membrane integrity, similar to higher SDS concertation solutions. For the vasculature, CHAPS-treated arterial tissues have unaltered collagen and elastin morphologies, and the collagen content remains comparable to that of the native artery. Protocols using another zwitterionic surfactant, tributyl phosphate or tri-n-butyl phosphate (TNBP), revealed that it also has a decellularization capacity similar to that of SDS by adequately eliminating tissue cellularities and keeping the intact ECM (Meezan et al., 1975; Gilpin et al., 2014). Moreover, collagen matrix, GAGs, and biomechanical properties (including tensile strength and elasticity) were not significantly altered. Although residual cytoskeletal proteins (e.g., vimentin) were not wholly removed, TnBP is a viable option that warrants further study for other tissue types.
Simsa et al. (2018) performed a systematic comparison of SDS, SD, CHAPS, and TritonX-100 for decellularizing the porcine vena cava and found that all surfactants can efficiently decellularize blood vessels. They presented data that outlined the acellular scaffolds generated with ionic and zwitterionic surfactants retained appreciable and comparable mechanical strengths, level of collagen preservation, and ECM integrities, but TritonX-100-based treatment required additional and long-term DNase application for complete decellularization. This group also examined the in vitro potential of human umbilical vein endothelial cells to adhere and proliferate on the luminal decellularized surface. Interestingly, the non-ionic surfactant-derived scaffolds showed the most remarkable efficacy for recellularization. These results build up those obtained by Kuna et al. a year earlier in their report outlining the decellularization of the human saphenous vein by using Triton X-100, TnBP, and deoxyribonuclease (DNase) and subsequent recellularization by perfusion of the peripheral blood and the endothelial medium.
3.2.3 Chaotropes
Chaotropic agents disrupt the hydrogen bonding networks, van der Waals forces, and hydrophobic effects, specifically, non-covalent interactions in biological macromolecules, namely proteins (Salvi et al., 2005). Macromolecules attain more structural freedom that drives unfolding and destabilization through these agents while compromising the integrity of supramolecular assemblies (Hanai et al., 2020). Urea, a well-known chaotropic agent, denatures proteins and disrupts lipids and protein interactions to induce cell lysis, and chaotropic solubilization of proteins have prompted their evaluation of its potential as a decellularization agent (Wong et al., 2016). Over the years, urea has been used to produce ECM scaffolds from bovine umbilical veins (Wong et al., 2016).
3.2.4 Osmotic stress
Hypertonic or hypotonic solutions induce osmotic stress or shock responses that disrupt cell stability and interfere with the interaction between DNA and proteins. The osmotic shock lyses cells, but it does not remove the cellular residues that it releases into the matrix. In particular, waste derived from DNA is of paramount importance in all decellularization processes due to the tendency of the nuclear material to remain tethered to ECM proteins (Fu et al., 2014). As a result, endonucleases, exonucleases, and other kinds of DNA degrading enzymes are used in conjunction with this approach to guarantee the elimination of nuclear components from ECM (Mendibil et al., 2020). Agents that rely on tonicity have limited utility as a standalone decellularizer method but can be applied to enhance the action of detergents.
As an additive mechanism, this technique generally involves the initial application of a hypotonic solution to stimulate uncontrolled cellular swelling that results in osmotic lysis. The unregulated inward movement of water may also enhance the uptake of detergents into the cellular membrane. After that, a hypertonic solution is applied to expel water from the cell and induce cellular dehydration and shrinkage that helps cellular death and detachment from the ECM. Finally, an additional nuclease enzymatic digestion is used to remove residual DNA. Osmotic shock-based decellularization strategies have created acellular templates of blood vessels already.
3.3 Biologic treatments
3.3.1 Enzymatic approaches
Biologic treatments for decellularization are enzyme-based processes that disrupt the bonds and interactions between nucleic acids and interacting cells through the disruptions of neighboring proteins and other cellular components. Trypsin, nucleases (DNase and RNase), benzoase, and fetal bovine serum are widely used for decellularizing agents with low DNA, β-actin, and major histocompatibility complexes (MHC). These enzymatic agents are usually used with ethylenediaminetetraacetic acid (EDTA) or combined with surfactants to facilitate tissue or organ decellularization effectively (Rieder et al., 2004). These compounds have been widely investigated, and enzymatic treatments for decellularization can digest nucleic acids (DNA and RNA) and remove undesired ECM residues, as previously outlined for DNase activity (Rieder et al., 2004).
EDTA is a chelating agent that binds to calcium and prevents the integral proteins between cells from binding to one another. It is often used with trypsin, an enzyme that acts as a potent protease to cleave bonds between integral proteins of neighboring cells within a tissue. For instance, trypsin combined with EDTA cleaves cell-matrix adhesions to eliminate cellular and genetic materials after 24 h of treatment. This relatively short period appears to be appropriate for immunogenetic component abatement and mechanical property as well as vital surface molecule maintenance. However, trypsin/EDTA treatments can decompose salt- and acid-soluble collagens due to their higher affinity towards iron ions that stabilize this essential ECM protein (Zhang et al., 2016).
Furthermore, collagenases, proteases, and lipases have been used to remove cells in conjunction with other approaches. Collagenase-based treatments may be applied in cases that do not require a fully intact ECM. A study aimed to develop acellular-based vascular grafts from rodent iliac arteries outlined the application of collagenase IV detached the endothelium, and its combined use with detergents facilitated effective decellularization and eliminated MHC class I and class II antigens (Dall’Olmo et al., 2014). Lipase, e.g., phospholipase A2, treatments can hydrolyze the phospholipid component of tissues (Keane et al., 2015), while dispase, a well-known protease, would have prevented undesired cell aggregation and cleaved connections between fibronectin and collagen I and collagen IV to dislodge cells from the ECM (Fernández-Pérez and Ahearne, 2019; Nouri Barkestani et al., 2021; Neishabouri et al., 2022). Likewise, proteases like dispase and thermolysin (metalloproteinases) and lipase activities are not effective enough for complete delipidation and deproteination of the relatively large tissues and whole organs.
3.3.2 Combined physical, chemical, and enzymatic treatments
Physical, chemical, and enzymatic treatments are combined to optimize vascular decellularization. This approach successfully developed functional, small vessels using a novel combination of zwitterionic, ionic detergents, and enzymatic treatments. Native samples were infused with CHAPS buffer followed by SDS solution. After that, to ablate unwanted cellular debris of these samples, they were incubated in a mixture of endothelial growth media-2 (EGM-2), 12% fetal bovine serum, and an enzymatic cocktail (Row et al., 2017). This innovative treatment has shown promising results for ECM retention, improved adhesion of HUVECs and SMCs in vitro, and reduced intimal hyperplasia (Gui et al., 2009). Apart from that, pressure gradients approach can adequately produce acellular templates from veins and other hollow structures in conjunction with an enzyme-mediated decellularizing process (Sierad et al., 2015).
Besides these treatments, decellularization processes have been developed to create large vessel scaffolds. The porcine abdominal aorta (approximately 20 mm in length) was decellularized with dichloroacetate DCA and DNase I, and the ECM was preserved to retain maximal tensile strength. Vessels harvested from the placenta were attached to a perfused capillary and assembled into a circulation system to lyse cells. Collagen and GAG retention facilitated EC attachment and mechanical property maintenance (Mancuso et al., 2014).
4 Current state-of-the-art for decellularized blood vessels
4.1 Commercially available grafts
Commercially available decellularized vascular products include Artegraft® (bovine carotid artery), Solcograft (bovine carotid artery), ProCol® (bovine mesenteric vein), SynerGraft® (bovine ureter), MatrACELL® (decellularized ECM), decellularized human iliac or mammary veins, and Synergraft-processed cadaver vein allograft, which are clinically available (Kumar et al., 2011). For instance, Artegraft® is applied for hemodialysis, lower extremity bypass, and the treatment of traumatic arteries, whose advantages are reduced thrombosis, long-term durability, naturally biocompatibility, non-immunogenicity, and flexibility in multi-sizes for matching various host vessels (Pashneh-Tala et al., 2016).
ProCol® is a vascular bioprosthesis designed to form a bridge graft for vascular access when the previous prosthetic grafts have failed. This product supports vascular hysteresis to amplify pulsatile blood flow and possesses appreciable strength, durability, anastomotic compliance, and biocompatibility (Sharp et al., 2004). ProCol® has shown promising outcomes when used as a hemodialysis access line. Similarly, SynerGraft® (bovine ureter) is a foundation for the next generation of implantable biological tissues. For example, pulmonary and cardiac tissues treated with SynerGraft® were implanted into patients’ bodies without alloantibodies. Compared to standard cryopreserved allografts, SynerGraft® has excellent durability and better hemodynamics to suppress coagulation and maintain an integrative biological matrix.
This novel patented technology (SynerGraft®) created an underlying collagen matrix without epithelial cells, smooth muscle cells, and fibroblasts through denuding bovine ureters of cells by a series of hypotonic lysis and nuclease digestion (Das et al., 2011). These decellularized vascular products are processed by enzymatic/chemical methods, except for the SynerGraft® (bovine ureter) and SynerGraft®-processed cadaver vein allograft. Table 2 details the decellularization methods, indications, sizes, features, and other key properties of commercially available decellularized vascular products.
TABLE 2 | A summary of commercially available decellularized vascular products, their associated applications, and clinical performance.
[image: Table 2]4.2 State-of-the-art in vivo applications
Successful examples of decellularized vascular conduits include multiscale components from diverse sources like carotid arteries from goats, and sheep, pulmonary aortas of sheep, rat abdominal/thoracic aortas, rat/porcine arteries, human umbilical arteries, porcine vena cava, saphenous/radial arteries, jugular veins from dogs, bovine ureters, arterial tissues of sheep, SIS, as well as human amnion membrane (Bertanha et al., 2014). Due to the limited clinical success of decellularized vessels on the market, there are not many commercial products. Nevertheless, these decellularized vascular replacements offer better results than alternative synthetic conduits (Lin et al., 2018). This fact is also another reason that restricts their use. On the contrary, their potential to replace synthetic devices supports the need for further research that can bring improved decellularized vascular segments to the market.
Endothelialization and SMCs repopulation can be observed in different layers of vessel structure within scaffolds. Acellular vascular grafts have been used in various models (e.g., sheep, goats, dogs, rats, mice, rabbits, and humans), providing patency rates of over 50% for at least 2 weeks. It is evident that the materials can vary according to their xenogeneic or non-xenogeneic nature, source locations within the cardiovascular system, and dimensions. Nevertheless, after generating decellularized ECM-derived scaffolds, some of those systems were reseeded with SMCs, ECs, and fibroblasts in different layers, while the others were implanted into anastomotic sites for endothelialization and remodeling. Histological results showed the most prolonged period for the convergence of the endothelialization is 8 weeks, and obvious recellularization happened at 6 weeks. During the remodeling process, no significant calcification, intima hyperplasia, graft dilation, rupture, or anastomotic aneurysm was detected (Bertanha et al., 2014).
In such cases, small-caliber (ID = 4 mm) decellularized ovine carotid arteries were grafted into 10 sheep and presented reendothelialization within 6 weeks with remarkably thicker neointima and apparent ECM reconstruction (Rijken et al., 2000). Besides, in 2013, decellularized rat thoracic aortas anastomosed to abdominal aortas maintained fully patent for 8 weeks, while only minute postoperative calcification was observed (Schneider et al., 2016). Similarly, Sakakibara and his colleagues implanted a decellularized rat artery (ID = 2–3 mm) to substitute the rat’s abdominal aorta, which functioned for 14 months with complete ECs coverage after 5 weeks, contractile function at 12 months, and formation of tunica intima and media by the end of their study (Xiong et al., 2013).
ECM-mimicking human amnion membrane (ID = 3.2 mm) interposed the rabbit carotid artery and reached complete patency rate at 4 weeks without notable diameter and blood flow deduction but markedly thickened midpoint wall (Conklin et al., 2002). Moreover, the decellularized - SIS (ID =10 mm) successfully replaced the vena cava in canines (Kleinert et al., 1996). Regarding the decellularizing of the vena cava, remarkably few studies have reported successful transplantation. An example from a recent thesis presented decellularized porcine vena cava created by using a combination of detergents (SDS, SDC, Triton X-100, and CHAPS)(Simsa, 2020) and DNase, along with immersive/agitative-based incubation. Six pigs were implanted with a decellularized vena cava created by this technique, and the grafts were void of thrombus formation and intima hyperplasia during the 5-week observation period. Furthermore, the researchers observed vascular cells on the third-day post-implantation.
Apart from the aforementioned vascular replacements, which have been decellularized directly from tubular vessel structures, several vascular constructs have been decellularized indirectly by perfusing cardiovascular organs. An example of such an approach relied on first decellularizing rat hearts by coronary perfusion with ionic detergents (Ott et al., 2008). In that study, aortas were cannulated for retrograde heart perfusion resulting in acellular, perfusable vascular components. These scaffolds were then repopulated with cardiac and endothelial cells that remained intact for up to 28 days. Additionally, other scientists have applied decellularization methods to intact pulmonary/systemic arteries to generate heart valves for transplantation. At the same time, they also obtained decellularized vascular analogs (Boccafoschi et al., 2017) with the hopes of defining clinical products.
With current models, clinical translation of vascular-derived grafts must originate from preclinical trials. Thus, it is essential to examine the feasibility of decellularized vascular constructs for in vivo applications during these periods. As for large-ID blood vessel replacements, commercial synthetic vascular conduits such as ePTFE and Dacron® are currently preferred and widely used compared to decellularized vascular grafts (Matsuzaki et al., 2019). Commercially available decellularized vascular grafts have limited performance due to the lack of cellularity upon implantation (Spark et al., 2008) and high production costs (Pashneh-Tala et al., 2016). Yet, synthetic vessel analogs on the market have been raising concerns because of unsatisfactory clinical outcomes resulting from graft-related thrombosis, infection, and aneurysm, which are even worse in small-ID vessel grafts (Sharp et al., 2004). Therefore, decellularized products may provide a viable alternative to creating small ID vascular replacements in the future.
According to a meta-analysis performed by Skovrind et al. on preclinical trials related to small-diameter tissue-engineered vascular grafts, the patency of these segments is significantly affected by recellularization, TEVG length/diameter, surface modification, and preconditioning (Skovrind et al., 2019). At the same time, the scaffold type was less impactful. Specifically, their analyses showed that TEVGs with a median ID of 3 mm, 4 mm, and 5 mm showed patencies of 63.5%, 89%, and 100%, respectively. Besides that, they also indicated that this measure was not enhanced through recellularization using SMCs, ECs, nor affected by the endothelial origin. The patency was most likely improved by the long-term (46–240 h) recellularization. Likewise, data analyses presented that the median TEVG length (5 cm) and median follow-up time (56 days) for in vivo decellularized analogs may lack the capacity for future direct clinical translation. In comparison, small-caliber (ID = 4 mm) decellularized ovine carotid arteries presented reendothelialization within 6 weeks (Rijken et al., 2000). These decellularized rat thoracic aortas anastomosed to abdominal aortas maintained complete patency for 8 weeks (Schneider et al., 2016) and appeared suitable as a clinical translation model. The potential of analogous decellularized rat arterial segments (ID = 2–3 mm) to substitute for the rat’s abdominal aorta and be functional for 14 months (Xiong et al., 2013) is further highlighted by such results. Overall, these evaluations have been established on preliminary preclinical data, and the precise requirements to support the transition to the clinic remain ambiguous. Nevertheless, this reminds us that future studies on TEVGs should incorporate endothelial recellularization and bioreactor preconditioning. We also recommend more detailed and precise guidelines for testing and reporting TEVGs in large animals. Meanwhile, to generate robust and reproducible outcomes and clinical translation, interstudy comparisons and multiple factors that affect the efficiency of vascular grafts should also be conducted (Skovrind et al., 2019).
4.3 Advances with in vitro models
Several achievements have been made using in vitro models. For example, such models have shown that decellularized biological scaffolds possess a propensity to be reengineered with ECs, SMCs, HUVECs, human iliac artery endothelial cells, fibroblasts, myofibroblasts, adhesion, and growth factors (Xiong et al., 2013). The scaffolds vary widely and include umbilical arteries, saphenous arteries, aortas, placenta vessel matrices, umbilical veins, and small intestinal submucosa (Xiong et al., 2013). After reseeding with various types of cells as mentioned above, these decellularized 3D matrices can provide an appropriate biological plateau to investigate vascular remodeling in vitro. Some examples of results obtained using these conduits are presented below.
Dahl et al. created flexible decellularized SMCs-based conduits with ID ≥ 6 mm or between 3 and 4 mm seeded using ECs, while Gui et al. re-endothelialized decellularized umbilical arteries with HUVECs(Gui et al., 2009). In addition, porcine pulmonary ECs can be grown on the decellularized porcine saphenous artery (ID ≈ 2 mm). These studies also showed that decellularized vascular scaffolds could regain appreciable function and reduce thrombogenicity by supporting cell regrowth, adhesion, migration, and differentiation (Fitriatul et al., 2017). Similar work also revealed that small-caliber acellular vascular grafts (ID < 4 mm) produced from portions of the placenta network could support HUVEC-based reendothelialization and phenotypic maintenance (Schneider et al., 2016). Uzarski et al. also discovered a way to drive the recellularization of human umbilical veins by using diverse groups of ECs (Dahan et al., 2017). SIS-derived scaffolds can also retain various angiogenic growth factors (such as basic fibroblast growth factor (bFGF) and vascular endothelial growth factor (VEGF) that proved to facilitate some degree of human EC retention, yet approaches to support a complete endothelium needs further exploration (Bader et al., 2000).
As for large–caliber veins, porcine and leporine vena cava (ID ≈13 mm) are commonly decellularized in vitro. For instance, researchers have used a combination of 1% Triton X-100, 1% TnBP, and DNase under three physical conditions: static immersion, agitation, and perfusion, and concluded that agitation or low-velocity perfusion with detergents are preferable for obtaining integrative and functional vena cava. The rabbit vena cava has also been decellularized with agitated SDS and SD incubation at a rate of 160 rpm at 37 °C, illustrating that both detergents produced effective results (Bader et al., 2000). These studies emphasize the potential for scaffold development that may ultimately drive neovascularization.
5 FUTURE DIRECTIONS FOR DECELLUARIZING VESSELS
Decellularization technologies have demonstrated an outstanding potential for developing bioartificial vascular substitutes based on ECM composition, ability to support remodeling, and propensity to minimize immunogenicity. Nonetheless, this technology still faces challenges and needs profound improvements to optimize structure, function, safety, and functionality. From a preclinical view, present decellularization methods may adversely alter the mechanical integrity of vessels and retain cellular and antigenic components that can induce immunogenicity. The inherent difficulty in accurately mimicking vascular structure is highlighted by the fact that we are still awaiting approaches that can generate complete tunica that can withstand in vivo conditions. In this case, strengthening the viscoelasticity and mechanical features within the decellularized wall with hydrogel-based approaches may be useful.
From a clinical perspective, most decellularized vascular grafts are used as larger-diameter replacements in hemodialysis or peripheral arterial bypasses with disappointing outcomes due to graft thrombosis, infection, and aneurysms (Bertanha et al., 2014). Apart from that, calcification and other forms of damage are present in patients after vessel replacement/repairment surgeries. Moreover, the autologous decellularized vascular grafting approaches are scarcely utilized, which drives the need for cadaveric allograft- and xenograft-derived templates, which still need to show their ability to present consistent clinical advantages over widely available and cost-effective synthetic counterparts (Khan et al., 2017).
Regarding the future directions of decellularized vasculature, researchers are inclined to combine other techniques such as hydrogelation, 3D printing/electrospinning, bioreactors, and decellularization/recellularization techniques to generate highly biomimetic scaffolds matching personalized regimens with high efficiency. It is currently difficult to generate an ideal decellularized scaffold by applying a single agent or technique from previous research. Therefore, it is believed that combinational technique-based decellularized techniques are the best way forward to facilitate VTE. For instance, hydrogels containing decellularized ECM (dECM) have been investigated and show a remarkable capacity for vascular cell reseeding compared to dECM scaffolds. Such cells can be primarily encapsulated in the hydrogel structure, facilitating recellularization. Also, these hydrogels can be used to create 3D printed or electrospun vasculature segments (Amirazad et al., 2022). 3D printing or electrospinning processes may coat the dECM with ECs and SMCs, and embed various factors like VEGF and platelet-derived growth factors (PDGF) to support vasculogenic multiscale substitutes development.
Reliable sources to obtain various cell types, ways to improve cell culture, and processes that drive differentiation and widescale recellularization are still needed. Efforts should be continued to enhance and potentially automate bioreactor systems with artificial intelligence to supervise regenerative processes, record morphological changes and functional performance of scaffolds, and continuously adjust the nutrient delivery and waste removal regimens (Wang et al., 2021). Finally, emerging organoid technologies can also be leveraged to provide insight into models that share complexity and scale with the microvasculature and provide a platform for examining vascular integration and interactions between vessels and tissues/organs via vascularization on a chip approach.
6 SIMPLIFIED MODELS FOR GENERATING DECELLULARIZED VASCULAR UNITS
Malone was the first investigator to demonstrate the potential of decellularized vessels for clinical application by showing that small-caliber arterial scaffolds grafted into canines could remain patent for roughly 3 months without an immune response (Sicari et al., 2014; Reis, 2019). Numerous studies have been conducted to define decellularization methods within the past 4 to 5 decades since these pioneering studies conducted by Malone presented the benefits of this technique in 1983. Since then, various other pioneering studies outlined above have supported decellularized vessel development, yet substantial gaps in knowledge still limit the extensive commercialization of decellularization-based VTE. As a result, further studies are required to support optimization techniques and ways to engineer small- to large-caliber vascular substitutes that truly mimic their native counterparts as shown in Figure 1. Therefore, we propose to define some essential components of acellular vascular graft models and approaches that may support the development of enhanced clinical substitutes in the near future.
[image: Figure 1]FIGURE 1 | Structures of major native small- to large-caliber blood vessels.
The current state-of-the-art approach in the production of commercially available conduits highlights the limited structural composition of acellular compartments compared to native vessels. Native vessels possess diverse, complex, and well-defined layers, namely the tunica intima, tunica media, and tunica adventitia (or externa), with each having its own sub-layers/compartments which provide various structural and physiological functions. One can argue that instead of directly focusing on recrafting each independent layer, efforts within this field have been directed toward creating vascular walls that possess sufficient characteristics to support recellularization and in vivo pulsatile flow. Such research can simultaneously work to inhibit immune responses and thrombosis and, as technologies progress, help to realize the aim of extending this approach beyond the capabilities of synthetic grafts.
This simplified approach outlines vascular walls that rely on innate ECM-derived mechanical properties from the decellularized tunicas to support sufficient epithelial/endothelial cell regrowth, matrix stabilization, and functionalization. It is well known that the outmost layer of vessels is mainly composed of collagen-rich ECM. The functions of ECM provide signals that induce, define, and stabilize vascular phenotypes (Wagenseil and Mecham, 2009). Such characteristics must be maintained in the decellularized vessels since an intact, potent, and active ECM has a high potential for supporting long-term implantation. Furthermore, by using various decellularization methods, this model can be tuned to reinforce the structure and sustain adequate gas diffusion gradients and blood flow relative to the underlying contents and integrities of ECM fibers and glycoproteins. Perhaps such revised morphological and physiological properties are sufficient since the reduced cellular complexity no longer requires vasa vasorum to support additional nutrient and waste transport within the deeper layers of the vascular wall. There are two types of vasa vasorum: vasa vasorum externa and vasa vasorum interna. When the thickness extends beyond 1 mm, vasa vasorum are needed to support waste and nutrient exchange (Majesky et al., 2012). The former is found in the adventitia at its border with the media, and the latter originates from the luminal surface or the media and branches into the adjacent artery wall (Majesky et al., 2012).
Based on diffusion properties and considering what can be argued as the most complex vascular structure, the aorta, the existence of vasa vasorum makes diffusion more efficient by increasing surface area and reducing thickness, which Fick’s law of diffusion can be valid. This law states, [image: image], which describes the time course of gas transfer [image: image], with respect to its partial pressure, [image: image] and diffusion coefficient [image: image], as well as the surface area [image: image], and thickness [image: image] of the membrane facilitating solute transfer. However, with decellularization, it is unknown how well the structural components remain within the vasa vasorum. This issue can be further complicated across different species, as mice and other mammals with ≤29 elastic lamellar do not have vasa vasorum (Wagenseil and Mecham, 2009; Billaud et al., 2018), which indicates that choosing decellularizing sample species plays a vital role. Thus, larger mammals with >29 medial lamellar are preferable for exploring the vasa vasorum, and it might be generated through 3D printing and electrospinning since these two technologies focus on the microvasculature and can be investigated with powerful vascular in vivo modalities like micro-computed tomography (Zagorchev et al., 2010) and intravital microscopy (Eriksson, 2011; Corridon et al., 2021). Furthermore, this issue may be counteracted by the increased degree of ECM porosity that can be achieved with decellularization to support nutrient exchange with reseeding models.
It is also essential to consider various versatile molecules within the native ECM, such as GAGs (Dewey et al., 2021) and VEGF (Liang et al., 2001), for promoting vasculogenesis. GAG chains are attached to proteoglycans which, based on the physicochemical characteristics of the glycosaminoglycan component, provide hydration and swelling capacities that allow tissues to withstand compressional forces (Yanagishita, 1993). The large proteoglycans interact with hyaluronic acid, forming an extensive, interconnected polymeric network in the extracellular space (Davison et al., 1995). The types and amount of GAG chains linked to proteoglycans can affect the matrix assembly (Berry and Greenwald, 1976) and porosity (Corridon et al., 2006). Meanwhile, growth factors like VEGF can support the regrowth and differentiation of endothelium, as observed in decellularized models (Lin et al., 2018) and VEGF-coated stents to accelerate re-endothelialization (Swanson et al., 2003). These two factors may ultimately enhance the structural and functional abilities of the aggregated decellularized tunica.
Autonomic innervation also plays a vital role under a complex homeostatic mechanism observed within native blood vessels that helps to regulate vascular diameter. For example, in addition to the intrinsic vessels (vasa vasorum), the adventitia houses collections of nerve fibers called nervi vasorum, i.e., nerves of the vessel, which modulate vascular vasodilatative and vasoconstrictive capacities through the incorporation of SMCs. These muscular cells within the tunica media of the native aorta (and in media and adventitia of vena cava) deposit collagen and elastin fibers that account for tensile strength and distensibility, respectively. Previous studies suggest that less than 10% of collagen bears physiological pressure, while once the pressure rises, the collagen fibers are recruited to support the passive wall tension and limit aortic distention, making vessels progressively distensible (Davis, 1993). However, as pressures exceed the standard physiological threshold, collagen fibers automatically realign to limit radial expansion, and help elastic fibers recoil. This tightly regulated mechanism is lost in denervated decellularized vessels. As a result, retaining ECMs with optimal collagen and elastin fiber networks for vascular structures now devoid of nervi vasorum, SMCs, and thus, their innate regulatory capacities (Corridon, 2021).
Finally, ensuring that the anticoagulant nature of the decellularized vascular lumen mimics what is produced by the native endothelium will aid in preventing thrombosis. The endothelium achieves this by providing a surface that discourages the attachment of cells and clotting proteins (Yau et al., 2015). This layer also modulates vascular tone, blood cell aggregation, and deformability (Simmonds et al., 2014). Such traits impact the release of endothelial mediators in response to chemical (production of oxygen free radicals and nitric oxide that alter vascular tone) and physical (changes in blood viscosity that alter shear stress) stimuli (Forconi and Gori, 2013). These effects can be described by the Hagen-Poiseuille’s law, which states, [image: image], where the rate of blood flow [image: image] is influenced by blood pressure [image: image] and viscosity [image: image], as well as vessel length [image: image] and radius [image: image]. We have recently used this relationship to describe flow rates through the decellularized renal artery and vein under normothermic and hypothermic conditions in a whole decellularized organ model with controlled pressures and varying viscosities (Corridon, 2021). Thus, this relationship may provide a way to optimize the replacement graft diameter and length for a given grafting procedure. Another aspect that can stem from this approach is the inability to regulate the wall thickness of decellularized vessel products. The overall approach, as summarized in Figure 2, may identify the necessary and sufficient decellularized wall components capable of supporting gas diffusion and withstanding debilitating blood viscosities using global mean aortic widths, 2.67 ±0.27 mm (Liu et al., 2015), as a starting point. In particular, the model may also support combinative decellularization technologies to tune luminal surfaces with natural or synthetic polymers to reduce friction between moving blood and stationary acellular walls in large- to small-caliber replacement vessels.
[image: Figure 2]FIGURE 2 | Key elements and approaches to support the development of decellularized vascular grafts: (A) basic decellularization vessel model that can be tuned with various additives (B) using combinative approaches to generate improved vascular substitutes.
7 CONCLUSION
This review discussed different methods for decellularizing multiscale blood vessels. Theoretically, all of these methods can create acellular templates. Different decellularization strategies generate vessel substitutes with viable mechanical features, structures, and levels of patency, and combinational treatments have so far provided the best results. Ideally, scientists have to minimize immunogenicity and maximize physiological performance. So far, we have gained tremendous insight into how decellularizing agents impact native structures, which has led to successful cadaveric transplantation and xenotransplantation models, some of which have been translated to the clinical applications. These achievements, in turn, have spawned interest in generating commercially available vascular substitutes derived from natural materials to replace existing synthetic devices. However, several challenges must still be overcome to support this progression, including identifying unified decellularization and recellularization protocols and improving the basic tenets needed to support long-term implantation. Perhaps solutions to these major challenges may come from other combinative approaches that utilize emerging strategies. Altogether, the future appears promising as we strive to develop the state-or-the-art in VTE using decellularization technologies.
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Background: Nanofat grafting (NG) is a simple and cost-effective method of lipoaspirates with inter-syringe passages, to produce stromal vascular fraction (SVF) and isolate adipose-derived stem cells (ASCs). This represents a tremendous interest in the future clinical needs of tissue engineering. In this study, we optimized the NG technique to increase the yield of ASC extractions.
Methods: We analyzed three groups of SVF obtained by 20, 30, and 40 inter-syringe passages. The control group was an SVF obtained by enzymatic digestion with Celase. We studied their cell composition by flow cytometry, observed their architecture by confocal microscopy, and observed immunomodulatory properties of the ASCs from each of the SVFs by measuring inflammatory markers of macrophages obtained by an ASC monocyte co-culture.
Results: We have established the first cell mapping of the stromal vascular fraction of adipose tissue. The results showed that SVF obtained by 20 inter-syringe passages contains more statistically significant total cells, more cells expressing the ASC phenotype, more endothelial cells, and produces more CFU-F than the SVF obtained by 30 and 40 passages and by enzymatic digestion. Confocal microscopy showed the presence of residual adipocytes in SVF obtained by inter-syringe passages but not by enzymatic digestion. The functional study indicates an orientation toward a more anti-inflammatory profile and homogenization of their immunomodulatory properties.
Conclusion: This study places mechanically dissociated SVF in the center of approaches to easily extract ASCs and a wide variety and number of other progenitor cells, immediately available in a clinical setting to provide both the amount and quality of cells required for decellularized tissues.
Keywords: mechanical isolation, adipose tissue, SVF, recellularization, clinical applicability, adipose derived stem cells, nanofat, immunomodulatory properties
INTRODUCTION
Among current tissue engineering strategies to produce high-quality scaffolds, the so-called decellularization technique is the only technique yet to fulfill this goal (Badylak, 2002). Natural tissue-derived extracellular matrix (ECM), thus, brings the most complex 3D architecture, extensive components, and associated growth factors, with applications to a wide variety of simple to complex tissues, and organs (Crapo et al., 2011). The recellularization aspect, however, remains a huge challenge in order to reach clinical relevance, due to several limiting factors: the type and number of cells to be cultured, the cost of personalized medicine, and associated regulatory issues. As stated by Badylak (2016), the most realistic and applicable approach would be to use the human body's regenerative potential. Identification of adipose stromal cells (ASCs) (Zuk et al., 2002) within the adipose tissue (AT) made it valuable for clinical regenerative purposes (Wang et al., 2013). However, isolation and expansion of ASCs remain a long and expensive process, with the need for a laboratory step before its use back in a patient. This is the reason why stromal vascular fraction (SVF), a direct and easy source of ASCs and various cells types—like endothelial progenitor cells, smooth muscle cells, pericytes, M2 monocytes/macrophages, and regulatory T cells—appears to be a particularly promising aspect in the field. With already several examples of recellularization strategies based on SVF (Scarritt et al., 2015; Duisit et al., 2018; Tan et al., 2019; Gentile et al., 2020), SVF obtention and clinical handling have already been extensively studied in the field of plastic surgery, in particular through the nanofat grafting (NG) technique (Tonnard et al., 2013). The reference method to isolate SVF is enzymatic digestion (Aronowitz and Ellenhorn, 2013; Raposio et al., 2014). Some commercial devices are now available to produce SVF inside an operating room, but the process remains time-consuming and expensive (Aronowitz and Ellenhorn, 2013). Mechanical isolation of SVF with current devices represents a seducing alternative to the operating room, faster and cheaper than enzymatic digestion (Tonnard et al., 2013; Raposio et al., 2016; Mashiko et al., 2017). Chaput et al. (2016) showed that ASCs produced by mechanical isolation matched Dominici’s criteria (Dominici et al., 2006; Bertheuil et al., 2015, 2019) and were able to inhibit T-cell proliferation (Chaput et al., 2016). Since this study, it is now clear that the most interesting technique in a clinical setting is the NG technique (Tonnard et al., 2013), performing an AT emulsification through 30 intersyringe passages. It is a simple, reproducible, and cheaper procedure, but the scientific evidence that ASC yield was improved had not been given yet. Furthermore, Tonnard et al. (2013) initially stated that SVF resulting from the NG technique contained no adipocytes later; Lo Furno et al. (2017) showed that nanofat contains fewer adipocytes instead of none. Due to the very high potential of SVF as a cell reservoir for regenerative medicine and recellularization purposes, we focused on extending the scientific roundness of its bedside extracting techniques. The objectives of this study are as follows: 1) to optimize the NG technique and determine, with flow cytometry, the closest number of intersyringe passages to maximize SVF cellular composition and functionality; 2) to compare SVF architectural changes between mechanical and enzymatic digestions, as well as the presence of adipocytes, by confocal microscopy; 3) to study, by co-culture and flow cytometry, the immunomodulatory properties of different SVF-isolated ASCs toward macrophages, key players in tissue regeneration, especially the M2 anti-inflammatory type.
MATERIAL AND METHODS
Between March and July 2018, we included nine female patients undergoing an abdominoplasty procedure in the Department of Plastic Surgery of the University Hospital of Rennes, France. This study was approved by the Institutional review board and performed in accordance with the principles of the Declaration of Helsinki (1964, and the French bioethics laws of July 7th, 2011, after written informed consent from all patients. The mean age of patients was 42.7 years ( ±12.9 SD), and the mean BMI was 26.35 kg/m2 ( ±3.2 SD). AT was manually harvested using 4-mm-diameter cannulas with a 400-mmHg vacuum, before starting the abdominoplasty procedure. We aimed at comparing the group of mechanically extracted SVF to a control group of enzymatically isolated SVF.
Management of AT
For each group, a 10 g sample of AT was processed into SVF, according to its designated technique. The final product was washed with a phosphate-buffered saline (PBS, 14,040, Life Technologies, California, United States) solution and centrifuged at 680 g for 5 min. Cell pellets were collected to count the number of cells in each sample. We normalized the count of cells of each SVF per gram of initial AT.
Mechanical isolation
The AT sample was transferred into a 10-ml syringe with a Luer lock nozzle connected to an identical syringe, with a 3-way connector (Connecta Luer Lock, ref 394,601, Becton Dickinson, New Jersey, United States ). AT was emulsified by 20 (P20), 30 (P30), or 40 (P40) intersyringe passages, but with no filtration at 500 µm, contrary to Tonnard’s original technique (Tonnard et al., 2013). Mechanically isolated SVF suspensions were stored in 50-ml tubes until further processing.
Enzymatic digestion
AT was digested with 1 ml of PBS and 18 µl of Celase® (final concentration of 0.09 mg/ml) per gram of tissue for 25 min at 37°C, as recommended. The enzyme was neutralized with PBS, and the digested tissue was filtered through a 100-μm Steriflip® unit (SCNY00100 Merck Millipore, Massachusetts, United States), and it was then centrifuged at 680 g at ambient temperature for 10 min.
Conditioning of samples before analysis
In order to precisely analyze cell composition and avoid a bias between the two isolation processes, an additional extensive enzymatic digestion process was applied to the two groups: the objective was to obtain a fully digested cellular suspension, to be analyzed by flow cytometry after filtration. Thus, each sample from mechanically isolated SVF and enzymatically isolated SVF was digested for 45 min at 37°C on a shaker using a solution with 10 ml α-MEM (32,561, Life Technologies), 100 UI/mL, and 100 μg/ml penicillin/streptomycin (15140122, Life Technologies), 200 UI/mL, 100 UI/mL, and 100 μg/ml penicillin/streptomycin (15140122, Life Technologies), 200 UI/mL of type IV CLS-4 collagenase (rLS00189, Worthington), 1.6 UI/mL dispase (LS02104, Worthington), 10 UI/ml DNase (Pulmozyme, ref 10139247, Roche, Basel, Switzerland), and 5 mM MgCl, (magnesium chloride, ref AM95306, Ambion, Thermo Fisher Scientific, Massachusetts, United States). At the end of the digestion process, all samples were washed with PBS and filtered at 100 µm, as before, and the pellet was transferred in a PBS and 10 U/ml of DNase solution, with a volume of 1 ml per gram of freshly harvested tissue.
Immunophenotypic analysis
Each SVF sample was then centrifuged, and cell pellets were re-suspended in 300 μl of 1% PBS–albumin (ref BE17-512 F Lonza, Basel, Switzerland). Samples were incubated for 10 min at 4°C with FVS-780 (ref 565,388, BD Biosciences, United States) to study viability and then incubated with brilliant staining buffer (ref 563794, BD) in order to prevent any interference between Brilliant Violet and Brilliant Ultra Violet fluorochromes. Cells were incubated at 4°C for 25 min using the following antibodies: anti-CD146-BUV395 (ref 564326), anti-CD3− BUV496 (ref 564810), anti-CD45-BUV805 (ref 564916), anti-CD335-BV711 (ref 563043 BD), anti-CD11b-PE (ref PN IM25181U), anti-CD235a-FITC (ref PN IM2212U), anti-CD19-PC7 (ref IM328 Beckmann Coulter, CA, United States ) anti-CD14-PE (ref R0864), anti-CD16- PE (ref R7012, Dako Agilent Technologies, California, United States ), anti-CD15-PB (ref 323022, BioLegend CA, United States ), anti-CD31=PerCP eF710 (ref 46-0319-42 eBioscience Thermo Fisher Scientific MA, United States ), and anti-CD34-APC (ref 130-090-954, Miltenyi Biotec, Germany). After labeling, we performed erythrocyte lysis (ref S2364, Dako), and after a final wash, cell pellets were re-suspended in 240 µl of 1% PBS–albumin with 10 µl of DNAse and 50 µl of beads for counting (ref 424902, Beads Comp, BioLegend). Acquisitions were performed on a multicolor flow cytometer (BD, Fortessa X20, BD Biosciences).
Clonogenicity
The presence of colony forming unit fibroblasts (CFU-F) was assessed in SVF. Cells were seeded at 8 cells/cm2 in 25 cm2 plates with 5 ml of culture medium made of αMEM, fetal calf serum 10% (ref FB-1101/500 Bioserra), and penicillin-streptomycin (20 UI/mL final, ref 15140-122 Gibco, Thermo Fisher Scientific). The culture medium was initially replaced after 24 h and then twice a week. Staining took place on day 14 with a MCDH kit (ref 313590–313570 – 313560–313600, RAL Diagnostics, France). Colonies of more than 50 cells were considered CFU-F. The count of ASCs was defined as the number of CFU-F divided by the number of cells initially seeded.
Confocal microscopy
The objective was to detect residual intact mature adipocytes in mechanically isolated SVF. Adipocytes were stained with BODIPY 558/568 1/50 dilution (Invitrogen, Thermo Fisher Scientific), endothelial cells with Alexa Fluor 488-Isolectin 1/50 dilution (I21411 Invitrogen, Thermo Fisher Scientific), and cellular nucleus with DAPI 1/50 dilution (D9542-1 MG Sigma Life Science, Missouri, United States). We used a “whole-mount staining” protocol based on a technique described by Mashiko et al. (2017). Preparations were fixed with 4% paraformaldehyde with shaking for 10 min then rinsed three times with PBS. Then, preparations were incubated for 1 h with a saturation solution of PBS, saponin 0.01% final (S7900, Quillaja Bark Sigma life science), 2% bovine serum albumin (A3294 Sigma Life Science), and 4% donkey serum (CO6SB, Bio-Rad, California, United States). Staining was performed on approximately 500 μl of tissue for 30 min at room temperature while shaking. Tissue was placed on a microscopic slide using the “thick smear” technique. After a 12-h drying process, slides were observed by confocal fluorescent SP8 microscopy (Leica, Germany).
Immunomodulatory assay
The objective was to assess the in vitro functional ability of SVF-derived ASCs to polarize macrophages. The monocytes used were, therefore, stored in liquid nitrogen, obtained by elutriation of leuko-platelet concentrate from discarded banked human blood. At the end of passage 0, ASCs were co-cultured with monocytes at a ratio of 4:1 in RPMI (ref 61870-010, Life Technologies), fetal calf serum (ref FB-1101/500, Bioserra), penicillin-streptomycin 20 UI/mL final (ref 15140-122, Gibco), and M-CSF 100 ng/ml final (ref 216-MC-005 R&D Systems, Minnesota, United States). After 5 days, cocultures were stopped, and cells were stained with anti-CD45− BUV395 (ref 56379 BD), anti-CD73-BV786 (ref 7423635 BD), anti-CD206-APC (ref 550889 BD), anti-CD163-PE (ref 556018 BD), and anti-HLA-DR-BV605 (ref 562844 BD). Cells were analyzed in a multicolor flow cytometer. The control group was defined for M1/M2 differentiation: in order to create a reference scale of macrophage polarization, we performed an M1 and M2 differentiation in vitro, on the same batch of monocytes we used for the co-culture experiments. To promote differentiation, we added cytokines to the culture medium: GM-CSF (granulocyte macrophage colony-stimulating factor; 200 ng/ml) for M1 wells and M-CSF (200 ng/ml) for M2 wells. The plate was placed at 37°C for 5 days. On day 5, the culture medium of M1 macrophages received IFNg (40 ng/ml) and LPS (200 ng/ml), and the culture medium of M2 macrophages received IL4 (40 ng/ml), IL10 (40 ng/ml) and IL13 (40ng/ml). The plates were placed at 37°C for additional 3 days. The analysis took place on day 8 using the same panel we used in the co-culture. The mean fluorescence intensity of CD206, CD163, and HLA-DR of Fluorescence Minus One (FMO) tubes and TEST tubes was calculated on a monoparametric diagram.
Statistics
Statistical analysis was performed by GraphPad Prism 7.04 (GraphPad Software, GSL Biotech LLC, CA, United States ). We used a one-factor variance analysis test (one-way ANOVA) for comparison of conditions with one parameter and a Wilcoxon t-test for comparison of two versus two conditions. Results are shown with their standard deviations (SD). Graphic representation is shown with scatter plots. Dispersion is represented by the mean standard deviation (meanSD).
RESULTS
Flow cytometry
The exhaustive cartography of adipose-derived SVF, of mechanically isolated SVF compared to enzymatically isolated SVF samples (Figure 1), showed important differences between the two groups. However, mechanical M20, M30, and M40 groups presented the same distribution for each cell population, regardless of the number of intersyringe passages. Mechanically isolated SVF with P20 and P30 passages contained a higher number of cells than the enzymatically isolated SVF control group: 369 557 cpg (cells per gram of 167 initial tissue) ± 466 220 (p = 0.0078), 291 272 cpg ± 394 588 p = 0.0117), and 208 575 cpg ±318 774, respectively (Figure 2A). Mechanically isolated SVF contained more endothelial cells and pericytes than enzymatically isolated SVF (Figures 2B,D). Mechanically isolated SVF P20 had the highest number of cells expressing an ASC phenotype (CD45− CD31− CD34+) (Figure 2C). There was no difference between the two groups regarding the number of hematopoietic cells, but within the mechanically isolated SVF group, more intersyringe passages decreased their amount (Figure 2E); the same observation was made for the number of monocytes/macrophages (Figure 2F). There was no difference between the two groups regarding the number of hematopoietic subpopulation cells (Figure 3). An increase in intersyringe passages reduced the number of small cells (LT, LB, and NK) (Figures 3A–C) but had no effect on the bigger granulocytes and mastocytes (Figures 3D–F). The proportion of endothelial cells in enzymatically isolated SVF (8.02% ± 6.11) was significantly lower than that in mechanically isolated SVF and following passages: P20 with 43.77% ( ± 16.49, p = 0.0039), P30 with 50.09% ( ± 16.42, p = 0.0039), and P40 with 51.81% ( ± 20.33, p = 0.0039), relying to the proportional increase of other cell populations. Mechanically isolated SVF subgroups had similar repartition of their cell populations (Figure 4).
[image: Figure 1]FIGURE 1 | SVF phenotype gating strategy. Manual analysis on Kalooza software. (A) showed the gating of beads count. FVS-780 was the viability marker (B). (C) eliminate the doublets. CD235a stained erythrocytes (D). CD45 was expressed by hematopoietic cells (E). CD31 was expressed by endothelial cells (F). CD146 stained pericytes (on CD45− CD31−cells) (G). CD34 stained AUCs after an adapted gating strategy (G). CD11b, CD14, and CD16 (H) were pooled in a cocktail of antibodies on the same filter and stained myeloid cells. CD15 stained granulocytes (I). CD19 stained B cells (J), CD3 stained the T cells (K). CD335 stained NK cells (K).
[image: Figure 2]FIGURE 2 | Analysis of the cell populations from each SVF obtained for various methods. The results are expressed as the number of cells per gram of the initial fresh tissue. *p < 0.05, **p < 0.001, and ***p < 0.0001; ns: not significant. SVF: stromal vascular fraction.
[image: Figure 3]FIGURE 3 | Analysis of the hematopoietic (CD45pos) populations from the SVFs. Results are expressed as a percentage of the total number of cells, for each population. *p < 0.05, **p < 0.001, and ***p < 0.0001; ns: not significant. SVF: stromal vascular fraction.
[image: Figure 4]FIGURE 4 | Estimated distribution of the different SVF cell populations, distributed according to the color code indicated. The percentage represents the proportion of each cellular sub-population. SVF: stromal vascular fraction.
Clonogenicity
Mechanically isolated SVF P20 had a significantly higher rate of ASCs than enzymatically isolated SVF of 27.97% (± 7.18) compared to 22.11% (± 7.44) and p = 0.0243. (Figure 5).
[image: Figure 5]FIGURE 5 | ASC (CFU-F) representation in SVF. The results are expressed as a percentage of CFU-F. It was obtained by the number of CFU-F counted in relation to the number of cells sown. *p < 0.05, **p < 0.001, and ***p < 0.0001; ns = not significant. ASCs: adipose-derived mesenchymal stem cells; CFU-F: colony-forming unit–fibroblast; SVF: stromal vascular fraction.
Confocal microscopy
In the enzymatically isolated SVF group, confocal microscopic observation with BODIPY staining demonstrated the absence of any intact mature adipocytes. However, in mechanically isolated SVFs, all types of adipocytes (Figure 6) were detected, and the overall number of adipocytes decreased for P20–P40 passages. As expected, vascular structures were altered after a mechanical dissociation.
[image: Figure 6]FIGURE 6 | Immunofluorescence by confocal microscopy of the different SVFs. In red, adipocytes are stained by BODIPY; in green, endothelial cells are stained by isolectin coupled with Alexa Fluor 488, and in blue, nucleated cells are stained by DAPI. Shades of gray: transmission electron microscopy imaging of the same section. * False positive, lipid vacuole. SVF: stromal vascular fraction.
Immunomodulatory properties on monocytes and macrophages
Macrophages co-cultured with ASCs from all the different SVFs significantly increased their expression of the CD206 marker, compared to the control group. The RMFI values were the following: for the control group 15.87 (± 10.99); for the enzymatically isolated SVF 54.06 (± 34.70, p = 0.0156); and for the mechanically isolated SVF group 50.32 (± 33.4, p = 0.0156), 48.47 (± 32.80, p = 0.0156), and 52.87 (± 43.80, p = 0.0156) for P20, P30, and P40, respectively. No difference was observed between the different co-culture conditions. However, the expression of the HLA-DR marker was significantly decreased for all conditions, compared to that of the monocyte control group. We found an RMFI of 76.66 (± 6.71) for monocytes alone; 46.69 ( ± 27.91, p = 0.0343); and in the enzymatically isolated SVF group; 51.48( ± 31.65, p = 0.0343), 37.25 ( ± 23.69, p = 0.0223), and 40.02 ( ± 23.50; p = 0.0223) for P20, P30, and P40 mechanically isolated SVF subgroups, respectively. However, like for CD206 and CD163, there was no difference between the ASCs from the different methods of SVF isolation. The expression level increased for CD206 and decreased for HLA-DR, and co-cultured ASCs and monocytes tend to lead to an M2 phenotype. There was no difference between ASCs of different mechanically isolated SVF and enzymatically isolated SVF samples, regarding the polarization level of monocytes/macrophages (Figure 7). This means that a greater number of intersyringe passages increased the ECM destruction, as demonstrated by a progressive diminution of residues in the filter (Supplementary material S1), and did not release more cells as we thought it would but instead proportionally destroyed more of it.
[image: Figure 7]FIGURE 7 | Polarization of macrophages after co-culture with ASCs at the end of P0. The results are expressed as the fluorescence ratio of the TEST tube/FMO tube, obtained by mono parametric test. If the ratio is < 1, the marker is not expressed; between 1 and 2, the expression of the marker cannot be concluded, and 2 the marker is expressed. *p < 0.05, **p < 0.001, and ***p < 0.0001; ns: not significant. ASCs: adipose-derived mesenchymal stem cells.
DISCUSSION
The use of adipose tissue in surgery is both an ancient practice and a growing concept. Initially used as a filler substance, the discovery of ASCs by Zuk et al. (2002) and then the development of knowledge of this tissue, the cells that make it up and their properties have multiplied the medical indications. Seeking to concentrate the cells and purify the substrate for reinjection, several techniques have followed one another to optimize the grafting of adipose tissue. The Coleman technique is the most commonly used in current practice, allowing clean adipose tissue to be reinjected, and washed from this waste, to optimize engraftment. With a view to performing tissue regeneration, the objective is to overcome the filler effect of TA to concentrate the cells of interest (ASC, macrophages, and endothelial cells). Other techniques such as Microfragmented adipose tissue or LIPOGEMS® can reduce sub-millimeter adipocyte clusters (Bianchi et al., 2013). They have been shown to produce a reinjection substrate containing ASCs (Maioli et al., 2014) endothelial cells, pericytes, and anti-inflammatory and anti-angiogenic properties (Ceserani et al., 2016; Bouglé et al., 2018; Ragni et al., 2022). The indications are very promising for intra-tissue reinjection (Tremolada et al., 2016; Naldini et al., 2018; Ceresa et al., 2022), especially intra-articular injection (Cattaneo et al., 2018; Filardo et al., 2022), where the reinjected product combines the functionality of the cells of interest with a mechanical effect. However, from the perspective of tissue engineering, an SVF seems even more interesting because it further reduces the clusters and the filler effect of adipocytes by concentrating the cells of interest. An SVF obtained with the least possible manipulation, directly in the operating room and at a lower cost is of capital interest in current clinical practice and opens the door to new perspectives in the laboratory because of the number of cells obtained and their functionality.
We optimized the NG technique and demonstrated that the increase of intersyringe passages reduced the SVF final number of cells, adjusted per gram of AT, along with a reduction of ASC phenotypes and clonogenic cells (CFU-F). Interestingly, compared to enzymatically isolated ones, there were more cells in mechanically isolated SVFs. This was quite unexpected, compared to previous findings (Shah et al., 2013; Markarian et al., 2014; Chaput et al., 2016). It could be explained by the fact that, in order to perform flow cytometry on SVF, we had to use a 100-μm strainer to avoid clogging the cytometer. Second, enzymatic digestion had been described by Van Dongen et al., 2016 and by Mashiko et al. (2017) with only one collagenase. The cocktail was made of type IV collagenase, dispase, and DNase to avoid cellular aggregates and magnesium chloride, which acted as an enzymatic activator. This cocktail enabled us to analyze more thoroughly the composition of each SVF. Other studies compared the enzymatic activator to mechanical dissociation after straining for cytometric analyses (Tonnard et al., 2013; Aronowitz et al., 2015; Chaput et al., 2016; Mashiko et al., 2017), without taking into account this inherent bias. It should be noted that, unlike its original description, intersyringe emulsification was not filtered through a 500-μm sterile nylon: indeed, the pore size (500 μm) is too large to retain different cell populations of AT and would only retain fibrous and vascular structures not eliminated after digestion, as we previously demonstrated (Bertheuil et al., 2016). The number of cells per gram of initial AT (cpg), obtained after enzymatic digestion in our study (208 575 cpg ± 318774), was lower than Chaput’s (600 000 cpg) (Chaput et al., 2016) and Yoshimura’s (1 310 000 cpg) (Yoshimura et al., 2006). However, even with the same collagenase, the number of cells remains higher than that of Aronowitz and Ellenhorn, 2013 (101 061 cpg) who used the Cytori device. Chaput obtained fewer cells than we did (40 000 vs. 291,272 cpg) (Chaput et al., 2016) as Tonnard (19750 cpg) (Tonnard et al., 2013) without enzymatic digestion of mechanically isolated SVF. In contrast, Mashiko found more cells (around 600 000 cpg) with additional enzymatic digestion (Mashiko et al., 2017). This demonstrates the necessity of an additional enzymatic digestion step, in order to get a better representation of the isolated cell population and amount. Regarding the number of ASCs per gram of initial AT, our results found 55 643 ± 54 049 cpg with the M30 technique. In order to compare these results with the literature, we used the same gating strategy as Chaput (Chaput et al., 2016) and Mashiko (Mashiko et al., 2017). From their work, we can consider CD45neg CD31neg CD34pos cells as ASCs. Preliminary unpublished results of our laboratory (Bertheuil, 2017) confirmed these CD45neg CD31neg CD34pos also express CD73, CD90, and CD105 specific markers of MSCs. (Supplementary material S2). Mashiko et al. (2017) found more cells (150 000 cpg) but used a smaller syringe of 2.5 vs. 10 ml, which could have had an impact on the pressure put on the cells, when they are pushed through the connector. Through second enzymatic digestion, we found 57.58% ± 11.38 of ASCs in SVF which is more than what is described in the literature: 21.45% ± 2.52 (Chaput et al., 2016); 10.68% (Aronowitz and Ellenhorn, 2013), same enzyme but using the Celution device for digestion; 14% (Güven et al., 2012), with Sepax device. With mechanically isolated SVF obtained with P30, we found 30,52% ± 13.09 ASCs, which is in line with Mashiko’s findings of near 35% (Mashiko et al., 2017) and with Chaput’s findings of 38.11% ± 5.14 (Chaput et al., 2016) using a similar ASC gating strategy. It is interesting to note that Tonnard only found 5% (Tonnard et al., 2013) with ASC staining with only CD34+. We found an 8.02% ± 6.11 rate of endothelial cells with our enzymatic digestion, comparable to that of Chaput (7.64% ± 1.50) (Chaput et al., 2016). Although, unlike us, collagenase was used alone in that study, which means that enzymatic digestion had few impacts upon the vascular network. Sundarraj’s rate of 3% ± 1 is in line with our findings (SundarRaj et al., 2015). On the other hand, with P30 passages, we found 51.09% ± 16.42 of endothelial cells, which is much higher than that of Guven (25%) (Güven et al., 2012), Mashiko (25%–30%) (Mashiko et al., 2017), or Chaput (Chaput et al., 2016) studies. Interestingly, regarding CFU-F, enzymatically isolated SVF had a lower ASC rate (22.11% ± 7.44) than P20 and P30 mechanically isolated SVF. These results are the opposite of Chaput’s results of 36.74% ± 4.96 after enzymatic digestion and 17.79% ± 4.29 after mechanical dissociation, possibly due to the absence of second enzymatic digestion and an underestimation of mechanically isolated SVF content (Chaput et al., 2016). Aronowitz et al. (2015)found only 16% of CFU-F with the Celution device (Aronowitz et al., 2015). In our study, with regards to the overall number of cells per gram of initial tissue and the number of ASCs, the P20 technique was superior to the P30 and P40 mechanically isolated SVF. It means that a greater number of passages between syringes increases the extracellular matrix disruption, as observed with fewer residues in the filter and not releasing as many cells as expected, but instead destroying these cells. In his work, Tonnard et al. (2013) claimed that there were no adipocytes in the reinjected product because of the absence of viable adipocytes, as assessed by direct fluorescence microscopy, after AM-calcein and DAPI staining. Here, we demonstrated the presence of adipocytes after mechanical dissociation, regardless of the number of passages between the syringes. This major difference is probably related to the confocal microscopy technique which, unlike fluorescence microscopy, is more precise and allows the visualization of a cell. Immunomodulatory properties of MSCs are well known but those of ASCs are less well documented, especially when obtained by mechanical dissociation (Mallis et al., 2021). A previous study (Chaput et al., 2016) showed that mechanically isolated SVF isolated ASCs presented a similar inhibition of proliferation of activated T-lymphocytes after one culture passage, compared to ASCs from enzymatically isolated SVF. We also assessed if ASCs from mechanically isolated SVF and enzymatically isolated SVF had similar immunomodulatory properties on macrophages, key players in tissue regeneration processes. When SVF is directly reinjected in a tissue, the immunomodulatory effect of ASCs on macrophages seems more relevant for regenerative purposes. We determined the effect of each ASC group based on the phenotype modifications of cocultured monocyte cells. The expression of three markers (CD206, CD163, and HLA-DR) was used to determine the polarization state of cells, allowing us to conclude that macrophages from mechanically isolated SVF had the same M2 orientated profile as those from enzymatic isolated SVF. M2-orientated polarization documented here is an additional element to comfort the application of the NG technique, with mechanically isolated SVF to seed engineered tissues and promote in vivo regeneration. Regarding immunomodulatory properties of ASCs, depending on the type of isolation methodology, a previous study showed that the mechanically isolated ASCs demonstrated a similar inhibition of proliferation of activated T lymphocytes in CFSE, after one culture passage (Chaput et al., 2016), as it is known for MSCs (Mallis et al., 2021). This is particularly interesting for cell therapy purposes. However, when directly reinjecting SVF in a tissue, meaning without any laboratory step between clinical procurement and mechanical processing, the immunomodulatory effect of ASCs on macrophages seems more relevant. In this work, it was difficult to get an exhaustive profile demonstrating a pro-inflammatory (M1) or anti-inflammatory (M2) environment, especially in vivo where a control group is difficult to achieve. This determination is based on the cell’s phenotype, its phagocytosis ability, and its secretory profiles. We used a shortcut commonly described in studies that analyzes only surface markers of macrophages. The variation in the intensity of expression of three markers (CD206, CD163, and HLA-DR) was used to determine the polarization state of cells. We wanted to look at the macrophage’s status within the reinjected SVF and the immunomodulatory effect of ASCs after one passage in culture on macrophages in vitro. First of all, the in vivo marking (CD206, CD163, and HLA-DR) on myeloid sub-populations allowed us to conclude that macrophages from mechanically isolated SVF had a more anti-inflammatory profile than those from enzymatic isolated SVF. Nevertheless, we could not conclude their polarization without measuring the specific cytokines as explained previously. This is in line with the literature where it is now clearly accepted that MSCs promote a macrophage M2 profile. Dong et al. (2013) showed that CD206 and CD163 increases in PCR, when adipose tissue is cultured with SVF in mice, tend to show that ASCs give macrophages an M2 profile. Moreover, Kim and Hematti (2009) also demonstrated that co-cultured macrophages and ASCs have a higher expression of CD206 and an increased secretion of IL-10 and IL-6, as long as reduced secretion of TNF alpha and IL-12. Adutler-Lieber et al. (2013) showed that in a co-culture of monocytes and ASCs, there is an increased expression of CD-206 and CD-163, increased secretion of IL-13, IL-4, VEGF, and IL-10, and reduced secretion of IL-1, IL-12, TNF alpha, IL-17, and INF gamma. Rybalko et al. (2017) showed a proportional increase of CD-206 within the ASC coculture when the macrophage/ASC ratio reached 5:1. Our findings are not statistically significant even though we used a 4/1 ratio in culture. However, immunomodulatory properties of ASCs obtained by mechanical dissociation are not known. We, therefore, preferred to initiate a co-culture with non-oriented monocytes in case these types of ASCs orient macrophages toward an M1 profile. The demonstration of their capacity to orient macrophages toward an M2 profile would have been strengthened if the same results had been demonstrated on macrophages pre-oriented toward an M1 profile instead of neutral monocytes. Nevertheless, the M2 polarization of ASCs obtained by mechanical dissociation seems interesting for regenerating tissues. Moreover, in vivo, there are no M1 or M2 macrophages which are laboratory creations but a continuum of macrophages going from M1 to M2.
CONCLUSION
The SVF use represents a major strategy in the clinical ECM recellularization approach: a large source of autologous progenitor cells, both in cell types and number, being easily harvested with the minimal morbidity of liposuction or lipectomies—classically used in plastic and aesthetic surgery—as well as an easy and cost-efficient extraction. The so-obtained SVF can then be processed to cellularize engineered constructs, either directly in an operating theater, or to be used in a bioreactor. The great advantage is also to avoid all the regulatory constraints as cells are autologous and with very limited manipulation. Our work is the first to precisely detail this human adipose-derived SVF composition and optimize the mechanical technique, compared to the enzymatic approach. It gives an exhaustive listing of the different cellular actors involved. However, interaction mechanisms between the different cell sub-populations and host tissues are still to define. This work suggests modifying the existing NG technique with 20 intersyringe passages is optimal. For regenerative purposes in the operating room, mechanical SVF will play an important role in the therapeutic arsenal of the regenerative surgeon because of the M2 macrophages’ anti-inflammatory and pro-angiogenic abilities, which are true architects of regeneration. It is undeniable that there is a clinical benefit when mechanical SVF contains myeloid cells with an anti-inflammatory profile and the same overall number of cells as enzymatic SVF. Moreover, mechanically isolated SVF has a greater number of endothelial cells, which promotes a pro-angiogenic environment and a greater number of immunomodulatory/anti-inflammatory ASCs, with greater clonogenicity. Given its low cost of production, especially compared to enzymatic digestion in a laboratory or use of the Celution device (2400$ for one dissociation) (Aronowitz and Ellenhorn, 2013), mechanical SVF after 20 passages between two syringes appears as a very efficient and affordable technique. Furthermore, their clonogenicity ability is not altered after P0 culture which means mechanically isolated SVF could also become a reference to produce ASCs for cell therapy.
DATA AVAILABILITY STATEMENT
The raw data supporting the conclusion of this article will be made available by the authors, without undue reservation.
ETHICS STATEMENT
The studies involving human participants were reviewed and approved by the Ethics committee, University of Rennes I, Rennes, France. The patients/participants provided their written informed consent to participate in this study.
AUTHOR CONTRIBUTIONS
PG: conception and design of the study, processing sampling and performing the experiment, interpretation of the data, and drafting of the manuscript. JD: conception and design of the study. JD: extensive revision of the article. CM: translation and revision of the article. AV, KT, and BC: conception of drawing. EW and EL: revision of the article. SL: development of the flow cytometry matrix. NB: conception and design of the study, drafting of the manuscript, and final approval of the version to be published.
ACKNOWLEDGMENTS
The authors thank Menard Cedric for his support in flow cytometry analysis at the Cytometry and Cell Sorting Platform (INSERM/UPS-UMR1048). They also thank Isabelle Bezier, Maelle Latour, and Nadège Bescher for the education of experimentation techniques and Marion Guirriec for assistance in confocal microscopy. Salary of the first author was financed by “bourse année recherche CHU de Rennes” .All experience was financed by “bourse projet CORECT CHU de Rennes”.
PUBLISHER’S NOTE
All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors, and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.
SUPPLEMENTARY MATERIAL
The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fbioe.2022.895735/full#supplementary-material
REFERENCES
 Adutler-Lieber, S., Ben-Mordechai, T., Naftali-Shani, N., Asher, E., Loberman, D., Raanani, E., et al. (2013). Human macrophage regulation via interaction with cardiac adipose tissue-derived mesenchymal stromal cells. J. Cardiovasc. Pharmacol. Ther. 18, 78–86. doi:10.1177/1074248412453875
 Aronowitz, J. A., and Ellenhorn, J. D. I. (2013). Adipose stromal vascular fraction isolation: A head-to-head comparison of four commercial cell separation systems. Plastic Reconstr. Surg. 132, 932e–9e. doi:10.1097/PRS.0b013e3182a80652
 Aronowitz, J. A., Lockhart, R. A., and Hakakian, C. S. (2015). Mechanical versus enzymatic isolation of stromal vascular fraction cells from adipose tissue. SpringerPlus 4, 713. doi:10.1186/s40064-015-1509-2
 Badylak, S. F. (2002). The extracellular matrix as a scaffold for tissue reconstruction. Semin. Cell Dev. Biol. 13, 377–383. doi:10.1016/s1084952102000940
 Badylak, S. (2016). Perspective: Work with, not against, biology. Nature 540, S55. doi:10.1038/540S55a
 Bertheuil, N., Chaput, B., Berger-Müller, S., Ménard, C., Mourcin, F., Watier, E., et al. (2016). Liposuction preserves the morphological integrity of the microvascular network: Flow cytometry and confocal microscopy evidence in a controlled study. Aesthet. Surg. J. 36, 609–618. doi:10.1093/asj/sjv209
 Bertheuil, N., Chaput, B., Ménard, C., Varin, A., Garrido, I., Grolleau, J. L., et al. (2015). Adipose-derived stromal cells: History, isolation, immunomodulatory properties and clinical perspectives. Ann. Chir. Plast. Esthet. 60, 94–102. doi:10.1016/j.anplas.2014.09.014
 Bertheuil, N., Chaput, B., Ménard, C., Varin, A., Laloze, J., Watier, E., et al. (2019). Adipose mesenchymal stromal cells: Definition, immunomodulatory properties, mechanical isolation and interest for plastic surgery. Ann. Chir. Plast. Esthet. 64, 1–10. doi:10.1016/j.anplas.2018.07.005
 Bertheuil, N. (2017). Le tissu adipeux : Approfondissement des connaissances fondamentales du tissu et de son compartiment vasculaire stromal, intérêt clinique pour la chirurgie plastique. Available at: https://www.theses.fr/2017REN1B051 (Accessed July 9, 2022). 
 Bianchi, F., Maioli, M., Leonardi, E., Olivi, E., Pasquinelli, G., Valente, S., et al. (2013). A new nonenzymatic method and device to obtain a fat tissue derivative highly enriched in pericyte-like elements by mild mechanical forces from human lipoaspirates. Cell Transpl. 22, 2063–2077. doi:10.3727/096368912X657855
 Bouglé, A., Rocheteau, P., Hivelin, M., Haroche, A., Briand, D., Tremolada, C., et al. (2018). Micro-fragmented fat injection reduces sepsis-induced acute inflammatory response in a mouse model. Br. J. Anaesth. 121, 1249–1259. doi:10.1016/j.bja.2018.03.032
 Cattaneo, G., De Caro, A., Napoli, F., Chiapale, D., Trada, P., and Camera, A. (2018). Micro-fragmented adipose tissue injection associated with arthroscopic procedures in patients with symptomatic knee osteoarthritis. BMC Musculoskelet. Disord. 19, 176. doi:10.1186/s12891-018-2105-8
 Ceresa, C., Borrone, A., Fracchia, L., Rinaldi, M., Marchetti, A., Tremolada, C., et al. (2022). Lipoaspirate shows in vitro potential for wound healing. Pharmaceutics 14, 447. doi:10.3390/pharmaceutics14020447
 Ceserani, V., Ferri, A., Berenzi, A., Benetti, A., Ciusani, E., Pascucci, L., et al. (2016). Angiogenic and anti-inflammatory properties of micro-fragmented fat tissue and its derived mesenchymal stromal cells. Vasc. Cell 8, 3. doi:10.1186/s13221-016-0037-3
 Chaput, B., Bertheuil, N., Escubes, M., Grolleau, J.-L., Garrido, I., Laloze, J., et al. (2016). Mechanically isolated stromal vascular fraction provides a valid and useful collagenase-free alternative technique: A comparative study. Plastic Reconstr. Surg. 138, 807–819. doi:10.1097/PRS.0000000000002494
 Crapo, P. M., Gilbert, T. W., and Badylak, S. F. (2011). An overview of tissue and whole organ decellularization processes. Biomaterials 32, 3233–3243. doi:10.1016/j.biomaterials.2011.01.057
 Dominici, M., Le Blanc, K., Mueller, I., Slaper-Cortenbach, I., Marini, F., Krause, D., et al. (2006). Minimal criteria for defining multipotent mesenchymal stromal cells. The International Society for Cellular Therapy position statement. Cytotherapy 8, 315–317. doi:10.1080/14653240600855905
 Dong, Z., Peng, Z., Chang, Q., and Lu, F. (2013). The survival condition and immunoregulatory function of adipose stromal vascular fraction (SVF) in the early stage of nonvascularized adipose transplantation. PLoS ONE 8, e80364. doi:10.1371/journal.pone.0080364
 Duisit, J., Amiel, H., Wüthrich, T., Taddeo, A., Dedriche, A., Destoop, V., et al. (2018). Perfusion-decellularization of human ear grafts enables ECM-based scaffolds for auricular vascularized composite tissue engineering. Acta Biomater. 73, 339–354. doi:10.1016/j.actbio.2018.04.009
 Filardo, G., Tschon, M., Perdisa, F., Brogini, S., Cavallo, C., Desando, G., et al. (2022). Micro-fragmentation is a valid alternative to cell expansion and enzymatic digestion of adipose tissue for the treatment of knee osteoarthritis: A comparative preclinical study. Knee Surg. Sports Traumatol. Arthrosc. 30, 773–781. doi:10.1007/s00167-020-06373-y
 Gentile, P., Sterodimas, A., Pizzicannella, J., Dionisi, L., De Fazio, D., Calabrese, C., et al. (2020). Systematic review: Allogenic use of stromal vascular fraction (SVF) and decellularized extracellular matrices (ECM) as advanced therapy medicinal products (ATMP) in tissue regeneration. Int. J. Mol. Sci. 21, E4982. doi:10.3390/ijms21144982
 Güven, S., Karagianni, M., Schwalbe, M., Schreiner, S., Farhadi, J., Bula, S., et al. (2012). Validation of an automated procedure to isolate human adipose tissue-derived cells by using the Sepax® technology. Tissue Eng. Part C. Methods 18, 575–582. doi:10.1089/ten.TEC.2011.0617
 Kim, J., and Hematti, P. (2009). Mesenchymal stem cell-educated macrophages: A novel type of alternatively activated macrophages. Exp. Hematol. 37, 1445–1453. doi:10.1016/j.exphem.2009.09.004
 Lo Furno, D., Tamburino, S., Mannino, G., Gili, E., Lombardo, G., Tarico, M. S., et al. (2017). Nanofat 2.0: Experimental evidence for a fat grafting rich in mesenchymal stem cells. Physiol. Res. 66, 663–671. doi:10.33549/physiolres.933451
 Maioli, M., Rinaldi, S., Santaniello, S., Castagna, A., Pigliaru, G., Delitala, A., et al. (2014). Radioelectric asymmetric conveyed fields and human adipose-derived stem cells obtained with a nonenzymatic method and device: A novel approach to multipotency. Cell Transpl. 23, 1489–1500. doi:10.3727/096368913X672037
 Mallis, P., Michalopoulos, E., Chatzistamatiou, T., and Giokas, C. S. (2021). Interplay between mesenchymal stromal cells and immune system: Clinical applications in immune-related diseases. Explor. Immunol. 1, 112–139. doi:10.37349/ei.2021.00010
 Markarian, C. F., Frey, G. Z., Silveira, M. D., Chem, E. M., Milani, A. R., Ely, P. B., et al. (2014). Isolation of adipose-derived stem cells: A comparison among different methods. Biotechnol. Lett. 36, 693–702. doi:10.1007/s10529-013-1425-x
 Mashiko, T., Wu, S.-H., Feng, J., Kanayama, K., Kinoshita, K., Sunaga, A., et al. (2017). Mechanical micronization of lipoaspirates: Squeeze and emulsification techniques. Plastic Reconstr. Surg. 139, 79–90. doi:10.1097/PRS.0000000000002920
 Naldini, G., Sturiale, A., Fabiani, B., Giani, I., and Menconi, C. (2018). Micro-fragmented adipose tissue injection for the treatment of complex anal fistula: A pilot study accessing safety and feasibility. Tech. Coloproctol. 22, 107–113. doi:10.1007/s10151-018-1755-8
 Ragni, E., Viganò, M., Torretta, E., Perucca Orfei, C., Colombini, A., Tremolada, C., et al. (2022). Characterization of microfragmented adipose tissue architecture, mesenchymal stromal cell content and release of paracrine mediators. J. Clin. Med. 11, 2231. doi:10.3390/jcm11082231
 Raposio, E., Caruana, G., Bonomini, S., and Libondi, G. (2014). A novel and effective strategy for the isolation of adipose-derived stem cells: Minimally manipulated adipose-derived stem cells for more rapid and safe stem cell therapy. Plastic Reconstr. Surg. 133, 1406–1409. doi:10.1097/PRS.0000000000000170
 Raposio, E., Caruana, G., Petrella, M., Bonomini, S., and Grieco, M. P. (2016). A standardized method of isolating adipose-derived stem cells for clinical applications. Ann. Plast. Surg. 76, 124–126. doi:10.1097/SAP.0000000000000609
 Rybalko, V., Hsieh, P.-L., Ricles, L. M., Chung, E., Farrar, R. P., and Suggs, L. J. (2017). Therapeutic potential of adipose-derived stem cells and macrophages for ischemic skeletal muscle repair. Regen. Med. 12, 153–167. doi:10.2217/rme-2016-0094
 Scarritt, M. E., Pashos, N. C., and Bunnell, B. A. (2015). A review of cellularization strategies for tissue engineering of whole organs. Front. Bioeng. Biotechnol. 3, 43. doi:10.3389/fbioe.2015.00043
 Shah, F. S., Wu, X., Dietrich, M., Rood, J., and Gimble, J. M. (2013). A non-enzymatic method for isolating human adipose tissue-derived stromal stem cells. Cytotherapy 15, 979–985. doi:10.1016/j.jcyt.2013.04.001
 SundarRaj, S., Deshmukh, A., Priya, N., Krishnan, V. S., Cherat, M., and Majumdar, A. S. (2015). Development of a system and method for automated isolation of stromal vascular fraction from adipose tissue lipoaspirate. Stem Cells Int. 2015, 1–11. doi:10.1155/2015/109353
 Tan, Y., Landford, W. N., Garza, M., Suarez, A., Zhou, Z., and Coon, D. (2019). Complete human penile scaffold for composite tissue engineering: Organ decellularization and characterization. Sci. Rep. 9, 16368. doi:10.1038/s41598-019-51794-6
 Tonnard, P., Verpaele, A., Peeters, G., Hamdi, M., Cornelissen, M., and Declercq, H. (2013). Nanofat grafting: Basic research and clinical applications. Plastic Reconstr. Surg. 132, 1017–1026. doi:10.1097/PRS.0b013e31829fe1b0
 Tremolada, C., Colombo, V., and Ventura, C. (2016). Adipose tissue and mesenchymal stem cells: State of the art and Lipogems® technology development. Curr. Stem Cell Rep. 2, 304–312. doi:10.1007/s40778-016-0053-5
 van Dongen, J. A., Stevens, H. P., Parvizi, M., van der Lei, B., and Harmsen, M. C. (2016). The fractionation of adipose tissue procedure to obtain stromal vascular fractions for regenerative purposes. Wound Repair Regen. 24, 994–1003. doi:10.1111/wrr.12482
 Wang, L., Johnson, J. A., Zhang, Q., and Beahm, E. K. (2013). Combining decellularized human adipose tissue extracellular matrix and adipose-derived stem cells for adipose tissue engineering. Acta Biomater. 9, 8921–8931. doi:10.1016/j.actbio.2013.06.035
 Yoshimura, K., Shigeura, T., Matsumoto, D., Sato, T., Takaki, Y., Aiba-Kojima, E., et al. (2006). Characterization of freshly isolated and cultured cells derived from the fatty and fluid portions of liposuction aspirates. J. Cell. Physiol. 208, 64–76. doi:10.1002/jcp.20636
 Zuk, P. A., Zhu, M., Ashjian, P., De Ugarte, D. A., Huang, J. I., Mizuno, H., et al. (2002). Human adipose tissue is a source of multipotent stem cells. Mol. Biol. Cell 13, 4279–4295. doi:10.1091/mbc.e02-02-0105
Conflict of interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2022 Girard, Dulong, Duisit, Mocquard, Le Gallou, Chaput, Lupon, Watier, Varin, Tarte and Bertheuil. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
		ORIGINAL RESEARCH
published: 23 September 2022
doi: 10.3389/fbioe.2022.896269


[image: image2]
Ventricular stabilization with a customized decellularized cardiac ECM-based scaffold after myocardial infarction alters gene expression in a rodent LAD-ligation model
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Objectives: Decellularized extracellular matrix (dECM) is increasingly used in a wide range of regenerative medicine applications and may also offer the potential to support injured myocardium. Here, we evaluated the myocardial gene expression pattern after myocardial infarction (MI) in a standardized rodent LAD-ligation model with and without ventricular stabilization with a customized, cardiac dECM-based scaffold (cdECM).
Methods: MI was induced in male Wistar rats by standard LAD-ligation and confirmed 14 days post-intervention by echocardiographic parameters (FAS<40%). Cardiac ECM from donor rats was used to generate individual cdECM-scaffolds (tissue engineered myocardial sleeve, TEMS), which were epicardially implanted after confirmed MI for ventricular stabilization. After 4 and 8 weeks heart function was assessed by echocardiography, rats were sacrificed and explanted hearts were analyzed. In addition to histological analysis, standardized anterior left ventricular wall myocardial tissue samples were assessed by quantitative real-time PCR evaluating the specific gene expression pattern for immunomodulatory (IL-10, TGFBR2, TNFα), pro-angiogenic (VEGFA, FGF2, PGF, PDGFB), pro-survival (HGF, SDF1, IGF1, AKT1), remodeling-associated (TIMP1, MMP2, MMP9) and infarction-specific (NPPA, NPPB) markers.
Results: Ventricular stabilization led to integration of the TEMS-scaffold into the myocardial scar with varying degrees of cellular infiltration, as well as significantly improved echocardiographic parameters demonstrating attenuation of maladaptive cardiac remodeling. Further, TEMS implantation after MI altered the myocardial gene expression pattern. Differences in gene expression were most striking after 4 weeks with significantly reduced expression of NPPA (0.36 ± 0.26 vs 0.75 ± 0.40; p < 0.05), NPPB (0.47 ± 0.25 vs 0.91 ± 0.429; p < 0.01), TGFBR2 (0.68 ± 0.16 vs 0.90 ± 0.14; p < 0.01) and PDGFB (0.81 ± 0.13 vs 1.06 ± 0.14; p < 0.01) as well as increased expression of IL-10 (5.93 ± 5.67 vs 1.38 ± 0.60; p < 0.05), PGF (1.48 ± 0.38 vs 1.09 ± 0.25; p < 0.05) and IGF1 (1.67 ± 0.70 vs 1.03 ± 0.42; p < 0.05). However, after 8 weeks differences in the gene expression patterns of remodeling-associated, and pro-angiogenic markers could still be observed between groups.
Conclusion: Ventricular stabilization via TEMS implantation after MI did not only led to biological integration of the cdECM-scaffolds into the host tissue and improved functional cardiac parameters, but also altered 4 and 8 week gene expression of infarcted myocardium, possibly contributing to reducing chronic deteriorating effects while increasing the potential for myocardial regeneration.
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INTRODUCTION
Decellularized extracellular matrix (dECM) based scaffolds are increasingly used in a wide range of regenerative medicine applications, as they maintain the complex microarchitecture and ultracomposition of native tissues and hence provide ideal cues for tissue regeneration (Taylor et al., 2018). In the cardiovascular field, dECM based scaffolds have already been successfully employed in many pre-clinical and clinical models, with decellularized heart valves being at the verge of changing paradigms of heart valve therapy (Horke et al., 2020). Decellularized ECM scaffolds may also offer great potential for regeneration and repair of damaged myocardium, as composition and organization of cardiac ECM - critical for cell support and tissue function–can be reproduced by decellularization of cardiac ECM (Bejleri and Davis, 2019). Although whole-heart tissue engineering approaches have impressively shown the prospects of cardiac-based ECM scaffolds, the generation of a bioartificial heart replacement is still very far afield due to biological and technical complexity (Tang-Quan et al., 2018). Hence, efforts in the field should concentrate on exploring strategies to support, repair and/or regenerate the damaged myocardium instead of replacing it. Such therapies are strongly warranted, as for today, the only viable options for the treatment of end-stage heart failure (HF) consist in the implantation of a permanent mechanical assist device or heart transplantation (McDonagh et al., 2021). Other surgical and experimental approaches that have been explored in the past, such as surgical cardiomyoplasty or stem cell therapy, have been mostly abandoned due to disappointing outcomes (Hetzer et al., 2021).
Here, we introduce a new therapy concept using a customized, decellularized cardiac ECM-based scaffold (cdECM-scaffold) in form of a tissue engineered myocardial sleeve (TEMS) for ventricular stabilization after myocardial infarction, hypothesizing that this might stimulate myocardial regeneration, hinder adverse cardiac remodeling and improve cardiac hemodynamics. This proof-of-concept study focuses on the effect on myocardial gene-expression after ventricular stabilization via TEMS in a standardized rodent LAD-ligation in vivo model.
MATERIALS AND METHODS
All animal experiments and surgical procedures were performed in compliance with the Guide for the Care and Use of Laboratory Animals as published by the US National Institutes of Health (NIH Publication 85-23, revised 1996) and approved by the local animal care committees (Registration No. 84-01.04.2012. A335).
Whole-heart decellularization
Donor hearts of Wistar rats (male, 350–450 g) were explanted and perfusion based in toto heart decellularization was performed via standardized automated software-controlled coronary perfusion with decellularization agents as previously described (Akhyari et al., 2011). Briefly, decellularization protocol consisted of perfusion with 0.5% sodium dodecyl sulfate (SDS; CarlRoth) and 0.5% desoxycholic acid (DCA; Amresco) for 48 h with subsequent perfusion with deionized water and phosphate-buffered saline (PBS; Gibco) for 24 and 72 h, respectively. Decellularized whole-hearts were stored in PBS supplemented with penicillin/streptomycin at 4°C before further processing.
Tissue engineered myocardial sleeve
Customized, decellularized cardiac ECM-based scaffolds (cdECM-scaffolds) where obtained through standardized microsurgical dissection of the decellularized whole-hearts. Therefore, the atria including the atrioventricular heart valves, the septum and the apex of the decellularized whole-heart were removed, leaving a myocardial sleeve consisting of the free walls of the right and left ventricle (TEMS; tissue engineered myocardial sleeve) (Figure 1A). Dissected tissue was analyzed for removal of cellular components and degree of ECM conservation, as already previously published (Aubin et al., 2013a). TEMS were stored in PBS supplemented with penicillin/streptomycin at 4°C before further processing.
[image: Figure 1]FIGURE 1 | TEMS schematics and timeline surgical protocol. (A) Schematics of ventricular stabilization via TEMS. Grey, cdECM scaffold; red, native heart. (B) Macroscopic image of ventricular stabilization via TEMS in rodent model. *, TEMS. (C) Myocardial infarction was induced by LAD-ligation in a standard rodent model and after 14 days ventricular stabilization via TEMS implantation was performed. Hearts were explanted and analyzed after 4 or 8 weeks. LAD, left anterior descending; TEMS, tissue engineered myocardial sleeve.
Surgical protocol
In order to evaluate the biological effects of ventricular stabilization with a cdECM-scaffold after myocardial infarction we used a standard rodent LAD (left anterior descending coronary artery)-ligation model with Wistar rats (from an in-house breed of the local animal care facility) as animal model. Fourteen days after LAD-ligation the cdECM-scaffold in form of a TEMS was then epicardially implanted and left in situ for either 4 or 8°weeks, after which the experimental animal was euthanized, the heart explanted and analyzed (Figure 1C).
LAD-ligation induced myocardial infarction was confirmed by standard echocardiographic parameters (Galrinho et al., 2015). Only animals which presented with a FAS (fractional area shortening) of the left ventricle <40% 14 days after LAD-ligation entered the LAD-ligation group. In cases where FAS remained >40% after LAD-ligation or the explantation timepoint was not reached due to mortality or morbidity experimental animals dropped out of further analysis. As control groups respective sham operations for the LAD-ligation and the TEMS implantation were performed, hence, experimental groups as shown in Table 1 were analyzed.
TABLE 1 | Experimental groups, timepoints and rationale.
[image: Table 1]Rodent LAD-ligation model
For induction of myocardial infarction, a standard LAD-ligation model was used (Gao et al., 2010). Wistar rats (male, 200–250 g), fed ad libitum with standard rat chow, were used as a rodent animal model. For LAD-ligation, rats were anesthetized with 2.0–2.5% isoflurane, orotracheally intubated and machine ventilated with room air supplemented with oxygen using a small animal ventilator (tidal volume, 10 ml/kg). The respiratory rate was adjusted to maintain the partial pressure of CO2 within physiological limits. Body temperature was maintained at 37°C–37.5°C with a heating pad. Baseline echocardiographic parameters were recorded, and afterwards a lateral left-sided thoracotomy was performed. After pericardiotomy, the heart was exposed, the left anterior descending coronary artery (LAD) was identified and a 10–0 monofilament non-absorbable polypropylene suture (Prolene, Ethicon, Norderstedt, Germany) was looped around the LAD and ligated. Coronary artery occlusion was immediately verified by blanching and cyanosis of the myocardial area at risk (experimental group: +LAD). After LAD-ligation the thoracotomy was closed in layers. For LAD-ligation sham operation (experimental group: LAD) the suture was only looped around a major branch of the LAD and removed, without ligation.
TEMS implantation
TEMS were implanted 14 days after LAD-ligation (or sham operation). Therefore, rats were anesthetized, orotracheally intubated and machine ventilated as described above. Echocardiographic parameters were recorded in order to evaluate efficacy of prior LAD-ligation. Afterwards thoracotomy was performed using the surgical access site from the prior operation in order to expose the heart. The TEMS was slipped over a copped 2 ml syringe (B. Braun, Melsungen, Germany), whose opening was used to apply gentle suction force on the apex, luxate the heart ventrally and pull the TEMS over the native heart. TEMS was aligned anatomically correct (left and right ventricle aligned accordingly) and fixated with four stitches using 10-0 Prolene suture (Ethicon, Raritan, NJ, US) so that it covered most of the surface of both ventricles (experimental group: +TEMS) (Figure 1B). After implantation, the thoracotomy was closed again in layers. For TEMS implantation sham operation (experimental group: TEMS) the native heart was luxated and four holding sutures were placed accordingly.
Heart explantation
Four and 8 weeks after TEMS implantation or sham operation experimental animals were narcotized and echocardiographic parameters were recorded. After euthanasia the heart was explanted via median sternotomy and processed depending on subsequent tissue analysis.
Echocardiographic assessment
Echocardiographic assessment was performed on anesthetized animals at baseline, 14, 42 and 70 days, according to the experimental protocol, using a Philips HDX11 ultrasonography system equipped with a 15- MHz probe (Philips, Hamburg, Germany). Following parameters were evaluated in a standardized analysis: left ventricular end-diastolic diameter (LVEDD), ejection fraction (EF) and fractional area shortening (FAS) of the left ventricle (Galrinho et al., 2015).
Tissue analysis
Histology
For orientating histological analysis, explanted hearts were dissected into standardized slices, fixed in a 4% buffered formaldehyde solution (Roth, Karlsruhe, Germany) and processed via cryo-sectioning (CM 1950; Leica, Wetzlar, Gemany) using standard protocols. Frozen sections of 6 mm were then stained with hematoxylin and eosin (H&E) and Movat’s pentachrom staining according to standard protocols, and then visualized using a transmission light microscope (DM 2000; Leica, Wetzlar, Gemany).
Gene expression
For evaluation of gene expression, freshly explanted hearts were dissected into standardized probes separating the TEMS from the native heart (heart: anterior and posterior wall of the left ventricle; TEMS in projection to the anterior wall of the native heart). Probes were then snap-frozen in liquid nitrogen and pulverized. RNA was isolated of processed tissue samples using the RNeasy Mini Kit (Quiagen, Hilden, Germany) according to the manufacturer’s protocol. RNA quality was analyzed by automated electrophoresis (Agilent 2100 Bioanalyzer (Agilent, Santa Clara, California, United States). Isolated RNA was subjected to cDNA synthesis using the QuantiTect Reverse Transcription Kit (Quiagen, Hilden, Germany) according to the manufacturer’s protocol using a real time cycler (StepOne Plus, Applied Biosystems, Foster City, United States). Synthesized cDNA samples then underwent real-time-polymerase chain reaction (qRT-PCR) to assess the expression levels of specific immunomodulatory (IL 10, TGFBR2, TNFα), pro-angiogenic (VEGFA, FGF2, PGF, PDGFB), pro-survival (HGF, SDF1, IGF1, AKT1), remodeling-associated (TIMP1, MMP2, MMP9) and infarction-specific (NPPA, NPPB) genes using top2b as well as beta2‐microglobulin as respective house-keeping genes. Primers were selected from the National Center for Biotechnology Information (NCBI) database (Supplementary Table S1). Recorded values were processed and analyzed using the ∆∆CT method, representing relative increase or decrease of expression levels directly by evaluating the ratios between experimental samples and their corresponding controls. For the 4 weeks experimental groups at least eight biological replicates and for the 8 week experimental group at least six biological replicates were used. Data are presented for both housekeeping genes.
Statistics
All values are presented as mean −/+ standard deviation of the mean for all continuous variables. For direct group comparisons at one single time point, Student’s t-tests with or without Welch’s correction or Mann–Whitney U tests were performed. Statistical significance was assumed if p-values were lower than 0.05. Data analysis was conducted with GraphPad Prism v5.04 (GraphPad Software, San Diego, CA).
RESULTS
Surgical outcome
Ventricular stabilization with a cdECM-based scaffold via TEMS-implantation either with or without LAD-ligature was performed in 56 animals. Peri- and postoperative mortality was 35.7% and mostly due to perioperative complications either related to the anaesthesia or the surgical procedure. Mortality after successful TEMS implantation was neglectable, with 36 animals (64.3%) reaching the end of the experiment after 4 or 8 weeks. Together with the respective sham control groups 86 animals reached the endpoint and were analysed.
Echocardiographic parameters
As expected LAD-ligature led to a significant decrease in EF (84.8 ± 3.3% vs. 44.9 ± 9.2%, p < 0.0001) and a significant increase in LVEDD (0.59 ± 0.09 cm vs 0.86 ± 0.09 cm, p < 0.0001) after 14 days, as compared to the sham control group (Figure 2). Mean FAS in LAD-ligature animals entering the experimental groups was 26.5 ± 6.1%. Animals subsequently receiving an additional TEMS-implantation 14 days after LAD-ligature had by trend smaller LV diameters (0.88 ± 0.04 cm vs 0.99 ± 0.08 mm, p = 0.13) with however significant improved EF (49.8 ± 9.2% vs. 40.8 ± 9.0%, p < 0.05) as well as FAS (35.1 ± 9.1% vs. 25.8 ± 6.5%, p < 0.01), as compared to the respective shame control group (+LAD/-TEMS) after 4 weeks (Figure 2A). Eight weeks after TEMS-implantation LV diameters were significantly smaller (0.88 ± 0.12 cm vs 1.12 ± 0.10 mm, p < 0.0001) with further increase in EF (54.1 ± 14.7% vs. 34.4 ± 7.8%, p < 0.01) as well as LV-FAS (40.8 ± 13.3% vs. 23.3 ± 4.5%, p < 0.01), as compared to the respective shame control group (+LAD/-TEMS) (Figure 2B). TEMS-implantation in animals without myocardial infarction did not have any significant impact on LVEDD, EF nor FAS after 4 or 8 weeks, as compared to their respective sham control group (-LAD/-TEMS) (Figures 2A,B).
[image: Figure 2]FIGURE 2 | Echocardiographic parameters. Additional TEMS-implantation 14 days after LAD-ligature decreased LVEDD (left ventricular end-diastolic diameter) and improved left ventricular EF (ejection fraction) and FAS (fractional area shortening) after 4 and 8 weeks. (A) LVEDD, EF and FAS 14 days after LAD-ligature (+LAD) and 4 weeks after TEMS-implantation (+TEMS) or respective shame operations (-LAD; -TEMS), showing significantly improved EF and FAS in the +LAD/+TEMS as compared to the +LAD/-TEMS-group, and no significant differences between the -LAD/-TEMS and -LAD/+TEMS group. (B) LVEDD, EF and FAS 14 days after LAD-ligature and 8 weeks after TEMS-implantation or respective shame operations, showing significantly reduced LVEDD as well as improved EF and FAS in the +LAD/+TEMS-group as compared to the +LAD/-TEMS group, and no significant differences between the–LAD/-TEMS and–LAD/+TEMS group. Experimental groups: LAD/-TEMS, grey; -LAD/+TEMS, blue; +LAD/-TEMS, orange; +LAD/+TEMS, red. Data presented as mean ± SD; *, p < 0.05; **, p < 0.01; ***, p < 0.001).
Macroscopic appearance
Representative images of explanted heart specimens 4 weeks after TEMS-implantation are shown in Figure 3. The area of myocardial infarction was clearly distinguishable in animals with LAD-ligature with aneurysm and scar tissue formation. In the explanted hearts the cdECM-based scaffold of the TEMS was still largely intact and could be identified around the whole circumference of the heart. After 4 and 8 weeks in vivo the TEMS scaffold had adhered to the epicardium and seemed to be especially integrated to the native tissue in the infarct area. TEMS scaffolds could however be mechanically removed from the heart for further analysis.
[image: Figure 3]FIGURE 3 | Macroscopic appearance of explanted heart specimens after LAD-ligation and TEMS implantation. Representative images of explanted whole heart and sliced specimens 4 weeks after either LAD-ligation, TEMS implantation and LAD-ligation plus TEMS-implantation. Region of myocardial infarction as wells TEMS scaffold was clearly distinguishable in all specimens. #, region of myocardial infarction; *, TEMS scaffold.
Orientating histological analysis
LAD-ligature led to classical histological findings after myocardial infarction with formation of granulation tissue, neovascularization and decreased cellularity (data not show). Ventricular stabilization via TEMS implantation led to biological integration of the TEMS scaffold to the native myocardium with native cells infiltrating the TEMS scaffold (Figure 4). As opposed to the non-infarcted hearts where the TEMS scaffold could still be clearly differentiated from the native myocardium on the left anterior wall, in hearts with prior LAD-ligature TEMS scaffolds highly integrated into the infarcted region without distinguishable boundaries between native myocardium and implanted tissue. Cellular infiltration into the TEMS scaffold was highly increased at the interface between native tissue and the cdECM, with areas of very high degree of cellular infiltration especially within the infarcted myocardial area. There were no gross differences in the histological analysis of hearts explanted either 4 or 8 weeks after TEMS implantation (data not shown).
[image: Figure 4]FIGURE 4 | Orientating histological analysis. Representative images of HE and MOVAT staining of explanted hearts 4 weeks after ventricular stabilization via TEMS implantation with and without prior myocardial infarction via LAD-ligature, showing high degree of cellular infiltration of the TEMS scaffold (*) as well as integration of the TEMS scaffold into the infarcted zone (#) of the heart.
RNA concentration
Evaluation of TEMS tissue prior to implantation revealed no detectable RNA in the cdECM scaffolds. However, due to the in vivo cellular infiltration, the explanted TEMS tissue contained high degrees of RNA, ranging between 40% and 70% of the RNA concentration in the adjacent native myocardial tissue. In the TEMS tissue adjacent to the infarcted region of the heart, RNA concentration was 238.5 ± 102.8 ng/μl after 4 weeks and 161.04 ± 92.65 ng/μl after 8 weeks in vivo, as compared to 354.2 ± 92.0 ng/μl and 331.8 ± 128.5 ng/μl in the respective adjacent anterior wall of the LV.
Gene expression
Myocardial tissue
As expected, myocardial infarction via LAD-ligation did significantly changed the expression pattern of the analyzed genes in the infarcted myocardial area of the left anterior ventricular wall after 4 as well as 8 weeks, as compared to the respective sham control group (-LAD) (Supplementary Table S2). In the adjacent, non-infarcted myocardial regions, LAD-ligation had no influence in the gene expression patterns (data not shown).
Gene expression of the myocardial tissue within the infarcted region was further altered after ventricular stabilization via TEMS-implantation, as compared to the respective sham control group (+LAD/-TEMS) (Table 2, Figure 5). Differences in gene expression were most striking after 4 weeks with significantly reduced infarction-related expression of NPPA (0.36 ± 0.26 vs 0.75 ± 0.40; β2m; p < 0.05) and NPPB (0.47 ± 0.25 vs 0.91 ± 0.429; β2m; p < 0.01), increased expression of immunomodulatory IL-10 (5.93 ± 5.67 vs 1.38 ± 0.60; top2b; p < 0.05) and reduced TGFBR2 (0.68 ± 0.16 vs 0.90 ± 0.14; β2m; p < 0.01), increased expression of pro-angiogenic PGF (1.48 ± 0.38 vs 1.09 ± 0.25; β2m; p < 0.05) and reduced PDGFB (0.81 ± 0.13 vs 1.06 ± 0.14; top2b; p < 0.01) as well as increased expression of pro-survival IGF1 (1.67 ± 0.70 vs 1.03 ± 0.42; top2b; p < 0.05) after LAD-ligation and TEMS implantation as compared to LAD-ligation alone (Figures 5A,B). However, significant changes in the gene expression pattern could still be seen 8 weeks after TEMS implantation following LAD-ligature with reduced expression of pro-angiogenic FGF2 (0.48 ± 0.10 vs. 0.78 ± 0.21; top2b; p < 0.01) and increased PDGFB (2.24 ± 0.86 vs 1.41 ± 0.32; top2b; p < 0.05) as well as increased expression of remodeling-associated MMP9 (5.29 ± 3.41 vs 2.10 ± 1.47; β2m; p < 0.05) as compared to the respective control (Figures 5A,B).
TABLE 2 | Relative changes in gene expression of the anterior left ventricular myocardial wall after ventricular stabilization via TEMS-implantation following myocardial infarction.
[image: Table 2][image: Figure 5]FIGURE 5 | Gene expression after myocardial infarction with and without ventricular stabilization via TEMS implantation. Relative gene expression patterns of left anterior wall myocardial tissue samples after myocardial infarction via LAD-ligation (+LAD) and either 4 or 8 weeks of ventricular stabilization via TEMS implantation (+TEMS) or respective sham control (-TEMS). (A) Gene expression relative to β2M housekeeping gene. (B) Gene expression relative to TOP2B housekeeping gene. Data presented as mean ± SD; *, p < 0.05; **, p < 0.01; ***, p < 0.001.
TEMS scaffold
Interestingly, cells in the TEMS scaffold had a different gene expression pattern depending on whether the cdECM scaffold was placed on healthy or infarcted myocardium (Supplementary Table S3, Figure 6). After 4 weeks in situ the TEMS scaffold on infarcted myocardium showed significantly increased expression of pro-angiogenic PGF (1.40 ± 0.36 vs 0.97 ± 0.25; top2b; p < 0.05) and reduced PDGFB (0.78 ± 0.29 vs 1.06 ± 0.24; top2b; p < 0.04), increased expression of remodeling-associated TIMP1 (1.28 ± 0.78 vs 0.71 ± 0.24; top2b; p < 0.05) and reduced expression of MMP9 (1.18 ± 0.54 vs 2.70 ± 2.04; top2b; p < 0.05) as well as reduced infarction-related expression of NPPB (2.41 ± 2.44 vs 26.42 ± 34.14; top2b; p < 0.05), as compared to the TEMS scaffold placed on non-infarcted myocardium (Figures 6A,B). After 8 weeks in situ the TEMS scaffold on infarcted myocardium showed significantly increased expression of immunomodulatory TGFBR2 (0.68 ± 0.16 vs 0.84 ± 0.15; top2b; p < 0.05), decreased expression of pro-angiogenic VEGFA (0.02 ± 0.01 vs 1.22 ± 0.33; top2b; p < 0.001), as well as reduced infarction-related expression of NPPA (2.41 ± 2.44 vs 1.47 ± 1.41; top2b; p < 0.05) and NPPB (0.02 ± 0.01 vs 3.38 ± 3.39; top2b; p < 0.05), as compared to the TEMS scaffold placed on non-infarcted myocardium (Figures 6A,B).
[image: Figure 6]FIGURE 6 | Gene expression of cells infiltrating the TEMS scaffold. Relative gene expression patterns of TEMS samples removed from the native myocardium after either 4 or 8 weeks in vivo after myocardial infarction via LAD-ligation (+LAD) or respective sham control (-TEMS). (A) Gene expression relative to β2M housekeeping gene. (B) Gene expression relative to TOP2B housekeeping gene. Data presented as mean ± SD; *, p < 0.05; **, p < 0.01; ***, p < 0.001.
DISCUSSION
This proof-of concept study demonstrates that ventricular stabilization after myocardial infarction with a customized, decellularized cardiac ECM-based scaffold (TEMS) significantly alters myocardial gene expression in a rodent LAD-ligation model. Further, orientating analysis shows improved functional echocardiographic parameters as well as biological integration of the TEMS scaffold after 4 and 8 weeks of ventricular stabilization in vivo.
In the past, different surgical and experimental approaches have used the concept of cardiomyoplasty in terms of functional left ventricular restoration in order to treat end-stage heart failure. This concept was first introduced in 1985 by Carpentier and Chaques as dynamic cardiomyoplasty, by wrapping the M. latissimus dorsi circumferentially around the heart in order to support systolic contraction (Carpentier and Chachques, 1985). Another surgical approach was the implantation of a mesh-like woven polyester jacket circumferentially around the heart (Acorn CorCap cardiac support device, Acorn Cardiovascular, Inc., St Paul, Minn.) to provide support during diastole (Starling and Jessup, 2004). Although those surgical cardiomyoplasty approaches were used in thousands of patients, they were ultimately abandoned, as outcomes were disappointing with questionable improvement of cardiac hemodynamics and concerns regarding adverse effects such as pericardial constrictions (Acker, 1999; Power et al., 2001). However, one of the main effects of surgical cardiomyoplasty was its ability to prevent adverse left ventricular remodeling, such as attenuation of cardiac enlargement and specific reduction of left ventricular end-diastolic dimensions.
As shown in this study ventricular stabilization via TEMS implantation prevents progressive left ventricular dilatation after myocardial infarction. Rats with supported ventricles via TEMS implantation after LAD-ligation did not only present with significantly smaller LVEDDs after 8 weeks as compared to their controls, but also showed LVEDDs comparable to the values at the time-point of TEMS implantation 14 days after myocardial infarction. Together with the other functional echocardiographic parameters, this demonstrates the potential of the TEMS concept to prevent adverse cardiac remodeling. It is still unclear what triggers this effect. Decellularized cardiac ECM still has a certain stiffness which might offer passive mechanical support during diastole (Brazile et al., 2021), leading to similar effects as with above-mentioned Acorn CorCap device. However, as demonstrated by the orientating histological analysis the TEMS scaffold is not only largely infiltrated by host cells, but also seems to integrate into the scar zone after myocardial infarction. Hence, a biological interaction with the host tissue is likely to play a mechanistic role.
The alteration of the gene expression pattern of the infarcted myocardium depending on whether the LV was supported by TEMS implantation or not, as well as the different gene expression pattern of the cells infiltrating the TEMS scaffold depending on whether it was placed on healthy or infarcted myocardium, seem to demonstrate a high degree of biological interdependency. TEMS implantation seemingly inhibited an up-regulation of infarction-related NPPA and NPPB, while promoting a down-regulation of pro-angiogenic PDGFB and immunomodulatory TGFBR2 and an up-regulation of pro-survival IGF1 and immunomodulatory IL-10 after 4 weeks of ventricular stabilization. Multiple pathophysiological factors converge after myocardial infarction leading to adverse remodeling and ischemic cardiomyopathy (Prabhu and Frangogiannis, 2016). Alteration of gene expression, as shown in this study, might enhance the post myocardial infarction regenerative process attenuating deteriorative effects of cardiac remodeling. For instance, platelet-derived growth factors as well as transforming growth factor-beta are involved in the negative inflammatory and fibrogenic response in the infarcted myocardium (Myocardial Remodeling, 2011; Dobaczewski et al., 2011) while IL-10 is a potent anti-inflammatory agent suppressing the synthesis of proinflammatory cytokines (Fiorentino et al., 1991), and activation of IGF-1 protects from the detrimental effects of myocardial infarction (Troncoso et al., 2014). On the other hand, down-regulation of NPPB, which is mainly secreted by the myocardium due to increased transmural pressure or volume overload and is considered a hallmark for maladaptive LV remodeling, could be a consequence of the TEMS capacity to prevent LV dilatation 4 weeks after myocardial infarction (Fu et al., 2018). Further, significant differences in gene expression could still be demonstrated 8 weeks after TEMS implantation with an up-regulation of remodeling-associated MMP9 and pro-angiogenic PDGFB and down-regulation of FGF2. Together with the echocardiographic findings demonstrating improved functional parameters and a further decrease in LV dimensions, our results advocate for beneficial long-term effects of ventricular stabilization via a cdECM scaffold.
Since in this proof-of-concept study only an orientating histological analysis of the explanted TEMS specimens was conducted, it remains unclear which cells infiltrate the TEMS scaffold and what role they play in the observed effects with regards to cardiac remodeling and improved cardiac function. Interestingly though, gene expression patterns of those cells significantly varied depending on whether the TEMS was placed on infarcted or healthy myocardium. During implantation the TEMS scaffold is only loosely placed on the epicardium, therefore the cdECM-scaffold seems to inherently attract resident cells, which possess the ability to integrate the scaffold into the myocardial tissue especially in the region of infarcted myocardium. Recent research efforts are increasingly demonstrating the importance of epicardial-myocardial signaling and epicardial stem cells in cardiac repair (Pellegrini et al., 2020). Therefore, a cdECM scaffold such as the TEMS might provide an ideal environment for recruitment, activation and differentiation of epicardial cells, which might enhance the regenerative capacity of the heart (Moroni and Mirabella, 2014). Targeted biofunctionalization of cdECM with specific biological cues, could further modulate TEMS-cell interaction by specific cell recruitment and activation enhancing the TEMS effects (Aubin et al., 2016).
Further, cardiac-derived decellularized ECM scaffolds can be repopulated ex vivo offering the possibility to enhance the TEMS concept with appropriate pro-regenerative cell populations potentially further increasing cardiac repair (Aubin et al., 2013b; Hülsmann et al., 2013). This would follow the cellular cardiomyoplasty approach, which aims at employing stem cell technologies in order to induce cardiac repair (Lamb et al., 2013). Although in the past cellular cardiomyplasty has shown the potential to decrease fibrosis of infarcted myocardium, to prevent adverse post-ischemic remodeling and to some extent improve systolic cardiac function, clinical outcomes have been disappointing so far, with low rates of cell survival and shortage of donor cells limiting further translation into the routine clinical practice (Broughton et al., 2018). Here, the TEMS platform could offer a promising delivery strategy that could be combined with induced pluripotent stem cell (iPSC) technology, which now allows for the derivation of large numbers of autologous cardiomyocytes from patient-specific iPSCs (Duran et al., 2018). In fact, engineered heart tissue patches generated from fibrinogen-thrombin and human iPSCs have already shown potential for remuscularization and improvement of cardiac function in a pre-clinical large animal model (Querdel et al., 2021).
In conclusion, ventricular stabilization of the heart via a cdECM-scaffold in form of a TEMS stimulates myocardial regeneration, attenuates cardiac remodeling and improves cardiac hemodynamics in a rodent model. Hence, the TEMS approach might be a promising therapy strategy for inducing cardiac regeneration in diseased hearts following a novel bioactive cardiomyoplasty concept. However, further studies are warranted in order to confirm those findings and translate the concept into a clinical setting.
Limitations
As this is a first proof-of-concept study several limitations remain. Cardiac functional parameters are based solely on echocardiographic parameters and need to be validated with more sensitive analysis such as MRI or invasive catherization. Although gene expression analysis was mostly consistent between both housekeeping genes, there is still a large biological variability within the reduced sample size. Further analysis in order to elucidate on the mechanism behind the observed biological effects and to characterize infiltrating cells are warranted. As this study was conducted in a rodent animal model, results should be considered with caution when applied to humans.
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Introduction: Synthetic vascular grafts perform poorly in small-caliber (<6mm) anastomoses, due to intimal hyperplasia and thrombosis, whereas homografts are associated with limited availability and immunogenicity, and bioprostheses are prone to aneurysmal degeneration and calcification. Infection is another important limitation with vascular grafting. This study developed a dual-component graft for small-caliber reconstructions, comprising a decellularized tibial artery scaffold and an antibiotic-releasing, electrospun polycaprolactone (PCL)/polyethylene glycol (PEG) blend sleeve.
Methods: The study investigated the effect of nucleases, as part of the decellularization technique, and two sterilization methods (peracetic acid and γ-irradiation), on the scaffold’s biological and biomechanical integrity. It also investigated the effect of different PCL/PEG ratios on the antimicrobial, biological and biomechanical properties of the sleeves. Tibial arteries were decellularized using Triton X-100 and sodium-dodecyl-sulfate.
Results: The scaffolds retained the general native histoarchitecture and biomechanics but were depleted of glycosaminoglycans. Sterilization with peracetic acid depleted collagen IV and produced ultrastructural changes in the collagen and elastic fibers. The two PCL/PEG ratios used (150:50 and 100:50) demonstrated differences in the structural, biomechanical and antimicrobial properties of the sleeves. Differences in the antimicrobial activity were also found between sleeves fabricated with antibiotics supplemented in the electrospinning solution, and sleeves soaked in antibiotics.
Discussion: The study demonstrated the feasibility of fabricating a dual-component small-caliber graft, comprising a scaffold with sufficient biological and biomechanical functionality, and an electrospun PCL/PEG sleeve with tailored biomechanics and antibiotic release.
Keywords: small-caliber vascular graft, tibial artery, decellularized scaffold, polymeric sleeve, biomechanics, antimicrobial activity
1 INTRODUCTION
The incidences of occlusive coronary and peripheral arterial disease, and lower extremity chronic deep venous insufficiency are increasing worldwide (Fowkes et al., 1991), whereas the failure rate for arterio-venous fistulas for hemodialysis is .95 fistulas per patient per year (Lemson et al., 2000). Vascular grafting is one of the most performed surgical procedures for treating atherosclerotic, aneurysmal and stenotic blood vessels. The gold standard for grafting involves the use of autologous internal thoracic artery, long saphenous vein, internal mammary artery, radial, gastroepiploic or tibial artery for coronary (Gaudino et al., 2015), infrainguinal, or other peripheral revascularization (Klinkert et al., 2004), and for the creation of arterio-venous fistulas in hemodialysis patients (Pisoni et al., 2002). However, there is no suitable autologous vessel available for grafting in 10%–40% of patients due to trauma, disease and/or previous operations (Derham et al., 2008). Even though prosthetic (synthetic) grafts, such as Dacron® and expanded polytetrafluoroethylene, perform well in large diameter vessels (>6 mm), they perform poorly in low-flow small-caliber (<6 mm) anastomoses due to intermediate-term failure from intimal hyperplasia and thrombosis, caused by the lack of a thromboresistant blood-contacting surface, adverse haemodynamics and compliance mismatch between the prosthesis and the host vessel, that lead to a 10-year patency rate of approximately 50% (Lemson et al., 2000; Yow et al., 2006; Gaudino et al., 2015). Vascular homografts and bioprosthetic (chemically treated) xenografts have been used as alternatives to autologous conduits. However, these have demonstrated aneurysmal degeneration and rupture, whereas bioprostheses with cell remnants and xenoantigens will calcify, become rigid and degenerate, and homografts are associated with limited availability and immunogenicity (Dardik et al., 2002).
In contrast to prosthetic, bioprosthetic and homograft conduits that cannot regenerate in the patient, decellularized grafts have been reported to recellularize in vitro and in vivo and have the potential to remodel and regenerate (Yow et al., 2006; Derham et al., 2008; Katsimpoulas et al., 2015; Ma et al., 2017). Decellularized animal or human tissues offer natural 3D histoarchitecture and constitution, with appropriate physical and biological cues for tethering cell colonization, and reduced immunogenicity, providing that decellularization can remove xenoepitopes from animal tissues (Luo et al., 2014). Most previous studies on decellularized vascular conduits have focused on the use of carotid (Böer et al., 2013), coronary (Campbell et al., 2012), radial (Meiring et al., 2017), umbilical (Rodríguez-Rodríguez et al., 2018) and femoral (Meiring et al., 2017) arteries, iliac (Olausson et al., 2012), inferior vena cava (Teebken et al., 2000), great saphenous (Teebken et al., 2009), jugular (Mogaldea et al., 2017) and umbilical (Rodríguez-Rodríguez et al., 2018) veins, as well as abdominal aorta (Katsimpoulas et al., 2015) and ureter (Yow et al., 2006; Derham et al., 2008). To the best of the authors’ knowledge there have been no reports on the decellularization of the tibial artery. Tibial artery is widely used for lower extremity reconstructions (Kawarada et al., 2014) and presents a good-size match to coronary arteries (Benjacholamas et al., 2002; Telang et al., 2016), whereas its arterial nature makes it a favorable choice over venous counterparts for coronary reconstructions (Benjacholamas et al., 2002).
Regardless of the specific vascular condition, conventional vascular grafting is also confronted with increased susceptibility to infection, with a relatively high incidence at the implantation site. Graft infection carries a high rate of mortality and amputation, and has a reported incidence of between 1%–8%, depending on the implantation site, indication for primary intervention, underlying disease, and host defense mechanism (Young et al., 2012). Such infections are more common after emergency procedures for ruptured aneurysms and for peripheral and abdominal prosthetic graft implantation (Young et al., 2012). Systemic antibiotic therapy has been reported to be unable to reach a sufficient local concentration to suppress bacterial adhesion on the graft. In order to induce antimicrobial activity at the site of implantation, studies have reported on the pre-soaking/coating of prosthetic grafts with antimicrobial agents (Bisdas et al., 2012), fibrin sealant/antibiotic compounds (Kuehn et al., 2010) and antibiotic-releasing polymers (Grafmiller et al., 2016). However, such direct treatments on biological grafts might induce changes in their biomechanics and function and might also interfere with any potential cellularization of decellularized scaffolds in vivo.
This overview indicates a major clinical need for novel and smarter solutions, encompassing implants that can fully integrate and regenerate with the patient, whilst providing postoperative antimicrobial prophylaxis. The aim of the present study was to develop a dual-component graft for small-caliber arterial reconstructions, comprising a decellularized tibial artery scaffold and an antibiotic-releasing, electrospun PCL/PEG blend outer sleeve. The overarching approach of this study is presented in graphical form in the Supplementary Figure S1 in the Supplement. Although porcine tibial arteries (PTAs) were used as a model of tibial artery homografts, decellularized PTAs could be potentially used clinically, providing that they are free of immunogenic xenoepitopes. PCL is semi-crystalline highly hydrophobic polymer that has gained FDA approval for clinical use. PCL can be easily solubilized in most organic solvents and can be easily electrospun, whereas it has good miscibility and demonstrates good mechanical stability and prolonged degradation. PEG is a water-soluble biocompatible polyether with a wide range of molecular weights, which has been used in hydrogels, and as a surface modification and adhesion molecule (Repanas et al., 2015). The diverse properties of PCL and PEG make them ideal candidates for tailoring PCL/PEG blends that exhibit a combination of properties. The objectives of the study were to i) conduct an in-depth assessment of the effect of a modified version of the in-house decellularisation protocol on the morphological, biological and biomechanical properties of the produced small-caliber PTA scaffolds, ii) quantify the effect of nuclease enzymes, as part of the decellularization technique, on DNA removal, iii) assess two commonly used sterilization methods (peracetic acid and γ-irradiation) on the biological and biomechanical integrity of the PTA scaffolds, and iv) investigate two different PCL/PEG ratios on the antimicrobial, biological and biomechanical properties of the polymer blend sleeve.
2 MATERIALS AND METHODS
2.1 Tissue procurement, disinfection, decellularisation, and sterilization
Porcine legs were obtained from 6-month-old German Landrace pigs from the local abattoir and the PTAs were isolated within 4 h of animal slaughter. The adventitial surface of PTAs was scraped with a scalpel blade and washed in phosphate-buffered saline (PBS) to remove excess connective tissue and blood. The PTAs were tested immediately after dissection (Native), or placed in 150 mL square Schott bottles and disinfected in 100 mL of antibiotics solution [0.2 mg/mL polymyxin B sulfate, Sigma-Aldrich; .05 mg/mL vancomycin hydrochloride hydrate (VAN), Sigma-Aldrich; 0.5 mg/mL gentamicin sulfate (GEN); Biochrom] in PBS (pH7.2) at 37°C for 1 h. The PTAs were then decellularized according to a modified version of the in-house protocol (Theodoridis et al., 2016). Specifically, the PTAs were placed in 150 mL square Schott bottles and treated 2 × 12 h with hypotonic buffer (10 mM Tris, 2.7 mM EDTA), before they were treated 2 × 12 h with .5% (w/v) Triton X-100 (Roth) in distilled water (DW) and then 2 × 12 h with .5% (w/v) sodium dodecyl sulfate (SDS; Roth) in DW, at room temperature (RT). The samples were then rinsed 6 × 12 h in PBS. Following decellularization, the PTA scaffolds were split into two groups. The first group (method 1; M1) was sterilized straight after decellularization by either immersion in .1% (v/v) peracetic acid (PAA; Sigma-Aldrich) in PBS (pH7.3) for 3 h, followed by 3 × 30 min washes in PBS (M1-PAA) (Morticelli et al., 2013; Granados et al., 2017), or by 150 Gy of γ-irradiation (M1-γ), and stored in PBS at 4°C until testing. The second group (method 2; M2) was incubated with nucleic acid digestion solution (50.35 mM Tris, 21 mM MgCl2, pH 7.5–7.7), containing 50 U/mL DNase (Sigma-Aldrich) and 1 U/mL RNase (Sigma-Aldrich) for 3 h at 37°C, followed by 3 × 30 min washes in PBS. The PTAs were then sterilized with PAA (M2-PAA) or γ-irradiation (M2-γ), and stored in PBS at 4°C until testing. All decellularization and sterilization steps were carried out under aseptic conditions and agitation (180 rpm) in an elliptical shaker (GFL 3031), whereas all solutions were autoclaved or filtered sterilized. The sterility of the treated PTAs was assessed by incubating 24 mL of the final washing solution with 6 mL of Soy-Casein medium (Roth X938.1) in filter-cap falcon tubes for 14 days at 37°C. The negative control was 24 mL of sterile PBS incubated with 6 mL Soy-Casein medium. Contamination was assessed by the medium turbidity; contaminated samples were eliminated from further assessment.
2.2 Polymer sleeve fabrication and sterilization
Tubular polymer blend sleeves with two different PCL/PEG ratios, with or without antibiotics, were fabricated by electrospinning. Polymer blend solutions were prepared by dissolving PCL (Mn 70,000–90000; Sigma-Aldrich) and PEG (Mr 3,500–4,500; Fluka) in 2,2,2-trifluroethanol (TFE; abcr GmbH) under constant stirring (300 rpm) for 18 h at RT, in order to achieve homogenous mixtures. The total polymer concentration was either 200 mg/mL (150 mg/mL PCL and 50 mg/mL PEG; group 150:50) or 150 mg/mL (100 mg/mL PCL and 50 mg/mL PEG; group 100:50), rendering PCL/PEG mass ratios of 3:1 and 2:1, respectively. The concentrations of PCL and PEG were selected based on previous studies (Repanas et al., 2015; Repanas et al., 2016) and preliminary experiments, considering the ease of electrospinning of the solutions and the solubility of the polymers in TFE. In addition, solutions with the same polymer concentrations and mass ratios, but supplemented with 5 mg/mL VAN and 5 mg/mL GEN were also prepared (groups 150:50A and 100:50A). Electrospinning was conducted according to Repanas et al. (2015), Repanas et al. (2016). Specifically, the polymer blend solutions were transferred to 10 mL syringes (Omnifix), which were fitted with disposable blunt-tipped 0.6 mm-inner-diameter needles (21G Nordson EFD) and used as reservoirs. The flow rate of the solution was maintained at 4 mL/h with an applied voltage of 25 kV, whereas the distance between the needle tip and the grounded cylindrical collector was set at 25 cm. During electrospinning, the collector (5 mm × 50 mm) was covered with an aluminum foil and rotated at 1000 rpm. The electrospinning was performed under stable conditions of RT (21°C ± 1.5°C) and relative humidity (30% ± 5%) for 30 min per sample. The samples were removed from the collector and left to dry in vacuum overnight. The sleeves were then sterilized with either ethylene oxide (EtO) gas in vacuum, for the case of the samples used in the antimicrobial assessment, or PAA, as described for PTAs, for biocompatibility and biomechanical assessment. Sleeve sterility was assessed as described for the PTAs.
2.3 Histological and immunohistochemical assessment
Native and decellularized PTAs were assessed histologically and immunohistochemically, in order to evaluate the effect of decellularization and sterilization on extracellular matrix (ECM) histoarchitecture and presence of collagen IV and galactose-α-1,3-galactose-β-1,4-GlcNAc-R (α-gal), respectively. PTA samples were fixed in either 10% (v/v) neutral buffered formalin (NBF; histology), or zinc fixative (9.97 mM Tris, 2.84 mM calcium acetate, 36.68 mM zinc chloride and 22.78 mM zinc acetate dihydrate in DW, pH 7.4; immunohistochemistry) at 4°C for 24 h. The samples were dehydrated, embedded in paraffin and sectioned in 5 μm-thick slices. The sections were transferred to Superfrost Plus microscope slides (Thermo Fisher; histology), or Superfrost Ultra Plus slides (Thermo Fisher; immunohistochemistry). The sections were dewaxed, rehydrated, stained, rehydrated, mounted with coverslips, using Eukit mounting medium (Fluka), and dried overnight. For histology, sections were stained using either H&E, Roti-Mount FluorCare DAPI (Roth), Masson’s Trichrome (Sigma-Aldrich), Elastica van Gieson’s (Merck Miilipore), or Alcian Blue/PAS (Thermo Fisher), according to the manufacturers’ guidelines. Immunohistochemistry was performed using the labeled polymer technique according to the EnVision Dual Link System-HRP (DAB+) kit (Dako). The primary monoclonal antibodies used were anti-collagen IV (1:100 dilution; Dako M0785) and anti-α-gal (Enzo ALX-801-090-1; clone M86; 1:10 dilution). IgG1 (1:200 dilution) and IgM (1:60 dilution) were used as isotype controls for negative collagen IV and α-gal staining, respectively, together with omission of the primary antibody (labelled polymer-HRP). Antibodies and isotypes were diluted in .1% (v/v) bovine serum albumin (BSA; VW) in tris-buffered saline (TBS; 50 mM Tris, 150 mM NaCl, pH 7.6). Stained sections were visualized with a Nikon Eclipse TE300 microscope and images were captured with a Nikon DS-Fi1C camera.
2.4 Electron and multiphoton laser microscopy
Native and decellularized PTAs were assessed under TEM, whereas the polymeric sleeves were assessed under SEM, according to the method described by Rudat et al. (2014). Native and decellularized PTAs treated with PAA and γ-irradiation were cut transversely and fixed in a solution containing 1.5% (v/v) paraformaldehyde, 1.5% (v/v) glutaraldehyde, and 150 mM HEPES at pH 7.35 for 30 min at RT, followed by dehydration in increasing concentrations of acetone (30%, 50%, 70%, 90% & 100%) for 10 min each time, and embedding in Epon. Sections of 50 nm were post-stained with uranyl acetate and lead citrate, and observed under a Morgagni TEM (FEI). Images were captured with a side-mounted Veleta CCD camera. The structural and morphological characteristic of the polymeric sleeves were assessed under SEM. Sleeve samples were sputtered with an ultrathin gold layer (Polaron E5000S SEM Coating System) and images were captured using a Philips SEM-505 (Philips), at 10 kV with 1,000× magnification and 50 nm spot size. PTA scaffolds (M1-PAA & M1-γ) were further assessed under multiphoton microscopy. The multiphoton imaging was performed using a CellSurgeon multiphoton microscope (MPM; LLS-ROWIAK). The MPM comprised a femtosecond mode-locked near infrared 705–980 nm Ti:Sapphire laser (Chameleon XR, Coherent) and a microscope. The samples were visualized using a 40×/1.3 NA apochromatic oil (Carl Zeiss) or a 25×/.95 W (Leica) objective lens, and images were acquired with a voxel size of .22 × .24 × 1 μm or .42 × .44 × 1 μm, respectively, and a field of view of 700 × 700 pixels, using the built-in CellSurgeon acquisition software (LLS-ROWIAK). Collagen was visualized using two-photon excitation at 880 nm that produced a second harmonic generation signal at 440 nm. Elastin in the elastic fibers was visualized using two-photon excitation at 780 nm. Emitted light was filtered with a shortpass (E680sp-2p; Chroma Technology Corp.) or a bandpass (512-25:512/25; BrightLine HC) filter. In total, 100 images were acquired per sample.
2.5 Biochemical assessment
Native and decellularized PTA samples (n = 6 in all cases), were minced and frozen to −80°C. The samples were lyophilized overnight using a vacuum concentrator (Christ RVC 2-33 CD Plus) and weighed. DNA was extracted from ≈25 mg of wet tissue using a DNeasy Blood and Tissue Kit (Qiagen). Following elution, the DNA concentration was measured using a NanoDrop spectrophotometer (Thermo Fisher) at 260 nm. Collagen quantification was carried out by measuring the hydroxyproline (HYP) content, according to Edwards and O’Brien (Edwards and O’Brien, 1980). For this purpose, ≈15 mg from each lyophilized sample was hydrolyzed in 4 mL HCl (6 N) at 121°C overnight. The samples were incubated at 96°C until evaporation was completed, before they were reconstituted in buffer solution (13.3 g citric acid, 32 g sodium acetate, 9.1 g sodium hydroxide, 3.2 mL glacial acetic acid, 8 mL 1-propanol in 400 mL of DW; pH6.0–6.5). Trans-4-hydroxy-L-proline (Sigma-Aldrich) was diluted in buffer solution to create standard solutions (30, 25, 20, 15, 10, 8, 6, 4, 2, 1.5, 1, 0.5 μg/mL). 50 μL of each of the standard and test solutions were aliquoted into wells (n = 3) of 96-well plates (Nunc F) and incubated with 100 μL 1.4% (w/v) chloramine T solution (.05 mol/L; Sigma-Aldrich) for 5 min under gentle agitation. 100 μL of Ehrlich’s reagent (7.5 g 4-dimethyl-amino-benzaldehyde, 30 mL propan-1-ol, 13 mL of 62% (v/v) perchloric acid, 7 mL DW) was added to each well and incubated at 60°C for 45 min. Absorbance was measured at 570 nm with a multimode microplate reader (Biotek Synergy 2). HYP content was determined by interpolation from the trans-4-hydroxy-L-proline standard curve. Total collagen content was calculated by a HYP:collagen ratio of 1:7.14 (Harding and Wesley, 1968). Denatured HYP (dHYP) quantification was carried out according to Bank et al. (Bank et al., 1997), using α-chymotrypsin to cleave denatured collagen. Specifically, ≈15 mg of each lyophilized sample was incubated with 5 mL of α-chymotrypsin solution, containing 5 mg/mL α-chymotrypsin (Sigma-Aldrich) in digestion buffer (1.21 g Tris, .15 g CaCl2 in 100 mL DW, pH7.8), at 37°C for 24 h. The samples were centrifuged for 10 min at 600 g, and 2 mL of the supernatants were added to 2 mL of HCl (6 N) and used for dHYP quantification as in the case of HYP. Sulfated glycosaminoglycan (sGAG) content was measured according to Farndale et al. (1986). Briefly, ≈15 mg from each lyophilized sample was incubated with 5 mL papain solution containing 7 U/mL papain (Sigma-Aldrich) in digestion buffer (5 mM L-cysteine, 5 mM EDTA in PBS; pH6.0-6.1) for 24 h at 60°C under agitation. Chondroitin sulphate (CS B amino acid; Sigma-Aldrich) was diluted in assay buffer (137 mL 0.1 M sodium di-hydrogen phosphate solution, 63 mL of 0.1 M di-sodium hydrogen phosphate solution; pH6.8) to create standard solutions (30, 25, 12.5, 6.25, 3.125 μg/mL). 40 μL of each standard and test solution was aliquoted in a 96-well plate in triplicates, and 250 μL of dimethyl-methylene blue (DMB) dye solution (16 mg 1,9-dimethylene-methylene blue zinc, 2 g sodium formate, 5 mL 99.5% ethanol, 2 mL formic acid, 1 L DW; pH 3.0-3.1) was added to each well and incubated for 5 min. Absorbance was measured at 525 nm with a microplate reader; the GAG content was determined by interpolation from the CS B standard curve.
2.6 Biocompatibility assessment
The biocompatibility of the decellularized PTAs and polymeric sleeves was assessed under contact and extract cytotoxicity assays, according to ISO 10993-5. Both assays were performed with L929 murine fibroblasts (DSMZ ACC2), cultured in RPMI 1640 medium (Merck), supplemented with 10% (v/v) fetal bovine serum (FBS; Biochrom) and 1% (v/v) penicillin/streptomycin (P/S; Lonza), at 37°C and 5% (v/v) CO2 in air. For the contact cytotoxicity, 5 mm2 samples (n = 3) were isolated from the decellularized PTAs and polymeric sleeves, fabricated with the two PCL/PEG ratios and sterilized with PAA. Each PTA and polymer sample, together with a collagen gel (negative control; Cultrex 3D Culture Matrix Rat Collagen I; R&D Systems) and a cyanoacrylate glue (positive control; UHU) sample, were placed in individual wells of a 6-well plate, seeded with 4 × 105 cells/well L929 murine fibroblasts and cultured for 24 h at 37°C and 5% (v/v) CO2. The cells were fixed with 10% (v/v) NBF and stained with Giemsa stain (Sigma-Aldrich). Cell morphology and distribution were examined with a Nikon Eclipse TE300 microscope and images were captured with a Nikon DS-Fi1C camera.
For the extract assay, extracts were prepared by finely mincing 100 mg (wet weight) samples (n = 6) from the decellularized PTAs and 6 cm2 samples from polymeric sleeves fabricated with the two PCL/PEG ratios. The minced samples were incubated in Eppendorf tubes with 1 mL RPMI 1640 medium (with 10% (v/v) FBS and 1% (v/v) P/S) at 37°C under agitation for 72 h. After extraction, the tubes were centrifuged for 15 min at 19,000 g, and the supernatants were collected. L929 murine fibroblasts were seeded in a 96-well plate at a density of 10,000 cells/well and incubated for 24 h at 37°C in 5% (v/v) CO2 in air. The medium was replaced by 100 μL of double-strength cell culture medium (RPMI 1640, with 20% FBS and 2% P/S), together with 100 μL of each extract, or 80% (v/v) dimethyl-sulfoxide (DMSO; AppliChem) in RPMI 1640 (positive control), or RPMI 1640 (negative control), in replicates of six, and incubated for 48 h. The cells were lysed and the ATP activity was measured using an ATP-Lite kit (PerkinElmer). Luminescence was measured using a multimode microplate reader and the results were expressed as relative luminescence units (RLU).
2.7 Biomechanical assessment
Native (n = 6) and decellularized PTAs were subjected to uniaxial tensile loading to failure in order to assess the effect of the two decellularization and two sterilization methods (n = 6 in all cases) on the scaffolds’ integrity. Non-sterilized and PAA-sterilized polymeric sleeves fabricated with the two PCL/PEG ratios (n = 6 in all cases) were also subjected to uniaxial loading. Native and decellularized PTAs were tested along their axial direction only, since their small diameter did not allow for sufficiently-long circumferential specimens to be reliably tested. The sleeves were tested along their axial and circumferential direction. Testing was conducting according to Korossis et al. (2002). Samples measuring 20 × 5 mm (15 × 3 mm for the circumferential sleeve samples) were isolated from the PTAs and sleeves, and their thickness was measured using a Mitutoyo thickness gauge and averaged. The samples were mounted to a bespoke holder, which allowed sample mounting under zero stress and a sample gauge length of 10 mm (6 mm for the circumferential sleeve samples), prior to mounting them to an Instron tester (5,967 Dual Column Series; Instron) with a 100 N load cell. Testing was conducted in PBS at 37°C. During testing, the samples were preloaded to .01 N and preconditioned for 60 cycles at a strain rate 10 mm/min (PTA samples only), and then loaded to failure at the same strain rate. Failure was taken at the first decrease in the recorded load during extension. The load-extension response of each sample was converted to engineering stress-engineering strain. The biomechanical parameters calculated for the PTA samples included the elastic and collagen phase slopes, transition stress and strain, failure strain and ultimate tensile strength (UTS), whereas for the sleeve samples included the primary and secondary phase slopes, failure strain and UTS.
Native (n = 6) and decellularized PTAs were subjected to burst pressure testing in order to assess the effect of the two decellularization and two sterilization methods (n = 6 in all cases) on the burst pressure characteristics of the scaffolds. In addition, PAA-sterilized polymeric sleeves, fabricated with the two PCL/PEG ratios, were fitted on the outside of equal-length PTA scaffolds, prepared with the two decellularisation and two sterilization methods (n = 6 in all cases), and subjected to burst pressure testing as a dual-component graft. For this testing, decellularised PTA scaffolds with an outer diameter between 4–4.5 mm (after decellularisation) were selected and fitted with the polymeric sleeves that were manufactured with an internal diameter of 5 mm. The scaffolds with and without the polymeric sleeves, measuring 15 cm in length, were clamped on one end using adjustable stainless-steel clamps, filled with saline, and then mounted on the other end to the bottom of a pressure vessel. The pressure vessel, which could accommodate one graft at a time, was connected to a pressurized air supply at the top through an analogue pneumatic regulator and a Vivitro® Labs precision digital manometer at the bottom. The pressure vessel was half-filled with saline and then sealed from the atmosphere, before the manometer was zeroed and the air pressure was increased at a rate of 100 mmHg/s. Following failure of the graft, the maximum pressure achieved was recorded in mmHg.
2.8 Antibacterial efficacy
The antimicrobial activity of antibiotics-impregnated polymeric sleeves was assessed with VAN and GEN against three facultative anaerobic bacteria, including Staphylococcus Aureus (S. Aureus; Gram positive; 20231 DSMZ) and Staphylococcus Epidermidis (S. Epidermidis; Gram positive; 20,044 DSMZ), as common skin bacteria, and against Escherichia Coli (E. Coli; Gram negative; 1103 DSMZ), over a period of 7 days. VAN is effective against Gram positive strains, whereas GEN is mostly effective against Gram negative strains, but also against Staphylococcus. The bacteria strains were subcultured in sterile TSB-medium, containing 30 g/L tryptone soya broth powder (TSB; OXOID CM0 129) and 3 g/L yeast extract powder (Carl Roth) in DW (pH7.4), at 37°C for 24 h under shaking. The suspensions were then adjusted to an optical density (OD; measured at 600 nm) of approximately .20, measured by a BioPhotometer spectrophotometer (Eppendorf), before they were used to inoculate the samples. This OD corresponded to 1 × 106 colony-forming units (CFUs)/ml for S. epidermidis, 1 × 108 CFU/mL for S. aureus, and 1 × 107 CFU/mL for E. coli.
Samples measuring 1 cm2 were isolated aseptically from the EtO-sterilized polymeric sleeves and M2-PAA scaffolds, and impregnated with antibiotics by immersing them in varying concentrations of VAN and GEN in PBS (pH7.2), and for different durations, in 50 mL Falcon tubes at RT. Specifically, samples from the 150:50 (n = 3 for each bacterial strain) and 100:50 (n = 3 for each bacterial strain) polymer blend groups were treated with 5 mg/mL VAN and 5 mg/mL GEN for either 1 h or 24 h, or with 5 mg/mL VAN and 8 mg/mL GEN for 24 h, whereas samples from PAA-sterilized PTA scaffolds (n = 3 for each bacterial strain) were treated with 5 mg/mL VAN and 8 mg/mL GEN for 24 h. Moreover, 1 cm2 samples were also isolated aseptically from the EtO-sterilized 150:50A and 100:50A sleeves (n = 3 for each bacterial strain in both cases) and used in the assessment without any further antibiotic treatment. Three additional 1 cm2 samples for each bacterial strain were isolated from 150:50 sleeves and used without any antibiotic treatment as a positive control for bacteria growth. The samples were transferred aseptically in individual wells of 6-well plates and inoculated with 4 mL of either the S. Aureus, S. Epidermidis or E. Coli suspensions, and incubated at 37°C and 5% (v/v) CO2 for 7 days. Wells with 1 cm2 samples isolated from 150:50 polymeric sleeves (n = 3), and incubated with 4 mL of TSB-medium only, without bacteria, were used as negative controls, whereas wells with 4 mL of TSB-medium only (n = 3) were used to assess medium sterility. After 24 h, 500 μL of bacterial suspension was sampled from each well and placed in standard rectangular cuvettes for measuring the OD of the bacterial suspensions. Each well was then supplemented with 500 μL of fresh TSB-medium. The sampling and OD measuring procedure was repeated every 24 h for 7 days. The daily recorded OD of each sample and bacteria strain was averaged over the number of samples in each group and plotted against time.
Moreover, a disk diffusion assay was performed in order to assess the diffusion of the antibiotics, released by the antibiotics-impregnated sleeves, through solid agar to inhibit bacterial growth. Samples measuring 1 cm2 were isolated aseptically from EtO-sterilized 150:50 and 100:50 sleeves, and M2-PAA scaffolds (n = 3 for each bacterial strain in all cases), which were impregnated with antibiotics by immersion in an solution, containing 5 mg/mL VAN and 8 mg/mL GEN in PBS (7.2), for 24 h in 50 mL Falcon tubes at RT. The choice of the concentrations of the antibiotics and treatment duration was based on the favorable results observed in the bacteria growth testing described above. Following the antibiotic treatment, the samples were placed onto bacteria lawns grown onto Muller Hinton agar (MHA) plates, which had been inoculated with either S. Aureus, S. Epidermidis or E. Coli. 150:50 and 100:50 sleeve and scaffold samples without antibiotics were used as negative controls of bacterial inhibition (n = 3 for each case and bacterial strain). The agar plates were incubated at 37°C and 5% (v/v) CO2 for 24 h, and then photographed. The bacteria inhibition area formed by each sample was calculated using ImageJ (v1.51j8; Wayne Rasband National Instituted of Health), and the results were averaged over the number of samples in each group and for each bacterial strain.
2.9 Data analysis
The data was analyzed in Microsoft Excel and GraphPad Prism [v6.0 (GraphPad Software Inc.)]. The results were expressed as means ± 95% confidence intervals (CI). One-way analysis of variance (ANOVA), followed by the Tukey test, was used to determine statistically significant differences between the means at the .05 level.
3 RESULTS
3.1 Histological and immunohistochemical assessment
The histological and immunohistochemical results of the native and decellularized PTAs are shown in Figures 1, 2, respectively. As evidenced by all stains used, all decellularized scaffolds appeared to be void of cells and cellular debris, throughout their thickness, and preserved the trilaminar structure of the native tissue. The DAPI staining also verified the absence of cell nuclei in the scaffolds. The Alcian Blue/PAS staining indicated that the scaffolds were depleted of acid mucosubstances (GAGs) and proteoglycans, but not of neutral polysaccharides. The decellularized tissue also presented a generally preserved network of collagen and elastic fibers, albeit seemingly disrupted due the voids generated by cell removal. The scaffolds also demonstrated a preserved internal (IEL) and external (EEL) elastic laminae. The immunohistochemical staining demonstrated high presence of the α-gal xenoepitope in the scaffolds, although it was reduced compared to the native tissue. The M2-PAA scaffolds presented the least α-gal staining, with a prevalent signal only in the media. Immunohistochemical staining for collagen IV demonstrated a clearly defined collagen IV layer in the basal lamina of the luminal surface and medial layer of the native PTA. Collagen IV was strongly present in the basal lamina and media of the γ-irradiated scaffolds, but not in the PAA-sterilized ones.
[image: Figure 1]FIGURE 1 | Alcian Blue/PAS, Elastica Van Gieson, Masson’s Trichrome, DAPI and H&E staining of native PTA and decellularized PTA scaffolds treated with (M2) or without (M1) RNase/DNase and sterilized with either PAA or γ–irradiation. Alcian Blue/PAS stained nuclei dark blue, acid mucosubstances (GAGs) and proteoglycans blue, and neutral polysaccharides magenta; Elastica Van Gieson stained nuclei black/brown, cytoplasm yellow/pink, elastic fibers purple and collagen light purple; Masson’s Trichrome stained nuclei dark blue/black, cytoplasm bright red, elastic fibers red and collagen fibers blue; DAPI stained nuclei blue and fluorescent under UV light; H&E stained nuclei blue/beep purple, cytoplasm red and collagen pale pink. Media: tunicae media; Intima: tunicae interna; Externa: tunicae externa; L: lumen; IEL: internal elastic lamina; EEL: external elastic lamina. All decellularized scaffolds appeared to be void of cell and cellular debris and preserved the trilaminar structure of the native tissue. It also appeared to be depleted of acid mucosubstances whilst its ECM fibers conserved their sugar moieties (Alcian Blue/PAS). The decellularized tissue also presented a well-preserved network of collagen and elastic fibers, as well as IEL and EEL. Scale bars indicate 500 μm.
[image: Figure 2]FIGURE 2 | Immunohistochemical staining against α-gal and collagen IV of native PTA and decellularized PTA scaffolds treated with (M2) or without (M1) RNase/DNase and sterilized with either PAA or γ-irradiation, also showing the HRP and isotype controls. Tissue positive against the α-gal epitope was stained light brown, whereas tissue positive to collagen IV was stained dark brown. All decellularized scaffolds expressed α-gal, albeit in a reduced amount compared to the native control. Collagen IV was expressed throughout the media, intima and basement membrane of the native PTA and the decellularized PTA scaffolds that were sterilized with γ-irradiation. No staining against collagen IV could be observed in the decellularized scaffolds that were sterilized with PAA. Scale bars indicate 500 μm.
3.2 Electron and multiphoton laser microscopy
The TEM results at low, medium and high magnification of the cross-sectioned native and decellularized PTAs are shown in Figure 3. The native PTA (Figures 3A1–3E1) revealed a clearly distinguishable intima and media, containing well-organized and aligned elastic and collagen fibers, and a clearly visible internal elastic lamina (IEL) and healthy-looking cells, dispersed within a continuous collagen network. No intact cells could be identified in any of the decellularized scaffolds, whereas the organization of their collagen and elastic fibers networks, together with their IEL, seemed to be unaffected compared to the native tissue. At higher magnification, the typical cross-striation of longitudinally cut collagen fibrils could be observed throughout the decellularized scaffold, which did not differ in their ultrastructural appearance from the native tissue (Figures 3E1–3E5). In general, decellularization with (M2) or without (M1) nucleases did not generate any differences in the ultrastructural properties of the scaffolds. Both Methods resulted in completely decellularized scaffolds, with grossly preserved collagen and elastic fiber networks. However, in the PAA-treated scaffolds, the surface of the elastic fibers seemed to be different compared to the native and γ-irradiated samples. While in the native tissue and γ-irradiated samples the surface of elastic fibers was decorated with thin fibrils (Figures 3E1, E3, E5 nested), these were generally absent in the PAA-treated scaffolds (Figures 3E2, E4, nested), indicating a degradation effect by PAA. In addition, thin structures, probably representing tropocollagenssssssss and collagen fibrils, were evident between and around the collagen fibers (Figures 3F1–3F5 nested). These structures appeared clearly diminished in the PAA-treated scaffolds (Figures 3F2, F4, nested).
[image: Figure 3]FIGURE 3 | TEM imaging at low (A1–B5), medium (C1–D5) and high (E1–F5) magnification of native PTA (A1, B1, C1, D1, E1, F1) and decellularized PTA scaffolds treated with (M2; A4, B4, C4, D4, E4, F4, and A5, B5, C5, D5, E5, F5) or without (M1; A2, B2, C2, D2, E2, F2, and A3, B3, C3, D3, E3, F3) RNase/DNase and sterilized with either PAA (A2, B2, C2, D2, E2, F2, and A4, B4, C4, D4, E4, F4) or γ–irradiation (A3, B3, C3, D3, E3, F3, and A5, B5, C5, D5, E5, F5). Media: tunicae media; Intima: tunicae interna; È: elastic fibers; ▷ collagen fibers; ✶ interna elastic lamina. All scaffolds appeared to be completely decellularized, containing collagen and elastic fibers. Although no differences could be observed between M1 and M2, the elastic fibers of the PAA-treated scaffolds (E2, E4 nested) appeared to be cleaved of the thin fibrils that decorated the native tissue (E1 nested) and the γ-irradiated scaffolds (E3, E5 nested). In all samples, tropocollagen and collagen fibrils were evident between and around the collagen fibers (F1, F2, F3, F4, F5 nested), which were rather reduced in the case of the PAA-treated scaffolds (F2, F4, nested).
The laser microscopy results included en face micrographs of the IEL (imaging plane ≈20 μm below lumen surface) and media (imaging plane ≈60 μm below lumen surface) of the M1-PAA and M1-γ scaffolds (Figure 4). The multiphoton images demonstrated a clearly disrupted IEL in the PAA-treated scaffolds (Figure 4E), with a shredded-like morphology, whereas the γ-irradiated scaffolds demonstrated a less-disrupted and more compact IEL (Figure 4G), with a sheet-like morphology. However, the fibrillar collagen histoarchitecture of the media did not present any significant differences between the two sterilization treatments (Figure 4G). The sleeves were assessed under SEM, to assess the effect of the two PCL/PEG mass ratios (2:1 and 3:1) on sleeve ultrastructure. These results are shown in Figure 7, for the non-sterilized 100:50 (Figure 7E) and 150:50 (Figure 7F) sleeves. The 150:50 sleeves, demonstrated larger pores and thicker more uniform fibers compared to the 100:50 sleeves, which showed variable-thickness and thinner fibers.
[image: Figure 4]FIGURE 4 | Mean DNA (A), sGAG (B), HYP (C) and dHYP (D) content per dry weight of native PTA and decellularized PTA scaffolds treated with (M2) or without (M1) RNase/DNase and sterilized with either PAA or γ-irradiation. Data was expressed as means (n = 6); error bars indicate 95% C.I.; MSD: minimum significant difference; indicates significant difference between the native and the decellularized groups. Connectors indicate significant difference between the originator and end arrow group. (E–G) Characteristic en face multiphoton images of the lumen of decellularized PTAs, treated with M1 and sterilized with either PAA (E,F) or γ-irradiation (G), showing the elastic fiber network of internal elastic lamina (E, G; imaging plane was approximately 20 μm below lumen surface) and the collagen fibers of tunica media (F; imaging plane was about 60 μm below lumen surface). Black arrow heads (►) show elastic fibers. Scale bars indicate 100 μm (E,F) or 50 μm (G).
3.3 Biochemical assessment
The DNA, sGAG, HYP and dHYP contents of the native and decellularized PTAs are illustrated in Figures 4A–D, respectively. The DNA content of the scaffolds treated both with (M2) and without (M1) nucleases was significantly reduced compared to the native tissue (p = .000; MSD = 4.6). However, the reduction in the detectable DNA content was greater in the scaffolds treated with nucleases (93.6% and 93.7% for M2-PAA and M2-γ, respectively) than in the scaffolds treated without nucleases (83.0% and 86.7% for M1-PAA and M1-γ, respectively). The difference between the M1 groups and their corresponding M2 counterparts was statistically significant.
No statistically significant difference was observed between the two M1 or the two M2 groups. A reduction was also observed in sGAGs, with all scaffolds demonstrating significantly reduced contents compared to the native control (p = .000; MSD = 3.26), in accordance with the Alcian Blue/PAS staining results. There were no significant differences in the sGAG content between the scaffolds decellularized and sterilized with the different methods. In contrast, the HYP content of all scaffolds was increased compared to the native control. The increase was statistically significant for all scaffold groups, except the M1-γ group (p = .002; MSD = 23.00). A statistically significant increase was also observed in the case of the dHYP, with all scaffold groups demonstrating higher contents compared to the native control (p = .000; MSD = 1.77). In addition, the dHYP content of the M2-γ group was significantly increased compared to the other decellularized scaffold groups.
3.4 Biocompatibility assessment
The contact cytotoxicity results of the scaffolds (Figures 5A–D) and 100:50 (Figure 5E) and 150:50 (Figure 5F) sleeves indicated that there were no cytotoxic effects on the seeded cells, which appeared confluent, growing up to and in contact with the tested materials. Similar results were observed for the case of the negative control (collagen gel; Figure 5H), but no cells survived in contact with the positive control (cyanoacrylate glue; Figure 5G). The ATP quantification indicated that both the scaffold (Figure 5I) and polymer sleeve samples (Figure 5J) achieved significantly higher ATP levels compared to the positive control (80% (v/v) DMSO) (p = .000, MSD = 1,375 and p = .000, MSD = 1,061, for the scaffolds and polymers, respectively). There was no statistically significant difference between the test and negative control (RPMI 1640) for the polymer groups. Significant differences were found between the negative control and the M1-PAA, M2-PAA and M1-γ scaffold groups, which were reduced compared to the former.
[image: Figure 5]FIGURE 5 | Contact (A–H) and extract (I,J) cytotoxicity results of the decellularized PTA scaffolds treated with (M2; (B,D,I) or without (M1; (A,C,I) RNase/DNase and sterilized with either PAA (A,B,I) or γ-irradiation (C,D,I), together with the corresponding results for the 150:50 (E,J) and 100:50 (F,J) electrospun polymeric sleeves sterilized with PAA. The contact cytotoxicity (A–H) was performed with L929 murine fibroblasts, which were stained with Giemsa. Cyanoacrylate glue and collagen gel served as the positive (+ve) and negative (-ve) control, respectively. Scale bars indicate 100 μm. No contact cytotoxicity effects were observed with either the decellularized scaffolds or polymeric sleeves. The extract cytotoxicity assay (I,J) was also performed with L929 murine fibroblasts with 80% (v/v) DMSO and RPMI 1640 medium serving as positive (C+) and negative (C−) controls, respectively. Luminescence was expressed as means (n = 6); error bars indicate 95% C.I.; MSD: minimum significant difference; indicates significant difference between the native and decellularized groups. Connectors indicate significant difference between originator and end arrow group.
3.5 Biomechanical assessment
The mean axial biomechanical parameters for the native and groups are presented in Figure 6, whereas the corresponding results for the sleeves are shown in Figure 7. No significant differences were found in the elastic (Figure 6A; p = .750; MSD = .09) or collagen (Figure 6A; p = .271; MSD = 3.43) phase slopes, transition stress (Figure 6B; p = .647; MSD = .26) or ultimate tensile strength (Figure 6B; p = .211; MSD = 1.62) of the scaffold groups, compared to the native control, or compared to each other. Significant differences were only observed in the transition (Figure 6C; p = .010; MSD = .27) and failure (Figure 6C; p = .001; MSD = .36) strains, and thickness (Figure 6D; p = .000; MSD = .08). Specifically, all scaffold groups demonstrated significant reduced thickness compared to the native control. Moreover, the M2-treated groups demonstrated significantly reduced thickness compared to the M1-PAA and M1-γ (M2-PAA only) groups. The transition strain of the M1-γ group was significantly increased compared to the native and M1-PAA groups, whereas the failure strains of the M2-PAA, M1-γ and M2-γ were significantly increased compared to the native control. The increased transition and failure strains are indicative of an increased extensibility of these scaffolds. The typical stress-strain behavior of the sleeve samples is illustrated in Figure 7D. In order to assess this type of behavior, three distinct phases were identified, including a primary, secondary and failure phase. The primary and secondary phases were characterized by their slope, whereas the failure phase by the failure strain and UTS.
[image: Figure 6]FIGURE 6 | Biomechanics of native PTA and decellularized PTA scaffolds treated with (M2) or without (M1) RNase/DNase and sterilized with either PAA or γ-irradiation, tested axially. (A) Elastic and collagen phase slope; (B) transition stress and ultimate tensile strength; (C) transition and failure strain; (D) sample thickness. Data shows means (n = 6); error bars indicate 95% C.I.; MSD: minimum significant difference; indicates significant difference between the native and the decellularized groups. Connectors indicate significant difference between originator and end arrow group.
[image: Figure 7]FIGURE 7 | (A–C) Biomechanics of non-sterilized and PAA-sterilized 100:50 and 150:50 polymeric sleeves, tested axially and circumferentially. (A) Primary and secondary phase slope; (B) failure strain and ultimate tensile strength (UTS); (C) sample thickness. Data shows means (n = 6); error bars indicate 95% C.I.; MSD: minimum significant difference. Connectors indicate significant difference between originator and end arrow group. (D) Sample stress-strain behavior of sleeve, showing primary, secondary and failure phases. (E,F) SEM of 100:50 (E) and 150:50 (F) sleeves (non-sterilized). Note the increased fiber thickness and pore size of 150:50 blend. Scale bars indicate 5 μm. (G) Burst pressure of PTA scaffolds treated with (M2) or without (M1) RNase/DNase and sterilized with either PAA or γ-irradiation, with and without PAA-sterilized 100:50 and 150:50 polymeric sleeves. Data shows means (n = 6); error bars indicate 95% C.I.; MSD: minimum significant difference. Connector indicates significant difference between originator and end arrow group.
The mean biomechanical parameters for the sleeve groups tested along their axial and circumferential directions are shown in Figures 7A–C. Significant differences were found in all parameters apart from thickness (Figure 7C; p = .585, MSD = .13 and p = .704, MSD = .09 for axial and circumferential groups, respectively). No significant differences were found between the circumferential and axial directions of the two sleeve groups, indicating that they were rather isotropic. PAA sterilization did not affect sleeve biomechanics, since there were no significant differences in any of the parameters between the PAA-sterilized and non-sterilized sleeve groups. Significant differences were found between the two polymer blend ratios. Specifically, both 100:50 groups (with and without PAA sterilization) demonstrated statistically significant decreased primary phase slope (Figure 7A) compared to their 150:50 counterparts, along both the axial (p = .003; MSD = 11.3) and circumferential (p = .000; MSD = 6.5) directions, indicating that in this phase the 100:50 sleeves were more compliant. This was reversed in the case of the secondary slope (Figure 7A), with the 100:50 groups demonstrating significant increased values compared to their 150:50 counterparts, along both the axial (p = .000; MSD = .7) and circumferential (p = .000; MSD = .7) directions, indicating that in this phase the 100:50 sleeves were stiffer. In terms of the failure strain (Figure 7B), both 100:50 groups demonstrated significantly decreased means compared to the 150:50 groups, along both the axial (p = .011; MSD = 2.5) and circumferential (p = .000; MSD = 1.5) directions, indicating that the 100:50 groups were less extensible than their 150:50 counterparts. The 100:50 groups also demonstrated increased UTS compared to their 150:50 counterparts. The difference was statistically significant only along the circumferential direction (p = .001; MSD = 1.5).
Burst pressure testing was conducted to assess the effect of the two decellularisation methods and two sterilization techniques on the integrity of the decellularised PTAs, as well as to assess the burst pressure characteristics of the dual-component graft, comprising the PTA scaffold and polymeric sleeve. These results are presented in Figure 7G. No statistically significant differences were found among the PTA scaffold groups (without the polymeric sleeve), decellularised with M1 and M2, and sterilized with PAA and γ-irradiation, or between the PTA scaffold groups and the native control (p = .110; MSD = 235). This was also the case for the PTA scaffolds that were ensheathed with the PAA-sterilised polymeric sleeves. Specifically, there was no statistically significant difference between the PTA scaffold groups fitted with the 100:50 polymer blend sleeve, or between those groups and the native control (p = .648; MSD = 225). Similarly, there was no statistically significant difference between the PTA scaffold groups fitted with the 150:50 polymer blend sleeve, or between those groups and the native control (p = .424; MSD = 249). Further analysis showed that there were no statistically significant differences among the PTA scaffold groups (with and without the polymeric sleeve) treated with each of the four decellularisation/sterilization protocol combinations, or between them and the native control (M1-PAA: p = .023, MSD = 229; M2-PAA: p = .084, MSD = 255; M1-γ: p = .297, MSD = 208; M2-γ: p = .052, MSD = 216; Figure 7G), except for the case of the M1-PAA groups and between the PTA scaffold group (no sleeve) and the PTA scaffold group fitted with the 100:50 polymer blend sleeve (Figure 7G), with the latter demonstrating increased burst pressure.
3.6 Antibacterial efficacy
The antibacterial activity of sleeve (100:50, 150:50, 100:50A, 150:50A) and scaffold (M2-PAA) samples, impregnated with varying concentrations of VAN and GEN for different periods, was assessed in terms of the population growth of S. Aureus, S. Epidermidis and E. Coli over a period of 7 days. These results are shown in Figure 8A–J, together with the corresponding results of the 150:50 polymer sleeve samples, which were not treated with any antibiotics, and used as a as a positive control (150:50-W/O; Figure 8I). Groups 100:50A (Figure 8A) and 150:50A (Figure 8B), which were fabricated with 5 mg/mL VAN and 5 mg/mL GAN supplemented in the electrospinning solution, were able to produce a certain degree of bacterial inhibition compared to the positive control (150:50-W/O), especially for the S. Epidermis and E. Coli strains. However, all strains were able to proliferate and sharply increase their OD after 24 h, reaching a plateau that was maintained after 7 days. A similar bacterial growth behavior was observed for the 100:50 and 150:50 samples, which were incubated with 5 mg/mL VAN and 5 mg/mL GEN for 1 h (100:50-5V/5G-1H, Figure 8C; 150:50-5V/5G-1H; Figure 8D). Increasing the incubation time of the 100:50 and 150:50 samples with the same concentration of VAN and GEN to 24 h (100:50-5V/5G-24H, Figure 8E; 150:50-5V/5G-24H; Figure 8F), the polymer samples were able to inhibit the growth of S. Epidermis and S. Aureus, and even completely suppress S. Epidermis, whereas the 150:50-5V/5G-24H group was also able to completely suppress S. Aureus. Neither of the 100:50-5V/5G-24H and 150:50-5V/5G-24H groups was able to effectively inhibit E. Coli growth, although they reduced it compared to the 150:50-W/O group.
[image: Figure 8]FIGURE 8 | Bacteria growth curves for the polymer blends (A–I) and decellularized PTA (J), inoculated with S. Aureus, S. Epidermidis or E. Coli. (A) 100:50A (5 mg/mL VAN and 5 mg/mL GEN supplemented in electrospinning solution); (B) 150:50A (5 mg/mL VAN and 5 mg/mL GEN supplemented in electrospinning solution); (C) 100:50-5V/5G-1H (100:50 soaked in 5 mg/mL VAN and 5 mg/mL GEN for 1 h); (D) 150:50-5V/5G-1H (150:50 soaked in 5 mg/mL VAN and 5 mg/mL GEN for 1 h); (E) 100:50-5V/5G-24H (100:50 soaked in 5 mg/mL VAN and 5 mg/mL GEN for 24 h); (F) 150:50-5V/5G-24H (150:50 soaked in 5 mg/mL VAN and 5 mg/mL GEN for 24 h); (G) 100:50-5V/8G-24H (100:50 soaked in 5 mg/mL VAN and 8 mg/mL GEN for 24 h); (H) 150:50-5V/8G-24H (150:50 soaked in 5 mg/mL VAN and 8 mg/mL GEN for 24 h); (I) 15:50-W/O (150:50 without antibiotics); (J) Decel-PTA-5V/8G-24H (M2-PAA decellularized PTA soaked in 5 mg/mL VAN and 8 mg/mL GEN for 24 h). (K) Mean bacteria inhibition area for the 100:50-5V/8G-24H, 150:50-5V/8G-24H and Decel-PTA-5V/8G-24H groups, inoculated with S. Aureus, S. Epidermidis or E. Coli, and cultured for 24 h in the disk diffusion assay. Data expressed as means (n = 3); error bars indicate 95% C.I.; MSD: minimum significant difference. Connectors indicate significant difference between originator and end arrow group.
In order to increase bacterial inhibition, the polymer samples were incubated with 5 mg/mL VAN and 8 mg/mL GEN for 24 h (100:50-5V/8G-24H, Figure 8G; 150:50-5V/8G-24H; Figure 8H). Both groups were able to completely suppress all three strains after 7 days, with the 150:50-5V/8G-24H group producing a faster suppression compared to the 100:50-5V/8G-24H. The scaffolds that were incubated with 5 mg/mL VAN and 8 mg/mL GEN for 24 h (Decel-PTA-5V/8G-24H; Figure 8J) also showed a prominent bacterial inhibition. However, complete bacterial suppression could not be achieved after 7 days. The three best performing groups (100:50-5V/8G-24H, 150:50-5V/8G-24H, Decel-PTA-5V/8G-24H) were used in the disk diffusion assay (Figure 8K). The 150:50-5V/8G-24H group demonstrated increased inhibition areas compared to the 100:50-5V/8G-24H and Decel-PTA-5V/8G-24H, for all three strains. The increase was statistically significant only for S. Epidermis (p = .011; MSD = 4.86) and E. Coli compared to the 100:50-5V/8G-24H group (p = .034; MSD = 3.27).
4 DISCUSSION
To the best of the authors’ knowledge, this was the first study on the development of a dual-component infection-resistant arterial replacement for small-caliber reconstructions, comprising a decellularized porcine tibial artery scaffold and an antibiotic-releasing polymeric outer sleeve. Previously, there have been two studies by Gong et al. (2016) and Yang et al. (2019), reporting on the development of a dual-component small-caliber graft, using a similar approach to the present study. Both studies, which were conducted by the same group, utilized rodent (rat) abdominal aortas, which were decellularised using a detergent-based protocol, combined with vacuum freeze-drying. The rat abdominal aorta has little relevance in the clinical setting for the development of a small-caliber vascular graft due to its short length, whilst it cannot be used as a model of the human abdominal aorta since the latter cannot be used as a small-caliber vascular graft in the clinical setting. The present study developed and characterized a tibial artery scaffold, which was decellularized according to a modified version of the in-house protocol, with and without nucleases, and sterilized by either PAA or γ-irradiation. The present study utilized PTA as a model of the human tibial artery, which can be used clinically as a homologous small-caliber arterial replacement. In addition, decellularized PTAs could be potentially used in the clinical setting, providing that they are free of immunogenic xenoepitopes, especially α-gal. Furthermore, the decellularisation protocol that was utilized in the previous studies demonstrated significantly inferior performance in terms of DNA removal, which is a potent marker of decellularization efficacy. Specifically, the reduction of the DNA content in the decellularised scaffolds compared to the native tissue that was reported in those studies was 70% (Gong et al., 2016), whereas in the present study the reduction in the DNA content in the developed scaffolds compared to the native tissues was up to 93.7%. Both previous studies utilized polycaprolactone (PCL) fibers that were electrospun directly on the outer surface of the decellularized rat aorta. In contrast, the approach followed in the present study was to manufacture the decellularised scaffold and polymeric sleeve separately, giving significant flexibility in both the fabrication of the polymeric sleeve and the storage of the two components (decellularised scaffold and polymeric sleeve) of the dual-component arterial graft, which would most probably require different long-term storage conditions for their off-the-self availability and the successful clinical application of the dual-component graft.
Moreover, the electrospun PCL sleeve that was developed in the study by Gong et al. (2016) was used purely for the mechanical support of the decellularised scaffold, which demonstrated a significant reduction in strength compared to its native counterpart (Gong et al., 2016). In the subsequent study by the same group, the PCL nanofibers were blended with rapamycin to fabricate a dual-component graft with a drug delivery function to prevent intimal hyperplasia (Yang et al., 2019). On the other hand, the present study developed an antimicrobial mechanism for tackling the high rate of infections, associated with vascular grafting. To the best of the authors’ knowledge, the antimicrobial mechanism proposed in the present study has not been investigated before. The work developed and characterized electrospun polymer blend tubular sleeves, fabricated with two PCL/PEG mass ratios, for engaging the scaffold and providing a local antibiotic-releasing mechanism at the site of implantation. Polymeric sleaves fabricated with PCL/PEG blends have the potential to better tailor drug release in situ after implantation, in order to control the antimicrobial activity induced by the graft. The antibiotics were loaded onto the sleeves by either fabricating them with antibiotics supplemented in the electrospinning solution, or by soaking them in antibiotics solution after electrospinning. Moreover, the effect of PAA-sterilization on the cytotoxicity and biomechanics of the polymer sleeves was also assessed, as a simple benchtop technique that could be applied for the treatment of the dual-component graft incorporating both the decellularized scaffold and polymer sleeve, without any specialized equipment.
PAA and γ-irradiation are two commonly used sterilization methods for biological tissues (Qiu et al., 2011). PAA has been reported to be bactericidal at .001% (v/v), fungicidal at .003% (v/v) and sporicidal at .3% (v/v) (Crow, 1992). In the present study, PAA was used at a concentration of .1% (v/v), which was sufficient to sterilize the PTAs and polymer sleeves. In the case of γ-sterilization, a dose of 25 kGy has been routinely applied for medical devices and biological tissues (da Silva Aquino, 2012). However, recent studies have reported that bovine decellularized pericardium (Guhathakurta et al., 2016) and human tendon, tracheal, skin and amnion (Harrell et al., 2018) treated with 25 kGy demonstrated a significant mechanical and biological deterioration, whereas porcine aortic heart valves treated with as low as 1 kGy demonstrated significant biomechanical and ultrastructural changes in vitro, and significant deterioration after only 2 months in vivo (Helder et al., 2016). In the present study, a dosage of 150 Gy was sufficient to sterilize the decellularized PTAs, as assessed by sterility testing. However, it should be noted that following isolation, and prior to decellularization, the PTAs were disinfected by incubation with an antibiotics solution. This would have reduced the bioburden of the PTA scaffolds prior to sterilization with either PAA or γ-irradiation.
Histology confirmed that the scaffolds, regardless of whether they were treated with (M2) or without (M1) nucleases, or sterilized by PAA or γ-irradiation, were void of cells, nuclei and cellular debris, and generally preserved the trilaminar structure of the native tissue, with a seemingly well-preserved networks of collagen and elastic fibers. Some disruption in the ECM was observed, but this was due to the voids generated by the cell removal. However, the scaffolds were also depleted of acidic mucins, indicating depletion of GAGs, although neutral polysaccharides were retained in the ECM. This has also been reported by previous studies that used detergent-based decellularization (Luo et al., 2014; Granados et al., 2017). The scaffolds also demonstrated a preserved IEL and EEL elastic laminae, with the former being an important feature for endothelial cell attachment and resistance to thrombus formation (Wilshaw et al., 2012). Nevertheless, under multiphoton microscopy, and whilst the γ-irradiation scaffolds demonstrated a IEL with a sheet-like morphology, resembling that of native arteries that was reported in previous studies (Neufeld et al., 2013), the IEL of the PAA-treated scaffolds was found to be significantly disrupted, demonstrating a shredded-like morphology. However, multiphoton microscopy showed that the collagen histoarchitecture in the media was similar between the two sterilization treatments. Detrimental effects in the PAA-treated samples could also be observed under TEM. Although at low magnification all scaffolds were void of cells and cellular debris, with well-maintained collagen and elastic fiber networks, at high magnification the surface of the elastic fibers of the PAA-treated scaffolds seemed to be depleted of thin fibrils that decorated the native and γ-irradiated samples. Similar differences were observed in the collagen, with the PAA-treated scaffolds lacking thin structures, probably representing tropocollagen and collagen fibrils, which were present in the native and γ-irradiated samples.
Immunohistochemical staining showed that collagen IV was strongly present in the basal lamina, intima and media of the native, M1-γ and M2-γ samples, but not in the PAA-sterilized scaffolds, in which collagen IV staining was completely absent. This indicated that the PAA-treated scaffolds were either depleted of collagen IV, or the collagen IV structure was altered by the PAA treatment and rendered unrecognizable by the anti-collagen IV antibody. Collagen IV presence has been suggested to promote scaffold endothelialization (Brown et al., 2006). However, decellularized pulmonary valves treated with trypsin/EDTA, which was shown to remove the basement membrane, were successfully re-endothelialized in vitro (Cebotari et al., 2002). The immunohistochemical staining also demonstrated a high presence of the α-gal xenoepitope in the scaffolds treated with both M1 and M2, albeit reduced compared to the native tissue. The M2-PAA scaffolds presented the least α-gal staining, present only in the media of the scaffolds. Successful clinical translation of xenogeneic scaffolds necessitates the effective removal of xenoantigens, especially α-gal, which has been identified as responsible for hyperacute xenograft rejection in humans (Simon et al., 2003). It has been suggested that apart from cellular membranes, α-gal is also present on ECM proteins and proteoglycans of xenogeneic tissues. As such, complete removal of α-gal might not be possible by decellularization alone (Galili, 2015). This xenoepitope could be selectively removed by α-galactosidase, or α-gal-knockout pig tissue could be used for scaffold development. In animal tissue, however, additional xenoantigens, such as N-glycolylneuraminic acid, are present that have been linked to chronic and systemic inflammation (Samraj et al., 2015).
In addition, decellularized scaffolds should be void of DNA, since they have been linked to inflammatory responses (Keane et al., 2012), whereas large DNA fragments could potentially act as nucleation sites for calcification (Wilshaw et al., 2012). DNA reduction is an important measure of the effectiveness of a decellularization protocol, whereas absence of a substantial DNA content in a scaffold is highly desirable for clinical application (Wilshaw et al., 2012). The DNA content of both the M1-and M2-treated scaffolds was significantly reduced compared to the native tissue, with the reduction being significantly greater in the scaffolds treated with nucleases than those treated without. Gilbert and colleagues used the PicoGreen assay to quantify double-stranded DNA in commercially available biological scaffolds, and found small amounts of residual DNA in most of them. Based on this, residual DNA lengths of less than 300 bp, and DNA contents of less than 50 ng/mg of dry tissue have been considered acceptable (Gilbert et al., 2009). The residual amount of DNA obtained with the Nanodrop spectrophotometer in the present study for the M2-PAA and M2-γ scaffolds was 4.4 ± 2.6 and 4.3 ± 3.2 ng/mg, respectively (Figure 4A). Similar values of residual DNA have been reported for decellularized human common femoral arteries (7 ± 1 ng/mg) (Wilshaw et al., 2012) and human aortas (5 ± 1.5 ng/mg) (Aldridge et al., 2018). The DNA amount measured for the native PTAs was 68.9 ± 11.9 ng/mg, which corresponds relatively well to the DNA values of 273 ± 72 ng/mg and 88 ± 43.4 ng/mg, reported previously for the native human common femoral artery (Wilshaw et al., 2012) and native human aorta (Aldridge et al., 2018), respectively. It should be noted that unlike the PicoGreen assay, which is more sensitive, but limited to only detecting double-stranded DNA, the spectrophotometric method used in the present study was able to detect both single- and double-stranded DNA, giving a better quantification of the DNA content.
With regards to HYP, the mean content measured for the native PTAs was 39.68 ± 8.80 μg/mg of dry tissue. Considering that HYP constitutes 1/7.14 of collagen, the content measured corresponds to a collagen content of 283.34 ± 62.83 μg/mg of dry native tissue. This value corresponds well to the collagen contents of 173.6 ± 29.4 μg/mg and 259.18 ± 21.42 μg/mg, reported previously for the native human aorta (Aldridge et al., 2018) and native porcine pulmonary artery (Luo et al., 2014). Similar comparability was found in the mean dHYP and sGAG content of the native PTA, with the values obtained in the present study (1.75 ± .18 and 8.81 ± 1.36 μg/mg of dry tissue, respectively) corresponding well to the mean dHYP and sGAG content of native porcine pulmonary artery (2.8 ± .3 and 9.7 ± 1.2 μg/mg of dry tissue, respectively), reported by Luo et al. (2014). The mean HYP and dHYP contents of all scaffolds were significantly increased compared to the native control. No significant difference was found between the decellularized groups, except for the case of the mean dHYP content of M2-γ group, which was significantly increased compared to the other scaffold groups, indicating a possible damaging effect of the M2-γ treatment on the collagen fibers. The increase in the HYP and dHYP contents of the decellularized compared to the native PTAs was most probably due to the loss of tissue components during decellularization, which affected the overall constitution of the scaffolds. Specifically, and in addition to the removal of the cellular mass, the scaffolds were also depleted of a significant amount of their GAG content, as evidenced both by the Alcian Blue/PAS staining and the biochemical results, which showed that the mean sGAG content of all decellularized groups was significantly reduced, compared to the native control. The loss of these components increased the relative amount of HYP per unit mass of the scaffolds. The decrease in the GAG and the increase in the HYP content following decellularization, has been reported by previous studies with detergent-based decellularization (Korossis et al., 2002; Wilshaw et al., 2012; Luo et al., 2014; Granados et al., 2017). No significant differences were observed in the sGAG content between the scaffolds decellularized and sterilized with the different protocols.
Previous studies have suggested that the loss of GAGs contributes to changes in the mechanical properties of the tissues through disruption of their interaction with other ECM components (Sacks et al., 2011; Luo et al., 2014). GAGs interact with collagen and elastic fibers and cells, and form proteoglycans, which have been reported to contribute to collagen assembly and crimping, and mediate the formation of mature collagen fibers. It has been suggested that fibrillogenesis of collagen I is regulated by GAGs, which are entrapped within the collagen fiber network (Yoon and Halper, 2005). GAGs have been reported to confer increased stiffness to and attract water into the ECM, giving the tissue turgor (Sacks et al., 2011). The biomechanical analysis in the present study indicated a trend of reduced elastic and collagen phase slope (indicating increased scaffold extensibility) for the γ-irradiated and PAA-treated scaffold groups, respectively. However, these decreases were not statistically significant. Nevertheless, it should be noted that the thickness of the decellularized PTA groups was significantly decreased compared to the native control, most probably due to the GAG loss, which made the samples more compressible by the thickness measuring device. Taking this into account and calculating the elastic and collagen phase slopes of the force-strain plots (instead of the stress-strain plots) of the native and decellularized PTA samples, in terms of the force generated per unit strain (N/mm/mm), statistically significant differences were found between the native and decellularized PTA groups. Specifically, the mean values calculated for the elastic phase slope of the native, M1-PAA, M2-PAA, M1-γ and M2-γ groups were .55 ± .24N, .38 ± .12N, .24 ± .11N, .29 ± .10N, and .25 ± .08N, respectively, whereas the corresponding values for the collagen phase slope were 20.58 ± 8.07N, 9.19 ± 4.07N, 6.94 ± 3.77N, 11.29 ± 3.30N and 11.86 ± 7.08N, respectively. With regards to the elastic phase slope, the mean values of the M2-PAA, M1-γ and M2-γ groups were significantly decreased compared to the native control (p = .002; MSD = .23), whereas in the case of the collagen phase slope, only the PAA-treated groups (M1-PAA and M2-PAA) demonstrated significantly decreased values compared to the native control (p = .002; MSD = 9.35). Similar significant differences were also found in the case of the transition and failure strains (not a function of the thickness of the sample, but only of its length). These findings indicated that the decellularized groups were more extensible compared to the native control in both the elastic and collagen phases. The increased extensibility of the scaffold groups in the elastic phase could be potentially attributed to the GAG and proteoglycan loss, which allowed the ECM to deform more freely. The GAG and proteoglycan loss could also have caused the increased extensibility in the collagen phase of the PAA-treated samples, which they also showed the highest GAG reduction, together with collagen IV loss. No significant differences or trends were found between the decellularized groups and the native control in the transition stress and ultimate tensile strength. The latter was also reflected in the burst pressures of the PTA scaffolds. Specifically, none of the decellularisation/sterilization protocol combinations produced and significant changes in scaffolds compared to the native PTA control (Figure 7G).
The contact cytotoxicity assessment of the decellularized PTA scaffolds and the polymer sleeves indicated that there were no cytotoxic effects on the seeded L929 fibroblasts. However, in the case of the extract cytotoxicity with the PTA scaffolds, and even though their ATP levels was significantly higher than the positive control [80% (v/v) DMSO], a cytotoxic effect was observed in the case of the M1-PAA, M2-PAA, and M1-γ groups, whose ATP levels were significantly reduced compared to the negative control (RPMI 1640). This could be potentially indicative of residual detergents in the scaffolds, and the need for increased washing cycles for effectively removing detergent residues. No cytotoxic effects were observed in the extract cytotoxicity assessment with the sleeve samples. Moreover, under SEM the 150:50 sleeves, demonstrated a more uniform structure with thicker fibers and larger pores, compared to the 100:50 sleeves, which showed a variable fiber thickness and generally thinner fibers. These differences could potentially have an effect on the degradation rates of the polymer sleeves. The increased porosity of the 150:50 sleeves could have potentially increased the intake of antibiotic solution during soaking, which, in turn, caused a higher release of antibiotics. In addition, the increased fiber thickness of the 150:50 blend indicated an increase in the specific area of the fibers, which would have increased the amount of antibiotics that physically bound to the polymer during soaking. These features of the 150:50 sleeves could have potentially contributed to their superior antimicrobial performance.
The differences found in the structure of the sleeves fabricated with the two polymer blends were manifested in their mechanical properties. Both polymer blends demonstrated biphasic stress-strain behaviors, with a primary high-modulus linear phase and a secondary low-modulus linear region. The 150:50 group demonstrated significantly higher primary phase slope and failure strain, and significantly reduced secondary phase slope and ultimate tensile strength, compared to the 100:50 group, demonstrating the “tailorability” of the biomechanics of the sleeve using different PCL/PEG mass ratios. The biomechanical assessment did not demonstrate significant differences between the axial and circumferential directions of the two polymer blends, indicating that they were quite isotropic. Moreover, the PAA treatment did not affect the biomechanics of the polymer groups, whereas there were no differences in the thickness between any of the groups tested, indicating the high repeatability of the electrospinning technique. Comparing the physical properties of the two components, the thickness of the sleeves was about half the thickness of the PTA scaffolds. This can be considered an advantage, given the limited space at the implantation site and the minimal disturbance that needs to be imposed on the surrounding tissues. However, there was a significant modulus mismatch between the scaffolds and the sleeves along their axial direction, especially in the case of the 150:50 sleeves, with the sleeves demonstrating higher slopes (less compliant) at low strains (primary phase) than the scaffolds at low strains (elastic phase). On the other hand, the axial collagen phase slope (high strains) of the scaffolds was higher than the axial secondary phase slope of the sleeves, indicating that at higher strains the sleeves would impose little resistance to scaffold dilation under the in vivo pulsatility. The scaffolds and the 100:50 sleeves demonstrated comparable axial strains to failure, whereas both the 100:50 and 150:50 sleeves demonstrated higher axial ultimate tensile strengths compared to the PTA scaffolds.
Comparison of the biomechanical behavior of the scaffolds and polymer sleeves along their circumferential direction is more important for understanding their functional mismatch/compatibility under pulsatile flow and subsequent graft dilation in vivo. In the present study, only the axial direction of the scaffolds was tested, since it was not possible to assess the biomechanics of the PTAs along their circumferential direction, due to their small diameter. Nevertheless, previous studies have shown that the circumferential direction of the blood vessels, which is the main alignment direction of the collagen fibers in the media, is considerably stiffer than the axial direction. Korossis et al. (2005) reported mean elastic phase slopes of .16MPa and .29 MPa for the axial and circumferential direction, respectively, and mean collagen phase slopes of 1.26 MPa and 3.78 MPa for the axial and circumferential direction, respectively, for the native porcine aorta. Luo et al. (2014) reported mean elastic phase slopes of .03 MPa and .04 MPa for the axial and circumferential direction, respectively, and mean collagen phase slopes of .51 MPa and .79 MPa for the axial and circumferential direction, respectively, for the native porcine pulmonary artery. Therefore, it can be safely concluded that the circumferential direction of both the native and decellularized PTAs would demonstrate higher elastic and collagen phase slopes compared to their axial direction. This would reduce the modulus mismatch between the scaffolds and sleeves at low strains. Moreover, the decellularized PTAs in the present study demonstrated increased extensibility compared to their native state. This has also been reported by several previous studies, for both the axial and circumferential direction of blood vessels decellularized with detergents (Korossis et al., 2005; Luo et al., 2014). Considering this, and although a reduced distensibility of the sleeve might be regarded problematic in restricting scaffold dilation in vivo, a modulus mismatch between the sleeve and the scaffold might actually be beneficial in preventing potential aneurysmatic behavior of the scaffold. In any case, and since the predominant function of the polymer sleeve would be to induce antimicrobial activity in situ, a setup could be considered in which the polymer sleeve is sized so that its internal diameter is larger than the outer diameter of the PTA scaffold, so that the former does not obstruct the dilation of the latter. Alternatively, the sleeve could be incised axially, so that to minimize the circumferential resistance imposed on scaffold dilation. In terms of the burst pressure characteristics of the dual-component graft, comprising the PTA scaffold and polymeric sleeve, none of the four scaffold decellularisation/sterilization combinations (M1-PAA, M2-PAA, M1-γ, M12-γ), and none of the two polymeric sleeves (100:50 or 150:50) affected the burst pressure of the dual-component graft significantly, compared to the native control or to each other. The dual-component graft groups comprising the 100:50 polymer blend sleeve for all scaffold decellularisation/sterilization combinations demonstrated a trend for increased burst pressures compared to all other groups and the native PTA control, but this increase was not statistically significant, except for the case of the M1-PAA-treated scaffold group, fitted with the 100:50 polymer blend sleeve, for which the increase was statistically significant compared to the M1-PAA-treated scaffold group without a sleeve (Figure 7G). These findings indicated that the dual-component graft can withstand similar burst pressures to the native PTA. However, further testing would be required to assess the dilation characteristics of the dual-component graft under physiological/pathological pressure conditions, with a view to assessing any potential aneurysmatic behaviour of the graft in vivo.
With regards to the antibacterial activity of the antibiotics-loaded sleeve and decellularized PTA, the sleeves that were fabricated with antibiotics supplemented in the electrospinning polymer blend solution (100:50A and 150:50A) were not able to suppress bacterial growth, most probably due to minimal release of the entrapped antibiotics, which, in turn, could have been due to the minimal degradation of these polymer blends over the 7-day period. Similar behavior was also observed with the sleeve samples that were soaked in antibiotic solutions for 1 h (100:50-5V/5G-1H and 150:50-5V/5G-1H). In this case, the antibiotic uptake by the polymers within 1 h, and the subsequent antibiotic release over 7 days, was not sufficient to suppress the growth of the strains tested. By increasing the incubation time to 24 h (100:50-5V/5G-24H and 150:50-5V/5G-24H), the polymers were able to suppress the growth of S. Epidermis and S. Aureus, but not E. Coli. The polymer samples that were incubated with 5 mg/mL VAN and 8 mg/mL GEN for 24 h (100:50-5V/8G-24H and 150:50-5V/8G-24H) demonstrated the best antibacterial activity, with both groups completely suppressing all three strains after 7 days. Overall, the 150:50-5V/8G-24H demonstrated the best performance, with a faster and complete antimicrobial suppression, which was also superior to the decellularized PTA group (Decel-PTA-5V/8G-24H) that could not achieve complete bacterial suppression after 7 days. The superior performance of the 150:50-5V/8G-24H group was confirmed in the disk diffusion assay, with this group demonstrating the largest inhibition area compared to the other two groups tested (100:50-5V/8G-24H and Decel-PTA-5V/8G-24H). The improved antimicrobial performance of the 150:50 polymer groups could be attributed to their structure, which demonstrated larger pores and thicker fibers that allowed higher impregnation by the antibiotics solutions and higher specific area for antibiotics binding, respectively, which in turn produced faster and increased release of antibiotics compared to the 100:50 sleeves.
5 CONCLUSION
This study assessed the biological, biomechanical, ultrastructural and antimicrobial performance of the components of a dual-component graft, comprising a decellularized PTA scaffold and an antibiotic-impregnated PCL/PEG blend sleeve. The inclusion of nuclease enzymes in the decellularization protocol reduced the amount of residual DNA in the scaffolds, as expected, without further affecting the other biological or biomechanical properties of the scaffold. Although the decellularization treatment was not able to effectively remove the α-gal xenoepitope, it could be used for the decellularization of human or α-gal-knockout small-caliber arterial grafts. Among the two sterilization treatments investigated, γ-irradiation with 150Gy produced the least detrimental effects, whereas treatment with 1% (v/v) PAA caused degradation of the collagen IV content of the scaffolds, and ultrastructural changes in the collagen and elastic fibers, and IEL. The assessment of the polymer sleeves, which were fabricated with two different PCL/PEG mass ratios, demonstrated that it is possible to tailor the biomechanical properties of the sleeve, so that it does not interfere with the dilation of the decellularized graft in vivo, or indeed to restrict any potential aneurysmatic behavior. Furthermore, the antimicrobial assessment demonstrated that it is also possible to tailor the antibiotics-releasing properties of the sleeve. Owing to the encouraging results obtained in this study, future work will focus on assessing the short- and long-term degradation rates of the PCL/PEG blend sleeve, as well as its antibiotics uptake and release kinetics, and any potential biofilm formation. In the case of the decellularized PTA scaffold, further studies will quantify potential detergent residues in the scaffold and will optimize the decellularization protocol in terms of more effective detergent and α-gal removal. Moreover, the biomechanical, haemodynamic and haemocompatibility function of the dual-component graft will be assessed in vitro, followed by in vivo testing in a large animal model.
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Triton X-100 1% 66.8 100.0 40.0 101.3 106.8
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Sample Young’s Poisson’s ratio (v)
modulus (E) kPa

cst 233 317
cs2 288 6.93
Cs3 470 1.69
ES1 1,284 1.61
ES2 1,134 0.74
ES3 831 3.00
ES4 576 3.83
ES5 770 1.46

CS1-3 refers to the porcine cardiac tissue samples 1-3. ES1-5 refers to the printed.
decellularized extracellular matrix samples 1-5.
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Chemical  Organic Solvents

Chelators

Toxins.

lonic detergents

Non-ionic detergents

Zwitterionic detergents

Hypotonic and
hypertonic solutions

Acid and Alkaline

Biological ~ Esterase

Protease

Nuclease

Physical  Freeze-thaw cycles
Agitation
Pressure

Supercritical fluids

Agent

Alcohols (eg., ethanol)
Acetone
TnBP

EDTA
EGTA

Latrunculin B

SDs

sD

Triton X-200
Triton X-100

CHAPS

$B-10

SB-16

Sodium chloride solution

PAA and EDTA Sodium
hydroxide

Phospholipase A2

Trypsin
Pepsin
Dispase
DNase
RNase

Properties

Cell ysis by dehydrating the tissue
May disrupt ECM ultrastructure

Disrupts protein-protein connections

May enhance collagen crossinking

Disrupts cell adhesions

Usually combined with other agents such as trypsin due
to low efficacy in cell removal

Acts through actin rearrangement

Mostly used for decellularizing skeletal muscle

High efficacy in cell removal by solubilizing cell
membrane

May disrupt ECM ultrastructure

Gentle cell removal by disrupting lipid-lipid and lipid-
protein connections

Gentle disruption of the ECM structure

Properties of ionic and non-ionic detergents May disrupt
basement membrane

Osmotic shock induction

Low efficacy in remnant removal

Minimal ECM disruption

Solubilizing cytoplasmic cell components and nucleic
acid disruption Can disrupt ECM components

Cleaving ester bonds in the cell membrane May disrupt
ECM components

Cleaving peptide bonds May disrupt ECM components
over prolonged exposure

Cleaving nucleotide bonds

Gell death due to crystallization of intracellular water
Extracellar crystalization can disrupt ECM

Gell death directly o by assisting in chenical exposure
and remnant/toxic removal

GellMermbrane destruction May damage biomecharical
properties of ECM

Assisting in chemical exposure and remnant/toxic
removal
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Vascular product

Artegraft®: bovine carotid
artery(Harlander-Locke et al.,
2014)

Product information

Decellularized steer’s carotid
artery through physical and
chemical treatments; 1D
4-8 mm; length:15-50 cm

Approved indications

Distal/segmental aorta
replacement, arterial bypass/
patch graft, arteriovenous
shunt, and femoropopliteal
bypass in lieu saphenous vein

Clinical applications

Hemodialysis arteriovenous
fistula grafting, salvage and
repair, and lower extremity
arterial trauma bypass

Product advantages/
Disadvantages

Reduced thrombus and patency
rates compared to ePTEE, good
saturability, and collagen matrix
retains native cross-weave pattern
with natural biocompatibility
products available in multiple
sizes to match host vessels

Cryovein®: human femoral vein
(Fercana et al.,, 2014; Devillard
and Marquette, 2021)

Small diameter grafts such as
cryopreserved saphenous vein
allografts

Saphenous veins, femoral veins,
and femoral arteries for
salvaging a localized prosthetic
graft infection

Hemodialysis applications
and extended lengths used to
treat acutely ischemic limbs

Promising short-term, but
extended thrombosis, poor 1-year
patency, and aneurysmal
degeneration led to rupture,
alcification, and limited use

Cytograft, Lifeline™ (Carrabba
and Madeddu, 2018)

Humacyte® (Devillard and
Marquette, 2021)

Vascular graft is a living conduit
with the properties of a native
vessel

Polyglycolic acid biodegradable
scaffold with SMCs from
deceased organ and tissue
donors

Self-assembled cell-sheet of
human fibroblast in a shape of
vascular conduit

Resulting bioengineered vessel
is then decellularized to create
conduit

Arteriovenous shunt for
hemodialysis

Conducted its phase 11
dlinical trials in patients with
end-stage renal disease

ECs were seeded in graft after
devitalization, and constructed
using patient cells, void of
synthetic or exogenous material,
but requires 6-9-month
production time

63% permeability 6 months after
implantation (in 60 patients),
absence of immune response and
lower infection rate than ePTFE
grafts, yet permeability rate was
18% (< than ePTFE)12 months
after implantation

MatrACELL®: decellularized
ECM (Porzionato et al., 2018)

Decellularized human
pulmonary artery patch

Anionic detergent, N-Lauroyl
sarcosinate, and endonuclease

Pulmonary valve
replacement

Retained biomechanical
properties, biocompatible, and
able to support cellular and
vascular in-growth

ProCol®: bovine mesenteric vein
(Schmidli et al,, 2004)

Glutaraldehyde cross-linked
bovine mesenteric vein; ID:
6 mm; length: 10-40 cm

A bridge graft for vascular
access

Synthetic vascular grafts for
patients who have at least
one-time failed graft access

Improve pulsatile forward flow,
durability, anastomotic
compliance, minimal bleeding,
and good degree of biocompatible

Solcograft® bovine carotid artery
(Lin et al, 2018)

Decellularized carotid artery
cross-linked with adipyl
dichloride

Vascular conduits for pediatric
and adult use

Aortic, aortoiliac, carotid and
vena cava replacement

Increased biochemical properties,
no aneurysm, reduced infection
and early thrombosis, and
homogenous structure before and
after implantation

SynerGraft®: cadaver saphenous/
femoral veins (Pashneh-Tala
et al., 2016)

Dimethyl sulfoxide-
cryopreserved cadaver veins:
Saphenous vein ID: 3-6 mm;
length: 20-80 cm; Femoral vein
1D: 6-15 mm; length: 10-30 cm

Saphenous vein bypass below
knee in patients with infected
fields that can’t generate fistulas

Arteriovenous access line,
and bypass below knees for
patients with infected fields
and/or at risk of infection

Excellent durability and
hemodynamics, and virtually
climinates presence of allogenic
donor cells to maintain matrix
structural integrity and need for
anticoagulation
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Decellularization technique

Physical Free-thaw cycle
treatments
High hydrostatic pressure
Electroporation
Supercritical fluid
Subcritical fluid
Immersion and agitation
Perfusion
Chemical Acids and bases
treatments
Surfactants (ionic, non-ionic and
awitterionic)
Chaotropes.
Osmotic stress
Biologic Enzymatic approach
treatments

Combination of physical/chemical/

enzymatic treatments

Mechanisms of action

Thermal shock generated from repeated freezing and thaw cycles
ruptures membranes

Cold isostatic pressure disrupts cellular membranes within tissues

Microsecond- durational electrical pulses to enhance the cellular
membrane permeability drastically

Gases/liquids exist above critical pressure/temperature eliminate cell
compartments within tissues

Liquefied (subcritical) DME extracts lipids of tissues

Immerse tisstes in chambers with decellularizing agents, and agitate
tissues with a magnetic plate, ultrasound source, shaker, or an agitator
attached to the end of the chamber.

The fluid (agent solution) passage through the circulation system to
tissues/organs

Bases hydrolyze proteins to promote cellular debasement and acids lead
to denaturation and protein function loss

Lyse cell membranes through protein crystallization, destabilizing,
denaturing, targeting lipid-lipid interactions

Chaotropic agents disrupt the hydrogen bonding networks, van der
‘Waals forces, and hydrophobic effects

Hypertonic/hypotonic solution-induced osmotic stress/shock responses
disrupt cell stability and interfere with the interaction between DNA
and proteins

Enzyme-based processes that disrupt the bonds and interactions
between nucleic acids and interacting cells through the disruptions of
neighboring proteins and other cellular components.

Physical, chemical, and enzymatic treatments are combined to optimize
vascular decellularization

References

Rabbani et al. (2021)
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Syed et al. (2014)

He and Callanan, (2013), Corridon et al
(2017), Xu et al. (2017)

Mendoza-Novelo et al. (2011), Angelova
etal. (2018)
Koley and Bard (2010)

Salvi et al. (2005)

Fu et al. (2014)

Rieder et al. (2004), Fu et al. (2014)

Row et al. (2017)





OPS/images/fbioe-10-951644/fbioe-10-951644-g002.gif





OPS/images/fbioe-10-951644/fbioe-10-951644-g001.gif





OPS/images/fbioe-10-951644/crossmark.jpg
©

|





OPS/images/fbioe-10-833244/math_qu1.gif





OPS/images/fbioe-10-833244/fbioe-10-833244-g008.gif





OPS/images/fbioe-10-833244/fbioe-10-833244-g007.gif
]

= e O Yursmessmeopwen ®
— H
el

nnnnn

m o

-
L
-

\‘ -
=
o
- S——
e

3
—

of . | || siEe
* i
0 P
3w 5
-

‘# 1 l n'

gh J'l lll N

‘ “ " ‘l i*E






OPS/images/fbioe-10-833244/fbioe-10-833244-g006.gif





OPS/images/fbioe-10-833244/fbioe-10-833244-g005.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g006.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g007.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g008.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g002.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g003.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g004.gif





OPS/images/fbioe-09-756755/fbioe-09-756755-g005.gif





OPS/images/fbioe-09-727869/fbioe-09-727869-g008.gif





OPS/images/fbioe-09-756755/crossmark.jpg
©

|





OPS/images/fbioe-09-756755/fbioe-09-756755-g001.gif





OPS/images/fbioe-11-957458/crossmark.jpg
©

|





OPS/images/fbioe-10-896269/fbioe-10-896269-t002.jpg
Gene group relative changes in gene expression™
4 weeks 8 weeks
housekeeping TOP2B p2M TOP2B p2M
immunomodulatory IL 10 ™ il T T
TNF a T 1 T T
TGFBR2 1 = 1 1
pro-angiogenic VEGFA ] g 1 T
FGF2 i 1 1 g
PGF T ™ T T
PDGFB [ J 19 1
pro-survival HGF 1 T 1 T
SDF1 i 1 1 1
IGF1 1* i 1 1
AKT1 1 1 T T
remodeling-associated MMP2 1 1 1 T
MMP9 T 1 T s
TIMPL T 1 1 1
infarction-specific NPPA 1 Tl 1 T
NPPB i 1 1 T

Rlitivie chiisiees Wi aibater 3o vettviailie ook ol Gl reincctve: aiiis Sonbil BRE . § S OIS, 5 ETI™, 54 G00L:





OPS/images/fbioe-10-896269/fbioe-10-896269-t001.jpg
Experimental groupa timepoints rationale

-LAD/-TEMS 4/8 weeks control (native heart)
-LAD/+TEMS 4/8 weeks effect TEMS on healthy heart
+LAD/-TEMS 4/8 weeks control (infarcted heart)
+LAD/+TEMS 4/8 weeks effect TEMS on infarcted heart

"-LAD, respective sham operation; +LAD, myocardial infarction via LAD-ligations
“TEMS, respective sham operation; +TEMS, ventricular stabilization via TEMS,

implantation.





OPS/images/fbioe-10-896269/fbioe-10-896269-g006.gif





OPS/images/fbioe-10-896269/fbioe-10-896269-g005.gif
1

.
Bren

§






OPS/images/fbioe-10-896269/fbioe-10-896269-g004.gif





OPS/xhtml/Nav.xhtml




Contents





		Cover



		Tissue and organ decellularization strategies in regenerative medicine; recent advances, current translational challenges, and future directions



		Editorial: Tissue and organ decellularization strategies in regenerative medicine; recent advances, current translational challenges, and future directions



		Author contributions



		Publisher’s note



		References









		Engineering Functional Vasculature in Decellularized Lungs Depends on Comprehensive Endothelial Cell Tropism



		Introduction



		Methods



		Statistics









		Results



		Characterization of Pulmonary Endothelial Cells



		Selective populations of endothelial cells and progenitor cells are necessary for segment-specific revascularization of decellularized lungs



		Revascularized Lung Scaffolds Retain Endothelial Cells that Maintain Functional Attributes



		RMEPCs-reseeded decellularized lung scaffolds display enhanced repopulation and functional barrier properties









		Discussion



		Data Availability Statement



		Ethics Statement



		Author Contributions



		Funding



		Publisher’s Note



		Supplementary Material



		References









		Decellularized Whole-Organ Pre-vascularization: A Novel Approach for Organogenesis



		INTRODUCTION



		Materials and Methods



		Animals



		Rat Whole-Liver Decellularization



		ADSC Isolation and Culture



		Decellularized Scaffold Implantation Surgery



		Fresh BM Collection and Transplantation



		ADSC Collection and Transplantation



		Follow-up During the Pre-Vascularization Period



		Pancreatic Islet Isolation and Transplantation



		Follow-up after Islet Transplantation



		IVGTT



		Ex Vivo Micro-CT



		Immunohistochemistry



		Statistical Analyses









		Results



		Gross Morphology



		Blood Glucose Level



		Micro-CT



		Immunohistochemistry









		Discussion



		Data Availability Statement



		Ethics Statement



		Author Contributions



		Funding



		Publisher’s Note



		Acknowledgments



		Supplementary Material



		Abbreviations



		References









		A Pulmonary Vascular Model From Endothelialized Whole Organ Scaffolds



		1 Introduction



		2 Results



		2.1 Reendothelialization of Decellularized Whole Lung Scaffolds



		2.2 PMECs Cultured in Lung Scaffolds Regain Native-Like Functional Endothelial Character Compared to PMEC on Tissue Culture Plastic



		2.3 PMECs Partially Regain Native Heterogeneous Endothelial Phenotypes in Repopulated Lungs



		2.4 Human iPSC-ECFCs Start to Gain Human Lung Endothelial Phenotypes in Repopulated Lungs



		2.5 Using Repopulated Lungs to Model Barrier Damage During Inflammation









		3 Discussion



		4 Methods and Materials



		4.1 PMEC Isolation and Culture



		4.2 Immunofluorescent Staining



		4.3 Transmission Electron Microscopy



		4.4 Quantitative Real-Time Reverse Transcription-PCR



		4.5 Western Blot



		4.6 Lung Decellularization



		4.7 Human iPSC-Derived Endothelial Colony Forming Cells Culture



		4.8 PMEC and iPSC-ECFC Culture in Decellularized Lung Scaffolds



		4.9 Measurement of Internal Pressures



		4.10 Ex Vivo Lung Culture



		4.11 10x scRNAseq Library Preparation, Sequencing, and Alignment



		4.12 scRNAseq Data Filtration, Normalization, Scaling, and Clustering



		4.13 Cluster Identification by Differentially Expressed Genes



		4.14 Combined



		4.15 Bulk RNA Sequencing



		4.16 Statistical Analysis









		Data Availability Statement



		Ethics Statement



		Author Contributions



		Funding



		Publisher’s Note



		Supplementary Material



		References









		Decellularization Following Fixation of Explanted Aortic Valves as a Strategy for Preserving Native Mechanical Properties and Function



		Introduction



		Materials and Methods



		Treatment of Porcine Aortic Valves



		Fourier Transform Infrared Spectroscopy



		Scanning Electron Microscopy



		Mechanical Performance



		Hydrodynamic Assessment



		Statistical Analysis









		Results



		Micromechanics and Surface Characterization of Valve Leaflets



		Combination of Fixation and Decellularization Yields Native Tissue-Mimicking Mechanical Properties



		Hydrodynamic Assessment of Chemically Treated Aortic Valves









		Discussion



		Data Availability Statement



		Author Contributions



		Funding



		Publisher’s Note



		Acknowledgments



		Supplementary Material



		References









		Decellularized Tissues for Wound Healing: Towards Closing the Gap Between Scaffold Design and Effective Extracellular Matrix Remodeling



		Introduction



		Skin Structure and Wound Healing Process



		Normal Wound Repair Process



		Chronic Wound Healing









		The Role of Extracellular Matrix in Wound Healing



		Decellularized Extracellular Matrix



		Decellularized Extracellular Matrix Used as Membranes



		Decellularized Extracellular Matrix Powders for Tissue Specific Regeneration Applications









		Discussion



		Author Contributions



		Funding



		Publisher’s Note



		References









		Can Heart Valve Decellularization Be Standardized? A Review of the Parameters Used for the Quality Control of Decellularization Processes



		Introduction



		Heart Valve Decellularization



		Decellularization Techniques



		Chemicals Approaches



		Enzymatic Approaches



		Physical Approaches



		Programmed Cell Death Approach









		Assessment of Decellularization Effectiveness



		Immunocompatibility



		Detergents Remnants



		Broken Hyaluronic Acid Molecules









		Need for the Future



		Author Contributions



		Publisher’s Note



		References









		Applications of Tissue Decellularization Techniques in Ventricular Myocardial Biofabrication



		Introduction



		Decellularization and Recellularization



		History









		Ventricular Augmentation and Biofabrication



		Decellularized Extra-Cellular Matrix









		Conclusion



		Author Contributions



		Funding



		Publisher’s Note



		References









		Decellularization Strategies for Regenerating Cardiac and Skeletal Muscle Tissues



		1 Introduction



		2 Methods of Decellularization



		2.1 Decellularization Methods for Cardiac Tissue



		2.2 Decellularization Methods for Skeletal Tissue









		3 Biophysical Properties: ECM Composition



		3.1 Cardiac dECM Composition



		3.2 Skeletal Muscle dECM Composition









		4 Biophysical Properties: Topography



		4.1 Cardiac dECM Topography



		4.2 Skeletal Muscle dECM Topography









		5 Biophysical Properties: Mechanical Properties



		5.1 Cardiac dECM Mechanical Properties



		5.2 Skeletal Muscle dECM Mechanical Properties









		6 Emerging Research



		6.1 Emerging Research in Cardiac dECM



		6.2 Emerging Research in Skeletal Muscle dECM









		7 Commentary on Future Directions for Cardiac and Skeletal Muscle dECM



		Author Contributions



		Funding



		Publisher’s Note



		References









		Novel Decellularization Method for Tissue Slices



		1 Introduction



		2 Materials and Methods



		2.1 Organ Procurement and Sample Preparation



		2.2 Decellularization Protocol and Methods Comparison



		2.3 Attachment to the Glass Slide



		2.4 Immunofluorescence, DNA and Histological Staining



		2.5 Mechanical Testing by Atomic Force Microscopy



		2.6 Cell Culture



		2.7 Biocompatibility Assay



		2.8 Imaging and Decellularization Quantification



		2.9 Versatility of the Method for Different Species and Organs



		2.10 Statistical Analysis









		3 Results



		3.1 SD and SDS are the Most Effective Treatments for Cellular Removal



		3.2 All Treatments Preserved the ECM Proteins



		3.3 Samples Remained Attached to the Glass Slide



		3.4 SD Treatment did not Significantly Change the ECM Stiffness, Viscosity or Adhesion



		3.5 SD Derived ECM Scaffolds are Biocompatible



		3.6 The SD Method is Successful in Decellularizing Tissues From Different Animals and Organs









		4 Discussion



		Data Availability Statement



		Ethics Statement



		Author Contributions



		Funding



		Publisher’s Note



		Acknowledgments



		Supplementary Material



		References









		Bioprinting of Decellularized Porcine Cardiac Tissue for Large-Scale Aortic Models



		Introduction



		Materials and Methods



		Decellularization of Porcine Hearts



		Cell Culture



		Bioprinting



		Histological Staining



		Microscopy



		Mechanical Testing



		Tensile Data Analysis









		Results



		Decellularization of Porcine Hearts



		Mechanical Characteristics



		Bioprinting









		Discussion



		Data Availability Statement



		Author Contributions



		Funding



		Publisher’s Note



		References









		Re-Endothelialization of Decellularized Liver Scaffolds: A Step for Bioengineered Liver Transplantation



		Introduction



		Principals for Bioengineered Livers



		Early Stages of Decellularization and Revascularized Scaffolds



		Passivation Methods and Anticoagulants for Revascularized Bioengineered Livers (rBELs)



		Anti-Endothelial Cell Antibodies and Aptamer for Revascularized Liver Scaffolds



		iPSCs-Derived Cells in Bioengineered Livers



		Improved Revascularized Bioengineered Livers Survival in Heterotopic Porcine transplantation Model



		Updated Orthotopic Liver transplantation Data for Revascularized Bioengineered Livers



		Clinical Relevance of Revascularized Bioengineered Livers Data



		Conclusion



		Author Contributions



		Funding



		Publisher’s Note



		Supplementary Material



		Abbreviations



		References









		Photooxidation and Pentagalloyl Glucose Cross-Linking Improves the Performance of Decellularized Small-Diameter Vascular Xenograft In Vivo



		Introduction



		Materials and Methods



		Decellularization Procedure



		Photooxidation and PGG Cross-Linking



		DNA Quantification and Electrophoresis



		Histological Analysis



		Mechanical Testing



		Fixation Index Determination



		Scanning Electron Microscopy



		Elastin Degradation Experiments



		Cell Biocompatibility



		In Vivo Subcutaneous Implantation in Rat and Abdominal Aorta Replacement in Rabbit



		Mass Spectrum



		Statistical Analysis









		Results



		Decellularized BIMA Preparation and Characterization



		Mechanical Properties of Cross-Linked BIMA



		SEM and Staining



		Cell Biocompatibility



		Host Cell Infiltration and Inflammation of the Grafts In Vivo



		In Vivo Performance of Abdominal Aortic Implantation



		Mass Spectrum of Neointima









		Discussion



		Limitations of the Study









		Conclusion



		Data Availability Statement



		Ethics Statement



		Author Contributions



		Funding



		Publisher’s Note



		Acknowledgments



		Supplementary Material



		References









		Decellularization in Tissue Engineering and Regenerative Medicine: Evaluation, Modification, and Application Methods



		1 Introduction



		2 Decellularization Agents and Methods



		2.1 Chemical Agents



		2.2 Biological Enzymes



		2.3 Physical Methods









		3 Sterilization



		4 Evaluation of Decellularized Extracellular Matrix



		4.1 Macroscopic Evaluation



		4.2 Cell Removal Efficacy and Immunogenicity



		4.3 Ultrastructure Evaluation



		4.4 Cytocompatibility



		4.5 Biochemical Analysis



		4.6 Mechanical Tests



		4.7 Additional Tests









		5 Pre-Application Processing



		5.1 Modification and Refinement



		5.2 Recellularization



		5.3 Bioreactors









		6 Application of Decellularized Scaffolds in Regenerative Medicine



		6.1 In Vitro Application



		6.2 In Vivo Application



		6.3 Human Studies









		7 Discussion: Challenges and Future Directions



		Author Contributions



		Publisher’s Note



		Acknowledgments



		References



		Glossary









		Decellularization of Porcine Carotid Arteries: From the Vessel to the High-Quality Scaffold in Five Hours



		1 Introduction



		2 Materials and Methods



		2.1 Experimental Design



		2.2 Tissue Harvesting and Storage



		2.3 Decellularization Protocol



		2.4 Histology and Immunofluorescence



		2.5 Mechanical Testing



		2.6 SDS Residue Assay



		2.7 In Vitro Experiments



		2.8 Statistical Analysis









		3. Results



		3.1 Decellularization



		3.2 Mechanical Testing



		3.3 In Vitro Experiments









		4 Discussion



		4.1 High Tissue Protection



		4.2 Decellularization Efficiency



		4.3 Good Protein Maintenance



		4.4 Mild GAG Loss



		4.5 Retention of Mechanical Properties



		4.6 Compatibility With Cells









		5 Conclusion and Future Plans



		Data Availability Statement



		Ethics Statement



		Author Contributions



		Funding



		Publisher’s Note



		Acknowledgments



		Supplementary Material



		References









		Decellularized blood vessel development: Current state-of-the-art and future directions



		1 Introduction



		2 The native vasculature structure



		3 Decellularization approaches used to decellularize blood vessels



		3.1 Physical treatments



		3.2 Chemical treatments



		3.3 Biologic treatments



		4 Current state-of-the-art for decellularized blood vessels



		4.2 State-of-the-art in vivo applications



		4.3 Advances with in vitro models









		5 Future directions for decelluarizing vessels



		6 Simplified models for generating decellularized vascular units



		7 Conclusion



		Author contributions



		Funding



		Acknowledgments



		Publisher’s note



		References









		Modified nanofat grafting: Stromal vascular fraction simple and efficient mechanical isolation technique and perspectives in clinical recellularization applications



		Introduction



		Material and methods



		Management of AT



		Mechanical isolation



		Enzymatic digestion



		Conditioning of samples before analysis



		Immunophenotypic analysis



		Clonogenicity



		Confocal microscopy



		Immunomodulatory assay



		Statistics









		Results



		Flow cytometry



		Clonogenicity



		Confocal microscopy



		Immunomodulatory properties on monocytes and macrophages









		Discussion



		Conclusion



		Data availability statement



		Ethics statement



		Author contributions



		Acknowledgments



		Publisher’s note



		Supplementary material



		References









		Ventricular stabilization with a customized decellularized cardiac ECM-based scaffold after myocardial infarction alters gene expression in a rodent LAD-ligation model



		Introduction



		Materials and methods



		Whole-heart decellularization



		Tissue engineered myocardial sleeve



		Surgical protocol



		Tissue analysis









		Results



		Surgical outcome



		Echocardiographic parameters



		Macroscopic appearance



		Orientating histological analysis



		RNA concentration



		Gene expression









		Discussion



		Limitations









		Data availability statement



		Ethics statement



		Author contributions



		Funding



		Acknowledgments



		Publisher’s note



		Supplementary material



		References









		Development of a dual-component infection-resistant arterial replacement for small-caliber reconstructions: A proof-of-concept study



		1 Introduction



		2 Materials and methods



		2.1 Tissue procurement, disinfection, decellularisation, and sterilization



		2.2 Polymer sleeve fabrication and sterilization



		2.3 Histological and immunohistochemical assessment



		2.4 Electron and multiphoton laser microscopy



		2.5 Biochemical assessment



		2.6 Biocompatibility assessment



		2.7 Biomechanical assessment



		2.8 Antibacterial efficacy



		2.9 Data analysis









		3 Results



		3.1 Histological and immunohistochemical assessment



		3.2 Electron and multiphoton laser microscopy



		3.3 Biochemical assessment



		3.4 Biocompatibility assessment



		3.5 Biomechanical assessment



		3.6 Antibacterial efficacy









		4 Discussion



		5 Conclusion



		Data availability statement



		Author contributions



		Funding



		Publisher’s note



		Supplementary material



		References























OPS/images/fbioe-10-896269/fbioe-10-896269-g003.gif





OPS/images/fbioe-10-896269/fbioe-10-896269-g002.gif
144“1





OPS/images/fbioe-10-896269/fbioe-10-896269-g001.gif





OPS/images/fbioe-10-896269/crossmark.jpg
©

|





OPS/images/fbioe-09-727869/fbioe-09-727869-g002.gif





OPS/images/fbioe-09-727869/fbioe-09-727869-g003.gif
A Pime.

T B






OPS/images/fbioe-09-727869/crossmark.jpg
©

|





OPS/images/fbioe-09-727869/fbioe-09-727869-g001.gif





OPS/images/fbioe-09-727869/fbioe-09-727869-g006.gif
s
g
=

H
£

L
it





OPS/images/fbioe-09-727869/fbioe-09-727869-g007.gif
F NP
WWF

F NP
HIFte

F NP
Caspase3





OPS/images/fbioe-09-727869/fbioe-09-727869-g004.gif





OPS/images/fbioe-09-727869/fbioe-09-727869-g005.gif





OPS/images/fbioe-11-1201041/crossmark.jpg
©

|





OPS/images/fbioe-10-895735/fbioe-10-895735-g007.gif
Digestion

Docasilon





OPS/images/fbioe-10-895735/fbioe-10-895735-g006.gif





OPS/images/fbioe-10-895735/fbioe-10-895735-g005.gif
CFU-F (%)

40

30

20

0

p = 0.0664

ns

* ns ns

& DS
Digestion





OPS/images/fbioe-10-895735/fbioe-10-895735-g004.gif
[m——
A B

—






OPS/images/fbioe-10-895735/fbioe-10-895735-g003.gif
H e
g ozl
& i
IR R RER]
T
H 2
IR i
i s s
“ 2| ¢ LI
« i ol ¥
2 L £ -
* s o
siseimn e bt o

-





OPS/images/fbioe-10-895735/fbioe-10-895735-g002.gif
A B ©
P00 =009 =000
H
Fess B eees P
Digetion Digestion Digestion
3 € e
Ry o pe0006
G s T wom e Camn oo
£ 2000 £ H
i H £ 2om0
s HE £
5 towe i - i
i H H
LI P o G
e § gees & 'Ssses
Digestion 4 Digestion 2 Digestion





OPS/images/fbioe-10-895735/fbioe-10-895735-g001.gif





OPS/images/fbioe-10-895735/crossmark.jpg
©

|





OPS/images/fbioe-10-951644/inline_9.gif





OPS/images/fbioe-10-951644/inline_8.gif





OPS/images/fbioe-10-830899/fbioe-10-830899-t003.jpg
ISO Identification
number

ISO 13485

ISO 14630

ISO 14971

SO 22442

ISO 14160

ISO 10993

ISO 11607

ISO 14155

ISO 5840

IEC 62366

Subtitle

Qualty Management System (QMS)

Non-active surgical implants

General requirements

Medical devices - Application of risk management to medical
devices

Medical devices utilizing animal tissues and their derivatives

Sterilization of health care products

Biological Evaluation on Medical Devices

Packaging for terminally steriized medical devices

Clinical Investigation of a medical device for human subjects -
Good Clinical Practice

Cardiovascular implants - Cardiac valve prostheses Surgically
implanted heart valve substitutes

Application of usabilty engineering to medical devices

Topics covered

The introduction of MDR (EU) 2017/745 provides that the device manufacturer
has a Qualty Management System (QMS) to improve and increase efficiency
organizational processes

The standard specifies the general requirements for performance, design,
materials, design evaluation, manufacturing, sterilization, packaging and testing
o prove compliance with these requirements

The preparation of the Risk Analysis document allows the identification of
hazards connected with the use of a medical device and in quantifying the risk
that the damage ocours

“This type of devices specific requirement is needed, for example for risk
management process, contamination by bacteria, virus or anything else that
may cause an undesirable pyrogenic, immunologic or toxicologic reaction
Liquid chemical steriizing agents for single-use medical devices utiizing animal
tissues and their derivatives

“The standard provides for the realization of a series of tests for the evaluation of
biocompativilty of medical devices, concerning their specific type and
applcation

The standard provides guidance on how to ensure the steilty of the device
once it is entered into the distribution cycle. Validation of the packaging
quarantees that the packaging has been made properly for the product it
contains

The standard provides the technical methodology for designing and carrying
out a clinical trial

Such a process involving in vitro, preciinical in vivo, and ciinical evaluations are
intended to clarify the required procedures before market release and to enable
prompt identification and management of any subsequent problems
Manufacturers to design for high usability of the product, allowing to limit the
risks associated with correct use and errors use of the device
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Common approaches for the effectiveness evaluation of a decellularization process

Approach Further details
DNA Commercial Kit for DNA extraction and nd
quantification
Immunofiuorescence assessment (qualtative)  Hoechst, Bisbenzimide H, Drags, Live red dye, Picogreen
Histological assessment (qualitative) Feuigen stain
Cells Immunofluorescence assessment (qualitative) DAPI (4’ 6-diamidino-2-phenylindole)
Histological assessment (qualitative) Ematoxyin and Eosin
Xenoantigens Immunohistochemistry assessment (qualtative)  anti-NeusGc, anti alpha-Gal and anti-SDa antibodies
ELISA test (Quantitative) nd
Structural cell Immunohistochemistry assessment (qualitative)  anti-alpha-smooth muscle actin, beta-actin, vimentin, collagen Vi and laminin antibodies
proteins
Hyaluronan Immunofiuorescence assessment (qualtative)  Hyaluronan binding protein (HABP) probe biotin-conjugated
fragments
Collagen Quantitative evaluation Hydroxyproline-based assay, sodium dodecyl sulfate-polyacrylamide gel electrophoresis
(SDS-PAGE), High-performance liauid chromatography with fluorescence detection
(HPLC-FLD)
Histological assessment (qualitative) Masson, Malory and Van Gieson Trichrommic staining, Picro Siius Red
Immunofiuorescence assessment (qualtative)  anti-collagen I, Il and ll antibodies
Elastin Quantitative evaluation Desmosine-base assay, NaOH extraction
Histological assessment (qualitative) Verhoeff, Orcein, Weigert staining kit

Immunofiuorescence assessment (qualitative)  anti-elastin antibodies

POST DECELLULARIZATION ASSESSMENT FOR TISSUES PERFORMANCES

Evaluation approach Commonly considered parameters
Mechanical Bi- or uni-axial stress-strain test for patch-shape  Ultimate Tensile Strength (UTS), Elongation, Young’s Modulus, Compressive Strength (CS),
properties tissue Suture retention Strength (SRS)
Pulse duplicator assessment for heart valve  Mean Pressure drop (MPD), Effective Orifice Area (EOA), Peak Pressure drop (PPD), Mean
Regurgitation and Mean Energy Losses
Thermal analysis  Thermogravimetric analysis (TGA) Protein-water interactions and degradation temperatures
Differential scanning calorimetry (DSC) Protein thermal transitions (glass transition and denaturation)

Detergent residues  Quantitative chemical evaluation Dimethyimethylene blue, reverse phase chromatography coupled with UV detection
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ECM component

COLLAGEN

ELASTIN

PROTEOGLYCANS

HYALURONIC
ACID

GLYCOPROTEINS

Features and function

Representing the structural proteins that are the most abundant in the
ECM. The molecular feature of collagen is the glycine-X-Y triplet repeat,
where X frequently represents proline and Y represents hycroxyproline.
Collagen provides structural strength to the ECM.

Type |
Fibrillar collagen, primarily found in the ECM of skin and bone. Type |
collagen is by far the most abundant type of all collagens. Genetic
defects can cause osteogenesis imperfecta.

Type

Fibrillar collagen, primarily found in the ECM of cartilage.

Type Il

Fibrillar collagen, primarily found in the ECM of elastic tissues such as
lung and blood vesses.

Type IV

Network-forming collagen, primerily found in the basement membrane.
Type V

Fibrillar collagen found in the ECM of a wide variety of different tissues.

Mature elastin proteins result in a coiled conformation that allows these proteins to expand and contract in response to tensile stress. Elastin thus
endows the ECM with elastic recail and is abundant in tissues that require frequent expansion and contraction. Predorminant tissues requiring this

function are the lungs and cardiovascular ones.

Proteoglycans represent a diverse group of ECM core proteins that are
covalently bound to glycosaminoglycans (GAGS). GAG are unbranched
carbohycrates that consist of repeating disaccharide subunits that vary in
number, these saccharide elements can undergo modification by
epimerization and sulfation resulting in a vast diversity of GAG chains.
Throughthese GAG chains, proteoglycans acquire a high negative charge
leading to the attraction of positively charged electrolytes and the
movement of water molecules that travel by osmosis to the proteoglycan.
The resulting collection of molecules forms a gel that can expand and fulfil
important ECM hydration and lubrication effects

Heparan sulfate
Heparan sulfate (HS) is a finear polysaccharide found in all animal
tissues. Itoccurs as a proteoglycan (PG) in which two or three HS chains
are attached near to the cell surface or ECM proteins. It is in this form
that HS bindsto a variety of protein ligands and regulates a wide variety
of biological activiies, including developmental processes,
angiogenesis, blood coagulation, and tumour metastasis. In the
extracellular matrix, especially basement membranes, the muli-domain
proteins perlecan, agrin, and collagen XVIIl are the main proteins to
which heparan sulfate is attached

Chondroitin sulfate

Chondroitin sulfates (CS) contribute to the tensile strength of cartilage,
tendons, igaments, and walls of the aorta. They have also been known
to affect neuroplasticiy.

Keratan sulfate

Keratan sulfates (KS) have a variable sulfate content and, uniike many
other GAGS, do not contain uronic acid. They are present in the comea,
cartiage, bones, and horns of animals.

Non-proteoglycan polysaccharide hyaluronic acid (or *hyaluronan’ is a polysaccharide consisting of alternating residues of D-glucuronic acid and
N-acetylglucosamine, and unlike other GAGs, is not found as a proteoglycan. Hyaluronic acid in the extracellular space confers upon tissues the abilty
to resist compression by providing a counteracting turgor (sweling) force by absorbing significant amounts of water. Hyaluroric acid is thus found in
abundance in the ECM of load-bearing joints. It is also a chief component of the interstial gel. Hyaluronic acid is found on the inner surface of the cel
membrane and is translocated out of the cell during biosynthesis. Hyaluronic acid acts as an environmental cue that regulates cell behaviour during
embryonic development, healing processes, inflammation, and tumour development. It interacts with a specific transmembrane receptor, CD44.

Giycoproteins greatly contribute to making the ECM a cohesive network
of molecules, although they also perform other functions. Giycoproteins.
are intermediaries that fink structural molecules between each other, and
also link structural molecules and cells. In each glycoprotein molecule,
several domains are binding different molecules that altogether form
cross-linked molecular networks. Fibronectins, laminins and tenascins are
major glycoproteins of the animal ECM.

Fibronectin
Fibronectin is a dimer comprised of two similar monomers that have a
molecular weight of 220-250 kDa and are covalently linked on the
C-terminal ends. Each monomer contains repeating motifs that are
organized into distinct functional domains. These domains allow the
binding of specificligands, like integrins and collagens, that participate in
signal transduction and contribute to the regulation of cellular activiies
such as branching morphogenesis. Fibronectins also help at the site of
tissue injury by binding to platelets during blood clotting and faciitating
cell movement o the affected area during wound healing.

Laminin

Laminins are proteins found in the basal laminae of virtually all animals.
Rather than forming collagen- i fibers, laminins form networks of web-
like structures that resist tensile forces in the basal lamina. They also
assist in cell adhesion. Laminin bind other ECM components such as
collagens and nidogens.

Tenascins

The molecular structure shows a modular hexameric organization.
Several isoforms of tenascin can be obtained by altemative spiicing of
the messenger RNA. Tenascin-C is released into the extracellular matrix
of tendons, bones and cartiage during embryonary development.
Tenascin-G is overexpressed as a consequence of tissue damages like
a heart attack. Tenascin-R is abundant in the nervous system, both
during development and in adults. Tenascin-X is present in the
connective tissue and can be abundant in muscles under heavy activiy,
like in professional athletes. Like other glycoproteins, tenascins change
the cohesive state of the ECM by binding integrins, fibronectins,
collagens and proteoglycans. In animals, each type of tenascin is
expressed in partioular locations of the organism, that may change
during development. The expression of tenascins s induced in tissues
being repaired, or during tumour and pathological processes.
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Decellularization
approaches

CHEMICALS Acidic and

alkaline
solutions

Detergents

Protease
inhibitors

Antibiotics

ENZYMATIC Nucleases

Proteases

Lipases

Di-
saccharidases

PHYSICALS Freeze-thawing

Mechanical
force

Perfusion
(vacuum-
assisted)

Type

Acetic-, peracetic-, hydrochloric- and
sulfuric-acid as well as ammonium

hydroxide

Non-ionic (Triton X-100), anioric
(SDS, SDO), zwitterionic (CHAPS)

Phenyimethylsulfonyifiuoride,
aprotinin and leupeptin

Penicilin, streptomycin, or
amphotericin B

Endo- or exo-nucleases
Trypsin, pepsin, protease K

Pancreatic, gastric ipase

alphat 3 galactosidase,
N-glycolyineuroaminidase

nd

nd

nd

Rationale

Disruption of cell membranes
and intracelular organelies

Solubilization of cell
membranes and lipids

Avoidance of ECM damages by
endogenous proteases leaked
from the lysed cells
Prevention of contamination

Degradation of nucleic acids
Proteins degradation

Lipids hydrolysis and
solubilization

Removal of alpha-Gal and
Neu5Gc xenogeneic epitopes

Mostly combined with shaking
or agitation. Cell lysis is caused
by the formation of ice crystals
following the freezing process

Faciltating chemical agent
infiltration to achieve better cell
Iysis (shaking, agitation, high
hydrostatic pressure,
supercritical carbon dioxide)
Endogenous vascular
catheters provide to delivering
decellularization solution within
tissue even with the high
structural organization

Collateral effects

Very aggressive toward the
ECM protein such as
collagen and to GAGs

Possibilty of denaturing
proteins if used for a long
time, difficulty of removal,
and limited permeability

Difficulty of removal, residual
toxicity for cellular
repopulation

nd

nd
Alteration of the ECM
structure, degradation of
laminin, and removal of
GAGs, resulting in severe
mechanical weakness of the
treated tissue

nd

nd

Damaging of the ECM,
celular debris can persist on
the ECM

Avoiding tissues with
fragile ECM.

Itis not aways possible to
apply, it is susceptivle to
bacterial infections and air
embolization

References

Gilbert et al., (2006)
Gilbert et al., (2005)
Reing et al., (2010)
Comelison et al.,
(2018)

Korossis et al. (2002)
Naso and Gandaglia,
(2018)

Wilson et al., (1995)
Konertz et al., (2005)
Erdoriigger et al.,
(2006)

Quint et al. (2011)
Mendibil et al. (2020)
Luo et al. (2014)
Gallo et al., (2012)

Rajab et al, (2020)
Gilpin and Yang,

(2017)
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Leyh et al., (2003)

Haupt et al. (2018)
Naso and Gandagia,
(2018)

Rieder et al., (2004)
Poon et al. (2013)

Gilbert, (2012)
Schenke-Layland
etal. (2003)
Gibert, (2012)
Naso et al., (2017)

Toumpaniari et al.,
(2020)
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Method

Chemical Methods

Acid—base
Peracetic acid

Ethylenediaminetetra-acetic acid
(EDTA)
Reversible alkaline sweling
Triton X (100 or 200)

Sodium dodecy! sulfate (SDS)

Witterionic, nondenaturing
detergent, 3-{(3-cholamidopropy))
dimethylammonio]-1-
propanesulfonate (CHAPS)

Tributyl phosphate (TBP)

Hypertonic and hypotonic
solutions

Enzymatic Methods

Trypsin

Pepsin

nuclease

Physical Methods

Thermal shock (freeze-thaw
cycle)

Force

Immersion and agitation

Vacuum-assisted
decellularization (VAD)

Hydrostatic pressure (water is
sprayed with pressure on the target
tissue)

Nonthermal irreversible
electroporation

Utrasonic waves (sonication)

Pressure gradient

Supercritical fluid

Perfusion

Main characteristics

Cell membrane solubilzation
Disruption of cytoplasmic
components and nucleic acids
by utilizing charges

Disruption of lipid-ipid and
lipid-protein unions, while
leaving protein interactions
Very effective in some tissues

Less damaging to tissue
structures than ionic surfactants

Liquefaction of internal and
external cell membranes

Properties of ionic and nonionic
detergents

Maintenance of structural ECM
proteins and ultrastructure
Destructor of protein structures
Disruption of protein-protein
interactions

Solutions with a higher/lower
solute concentration than that in
cels

Cell ysis, cell dehydration and
cell death because of their
osmotic pressure

Digestion of membrane proteins
leading to cell dead

Commonly used with EDTA

It targets peptide bonds

Hydrolysis of DNA and RNA

Disruption of tissue and organ
cells

Frozen water crystals occupy the
volume inside the cell and cause
the membrane to burst
Mecharical pressure can be
enough to induce celllysis

It is commonly used to faciltate
chemical agent infitration to
induce cell lysis

The immersion time and intensity
of agitation depend on the
thickness and density of the
tissue

VAD would accelerate and
improve the delivery and
efficiency of detergents into the
deepest parts of the tissue
Removal of detergents from a
decellularized tissue s the other
applcation of the VAD
methodology

Application of high pressure
(>600 MPa) to the tissue and
induction of cell lysis

Microsecond electrical puises
are applied throughout a tissue,
causing micropores in the el
membrane

High-power waves are capable
of disrupting intermolecular
bonds, disrupting the cell
membrane, and removing its
internal components

Induction of a pressure gradient
can help the enzyme-mediated
decellularization method
Removal of cell debris. It is used
in combination with detergents
Reduction of the detrimental
effect on the ECM mechanical
properties

The organ is completely
separated from its main blood
vessel and the chemical agents
are injected into its vascular
system after being washed with
detergents

Disadvantages

() Collagen and glycosaminoglycans
(GAGs) damage

(i) Insufficient cell removal

(i Increased ECM stifness

() Decreases sait- and acid-soluble
ECM proteins

(1) Alters mechanical properties

() Not recommended for ECM when
lipids and GAGs are important
components

(i) Limited potential by
immunogenicity in vivo

(i Triton X-200 needs to be
ccombined with a zwitterionic
detergent to be effective

() Triton X-200 damages the matix
similar to SDS

Tends to denaturalize proteins and
induce nuclear and cytoplasmic
waste in the remaining matrix (i)
Cytotoxic: requires extensive
washing steps

(i) Alters microstructure

(i.e., collagen fivers)

() Similar damage as Triton X-100
(i) Remanent cytoplasic proteins

Variable results, leads to collagen
degradation but keeping the
mechanical properties

High amount of cell waste in the
remaining matrix

() Can damage the proteins in the
ECM, in particular laminin and GAGs
(i) Breaks cell-matrix adhesions
Causes high damage in the ECM
proteins ifleft for long periods of time
Further cleaning and enzyme
removal is required, as they may
promote immune response

() The freeze-thaw cycle causes a
small degradation in the structure of
the ECM, due to the crystal shape
that may damage the scaffold, with
it effect on the mechanical
properties of ECM

(i) The heat shock cycle alone is not
capableof removing sensitive cellular
components

() Limited to tissues with hard
structures, as it can damage the
ECM structure

(i) The amount of required force must
e precise since both the underlying
structure and membrane attachment
are vuinerable to any kind of direct
mechanical stress

Aggressive processes, such as
sonication, can damage the ECM.

It is not a decellularization method
but a facilitator

(i) Excessive pressure can damage
the structure

(i) The formation of ice crystals
caused by the presence of water
may damage the ECM structure

(i) Increasing the temperature during
the process may suppress the
creation of the ice crystals, but may
increase the entropy and lead to the
ECM vuinerabilty

(i) Residue of DNA fragments

(v) Denatures ECM proteins

The relatively small electrodes that
limit the size of the tissue for
decellularization

The physical phenomenon of
cavitation during the process is
unavoidable, but uncontrolied
cavitation can severely damage the
structure and mechanical properties
of the tissue

To be determined

To be determined

() The required pressure to drive the
agent along the vascular system can
cause the capillaries and small
vessels to tea

(i) The flow rate control is crucial

Decellularized tissues

Rat heart
Small intestine submucosa

Urinary bladder

Normal and emphysematous
hurman lungs
Porcine heart vaives

Rat forearm

Porcine tissues (comea,
myocardium, heart valve, small
intestine, kidney)

Human vein, lungs and heart
Human and porcine-derived
lung tissues

Rat lungs

Equine flexor tendons,
ligaments and articular
cartiage

Bovine vessel nerve, small
intestinal and submucosa

Porcine pulmonary valves and
trachea

Porcine lung and liver

Bovine osteochondral plugs,
human comeal imbus and
porcine dermis

Tendon fragments (large),
fibroblast sheets, lumbar
vertebrae cels, kidneys, lungs
and adipose tissues

Liver, lung

Submucosal substrate,
laryngeal and intestine tissues.

Porcine tracheal specimen and
fresh porcine costal cartilage:

Porcine retinal specimen,
porcine artery, porcine
meniscus and rat uterine

Carotid arteries of rat, ver of
porcine and myocardial muscle
tissue

Aortic tissues, small intestine,
cartiage tissue and meniscus

Embryonic veins, tendon, and
aortic tissue

Porcine pericardium, aorta and
retinal tissues

Heart muscle, lung, lver,
kidney, pancreas, small
intestine, skeletal muscle,
coronary artery
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Rabbani et al. (2021)

Rabbani et al. (2021)

Forouzesh et al. (2019)

Sierad et al. (2015)

Guler et al. (2017)

Tajima et al. (2020)
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Decellularized
source

Porcine dermis

Sheep dermis

Mouse dermis

Rat dermis

Porcine skin

Porcine skin

Porcine dermis

Porcine dermis

Porcine dermis

Porcine tissue

Goat small intestine
submucosa

Porcine urinary
bladder

Porcine lung

Porcine adipose
tissue

Human Adipose
tissue

Rat heart tissue

Equine pericardium

Human placenta

Human umbilical cord
Wharton's jelly

Human placenta,

umbilical cord and
amniotic membrane

Human Amnion

Human amniotic
membrane

Human amniotic
membrane

Human amniotic
membrane

Amniotic membrane

Human Amniotic
membrane

Human amniotic
membrane

Human amniotic
membrane

Human amniotic
membrane

Bovine amniotic
membrane

Added molecules

HA

HA and ADSCs

Chitosan

MSCs

Chitosan

Carbon nanodots

MSCs

$Saccha-chitin

None

None

Chitosan

Silver nano-

particles

Quercetin

Tea tree oil

Gelatin
Chitosan

Curcumin

PDNA-PDGF
rBMSCs

None

None

ADSCs

PLCL

None

None

None

None

PRP

None

Silk fibroin

None

Fibrin
HA

HWJMSCs

None

Poly (18-
octanedioico-
citrate)

Zinc oxide nano-
particles derived
from HAM proteins
Chitosan

Type of
scaffold

Dermal matrix

Dermal matrix
used as
covering
dressing

Membrane

Hydrogel

Hydrogel

Porous
crosslinked
membrane

Crosslinked
dermal matrix

Crosslinked
dermal matrix

Crosslinked
Membrane

Porous
crosslinked
membrane

Crosslinked
membrane

Membrane

Membrane

Hydrogel

Hydrogel

Nano-fibrous

membrane

Crosslinked
matrix

Membrane

Gelatinous
material

Hydrogel

Membrane

Membrane

Electro-spun
Membrane

Membrane

Membrane

Membrane

Porous
crosslinked
membrane

Membrane

Crosslinked
Membrane

Sponge-like
crossiinked
membrane

In vitro studies

Not conducted

Cell viabilty

Biostability
Prolferation
Cell viabilty
Cell adhesion

Cell migration
Antibacterial
properties
Cell viability

Cell viabilty

Cell viability Cell
adhesion

Not conducted

Cell viability
Enzymatic
degradation
Siver
degradation
Antioacterial
properties
Blostability
Antivacterial
properties
Cell viabilty
Cell viability
Degradation
Antioacterial
properties
Degradation
Free radical
scavenging
tests.

Cell viabilty
Hemo-
compatibiity
assays

Not conducted

Not conducted

Adipo-genesis
Fibroblast
migration

Cell Viabiity
Cell proleration
Angiogenic

cytokines assay

Cell proleration
Cell adhesion

Not conducted

Not conducted

Cell migration
Cell viabiity

Cell migration
Cell proleration
Tube formation

assay
Not conducted

Not conducted

Cell viabilty
Cel adhesion
Cell viabiity

Cell Adhesion
Cell proliferation

Cell Viability

Not conducted

Not conducted

Antibacterial
Assays

Cell Adhesion

Cell prolferation
Blood
coagulation test
Cell viabilty

In vivo model

Rabbit full-
thickness
wounds

Rat burns

Murine full-
thickness
wounds

Rat full-
thickness
wounds

Rat full-
thickness
wounds

Rabbit full-
thickness
wounds

Rat full-
thickness
wounds

Rat full-
thickness
wounds

Rat full-
thickness
wounds

Not conducted

Not conducted

Rat burns

Rat-sub-
cutaneous
implantation
Murine full-
thickness
wounds

Murine full-
thickness
wounds

Rat full-
thickness
wounds

Murine full-
thickness
wounds

Rat Full-
thickness
wounds

Murine full-
thickness
wounds
Murine full-
thickness
wounds

Mouse bums

Rat full-
thickness
wound
Rabbit full-
thickness ear
wounds
Mouse bums

Rabbit full-
thickness burns

Rat bumns

Rat full-
thickness
wounds

Rat full-
thickness
muscle and
back defects
Rat liver injury
Rat tibia defect
Not conducted

Murine full-
thickness
wounds

Time of
in vivo
studies

58 days

4 weeks

28 days

21 days

14 days

15 days

90 days

3 weeks

3 weeks

28 days

6 weeks

14 days

14 days

3 weeks

2 weeks

4 weeks

7 days

14 days

7 days

8 months

50 days

15 days

28 days

14 days

21 days

2 weeks

14 days

In vivo outcomes

Contraction rate |
Coliagen type | and li
expression |
Vascularization
Inflammation |
Angiogenesis
Granulation tissue
formation

Wound closure
Angiogenesis

Wound closure
MSC retention
Angiogenesis
Collagen deposition |
Wound closure

Re-epithelalization 1
Epidermal junction
formation 1

Hair folicle growth T
Sweat gland formation T
Wound closure T
Collagen deposition 1
Neovascularization T
Wound closure T
Inflammation |
Fibroblast migration T
Epidermal layer
thickness |

Gollagen organization T
Protease expression T
Gellular and vascuiar
infiltration |

Time of regeneration T
Degradation rate |
Antibacterial effect T

Wound closure T

Wound closure T

Re-epithelialization T

ECM deposition |
Granuiation tissue
formation T
Inflammation |
Angiogenesis
Wound closure
Cell infitration T
Vascularization T

Fibroblast migration
Wound closing T
Epithelialization T

Angiogenesis T
Wound closure T
Angiogenesis T
Skin appendages 1
Dermis thickness T

Angiogenesis T
Scarring |
Granulation tissue T
Macrophage action |
Re-epithelialization T
Wound closure T
Collagen deposition
Biofim formation |
Restoration of epidermis
and dermis T

Wound closure T
Contraction rate |
Vasoularization T
Wound length |

Cell migration 1

Gell differentiation T
Wound closure T

Skin appendage
formation T
Pro-inflammatory gene
expression |
Pro-angiogenic gene
expression T
Epidermis
differentiation
Keratinocyte
proliferation T

Wound contraction |
Vasoularization T
Wound inflammation |
Skin regeneration T
Scar formation |
Gollagen deposition T
MMP1 deposition |
Scarring |
Granulation tissue
formation T
Angiogenesis T
Collagen maturation T
Epithelialization T
Angiogenesis T

Skin appendage
formation T
Re-epithelialization T
Granulation tissue
formation
Inflammation |
Density of epidermal
basal cells T

Length density of blood
vessels |

Collagen deposition T
Gene expression related
to regeneration T
Wound closure T
Foreign body reaction |

Inflammation |
Fibrosis |

Wound closure
Granulation tissue
formation |
Angiogenesis
Fibroblast infittration T

Sebaceous gland and
hair folicle formation T

Ref

Zhao et al. (2013)

Alemzadeh et al. (2020)

Lin et al. (2020)

Bankoti et al. (2020)

Hsieh et al. (2020)

Wang et al. (2021b)

Carison et a. (2013)

Chen et al. (2019)

Wang et al. (2020a)

34,339,783

Singh et al. (2022)

Paramasivam et al.
(2021)

Fernandez-Moure et al.
(2016)

Tan etal. (2019)

Chen et al. (2021)

Kim et al. (2018)

£l Masry et al. (2019)

Choi et al. (2013)

Bakhtyar et . (2017)

Wang et al. (20212)

Kshersagar et al. (2018)

Song et al. (2017)
Gholipourmalekabadi
etal. 2019)

Milan et al. (2020)

Ramakrishnan et al.

(2020)

Hashemi et al. (2020)

Nasiry et al. (2021)

Wang et al. (2020b)

Ramasamy et al. (2021)

Yang et al. (2020)
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Stem Cells; hSFs: Human Skin Fibroblasts; HAM: human amniotic membrane; PDGF: Platelet-derived Growth Factor; rBMSCs: Transfected Mesenchymal Stem Cells; ECM: extracellular

matehe





OPS/images/fbioe-11-957458/fbioe-11-957458-g008.gif





OPS/images/fbioe-11-957458/fbioe-11-957458-g007.gif





OPS/images/fbioe-11-957458/fbioe-11-957458-g006.gif
: i
R .

HiLll “ Ll






OPS/images/fbioe-11-957458/fbioe-11-957458-g005.gif





OPS/images/fbioe-11-957458/fbioe-11-957458-g004.gif





OPS/images/fbioe-11-957458/fbioe-11-957458-g003.gif





OPS/images/fbioe-11-957458/fbioe-11-957458-g002.gif





OPS/images/fbioe-11-957458/fbioe-11-957458-g001.gif





OPS/images/back-cover.jpg
Frontiers in
Bioengineering and Biotechnology

Accelerates the development of therapies,
devices, and technologies to improve our lives.

A multidisciplinary journal that accelerates the:
development of biological therapies, devices,
processes and technologies to improve our lives
by bridging the gap between discoveries and their
application.

Discover the latest
Research Topics

Avenue du Trbunal-Fédeéral 34
1005 Lausanne, Switzeriand
nontersinor,

Contactus
+41(0215101700

& frontiers.






OPS/images/fbioe-10-831300/fbioe-10-831300-t002.jpg
Application

Comp/ Topo/
Mech

Comp/ Mech
Comp/ Mech

Comp/ Topo

Comp/ Mech
Comp/ Mech
Comp/ Mech
Comp

Comp/Topo

Comp/Mech

Comp/ Mech

Comp/ Mech
Comp
Comp

Topo/ Comp/
Mech
Topo/ Comp/
Mech
Topo/ Comp

Topo/ Comp/
Mech
Topo/ Comp/
Mech
Topo/ Comp/
Mech
Topo

Species

Porcine
Rat
Rabbit

Porcine

Rat
Rat
Rabbit
Human

Bovine

Chicken

Bovine

Rat
Dog
Pordine
Pordine
Pordine
Pordine
Pordine
Porcine
Bovine

Rabbit

Tissue
Form

Minced

Whole

Whole

Minced

Whole

Whole

Minced

Minced

Minced

Whole

Minced

Whole

Whole

Whole

Minced

Minced

Minced

Minced

Minced

Minced

Minced

Decellularization
Treatments

SDS + Triton
Free/thaw + Trypsin +
Triton

LatB + KCIKI

SDS Trypsin +
Triton + SDC

SDs

SDs

SDS + Triton

LatB + KCUKI SDC SDS

Freeze-thaw + Triton
+ NH4OH

LatB + KCUKI Triton
Triton + SDS
Freeze/thaw + Triton +
NH4OH

LatB + KCUKI SDC SDS
Trypsin + SDC + Triton
Trypsin + SDS + Triton
SDS + Triton

SDS + Triton

sDs

SDS + Triton

SDS + Triton
Freeze-thaw + Triton +

NH4OH
Trypsin + Triton

Study Findings

dECM bioink improved muscle regeneration when compared to collagen
bioink.

Invivo transplantation of muscle derived ECM showed a large fibrotic mass
production 6 months post-surgery.

Xenotransplant scaffold showed low immunogenic response in vitro and
in vivo, suggesting immunosuppressive and anti-inflammatory effects,
Exploitation of PDMS elastic property allowed anisotropic reorganization of
3D skeletal muscle dECM; construct supports de novo muscle
regeneration.

dECM and minced muscle scaffolds improved recovery in VML injury
animal model

Developed an infusion bioreactor for skeletal muscle decelularization.

Development of cell-free scaffoid comprised of decellularized skeletal
muscle and IGF-1 promotes tissue regeneration in vivo and in situ.
Harsher SDS treatment shown to decellularize human skeletal muscle
better than less harsh LatB + KCIKI and SDG treatments.

Electrospun PCL/JECM scaffold supported myogenesis in vitro; scaffold
implanted in murine VML in vivo model showed increased anti-
inflammatory activity and myofiber regeneration.

LatB + KCI/KI protocol was most efficient for decellularization compared to
competing methods, reducing DNA, myosin and actin content significantly.
I vitro studiies of dECM gelloid supported MSC survival, expansion,
trophic factor secretion, immunomodulation, and myogenic protein
expression.

Implanted dECM from three different protocols in immune competent
model of VML generated functional musdle, vasculature, nervous fioers.
Comparing decelularized smallintestine and skeletal muscle regenerative
outcomes shows no difference after prolonged period.

In vivo implantation of ECM in partial thickness abdorminal wall defects in
rats showed neovascularization, myogenesis, and recellularization.
dECM coating significantly improved myotube and myogenic differentiation
compared with collagen/non-coated surfaces.

The 3D printed muscle constructs exhibited high cell viabilty without
hypoxia; enhanced de novo muscle formation in a VML rat model.
Thermally drawn PCL/GECM mix implanted in VML, a model showed
induced de novo muscle regeneration

In vitro cellular responses showed successful recellularization on 3D-
printed dECM-based structure.

Photo-crosslinkable, dECM/PVA hydrogel, 3D-printed seff-aligned skeletal
muscle construct showed rapid restoration of muscle function.

Aligned electrospun JECM/PCL scaffolds supported satelite cell growth,
myogenic protein expression and myokine production.

G2C12 myoblasts recelularization affected by degree of crosslinking
(siffness) and alignment (topography) of electrospun ECM scaffold.
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Application

Decell Methods
Decell Methods
Decell Methods
Decell Methods

Decel/Recel
Methods
Decel/Recel
Methods
Decel/Recel
Methods
Decel/Recel
Methods
Recell Methods
Cell Culture
Additive

Cell Culture
Additive

Cell Culture
Additive
Injectable
Therapeditic
Injectable
Therapeditic

Hydrogel

Hydrogel
Hydrogel/Bioink

Hydrogel/Bioink

Species

Porcine
Porcine
Porcine
Rat
Porcine
Rat

Rat
Mouse

Rat
Human

Porcine
Bovine
Porcine

Mouse

Porcine

Bovine
Human

Porcine

Tissue
form

Whole

Whole

Whole

Whole

Whole

Whole

Whole

Whole

Whole
Minced

Minced

Minced

Minced

Minced

Minced

Minced
Minced

Minced

Decellularization
treatments

Inversion +45°; NaCl; SDS
Freeze/thaw; SDC; Triton; PAA
1. Freeze/thaw; Trypsin

2. Freeze/thaw; Triton
Freeze/thaw; Trypsin; SDS;
Triton; DCA; PAA + EtOH
Freeze/thaw; Trypsin; Triton;
DCA; PAA + EtOH

SDS; Triton

Heparin, Adenosine; SDS; Triton

Freeze/thaw; Trypsin; SDS;
Triton; DCA; PAA + EtOH
SDS; Triton

NaCl; SDS

8DS; Triton

Freeze/thaw; SDS; Triton
8DS; Triton

Freeze/thaw; RBC lysis; DNase |
+ RNase

SDS; Triton; PAA + EtOH

SDS; Triton
Freeze/Thaw; SDS; Triton

sbs

Study findings

Improved perfusion efficiency; better DNA clearance, retention
of ECM and heart shape

Extensive decelularization while retaining architecture and
angiogenic growth factors

Multiphoton microscopy and image correlation spectroscopy
can predict mechanical properties of dECM

Little residual nuclear material; minimizes damage to proteins;
retention of heart shape

Significantly reduced decellularization time to 10 h without
damaging the ECM

Preserved ECM characteristics; promoted hESC-CM
attachment, maturation, and electrical activity

ECM preserved and vasculature perfusable; cardiac and EC
recellularization; stimulation produced myocardial contractions
Cardiac progenitors grown on dECM migrate, proiferate, and
differentiate into CMs, SMC, and ECs

Reendothelialization best with both venous and arterial delivery
Atrial FECM in hiPSC-CM differentiation dirives atrial
cardiomyocyte subtype specification

Fetal ECM increased neonatal CM attachment and proliferation
compared to PLL, adult ECM, or neonatal ECM

3D ECM enhances iPSC-CM maturation compared to 2D
culture

Injection of solubilized fetal ECM decreased fibrosis and
improved cardiac function post MI

Neonatal ECM decreased fibrosis, promoted angiogenesis,
and increased cardiac function post Mi; adult ECM did not
have the same regenerative effects

Developed a hydrogel with tunable mechanical and electrical
properties; hydrogel improved hiPSC-CM maturation
Developed an electroactive, in situ forming, ECM hydrogel
GelMA-MeHA-ECM bioink improved mechanical properties;
created an in vitro M model with the bioink

Human cardiac progenitor cells in GelMA-ECM bioink had
>75% viability and increased cardiogenic gene expression
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201
Connexin 40
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En
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B1 integrin
a6 integrin
Acui
Laminin
Card

cKit

SMA

Antibody source

Abcam
ThermoFisher
Abcam

Abcam
ThermoFisher
Vectorlabs
ThermoFisher
Abcam
ThermoFisher
Nowus biologicals
Abcam

LifeSpan Biosciences
Abcam

Abcam

Nowus biologicals
Abcam

Cell signaling

Cell signaling
Santa Cruz
Abcam

Abcam

bioss

Dako

Catalog number

ab28364
36-1900
ab11575
ab6994
L3484
FL1211
617300
ab16585
PA1-29029
NBP1-89598
ab214369
LS-B551
ab41859
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Name

Epicel
CelSpray
Epidex
Epifix

Alloderm
dCELL

TransCyte

Dermagrat
StrataGraft

Apiigraft

OrCel

Matriderm
Biobrane

OASIS

Integra

Nevelia

Permacol

Pri-matrix

Type

Autograit
Autograit
Autograit
Allograt
Allograt
Allograft

Allograft

Alograft
Alograft

Allograt

Alograft

Xenograft
Xenograft

Xenograft

Xenograft

Xenograft

Xenograft

Xenograft

Source

Human keratinocytes
Human keratinocytes
Scalp hair follicles

Human amion and chorion
membrane

Human cadaveric skin

Human cadaveric dermis

Human newborn
fibroblasts

Human living neonatal
foreskin fioroblasts
Neonatal keratinocytes

Bovine collagen and
neonatal fioroblasts and
keratinocytes

Human neonatal foreskin
fioroblasts and
keratinocytes
Ligamentum nuchae of
cattle

Porcine collagen

Porcine jejunum
submucosa

Bovine collagen and shark
chondroitin sulfate

Bovine collagen
Porcine dermal tissue

matrix
Fetal bovine dermis

Composition

Cultured keratinocytes in a fiorin mesh
Keratinocytes dispersed in aerosol

Cultured keratinocytes on a siicon membrane
Basement membrane that contains epithelal
cells

Decelularized cryopreserved basement
membrane

Decelularized dermis cryopreserved with
glycerol

Biayer grat: 1) nylon mesh coated with
porcine dermal collagen, and 2) siicon
membrane seeded with fioroblasts

Gultured fibroblasts on a mesh made of
polyglycolic acid

Neonatal keratinooytes used to produce a
biologically functional stratified epidermis
Layer of 1) colagen gel with neonatal
fibroblast (dermis), and 2) neonatal
keratinocytes (epidermis)

Neonatal foreskin fibroblasts and
keratinocytes cultured in bovine collagen
sponge

Lyophilzed dermis coated with elastin
hydrolysate

Bilaminar nylon mesh filed with 1) colagen I,
and 2) thin siicone lamina

Lyophilzed small intestine submucosa

Layer of 1) collagen | from tendon, 2)
chondroitine-6-sulfate, and 3) a siicone
pseudoepidermis

Three-dimensional porous matrix composed
of 1) collagen and 2) a semi-permeable
siicone membrane

Collagen and elastin crossinked by
disocyante

Acellular dermal matrix

Components relevant

to wound
healing

Not reported

Not reported

Not reported

Collagen 1, collagen I, decorin
Collagen |, elastin
Collagen |, collagen Ill, decorin

Collagen |, collagen I, collagen V,
fibronectin, versican, decorin, tenascin

Collagen |, collagen Il, collagen IV, elastin,
decorin
Collagen |

Collagen |

Collagen |

Collagen 1, colagen I, collagen V, elastin
Collagen |

Collagen I, Collagen ll, Collagen IV,
Collagen VI, fibronectin, elastin,

hyaluronan, chondroitin sulfate, decorin
Collagen 1, chondroitin sulfate

Collagen |

Collagen |

Collagen I, collagen Il
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Genes

Giad
N2

Apinr

Rgcc
Coldat
En
Col15al
Foins
Veam1
lcam?
p-actin
NOSTRIN
RGCC
OXCL12
SERPINE2
NR2F2
COL15A1
PLVAP
EPHB4

GAPDH

Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse
Forward
Reverse

Sequence

GAAAGAGGGAGAGCTTCGGG
CATGGTCCAGCCGTAGAGAC
CGGAGGAACCTGAGCTACAC
CTGCCCCTCTGTACAGCTTC
TGTACGCCAGTGTCTTTTGC
CTGTTTTCCGGGATGTCAGT
GTCTTCATCGGTGTGGGTGT
TTTGTGTCCTGGATCTGGGT
CGCCACTTCCACTATGAGGAG
TCCGTCGGAGAATTCAGCTTC
AATACCAGGATCCCCTGGAC
TGCCTTTCTCTCCCTTCTCA
AGCAGCTAAAGCAGCGAAGT
TGGGACCCTAACTCCTGGTC
‘GCCCCCTACTTCATCCTCTC
CAGTACGGACCTCCAGGGTA
CTCCCCTGCAGACTTGCTAC
TCTCAGCAGGGCACATACAG
GAAATGCCACCCTCACCTTA
GAGATCCAGGGGAGATGTCA
AGGTATCCATCCATCCCACA
GCCACAGTTCTCAAAGCACA
GCAGGAGTACGATGAGTCCG
ACGCAGCTCAGTAACAGTCC
TGAGGGACCCACTGACAGAT
TGCTTTGCTCAGCTTGCTTG
GCCACTTCCACTACGAGGAG
TGAGGAGTGACAGTGGCAGA
AGAGCCAACGTCAAGCATCT
CTTTAGCTTCGGGTCAATGC
CTTTGAGGATCCAGCCTCTG
TGCGTTTCTTTGTGTTCTCG
TGCCTGTGGTCTCTCTGATG
ATATCCCGGATGAGGGTTTC
GTTGTCCACCTACCGAGCAT
TTCGCCATGCTTCACAGTAG
GAGCTGGCCATCAGAAACTC
GGGACTCCAGGATCTTCCTC
TGAAGAGGTGATTGGTGCAG
AGGCCTCGCTCAGAAACTCAC
GACAACAGCCTCAAGATCATCAG
ATGGCATGGACTGTGGTCATGAG





