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Editorial on the Research Topic
 Microbial ecology and ecosystems from a Southern perspective




The Southern Hemisphere, with its geographical and landscape peculiarities, concentrates many hotspots of diverse and extreme environments where microbial life thrives. It includes “pristine” or less anthropogenically impacted environments, such as high-altitude and high-latitude ecosystems, which are highlighted in the content of the Research Topic (word cloud Figure 1). Among the former, the Andes plateau hosts ecosystems that are ideal to study the role of environmental factors in shaping microbial life. Physical factors like continuous mixing regime were studied on the zonation of planktonic microbial communities in high-altitude (>4,400 m above sea level m.a.s.l) polymictic tropical lakes (Aguilar et al.). Physicochemical factors such as extreme changes in conductivity, temperature and nutrients were identified as factors accounting for viruses-to-prokaryotes (VPR) spatial and diel dynamics in Salar de Huasco high-altitude wetland (located at 3,800 m.a.s.l) (Eissler et al.). Similar factors also determined the spatial variability of VPR in other contrasting environments of the Southern Hemisphere, such as marine (Indian, Atlantic, and Pacific Ocean) and Antarctic lakes (Eissler et al.). Also, the salinity gradients typically found in Salar de Huasco and associated with the main lake, ponds, springs, and streams were the natural laboratory selected to survey the diversity of lysis-resistant bacteria and archaea cells in sediments and microbial mats (Corona Ramírez et al.). Salinity is a significant factor that modulates cellular metabolisms. The study of halophilic fungi isolates (Jímenez-Gómez et al.) demonstrates the different molecular mechanisms for resistance in hypersaline systems. Salinity was also a determinant factor leading to the high complexity of microbial communities from semi-arid mangrove soils in Brazil (Tavares et al.).


[image: Figure 1]
FIGURE 1
 Word cloud showing the proportion of ecosystems and organisms highlighted by the Research Topic.


On the other hand, high-latitude ecosystems such as Patagonia and the Antarctic Peninsula are natural laboratories for investigating the processes determining microbial diversity, their dispersion, activities, and adaptation under changing conditions. In these extreme environments, the association between microorganisms and their hosts is key, as shown in the case of the Antarctic sponge core microbiome which was closely associated with the host species (Cristi et al.), rather than determined by environmental conditions (Happel et al.). Patagonia and the Antarctic Peninsula, still considered pristine, are a reservoir of undescribed microbial species, particularly fungal species (Villanueva et al.). The polyextreme Deception Island in the Antarctic Peninsula where the microbial communities of volcanic glaciers are composed by both psychrophilic and thermophilic microorganisms such as Psychrobacter and Thermogemmatispora, respectively (Garcia-Lopez et al.), has received particular attention.

The Southern Ocean encompasses several biogeographical provinces and other spatial scale of variability associated with oceanic circulation and fronts, influencing the distribution of microbial populations, acting as “interconnectors” or “ecological boundaries” for microbial populations like Phaeocystis (Sow et al.) and Spirochaeta (Schwob et al.).

Experimental approaches with complex communities are necessary to unravel ecological responses and interaction of microbial communities under global warming scenarios. For example, studying the tolerance and resistance of key functional microbial groups to temperature, such as the response of benthic methanotrophic Antarctic Lake communities (Roldán et al.). Likewise, changing macronutrient stoichiometry by experimental amendments of phototrophic microbial mats in the Byers Península (Camacho et al.) showed shifts in the microbial communities and their contribution to biogeochemical processes after perturbations.

Functional redundancy could be significant for ecosystem function, especially under the harsh conditions of cold extreme environments. This was shown, for instance, by the monitoring of ammonia oxidation process in the surface sea waters of the West Antarctic Peninsula, where diverse and active nitrifying assemblages were reported to reach high abundances and rates during late-summer (Alcamán-Arias et al.). Macronutrients could explain the microbial changes associated with the wildfires in bulk soil and rhizosphere of a native Sclerophyll Forest in central Chile (Aponte et al.). Different natural perturbations affecting ecosystems, such as hurricanes, cyclones, heat waves, among other extreme events, were predicted to become more common due to climate change with potential significant consequences in nature, including microbial community dynamics. After a tropical cyclone in 2010, the ponds of Pozas Rojas were inundated and homogenized, and then isolated again after several years, representing a natural perturbed situation to study classical niche differentiation questions tested by Garcia-Ulloa et al. for microbial communities. Despite the homogenization effect, this research identified the importance of interspecific interactions compared to environmental control alone accounting for the microbial community establishment in the different ponds (Garcia-Ulloa et al.). Finally, several mechanisms involve the interaction between microorganisms and vegetation including the way in which the microbiome is acquired. Those mechanisms are relevant to understand host health as reported by Muster et al. for phosphate solubilization by lichens in native vs. invasive tree species in the Patagonian Forest, and by Guajardo-Leiva et al. showing differential sites origin for the acquisition of bacteria compared to fungi for rhizosphere establishment by Antarctic vascular plant.

As a general trend, in the Southern Hemisphere, the microbial ecology studies included in this Research Topic were focused mainly in extreme and/or pristine environments using multiple approaches including gold-standard methods for microbial identification of prokaryotic and eukaryotic domains (16S, 18S, 28S rRNA genes and ITS), abundance determinations and functional potential, for example, by profiling metabolic capabilities (Aponte et al.) and by measuring the specific activity rates of microbial processes and meta-omic techniques (Aguilar et al.; Alcamán-Arias et al.; Camacho et al.). Still, there is a need to expand and increase our knowledge of more microbial communities' traits in the Southern Hemisphere ecosystems, using integrative studies to improve and deepen our understanding of their adaptation to extreme and changing environmental conditions. Funding remains a major limitation to increase our baseline knowledge of the South, and in the frame of global change and the effect of anthropogenic perturbations, more than ever, scientific exchange and close collaborations are urgently needed to overcome the lack of funding. Furthermore, the representation of women in research is another major challenge to overcome. Although this is not an exclusive problem of the Southern Hemisphere, an even smaller proportion of women researchers has been found in low-income countries (Quadrio-Curzio et al., 2020), which are mainly located in the South. In this Research Topic 55–60% of first and corresponding authors were women, which is a good sign of change. Thus, financial incentives, collaboration, and inclusiveness would certainly have a positive impact on our knowledge of the wide range of ecosystems driven by microbial processes in the Southern Hemisphere.
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The cosmopolitan haptophyte Phaeocystis is recognized as a key contributor to marine biogeochemical cycling and important primary producer within polar marine environments. Yet, little is known about its solitary, non-colonial cell stages or its distribution during the colder, low-productivity seasons. We examined the biogeography of Phaeocystis along a high-resolution (0.5-degree latitudinal interval) transect from the Antarctic ice-edge to the equator of the South Pacific, in the austral autumn-winter. Using high-throughput 18S rRNA gene sequences with single nucleotide variable (zero-radius) operational taxonomic units (zOTUs) allowed us to explore the possibility of strain-level variation. From water samples within the upper water column, we show the presence of an abundant Phaeocystis assemblage that persisted during the colder months, contributing up to 9% of the microbial eukaryote community at high latitudes. The biogeography of Phaeocystis was strongly shaped by oceanographic boundaries, most prominently the polar and subantarctic fronts. Marked changes in dominant Phaeocystis antarctica zOTUs between different frontal zones support the concept that ecotypes may exist within the Phaeocystis assemblage. Our findings also show that the Phaeocystis assemblage did not abide by the classical latitudinal diversity gradient of increasing richness from the poles to the tropics; richness peaked at 30°S and declined to a minimum at 5°S. Another surprise was that P. globosa and P. cordata, previously thought to be restricted to the northern hemisphere, were detected at moderate abundances within the Southern Ocean. Our results emphasize the importance of oceanographic processes in shaping the biogeography of Phaeocystis and highlights the importance of genomics-based exploration of Phaeocystis, which have found the assemblage to be more complex than previously understood. The high winter relative abundance of the Phaeocystis assemblage suggests it could be involved in more complex ecological interactions during the less productive seasons, which should be considered in future studies to better understand the ecological role and strategies of this keystone species.

Keywords: haptophytes, Phaeocystis, Southern Ocean, oceanographic fronts, winter distribution, 18S (SSU) rRNA gene, latitudinal diversity gradient, amplicon sequence variants


INTRODUCTION

Climate change is fast altering many aspects of marine ecosystems (Burrows et al., 2011; Achterberg, 2014). Thus, advancing our knowledge on keystone organisms such as phytoplankton, which form the base of marine food webs, is central in forecasting the effects of climate change. The prymnesiophyte phytoplankton of the genus Phaeocystis have a cosmopolitan marine distribution and play pivotal roles in the marine carbon and sulfur cycles (DiTullio et al., 2000; Verity et al., 2007). This is particularly true at high latitude marine environments such as the Southern Ocean, where primary productivity has a considerable contribution toward global ocean biogeochemistry and climate (Sarmiento et al., 2004). Phaeocystis antarctica is a known species commonly found in the Southern Ocean, where it exhibits extensive blooms (El-Sayed et al., 1983). It has significantly higher rates of carbon dioxide (CO2) and nitrate drawdown as well as rapid carbon export potential compared to diatoms (Arrigo et al., 1999; DiTullio et al., 2000). Thus, changes to the Phaeocystis community could strongly impact nutrient cycling efficiency and carbon export (Schoemann et al., 2005; Hutchins and Fu, 2017). However, Phaeocystis blooms are thought to be prevalent only within high latitude environments during the spring-summer months (Long et al., 2007). Seasonal variation and succession of overall composition of microbial communities is well recognized (Winter et al., 2009; Gilbert et al., 2012; Grzymski et al., 2012; Salter et al., 2015; Parada and Fuhrman, 2017), but little is known about the Phaeocystis assemblage outside its blooming season. This is because molecular identification of Phaeocystis remains scarce and morphological (microscopy) identification is ambiguous (Baumann et al., 1994). This situation is exacerbated by the complexity of Phaeocystis ecology, which includes a polymorphic life cycle with a wide distribution of its solitary free-living form, as well as the occurrence of colonial assemblages in which hundreds of cells are grouped in a polysaccharide matrix (Schoemann et al., 2005). This complexity means that its effective size in the plankton community can vary several orders of magnitude, from a few microns for the solitary forms to a few hundreds of microns for colonies. Current understanding is limited by insufficient temporal and spatial sampling of Phaeocystis, along with incomplete understanding of species and strains (Verity et al., 2007).

The full range of controls on the oceanic distribution of Phaeocystis species and strains remains to be determined. It is known to be regulated in part by its specific light and nutrient requirements, particularly the concentration of phosphate and nitrate (Verity et al., 2007). Within the Southern Ocean, micronutrients such as iron are limiting and also play a role in controlling Phaeocystis distribution (Stefels and van Leeuwe, 1998; van Leeuwe and Stefels, 1998, 2007). Because species and community composition of microbes are known to differ with ocean salinity and temperature (Brown et al., 2012; Raes et al., 2018), it is expected that oceanographic features are likely to be important in the control of Phaeocystis distributions, especially fronts which separate the euphotic ocean into zones or regions which have different hydrographical properties such as salinity, temperature, density and nutrients (Sokolov and Rintoul, 2002). For example, the Southern Ocean polar front is known to be a major ecological boundary for bacteria, archaea and zooplankton (Chiba et al., 2001; Hunt et al., 2001; Esper and Zonneveld, 2002; Ward et al., 2003; Wilkins et al., 2013; Raes et al., 2018).

Another expectation is the latitudinal diversity gradient, characterized as an increase in species richness from higher to lower latitudes (Ekman, 1953), as a fundamental biodiversity pattern found across a broad range of terrestrial, aquatic and marine taxa (Pianka, 1966; Gaston, 2000; Hillebrand, 2004). However, knowledge on the applicability of this biodiversity pattern on the highly diverse microbial communities remain uncertain. The gradient effect is expected to decrease with decreasing organism size, as microbes have large population sizes, rapid generation times and are easily dispersed (Finlay, 2002). With the exception of several recent works (Pommier et al., 2007; Fuhrman et al., 2008; Ladau et al., 2013; Endo et al., 2018; Raes et al., 2018; Ibarbalz et al., 2019), the microbial community, particularly microbial eukaryotes such as Phaeocystis are still under-represented with regards to research relating to latitudinal diversity patterns. Exceptions to the gradient have also been reported (Brayard et al., 2005; Tittensor et al., 2010; Powell et al., 2012; Woolley et al., 2016).

In the late austral autumn to winter of 2016, we investigated distribution trends of Phaeocystis from high to low latitude (−66 to 0°) epipelagic waters using high-throughput sequencing of the 18S ribosomal RNA marker gene. Our research encompassed both colonial and non-colonial Phaeocystis assemblages sampled on a latitudinal transect spanning ∼ 7000 km within the South Pacific Ocean, using the first high-resolution (∼0.5° sampling interval) study. Our goal was to refine our understanding of Phaeocystis distributions outside the period of its summer blooms. We hypothesized that stable fronts and oceanographic features can act as ecological boundaries that delineate the beta-diversity patterns of the Phaeocystis assemblage. From this hypothesis, we also set out to examine the species composition within each zone during the austral autumn-winter. This included determining whether the Phaeocystis assemblage followed the latitudinal diversity gradient during the less-productive seasons.



MATERIALS AND METHODS


Study Region and Sampling

Seawater samples were collected on the RV Investigator during the GO-SHIP P15S repeat hydrographic transect1 (26th April to 29th June, 2016). Seawater was collected on a 36-bottle rosette water sampler mounted with the SBE911 conductivity, temperature and depth (CTD) sensors (Seabird Scientific, United States), SBE43 dissolved oxygen sensor (Seabird Scientific, United States), Aquatracka fluorometer (Chelsea Technologies, United Kingdom) and Wet Labs C-StarTM transmissometer (Seabird Scientific, United States).

Samples for DNA analysis of the Phaeocystis assemblage were collected from 10-litre Niskin bottles deployed at four different depths within the upper water column (depth ranges 1–286 m; see Supplementary Table S1). The four sampling depths within the upper water column consisted of one sample each from the surface, deep chlorophyll maximum, mixed layer depth (MLD) and just below the mixed layer, and covered a latitudinal range of 0–66°S at longitude ranges of 169–174°W (Figure 1). Water column mixed layer depths were calculated according to Talley et al. (2011). For MLD values along the P15S transect referenced in this study, see Supplementary Figure S5 in Raes et al. (2018).
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FIGURE 1. (A) Map depicting microbial sampling stations within the GO-SHIP P15S transect (teal line) with approximate locations (latitudes) of the major oceanic fronts. (B) Plot of temperature against salinity (T-S) overlaid with nitrate + nitrite (NOx), with indicative temperature-salinity-NOx ranges of the different oceanic zones. T-S plots were generated using data recorded from all depths measured within the full water column. EQ, equator; EQ-U, equatorial upwelling zone; STOG, subtropical oligotrophic gyre zone; STZ, subtropical zone; SAZ-N, subantarctic zone-north; SAZ-M, SAZ-mid; SAZ-S, SAZ-south; PFZ, polar frontal zone; AZ, Antarctic zone; sACCF, southern Antarctic circumpolar current front; SPR, subpolar region.




Physico-Chemical Variable Measurements and Nutrient Analyses

Hydrochemistry and nutrients analyses were assayed by the Commonwealth Scientific and Industrial Research Organisation (CSIRO) Hydrochemistry team as described in Raes et al. (2018). In this paper, all presented salinities are based on the PSS-78 reference (SP) and are therefore unitless. The latitude, longitude, and absolute pressure values at the depths of sample collection (i.e., the sample “depths” in pressure units of dbar) provided with the data enable Absolute Salinity (SA) to be calculated via the TEOS-10 equation2 of state for seawater. Chlorophyll a profiles were generated using extracts from 0.525 liters of sample water from five sampling depths within the upper water column. Extraction was done using gentle vacuum filtration (pressure drop < 10 kPa) using 25-mm GF/F grade Whatman® glass microfiber filters (Merck, Germany) and samples were measured on a Trilogy laboratory fluorometer (Turner Designs, United States). Chlorophyll a data is as presented in Raes et al. (2017). Physical, biogeochemical, nutrient and metadata reported or discussed here can be accessed through the CLIVAR and Carbon Hydrographic Data Office (CCHDO) webpage3.



DNA Isolation, Amplification and High-Throughput Sequencing

Two liters of seawater were collected for each sample, filtered through 0.22 μm pore size polyethersulfone SterivexTM filter cartridges (Millipore, Germany) and stored immediately at −80°C until DNA extraction. DNA isolation was performed using a modified organic (phenol:chloroform:isoamyl alcohol-based) DNA isolation protocol of the DNeasy® PowerWater® SterivexTM Kit (Qiagen, Germany) (Appleyard et al., 2013; Supplementary Methods). Individual microbial samples were assigned unique Bioplatforms Australia (BPA) IDs from the Australian National Data Service (Supplementary Table S1). DNA was sequenced at the Ramaciotti Centre for Genomics4 (University of New South Wales, Sydney), where amplicons targeting the V4 region of eukaryotic 18S rRNA gene [18SV4F and 18SV4R primer pair modified from Stoeck et al. (2010), see Supplementary Table S7] were generated and sequenced using the MiSeqTM (Illumina, United States) dual-indexed 250 bp paired-end approach following protocols established by the Australian Microbiome (Marine Microbes) Initiative5. Full PCR amplification conditions, primer sequences and sequencing protocols used can be found in Supplementary Methods or downloaded from the methods page of the Bioplatforms Australia data portal6.



Bioinformatics, Statistical and General Analyses

All sequences were analyzed as part of the Australian Microbiome Initiative as previously described by Brown et al. (2018) (Supplementary Methods). Zero-radius operational taxonomic unit (zOTU) data with single nucleotide variation between zOTUs were used to enable data analysis at the highest possible phylogenetic variation (Edgar, 2016, 2018). zOTUs were taxonomically classified using the Protist Ribosomal Reference Database (PR2, v4.11.1) (Guillou et al., 2013), and zOTU tables were subsampled to a constant sampling depth of 25,000 sequences per sample for subsequent statistical analyses using the “sub.sample” command in MOTHUR v.1.36.1 (Schloss et al., 2009). zOTUs from all samples that were assigned to the family Phaeocystaceae (and genus Phaeocystis) were considered within this study.

Paired end reads (R1, R2), indexed reads (I1, I2) in.fastq format, and latest sequence read abundance tables are available from the Australian Microbiome page of the Bioplatforms Australia data portal7. Genomic datasets associated with this study are accessible from the NCBI BioProject PRJNA385736 webpage8. Sequence accession numbers for each sample are listed in Supplementary Table S1.

Biogeographic distribution patterns are known to be influenced by sampling effort (number of sequences) (Chaudhary et al., 2017; Meyer et al., 2018; Hermans et al., 2019). Lower abundance or sporadically present zOTUs may be present as a result of sequencing artifacts or noise, affecting the credibility of inferred biogeographic information. To account for this, we considered the abundance-ubiquity (Ab-Ub) relationship when analyzing relative abundances of the Phaeocystis assemblage. The Ab-Ub relationship of all Phaeocystis zOTUs were computed using Perl scripts from the CORe microBiome Analysis Tools (Corbata) project (Li et al., 2013). We considered 0.01% of the cumulative relative abundance (relative abundance averaged across all the samples analyzed) and 20% ubiquity as the minimum Ab-Ub threshold (which would translate to 2.5 sequencing reads and 25 sampling sites, respectively).

Richness and Good’s coverage for the Phaeocystis assemblage was calculated with 100 permutations using the “ecopy” (Lemoine, 2015) and “scikit-bio” packages on Python 3.6.1. Rarefaction curves were generated using the “rarecurve” function in the R package “vegan” (Oksanen et al., 2018). Richness, Good’s coverage and rarefaction curves were calculated based on average zOTU relative abundance values of the four sampling depths within the upper water column per station (latitude), to obtain single values reflecting the overall Phaeocystis assemblage within the upper water column. Richness was defined as the number of zOTUs (non-zero columns) observed per station (“spRich” function from “ecopy”). Good’s coverage was defined as C = 1−(n1/N), where C is the Good’s coverage estimator, n1 is the number of zOTUs that have been sampled once and N is the total number of individuals in the sample (“skbio.diversity.alpha.goods_coverage” function from “scikit-bio”). Analysis of similarities (ANOSIM) was conducted in PRIMER (v7.0.13, PRIMER-E, United Kingdom) (Clarke and Gorley, 2015) following square-root transformation of zOTU abundances, to test for the strength of assemblage clustering according to oceanic zones.

The relative abundance and alpha-diversity distribution of the Phaeocystis population (after accounting for low Ab-Ub zOTUs) were analyzed by considering (in separate plots) the percentage of Phaeocystis sequences and richness across the range of latitudes sampled. Percentage of Phaeocystis sequences were calculated as average Phaeocystis relative abundance value per station (of the four sampled depths within the upper water column) against all microbial eukaryote 18S rRNA gene sequences per station (i.e., 25,000 sequences).

Each individual Phaeocystis zOTU was categorized as either “high,” “mid” or “low” abundance zOTUs based on the total cumulative percentages for each zOTU of the total Phaeocystis sequences. The latitudinal distribution of each Phaeocystis zOTU from the “high” and “mid” categories were visualized on a plot of percent relative abundance of each zOTU against latitude. Percent relative abundance of each zOTU was defined by considering its relative abundance (total reads) at each latitude out of total 18S rRNA gene sequence reads per latitude (i.e., 25,000).

A phylogenetic tree was inferred using the neighbor-joining method with 1000 bootstraps using ARB (v6.06) (Ludwig et al., 2004) based on 382 bp aligned regions of the 18S rRNA gene sequences. Sequences were aligned using MUSCLE v3.8.31 (Edgar, 2004) based on the default alignment mode and was rooted using outgroup sequences Prymnesium parvum (NCBI accession no.: AJ246269), Imantonia rotunda (AJ246267), Pleurochrysis carterae (AJ246263), Gephyrocapsa oceanica (AB058360), and Isochrysis galbana (AJ246266).

Most analyses and graphical plots were generated in the R statistical computing platform (v3.4.4) (R Core Team, 2018) using ggplot2 (Wickham, 2016), Microsoft Excel and Ocean Data View (v5.1.7) (Schlitzer, 2019).



RESULTS


Physico-Chemical Profile and Major Epipelagic Oceanic Zones

From the 132 sampling stations along the GO-SHIP P15S transect, we identified six different ocean fronts and nine different oceanic zones (regions) according to temperature, salinity and nutrient values (Figures 1, 2 and Supplementary Table S1). Fronts and oceanic regions were determined according to temperature and salinity range indicators suggested by Orsi et al. (1995), Sokolov and Rintoul (2002), and Longhurst (2007). Clear temperature (polar front – PF, ∼60°S; subantarctic front – SAF) and salinity (subtropical front – STF, ∼44°S) changes were observed when passing through the fronts (Figure 2). Three branches of the subantarctic front were also observed: SAF-south (SAF-S, ∼56°S), SAF-mid (SAF-M, ∼54°S) and SAF-north (SAF-N, ∼50°S) (Figure 2A). Colder waters at depths of ∼150 m approximately 5°S from the equator were indicative of an equatorial upwelling (Figures 2A,E).
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FIGURE 2. Vertical distributions of (A) temperature, (B) salinity, (C) dissolved oxygen, (D) chlorophyll a, (E) nitrate + nitrite and (F) transmittance (%) within the top 500 m of the water column along the P15S sampling section (top 150 m for chlorophyll a). Major oceanographic fronts are indicated by red dashed arrows, white dotted lines indicate approximate boundaries for subtropical gyre and equatorial upwelling zones. Front acronyms are as detailed in Figure 1.


Temperature of the surface waters ranged from −2°C to 30°C and increased gradually from 66°S to the equator (Figure 2A). Salinity values (PSS-78) ranged from 34 to 36.5, were lowest at higher latitudes and increased toward the equator, peaking in subtropical waters at ∼30°S (Figure 2B). Oxygen values of the surface waters peaked at ∼350 μmol L–1 at higher latitudes and decreased toward warmer waters at the equator to ∼200 μmol L–1 (Figure 2C), consistent with temperature control of oxygen solubility and near atmospheric equilibrium in surface waters. Within the top 50 m of the water column, chlorophyll a values were highest (0.75–1.25 μg L–1) between 40 and 55°S within the STZ and SAZ, and lowest (0–0.35 μg L–1) within the subtropical oligotrophic gyre (STOG) (Figure 2D).



Richness Profile of the Phaeocystis Assemblage Within the South Pacific

The subsampled 18S rRNA zOTU table with samples from the four different sampling depths within the upper water column yielded 237,016 sequences that classified under the Phaeocystis genus, which translated to ∼2% of all 18S rRNA gene sequences considered. When considered based on average relative abundance values of the four depths per station (latitude) basis, there was a total of 59,736 sequences from the 132 sampling stations. Rarefactions plots (Supplementary Figure S1) and Good’s coverage of >0.9 for all stations (Supplementary Table S2) indicate adequate sampling to capture the Phaeocystis diversity that was present.

A total of 92 Phaeocystis zOTUs were observed. We considered the Ab-Ub relationship of all 92 Phaeocystis zOTUs found within this study (Supplementary Figure S2), where 29 Phaeocystis zOTUs had abundances and ubiquity above the 0.01–20% Ab-Ub threshold (Supplementary Figure S2 and Supplementary Table S3). Phaeocystis zOTUs below the Ab-Ub threshold are listed in Supplementary Table S6 with their respective relative abundances.

The average percentage of Phaeocystis sequences per station within the microbial eukaryote community was greater at the higher latitudes, peaking at ∼9% at 64°S (Figure 3A). Average percentage of Phaeocystis sequences (aggregated value for four samples in the water column) decreased toward the STF and was lowest within the subtropical oligotrophic gyre (10–40°S; 0.3–0.9%), increasing slightly again after 5°S within the equatorial upwelling zone (Figure 3A). Phaeocystis richness peaked at 25 zOTUs at ∼30°S (r2 = 0.83) (Figure 3B). Richness increased after crossing the PF (northward) toward the SAF. Richness was lowest in the region right before the PF (∼61°S, four zOTUs) and the equatorial upwelling (∼5°S, six zOTUs) (Figure 3B). Overall, the region with the highest richness corresponded with the region with the lowest percentage of Phaeocystis in the subtropical oligotrophic gyre (∼20–40°S) (Figures 3, 4A).
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FIGURE 3. Plot of (A) percentage of Phaeocystis sequences against latitude and (B) richness against latitude for sampling stations across all latitudes. Percentage values presented in plot A are calculated as average Phaeocystis relative abundance value per station (of the four sampled depths within the upper water column) against all microbial eukaryote 18S rRNA gene sequences per station (i.e., 25,000 sequences). Sixth-order polynomial fit is indicated by the blue line for the sequence percentage plot and by the red line for the richness plot. 95% confidence intervals are indicated by blue (Phaeocystis sequence percentage plot) and red dotted lines (richness plot). Blue dashed lines indicate approximate location of fronts, gray dotted lines indicate approximate boundaries for subtropical gyre and equatorial upwelling zones. Acronyms for fronts and zones are as listed in Figure 1.



[image: image]

FIGURE 4. (A) Percent relative abundance of high-abundance Phaeocystis zOTUs (relative abundance >1% of all Phaeocystis 18S rRNA gene sequences) above the Ab-Ub threshold within the P15S transect. Mid- (0.1–0.99% of all Phaeocystis 18S rRNA gene sequences) and low- (< 0.1% of all Phaeocystis 18S rRNA gene sequences) abundance zOTUs are indicated as separate, pooled categories. Richness (red line) and percent relative abundance (blue line) profiles of the Phaeocystis assemblage fitted with a sixth-order polynomial regression curve are overlaid. (B) Average relative abundance of mid-abundance Phaeocystis zOTUs above the Ab-Ub threshold. Low-abundance zOTUs are indicated as a pooled category. Approximate locations of fronts are indicated by blue dotted lines, while approximate boundaries for subtropical gyre and equatorial upwelling zones are indicated by gray dotted lines. Acronyms for fronts and zones are as listed in Figure 1.




Phaeocystis Assemblage Composition From the Subpolar Region to the Equator

Of the 29 Phaeocystis zOTUs above the Ab-Ub threshold, nine (31%) were high-abundance (making up more than 1% of the Phaeocystis 18S rRNA gene sequences across all the samples analyzed), and were classified as P. antarctica, P. globosa, P. cordata, and unclassified Phaeocystis (Figure 4A and Supplementary Table S3). Eleven (38%) zOTUs were classified as mid-abundance (0.1–0.99% of Phaeocystis 18S rRNA gene sequences) and comprised of P. antarctica, P. globosa and unclassified Phaeocystis species (Figure 4B and Supplementary Table S3). The remaining nine (31%) were low-abundance (< 0.1% of Phaeocystis 18S rRNA gene sequences) and were all unclassified Phaeocystis (Supplementary Table S3). The 63 Phaeocystis zOTUs below the Ab-Ub threshold identified as P. pouchetti, P. jahnii, P. globosa, and P. antarctica and unclassified Phaeocystis (Supplementary Table S6).

Overall, the Phaeocystis assemblage was significantly different between most of the oceanographic zones as demonstrated by the ANOSIM test (Supplementary Table S4). Pairwise ANOSIM between STZ and STOG Phaeocystis assemblages as well as between STOG and EQ-U assemblages found that Phaeocystis in these oceanic zone pairs were moderately but significantly different (R = 0.505–0.514, p = 0.01; Supplementary Table S4). Assemblages in the PFZ and SAZ-S pair as well as SAZ-S and SAZ-M pair were different (R = 0.6), but without statistical significance (p = 0.8–2.4; Supplementary Table S4).

The two major P. antarctica zOTUs (zOTU_21221, zOTU_21213) were abundant mainly at the higher latitudes within the Southern Ocean sector of the transect (Figure 4A). From the ice edge, P. antarctica was abundant beyond the PF up till the SAF, with distinct assemblage composition (zOTU) changes observed after crossing the PF and SAF-M (Figure 4A). At ∼49°S within the SAZ-N, P. antarctica declined sharply in relative abundance with a corresponding moderate increase in the relative abundance of P. globosa (Figure 4A). The EQ-U zone comprised mainly of P. globosa, though the assemblage (zOTUs) were distinct from those found within the SAZ-N and STZ (Figure 4A).

The mid- to low-abundance Phaeocystis assemblage also exhibited distinct assemblage compositions between the different oceanographic zones. Notably, the AZ-SPR consisted mainly of an unclassified Phaeocystis zOTU (zOTU_21115) not prevalent in other zones, as did the SAZ (Figure 4B). A highly diverse Phaeocystis assemblage with higher proportions of low-abundance Phaeocystis was observed within the subtropical oligotrophic gyre which had the lowest percentages of Phaeocystis sequences (Figures 3, 4).

Latitudinal distribution patterns of Phaeocystis relative abundance and richness were consistent whether considering only those above the Ab-Ub threshold or all Phaeocystis zOTUs. Latitudinal distribution patterns and ANOSIM incorporating all Phaeocystis zOTUs, including those below the Ab-Ub threshold are provided in Supplementary Figure S3 and Supplementary Table S5.

The phylogenetic relationship amongst all high- and mid-abundance Phaeocystis sequences from this study with reference to sequences from previous studies are depicted in Figure 5. Known colony-forming species, P. antarctica, P. globosa, P. pouchetti, and P. cordata clustered together within a common clade. P. antarctica sequences branched out further forming separate high-latitude and low-latitude clusters (Figure 5). P. antarctica zOTU_21221 was abundant within the AZ-SPR and PFZ. zOTU_21221 sequences clustered together with P. antarctica sequences previously isolated from high latitude (63–65°S) locations at the Weddell Sea and McMurdo Sound (Medlin et al., 1994) which we term the high-latitude P. antarctica cluster within this study (Figure 5). P. antarctica zOTU_21213 was abundant within the SAZ. zOTU_21213 sequences clustered with sequences previously isolated from a lower latitude (49°S) location at the Atlantic sector of the Antarctic Circumpolar Convergence (ACC) (Zingone et al., 2011) and we term this as the low-latitude P. antarctica cluster (Figure 5). zOTU_21120 and zOTU_21119, detected within the subtropical oligotrophic gyre, clustered together with P. jahnii. The two P. globosa zOTUs (zOTU_72713 and zOTU_4745) that were detected also seemed to group with two distinct subclades on the phylogenetic tree and were each detected in higher abundances in two different regions (subantarctic region for zOTU_72713, low latitude region for zOTU_4745). The remaining unclassified Phaeocystis zOTU sequences clustered together to form three separate clades distinct from other reference Phaeocystis sequences and clades (clade P15S.16.1, P15S.16.2, P15S.16.3; Figure 5).
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FIGURE 5. Neighbor-joining tree of abundant Phaeocystis zOTUs clustered against other known Phaeocystis 18S rRNA gene sequences. Sequences in green are high-abundance (>1% relative abundance) zOTUs, while sequences in blue are mid-abundance (0.1–0.99% relative abundance) zOTUs from this study. Bootstrap values above 50% are indicated at the branches in red. To more easily identify the regions where our Phaeocystis zOTUs originated from, we established the following four categories of regions – (1) Antarctic (65–55°S); (2) subantarctic (55–45°S); (3) mid-latitudes (45–15°S); (4) low-latitudes (15°S–0°). Numbers in purple and square parenthesis indicate the region the zOTU was detected. Where more than one number is indicated, the first number indicates the region where higher abundances of that zOTU was detected.




DISCUSSION

While numerous reports have documented Phaeocystis as a ubiquitous phytoplankton within the Southern Ocean and southern hemisphere during its peak blooming seasons (Arrigo et al., 1999; DiTullio et al., 2000, 2003; Smith et al., 2000; Vogt et al., 2012; Eriksen et al., 2018), there is an evident lack of studies dedicated to understanding the ecology and distribution of this prevalent phytoplankton throughout the rest of the year (i.e., austral autumn-winter). Most studies are also localized around small latitudinal ranges and centered around the colonial stages of Phaeocystis, e.g., Arrigo et al. (1999), Alderkamp et al. (2012), Mills et al. (2012), Delmont et al. (2014). There has been an increasing number of studies utilizing various techniques (microscopy, algal pigments, marker genes) to investigate the global marine plankton [e.g., de Vargas et al. (2015), Swan et al. (2016), Carradec et al. (2018), Righetti et al. (2020)] and Phaeocystis (Vogt et al., 2012) distributions. de Vargas et al. (2015) and Carradec et al. (2018) found significant numbers of Phaeocystis through gene analysis in the TARA Oceans Expedition, while Estrada et al. (2016) in the Malaspina Expedition did not identify sufficient numbers of Phaeocystis to be identified by microscopy. While the global CHEMTAX (Mackey et al., 1996) database established by Swan et al. (2016) analyzed phytoplankton seasonal climatologies, the method fell short due to the variable pigment composition of Phaeocystis species (van Leeuwe and Stefels, 1998; van Leeuwe et al., 2014). Despite the advent of global Phaeocystis and phytoplankton distribution reports and databases, Phaeocystis investigations remain under-represented especially in higher latitudes of the Southern Hemisphere [e.g., Vogt et al. (2012), Endo et al. (2018), Righetti et al. (2020)] and were also biased toward the summer in many cases.

Phaeocystis antarctica has previously been shown to harbor physiological adaptations to successfully survive the cold, extreme conditions of austral winters (Tang et al., 2009). Our study corroborates this, as demonstrated by a high proportion of P. antarctica relative to the rest of the eukaryote community (up to ∼ 8.6%) across multiple latitudes, showing Phaeocystis to be a major phytoplankton in high latitudes during the autumn-winter months as well. During the voyage, a Phaeocystis bloom was also opportunistically sighted at approximately 56°S and visually confirmed under the microscope from ship underway samples, suggestive of an active Phaeocystis assemblage (Raes et al., 2018). Blooms were not consistently sighted throughout and south of the subantarctic zone of this transect, but high relative abundance of Phaeocystis 18S rRNA gene sequences (up to 9% of the microbial eukaryotes per sample) within this region suggests dominance in either colonial and/or solitary cell forms that persist during the colder austral months. Furthermore, 18S rRNA gene sequence of the most abundant P. antarctica zOTU (zOTU_21221) showed a 100% sequence identity to an abundant, high-latitude P. antarctica 18S rRNA gene sequence detected during a summer Southern Ocean transect close to the Totten Glacier (Sow et al., unpublished). This suggests that what we are observing is the same summer P. antarctica assemblage harboring cold-adaptation strategies to maintain abundance over the colder months as opposed to succession by a different autumn-winter P. antarctica clade.

Our dataset also clearly demonstrates that oceanographic fronts, particularly the polar front and subantarctic front were strong ecological boundaries that structured the Phaeocystis assemblage composition. Previous studies have reported variable responses amongst P. antarctica clones to iron and light stress (Luxem et al., 2017). As environmental conditions vary substantially between frontal zones (Figure 2), the marked change in the dominant P. antarctica zOTU north of the SAF-M suggests that the concept of varying ecotypes of P. antarctica may exist as previously suggested (Lange et al., 2002; Medlin and Zingone, 2007), with differing nutrient, micronutrient or physicochemical requirements amongst ecotypes. This is supported by the clustering of zOTU_21221 with P. antarctica reference sequences previously isolated from high-latitude environments, while zOTU_21213 clustered with P. antarctica isolated from a lower latitude, subantarctic region (Figure 5). The distinct increase in abundance of P. antarctica zOTU_21213 over P. antarctica zOTU_21221 north of the PF followed by the dominance of P. antarctica zOTU_21213 past SAZ-M (Figure 4A) suggests that the PFZ may be a transition zone with environmental conditions that are in between optimal conditions for the co-existence of the two different P. antarctica zOTUs. This delineation of Phaeocystis by oceanographic features was not limited to its most dominant species, since the mid- to low-abundance assemblage also displayed distinct patterns of frontal delineation (Figure 4B).

Our previous work showed that microbial eukaryote richness peaked at the least productive tropical oligotrophic region and that there was a high presence of Phaeocystis in the Southern Ocean and STF region (Raes et al., 2018). This study showed that Phaeocystis diversity and distribution was in-line with those observed of the overall epipelagic microbial eukaryotes in the P15S line. With several exceptions, the latitudinal diversity gradient (i.e., increased species richness from higher to lower latitude environments) have been thought to apply to most major groups of terrestrial and surface marine taxa (Pianka, 1966; Gaston, 2000; Hillebrand, 2004; Ibarbalz et al., 2019). However, a recent re-evaluation has challenged this (Chaudhary et al., 2016), and there is still debate on whether the theory applies to smaller eukaryotes and prokaryotes (Tittensor et al., 2010). Our findings showed that Phaeocystis species richness did not follow the typical latitudinal diversity gradient – richness increased northwards from the pole up to the STOG zone, but peaked at ∼30°S and decreased after that to its lowest point at ∼5°S within the EQ-U zone. This was similar to the trend reported by Chaudhary et al. (2016), who found a dip in species richness close to the equator for a large majority of the 65,000 marine species they re-examined. On the contrary, Ibarbalz et al. (2019) in their recent study of global marine plankton diversity trends based on the Tara Oceans dataset observed the more classical latitudinal diversity gradient of increased species richness toward the equator (mainly attributed to increasing ocean temperatures). They did not observe the dip in species richness close to the equator, though we note that their study examined haptophytes in general and that the latitudinal diversity gradient trend might have been influenced by significant under-sampling of the mid to high latitudes in the southern hemisphere part of their dataset (Ibarbalz et al., 2019). Endo et al. (2018) reported a relatively constant diversity of haptophytes (with large proportions of Phaeocystis) across high to low latitudes in the Pacific (i.e., a gradual diversity gradient). However, their study examined diversity gradients of haptophytes as a whole (which may not reflect the exact trend of Phaeocystis), and the diversity gradient trends were observed mostly in the northern hemisphere on summer transects.

The increase in richness from polar waters northward to 30°S was completely reversed between 30°S and the equator, but the reversed (decrease) in richness occurred without any change in Phaeocystis proportion within the eukaryote population (Figures 3, 4). This suggests that the latitudinal diversity gradient is not monotonic, in contrast to surface temperature (Figure 2A) and thus other factors such as upwelling of nutrients (e.g., NOx; Figure 2E) are likely to be influential.

We also observed a distinct pattern of few winners (low richness) in regions with a thriving assemblage (i.e., high relative abundance at the higher latitudes) and high diversities (high richness) in regions with a struggling assemblage (low abundance) (Figure 4). This could be explained by several theories. Phaeocystis blooms require the support of nutrients (van Boekel et al., 1992). Nitrate and phosphate are enriched at higher latitudes (Levitus et al., 1993), which could explain the general prevalence of blooms at high latitudes (Long et al., 2007). In contrast, low nitrate levels within mid-low latitude environments do not encourage bloom formation, and it is likely that most Phaeocystis within this region would be free-living. Blooms (colonial forms) of Phaeocystis are less vulnerable to predation and viral lysis (Hamm et al., 1999; Hamm, 2000). This suggests it would be more likely for high-latitude Phaeocystis (e.g., P. antarctica) with adequate nutrient support for bloom formation to be less liable to predation, hence able to proliferate to high relative abundances (note that this interpretation assumes the iron availability is sufficient to allow Phaeocystis bloom formation, even though it is considered to be the limiting nutrient for overall phytoplankton productivity in the Southern Ocean). In contrast, mid to low latitude Phaeocystis, likely in free-living form, are more liable to viral predation. Hence, it is likely that Phaeocystis inhabitants here are prevented from increasing to high abundances even if higher temperatures within the lower latitude regions may suit a wider range of Phaeocystis species (i.e., increased richness). Viral predation also appears to be strain specific, with previously isolated strains found to infect only P. globosa (Schoemann et al., 2005) and P. pouchetti (Bratbak et al., 1998). Interestingly, besides recent reports of a virus predicted to be capable of infecting P. antarctica (Alarcon-Schumacher et al., 2019), no virus confirmed to infect P. antarctica has been isolated thus far. Finally, less species can tolerate the extreme environmental conditions (e.g., low temperatures) or increased variation of climatic conditions at higher latitudes (i.e., climate harshness/stability hypothesis) (Currie et al., 2004). This may translate to reduced competition at higher latitudes (Amend et al., 2013), allowing surviving species (e.g., P. antarctica) to flourish/dominate. The Phaeocystis genus, particularly in its free-living form, is known to have a cosmopolitan distribution but exists as distinct species across diverse marine environments (Baumann et al., 1994; Schoemann et al., 2005). As observed within our study, P. antarctica is the prevailing species within high latitude southern hemisphere waters (Figure 4 and Supplementary Table S3) given it has available adaptation strategies to lower temperatures (Medlin et al., 1994). However, it is interesting that P. globosa, while not dominant, was detected at moderate abundances within the southern SAZ and STF (Figure 4). While P. globosa has been observed in temperate and tropical waters (Chen et al., 2003; Schoemann et al., 2005; Rousseau et al., 2013), its occurrence has, to the best of our knowledge, never been reported within temperate waters of the southern hemisphere. The detection of P. cordata within southern SAZ and STF (Figure 4) is also surprising, as this is a species that has also thus far only been detected within northern hemisphere waters, first in the Mediterranean Sea (Zingone et al., 1999) and later also in parts of the Indian Ocean and Red Sea (Decelle et al., 2012; Figure 5). This observation suggests that Phaeocystis may be more cosmopolitan and diverse than previously thought, and widely dispersed ecotypes of P. globosa and P. cordata may be present that was previously undiscovered due to under-sampling or limited molecular genetics studies of this species.

The GO-SHIP P15S is a decadal repeat hydrography transect that has previously been conducted several times (Talley et al., 2016). Comparing the chlorophyll a profile in this study (Figure 2D) to those from a previous summer occupation of the P15S line (year 1996), peak chlorophyll a values were observed in the STZ in both our study and the summer transect, but in the PFZ peak chlorophyll a values were only observed in the summer (DiTullio et al., 2003). Using CHEMTAX of algal pigments, DiTullio et al. (2003) detected Phaeocystis (as type 4 haptophytes) in the PFZ, STZ and equatorial zone, however, their study did not further differentiate Phaeocystis distribution at the species level. In terms of temporal variability in Phaeocystis species abundance and distribution, a direct comparison between the earlier P15S summer occupation with this autumn/winter transect would be challenging, since the methods used to classify Phaeocystis between the studies were different. The CHEMTAX Phaeocystis classification used by DiTullio et al. (2003) was based on the general assumption that Phaeocystis expressed more equal ratios of fucoxanthin (fuco), 19′-butanoyloxyfucoxanthin (19but) and 19′-hexanoyloxyfucoxanthin (19hex). This method may not have conclusively determined all Phaeocystis since, as mentioned above, Phaeocystis are known to express variable pigment composition due to variations in environmental conditions (van Leeuwe and Stefels, 1998; Swan et al., 2016). The method may also have also accounted for other phytoplankton that shared similar diagnostic pigments or missed species of Phaeocystis that express different ratios of pigments (Schoemann et al., 2005).

Phaeocystis have been previously discovered to form photosymbiotic associations with Acantharia, an abundant open ocean zooplankton, at multiple locations across the global oceans including the Drake Passage sector of the Southern Ocean (Decelle et al., 2012; de Vargas et al., 2015). This has been suggested to be a potentially important ecological adaptation strategy for heterotrophic organisms to maintain their abundance in surface open ocean waters. In our study, Acantharia were only detected at very low relative abundances, ranging between 0.01 and 0.6% of all microbial eukaryotes and were primarily unclassified Acantharia (data not shown). Higher abundances of Acantharia were detected in deeper mesopelagic waters (data not shown). This indicated that Acantharia-Phaeocystis photosymbiosis may be a less important mode of adaptation to oligotrophic surface waters in the Southwest Pacific, or that the photosymbiotic association could be seasonally influenced and less prevalent during the austral autumn-winter.



CONCLUSION

This high-resolution marker gene survey has shown that Phaeocystis, a key summer bloom-forming phytoplankton species within the Southern Ocean is also highly abundant during the autumn-winter months. The high diversity of the Phaeocystis genus was strongly partitioned at species level by oceanic fronts acting as ecological boundaries, and the study re-confirmed that the polar and subantarctic fronts are major ecological boundaries in microbial distribution and abundance. P. globosa and P. cordata, species previously thought to only prevail in the northern hemisphere were detected within this study, indicating that these organisms are more cosmopolitan than previously understood. Further molecular exploration of this genus, particularly in its non-colonial forms should be a key consideration to better understand its seasonal variability, environmental drivers and ecological interactions with other microbes, in efforts to better understand its potential response to climate change and the cascading effects toward the broader marine ecosystem.
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Most of the microbial biogeographic patterns in the oceans have been depicted at the whole community level, leaving out finer taxonomic resolution (i.e., microdiversity) that is crucial to conduct intra-population phylogeographic study, as commonly done for macroorganisms. Here, we present a new approach to unravel the bacterial phylogeographic patterns combining community-wide survey by 16S rRNA gene metabarcoding and intra-species resolution through the oligotyping method, allowing robust estimations of genetic and phylogeographic indices, and migration parameters. As a proof-of-concept, we focused on the bacterial genus Spirochaeta across three distant biogeographic provinces of the Southern Ocean; maritime Antarctica, sub-Antarctic Islands, and Patagonia. Each targeted Spirochaeta operational taxonomic units were characterized by a substantial intrapopulation microdiversity, and significant genetic differentiation and phylogeographic structure among the three provinces. Gene flow estimations among Spirochaeta populations support the role of the Antarctic Polar Front as a biogeographic barrier to bacterial dispersal between Antarctic and sub-Antarctic provinces. Conversely, the Antarctic Circumpolar Current appears as the main driver of gene flow, connecting sub-Antarctic Islands with Patagonia and maritime Antarctica. Additionally, historical processes (drift and dispersal limitation) govern up to 86% of the spatial turnover among Spirochaeta populations. Overall, our approach bridges the gap between microbial and macrobial ecology by revealing strong congruency with macroorganisms distribution patterns at the populational level, shaped by the same oceanographic structures and ecological processes.
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INTRODUCTION

Biogeography has traditionally investigated the geographic distribution of macroorganisms in the Eukaryota domain. Yet, the last two decades have witnessed a growing number of studies focused on the biogeography of microorganisms, and repeatedly reporting non-random community assemblages of various prokaryotic microorganisms (Martiny et al., 2006; Wilkins et al., 2013; Karimi et al., 2018). Unlike contemporary driving factors (i.e., environmental selection) that have been extensively studied (Gilbert et al., 2012; Stegen et al., 2012; van der Gast, 2015), the role of historical processes – past ecological and evolutionary events – onto the present-day distribution patterns of microorganisms remains poorly investigated. Initially, the consensus was that the rapid and widespread dispersal of microbes should erase any signal of past historical events (Martiny et al., 2006). Nevertheless, it is now clear that historical processes, such as the dispersal barriers and geographic distance, might substantially contribute to microbes’ biogeography instead of environmental filtering (Hanson et al., 2012, 2019). Similarly to larger organisms, biogeographic regionalization, isolation, and endemism have been reported for microbes, reflecting the predominant effect of geographic distance over environmental variations (Papke et al., 2003; Whitaker et al., 2003).

To date, most of the microbial biogeographic patterns have been depicted at the whole community level, taking advantage of the extensive survey capacity provided by the next-generation sequencing (NGS) technologies (Almasia et al., 2016; Karimi et al., 2018; Wu et al., 2019). Nevertheless, as observed in various empirical studies, a finer taxonomic scale generally allows better detection of geographic patterns (Hanson et al., 2012; Chase and Martiny, 2018; Bay et al., 2020). Moreover, the ecological processes driving the biogeographic patterns at the community-level would mainly result from the accumulation of micro-evolutive processes, i.e., mechanisms contributing to the genetic composition and diversity within populations, and how they vary in space and time (Hanson et al., 2012; Larkin and Martiny, 2017). Hence the comprehensive description of these micro-evolutive processes requires considering the intra-population diversity, as commonly applied in phylogeographic studies of macroorganisms. In other words, microbial assembly processes need to be investigated at a finer taxonomic resolution than usually done by microbial biogeographic surveys and consider the “microdiversity” within groups (Larkin and Martiny, 2017; Chase and Martiny, 2018).

The oceans have been considered among the most challenging environments to test hypotheses about microbial biogeography, mainly due to the speculated transport of organisms over large distances by marine currents and the absence of perceivable marine barriers impeding potential dispersal events (Fenchel and Finlay, 2004). However, oceanic fronts separating different water masses have been recently identified as major microbial dispersal barriers (Flaviani et al., 2018). The Southern Ocean (SO) is a vast region representing approximately 20% of the world ocean surface. It surrounds Antarctica, and its northern limit is the Subtropical Front (Gruber et al., 2019). Two main oceanographic structures shape the SO biogeography; the Antarctic Polar Front (APF) and the Antarctic Circumpolar Current (ACC). The APF is classically considered a harsh north–south obstacle for dispersing marine organisms due to the brutal change in water temperature and salinity (Griffiths, 2010; Halanych and Mahon, 2018). Phylogenetic reconstruction achieved on various vertebrate and invertebrate taxa clearly supports the role of the APF on their respective diversification processes (Díaz et al., 2011; Poulin et al., 2014; Hüne et al., 2015; González−Wevar et al., 2017; González-Wevar et al., 2019). Accordingly, and based on the described distribution of species, biogeographers have traditionally recognized Antarctica and sub-Antarctica as the two main biogeographic provinces of the SO, even if several provinces have been proposed within each of them (Koubbi et al., 2014). Contrarily, outside the APF, the ACC is generally described as the driver of genetic connection across the sub-Antarctic zone due to its eastward circulation (Nikula et al., 2010; Cumming et al., 2014; Moon et al., 2017; González−Wevar et al., 2018). Intraspecific genetic and phylogeographic studies of macroorganisms have demonstrated the ACC’s role in connecting geographically distant sub-Antarctic provinces (Gérard et al., 2008; Fraser et al., 2009; González−Wevar et al., 2018; Frugone et al., 2019). The marine biota distribution in this region has been synthesized in the Biogeographic Atlas of the SO, providing updated biogeographic information of a wide range of benthic and pelagic taxa from Metazoan, macroalgae, and phytoplankton (De Broyer et al., 2014). Despite being the most abundant and diverse domains on Earth, Bacteria, and Archaea are not included in the SO Atlas (Shade et al., 2018). Studies conducted at the whole community-level support (1) the role of ACC as a likely efficient mechanism of circumpolar microbial transport and dispersal (Murray and Grzymski, 2007; Wilkins et al., 2013) and (2) the role of APF as the main dispersal barrier separating Antarctic and sub-Antarctic microbial assemblages (Wilkins et al., 2013; Flaviani et al., 2018; Raes et al., 2018). However, even when geographic distributions of marine microbial communities have been characterized in the region, the underlying evolutionary processes remain unclear, and their comprehensive understanding may rely on a higher taxonomic perspective, exploring bacterial populations’ microdiversity.

Targeting the intraspecific microdiversity using NGS data requires specific computational methods to discriminate the stochastic noise caused by random sequencing errors from those associated with biologically significant diversity (Hanson et al., 2012; Edgar and Flyvbjerg, 2015; Chase and Martiny, 2018). For this purpose, an algorithm called “Minimum Entropy Decomposition” (MED) relying on the oligotyping method has been proposed by Eren et al. (2015). This algorithm allows to identify true sequence variants (i.e., oligotypes) within the “operational taxonomic units” (OTUs), classically defined at 97% identity of the bacterial 16S rRNA gene. This approach has already been successfully used to unravel fine-grained biogeographic patterns of bacterial microdiversity in Arctic sediments, such as variations in oligotype distribution according to spatial and environmental parameters (Buttigieg and Ramette, 2014). Moreover, focusing on the sulfate-reducing genus Desulfotomaculum in Arctic marine sediments, Hanson et al. (2019) showed clear biogeographic patterns – attributed to historical factors associated with past environments – were only evident at the microdiversity level achieved with the oligotyping method. However, the microevolutionary processes causing the microdiversity were not assayed, and the study did not encompass large-scale distribution among different biogeographic provinces, as it was restricted to the west coast of Spitsbergen, Svalbard in the Arctic Ocean.

In the present proof-of-concept study, we aim to elucidate the evolutionary processes driving microbial biogeography across different provinces of the SO by combining (1) community-wide surveying provided by the high-throughput sequencing of the 16S rRNA gene, (2) intra-species microdiversity resolution obtained through the oligotyping method implemented in the MED pipeline, and (3) phylogeographic analysis as traditionally developed for macroorganisms as models. Considering the SO as an outstanding idoneous frame, we investigated the geographic distribution of genetic diversity of marine bacterial taxa across three biogeographic provinces: maritime Antarctica (King George Island, South Shetland Islands, West Antarctic Peninsula), sub-Antarctic Islands of the Indian Ocean (Kerguelen archipelago), and southern South America (Patagonia). We selected sites separated by the APF, i.e., maritime Antarctica and Patagonia, and others connected through the ACC, i.e., Patagonia and Kerguelen archipelago.

As the contribution of geography to biological diversity patterns (i.e., dispersal limitation) is stronger on habitat-specialists (i.e., taxa found in habitat with high selective strength) (Lindström and Langenheder, 2012; Szekely et al., 2013), and emphasized within homogeneous habitats distributed across large spatial scales (Astorga et al., 2012; Hanson et al., 2012; Langenheder and Lindström, 2019), we focused our study on the bacterial community associated to a specific habitat: the gut of Abatus irregular sea urchins. The Abatus genus is distributed across the SO and gathers various sibling species homologous in ecology and habitat, such as Abatus cavernosus in southern South America, Abatus cordatus in Kerguelen Islands, and Abatus agassizii in maritime Antarctica (Poulin and Feral, 1995; David et al., 2005; Díaz et al., 2012; Guillaumot et al., 2018). Since these species lack specialized respiratory structure, they are restricted to the well-oxygenated coarse sediments found at shallow depth (typically 1–3 m depth) in sheltered bays, protected from the swell (Poulin and Feral, 1995). Within the Abatus hosts, we focused on a specific micro-environment – the gut tissue – previously described to act as a selective filter of the external sediment microbiota, as illustrated by the reduction of bacterial diversity at both taxonomic and functional levels (Schwob et al., 2020). Working on the gut community with supposedly more limited dispersal capacity, through a high sequencing depth, is expected to (1) provide robust coverage of the bacterial diversity, (2) minimize the relevance of environmental filtering between provinces, (3) emphasize the contribution of geographic and oceanographic factors, and therefore (4) enhance the detection of phylogeographic signals across the SO (Hanson et al., 2012). As a model taxon to explore bacterial phylogeography in the SO, we chose the Spirochaeta genus (phylum Spirochaetes). Spirochaeta bacteria are recognized as the most prevalent and abundant genus in the Abatus gut tissue (Schwob et al., 2020). Moreover, spirochaetes are classically reported in marine benthic sediments (Bowman and McCuaig, 2003; Beiruti et al., 2017) and, to a lesser extent, in the water column (Ocean Barcode Atlas1). Thus, due to its ease of detection and ubiquity across biogeographic provinces, Spirochaeta represents an illustrative model to validate our methodology and explore marine bacteria’s spatial genetic patterns, from genus to population level. We hypothesized that the strong biogeographic barrier between South America and maritime Antarctica classically observed in the literature for macroorganisms (i.e., vicariance process) also affects the fine-scale genetic structure and the phylogeographic patterns within Spirochaeta OTUs. Besides, the ACC-mediated connectivity among sub-Antarctic provinces should be reflected by a greater genetic homogeneity of Spirochaeta populations between South American sites and the Kerguelen Islands, rather than with maritime Antarctica. Alternatively, the potential high dispersal capacity of Spirochaeta taxa may result in the absence of genetic and phylogeographic structure across the SO.



MATERIALS AND METHODS


Sampling Collection, DNA Extraction, and 16S rRNA Gene Library Preparation

Adult Abatus individuals were sampled from four localities across the SO, including two sites in Patagonia, southern South America (Possession Bay, PAT1 and Puerto Deseado, PAT2), one site in Kerguelen Islands (Port-aux-Français, KER), and one site in the West Antarctic Peninsula (King George Island, KGI) (Figure 1 and Table 1). Marine surface sediments (0–5 cm, referred here as “external sediment”) were also sampled in each Abatus population’s immediate vicinity as the ingested food source of the sea urchins. Due to logistic constraints, it was not possible to collect external sediment in the PAT2 site. All individuals were dissected under sterile conditions to collect the whole digestive tract minus the caecum (identified as “gut tissue”) following Schwob et al. (2020). Gut tissue samples were gently rinsed with nuclease-free sterile water to remove the content (i.e., in sediment) and were then individually homogenized using mortar and pestle under a laminar-flow cabinet. Genomic DNA was extracted from both external sediments and the totality of the homogenized gut tissue samples using the DNeasy PowerSoil® Kit (Qiagen, Hilden, Germany) following the manufacturer’s recommendations.
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FIGURE 1. Sampling localities across the Southern Ocean, encompassing Possession Bay and Puerto Deseado in Atlantic Patagonia (PAT1 and PAT2, respectively), King George Island in Maritime Antarctica (KGI), and Port-aux-Français in Kerguelen Islands (KER). The Antarctic Polar Front (APF) and the Southern Antarctic Circumpolar Front (SACCF) are represented by the limit between the white and the blue areas, and by the dashed line, respectively.



TABLE 1. Experimental design and sequencing data.

[image: Table 1]
A metabarcoding approach was used to assess the bacterial community composition in the external sediment and Abatus gut tissue samples. Briefly, extracted genomic DNA was used as the template for PCR amplification using the primers 515F 5′-GTGYCAGCMGCCGCGGTA-3′ and 926R 5′-CCCCGYCAATTCMTTTRAGT-3′ (Parada et al., 2016). The PCR conditions and 16S rRNA gene library preparation were the same as described in Schwob et al. (2020).



Metabarcoding Data Processing

External sediment and gut tissue amplicons were sequenced using the paired-end sequencing technology (2 × 250 bp) on the Illumina MiSeq platform at the UWBC DNA Sequencing Facility (University of Wisconsin–Madison, United States). Reads of 16S rRNA were processed using the open-source software Mothur v1.44.0. Briefly, 3′ and 5′ reads were paired and trimmed according to their length and quality as described in Schwob et al. (2020). Chimeric sequences were removed using Uchime implemented in Mothur (Edgar et al., 2011). Reads were clustered into OTUs at 97% identity threshold, and a filter of relative abundance at >0.0001% was applied, as recommended by Bokulich et al. (2013). Following this, a taxonomic classification was performed with the classify.otu function and the SILVA database v138 implemented in Mothur. An OTU table of Spirochaeta was edited (i.e., all OTUs assigned to the genus Spirochaeta), and converted into a presence/absence matrix to detect the shared or exclusive OTUs across the four selected sites, discarding abundance variations resulting from short-term environmental conditions. Bray–Curtis and Unweighted Unifrac distances were calculated from the OTU presence/absence matrix and used to perform a non-metric multidimensional scaling (NMDS) with the metaMDS function of the ade4 package (Chessel et al., 2009). The NMDS was plotted through a scatter diagram using the s.class function implemented in ade4. The locality’s contribution to the Spirochaeta OTUs composition in gut tissue samples was tested with permutational multivariate analysis of variance (permanova), using adonis and pairwise.adonis functions implemented in vegan and pairwiseAdonis R packages, respectively (Oksanen et al., 2011; Martinez Arbizu, 2017).

A subset of the three most abundant Spirochaeta OTUs present in the four localities was retained for further analysis (Supplementary File 2). All the sequences assigned to the selected Spirochaeta OTUs were retrieved using the bin.seqs command in Mothur. Finally, the resulting fasta files were processed independently through the Minimum Entropy Decomposition pipeline following Eren et al. (2015).



Minimum Entropy Decomposition

Minimum Entropy Decomposition pipeline was used to identify nucleotidic polymorphism at fine-scale resolution (<3% of differences) within the 16S rRNA gene sequences from Spirochaeta OTUs. Briefly, MED employs the Shannon entropy algorithm to discriminate biologically meaningful variations of closely related sequences from the stochastic noise caused by random sequencing errors, focusing on informative-rich variable nucleotide positions (Eren et al., 2013, 2015). The resulting taxonomic units will be referred to as Spirochaeta oligotypes. Unsupervised oligotyping was carried out individually on Spirochaeta OTUs using the default dynamically computed threshold from which entropy is considered as zero (−m). Additionally, each identified oligotype had to have a default minimum relative abundance of 2% in the OTU sequences dataset (Eren et al., 2015). Accumulation curves of oligotypes’ richness were computed for each Spirochaeta OTU at a 95% confidence interval using the package iNext (Hsieh et al., 2016) in r v3.6.0 (R Core Team, 2012). Pie charts of the relative site contributions in the total abundance of the Spirochaeta OTUs oligotypes were performed with the pie function in the package graphics in r v3.6.0.



Genetic Diversity and Structure of Spirochaeta Populations

The number of oligotypes (k), the oligotype diversity (H), the number of discriminant sites (S) and the pairwise difference between sequences (Φ) were estimated individually for each Spirochaeta OTU using the packages pegas (Paradis, 2010) and ape v5.3.0 (Paradis et al., 2015) in R v3.6.0. For comparative purposes among sites with unequal sample sizes, a composite bootstrapping script was written to rarefy the sequence datasets to the minimum number of sequences per site and repeat the rarefaction with 1,000 re-samplings. Confidence intervals at 95% of genetic diversity indices were then calculated using these iteration values. The genetic differentiation (Fst and Φst) among Spirochaeta populations was analyzed using the software arlequin v3.5.2 (Schneider et al., 2000) with 1,000 permutations and a significance threshold at 0.05. Phylogeographic differentiation was also estimated with the nearest-neighbor statistic Snn (Hudson, 2000), and the significance of Snn estimates was tested with a permutation test through DnaSP v5.10.01 (Librado and Rozas, 2009). The reconstruction of oligotype networks was performed using the Median Joining method with the software Populational Analysis with Reticulate Trees v1.7.0 in PopART (Leigh and Bryant, 2015). Because of the differences in Spirochaeta OTUs’ abundances across the four sites, oligotypes frequencies were calculated for each site and then summed per OTU to reconstruct the oligotype networks.



Quantification of Selection, Dispersal, and Drift

The relative contribution of stochastic (i.e., dispersal, drift) and deterministic (i.e., selection) processes, on Spirochaeta oligotype assembly was measured for the selected OTU, following the analytical framework described in Stegen et al. (2015) and illustrated by Feng et al. (2018). Briefly, the approach relies on the comparison of the phylogenetic turnover between communities across samples (β mean nearest-taxon distance, βMNTD) to a null distribution of βMNTD, and denoted as the β-nearest taxon index (βNTI). βNTI values indicate that taxa between two communities are more (i.e., βNTI < −2) or less (i.e., βNTI > +2) phylogenetically related than expected by chance, thus suggesting that communities experience homogenizing or variable selection, respectively (Stegen et al., 2015). βNTI values ranging from −2 to +2 indicate a limited selection effect and point to dispersal limitation and ecological drift out as possible community composition drivers.

Then, the respective effect of dispersal limitation and ecological drift were disentangled using the pairwise Bray–Curtis-based Raup–Crick dissimilarity index (RCBray) among sites (Chase et al., 2011), weighted by oligotype abundance (Stegen et al., 2013). The RCBray values < −0.95 and > +0.95 correspond to communities that have –respectively– more or fewer taxa in common than expected by chance, and therefore indicate that community turnover is driven by homogenizing dispersal (RCBray < −0.95) or dispersal limitation plus drift (RCBray > +0.95). On the contrary, RCBray values > −0.95 and < +0.95 are indicative of ecological drift (Ramoneda et al., 2020).

The βMNTD/βNTI and RCBray matrices, and the respective contributions of the four ecological processes, were calculated using an optimized version of the initial script of Stegen et al. (2013), developed by Richter-Heitmann et al. (2020). The phylogenetic trees required for the βMNTD/βNTI matrix were generated using PhyML v3.0 (Guindon et al., 2010), and the oligotype sequences of Spirochaeta previously aligned with MUSCLE (Edgar, 2004). Comparisons with βNTI and RCBray null models included 999 randomizations.



Testing for Isolation by Distance and Environment

To disentangle the relative effect of geographic distance and abiotic environmental differences on the Spirochaeta oligotype composition between samples, we used the distance-based multiple matrix regression with randomization (MMRR) approach (Wang, 2013). We extracted a set of 9 environmental variables for each of our sampling site from the Bio-ORACLE database (Assis et al., 2018), including pH, the means of nitrate, silicate, and phosphate concentrations, and the means at the mean depth of seawater salinity, dissolved oxygen concentration, seawater temperature, seawater temperature range and chlorophyll concentration. All environmental variables were standardized [image: image], and were then analyzed through principal components analysis (PCA). As a high percentage of the variation among localities was explained by the first component (PC1, >91%, Supplementary Files 6, 7), we transformed the scores of PC1 into Euclidean distance using the vegdist function in the vegan package in R to use it as the environmental distance matrix further. The longitude and latitude coordinates were converted into kilometers using the earth.dist function implemented in the fossil package in R (Vavrek, 2011). The geographic distances were transformed using the Hellinger method through the decostand function of the vegan package in R. The dissimilarity matrix of Spirochaeta oligotype composition among samples was also created from Bray–Curtis distances using the vegdist function of the R package vegan. Finally, to evaluate the relative weight of environmental and geographic distance matrices, an MMRR was performed using the R package PopGenReport (Adamack and Gruber, 2014), and the correlation coefficients and their significance were estimated based on 10,000 random permutations.



Connectivity Among Spirochaeta Populations

The amount and direction of gene flow among Spirochaeta populations were estimated using the coalescent-based program Lamarc v2.1.10 (Kuhner, 2006). A total of 10 runs was performed for each Spirochaeta OTU, consisting of likelihood searches of 20 initial and 2 final chains, with a minimum of 500 and 10,000 recorded trees, respectively, and sampling every 20 generations after a burn-in of 1,000 genealogies. The effective number of migrants per generation (Nm) among Spirochaeta populations was calculated by multiplying the maximum likelihood estimates (MLE) of the mutation parameter (θ) by the migration parameter (M), both estimated through the Lamarc program. We present the mean and standard deviation of the estimated Nm values obtained from the 10 runs for each Spirochaeta OTU.




RESULTS


Sequencing Performance and OTU-Based Analysis

A total of 4,184,226 raw reads was generated from the 91 samples of external sediments and gut tissues. Once processed, 2,542,038 cleaned sequences distributed into 727 OTUs were obtained from the external sediment and gut tissue samples (details provided in Table 1). Out of this condensed dataset, 425,613 sequences associated with the Spirochaeta genus were retrieved, representing a total of 10 OTUs.

Both Bray–Curtis and Unweighted Unifrac distance methods did not reveal any difference in Spirochaeta OTU composition between the Patagonian sites (PAT1 and PAT2) (Figures 2A,B and Supplementary File 1). Conversely, Kerguelen Islands (KER) and martime Antarctic (KGI) sites were significantly different from each other in terms of Spirochaeta OTU composition and with the Patagonian ones (Supplementary File 1).
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FIGURE 2. Non-metric multidimensional scaling scatter diagram of the Spirochaeta OTUs composition in gut tissue samples across the localities. Presence/absence matrix converted in Bray–Curtis distances (A) and Unweighted Unifrac distance (B). Colors are assigned to the locality.


The relative abundance analyses among the 10 Spirochaeta OTUs (Figure 3) showed four of them were shared among all the SO’s sampled provinces. Three OTUs (OTU6, OTU7, and OTU532) were more abundant in maritime Antarctica (KGI), four (OTU40, OTU42, OTU278 and OTU561) were more abundant in the Patagonian locality PAT1, two (OTU23 and OTU221) were predominantly found in the Patagonian locality PAT2, and a single one (OTU349) was predominant in Kerguelen Islands (Figure 3).
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FIGURE 3. Clustering of Spirochaeta OTUs based on their relative abundances in each site. Clustering of Bray–Curtis distances matrix using the complete linkage method. The size of the circles indicates the repartition of a given OTU sequences among the four localities. The percentages indicate the OTUs’ proportions in the Spirochaeta dataset. Framed labels and black arrows indicate the selected OTUs that were selected to be process through the Minimum Decomposition Entropy pipeline (MED).


To test the genetic and phylogeographic structure of Spirochaeta at the broadest geographic scale available through our dataset, we selected the three most abundant Spirochaeta OTUs which were detected within the four localities of the dataset (i.e., OTU6, OTU7, and OTU40). These three selected co-distributed OTUs are good targets to constitute a metapopulation, which is a meaningful ecological unit of distinct local populations separated by gaps in habitats and interconnected to some extent via dispersal events of individuals (Halsey et al., 2015). The relative abundance in sample types, the closest sequence retrieved from Blast analysis, and the distribution of these OTUs among the localities are provided in the Supplementary Files 2, 3.



Microdiversity Within Spirochaeta OTUs

A total of 48, 96, and 48 oligotypes were defined for OTU6, OTU7, and OTU40, respectively (Supplementary File 4). Accumulation curves of OTU6, OTU7, and OTU40 oligotypes reached saturation in almost all localities indicating that the overall majority of Spirochaeta microdiversity has been found within the analyzed samples (Supplementary File 5). Diversity indices measured as N, k, S, h, and Π for each OTU in each locality are provided in Table 2. The genetic diversity (H) ranged from 0.0681 (OTU40 in KER) to 0.8036 (OTU7 in PAT1) across localities (Table 2). Patagonian sites exhibited higher oligotype and nucleotide diversity for OTU6 and OTU7 than maritime Antarctica and Kerguelen Islands localities. In contrast, the genetic diversity of the OTU40 oligotypes was higher in the maritime Antarctic site and lower for the Kerguelen population.


TABLE 2. Summary of oligotypes number and genetic indices per OTU and per site for the three most abundant Spirochaeta OTUs found in all sampling localities.
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Populations Differentiation and Phylogeographic Structure of Spirochaeta Oligotypes

Independently of the OTU considered, the genetic (Fst) and phylogeographic (Φst) structures between the two closest localities (i.e., Patagonian sites PAT1 and PAT2) were extremely to moderately low. In the case of the OTU40, the genetic diversity and frequencies of Spirochaeta oligotypes were fully homogenous between PAT1 and PAT2, as indicated by the non-significant values of Fst and Φst comparisons (Table 3). Contrarily, higher values of Fst and ΦstT comparisons were recorded among the three provinces considered in this study (Patagonia, PAT1/PAT2; maritime Antarctica, KGI; Kerguelen Islands, KER) (Table 3). Consistently, the distribution of the Spirochaeta oligotypes was geographically discontinuous across the localities, with various province-specific oligotypes (Supplementary File 4). Two exceptions were observed, in the case of maritime Antarctica and Kerguelen Islands (KGI and KER) for OTU6, and in the case of Kerguelen Islands (KER) and Patagonia (PAT1) for OTU7, with relatively lower values of Fst and Φst (Table 3). The Snn test for phylogeographic structure among all sites was significant with statistic values ≥ 0.5 (OTU6; Snn = 0.50, p-value < 0.0001, OTU7; Snn = 0.57, p-value < 0.0001, OTU40; Snn = 0.50, p-value < 0.0001). All in all, these results indicate the existence of both genetically and geographically differentiated Spirochaeta populations across the three biogeographic provinces sampled.


TABLE 3. Genetic (FST) and phylogeographic structure (ΦST) of the Spirochaeta populations among localities.
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Within the 48 oligotypes identified in the OTU6, 11 (∼23%) were exclusive to one of the three provinces, and more than half were exclusive to Kerguelen Islands (Supplementary File 4). Maritime Antarctic and Kerguelen Islands (KGI and KER) shared 27 (∼66%) of their oligotypes. The Patagonian localities (PAT1/PAT2) shared 18 of the 23 total oligotypes (∼78%) observed in this province (Figure 4 and Supplementary File 2). A total of five (∼10%) oligotypes were broadly distributed across all localities. Oligotype network of OTU6 showed short genealogies and the presence of at least five dominant oligotypes. The dominant oligotype in Patagonia (PAT1/PAT2), and the dominant oligotype in maritime Antarctica and Kerguelen Islands (KGI/KER), were separated by a single substitution (Figure 4).
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FIGURE 4. Median-joining oligotype networks of the three selected OTUs of Spirochaeta. Each circle represents a distinct oligotype. Colors indicate the locality of provenance. Circle size is scaled on the sum of the oligotype frequencies in each locality, within the corresponding OTU dataset. Raw abundances are provided in Supplementary File 2.


In the case of OTU7, the percentage of exclusive oligotypes was almost the same as the OTU6, with 21 (∼22%) oligotypes exclusive to one of the provinces (Supplementary File 4). The dominant oligotype was different between maritime Antarctic and Kerguelen Islands localities (KGI and KER) (Figure 4). While most oligotypes from Kerguelen Islands (KER) were detected in at least one of the Patagonian sites (PAT2 or PAT1) (∼94%), fewer oligotypes from maritime Antarctica (KGI) were observed in Kerguelen Islands (∼68%) and even fewer in the Patagonian localities (∼62%) (Figure 4).

For OTU40, we recorded a predominant group of oligotypes specific to the Patagonian sites representing 65% of the oligotypes identified within the OTU40 (Supplementary File 4 and Figure 4). A clear separation was observed in the oligotype network between the KGI/KER and PAT1/PAT2 localities (Figure 4), with only four shared oligotypes (∼8%) (Supplementary File 2). In maritime Antarctica (KGI), three of the four oligotypes were exclusive, whereas the dominant one from Kerguelen Islands (KER) was shared with maritime Antarctica (KGI) (∼8%) (Figure 4 and Supplementary File 4).



Gene Flow Under a Migration–Drift Equilibrium Model

All the analyzed OTUs showed high genetic similarities between the analyzed Patagonian populations (PAT1 and PAT2). Gene flow analyses identified a bidirectional pattern from PAT2 to PAT1 (effective number of migrants per generation, Nm > 4) and from PAT1 to PAT2 (Nm > 14) (Table 4). The connectivity between the Patagonian and maritime Antarctic localities showed relatively low values of Nm, ranging from 0.001 (OTU40, from PAT2 to KGI) to 0.64 (OTU7, from KGI to PAT1) (Table 4). The OTU6 and OTU7 were both characterized by a substantial gene flow between maritime Antarctica and Kerguelen Islands that was stronger in the direction KGI to KER (OTU6, Nm = 9.81 and OTU7, Nm = 1.39) than in the direction KER to KGI (OTU6, Nm = 2.63 and OTU7, Nm = 0.41) (Table 4). Contrarily, an unidirectional and low gene flow from KER to KGI (Nm = 0.87) was recorded for the OTU40 (Table 4). Finally, the connectivity between Patagonian (PAT1 and PAT2) and Kerguelen Islands (KER) localities was illustrated by three distinct patterns; a low-intensity flow (Nm < 0.5) predominant in the direction PAT1/PAT2 to KER for the OTU6, a substantial flow (Nm values from 2.00 up to 24.41) predominant in the direction KER to PAT1/PAT2 for the OTU7, and an absence of connectivity (Nm < 0.03) in the case of the OTU40 (Table 4). The gene flows are summarized in Figure 5.


TABLE 4. Effective numbers of migrants per generation (Nm) among Spirochaeta populations of the OTU6, OTU7, and OTU40.
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FIGURE 5. Gene flows summary and proposed dispersal routes across the Southern Ocean for each Spirochaeta taxa. Only the gene flows with Nm values > 0.25 are graphically represented. Discontinuous arrows represent Nm values > 0.25 and <1, continuous arrow represent Nm values > 1. Continuous arrows’ width is proportional to Nm values.




Contribution of Contemporary Selection Versus Historical Processes in Shaping the Spirochaeta Microdiversity

For each of the three selected Spirochaeta OTUs, neutral ecological processes were essential in shaping the population composition turnover in Abatus gut membrane. According to the quantitative parsing of ecological processes, the composition of Spirochaeta population was mostly driven by ecological drift, ranging from 50% (OTU40) to 74% (OTU6) of turnover, followed by dispersal limitation, ranging from 12% (OTU6) to 20% (OTU40) of turnover, and homogenizing selection, ranging from 9% (OTU6) to 19% (OTU40) of turnover (Table 5). Overall, deterministic processes (i.e., homogeneous and variable selection) did not account for more than 10% of the populations’ turnover.


TABLE 5. Quantitative parsing of ecological processes driving populations turnover within Spirochaeta OTUs.
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The MMRR approach was used to disentangle the relative effect of geographic distance environmental abiotic differences on the Spirochaeta oligotype compositions between samples. The geographic distance matrix was linearly correlated to the abundance-based similarity matrix of Spirochaeta population composition for OTU7 and OTU40, explaining about 31 and 67% of the observed variation, respectively (Table 6). In contrast, the geographic distance did not significantly impact Spirochaeta oligotype composition for OTU6 (Table 6). Whatever the OTU considered, the environment distance had a significant but slight contribution (<4% of the observed variation) to the Spirochaeta population composition (Table 6), and the global R2 of the model (environmental and geographic distance) did not exceed 24%.


TABLE 6. Multiple matrix regression with randomization (MMRR) to quantify the relative effects of isolation by distance (IBD) and isolation by environment (IBE) on oligotypes assemblage within Spirochaeta OTUs.
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DISCUSSION

In this study, we coupled 16S rRNA metabarcoding and oligotyping algorithm to reveal the microdiversity within three bacterial OTUs affiliated to the Spirochaeta genus, and co-distributed across Patagonia, Kerguelen Islands, and maritime Antarctic provinces of the SO. Through this innovative approach, we identified numerous oligotypes within each of the Spirochaeta OTUs. These oligotypes, corresponding to Spirochaeta sub-taxa, were characterized by contrasting geographic distribution and high levels of 16S rRNA gene similarity (>97%). Taking advantage of the populational taxonomic resolution provided by the oligotype definition, we depicted the Spirochaeta biogeographic patterns across the analyzed provinces in the SO, using various tools adapted from population genetics classically applied in phylogeographic study of macroorganisms’ models. Despite its low substitution rate [approximately 1% in 50 million years (Espejo and Plaza, 2018)], our study demonstrates that the 16S rRNA gene shows value in the evaluation of the microdiversification, as it offers the best compromise between an informative genetic signal, and robust screening of global microbial diversity at intra-OTU level, in a wide range of barely unknown habitats (Chase and Martiny, 2018).

Unlike the studies with macroorganisms, which are usually more demanding in terms of individual sampling effort, we benefit here from the high sequencing depth provided by the metabarcoding of a low-diversity habitat (i.e., the Abatus gut tissue). This allows a robust coverage of the Spirochaeta diversity (up to 180,000 sequences per OTU), and thus high precision of the oligotypes frequencies. Our methodology echoes the “metaphylogeographic” approach recently proposed by Turon et al. (2020) to investigate eukaryotic intraspecies diversity through COI (cytochrome c oxidase subunit I) gene amplicon-sequencing and an oligotyping-like cleaning protocol of the reads based on entropy variation. We propose to expand the concept of “metaphylogeography” to the prokaryotes since it permits phylogeographic inferences of uncultured microbes from a wide range of habitats.

The β-diversity analysis performed at the Spirochaeta genus level revealed that each of the three geographic provinces might host specific Spirochaeta OTUs representing distinct phylogenetic lineages. We also reported a non-random distribution trend with contrasting patterns of Spirochaeta OTU compositions across the localities. Nevertheless, about half of the Spirochaeta OTUs exhibited a broad distribution encompassing Patagonia, maritime Antarctica, and the Kerguelen Islands located more than 7,000 km to the east. This result suggests that despite being mostly detected in Abatus gut, and to a lesser extent in marine benthic sediments, some Spirochaeta representatives would disperse through the SO currents. Concordantly, previous campaigns of high-throughput sequencing of the ocean water column have consistently reported the presence of free-living Spirochaeta OTUs in surface to mesopelagic water, away from the coastlines (Pesant et al., 2015).

For each of the three assessed OTUs, the Spirochaeta populations were expected to be remarkably homogeneous between the two Patagonian sites due to the geographic vicinity and the absence of an evident oceanographic barrier. Consistently with this assumption, and for each of the three OTUs, most of the Spirochaeta oligotypes were shared, the lowest genetic and phylogeographic structures were reported, and high levels of gene flow were recorded between these two sites. Similarly, low or absent differentiation patterns along the Atlantic coast of Patagonia were previously reported for marine Patagonian macroorganisms, including notothenioid fishes (Ceballos et al., 2016), scorched mussels (Trovant et al., 2015), and pulmonate gastropods (Iriarte et al., 2020) presumably due to their high dispersal potential and the ecological continuum of the sampled localities that may conform a same biogeographic province connected through the equator-ward Falkland current (Phillpot, 1985; Arkhipkin et al., 2004). Further phylogeographic studies focusing on microbial taxa of additional sampling sites from Atlantic Patagonia should confirm the microbial biogeographic consistency of this province.

Between Patagonian and maritime Antarctic provinces, Spirochaeta populations exhibited strong genetic and phylogeographic structures, and low levels of gene flow were estimated between these two provinces. These results corroborate our hypothesis that the APF hinders individual dispersion and genetic homogeneity among bacterial populations and suggest that the geographically structured Spirochaeta populations from these two provinces are genetically diverging over time (Nagylaki, 1980; Charlesworth, 2003). Previous studies focusing on diverse macroorganisms taxonomic groups of the SO have evidenced the critical role of the APF on biogeographic patterns, as an open-ocean barrier inducing a genetic break between South America and Antarctica (e.g., ribbon worms (Thornhill et al., 2008); brittle stars (Hunter and Halanych, 2008); notothenioid fishes (Hüne et al., 2015); limpets (González-Wevar et al., 2012, 2019; González−Wevar et al., 2017); sea urchins (Díaz et al., 2011). Regarding the microbial distribution patterns, significant β-diversity differences between prokaryotes assembly from both sides of the APF have been reported in the past, but most of the studies focused on global community in the water column, at high taxonomic resolution [summarized in Flaviani et al. (2018)]. Here, we extend this discontinuity in bacterial diversity to a fine taxonomic resolution (i.e., intra-OTU), revealing province-restricted oligotypes and strong genetic and phylogeographic structure between Patagonian and maritime Antarctic Spirochaeta populations.

Contrarily, and despite the substantial geographic distance separating the sub-Antarctic Kerguelen Islands and the Patagonian and Antarctic sites (>6,500 km), population genetic analyses suggest the existence of some level of connectivity between Kerguelen and the other sites. These findings support a potential dispersion of Spirochaeta taxa from Patagonia and maritime Antarctica to the Kerguelen Islands, and contrariwise, from the Kerguelen Islands to Patagonia and maritime Antarctica. As evidenced by the numerous shared oligotypes, such connectivity would maintain a sufficient gene flow among these provinces to partially counteract the genetic divergence driven by selection, mutation, and genetic drift, inducing oligotypes mixing, and limiting the spatial differentiation of oligotypes assembly (Martiny et al., 2006; Orsini et al., 2013). Moreover, we suggest that this gene flow is not bidirectional, but governed by exclusively eastward oriented dispersion routes (Figure 5), following the major and constant flow of the ACC (Güller et al., 2020). Under this scenario, Spirochaeta individuals from Kerguelen Islands may seed toward Patagonia following the ACC eastward flow around Antarctica. Such ACC-mediated connectivity among sub-Antarctic provinces (Patagonia and Kerguelen Islands) is well known in a wide range of benthic macroorganisms populations, such as buoyant kelps Durvillaea antarctica and Macrocystis pyrifera (Macaya and Zuccarello, 2010), and several kelp-associated macroinvertebrates (Leese et al., 2010; Nikula et al., 2010; Cumming et al., 2014; González−Wevar et al., 2018; Güller et al., 2020). Occasionally, Spirochaeta individuals from Kerguelen Islands may also be able to reach the maritime Antarctic province. Such pattern has been recently reported for the southern bull kelp D. antarctica, a typical sub-Antarctic macroalgae, which is transported by rafting to as far as the West Antarctic Peninsula coasts, pushed by the circumpolar flow of the ACC or by storms leading to the occasional crossing of the APF (Fraser et al., 2020).

Several studies have provided evidence of a high dispersal capacity of marine bacteria by comparing community composition mostly at high taxonomic resolution (e.g., class, genus, or OTU) among various water masses and oceanic regions (Sul et al., 2013; Sunagawa et al., 2015; Milici et al., 2017; Logares et al., 2020). Particularly, the most abundant marine bacteria are supposed to migrate between adjacent regions through passive transport (Sul et al., 2013). An innovative conceptual framework called “Microbial Conveyor Belt” (MCB) has been proposed by Mestre and Höfer (2020), to emphasize that the marine microorganisms’ dispersion would not merely rely on passive and stochastic dispersal, but instead on the adaptation of life-history traits (e.g., dormancy stage). These traits would allow microorganisms to successfully and recurrently disperse in unfavorable habitats through specific dispersion avenues (Locey, 2010). Here, we provided empiric results from Spirochaeta population based on genetic data supporting a partial MCB in the SO driven by the ACC. Unfortunately, details about the benthic Spirochaeta taxa’s ecology are scarce, with a single isolated strain from subseafloor sediment (Miyazaki et al., 2014). Thus, the life-history traits of Spirochaeta, as the sporulation capacity, remain to be investigated to further understand its distribution pattern in the SO. Nevertheless, in order to disperse, we propose that Spirochaeta individuals (enriched in the digestive tract) could be released from the host gut toward the surrounding benthic sediments through fecal pellets. Such enrichment of the digesta with taxa from the host microbiota, as well as the presence of Spirochaeta within the fecal material, have been demonstrated in the sea urchin species Lytechinus variegatus (Hakim, 2015). The released Spirochaeta individuals may be resuspended in the water column through the action of one or several processes such as upwelling, bioturbation by the benthic deposit-feeders, or water column mixing during winter (Meysman et al., 2006; Petro et al., 2017; Mestre and Höfer, 2020). Once in the water column, these Spirochaeta individuals may disperse over large geographic scales, transported through oceanographic features (e.g., currents, punctual meteorological events) (Mestre and Höfer, 2020). The attachment to suspended particulate matter, either biotic [e.g., hitchhiking on zooplankton (Grossart et al., 2010) and seaweed (Serebryakova et al., 2018)] or abiotic [e.g., microplastics (Bowley et al., 2020), known to have a long-distance dispersion potential], may also contribute to the bacterial spreading in the oceans (Milici et al., 2017; Mestre and Höfer, 2020).

The marine prokaryote communities are usually considered widely dispersed and mainly shaped by contemporary ecological processes such as environmental filtering (Sunagawa et al., 2015; Louca et al., 2016). By applying the ecological framework developed by Stegen et al. (2013) to oligotypes data, we found contrarily that ecological drift was the predominant stochastic mechanism shaping intra-populations turnover within Spirochaeta taxa across the SO. Our previous study of the Abatus gut microbiota showed that non-neutral processes drove the bacterial community at the OTU level in the host gut tissue (Schwob et al., 2020). While deterministic processes are usually prevalent in structuring microbial communities’ assembly at a higher taxonomic resolution (Martiny et al., 2011; Wang, 2013; Sintes et al., 2015; Larkin and Martiny, 2017), the stochastic mechanisms tend to have a more significant contribution at finer taxonomic scales (Logares et al., 2020), since niche overlapping and functional redundancy enhance the susceptibility of populations to drift (Zhou and Ning, 2017). Thus, the biogeographic structure observed among Spirochaeta populations might result from stochastic birth, death, disturbance, emigration, and immigration events rather than oligotype-sorting through the biotic and abiotic environmental variations (Martiny et al., 2006; Nemergut et al., 2013; Vellend, 2016). Consistently, the MMRR analysis revealed that the isolation-by-environment (IBE) model might account for a low percentage of the Spirochaeta oligotypes turnover. Altogether, these results tend to validate the strategy applied in our study, that is, to focus on specialist bacterial taxa hosted in sibling sea urchin species with the same habitat preferences, in order to homogenize the environment, to reduce the diversity, to soften the deterministic selection driven by environmental variations, thus leading to the maximization of the detection of neutral micro-evolutive processes associated with biogeography (Langenheder and Lindstrom, 2019).

By analogy with the genetic drift, whereby changes in gene frequencies occur solely by chance in a population (Chase et al., 2011), our result suggests that the microdiversity observed within the Spirochaeta taxa would be mostly generated by genetic drift without any adaptive implications. An earlier study reported that microdiversity observed in the 16S rRNA gene of marine coastal Vibrio splendidus isolates was ecologically neutral (Thompson et al., 2005). Nevertheless, we cannot discard that, while the microdiversity within the V4–V5 of 16S rRNA gene-targeted here is likely to be acquired through neutral processes (Chust et al., 2016), it may also be associated with substantial modifications in niche-defining traits and functional attributes specific of the Spirochaeta strains, driven by deterministic processes, in order to cope with local conditions (Zure et al., 2017; Chase and Martiny, 2018). Further studies will need to focus on other loci (e.g., functional genes), potentially under selection, as they are expected to display a higher degree of differentiation among populations and to provide an insight into the ecology of the Spirochaeta sub-taxa (White et al., 2010).

Given the highly specific targeted habitat (i.e., gut tissue) and the intricate association between Spirochaeta and Abatus, it remains unclear whether or not the host contributes to the Spirochaeta genetic and phylogeographic pattern reported in the gut populations. Indeed, the Abatus guts may have individual colonization histories also contributing to the microbial community assembly process at the population level. However, due to the limited sequencing coverage of Spirochaeta diversity outside the host, we cannot evaluate to what extent the most abundant oligotypes from the gut tissue, also detected in the external sediment samples, would be representative of the composition of free-living populations, thus preventing a comprehensive understanding of the host contribution to Spirochaeta oligotype assembly. Ultimately, conclusion about the predominant effect of stochastic ecological processes onto Spirochaeta oligotype composition need to be nuanced, as potential historical contingencies related to the host can eventually shape the final state of microbiota composition through both stochastic and/or deterministic processes (Obadia et al., 2017). In strong instance, host early-life microbial colonization by early colonizers benefiting from a “priority effect” may influence the order and timing of the historical sequence of species arrival within the local community (Fukami, 2015). Under the hypothesis of a predominantly stochastic gut colonization by random microbes, diverging chronologies of the ensuing microbial species would be expected, leading toward different stable states and a noisy community assembly across Abatus populations (Obadia et al., 2017). Contrastingly, we reported patterns of high dominance and prevalence of Spirochaeta across Abatus individuals, and high homogeneity of oligotypes composition within populations (data not shown), rather suggesting that Spirochaeta may benefit from a priority effect during Abatus early-life, and that the subsequent interactions may deterministically constrain gut colonization success (Fukami, 2015; Higgins et al., 2020). Moreover, while there is no evidence of vertical transmission in Abatus, the transovarial transmission of a bacterial endosymbiont was reported in the regular sea urchin species Heliocidaris erythrogramma (Carrier et al., 2021) and maternal-inherited bacterial communities were detected in unfertilized eggs of Strongylocentrotus purpuratus (Carrier and Reitzel, 2019). The presence of preexisting Spirochaeta strains within the gut may also limit the ensuing horizontal colonization and constrain the microbiota composition toward a homogenous and stabilized state (Renelies-Hamilton et al., 2021). The presence of vertically transmitted Spirochaeta, the compositional transition states of Abatus gut microbiota, and the biogeographic structure of free-living Spirochaeta populations in the external sediment remain to be further investigated.

Notwithstanding the consistency of the global phylogeographic and connectivity patterns depicted across the three tested OTUs, we also reported some differences according to the taxa considered, which might be related to different ecotypes with distinct ecological niches or different dispersal capacity. For instance, various marine bacterial taxa, such as the cyanobacteria Synechococcus or the Vibrio populations, demonstrate fine-tuning of their physiology by accumulating microdiversity in functional genes through duplication events, SNPs, and allelic variants (Everroad and Wood, 2012; Shapiro et al., 2012). Alternatively, these differences may also be related to the Spirochaeta OTU abundance, since the more relatively abundant the Spirochaeta populations were (i.e., higher number of sequences retrieved from the gut tissue through the metabarcoding approach), the more they tend to exhibit cosmopolitan oligotypes (i.e., detected across each of the four localities). It is not unreasonable to infer that a larger population may have more chance to migrate and successfully reach a suitable habitat, while small-size populations may be more likely diluted along the dispersal route with no/too few dispersive particles to establish in the new habitat (Sul et al., 2013).

The diversity units defined by 16S rRNA gene sequences are generally considered as insensitive to diversification resulting from dispersal limitation (Hanson et al., 2012). Contrastingly, we reported that the dispersal limitation was the second most crucial ecological factor driving the turnover of Spirochaeta oligotypes, and by extension, their genetic divergence. Dispersal limitation is classically considered as a historical factor since current oligotypes assemblage results from past dispersal limitations (Martiny et al., 2006). Our result indicates that the potentially suitable habitats are too distant (Heino et al., 2015), or inaccessible due to the existence of oceanic currents (Sul et al., 2013; Logares et al., 2018), hence limiting the homogenization of Spirochaeta oligotypes’ frequencies across populations and allowing the neutral genetic divergence of genomic regions overtime via genetic drift (Nosil et al., 2008; Hanson et al., 2012). Note that our results obtained from distinct methodologies [i.e., the genetic differentiation and phylogeographic structure, the contribution of dispersal limitation from Stegen et al. framework (Stegen et al., 2013), and the contribution of the geographic distance isolation by distance (IBD) from the MMRR analysis] were highly consistent with each other, and across the three selected Spirochaeta OTUs. For instance, the OTU40 that harbored the overall highest value of genetic divergence was also characterized by the highest estimated contribution of geographic distance and dispersal limitation, thus supporting the interrelation between genetic divergence and oligotypes population turnover, and the overall consistency of the approach implemented.



CONCLUSION

Our study highlights the application of V4–V5 16S rRNA gene metabarcoding and oligotyping approach as rapid, robust, and resolutive enough to unravel marine bacterial phylogeographic patterns and detect genetic connectivity among the SO provinces. Taken together, the three Spirochaeta OTUs analyzed evidence three consistent phylogeographic patterns, classically observed in the studies involving benthic macroinvertebrates across the SO: (1) a high populational and genetic homogeneity within the Patagonia province, (2) a strong barrier to dispersal between Patagonia and maritime Antarctica due to the APF, resulting in a high differentiation of Spirochaeta populations, and (3) the existence of connectivity between sub-Antarctic provinces of the Kerguelen Islands and Patagonia, and from Kerguelen Islands to the maritime Antarctic, due to the ACC-mediated connectivity. Nevertheless, as connected as these provinces are, the gene flow does not seem to be strong enough to prevent the ongoing intraspecific microdiversification of the Spirochaeta taxa. The microdiversity of Spirochaeta, underlying these biogeographic patterns, is essentially driven by historical processes, such as ecological and genetic drift, and dispersal limitation related to the SO’s oceanographic features. In the future, extending this framework to other localities and taxonomic groups will contribute to the comprehensive understanding of the SO microbiota.
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Mangrove microbiomes play an essential role in the fate of mangroves in our changing planet, but the factors regulating the biogeographical distribution of mangrove microbial communities remain essentially vague. This paper contributes to our understanding of mangrove microbiomes distributed along three biogeographical provinces and ecoregions, covering the exuberant mangroves of Amazonia ecoregion (North Brazil Shelf) as well as mangroves located in the southern limit of distribution (Southeastern ecoregion, Warm Temperate Southwestern Atlantic) and mangroves localized on the drier semi-arid coast (Northeastern ecoregion, Tropical Southwestern Atlantic), two important ecotones where poleward and landward shifts, respectively, are expected to occur related to climate change. This study compared the microbiomes associated with the conspicuous red mangrove (Rhizophora mangle) root soils encompassing soil properties, latitudinal factors, and amplicon sequence variants of 105 samples. We demonstrated that, although the northern and southern sites are over 4,000 km apart, and despite R. mangle genetic divergences between north and south populations, their microbiomes resemble each other more than the northern and northeastern neighbors. In addition, the northeastern semi-arid microbiomes were more diverse and displayed a higher level of complexity than the northern and southern ones. This finding may reflect the endurance of the northeast microbial communities tailored to deal with the stressful conditions of semi-aridity and may play a role in the resistance and growing landward expansion observed in such mangroves. Minimum temperature, precipitation, organic carbon, and potential evapotranspiration were the main microbiota variation drivers and should be considered in mangrove conservation and recovery strategies in the Anthropocene. In the face of changes in climate, land cover, biodiversity, and chemical composition, the richness and complexity harbored by semi-arid mangrove microbiomes may hold the key to mangrove adaptability in our changing planet.

Keywords: soil microbial community, Rhizophora mangle, red mangrove, blue carbon, amplicon sequence variants, network co-occurrence analysis
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GRAPHICAL ABSTRACT




INTRODUCTION

Mangroves cover 75% of tropical and subtropical coastlines (Giri et al., 2011), comprising 137,600 km2 distributed throughout 118 countries. Due to their high primary productivity (218 ± 72 Tg C yr–1) (Bouillon et al., 2008) and high carbon-storage capacity (24 Tg C yr–1) (Alongi, 2014), mangroves can play a crucial role as blue-carbon sinks (Mcleod et al., 2011), provide valuable ecosystems services (Barbier et al., 2011) and support adaptation to climate change (Lovelock and Duarte, 2019). However, when disturbed through land-use changes, mangroves can become a source of large quantities of greenhouse gases (GHG) (Kauffman et al., 2020). For instance, mangrove conversion to agriculture or aquaculture can result in greenhouse gas emissions of 1,067–3,003 Mg CO2e ha–1, most of this emissions originated from soil carbon pool losses (Kauffman et al., 2018a,b). Indeed, under “business as usual” scenario rates of mangrove loss, emissions could reach 3,394 Tg CO2eq when considering foregone soil carbon sequestration (Adame et al., 2021). Microbes are the main players that contribute to these and other mangrove ecosystem services (Allard et al., 2020). They constitute the mangrove microbiome, which comprises taxonomically and functionally diverse microorganisms that participate in element cycling, organic matter decomposition and mineralization (Ochoa-Gómez et al., 2019), and promote plant growth (Tong et al., 2019), being directly or indirectly related to mangrove ecosystems services.

Forces shaping soil microbial dynamics have become recently well understood (Fierer, 2017). However, this knowledge can be helpful to understand how microbes mediate ecosystem functioning and improve mangrove conservation and management (Tong et al., 2019). Several factors have been reported as drivers of the distribution and structure of bacterial communities of mangrove soils, such as the presence or absence of vegetation (Jiang et al., 2013; Gomes et al., 2014; Prakash et al., 2015; Chen et al., 2016; Liu et al., 2017), depth (Taketani et al., 2010; Andrade et al., 2012; Otero et al., 2014; Basak et al., 2016; Luis et al., 2019), human activities (Dias et al., 2011; Peixoto et al., 2011; Fernandes et al., 2014; Nogueira et al., 2015; Basak et al., 2016; Erazo and Bowman, 2021), tidal cycles (Zhang et al., 2018), and physicochemical properties (Mendes et al., 2012; Colares and Melo, 2013; Mendes and Tsai, 2014, 2018; Chen et al., 2016; Zhu et al., 2018). However, many of them cover different areas of a certain mangrove or compare pristine versus impacted ecosystems, demonstrating microbial shifts associated with preservation status in a local scale. In contrast, few researchers have considered microbial communities on a latitudinal scale (Li et al., 2021; Zhang et al., 2021). Consequently, the factors regulating the biogeographical distribution of mangrove microbial communities remain understudied.

In Brazil, mangroves cover 9,900 km2 (Diniz et al., 2019), the third-largest worldwide mangrove area in a single country (8.5% of the global mangrove area) (Giri et al., 2011), but also face the fourth highest potential annual CO2 emission due to deforestation (Atwood et al., 2017). Brazilian mangroves extend from the far-northern Brazilian coast (04°20′N) to the southern coast (28°30′S) (Schaeffer-Novelli et al., 2000) in a patchy distribution (Pil et al., 2011) where mangrove tree species, such as the conspicuous Rhizophora mangle (red mangrove), display a genetic subdivision between northern and southern populations, linked to climatic and oceanographic characteristics (Francisco et al., 2018). In general, mangroves are more abundant, diverse, and productive in humid climates, while freezing temperatures can lead to mortality, loss of above-ground biomass, and reduced productivity and reproduction. Mangrove forests are also sensitive to hypersaline conditions; prevalent in low precipitation areas displaying reduced freshwater inputs (Lovelock et al., 2016), which can limit the distribution and diversity of mangroves on arid and semi-arid coasts (Osland et al., 2018). Still, ecosystem carbon stocks of wet Amazon mangroves and dry semi-arid Brazilian Northeast were not significantly different, with soils and roots comprising ∼69% of the total ecosystem carbon stocks (Kauffman et al., 2018b). Microbial communities play crucial roles in mangrove biogeochemistry, nutrient cycling, and plant productivity (Allard et al., 2020), however, knowledge on how mangrove microbiota act in contrasting conditions remains sparse. In addition, there are no studies on the role of microorganisms on the processes of expansion or retraction of mangrove forests linked to sea level rise (Ward and Lacerda, 2021). Thus, considering mangroves as climate change sentinels (Alongi, 2015), understanding the role of microorganisms in their stability can provide crucial information to protect and restore them in such a changing world.

In this study, we examined the biogeographical distribution of the prokaryotic community associated with the roots of R. mangle populations, a widespread dominant mangrove tree species in the Atlantic and Eastern Pacific biogeographic regions, whose forests display high soil carbon stocks (Atwood et al., 2017). We hypothesized that such microbial communities would differ along the latitudinal transect, with increasing differences upon distance. We tested this hypothesis on soil samples collected from R. mangle root zones from seven Brazilian mangroves concentrated in three regions: north (Amazonia ecoregion), northeast (northeastern Brazil ecoregion), and south (southeastern Brazil ecoregion) (Spalding et al., 2007). We evaluated the diversity and composition of these microbial communities, explored the influence of soil physical and chemical properties as well as latitudinal factors, and examined co-occurrence patterns in the microbial communities based on 16S rDNA amplicons. Considering the vast extent of Brazilian mangroves, their potential value for climate mitigation, the role of microbial processes, and the possibilities of developing microbial-based interventions for monitoring and ecosystem rehabilitation, this study is a timely opportunity to advance in the understanding of the responses of mangroves and associated microbiomes to climate change.



MATERIALS AND METHODS


Study Sites and Sampling

The dataset consisted of 105 soil samples collected across northern, northeastern and southern Brazil: two northern (Bragança–BRA-N, 00°50′28.1″S 46°38′24.4″W; and Salinópolis–SAL-N, 00°37′56.1″S 47°21′44.8″W), three northeastern (Cocó–COC-NE, 03°46′44.2″S 38°26′22.9″W; Jaguaribe–JAG-NE, 04°26′50.3″S 37°46′53.2″W; and Icapuí–ICA-NE, 04°41′31.0″S 37°21′11.2″W), and two southern (Paranaguá–PAR-S, 25°32′55.3″S 48°28′17.6″W; and Guaratuba–GUA-S, 25°52′29.2″S 48°37′39.1″W) mangroves (Figure 1). The physiographic characteristics of Brazilian mangroves (Schaeffer-Novelli et al., 1990, 2000) and the regionalization of Brazilian coastline regarding bioclimatic factors (Ximenes et al., 2016) were considered in the soil sampling delineation in order to cover different habitats for R. mangle.
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FIGURE 1. Map indicating the geographical locations of the sampling sites. Five sampling points were sampled at each mangrove, each comprising three subsamples. A total of seven mangroves were studied; in the North: Salinópolis (SAL) and Bragança (BRA); in the Northeast: Cocó (COC), Jaguaribe (JAG), and Icapuí (ICA); and in the South: Paranaguá (PAR) and Guaratuba (GUA).


Five triplicate samples were obtained at each mangrove from R. mangle-vegetated root zones, totaling 15 samples per mangrove. Each of the five points was between 10 to 50 m apart. Soil samples were collected from the top 20 cm, with the uppermost 1 mm eliminated, using a soil core sampler of 10 cm in diameter and 1.5 L of volume. Sampling was done during low tide (max. tidal amplitude of 0.2 m) between August and November 2013. From the collected samples, an equivalent of 50 mg of soil were destined to DNA extraction, which were kept on ice during transport and stored at −20°C until processing. The remaining soil was destined to physical and chemical characterizations and was maintained at room temperature until analysis. All the 105 soil samples were used for physical and chemical characterization as well as for DNA sequencing.



Physical and Chemical Characterization

Soil physical and chemical properties were determined in triplicate for all samples, using standard laboratory protocols, except for salinity, which was measured in situ. Soil pH was determined in a 1:2.5 soil/water extract. Particle size was analyzed using the pipette method (Teixeira et al., 2017). Organic-matter and organic-carbon contents were determined by the loss-by-ignition method (Wright et al., 2008; Schulte and Hopkins, 2015). Total nitrogen was measured by the micro-Kjeldahl method with adaptations (Baethgen and Alley, 1989). Data on annual accumulated precipitation, average annual potential evapotranspiration, average annual maximum and minimum temperatures, and average annual humidity were obtained from the HidroWeb and INMET (Brazilian National Institute of Meteorology) databases.



DNA Extraction and Library Preparation

Total DNA was extracted using the PowerLyzer PowerSoil DNA Isolation Kit (MO BIO Laboratories, Carlsbad, CA, United States), following the manufacturer’s instructions. DNA quality was verified with a NanoDrop ND-1000 spectrophotometer (Thermo Scientific, Waltham, MA, United States). The V4 region of 16S rRNA gene was targeted and amplified using the 515F/806R primer set (Caporaso et al., 2011), with barcodes in the forward primer using the following program: 95°C for 4 min, 60°C for 1 min, 72°C for 2 min, followed by 25 cycles at 94°C for 1 min, 60°C for 1 min, and 72°C for 2 min. PCR products were purified using calibrated AMPure XP beads (Beckman Coulter, Indianapolis, IN, United States), and paired-end sequenced using an Illumina MiSeq Reagent Kit v2 (500 cycles, 2 × 250 bp) on an Illumina MiSeq sequencer (Illumina, San Diego, CA, United States) at the Genomic and Bioinformatic Facility (CEGENBIO) of the Drug Research and Development Center (NPDM), belonging to the Federal University of Ceará.



Sequence Data Processing

After sequencing, Illumina adapter sequences were trimmed from already-demultiplexed raw fastq files using Cutadapt v1.8 (Martin, 2011) in paired-end mode, and the reads quality was assessed using FastQC v.0.11.8 (Andrews, 2012) and vsearch v2.10.4 (Rognes et al., 2016). Subsequent analyses were performed in the R v3.5.3 environment (R Core Team, 2016), following the DADA2 v1.11.1 package (Callahan et al., 2016) pipeline for obtaining a table of non-chimeric amplicon sequence variants (ASVs) free of low-quality and non-prokaryotic sequences (ASVs; sequences differing by as little as one nucleotide) (Callahan et al., 2017). Taxonomy assignment and removal of non-prokaryotic sequences was performed against the SILVA reference database (release 132) (Yilmaz et al., 2014). The 16S rRNA data were deposited in the NCBI Bioproject database with accession no. PRJNA2839361.



Data Analyses

Environmental data were analyzed by a principal component analysis (PCA), with measurements transformed to log (x + 1), except for pH. Alpha-diversity estimators were calculated and tested for normality by the Shapiro–Wilk test. As the Shannon diversity and Simpson evenness were parametric, a one-way analysis of variance and Tukey’s honestly significant difference (HSD) post hoc tests were used for multiple comparisons of means at a 95% confidence interval. For Chao1 and Observed ASVs, we used the Kruskal–Wallis non-parametric test.

The response patterns of alpha-diversity to the abiotic driving factors were evaluated using simple linear models. Linear regressions, coefficients of determination (R2), and significance (P) were calculated in R environment using R base stats package. Indicator analysis was performed using the package indicspecies (de Cáceres et al., 2011).

Canonical correspondence analysis (CCA) was used to visualize the differences in community structure among the different mangroves and determine its correlation with environmental parameters, using Hellinger-transformed abundance matrix at ASV level and rarefied data. For this, biotic and abiotic matrices were previously analyzed using the detrended correspondence analysis (DCA) to evaluate the gradient size of ASV distribution, which indicated both linear and unimodal methods as suitable (length of Axis 1 = 3.0064). Subsequently, a preliminary CCA was performed with all available physical and chemical parameters. For variable reduction and creation of an efficient model from the most significant explanatory variables, forward selection of constraints using the VEGAN ordistep function (Oksanen et al., 2019) was performed, and only significant variables (P < 0.05) were retained in the second CCA. In order to avoid the horseshoe and arch effects, detrending (DCA) was initially used. It was followed by external linear constraints (CCA), which are suitable for preserving true arches (Palmer, 1993). The SIMPER (similarity percentage) analysis was used to identify the taxa primarily responsible for the differences observed in the ordination using seq-scripts release v. 1.0. (Steinberger, 2020). All plots were generated using the R v3.5.3 environment (R Core Team, 2016).

Functional analysis was performed using predict metagenomic functional content on PICRUSt2 (Phylogenetic Investigation of Communities by Reconstruction of Unobserved States, version 2.3.0.) with default settings (Douglas et al., 2020). The predicted genes were classified by alignment to KEGG Orthology (KO) database. The obtained gene predicted abundances were normalized by 16S rRNA gene copy number, and then used to predict the metagenomic functional content.



Network Co-occurrence Analysis

A network analysis was performed to assess the complexity of interactions among microbial taxa. Non-random co-occurrence analyses were performed using FastSpar (Watts et al., 2019). For each network, P-values were obtained by 99 permutations of random selections of the data table, subjected to the same analytical pipeline. Statistically significant (P < 0.01) FastSpar correlations with a magnitude of 0.7 or −0.7 were included into the network analyses. The nodes in the reconstructed network represent taxa at the ASV level, whereas the edges represent significantly positive or negative correlations between nodes. Network graphs were constructed based on a set of measurements, including the number of nodes, number of edges, modularity, number of communities, mean node connectivity, mean path length, diameter, and cumulative degree distribution. Visualization and property measurements were performed with the Gephi interactive platform (Bastian et al., 2009).



RESULTS


Characterization of Abiotic Driving Factors

We analyzed 105 mangrove soil samples distributed along ∼4,000 km spanning three climatic zones: tropical rainforest (Af); hot semi-arid (BSh); and humid subtropical (Cfa) according to Köppen (1936). The mangroves were separated based on principal components into groups characterized by different environmental conditions.

Northeastern mangroves were correlated with elevated salinity, evapotranspiration, and minimum temperature as well as low sulfur, precipitation, and humidity. Elevated precipitation, pH, humidity, and sulfur content were the main components for northern mangroves, while southern samples were correlated with elevated precipitation, humidity, organic carbon, nitrogen, iron, sulfur, and silt-clay contents. Principal components 1 and 2 explained 82.4% of the dataset variability and provided a clear separation of Northeastern samples (Figure 2).
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FIGURE 2. Triplot diagram of the Principal component analysis (PCA) indicating the orientation pattern based on the variability of abiotic variables in the seven studied mangroves. The two first principal components are plotted with the proportion of variance explained by each component shown in parentheses in the axis titles. Abbreviated abiotic variables: Tmin (Minimum Temperature); PCT (Precipitation); Evapotrans (Potential Evapotranspiration); Fe (iron); N (Total Nitrogen); OC (Organic Carbon); SiltClay (Silt and Clay content); and S (Sulfur).




Richness and Diversity Estimations

The 105-mangrove soil 16S rRNA libraries analyzed in the present work generated a total of 13,230,772 sequences, with 4,791,858 sequences remaining after processing (Supplementary Table 1). The dataset was rarefied to 47,707 based on the minimal sequence count per sample (Supplementary Figure 1), resulting in a normalized dataset comprising 16,104 ASVs, of which 14,992 and 1,112 were identified as Bacteria and Archaea, respectively. All samples reached Good’s coverage above 99% and rarefaction curves for the observed ASVs were very close to reaching the asymptotes, confirming that sequencing and sampling efforts sufficiently captured the diversity of taxa within samples (Supplementary Figure 2).

The alpha diversity was highest in northeastern mangroves, as indicated by both the Shannon index and Simpson evenness, regardless of the dataset size. Interestingly, the southern mangrove PAR-S, which resulted in the highest number of sequences (Supplementary Figures 1, 2 and Supplementary Table 2), displayed the lowest Shannon and inverted Simpson indices, indicating that this microbial community is the least diverse, followed by southern GUA-S and northern BRA-N. COC-NE and ICA-NE displayed higher evenness, while JAG-NE did not possess as even a distribution as its counterparts in the northeast. Also, BRA-N and PAR-S exhibited a high dominance level (Figure 3).
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FIGURE 3. Box plots showing the richness (Observed richness and Chao1) and alpha diversity (Shannon and Inverted Simpson indices) of microbial communities in the root zone of Rhizophora mangle from seven mangroves in the north (green), northeast (red), and south (blue) Brazilian regions. Taxonomic diversity is based on ASV level. Error bars represent the standard deviation of 15 independent replicates (five sampling points with three replicates from each mangrove). Different lowercase letters refer to significant differences between treatments based on Tukey’s HSD test (P < 0.05) for the Shannon and Inverted Simpson indices and the Kruskal–Wallis test for Observed richness and Chao1.


Furthermore, we explored the response patterns of alpha-diversity to the abiotic driving factors and found significant linear regressions with a potential tendency of higher alpha-diversity along with increased salinity, potential evapotranspiration, and minimum temperature as well as decreased alpha-diversity with increased precipitation (Figure 4). This contributed to separate northeastern mangrove samples from northern and southern ones.
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FIGURE 4. Relationships between Shannon index and Salinity, Potential Evapotranspiration, Precipitation, and Minimum temperature in the Rhizophora mangle root-associated soil microbiomes. The black lines represent linear regressions, and the shaded areas show the 95% confidence interval.




Microbial Community Composition

High-resolution community profiles were generated by processing reads using a denoised pipeline to resolve 16S rRNA gene ASV at the single-nucleotide level. Microbiomes’ members were classified into 63 phyla, 16 of which displaying abundances above 1%. Bacterial sequences were predominant in most samples (52–86%), while Archaea was present in elevated abundances (13–48%) only in some mangroves. The distribution of the dominant members displayed Deltaproteobacteria as the most prevalent class in most samples (30–40% in COC-NE and JAG-NE; 40–60% in BRA-N and SAL-N; and 55% in PAR-S), except for GUA-S and ICA-NE, where Thermoplasmata (Phylum Euryarchaeota) was dominant (∼40–50%). In all northern mangroves and PAR-S, Deltaproteobacteria still predominated but was followed by Thermoplasmata (20–25%). In northeastern mangroves, Gammaproteobacteria was the second more prevalent class in COC-NE and JAG-NE. Another notable composition feature was the presence of ∼7% of Campylobacteria (Phylum Epsilonbacteraeota) in northern mangroves. Other dominant phyla comprised Planctomycetes, Acidobacteria, Bacteroidetes, and Chloroflexi in all mangroves (Supplementary Figure 3).

Then, the indicator analysis revealed 33 out of 499 genera as the main responsible for differences among groups of samples reunited in three geographical regions: nine of them were associated with northern mangroves, 22 with northeastern mangroves, and two with southern ones (Supplementary Table 3). Most indicator genera were part of the rare biosphere, with abundance below 0.01%, and some of them were moderately halophilic groups and almost exclusive of mangroves from northeastern Brazil, such as Pontibacillus, Halomonas, Magnetovibrio, Roseimarinus, and Modicisalibacter (Figure 5).
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FIGURE 5. Box plots showing the abundance distribution of the main indicator genera of Rhizophora mangle root-associated soil microbiomes at North (N), Northeast (NE), and South (S).




Main Environmental Drivers of R. mangle Microbial Community

Permutational multivariate analysis of variance (PERMANOVA) with 1,000 permutations was used to test for significant effects of geographical distance. We detected significant differences between north × northeast (F = 4.2028; P = 0.002), north × south (F = 6.0065; P = 0.001), and northeast × south (F = 6.4463; P = 0.001), which evidenced the greater differences between northeastern and southern mangroves. In order to consider the influence of the plant genotype on the microbial communities, we also tested the genetic differences between northern, northeastern, and southern R. mangle populations. Therefore, we used data on the number of effective alleles and observed heterozygosity extracted from Francisco et al. (2018). The PERMANOVA detected a significant relationship between the associated soil bacterial communities and both the number of effective alleles (F = 4.9676; P < 0.001) and the observed heterozygosity (F = 5.9111; P < 0.001).

Along the assessed latitudinal transect, minimum temperature, precipitation, organic carbon, and potential evapotranspiration were the main variation drivers of the root-associated microbiome of R. mangle (F = 2.2378; df = 4; P = 0.001). The root-associated communities from northern mangroves were closer to those in the south than those in the northeast. In the ordination, there was possible to separate a group containing samples from northern and southern mangroves, mostly correlated with higher precipitation and organic carbon, as well as lower minimum temperature and potential evapotranspiration. On the other side, northeastern microbiomes were characterized by high potential evapotranspiration and minimum temperature, as well as low precipitation and organic carbon. Axis 1 and 2 explained 62.85% of the dataset variability (Figure 6).
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FIGURE 6. Triplot diagram of the canonical correspondence analysis (CCA) calculated from the dataset containing 35 samples (five sampling points from each mangrove) containing only significant explanatory variables (P < 0.05) and prokaryotic ASV composition for samples from the seven studied mangroves [BRA = Bragança (N); SAL = Salinópolis (N); COC = Cocó (NE); JAG = Jaguaribe (NE); ICA = Icapuí (NE); GUA = Guaratuba (S); and PAR = Paranaguá (S)]. CCA 1 (F = 3.0563, P = 0.001) and CCA 2 (F = 2.5695, P = 0.001) axes were significant and explained 62.85% of the data. Abbreviated abiotic variables: Tmin (Minimum Temperature); PCT (Precipitation); Evapotrans (Potential Evapotranspiration); and OC (Organic Carbon).


The SIMPER (similarity percentage) analysis displayed that the dissimilarity observed in the ordination was mainly due to variations in the abundance of the orders archaean Marine Benthic Group D and DHVEG, bacteria Desulfobacterales and Campylobacterales, and the genus Thiofractor, the latter associated with northern mangroves.

Functional characterization using PICRUSt2 displayed that despite the environmental differences among northern, northeastern, and southern mangroves, in general, they did not differ on predicted functionality (Supplementary Figure 4). Nevertheless, differences in conventional anaerobic ammonium oxidation (Anamox) plus sulfate-reduction with ammonium oxidation (SRAO) and Nitrification, pre-eminent in JAG-NE and COC-NE (northeastern mangroves), should be highlighted (Supplementary Figure 5).



Network Co-occurrence Patterns

When exploring the complexity of connections within the R. mangle root-soil microbiomes, the northeastern mangroves displayed the highest level of complexity and modular structure, whereas the southern mangroves were less complex and displayed the fewest modular networks. Furthermore, southern networks showed lower negative: positive link ratios when compared to northeastern networks (Table 1 and Figure 7).


TABLE 1. Topological measures of Rhizophora mangle root-zone microbiome co-occurrence networks in seven Brazilian mangroves [BRA = Bragança (N); SAL = Salinópolis (N); COC = Cocó (NE); JAG = Jaguaribe (NE); ICA = Icapuí (NE); GUA = Guaratuba (S); and PAR = Paranaguá (S)].
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FIGURE 7. Co-occurrence network based on correlation analysis. A connection stands for a Spearman’s correlation with magnitude >0.7 (positive correlation–blue edges) or <–0.7 (negative correlation–red edges) and statistically significant (P < 0.01). The size of each node is proportional to the number of connections (degree). Each node was labeled at the phylum level.


Co-occurrence networks captured 131 (number of edges in GUA-S) to 1,402 (number of edges in COC-NE) associations among 39 (number of nodes in GUA-S) to 120 (number of nodes in ICA-NE) ASVs. The mean degree (node connectivity) was highest in the northeastern samples (NE mean value = 11.588; N mean value = 7.128; and S mean value = 5.399), indicating higher connectivity among northeastern mangrove populations. GUA-S samples displayed a low mean degree compared with other mangroves, even with PAR-S, indicating a poorly connected community. Besides, modularity, a topology feature that indicates compartmentalization, reached higher values in the northeastern samples, along with BRA-N. GUA-S stood out for the lowest modularity. The mean path length between all pairs of nodes of northeastern mangroves did not differ from the other mangroves, and their diameters were comparable with the mangroves from the north, despite exhibiting higher numbers of nodes and edges. The clustering coefficient, which indicates how nodes are embedded in their neighborhood and, thus, the degree to which they tend to cluster together, was higher in northeastern samples (NE mean value = 0.351; N mean value = 0.254; S mean value = 0.222), indicating highly connected networks.

The diversity of taxa present in each network and their respective importance in the communities’ connections, i.e., their degree, demonstrated that northeastern mangroves networks contained taxa with higher degrees, while the northern and southern networks displayed lower degrees. The number of phyla in each network ranged from 12 (PAR-S and GUA-S) to 20 (COC-NE and SAL-N), but nine phyla were responsible for the highest degrees in these networks, namely Proteobacteria and Epsilonbacteraeota in BRA-N; Planctomycetes, Euryarchaeota and Proteobacteria in SAL-N; Proteobacteria, Entotheonellaeota, and Dependentiae in COC-NE; Proteobacteria and Epsilonbacteraeota in JAG-NE; Planctomycetes and Proteobacteria in ICA-NE and PAR-S; and Epsilonbacteraeota, Spirochaeta, Proteobacteria, Calditrichaeota, and Verrucomicrobia in GUA-S. Some non-dominant phyla proved to be important based on the co-occurrence networks, such as Entotheonellaeota, Dependentiae, Spirochaeta, Calditrichaeota, and Verrucomicrobia.



DISCUSSION

The soil microbial communities under R. mangle root zones were analyzed herein using a metabarcoding approach in three geographical regions: north and south (extremes of distribution), and northeastern Brazil. We demonstrated that precipitation and organic carbon were the strongest selection factors for the north and south, while high evapotranspiration and temperature were the main drivers in the northeast (Figure 6). Accordingly, although we analyzed the root zone of the same species of plant (R. mangle), the assessed microbial communities exhibited different richness and compositions. Also, the co-occurrence networks from southern-mangroves were less-complex compared to northeastern ones. This finding may reflect the endurance of microbial communities tailored to deal with the more stressful conditions of semi-aridity in the Brazilian northeast.

Herein, we worked with ASVs, which allows for the discrimination of only one nucleotide in a sequence, resulting in higher taxonomic resolution, which may reveal the distribution of ecotypes across environments and aid in revealing overlooked ecological patterns (Chafee et al., 2018; Garcia-Garcia et al., 2019).


Microbial Communities From Northeastern Mangroves Displayed Higher Alpha Diversity

Soil microbiomes associated to R. mangle of northeastern mangroves were more diverse than the northern and southern ones, even though the southern mangrove PAR-S displayed the highest total number of sequences. This is in line with previous studies that have been showing site specific differences in bacterial richness and composition (Fernandes et al., 2014; Gomes et al., 2014; Basak et al., 2016; Liu et al., 2017; Ullah et al., 2017; Yun et al., 2017; Zhou et al., 2017; Zhu et al., 2018; Tong et al., 2019; Erazo and Bowman, 2021) and indicate that soil or site conditions should be considered along with geographical distance to understand microbial community patterns. Northern and southern mangroves, for instance, displayed more similar microbial diversity than expected considering their geographical distance.

Most datasets were dominated by Proteobacteria, mainly by Deltaproteobacteria and Gammaproteobacteria, which are part of the core microbiome of mangroves worldwide (Dias et al., 2011; Andreote et al., 2012; Zhu et al., 2018; Cotta et al., 2019; Luis et al., 2019; Sadaiappan et al., 2019). Other abundant phyla comprise Planctomycetes, Acidobacteria, Bacteroidetes, and Chloroflexi, in line with the literature on mangrove microbiomes (Marcos et al., 2018; Zhang et al., 2018; Zhu et al., 2018; Cotta et al., 2019; Luis et al., 2019; Sadaiappan et al., 2019; Tong et al., 2019). Desulfobacterales was the most abundant order, as commonly observed in mangrove surface soils (Mendes and Tsai, 2014; Zhang et al., 2018; Zhu et al., 2018; Luis et al., 2019; Sadaiappan et al., 2019), and was highlighted by SIMPER analysis as one of the main responsible for the differences between the studied mangroves. This order comprises anaerobic members involved in sulfur and carbon cycling (Mendes and Tsai, 2014; Zhu et al., 2018) as well as in the transformation of methane and nitrogen, which indicates their importance for mangrove ecosystems (Andreote et al., 2012).

Another important group was Euryarchaeota, especially in ICA-NE and GUA-S. Observing this phylum in such high amounts is a novel finding, since it has been reported in mangroves, but in lower abundances (Andreote et al., 2012; Mendes and Tsai, 2014; Basak et al., 2016). Nevertheless, it is important to highlight that those studies utilized different methodological approaches and primers, which can affect the ratio of retrieved sequences. Euryarchaeota comprises members related to active carbon transformation through methanogenesis, which occurs in the anaerobic sediments found in mangroves (Taketani et al., 2010).

Thermoplasmata class dominated Euryarchaeota sequences from R. mangle roots in Florida (United States) mangroves under neutral pH and high sulfur content (Marcos et al., 2018), in pH neutral upper soil layers in a mangrove creek in Cardoso Island (SP, Brazil) (Dias et al., 2011; Otero et al., 2014), and in surface neutral to slightly acidic and rich in iron mangrove soils in New Caledonia (Luis et al., 2019). This preference for acidic and sulfur- or iron-enriched soils may explain the high amounts of Thermoplasmata in GUA-S, but its enrichment in ICA-NE needs to be further investigated (Supplementary Figure 3). Herein, most Euryarchaeota were assigned to the Marine Benthic Group D order (MBG-D), long recognized from 16S rRNA gene surveys in benthic environments (Zhou et al., 2019), and also highlighted by SIMPER analysis.

The phylum Epsilonbacteraeota (phyl. nov.) (Waite et al., 2017), which was noteworthy in northern mangroves, emerged after recent studies reassigned the Epsilonproteobacteria class to a new phylum for constituting a monophyletic unit. Despite possessing autotrophic and thermophilic ancestors, this phylum also comprises heterotrophic and mesophilic members from the Campylobacterales order, involved in carbon and nitrogen fixation, assimilatory nitrate and nitrite reduction, thiosulfate oxidation, and polysulfide reduction (Waite et al., 2017), which explains their detection in mangroves. Also, Campylobacterales was one of the orders highlighted by SIMPER for the effects of its abundance on the ordination.



Rare Biosphere Comprises Most of the Indicator Genera

The indicator analysis displayed that of the 33 genera selected as indicators, most of them were associated with northeastern mangroves and comprise rare members of the community. The main genera were assigned to representatives from non-common phyla, such as Elusimicrobia and Deinococcus-Thermus, as well as Proteobacteria (Modicisalibacter). These genera comprise bacteria capable of reducing nitrate or sulfur compounds, some of them with particular features, such as Blastocatella (Elusimicrobia), previously isolated from semi-arid savanna soil; Truepera (Deinococcus-Thermus), resistant to ionizing radiation; Algiphilus (Proteobacteria), aromatic hydrocarbon-degrading; and Thiovulum (Proteobacteria), rapid swimming bacteria. On the other side, southern mangroves were associated with only two indicator genera, which were Planktotalea (Proteobacteria) and SEEP-SRB1 (Sulfate-reducing bacteria cluster). The former was previously isolated from seawater or marine organisms from cold regions (Parte et al., 2020).

Rare species can have a preponderant role for local biodiversity and species turnover, being keystone species for regulating the functioning of ecosystems. In addition, rare species that are considered non-relevant under a given environmental condition may become important under changing situations, offering a pool of genetic resources that may be activated under appropriate conditions (Jousset et al., 2017).



Microbial Community’s Abiotic Drivers Differed Along the Latitudinal Transect

At a global scale, no single biotic or abiotic feature has consistently emerged as the most important determinant of mangrove soil microbial community. Mangrove forests exist in a very broad range of environmental conditions (Kauffman et al., 2020), and the sampled mangrove sites reflected the broad precipitation, salinity, temperature, and evapotranspiration gradients in which they exist and their influence on the associated microbiomes. Traditionally, the main forcing functions over mangrove forests along the Brazilian coast are tides, rainfall, evapotranspiration, and temperature, which vary widely over more than 8,000 Km of coastline (Schaeffer-Novelli et al., 1990). Most factors, such as temperature, rainfall, and evapotranspiration, are related to latitude and have influence on biogeographical distributions (Prosser et al., 2007) with important consequences on the microbial activity at upper soil layers (Gomez et al., 2020).

Many factors have been identified as change drivers concerning the structure and distribution of mangrove microbial communities, but all consisted of local factors, such as the presence/absence of plants and plant species (Jiang et al., 2013; Gomes et al., 2014; Prakash et al., 2015; Chen et al., 2016; Liu et al., 2017; Tong et al., 2019), soil or sediment depth (Taketani et al., 2010; Otero et al., 2014; Basak et al., 2016; Luis et al., 2019), anthropogenic activities (Dias et al., 2011; Fernandes et al., 2014; Nogueira et al., 2015; Erazo and Bowman, 2021), tidal cycles (Zhang et al., 2018), organic carbon and nitrogen (Chen et al., 2016), ammonia nitrogen (Zhu et al., 2018), and silt-clay content (Colares and Melo, 2013). Herein, examining the microbiota below R. mangle along a latitudinal transect, regional factors (temperature, precipitation, and evapotranspiration) were identified as the main drivers of the prokaryotic community, with only organic carbon considered a local factor. Another important factor, the tidal cycle, was not analyzed in this study. However, tidal regimen differs widely between the northern, northeastern, and southern coastal systems with a macrotidal regimen in the north, mesotidal regimen in the northeast, and microtidal regimen in the south (Knoppers et al., 1999).

The mangroves from northern and southern Brazil represent extremes in R. mangle distribution, but are not extremes in terms of temperature, precipitation, potential evapotranspiration, and organic matter. Although all mangroves grow in fluctuating environmental conditions, such as tidal cycles, high salinity, high temperatures, and anaerobic muddy soils (Jacotot et al., 2019), among the analyzed mangroves, northeastern mangroves are the ones that inhabit the most extreme conditions. Located on the semi-arid coast of Brazil (Fernandez et al., 2019), these mangroves are subjected to the highest minimum temperatures and potential evapotranspiration, as well as the lowest precipitation and organic-matter contents. Based on the physical and chemical variables alone (Figure 2), northern and southern mangroves already displayed a certain degree of similarity, which was reinforced by adding the biological information on the ASVs through CCA ordination (Figure 6). Thus, through the CCA it is possible to display the effect of the biotic interactions on the distribution of the study areas.

The drivers identified in this study strongly influence the ecology and life history of almost all life forms, from macro-organisms to microbes. Changes in temperature and precipitation can lead to variations in mangrove species composition and growth (Alongi, 2008). Indeed, the temperature is one of the main ecological drivers worldwide, and the low annual mean air temperature is one of the main Neotropical mangrove structure and productivity limiters (Ochoa-Gómez et al., 2019). Minimum temperature was one of the main factors for the proximity of northern and southern mangrove microbiomes and the separation from northeastern samples. The semi-arid coast (Northeast Brazil) displays dominant features that help to differentiate it from others, such as water deficit caused by the low rainfall, water impoundment by dams, and high evapotranspiration rates, which contribute to increased saline intrusion and the expansion or landward migration of mangroves (Godoy and Lacerda, 2015).

Precipitation is another pivotal factor, especially important for mangrove trees, which develop better in areas with precipitation above 1,500 mm yr–1 and reach their maximum in areas receiving more than 2,500 mm yr–1 (Schaeffer-Novelli et al., 1990). Nevertheless, southern mangroves are usually composed of shorter trees and less structurally complex mangrove swamps (Lana et al., 2001), due to lower sea surface temperature (Ximenes et al., 2018). Our data indicate that the microbial community responded similarly, as samples from the south (PAR-S and GUA-S) consisted in less diverse and complex microbial communities.



Northeast Mangroves Are Inhabited by Rich and Complex Microbial Communities

Herein, we started from a hypothesis that northern and northeastern mangroves would exhibit more similar microbial communities as R. mangle propagules dispersion had originated in the north and was constrained by temperature decreases southward in South America (Francisco et al., 2018), which resulted in genetic divergence between north and south R. mangle populations. However, we observed a greater similarity between northern and southern red-mangrove microbiomes and higher diversity in northeastern mangroves.

It is well known that the diversity of the plant community and the genotypes of individual plants can influence the composition of associated microbial communities. This happens because microorganisms that live in the rhizosphere are attracted by and feed on rhizodeposits, such as nutrients, exudates, border cells, and mucilage released by the plant root, factors related to the plant genotype. Also, differences in root architecture as well as in the amount and type of rhizodeposits influence greatly the composition of associated microbiota (Craig et al., 2020). Another factor to be considered is plant physiological activity as specific metabolites released into the rhizosphere can trigger multiple responses by different soil microorganisms, such as germination, branching, quorum sensing, or metabolization, which will lead to the establishment of symbiosis or to ward off pathogens and pests (Philippot et al., 2013). R. mangle populations from the South of Brazil have been previously reported for showing a low genetic diversity (Francisco et al., 2018), which is alarming considering the structural role Rhizophora spp. have in the species-pool of Neotropical (AEP) mangroves. R. mangle populations from the South of Brazil were reported to possess insignificant heterozygosity related to dispersion limitation (Francisco et al., 2018), a process that can also affect associated microbial community assembly. However, these southern populations possess an important role in the southward expansion of mangrove forests in the face of climate change and this low genetic diversity can result in less chance to have the necessary traits to deal with environmental changes. When we combine such low genetic diversity with the less diverse and complex associated soil microbial communities observed herein, we have indicators that the ecosystem biodiversity and functioning may be threatened. Soil microbial diversity is usually not considered in conservation efforts, although they are key to soil functionality and provide many important ecosystem functions and services, such as biogeochemical cycling, plant growth, and carbon sequestration for and beyond the whole ecosystem (Dubey et al., 2019).

Reduced microbial diversity and less complex networks, observed in the southern mangroves, are thought to lead to lower levels of soil functioning due to fewer taxa to support functional redundancy and/or different functions (Wagg et al., 2019). However, when analyzing data from PICRUSt2, we did not observe functional differences among all studied mangroves, which can indicate that functional redundancy is still maintained. Nevertheless, one could question if this is enough to guarantee ecosystem resistance to ongoing and future environmental changes. Considering the limitations of this approach, which is based on potential or predicted pathways, and the importance of southern mangroves in the southward migration of mangroves, more attention should be dedicated to this aspect using functional approaches, such as metatranscriptomics and metabolomics.

When we change the focus to mangroves of the Northeast, we have an opposite situation in which, possibly, the harsh environmental conditions of the semi-arid coast have made unique niches available, in which microbial populations interact differently from their northern and southern counterparts. In the northeast, only ICA-NE differed from the other northeastern samples. This could be due to its lagoon estuarine system, in which a channel directs waters from a coastal lagoon and aquifers toward the mangrove throughout the year (Meireles et al., 2017), maintaining freshwater input despite low rainfall. This system does not operate in the other two northeastern mangroves, which may indicate water deficit as a strong selection force for microbial communities. Nevertheless, as with its northeastern counterparts, ICA-NE is subject to regional climatic factors, such as low rainfall as well as elevated temperature, evapotranspiration, and salinity, which could explain its difference from northern and southern mangroves.

Despite rainfall decreases may limit seed germination due to higher soil salinities (McKee et al., 2012), mangroves in northeastern Brazil appear to be expanding landward, in the opposite direction to the observed global trend (Godoy and Lacerda, 2015). Considering the important role soil microbiomes play in nutrient cycling and plant fitness, detecting more-complex microbial networks in northeastern samples suggests that microbes may play a role in the resistance and successful expansion of such mangroves, which should be further investigated.

Thus, the divergence of northeastern mangroves was confirmed by microbial co-occurrence networks, which revealed more complex and intricate networks in northeastern microbiomes and very simplified networks in southern samples. Beyond the information provided by standard taxonomic approaches and how environmental properties shape microbial communities, co-occurrence networks provide insights on community stability, ecosystem functioning, and biotic factors (Barberán et al., 2012). Northeastern networks display highly connected ASVs, structured among densely connected groups of nodes, forming a clustering topology. Modularity (indicative of compartmentalization) reached higher levels in the northeastern samples.



Biotic Interactions Respond to Stress or Perturbation Gradient

The study of connectivity is essential for providing recruitment sources for the whole community. Also, the ratios of negative:positive association among taxa were lower in samples of the south, which are indicative of lower stability in those communities (Hernandez et al., 2021), in accordance with the Stress Gradient Hypothesis. According to this hypothesis, the frequency of competitive interactions (negative edges in the network) decreases with the intensification of stress. On the other side, facilitative interactions (positive edges) increases along with stress increases. Positive relationships, such as mutualism, represent higher niche overlap, while negative relationships, such as parasitism and competition, indicate divergent niches. As environmental stress increases, there can be a substitution of competitive taxa by slow-growing stress-tolerant species (Bertness and Callaway, 1994). Also, when considering the community stability to disturbances, positive connections can destabilize microbial communities by positive feedback loops in which decreases in one taxon led to decreases also in reliant taxa. More stable communities have more limited shifts in composition in response to environmental perturbations and/or are more likely to return to their equilibrium after a perturbation (Hernandez et al., 2021).

On the other hand, network co-occurrence analyses of microbial communities from other soil ecosystems have reported increasing complexity related to more-disturbed areas, such as Cd-contaminated soils (Wang et al., 2019), arid soil under grazing (Marcos et al., 2019), PAH-contaminated riverine sediments (Yan et al., 2019), and soils undergoing nutrient loss (Liu et al., 2019). This greater co-occurrence pattern can be explained by modifications in prevalent conditions that remove limits on other taxa and introduce additional niches, similar to that proposed by the Intermediate Disturbance Theory (Padisak et al., 1993). According to this theory, higher diversity is reached at an intermediate frequency or intensity of disturbances. Thus, mangrove soil bacteria in the northeast may form more-complex networks as a result of disturbances caused by water deficit. Protection status also corroborates in demonstrating how exposed northeastern mangroves are to disturbance, as only 23.09% of them are located in coastal protected areas, while 87.98 and 69.38% are protected in northern and southern mangroves areas, respectively. In addition to this lower degree of legal protection, northeastern Brazil mangroves are threatened by extensive shrimp farming, the greatest cause of mangrove loss worldwide (Pelage et al., 2019).

Historical data indicate that mangrove forests are considerably resilient, displaying a significant ability to adapt to changing conditions (Alongi, 2008). The northeastern mangroves assessed herein, subject to high temperatures and low rainfall, seem to possess an associated microbiota adapted to respond to these harsh conditions, as demonstrated by the present results, i.e., high diversity and more-complex networks. Moreover, while some changes can lead to mangrove mortality and loss, others can lead to mangrove expansion. Mangroves are expected to be sensitive to hypersalinity, most prevalent in arid and semi-arid areas (Lovelock et al., 2016), such as northeastern Brazil. Nevertheless, the mangroves in this region display a trend toward landward expansion, related to low rainfall and consequent saline intrusion (Godoy et al., 2018). This trend along with the southward expansion at the southern limit are adaptations to climate change (Godoy and Lacerda, 2015). For instance, Cocó (COC-NE) and Jaguaribe (JAG-NE) mangroves have expanded, respectively, 22.8 and 4.1% in the last 20 years (Godoy et al., 2018). Considering the differences observed in the northeastern microbial communities, one might consider what role they have in this process. Although ecologists have long known that precipitation and salinity regimes govern the global distribution, abundance, and species richness of mangrove forests (Spalding et al., 2010), the microbial communities in northeastern Brazil were shown to be adapted and possibly responsible for mediating the persistence and expansion of mangrove forests.

Rainfall variability and droughts are among the most important harbingers of climate change for mangroves (Sippo et al., 2018). Reductions in freshwater supply induce hydrological droughts, reinforcing evapotranspiration effects and increasing water and sediment salinity. These factors are thought to weaken the competitive ability of mangroves relative to adjacent communities, reducing their spatial area, productivity, and health. Reduced precipitation may be responsible for 11% of the global reduction in the spatial extent of mangroves (Mafi-Gholami et al., 2019). Mangroves from the semi-arid coast of Brazil have historically experienced these conditions and have adapted to persist in such harsh circumstances. Our study provides support for the role of microbes in this adaptability.

On the other hand, cold southern temperatures, which can lead to mangrove mortality, loss of above-ground biomass, lower productivity, and decreased reproduction (Lovelock et al., 2016), also affect their less diverse and complex root-associated microbial communities. These findings are important, as a positive relationship between biodiversity and marine ecosystems functioning is noted, which means that biodiversity loss could result in impaired microbial ecosystem functioning through reduced functional redundancy and interaction networks (Konopka et al., 2015). This is particularly important considering the poleward shifts in mangrove distributions expected to occur due to global climate change (Whitt et al., 2020). Here, semi-arid mangroves stand out as important pools of microbial diversity and complexity, which are pivotal to mangrove adaptation in the Anthropocene.



CONCLUSION

Considering the findings reported herein, it seems that northeastern and southern Brazilian mangroves, as important centers of mangrove dispersion in the Anthropocene, are going in opposite directions. While we are concerned with global warming, the colder temperatures of the south are limiting mangrove-associated microbial communities’ richness and complexity while elevated temperatures and evapotranspiration, as well as reduced precipitation, lead to saline intrusion and the harboring of a diverse and complex pool of microorganisms in the northeast.

Microorganisms could be used for ecosystem recovery from anthropogenic disturbances or assisted ecological restoration based on the role of microbial diversity in maintaining the dynamic balance and functional equilibrium essential for mangrove sustainability. Considering the differences among the bacterial profiles of the mangroves studied herein, the impact on or of this unseen diversity should be addressed in ecosystem management as well as in the development of evidence-based microbial interventions and the exploration of biotechnological tools. The adaptive power provided by microorganisms may be the answer to adaptability in our changing world.
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The genus Pseudogymnoascus represents a diverse group of fungi widely distributed in different cold regions on Earth. Our current knowledge of the species of Pseudogymnoascus is still very limited. Currently, there are only 15 accepted species of Pseudogymnoascus that have been isolated from different environments in the Northern Hemisphere. In contrast, species of Pseudogymnoascus from the Southern Hemisphere have not yet been described. In this work, we characterized four fungal strains obtained from Antarctic marine sponges. Based on multilocus phylogenetic analyses and morphological characterizations we determined that these strains are new species, for which the names Pseudogymnoascus antarcticus sp. nov., Pseudogymnoascus australis sp. nov., Pseudogymnoascus griseus sp. nov., and Pseudogymnoascus lanuginosus sp. nov. are proposed. Phylogenetic analyses indicate that the new species form distinct lineages separated from other species of Pseudogymnoascus with strong support. The new species do not form sexual structures and differ from the currently known species mainly in the shape and size of their conidia, the presence of chains of arthroconidia, and the appearance of their colonies. This is the first report of new species of Pseudogymnoascus not only from Antarctica but also from the Southern Hemisphere.

Keywords: Pseudogymnoascus, new species, Antarctica, taxonomy, multi-locus phylogenetic analyses


INTRODUCTION

The fungal genus Pseudogymnoascus (Pseudeurotiaceae, Thelebolales, Leotiomycetes) was erected by Raillo (1929) to accommodate P. roseus and P. vinaceus, two species producing ascomata that Raillo distinguished from Gymnoascus based on differences in peridial hyphae. Unfortunately, Raillo did not formally specify a type strain for the genus. Many years later, Samson (1972) synonymized P. vinaceus with P. roseus and formally designated P. roseus CBS 395.65, a strain isolated from an alluvial swamp soil in Great Britain, as the neotype for the genus Pseudogymnoascus, which has been accepted to date.

In addition to P. roseus, only three additional species of Pseudogymnoascus were accepted during the 20th century: P. caucasicus, P. bhattii, and P. alpinus (Cejp and Milko, 1966; Samson, 1972; Müller and von Arx, 1982). Using a polyphasic approach including molecular phylogeny analysis based on ITS and morphological characterizations, Rice and Currah (2006) described two other new species, P. appendiculatus and P. verrucosus.

The interest in Pseudogymnoascus experienced a boost in 2009 when the causal agent of white-nose syndrome (WNS), a lethal disease that affects bats in North America, was discovered to be a novel species of psychrophilic fungus that was identified at that time as Geomyces destructans (Blehert et al., 2009; Gargas et al., 2009). The discovery of the fungal origin of WNS led to intense phylogenetic studies of fungi that live in bat caves. As a result, the phylogeny of Geomyces, Pseudogymnoascus, and other close genera was reorganized, including the transference of three species from other genera to the genus Pseudogymnoascus: P. destructans (formerly G. destructans), P. pannorum (formerly G. pannorum), and P. carnis (formerly Sporotrichum carnis) (Minnis and Lindner, 2013). These phylogenetic studies also suggested that caves and similar environments in North America harbor several undescribed species of Pseudogymnoascus (Lorch et al., 2013; Minnis and Lindner, 2013). Indeed, three new recently described species named P. lindneri, P. turneri, and P. palmeri were isolated from sediment samples obtained in a mine, a railroad tunnel, and a cave, respectively (Crous et al., 2019; Crous et al., 2020). Recently, in 2020, three additional species of Pseudogymnoascus, P. shaanxiensis, P. guizhouensis, and P. sinensis, were described. These species were isolated from soils collected in different locations in China (Zhang et al., 2020). To our knowledge, these are the last species of the genus described to date, thus totaling only 15 accepted species of Pseudogymnoascus since 1929.

The species of the genus Pseudogymnoascus share as common characteristics the ability to produce aleurioconidia and/or arthroconidia and an optimal temperature of growth of approximately 15°C. Concerning sexual structures, several Pseudogymnoascus species produce ascomata (Rice and Currah, 2006; Crous et al., 2019; Crous et al., 2020). However, other members of the genus, particularly those transferred from Geomyces and Sporotrichum, do not produce ascomata (Minnis and Lindner, 2013; Zhang et al., 2020).

Although genus Pseudogymnoascus had a broad geographic distribution in cold regions around the world (Gomes et al., 2018; Robicheau et al., 2019; Gupta et al., 2020; Rafiq et al., 2020), all the currently accepted species of Pseudogymnoascus were isolated from samples collected in the Northern Hemisphere, mainly in North America. In contrast, new species of Pseudogymnoascus obtained in the Southern Hemisphere have not yet been described.

Antarctica is one of the most remote and cold regions on Earth. In this continent, Pseudogymnoascus is prevalent. Numerous strains of this fungal genus have been isolated from different Antarctic environments, including terrestrial soils (Godinho et al., 2015; Gomes et al., 2018; Durán et al., 2019; Santos et al., 2020), plants (Santiago et al., 2012; Costa Coelho et al., 2021), shallow-water and deep-sea sediments (Vieira et al., 2018; Wentzel et al., 2019; Ogaki et al., 2020a; Ogaki et al., 2021), macroalgae (Godinho et al., 2013; Furbino et al., 2014; Furbino et al., 2018), sponges (Henríquez et al., 2014), and lakes (Gonçalves et al., 2012; Ogaki et al., 2020b). These results suggest that the Antarctic environments could constitute important reservoirs for new species of Pseudogymnoascus not yet described.

Our research team is interested in the study of filamentous fungi from Antarctica. In recent years, we have gathered an important collection of fungal isolates of Antarctic origin, and according to preliminary data, several of these isolates could be new species (Henríquez et al., 2014). Thus, in this work, we described four new species of Pseudogymnoascus obtained from samples of Antarctic marine sponges, for which the names Pseudogymnoascus antarcticus, Pseudogymnoascus australis, Pseudogymnoascus griseus, and Pseudogymnoascus lanuginosus are proposed. These species represent not only the first four Pseudogymnoascus species from Antarctica but also the first four species of this fungal genus from the Southern Hemisphere.



MATERIALS AND METHODS


Fungal Isolates

The fungal isolates analyzed in this work were obtained from sponge samples collected in Fildes Bay, King George Island, South Shetland Islands, Antarctica (Henríquez et al., 2014). Sponge samples were collected at a depth of 6 m. P. antarcticus was isolated from a sponge from the genus Tedania, P. lanuginosus was isolated from a sponge from the order Poecilosclerida, and P. australis and P. griseus were isolated from two different sponges from the genus Hymeniacidon (Henríquez et al., 2014).

The sampling was authorized by the Chilean Antarctic Institute (authorization no. FORE-LO T_15-09, issued on October 13, 2009) and carried out during the XLVI Antarctic Scientific Expedition (ECA46) in December 2009. The holotypes were deposited in the Chilean Fungal Collection (CHFC-EA) of the University of Chile (Santiago, Chile).



Morphological Analyses

The characteristics of colonies, including the presence of soluble pigments and/or exudates, the obverse and reverse colors of colonies, and the color of mycelia, were recorded after 28 days of growth on oatmeal agar (OA; Difco Laboratories), corn meal agar (CMA; Difco Laboratories), and Sabouraud agar (SBA; Difco Laboratories) at five different temperatures (5, 15, 20, 25, and 37°C). In addition, colony diameters were measured every 5 days, and colonial growth rates were determined.

To induce the formation of ascomata, fungi were grown on CMA, OA, SBA, and potato dextrose agar (PDA; Difco Laboratories) at the same five temperatures mentioned above under two different light conditions: constant darkness and daily cycles of 12 h with fluorescent light alternating with 12 h of darkness. The presence of sexual structures was checked at 10 days and at 2, 4, 6, and 8 months of cultivation.

Light microscopy images were obtained using a Leica DM 2000 LED microscope equipped with an MC170 HD camera and Leica Application Suite (LAS) v.4.8.0 software. Microscopic characteristics were studied on CMA slide cultures incubated for 7 and 14 days at 15°C and mounted in Shear’s solution. Electron microscopy images of Pseudogymnoascus conidia were acquired with a Hitachi HT7700 transmission electron microscopy (TEM).



DNA Extraction, Amplification of Markers, and Sequencing

Each strain was grown for 3 days in CM liquid medium (Gil-Durán et al., 2015). After that, the mycelia were collected, and genomic DNA was isolated as previously described (Mahuku, 2004). Genomic DNA was used for the amplification of five markers using primers and PCR conditions that have been previously described (Minnis and Lindner, 2013). The markers were internal transcribed spacer (ITS), nuclear large subunit (LSU) rDNA, DNA replication licensing factor (MCM7), RNA polymerase II second largest subunit (RPB2), and translation elongation factor EF-1a (TEF1). The sequence of primers used to amplify these markers is described in Supplementary Table 1. The PCR products obtained were purified using a Qiaquick® PCR Purification Kit (Qiagen) and were sequenced at Macrogen Inc. (South Korea).

The sequences generated in this work were deposited in the GenBank database and their accession numbers are listed in Supplementary Table 2.



Phylogenetic Analyses

By combining the sequences generated in this work with sequences downloaded from GenBank, a sequence dataset was generated (Supplementary Table 2). Alignments for each individual locus were performed using MAFFT v.71 with default parameters (Katoh and Standley, 2013). Both sequence edition and concatenation were performed using Mesquite V3.61 (Maddison and Maddison, 2019). Minnis and Lindner (2013) observed that LSU and TEF1 introns have limited phylogenetic value because they are present and scattered among unrelated members of Pseudogymnoascus. Therefore, homologous gaps corresponding to LSU and TEF1 introns were excluded. In addition, non-overlapping ends of sequences in each alignment were trimmed. Gene concordance was assessed for all generated matrices using the “hompart” command in PAUP4.0b10 (Swofford, 2002). The final alignment was deposited in TreeBASE.2

Phylogenetic analyses were performed using maximum likelihood (ML) and Bayesian inference (BI) methods. ML analyses were performed with IQ-TREE v.1.6.12 (Nguyen et al., 2015). The best-fit nucleotide substitution model for each locus was estimated using IQ-TREE’s ModelFinder function (Kalyaanamoorthy et al., 2017) following the Bayesian information criterion (BIC). Bootstrap analyses were performed using the ultrafast bootstrap approximation (Minh et al., 2013) with 1,000 replicates. BI analyses were performed with MrBayes v.3.2. (Ronquist et al., 2012). The analyses included two independent runs of 2 million generations with four chains each.

The substitution model was set to GTR + I + G, and the first 25% of samples and trees were discarded as burn-in. The remaining trees were used to construct a 50% majority rule consensus tree.




RESULTS


Phylogenetic Analyses

After the exclusion of non-overlapping ends and LSU and TEF1 introns (393 and 57 nucleotides, respectively), the concatenated alignment contained 3,152 nucleotides (ITS: 442; LSU: 931; MCM7: 503 bp; RPB2: 526, and TEF1: 750).

The best-fit evolutionary models for each locus in the ML analysis were K2P + R2 (ITS), TNe + R2 (LSU), K2P + I + G4 (MCM7), K2P + G4 (RPB2), and TNe + R3 (TEF1). The tree topology of the BI agreed with that of the ML tree. Therefore, only the BI tree is shown (Figure 1). The phylogenies indicated that all the new species of Pseudogymnoascus of Antarctic origin were placed in distinct branches, forming clades separated from other species, with strong bootstrap support (Figure 1). P. australis, P. griseus, and P. lanuginosus were included within the well-supported crown group (clades A–G, PP = 1) (Figure 1). P. australis and P. griseus clustered together and were placed within clade B, while P. lanuginosus was clustered as a sister taxon of clade E (Figure 1). Finally, P. antarcticus was clustered as a sister taxon to clade I, forming an independent and well-supported lineage (Figure 1).


[image: image]

FIGURE 1. Bayesian inference phylogenetic tree of Pseudogymnoascus generated from the concatenated dataset of five loci (ITS, LSU, TEF1, RPB2, and MCM7). Bayesian posterior probabilities (BPPs) are indicated above branches and significant ML bootstrap (BS) values below branches. Only clades that received ≥80% BS and ≥0.95 BPP simultaneously were considered strongly supported and presented at the nodes. Clades are identified using clade nomenclature (A to M) formally defined by Minnis and Lindner (2013). The scale bar indicates 0.02 nucleotide changes per site. The new species are highlighted in bold and red.




Taxonomy

Phylogenetic analyses based on five gene markers showed that P. antarcticus, P. australis, P. griseus, and P. lanuginosus are phylogenetically distinct from the other known species of the genus Pseudogymnoascus. Furthermore, the new taxa can be distinguished from each other and all other Pseudogymnoascus species based on morphology. These results provide support to describe the four taxa analyzed in this work as new species as follows.



Pseudogymnoascus antarcticus Vaca & R. Chávez, sp. nov.

MycoBank number: MB 838958 (Figures 2, 3).


[image: image]

FIGURE 2. Colony morphology of Pseudogymnoascus antarcticus sp. nov. grown on OA, SBA, and CMA media at 5, 15, 20, and 25°C after 28 days of incubation. The cracked agar observed in OA at 25°C was not produced by a technical pitfall, but was produced by the growth of the fungus. Apparently, under these conditions, the fungus extracts most moisture, contracts agar, and cracks it. This was always observed in this medium at this temperature.



[image: image]

FIGURE 3. Microscopic analysis of Pseudogymnoascus antarcticus sp. nov. Conidium (A); Fertile hyphae bearing arthroconidia and aleurioconidia, sessile, or stalked (B,C,D,E); Conidiophore (F); Conidia (G). In panels (A,B), the structures were observed using transmission electron microscopy, while in panels (C–G), light microscopy was used. Scale bars = 1 μm (A,B), 10 μm (C–G).


Etymology: The name refers to Antarctica, the continent where this species was isolated.

Typus: Antarctica, South Shetland archipelago, King George Island, Fildes Bay, from a marine sponge, 7 Dic. 2009, I. Vaca F09-T2-1 (holotype CHFC-EA 569, stored in a metabolically inactive state in Chilean Fungal Collection).

Description: Hyphae forming bundles with two to six hyphae oriented in parallel, branched, septate, hyaline, smooth, 1.8–2.1 μm wide. Fertile hyphae bearing arthroconidia and/or aleurioconidia, sessile, or stalked. Conidiophores sparse, solitary, erect, hyaline, smooth, narrow, arising laterally from the hyphae, usually bearing verticils of two to four branches, arising from the stipe at an acute angle. Conidia sparse in SBA, more abundant in CMA, intercalary or terminal, off-white en masse, hyaline, microtuberculate. Aleurioconidia obovoid to subglobose, occasionally pyriform or clavate, with a broad truncate basal scar, 3.3–5.2 × 2.4–3.4 μm (av = 4.0 × 2.8 μm, n = 50), in conidiophores separated by connective cells. Intercalary conidia are similar to arthroconidia in shape and size. Arthroconidia intercalary, subglobose to elongate and barrel-shaped, separated by connective cells that undergo rhexolysis, occasionally bearing sessile conidia, 3.6–6.7 × 1.9–2.1 μm (av = 5.2 × 1.9 μm, n = 50). Ascomata absent.

Culture characteristics: On OA, colonies reach 35 mm in diameter after 28 days at 15°C, round shape, slightly irregular, dense and slightly umbonate, floccose, with radial grooves, olive green to gray, margin filamentous and white, transparent droplets of exudate on the surface of the colony, diffusible pigments absent; reverse brown. On CMA, colonies reach 46 mm in diameter after 28 days at 15°C, appressed, colorless, whitish at the center, consisting of immersed and hyaline hyphae, diffusible pigments and/or exudates absent; reverse colorless. On SBA, colonies reach 35 mm in diameter after 28 days at 15°C, round shape, sometimes irregular, velvety, with radial grooves and smooth center, pale pink with peach color at the center, soluble pigment yellow, exudates absent; reverse orange. Growth occurs in a range of temperatures on OA, CMA, and SBA. Optimum growth was observed at 15 and 20°C, and more reduced growth was observed at 5 and 25°C. At 37°C, small pinpoint colonies are observed.

GenBank accession numbers: ITS = JX845280, LSU = MN417282, MCM7 = MN432493, TEF1-α = MN418131, RPB2 = MN418135.

Notes: In previous phylogenetic analyses using North American strains, Minnis and Lindner (2013) proposed multiple clades of Pseudogymnoascus (clades A to M). Figure 1 shows that clade I harbors four strains (15PA11, 18VA12, 18VA13, and VKM F-4246) that remain unidentified species to date (Minnis and Lindner, 2013; Leushkin et al., 2015). P. antarcticus represents the most basal branch within clade I, forming an independent lineage with strong support (Figure 1). The closest known species to P. antarcticus is P. guizhouensis, which is a member of the neighboring clade H (Zhang et al., 2020). The absence of ascomata and the size and shape of the terminal conidia are characteristics shared in both species. However, P. guizhouensis and P. antarcticus have marked morphological differences. P. antarcticus has fertile hyphae that break into chains of arthroconidia, while P. guizhouensis lacks arthroconidia. In addition, P. antarcticus has subglobose to elongate, barrel-shaped intercalary conidia, while the intercalary conidia of P. guizhouensis are cuneiform, barrel-shaped, and markedly smaller than the intercalary conidia of P. antarcticus. Finally, conidia of P. antarcticus are microtuberculate, while conidia of P. guizhouensis are smooth or echinulate.



Pseudogymnoascus australis Vaca & R. Chávez, sp. nov.

MycoBank number: MB838968 (Figures 4, 5).
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FIGURE 4. Colony morphology of Pseudogymnoascus australis sp. nov. grown on OA, SBA, and CMA media at 5, 15, 20, and 25°C after 28 days of incubation.
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FIGURE 5. Microscopic analysis of Pseudogymnoascus australis sp. nov. Conidia (A,B); Conidiophore (C); Fertile hyphae bearing arthroconidia and aleurioconidia, sessile, or stalked (D,E,F). In panels (A,B), the structures were observed using transmission electron microscopy, while in panels (C–F), light microscopy was used. Scale bars = 1 μm (A,B), 10 μm (C–F).


Etymology: The epithet australis means Southern, referring to the region of Earth in which this fungus was isolated.

Typus: Antarctica, South Shetland archipelago, King George Island, Fildes Bay, from a marine sponge, 7 Dic. 2009, I. Vaca F09-T18-3 (holotype CHFC-EA 567, stored in a metabolically inactive state in Chilean Fungal Collection).

Description: Hyphae forming bundles with three to five hyphae oriented in parallel, branched, septate, hyaline, smooth, 1.2–2.0 μm wide. Some lateral hyphae end in chains of barrel-shaped arthroconidia, sometimes bearing aleurioconidia, sessile, or stalked. Conidiophores abundant, solitary, erect, frequently geniculate, or arising in acute angles with the main axis, hyaline, smooth, usually bearing verticils of two to four branches arising from the stipe at an acute angle. Conidia sparse in SBA, more abundant in CMA, intercalary or terminal, off-white en masse, hyaline, smooth to rough, irregularly warty. Aleurioconidia obovoid to subglobose, occasionally pyriform or clavate, with a broad truncate basal scar, 3.4–5.6 × 2.3–3.3 μm (av = 4.2 × 2.8 μm, n = 50), in conidiophores separated by connective cells; intercalary conidia similar to arthroconidia in shape and size. Arthroconidia intercalary subglobose to elongate and barrel-shaped, 3.4–6.8 × 1.3–3.1 μm (av = 4.7 × 2.1 μm, n = 50), separated by connective cells that undergo rhexolysis, occasionally bearing sessile conidia; arthroconidia formed in hyphal junctions are L- or boot-shaped. Ascomata absent.

Culture characteristics: On OA, colonies reach 48 mm in diameter after 28 days at 15°C, irregular, partially serrated, slightly raised, floccose, grayish, white at the outermost part of the colony, margin white and filiform, abundant exudates in the form of transparent, cinnamon-color droplets of large size, diffusible pigments absent; reverse brown. On CMA, colonies reach 44 mm in diameter after 28 days at 15°C, filamentous, appressed, colorless to whitish, consisting of immersed, hyaline and somewhat shiny hyphae, diffusible pigments and/or exudates absent; reverse colorless. On SBA, colonies reach 44 mm in diameter after 28 days at 15°C, irregular, raised, velvety, with radial grooves, white to beige, filamentous margin, exudates in the form of transparent, cinnamon-color droplets, diffusible pigments not observed; reverse brown. Growth occurs in a range of temperatures on OA, CMA, and SBA. Optimum growth was observed at 15 and 20°C, and more reduced growth was observed at 5 and 25°C. No growth was observed at 37°C.

GenBank accession numbers: ITS = MN417287, LSU = MN417284, MCM7 = MN432491, TEF1-α = MN418133, RPB2 = MN418137.

Notes: P. australis was placed as a member of clade B (Figure 1). Clade B is composed of seven taxa: P. shaaxiensis (Zhang et al., 2020) and six other strains that remain unidentified species (RMFC101, 14PA06, 20KY12, 04NY17A, 24MN06, and 11MA08) (Minnis and Lindner, 2013). Phylogenetic analysis clearly shows that P. australis forms a distinct lineage with strong support (Figure 1). P. australis can be differentiated from P. shaaxiensis by the size and shape of intercalary conidia (4.7 × 2.1 μm, subglobose to elongate and barrel-shaped vs. 3.5 × 3.0 μm, subglobose, pyriform, or irregularly shaped, respectively). In addition, conidia of P. australis may have warts, while conidia of P. shaaxiensis are smooth. On the other hand, P. australis has fertile hyphae that break into chains of arthroconidia, while P. shaaxiensis lacks arthroconidia. Finally, phylogenetic analysis suggested that P. australis and the novel species P. griseus (see below) are related (Figure 1). However, they can be distinguished based on several morphological characteristics, which are detailed in the protologue of P. griseus (see below).



Pseudogymnoascus griseus Vaca & R. Chávez, sp. nov.

MycoBank number: MB 838969 (Figures 6, 7).


[image: image]

FIGURE 6. Colony morphology of Pseudogymnoascus griseus sp. nov. grown on OA, SBA, and CMA media at 5, 15, 20, and 25°C after 28 days of incubation.
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FIGURE 7. Microscopic analysis of Pseudogymnoascus griseus sp. nov. Conidium (A); Chain of arthroconidia (B,C); Conidiophore (D); Fertile hyphae bearing arthroconidia and aleurioconidia sessile or stalked (E); Lonely stalked aleurioconidia (F). In panels (A,B), the structures were observed using transmission electron microscopy, while in panels (C–F), light microscopy was used. Scale bars = 200 nm (A), 2 μm (B), and 10 μm (C–F).


Etymology: The name refers to the gray coloration of the colonies and conidia of this fungus.

Typus: Antarctica, South Shetland archipelago, King George Island, Fildes Bay, from a marine sponge, 7 Dic. 2009, I. Vaca F09-T18-14 (holotype CHFC-EA 568, stored in a metabolically inactive state in Chilean Fungal Collection).

Description: Hyphae forming bundles with two to eight hyphae oriented in parallel, branched, septate, hyaline, smooth, 1.6–2.3 μm wide. Some lateral hyphae end in short chains of arthroconidia, lonely aleurioconidia on fertile hyphae, sessile, or stalked. Conidiophores abundant, erect or geniculated, hyaline, smooth, arising laterally from the hyphae, usually bearing verticils of two to four branches arising from the stipe at an acute angle. Conidia abundant in SBA and CMA, intercalary or terminal, gray to olive green, hyaline, verrucose. Aleurioconidia obovoid to subglobose, occasionally clavate, with broad truncate basal scar, 3.1–4.8 × 2.0–4.0 μm (av = 3.8 × 2.8 μm, n = 50), in conidiophores separated by connective cells. Intercalary conidia are similar to arthroconidia in shape and size. Arthroconidia intercalary, subglobose to elongate, and barrel-shaped, 3.5–9.6 × 1.7–3.9 μm (av = 5.7 × 2.7 μm, n = 50), separated by connective cells that undergo rhexolysis, some adhering in pairs. Ascomata absent.

Culture characteristics: On OA, colonies reach 40 mm in diameter after 28 days at 15°C, round, slightly irregular, raised, floccose, gray, white at the center and the outermost part of the colony, margin white and filiform, abundant exudates in the form of transparent droplets of large size, diffusible pigments not observed; reverse gray. On CMA, colonies reach 45 mm in diameter after 28 days at 15°C, filamentous, flat, consisting of immersed and hyaline hyphae, cottony and white at the center, small spots of cottony aerial mycelium emerging in the outermost part of the colony, exudate transparent and scarce, diffusible pigments absent; reverse beige. On SBA, colonies reach 42 mm in diameter after 28 days at 15°C, irregular, raised, floccose, smooth at the center, with radially and cerebriform grooves, beige to yellow and gray, notoriously gray into the grooves, margin irregular and filiform, exudate transparent at the center, diffusible pigments absent; reverse brown. Growth occurs in a range of temperatures on OA, CMA, and SBA. Optimum growth was observed at 15 and 20°C, and more reduced growth was observed at 5 and 25°C. No growth was observed at 37°C.

GenBank accession numbers: ITS = MN417288, LSU = MN417285, MCM7 = MN432492, TEF1-α = MN418134, RPB2 = MN418138.

Notes: P. griseus is phylogenetically related to P. australis; however, the two species are separated with strong bootstrap support (Figure 1). In addition, they are distinguished by the appearance of the colonies on SBA: colonies of P. griseus are floccose, gray, and produce transparent exudates, while colonies of P. australis are velvety, white to beige, and produce cinnamon-color exudates. P. griseus and P. australis also differ in the color, ornamentation, and size of conidia. Conidia from P. griseus are gray to olive green and verrucose, while conidia from P. australis are smooth to irregularly warty and off-white en masse. Aleurioconidia of P. griseus are smaller than those of P. australis (3.8 × 2.8 μm vs. 4.2 × 2.8 μm); in contrast, arthroconidia of P. griseus are larger than those of P. australis (5.7 × 2.7 vs. 4.7 × 2.1 μm). With respect to P. shaaxiensis (Zhang et al., 2020), P. griseus can be differentiated by its gray, verrucose, subglobose to elongate, and barrel-shaped intercalary conidia (the intercalary conidia of P. shaaxiensis are colorless, smooth, subglobose, pyriform, or irregularly shaped). Another important difference is that P. shaaxiensis lacks chains of arthroconidia, which are abundant in P. griseus.



Pseudogymnoascus lanuginosus Vaca & R. Chávez, sp. nov.

MycoBank number: MB 838970 (Figures 8, 9).
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FIGURE 8. Colony morphology of Pseudogymnoascus lanuginosus sp. nov. grown on OA, SBA, and CMA media at 5, 15, 20, and 25°C after 28 days of incubation. The cracked agar observed in SBA at 25°C was not produced by a technical pitfall, but was produced by the growth of the fungus. Apparently, under these conditions, the fungus extracts most moisture, contracts agar, and cracks it. This was always observed in this medium at this temperature.
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FIGURE 9. Microscopic analysis of Pseudogymnoascus lanuginosus sp. nov. Conidia (A,B,C); Chain of arthroconidia (D); Fertile hyphae bearing arthroconidia and aleurioconidia, sessile, or stalked (E); Stalked aleurioconidia (F); Conidiophore (G). In panels (A,B), the structures were observed using transmission electron microscopy, while in panels (C–G), light microscopy was used. Scale bars = 200 nm (A), 1 μm (B), and 10 μm (C–G).


Etymology: The name refers to the woolly appearance of the colonies.

Typus: Antarctica, South Shetland archipelago, King George Island, Fildes Bay, from a marine sponge, 7 Dic. 2009, I. Vaca F09-T18-27 (holotype CHFC-EA 570, stored in a metabolically inactive state in Chilean Fungal Collection).

Description: Hyphae forming abundant bundles with three to eight hyphae oriented in parallel, branched, septate, hyaline, smooth, 0.9–1.4 μm wide. Spiral hyphae are usually found. Fertile hyphae bearing arthroconidia and/or aleurioconidia, sessile, or stalked. Conidiophores sparse, solitary, sometimes minimally differentiated from hyphae, hyaline, smooth, arising from the hyphae erect or geniculated, usually bearing verticils of two to four branches at an acute angle. Conidia absent in SBA, abundant in CMA, intercalary or terminal, variable in size and shape, off-white en masse, hyaline, tuberculate, sparsely ornamented with minute warts; preponderance of intercalary arthroconidia. Aleurioconidia clavate, occasionally obovoid to subglobose, with the apex rounded and broad truncate basal scar, 2.2–5.3 × 2.1–3.1 μm (av = 4.3 × 2.6 μm, n = 50). Intercalary conidia are similar to arthroconidia in shape and size. Arthroconidia intercalary, barrel-shaped or cylindrical, 4.9 –14.5 × 1.4–2.3 μm (av = 8.6 × 1.7 μm, n = 50), separated by connective cells that undergo rhexolysis; occasionally bearing sessile conidia; arthroconidia formed in hyphae junctions are L- or boot-shaped. Ascomata absent.

Culture characteristics: On OA, colonies reach 45 mm in diameter after 28 days at 15°C, irregular, raised, aerial mycelium abundant, appearing as woolly tufts, pale pink to brown, margin white and filamentous, abundant exudates in the form of droplets of cinnamon or brick-red color, diffusible pigments absent; reverse brown. On CMA, colonies reach 45 mm in diameter after 28 days at 15°C, round, flat, cottony, white, consisting of immersed and hyaline hyphae, exudates and diffusible pigments absent; reverse white. On SBA, colonies reach 45 mm in diameter after 28 days at 15°C, round, raised, aerial mycelium abundant, appearing as woolly tufts, surface with concentric circles brown, beige, and white (from center to edge), margin entire and filamentous, exudates absent, soluble pigment cinnamon; reverse brown in center, white in outer region. Growth occurs in a range of temperatures on OA, CMA, and SBA. Optimum growth was observed at 15 and 20°C, and more reduced growth was observed at 5 and 25°C. No growth was observed at 37°C.

GenBank accession numbers: ITS = MN417286, LSU = MN417283, MCM7 = MN418139, TEF1-α = MN418132, RPB2 = MN418136.

Notes: P. lanuginosus was placed as the most basal member of clade E (Figure 1). Clade E is composed of four strains that remain unidentified species (01NH08, 04NY16, 24MN13, and VKM F-103) (Minnis and Lindner, 2013; Leushkin et al., 2015) and P. verrucosus (Rice and Currah, 2006). Phylogenetic analysis clearly shows that P. lanuginosus forms a distinct lineage with strong support (Figure 1). P. lanuginosus can be differentiated from P. verrucosus by the absence of ascomata, the woolly appearance and the pink coloration of its colonies on OA, and its more elongated arthroconidia (8.6 × 1.7 μm vs. 2.5–5 × 2–3 μm).




DISCUSSION

Pseudogymnoascus is a fungal genus frequently found in terrestrial and marine samples collected in Antarctica (Santiago et al., 2015; Gomes et al., 2018; Rosa et al., 2019; Carvalho et al., 2020; Ogaki et al., 2020a,b; Rosa et al., 2020). Most of the Pseudogymnoascus isolates obtained from these samples have not been identified to the species level. To date, novel species of Pseudogymnoascus of Antarctic origin have not been described. Hence, the four new species P. antarcticus, P. australis, P. griseus, and P. lanuginosus described in this work represent the first four species of Pseudogymnoascus from Antarctica and the Southern Hemisphere.

The new species were characterized through phylogenetic and morphological analyses. The phylogenetic analyses support the placement of P. australis and P. griseus as members of clade B of Pseudogymnoascus, which also includes P. shaaxiensis, the only species thus far described within this clade (Figure 1). The three species share the absence of ascomata as a common characteristic, suggesting, in principle, that clade B could harbor strains of Pseudogymnoascus that do not present sexual structures. An analysis of the sexual development of additional strains of this clade is required to confirm this hypothesis. Concerning ecological characteristics, all of the current members of clade B were isolated from soil samples from different origins: bat hibernacula soil in the eastern United States (strains 14PA06, 20KY12, 04NY17A, 24MN06, and 11MA08; Lorch et al., 2013), desert grassland soil in Utah (RMFC101; Minnis and Lindner, 2013) and epiphytic soil in China (P. shaaxiensis; Zhang et al., 2020). In contrast, P. australis and P. griseus were obtained from Antarctic marine sponges. As a member of class Leotiomycetes, Pseudogymnoascus is expected to have a worldwide distribution in diverse environments, including soil, fresh and marine water, or air (Johnston et al., 2019). Therefore, the placement of P. australis and P. griseus in clade B suggests that the diversity currently represented in clade B would be only a small fraction of the total diversity of Pseudogymnoascus of this clade.

Pseudogymnoascus lanuginosus was placed as a member of clade E of Pseudogymnoascus. This clade also includes strains 01NH08, 04NY16, 24MN13, and VKM F-103, and the species P. verrucosus (Rice and Currah, 2006; Minnis and Lindner, 2013; Leushkin et al., 2015). Unlike P. lanuginosus, P. verrucosus produces ascomata (Rice and Currah, 2006), indicating that clade E could harbor species of Pseudogymnoascus that do or do not produce sexual structures. This is in agreement with previous observations by Minnis and Lindner (2013), who noted that P. destructans, a species where the sexual stage has not been observed, was placed among a number of lineages with known sexual stages. Regarding the ecological origin of strains within clade E, P. verrucosus was isolated from a brown-rotted black spruce wood found in a Sphagnum bog in the southern boreal forest of western Canada (Rice and Currah, 2006), strain VKM F-103 was isolated from soil in New York, United States (Leushkin et al., 2015), and strains 01NH08, 04NY16, and 24MN13 were isolated from bat hibernacula soil in the eastern United States (Lorch et al., 2013). Therefore, clade E harbors a diverse group of Pseudogymnoascus that includes wood-degrading fungi, soil fungi, and fungi associated with marine sponges.

Finally, the phylogenetic position of P. antarcticus shows that this species represents an independent lineage, which is related to clade I. This clade includes three strains (18VA12, 18VA13, and 15PA11) isolated from bat hibernacula soil in the eastern United States (Lorch et al., 2013), and strain VKM F-4246 isolated from coniferous litter in Selenge Aimag, Mongolia (Leushkin et al., 2015), which remain undescribed species. Thus, the diversity of Pseudogymnoascus currently represented in clade I is limited and an analysis of additional strains is required to reveal the total diversity of this clade.

It is interesting to note that none of the new species described in this work present sexual structures. In Ascomycota, sexual reproduction is often difficult to detect under laboratory conditions (Ni et al., 2011). In the case of Pseudogymnoascus, some species produce sexual structures (Rice and Currah, 2006; Crous et al., 2019; Crous et al., 2020). However, a significant number of strains of Pseudogymnoascus, including some accepted species, have not shown evidence of sexual reproduction (Chatuverdi et al., 2010; Leushkin et al., 2015; Zhang et al., 2020).

Asexual structures of the new species usually consist of conidiophores bearing intercalary and terminal conidia, lonely aleurioconidia, and chains of arthroconidia. Conidiophores bearing intercalary and terminal conidia are a general characteristic observed in several species of Pseudogymnoascus. In contrast, chains of arthroconidia have been previously observed only in P. appendiculatus (Rice and Currah, 2006) and P. destructans (Gargas et al., 2009). Most Pseudogymnoascus species have hyaline or white to off-white conidia en masse. Thus, the gray to olive green conidia observed in the new species P. griseus are a singular characteristic that has not previously been reported in other species of the genus. P. lanuginosus can be easily distinguished by its larger arthroconidia. Finally, P. antarcticus grows at 37°C, a physiological characteristic that has only been reported before for P. caucasicus (Cejp and Milko, 1966).

More research is necessary to achieve a full picture of the taxonomy of Pseudogymnoascus of Antarctic origin. In this context, our findings represent a first step, opening the opportunity for the description of additional new species of Pseudogymnoascus by other researchers working on fungi from Antarctica.



AUTHOR’S NOTE

While this manuscript was in review, Zhang et al. (2021) reported other four new species of Pseudogymnoascus, isolated from soil in China (P. catenatus, P. fujianensis, P. yunnanensis, and P. zhejiangensis). Our species are different to those described in the paper of Zhang et al. (2021).
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Sponge-associated microorganisms are essential for sponge survival. They play an important role in recycling nutrients and, therefore, in the maintenance of the ecosystem. These microorganisms are diverse, species-specific, and different from those in the surrounding seawater. Bacterial sponge symbionts have been extensively studied in the tropics; however, little is known about these microorganisms in sponges from high-latitude environments. Sponges can cover up to 80% of the benthos in Antarctica and are crucial architects for the marine food web. In this study, we present analyses of the bacterial symbionts of three sponges: Haliclona (Rhizoniera) sp., Hymeniacidon torquata, and Isodictya kerguelenensis from the Western Antarctic Peninsula (WAP) with the aim to determine variations on the specificity of the bacteria–sponge interactions and potential signatures on their predicted functional profiles. We use high-throughput 16S rRNA gene sequencing of 30 sponge individuals inhabiting South Bay (Palmer Archipelago, WAP) to describe their microbiome taxonomy and diversity and predict potential functional profiles based on this marker gene. Our work shows similar bacterial community composition profiles among the same sponge species, although the symbiotic relationship is not equally conserved among the three Antarctic sponges. The number of species-specific core operational taxonomic units (OTUs) of these Antarctic sponges was low, with important differences between the total abundance accounted for these OTUs. Only eight OTUs were shared between the three sponge species. Analyses of the functional potential revealed that despite the high host–symbiont specificity, the inferred functions are conserved among these microbiomes, although with differences in the abundance of specific functions. H. torquata showed the highest level of intra-specificity and a higher potential of pathways related to energy metabolism, metabolisms of terpenoids and polyketides, and biosynthesis of other secondary metabolites. Overall, this work shows variations in the specificity of the sponge-associated bacterial communities, differences in how hosts and symbionts establish their relations, and in their potential functional capabilities.

Keywords: Antarctic sponges, symbiosis, high-throughput sequencing, 16S rRNA gene, microbiome, host specificity, functional potential, secondary metabolites


INTRODUCTION

Sponges are sessile and filter-feeding metazoan, which host a great number and diversity of microorganisms from the three domains of life in a symbiotic relation. These microorganisms enhance the host fitness and survival; they contribute to the sponge energy requirements through nitrogen fixation and photosynthesis and defend against predators and epibionts by synthesizing secondary metabolites (Webster and Taylor, 2012; Webster and Thomas, 2016). Sponges and their associated microorganisms are considered holobionts, which give the sponge the characteristic of an ecosystem capable of resilience to environmental perturbations (Pita et al., 2018). Sponge holobionts are fundamental for the maintenance of the food web, and they circulate dissolved organic matter through the sponge loop, participate in the nitrogen and phosphorus biogeochemical cycling, and fulfill important roles for the benthopelagic coupling due to their high filtering capacity (Bell, 2008; Fiore et al., 2010, 2015; De Goeij et al., 2013; Zhang et al., 2015).

Sponges are classified as “high microbial abundance” (HMA), which can host up to 109 cells/cm3, or “low microbial abundance” (LMA), hosting 105 to 106 cells/cm3, based on the number of bacterial cells associated with them (Webster and Thomas, 2016). Despite this binary classification, the symbiotic relation is not equally complex across sponge species and is mainly shaped by environmental factors and the host phylogeny (Thomas et al., 2016). Moreover, multiple ecological and evolutionary processes acting both within host and among microbes could also modulate host–microbiome interactions (Adair and Douglas, 2017). The relationship between sponges and their bacterial symbionts is species specific and acquired via vertical transmission (Hentschel et al., 2002; Schmitt et al., 2008). However, sponges contain a common set of functional genes even in distantly related sponges (Burke et al., 2011; Ribes et al., 2012). The high degree of host specificity (Taylor et al., 2004; Thiel et al., 2007; Hardoim and Costa, 2014; Reveillaud et al., 2014) relies on molecular signatures that allow symbiotic lifestyle (Gao et al., 2014; Zhang et al., 2019). However, recent studies have shown that HMA sponges host more similar bacterial symbionts and a higher degree of diversity and evenness in their composition than LMA sponges (Erwin et al., 2015; Turon et al., 2018).

Furthermore, it has been observed that the processes behind vertical transmission in sponges are both neutral and selective (Björk et al., 2019). This means that a set of symbionts is transmitted from parents to larvae and that there is also a selection over this transmission. Altogether, these studies demonstrate that the acquisition process of bacterial symbionts by sponges is more complex than initially thought and that the establishment of the symbiotic relationship depends on multiple factors.

Despite the great importance of sponges in the Antarctic benthos, with ∼390 species described (Downey et al., 2012), and the pivotal role sponge microorganisms play for sponges, there are only a few studies about microbial symbionts in Antarctic sponges using high-throughput molecular approaches (Rodríguez-Marconi et al., 2015; Cárdenas et al., 2018, 2019; Savoca et al., 2019; Steinert et al., 2019; Sacristán-Soriano et al., 2020; Moreno-Pino et al., 2021). These studies revealed some particularities of sponge symbionts in this environment, such as the absence of Cyanobacteria and Poribacteria, bacterial phyla typically identified in tropical sponges, and the dominance of Proteobacteria (mainly alpha and gamma) and Bacteroidetes (Rodríguez-Marconi et al., 2015; Cárdenas et al., 2018, 2019). In addition, it also confirmed the high degree of host specificity in this environment (Sacristán-Soriano et al., 2020). Studies using culture-dependent approaches in sponges from the Ross Sea and the Western Antarctic Peninsula (WAP) confirmed the presence of Gammaproteobacteria as the dominant bacterial class while also supporting the hypothesis of microbial selection through filtering in these sponges (Savoca et al., 2019; Moreno-Pino et al., 2021). Furthermore, carbon, nitrogen, sulfur, and phosphorus cycling was detected in two abundant sponges from the WAP—Leucetta antarctica and Myxilla sp.—including the presence of pathways for light-independent carbon fixation mediated by chemoautotrophic microorganisms (Moreno-Pino et al., 2020). These findings suggest that the sponge microbiome plays an essential role in the host survival in this environment.

In this study, we present the analysis of the bacterial symbionts of three sponge species (Haliclona (Rhizoniera) sp., Hymeniacidon torquata, and Isodictya kerguelenensis) from the WAP to understand their intra- and inter-species microbiome variability. To determine whether variability in community composition within and between the sponge species is maintained at the functional level, we infer their functional potential profiles, focusing on energy metabolism and biosynthesis of secondary metabolites. We included several replicates of each sponge species to prove that the relationship between the sponge microbiome and host species is not equally conserved among different Antarctic sponges.



METHODOLOGY


Sample Collection

Sponge individuals of three Demospongiae species were collected from Cape Kemp at Doumer Island, Western Antarctic Peninsula (64°51′58.6″S, 63°37′46.7″W) during the Austral summer of 2016. Ten individuals of Haliclona (Rhizoniera) sp. (order Haplosclerida, family Chalinidae), 15 individuals of H. torquata (order Suberitida, family Halichondriida), and five individuals of I. kerguelenensis (order Poecilosclerida, family Isodictyidae) were selected for the analyses. All three are common sponge species in this study area (Fernandez et al., 2020). Sponge samples were collected by SCUBA divers between 10 and 20 m depth. Seawater temperature ranged from 0.6 to 1.1°C. See Supplementary Table 1 for detailed sponge sample information, each sponge individual used in this study was identified with an R (for replicate) followed by a number. Sponge samples were kept individually in plastic bags containing natural seawater at 4°C until processing within a few hours after the collection.



Sponge Treatment and DNA Extraction

Each sponge individual was rinsed three times with sterilized seawater, carefully cleaned under a stereomicroscope to remove dirt and ectoparasites, and stored with RNA later at 4°C for 24 h and then at −20°C until processing. Triplicate tissue samples of ∼0.5 cm2 were extracted with a sterile scalpel blade from each sponge sample. The microbial community associated with the sponge was separated according to the protocol of Rodríguez-Marconi et al. (2015). DNA from the microbial community was extracted using the PowerSoil DNA Isolation Kit (MOBIO).



High-Throughput Ribosomal Gene Sequencing

We amplify the hypervariable region V4 of 16S rRNA for high-throughput ribosomal gene sequencing, using F515 (GTGYCAGCMGCCGCGGTAA) and R806 (GGACTACHVGGGTWTCTAAT) primer pair (Caporaso et al., 2011). Three independent PCR amplicons were generated for each sponge individual. PCR reactions were performed in 35-μl final volume with Taq buffer 1 × final concentration, 2 nM of MgCl2, 0.3 nM of dNTPs, 0.3 μM of each primer, 2.5 units of GoTaq Flexi DNA Polymerase (Promega), and 1–6 ng of template DNA. Amplification conditions were 10 min of initial denaturation at 94°C, 28 cycles of 94°C for 30 s, 55°C for 1 min, and 72°C for 1.5 min, followed by a final extension of 72°C for 10 min. Illumina primer constructs were obtained from the Earth Microbiome Project (Gilbert et al., 2014). The three amplicons generated from the same sponge sample were combined and quantified using a standard qPCR assay using a Library Quant Kit Illumina (Kapa) according to manufacturer instructions. Finally, these combined amplicons were equimolarly pooled and sequenced using Illumina MiSeq following the protocol of Caporaso et al. (2011) and a 300-cycle Illumina MiSeq kit.



Sequencing Data Analysis

Data analysis was performed using Mothur software v.1.38.1 (Schloss et al., 2009). Initial reads were assembled using the function make.contigs. Reads were cleaned by removing primer sequences using Cutadapt software. Sequences less than 252 bp and with homopolymers longer than 8 and maximum ambiguous longer than 0 were removed using screen.seqs. Singleton reads were removed using split.abund with a cutoff of 1. The alignment was performed using a customized database from the recreated SILVA SEED database v132 for archaea and bacteria using a threshold of 0.8. Chimera detection and removal were carried out using chimera.uchime. Sequences with <10 reads were discarded from further analysis. Operational taxonomic units (OTUs) were built at 97% similarity with the furthest neighbor algorithm implemented by Mothur and assigned using Greengenes database gg_13_5_99. Sequences were filtered using remove.lineage for chloroplast, mitochondria, and unknown and unclassified taxa at the class level. Taxonomic assignments of OTUs representing 70% of relative abundance were confirmed using the NCBI database version 231 (March 05, 2019).

Microbiome analysis was conducted using Phyloseq (McMurdie and Holmes, 2013). Reads by sample were normalized using median sequencing depth. Taxonomy plots and unconstrained principal component analysis (PCA) were done at the order level using MicroViz (Barnett et al., 2021), and taxa were center log-transformed using the function clr. Shannon diversity index was determined using Mothur. Sponge core OTUs were determined based on a 100% threshold, meaning that only OTUs present in all individuals from the same sponge species were considered core. “Species-specific core OTUs” were defined as OTUs present in all individuals of the same sponge species, while “shared core OTUs” are core OTUs present in all individuals of all sponge species. Upset plots were done in R using the UpSetR package. To determine differences among community composition between sponge species, a non-parametric PERMANOVA (NPMANOVA) was performed using PAST version 2.17c with OTUs that represent 90% of the abundance as variable and 9,999 permutations. In addition, one-way ANOVA and Tukey’s honestly significant difference (HSD) were done in R using the function aov and TukeyHSD.



Prediction of Sponge Microbiome Functional Potential

The functional potential in the sponge microbiomes was predicted using Phylogenetic Investigation of Communities by Reconstruction of Unobserved States (PICRUSt) according to Hutlab Galaxy version 1.0.0 (Langille et al., 2013). PICRUSt analysis determines predicted KEGG functional categories using the 16S rRNA gene abundances among microbial communities and representative public genome information. In addition, the nearest sequenced taxon index (NSTI), a value that expresses the availability of representative genomes for each sample, was determined as quality control.

Functions were predicted until KEGG pathway hierarchy level 3, corresponding to 326 KEGG orthologs distributed in five categories: cellular processes, environmental information processing, genetic information processing, organismal systems, and metabolism. We focus on the metabolism category, which has 12 sub-categories. We look deeper into energy metabolism, metabolisms of terpenoids and polyketides, and biosynthesis of other secondary metabolites.




RESULTS


Diversity Patterns in Antarctic Sponge Microbiomes

The analysis of the sponge microbiomes yielded an average of 8,211 ± 7,508 sequences per sponge individual and a total of 359 different OTUs. Among observed OTUs per sponge individual, I. kerguelenensis had an average of 145 ± 64. H. torquata had an average of 126 ± 50, while Haliclona (Rhizoniera) sp. had an average of 111 ± 50 OTUs (Figure 1).
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FIGURE 1. Richness and diversity patterns of Antarctic sponge-associated bacteria. Histograms at the top and right-hand side of the plot show the distribution of observed operational taxonomic units (OTUs) and Shannon index, respectively, for the individuals of the three sponge species.


Mean Shannon index values were 2.1 ± 0.7 in H. torquata, 2.4 ± 1.2 in Haliclona (Rhizoniera) sp., and 3.43 ± 0.5 in I. kerguelenensis. ANOVA based on the Shannon index showed significant differences between sponge species (F = 3.48, p < 0.05). Differences between sponge species using the Tukey’s HSD test showed the only two species with significant differences for the Shannon index were H. torquata and I. kerguelenensis (confidence interval: 0.07–2.33, p = 0.04).



Community Composition Patterns in Antarctic Sponge Microbiomes

The taxonomic characterization of the Antarctic sponge bacterial symbionts revealed the presence of 11 different phyla (Supplementary Table 2), with Gammaproteobacteria, Flavobacteriia, and Cytophagia as dominant classes. Individuals R1, R3, and R9 of Haliclona (Rhizoniera) sp. showed a higher abundance of Oceanospirillales (more than 75%). At the same time, R10, R2, R4, R5, and R8 had a higher presence of Flavobacteriales and, in the case of R10, a higher dominance of Thiotrichales (Figure 2). R5 and R12 showed ∼25% of Vibrionales, while R4 was the only individual with a high abundance of Actinomycetales. Among the 15 individuals of H. torquata, the microbial community was overall dominated by Cytophagales with R5 and R10 also presenting a high abundance of Oceanospirillales, while R4 had a higher presence of Alteromonadales. Individuals of I. kerguelenensis showed a taxonomic composition characterized by Flavobacteriales and Alteromonadales in similar abundance across individuals. Cytophagales were higher in R4, while other main taxa (Rhodobacterales, Vibrionales, and Oceanospirillales) were overall even across individuals.
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FIGURE 2. Bacterial composition of the microbiome of the Antarctic sponges Haliclona (Rhizoniera) sp., Hymeniacidon torquata, and Isodictya kerguelenensis, at order level. R followed by a number represents the individual from each sponge species. The color legend shows the 12 most abundant bacterial orders.


Unconstrained PCA showed that the bacterial community composition of I. kerguelenensis was similar with both H. torquata and Haliclona (Rhizoniera) sp., while individuals of H. torquata showed the highest similarity between them (Figure 3). Among the main bacterial orders shaping differences in the community, Cytophagales and Bdellovibrionales were the main taxa for H. torquata. Individuals of H. torquata, R1, R2, R3, and R4 were more similar to R1, R3, R9, and R12 of Haliclona (Rhizoniera) sp. due to the presence of Bacillales. Individuals of I. kerguelenensis cluster with H. torquata (R3 and R4) and with Haliclona (Rhizoniera) sp. (R1, R2, and R5), and their community is defined by a broader range of taxa. A detailed community composition at family and genus levels showed Polaribacter sp. and Rhodobacteraceae were similarly present among the three sponge species. At the same time, rare taxa (less than 1% of relative abundance) represent 28% of the microbiome of I. kerguelenensis, 19% of Haliclona (Rhizoniera) sp., and 12% of H. torquata (Supplementary Figure 1).
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FIGURE 3. Ordination plot derived from unconstrained principal component analysis (PCA) of sponge-associated bacterial communities. R followed by a number on top of the colored dots represents the individual from each sponge species. The ordination includes the 12 bacterial orders with the highest significance to the microbiome variation between sponge individuals. The strength of the contribution is represented by the length of the arrow.


Differences in community composition of bacterial symbionts from these Antarctic sponges, determined by NPMANOVA (Supplementary Table 3), indicated H. torquata as the only species with a significant difference in OTU abundance profiles (p-value = 0.0001 for H. torquata–Haliclona (Rhizoniera) sp. and p-value = 0.0004 for H. torquata–I. kerguelenensis).



Sponge Core Bacterial Community

The “sponge core” microbiome was composed of 18 OTUs for Haliclona (Rhizoniera) sp., 15 for H. torquata, and 23 for I. kerguelenensis (Figure 4), representing 63, 80, and 46% of the total abundance, respectively. Among the sponge core OTUs, we identified eight OTUs shared across all sponge species (shared core OTUs). These OTUs corresponded to the orders Thiotrichales (OTU0008), Oceanospirillales (OTU0011 and OTU0027), Flavobacteriales (OTU0012), Rhodobacterales (OTU0016, OTU0020, and OTU0026), and Alteromonadales (OTU0028). However, the total abundance of these shared core OTUs was different between the three sponge species, with I. kerguelenensis showing the more abundant “shared core” community (28%) in comparison with Haliclona (Rhizoniera) sp. (22%) and H. torquata (11%).
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FIGURE 4. Upset plot showing the number of shared OTUs and representing the sponge core community. Percentages indicate the average contribution of those core OTUs to the microbial community relative abundance.


Isodictya kerguelenensis had the higher number of species-specific core OTUs, with seven OTUs present across all individuals but representing only 7% of the symbionts’ relative abundance, while H. torquata had five OTUs representing 69% and Haliclona (Rhizoniera) sp. three OTUs corresponding to 34% of the sponge microbial community (details on Supplementary Table 4). The species-specific core bacterial community of Haliclona (Rhizoniera) sp. was composed of Oceanospirillales (OTU003), Actinomycetales (OTU0023), and Alteromonadales (OTU0077). In the case of H. torquata, it consisted of Cytophagales (OTU0001), Flavobacteriales (OTU0006), Oceanospirillales (OTU0007), Alteromonadales (OTU0010), and Rhodobacterales (OTU0065). For I. kerguelenensis, this community was composed by Alteromonadales (OTU0025 and OTU123), Flavobacteriales (OTU0031, OTU0056, OTU0113, and OTU0115), Thiotrichales (OTU0030), and Legionellales (OTU0159). Detailed OTU taxonomic assignment is available in Supplementary Table 5.



Functional Potential of Bacterial Communities Associated With Antarctic Sponges

We screened the functional potential of the bacterial symbionts from the three Antarctic sponge species analyzed in this study to understand if the variability at the community composition within and between sponge species was maintained at the functional level. The microbiome of the three sponges showed a conserved functional potential with subtle differences in gene copy number of pathways related to energy metabolism, metabolisms of terpenoids and polyketides, and biosynthesis of other secondary metabolites (Figure 5). The NSTI, a value that expresses the availability of representative genomes for each microbiome, was similar between sponge species: 0.12 ± 0.028 for Haliclona (Rhizoniera) sp., 0.15 ± 0.002 for H. torquata, and 0.11 ± 0.03 for I. kerguelenensis.
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FIGURE 5. Average gene copy number predicted for each sponge species microbiome for pathways related to energy metabolism, metabolisms of terpenoids and polyketides, and biosynthesis of other secondary metabolites.


Hymeniacidon torquata had the bacterial microbiome with the highest gene copy number of predicted functions related to metabolisms. In contrast, bacteria associated with Haliclona (Rhizoniera) sp. showed fewer gene copies involved in these functions. Specific predicted pathways involving energy metabolism (potential for nitrogen, sulfur, and methane metabolisms) also showed differences between species (Supplementary Table 6). The microbiome of H. torquata had the highest potential (referred here as higher gene copy number) for nitrogen metabolism (260 ± 56) and sulfur metabolism (180 ± 39).




DISCUSSION

In this study, we used 16S rRNA gene sequencing to study variations in the specificity of bacterial communities associated with three common sponge species from the WAP: Haliclona (Rhizoniera) sp., H. torquata, and I. kerguelenensis. We used a relatively high number of individuals per sponge species (10, 15, and 5, respectively) compared to previous studies on Antarctic sponges, allowing us to better resolve the specific traits representing each sponge microbiome.

Microbiome specificity in sponges, i.e., vertical microbiome transmission, has been extensively discussed, mainly regarding HMA and LMA sponges (Gloeckner et al., 2014; Erwin et al., 2015; De Mares et al., 2017; Moitinho-Silva et al., 2017). In most cases, LMA sponges are characterized by stable communities dominated by a few taxa, high temporal stability, and a higher degree of host specificity than HMA species (Erwin et al., 2015; Cárdenas et al., 2019). In this way, the community patterns detected in Haliclona (Rhizoniera) sp., H. torquata, and I. kerguelenensis, while agreeing with the microbiome inter-specificity of an LMA sponge (Rodríguez-Marconi et al., 2015; Cárdenas et al., 2018), still suggest intra-specific variations but with different degrees of specificity depending on the sponge species.

The differences observed in richness and diversity across sponge species suggest different contribution levels of less abundant OTUs over the microbiome of I. kerguelenensis and Haliclona (Rhizoniera) sp. Overall, the low OTU diversity observed in H. torquata is in accordance with previous studies on other Antarctic sponge species (Sacristán-Soriano et al., 2020). These observations also relate to unconstrained PCA results, which showed individuals of H. torquata clustering closer together and being defined by a narrowed community dominated by Bdellovibrionales and Cytophagales. Contrarily, Haliclona (Rhizoniera) sp. and I. kerguelenensis are structured by a greater repertoire of different taxa, some of them in low abundance. We also observed a dominance and co-occurrence of Bdellovibrionales, a predatory bacteria that help with the host energy requirements under low-nutrient conditions (Martínez et al., 2013; Welsh et al., 2016), and Cytophagales, a common gliding bacteria, on the microbiome of H. torquata. This trend has also been observed on coral microbiomes (Welsh et al., 2016), suggesting a common marine symbiotic relationship. These profiles suggest intra-specific differences in the microbiome across sponge species.

Hymeniacidon torquata displays the highest degree of specificity over their bacterial symbiotic community, with a core community representing 69% of the microbial abundance and corresponding only to five OTUs. This result suggest a lower degree of community acquisition from the surrounding seawater and, therefore, a reduced presence of transient bacteria. A similar analysis of 37 sponge species from different sites around the world oceans, but without including Antarctica, found that more than half of the detected OTUs were present only in a single sponge species (Schmitt et al., 2012). These authors suggest that sponge species share a small core community that is still different from the seawater and that the species-specific core community is probably vertically transmitted. In our case, this hypothesis seems plausible, with sponges sharing a small core community (eight shared core OTUs) that represents different abundances over sponge species microbiomes, suggesting a different selection over the taxa acquired from the surrounding seawater. In our study, the species-specific core community was also dominated by few OTUs per sponge species. These OTUs represented a larger proportion of the composition for Haliclona (Rhizoniera) sp. and H. torquata, while a very low proportion of I. kerguelenensis, indicating an overall specificity over this community that could be explained by vertical transmission but that is not equally conserved across sponge species.

Studies on LMA and HMA sponges showed that the contribution of the core community varies across sponge species, as well as the percentage of the core community that is acquired via seawater, supporting the existence of different strategies for microbiome acquisition across sponge species (Turon et al., 2018). Core OTUs described here showed eight OTUs shared across all sponge species. The community composition of these OTUs corresponds to Gammaproteobacteria, Alphaproteobacteria, and Flavobacteriia, all classes that have been described to be present in sponges and their surrounding seawater of this area (Rodríguez-Marconi et al., 2015). Therefore, this shared core community probably corresponds to bacterial members obtained from the seawater. The core OTUs had different contribution levels to the sponge microbiome, with the higher contribution observed on the microbiome of I. kerguelenensis and Haliclona (Rhizoniera) sp. (28 and 22%, respectively) in comparison with the 11% on H. torquata. These results agree with the lower diversity observed in H. torquata and the higher contribution that the species-specific core OTUs represent in this species.

In this work, we also provide an overview of the microbiome potential capacity of the Antarctic sponges over generic biochemical pathways. Although with several limitations, this approach has been widely used as an initial exploration of microbial functional potential in different environments (Cleary et al., 2017; Koo et al., 2017; Selvarajan et al., 2019), including temperate (de Voogd et al., 2015; Helber et al., 2019) and Antarctic sponge microbiomes (Steinert et al., 2019). Functional inferences based on conserved marker genes can be further used as a screening tool in metagenomic and metatranscriptomic studies to deepen the analyses of selected metabolic pathways.

Predicted functions of the bacterial microbiomes from the sponges analyzed in this study include pathways related to cellular processes, environmental information and genetic information processing, organismal systems, and metabolisms, with a highly conserved profile among individuals and sponge species. These categories represent broad functional categories previously identified in other Antarctic sponge microbiomes using a similar 16S rRNA gene-based functional approach (Steinert et al., 2019). In order to support our bioinformatics analysis, we corroborated that the functions predicted in this study were present in the only Antarctic sponge metagenomes available so far (Moreno-Pino et al., 2020).

All three sponge microbiomes analyzed in this study showed potential for nitrogen, sulfur, and methane metabolisms, with the microbiomes of H. torquata exhibiting the higher abundance of gene copies related to all these pathways and, in particular, to methane metabolism. Accordingly, H. torquata presented the highest abundance of the methane-oxidizing clade SUP05. This pathway was described in deep-sea sponges (Rubin-Blum et al., 2019), where, due to poor light availability, sponges present chemosynthetic bacterial symbionts with the capacity of oxidizing methane. A similar situation could occur in the microbiomes of Antarctic sponges as they are exposed to long periods of darkness during the Austral winter. Genes implicated in nitrogen fixation, nitrification, anaerobic respiration of ammonium, and denitrification have been frequently described in marine sponges from different environments (Wilkinson and Fay, 1979; Bayer et al., 2008; Hoffmann et al., 2009; Schläppy et al., 2010; Radax et al., 2012). These processes are among the main metabolisms in marine microorganisms with symbiotic lifestyles with invertebrate hosts (Fiore et al., 2010). In the case of the Antarctic sponges, L. antarctica and Myxilla sp., the archaea Nitrosopumilus sp. and the bacterial taxa Rhodospirillales were identified as involved in ammonia and nitrite oxidation and denitrification, although in different proportions in each sponge species (Moreno-Pino et al., 2020). These microorganisms were also identified in the microbiomes of the three sponges from this study but in an extremely low abundance, suggesting that rare microorganisms participate in main metabolism pathways. A similar case was demonstrated for the deep-sea sponge Hexadella cf. dedritifera, where symbiotic taxa present in low abundance might have great implications on functional traits (Reveillaud et al., 2014). Sulfur cycling has been described as an important pathway in sponges from cold environments (Jensen et al., 2017; Tian et al., 2017) and to be driven by Nitrosomonadales, also present in the sponge species here analyzed in low abundance.

Due to the great potential of sponges as a source for biomedical compounds (Ruocco et al., 2021; Varijakzhan et al., 2021), we also included pathways related to the biosynthesis of antibiotics (butirosin, neomycin, novobiocin, penicillin, cephalosporins, streptomycin, ansamycins, vancomycin group, and tetracyclines), besides genes associated with the biosynthesis of polyketide sugar units and carotenoids. These compounds are synthesized by routes of terpenoids, polyketides, and other secondary metabolites. We found genes related to the biosynthesis of important antimicrobial compounds in all the sponges analyzed, supporting previous studies demonstrating the enormous biotechnological potential behind the sponge microbiomes of extreme environments (Papaleo et al., 2012; Berne et al., 2016), as well as the importance to continue understanding and protecting this ecosystem.



CONCLUSION

The Antarctic sponges Haliclona (Rhizoniera) sp., H. torquata, and I. kerguelenensis showed an overall conserved taxonomic profile across individuals of each sponge species with a distinct core community and differences in its contribution to the total microbiome. Taxonomic profiles show specific traits for each sponge species, particularly for H. torquata, which had the highest degree of specificity over their microbiome. Inference of the potential to express interesting pathways related to energy metabolisms, metabolisms terpenoids and polyketides, and biosynthesis of secondary metabolites indicates a functional convergence despite taxonomic differences in the bacterial communities. Overall, this study provides evidence to support that the relationship between the Antarctic sponge microbiome and their hosts is not equally conserved and suggests differences in the acquisition of the sponge microbiome among host species.
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The assessment of distribution patterns or zonation of planktonic microbes along the water column is a crucial step to interpret their function in the ecosystem. In lakes without seasonal thermal stratification or polymictic systems such as high elevation tropical lakes, planktonic bacterial taxa are probably homogeneously distributed in the water column in contrast to what is known for thermally stratified lakes. However, we know little about bacterial distribution patterns in polymictic lakes and their relation to environmental gradients other than temperature. Here we assessed the diversity, microdiversity, and bacterial community composition at different discrete depths in three high elevation lakes (4,400–4,550 m above sea level) from the Andean plateau to test whether bacterial zonation patterns exist along the water column. For this objective, we analyzed bulk DNA and the putatively active fraction (cDNA) of the 16S rRNA gene. Although a clear gradient of temperature and oxygen was not detected along the water column, a significant vertical spatial zonation of the bacterial communities was present in two out of the three lakes, with microdiversity contributing to such pattern. Our results provide a reference for understanding how changing environmental conditions could affect high elevation aquatic ecosystems, particularly when warming is amplified with elevation, accelerating changes in hydrological regimes and biodiversity. Finally, our results highlight the importance of incorporating the whole water column in ecological studies of aquatic ecosystems lacking temporal or permanent thermal stratification.
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INTRODUCTION

The assessment of distribution patterns or zonation of planktonic microbes is crucial to understand the mechanisms shaping microbial communities and their function in the ecosystem (Ladau and Eloe-Fadrosh, 2019). In lakes, spatial zonation of microbial communities along the water column has already been well documented, but mainly for deep, thermally stratified systems. For example, a clear zonation in bacterial community composition between the hypoxic/anoxic and oxygenated layers is known for several lakes around the world (Pedrós-Alió and Guerrero, 1993; Jürgens et al., 1994; Casamayor et al., 2008; Peura et al., 2012; Salmaso, 2019; Tran et al., 2021). The existence of a spatial change in the structure of a microbial community of thermally stratified waters is expected, because it is well established that microbes respond to gradients of temperature, oxygen, methane, and nutrient concentrations, among other variables (Taipale et al., 2009; Dodds et al., 2019). However, how microbial communities are spatially structured when frequent lake mixing events occur to disrupt thermal stratification or other environmental gradients temporarily is not well documented.

Most previous studies have focused on lake mixing events produced only by sporadic disturbances. For example, events such as cyclones or typhoons disrupt the thermal stratification of lakes, leading to changes in primary production (Klug et al., 2012) and merging microbial communities from the epilimnion and hypolimnion (Jones et al., 2008). Mixing events on shallow stratified lakes have also shown clear effects on the bacterial community composition and distribution (Comte et al., 2017). Deciphering the microbial spatial variability in different lake mixing types is crucial for predicting how microbial life could respond to mixing regime alterations caused by climate warming. Further, climate change is known to alter organisms dispersal and nutrient loads with environmental consequences such as shifts in productivity and food web structure (Cavicchioli et al., 2019). Such changes could be more pronounced in high-elevation lakes since warming is amplified with elevation (Pepin et al., 2015).

High elevation lakes in the Andean plateau have been described as cold polymictic with typical holomixis during the night (Hutchinson and Löffler, 1956; Mühlhauser et al., 1995; Wetzel, 2001). This means that the entire lake behaves like the epilimnion of stratified lakes that it is eventually mixed by strong wind events (Boehrer and Schultze, 2008). Current measurements of temporal mixing patterns in these polymictic lakes are missing. Further, although these lakes are characterized by a high degree of genetic novelty (Dorador et al., 2013; Filker et al., 2016), it is not well deciphered how microbial communities are spatially structured within the water column. The only study exploring bacterial communities at several depths unveiled that these lakes can sometimes be stratified, as evidenced by an anoxic water layer found at 8 m depth with high abundances of an anoxygenic phototrophic bacterium in Lake Cotacotani (Aguilar et al., 2018).

Microbial diversity in lakes has been widely explored using operational taxonomic units (OTUs), but this approach shows phylogenetic inconsistency associated with their extensive ecological heterogeneity (Koeppel and Wu, 2013). Therefore, exploring community changes across weak environmental gradients such as those found in polymictic lakes should consider the analysis of microdiversity. This includes the study of phylogenetically closely related bacterial populations composed of different geno- and phenotypes that potentially resulting functional diversity (Schloter et al., 2000). Establishing patterns of microdiversity could help to elucidate the importance of key environmental parameters governing niche differentiation that may not be identifiable at lower taxonomic resolution (Chase and Martiny, 2018). For example, microdiversity seems to explain the persistence of microbial OTUs across changing environmental conditions through the epilimnion and hypolimnion of lakes (García-García et al., 2019).

In this study, we assessed the diversity, microdiversity, and community composition of bacterioplankton along the water column of three high elevation Andean lakes with different maximum depth. We analyzed the bulk (DNA) and the putatively active (cDNA) fraction and clustered the sequences into amplicon sequence variants (ASVs) and then into OTUs at 97% similarity to assess the microdiversity. Based on the polymictic behavior described for high elevation tropical lakes (Hutchinson and Löffler, 1956), one could expect to find a weak vertical microbial zonation along the water column, but considering that apparently not all lakes in this region are holomictic (Aguilar et al., 2018) and that other environmental gradients exist (e.g., light), we hypothesized that spatial zonation of bacterioplankton does exist, especially in deep lakes. Thus, we first assessed the existence of physicochemical gradients along the water column and second, tested whether bacterial communities differ along the water column using discrete samples collected at single depths.



MATERIALS AND METHODS


Study Area and Sampling Strategy

Sampling was done in Lake Cotacotani (hereafter, COTA; 4,550 m a.s.l.; max. depth: 20 m), Lake Chungará [hereafter, CHUN; 4,520 m a.s.l.; max. depth: 34–40 m depending on hydrological year (Mühlhauser et al., 1995)], and Lake Piacota (hereafter, PIA; 4,400 m a.s.l.; max. depth: 4 m). All lakes are located within the Lauca National Park in the Andean plateau, Northern Chile (Aguilar et al., 2018). Water samples were collected in quadruplicate (i.e., four independent samples) using a horizontal Van Dorn sampler (3 L) at 3–4 discrete depths (COTA: 0, 3, 6, and 9 m; CHUN: 0, 6, 10, and 20 m; PIA: 0, 2, and 4 m) from a boat placed over the deepest area of the lake during the wet season (April, 2017). Due to strong wind events in Lake Chungará and Lake Cotacotani, it was not possible to collect samples at deeper water layers.

Water samples were kept in cold black boxes, and afterward (within ca. 3 h) they were filtered onto 0.22 μm pore size filters (47 mm, Millipore GPWP). Filters were placed in Eppendorf tubes with RNAlater (Qiagen, Germantown, MD) and maintained at -20°C until DNA and RNA extraction took place.



DNA and RNA Extraction and Sequencing

Three out of four samples (at every single depth) were used for RNA extraction using the RNeasy PowerWater kit (Qiagen, Germantown, MD) following the manufacturer’s protocol, followed by reverse transcription using random oligonucleotide primer and RevertAid H Minus transcriptase (Thermo Fisher, Waltham, MA, United States). The PCR of the product prior to the reverse transcription was used as negative control. Further, one sample from every single depth was used for DNA extraction using the PowerWater DNA isolation kit (Mo Bio Laboratories Inc.) following the manufacturer’s protocol. The concentration and quality of cDNA and DNA were measured with a NanoDrop spectrophotometer (NanoDrop 8,000, Thermo Scientific).

The cDNA and DNA were used as a templates for the V4−V5 region amplification of the 16S SSU rRNA with the primers 515FY (5′GTGYCAGCMGCCGCGGTAA3′) and 926R (5′CCGYCAATTYMTTTRAGTTT3′) (Parada et al., 2016). Sequencing was done at LGC Genomics (Berlin, Germany) using the Illumina MiSeq platform. Briefly, each PCR was done with 1–10 ng of DNA extract (total volume 1 μl), 15 pmol of each forward primer and reverse primer [in 20 μl volume of 1 × MyTaq buffer containing 1.5 units MyTaq DNA polymerase (Bioline)], 2 μl of BioStabII PCR Enhancer (Sigma) and additionally 0.2 μl of DNase (Articzymes). The program was set to 20 cycles, using the following parameters: 1 min 96°C predenaturation; 96°C for 15 s, 50°C for 30 s, 70°C for 90 s. For this reaction, barcoded primers 515FY/926R were added. Nucleic acids concentration of amplicons of interest was determined by gel electrophoresis. About 20 ng amplicon of each sample (n = 44) was pooled having different barcodes. The amplicon pools were purified with one volume AMPure XP beads (Agencourt) to remove primer dimers and other small mispriming products, followed by an additional purification step on MinElute columns (Qiagen). About 100 ng of each purified amplicon pool was used to construct Illumina libraries using the Ovation Rapid DR Multiplex System 1–96 (NuGEN). Illumina libraries were pooled and size selected by preparative gel electrophoresis. Sequencing was done on an Illumina MiSeq using V3 Chemistry (Illumina). Raw amplicon reads were deposited in the Sequence Read Archive (SRA) of NCBI under Accession no PRJNA750510.



Amplicon Data Processing

Raw amplicons from 44 samples were analyzed using the R package DADA2, version 1.16.0 (Callahan et al., 2016). Briefly, after inspection of read quality profiles, the forward reads were trimmed to 240 bases and the reverse ones to 220 bases. All reads containing more than two expected errors were removed. The error rates were learned from a subset of 890,171 reads. These error rates were used to infer the ASVs. The forward and reverse reads were merged to obtain the full denoized sequence of ASVs. Denoized sequences with one or more mismatch in the overlap region were removed. The chimeras were removed using “removeBimeraDenovo.” Finally, ASVs were classified with the Silva reference data set version 138 using the IDTAXA algorithm (Murali et al., 2018), and a table with read counts and taxonomy of all ASVs was constructed. Sequences classified as eukaryote, archaea, chloroplast, mitochondria, and unknown kingdom were removed. Data were normalized using variance stabilizing transformation (vds/vst) in R with the package DESeq2 (Love et al., 2014).



Statistical Analyses

The rRNA: rDNA ratio was calculated to test for differences at the phylum level between the putatively active fraction (cDNA) and the bulk fraction (DNA). Briefly, the reads associated with every phylum in each cDNA replicate (n = 3) were divided by the reads of the DNA fraction (n = 1), obtaining three rRNA: rDNA ratio values per depth which were visualized using boxplots in the package ggplot2 in R (Wickham, 2016). The putatively active fraction was used for downstream analyses. The estimates of species richness (ASVs number), Shannon and Simpson diversity indexes were calculated using the Vegan package in R (Oksanen et al., 2019). Further, phylogenetic diversity (Faith’s PD) was calculated using the Picante package in R (Kembel et al., 2010). The phylogenetic tree used for Faith’s phylogenetic diversity (Faith, 1992) was calculated using FastTree v. 2.1.11, applying the generalized time−reversible model. Dispersion analysis within each lake and ordinations (NMDS and PCoA) were performed based on Bray-Curtis distances using functions betadisper, metaMDS, and pcoa in R packages vegan and ape (Oksanen et al., 2019; Paradis and Schliep, 2019). The functional prediction of the bacterial communities was assessed using Tax4Fun2 version 1.1.5 (Wemheuer et al., 2020). To test for significant differences among samples grouped by depth in the ordinations, ANOSIM test (alpha = 0.05 and 9,999 permutations) was used.

The BIOENV function from the Vegan package in R (Oksanen et al., 2019) was used to find the subset of environmental variables that have the maximum correlation (Pearson correlation) with community dissimilarities (based on Bray-Curtis distance) within the water column of each lake.

To identify potential biotic interactions (e.g., competition or mutualism) and how niche similarity (reflected by phylogenetic relatedness) change along the water column, a network and phylogenetic structure analyses were calculated among ASVs (for cDNA only). The network analysis was calculated using CoNet implemented in Cytoscape (Peter et al., 2017). Briefly, Pearson correlation, Spearman rank correlation, mutual information, as well as Bray–Curtis and Kullback–Leibler dissimilarities were calculated for ensemble network inference. From each of these five metrics, 1,000 edges with the strongest support (for example, largest correlation coefficient) were used for threshold selection. Associations with Benjamini–Hochberg false discovery rate p-values > 0.05 and inconclusive sign (positive-vs.-negative) or with support from less than two of the five metrics were removed. The nearest taxon index (NTI) was used to determine the phylogenetic relatedness and, thus, to detect phylogenetic clustering or overdispersion. First, the function ses.mntd in the picante package was used to calculate the standardized effect size (z-score) of the MNTD (mean nearest taxon distance). Then, the NTI values were obtained multiplying the z-scores by -1. NTI values greater than +2 in a single community indicates coexisting taxa are more closely related than expected by chance (phylogenetic clustering), and NTI values less than -2 indicates coexisting taxa are more distantly related than expected by chance (phylogenetic overdispersion) (Stegen et al., 2012).

The effective microdiversity was measured according to García-García et al. (2019). First, we made a clustering of ASVs into 97% similarity OTUs using Opticlust algorithm (Westcott and Schloss, 2017) implemented in MOTHUR (Schloss et al., 2009). Then, the OTUs with a global abundance higher than 5,000 reads were selected. We calculated the global abundance of the ASV forming each OTUs selected in the previous step, followed by their rarefaction to 5,000 reads. This was done to avoid OTUs with higher global abundances being assigned a higher microdiversity (García-García et al., 2019). Further, the effective microdiversity was measured using the number of ASVs and Shannon index of the selected OTUs with the Vegan package in R (Oksanen et al., 2019). The occurrence (i.e., the fraction on samples in which the taxon had at least one read) and variability (coefficient of variation of the abundance of the taxon across the samples) of OTUs were calculated also according to García-García et al. (2019). A similarity percentages analysis (function SIMPER) was done in the Vegan package in R (Oksanen et al., 2019) to identify the contribution to the community dissimilarity by OTUs with and without microdiversity.



Prokaryotic Abundance and Activity

Samples for determination of prokaryote abundance (10 mL) by flow cytometry were fixed with formaldehyde (final concentration 3.7%) and stored at 4°C. Prokaryote activity was assessed by the micro-centrifuge method (Kirchman, 2001) with some modifications. Briefly, 3H-leucine (40 μM final conc.) was added to three replicated samples (10 mL) from each single depth. Additionally, one formaldehyde-killed blank for each depth was fixed at the sampling site. 3H-leucine incubations were done in the dark at the in situ water temperature (ca. 10°C) for 30 min and they were terminated by adding formaldehyde. Samples were filtered onto white 0.22-μm polycarbonate filters (Poretics). The samples were extracted with cold trichloroacetic acid (5%) for 5 min and rinsed 3 times with the same solution. Filters were placed in scintillation vials with 5 mL of scintillation cocktail (Ready-safe, Beckman Coulter, Brea, CA, United States). The radioactivity of the filters was assessed on a scintillation counter (LS 6000IC, Beckman Coulter).



Environmental Parameters

In situ vertical profiles of photosynthetically active radiation (PAR), chlorophyll-a (fluorescence) as a proxy for phytoplankton biomass, electrical conductivity, dissolved oxygen, pH, water temperature, and turbidity were done with a CTD Idronaut multiparameter probe (model OS316Plus). The coefficient of variation (CV) was used as a measure of relative variability of physicochemical parameters through the water column. The euphotic zone was calculated as the depth where 1% of PAR at the surface was found (Kirk, 1994). Anions (nitrate, chloride and sulfate) and cations (potassium, sodium, calcium, and magnesium) were measured by ion chromatography (Dionex ICS-1,100/1,000) at each of the different sampling depths. Further, total nitrogen and phosphorus were measured spectrophotometrically according to Mühlhauser et al. (1987). Samples at each depth were collected in pre-combusted (4 h at 450°C) glass bottles for the analysis of dissolved organic carbon (DOC) and dissolved nitrogen (DN). These samples were filtered in situ through pre combusted GF/F filters (Whatman). The filtrate was acidified with HCl to pH 2 and analyzed later with a Shimadzu TOC-Vc series instrument equipped with a total nitrogen module. Calibration for DOC analysis was done with potassium hydrogen phthalate, whereas for the DN, it was done with potassium nitrate. Three to five subsamples were analyzed for each sample and for a consensus reference material (CRM) for DOC (batch 5 FS-2005:0.57 mg; provided by RSMAS/MAC, University of Miami) that was run in parallel on each occasion. Results differed from the CRM given value by 5%, and the coefficient of variation among subsamples was < 2%.




RESULTS


Environmental Conditions

We did not detect pronounced gradients in electrical conductivity (CV = 0.05% in CHUN, 0.01 % in COTA, and 0.15% in PIA), pH (CV = 0.16% in CHUN, 0.02% in COTA, and 0.03% in PIA), and water temperature (CV = 0.04% in CHUN, 0.08 % in COTA, and 0.69% in PIA) as indicated by the small CV values (Figure 1A). In general for all lakes, chlorophyll-a showed the largest variation in the water column with the highest value found in PIA (mean = 20.6 μg L–1, CV = 8.46%) followed by COTA (mean = 2.06 μg L–1, CV = 29.1%) and CHUN (mean = 0.32 μg L–1, CV = 67.2%). Among the three lakes, CHUN had the largest variation in oxygen concentration (mean = 5.34 mg L–1, CV = 5.24%), DOC (mean = 12.36 mg L–1, CV = 6.6%) and dissolved nitrogen (DN; mean = 4.5 mg L–1, CV = 68.9%; Supplementary Table 1) along the water column. The lower limit of the euphotic zone in CHUN was located at 10 m depth, while in COTA and PIA was at 7 and 2.3 m depth, respectively (Figure 1B).
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FIGURE 1. Main environmental parameters (A) and their coefficient of variation (CV) along the water column, and PAR values (gray circles) with the adjusted attenuation curve (blue line) (B) in Lake Chungará (CHUN), Lake Cotacotani (COTA), and Lake Piacota (PIA).




Prokaryotic Abundance and Activity

The mean prokaryotic abundance in the water column of PIA (5.8 × 106mL–1; Figure 2A) was higher than in the other two lakes (COTA: 9.1 × 105mL–1 CHUN: 3.3 × 105mL–1). PIA and CHUN showed the highest mean prokaryote abundance (6.4 × 106mL–1 and 5 × 105mL–1, respectively) at the deepest samples. However, significant differences along the water column were detected only in CHUN (Kruskal-Wallis, p < 0.05). The prokaryotic abundance of COTA tended to decrease with depth, but significant differences were not detected (Kruskal-Wallis, p > 0.05). The highest mean prokaryotic activity rates were found at the surface of PIA (104.9 pmol Leu l–1h–1) and decreased with depth (Figure 2B) showing a significant difference (Kruskal-Wallis, p = 0.027) among depths. Instead, significant differences along the water column were not detected in COTA (Kruskal-Wallis, COTA: p = 0.1) and CHUN (Kruskal-Wallis, CHUN: p = 0.08).
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FIGURE 2. Prokaryotic abundance (A), bulk 3H-leucine incorporation rates (B) and diversity metrics for the putatively active fraction (C) of the bacterial community from each lake. Significant differences were tested using the Kruskal–Wallis test (K-W). COTA, Lake Cotacotani; CHUN, Lake Chungará; and PIA, Lake Piacota.




Bacterial Community Diversity and Composition

The mean ASV number, Shannon, and Inverse Simpson for the putative active fraction tended to be higher at the surface of CHUN and PIA (Figure 2C). In contrast, the mean Shannon and inverse Simpson metrics were lower close to the surface of COTA. The phylogenetic diversity in general tended to decrease along the water column (Figure 2C), however, significant differences were not detected (Kruskal-Wallis, p > 0.05).

The structure of the bacterial community corresponding to the putative active fraction was significantly different among lakes as identified by the NMDS analysis (Figure 3A) and the ANOSIM test (ANOSIM, R: 0.99, p < 0.001). This was true also for the composition of the bulk bacterial community composition among the lakes (ANOSIM, R: 1, p < 0.01). Within lakes, a clear difference among 0 m, 3 m, and the deepest samples (6 and 9 m) was observed in COTA (Figure 3B). In CHUN, the community composition at 20 m was different from the rest of the water column. There were significant differences for the putative active bacterial community only in COTA and CHUN through the water column (ANOSIM for COTA, R: 0.36, p < 0.001; ANOSIM for CHUN, R: 0.6, p = 0.0035). When the predicted metabolic functions were compared (Supplementary Figure 1), significant differences among depths were detected in CHUN (ANOSIM, R: 0.6, p = 0.0032) and PIA (ANOSIM, R: 0.25, p = 0.036) despite a clear zonation was not observed among samples. The BIOENV analysis showed that water temperature and levels of PAR had the maximum correlation (Pearson correlation = 0.98) with community dissimilarities in the water column of COTA (Supplementary Table 2); whereas in PIA, DOC, temperature and chlorophyll-a had the highest correlation (Pearson correlation = 0.99). In CHUN, the concentration of dissolved oxygen and DOC gave the highest correlation (Pearson correlation = 0.97). COTA and CHUN also showed the highest distance to centroids (Figure 3C) and the highest dissimilarity between the surface and the deepest samples (Figure 3D), indicating a higher variability in the water column of these two lakes compared with PIA.
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FIGURE 3. Nonmetric Multidimensional Scaling (NMDS) analysis (A) based on Bray–Curtis dissimilarity among lakes, Principal Coordinate Analysis (PCoA) for each lake (B), Variability of communities through the water column of the lakes (C), and the dissimilarity values based on Bray–Curtis between the surface and the deepest samples in each lake (D). COTA, Lake Cotacotani; CHUN, Lake Chungará; and PIA, Lake Piacota.


Proteobacteria was the most abundant phylum in all lakes and depths and represented between 36.4 and 49.5% of all sequences (Figure 4A). This phylum was followed by Bacteroidota (24.7–37% of mean relative abundance), Actinobacteriota (10.1–19.8% of mean relative abundance), and Verrucomicrobiota (2–4.4% of mean relative abundance). The putative active fraction of bacterial communities was phylogenetically clustered in all lakes (NTI > +2; Figure 4B), where such clustering increased at deeper layers in CHUN and COTA. However, when the pool of co-occurring ASVs identified through the network analysis were considered, the bacterial communities of COTA were the only presenting phylogenetic clustering. In CHUN and PIA neither phylogenetically clustering, nor overdispersion was observed.
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FIGURE 4. Bacterial community composition using the main phyla (>1% at least in one sample) (A). The Nearest Taxon Index (NTI) indicating phylogenetic clustering (NTI > +2) of the whole community and the one considering only the pool of co-occurring ASVs identified through the network analysis (B). COTA, Lake Cotacotani; CHUN, Lake Chungará; and PIA, Lake Piacota.


Differences in the contribution of the different phyla to total communities was found between the bulk and the putatively active fraction (Supplementary Figure 2). For example, Cyanobacteria in COTA was the phylum with the highest rRNA:rDNA ratio (> 6.7), showing a decreasing gradient along the water column. Unclassified taxa also had a high rRNA:rDNA ratio (4.6) at the surface of the same lake. In CHUN, Cyanobacteria was the only phylum showing a high rRNA:rDNA ratio (9.7) at the surface and a low one (1.3) at 20 m depth. Instead, Acidobacteriota showed the highest rRNA:rDNA ratio (17.1), but at 6 m depth. A high number of phyla (e.g., Bacteroidota, Cyanobacteria, Proteobacteria, and Firmicutes) showed a high rRNA:rDNA ratio along the water column of PIA, with some of them (e.g., Cyanobacteria and Firmicutes) having the highest one at 4 m depth.

All ASVs were clustered in 650 OTUs with only 47 OTUs detected with an abundance > 5,000 reads. A high percentage of the most abundant OTUs (COTA: 66%; CHUN: 66%; PIA: 73.6%) were present in all depths and showing little variation in their relative abundance (Supplementary Figure 3). Twenty-seven out of 47 OTUs were composed of more than one ASV (range 2–16 ASVs; Supplementary Figure 4). Further, ASVs composing a single OTU belonged generally to the same genus, but there were some exceptions such as OTU39, OTU43, OTU1, and OTU11 (Supplementary Table 3). Although significant differences in the percentage of contribution to the community dissimilarity between OTUs with and without microdiversity (a single OTU composed by more than one ASV) were not detected, microdiverse OTUs in COTA and CHUN tended to contribute more to the community dissimilarity than non-microdiverse OTUs (Figure 5). Further, the mean occurrence of microdiverse OTUs was higher only along the water column of CHUN (mean occurrence = 0.85) and COTA (mean occurrence = 0.89) compared with non-microdiverse OTUs (CHUN mean occurrence = 0.83; COTA mean occurrence = 0.73).


[image: image]

FIGURE 5. Contribution to the community dissimilarity by the most abundant OTUs (with vs. without microdiversity) in Lake Chungará (CHUN), Lake Cotacotani (COTA), and Lake Piacota (PIA).





DISCUSSION

In the present study, we showed that bacterial communities along the water column changes significantly only in Lake Chungará and Lake Cotacotani, despite the lack of thermal stratification in these lakes. Actually, we expected to find a strong and clear zonation pattern in the structure of the bacterial community in the more wind-protected Lake Cotacotani where an anoxic layer was previously detected (Aguilar et al., 2018). However, the largest differences were found in the deepest system, Lake Chungará. Although this study provides the first detailed information for high elevation Andean lakes, the zonation patterns represent only a snapshot during the wet season. Given that the bacterioplankton composition changes between the dry and wet seasons (Aguilar et al., 2018), it remains to be tested how the zonation potentially develops throughout the year.


Vertical Microbial Distribution in Polymictic Lakes

Previous studies have shown that the composition of microbial communities (based on molecular techniques) in polymictic lakes changes less throughout the water column in comparison with lakes with other mixing regimes, such as dimictic (i.e., two mixing events per year) or meromictic (i.e., no mixing) lakes. For example, the bacterial community composition in the small polymictic Lake Crystal Bog (maximum depth, 2.5 m) was not significantly different (Shade et al., 2008). Further, in Lake Xolotlán (maximum depth, 26 m), a tropical, polymictic, but low-elevation lake, bacterial production and abundance were not significantly different along the water column (Erikson et al., 1998). By contrast, the epilimnion and hypolimnion of dimictic and meromictic lakes have significantly different bacterial communities (Shade et al., 2008; Peura et al., 2012). In our study, although the bacterial community composition did not differ along the water column of Lake Piacota, we detected a significant difference in prokaryotic activity along the water column. In fact, this lake was the only one that showed a clear gradient with a high prokaryotic activity at the surface and a low one at 4 m depth (Figure 2B). Lake Chungará was the only system where prokaryotic abundance significantly changed throughout the water column. Further, we observed different vertical alpha diversity patterns in each lake, with the deepest (Chungará) and the shallowest (Piacota) lake having higher diversity at the surface than in deeper water layers. Although more lakes in other regions need to be considered, all the above mentioned variations in productivity, abundance and diversity metrics suggest that the communities in these high elevation polymictic lakes are not homogeneous with depth.

Spatial analysis of microbial communities across different ecosystems has improved the detection of microbial hotspots and the testing of ecological assembly processes (Gonzalez et al., 2012). Several variables have been identified in potentially shaping microbial communities in freshwater ecosystems such as the concentration of dissolved organic matter, pH, and hydrology (Ruiz-González et al., 2015; Niño-García et al., 2016; Muscarella et al., 2019; Ortiz-Álvarez et al., 2020). However, when the vertical dimension is considered, one of the main environmental factors determining the variability in microbial composition is the existence of a thermal stratification that creates dispersal barriers for prokaryotes and non-motile phytoplankton (Xiao et al., 2011; Peura et al., 2012; Yu et al., 2014; Cheng et al., 2020). In fact, the vertical variability of bacterioplankton in continuously or frequently mixed water bodies is not well understood, and their microbial composition cannot be compared with that of lakes with permanently or semi-permanently stratified waters, because they differ markedly in their physical, chemical and biological characteristics (Woolway and Merchant, 2019). Our hypothesis was validated since we found bacterioplankton zonation along the water column of polymictic lakes. However, such zonation was significant only in two aquatic systems, Lake Chungará and Lake Cotacotani. Although significant changes in the predicted metabolic functions were found throughout the water column of PIA, their interpretation should be done with caution since the prediction of metabolic functions has clear limitation. For example, it is not possible to detect functional variation if ASVs has identical 16S rRNA gene sequence (Langille et al., 2013). Further, the predictive performance is limited by the number of genomes available in public databases and the lack of appropriate reference data (Wemheuer et al., 2020).

Although some environmental parameters (COTA: temperature and PAR; CHUN: dissolved oxygen and DOC; PIA: DOC, temperature and chlorophyll-a) showed significant correlations with bacterial communities along the water column, experimental work is needed to disentangle their direct or indirect effect. Yet, we could argue that sunlight is one of the main driving factors in these high elevation ecosystems. Besides the direct effect of solar radiation (e.g., damage of the cellular machinery and inhibition of primary production) on microbial communities of high elevation lakes (Sommaruga, 2001), sunlight can indirectly affect bacteria by regulating the flux of dissolved organic matter of phytoplankton origin incorporated into biomass (Ruiz-González et al., 2013). This type of control could be particularly important in CHUN and PIA given that DOC (a proxy for DOM concentration) correlated with changes in bacterioplankton communities along the water column.

The putatively active fraction of the 16S rRNA gene represents the past and current microbial activities since this fraction is not a reliable metric for recent growth or activity (Blazewicz et al., 2013). However, its analysis in future studies would be necessary to capture the zonation of microbes with a more direct contribution to the ecosystem’s functioning than the bulk fraction. We found that Cyanobacteria showed the highest rRNA:rDNA ratio at the surface of CHUN and COTA probably having an important role for the nitrogen cycle in these nitrogen-limited ecosystems (Wurtsbaugh et al., 1985). For example, the nitrogen fixation by Aphanizomenon, the most abundant genus in Lake Cotacotani, releases ammonium to the surrounding water supporting primary production and the microbial food web (Adam et al., 2016).



Microdiversity Contributes to the Microbial Zonation of High Elevation Polymictic Lakes

Ecotypes allow for fine-scale genetic diversity within an environment by occupying slightly different ecological niches. Furthermore, when they are grouped as single species they maintain their characteristic genetic signatures and ecological potential (Rocap et al., 2003; Konstantinidis and Tiedje, 2005). For example, Polynucleobacter ecotypes exhibit different distribution patterns depending on a lake’s thermal regime, whereas their abundance is controlled mainly by temperature (García-García et al., 2019). Thermal adaptation has also been observed in six strains with identical 16S rRNA gene sequences belonging to the Actinobacteria cluster Luna2, showing significant differences in their temperature curves depending on the geographic zones from which they were isolated (Hahn and Pöckl, 2005). Here, we observed that microdiverse OTUs contributed to the microbial zonation. For instance, 12 out of 14 ASVs forming the most abundant OTU (Limnohabitans sp.) were present in Lake Cotacotani, where six were ubiquitous throughout the water column and the other six were unique in a certain depth. However, we were not able to identify whether such zonation patterns were due to environmental factors or to other ecological processes.

Limnohabitans sp. (Comamonadaceae) and hgcI_clade (Sporichthyaceae) were the most abundant genera retrieved in this study, confirming our previous finding that these groups are core representatives of Andean lakes (Aguilar et al., 2018). In fact, they are commonly described as the dominant bacterial groups in freshwater environments (Newton et al., 2011). In our study, 14 ASVs classified as Limnohabitans sp. were grouped into only one OTU (i.e., high microdiversity), but the ASVs corresponding to the hgcI clade were grouped into six different OTUs (i.e., low microdiversity). The microdiversity of the hgcl_clade, however, could be underestimated because the 16S rRNA gene is an inefficient taxonomic marker gene for discriminating isolates at the strain level within this clade (Neuenschwander et al., 2018). The 16S rRNA gene amplicon (partial and complete sequences) has been used to assess microdiversity (Eren et al., 2013; Needham et al., 2017; Chafee et al., 2018; García-García et al., 2019; Props and Denef, 2020) and bioinformatic tools such as dada2 (Callahan et al., 2016) have been helpful maximizing the resolution of high-throughput sequencing studies that can then be used to formulate and test ecological hypotheses (Berry et al., 2017). Thus, the use of ASVs could better represent ecotypes than OTUs. However, lately it has been demonstrated that using ASVs could artificially split bacterial genomes into separate clusters producing conflicting inferences about the ecology of different ASVs from the same genome (Schloss, 2021). In this context, we suggest that future studies testing the vertical microbial zonation should include other molecular techniques such as metagenomics. This technique provides a more direct overview of the microbial metabolic role involved in biogeochemical processes along the water column of freshwater lakes (Tran et al., 2021).




CONCLUSION

The analysis of bacterial communities at different depths provided an excellent opportunity to demonstrate significant differences in the zonation of microbial communities in polymictic lakes located at high elevation. Our results though limited to just one season are relevant considering that knowledge about the composition of microbial communities throughout the water column is crucial to understand local diversity and pinpoint the ecological processes that are most relevant in these remote aquatic ecosystems. Furthermore, this study provides a reference for understanding how changing environmental conditions could affect the biodiversity of these ecosystems in the short- and long-term. Finally, our results support and highlight the presence of a microbial zonation in high elevation tropical polymictic lakes.
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Global warming has a strong impact on polar regions. Particularly, the Antarctic Peninsula and nearby islands have experienced a marked warming trend in the past 50 years. Therefore, higher methane (CH4) emissions from this area could be expected in the future. Since mitigation of these emissions can be carried out by microbial oxidation, understanding this biological process is crucial since to our knowledge, no related studies have been performed in this area before. In this work, the aerobic CH4 oxidation potential of five freshwater lake sediments of Fildes Peninsula (King George Island, South Shetland Islands) was determined with values from 0.07 to 10 μmol CH4 gdw–1 day–1 and revealed up to 100-fold increase in temperature gradients (5, 10, 15, and 20°C). The structure and diversity of the bacterial community in the sediments were analyzed by next-generation sequencing (Illumina MiSeq) of 16S rRNA and pmoA genes. A total of 4,836 ASVs were identified being Proteobacteria, Actinobacteriota, Acidobacteriota, and Bacteroidota the most abundant phyla. The analysis of the pmoA gene identified 200 ASVs of methanotrophs, being Methylobacter Clade 2 (Type I, family Methylococcaceae) the main responsible of the aerobic CH4 oxidation. Moreover, both approaches revealed the presence of methanotrophs of the classes Gammaproteobacteria (families Methylococcaceae and Crenotrichaceae), Alphaproteobacteria (family Methylocystaceae), Verrucomicrobia (family Methylacidiphilaceae), and the candidate phylum of anaerobic methanotrophs Methylomirabilota. In addition, bacterial phospholipid fatty acids (PLFA) biomarkers were studied as a proxy for aerobic methane-oxidizing bacteria and confirmed these results. Methanotrophic bacterial diversity was significantly correlated with pH. In conclusion, our findings suggest that aerobic methanotrophs could mitigate in situ CH4 emissions in a future scenario with higher temperatures in this climate-sensitive area. This study provides new insights into the diversity of methanotrophs, as well as the influence of temperature on the CH4 oxidation potential in sediments of freshwater lakes in polar regions of the southern hemisphere.
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INTRODUCTION

Climate change, defined as the systematic increase in the average surface temperature of the Earth (Hartmann et al., 2013) has its most marked consequences in polar regions since they suffered an acceleration in their warming compared to other areas of the planet (Pachauri and Meyer, 2014). Particularly, the Antarctic Peninsula and nearby islands have experienced a marked warming trend in the past 50 years. Methane (CH4) is one of the most important greenhouse gases [84 times more potent than carbon dioxide over a period of 20 years (Pachauri and Meyer, 2014)] and constitutes an important factor in climate change. It is responsible for approximately 20% of the warming induced by long-lasting greenhouse gases since pre-industrial times (Kirschke et al., 2013). The rise in air temperature produces larger areas of thawing of permafrost and melting of lake ice covers. Consequently, positive feedback can occur by increasing the methane emissions previously trapped in permafrost due to the availability of more organic matter (Anisimov, 2007; Schuur et al., 2009). Moreover, the formation of water deposits contributes significantly to the flow of atmospheric CH4 (Walter et al., 2006, 2007).

The net CH4 emission from an ecosystem is the balance between opposing processes: production of CH4 by methanogenic archaea and consumption by methanotrophic archaea and bacteria (Murrell and Jetten, 2009). In lakes of cold environments, a seasonal behavior takes place (Martinez-Cruz et al., 2015): during autumn-winter, they remain covered with a thick ice layer and CH4 can accumulate underneath, but during spring-summer, as the ice layers melt, CH4 be released into the atmosphere. In oligotrophic lakes, where oxygen is available throughout the water column, methane oxidation is carried out mainly by aerobic CH4-oxidizing bacteria (MOB), especially at the sediment-water interface (Lidstrom and Somers, 1984; Frenzel et al., 1990). Therefore, their functionality is essential to achieve CH4 mitigation before it escapes to the atmosphere (Mayr et al., 2020a). MOB are a unique group that can oxidize CH4 (and some also methanol) as the only source of carbon and energy with oxygen as the electron acceptor (Trotsenko and Murrell, 2008). Phylogenetically they belong to three lineages: Alphaproteobacteria, Gammaproteobacteria, and Verrucomicrobia (Hanson and Hanson, 1996; Op den Camp et al., 2009). The methanotrophs belonging to the first two phyla have traditionally been classified into type I and type X (Gammaproteobacteria) and type II (Alphaproteobacteria) based on their phylogeny, physiology, morphology, and biochemistry. However, many exceptions were found lately, so this classification based on the mentioned criteria was put into question (Knief, 2015). It is known that MOB are sensitive to CH4 and oxygen concentrations and this can influence the competition between MOB type I and type II (Hanson and Hanson, 1996). Another process, anaerobic oxidation of CH4 (AOM) coupled to nitrate (Haroon et al., 2013) or nitrite as electron acceptors (Ettwig et al., 2008) were described as performed by “Candidatus Methanoperedens nitroreducens” and “Candidatus Methylomirabilis oxyfera” respectively, belonging to group A of the Methylomirabilota phylum. The physiology of others members of Methylomirabilota phylum (groups B, C, D, and E) is unknown (He et al., 2015). None of the above microorganisms were isolated as pure cultures yet.

The structure and activity of a methanotrophic community in a certain ecosystem are influenced among others by temperature, pH, CH4, oxygen, and nitrogen concentrations (Hanson and Hanson, 1996; Mor et al., 2006; Walter et al., 2006; Chanton et al., 2008). The majority of the well-characterized isolated MOB are mesophiles, with only a few strains isolated from cold habitats in the northern hemisphere (Omelchenko et al., 1993; Berestovskaya et al., 2002; Wartiainen et al., 2006) and only one from Antarctica (Bowman et al., 1997). However, methanotrophic activity associated with type I and type II metabolism has been identified over a wide range of temperatures (Trotsenko and Khmelenina, 2005). In general, MOB-Type II are favored at mesophilic temperatures (Urmann et al., 2009) while MOB-Type I prevail at psychrophilic temperatures (0–10°C) (Börjesson et al., 2004; Liebner and Wagner, 2007; Graef et al., 2011).

Maritime Antarctica has been severely affected by climate change, being the area of fastest increase in air temperature in the last five decades (Quayle et al., 2002; Sato et al., 2021), resulting in the ice melting of vast areas and the retreat of glaciers in an accelerated manner. In summer, small streams and lagoons are generated, fed by snow and glacial ice melting. Thus, sediments in Antarctic lakes can be considered integrators of short-term effects of the recent thermal destabilization, taking into consideration the limited outflow and entrance of surface and underground water that carry particulate material from the surroundings (Malandrino et al., 2009). Few studies of CH4 oxidation has been carried out in continental lakes of Antarctica (Galchenko, 1994; Bowman et al., 1997; Trotsenko and Khmelenina, 2005), and it was shown that bacterial oxidation consumed >99% of the CH4 existing beneath the ice sheet in Subglacial Lake Whillans that represented a significant methane sink (Michaud et al., 2017). Due to the crucial role of methanotrophic activity in controlling CH4 emissions (Hanson and Hanson, 1996), it is important to study the structure and the activity of the methanotrophs to temperature fluctuations, considering a future scenario of higher temperatures. The response of MOB to temperature changes was well described in Arctic lakes and sediments (Walter et al., 2007), but to our knowledge, was not described in maritime Antarctica lake sediments, although some particular lakes could be a source of atmospheric CH4 (Menes and Roldán, 2019).

The aim of this study was to evaluate the CH4 oxidation potential in response to temperature increase for five lacustrine sediments of the Fildes Peninsula (King George Island, South Shetland Islands). Besides, to get insight into the microbial community structure of the Bacteria domain with a focus on methanotrophic bacteria, next-generation sequencing of the 16S rRNA and pmoA genes was performed. Furthermore, geochemical and PLFA biomarkers data were used to decipher the relation among the diversity of methanotrophs, CH4 oxidation potential and lake sediments physicochemical parameters.



MATERIALS AND METHODS


Study Site and Sample Collection

The Fildes Peninsula is located in the southwest of King George Island (62°08′–62°14′S and 59°02′–58°51′W), in the South Shetland archipelago, maritime Antarctica. It has a maritime wet climate, with an average annual air temperature of −2.1°C (Michel et al., 2012), with its maximum in summer (daily average 2–3°C), while in winter, the monthly average can fall below −7°C (Braun et al., 2004). Surface sediments (upper 10 cm depth) were collected during the sampling campaign in April 2019 from the deepest area of the lakes by a scuba diver, using sterile plastic tubes. The sediment samples (∼500 g) were transferred to sterile polyethylene containers and refrigerated (4°C) until processed at the laboratory (within 2 weeks). The field campaign supported by the Instituto Antártico Uruguayo (IAU) took place using the Artigas Base (BCAA) in King George Island. The samples were from the following (vernacular names) lakes (Figure 1): Kitezh (62°11′36″S, 58°57′58″W), Long (62°12′18.2″S, 58°57′59″W), Mondsee (62°10′40″S, 58°55′50″W), Slalom (62°11′33″S, 58°57′03″W), and Uruguay (62°11′06″S, 58°54′40″W).
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FIGURE 1. Fildes Peninsula map showing the Antarctic stations, the five studied lakes and illustrative photographs of the sampling sites. The map was modified from PANGAEA (Data Publisher for Earth and Environmental Science, Bremen, Germany. hdl:10013/epic.44322).




Physicochemical Analyses

Temperature (in situ), pH, and conductivity of the porewater of the sediment samples were measured with an Oakton waterproof pH/CON 450 Meter(Oakton Instruments, Vernon Hills, IL, United States). Inorganic anions and organic acids of low molecular weight were determined by ion chromatography (IC), according to the procedure previously described elsewhere (Parro et al., 2011). In short, 1 g of the sediment samples were sonicated (3 min × 1 min cycles), diluted in 10 mL of deionized water, filtered (22 μm GFF filter), the supernatants were analyzed in a Metrohm 861 Advanced compact ion chromatograph (Metrohm AG, Herisau, Switzerland) with a Metrosep A sup 7-250 column and 3.6 mM sodium carbonate (NaCO3) as eluent.

The content of total nitrogen (TN%) and total organic carbon (TOC%) was measured with an elemental analyzer (HT Flash, Thermo Fisher Scientific, Waltham, MA, United States) as described previously (Carrizo et al., 2019).



Fatty Acids Extraction and Analysis

Extraction of free fatty acids was performed according to the combination of methods described elsewhere (Grimalt et al., 1992; Carrizo et al., 2019). Lyophilized sediments (∼5 g) were spiked with an internal standard (myristic acid-D27) and then extracted with a mixture of dichloromethane and methanol (DCM:/MeOH, 3:1, v/v) by ultrasound sonication (3 min × 10 min cycles). The total lipid extract (TLE) of each sample was concentrated to ∼0.5 mL using rotary evaporation and then digested overnight at room temperature in a mixture of methanolic potassium (6% w/w) then separated into neutral and acidic fractions. The neutral lipid fraction was obtained by extracting the methanolic potassium mixture with 30 mL (three times) of n-hexane (Hx), rotavaporating, and recovering it with ∼1 mL of Hx:DCM (9:1, v/v). The acidic lipid fraction was obtained by adding HCl (until a pH of 2) to the remaining methanolic potassium mixture and extracting it with 30 mL of Hx (three times), then it was concentrated using rotary evaporation and collected with DCM. The acid fraction was analyzed by gas chromatography mass spectrometry (GC-MS), by injection after derivatization with BF3 in MeOH to form fatty acid methyl esters (FAME).

GC-MS analysis was performed using a 6850 GC system coupled to a 5975 VL MSD with a triple axis detector (Agilent Technologies) operating with electron ionization at 70 eV and scanning from m/z 50 to 650. Two micro liters of analytes were injected and separated on an HP-5MS column (30 m × 0.25 mm i.d. × 0.25 μm film thickness) with He as a carrier gas at a constant flow of 1.1 mL m–1. For analyzing the acidic fraction, the oven temperature was programmed from 70 to 130°C at 20°C min–1 and then to 300°C at 10°C min–1 (held 15 min). The injector temperature was set at 290°C, the transfer line was at 300°C, and the MS source was at 240°C. Compounds identification was based on the comparison of mass spectra with reference materials, and their quantification on the use of external calibration curves of fatty acid methyl esters (FAME; C8–C24). All chemicals and standards were supplied by Sigma Aldrich (San Luis, Missouri, United States). The recovery of the internal standards averaged 79 ± 14%.

A very distinct characteristic of aerobic methanotrophs is the presence of specific PLFA in the cell membrane that differentiates them from each other (type I have C16:1ω8c and C16:1ω5t whereas type II have C18:1ω8c) but also from all other organisms (Bodelier et al., 2009). C18:1ω7c was present in some Methylosinus species (MOB-Type II) and C18:2 (ω7c, 12c, and ω6c,12c) was recognized for its diagnostic value for new members of the family Methylocystaceae (MOB-Type II) (Bodelier et al., 2009; Willers et al., 2015). On the other hand, C16:1ω7c is associated with members of the Methylococcaceae family (MOB-Type I) (Bowman et al., 1993). Consequently, some of these PLFA could be used as a proxy for MOB (Bodelier et al., 2009; Nazaries et al., 2013).



DNA Extraction, Amplification, Sequencing, and Taxonomic Assignment

DNA extraction was performed from triplicate 0.25g homogenized samples with DNeasy Power Soil kit (Qiagen, Germantown, MD, United States) and stored at −70°C until processing. The amplification and sequencing were performed at Molecular Research MrDNA1 (Shallowater, TX, United States), using the Illumina MiSeq sequencing platform, with the following primers 515f-GTGYCAGCMGCCGCGGTAA and 806r-GGACTACNVGGGTWTCTAAT, targeting the variable region V4 of the 16S rRNA gene for Bacteria (Caporaso et al., 2011) and A189f-GGNGACTGGGACTTCTGG and mb601r-ACRTAGTGGTAACCTTGYAA for subunit A of the particulate methane monooxygenase gene (pmoA) (Costello and Lidstrom, 1999).

For analysis of the 16S rRNA gene sequences, primers and adapters were eliminated. DADA2 was used to infer amplicon sequence variants (ASVs) (Callahan et al., 2016), which was recommended to replace OTU (operational taxonomic unit) based approaches (Callahan et al., 2017; Knight et al., 2018). Sequencing data for the amplicons obtained were processed based on the DADA2 (1.14) analysis pipeline (Callahan et al., 2016) in R (3.6.3) (R Core Team, 2017) with forward, and reverse reads trimmed to 220–200 nt. Reads were truncated when reaching a quality score of 2 and removed if reads contained ambiguous bases, and expected error rate above 2. Then error rates were calculated, filtered reads were dereplicated and the DADA algorithm was utilized to infer exact sequence variants. Forward and reverse reads were merged, and chimeras were removed. 16S rRNA ASVs were taxonomically assigned based on the SILVA database (v138) (Quast et al., 2013). With phyloseq package (1.30.0) (McMurdie and Holmes, 2013), sequences affiliated to mitochondria, chloroplasts, Archaea and Eukarya were removed and read counts transformed to relative abundance. For pmoA gene sequences, primers and adapters were eliminated. Forward and reverse reads trimmed to 270–200 nt, the rest of the pipeline was done using the same configurations as for 16S rRNA analysis with the exception of taxonomical assignment, where modified pmoA gene reference database was used (Yang et al., 2016).



Determination of CH4 Oxidation Potential

The sediments were diluted 20% (w/v) with the corresponding lake water in amber glass serum vials in aerobic atmosphere and sealed with butyl rubber stoppers. CH4 was then added as a substrate at a concentration of 1% (v/v) of the headspace. The vials were incubated for up to 90 days at 5, 10, 15, and 20°C with constant agitation at 120 rpm in orbital shakers. The experiment was performed in triplicate and blank vials were prepared under the same conditions, but autoclaved (30 min, 121°C) before CH4 addition to account for non-biological CH4 oxidation. CH4 consumption was quantified in the gas phase by periodical sampling and subsequent analysis on a GC-2014 gas chromatograph (Shimadzu Scientific) equipped with a Porapak-Q column (length 6.0 ft, 1/8 in. OD, 2.1 mm ID), column temperature 55°C, detector temperature 140°C, nitrogen as carrier gas (30 mL min–1) and a flame ionization detector. CH4 oxidation potential rates were determined by linear regression of CH4 concentration as a function of time, assuming first-order kinetics.



Enumeration of Viable CH4-Oxidizing Bacteria

Serial dilutions were carried out and viable count were performed by most probable number (MPN) series of three tubes, with nitrate mineral salts medium (NMS) in aerobic atmosphere in Hungate tubes (Whittenbury and Wilkinson, 1970). After sealing the tubes, 1% of CH4 was added and tubes were incubated up to 90 days at 5°C. Positive tubes were confirmed by turbidity and CH4 consumption in the gas phase as explained above for CH4 oxidation potential. The MPN values whose 95% confidence limits do not overlap were considered significantly different (p < 0.05).



Data Analysis

Functions of phyloseq (1.30.0) (McMurdie and Holmes, 2013), vegan (2.5-6) (Oksanen et al., 2018) and ggplot2 (1.30.0) (Wickham, 2006) packages were used for the subsequent analysis and visualization in the R software (3.6.3) of intra and inter-sediment biodiversity at the phylum level, microbial taxa of methanotrophs, rarefaction curves and alpha diversity indices (ASV richness, Shannon diversity and Simpson dominance). To understand which environmental parameters constrain microbial community composition of lake sediments, we performed a non-metric multidimensional scaling (NMDS) ordination analysis based on Bray–Curtis distance and fitted environmental parameters projected by envfit function. The NMDS is an unconstrained ordination technique representing multivariate community data in a reduced set of dimensions. Venn diagrams were also constructed to visualize shared and unique ASVs, and microbial taxa between samples for the 16S rRNA and pmoA genes. Two variants of Venn diagrams were made, firstly, those that included the total ASVs obtained per sample and secondly, they were grouped with the tax_glom function according to the last taxonomic assignment reached by best_hit.

Phylogenetic trees were constructed by the neighbor-joining method (Saitou and Nei, 1987) with MOB- and AOM-related ASVs of the 16S rRNA gene, incorporating ASVs from different polar (Arctic and Antarctic) and non-polar (Europe and New Zealand) environments (PRJEB22851 data set) (Kleinteich et al., 2017). The trees for ASVs obtained from the pmoA gene were constructed by maximum-likelihood method (Felsenstein, 1981). Trees were generated using the MEGA version 7.0 software package (Kumar et al., 2016). Kimura’s two-parameter model (Kimura, 1980) and Jukes-Cantor model (Erickson, 2010) was used to calculate the evolutionary distance matrices of phylogenetic trees for 16S rRNA and pmoA gene, respectively. Bootstrap analysis (1,000 repetitions) was performed to assess the reliability of the branches (Felsenstein, 1985).

The effect of temperature on CH4 oxidation potential was evaluated by analysis of variance (ANOVA). The significance of the mean difference was estimated with the Tukey test (p < 0.05).




RESULTS


Bacterial Diversity

For the 16S rRNA gene, a total of 426,326 sequences grouped in 4,836 ASVs were obtained (Supplementary Table 1), and ranged from 2,355 (Kitezh) to 4,041 (Slalom) (Table 1). Rarefaction curves for 16S rRNA gene sequences showed that the plateau phase was reached for all the lake sediments, with asymptotic tendencies, indicating that the sequencing depth was sufficient to identify the minimum number of reads obtained per sample (Supplementary Figure 1A). The Shannon diversity indices (H’) showed values in the range of 5.92 (Kitezh) to 6.65 (Slalom) and the Simpson dominance indices (D) values from 0.04 (Kitezh) to 0.01 (the other four lakes) (Table 1).


TABLE 1. Alpha diversity indices of the five lake sediments based on 16S rRNA and pmoA gene analysis.
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Taxonomic assignment revealed a total of 32 phyla, 20 of them with relative abundances higher than 0.05% (Supplementary Figure 2A). In general, the samples showed high abundances of Proteobacteria (20.2–30.5%), and minor abundances of Acidobacteriota, Bacteroidota, Planctomycetota, Verrucomicrobiota, Nitrospirota, Gemmatimonadota, Chloroflexi, and Desulfobacterota. In contrast to the rest of the sediments, Kitezh showed a high abundance of Actinobacteriota (34.5%) in relation to Proteobacteria (26.1%). In the rest of the sediments, Actinobacteriota was present in lower abundances (3.3–11.2%). Remarkably, Uruguay showed a high percentage of Planctomycetota (10.2%) and Chloroflexi (7.9%) compared to the rest (3.9–6.3% and 2.8–3.9%, respectively). It was also the only sediment that had abundances >0.05% of Zixibacteria, Spirochaetota, and Fibrobacterota (4.6, 3.8, and 3.2% respectively).

In the Venn diagram analysis, the five sediments shared 1,051 ASVs (Supplementary Figure 2B), which represent 21.7% of the total ASVs. Similarly, 11.7% of them were unique, representing 2.0% (Kitezh), 1.3% (Long), 1.1% (Mondsee), 3.7% (Slalom), and 3.6% (Uruguay) of the total ASVs. Moreover, grouping the ASVs according to the last taxonomic affiliation reached (Supplementary Figure 2C) showed a higher percentage of shared microbial taxa among them (52.5%) and fewer percentages of unique taxa (1.3% for Kitezh, 0.9% for Long, 0.4% for Mondsee, 2.3% for Slalom and 1.3% for Uruguay).

A multivariate cluster analysis at a qualitative level (UPGMA, Jaccard index) showed that Long, Mondsee, and Slalom clustered together (Supplementary Figure 3A) separated from Uruguay and Kitezh. Surprisingly, a similar trend was observed when the analysis was performed with the pmoA gene (Supplementary Figure 3B).



Methanotrophs: Diversity, Phylogeny, and Phospholipid Fatty Acids

Analysis of 16S rRNA gene, focusing on the currently known taxa of MOB and AOM, revealed that only 13 ASVs were identified and in very low relative abundances with respect to the total number of ASVs of the Bacteria domain (Figure 2A): 0.02, 0.06, 0.06, 0.07, and 0.51% (Kitezh, Long, Mondsee, Slalom and Uruguay, respectively). Each sediment had a different abundance distribution of MOB families (Figure 2B): 5.8–39.9%, for Methylococcaceae (Gammaproteobacteria class), 6.6-31.3% for Crenotrichaceae (Gammaproteobacteria class), and 1.4–75.0% for Methylacidiphilaceae (Verrucomicrobia phylum) and 5.8–53.3% for AOM candidate family Methylomirabilaceae (Methylomirabilota phylum). ASVs affiliated with Alphaproteobacteria-MOB were not detected in this analysis.
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FIGURE 2. Methane oxidizing bacteria diversity in five lake sediments samples. Relative abundances based on 16S rRNA gene analysis (A). Heatmap showing the percentages of relative abundance of ASVs associated to methane oxidizing bacteria families based on 16S rRNA gene analysis (B), and methane oxidizing bacteria classes based on pmoA gene analysis (C). Venn diagram showing number of shared ASVs (D).


For the pmoA gene, 12,540 sequences grouped in 200 ASVs were obtained (Supplementary Table 2). Rarefaction curves are shown in Supplementary Figure 1B. The analysis showed a different relative abundance distribution for each sediment compared to the 16S rRNA gene (Figure 2C): Alphaproteobacteria-MOB ASVs (16.7–77.7%) were identified, some of them reaching the taxonomic assignment of Methylocystaceae family. In addition, Gammaproteobacteria-MOB ASVs (14.0–83.3%), were also detected, some of them reaching the Methylococcales order, and the Methylococcaceae family. Methylacidiphilae-MOB ASVs (0.1–2.8%) were detected only in Long, Slalom and Uruguay, where the taxonomic assignment reached the genus Methylacidiphilum. Finally, a low percentage of ASVs in Long, Mondsee, Slalom and Uruguay (4.3–5.8%) corresponded to non-cultivable environmental pmoA sequences.

In the Venn diagram analysis with the pmoA gene, the five lake sediments shared only 2 ASVs (Figure 2D), which represent 1.0% of the total identified ASVs. Likewise, 56.0% of total ASVs were unique for each lake sediment, representing 2.5% (Kitezh), 12.5% (Long), 13.0% (Mondsee), 16.5% (Slalom), and 11.5% (Uruguay) of the total ASVs. In addition, grouping the ASVs according to the last taxonomic affiliation reached, showed that a higher similarity among lake sediments was obtained (50% of total methanotrophs), with only Mondsee and Uruguay showing unique taxa (data not shown).

The phylogenetic analysis of the ASVs affiliated with methanotrophs based on 16S rRNA gene (Figure 3), showed that the majority were highly related to MOB-Type I (Gammaproteobacteria class). ASV2967 and ASV708 joined the clade of Methylobacter psychrophilus, Methylobacter tundripaludum (both psychrophilic species), and “Candidatus Methylobacter oryzae,” which constitute a cluster integrated by members of the environmentally important Methylobacter Clade 2 (Smith et al., 2018). ASV708 was detected in all sediments with the highest relative abundance of methanotrophs (6.7–17.5%) (Supplementary Table 1).
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FIGURE 3. Neighbor-joining tree of partial bacterial 16S rRNA gene sequences and representative species of currently know aerobic methane oxidizing bacteria and anaerobic methane oxidizing bacteria of the Methylomirabilota phylum. Kimura’s two parameter model was used to calculate the evolutionary distance matrices based on 253 nucleotide positions. Bootstrap values (above 50%) based on 1,000 re-samplings are listed at the nodes. Bar, 0.02 substitutions per nucleotide position.


ASV1732 was related to Crenothrix polyspora, a filamentous bacterium that has been reported as one of the main consumers of CH4 in stratified lakes (Oswald et al., 2015, 2016, 2017). However, it clustered in a distinct clade within Crenothrix-related ASVs from Antarctic and Arctic environments, separated from Crenothrix polyspora clone sequences. ASV536, ASV643, and ASV4412, joined a cluster separated from other known MOB-Type I (Gammaproteobacteria class), indicating that represent presumably novel species of MOB not yet characterized. ASV536 and ASV643 (close to Methylocucumis oryzae) were abundant in Uruguay lake sediments, which also showed a significantly higher methanotrophic activity than the other sediments. ASV1332, ASV2612, and ASV4366 joined a cluster within the family Methylacidiphilaceae (phylum Verrucomicrobia), but far distant and separated from the group of acidophilic and thermophilic MOB Methylacidiphilum infernum, Methylacidiphilum fumariolicum, and Methylacidiphilum kamchatkense, and acidophilic and mesophilic MOB Methylacidimicrobium tartarophylax, Methylacidimicrobium. cyclopophantes, and Methylacidimicrobium fagopyrum. In particular, ASV4366 clustered with the rest of Verrucomicrobia-related ASVs identified in polar (Arctic and Antarctic) environments. ASV1057, ASV1805, ASV1293, and ASV3066 joined the family Methylomirabilaceae. However, differences were found in their similarities: the first two are close to group A, and the last two to group B (Ettwig et al., 2009; He et al., 2015).

On the other hand, the phylogenetic analysis of ASVs based on pmoA gene (Supplementary Figure 4) showed that few ASVs were affiliated with any known taxa. Regarding the Gammaproteobacteria class, ASV142 and ASV165 clustered with “Candidatus Methylobacter oryzae,” ASV67 with Methylobacter capsulatum, ASV185 with M. psychrophilus, ASV67 with Methylococcus capsulatus, and ASV166 and ASV7 with Methylomonas paludis. In the Alphaproteobacteria class, ASV183 clustered with Methylosinus acidophilus. Other related ASVs (ASV1, ASV13, ASV17, ASV52, ASV94 and ASV132) clustered in the clade that also harbors M. acidophilus. However, the affiliation of these ASVs was uncertain. Finally, none of the ASVs clustered within known taxa in the Verrucomicrobia phylum.

Phospholipid fatty acids biomarkers analysis showed a wide variety of fatty acids, those with potential biomarker value for characterized MOB were selected (Supplementary Table 3). Regarding fatty acids of MOB-Type I, all the lakes presented the fatty acid C16:1ω7c in concentrations from 0.05 ng gdw–1 (Kitezh), and from 1.96 ng gdw–1 to 6.05 ng gdw–1 (the other sediments). C18:2ω6,12c (MOB-Type II), were also present in all sediments in concentrations from 0.11 ng gdw–1 (Kitezh) to 2.15 ng gdw–1 (Uruguay). Uruguay also showed the presence of C18:1ω7c, characteristic of some Methylosinus species (also present in Long) and C18:1ω8c (MOB-Type II) with concentrations of 2.66 ng gdw–1 and 1.35 ng gdw–1, respectively.



Relationships Between Environmental Parameters and Microbial Diversity

The result of physicochemical analyses is shown in Table 2. The NMDS analysis (Figure 4) showed that among the 12 evaluated physicochemical parameters, the pH correlated with the composition of the total bacterial community (16S rRNA gene) and with methanotrophs (pmoA gene) (r2 = 0.99, p < 0.05; r2 = 0.99, p < 0.001, respectively). In particular, the subset of methanotrophs evaluated by 16S rRNA gene correlated with TOC (r2 = 0.98, p < 0.001), total nitrogen (TN, r2 = 0.99, p < 0.001), conductivity (r2 = 0.98, p < 0.05), and nitrate concentration (NO3, r2 = 0.98, p < 0.05).


TABLE 2. General data and physicochemical characteristics for the five freshwater lake sediments.
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FIGURE 4. Non-metric multidimensional scaling ordination plots based on Bray–Curtis distance and environmental variables showing the relationships among samples based on total bacterial community composition (A) and methanotrophs (B,C), stress < 0.20. Arrows with asterisks indicate a significant correlation (p < 0.05). DO, dissolved oxygen; TOC, total organic carbon; TN, total nitrogen; CN, TOC/TN ratio; PO4, phosphate; SO4, sulfate; Cl, chloride; NO3, nitrate. K, Kitezh; L, Long; M, Mondsee; S, Slalom; and U, Uruguay.




CH4 Oxidation Potential and CH4-Oxidizing Bacteria Viable Count

All evaluated sediments had measurable CH4 oxidation activity at every temperature (Figure 5). The values ranged from 0.07 to 10 μmol CH4 gdw–1 day–1 and Uruguay had the highest values at all temperatures. The CH4 oxidation potential values obtained at 5 and 10°C were not significantly different for each lake sediment. At 5°C (close to the in situ lake temperatures), no significant differences were found among Kitezh, Long, Mondsee, and Slalom lake sediments. An increase of CH4 oxidation potential with temperature was observed for all sediments, with the highest CH4 consumption values around 20°C or higher.
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FIGURE 5. Influence of temperature on CH4 oxidation potential in five lake sediments samples. Errors bars of standard deviation of triplicate runs are indicated. Different letters indicate significant differences (Tukey, p < 0.05).


The MOB count values calculated by MPN for Kitezh, Long, Mondsee, and Slalom were very low and not significantly different (Table 3). On the other hand, Uruguay showed a count value of two orders of magnitude higher compared to the other sediments.


TABLE 3. Methanotrophic oxidizing bacteria viable count and 95% confidence limits for the five lake sediments.
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DISCUSSION


Bacterial Diversity

Microorganisms dominate the genetic pool and biomass of colonizable niches in most Antarctic environments, playing key roles to maintain ecosystem functions. The main bacterial phyla found in the five sediments were similar to those found in sediments and soils of polar environments (Sjöling and Cowan, 2003; Saul et al., 2005; Smith et al., 2006; Achberger et al., 2016; Koo et al., 2018). The roles of these groups of microorganisms in sediments are associated with essential ecosystem functions, from primary production, heterotrophy, and recycling of minerals (Wilkins et al., 2013). Although a literature review showed that freshwater deposits in the region are very homogeneous, the differences in the abundance of certain taxa may be due to anthropogenic impact or the contribution of exogenous organic matter in some lakes (Saul et al., 2005; Laybourn-Parry and Pearce, 2007; Ransom-Jones et al., 2012). The diversity values found in this work were similar to other lake systems in cold environments (Christner et al., 2014; Wang et al., 2016; Liao et al., 2019; Broman et al., 2020). According to the results obtained, the five sediments had balanced communities, without great dominance.

It is well-known that environmental factors can affect the abundances and taxonomic compositions of microbial communities and some studies have shown that pH was found to be the dominating factor driving the variations in community structure, as in our study (Xiong et al., 2012; Wilhelm et al., 2013; Ligi et al., 2014; Liu et al., 2015; Wang et al., 2016).



Methanotrophs: Diversity and Phylogeny

According to the 16S rRNA and pmoA gene results, MOB-Type I and MOB-Type II were both present in all sediments with relative abundances in the range as previously reported in Arctic and subarctic lakes (He et al., 2012a). In our study, some taxa of methanotrophs were not detected in the analysis of the 16S rRNA gene sequencing and could be attributable to the low abundance of these microorganisms relative to total Bacteria. It has been shown that single-gene surveys fail to capture the taxonomic and metabolic diversity of these microorganisms (Mayr et al., 2020b). Thus, the combination of target genes is considered one of the best approaches to reveal methanotrophic diversity (Lüke and Frenzel, 2011). We applied amplicon sequencing of pmoA gene with primers A189f and mb601r, which was reported as one of the best pair of primers for the coverage of methanotrophs diversity (Bourne et al., 2001; McDonald et al., 2008). However, it is necessary to emphasize that the primers used may not be able to amplify all MOB as well as AOM sequences of the Methylomirabilota phylum (Luesken et al., 2011). Therefore, since the pmoA primers used have some limitations, an analysis that combines also 16S rRNA gene primers is advantageous, allowing a more complete approximation of the structure of the methanotrophic community in this unexplored environment.

The reduced biodiversity of methanotrophs found in these sediments makes them ideal model systems to examine the effect of factors such as temperature and geochemistry parameters. Consequently, this particular process could be an indicator of the impact of those factors.

Fatty acids (C16:1ω7c) specific of the Methylococcaceae family were identified in all samples, in agreement with the high relative abundance of ASVs affiliated to Methylobacter Clade 2. In addition, fatty acids (C18:2ω6,12c) associated MOB-type II Alphaproteobacteria were also present in all lakes. However, some of these fatty acids are not exclusive of methanotrophs and are distributed in other taxonomic groups (Willers et al., 2015). Consequently, the detection of these fatty acids was carried out as complementary confirmation of the presence of different groups of MOB in these sediments, along with the sequencing data (Bodelier et al., 2009; Nazaries et al., 2013). In addition, great care should be taken in interpreting these data since the PLFA database for methanotrophs (especially psychrophiles) is not extensive (McDonald et al., 2008).

When considering the sequencing data and PLFA results together, the presence of both groups of MOB in the sediments can be assumed. It was observed that those lakes that have a higher relative abundance of the MOB-Type II associated pmoA gene, showed a higher concentration of fatty acids C18:2ω6, C18:1ω7c, and C18:1ω8c.

These preliminary results present a future perspective for the analysis of these communities by SIP-PLFA in Antarctic environments, and confirm which fatty acids are characteristic of these particular methanotrophs in the lake sediments studied. In southern polar environments, where information on MOB is scarce, the approach to these communities based on the composition of PLFA can reveal novel data that broaden the knowledge of cell membranes of psychrophilic or psychrotolerant microorganisms. Given that currently, the sequences of cultivated psychrophilic methanotrophic bacteria are scarce, the identification of species based on sequence similarity is biased in cold environments. In our study, the assignment of some ASVs to the Methylacidiphilaceae family was unexpected, since their cultivated representatives described so far were mainly associated to geothermal environments, with high temperatures and low pH (Op den Camp et al., 2009; van Teeseling et al., 2014). However, the new description of mesophilic representatives (van Teeseling et al., 2014) and the results obtained in this research, suggest a broader phylogenetic spectrum of MOB of the phylum Verrucomicrobia, occupying several environments, fulfilling an ecological role not yet clearly clarified.

ASV708, ASV2967 (16S rRNA gene), ASV142, and ASV165 (pmoA gene) were clearly affiliated to Methylobacter Clade 2. ASV1732 (this study) and other Arctic and Antarctic sediments ASVs (Kleinteich et al., 2017) were affiliated to a different cluster that could also be members of the Methylobacter Clade 2, given the lack of isolates that expand the knowledge of this group. Members of this clade have usually been related to cold-adapted niches (M. tundripaludum and M. psychrophilus) (Smith et al., 2018). However, new members associated with other environments have recently been discovered, e.g., “Ca. Methylobacter oryzae” KRF1, isolated from tropical rice fields (Rahalkar et al., 2019; Khatri et al., 2020). This organism has genes coding for dissimilatory nitrate reduction pathway (Smith et al., 2018), an ability that according to Hernandez et al. (2015) would allow them to survive under hypoxic conditions or be more competent against other type I methanotrophs. Methylobacter Clade 2 has been reported as the dominant methane oxidizer in soils and sediments, becoming an active cosmopolitan methanotroph present in many ecosystems (Kleinteich et al., 2017; Rahalkar et al., 2019; Khatri et al., 2020). The association of ASV536 and ASV643 with the closest taxon Methylocucumis oryzae (Pandit et al., 2018; Pandit and Rahalkar, 2019), and the aforementioned relationship with “Ca. Methylobacter oryzae” adds information on the groups of methanotrophs studied and their wide distribution throughout different environments on the planet, including in Antarctic lake sediments.

Members of the Methylomirabilaceae family (whose best-characterized representative is “Ca. Methylomirabilis oxyfera”) has been reported as dominant in anaerobic enrichments with CH4 as substrate (Wu et al., 2011; Cui et al., 2015), suggesting that in the studied sediments, members represented by ASV1805 and ASV1057 would be carrying out the same metabolic activity. Although ASV1293 and ASV3066 were related to the Methylomirabilota phylum, it cannot be assured that they were AOM representatives since there is no member of this group that has been enriched or isolated, and their ecophysiology is unknown (Ettwig et al., 2009; He et al., 2015). The identification of AOM in the ASVs of the Methylomirabilaceae family raises the possibility of CH4 oxidation processes associated with denitrification in the anoxic phase of these sediments (Cui et al., 2015). These bacteria would consume the CH4 generated by methanogenic archaea prior to reaching the oxic phase, where it would be oxidized by MOB before it would be released into the atmosphere. The results obtained open the question of including these taxa in the biogeochemical cycle of CH4 in maritime Antarctic lake sediments in future studies. Moreover, since our molecular tools did not cover anaerobic methanotrophic archaea, their influence on the methane cycle cannot be overlooked.

It has been postulated that most Antarctic prokaryotes diverged from their closest known non-antarctic relatives long before geographic isolation developed in the Antarctic region (Franzmann, 1996). Therefore, the evolution processes by isolation could have given rise to communities of microorganisms endemic of this region (Tindall, 2004), as psychrophilic or psychrotolerant methanotrophic organisms, with possible new genera and species. This would explain the presence of presumably new microbial clades of methanotrophic bacteria in these sediment samples. Particularly, the pmoA gene sequencing results showed a large number of ASVs that did not reach the taxonomic rank of known family or genus, or the ASVs of 16S rRNA gene related to the phylum Gammaproteobacteria type I, but far from known methanotrophic species, as well as MOB of the phylum Verrucomicrobia. The low biodiversity of MOB could reflect a functional disadvantage of this ecosystem since it is expected that redundancy in more diverse communities would stabilize their functioning (Bell et al., 2005).



CH4 Oxidation Potential and CH4-Oxidizing Bacteria Viable Count

The values of CH4 oxidation potentials increased with temperature from 5 to 15°C. However, for Kitezh, Long, Mondsee, and Uruguay there were no significant differences at 15 and 20°C, suggesting that active MOB were psychrotolerant (with an optimum temperature between 15 and 20°C) and not real psychrophiles (Morita, 1975). On the other hand, for Slalom, active MOB seemed to have optimal temperatures close to mesophilia (with an optimum temperature around or higher than 20°C). Some studies carried out on samples from northern polar regions revealed that the optimum temperature for methanotrophic activity was between 15 and 25°C (Martineau et al., 2010; He et al., 2012b), and some of them even showed activity at 38°C (Liebner and Wagner, 2007). Therefore, our results agree with previous approaches where they concluded that many microorganisms can survive and multiply in extreme conditions imposed by low-temperature environments, far from their optimum temperature (Rothschild and Mancinelli, 2001). The pressure of low temperatures in maritime Antarctica could lead to the selection of psychrotolerant microorganisms, whereas MOB-Type I (associated with lower optimum temperatures) tend to outgrow MOB-Type II (Börjesson et al., 2004; Liebner and Wagner, 2007). However, the latter would prevail in oligotrophic environments. Consequently, both types of methanotrophs could carry out the ecological role and structure the community of MOB depending on the environmental conditions and its spatial distribution (Mayr et al., 2020b).

Since the information on methanotrophic activity and diversity in these regions is scarce, it was not possible to compare our results with other similar studies. Comparing CH4 oxidation potential values for Kitezh, Long, Mondsee, and Slalom they were in the range of other studies in northern polar regions (Liebner and Wagner, 2007; Martineau et al., 2010; He et al., 2012a,b; Mo et al., 2020).

The positive influence of temperature on the production of CH4 in sediments of this region was previously verified in microcosm tests (Ellis-Evans, 1984; Vieira et al., 2015; Menes and Roldán, 2019), consequently, it was important to verify that these sediments could also have the capacity to mitigate CH4 emissions at higher temperatures.

The results of the enumeration of MOB indicated low numbers of culturable bacteria in the sediments, 103–106 times lower than the results of viable counts in sediments of Ace Lake and Burtoon Lake in East Antarctica (Bowman et al., 1997). It was also 102–106 times lower than the values from sediments of other polar regions (Trotsenko and Khmelenina, 2005; Liebner and Wagner, 2007; Oshkin et al., 2014) obtained by quantification of individual cells by independent culture methods (immunofluorescence and FISH). Viable count techniques difficulties for this group of microorganisms are fully recognized (McDonald et al., 2008) since they are highly affected by the type of medium selected and the incubation conditions. However, our results are consistent with the low relative abundance of MOB found by the 16S rRNA gene analysis. In lakes of East Antarctica, it has been shown that methane oxidation rate correlated well with the number of methanotrophs (Galchenko, 1994) as in our study, where the sediment that showed a higher count presented higher methanotrophic activity. In addition, the PFLA analysis showed a positive trend with the potential oxidation activity and MPN results, since the sediment with the highest activity and viable count (Uruguay), showed the highest concentration of MOB-related fatty acids, in contrast to the one with the lowest activity and count (Kitezh), which showed the lowest concentration.




CONCLUSION

The lacustrine sediments studied had a balanced bacterial diversity without great dominance. In particular, the methanotrophic bacteria were in low abundance and had low biodiversity, suggesting a high vulnerability of this population that deserves particular attention.

Our results also indicate a high similarity of methanotrophic communities across lakes. According to the most abundant ASVs in all sediments, it can be concluded that aerobic methanotrophy is mainly due to members of the Methylobacter Clade 2 (Type I family Methylococcaceae). The results obtained for the CH4 oxidation potential revealed values capable of mitigating CH4 emissions and a favorable influence of temperature up to 20°C. This study opens up interesting perspectives to further deepen the knowledge of methanotrophy in maritime Antarctica, such as isolating new methanotrophic species and having a better understanding of the methanotrophy in aerobiosis as well as in anaerobiosis. Our results set a starting point to delve deeper into the knowledge of the biogeochemical cycle of CH4 in maritime Antarctica.
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Marine ammonia oxidizers that oxidize ammonium to nitrite are abundant in polar waters, especially during the winter in the deeper mixed-layer of West Antarctic Peninsula (WAP) waters. However, the activity and abundance of ammonia-oxidizers during the summer in surface coastal Antarctic waters remain unclear. In this study, the ammonia-oxidation rates, abundance and identity of ammonia-oxidizing bacteria (AOB) and archaea (AOA) were evaluated in the marine surface layer (to 30 m depth) in Chile Bay (Greenwich Island, WAP) over three consecutive late-summer periods (2017, 2018, and 2019). Ammonia-oxidation rates of 68.31 nmol N L−1 day−1 (2018) and 37.28 nmol N L−1 day−1 (2019) were detected from illuminated 2 m seawater incubations. However, high ammonia-oxidation rates between 267.75 and 109.38 nmol N L−1 day−1 were obtained under the dark condition at 30 m in 2018 and 2019, respectively. During the late-summer sampling periods both stratifying and mixing events occurring in the water column over short timescales (February–March). Metagenomic analysis of seven nitrogen cycle modules revealed the presence of ammonia-oxidizers, such as the Archaea Nitrosopumilus and the Bacteria Nitrosomonas and Nitrosospira, with AOA often being more abundant than AOB. However, quantification of specific amoA gene transcripts showed number of AOB being two orders of magnitude higher than AOA, with Nitrosomonas representing the most transcriptionally active AOB in the surface waters. Additionally, Candidatus Nitrosopelagicus and Nitrosopumilus, phylogenetically related to surface members of the NP-ε and NP-γ clades respectively, were the predominant AOA. Our findings expand the known distribution of ammonium-oxidizers to the marine surface layer, exposing their potential ecological role in supporting the marine Antarctic system during the productive summer periods.
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INTRODUCTION

The dissolved inorganic nitrogen pool that supports marine production is primarily the result of ammonium (NH4+), nitrite (NO2−), and nitrate (NO3−) formation and regeneration via different biogeochemical pathways. Nitrification forms regenerated NO3− (aerobic oxidation of NH4+ to NO2-and then to NO3−; Falkowski et al., 2003; Clark et al., 2007), which on a global ocean scale can supply approximately half of the NO3-consumed by phytoplankton, thereby having a significant impact on the nitrogen cycle and biomass production (Fernandez et al., 2005; Martin and Pondaven, 2006).

Particularly in polar regions, the estimated ammonia-oxidation rates vary greatly between summer and winter seasons because ammonia-oxidizers depend on the NH4+ generated by heterotrophic processes, such as excretion and microbial degradation of organic nitrogen, which in turn are coupled with primary production during the summer (Ward, 2000). In the West Antarctic Peninsula (WAP), high ammonia-oxidation rates (220 nM day−1) have been mostly detected during the winter (Tolar et al., 2016), when light-driven primary production and competition from phytoplankton are low (Christman et al., 2011), whereas the summer rates (>24 nM day−1) are comparatively low. The diminished ammonia-oxidation rates recorded during the summer (Tolar et al., 2016) could be explained by light-inhibition of ammonia-oxidizers (Guerrero and Jones, 1996), as well as by competition for ammonium with phytoplankton and heterotrophic bacteria during this highly productive period (Ward, 2000).

The first step in nitrification is NH4+ oxidation to NO2-by ammonia-oxidizing bacteria (AOB; Betaproteobacteria and Gammaproteobacteria) and archaea (AOA; Thaumarchaeota). AOB have been cultivated for over 100 years and were essential for the discovery of and early research on chemoautotrophy (Wallace and Nicholas, 1969). Conversely, marine Thaumarchaeota were only discovered two decades ago (DeLong, 1992; Fuhrman and McCallum, 1992; Könneke et al., 2005). Due to limited available isolates, the effect of environmental drivers on the marine activity and distribution of this phylum is still not fully understood. Furthermore, the archaeal amoA gene is generally more abundant than the bacterial amoA gene in many marine environments (Mincer et al., 2007; Beman et al., 2008; De Corte et al., 2009), where AOA often show a wider distribution that commonly correlates with the ammonia-oxidation rate (Beman et al., 2012).

The Southern Ocean was among the first marine environments where Archaea were detected using molecular techniques (DeLong et al., 1994). In the WAP, the AOA Thaumarchaeota (e.g., Nitrosopumilus spp.) reportedly account for up to 16%–34% of the bulk picoplankton community of nearshore surface and deeper seawaters off Anvers Island during the late winter period (DeLong et al., 1994; Murray et al., 1998; Church et al., 2003; Alonso-Sáez et al., 2011; Tolar et al., 2016). These values represent 16% of the prokaryotes in the Antarctic surface waters (0–150 m) and are even higher (up to 26%) in the deeper Circumpolar Deep Waters (CDW; >150 m; Alonso-Sáez et al., 2011; Tolar et al., 2016). However, transition from the winter to the summer season denotes a significant decrease in nitrifying archaeal abundances, particularly at the surface (0–150 m; 1–2% of the prokaryotes) compared to the subsurface (150–250 m, 5–10%) and deep (<250 m; 13–17%) waters (Murray et al., 1998; Church et al., 2003; Alonso-Sáez et al., 2011; Grzymski et al., 2012). In contrast, Bacteria in polar waters show spatiotemporal variability in their abundance and distribution in the WAP (Murray et al., 1998; Church et al., 2003), being relatively prevalent in the summer upper water column (0–100 m, 3.9 × 105 cells ml−1) comprising 89% of the total picoplankton assemblage in this depth range, but decreasing to 8.9 × 104 cells ml−1 with depth in the CDW (>150 m; Church et al., 2003). Furthermore, AOB such as those represented by Nitrosospira-like sequences, have been reported as ubiquitous and important AOB in Arctic and Antarctic samples mostly below 50 m depth (Hollibaugh et al., 2002). Generally, AOA and AOB are dynamic groups of marine picoplankton in the Southern Ocean, where AOA vary seasonally in the deeper waters and AOB are more variable in the upper waters. However, deeper knowledge of the distribution and composition of these ammonia-oxidizers in polar shallow coastal marine waters (up to 30 m) is still required.

Here, surface ammonia-oxidation rates and the transcriptional activity of AOA and AOB were evaluated over three consecutive summers (February–March of 2017–2019) down to 30 m in Chile Bay (62°27′6’ S; 59°40′6” W), Antarctica. We combined metagenomics, quantification of AOA and AOB amoA gene transcripts by RT-qPCR, and high-throughput sequencing of taxa-specific amoA and 16S rRNA gene transcripts to unveil the presence, abundance, and activity of the surface ammonia-oxidizer community during highly productive late-summer coastal polar ecosystem in the WAP. Our study reveals important new insights about the contribution and relevance of AOA and AOB to the WAP surface waters.



MATERIALS AND METHODS


Study Site, Sample Collection, and Analyses

Chile Bay (Greenwich Island, WAP) is a coastal ecosystem characterized by high variability in the phytoplankton and bacterioplankton community composition during the summer (Alcamán-Arias et al., 2018; Fuentes et al., 2019). Seawater from this bay was collected 10–12-times per summer at sampling station P3 (62°27′6” S; 59°40′6” W; Figure 1) over three consecutives late-summer periods (February to early March 2017, 2018, and 2019). Onboard a zodiac boat, seawater samples were collected at 2 m depth using a handheld pump, and at 30 m depth using Niskin bottles. Directly after seawater collection, prefiltration with a 150-μm mesh was used to exclude large organisms. At the same time a CTD instrument (SeaBird 19plus) was deployed to obtain temperature (°C) and salinity profiles. The Brunt-Väisälä frequency (cycle/h) was estimated to identify water column mixing and stratification periods during the late-summer. Nutrients [nitrate (NO3−), nitrite (NO2−) and ammonium (NH4+)], were measured at both depths for all summer periods and years. Additionally, complete seawater nutrient profiles (2, 5, 10, 20, 30, 40, and 50 m) were obtained in 2018 and 2019 for high vertical resolution. All nutrients were collected in triplicate 15 ml polyethylene flasks and frozen at-20°C until laboratory analysis via colorimetric determination using a AutoAnalyzer® (AA3 Seal Analytical; Caspers, 1985). NH4+ was immediately measured (in triplicate) fluorometrically (Fluorometer Turner Design AquaFluor; Holmes et al., 1999). Total chlorophyll a (Chl-a) was determined (in triplicate) by filtering 1 L of collected seawater through a 0.7-μm GF/F glass fiber filter, and then freezing the filters until analysis by acetone extraction and fluorometric measurement (Strickland and Parsons, 1972).
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FIGURE 1. Chile bay location on the Greenwich Island (GI) in the West Antarctic Peninsula (WAP). The green star shows the P3 monitoring station in the bay.




Ammonia-Oxidation Rates

To obtain ammonia-oxidation rates, the isotopic 15N-labeled-NH4+ technique was performed in 2018 (19 February) and 2019 (19 February). Seawater samples were collected from station P3 at both 2 and 30 m depth and maintained in 2.7 L polycarbonate bottles. All bottles with seawater from 2 to 30 m, were submerged in seashore using a floating array to simulate temperature and light at surface seawater in situ conditions. Briefly, duplicate clear polycarbonate bottles were used to perform light incubations for the 2 m samples, meanwhile covered bottles were used to simulate darkness for the 30 m depth samples (according to photic layer depth estimations and 1% of the light penetration obtained by the Secchi disk and PAR sensor at sampling point P3, Supplementary Figure S1). For each bottle, 1.5 ml of 15NH4Cl (99% at 0.5 μmol ml−1) was added to obtain a final concentration of 0.5 μM 15NH4Cl. For the initial time (t0), each bottle was vigorously homogenized, and then duplicate 40 ml subsamples were collected and filtered through 0.7 μm GF/F glass fiber filters into 50 ml polyethylene tubes. After 24 h of incubation, additional 40 ml subsamples were taken from each bottle, as described above, to obtain the final time (t24). Each subsample from t0 and t24 were frozen at −20°C until further analysis at the UC Davis Stable Isotope Facility, United States. The 15NOx produced during the incubations (t0 and t24) was measured using the denitrifier method (Sigman et al., 2001) and the nitrification rate from atm% 15N values of the NOx pool was calculated as described by (Christman et al., 2011) with some modifications according to the followed equation:
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where tfNOx and t0NOx are the atm% 15N at the final (t24) and initial times (t0), respectively; nNH4+ is the atm% 15N-NH4+ enrichment at the initial time after tracer was added based on the natural NH4+ concentration and natural 15N abundance; n0NH4+ is the natural atm% 15N abundance obtained for Chile Bay (0.3548); and [NO3− + NO2−] is the in situ inorganic nitrogen pool concentration recorded in the bay. Considering the high concentration of 15N-labeled NH4+ added to the incubations, isotope dilution was likely minimal (Christman et al., 2011); thus, isotopic dilution was not corrected in our estimations.



Genomic Identification of the Nitrification Pathway

Seven gene modules of the nitrogen cycle (including nitrification), and the potential polar microorganisms involved, were investigated through metagenomic analysis for the following samples (date; depth): 2017 (21 February; 2 m); 2018 (3 March; 2 m); and 2019 (5 March; 2 m and 30 m). Duplicate 3 L volumes of seawater were obtained for the target depths at station P3 to extract and quantify nucleic acids (DNA and RNA). Using a peristaltic pump (Cole Palmer System Model no. 7553–70; 6–600 rpm), the microbial biomass was retained on 0.22 μm pore size filters (Sterivex units, Merck-Millipore). All filters (DNA and RNA) were frozen and maintained at −80°C until nucleic acid extraction. For RNA samples, the biomass collected on the Sterivex filters was preserved with 1 ml of RNAlater RNA Stabilization Solution (Ambion Inc.).

DNA extractions for metagenomic analysis were based on a previously described method (Alcamán-Arias et al., 2018) with some modifications. Briefly, filters were resuspended in lysis buffer containing xanthogenate buffer [1% potassium ethyl xanthogenate (Sigma-Aldrich, United States)]. Next, SDS was added to 1% and then the mixture was incubated at 65°C for 2 h. DNA was extracted with phenol: chloroform: isoamyl alcohol (25: 24:1) and then the residual phenol was eliminated with chloroform: isoamyl alcohol (24:1). The extracts were cleaned by precipitation overnight with cold isopropanol and then washed with 70% ethanol. The quality and quantity of the extracts were checked using a Nanodrop spectrophotometer and a Qubit® 2.0 Fluorometer (Thermo Fisher Scientific, United States) with the dsDNA-BR Assay kit. Finally, DNAse/RNAse-free 0.8% agarose gel electrophoresis was used to check the integrity.

For each sample, approximately >500 ng of total DNA was sent for Illumina sequencing on the NovaSeq 6000 platform with a read length of 150 bp (paired-end; Roy J. Carver Biotechnology Center, Illinois, United States). The quality of the metagenomic raw reads was assessed through FastQC (v0.11.9).1 Quality trimming of sequences was performed using Cutadapt software (v1.15; Martin, 2011), with a hard clip of the first nine bases of 5′ end and quality trimming of the 3′ end with a minimum quality of 30. Reads with ambiguous bases and low complexity sequences were removed using PRINSEQ (−ns_max_p 0-lc_method dust-lc_threshold 7; v0.20.4; Schmieder and Edwards, 2011). Paired-end quality-filtered reads were then assembled using metaSPAdes (default; v3.13.0; Bankevich et al., 2012), and subsequent ORF identification and protein prediction was performed with >500 bp contigs using Prodigal (−n-p meta; v2.6.3; Hyatt et al., 2010). Metrics of the metagenomes and the assemblies are in Supplementary Table S1.

Proteins related to seven nitrogen cycle modules (Supplementary Table S2) were searched for using hmmsearch (hmmer.org; v3.3) with previously built hidden Markov models (HMMs; Supplementary Table S2). We searched for possible nitrification enzyme orthologues in the same predicted proteins with DIAMOND (blastp-e 1e-5 --id 80 --query-cover 70; v2.0.8.146). The identified proteins were curated against the KEGG database using BlastKOALA (v2.2; Kanehisa et al., 2016). The genes that encoded the resulting proteins were used as a database target in each metagenome using Bowtie2 (v2.4.1; Langmead and Salzberg, 2012). The presence of a gene was defined by >1X coverage (depth of coverage) and > 60% of coverage breadth using “pileup.sh” from BBTools (v38.86).2 Thus, we assumed the presence of an entire pathway if one of the genes of the pathway was present, as described in (Nelson et al., 2016). The taxonomy of each gene was assessed through DIAMOND BLASTP against the NCBI NR database (March 2021). The taxonomy of the resulting alignments was determined using the “lowest common ancestor” (LCA) algorithm from MEGAN6 (v6_19_0; Hyatt et al., 2010) with a minimum score of 50 and default parameters. The relative abundance of nitrifying microorganisms was evaluated using two different softwares: _Metaxa2 (v2.2; Bengtsson-Palme et al., 2015) was used to identify 16S rRNA-like reads in the metagenomes, and Centrifuge (v1.0.4; Kim et al., 2016) was used to classify all reads in the metagenomes using a custom database composed by the genomes deposited in the Genome Taxonomy Database (GTDB; Méric et al., 2019). Raw paired-end reads from the marine metagenomes have been submitted to NCBI SRA under BioProject ID: PRJNA805531.



Quantification of amoA Gene Transcripts of Archaea and Bacteria

The amoA gene was evaluated by reverse transcription quantitative PCR (RT-qPCR) to detect and quantify the active ammonia-oxidizers (AOA and AOB) discovered by metagenomic analysis. We evaluated the compatibility of the AOA amoA genes identified in the metagenomes and AOA amoA degenerate primers using the gen_primer_match_report.py program (Delmont et al., 2018). The Arch-amoA-for primer had 100% match to the identified amoA genes, while the Arch-amoA-rev presented between 0 and 1 mismatch.

RNA extraction was conducted from the RNA filters (duplicates) obtained as explained above. Each filter was removed from the Sterivex casing, cut into pieces using a sterile blade and then placed in a 1.5-ml tube. To each tube, 1 ml of TRIzol (Invitrogen) and ~200 μl of glass beads (0.5 mm) were added. The mixture was then subjected to two bead-beating steps of 20 s. After adding 150 μl of chloroform, the mixture was shaken for 30 s and then centrifugated for 15 min at 13,000 × g and 4°C. The RNA was purified from the subsequent aqueous phase using an RNA Clean and Concentrator kit (Zymo Research, United States) according to the manufacturer’s instructions. Finally, the quality and quantity of the total RNA was checked the same way as the DNA extracts explained above but using the Qubit RNA-BR Assay kit. Unfortunately, not all replicates obtained enough total RNA, therefore only one replica per day of monitoring was used.

Total RNA (normalized to 750 ng per sample) was first treated with Ambion DNase I (RNase-free; Thermo Fisher Scientific). Next, specific cDNA was synthesized from the RNA using the iScript cDNA synthesis kit (BioRad) with primers targeting the amoA (A and B groups of nitrifiers) genes as previously described (Tolar et al., 2016; Supplementary Table S3). Absolute quantification of amoA transcripts was done by RT-qPCR in a Light Cycler 480 (Roche Life Science). For each sample and year, synthetized cDNA was analyzed against plasmid calibration curves (102–108 copies per μl) for both AOA and AOB amoA genes. The thermocycler program incorporated 40 cycles of denaturing at 95°C (10 s), annealing at 58°C (20 s), extension at 72°C (30 s) and fluorescence recovery at 77°C (1 s). For each year, the external plasmid curves for both AOA and AOB (r2: >0.98; efficiency 94%–110%) were used to quantify the transcript number. Additionally, cDNA of 16S rRNA (ß-subdivision of the class Proteobacteria) gene from AOA and AOB was also synthetized as previously described by Kowalchuk et al. (1997) and Tolar et al. (2016; Supplementary Table S3). However, because at the low efficiency and slope of external plasmid curves the AOA and AOB 16S rRNA genes, the absolute quantification was not performed. Finally, specific sequencing of both amoA and 16S rRNA (AOA and AOB) gene transcripts were performed by Fluidigm (Illinois, United States) as described below.



16S rRNA and amoA Gene Transcript Sequencing

Illumina sequencing combined with Fluidigm 2 Step Access Array Amplification (University of Illinois Keck Center, Illinois, United States) allowed for high throughput sequencing of both the 16S rRNA and amoA gene transcripts from the same cDNA stock that was used for RT-qPCR. The raw AOA and AOB sequences were demultiplexed using the q2-demux plugin implemented in the QIIME2 pipeline (Bokulich et al., 2018; Bolyen et al., 2019). The paired-end sequences were trimmed and merged using DADA2 (Callahan et al., 2016) to obtain amplicon sequence variants (ASVs). Taxonomy of the 16S rRNA gene ASVs from AOB was assigned using the q2-feature-classifier, SILVA132 database (Quast et al., 2013) and the “classify consensus vsearch” method (Rognes et al., 2016). The AOB amoA reads were not long enough to merge the paired-end sequences due to poor sequencing quality. The AOB amoA gene taxonomy was obtained using BLASTN against the NCBI RefSeq genome database (January 2020) followed by the LCA algorithm implemented in MEGAN6 (v6_19_0; Hyatt et al., 2010) with a minimum score of 50 and default parameters.



Phylogenetic Placement of AOA 16S rRNA and amoA Query Sequences

A reference phylogenetic tree of the amoA gene was first built using a curated amoA nucleotide database from Alves et al. (2018) and the NT NCBI database (January 2021). Reference amoA sequences were aligned using MAFFT (−-auto; v7.310; Katoh and Standley, 2013). The alignments were manually refined and then the phylogenetic tree was produced using iQtree (−m GTR + F + I + G4-bb 10,000-alrt 10,000; v1.6.8; Nguyen et al., 2015; Hoang et al., 2017) as described in (Alves et al., 2018). We aligned the query sequences (amoA ASV) to the reference alignment using MAFFT (−-keeplength –add; v7.310; Katoh and Standley, 2013) and then phylogenetically placed them into the reference tree using the EPA-ng algorithm (v0.3.; Barbera et al., 2018). The resulting tree was visualized using iTOL (Letunic and Bork, 2019).

The reference 16S rRNA phylogenetic tree was build using Nitrosopumilaceae 16S rRNA gene sequences from SILVA (release 138.1; Quast et al., 2013). The reference 16S rRNA gene sequences were aligned using MAFFT (−-auto; v7.310; Katoh and Standley, 2013). As described above, we manually refined the alignments and produced the phylogenetic tree with iQtree (−m GTR-bb 1,000-alrt 1,000; v1.6.8). MGIa 16S rRNA query sequences (ASV) were phylogenetically placed into the 16S rRNA reference tree, as described for the AOA amoA ASV sequences. Paired-end sequences from the AOA amoA and 16S rRNA genes have been deposited in the NCBI SRA under BioProject ID: PRJNA701028.




RESULTS


Ammonia-Oxidation Rates and Physicochemical Characterization in Chile Bay Seawater

For the 2 m depth samples subjected to illuminated incubation, the ammonia-oxidation rates measured in the summers of 2018 and 2019 showed mean values (± standard deviation) of 68.31 ± 3.68 and 37.28 ± 6.91 nmol N L−1 day−1, respectively. However, higher rates were found for the 30 m samples subjected to dark incubation, reaching values of 267.75 ± 31.21 for 2018 and 109.38 ± 43.22 nmol N L−1 day−1 for 2019 (Table 1).



TABLE 1. Ammonia-oxidation rates recorded at 2 and 30 m depth in the surface layer of Chile Bay during the 2018 and 2019 late-summer periods.
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Generally, the ammonia-oxidation rates at 2 m were obtained along the shallow stratified column water, and high rates at 30 m were obtained under the mixed conditions. This pattern was revealed by the Brunt-Väisälä Frequency (cycles/h), which denoted short periods (4–15 days) of shallow haline stratification (salinity < 33.9) between 3 and 10 m depth (Supplementary Figure S2). Additionally, parameters, such as temperature and salinity, also showed changes under stratified or mixed conditions, where the surface layer temperature during stratification was between 1.6°C and 2.4°C (Figure 2). This surface temperature decreased to ~1.6°C during the mixing events, where increased salinity (34.1) was observed (Figure 2). Potential intrusion of temperate and saline deep water were evaluated by T-S plot (Supplementary Figure S3; Schlitzer, 2014), which showed that the first meters of the water column in the bay during the summer time monitoring period was characterized by surface slope water (SSW) partially mixed with modified circumpolar deep water (mCDW). Therefore, during the late-summer period, direct input of CDW can be excluded from this surface layer (Supplementary Figure S3). Conversely, NO2−, NO3-, and NH4+ average concentrations (Supplementary Table S4) were similar in both depths. NO2− values remained between 0.20 and 0.28 μM, while mean NO3-concentrations were always between 19.01 and 22.84 μM. NH4+ concentrations showed values such as 0.21 and 0.35 μM not varying in depth or in periods of stratification or mixing (Supplementary Table S4). The biological variable Chl-a showed for the three summers (2017, 2018, and 2019) mean values twice as high at 2 m (0.55, 8.41, and 4.03 mg m−3, respectively) compared to 30 m (0.25, 4.93, and 2.11 mg m−3, respectively; Supplementary Table S4).
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FIGURE 2. Inter-seasonal physical variables (temperature and salinity) recorded at sampling station P3 in Chile Bay over three late-summer periods (February to early March 2017, 2018, and 2019).




Genomic Analysis of the Nitrification Pathway

From the 23 marker genes related to the seven nitrogen cycle modules (Supplementary Table S2), we could only identify nine coding genes related to the nitrate and nitrite reduction, nitric oxide reduction and ammonia oxidation modules in the metagenomes from 2017, 2018, and 2019 (Supplementary Table S5). Specifically, genes related to ammonia-oxidation were present during the summers of 2018 and 2019 (Supplementary Table S5). The taxonomy of the amoA and amoC genes indicates the presence of Nitrosopumilus (amoA and also nirK) and a member of the Nitrosomonadaceae family (amoC), thus indicating that during these two summers there were at least two groups that participated in the ammonia-oxidation process. The relative abundance of these two marker genes was very low, which helps to explain why we could not reconstruct and identify the whole ammonia oxidation operon. To evaluate the relative abundance of taxa associated with each module, we used Metaxa2 to classify 16S-like reads. For the ammonia oxidation process we could only identify 16S-like reads assigned to the family Nitrosomonadaceae and the phylum Thaumarchaeota as potential nitrifier organisms reaching <0.07% of the total bacterial and archaeal communities (Supplementary Table S6). However, analysis using all the metagenomic reads and a custom GTDB database deepened our classification of AOB and AOA. We were able to identify AOB, such as Nitrosomonas and Nitrosospira as potential ammonia oxidizers, reaching an average relative abundance of 0.046% and 0.012%, respectively, in the total community. In turn, the AOA Nitrosopumilus (0.132%) and Nitrosopelagicus (0.021%) appeared as the dominant Thaumarchaeota in all years, being more abundant in the summer of 2019 at 30 m depth (Supplementary Table S7).



Seasonal Late-Summer Dynamics of amoA Gene Transcripts

The dynamics of both AOB and AOA amoA transcripts were recorded during the late-summer periods using RT-qPCR (Figure 3). The AOB amoA transcripts were always more abundant than AOA amoA at both sampling depths during all study years (Figure 3). In general, both AOB and AOA notably varied between summers at 2 m. AOB fluctuated between 3.2 × 103 and 1.8 × 107 copies μl−1, while AOA varied between 1.2 × 102 and 2.0 × 104 copies μl−1. Specifically, the highest AOB and AOA amoA transcripts (1.8 × 107 and 8.0 × 104 copies μl−1, respectively) were recorded in the summer of 2018 relative to the other 2 years. At 2 m, the AOB amoA transcripts were three orders of magnitude higher than the AOA amoA transcripts in 2017 and 2019 (Student’s t-test, p < 0.05), but only two orders higher in 2018 (Student’s t-test, p < 0.002). At 30 m, the AOB transcripts were two orders of magnitude higher than AOA in 2018 and 2019 (Student’s t-test, p < 0.05), but only one order of magnitude higher in 2017 (Student’s t-test, p < 0.08).
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FIGURE 3. Abundance and inter-seasonal dynamics of amoA transcripts for ammonia-oxidizing archaea (AOA) and bacteria (AOB) recorded at 2 and 30 m depth in Chile Bay over three late-summer periods (February to early March of 2017, 2018, and 2019). White and black bars represents the number of amoA transcripts for AOB and AOA, respectively. The lack of bars at 30 m means the loss of samples at that depth. *Represents stratified water column events and solid and dotted arrows represent February and March, respectively.




Identity and Phylogeny of the Active Ammonia-Oxidizer Community

The taxonomic identity and phylogeny of the AOA (Figure 4) and AOB amoA (Supplementary Figure S4) and AOA 16S rRNA genes (Supplementary Figure S5) were resolved by sequencing the cDNA of the samples from each year and depth. Taxonomic analysis of the AOB 16S rRNA genes showed ubiquity in all years and depths for AOB related to members of Betaproteobacteria, such as Nitrosomonas. Additionally, representatives of the family Methylophilaceae and the genus Nitrosospira were detected at low levels in 2017 and 2018 (Supplementary Figures S4a,d). The AOB amoA genes were only taxonomically identified in the 30 m samples, specifically being related to nitrifier bacteria of the Nitrosomonadaceae family; however, it was impossible to obtain the taxonomic identity of those at 2 m due to poor sequence quality.
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FIGURE 4. Phylogenetic tree representing Archaeal amoA relatives. The green and blue rings refer to NP-ε and NP-γ orders-level lineages, respectively. The colored upper rings are related to the source, origin and latter clade affiliation of the AOA nitrifiers. Pink circles over nodes indicate AOA amoA ASVs number to each lineage.


The AOA amoA transcripts were distributed between the different years and depths (Supplementary Figures S4c,f). The relative abundances of these archaeal amoA ASV revealed the ubiquity and persistence of the clade NP-Gamma-2.1.3.1. Additionally, ASV affiliated to the clade NP-Gamma-2.1.3.1 accounted for >90% of amoA ASVs relative abundance in 2017 at 2 m and < 5% at 30 m in 2018, whereas amoA ASVs from clades NP-2.1.3.2 and NP-Epsilon-2.2 were accounted for less than 4% in 2018 and 2017 (Supplementary Figures S4c,f). The analysis of the archaeal 16S rRNA ASVs showed the presence of a third archaeon that was related to Ca. Nitrosarcheum, with four ASVs positioned in a clade composed of Ca. Nitrosarcheum 16S rRNA sequences (Supplementary Figures S4b,e). During the three austral summers, we identified AOA 16S rRNA ASVs related to Ca. Nitrosopelagicus, Ca. Nitrosopumilus and Ca. Nitrosarcheum, meanwhile AOA amoA ASVs were mainly belonged to the order-level lineage NP-2.1 represented by Ca. Nitrosopumilus (Supplementary Figures S4b,e).

Phylogenetic reconstructions demonstrated that most of the AOA amoA ASV retrieved in Chile Bay clustered together with sequences from other marine seawaters and sediments of not only polar but also temperate oceans (Figure 4). In particular, ASVs from the NP-Epsilon-2.2 clade (light green, Figure 4) clustered with sequences from family NP-ε 2.2, related to Ca. Nitrosopelagicus brevis and other sequences from non-polar regions. amoA ASVs (light blue, Figure 4) positioned into family NP-γ 2.1 and were closely related to the genera Nitrosopumilus and the newly described Ca. Nitrosomarinus, clustering with polar and non-polar marine sequences.




DISCUSSION


Ammonia-Oxidation Rates in the Surface Waters of Chile Bay

Nitrification is known as an important process that provides regenerated NO3− to the oceanic euphotic zone (Raimbault et al., 1999; Raimbault and Garcia, 2008; Fernandez and Farías, 2012). However, available knowledge of this process is very limited for the South Ocean. Chile Bay, located on the Greenwich Island, WAP, was monitored over three consecutive late summers to quantify the ammonia-oxidation rates and reveal the principal AOA and AOB involved in this process.

On a seasonal timescale between February and early March, our oceanographic results demonstrate that Chile Bay is characterized by a warm surface layer due to less wind, continuous solar radiation and few cloudy days during the summer. Nevertheless, the shallow haline stratified layer (up to 15 m) is interspersed below this depth with periods of a mixed photic layer, which is probably due to sporadic strong winds (Fuentes et al., 2019). The haline stratification can be explained by the effect of shallow glacier plumes characterized by low salinity (<33.9) and coastal glacier melt events that have recently been demonstrated in this bay (Alcamán-Arias et al., 2021). Under these oceanographic summer conditions, we detected high ammonia-oxidation rates (267.75 nmol N L−1 day−1) in mixed waters and under the dark condition; however, the lowest rates were obtained from the superficial illuminated condition (Table 1). In addition, the ammonia-oxidation rates observed in this study were similar to those previously reported for the WAP during the winter (Tolar et al., 2016) but were higher than those reported for the oxycline in the Chilean coastal zone (Fernandez and Farías, 2012), the equatorial Pacific and the Arctic Ocean (Shiozaki et al., 2016). These rates highlight the presence of nitrifying organisms, such as ammonia-oxidizers, in the shallow surface layer. This is reinforced by the fact that ammonia-oxidizers have been previously detected in Antarctic Surface Water (0.5–1.5°C, S < 33.8; 0–150 m) in the WAP (Tolar et al., 2016), conditions that are in line with the recorded temperature and salinity in the surface water of Chile Bay.

Knowing that ammonia-oxidation occurs in the surface layer of Chile Bay, metagenomic analysis was performed for 23 marker genes from seven nitrogen cycle modules, including ammonia-oxidation. The results reveal the presence of amoA (in 2019) and amoC (in 2018) genes, associated with the presence of the genus Nitrosopumilus and a member of the Nitrosomonadaceae family, respectively, indicating that during these two late summers there was at least one of these taxa involved in the ammonia-oxidation process. However, because the relative abundance of these two marker genes was very low, it was not possible to reconstruct and identify the entire ammonia oxidation operon. Therefore, further analysis is necessary when as in this study genes such as these were determined with a depth of coverage >1X and a breadth of coverage >60%.



Active Ammonia-Oxidizers in the Summer Surface Layer

Quantification of specific AOA and AOB amoA genes allowed to reveal the presence of this community in surface waters, with a higher abundance of AOA amoA over AOB amoA during the late summer above 30 m depth. However, the AOB amoA transcripts were 2 or even 3-orders of magnitude higher than those of AOA amoA at 2 m, while AOA tended to increase at 30 m. In addition, the taxonomic identity of AOB obtained in our metagenomes analysis was confirmed by AOB 16S rRNA transcripts sequencing, which revealed that Nitrosomonas was the most abundant AOB in Chile Bay. However, due to the high similarity of the ASV sequences to the SILVA database representatives, a robust description by phylogenetic reconstruction of Nitrosomonas sequences obtained was not carried out. While Nitrosomonas has been observed in the coastal Artic Ocean (Hollibaugh et al., 2002; Christman et al., 2011), it reportedly accounts for <3% of the nitrifier community in the WAP (Tolar et al., 2016). In Chile Bay, the relative abundance within the total metagenomic reads denotes that AOB (Nitrosomonas and Nitrosospira) represent up to 0.066% of the bulk community (Supplementary Table S7).

The number of AOA amoA transcripts recorded in Chile Bay were comparable to previous WAP studies of the deeper layer, being only one order of magnitude lower than those reported at 70–125 m depth (Tolar et al., 2016). Nevertheless, our results support previous reports in which the archaeal relative abundance significantly decreased during the summer at the surface (1%–2% of the prokaryotic population) but remained high (5%–17%) below 50 m (Murray et al., 1998; Church et al., 2003). Altogether, amoA gene transcripts for both AOB and AOA detected in Chile Bay above 30 m in the photic layer during the summer has not been previously reported in WAP studies (Kalanetra et al., 2009; Tolar et al., 2016).

Previous studies in the area have also reported a high abundance of Thaumarchaeota amoA transcripts and ammonia-oxidation rates in the colder and saltier Winter Water layer (50–150 m; Tolar et al., 2016). As the dominant circulation in Chile Bay is thermohaline and influenced by the topography (Cornejo and Arcos, 1990), we suggest that thermohaline variability associated with mixing could represent the physical parameters controlling nitrifier abundance and dynamics inside the bay during the summer time.

The in situ ammonium concentration detected in Chile Bay would be enough to support the activity of ammonia-oxidizers under a highly productive summer period. In addition, the potentially intense competition between nitrifiers and autotrophic phytoplankton during the summer period could represent another negative factor affecting ammonia-oxidizers abundance. However, this has not been robustly evidenced in our study regardless of the high Chl-a concentration detected, which is typical for phytoplanktonic bloom events in this bay during the late summer (Alcamán-Arias et al., 2018). Light has also been proposed as another environmental factor affecting the vertical distribution of transcriptional activity of the marine AOA and AOB nitrifier community (Shiozaki et al., 2016). In polar regions, such as the Arctic Ocean, it has been suggested that sea ice reduction will increase light levels, thereby suppressing nitrification and altering the composition of inorganic nitrogen (Shiozaki et al., 2019). In Chile Bay, the high AOA and AOB transcriptional activity at high light exposure at 2 m was surprising, since it is known that AOA are more sensitive to photoinhibition than AOB (Merbt et al., 2012; Qin et al., 2014; Lu, 2020). Validation of our Secchi disk photic layer depth (PLD) using a PAR sensor demonstrated an average difference of 4 m, corroborating the incident light detected in this study where the 1% of light was until 20 m depth. Accordingly, other environmental factors that could attenuate this light penetration, such as suspended organic matter and high photosynthetic activity, as well as the metabolic light adaptation of these microorganisms (Luo et al., 2014), now need to be addressed.



Phylogenetic Relation of Chile Bay Ammonia-Oxidizers

Our analysis also revealed the phylogenetic association of the AOA amoA transcripts in Chile Bay to the surface water-related families NP-ε 2.2 and NP-γ 2.1 (Alves et al., 2018). These families have been previously related to the surface Cluster A and the Shallow clade (Hallam et al., 2006; Beman et al., 2008; Kalanetra et al., 2009), which also dominate in the central Arctic Ocean (Kalanetra et al., 2009), as well as to abundant clades from the surface of the Amundsen Sea (Alonso-Sáez et al., 2011) and those of the WAP region (Tolar et al., 2016). The phylogenetic affiliation of the nitrifier community identified here suggests a selected presence in these polar surface waters, according to the permanent presence of the SSW without deeper water mass intrusion to the surface (Supplementary Figure S3). Thus, this suggests that the nitrifier community did not come from deep waters as a result of mixing events or from the putative intrusion of warm and fresh SSW mixed with the mCDWs (Huneke et al., 2016; Moffat and Meredith, 2018). However, new insights into this nitrifier community from the deep ocean will be necessary to confirm this hypothesis.

Despite the low diversity of ammonia-oxidizers recorded here, which were only related to Ca. Nitrosopelagicus, Nitrosopumilus, Ca. Nitrosomarinus, Ca. Nitrosarcheum and Nitrosomonas, these findings expand the distribution of ammonia-oxidizing prokaryotes to the surface photic layer above 30 m in coastal polar regions.

Our approach confirms that ammonia-oxidation is a key biological process in the upper coastal polar seawater. Considering that phytoplanktonic bloom events are a recurrent summer phenomena in this bay, together with high heterotrophic bacterial activity that assimilates other forms of nitrogen (Alcamán-Arias et al., 2018), the activity of the nitrifying community in the surface layer would play an important role in the availability of nitrite and nitrate regenerated at the surface by compensating the balance of the downward flux of POM sinking to the deep layers, and also by the use of nutrients recycled from POM by phytoplankton.
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The sponge microbiome, especially in Low Microbial Abundance (LMA) species, is expected to be influenced by the local environment; however, contrasting results exist with evidence showing that host specificity is also important, hence suggesting that the microbiome is influenced by host-specific and environmental factors. Despite sponges being important members of Southern Ocean benthic communities, their relationships with the microbial communities they host remain poorly studied. Here, we studied the spatial and temporal patterns of the microbiota associated with the ecologically important LMA sponge M. acerata at sites along ∼400 km of the Western Antarctic Peninsula (WAP) to assess patterns in the core and variable microbial components of the symbiont communities of this sponge species. The analyses of 31 samples revealed that the microbiome of M. acerata is composed of 35 prokaryotic phyla (3 Archaea, 31 Bacteria, and one unaffiliated), being mainly dominated by Proteobacteria with Gammaproteobacteria as the most dominant class. The core community was composed of six prokaryotic OTUs, with gammaproteobacterial OTU (EC94 Family), showing a mean abundance over 65% of the total abundance. Despite some differences in rare OTUs, the core community did not show clear patterns in diversity and abundance associated with specific sites/environmental conditions, confirming a low variability in community structure of this species along the WAP. The analysis at small scale (Doumer Island, Palmer Archipelago) showed no differences in space and time in the microbiome M. acerata collected at sites around the island, sampled in three consecutive years (2016–2018). Our results highlight the existence of a low spatial and temporal variability in the microbiome of M. acerata, supporting previous suggestions based on limited studies on this and other Antarctic sponges.
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INTRODUCTION

Sponges play fundamental roles as they provide permanent, heterogeneous habitats for various organisms, provide food for other organisms, and are key in bentho-pelagic coupling (carbon and silicon cycling, oxygen depletion, and nitrogen cycling) (Bell, 2008; Janussen and Downey, 2014; Costello and Chaudhary, 2017; Cárdenas and Montiel, 2017). Sponges have important associations with a range of organisms and harbor diverse communities of microorganisms, being regarded as major contributors to marine microbial diversity (Thomas et al., 2016). In terms of the sponge–microbial symbiosis, it is considered as one of the most complex holobiont in the marine environment, due to its high number of microbial species (Pita et al., 2018). The microbiome includes microorganisms that can be found in sponge hosts among different geographical locations (generalists), whereas others are found only in particular sponge species (specialists). In general, the microbiota is known to be species-specific, consisting partly of a core microbiome (OTUs present in all individuals) and a variable part (not found in all individuals or found at different relative abundances); the prevailing proportions depend on the sponge species (Webster et al., 2004; Rodríguez-Marconi et al., 2015; Pita et al., 2016; De Mares et al., 2017; Souza et al., 2017; Lo Giudice et al., 2019). Several studies have assessed the dichotomy between Low Microbial Abundance (LMA) and High Microbial Abundance (HMA) sponges (e.g., Moitinho-Silva et al., 2017). In general, LMA sponges tend to show a usually lower species richness with a smaller proportion of core symbionts (dominated by a few groups) than HMA sponges, resulting in higher variations in the microbial composition between species. However, in general, both are relatively stable over interannual fluctuations (Erwin et al., 2015).

The sponge microbiome is expected to be influenced by the local environment, especially in LMA sponges, and since they are filter-feeding organisms, they are continuously exposed to a wide range of microorganisms inhabiting the surrounding waters (Easson et al., 2020). The impacts of environmental factors on sponge–microbe relationships have been addressed by several studies carried out at different latitudes, with some studies assessing the effects at different ambient, temporal, and/or geographic scales (Anderson et al., 2010; Erwin et al., 2012, 2015; Luter et al., 2015; Easson et al., 2020), while others tested environmental stress obtaining variable results depending on the species and also on the duration and strength of the environmental alterations (Webster et al., 2008; Fan et al., 2013; Cárdenas et al., 2014; Pineda et al., 2017; Ramsby et al., 2018). Previous studies have suggested the existence of strong interactions between geographic, environmental, and host factors influencing the microbiome of some species (Easson et al., 2020; Freeman et al., 2021). Taking into account current environmental changes occurring around the globe, it is important to better understand the sponge–microbiota patterns in terms of temporal and spatial scales as well as intra- and interspecific variations and its key ecosystem functions in order to better understand and predict potential direct and cascading effects produced by future environmental changes.

Although an important amount of research has been carried out in tropical and temperate species, the knowledge about the dynamics between host and their symbionts, especially in extreme environments such as the Antarctic region, is still limited (Lo Giudice et al., 2019), despite the fact that sponges are being considered dominant members of Antarctic benthic ecosystems (McClintock et al., 2005; Janussen and Downey, 2014; Rodríguez-Marconi et al., 2015; Cárdenas et al., 2018a; Lo Giudice et al., 2019). Existing knowledge suggests the existence of a sponge–microbiota that is host-specific, more diverse, and markedly different from those microorganisms from the surrounding seawater (Webster et al., 2004; Rodríguez-Marconi et al., 2015; Cristi et al., 2022), with Proteobacteria (mainly Alpha- and Gammaproteobacteria) as the most abundant microbial taxa, followed by Bacteroidetes. Additionally, Actinobacteria and Firmicutes have also been reported in some species (Webster et al., 2004; Rodríguez-Marconi et al., 2015; Lo Giudice et al., 2019; Steinert et al., 2019; Rondon et al., 2020). Microbial symbionts in sponges may confer a number of benefits to their host including nutrition, waste metabolism, biogeochemical and nutrient cycling, production of compounds to combat fouling and predation, and biotechnological production of pharmaceutically active secondary metabolites (Ruocco et al., 2021; Cristi et al., 2022).

The sponge Mycale (Oxymycale) acerata (Kirkpatrick, 1908) is one of the most dominant members of shallow-water Antarctic benthos (Cerrano et al., 1974; McClintock et al., 2005; Cárdenas et al., 2016, 2018a); however, while several studies have focused on different aspects of this species (Cerrano et al., 1974; Dayton et al., 1974; Riesgo et al., 2015; Morley et al., 2016), there is still limited information on the microbial communities associated with this ecologically important species. Current knowledge about microbial communities associated with M. acerata is limited to a few specimens from East Antarctica (Webster et al., 2004) and the Ross Sea Region (Papale et al., 2020; Ruocco et al., 2021), while information on M. acerata from the Western Antarctic Peninsula (WAP) is also limited to some samples from King George Island, Doumer Island (Cárdenas et al., 2018a,2019), and Deception Island (Sacristán-Soriano et al., 2020). Results from these studies show the existence of diverse microbial communities, dominated by a few OTUs. A previous study by Cárdenas et al. (2018a), reported some degree of variability between the samples of M. acerata from Fildes Bay, King George Island (62°S) and South Bay, Doumer Island (64°S), raising the question of whether local differences might influence microbial composition as it has been suggested for Mycale species from other latitudes (Anderson et al., 2010). Here, we further assess the spatial patterns of the microbiota associated with M. acerata at sites along ∼400 km of the WAP to assess patterns in the core and variable microbial components of the symbiont communities of these ecologically important species. We also conducted intensive sampling around Doumer Island, Palmer Archipelago to assess for differences in spatial patterns at small scale and also to further monitor the temporal stability of the microbiome of M. acerata.



MATERIALS AND METHODS


Sample Collection

Samples of the Antarctic sponge Mycale (Oxymycale) acerata were collected by SCUBA diving at six areas around the WAP (Figure 1) from 2016 to 2019 (n = 31). Sampled sites along the WAP were carried out during the 2019 Binational Expedition to the Antarctic Peninsula, organised by National Geographic Pristine Seas Chile-Argentina in support of the Domain 1 Marine Protected Area proposal (D1MPA), currently under discussion in the Commission for the Conservation of Antarctic Marine Living Resources (CCAMLR). A more intensive sampling was carried out at Doumer Island (64°52″32″S; 63°35″02″W), Palmer Archipelago (WAP), during the Austral summer between 2016 and 2018, as part of a project studying the effect of climate change on Antarctic sponges, in order to assess the temporal and (small-scale) spatial patterns from specimens collected at sites around Doumer Island (Figure 1B), approximately 1.5 km apart from each other.
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FIGURE 1. Map of the sites where samples of the Antarctic sponge M. acerata were collected along the WAP (A) and sampling was conducted at a finer scale in (B) South Bay (SB), Doumer Island. In grey, the Antarctic Peninsula and Islands; in white, the Southern Ocean. The sites are as follows: PC, Potter Cove; CC, Cierva Cove; WB, Wilhelmina Bay; CC, Cuverville Island; PB, Paradise Bay; SB, South Bay. Sites sampled in South Bay, Doumer Island (B), SBC, South Bay coast; CK, Cape Kemp; PP, Py Point. Map constructed using Gerrish et al. (2020) High resolution vector polygons of the Antarctic coastline (7.3) (Data set). UK Polar Data Centre, Natural Environment Research Council, UK Research and Innovation (https://doi.org/10.5285/0a6d85d7-fc9c-4d68-a58d-e792f68ae9f4).


Sections of sponge individuals were aseptically collected and packed underwater in tagged resealable plastic bags filled with surrounding seawater and onboard stored in a cooler for the transportation to the laboratory. Back in the laboratory, samples were rinsed with sterilised seawater and small pieces were extracted with a sterile scalpel and then preserved in plastic tubes containing RNALater© and stored at 4°C for about 24 h, followed by the conservation of the samples at −20°C until their transportation to the Laboratorio de BioRecursos, Chilean Antarctic Institute (INACH) in Punta Arenas (Chile) for further processing.



Genomic DNA Extraction and Sequencing

The genomic DNA extraction of the collected specimens, for 16S rRNA gene amplicon sequencing, was performed following the protocol of the DNeasy PowerSoil Kit (QIAGEN GmbH, Hilden, Germany, Version May 2017). For each replicate, about 0.3 g (± 0.03 g) of internal and external sponge tissue (to ensure obtaining the whole bacterial community) was homogenised using the Precellys© Evolution homogeniser (Bertin Technologies, Montigny-Le-Bretonneux, France). For the inhibitor removal technology (IRT) in the beginning of the protocol, the incubation after adding the corresponding solutions (C2 and C3) was performed. In the final step, the proposed alternative of DNA-free PCR-grade water instead of solution C6 and in exchange of 100 and 70 μl was used to release the DNA from the silica membrane. Internal control without sample was performed in order to identify any potential kit reagent contamination during the process. DNA concentration measurements were realised with a Nanoquant spectrophotometer (Tecan, Switzerland) followed by a PCR for template verification with Platinum Superfi™ DNA polymerase (Thermo Fisher Scientific, Waltham, MA, United States). Ten microliters of the samples, including one negative control, was sent to the Dalhousie University [CGEB—Integrated Microbiome Resource (IMR), Canada]1 for V4–V5 16S rRNA gene library preparation and sequencing. The multiplexing of the samples was performed with dual indexing approaches, and for the sequencing, an Illumina Miseq with paired-end 300 + 300 bp reads was used. PCR procedures, primers, and Illumina sequencing were conducted as described in Comeau et al. (2017). Raw sequences were deposited at NCBI as BioProject with the accession ID PRJNA783641.



Analysis

The sequences obtained from the Illumina Miseq sequencing were analysed with the open-source software QIIME2 Bolyen et al. (2018). First, a quality control (qc) of the demultiplexed paired-end sequences in Sanger/Illumina 1.9 format (imported as Casava-1.8 single lane per sample), obtained from the gene library preparation of the 16S rRNA V4–V5 region, was conducted. Then, sequences were denoised with the dada2-plugin (Callahan et al., 2016), including a merge, cluster, and trimming of the reads. For the latter, the cutoff at the 3′-read-end was chosen based on the qc graph, resulting in the 295 nucleotides (nt) for the forward strand and 213 nt for the reverse strand; at the 5′-end, simply the primers were removed (forward strand: 20, reverse strand: 21).

Before the taxonomical alignment of the obtained OTUs, a general reference database Silva 138 classifier was generated, from Silva 138 to 99 taxonomy and sequences files, in order to identify without ambiguity the taxonomic affiliations. The classifier file generated and sequences of total OTUs resulting in the previous analyses were used to produce the taxonomic affiliation file.

OTUs assigned as Chloroplast (Cyanobacteria) and Mitochondria (Eukaryotes) were discarded from the two previously generated filtered tables. Analyses at Class and Order levels were produced with taxa having at least 100 sequences for at least one sample, to visualise the taxa compositions. The OTUs present in all individual samples were considered Core OTUs. Univariate measures of diversity [observed OTUs (Sobs), Chao1, Shannon, and Simpson] were calculated and plotted using R Studio scripts, and statistical differences were assessed applying Shapiro–Wilk tests to check Normality assumption and Kruskal–Wallis tests. A bubble plot was made with R studio Script to show abundance patterns across sites of the 35 most abundant OTUs.

Non-metric multidimensional scaling (nMDS) was performed to visualise multivariate patterns in the microbiome of M. acerata. Statistical differences were analysed using a permutational analysis of variance (PERMANOVA), based on Bray–Curtis matrices of double-square root transformed abundance data. Statistical differences were tested using 9,999 permutations of data using PRIMER v7 (Anderson et al., 2008).

Circos software online2 was used to perform co-occurrence microbiome networks at Class and OTU levels using taxa present in at least one sample, with at least 1% of relative abundance. Values were multiplied by 1,000 and rounded to perform analysis.




RESULTS


Overall Pattern in the Mycale (Oxymycale) acerata Microbiome

The analysis of prokaryotic V4–V5 hypervariant region of 16s amplicon sequencing of 31 M. acerata samples from 8 localities yielded 1,608,433 paired-end reads. After filtering, denoising and merging sequences, 1,116,095 reads were retained and 1,056,898 mom-chimeric sequences were left for further analysis. Sequences with Chloroplast and mitochondrial affiliation were removed before performing statistical analysis keeping 1,024,506 sequences corresponding to a total of 854 OTUs recorded for M. acerata. The obtained OTUs belong to 34 affiliated phyla, 3 Archaea, and 31 Bacteria. Seventy-two class affiliations were found, with Bacteroidia, Alphaproteobacteria, and Gammaproteobacteria being the most representative ones. Gammaproteobacteria dominated the microbiome of all samples (Figure 2), constituting over 83% of the total abundance. In contrast, Alphaproteobacteria and Bacteroidia showed lower values, reaching about 3.2 and 11.3% of the total abundance, respectively.
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FIGURE 2. Relative abundances of microbial groups (class level) associated with the sponge M. acerata sampled at different sites along the WAP. The circos plot displays the relative abundance of prokaryotic classes from M. acerata samples collected at the different localities. The plot was generated from the OTU table grouped by class with at least 1% of relative abundance in at least one sponge sample. Values were multiplied by 1,000 and rounded without decimals in order to perform the circos plot analysis. The relative abundance of each class is directly proportional to the width of each ribbon connecting prokaryotic taxa to its respective sample. Each class is assigned a specific colour. The inner ring represents the total relative abundances (multiplied by 100) for a specific taxon and the proportion assigned to each locality. The outer ring represents the percentage of each taxon assigned to each locality.




Spatial Patterns in the Microbiome of Mycale (Oxymycale) acerata


Alpha Diversity

The number of OTUs ranged from 30 to 456. The mean number of OTUs was highest at 120.67 (± 104.33 SD) at South Bay and the lowest was recorded at Wilhelmina Bay with 45 ± 11.31 (Figure 3 and Table 1). The alpha diversity indices assessed in this study (Sobs, Chao1, Shannon, and Simpson) did not show significant differences between localities (p = 0.5), highlighting the presence of homogeneous patterns in diversity indexes across the WAP.
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FIGURE 3. Diversity measures of microbial communities associated with the sponge M. acerata sampled at different sites along the WAP. (A) Observed OTUs, (B) Chao1 diversity index, (C) Shannon diversity index, (D) Simpson diversity index. PC, Potter Cove; CC, Cierva Cove; WB, Wilhelmina Bay; CI, Cuverville Island; PB, Paradise Bay; SB, South Bay; PP, Py Point; CK, Cape Kemp.



TABLE 1. Diversity measures of the microbial communities recorded in samples of Mycale (Oxymycale) acerata collected at sites along the WAP.
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Structure and Abundance Patterns

At Class level, only three lineages occurred in high abundance, with Gammaproteobacteria as the most dominant across all sites (83.22 ± 8.68%) followed by Bacteroidea (11.29 ± 5.86%), which showed a similar pattern across sites (Figure 2). A third class (Alphaproteobacteria) also showed consistent presence in all sites, however, showing a much lower abundance (3.23 ± 1.39%) compared with the other two classes. The analysis of the community structure at Class level showed differences among sites [PERMANOVA F(7, 30) = 1.6921; p = 0.0053]; however, pairwise comparisons showed that differences existed only when comparing Cierva Cove (n = 1) with Cuverville Island (n = 3) (p = 0.05) with all other pairwise comparisons being not statistically significant.

The OTU651 (Uncultured bacterium, EC94 family) was highly dominant in all sites as shown in the Circos plot (Figure 4), with a mean abundance of 72.99 (± 13.61). The OTU 214 (Polaribacter) was the second most important contributor; however, it was much less abundant compared with OTU651 with an average of 4.13 ± 1.83%. Several other OTUs showed a similar pattern, being consistently present in all sites; however, their relative abundance was considerably lower (Figure 5 and Supplementary File 1).
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FIGURE 4. Relative abundances of microbial OTUs associated with the sponge M. acerata sampled at different sites along the WAP. The circos plot displays the relative abundance of most abundant prokaryotic OTUs from M. acerata samples collected at the different localities. The plot was generated from OTUs with at least 1% of relative abundance in at least one sponge sample. Values were multiplied by 1,000 and rounded without decimals in order to perform the circos plot analysis. The relative abundance of each OTU is directly proportional to the width of each ribbon connecting prokaryotic taxa to its respective sample. Each OTU is assigned a specific colour. The inner ring represents the total relative abundances (multiplied by 100) for a specific taxon and the proportion assigned to each locality. The outer ring represents the percentage of each taxon assigned to each locality.
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FIGURE 5. Relative abundance of the 35 most abundant microbial OTUs from M. acerata sampled at different sites along the WAP. The letters before affiliation represent taxonomic levels: d, Domain; c, Class; g, Genus; f, Family; and s, Species. PC, Potter Cove; CC, Cierva Cove; WB, Wilhelmina Bay; CI, Cuverville Island; PB, Paradise Bay; SB, South Bay; PP, Py Point; CK, Cape Kemp.


Overall, the nMDS does not show a clear separation of M. acerata-associated microbial communities between the different sites along the WAP (Figure 6). Although the PERMANOVA analysis at the OTU level detected significant differences [F(7, 30) = 1.7274; p = 0.028], the pairwise analyses showed that differences existed only in comparisons between South Bay (n = 15) and Cierva Cove (n = 1) (p = 0.0367) and between South Bay (n = 15) and Cuverville Island (n = 3) (p = 0.037).
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FIGURE 6. Non-metric multidimensional scaling plot of microbial communities associated with the sponge M. acerata, with symbols representing different sites sampled along the WAP. The analysis is based on fourth root transformed relative abundances of microbial taxa. PC, Potter Cove; CC, Cierva Cove; WB, Wilhelmina Bay; CI, Cuverville Island; PB, Paradise Bay; SB, South Bay; PP, Py Point; CK, Cape Kemp.




Core Community

Six prokaryotic OTUs were present in all M. acerata samples collected across the WAP, being all bacterial OTUs (Supplementary Table 1). The most abundant OTU of the core community was a gammaproteobacterial OTU (OTU651) belonging to the EC94 Family, showing a mean abundance over 65% (± 31.82 SD). The second most abundant core OTU (OTU214) corresponded to Polaribacter (Flavobacteriaceae) with a mean abundance of 4.42 ± 4.12%. The other four core OTUs showed mean relative abundances of less than 1%, mainly belonging to gammaproteobacterial OTUs and an unclassified Bacteria (Supplementary Table 1).




Temporal Patterns and (Small Scale) Spatial Patterns

The analysis to further assess spatial patterns at a smaller scale from samples collected in consecutive years (2016–2018) did not show differences among sites sampled around Doumer Island [PERMANOVA F(2, 21) = 1708; p = 0.3415]. In addition, no temporal differences [F(2, 21) = 1869.3; p = 0.2661] or interactions between site and year were recorded [F(2, 21) = 1762.5; p = 0.3402].




DISCUSSION

Previous research on sponge–microbe associations on Antarctic species has provided information on diversity and structure of associated microbial communities, with still limited data on host specificity or temporal and spatial patterns of their microbiome. Despite the ecological importance of the sponge Mycale (Oxymycale) acerata, few studies have provided insights into the microbiome of this species, with information collected from some sites at the WAP (Cárdenas et al., 2018a,2019; Sacristán-Soriano et al., 2020) and other areas of Antarctica (Webster et al., 2004; Papale et al., 2020; Ruocco et al., 2021); however, most of them were based on limited or non-replicated sampling or based on a limited number of localities. Several studies have assessed the latitudinal variation of the sponge microbiome, reporting relatively low within-host variation; however, most of them have focused on tropical or temperate species (Anderson et al., 2010; Taylor et al., 2013; Marino et al., 2017; Easson et al., 2020). The present study is the first to be published on spatial patterns of the microbiome of the Antarctic sponge M. acerata, based on several replicates collected at different sites spanning 400 km of the WAP. This study of a cold-water sponge species provides consistent results with what has been reported for other tropical and temperate species, reporting low spatial and temporal variability in the sponge microbiome without a strong influence from the local environment.

The microbiome of M. acerata was dominated by Gammaproteobacteria (over 80% of the total abundance), with Bacteroidia and Alphaproteobacteria as the second and third most important groups. Our findings are similar to results from previous studies analysing samples from single localities around the WAP (Cárdenas et al., 2018a,2019; Sacristán-Soriano et al., 2020; Supplementary Table 2) and also with M. acerata samples from Terra Nova Bay, Ross Sea; however, in the latter, the dominance of Gammaproteobacteria is not as marked as in samples from the WAP, reaching about 40% of the total abundance (Papale et al., 2020). Regarding OTU richness, values reported here fall within the range reported by previous studies of M. acerata samples collected at sites around the South Shetland Islands (Maritime Antarctica) and the WAP (see Supplementary Table 2). However, it is important to mention that, in some cases, values differ mainly due to the hypervariable regions analysed by the different studies, as was previously demonstrated by Cárdenas et al. (2018a) when comparing two species of Mycale.

In addition, in accordance with what has been described from these studies, the microbiome is strongly dominated by very few OTUs that encompass most of the total abundance. In our study, six OTUs were present across all samples with a gammaproteobacterial OTU (OTU651), EC94, a group of predominant non-culturable bacteria, previously described in M. acerata (Cárdenas et al., 2019) reaching over 60% of the total abundance.

The results obtained in this study show the same trend and confirm the importance that group EC94 may have in this species of cold-water sponges. Although this group has been described with highest overall abundance for temperate and tropical water sponges (Jackson et al., 2013; Gauthier et al., 2016; Steinert et al., 2016), temperature does not seem to be a driving factor in its prevalence and bacterial community stability in M. acerata. Recently, Taylor et al. (2021) using metagenomics in-depth phylogenetic analyses, metatranscriptomics, and fluorescence in situ hybridisation microscopy, proposed this as a group of bacteria as a new gammaproteobacterial order that named UTethybacterales. This order shares a heterotrophic lifestyle and is almost exclusively present in sponges, showing diverse morphologies, predicted substrate preferences, and localisation within the sponge tissue. Future studies should confirm the functional role of this group in M. acerata associated with their functional capacity.

Another core group was the uncultured clade SUP05; these sulphur-oxidising marine chemoautotrophs have been previously described in hydrothermal vent sponges, and they play a role in sulphur oxidation to reduce sulphur compounds as an energy source (Zhou et al., 2019), and are also involved in sequential reduction of nitrate (NO3–) to nitrogenous gases or indirectly by dissimilative NO3– reduction to ammonia (Shah et al., 2017). SUP05 has been described as predominant members in marine environments such as hydrothermal vents, and oxygen minimum zones across the world’s oceans, constituting symbiotic associations with hydrothermal vent invertebrates (Anantharaman et al., 2013). It is not surprising that this group is present in Antarctica as it has been described from seawater samples and in the Antarctic sponge Sphaerotylus antarcticus (Sacristán-Soriano et al., 2020). Although previous works have predicted some potential functional roles of sponge-associated microbial communities associated to Antarctic sponges (Cárdenas et al., 2019; Steinert et al., 2019; Moreno-Pino et al., 2020; Cristi et al., 2022), new studies on metagenomics or genome sequencing studies are needed in order to confirm this and other functional roles played by associated microbial symbionts on Antarctic environments.

Polaribacter (OTU214), a microorganism belonging to the marine Bacteroidetes, which represent the third most abundant group of marine bacterioplankton, after cyanobacteria and proteobacteria (Gosink et al., 1998), was also an important member of the core community of M. acerata. This group appears to be widely distributed in marine polar environments as previous works from other areas of Antarctica have reported (Webster et al., 2004; Savoca et al., 2019; Papale et al., 2020). Some studies have also shown that this cold-adapted bacterial group is able to produce interesting exopolysaccharide molecules with some promising medical applications (Sun et al., 2015; Ruocco et al., 2021).

The few available studies on Mycale species around the globe have shown contrasting results. For instance, spatial variability has been reported in Mycale hentscheli from New Zealand coasts (Anderson et al., 2010), but studied with a different molecular technique such as DGGE; others such as Mycale sp. from deep waters in France seem to show little variation in its microbiome compared with other sponge species (Reveillaud et al., 2014). The slight variations observed among samples of the Antarctic sponge M. acerata are within what is expected considering the consistent patterns of the core and variable OTUs observed at temporal scales (Cárdenas et al., 2019) and also with specific individuals (Sacristán-Soriano et al., 2020). A recent paper (Cristi et al., 2022) studying the microbiome of three Antarctic sponge species suggests that the microbiome and host species are not equally conserved among sponge species, which may be explained by differences in the acquisition of the microbes among species. This pattern agrees with what seems to be the case for M. acerata samples in this study and also from what was previously recorded by Sacristán-Soriano et al. (2020) in Deception Island where one sample out of three showed a slightly different pattern with an enrichment for Thaumarchaeota; however, overall, the dominance of core OTUs was consistent among sites. Similar studies from tropical latitudes reported an absence of significant variation in the microbiome of Cliona species at similar geographic distances, with greater variation found only at large distance scales (>1,000 km) (Easson et al., 2020).

The physical environment around the WAP is a very complex system, strongly influenced by several features including the circulation of warmer water of the Antarctic Circumpolar Current (ACC), the cold waters from the Weddell Sea flowing along the mainland coast of the WAP, and a network of glaciers (Moffat and Meredith, 2018). Such characteristics have caused, for instance, clear patterns of glacier change along the WAP, with glaciers in the south undergoing considerable retreat compared to those in the northwest are more influenced by cooler waters (Cook et al., 2016). In addition, slightly different (absolute) temperature and annual range (Barnes et al., 2006) and higher local variability (Cárdenas et al., 2018b) can produce differences in the characteristics of the communities. For instance, differences in sea bottom temperature, influenced by the effect produced by the ACC and the Weddell Gyre, have been suggested as key drivers explaining significant differences in community structure between northern areas of the Scotia Sea and the WAP (Lockhart and Jones, 2008; Friedlander et al., 2020). The importance of environmental variability at local scales influencing physiological responses of Antarctic species has also been suggested, where species inhabiting more stable zones might show different responses than those from areas with higher variability in seawater temperature (Cárdenas et al., 2018b); however, this remains to be tested. The stability and structure of the microbiome of species such as M. acerata could be expected to be influenced by the local environment; however, our results do not show clear patterns associated with specific sites, and the taxonomic pattern was highly homogeneous with the same OTUs and Classes being the most abundant for the localities of WAP considered in this study. Despite the fact that our sampling was conducted across different years (2016–2019), we found consistent stability in the microbiome at both small and large spatial scales, which was supported by our analysis, when the effect of year was tested. The observed temporal stability is similar to what was reported from a single individual of this species monitored for 3 consecutive years that was not affected by sudden increases in seawater temperature, showing no signs of variation after such a high variability event (Cárdenas et al., 2019). In contrast, we found a higher degree of variation in some particular individuals, a situation that was previously reported in a comparison of samples from Deception Island (Sacristán-Soriano et al., 2020). The stability of less complex microbiomes and the capacity of the sponge holobiont to select microorganisms from the environment in its benefit under stressing conditions (Oliveira et al., 2020) could be essential in such an extreme environment. In this regard, the high stability in the microbiome of M. acerata together with high growth rates (Dayton et al., 1974) might play a key role for the success of this species in colonising Antarctic benthos.



CONCLUSION

The present study confirms the high stability of the microbiome of the common Antarctic sponge M. acerata that was previously reported at temporal scales based on limited sampling (Cárdenas et al., 2016, 2019; Sacristán-Soriano et al., 2020). Our study, which is based on a more intense sampling, shows a highly consistent pattern in the core microbiome of this species, independent of the site, environmental conditions, and the geographical scale (small or large) in the WAP. The high stability in the microbiome of M. acerata at a range of spatial and temporal scales, along with other biological characteristics described in earlier studies, may explain its high abundance in some areas. Further studies are, however, needed as we are still making the first steps in understanding and expanding on our still limited knowledge of sponge associated prokaryotic communities in polar environments, and their benefits for the host and the Antarctic ecosystem.
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Glaciers constitute a polyextremophilic environment characterized by low temperatures, high solar radiation, a lack of nutrients, and low water availability. However, glaciers located in volcanic regions have special characteristics, since the volcanic foci provide them with heat and nutrients that allow the growth of microbial communities highly adapted to this environment. Most of the studies on these glacial ecosystems have been carried out in volcanic environments in the northern hemisphere, including Iceland and the Pacific Northwest. To better know, the microbial diversity of the underexplored glacial ecosystems and to check what their specific characteristics were, we studied the structure of bacterial communities living in volcanic glaciers in Deception Island, Antarctica, and in the Kamchatka peninsula. In addition to geographic coordinates, many other glacier environmental factors (like volcanic activity, altitude, temperature, pH, or ice chemical composition) that can influence the diversity and distribution of microbial communities were considered in this study. Finally, using their taxonomic assignments, an attempt was made to compare how different or similar are the biogeochemical cycles in which these microbiomes are involved.
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INTRODUCTION

Volcanic activity is, together with climatic changes, one of the environmental factors that most influence the behavior of glaciers (Barr et al., 2018). These changes typically occur either because glaciers are located on active volcanoes, or because volcanic products interact with glaciers in adjacent regions. So far it has been thoroughly studied, from a geological point of view, how volcanic activity affects glacial behavior (Kirkbride and Dugmore, 2003). Even volcanism and ice interactions have drawn a focus on glacial and volcanic activity on Mars (Chapman et al., 2000; Scanlon et al., 2014). However, the effect on the microbial populations that inhabit these glaciers has not been studied in detail (Garcia-Lopez et al., 2016). Glaciers constitute a polyextremophilic environment characterized by low temperatures, high solar radiation, a lack of nutrients and, low water availability (Anesio et al., 2017; Hotaling et al., 2017). However, glaciers located in volcanic regions have special characteristics, since explosive eruptions create a transient bridge between the solid earth and the atmosphere, frequently injecting volcanic aerosols that contribute to the dispersion of microorganisms (Van Eaton et al., 2013). Besides, volcanic foci provide them with heat and nutrients. Pyroclastic materials and gases emitted by volcanoes constitute an important source of nutrients for the microorganisms that inhabit these glaciers (Fazlutdinova et al., 2021). In turn, microbial activity plays a fundamental role in the degradation and chemical exchange between rocks and meltwater.

It is well-known that glaciers present diverse horizontal strata with different environmental characteristics (i.e., temperature, solar radiation, and nutrient content; Hodson et al., 2008; Lanoil et al., 2009; Boetius et al., 2015). These factors determine the biodiversity of the microbial communities that inhabit them (Edwards et al., 2011; Garcia-Lopez and Cid, 2017). The glacier basal bedrock and subglacial lakes constitute a subglacial ecosystem populated by aerobic chemoheterotrophs and by anaerobic methanogens, nitrate reducers, and sulfate reducers (Skidmore et al., 2000; Phillips and Parnell, 2006; Mikucki et al., 2009; Harrold et al., 2016). Most of the microbiological research that has been carried out to date in the subglacial ecosystem has focused on glaciers with a granite or carbonate bedrock, but the processes that support microbial life in subglacial systems located on volcanic soils are not well understood (Hamilton and Havig, 2017). Furthermore, most of the studies on these microbial communities have been carried out in volcanic environments in the northern hemisphere, mainly in Iceland (Gaidos et al., 2004; Lutz et al., 2015) and in the Pacific Northwest (Brown et al., 2016; Hamilton and Havig, 2017). The northern hemisphere has more terrestrial volcanic glaciers than the southern hemisphere due to plate tectonics, and this is a significant north–south difference (Russell et al., 2014; Yeh and Shellnutt, 2016).

To get to know the microbial diversity of the underexplored southern subglacial ecosystems and to check what their specific characteristics were, we researched the microbiomes of volcanic glaciers located around parallels 52 north and 60 south. Specifically, the volcanoes were located on Deception Island, in Antarctica, and on the Kamchatka Peninsula, in Russia. In this study, we conducted an analytical approach that combines geochemical assays, molecular (high throughput rRNA gene sequencing)-based techniques, and several multivariate statistical analyses to answer some appealing questions: (i) what are the microorganisms that inhabit these volcanic glaciers?; (ii) what are the similarities and differences in the microbial populations of volcanic glaciers in terms of relative abundance and diversity?; and (iii) how is their ecology and distribution concerning environmental parameters (volcanic activity, latitude, temperature, and ice chemical composition)? To answer these questions, the microbiomes of four volcanic glaciers from the Antarctica (Macaroni and Kirkwood) and Kamchatka (Gorely and Mutnovsky) were researched.



MATERIALS AND METHODS


Field Site Descriptions, Sample Collection, and Processing

Deception Island is a volcanic horseshoe-shaped island 14 km north–south by 13 km east–west (Figure 1). It reaches a height of 542 m at the summit of Mount Pond and 459 m on Mount Kirkwood, both of which have a permanent glacier cover (Baker et al., 1975). From Mount Pond to the east, there is a cliff of more than 100 m in height that culminates in the Macaroni Point. The center of the island is a large caldera that communicates with the open sea on its southeast slope. The most recent recorded volcanic eruptions in Deception Island took place in the years 1842, 1967, 1969, and 1970 (Wilkes, 1845; Orheim, 1971). Two main types of volcanic rocks appeared in the form of pyroclast cones and lava flows, depending on whether the vent was wet or dry at the time of the eruption. The pyroclast cones were essentially built where water had access to the rising magma. This is what happened in the 1969 eruption, which was a subglacial eruption, resulting in pyroclast cones consisting of dark brown lapilli and ash (basaltic andesite) embedded in alternating layers of glacial ice around Macaroni Point (Figure 2; Gonzalez-Ferran and Katsui, 1970). In contrast, on the slopes of Mount Kirkwood, the vent was dry and the pyroclastic material had the form of lava flows (basalt and basaltic andesite), which were later encased in glacial ice (Figure 2; Hawkes, 1961; Clapperton, 1969).

[image: Figure 1]

FIGURE 1. Maps of the sample point locations. (A) Overview map. (B) Map of Deception Island. (C) Map of the Kamchatka Peninsula. Map image source: Google Earth Pro.
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FIGURE 2. Pictures of volcanic glaciers. Pictures of glaciers MAC, KIR, GOR, and MUT. (A–D) represent the sampling sites.


The volcanoes located on the Kamchatka peninsula are part of the Pacific Ring of Fire (between 58°N and 55°N; Figure 1). Its Middle Range is studded with numerous extinct and dormant volcanoes, of which about 30 are currently active. Active volcanism and tectonics characterize the area and are the main factors shaping the landscape (Ivanov, 2002). Some of the volcanic cones reach a considerable height and many support snowfields and glaciers. In this work, we focus on two of them: Gorely and Mutnovsky. The climate of this region is influenced by its geographical position and by the cold East Kamchatka Current. Although the climate is considered sub-Arctic, in recent years the winters are relatively mild and at present, there is no permafrost south of 57°N (Jones and Solomina, 2015). The Mutnovsky volcano is in a state of constant gaseous activity (Figure 2). It consists of a caldera filled by a glacier that contains clear ice interbedded with pyroclastic materials. An ice-fall within the caldera is covered by volcanic sand and blocks of lava. The lavas are basaltic, andesitic, and dacitic. A large proportion of them is highly decomposed and impregnated with sulfur and gypsum (Tomkeieff, 1949). The Gorely is an active volcano with intense eruptions and gas emissions (Figure 2). Its top is framed by a chain of explosive craters, and its large caldera is partly obliterated by numerous lava flows composed of augite-andesites (Kuznetsov et al., 2017).

Ice for DNA extraction was collected in triplicate from four glaciers that override volcanic terrains; two of them are located in the Kamchatka Peninsula, and two of them are in Deception Island, South Shetland Archipelago, and Antarctica (Table 1). Glacial ice samples were cored in summer (August 2015) and in austral summer (January 2015).



TABLE 1. Glacier characteristics.
[image: Table1]

Ice cores (6 cm in diameter and 1 m in length) were recovered using a custom stainless steel crown adaptor on a cordless power drill. The samples for this study were collected from the lower part of the basal glacial fronts, to have an easier access to the subglacial zone. Samples were taken at the base of the glaciers, in the zone of contact with the lower bedrock. For this study 12 samples [four cores: two volcanic glaciers from Antarctica (Macaroni—MAC—and Kirkwood—KIR)], and two volcanic glaciers from Kamchatka (Gorely—GOR—and Mutnovsky—MUT) with three adjacent replicates each (named a, b, c) were obtained. Temperature and pH were in situ measured in the ice samples with a calibrated pH meter with SenTix® electrodes (WTW, Weilheim, Germany).

Ice samples were obtained by removing 20–30 cm of thick debris. Samples were wrapped in plastic bags and stored at −20°C until use. Ice samples were processed by using a surface decontamination and melting procedure consistent with previous studies (Bidle et al., 2007; Garcia-Lopez et al., 2021b). The ice core was removed from −20°C. Only the bottom part of each ice core (40 cm) was used. The exterior 1-cm shell of ice samples was ablated. These procedures were effective at removing surface contamination from inner shell ice samples (Rogers et al., 2004; Christner et al., 2005). The decontaminated interior ice was thawed in a sterile plastic bag at 4°C and used for analyses. The meltwater samples were individually filtered through 0.22 μm pore size hydrophilic polycarbonate membranes (Millipore HTTP) using a vacuum pump. Negative pressure used for the filtration of the samples through the membranes was −0.5 bar. To control for laboratory contamination, 500 ml of MilliQ rinse water was frozen, thawed, filtered, and subjected to identical analytical procedures. All procedures were performed by using bleach-sterilized work areas, a UV-irradiated laminar flow hood, ethanol-sterilized tools, and sterilized gloves. The fractions obtained in the filters were used for DNA extraction, and the filtered waters were chemically analyzed.



Ice Geochemistry

The geochemistry of every ice core sample was characterized using several complementary techniques.

Assays for NH4+, NO2−, NO3−, SO42−, soluble reactive phosphorus (SRP), and dissolved organic carbon (DOC; Table 2) were carried out by ion chromatography in an 861 Advance Compact IC system (Metrohm AG, Herisau, Switzerland). Chromatograms were registered with the Metrohm IC Net 2.3 SR6 software. Ions were quantified with internal and external standards prepared from Certified Standard Solutions (TraceCERT®; Merck, Darmstadt, Germany; Garcia-Descalzo et al., 2013).



TABLE 2. Chemical analysis of soluble nutrients in meltwater.
[image: Table2]

The concentration of major (Cl, S, C, K, Na, P, Xe, Mg, Ca, Fe, Co, Mn, Ti, Cr, and Ni), minor, and trace elements (Supplementary Table S1) was quantified by inductively coupled plasma-mass spectrometry (ICP-MS) on a PerkinElmer ELAN9000 ICP-MS quadrupole spectrometer. The samples were introduced into the ICP-MS via a RytonTM cross-flow nebulizer (PerkinElmer, Waltham, MA, United States), Scott spray chamber (PerkinElmer), and Cetac ASX-510 autosampler (Omaha, Nebraska, United States; García-Lopez et al., 2021a).



DNA Extraction and 16S rRNA Gene Library Preparation

The DNA from each 0.22-μm pore filter was extracted and purified with a DNA Isolation PowerWater kit (MO BIO Laboratory, Inc.). Extraction procedures were identical for all samples. DNA concentration was determined using a Nanodrop 2000p (Garcia-Lopez et al., 2021b). Amplicons were sequenced using MiSeq Illumina 2 × 300 bp chemistry 16S rRNA gene amplicon sequencing. The primers of the V3–V4 regions of the 16S rRNA gene (forward sequence CCTACGGGNGGCWGCAG; reverse sequence GACTACHVGGGTATCTAATC) were used to identify bacteria as previously reported (Martinez-Alonso et al., 2019).



Metabarcoding Data Processing

Quality analyses of reads were performed using FastQ Screen software (version 2; Wingett and Andrews, 2018). Contigs were trimmed to include only the overlapping regions using PANDAseq Assembler (Bartram et al., 2011). This software does also remove the sequence of the primers, discarding the pairs that do not have primer sequences. For the analysis, the QIIME2 software was used. The sequences of all samples were grouped to define the amplicon sequence variants (ASVs). Sequences were aligned against the SILVA (v1.2.11) database.



Statistical Analysis

Sample diversity was measured with the species richness estimators Observed Species index and Chao 1 index (Chao and Bunge, 2002). The abundance-based coverage estimator (ACE; Chao et al., 2000) and the Shannon (H´) indexes characterize species diversity accounting for abundance and evenness of the species. These indices were calculated using the EstimateS program (version 9.1.0; Colwell, 2013). To find those taxa with significantly different abundance between glaciers, counts were compared.

Statistical analyses were performed using GraphPad Prism version 7.0 (GraphPad Software, La Jolla California United States).1

The effects of the chemical composition of glacial ice, as well as the influence of the environment on the microbial community composition, were investigated by multivariate statistical analysis developed with CANOCO version 5 software (Microcomputer Power, Ithaca; Jongman et al., 1995; Ter Braak, 1995). Several gradient analysis methods were used: principal component analysis (PCA), canonical correspondence analysis (CCA), and detrended correspondence analysis (DCA). The parameters used in each analysis are summarized in Supplementary Table S3. Species data were not transformed, except in some specific analysis that is explained in results. The analyses were evaluated with the Monte Carlo test with 500 permutations.




RESULTS AND DISCUSSION


General Characteristics and Chemical Properties of the Glacial Ice

When comparing these glaciers, the most remarkable geophysical analogies were the low temperature (Table 1) and the high solar radiation (Ruiz-González et al., 2013).

As for the differences, the two Arctic glaciers are located in the interior of the Kamchatka peninsula, and the materials they wash down contribute to the formation of soil and the physical–chemical alteration of the runoff waters. On the contrary, Antarctic glaciers draw into the sea. The Kirkwood glacier empties into the volcanic caldera of Deception Island, while the Macaroni glacier flows into the open sea. These separate locations contribute to some of the differences found in microbial populations. However, the main differences between these groups of glaciers were that the Arctic ones are found on active volcanoes, while the Antarctic ones run on dormant volcanoes. Although volcanoes in Deception Island constantly emit volcanic gases through fumaroles (Baker et al., 1975), the volcanoes of the Kamchatka Peninsula are much more active, with abundant emissions of gases and pyroclastic materials. This fact may introduce a bias in the study. Another important difference, latitude aside, is the altitude (Table 1). The volcanoes considered in Antarctica are located in mountains much lower (326 and 480 m) than those in the north, which exceed 2,000 m in altitude. Another difference observed between the physicochemical characteristics of the meltwater samples was the pH, which was neutral in the Gorely glacier and slightly acidic in the rest of the glaciers (Table 1). Additionally, Antarctic glaciers are more isolated as they are located on an island and are also located at higher latitudes (62°S vs. 52°N; Table 1). Yet the main difference seems to be the remoteness from other continents that leads to geographic insulation, which is increased by the Antarctic Circumpolar Current (Naor et al., 2012). This oceanic stream, the most important in the Southern Ocean, flows clockwise (as seen from the South Pole) and is circumpolar due to the lack of any landmass connecting with Antarctica. This fact keeps the warm waters of the ocean away from Antarctica, which allows the continent to maintain its enormous ice sheet (Donohue et al., 2016). The Kamchatka Peninsula is also subjected to ocean currents such as the East Kamchatka Current (Oyashio or Kurile current), but it is not so cold and has a nutrient-rich nature (Qui, 2001; Jones and Solomina, 2015).

The quantification of nitrogen, sulfur, and phosphorus ions is relevant because these compounds are used by microorganisms as nutrients. Detection limits for these constituents ranged from 0.1 to 2.0 μM. The analyses of NH4+, NO2−, NO3−, SO42−, SRP, and DOC in the ice samples (Table 2) demonstrated the existence of a higher concentration of compounds with nitrogen and phosphorus in the Antarctic samples than in the Arctic samples. This result may be due to the presence of detritus from penguins and other marine animals that populate the coast of Deception Island. However, sulfur and carbon compounds were more abundant in Arctic glaciers. It has been described that this type of molecule can be emitted by active volcanoes (Weinbauer et al., 2017).

Of all the chemical elements that were detected in ICP-MS analyses, only those shown in Supplementary Table S1 presented values greater than the detection threshold. Constituents that were below detection limits ranged from 0.3 to 0.7 ppb. The main volcanic materials in these volcanoes are basalt (rich in Mg and Ca, and in alkali oxides of Na and K) and olivine (magnesium iron silicate). These elements were present in all samples and especially in glaciers from active volcanoes. The concentrations of the 10 most abundant elements were taken into account for the studies of interrelationships between bacterial populations and these ion concentrations.

In addition, the samples with the highest concentrations of chlorine and sodium were those from the Antarctic glaciers (Supplementary Table S1). This difference may be due to the proximity of these glaciers to the sea. Another remarkable difference was observed in sulfur concentrations, as had been observed for SO42−, since active volcanoes such as those in Kamchatka have been described to emit sulfur as sulfur dioxide or hydrogen sulfide, bromide, carbonyl sulfide, and organic compounds.



Microbial Community Composition

Amplification and sequencing of the V3 and V4 regions of the 16S rRNA gene rendered a total of 1,004,156 reads which belonged to 1,246 ASVs (Supplementary Table S2) and 23 phyla (Figure 3). Almost all of the diversity of the Arctic bacterial populations was limited to two phyla: Actinobacteria (34%) and Proteobacteria (30%). Among the Proteobacteria, the majority belonged to the classes Alphaproteobacteria (12%) and Gammaproteobacteria (9%; Figure 3A). Diversity in Antarctic populations was much greater. The major phyla were Actinobacteria (27%), Bacteroidetes (23%), Cyanobacteria (20%), and Proteobacteria (15%; Figure 3B). Within the Proteobacteria, the majority belonged to the classes Betaproteobacteria (8%) and Alphaproteobacteria (5%; Figure 3B). It is unknowable from DNA barcodes whether any of these organisms are actively growing or even alive in the glacier. Other techniques will be necessary to clarify this issue.
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FIGURE 3. Relative abundances of major phyla of bacteria and of class Proteobacteria. Graphs are based on 16S rRNA gene sequencing data of glacial ice samples.


A significant difference between both groups of glaciers was the composition and diversity of microorganisms, which was much higher in Antarctic glaciers (Figure 4). The diversity in the glacier samples was measured using the Observed Species index, the Chao 1 index, the ACE index, and the Shannon index (Figure 4). The greater diversity observed in the Antarctic samples in relation to the Arctic ones stands out.

[image: Figure 4]

FIGURE 4. Alpha diversity indexes for microbial populations in volcanic glaciers. Box-plots showing alpha diversity in ice samples using the Observed Species index, the Chao 1 index, the ACE index, and the Shannon index. Statistical differences were studied by ANOVA test (ns, nonsignificant; ###p < 0.0001). Statistical significance was achieved by Bonferroni’s multiple comparison test (ns, not significant; **p < 0.01; ***p < 0.001).


Regarding microbial populations, several common majority genera were found, such as Hymenobacter, Glaciimonas, Actinoallomurus, Frankia, Pontibacter, or Symploca (Supplementary Figure S1). The most abundant bacterial genera in Antarctic glaciers were Hymenobacter, Pontibacter, Frankia, Cyanobacterium, and Symploca, while in Arctic glaciers they are Glaciimonas, Actinoallomurus, Deinococcus, Polaromonas, and Methylobacterium.

All bacterial phyla were represented in all glaciers except Chlorobi, which was only present in KIR samples. There were some exclusive genera of the Arctic glaciers (i.e., Glaciimonas, Thermoleophilum, Dinitrobacterium, and Nitriliruptor) and other genera that were only identified in Antarctic glaciers (i.e., Cyanobacterium, Salinibacterium, Flavobacterium, and Singulisphaera).



Microbial Community Distribution

To determine how the distribution of microbial communities is affected by the geographic and physicochemical properties of glacial ice, several multivariate statistical analyses were carried out. Firstly, a PCA (Supplementary Table S3, analysis no. 1) based on the relative abundances of bacterial phyla was performed to compare how different the microbial composition was in glaciers. In this analysis, the centered log-ratio transformation was used. These results confirmed that microbial communities in glaciers were quite different (Figure 5). The samples MAC and KIR were grouped and associated with an increase in the relative abundance of the phyla Firmicutes, Cyanobacteria, Bacteroidetes, Tenericutes, and Actinobacteria. Aside were the other two populations. The MUT samples were closely associated with a higher relative abundance of Proteobacteria.

[image: Figure 5]

FIGURE 5. Comparison of the microbial communities using the multivariate statistical analysis principal component analysis (PCA). The diagram display circles representing sampling sites, triangles that represent phyla, and arrows that indicate the direction of increase for the relative abundances.


Regarding their geographical location, some phyla were concentrated in certain latitudes. A DCA analysis showed that there was a distribution gradient of the phyla with respect to the distance from each sampling point to the South Pole (Supplementary Table S3, analysis 2; Figure 6).

[image: Figure 6]

FIGURE 6. Canonical correspondence analysis (CCA) of the bacterial phyla with respect to the latitude. Analysis of bacterial communities with respect to the distance to the South Pole. The diagram displays triangles that represent taxonomic groups and an arrow that represents the latitude. Map image source: Google Earth Pro.


Although temperature measurements were similar in all glaciers (ranged between −0.5 and 0°C; Table 1), a CCA analysis showed a different distribution of the main genus of psychrophilic and thermophilic representants (Supplementary Table S3, analysis 3; Figure 7). This trend may be due to the fact that the tectonic activity is much higher in the Arctic volcanoes than it is in the Antarctic craters. Abundant types of thermophilic bacteria and archaea have also been described in glacial environments near active volcanoes in other volcanic regions such as Iceland (Kelly et al., 2011).

[image: Figure 7]

FIGURE 7. Detrended correspondence analysis (DCA) of the main representants of psychrophiles and thermophiles at the level of genus.


Canonical correspondence analysis with the concentration of NH4+, NO2−, NO3−, SO42−, SRP, and DOC was used to estimate the proportion of the community variability attributable to these variables. The eigenvalues corresponding to the four ordination axes showed the interrelationships between bacterial phyla and these ion concentrations. This analysis demonstrated that 25.4% of the bacterial variability could be explained by these variables (Supplementary Table S3, analysis 4; Figure 8A). Some phyla of bacteria such as Calditrichaeota, Deinococcus-Thermus, and Thermodesulfobacteria were positively associated with the NH4+ and SO42− levels.

[image: Figure 8]

FIGURE 8. Canonical correspondence analysis of the bacterial phyla with regard to the chemical composition of ice. (A) Analysis of bacterial communities with respect to the concentration of NH4+, NO2−, NO3−, SO42−, soluble reactive phosphorus (SRP), and dissolved organic carbon (DOC). (B) Analysis of bacterial communities with respect to concentration of C, K, Cl, Na, S, Si, Fe, Ca, Mn, and Br. The diagram displays triangles that represent taxonomic groups and arrows that symbolize environmental variables. The axes are scaled in SD units.


The CCA with C, K, Cl, Na, S, Si, Ca, Fe, Mn, and Br (Supplementary Table S3, analysis 5; Figure 8B) demonstrated that 25.5% of the bacterial variability could be explained by these ion concentrations. It is noteworthy that chlorine and sodium ions were more associated with samples taken from Antarctic glaciers. As mentioned above, it is possible that this drift is due to the proximity of these glaciers to the sea. Various bacterial species have been reported to attest to the exchange of microorganisms between glaciers and their runoff coastal waters. For example, the genus Hymenobacter has been described as a possible sentinel of this transport between glaciers and their downstream seawaters (Garcia-Lopez et al., 2019). In our samples, this genus was much more abundant in the ice samples of the Antarctic glaciers than in the Arctic ones. Other examples of marine microorganisms found in these volcanic glaciers were Marinobacter (Button et al., 2004), Roseospira (Chakravarthy et al., 2007), and Polaribacter (Gosink et al., 1998).

Moreover, sulfur and iron ions were associated with samples from active volcanoes. Therefore, another DCA was performed at the genus level (Supplementary Table S3, analysis 6; Figure 9). This analysis showed a preferential distribution of sulfur-metabolizing bacterial genera in Arctic volcanoes (i.e., such as Thiomonas, Desulfuromusa, and Thermodesulfovibrio), while iron-metabolizers were mostly distributed in the Antarctic samples (i.e., Rhodoferax, Ferrimicrobium, and Deferribacter), although they appeared throughout the diagram. By applying the contingency Fisher’s exact test, it was obtained that at a confidence level of 95%, there was a significant association (p < 0.0001) between the two variables (south–north and sulfur–iron metabolizers).

[image: Figure 9]

FIGURE 9. Detrended correspondence analysis of the main representants of iron and sulfur metabolizers at the level of genus.


Finally, a DCA analysis (not shown) was carried out with the main genera of radio-tolerant bacteria such as Deinococcus, which is even one of the majority genera of the GOR and MUT glaciers (Supplementary Figure S1). It is well-known that microorganisms that inhabit glaciers have a high tolerance to ultraviolet radiation (Singh and Gabani, 2011; Madigan et al., 2012). However, these results were not significant, since the distribution of radio-tolerant bacteria was equivalent in the ice samples from both hemispheres.



Main Differences Between Microbial Communities Inferred From Taxonomy

The main differences when comparing these four glaciers were: (i) their different volcanic gas emission and ash deposition; (ii) the thermophiles–psychrophiles balance; (iii) the microbial participants in sulfur and (iv) iron cycles; and (v) the development of soil or contribution to the sea sediments (Figure 10).

[image: Figure 10]

FIGURE 10. Model of the analogies and differences in the microbial populations of volcanic glaciers. (1): gas emission and pyroclastic material deposition. (2): thermophiles and psychrophiles balance. (3): microorganisms involved in the sulfur cycle. (4): microorganisms involved in the iron cycle. (5): development of soil and mudflow deposits in the sea coast.


All these glaciers contain black layers rich in ash and pyroclastic material embedded in the glacial ice. Microscopic organisms carried by the wind together with ashes can extend the geographical range of live colonies (Van Eaton et al., 2013). These materials constitute an essential source of nutrients to be used by the microbial communities. Conversely, microorganisms contribute to the weathering of volcanic rocks and to the exchange of ions between the pyroclastic material and the meltwater of glaciers. The significant amounts of reduced iron and manganese present in basaltic rocks provide potential energy sources for chemolithotrophic bacteria. Some bacterial species such as the acidophilic iron-oxidizing Ferrimicrobium acidiphilum (Actinobacteria) and the iron-reducers Rhodoferax ferrireducens (Betaproteobacteria), and Deferribacter autotrophicus (Deferribacteres) were closely associated with the Antarctic glaciers (Aytar et al., 2015; Garcia-Lopez et al., 2019; Slobodkin et al., 2019).

Considering that some of the main components of volcanic gases are water vapor and sulfur, either as sulfur dioxide (at high temperature) or hydrogen sulfide (at low temperature; Woitischek et al., 2020), it could be explained that the microorganisms that participate in the sulfur cycle, such as Thiomonas thermosulfata, Thermodesulfovibrio thiophilus, and Desulfovibrio, were found mainly associated with ice samples from Arctic glaciers, which are more active than Antarctic glaciers.

Both chemolithotrophs that synthesize organic compounds by fixing carbon dioxide and chemoorganotrophs that degrade organic matter, participate in the carbon cycle. The organic compounds, carbon monoxide, and carbon dioxide metabolized by microorganisms come from volcanic gases, which in this case are much more profusely emitted by the volcanoes of Kamchatka than those of Deception Island. The organic matter may also come from plant and animal remains contained within ice. Methane is one of the main gaseous components released by volcanoes, and the metabolism of this compound is very relevant in volcanic environments in which a great diversity of archaeal and bacterial communities has been identified (Cheng et al., 2012). In our samples, several methylotrophs were found (i.e., Methylibium, Methylobacterium, and Methylotenera), which can catabolize methane and many other carbon compounds. For example, Methylotenera exclusively uses methylamine as a single source of energy, carbon, and nitrogen (Kalyuzhnaya et al., 2006).




CONCLUSION

In summary, the main contrasts found in this study among these glaciers were the differences in the composition and diversity of microbial populations and the existence of taxonomic groups exclusively found exclusively in one of the hemispheres, such as the phylum Chlorobi. However, some factors had a special influence on the results of this research, such as the different volcanic activity, which may introduce a bias in the conclusions about the distribution of thermophiles and psychrophiles or of the iron and sulfur metabolizers. Therefore, future study of glaciers in volcanic regions will allow us to confirm these results and broaden our knowledge on the microbial populations that inhabit volcanic glaciers. To know whether there is microbial growth in this subglacial ecosystem or whether the microorganisms are dead or dormant will be other interesting question for future research. The results obtained in this study deepen the better understanding of a regional diversity in the volcanic glaciers and will have application in a variety of disciplines such as microbial ecology, climate change studies, biotechnology, astrobiology, and space exploration.
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The production of specialized resting cells is a remarkable strategy developed by several organisms to survive unfavorable environmental conditions. Spores are specialized resting cells that are characterized by low to absent metabolic activity and higher resistance. Spore-like cells are known from multiple groups of bacteria, which can form spores under suboptimal growth conditions (e.g., starvation). In contrast, little is known about the production of specialized resting cells in archaea. In this study, we applied a culture-independent method that uses physical and chemical lysis, to assess the diversity of lysis-resistant bacteria and archaea and compare it to the overall prokaryotic diversity (direct DNA extraction). The diversity of lysis-resistant cells was studied in the polyextreme environment of the Salar de Huasco. The Salar de Huasco is a high-altitude athalassohaline wetland in the Chilean Altiplano. Previous studies have shown a high diversity of bacteria and archaea in the Salar de Huasco, but the diversity of lysis-resistant microorganisms has never been investigated. The underlying hypothesis was that the combination of extreme abiotic conditions might favor the production of specialized resting cells. Samples were collected from sediment cores along a saline gradient and microbial mats were collected in small surrounding ponds. A significantly different diversity and composition were found in the sediment cores or microbial mats. Furthermore, our results show a high diversity of lysis-resistant cells not only in bacteria but also in archaea. The bacterial lysis-resistant fraction was distinct in comparison to the overall community. Also, the ability to survive the lysis-resistant treatment was restricted to a few groups, including known spore-forming phyla such as Firmicutes and Actinobacteria. In contrast to bacteria, lysis resistance was widely spread in archaea, hinting at a generalized resistance to lysis, which is at least comparable to the resistance of dormant cells in bacteria. The enrichment of Natrinema and Halarchaeum in the lysis-resistant fraction could hint at the production of cyst-like cells or other resistant cells. These results can guide future studies aiming to isolate and broaden the characterization of lysis-resistant archaea.

Keywords: lysis-resistant, lake sediment, microbial mat, extreme environment, archaea, bacteria


INTRODUCTION

Natural environments can experience fluctuation in biotic and abiotic factors, which impacts the growth and survival of the organisms living within them. In response, organisms must develop strategies to survive under environmental conditions that are suboptimal for their growth and reproduction (Yang et al., 2016; Gray et al., 2019). One common response is dormancy (Logan et al., 2000; Wood et al., 2013), which consists of the decrease in the metabolic activity of the organism and it can be achieved through different mechanisms (Jones and Lennon, 2010; Lennon and Jones, 2011; Hice et al., 2018). One of them is the production of specialized cells (Cáceres and Tessier, 2003). Single-cell or multicellular organisms can create such types of specialized structures for survival. Parasitic and free-living protists that form cysts (highly resistant structures) are examples (Aguilar-Díaz et al., 2011; Lambrecht et al., 2015). Furthermore, bacteria are known to form one of the most resistant dormant specialized structures, called endospores, which can resist physical and chemical stressors (Nicholson et al., 2000; Setlow, 2014).

Since the discovery of bacterial spores in the last quarter of the 19th century (Koch, 1876), microbiologists have uncovered many elements of the sporulation process, such as the triggers for entering sporulation and cell re-activation, levels of resistance, and structural properties of spores, among others. This has been done mainly for spores and spore-like cells from five bacterial groups: Firmicutes (Nicholson et al., 2000; Higgins and Dworkin, 2012), Actinobacteria (Chater et al., 2010; Sexton and Tocheva, 2020), Cyanobacteria (Herdman, 1988; Kaplan-Levy et al., 2010), and in the δ-proteobacterial orders Myxococcales (Kottel et al., 1975; Julien et al., 2000) and Azotobacteraceae (Socolofsky and Wyss, 1961; Kramer and Socolofsky, 1970). All these spores and spore-like cells share the characteristic of being more resistant to lysis than the vegetative cells and of displaying a reduced metabolic activity. The ability of an organism to produce spores is judged based on morphological and genetic comparisons with these well-studied model organisms forming spores or spore-like cells. However, even though almost all bacteria can enter a dormant state (Rittershaus et al., 2013; Wood et al., 2013), the majority of them do not form spores (asporogenic). Nonetheless, there is evidence of alternative survival structures in asporogenic bacteria (Tanaka et al., 2001; Mulyukin et al., 2003; Suzina et al., 2004, 2006; Lysak and Lapygina, 2018; Filippidou et al., 2019), which are often referred to as “cyst-like” cells as they share some morphological and physiological similarities with cysts (Socolofsky and Wyss, 1961; Sudo and Dworkin, 1973) and show higher resistance than the vegetative cellular state.

Although dormancy and the production of specialized cells is a common strategy in many microorganisms, little information is available about the formation of specialized dormant cells in archaea. Archaea are classified as asporogenic (Moissl-Eichinger et al., 2018) and no evidence of specialized resistant cells has been found so far. Archaea were for a long time thought to be synonyms of extreme environments, since many archaeal isolates were obtained from extreme habitats (Dassarma et al., 2017; Belilla et al., 2019; Medina Chávez et al., 2019). However, this has changed in the last 30 years thanks to the use of culture-dependent and culture-independent techniques, which demonstrated that these microorganisms are also common in non-extreme environments (Francis et al., 2005; Gleeson et al., 2010; Xu et al., 2020). It has been hypothesized that the higher resistance of archaea compared to bacteria originates in the composition of their membrane, which is composed of glycerol-ether lipids that are more chemically resistant than those found in the bacterial membrane (De Rosa et al., 1986; Albers et al., 2000; Konings et al., 2002; Koga and Morii, 2007). More recently, it has been suggested that archaea could also be able to form spores (Fendrihan et al., 2012). Even though there is no direct evidence for spores, the formation of persister cells has been found in Haloferax volcanii as a response to stress (Megaw and Gilmore, 2017). Likewise, the induction of dormancy in archaea by viruses has also been observed (Bautista et al., 2015; Gulbudak and Weitz, 2016). Lastly, genes encoding programmed cell death and dormancy in bacteria have been found in archaea (Makarova et al., 2012). Despite all the above-cited evidence, their ability to form specialized resistant cells as a mechanism to survive harsh environmental conditions is not widely recognized. One reason for this could be the inability to recreate environmental conditions that might trigger the formation of specialized resistant cells in archaea. Therefore, investigating specialized resistant cells requires a functional proxy for their formation in the environment.

Dormant microorganisms play an important role in the maintenance of microbial diversity. Their influence in population evolution and microbial processes has been previously highlighted (Jones and Lennon, 2010; Joergensen and Wichern, 2018; Shoemaker and Lennon, 2018). Now that our planet is facing a major ecological challenge in the shape of climate change, the resistant dormant microbial community might represent a seed bank from which new communities can emerge (Jansson and Taş, 2014; Garcia et al., 2020; Wahid et al., 2020). Thus, the ability to assess the lysis-resistant bacterial and archaeal diversity in the environment might help us to better understand the microbial response to environmental change.

The formation of dormant cells has been shown to affect the fitness and ecological distribution of bacteria (Mutlu et al., 2020). Hence, polyextreme environments might be more selective for microorganisms able to produce dormant cells (Filippidou et al., 2016). Polyextreme environments might harbor higher biodiversity of dormant cells than more stable environments where the formation of dormant cells might carry a higher fitness cost. The Salar de Huasco is a high-altitude athalassohaline wetland in the Chilean Altiplano. This salt flat is located at an altitude of 3,800 m.a.s.l. and its salinity ranges from freshwater to saturation (Dorador et al., 2008b). The Salar is known for its polyextreme conditions, with daily temperature ranging from −10 to +25°C, high solar radiation <1,100 W/m2, and a negative water balance (Dorador et al., 2010; Cortés-Albayay et al., 2019). All these factors make the Salar de Huasco an environment where microorganisms would benefit from the formation of specialized structures to survive the constantly changing conditions. Furthermore, it has been shown that in this salt flat, there is high biodiversity of endemic bacteria and archaea (Demergasso et al., 2004; Dorador et al., 2008a,b). In this study, we assessed the environmental diversity of lysis-resistant cells in bacteria and archaea by applying a method developed to explore the diversity of endospores in the environment (Wunderlin et al., 2016). This method was extensively validated for its use in bacteria using pure cultures of non-spore-forming Gram-negative and spore-forming Gram-positive bacteria (Wunderlin et al., 2014). To break less-resistant vegetative cells, the method includes chemical and physical lysis prior to DNA extraction of the lysis-resistant fraction. The application of this method enabled the enrichment of endospores and revealed the large biodiversity of other spore formers in environmental samples. In addition, bacterial species that are supposed to be asporogenic were enriched as well (Filippidou et al., 2016; Paul et al., 2018). The unexpected biodiversity observed after the endospore enrichment method, suggests higher biodiversity of highly lysis-resistant bacteria. To assess the microbial diversity of lysis-resistant prokaryotic cells in the Salar de Huasco, we applied the spore separation method (hereafter indicated as “lysis-resistant enrichment”) to samples from sediments and microbial mats.



MATERIALS AND METHODS


Sampling

The sampling took place in September 2019. The samples were collected within 24 h from the main saline lake and the small ponds surrounding it. Seven sediment core samples (approximately 7 cm diameter and approximately 4 cm depth) were collected from the main lake, following a saline gradient, with salinity ranging from 53 to 0.706 PSU (Figure 1). The cores were cut on-site to 1 cm subsamples and stored in sterile plastic Petri dishes. Twenty microbial mats samples were collected from eighteen small ponds surrounding the main saline lake. Approximately 40 ml of microbial mats were collected in sterile 50 ml Falcon tubes. At every sampling point salinity, pH, conductivity, water temperature, and dissolved oxygen (%OD) were measured using a Multiparameter Water Quality Meter-HI98194, Hanna Instruments (Woonsocket, Rhode Island, United States), and the coordinates and altitude were also recorded (Supplementary Table 1). During the transport of the samples back to Switzerland, they were stored at room temperature (approximately 20–25°C) for 24 h. After arrival at the lab, the samples were stored at 5°C until processing a week later.
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FIGURE 1. Sampling area. (A) An overview of the sampling area indicating the region in which samples for this study were collected. The sampling area was selected based on a previous study (Dorador et al., 2008b) that showed a significant salinity gradient and a large diversity of microbial mats in a limited geographical area. (B) Close-up of the area of sampling within the saline lake showing the location of the seven sediment cores. (C) Close-up of the area of sampling within ponds containing microbial mats. The images of the 18 ponds are presented to illustrate the diversity of mats studied.




Biomass Extraction for Indirect DNA Extraction

Attachment to inorganic particles such as sediment can bias the separation of the lysis-resistant fraction by protecting cells from lysis or from enzymatic degradation of DNA (a key step to degrade released DNA from easy to lyse cells during the “lysis-resistant enrichment method”). Therefore, indirect DNA extraction was applied. For each sample, 3 g of material were weighted in ULTRA-TURRAX® disperser tubes (IKA-Werke, Staufen, Germany). Then, 15 ml of Na-Hexametaphosphate (1%) were added and the mixture was homogenized two times at 3,000 rpm for 1 min with the ULTRA-TURRAX® tube disperser workstation system. The sample was left to precipitate for 10 min and the supernatant was collected. This initial step was repeated two times. The two 15 ml supernatants were pooled, centrifuged at 20 × g for 1 min to precipitate large particles, and the remaining supernatant was filtrated through a 0.2 μm sterile nitrocellulose filter. For each sample, the filter was cut in half. One half was used to assess the total microbial community by directly extracting DNA and the second half was subjected to the lysis-resistant enrichment method to assess the lysis-resistant fraction. This way the same filter was used to assess both communities (Supplementary Figure 1).



Lysis-Resistant Enrichment Method and DNA Extraction

To the cellular material on one half of the filter, 900 μl of 1× TE (Tris-EDTA) buffer were added and incubated at 65°C for 10 min shaking at 80 rpm. Afterward, 100 μl of 20 mg/ml lysozyme were added and the sample was incubated at 37°C for 60 min shaking at 80 rpm. Later, 250 μl of 3 N sodium hydroxide (NaOH) and 250 μl of 6% sodium dodecyl sulfate (SDS) solutions were added and the sample was incubated at room temperature for 60 min shaking at 80 rpm. Next, the sample was filtrated in a 0.2 μm sterile nitrocellulose filter, which was then washed two times with 2 ml of sterile physiological water to remove any residue of the solutions used. Once the filter was dry, 450 μl of sterile water, 50 μl of DNase reaction buffer (1×) and 0.5 μl DNase enzyme were added and let stand for 15 min on the filter. The addition of the DNase enzyme and DNase reaction buffer is a vital step to degrade the DNA released by the easy-to-lyse cells prior to the DNA extraction from the lysis-resistant fraction. After 15 min, the solution was filtrated, and once more, the residue was washed with 1 ml of sterile physiological water that was filtrated to wash away the degraded DNA as well as the DNAase solution. Finally, the filters (containing the lysis resistant fraction only) were stored at −20°C until the DNA extraction was performed (Wunderlin et al., 2016). The same DNA extraction method was used in both fractions (Supplementary Figure 1). The FastDNA® SPIN kit for soil (MP Biomedicals, Irvine, CA, United States) was used with a modified protocol that included three successive bead-beating rounds in the first step. The final DNA extracts from the successive bead-beating steps were pooled together (Wunderlin et al., 2013). The DNA was then precipitated with ethanol and resuspended in PCR-grade water. DNA quantification was performed using Qubit® dsDNA HS Assay Kit on a Qubit® 2.0 Fluorometer (Invitrogen, Carlsbad, CA, United States).



Sequencing and Statistical Analysis

The purified DNA extracts were sent to Fasteris (Geneva, Switzerland) for bacterial and archaeal 16S rDNA amplicon sequencing using an Illumina MiSeq platform (Illumina, San Diego, CA, United States), generating 300 bp paired-end reads. For the bacterial 16S rDNA, the V3–V4 region was amplified using the universal primers Bakt_341F (5′-CCT ACG GGN GGC WGC AG-3′) and Bakt_805R (5′-GAC TACHVG GGT ATCTAA TCC-3′) (Herlemann et al., 2011). For the archaeal 16S rDNA, the V3–V4 region was amplified using the universal primers 340F (5′-CCC TAY GGG GYG CAS CAG-3′) and 806rB (5′-GGA CTA CNV GGG TWT CTA AT-3′) (Bahram et al., 2019). Demultiplexed and trimmed sequence reads provided by Fasteris were processed using QIIME2 (Bolyen et al., 2019) with dada2 (Callahan et al., 2016) for the denoising step. Read lengths were truncated to optimized total nucleotide lengths (based on q-scores), 480 and 484 bases for the 16S and archaea datasets, respectively. These truncated sequences allowed the joining of denoised paired-end reads by at least 12 identical bases to obtain full denoised sequences. Sequences were grouped on amplicon sequence variants (ASVs). The ASVs then obtained were afterward taxonomically classified using QIIME2’s VSEARCH-based consensus taxonomy classifier (Rognes et al., 2016) with the SILVA database (Quast et al., 2013), release 132, for 16S rDNA of bacteria and archaea. The number of ASVs obtained for bacteria was 153,000 and for archaea 2,128. All statistical analyses were performed with RStudio version 1.3.1093 (RStudio Team, 2020), the community and multivariate analyses were performed with the phyloseq (McMurdie and Holmes, 2012) and vegan (Oksanen et al., 2020) packages. The Venn diagram was calculated with the package Venn.Diagram (Chen and Boutros, 2011). The relative abundance was calculated using the Total-Sum Scaling (TSS) normalization. The principal coordinate analysis (PCoA) was calculated based on the weighted UniFrac distances. For the Venn diagram, PCoA, and enrichment analysis, the relative abundance was used. For the statistical test of the alpha diversity and the ANOVA, the raw abundance data were used. The proportion used in the distribution plots was calculated by phylum, the relative abundance of each ASV was divided by the sum of all relative abundance to obtain a proportion, the log base 10 of the proportion was used for the graphical representation. The enrichment proportion was calculated by first adding the relative abundance per genus once in the total fraction and once in the lysis-resistant fraction. The proportion was then calculated by subtracting the lysis-resistant abundance from the total abundance and dividing this by the sum of the lysis-resistant fraction and the total fraction.




RESULTS

In this study, we analyzed two types of environments: sediment cores from the main saline lake and microbial mats from the small ponds surrounding it. An ordination of the communities using a principal coordinate analysis (PCoA) showed that both the lysis-resistant (i.e., the fraction of the community which persisted after the lysis-resistant enrichment method) and a total fraction (i.e., obtained from the direct DNA extraction) grouped mostly by the type of environment (Figures 2A,B). Although the partial overlap of the communities originating from the two different environments appeared to exist (in particular for the total fraction), a Venn diagram to evaluate the overlap in community composition of both the community type (lysis-resistant and total fraction) and the environment (microbial mat and lake sediment), showed this is not the case. The number of ASVs shared between the same type of environment was higher than between samples from the same community (Figures 2C,D), showing a stronger influence of the type of ecosystem than of the treatment in the overall community composition. This effect was observed for both bacteria and archaea. As the aim of this study was to determine the diversity of lysis-resistant communities, to establish those organisms enriched in this fraction, we compared them to the respective total community of the same environment. Therefore, herein, the two types of environments were analyzed independently, as their biotic characteristics and abiotic conditions were also different.
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FIGURE 2. Principal coordinate analysis (PCoA) and Venn diagram of the bacteria and archaea community. (A) Weighted UniFrac PCoA of the bacterial community comparing microbial mats (in orange) and lake sediments (in green) in the lysis-resistant (left) and total fractions (right). The ellipses show a 95% confidence level per group. (B) PCoA of the archaeal community comparing microbial mats (in orange) and lake sediments (in green) in the lysis-resistant (left) and total fractions (right). The ellipses show a 95% confidence level per group. (C) Venn diagram of the bacterial community (top 5,000 of 15,300 ASVs) comparing both environments (M, microbial mats; S, lake sediments) and both community fractions (lysis-resistant and total community). (D) Venn diagram of the archaeal community (top 1,000 of 2,128 ASVs) comparing both environments (M, microbial mats; S, lake sediments) and both community fractions (lysis-resistant and total community).



Lysis-Resistance in Lake Sediments

Seven sediment core samples were collected along the salinity gradient ranging from 53 to 0.706 PSU in the main saline lake. The pH in the lake ranged between 8.22 and 8.43 (not following a specific gradient). From these samples, sample 5 could not be analyzed as there was not enough sediment to perform the analysis. From the sequencing, we were not able to generate any products for the archaea sample 6 (lysis-resistant only). Although the community analysis was performed in all the samples, for the comparison, only samples that could be paired total vs. lysis-resistant were retained.


Bacterial Diversity in Lake Sediments

The PCoA of the saline lake core samples showed that the bacterial communities were clustered into two groups, the lysis-resistant fraction, and the total community (Figure 3A). In the PCoA the lysis-resistant community samples were more dispersed than the total community. Furthermore, there was no statistical difference (p-value = 0.18) between the Shannon alpha diversity of the lysis-resistant and the total fractions (Supplementary Figure 2A). Also, there was no statistically significant correlation between the abiotic parameters (pH, dissolved oxygen, and salinity) and the alpha diversity (data not shown).
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FIGURE 3. The bacterial community in the lake sediments. (A) Weighted UniFrac PCoA of the bacterial community, belonging to the lysis-resistant fraction (red) or the total fraction (blue). The ellipses show a 95% confidence level per group. (B) Top 50 bacterial ASVs relative abundance per lake sediment core at the phylum level. (C) This plot shows the abundance distribution of the different phyla, for either the lysis-resistant (red) and the total fraction (blue) in the lake sediments, the abundance is shown in log10 of the relative abundance.


We first analyzed the composition of the bacterial community per sediment core by looking at the top 50 ASVs (Figure 3B). The lysis-resistant fraction and the total fraction differed at the phylum level. Both the lysis-resistant and the total fractions included ASVs assigned to Actinobacteria, Bacteroidetes, Chloroflexi, Cyanobacteria, Deinococcus-Thermus, and Proteobacteria, whereas ASVs assigned to Firmicutes and Halanaerobiaeota were only present in the lysis-resistant fraction. In contrast, Cloacimonetes and Epsilonbacteraeota were only present in the total fraction. Moreover, the sediment core from sampling point 3, was significantly different from the other 5 sampling points. The top 50 ASVs in this sample were primarily dominated by Firmicutes in the lysis-resistant fraction and by Epsilonbacteraeota in the total fraction. The enrichment effect of the lysis-resistant method in all detected phyla can also be observed using a distribution plot comparing the relative abundance of given phyla in the two fractions (Figure 3C). As the same filter was used in the assessment of the total and the lysis-resistant community, any cell present in the total fraction capable of withstanding the physical and chemical lysis will show enrichment in the lysis-resistant fraction. When comparing Figures 3B,C, the limitations of only assessing the most abundant ASVs are highlighted. From the 39 different phyla observed in Figure 3C, only 10 were present among the most abundant ASVs, thus overlooking a large part of the bacterial diversity in the lake sediments. The distribution plot also allows the assessment of less abundant phyla and demonstrates the effect that the lysis-resistant method had on them. Figure 3C shows the enrichment of the spore-former phyla Firmicutes and Actinobacteria in the lysis-resistant fraction, as well as the enrichment of non-spore former phyla such as Aegiribacteria, Chlamydiae, Halanaerobiaeota, and Tenericutes in the same fraction. Phyla such as Candidatus Eremiobacterota and Elusimicrobia were only present in the lysis-resistant fraction, whereas Candidatus Omnitrophicaeota, Nitrospirae, Chrysiogenetes, Caldiserica, and BRC1 only appeared in the total fraction. The phyla Chloroflexi, Proteobacteria, and Bacteroidetes, were among the most abundant phyla in both lysis-resistant and total fractions, and although they were not enriched in the lysis-resistant fraction, they showed a similar distribution in both fractions.

Based on the pattern of enrichment described above, representatives of the phyla Firmicutes, Actinobacteria, Proteobacteria, and Cyanobacteria were analyzed in more detail. When assessing the relative abundance of genera within Firmicutes in the total and lysis-resistant fraction (Figure 4A only a subset, full in Supplementary Figure 3), most were clearly enriched in the lysis-resistant fraction. Only 10 genera had a higher abundance in the total fraction. This enrichment in the lysis-resistant fraction was not restricted to genera known to contain spore-forming species, but some asporogenic genera such as Gracilibacter and Chungangia were also enriched in this fraction (Figure 4A). For Actinobacteria (Figure 4B only a subset, full in Supplementary Figure 4) genera containing known spore former species such as Streptomyces and Micromonospora, were enriched in the lysis-resistant fraction, but, as in the case of Firmicutes, the lysis-enriched fraction also included non-spore formers genera such as Nitriliruptor and Microbacterium (Supplementary Figure 4). For both, Proteobacteria and Cyanobacteria, although the mean relative abundance of the lysis-resistant fraction was not higher than the total abundance (Figure 3C), a small fraction of the genera showed a higher abundance in the lysis-resistant fraction (Figures 4C,D; full Figure 4C in Supplementary Figure 5). The enriched fraction included, among others, representatives of the genera Thioalkalimicrobium, Aquabacterium, and Spiribacter in the Proteobacteria and Nostoc PCC-7524, Anabaena BECID22, and Geitlerinema PCC-7105 in Cyanobacteria. A summary of the groups enriched in the bacterial lysis-resistant fraction for other phyla can be found in Supplementary Table 2.
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FIGURE 4. Enrichment of different bacterial genera in the lysis-resistant or total fraction in the lake sediments. Negative values show enrichment in the lysis-resistant fraction, while positive values show enrichment in the total fraction for each genus. (A) Firmicutes genus. Proportion threshold at ≤0.0005 and >0.0005. (B) Actinobacteria. Proportion threshold at ≤0.00025 and >0.00025. (C) Proteobacteria. Proportion threshold at ≤0.0005 and >0.0005. (D) Cyanobacteria. Full graph.




Archaeal Diversity in Lake Sediments

The Shannon alpha diversity of the archaea samples did not show a statistical difference (p-value = 0.52) between the samples after the lysis treatment and the samples from the direct DNA extraction (Supplementary Figure 2B). Furthermore, in the PCoA no clear clustering could be observed (Figure 5A). The distribution of the lysis-resistant fraction and the total community overlap in the plot. However, in the sample, each lysis-resistant fraction could be distinguished from the same total community. The communities were largely dominated by two phyla: Euryarchaeota and Thaumarchaeota (data not shown). For archaea, the picture offered by the most abundant ASVs leaves out four phyla, as compared to the phyla observed in the distribution plot, thus underestimating the archaeal diversity. Nonetheless, to further understand the composition of this highly abundant phyla, we went to the genus level for the 50 most abundant ASVs (Figure 5B). The genera that were present both in the total and in the lysis-resistant were Candidatus Nitrosocosmicus, Halohasta, Halorubrum, and Natronorubrum, while the genera Halomicroarcula (halophilic archaea) and Methanospirillum (anaerobic methanogenic) were only present in two and one cores in the lysis-resistant fraction, respectively. In the total community, the presence of Methanolobus and Methanosaeta was observed.
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FIGURE 5. Archaeal community in the lake sediments. (A) Weighted UniFrac PCoA of the archaeal community, belonging to the lysis-resistant fraction (red) or the total fraction (blue). The ellipses show a 95% confidence level per group. (B) Top 50 archaeal ASVs relative abundance per lake sediment core at the genus level. (C) This plot shows the abundance distribution of the different phyla, for either the lysis-resistant (red) and the total fraction (blue) in the lake sediments, the abundance is shown in log10 of the relative abundance. (D) Enrichment of Euryarchaeota in the lysis-resistant or total fraction. Negative values show enrichment in the lysis-resistant fraction, while positive values show enrichment in the total fraction. Proportion threshold at ≤0.00025 and >0.00025.


To assess the enrichment of different archaeal phyla in the lysis-resistant community, we plotted the proportion of each community for each phylum (Figure 5C). The lake sediments sampled from the main Salar showed the presence of 6 phyla: Thaumarchaeota, Nanoarchaeaeota, Euryarchaeota, Diapherotrites, Crenarchaeota, and in lower abundance Asgardaeota. From these phyla, only Thaumarchaeota showed enrichment in the lysis-resistant fraction, while Euryarchaeota had similar means in both fractions. Moreover, it can also be observed that Thaumarchaeota and Crenarchaeota showed more than one distribution in the data set, indicating that there was also a set of less abundant ASVs with high distribution in both types of community fractions. For Thaumarchaeota, there were two enriched genera in the lysis-resistant fraction, these were Nitrososphaera and Candidatus Nitrosocosmicus, while unidentified genera were enriched in the total fraction (data not shown). Both Nitrososphaera and Candidatus Nitrosocosmicus are soil ammonia oxidizers from which no resistant cell form is known. Although the Euryarchaeota phyla did not show significant enrichment in the lysis-resistant fraction (Figure 5D, only a subset full in Supplementary Figure 6), we observed that many genera were enriched in the lysis-resistant fraction (Figure 5D). Those included Natrinema, Halonotius, and Halarchaeum. These genera belong to the Halobacteria class, known to be halophilic archaea found mainly in water-saturated or nearly saturated with salt, such as the Salar de Huasco.




Lysis-Resistance in Microbial Mats

Twenty samples of microbial mats were collected from 18 small ponds surrounding the main saline lake. The samples varied in color, texture, and location. The pH in these ponds ranged between 7.67 and 9.74, and the salinity from 0.41 to 4.22 PSU. Sequencing data were collected for all the samples for bacteria. However, for archaea, we were not able to generate sequencing products for all the samples. The samples missing data were samples 12, 15, 16, and 17 (in the lysis-resistant fraction), and samples 8, 15, and 18 (total fraction). Although the community analysis was performed in all the samples, for the comparison only samples that could be paired, total vs. lysis-resistant were retained.


Bacterial Diversity in Microbial Mats

The PCoA of the microbial mat samples showed the same clustering as the one observed in the lake sediments (Supplementary Figure 7A). The total community was tightly clustered except for one sample, MM20, which was clustered with the lysis-resistant fraction. On the other hand, the lysis-resistant fraction had a broader distribution. The difference in alpha diversity between the two fractions was significant in the case of bacteria (Supplementary Figure 7B). There was no significant statistical correlation between the abiotic parameters and alpha diversity. The most abundant ASVs in the microbial mat and the lake sediments belonged to the same five main phyla: Actinobacteria, Bacteroidetes, Cyanobacteria, Firmicutes, and Proteobacteria (Figure 6A). However, the abundance of these phyla is significantly different between the two communities (lysis-resistant and total). As it can be observed, in the microbial mats, the total fraction was mainly composed of Actinobacteria, Proteobacteria, and Cyanobacteria, while Firmicutes only appeared in two of the sampling points (pond 4 and pond 18). However, in the lysis-resistant fraction, the most abundant phyla were Firmicutes and Actinobacteria; Proteobacteria were present in almost all samples but in lower relative abundance and Cyanobacteria were present in only seven ponds.
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FIGURE 6. (A) Top 50 bacterial ASVs relative abundance per pond at the phylum level. (B) This plot shows the abundance distribution of the different bacterial phyla, for either the lysis-resistant (red) or the total fraction (blue) in the microbial mats. The abundance is shown in log10 of the relative abundance. (C) Top 50 archaeal ASVs relative abundance per pond at the genus level. (D) This plot shows the abundance distribution of the different archaeal genus, for either the lysis-resistant (red) or the total fraction (blue) in the microbial mats. The abundance is shown in log10 of the relative abundance.


To obtain a general idea of the bacterial diversity and the enrichment of the different phyla in the microbial mat community, we plotted the proportion of each community for each phylum (Figure 6B). Here, 44 phyla were identified while in the lake sediments only 39 phyla were identified. Furthermore, these two environments shared only 1.45% of their bacterial ASVs (Figure 2C). When comparing the enrichment of specific phyla in the lysis-resistant community in microbial mats (Figure 6B) vs. lake sediments (Figure 3C), Firmicutes, Proteobacteria, Actinobacteria, Cyanobacteria, Chlamydiae, Chloroflexi, Candidatus Omnitrophicaeota, and Caldiserica showed the same distribution. On the other hand, the phyla Candidatus Eremiobacterota, and Elusimicrobia were only present in the lysis-resistant fraction. Nitrospirae and BRC1 were only present in the total fraction in the lake sediments, while in the microbial mat they are present in both fractions. The opposite was true for the phyla Hydrogenedentes, Cloacimonetes, and Aegiribacteria, which were only present in the total fraction in the microbial mats but were present in both fractions in the lake sediments. A more detailed assessment of the enriched phyla of the microbial mats is shown in Figure 7 (only a subset, full in Supplementary Figures 8–11). The majority of the genus in Firmicutes (Figure 7A) showed a higher abundance in the lysis-resistant fraction as compared to the total fraction. Clostridium, Bacillus, Paenibacillus, and Sporosarcina are known spore formers found among those genera enriched. In addition, genera not known to form spores but with higher abundance in the lysis-resistant fraction, such as Enterococcus and Dorea, were also detected. In the case of Actinobacteria (Figure 7B), only six of 36 genera present showed higher abundance in the total fraction in comparison to the lysis-resistant fraction (Supplementary Figure 9). Not only known spore formers such as Streptomyces, Micromonospora, and Frankia showed higher abundance in the lysis-resistant fraction, but also asporogenic genera such as Mycetocola, Conexibacter, and Adlercreutzia. In the other two phyla with known spore formers, Proteobacteria, and Cyanobacteria, most of the genera had higher abundance in the total fraction than in the lysis-resistant fraction (Figures 7C,D). The Cyanobacteria genera enriched in the lysis-resistant fraction were SU2 symbiont group, Planktothrix NIVA-CYA-15, Nostoc PCC7524, Chamaesiphon PCC7430, and Annamia HoS24, from which only Nostoc PCC7524 is known to produce akinetes. For Proteobacteria the most enriched genera in the lysis-resistant fraction were Parasutterella, Oligoflexus, Klebsiella, Dokdonella, and Actinobacillus, all of which are not known to form spores.
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FIGURE 7. Enrichment of different bacterial genera in the lysis-resistant or total fraction in the microbial mats. Negative values show enrichment in the lysis-resistant fraction, while positive values show enrichment in the total fraction for each genus. (A) Firmicutes genus. Proportion threshold at ≤0.0005 and >0.0005. (B) Actinobacteria. Proportion threshold at ≤0.00025 and >0.00025. (C) Proteobacteria. Proportion threshold at ≤0.0005 and >0.0005. (D) Cyanobacteria. Proportion threshold at ≤0.00025 and >0.00025.


A comparison of the genera of Firmicutes, Actinobacteria, Proteobacteria, and Cyanobacteria shared between the microbial mats and lake sediments showed that only 3.63, 1.9, 1.1, and 0.98% ASVs were shared, respectively (Figures 8A–D). When looking at the shared ASVs per fraction (lysis-resistant and total) the maximum number shared is 0.737%, for Cyanobacteria in the lysis-resistant fraction, and 0.246% in the total fraction. This confirms that although most of the enriched phyla were shared between the two environments, the ASVs from those phyla were distinct.
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FIGURE 8. Venn diagram of the bacterial community for each fraction and environment. (A) Firmicutes in the 5,000 top ASVs. (B) Actinobacteria in the 5,000 top ASVs. (C) Proteobacteria in the 5,000 top ASVs. (D) Cyanobacteria in the 5,000 top ASVs.




Archaeal Diversity in Microbial Mats

As observed in the lake sediments, the archaeal PCoA did not show any defined clustering either for the lysis-resistant or for the total community (Supplementary Figure 7C). Also, there was no statistical difference in the alpha diversity of these two communities (Supplementary Figure 7D). At the phylum level, only Euryarchaeota and Thaumarchaeota were present. The community composition of the top 50 ASVs was assessed per sampled pond at the genus level (Figure 6C). Most genera could be found in both the lysis-resistant and the total fraction. On the other hand, the genus Methanocorpusculum was only present in the total fraction and the genera Methanomassiliicoccus and Methanosarcina were only present in the lysis-resistant fraction. Additionally, these genera were only present in a few samples. The genera Methanocorpusculum and Methanomassiliicoccus were only present in one pond each (pond 4 and pond 5, respectively). The two microbial mats collected from pond 4 were highly structured, pink submerged mats with a salinity of 0.738 PSU and a pH of 7.89, while the sample from pond 5 was a brown submerged mat presenting the same salinity and pH as pond 4. The genus Methanosarcina was only found in ponds 3 (black-green submerged mat, salinity of 0.412 PSU, and pH of 7.9) and 4. Meanwhile, the top 50 ASVs of ponds 5 and 6 (whitish submerged mat, salinity of 0.738 PSU, and pH of 7.89) were dominated by the genus Methanosaeta in the total fraction, whereas the lysis-resistant fraction of the same ponds also presented the genera, Candidatus Nitrosocosmicus, Halalkalicoccus, Methanobacterium, and Methanocalculus. A larger archaeal diversity was revealed when assessing the enrichment of each phylum (Figure 6D). Here it can be observed that as for the lake sediments, only the Thaumarchaeota was enriched in the lysis-resistant fraction. All other phyla were enriched in the total fraction, while Diapherotrites were only present in the total fraction.

A closer inspection of the enriched phyla showed that in the Thaumarchaeota phylum there were only two genera identified Candidatus Nitrosocosmicus and Nitrososphaera from which only the latter showed enrichment in the lysis-resistant fraction (data not shown). In the case of the Euryarchaeota phylum, many genera showed no enrichment in either fraction, but the same relative abundance in both (Figure 9A, only a subset, full in Supplementary Figure 12). Methanobrevibacter, Mathanocalculus, Methanoculleus, and Methanomassiliicoccus were genera enriched in the lysis-resistant fraction, with Methanobrevibacter showing the highest enrichment in this fraction. These four genera are all known to contain methanogenic archaea, and the formation of resistant modified structures is not yet known. In the case of the main genera enriched in the total fraction, Methanocorpusculum, Methanolinea, and Candidatus Methanofastidiosum, all three are methanogenic anaerobic archaea. Additionally, the Venn diagram of Euryarchaeota (Figure 9B), showed that the total fractions of the microbial mats and the lake sediments share more ASVs (4.73%) than each of the fractions from the same environment (lake sediment 1.25% and microbial mat 0.28% ASVs). In the case of Thaumarchaeota and Diapherotrites, the diversity in each environment and fraction appears to be unique (Figures 9C,D).
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FIGURE 9. (A) Enrichment of different Euryarchaeota genus in the lysis-resistant or total fraction in the microbial mats. Negative values show enrichment in the lysis-resistant fraction, while positive values show enrichment in the total fraction for each genus. Threshold at ≤0.00025 and >0.00025. (B) Venn diagram of the Euryarchaeota in the 5,000 top ASVs for each fraction and environment. (C) Venn diagram of the Thaumarchaeota in the 5,000 top ASVs for each fraction and environment. (D) Venn diagram of the Diapherotrites in the 5,000 top ASVs for each fraction and environment.






DISCUSSION

The overall diversity of the bacterial and archaeal communities in the two types of samples analyzed in the Salar de Huasco agrees with previous studies in this site and similar environments. The high relative abundance of Proteobacteria and Actinobacteria in both the lake sediments and microbial mats (lysis-resistant and total fraction) is in agreement with previous studies assessing the bacterial diversity in the site (Aguilar et al., 2016; Molina et al., 2018a; Castro-Severyn et al., 2021), as well as in other saline lakes around the world (Qin et al., 2019; Mehta et al., 2021). Furthermore, the high relative abundance of Chloroflexi in the lake sediments and of Cyanobacteria in the microbial mats is also in agreement with previous studies (Dorador et al., 2008b; Rasuk et al., 2016; Prieto-Barajas et al., 2018; Castro-Severyn et al., 2021). Moreover, although the most abundant phyla (Proteobacteria, Cyanobacteria, Actinobacteria, and Bacteroidetes) seem to be present in both environments (lake sediments and microbial mats), the number of shared ASVs between them was low. Such differences in the community composition of each environment have been previously observed at different sampling stations in Salar de Huasco (Dorador et al., 2020). Thaumarchaeota and Euryarchaeota were the dominant archaea phyla in the Salar de Huasco. These phyla have been previously reported to be highly abundant in sediments and water (Dorador et al., 2010; Molina et al., 2018b). On the other hand, our results contrast to those found by Molina et al. (2018b), where they found that the archaeal phylum Candidatus Parvarchaeota was the most abundant in both microbial mats and sediments, whereas in our community analysis this phylum was not found. Genera containing methanogenic archaea such as Methanobacterium, Methanocorpusculum, Methanoregula, Methanosaeta, and Methanospirillum, were among the most abundant in the microbial mats as reported in previous studies (Dorador et al., 2010; Molina et al., 2018b). On the other hand, halophilic archaea, such as Halalkalicoccus, Halohasta, Halomicroarcula, and Halorubrum, were abundant in lake sediments, something that was observed previously in samplings held during the Austral winter season as in our case (Dorador et al., 2013). A high number of uncultured and/or unidentified ASVs belonging to both bacteria and archaea was also detected. This is not only characteristic of the Salar de Huasco but many extreme environments (Bull et al., 2016; Dorador et al., 2020; Pascoal et al., 2021).

This study used, for the first time, an experimental approach developed originally for the enrichment of endospores to evaluate the diversity of potentially dormant microorganisms in this polyextreme environment. The method used here was initially validated by testing the survival of endospore-formers and non-endospore formers to chemical and physical lysis. The final treatment was shown to destroy vegetative cells, but not highly resistant endospores, which are only found in Firmicutes. In addition to the enrichment of Firmicutes, other taxa were also detected and therefore the enriched fraction was considered to contain diverse lysis-resistant cells as, for many of the enriched taxa, endospore formation (or other forms of sporulation) was unproven (Wunderlin et al., 2014). The results presented here for the Salar de Huasco confirmed that lysis-resistance is a specialized mechanism found only in a fraction of the bacterial population, resulting in the enrichment of phyla in which species are known to form spores, such as Firmicutes and Actinobacteria. The high abundance of Firmicutes and Actinobacteria in the lysis-resistant fraction is in agreement with Kearney et al. (2018), who also found these two phyla highly enriched in human fecal samples after the application of a modified version of the same method. Furthermore, not only known spore formers were enriched in the lysis-resistant fraction, but also genus not yet known to form resistant specialized structures were enriched in this fraction. This includes, for instance, Gracilibacter (Lee et al., 2006) and Enterococcus (Schleifer and Kilpper-Balz, 1984; Byappanahalli et al., 2012) in Firmicutes, and Nitriliruptor (Sorokin et al., 2017) and Microbacterium (Gneiding et al., 2008; Fidalgo et al., 2016) in Actinobacteria. Their enrichment in the lysis-resistant fraction, suggests that a highly resistant cell form might be responsible for enhancing their survival in the environment.

In Proteobacteria, the formation of resistant specialized structures is known in the Azotobacter genus (Høidal et al., 2000; Rejman and Kozubek, 2004) and in the Myxococcales order (Kottel et al., 1975; Julien et al., 2000; Garcia et al., 2009; Huntley et al., 2011; Mohr et al., 2012). A member of the latter, the genus Sorangium, was enriched in the spore fraction of the microbial mats, while a second one (Phaselicystis) was enriched in the lake sediment samples. The formation of exospores (a type of spore usually produced by members of the Actinobacteria phyla) has been described in Thermosporothrix hazakensis (Yabe et al., 2010a,b) and Thermogemmatispora onikobensis (Yabe et al., 2011), two species within the class Ktedonobacter in Chloroflexi. Although these two genera were not present in our results, the enrichment of Nitrolancea (Sorokin et al., 2012), Candidatus Chloroploca (Bryantseva et al., 2021), and Chloronema (Chiriac et al., 2017) in the lysis-resistant fraction, could indicate a larger distribution of exospore-like cells within Chloroflexi.

The enrichment in the lysis-resistant fraction of other taxa that are composed so far of exclusively culturable asporogenic species such as Tenericutes, Chlamydiae, Aegiribacteria, Halanaerobiaeota, Candidatus Eremiobacterota (formerly known as WPS-2), and Elusimicrobia is noteworthy. Although for none of them spore-like cells are known, the extent to which culturable type strains are a good representation of their environmental counterparts is still unclear. It has been shown that the “domestication” of bacterial isolates can affect their metabolism, morphology, fitness, sporulation, pathogenesis, and resistance (Fux et al., 2005; Sastalla and Leppla, 2012; Eydallin et al., 2014; Norris et al., 2020). In the case of representatives within Tenericutes and Chlamydiae, their lifestyle might provide a mechanism to explain their enrichment in the lysis-resistant fraction. In the case of Tenericutes, Mollicutes is the only class described to date. Members of this class, are characterized by the lack of a cell wall and by the establishment of close association with animal and plant hosts (Skennerton et al., 2016). Likewise, some species within the phylum Chlamydiae, although also asporogenic, are known for the production of elementary bodies, which are non-replicating infectious particles. The elementary bodies are released from infected cells and can survive in the environment until they encounter a new host (Elwell et al., 2016). Thus, the fact that Tenericutes and Chlamydiae are obligated intracellular pathogens might explain their enrichment in the lysis-resistant fraction, as it would be necessary to first break the host cell to attain their DNA. In addition, the enrichment of Chlamydiae has been previously observed after the application of the lysis-resistant method in sediments from the Rhone delta in Lake Geneva (Madueño et al., 2018) and in permafrost from Fairbanks, Alaska (Burkert et al., 2019).

In comparison to bacteria, in archaea, lysis resistance seems to be widely spread as there was no clear grouping of the lysis-resistant fraction relative to the total fraction in the PCoA. Also, there was no statistical difference in the alpha diversity between these two communities. The widespread enrichment of archaeal ASVs in the lysis-resistant fraction might be due to the high tolerance of archaea to lysis. The assessment of lysis resistance of archaeal cells faces a few limitations. One of them is the large fraction of unassigned ASVs found in our data set. Another one is that while the method to enrich lysis-resistant cells was extensively validated to enrich lysis-resistant bacterial cells, until now it has not been validated for archaea, and thus the results obtained in the case of archaea should be interpreted with caution. Nevertheless, the same filter was used for the assessment of the bacterial and archaeal community, and it is unlikely that archaeal DNA released during the physical and chemical lysis has a higher resistance to the DNase digestion than the bacterial DNA (Miettinen et al., 2019; Sorensen et al., 2021). Moreover, although some genes encoding programmed cell death and dormancy in bacteria have been found in archaea (Makarova et al., 2012), the lack of markers such as the regulator protein Spo0A (Molle et al., 2003), and calcium dipicolinic acid (Ca-DPA) (Fichtel et al., 2007) in Firmicutes or the protein SsgA in Streptomyces (Van Wezel et al., 2000), makes the identification and characterization of specialized resistant cells in archaea more difficult. Even though all these limitations make the assessment of the archaeal results challenging, the enrichment of two genera, Natrinema and Halarchaeum, is worth mentioning. Interestingly, cyst-like cells have been produced for Natrinema pallidum (Suzina et al., 2006). Also, cells belonging to the genus Halarchaeum have been isolated from 100 to up to 300 million years old salt deposits (Gruber et al., 2004; Schubert et al., 2010). These two genera were the most enriched of Euryarchaeota detected in the lysis-resistant fraction of the lake sediments, suggesting that the enrichment might reflect the existence of cyst-like or other types of resistant archaeal cells in the environment.

In summary, the application of the lysis-resistant method in the samples collected at the Salar de Huasco revealed a high diversity of lysis-resistant bacteria and potentially in archaea. Some bacteria are known to form resistant specialized structures, but the results shown here suggest a broader diversity of lysis-resistant bacteria. The culture-independent method used in this study also shows the presence of archaea that display similar resistance to lysis as lysis-resistant bacteria, based on their enrichment in the lysis-resistant fraction. Moreover, to our knowledge, this is the first study investigating lysis-resistance diversity in environmental archaea. To better understand both bacterial and archaeal production of lysis-resistant cells in the environment, new methods that enable the identification of lysis-resistant cells without the limitations of culturing and that also allow further analysis of the cells (e.g., microscopy, resistant tests) are still needed. Furthermore, in the face of a future in which the planet has an even more unpredictable and changing climate, understanding the diversity of microorganisms with the ability to survive highly fluctuating environmental conditions might help us predict the response of microbial communities to climate change.
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Pozas Rojas is a hydrological system comprising nine isolated shallow ponds and a deep lagoon, which were temporally merged in 2010 by increased rainfall due to a tropical cyclone. In this work, we assess which components, biotic interactions, or environment filtering effects, drive the assembly of microbial communities after a natural perturbation. Arsenic, pH, and temperature are among the most significant environmental variables between each pond, clustering the samples in two main groups, whereas microbial composition is diverse and unique to each site, with no core at the operational taxonomic unit level and only 150 core genera when studied at the genus level. Los Hundidos lagoon has the most differentiated community, which is highly similar to the epipelagic Mediterranean Sea communities. On the other hand, the shallow ponds at the Pozas Rojas system resemble more to epicontinental hydrological systems, such as some cold rivers of the world and the phreatic mantle from Iowa. Overall, despite being a sole of water body 2 years prior to the sampling, interspecific interactions, rather than environmental selection, seem to play a more important role in Pozas Rojas, bolstered by founder effects on each poza and subsequent isolation of each water body.

Keywords: Eltonian niche, Grinnellian niche, founder effect, environmental filtering, compositional differentiation, ecological perturbation


INTRODUCTION

Early in the 20th century, two main frameworks for the study of ecological niches have been proposed: the Grinnellian and Eltonian niche concepts. On one hand, the Grinnellian niche concept (Grinnell, 1904) was meant as a description of the complete range of conditions and resources where any given organism could live and reproduce (see review in Soberón, 2007). On the other hand, the Eltonian (Elton, 1927) niche concept is explained by the interactions among species, with the trophic web as central for the establishment of local community assembly (Soberón, 2007). Although there are multiple studies on the interplay of the Grinnellian and Eltonian niches in natural animal and plant populations (Soberón, 2007; Larson et al., 2010; Rosado et al., 2016; Junker et al., 2019), their role in succession processes and perturbation scenarios is more difficult to dissect, and questions regarding the relative importance of local environmental conditions and interactions among members of the community remain to be answered, particularly in in situ microbial setups.

Succession process in aquatic microbial communities is seldom studied in situ given the complexities of natural communities and a large amount of confounding factors, including community response to environmental variables and stressors, stochastic processes, migration, and founders’ effect (Pajares et al., 2013, 2015; Pascual-García and Bell, 2020). However, aquatic mesocosm experiments have shown that environmental variables such as temperature and UV light determine the response of the microbial community to perturbation, as the Grinnellian niche concept would predict. Other studies have shown the influence of the Eltonian niche. For instance, the establishment of bacterial communities in beech tree holes seems to be governed by functional redundancy and founders’ effect (Pascual-García and Bell, 2020). In contrast, communities from oligotrophic lakes in the Pyrenees have shown to be influenced by the interactions between environment and the community as well as migration processes, being environmental filtering a strong force (Ortiz-Álvarez et al., 2020). Therefore, both the Grinnellian and Eltonian niches are relevant for the establishment of the lake microbial communities.

Another fundamental issue is what happens to microbial communities after natural perturbations, that is, when the Grinnellian niche changes abruptly. In a 4-year study of halite communities from the Atacama Desert, after an unusual rain, the community shifted to a completely new unstable state and then recovered through stochastic recolonization once the water evaporated (Uritskiy et al., 2019). Opposite to the Atacama example, in the Churince system from Cuatro Ciénegas Basin (CCB), water became scarce, and salinity progressively rose due to the overexploitation of the aquifer. This resulted in demographic fluctuations of the Pseudomonas community, producing a sudden bloom of Pseudomonas aeruginosa (García-Ulloa et al., 2019) and an event of evolutionary rescue of Pseudomonas otitidis (García-Ulloa et al., 2021). However, as the perturbation became stronger and disrupted the community, the entire genus disappeared and a never-before-seen environmental strain of Vibrio cholerae appeared close to the extinction of the lagoon. The interplay between Grinnellian and Eltonian niches seems to explain this outcome; as the Grinnellian niche radically changed, the Eltonian niche eventually became altered, and the original community collapsed. Unfortunately, as in the case of P. otitidis and possibly most of the Pseudomonas genus, the enormous diversity of Churince [5,167 operational taxonomic units (OTUs) in a square km (Souza et al., 2018)] is now mostly lost due to the water depletion.

Within the studied sites at CCB is Pozas Rojas, located on the east side of the valley and composed of multiple shallow pozas and a deeper lagoon. This place was studied in parallel to Churince as a comparative site for cultivated Bacillus, Exiguobacterium, and Pseudomonas (Avitia et al., 2014) and more recently for Vibrio (Vázquez-Rosas-Landa et al., 2017, 2020). It is interesting to note that earlier metagenomics of Pozas Rojas observed a strong dominance and diversity of Pseudomonas, a lineage that probably benefited from the environmental filtering due to the extreme unbalanced stoichiometry of the site (C:N:P 15,820:157:1; Bonilla-Rosso et al., 2012; Peimbert et al., 2012). However, the extreme oligotrophy of Pozas Rojas was perturbed by Hurricane Alex in April 2010. This natural perturbation brought not only water that temporarily connected all pozas and the lagoon into one body of water, but also debris from most of the east side of the basin to the region named Los Hundidos due to its karstic nature and slightly lower elevation than the rest of the basin. As time passed, the superficial excess of water refilled the deep aquifer, leaving in 2012 the pozas in the same geographical position they were before the perturbation. At the moment of the sampling in 2013, the site was no longer oligotrophic (C:N:P 350:9:1) allowing the more copiotroph Vibrio to thrive (Vázquez-Rosas-Landa et al., 2020). Also, in a recent sampling of Pozas Rojas viral diversity, compared with Churince, the pozas showed a much larger diversity and differentiation in the water column between water bodies in March 2014 (Taboada et al., 2018), a year after the present study.

Herein we studied the aquatic microbial diversity of Pozas Rojas, 3 years after Hurricane Alex merged all the pozas into one lake and then got reseparated. In this work, we want to address the issue of differentiation between pozas in a very short time, testing the hypothesis of Grinnellian versus Eltonian niche as drivers of the community structure. As a null hypothesis, the flooding erased the structure between pozas within Pozas Rojas, and at that time, they showed no significant differentiation. However, there are two alternative hypotheses: (1) the Grinnellian niche drives the pozas differentiation; therefore, environmental variables explain most of Pozas Rojas diversity; (2) each poza will be unique within Pozas Rojas due to the Eltonian niche where interactions rule community assembly. Moreover, we scale such geographical differentiation from the local to a more global scale by comparing the Pozas Rojas composition with other epicontinental and marine water bodies: the phreatic mantle from Iowa, a groundwater system; the Mediterranean Sea, a marine system; several cold rivers from the world, which are instances of lotic systems; the Churince system from the CCB; and the well-studied Lake St. Clair in Michigan, a lentic system that is part of the Great Lakes Basin. We expected sites within Pozas Rojas to be more similar among each other than other CCB sites, such as Churince. Following this logic, CCB’s systems would be more similar between them than between different sites of the world, as Pozas Rojas and Churince may share a core of CCB microbiota given their shared deep aquifer (Wolaver et al., 2013).



MATERIALS AND METHODS


Sample Collection, DNA Purification, and Sequencing

Pozas Rojas system, within the CCB, is located at the geographic coordinates 26°52′N, 102°1′W. Sampling site overview and geographic coordinates for each poza/lagoon are provided in the Supplementary Figure 1 and Supplementary Table 1. The pozas (designated S02–S09 in the present study) are small and shallow (no more than 20 cm in the winter); therefore, wind is expected to evenly mix the water column, except at the Los Hundidos (designated LH1) lagoon, which is roughly 10 m deep, and stratification is presumed. Each water body was sampled with sterilized water bottles, collecting 6 L of superficial water and keeping them in a cold icebox. Simultaneously, environmental variables were measured with a Hydrolab MS5 multiprobe. Three liters from each water body was taken for mineral and nutrient determination (CIECO and Instituto de Geofísica, UNAM). Microbes were collected by filtering in situ all the sampled water onto sterile GF/F filters (0.2-mm nominal pore size; Whatman, Piscataway, NJ, United States) using a Millipore filtering device. GF/F filters were used in order to accumulate enough biomass for DNA extraction.

DNA was extracted from water column samples using the MOBIO PowerWater DNA Isolation kit (MoBio Laboratories, Carlsbad, CA, United States), with one modification: the volume of PW1 solution was increased to 1.5 mL due to the high absorbency of the GF/F filters, obtaining several filters per poza. Therefore, a composed sample of several independent DNA isolation steps from each site was pooled into one sample per poza. The DNA was used to amplify the V4–V6 16S rRNA gene variable regions using the primers 357F and CD[R] (Rudi et al., 1997; Turner et al., 1999). Amplicon libraries (450–490-bp length) were constructed as reported in the 16S Metagenomic Sequencing Library Preparation protocol from Illumina and sequenced on the Illumina MiSeq platform with a paired-end read configuration of 150 cycles at CINVESTAV-LANGEBIO, Irapuato, Mexico.



Measurement of Physicochemical Parameters

To determine the ionic concentration of the samples, sediment samples were incubated with distilled water for 19 h at 25°C under continuous shaking. This procedure allows the mobilization of the available ions within the sediment. Liquid samples from sediment and water were filtered with 0.22 nitrocellulose membranes. Concentrations of CO32– and HCO3– anions were determined by HCl 0.01 N titration. Cl– and SO42– concentrations were determined by high-performance liquid chromatography. A 432-conductivity detector (Waters) and an IC-Pack HR-Waters column were used. The mobile phase was a mixture of sodium borate (1.3 M) and acetonitrile (12%) at pH 8.5. Ca2+ and Mg2+ concentrations were obtained by atomic absorption spectroscopy using a Perkin Elmer 3110 equipment. Na+ and K+ were determined by flamometry using a Corning 400 device. For nutrient quantification, sediment samples were dried, and water samples were filtered through a Millipore 0.42-μm filter. Total carbon (TC) and inorganic carbon (IC) were determined by combustion and colorimetric detection using a TC analyzer (UIC model CM5012, Chicago, IL, United States). Total organic carbon was calculated as the difference between TC and IC. For total N and total P (TP) determination, samples were acid digested with H2SO4, H2O2, K2SO4, and CuSO4 at 360°C. Soil N was determined by the macro-Kjeldahl method (Bradstreet, 1954), whereas P was determined by the molybdate colorimetric method following ascorbic acid reduction (Dick and Tabatabai, 1977). The N and P forms analyzed were determined colorimetrically in a Bran–Luebbe Autoanalyzer 3 (Norderstedt, Germany). Several replicates per measurement were used in the statistical analysis.



Microbial Diversity

A total of 223,937 reads were obtained with MiSeq Illumina 2 × 300 using 357F and 939R primers. Reads passing the QC filters (minimum read quality = Q20) were used to reconstruct the original amplicon region (450–490-bp length) by overlapping them with Flash v1.2.7 software (Magoč and Salzberg, 2011). All non-overlapping sequences were discarded. A total of 188,190 sequences were used for taxonomic annotation with the Parallel-META v2.4.1 pipeline (Su et al., 2014) against the Metaxa2 database v2.1.1 (Bengtsson-Palme et al., 2015; Escobar-Zepeda et al., 2018). Stacked bar plots at different taxonomic levels were generated with ggplot2 (Wickham, 2016). The OTU abundance table was used to calculate the Good’s coverage (rarefaction) and α diversity indexes, that is, Observed, Chao 1, Fisher, Simpson, Inv Simpson, and Shannon, with the R Phyloseq library (McMurdie and Holmes, 2013). The OTU table was normalized using the metagenomeSeq method (Paulson et al., 2013), and the β diversity distance matrix was calculated using Bray–Curtis dissimilarity. Absence/presence plots were generated using the Upset R library (Lex et al., 2014) from the abundance OTU table and taxonomic annotation table at the genus level.



Statistical Analyses

Statistical analyses were conducted with R.1 Using the physicochemical and environmental measurements, the optimal number of clusters was assessed, from k = 2 to k = 8, with cluster v2.1.0, and plotted with factoextra v1.0.7 R packages, respectively (Kaufman and Rousseeuw, 2009). Pearson correlation coefficients were calculated to assess the associations between microbial α diversity and environmental measurements and the relationships across various environmental variables. p < 0.05 was considered to be statistically significant.

Non-correlated variables were selected based on a correlation plot calculated with the R package corrplot v0.84 (Wei and Simko, 2017), resulting in eight independent environmental variables: temperature, C:N, calcium (Ca), iron (Fe), conductivity, TP, pH, and arsenic (As). However, Fe was excluded from the analysis because of its slight presence in only two of the samples. Euclidean dissimilarity matrices of individual and every possible group of non-correlated environmental variables and a Harvestine dissimilarity matrix of the coordinates from Pozas Rojas samples were calculated. Mantel tests were performed with both Spearman and Pearson correlation methods (9999 permutations) using the R package vegan v2.5.6 (Dixon, 2003). In addition, a canonical correspondence analysis (CCA) of the environmental and physicochemical measurements was performed using the cca function from the R package vegan v2.5-6. Only variables with p < 0.05 are shown to reduce noise.



Data Acquisition of Worldwide Water Bodies and Taxonomic Annotation

Pozas Rojas raw reads were uploaded to MG-RAST and are publicly available on the site2 with the project accession number mgp94066. 16S tags from water samples collected globally were used as references. Accession numbers of the reference sites are as follows: mgp82906 (phreatic zone, Iowa), mgp10029 (eastern Mediterranean Sea), mgp89153 (Lake St. Clair, Michigan), mgp83892 (cold rivers, worldwide), and mgp94070 (Churince, Cuatro Cienegas, Mexico). All 16S tags used in this study were processed with the MG-RAST pipeline (Keegan et al., 2016). Rarefaction curves of the species count were performed for all geographical sites, and taxonomic annotation was done using the Ribosomal Database Project database as reference. An abundance table was constructed with the following minimum values: e = 10e−5, percentage of identity = 60%, length = 15 bp, abundance = 1.



Comparative Analysis With Samples From Around the World

Bray–Curtis dissimilarity matrices of relative abundances and non-metric multidimensional scaling (NMDS) analyses of all taxonomic categories, from phylum to genus, for all sites around the world were calculated using the R package vegan v2.5.6. Homogeneity of multivariate dispersion at each taxonomic category was assessed with an analysis of variance (ANOVA) of the β dispersions of the Bray–Curtis dissimilarity matrices previously calculated. Validity of the NMDS analyses was assessed with the stress scores. A permutational multivariate ANOVA (1,000 permutations) using dissimilarity matrices and an analysis of similarity (ANOSIM) were carried out to measure significant differences between sites based on their taxonomic abundances with the adonis and anosim functions from vegan v2.5.6, respectively. In addition, a stacked bar plot of the relative abundances of phyla from all sites was done with the R package ggplot2. Rarefaction curves for each sample are shown in Supplementary Figure 4.




RESULTS


As, pH, and Temperature Are the Most Important Environmental Variables in Pozas Rojas

Nutrient analysis showed that the proportion of C:N:P was, on average, 350:9:1 for water and 258:21:1 for sediment. These nutrients (C, N, and P) were not significantly different between sampling points for water samples (Vázquez-Rosas-Landa et al., 2020). Environmental variables include pH, temperature, conductivity, and the concentration of the following chemical species: CO32–, HCO3–, SO42–, Cl–, Na+, K+, Ca2+, Mg2+, Cd, Pb, and As (Supplementary Table 2). Pozas were separated by such environmental variables into two groups: LH1, S04, S05, S07, S08, and S09 in one group and S02, S03, and S06 in another (Figure 1).


[image: image]

FIGURE 1. Dendrogram of environmental variables. Hierarchical K-means clustering algorithm of the R package cluster v2.1.0 was used. Two main groups resulted from the clustering of environmental variables, shown in blue and yellow.


Univariate Mantel tests show nine significant correlations of geographic location with temperature and As [As (Spearman): r = 0.615, p = 0.0164; temperature (Spearman): r = 0.366, p = 0.038; As (Pearson): r = 0.818, p = 0.0071; temperature (Pearson): r = 0.467, p = 0.013], and multivariable Mantel points to temperature and pH [temperature + pH (Spearman): r = 0.404, p = 0.037]. In addition, CCA gives significant results for pH and conductivity (Table 1).


TABLE 1. Canonical correspondence analysis of environmental variables.
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Each Poza Possesses a Distinctly High Microbial Diversity

From a total of 188,190 reads, 5,268 OTUs were obtained at 97% similarity. Rarefaction curves show that even if the number of reads per poza is not the same, whereas LH is very well sampled along with S02, S08, and S09, the other pozas are subsampled (Supplementary Figure 2). However, microbial diversity is not related to the sequence coverage or to environmental variables. Community differentiation shows an isolated site (LH1) and two more related clusters (Figure 2 versus 1). The Los Hundidos site has clearly a unique microbial composition. This is confirmed by Bray–Curtis β diversity that is, in general, also very high, showing that each site is diverse and unique (Figures 2, 3 and Table 2). Furthermore, a Mantel test shows that this differentiation is unrelated to geographic distance (p = 0.2274, R2 = 0.03291), despite that the somewhat closer pozas (S02, S05, and S03) are more similar among each other in terms of community composition (Figure 2).
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FIGURE 2. Dendrogram of Bray–Curtis distance between samples.
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FIGURE 3. Upset plot of shared genera between pozas. Connected points represent the different combinations of sample intersections. First vertical frequency bar displays the common genera between all ponds. The total number of genera in each pond is shown by the horizontal frequency bars.



TABLE 2. Microbial α diversity in the water of the Pozas Rojas hydrological system after a natural perturbation.
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Despite its recent recolonization, the diversity and equitativity within each site is very high as reflected by the high Shannon and Simpson indexes, with the notable exception of S02 and the less well-sampled site S07 (Table 2).



There Is No Core Community in Pozas Rojas

The divergent community composition of LH (Figure 2) is also evident in the unique versus shared OTUs between Pozas Rojas sites (Supplementary Figure 3), with LH having 1334 unique OTUs, whereas the next site in line, S08, has only 403. Surprisingly, there are no core OTUs that are shared among all sites despite their proximity and the fact that they were a connected water body 2 years prior to this sampling (Supplementary Figure 3). In order to understand such uniqueness, we assigned genera to the most abundant OTUs (>0.1%). With this approach, we were able to identify that 150 genera are shared between the different pozas (Figure 3). On the most divergent site, LH, the marine Cyanobacteria Synechococcus is the most abundant, whereas it is rare in the shallower pozas (Figure 4). Meanwhile, most shallow pozas have diverse proportions of the Actinobacteria Candidatus Rhodoluna, as well as a high abundance of Rhodobacteraceae along with fewer Cyanobacteria.
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FIGURE 4. Microbial community composition of the Pozas Rojas system. Relative abundance of 16S reads annotated at the genus level. Only the top 20 most abundant genera are shown in legend.




Migration Is Rare Between Los Hundidos and the Pozas

While at higher taxonomic levels clustering of sites is generally not clear, at the genus level, all Pozas Rojas samples group together and very closely to Churince samples, except for LH, which arranges itself as a part of the epipelagic samples of the Mediterranean Sea (Figure 5). Moreover, a clear difference can be appreciated on the taxonomic profiles of LH1 and the rest of the pozas along similarities with the epipelagic Mediterranean Sea samples at the phylum level, mainly a very high relative abundance of Cyanobacteria followed by Bacteroidetes (Figure 6). This suggests not only that the water source of LH is different from the shallow pozas, but also that superficial migration from that lagoon to the pozas around the lagoon is rare.
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FIGURE 5. Non-metric multidimensional scaling plots of relative abundances at different taxonomic levels. Taxonomic categories are separated by panels (A): phylum, (B): class, (C): order, (D): family, and (E): genus. Samples are colored as follows: Pozas Rojas, purple; Lake St. Claire, pink; cold rivers of the world, red; deep water from Iowa, blue; Mediterranean Sea, yellow; Churince, black.
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FIGURE 6. Stacked bar plot of relative abundance of phyla from global samples. Sites to which samples belong are indicated on the X-axis.





DISCUSSION

All the data show that there is a strong community structure and differentiation between the individual pozas, particularly with the deeper and most stable site, Los Hundidos lagoon. As we stated previously, there are two possibilities: (1) the Grinnellian environmental variables explain most of Pozas Rojas diversity and structure; and (2) each poza is unique because of the Eltonian niche determining community assembly. In this study, we observed a significant differentiation in community structure between pozas given by environmental variables such as temperature and pH. This is to be expected, as these environmental variables are the most important variables in microbial community assembly in general (Hollister et al., 2010; Ren et al., 2015; Yan et al., 2017). However, nutrients and minerals, with the exception of As that is more abundant in pozas S02, S04, and S07, appear to be less relevant variables for community assembly in Pozas Rojas. What is interesting is that LH, environmentally, is part of the large inner cluster (Figure 1); this could be due to the drainage of the hurricane water toward it. Nevertheless, such clustering is not reflected in the microbial community structure, being LH the most divergent site. Therefore, although there is an influence of Grinnellian niche on community assembly, Eltonian processes seem to play a more important role in Pozas Rojas differentiation, potentiated by founder effects on each poza and their further isolation by distance.

Although in this study we are exploring only the water community, the overall diversity in Pozas Rojas is as high as Churince (>5,000 OTUs, Souza et al., 2018). This is remarkable, given the small scale of the study (circa 700 × 500 m) and the subsampling due to the inherent sequencing technical deficiencies. Other aquatic diversities have been reported to be at least an order of magnitude lower, as is the case of Svalbard subglacial ice with 700 OTUs in an equivalent sampling coverage of three glaciers (Perini et al., 2019), or 811 OTUs observed in five sites along the Ganjiang River in China (Wang et al., 2016). It is most interesting that despite the small scale of our study, the richness observed here is double the species obtained in the TARA ocean survey for superficial waters and comparable to the observed in mesopelagic waters at the scale of the world (Sunagawa et al., 2015).

It is possible that the large diversity found in Pozas Rojas is in part the product of a more balanced stoichiometry, reducing the environmental filtering of low phosphorus content typical from CCB (Vázquez-Rosas-Landa et al., 2020). Another possible factor is the pozas differentiation, where a particular founder effect and a cohesive community, the Eltonian niche, isolate each poza from the next one, generating an equitable distribution, as well as a large diversity in most of the pozas. Another role in such diversity and differentiation should be assigned to viruses that we know are particularly diverse (Taboada et al., 2018) as their constant pressure tends to increase diversity as a escape mechanism to predators.

It seems that each poza had a unique process of establishment [a.k.a. founder effect (Peter and Slatkin, 2015)]. In fact, after the homogenization due to the hurricane’s high waters, only pozas S02 and S05 share similar communities (Figure 2), even though they are not so close, nor part of the same environmental cluster (Figure 1). If we take away the lagoon (LH1), most of the unique OTUs go away (1334) (Figure 3). Such a large number of unique OTUs belong mostly to 33 unique genera, with Synechococcus being particularly abundant in LH, which is one of the most abundant Cyanobacteria in the ocean along with Prochlorococcus (Sunagawa et al., 2015). This result is interesting but not new, as multiple marine lineages such as Exiguobacterium (Rebollar et al., 2012), Bacillus (Alcaraz et al., 2008; Moreno-Letelier et al., 2012), and marine phages (Desnues et al., 2008) have been previously found on the water systems from Cuatro Cienegas, thus supporting the marine origin of local communities (Souza et al., 2006). However, the observed pronounced differentiation of the pozas from LH may be overestimated, given the acute differences in-depth between the two types of water bodies. It is expected to get a more complete community sampling from a non-stratified shallow poza than a 10-m-deep lagoon from which the sample was taken from the surface. Hence, sampling bias led by the stratification of LH most likely played a role in the observed divergence.

We observe among this large diversity a core of 150 genera (Figure 3), even if there is not a core at the OTU level, suggesting microdiversification processes separating each pond. The shallow ponds are characterized by different proportions of genus from the Microbacteriaceae family with strains related to Candidatus Rhodoluna, which has been described to have photorhodopsin that allows for autotrophy; from the same family are the marine genus Candidatus Aquiluna, the soil bacteria Agrococcus, and the aquatic Leifsonia that has been described in continental waters (Reddy et al., 2003; Zhang et al., 2010; Chuon et al., 2021). Beyond the core, at the genus level, 25 genera explain the differences between pozas with a p > 0.015 (Supplementary Table 3). It is interesting that most of these bacteria are heterotrophs, but only few of them are primary producers, as the marine Cyanobacteria Acaryochloris, an halophile that has low light chlorophyll; Aphanothece and Prochlorothrix, common in freshwater systems; Leptolyngbya, found in the Arctic Ocean; and Chlorobaculum, a green sulfur bacteria with an anoxygenic phototrophic metabolism. The chemoautotroph Acidithiomicrobium, an Fe-oxidizing acidophile and thermophile, was also found to be important in the differentiation of the pozas, and as only few species have been described (Norris et al., 2011), it is possible that this one in Pozas Rojas is a new species. Some genera are typical from deep aquifers or marine environments, whereas others are typical from freshwater and soil, therefore representing potential migrants from the local environments that got “dragged” along the flood water to the Pozas Rojas system. Interestingly, such migration did not seem to occur to the larger lagoon.

When comparing the Pozas Rojas system with other water systems of the world that have comparable data in MG-RAST, we observe that each site has a “signature” even at the phylum level determined mostly by their most abundant groups (Figure 6). In this case, Churince and Pozas Rojas appear similar to the cold rivers of the world and phreatic mantle from Iowa, meaning, continental waters. On the other hand, LH from Pozas Rojas is more similar to the epipelagic samples from the Mediterranean Sea, in particular, on their high abundance of Cyanobacteria (Figure 6). This similarity is maintained in the NMDS plot at the phylum, order, and genus taxonomic levels only with the epipelagic fraction of the Mediterranean Sea, which is the zone with the highest abundance of Cyanobacteria in the ocean (Figure 5).

Even though more in-depth studies are needed in this diverse and heterogeneous site, it is captivating that the deep aquifer possibly connected to the deep lagoon is related to the ocean, and its community structure has persisted for at least 30 million years that the highland of central Mexico along with the Sierra Madre Oriental uplifted isolating CCB from the Western Seaway, confirming that CCB is indeed a dynamic lost world where ancestral residents mingle with more recent migrants without losing its particular diverse marine signature. In the last years, efforts toward saving this amazing wetland have yielded fruit as 40 Ha of the wetland is in recovery as two channels that diverted water for irrigation have been partially closed, giving us the luxury of a little more time to understand the dynamics of this unique deep aquifer.
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Forest fires alter soil microbial communities that are essential to support ecosystem recovery following land burning. These alterations have different responses according to soil abiotic pre- and post-fire conditions and fire severity, among others, and tend to decrease along vegetation recovery over time. Thus, understanding the effects of fires on microbial soil communities is critical to evaluate ecosystem resilience and restoration strategies in fire-prone ecosystems. We studied the state of community-level physiological profiles (CLPPs) and the prokaryotic community structure of rhizosphere and bulk soils from two fire-affected sclerophyll forests (one surveyed 17 months and the other 33 months after fire occurrence) in the Mediterranean climate zone of central Chile. Increases in catabolic activity (by average well color development of CLPPs), especially in the rhizosphere as compared with the bulk soil, were observed in the most recently affected site only. Legacy of land burning was still clearly shaping soil prokaryote community structure, as shown by quantitative PCR (qPCR) and Illumina MiSeq sequencing of the V4 region of the 16S rRNA gene, particularly in the most recent fire-affected site. The qPCR copy numbers and alpha diversity indexes (Shannon and Pielou’s evenness) of sequencing data decreased in burned soils at both locations. Beta diversity analyses showed dissimilarity of prokaryote communities at both study sites according to fire occurrence, and NO3– was the common variable explaining community changes for both of them. Acidobacteria and Rokubacteria phyla significantly decreased in burned soils at both locations, while Firmicutes and Actinobacteria increased. These findings provide a better understanding of the resilience of soil prokaryote communities and their physiological conditions in Mediterranean forests of central Chile following different time periods after fire, conditions that likely influence the ecological processes taking place during recovery of fire-affected ecosystems.
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INTRODUCTION

Fires are key events regulating the structure and function of ecosystems (Yang et al., 2020); they have been important drivers of vegetation evolution and adaptation in most of the Mediterranean biomes across the globe. However, in the case of the Mediterranean ecosystem of central Chile, as opposed to the other four biomes of this type across the globe, land burning has not been considered an evolutionary force to select for fire-prone vegetation (Rundel et al., 2016, 2018). Fires have also represented an important pressure inducing land degradation worldwide, especially in ecosystems of warm and dry summers (Esteves et al., 2012), which are highly susceptible to the effects of climate change (Fletcher and Zielhofer, 2013). This is the case of Mediterranean ecosystems, which, despite occupying only about 2.2% of the land surface worldwide (Rundel et al., 2018), are considered biodiversity hotspots constantly threatened by anthropogenic disturbances (García-Vega and Newbold, 2020). This is of particular concern in Chile, where fire events are expected to increase due to extended megadroughts synchronized with human interventions (Fuentes-Castillo et al., 2019).

In forests, land burning not only exert an individual impact on each of their biotic and abiotic components but also on the relationship among these constituents, compromising the functionality of the whole ecosystem (Brown and Smith, 2000). Land burning can alter forest belowground conditions that are essential to support aboveground life (Certini, 2005). Several studies have reported a greater sensitivity of soil biological properties as compared with physicochemical properties to fire occurrence (Hart et al., 2005; Mataix-Solera et al., 2009). For microbial indicators, phylogenetic community structure has been shown to evidence greater sensitivity to land burning than those targeting soil ecosystem functions such as microbial biomass, respiration, and specific enzyme activities related to C, N, and P cycles (Pérez-Valera et al., 2019). The impact on soil microbial status is of particular importance since microbe-mediated soil processes are one of the most important drivers of ecosystem recovery in fire-affected lands (Neary et al., 1999). Forest fires can threaten soil organisms due to their different sensitivity to soil heating (Hart et al., 2005; Mataix-Solera et al., 2009; Rodríguez et al., 2018). In addition, indirect effects of fires occur by altering abiotic factors known to shape microbial community structure, such as soil pH (Lauber et al., 2009; Rousk et al., 2010), soil organic matter (SOM) and soil organic carbon (SOC) (Eilers et al., 2010), soil oxygen (e.g., aeration) (Fierer, 2017), and nutritional conditions (Lauber et al., 2008), all of which are affected by fires (Hart et al., 2005). Direct and indirect forest fire effects on soil microbiota can reduce the total number of microbial species (Certini, 2005), increase the proportion of bacteria over fungi (Fultz et al., 2016), and change the abundance of particular taxonomic groups (Pressler et al., 2019). Moreover, several studies have shown negative effects of land burning on soil microbial activity and functional diversity (Mataix-Solera et al., 2009; Wang et al., 2016; Alcañiz et al., 2018; Sadeghifar et al., 2020).

Shifts in prokaryote community composition following fires have been reported in Mediterranean ecosystems, which have been related to local environmental conditions prior to land burning (Goberna et al., 2012). Soil prokaryote communities play key soil functions, including soil weathering, primary production, and organic matter decomposition, all of which are essential in the ecological functioning of soils and susceptible to fires (Pérez-Valera et al., 2019). For example, increases in Proteobacteria and Firmicutes, and a decrease in Acidobacteria in Mediterranean burned soils after 2 and 3 years of fire have been previously reported (Rodríguez et al., 2018). Proteobacteria are recognized by their ability to respond to labile C sources particularly in the rhizosphere, while Acidobacteria have the ability to degrade cellulose and lignin (Lagos et al., 2015). Therefore, changes in soil bacteria composition induced by fires and alterations of soil abiotic properties will have a direct effect of soil ecosystem functions (Pérez-Valera et al., 2019). Although several studies have reported effects of forest fires on microbial composition at phylum level, the evaluation of such effects on Mediterranean ecosystems of central Chile is rare, especially when considering potential relationships with soil functionality and physicochemical properties after fire.

The degree of alterations in soil microbial community structure and functional diversity after fires greatly depends on soil physicochemical characteristics prior and after land burning, fire severity, vegetation type, and other site-specific conditions (Certini, 2005; Hart et al., 2005; Mataix-Solera et al., 2009). The effect of forest fires on soil microbial conditions also depends on time after fires, as immediate to long-lasting effects have been reported (Mataix-Solera et al., 2009; Singh et al., 2017). Fire perturbance to belowground conditions is usually expected to last until vegetation recovers over ecological successions (Hart et al., 2005). Soil microbial activity following fires in Mediterranean forests have been shown to increase within the first year of fire occurrence and then reach values comparable with unburned conditions after 32 months of land burning (Bárcenas-Moreno et al., 2011). Other studies have evidenced different responses of microbial activity indicators following fires, which mainly remain altered within 1 year after fires to later resemble unburned conditions over a 3-year time frame (Sadeghifar et al., 2020). In boreal forest ecosystems, bacterial community composition and diversity have also been shown to be affected following 1 year of land burning and then recovered after 11 years (Xiang et al., 2014). As the literature suggests, ecosystems affected by fires take varying time spans to recover after land burning. Nonetheless, it is known that changes in soil microbial conditions and ecosystem functioning rapidly occur within the earliest stages following fires; thus, studies focusing on post-fire dynamics in the scale of months to years are of particular interest to understand recovery in relation to plant succession and changes in soil properties (Knelman et al., 2017; Pérez-Valera et al., 2019). This is particularly true for understudied environments that are less represented in the literature where local evidence is required, as it is the case for fire-affected soils of the Mediterranean ecosystem of central Chile.

The present work aimed to evaluate the state of community-level physiological profile and prokaryotic community structure of soil compartments (bulk and rhizosphere soils) at two fire-affected sclerophyll forests in the Mediterranean zone of central Chile. These sites had similar arboreous plant composition but contrasting land location and time elapsed after fire (17 months and the other 33 months after fire occurrence). We hypothesized that fire occurrence affects community-level physiological profiles and prokaryote community structure to a different extent depending on the time elapsed after fires, with the least recent fire affected soils closely resembling unburned conditions. To accomplish this, we used microbial community-level physiological profiles to evaluate carbon source utilization patterns, molecular approaches such as qPCR, and high-throughput sequencing of 16S rRNA genes to assess abundance and structure of the prokaryotic community, and classical soil physicochemical analyses to describe microbial habitats.



MATERIALS AND METHODS


Research Sites

This study was conducted within the Mediterranean climate zone of Central Chile, specifically in the O’Higgins administrative region, at two locations affected by one forest fire event, either in January of 2017 or May of 2018 (Figure 1). The first research site (affected by a low-severity fire in January of 2017; García-Carmona et al., 2021) is in the Pumanque commune (34°35′44.99″ S; 71°42′17.349″ W) toward the east front of the coastal mountain range at an elevation of 100 m. At this place, a mean monthly precipitation of 36.7 mm is registered for the period 2000–2017 (Center of Climate and Resilience Research, n.d.). Soils are classified as Aquic Dystric Xerochrepts (Inceptisol), which originated from alluvium-colluvial parent materials, exhibited mainly loam to loamy sand textures, are stratified with 50–120 cm of depth, and have a mean slope of 15% (CIREN, 1996). The second site [affected by a low-severity fire in January of 2018, according to visual inspections recommended by Keeley (2009)] is in the Requínoa commune (34°14′19.314″ W, 70°41′26.52″ S) on the Piedmont of the west side of the Andes Mountain ridges at an elevation of 1,000 m. Here, a mean monthly precipitation of 25.0 mm was registered for the period 2000–2017 (Center of Climate and Resilience Research, n.d.). Soils at this place are classified as Mollic Haploxeralfs (Alfisol); they were developed on volcanic material, and exhibit loamy sand textures and shallow depths (20–80 cm depth), with a mean slope of 17% (CIREN, 1996). Vegetation at both sites is dominated by typical woody native species of the sclerophyll forest of Central Chile, including the tree species Peumus boldus, Lithraea caustica, and Quillaja saponaria and shrubs such as Trevoa trinervis (Supplementary Figure 1A). In addition, the herbaceous vegetation is composed by approximately 18 species in Requínoa and 30 species in Pumanque, of which six are common for both sites [Erodium sp., Loasa triloba, Bromus hordeaceus, Hypochaeris radicata, Anthriscus caucalis, Oxalis micrantha (Supplementary Figure 1B)].
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FIGURE 1. Sampling sites consisting of sclerophyll forests located within the Mediterranean climate zone of Central Chile, in the O’Higgins administrative region. White dots represent the study locations, which were affected by forest fires in January of 2017 (Pumanque) and May of 2018 (Requínoa). Image created using QGIS 3.12.3.




Experimental Design and Soil Sampling

In October of 2019, study sites of ∼0.7 and ∼1 ha in Pumanque and Requínoa, respectively, were chosen for this study. Within these, burned and unburned (undisturbed) areas were selected (Supplementary Figure 2), which represents the main variation source (treatment) in this study. Thus, Pumanque was surveyed 33 months following land burning while Requínoa was evaluated 17 months after fire occurrence. At each burned and unburned areas, three experimental plots of 20 × 20 m were marked (total = 12), and these were separated from the center of each other by 40–60 m, where the closest plots between burned and unburned areas were approximately 10 m apart from their border (Supplementary Figure 2). Inside each experimental plot, a 5 × 5 m grid was projected to obtain nine equidistant points from which soil samples were obtained (Supplementary Figure 3). At each sampling point, a radial buffer area of 1 m was selected and shovel excavated (up to rooting deep, 5–10 cm) to aseptically obtain (1) rhizosphere soil samples by hand shaking and collecting soil attached to roots of all herbaceous species described for each site (Supplementary Figure 1), and (2) bulk soil samples from soil not attached to plant roots. Rhizosphere and bulk soil samples (soil compartments) from each of the nine sampling points per plot were pooled to obtain 12 composite samples for bulk soil (∼2 kg each) and 12 composite samples for rhizosphere (∼300 g each) in total. Thus, within each study location (i.e., Pumanque and Requínoa), the studied variation sources were (1) treatment (burned and unburned soils) and (2) soil compartment (bulk soil and rhizosphere). For every composite soil sample, an aliquot was kept at 4°C for gravimetric water content and physiological profiling, a second portion was stored at −80°C until DNA extraction and further molecular analyses, and the rest was air-dried at room temperature for physicochemical analyses.



Physicochemical Analysis

Soil physicochemical properties, except for gravimetric water content (GWC), were measured only for bulk soil samples due to the small amount of rhizosphere samples obtained. The GWC was determined by oven-drying 10 g of samples at 105°C for 48 h. Soil pH and electrical conductivity (EC) were determined in a 1:2.5 and a 1:5 (w/v) water extract, respectively (Sadzawka et al., 2006). Nitrate (NO3–) and ammonium (NH4+) contents were determined by a distillation-titration method using a 2M potassium chloride (KCl) extraction solution (Sadzawka et al., 2006). Organic matter (OM) was assessed by acid oxidation and colorimetric measurement (Sadzawka et al., 2006). Total carbon (C) and nitrogen (N) contents were determined by the Dumas dry combustion method using a LECO TRUSPEC analyzer (Leco Corporation, MI, United States). Total elements (P, K, Fe, Mg, S, Mo, Na, Ca) were obtained from acid digestion and later determined by inductively coupled plasma atomic emission spectrometry (ICP-AES) (Agilent Technologies, Victoria, Australia) (U.S. EPA, 2007). Soil bulk density (BD) was determined by the clod method (Baver et al., 1973); clay, silt, and sand contents (soil texture) were determined by the soil hydrometer method (Bouyoucos, 1962); and aggregate stability (AS) was determined by wet sieving (Kemper and Rosenau, 1986), using a wet sieving apparatus (Eijkelkamp Soil & Water, Giesbeek, Netherlands).



Microbial Community-Level Physiological Profile (CLPP)

Carbon source utilization patterns of soil microbial communities, also known as community-level physiological profiles (CLPPs) (Garland and Mills, 1991), were assessed using Biolog EcoPlates (Biolog Inc., Hayward, CA, United States) for all samples (i.e., including both bulk soil and rhizosphere samples). Every plate included the following 31 different carbon sources: (1) carbohydrates: α-D-lactose, i-erythritol, D-xylose, β-methyl-D-glucoside, D-cellobiose, D-mannitol, N-acetyl-D-glucosamine; (2) carboxylic acids: 2-hydroxy-benzoic acid, 4-hydroxy-benzoic acid, D-glucosaminic acid, pyruvic acid methyl ester, α-ketobutyric acid, D-galactonic acid γ-lactone, D-malic acid, itaconic acid, γ-hydroxy-butyric acid, D-galacturonic acid; (3) amino acids: L-threonine, L-phenylalanine, glycyl-L-glutamic acid, L-asparagine, L-arginine, L-serine; (4) polymers: α-cyclodextrin, glycogen, tween 80, tween 40; (5) miscellaneous: D,L-α-glycerol-phosphate, glucose-1-phosphate; and (6) amines/amides: phenylethylamine, putrescine. In addition, a blank well was considered in triplicates. Each Biolog EcoPlate well was inoculated with a 150-μl aliquot of a 10–3 soil dilution obtained from 5 g of soil suspended in 45 ml of sterile saline solution (0.85% NaCl). The plates were incubated at 25°C and absorbance at 590 nm was determined after 24, 48, 72, 96, 120, 144, and 168 h using the Infinite 200 PRO NanoQuant Microplate Reader (Tecan Group Ltd., Männedorf, Switzerland). At each time interval, optical density (OD) values were corrected by subtracting the control (blank well) values from each plate well. The OD values at 120 h for each C-substrate by sample were averaged to determine microbial catabolic activity, this time corresponded to the mid-exponential growth phase of the average well color development (AWCD-CLPP) (Garland, 1996; Sofo and Ricciuti, 2019).



Soil DNA Extraction and Molecular Analyses

Soil DNA was isolated from 0.25 g of fresh soil from all samples using the DNeasy PowerSoil DNA isolation kit (QIAGEN, Valencia, CA, United States) following the manufacturer’s instructions. Prokaryotes (bacteria and archaea) were surveyed by quantitative PCR (qPCR) assay and bar-coded amplicon sequencing using the primers 515F (5′ GTG YCA GCM GCC GCG GTA A 3′) (Parada et al., 2016) and 806R (5′ GGA CTA CNV GGG TWT CTA AT 3′) (Apprill et al., 2015) complementary to the V4 region of the 16S rRNA genes. For qPCR, a TaqMan probe (16S probe 5′ TGT AGC RGT GAA ATK CGT AG 3′) was designed for the conserved sequence region amplified by 515F and 806R, by which the dye 6-carboxy-fluorescein (6-FAM) and the Black Hole Quencher (BHQ1) were attached to their 5′ and 3′ ends, respectively. The qPCRs were carried out on a StepOne Plus Real Time PCR System (Thermo Fisher Scientific, United States), in a final volume of 20 μl, containing 10 μl of NZY qPCR Probe Master Mix ROX plus (NZYTech), 0.9 μM of the probe, 0.4 μM of the amplification primers, 2 μl of template DNA, and ultrapure water up to 20 μl. The reaction mixture was incubated as follows: an initial incubation at 95°C for 10 min, followed by 40 cycles of denaturation at 95°C for 15 s, hybridization at 50°C for 1 min, extension at 60°C for 1 min, and a final extension step at 60°C for 30 s. The intensity of the fluorescence emitted by the probe at each cycle of the PCR reaction was registered by using the software StepOne (Applied Biosystems, Foster City, CA, United States), which allowed the estimation of the quantification cycle (Cq). Standard for qPCR was prepared from a known unburned sample (ranging from 5 × 1010 to 5 × 106 16S copy numbers). This standard was obtained from the amplification of the 16S rRNA region complementary to the 515F/806R primer set, which was carried out on a Bio-Rad T100 Thermal Cycler (Bio-Rad, United States), in a final volume of 25 μl, containing 2.5 μl of template DNA, 0.5 μM of the primers, 12.5 μl of Supreme NZYTaq 2 × Green Master Mix (NZTech), and ultrapure water up to 25 μl. The PCR reaction mixture was incubated as follows: an initial denaturation at 95°C for 5 min, followed by 25 cycles of 95°C for 30 s, 50°C for 45 s, 72°C for 45 s, and a final extension step at 72°C for 10 min. The PCR product was purified and used to generate the standard curve in the qPCR experiment. The standard curve was performed by a five-fold dilution series of 16S copy numbers from the qPCR standard by plotting the Cq values against the total 16S rRNA gene copy numbers (Jiang, 2018). Efficiency and R2 values for the 16S quantification were 84.65 and 0.99%, respectively.

Bar-coded amplicon sequencing was performed on an Illumina MiSeq PE300 platform (Illumina, San Diego, CA, United States) at the AllGenetics & Biology SL laboratory service facility (A Coruña, Spain). PCRs were carried out in a final volume of 25 μl, containing 2.5 μl of template DNA, 0.5 μM of the primers, 12.5 μl of Supreme NZYTaq 2 × Green Master Mix (NZYTech, Lisbon, Portugal), and ultrapure water up to 25 μl. The reaction mixture was incubated as follows: an initial denaturation at 95°C for 5 min, followed by 25 cycles of 95°C for 30 s, 50°C for 45 s, 72°C for 45 s, and a final extension step at 72°C for 10 min. The oligonucleotide indices that are required for multiplexing different libraries in the same sequencing pool were attached in a second PCR round with identical conditions but only 5 cycles and 60°C as the annealing temperature. No template controls were included to check for cross-contamination during library preparation. The libraries were run on 2% agarose gels stained with GreenSafe (NZYTech, Lisbon, Portugal) and imaged under UV light to verify the library size. Libraries were purified using the Mag-Bind RXNPure Plus magnetic beads (Omega Bio-tek, Norcross, GA, United States), following the instructions provided by the manufacturer. Then, they were pooled in equimolar amounts according to the quantification data provided by the Qubit dsDNA HS Assay (Thermo Fisher Scientific, Waltham, MA, United States).



Processing and Analysis of Sequencing Data

Sequencing data were processed with a customized pipeline largely based on “VSEARCH” (Rognes et al., 2016). Illumina MiSeq reads can be found in the Sequence Read Archive (SRA) of the National Center for Biotechnology Information (NCBI) under accession number PRJNA784510. PhiX reads were removed with Bowtie2 (Langmead and Salzberg, 2012) and primer sequences were trimmed with Cutadapt (Martin, 2011). Paired-end reads were merged by using the fastq_mergepairs algorithm in “VSEARCH” and quality filtered using a maximum expected error of one using the fastq_filter algorithm in “VSEARCH” (Edgar and Flyvbjerg, 2015). Merged and quality filtered sequences were dereplicated using derep_fulllength algorithm in “VSEARCH” and the UNOISE algorithm implemented in “VSEARCH” (Edgar, 2016) was used to retrieve amplicon sequence variants (ASVs). The uchime algorithm implemented in “VSEARCH” (Edgar et al., 2011) was applied to detect and remove chimeric ASVs. Remaining ASVs were verified by using Metaxa2 to evaluate the presence of non-target sequences for the 16S rRNA gene (Bengtsson-Palme et al., 2015). The final ASV table was obtained by mapping the high-quality sequences against the verified ASV centroids using the usearch_global algorithm implemented in “VSEARCH”. Taxonomic classification was performed by using the Naïve Bayesian classifier Sintax implemented in “VSEARCH” (Edgar, 2016) to classify the sequences against the non-redundant SILVA v132 database (Quast et al., 2012). ASVs assigned to mitochondria, chloroplasts, and eukaryotes were removed. Rare ASVs with an abundance < 0.005%, sparse ASVs that occur in less than four samples (which represent 1/6 of the sampling effort), and ASV outliers for which the greatest abundance was more than 0.15 times in a sample compared with the second most abundant value across the other samples were removed from the ASV table. Finally, the filtered ASV table was normalized by iterative subsampling with 100 iterations using the rrarefy function implemented in the “vegan” package in R (Oksanen et al., 2020).



Statistical Analysis

Statistical analysis were performed in R statistics version 3.5.1 (R Core Team, 2021). Treatments (burned vs. unburned) and soil compartments (bulk soil and rhizosphere) were considered as the variation sources for statistical analyses, while research location (i.e., sites) was not considered due to the natural differences in biophysical characteristics described previously. The analysis for physicochemical properties of bulk soil samples were performed following normality and homoscedasticity confirmation. To assess differences within treatments (i.e., burned and unburned conditions), a Student’s t-test was applied for each of the variables analyzed. For CLPP data sets, a two-way ANOVA considering treatment and soil compartment (i.e., bulk and rhizosphere soil) was performed after normality and homoscedasticity were confirmed. These datasets included the AWCD-CLPP values and the diversity of substrate utilization, determined by the Shannon diversity index (Shannon-CLPP) by: H′ = −Σ pi × ln pi (Shannon, 1948), where pi is the ratio of the respiration rate of every single C-substrate to the sum of all substrates, both obtained from OD values at 120 h of incubation. A heatmap with hierarchical clustering (based on Euclidean distance) was performed for the 31 different carbon sources, considering the average of each C-substrates per treatment and compartment, with the function heatmap from the package “stats” (R Core Team, 2021). The rarefied sequencing data were used to determine α-diversity indexes (ASVs, as observed richness, Shannon diversity index, and Pielou’s evenness) with the diversity function in “vegan.” A Spearman correlation analysis between soil physicochemical, AWCD-CLPP, Shannon-CLPP, and microbial α-diversity indexes was applied with the function cor from the package “corrplot” (Wei and Simko, 2021). To assess differences within treatments and soil compartment for each of these indexes, a two-way ANOVA was conducted after normality and homoscedasticity were confirmed. Differences in β-diversity were assessed by calculating Bray–Curtis dissimilarities based on the iteratively rarefied ASV abundance tables with a PERMANOVA and PERMDISP by using the functions adonis2 and betadisper from the package “vegan”, respectively. This allowed the detection of factors with significant effects on prokaryotic community structure. Thus, a canonical analysis of principal coordinates (CAP, Anderson and Willis, 2003) was applied with the function CAPdiscrim from the package “BiodiversityR” (Kindt and Coe, 2005). A distance-based redundancy analysis (dbRDA, Legendre and Andersson, 1999) was used to constrain β-diversity patterns by the bulk soil physicochemical properties using the function dbrda and envfit from the package “vegan.” In addition, relative abundance data of ASVs was Z-transformed to show relative change between burned and unburned soils. A univariate PERMANOVA (Anderson, 2001) and PERMDISP (Anderson, 2001) were applied on Z-transformed relative abundance of ASVs at the phylum level and also at the order taxa and genus taxa levels to evaluate treatment effects on each soil compartment with the adonis2 and betadisper function from the package “vegan” (Oksanen et al., 2020).




RESULTS


Soil Abiotic Properties

Statistically significant differences between burned and unburned bulk soils were observed for NH4+ and NO3– in Pumanque (taken 33 months after fire occurrence) and for P, Fe, Na, and AS in Requínoa (taken 17 months after fire occurrence) (Supplementary Table 1). In Pumanque, NH4+ contents almost doubled in burned soils, and NO3– contents decreased by approximately two thirds compared with unburned soils (Supplementary Table 1). In Requínoa, total P and Fe contents dropped by 43 and 14% in burned soils, respectively, and Na increased by almost 70% in burned soils. In terms of physical properties, AS was significantly lower in burned soils in Requínoa. Although non-significant, NH4+ and NO3– contents showed opposite results in Requínoa compared with Pumanque. In addition, also not significant, a decreasing trend in OM, C, and N and an increasing trend in soil pH and BD were observed for burned soils at both sites.



Microbial Community-Level Physiological Profile (CLPP)

Microbial catabolic activity and diversity of substrate utilization [here assessed by AWCD-CLPP and Shannon diversity index (Shannon-CLPP), respectively] responded differently to forest fires at both sites. In Pumanque (assessed 33 months after fire), there were no effects of burning on AWCD-CLPP or Shannon-CLPP (Table 1). In addition, no differences in carbon utilization were observed between bulk and rhizosphere samples at this site (Figure 2), although higher values for AWCD and Shannon were observed for rhizosphere samples in both burned and unburned conditions (Figure 2). On the contrary, in Requínoa (assessed burned 17 months after fire), soils showed significantly higher catabolic activity, with AWCD values in the burned soils being 37% higher than in the unburned soils (Table 1 and Figure 2). Significant differences were also observed between soil compartment (Table 1), with rhizosphere samples showing higher AWCD values than bulk soil samples in both burned and unburned conditions (Figure 2). Shannon diversity of substrate utilization was also significantly higher in the rhizosphere when compared with the bulk soil, whereas burning had no effect (Table 1 and Figure 2).


TABLE 1. F-values from two-way ANOVA for biological activity and α-diversity of prokaryotic communities, permutational multivariate analysis (PERMANOVA), and permutation test for homogeneity of multivariate dispersion (PERMDISP) for prokaryotic community (β-diversity) (the table is split by study locations).
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FIGURE 2. Bar plots of the average well color development (AWCD) (mean ± SE, n = 3) and Shannon diversity index based on CLPP (Shannon-CLPP) (mean ± SE, n = 3) of microbial communities for each study location contrasting treatments (burned vs. unburned) and soil compartment (bulk soil vs. rhizosphere soil). Different uppercase letters show significant (p < 0.05) differences by treatment. Different lowercase letters show significant (p < 0.05) differences by compartment within each treatment. Interactions between treatment and compartment were not significant (p > 0.05).


Clustered heatmaps for the average (n = 3) of each C-substrate utilization showed different catabolic capacity for soil microbial communities in both study locations (Figure 3), where utilization decreased for recalcitrant substrates (e.g., polymeric compounds and carboxylic acids) compared with labile C sources (e.g., carbohydrates). Soil microbial communities from Requínoa showed higher C utilization capacity than those from Pumanque, with unclear trends regarding the type of C, while C sources in the form of carbohydrates and carboxylic acids were generally more used by soil microorganisms in Pumanque. A closed look to C source consumption indicated that L-asparagine (ASP) was the C source most consumed in soils from Pumanque, especially rhizosphere of burned soils. Similarly, ASP was the C source most consumed in soils from Requínoa particularly in rhizosphere of burned soils, in addition to galacturonic acid (GALACTU) and N-acetyl-D-glucosamine (NAGA), which were specific for this site.
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FIGURE 3. Clustered heatmaps based on the average (n = 3) of carbon source utilization patterns of soil microbial communities, also referred as community-level physiological profile (CLPP) for (A) Pumanque and (B) Requínoa, by treatment (burned vs. unburned) and soil compartment (R = rhizosphere; BS = bulk soil). Row dendrograms show the Euclidean distance between treatments, while column dendrograms show the distance between the utilization of C sources. Yellow boxes represent higher microbial C utilization. The following 31 different carbon sources were used: (1) carbohydrates: α-D-lactose (LAC), i-erythritol (ERY), D-xylose (XYL), β-methyl-D-glucoside (BMDG), D-cellobiose (CELL), D-mannitol (MAN), N-acetyl-D-glucosamine (NAGA); (2) carboxylic acids: 2-hydroxy-benzoic acid (2HBA), 4-hydroxy-benzoic acid (4HBA), D-glucosaminic acid (GLUCA), pyruvic acid methyl ester (PAME), α-keto-butyric acid (KETO), D-galactonic acid γ-lactone (GALAC), D-malic acid (MAL), itaconic acid (ITA), γ-hydroxy-butyric acid (GHBA), D-galacturonic acid (GALACTU); (3) amino acids: L-threonine (THRE), L-phenylalanine (PHE), glycyl-L-glutamic acid (GLYC), L-asparagine (ASP), L-arginine (ARG), L-serine (SER); (4) polymers: α-cyclodextrin (CYCLO), glycogen (GLYC), Tween 80 (T80), Tween 40 (T40); (5) miscellaneous: D,L-α-glycerol-phosphate (GLYPHO), glucose-1-phosphate (GLUC); and (6) amines/amides: phenylethylamine (PHE), putrescine (PUT).




Prokaryotic Abundance, Alpha and Beta Diversity, and Taxonomy Assignments

DNA-based analyses were more sensitive to detect the effects of fire than the substrate utilization profiles (Table 1). Unburned soils in both Pumanque and Requínoa showed significantly higher 16S rRNA gene copy numbers when compared with the burned soils (Table 1 and Figure 4). No differences in gene copy numbers were observed between bulk and rhizosphere soils (Table 1 and Figure 4).


[image: image]

FIGURE 4. Bar plots of abundance (mean ± SE, n = 3) and alpha diversity (mean ± SE, n = 3) of prokaryotic communities for each study locations showing effect of treatment (burned vs. unburned) and soil compartment (bulk soil vs. rhizosphere soil). Different uppercase letters show significant (p < 0.05) differences by treatment. Different lowercase letters show significant (p < 0.05) differences by compartment. Interactions between treatment and compartment were not significant (p < 0.05).


A total of 3,782 curated prokaryote ASVs were obtained across all samples. Statistically significant differences in observed richness were detected only between burned and unburned samples in Requínoa (Table 1), where ASVs in burned soils decreased by 12% (2,687 ± 143.7) when compared with unburned soils (3,041 ± 229.1) (Figure 4). No differences in richness were observed between soil compartments. Shannon diversity (Shannon-16S) and Pielou’s evenness (Evenness-16S) were higher in unburned soils at both study locations, with alterations due to soil compartment only in Pumanque (Table 1 and Figure 4).

Beta diversity analyses showed differences in soil prokaryotic community structure according to fire occurrence at both study locations (Table 1 and Figure 5, and Supplementary Figure 6). Moreover, in Pumanque, communities also separated apart according to their compartment (bulk soil and rhizosphere), and larger dissimilarities were observed between rhizosphere of burned and unburned soils when compared with the bulk soils (Figure 5A). In Requínoa, prokaryotic community structures also showed dissimilarities between burned and unburned soils (Figure 5B), while differences between compartment were not conclusive due to low CAP reclassification success. On the other hand, Bray–Curtis distances between burned and unburned soils from Requínoa were approximately two times greater than Pumanque. Distance-based redundancy analysis (dbRDA) for bulk soil data sets showed discrimination of prokaryote communities by forest fire associated to some soil physicochemical properties. The most parsimonious and significant dbRDA models showed that soil pH and NO3– content explained prokaryotic community changes in Pumanque (Figure 5C), while contents of NO3–, and total contents of Fe, N, Ca, and NO3– were important explanatory variables of prokaryote community changes in Requínoa (Figure 5D).
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FIGURE 5. Beta diversity for prokaryotic communities from burned and unburned bulk and rhizosphere soil samples. Canonical analysis of principal coordinates (CAP) based on Bray–Curtis dissimilarities constrained by burned and unburned as well as bulk and rhizosphere soils from Pumanque (A) and Requínoa (B). The CAP reclassification (in percent) for each treatment is shown next to each cluster. Distance-based redundancy analysis (dbRDA) based on Bray–Curtis dissimilarities constrained by soil physicochemical properties (pH, NO3–, and total contents of Fe, N, and Ca) in burned and unburned bulk soils from Pumanque (C) and Requínoa (D). Soil physicochemical properties (explanatory variables) are shown by solid eigenvectors. PERMANOVA was performed by each site independently (Table 1).


Taxonomy assignments resulted in a total of twenty-two and two classified bacterial and archaeal phyla, respectively. The most abundant phyla (>70%) across samples were Proteobacteria, Actinobacteria, and Acidobacteria (Supplementary Figure 5A). A total of sixteen and eight classified prokaryotic phyla were affected by fire occurrence in Pumanque and Requínoa, respectively. In Pumanque, forest fire negatively affected the relative abundance of Thaumarchaeota, Nitrospirae, Entotheonellaeota, Elusimicrobia, Acidobacteria, and Rokubacteria in both soil compartments, except for Rokubacteria with differences in rhizosphere samples only (Figure 6). Contrarily, relative abundance of the candidate division FBP, Gemmatimonadetes, Planctomycetes, Fibrobacteres, Hydrogenedentes, Armatimonadetes, Cyanobacteria, Firmicutes, Actinobacteria, and Patescibacteria increased in burned soils as compared with unburned soils, with similar responses in bulk soil and rhizosphere. However, relative abundance of Actinobacteria and Patescibacteria only increased in rhizosphere and bulk soil samples, respectively. In Requínoa, forest fire negatively affected the relative abundance of Rokubacteria, WS2, Planctomycetes, Acidobacteria, and Verrucomicrobia, which showed similar responses in bulk soil and rhizosphere. In contrast, Actinobacteria, Firmicutes, and Bacteroidetes increased in burned soils, with similar responses in both soil compartments.
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FIGURE 6. Relative change (z-transformed) of prokaryote abundance, at the phylum level, between unburned (blue triangle) and burned (red spot) soils for Pumanque and Requínoa. The panel to the left shows the relative change in abundance from the overall mean ± SE (considering bulk soil and rhizosphere). The middle and right panels show the relative change in abundance for bulk and rhizosphere soils, respectively. Bulk soil and rhizosphere panels show the relative change of phylum between burned and unburned soil for each soil compartments. The significance of the PERMANOVA test is shown at left side of each relative change in the overall panel. Significance codes are based on p-values as follows: “***” 0.001, “**” 0.01, “*” 0.05, ns = not significant. PERMANOVA was not applied on bulk soil and rhizosphere due to scarce data.


From the classified phyla significantly affected by fires, there were also 33 and 26 orders showing significant changes due to fires in Pumanque and Requínoa, respectively (Supplementary Figure 7). In Pumanque, the relative abundance of 16 orders decreased due to fire occurrence, which mainly belonged to Actinobacteria (Supplementary Figure 7). Nitrososphaerales (Thaumarchaeota) was also among the taxa most affected by fire at this site, in both soil compartments. Instead, 17 orders increased in burned soils from Pumanque, which mainly belonged to Actinobacteria, Gemmatimonadetes, Planctomycetes, and Acidobacteria (Supplementary Figure 7). Among them, Hydrogenedentiales (Hydrogenedentes) showed the greatest increase in relative abundance due to fire occurrence. In Requínoa, 17 orders were negatively affected by fire and most of them belonged to Actinobacteria, Acidobacteria, and Planctomycetes (Supplementary Figure 7). Only ten orders increased in relative abundance after fire, which mainly belonged to Actinobacteria (Supplementary Figure 7). Fires reduced the relative abundance of Pyrinomonadales (Acidobacteria), Rokubacteriales (Rokubacteria), Solirubrobacterales (Actinobacteria), and Pseudonocardiales (Actinobacteria) at both locations. Contrarily, Bacillales (Firmicutes) was the only order that consistently increased in burned soils at both study locations (Supplementary Figure 7).




DISCUSSION

Soil physicochemical properties did not show strong differences according to fire occurrence, especially in Pumanque where only clear alterations of NO3– and NH4+ were found in burned soils. In fire-affected soils, NH4+ is known to form as a result of organic matter mineralization induced by land burning, which is later transformed to NO3– by nitrification (Certini, 2005). However, this latter transformation could be differently altered after fire, as some findings have reported a decrease in nitrifying microorganisms after fires (Acea and Carballas, 1996), while others have reported higher nitrification rates occurring 12 months after fire (Covington and Sackett, 1992). Thus, lower nitrification rates in Pumanque, and the opposite trend for Requínoa, could partly explain differences in NO3– and NH4+ after forest fire, which is similar to those reported by Ball et al. (2010) who found higher nitrification rates in recent burned soil (12 years old) compared with a site without fire for 75 years. In addition, NH4+ and NO3– contents also respond to their different mobility in soils, where NO3– is prone to leaching over time while NH4+ could be retained in burned soils due to adsorption to organic matter (OM) or mineral surfaces (Mroz et al., 1980). A combination of these biotic and abiotic processes would likely relate to the negative correlations observed between NO3– and NH4+ contents in soils from Pumanque and Requínoa, where in the former NH4+ increased and NO3– decreased 33 months after land burning, and in the latter NH4+ decreased and NO3– increased after 17 months of forest fire occurrence. On the other hand, lower P and Fe contents in burned soils from Requínoa might be related to losses of Fe/P bound to organic matter (OM) in fire-affected soils (Norouzi and Ramezanpour, 2013), which might have migrated from surface to lower horizons (Mosugu et al., 1999). In addition, both study locations showed a slight increase in pH in burned soils, which was expected due to the OH– and cation release from the denaturation of OM occurring after fires (Certini, 2005; Alcañiz et al., 2018).

In burned soils, microbial activity can be promoted by the combustion of plant residues that increase C and N input to microorganisms (Díaz-Raviña et al., 1996; Liu et al., 2000), especially in the rhizosphere that is considered as a hotspot for microbial activity in soils (Prashar et al., 2014). Thus, negative effects of forest fires on plant cover and diversity indirectly affect soil microorganisms associated with roots (Certini, 2005; Hart et al., 2005). In our study, forest fires differently affected microbial catabolic activity assessed by Biolog EcoPlates. Influence of land burning was mostly evident in Requínoa, where forest fires increased the microbial catabolic activity, especially in the rhizosphere. Different responses of microbial metabolic fingerprints based on Biolog EcoPlates have been related to vegetation coverage after fires in Mediterranean pine forest (Moya et al., 2021). For instance, microbial catabolic activity has been shown to increase a few months after forest fires, especially under soils with high vegetation cover, while C substrate utilization patterns have also been observed to increase in burned soils, but with no relation to vegetation (Moya et al., 2021). However, opposite results have been reported in desert grassland ecosystems, where fires were shown to reduce soil microbial substrate utilization with variations observed across seasons (Liu et al., 2000). In our study, although herbaceous species richness in Pumanque (assessed 33 months after land burning) was greater than in Requínoa (assessed after 17 months following fires), the latter showed significant increase of substrate usage in burned soils. Thus, conditions in burned soils in Pumanque might closely resemble biological functionality of unburned soils at this site. Despite dissimilar responses of substrate utilization observed in soils from Pumanque and Requínoa after land burning, values were always higher for rhizosphere samples at both sites, supporting the influence of vegetation on this biological indicator (Zhang et al., 2020). Higher values associated to the rhizosphere using CLPP approaches (assessed either by Biolog EcoPlates or MicroResp) in other Mediterranean regions (de Armas-Ricard et al., 2016), and different ecosystems such as boreal coniferous forests (Hernesmaa et al., 2005) or agricultural fields (Sneha et al., 2021), have been attributed to root exudates that serve as C sources for microbial communities (Grayston et al., 1997; Rodríguez-Loinaz et al., 2008).

Carbon substrate utilization capacity has been shown to differ following land burning (Barreiro et al., 2015; Moya et al., 2021). Immediately after experimental fires, C sources in the form of carboxylic acids, amino acids, carbohydrates, and phenolic acids have been shown to greatly increase, while over a year all C source utilization tends to resemble unburned conditions (Barreiro et al., 2015). In our study, no clear patterns were observed for soils from Requínoa; however, soils from Pumanque showed higher utilization of carbohydrates and carboxylic acids, especially in rhizosphere samples of the burned soils. This can be likely due to the recovery of C labile forms reported to occur over a year after fire occurrence (Martín et al., 2009), which in the case of Pumanque could have been promoted by the recovery of herbaceous vegetation. The microbial L-asparagine (ASP) utilization increased in rhizosphere samples in burned soils from Pumanque and Requínoa (as well as other carbohydrates and organic acids in the case of the latter), which can be associated with the release of ammonia by microbial activity of asparaginases (Kandeler et al., 2011). However, as previously mentioned, NH4+ and NO3– contents showed opposite results at each site, which can likely relate to transformation of ammonia to nitrate differently affected at both sites. In the case of Pumanque, the consumption of ASP followed by low nitrification rates, as observed in other ecosystems few years after fire (Cobo-Díaz et al., 2015), can relate to higher ammonia detected at this site, while in Requínoa, ASP utilization followed by rapid microbial uptake and conversion to nitrate (Covington and Sackett, 1992; Hart et al., 2005; Switzer et al., 2012) likely relates to higher nitrate contents registered at this site. These findings support the hypothesis proposed by Yang et al. (2020), who stated that forest fires could stimulate functional microbial groups related to N cycling such as ureC, amoA (Ball et al., 2010), and nifH (Sun et al., 2016) genes.

In our study, the assessments of soil prokaryotic communities, based on molecular ribosomal markers, evidenced a greater sensitivity of this method as compared with CLPP to elucidate changes in response to the occurrence of fires. This might reflect different sensitivity of soil genetic and functional diversity after forest fires under the studied conditions. Although metabolic activity and the diversity of C substrate utilization were not affected by forest fires in Pumanque, burned soils at this site showed lower prokaryote abundance and α-diversity indexes, and clear dissimilarities in community composition between burned and unburned samples, as well as rhizosphere and bulk soils. These findings suggest the presence of functionally redundant microbial groups at this site, which coincides with other studies showing recovery of soil functionality but not bacterial community structure after fires (Pérez-Valera et al., 2019). Similarly, burned soils from Requínoa, which showed higher metabolic activity compared with unburned soils, had lower prokaryote 16S rRNA gene copy numbers and diversity, and clear distinct community structure. These results agree with several studies, including those performed in other Mediterranean regions, that have reported decreases in soil microbial abundance (e.g., direct counts, qPCR) and diversity (e.g., based on DNA data) due to negative effect of heating (Mataix-Solera et al., 2009; Alcañiz et al., 2018; Pressler et al., 2019; Marín and Rojas, 2020). Low prokaryote abundance and diversity in burned soils can be likely associated with initial detrimental effects of forest fires on soil microorganisms followed by slow recovery of genomic pools, which can be partly explained by persistent changes in soil physicochemical properties mentioned previously. Long-term effects of forest fires on soil microbial communities can also be associated with post-fire climate conditions, substrate availability, plant recolonization, changes in soil physicochemical properties, and time after fires, among others (Hart et al., 2005; Mataix-Solera et al., 2009; Switzer et al., 2012; Singh et al., 2017; Li et al., 2019). Based on our results, low 16S rRNA gene copy numbers and α-diversity in burned soils still evidence the legacy of fires despite the time elapsed after fires. This observation supports findings from other ecosystems across the globe, which suggest recovery of soil microbial communities beyond 10 years following fire occurrence (Xiang et al., 2014; Pressler et al., 2019), as opposed to those reporting conditions comparable with unburned counterpart close to 3 years after fires (Bárcenas-Moreno et al., 2011; Sadeghifar et al., 2020). In the case of our study, similar to Mediterranean ecosystems located at other latitudes, legacy of fires in soil microbial community structure and microbial activity is still detectable within an approximate 1- to 3-year period, which is particularly critical in the Chilean ecosystem with no fire-prone vegetation (Rundel et al., 2018, 2016).

Prokaryote communities were dissimilar according to fire occurrence at both study locations. Dissimilarities of prokaryote communities in Pumanque were also observed between bulk and rhizosphere soil samples. Thus, such differences probably resulted from greater vegetation richness that increased the input of organic matter with different quality to bulk soil in addition to C input from rhizosphere, by which these differences were not attributed to forest fires. On the other hand, greater distances between microbial community structures were found between burned and unburned soils from Requínoa compared with Pumanque, which might reflect the greater number prokaryotic genera that significantly changed after fire. In Pumanque, pH and the available NO3– content significantly explained variability in the community structure, while available NO3– and total Fe, N, and Ca contents were associated with prokaryote community changes in Requínoa. Soil pH and N has been shown to be important factors to determine the prokaryote community composition (Mandakovic et al., 2018; Li et al., 2019; Yang et al., 2020), which we confirm in this study. For instance, Li et al. (2019) reported that soil pH, total N, and available NH4+ contents were the main drivers of changes in microbial communities affected by fires. Similar to our study, Pérez-Valera et al. (2020) reported that soil nitrogen content and pH were strong predictors of soil microbial functions after forest fire in a Mediterranean region in Spain. Effects of soil pH on bacterial communities can be associated with (1) physiological pressure on soil bacteria, reducing the growth of some taxa unable to survive in some pH ranges, and (2) pH effects on soil properties, such as substrate availability (Mandakovic et al., 2018), which may drive changes in bacterial community composition (Lauber et al., 2009). On the other hand, NO3– could be associated with biological functioning described previously since it is immediately leached if not taken up (Li et al., 2019). This also suggests differences in composition of prokaryotic groups involved in N cycling. In this sense, decreasing total Fe content in burned soils from Requínoa might also result in lower abundance of prokaryotes able to synthesize Fe-dependent nitrogenases (Raymond et al., 2004).

In our study, some prokaryote taxa were consistently affected by fires at both sites, likely due to different sensitivity to forest fires reported for several microbial groups (Mataix-Solera et al., 2009). Firmicutes and Actinobacteria significantly increased in burned soils from both locations as also reported by Cobo-Díaz et al. (2015) in a fire-affected forest of the Mediterranean Basin, while Acidobacteria and Rokubacteria were reduced by fires at both research sites. Indeed, the former two phyla have been found to increase following fires due to their resistance to heat (Pérez-Valera et al., 2019). Moreover, Rodríguez et al. (2018) reported an increase in Firmicutes and a decrease in Acidobacteria in Spanish Mediterranean burned soils after 2 and 3 years of fire. Similarly, Li et al. (2019) showed higher abundance of Proteobacteria and Actinobacteria, and lower abundance of Acidobacteria, Verrucomicrobia, and Chloroflexi after wildfires. In our study, Firmicutes found to increase in burned soils at both locations belonged to the order of Bacillales, particularly to the genera Tumebacillus and Bacillus in the case of Pumanque (Supplementary Figure 9) and to Tumebacillus, Conhella, and Paenibacillus in the case of Requínoa (Supplementary Figure 9). Spore- or endospore-forming bacteria within all these genera have been previously described (Khianngam et al., 2010; Kim and Kim, 2016; Puri et al., 2016). This might explain the increase of relative abundance of Firmicutes in burned soils in our study, as such resistance structures allow to better cope with higher temperature and also promote proliferation of spore- or endospore-forming microbial groups due to spore germination enhanced by fire (Dworkin, 2006; Pérez-Valera et al., 2019). In the case of members of the Acidobacteria, which decreased in burned soils from Pumanque and Requínoa, these belonged to the Pyrinomonadales and DS-100 orders in Pumanque and to the Pyrinomonadales, Acidobacteriales, and Blastocatellales and 11–24 orders in Requínoa. Previous studies have shown that different groups of Acidobacteria have variable responses to changes in soil pH, nutritional conditions, and C source availability (Eichorst et al., 2011; Kielak et al., 2016). It has been shown that Acidobacteria subdivisions 1, 2, 3, 12, 13, and 15 negatively correlate with soil pH, while subdivisions 4, 6, 7, 10, 11, 11, 16, 17, 18, 22, and 25 show an opposite behavior (Kishimoto et al., 1991; Janssen, 2006; Sait et al., 2006; Jones et al., 2009; Kielak et al., 2016); even subdivision 6 can either increase or decrease according to soil pH (Kielak et al., 2016). Thus, increases in soil pH registered in our study as a result of land burning can likely explain the decrease of Acidobacteria susceptible to this condition (Li et al., 2020; Sun et al., 2021). Interestingly, Thaumarchaeota was the archaeal phylum most negatively affected by forest fires in Pumanque, particularly of the order Nitrososphaerales (Supplementary Figure 8). Species of this order can oxidize ammonia (Tourna et al., 2011; Brochier-Armanet et al., 2012; Bustamante et al., 2012), similar to species of Nitrospirae phylum such as those within the Nitrospirales order (Vijayan et al., 2021), which also decreased in abundance after forest fire in Pumanque. This in part might be related to potentially lower rates of nitrification in burned soils from Pumanque.

Our results indicate that forest fires have differently altered prokaryote community-level physiological profiles and community structure in the study sites located in the Mediterranean climate zone of central Chile, providing local evidence that support and complement previous findings in other Mediterranean ecosystems across the globe. Legacy of land burning was still clearly shaping soil prokaryotic community structure rather than community-level physiological profiles, particularly in the most recent fire-affected site. However, we acknowledge that these findings cannot be completely disentangled from site effects (e.g., soil type, vegetation, and climatic conditions); thus, resilience of soil prokaryotic communities can also be explained by these factors. Nonetheless, changes in the relative abundance of coinciding taxonomic groups were observed in fire-affected soils at both locations, despite environmental difference between sites. Moreover, variability between community structures was moderated by changes in soil physicochemical properties known to be affected by fires and possibly by post-fire substrate availability. In an ecosystem that is more frequently affected by fires and whose vegetation is not well adapted to such events, as is the case for Mediterranean ecosystems of central Chile, our results allow for a better understanding of the state of soil prokaryotes and their physiological conditions after different time periods following fire, and suggest that biotic belowground responses to fire occurrence at this particular Mediterranean ecosystem are comparable with other Mediterranean biomes across the globe. These findings highlight the importance of including such soil microbiological assessments in combination to aboveground conditions to better understand forest ecosystem resilience and restoration processes under local conditions where natural recovery is hampered.
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Although various studies have investigated osmoadaptations of halophilic fungi to saline conditions, only few analyzed the fungal mechanisms occurring at saturated NaCl concentrations. Halophilic Aspergillus sydowii is a model organism for the study of molecular adaptations of filamentous fungi to hyperosmolarity. For the first time a multi-omics approach (i.e., transcriptomics and metabolomics) was used to compare A. sydowii at saturated concentration (5.13 M NaCl) to optimal salinity (1 M NaCl). Analysis revealed 1,842 genes differentially expressed of which 704 were overexpressed. Most differentially expressed genes were involved in metabolism and signal transduction. A gene ontology multi-scale network showed that ATP binding constituted the main network node with direct interactions to phosphorelay signal transduction, polysaccharide metabolism, and transferase activity. Free amino acids significantly decreased and amino acid metabolism was reprogrammed at 5.13 M NaCl. mRNA transcriptional analysis revealed upregulation of genes involved in methionine and cysteine biosynthesis at extreme water deprivation by NaCl. No modifications of membrane fatty acid composition occurred. Upregulated genes were involved in high-osmolarity glycerol signal transduction pathways, biosynthesis of β-1,3-glucans, and cross-membrane ion transporters. Downregulated genes were related to the synthesis of chitin, mannose, cell wall proteins, starvation, pheromone synthesis, and cell cycle. Non-coding RNAs represented the 20% of the total transcripts with 7% classified as long non-coding RNAs (lncRNAs). The 42% and 69% of the total lncRNAs and RNAs encoding transcription factors, respectively, were differentially expressed. A network analysis showed that differentially expressed lncRNAs and RNAs coding transcriptional factors were mainly related to the regulation of metabolic processes, protein phosphorylation, protein kinase activity, and plasma membrane composition. Metabolomic analyses revealed more complex and unknown metabolites at saturated NaCl concentration than at optimal salinity. This study is the first attempt to unravel the molecular ecology of an ascomycetous fungus at extreme water deprivation by NaCl (5.13 M). This work also represents a pioneer study to investigate the importance of lncRNAs and transcriptional factors in the transcriptomic response to high NaCl stress in halophilic fungi.

Keywords: halophilic fungus, extremophilic fungi, transcriptomics, metabolomics, saturated NaCl solution, water deprivation, low water activity, salt stress


INTRODUCTION

Aspergillus sydowii is an ubiquitous, halophilic, and saprotrophic fungus found in both terrestrial and marine environments (Geiser et al., 1998). It has been described as a human opportunistic pathogen (de Hoog et al., 2020), while it is also considered an important pathogen of coral reefs (Geiser et al., 1998; Ein-Gil et al., 2009). Interestingly, only marine isolates of the fungus can cause the disease of sea-fan corals (Gorgonia ventalina; Geiser et al., 1998), exposing the potential of hypersaline marine environments (e.g., salterns) as natural reservoirs for dissemination of the fungus (Chung et al., 2019). Although A. sydowii does not have an obligate requirement for NaCl in the media (e.g., Potato Dextrose Agar, Malt Extract Agar, Czapek Dox Agar, Sabouraud Dextrose Agar), it grows optimally at 1 M NaCl and even (albeit weakly) at saturated NaCl (5.13 M; Jiménez-Gómez et al., 2020). Due to its broad tolerance of salinity range, from no NaCl to 5.13 M NaCl, A. sydowii is a model to study adaptations to extremely saline conditions in filamentous fungi (Jiménez-Gómez et al., 2020; Pérez-Llano et al., 2020; Rodríguez-Pupo et al., 2021). This fungus grows primarily in hyphal form unlike other extreme halophiles that grow meristematically such as the basidiomycetous black yeast Hortaea werneckii (Gunde-Cimerman et al., 2000), the ascomycetous black yeast Aureobasidium pullulans (Zalar et al., 2008), or the basidiomycetous filamentous fungus Wallemia ichthyophaga (Zajc et al., 2013). At both zero and optimal (1 M) NaCl concentrations, vegetative hyphae display polarized growth, colonies are large with pigmented reverse, and abundant production of conidia. At saturated NaCl (5.13 M), colonies become smaller, flatter, hyaline, and do not produce either conidia or exudates. In addition, the average length of hyphal compartments decreases, while hyphal ramification increases (Jiménez-Gómez et al., 2020). At optimal (1 M) and saturated NaCl concentrations (5.13 M) A. sydowii EXF-12860 produces intracellularly a range of compatible solutes, such as trehalose, mannitol, arabitol, erythritol, and glycerol (Jiménez-Gómez et al., 2020; Pérez-Llano et al., 2020; Rodríguez-Pupo et al., 2021). The quantities for these compatible solutes are particularly fine-tuned at optimal 1 M NaCl in comparison with saturated NaCl (5.13 M), with trehalose being the most responsive solute in relation to osmotic changes (Jiménez-Gómez et al., 2020).

The objective of this work is to analyze the osmoadaptations to saturated NaCl concentration in A. sydowii. This study is the first multi-omics approach to unravel adaptations to saturated NaCl concentration in an ascomycetous fungus. Thus, the halophilic A. sydowii enabled us to focus on molecular adaptations occurring at saturated salt concentrations inhibitive for most fungi by using mRNA transcriptional profiles and gene ontology analysis, measuring lncRNAs and transcriptional factors, conducting differential analysis of amino acids and fatty acids as well as metabolomic profiling.



MATERIALS AND METHODS


Strain Source, Preservation, and Culture Conditions

A halophilic fungal strain (EXF-12860) of A. sydowii, isolated from a solid fermentation of sugarcane bagasse in the presence of 2 M NaCl, was used in this work (Batista-García et al., 2014). Fungal cultures were propagated on Yeast Malt Agar (YMA): malt extract 10 g/L, yeast extract 4 g/L, dextrose 4 g/L, mycological peptone 5 g/L, agar 20 g/L. Spores were cryopreserved at −80°C in 20% glycerol and deposited in the Ex Microbial Culture Collection of the Infrastructural Centre Mycosmo, University of Ljubljana, Slovenia.

Two different hypersaline (NaCl) experimental conditions were used for growth of EXF-12860: optimal at 1 M NaCl (aw = 0.98) and saturated 5.13 M NaCl solution (aw = 0.75). Omics analysis (i.e., transcriptomics and metabolomics) and determinations of amino acids and fatty acids were performed at both NaCl concentrations. Spores and mycelium obtained from 7-day-old cultures of EXF-12860 supplemented with 1 M NaCl were used as pre-inoculum in all experiments. After 7 days in the presence of 1 M NaCl the liquid cultures were in the last part of the exponential phase (Rodríguez-Pupo et al., 2021). Later, mycelium was transferred to a fresh medium for both conditions (1 M and 5.13 M NaCl) and incubated at 28°C and 150 rpm. In the “control” condition (1 M NaCl), cells were not subjected to osmotic shock, but only to a renewed source of nutrients. In the “treatment” condition, cells were additionally exposed to a hypersaline medium (5.13 M NaCl), which should trigger a transient transcriptional program for immediate response and a sustained transcriptional program for long-term adaptation mechanisms. A growth curve based on the fungal dry weight was performed (Supplementary Figure S1) under optimal salinity condition (1 M NaCl), and we determined that the culture reaches the middle exponential growth phase after 4 days. Mycelia and supernatants obtained from triplicate exponential phase cultures of the fungus (4-day-old cultures) were separated by centrifugation at 10,000 × g and used for the subsequent experiments.



RNA Extraction, Library Construction, Sequencing, and Transcriptomic Analysis of Aspergillus sydowii at Hypersaline Conditions

Fungal mycelium was collected by centrifugation and ground in liquid nitrogen. Total RNA was extracted using the TRIzol method (Chomczynski and Sacchi, 2006). After performing RNA quality control (RNA integrity number, RIN > 7) by capillary electrophoresis using an Agilent Technology Bioanalyzer 2,100, RNA samples were selected to proceed to library construction using TruSeq Stranded mRNA LT Sample Prep Kit (Illumina, Catalogue No. RS-122-2101). For this, rRNAs were depleted by oligo-dT selection (Blower et al., 2013) and cDNA was synthetized. The sequencing libraries were prepared by random fragmentation of cDNA sample, followed by 5′ and 3′ adapter ligation. Adapter-ligated fragments were amplified by PCR, purified by gels, and the size of PCR enrichment fragments was verified through the template size distribution obtained in an Agilent Technologies 2,100 Bioanalyzer using a DNA 1000 chip. Libraries were quantified using qPCR according to the Illumina qPCR quantification protocol guide. Sequencing (2 × 150 bp paired-end) was performed in triplicates (n = 3) on the Illumina HiSeq-2,500 platform by Macrogen Company (Seoul, South Korea), resulting in a minimum of 70 million reads per sample.

Sequencing quality control was performed using Trimmomatic version 0.39 (Bolger et al., 2014). Low-quality reads, 5′ and 3′ adaptors, and highly overrepresented sequences were removed after demultiplexing. Error correction for Illumina RNA sequencing reads was made using Rcorrector (Song and Florea, 2015). De novo assembly algorithm (Trinity version 2.10.0) was run to assemble short-nucleotide RNA sequencing reads into contigs (Grabherr et al., 2011). BUSCO methodology (version 4.0.5) was employed to evaluate the transcriptome completeness (Seppey et al., 2019). Blast2GO was used to generate high-quality functional annotations and the analysis of transcriptomic data (Biobam Bioinformatic, 2019). Briefly, a blast-based workflow using Fungi section in nr database was addressed. Gene ontology (GO) and InterPro annotations were obtained from this high-throughput workstation. Kallisto version 0.46.1 was used to quantify abundances of transcripts (Bray et al., 2016). Unwanted variations in RNA sequencing reads were removed from unnormalized counts using RUVseq (Risso et al., 2014). Differential gene expression analysis was obtained using edgeR version 1.29.5 (Love et al., 2014). GO enrichment was performed using Blast2GO in OmicsBox (Biobam Bioinformatic, 2019), which uses a Fisher’s exact test to determine the false discovery rate (FDR) of GO enrichment. Finally, pathway enrichment analysis was conducted on KEGG (Kyoto Encyclopedia of Genes and Genomes) mapper using the KEGG annotations retrieved from GhostKOALA (Kanehisa et al., 2021).

Long non-coding RNAs (lncRNAs) were also identified using a custom pipeline to identify candidate lncRNAs. Firstly, we assessed the coding potential of all the differentially expressed transcripts (logFC > 1.5, value of p < 0.05, FDR < 0.05, and CPM < 0.05) using RNAsamba (Camargo et al., 2020) and CPC2 (Kang et al., 2017). Transcripts classified as non-coding using both tools were identified as differentially expressed lncRNAs. Transcripts classified as coding using both tools were identified as differentially expressed mRNAs. Finally, we used the previously mentioned expression parameters with transcripts annotated as transcription factors (TFs) to identify differentially expressed genes encoding TFs.

To analyze the possible regulatory function of the identified differentially expressed both lncRNAs and genes encoding TFs, we performed a co-expression analysis of those lncRNAs, TFs, and mRNAs differentially expressed (Zhan et al., 2016), based on the Pearson correlation coefficient (r) using the R package Hmisc (Pasek, 2020). We selected pairs of mRNA/lncRNA or mRNA/TF with a |r| > 0.9 and a value of p < 0.05. The same procedure was conducted to obtain the co-expression network to correlate those GO identified as enrichened.

Transcriptomic dataset was deposited for public availability in National Centre for Biotechnology Information (NCBI) under the submission IDs: SUB8102769, BioProject PRJNA662826, BioSample accession: SAMN16095160.



Amino Acid and Fatty Acid Determinations at Hypersaline Conditions

The crude protein content of the mycelium and cell-free culture medium of each hypersaline growth condition was determined according to the Lowry method (Lowry et al., 1951).

The amino acid content was determined from minced (for mycelium) and homogenized samples which were previously defatted using Soxhlet extraction according to AOAC (1995). To 10 mg of sample, 5 ml of 6 N HCl containing 0.06% phenol was added. To produce free amino acids the mixtures were hydrolyzed for 24 h at 110°C under nitrogen atmosphere to avoid oxidation. The hydrolyzed samples were diluted in 25 ml of deionized water, and 1 ml of 2.5 mM α-amino butyric acid (AABA) was added as an internal standard. Samples were then filtered through a 0.45-μm Teflon filter and stored under nitrogen atmosphere at −30°C. Samples containing the free amino acids were derivatized (Bidlingmeyer et al., 1984), injected into an Agilent 1,260 Infinity High-Performance Liquid Chromatography (HPLC) system (Agilent Technologies, CA, United States) equipped with an Agilent C-18 reversed-phase Zorbax Eclipse AAA column (i.d. 3.5 μm particle, 4.6 × 150 mm), and eluted using an acetonitrile–methanol–water (45:45:10, v/v) gradient. Column temperature was maintained at 40°C, and a flow of 1 ml/min was used. Injection volume was 5 μl. Samples were monitored using a 1,260 fluorescence detector (FLD, Agilent Technologies, CA, United States) in series. Fluorescence chromatograms were obtained using an excitation wavelength of 340 nm and monitored emission signals at 450 nm. Standard curves were obtained for the amino acid determination using amino acid standard solutions in the range from 25 to 350 pmol (P.N. 061-3330, Agilent Technologies, CA, United States). Agilent OpenLAB ChemStation version C.01.07 software was used for the amino acid quantification. This method does not detect the amino acids glutamine, aspartate, and tryptophan.

Fatty acid methyl ester extracts were obtained from samples of mycelium and cell-free culture medium of each growth hypersaline condition (Folch et al., 1957; Christie, 1993). Fatty acid methyl esters were separated in an Agilent Technologies 7820A Gas Chromatograph (Agilent Technologies, CA, United States) equipped with a flame ionization detector (260°C) and a capillary column (DB-23 Agilent; 60 m × 0.25 mm, film thickness 0.15 μm) using nitrogen as the carrier gas. The initial oven temperature was 120°C. One microliter of the solution containing the fatty acid methyl esters was injected split 10:1. After 1 min the temperature was increased at a rate of 6.5°C/min to 170°C, immediately later, increased at a rate of 6°C/min to 198°C holded by 7 min, and finally increased at a rate of 15°C/min to 230°C holds by 5 min and then maintained at that temperature for an additional 10 min. Fatty acids were identified by comparing the retention times of well-characterized profiles of fatty acid methyl ester standards (37 component fatty acid methyl ester Mix, Supelco/Sigma-Aldrich, CA, United States). The concentration of each fatty acid was determined from the corresponding area within the chromatogram using a C19 fatty acid as internal standard and the software package Agilent OpenLAB ChemStation version C.01.07.

Differences (p ≤ 0.05) among the mean amounts of amino acids and fatty acids were determined by Kruskal–Wallis test and Dunn’s test as post hoc analysis. Statistical calculations were performed using PRISM 8 (GraphPad software, CA, United States).1



Metabolomics Profiling of Aspergillus sydowii EXF-12860 Grown at Optimal and Saturated NaCl Concentrations

One milliliter of cell-free extracts or control media was lyophilized. Then, 500 μl of cold acetone was added to the dry samples, vortex for 1 min, and centrifuged at 14,000 rpm for 10 min at 4°C. These steps were repeated twice and 90% of the solvent volume at each step was collected and combined in a 1.5-mL Eppendorf tube. The solvent was evaporated using a SpeedVac system (Thermo Fisher Scientific, MA, United States) at room temperature. Metabolites were resuspended in 50 μl of a solution of water:acetonitrile at a 95:5 ratio. Quality control samples were prepared by mixing equal volumes of all samples.

We followed the HPLC-Mass spectrometry in Tandem (LC–MS2) methodology previously reported with minor modifications (Moreno-Ulloa et al., 2020). In brief, 10 μl of samples was randomly loaded into the Eksigent nanoLC400 system (Eksigent AB Sciex, CA, United States) with a HALO Phenyl-Hexyl column (0.5 × 50 mm, 2.7 mm, 90 Å pore size). Metabolites were separated using a gradient elution with 0.1% formic acid in water (A) and 0.1% formic acid in acetonitrile (B) as mobile phases at a constant flow rate of 5 ml/min. The gradient started at 5% B for 1 min followed by a stepped increased to 100% B over 26 min and held constant for 4 min. Solvent composition was then returned to 5% B over 0.1 min. To ensure column re-equilibration, a 4-minute pre-run with 5% B was applied between samples. A blank sample (10 μl of A:B solution at a 95:5 ratio) was run between experimental sample injections to minimize potential carryover. The eluate from LC was delivered directly to the TurboV source of a TripleTOF (time-of-flight) 5,600+ mass spectrometer (SCIEX, CA, United States) using electrospray ionization (ESI) under positive mode. ESI source conditions were set as follows: IonSpray voltage floating, 5,500 V; source temperature, 350°C; curtain gas, 20 psi; ion source gases 1 and 2 were set to 40 and 45 psi; declustering potential, 100 V. Data were acquired using data-dependent acquisition (DDA) with high-sensitivity mode selected, automatically switching between full-scan MS and MS2. The accumulation time for TOF MS was 0.25 s/spectra over the m/z range 100–1,500 Da, and for MS2 scan was 0.05 s/spectra over the m/z 50–1,500 Da. The DDA settings were as follows: charge state +1 to +2, intensity 125 cps, exclude isotopes within 6 Da, mass tolerance 50 mDa, and a maximum number of candidate ions 20. Under IDA settings, the “exclude former target ions” was set as 15 s after two occurrences and “dynamic background subtract” was selected. The manufacturer rolling collision energy (CE) option was used based on the size and charge of the precursor ion using formula CE = m/z × 0.0575 + 9. The instrument was automatically calibrated by the batch mode using appropriate positive TOF MS and MS2 calibration solutions before sample loading and after injection of six samples (<3.5 working hours) to ensure a mass accuracy of <5 ppm for both MS and MS/MS data. Instrument performance was monitored during data acquisition by including one quality control sample (n = 4) every four experimental samples.

Two complementary informatic approaches were utilized to analyze the LC-MS2 datasets: (i) Feature extraction, normalization, and statistical analysis (univariate and multivariate analysis) were performed using MarkerView TM software version 1.3 (AB Sciex, CA, United States), and (ii) MS2 spectral data extraction for metabolite identification or annotation [level 2 in agreement with the Metabolomics Standards Initiative (MSI) classification; Aron et al., 2020] was performed using MZmine software version 2.53 and the Global Natural Products Social Molecular Networking web platform (GNPS; Aron et al., 2020).2 Furthermore, to overcome the limited identification or annotation of metabolites by spectral matching against the GNPS spectral libraries, we utilized the advanced annotation tool of SIRIUS 4 and CSI:Finger ID (level 3 in agreement with the MSI classification; Dührkop et al., 2015).

All experiments were performed in triplicate. For the metabolomics data, taking into account the fold-change compression phenomenon (Yu et al., 2020), features with a fold change ≥1.5 or ≤−1.5, value of p < 0.05 (t-test) were considered as differentially abundant. For multivariate statistical analysis and to assess for sample clustering behavior and inter-group variation, we utilized principal component analysis (PCA) and principal component variable grouping (PCVG; Ivosev et al., 2008). Log2-transformed data were used for PCA and PCVG analysis. Software PRISM 6.0 (GraphPad software, CA, United States) was used for the creation of volcano plots.

The raw datasets have been deposited on the GNPS/MassIVE public repository (Wang et al., 2016) under the accession number MSV000088136. The parameters for classical molecular networking using all datasets are available on the following link: https://gnps.ucsd.edu/ProteoSAFe/status.jsp?task=a3e71334eb534f89b24b09f31c9bca5d. The NAP job is here: https://proteomics2.ucsd.edu/ProteoSAFe/status.jsp?task=a27935fe261946169af78d93d8d6e312. The MolNetEnhancer job is here: https://gnps.ucsd.edu/ProteoSAFe/status.jsp?task=d974315d59b649be96e6bf583505f2aa. The parameters for FBMN (A. sydowii 1 M vs. 5.13 M NaCl) are available on the following link: https://gnps.ucsd.edu/ProteoSAFe/status.jsp?task=5f212d5ccb1a46de86fe6ba4fb402952. The Qemistree job is available in the following link: https://proteomics2.ucsd.edu/ProteoSAFe/status.jsp?task=80ba69060ca54408b52ebf726b91359c.




RESULTS


mRNA Transcriptional Profiles and Gene Ontology Analysis Revealed the Importance of Metabolism and Signal Transduction at Saturated NaCl Concentration

To provide deeper insights into the molecular mechanisms of adaptation of the halophilic A. sydowii EXF-12860 to extremely low water activity due to high NaCl, we analyzed the mRNA profiles obtained from three independent YMA liquid cultures of A. sydowii in exponential phase, grown at optimal, and saturated NaCl concentration. Analysis revealed 41,309 transcribed sequences and 1,842 genes differentially expressed (logFC > 1.5, value of p < 0.05) at NaCl saturation as compared to optimal NaCl concentration. In the transcriptional profile of EXF-12860, 704 genes were overexpressed, and 1,138 genes downregulated (Supplementary Tables S1 and S2). Eighty-nine percent of the genes differentially expressed could be annotated with KEGG, while 193 (1.25%) genes encode for proteins with unknown functions.

The GO analysis showed 26 biological process, 26 molecular function, and four cellular component GO terms significantly enriched (value of p < 0.05, Fisher’s test; Figures 1A–C). Enriched biological processes, overrepresented according to the mRNA profiles, were the phosphorelay signal transduction system, RNA and protein traffic across nucleus, regulation of gene expression, regulation of macromolecules and primary metabolism, non-glycolytic fermentation, polysaccharide biosynthesis, cell wall β-glucan biosynthesis, polyol metabolism (i.e., glycerol metabolism), ketone body catabolism, and NADH oxidation (Figure 1A).
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FIGURE 1. Pie-donuts chart (A–C) showing the gene ontology (GO) term enrichment from the overrepresented functional annotations in the set of differentially expressed transcripts of Aspergillus sydowii exposed to extreme water deprivation by salt (5.13 M NaCl) compared to optimal salt concentration for growth (1 M NaCl). GOs are named using numbers from 1 to 56. (A) Biological process (green circles, 1–26). (B) Molecular function (blue circles, 27–52). (C) Cellular component (red circles, 53–56). White circle inside each donut represents logFC = 0. The transcripts associated with each GO are represented based on their logFC value as: upregulated transcripts (logFC > 1.5) are red filled circles inside the donuts; downregulated transcripts (logFC < −1.5) are blue filled circles inside the donuts. (D) Multi-scale network obtained from the GO enrichment data. One central node (CN), three principal nodes (PN1, PN2, and PN3), one secondary node (SN), and two isolated nodes (IN) are observed. Only the GO sharing more than three transcripts between them are represented in the GO term-based network. GO legend: Biological process: 1-GO:0000160 phosphorelay signal transduction system; 2-GO:0000972 transcription-dependent tethering of RNA polymerase II gene DNA at nuclear periphery; 3-GO:0006071 glycerol metabolic process; 4-GO:0006116 NADH oxidation; 5-GO:0006405 RNA export from nucleus; 6-GO:0006606 protein import into nucleus; 7-GO:0010468 regulation of gene expression; 8-GO:0018106 peptidyl-histidine phosphorylation; 9-GO:0019662 non-glycolytic fermentation; 10-GO:0023014 signal transduction by protein phosphorylation; 11-GO:0046168 glycerol-3-phosphate catabolic process; 12-GO:0046777 protein autophosphorylation; 13-GO:0046952 ketone body catabolic process; 14-GO:0051170 import into nucleus; 15-GO:0044260 cellular macromolecule metabolic process; 16-GO:0019751 polyol metabolic process; 17-GO:0005977 glycogen metabolic process; 18-GO:0046434 organophosphate catabolic process; 19-GO:0051664 nuclear pore localization; 20-GO:0060255 regulation of macromolecule metabolic process; 21-GO:0080090 regulation of primary metabolic process; 22-GO:0071970 fungal-type cell wall (1,3)-β-D-glucan biosynthetic process; 23-GO:0005978 glycogen biosynthetic process; 24-GO:0006073 cellular glucan metabolic process; 25-GO:0000271 polysaccharide biosynthetic process; 26-GO:0033692 cellular polysaccharide biosynthetic process. Molecular function: 27-GO:0004673 protein histidine kinase activity; 28-GO:0016744 transferase activity, transferring aldehyde or ketonic groups; 29-GO:0008260 3-oxoacid CoA-transferase activity; 30-GO:0050193 phosphoketolase activity; 31-GO:0008410 CoA-transferase activity; 32-GO:0016775 phosphotransferase activity, nitrogenous group as acceptor; 33-GO:0016782 transferase activity, transferring sulfur-containing groups; 34-GO:0017056 structural constituent of nuclear pore; 35-GO:0032559 adenyl ribonucleotide binding; 36-GO:0051287 NAD binding; 37-GO:0008776 acetate kinase activity; 38-GO:0003729 mRNA binding; 39-GO:0032555 purine ribonucleotide binding; 40-GO:0016758 hexosyltransferase activity; 41-GO:0005524 ATP binding; 42-GO:0000155 phosphorelay sensor kinase activity; 43-GO:0004134 4-α-glucanotransferase activity; 44-GO:0004135 amylo-α-1,6-glucosidase activity; 45-GO:0004367 glycerol-3-phosphate dehydrogenase [NAD+] activity; 46-GO:0004802 transketolase activity; 47-GO:0009927 histidine phosphotransfer kinase activity; 48-GO:0016773 phosphotransferase activity, alcohol group as acceptor; 49-GO:0047952 glycerol-3-phosphate dehydrogenase [NAD(P)+] activity; 50-GO:0042124 1,3-β-glucanosyltransferase activity; 51-GO:0004133 glycogen debranching enzyme activity; and 52-GO:0016832 aldehyde-lyase activity. Cellular component: 53-GO:0009331 glycerol-3-phosphate dehydrogenase complex; 54-GO:0005887 integral component of plasma membrane; 55-GO:0031080 nuclear pore outer ring; and 56-GO:0031225 anchored component of membrane.


In correlation with the enriched biological processes, our transcriptome data revealed that transferase activity of CoA, glycans, ketonic, aldehyde, phosphate, and sulfur-containing groups, together with NAD, mRNA and ATP binding, and phosphorelay sensor kinase processes were the molecular function GO categories with the highest number of differentially expressed genes (Figure 1B). The set of genes that ensure glycerol-3-phosphate dehydrogenase activity was mainly downregulated (Figure 1B), which is consistent with the low glycerol concentrations at 5.13 M NaCl reported in previous studies of our group (Jiménez-Gómez et al., 2020). This result is very interesting as it is completely opposite to the response to salt stress in other fungi (Zajc et al., 2014; Gunde-Cimerman et al., 2018; Turk and Gostinčar, 2018; Lee et al., 2021). Finally, the overrepresented cellular component categories were related to the membrane structural components, outer ring of nuclear pore, and glycerol-3-phosphate dehydrogenase complex (Figure 1C). In conclusion, the GO category analysis exposed that most differentially expressed genes were involved in primary metabolism and signal transduction.

A GO multi-scale network was obtained from the GO enrichment data (Figure 1D). Illustration of the GO-derived network displayed that the GO term ATP binding constitutes the main network node and shows direct interactions between the central node (CN) and three other principal nodes (PN). The first node (PN1) harbors GO related to phosphorelay signal transduction system, protein autophosphorylation, signal transduction by protein phosphorylation, phosphorelay sensor kinase activity, and phosphotransferase kinase activity. PN2 harbors cellular polysaccharide metabolism processes and non-glycolytic fermentation and PN3 transferase activity of CoA and groups containing sulfur, nitrogen, and phosphorous (Figure 1D). A secondary node (SN) related to metabolism of glycerol, NAD, and carbohydrate was also observed. Moreover, two isolated nodes (IN) were identified, mainly related to: (IN-1) cell wall component metabolism and anchored component of membrane, and (IN-2) processes related to RNA export from nucleus, protein export into nucleus, and structural constituents of nuclear pore.



Reprogramming of Amino Acid Metabolism Occurred at Saturated NaCl Concentration

Overall, the amino acid profiles differed significantly (Kruskal–Wallis, value of p < 0.05) in optimal and hypersaline conditions. Supernatant of mycelium grown at optimum NaCl concentration displayed higher amounts of free amino acids (Figures 2A,B) in comparison with amounts at NaCl saturation, suggesting decreased synthesis and secretion of extracellular proteins. While the global level of aromatic amino acid was similar in mycelia grown at both optimal and saturated salinity, the amounts of charged and uncharged amino acids and non-polar aliphatic amino acids decreased significantly (Kruskal–Wallis, value of p < 0.05) in mycelia exposed to saturated concentration of NaCl (Figure 2A).
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FIGURE 2. Quantitative profile of amino acids and differential expression of genes related to amino acid metabolism in A. sydowii. (A) Bar chart showing the free amino acids (mg/g of dry cell weight) in both mycelia and supernatants obtained from A. sydowii cultured at 1 M and 5.13 M NaCl. Amino acids are grouped by their side chain characteristics. Except as otherwise noted (ns), all pairwise comparisons are statistically significant by Kruskal–Wallis test—Dunn’s test as post hoc analysis. (B) Bar chart showing the free amino acids (mg/g of dry cell weight) in both mycelia and supernatants obtained from 1 M and 5.13 M NaCl. All pairwise comparisons are statistically significant by Kruskal–Wallis test—Dunn’s test as post hoc analysis—except those marked in the upper color boxes. (C) Metabolic map showing differentially expressed genes (condition of 5.13 M NaCl compared to 1 M NaCl) involved in amino acid biosynthesis pathways. Red and blue boxes/letters indicate genes upregulated (logFC > 1.5) and downregulated (logFC < −1.5), respectively. Asterisks indicate that two or more transcript isoforms were identified for that gene. The three squares above each gene box illustrate the logFC values and counts per million (CPM) of transcripts in each salt concentration. Dashed and continuous lines refer to intermediate and direct reactions, respectively. AICAR, 5’-phospho-ribosyl-5-amino-4-imidazole carboxamide; IGP, imidazole glycerol-3P; PRFAR, phosphoribulosyl-formiminio-AICAR-P; PRPP, 5-phosphoribosyl diphosphate; Ru-5-P, ribose-5-phosphate; X-5-P, xilulose-5-phosphate; Glu-6-P, glucose-6-phosphate; F-6-P, fructose-6-phosphate; F-1,6-BP, fructose-1,6-biphosphate; GAP, glyceraldehyde-3-phosphate; PEP, phosphoenolpyruvate; E-4-P, erythrose-4-phosphate; DAHP, 2-dehydro-3-deoxy-arabino-heptonate-7-phosphate; PRA, 5-phosphoribosylamine; OAA, oxaloacetate; and AKG, α-ketoglutarate.


The analyses of individual free amino acids composition in the A. sydowii cells revealed higher amounts of glutamate at both optimal and saturated NaCl conditions, in both mycelium and supernatant (Figure 2B). Glutamate, arginine, and lysine were the most abundant, similarly as in the halotolerant yeast H. burtonii exposed to 1 M NaCl (Lee et al., 2021). Serine, glycine, alanine, valine, histidine, and phenylalanine level did not change in mycelia grown both at optimal salinity and at saturated NaCl condition (Figure 2B), as well as in the respective supernatants. The amino acids cysteine, methionine, and proline were not detected. Globally, the free amino acids were enriched 3.5-fold in supernatants obtained from cultures at optimal salinity compared to supernatants of cultures in saturated NaCl concentration (Figure 2B).

The mRNA transcriptional analysis of the amino acid metabolism revealed 33 differentially expressed genes, including 20 downregulated genes and 13 overexpressed genes at saturated NaCl condition in comparison with optimal 1 M NaCl concentration (Figure 2C; Supplementary Table S3). Although genes related to the synthesis of histidine (hisF/H, logFC = 3.98), tryptophan (trpG, logFC = 5.63), glycine (prx1, logFC = 4.73; ggt, logFC = 4.27), cysteine (cth, logFC = 7.20; metA, logFC = 3.69), methionine (metX, logFC = 3.69; mmuM, logFC = 4.75), and leucine, valine, and isoleucine (ilvE, logFC = 12.83) were upregulated at saturated NaCl concentration (Figure 2C), the amount of free amino acids did not increase, indicating that transcript and protein levels do not always correlate.

Gene hoga1 that encodes the enzyme 4-hydroxy-2-oxoglutarate aldolase was overexpressed (logFC = 7.53) at saturated NaCl condition (Figure 2C). This aldolase catalyzes the conversion of 4-hidroxy-2-oxoglutarate into pyruvate increasing the pyruvate availability and driving metabolic flux through the Krebs cycle and probably to biosynthesis of amino acids (Huang et al., 2019).

The transcriptomic analysis revealed a set of upregulated genes involved in methionine and cysteine biosynthesis pathways (Figure 2C). Gene mmuM that encodes homocysteine S-methyltransferase involved in methionine formation was transcriptionally activated (logFC = 4.75) at saturated NaCl concentration (Figure 2C). The cth gene that encodes cystathionine γ-lyase, the enzyme that catalyzes the last step in the transsulfuration pathway from cystathionine to cysteine, was also upregulated (logFC = 7.20; Figure 2C). Other genes such as metX and metA which encode homoserine acetyltransferase (MetX) and homoserine succinyltransferase (MetA), respectively, were also overexpressed at saturated NaCl condition (logFC = 3.69 and logFC = 3.67, respectively; Figure 2C).

Gene hisF/H involved in histidine biosynthesis pathway was also upregulated (logFC = 3.98; Figure 2C). Imidazole glycerol phosphate (IGP) synthase, the hisF/H product, catalyzes the conversion of N′-(5′-phosphoribosyl)-formimino-5-aminoimidazole-4-carboxamide ribonucleotide (PRFAR) into IGP and 5′-(5-aminoimidazole-4-carboxamide) ribonucleotide (AICAR), connected to both histidine synthesis and nitrogen metabolism and to the de novo purine biosynthesis pathway. Finally, gene ilvE involved in the biosynthesis of valine, leucine, and isoleucine was also overexpressed (logFC = 12.83; Figure 2C).



Fatty Acid Metabolism at Saturated NaCl Concentration Remained Mainly Unchanged

Surprisingly in A. sydowii no modifications of fatty acid composition occurred neither at optimal nor at saturated NaCl concentrations (Figure 3A). Tridecanoic acid (C13:0) and palmitic acid (C16:0) were detected in both supernatants and mycelia of A. sydowii grown at both optimal NaCl and saturated NaCl concentrations, while the other fatty acids were found only in mycelia (Figure 3A). Oleic acid (C18:0) and its unsaturated derivates cis-9-octadecenoic acid (C18:1 n9), linoleic acid (C18:2 n6), and α-linolenic acid (C18:3 n3) represented on average 65% of the global fatty acid composition, reflecting the important physiological role of oleic acid in supporting fungal growth at hypersaline conditions. Overall, C18 monounsaturated and polyunsaturated fatty acids represented at both optimal and saturated NaCl concentrations 55% of the total C18 fatty acid composition, with C18:1 n9 and C18:2 n6 as the most prevalent (Figure 3A).
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FIGURE 3. Quantitative profile of fatty acids and differential expression of genes related to fatty acid metabolism in A. sydowii exposed to 5.13 M NaCl compared to 1 M NaCl. (A) Bar chart showing the percentage of saturated (C13:0–C23:0), monounsaturated (C15:1–C24:1 n9), and polyunsaturated (C18:2 n6–C22:2) in both mycelia and supernatants collected from fungal cultures at 1 M and 5.13 M NaCl. In (B) the statistics shown refer to the comparisons that were not statistically significant (ns); thus, the rest of the comparisons are statistically significant. (B) Metabolic map showing differentially expressed genes involved in fatty acid biosynthesis pathways in A. sydowii cultured at 5.13 M NaCl compared to 1 M NaCl. Red and blue boxes/letters indicate genes upregulated (logFC > 1.5) and downregulated (logFC < −1.5), respectively. Asterisks indicate that two or more transcript isoforms were identified for that gene. The three squares above each gene box illustrate the logFC values and CPM of transcripts in each salt concentration. Dashed and continuous lines refer to intermediate and direct reactions, respectively. AcAc, acetoacetyl-CoA; HMG-CoA, S-3-hydroxy-3-methylglutaryl-CoA; HexD-CoA, hexadecanoyl-CoA; LC 2,3-dCoA, long-chain trans-2,3-dehydroacyl-CoA; LC 3-dCoA, long-chain-3-hydroxyacyl-CoA; G-6-P, glucose-6-phosphate; Pyr, pyruvate; CHO, cholesterol; 2,3-Edsq, S-squalene; G-3-P, glycerol-3-phosphate; DGP, 1,2-diacyl-glycerol-3P; DAG, 1,2-diacyl-glycerol; CDP-DAG, CDP-diacylglycerol; PGP, phosphatidyl-glycerophosphate; PG, phosphatidylglycerol; PC, phosphatidylcholine; PE, phosphatidylethanolamine; PS, phosphatidylserine; Ptdlns, phosphatidyl-1D-myo-inositol; ACP, acyl carrier protein; ER, β-enoyl reductase; DH, dehydratase; KR, β-ketoacyl reductase; KS, β-ketoacyl synthase; and MPT, malonyl/palmitoyl transferase.


The transcriptomic data in A. sydowii grown at saturated NaCl concentration revealed that the fatty acid biosynthesis and elongation, synthesis and degradation of ketone bodies, steroid biosynthesis, and glycerolipid and glycerophospholipid metabolism were turned off transcriptionally (Figure 3B; Supplementary Table S4). Only the 3-ketoacyl-acyl carrier protein (3-ketoacyl-ACP) reductase (fabG), monoacyl glycerol lipase (mgll), and phosphatidylinositol synthase (cdipt) genes were upregulated (logFC = 4.26, logFC = 3.88, and logFC = 4.04, respectively; Figure 3B). In A. sydowii transcriptome hacd (logFC = −5.67), fadD (logFC = −4.31), and fas1/fas2 (logFC = −6.92/−4.47) genes that encodes 3-hydroxyacyl-CoA dehydratase, inner membrane-associated acyl-CoA synthase, and fatty acid synthase complex, respectively, were repressed at saturated NaCl concentration (Figure 3B). Genes hacd and fadD are involved in fatty acid elongation (Fujita el at., 2007), while fas gene products catalyze all C16-C18 fatty acid biosynthesis (Runguphan and Keasling, 2014).



Analysis of Molecular Adaptations at Saturated NaCl Exposed the Importance of High-Osmolarity Glycerol Signal Transduction Pathway and Cell Wall Ultrastructure and Morphology

An overview of differentially expressed genes at saturated NaCl concentration is presented in Figure 4; Supplementary Table S5.
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FIGURE 4. Overview of the main tolerance mechanisms of A. sydowii cultured at saturated NaCl concentration (5.13 M NaCl) compared to optimal salt concentration for growth (1 M NaCl). (A) Bar graph showing the logFC values of all differentially expressed genes involved in high osmolarity glycerol pathway (HOG), cell wall biosynthesis, cellular membrane transporters, mycelium morphology, and cell cycle. (B) Genes related to the MAPK signaling pathways that respond to a hyperosmolarity condition. Red, blue, and black boxes/letters indicate genes upregulated, downregulated, and non-differentially expressed, respectively. (C) Composition of the cell wall in the two conditions studied inferred from the expression of genes involved in the synthesis of the cell wall components (chitin, proteins—hydrophobins are shown particularly—β-13-glucans and mannose). (D) Differentially expressed cytoplasmic membrane transporters at saturated NaCl concentration. (E) Electron microscopy of A. sydowii cultured at 1 M NaCl (polarized growth) and 5.13 M NaCl (non-polarized growth). Scale bars = 100 μm. (F) Differentially expressed genes related to the cell cycle.


In A. sydowii sho1 (logFC = 11.65), cla4 (logFC = 4.15), and ssk1 (logFC = 11.65) were upregulated at saturated NaCl concentration, while other HOG-related genes such as hog1 (logFC = −6.31), ste20 (logFC = −10.28), and ssk2 (logFC = −3.81) were downregulated (Figures 4A,B). Interestingly, the hybrid histidine kinase gene sln1 with a putative role in osmosensing kept its transcriptional levels at both optimal and saturated NaCl concentrations. Although ssk1 gene encoding a phosphorelay response regulator, recognized as an activator of Hog1 MAPK, was upregulated at saturated NaCl concentration, the MAPKKK gene ssk2 was turned off resulting in a downregulation of hog1 gene.

Saturated NaCl concentration also induces major changes in the transcriptional levels of genes related to cell wall ultrastructure and morphology (Gunde-Cimerman et al., 2018). In A. sydowii EXF-12860 grown at saturated NaCl concentration genes related to the synthesis of chitin, mannose, and cell wall proteins were downregulated, while gas1 coding for glucanosyltransferase-domain-containing protein and fks1 gene coding for β-1,3 glucan synthase, involved in the biosynthesis of β-1,3 glucans, were upregulated (Figure 4A). MAPKs related to cell wall damage response pathway, except for sac7 gene encoding a GTPase-activating protein of Rho1 (Cid et al., 1998), were downregulated in A. sydowii EXF-12860 at saturated NaCl concentration (Figures 4A,B). Interestingly, genes encoding hydrophobins were not differentially expressed in A. sydowii exposed to saturated NaCl concentration. According to the transcriptional profile observed in A. sydowii EXF-12860, we propose two types of cell wall adaptations, one related to 1 M and the other to saturated NaCl concentration (Figure 4C). We hypothesize that the cell wall at saturated NaCl concentration contains a higher amount of β-1, 3 glucans with increased porosity and less rigidity due to repressed chitin biosynthesis. This hypothesis should be further evaluated by high-resolution nuclear magnetic resonance.

Additional differentially expressed genes at saturated NaCl concentration were related to starvation and pheromone synthesis (Figure 4B), such as the upregulated (logFC = 4.19) rsp5 gene coding for E3 ubiquitin-protein ligase required for mating triggered by pheromones (Wang et al., 1999). Typically, this mating signal binds to a Ste (i.e., Ste2/Ste3) cell surface receptor, which in turn activates a MAP kinase cascade resulting in the expression of mating promoting genes (Zhu et al., 2011). Genes cla4 and ste20 coding for kinases involved in pheromone response (Melanie et al., 2007) was differentially expressed in A. sydowii exposed to saturated NaCl concentration (logFC = 4.15 and logFC = −10.28, respectively). In pheromone response the product of bem1 gene, which was downregulated (logFC = −5.53), is necessary for the activation of Cdc42 into juxtaposition with Ste20. Since this step is critical for triggering the pheromone fungal response (Alvaro and Thorner, 2016), it seems that extreme NaCl conditions decrease the mating in A. sydowii.

At high NaCl concentrations fungal cells are exposed to toxic levels of sodium ions (Na+). To maintain transmembrane ionic homeostasis, membrane potential, intracellular pH, and other related physiological processes, they must vary transmembrane ion transporters (Ariño et al., 2010). In A. sydowii EXF-12860 the transcription of genes coding for transporters that facilitate the influx of glucose, amino acids, and Na+ was upregulated (Figures 4A,D). In A. sydowii at saturated NaCl concentration the transcription of the glycerol/H+ symporter STL1 that regulates the intracellular glycerol levels was upregulated (logFC = 4.76). Moreover, eight and two genes encoding ABC transporters were downregulated (−10,33 < logFC <−3.86) </logFC < −3.86)> and upregulated (logFC = 3,82; logFC = 4,04) at 5.13 M NaCl, respectively. These transporters are mainly related to the xenobiotic transporter activity and iron–sulfur transport across the cytoplasmic membrane.

In A. sydowii at saturated NaCl several Ca2+ transporters were downregulated (Figure 4A) and consequentially polarized growth was drastically affected (Figure 4E). This was further supported by the transcriptional repression of the bem1 gene (logFC = −5.53) required for fungal cell polarity (Leberer et al., 1996). Other genes related to morphogenesis, cytokinesis, polarized growth, and the formation of germ tubes, such as boi2 (logFC = −11.57), rgd1 (logFC = −11.13), myo5 (logFC = −9.71), and dync1 (logFC = −6.0), were also downregulated (Figure 4A).

At saturated NaCl concentration genes involved in the cell cycle were downregulated (Figures 4A,F) as well providing strong evidence of the influence of extremely high NaCl concentrations on cell growth and increased energy requirements to maintain metabolic fluxes and physiological processes in A. sydowii at this extreme condition. In A. sydowii exposed to hyperosmolarity (5.13 M NaCl) cell cycle progression is arrested in the S phase, but mainly in the G2 phase and G2/M transition (Figures 4A,F). It has been suggested that delaying in the S phase during extreme water deprivation prevents DNA replication to avoid interferences with the transcription of genes involved in osmoadaptative responses. The transition from S into G2 phase is mainly governed by mitotic cyclins such as Clb1 and Clb2. Later, the cell-cycle transition from G2 into M phase is controlled by the morphogenetic checkpoint (Saito and Posas, 2012). In A. sydowii exposed to 5.13 M NaCl we found that clb2 and different genes involved in the morphogenetic checkpoint were downregulated (Figures 4A,F).



Importance of lncRNA and Transcriptional Factors in the Transcriptome of Aspergillus sydowii at Saturated NaCl Concentration

We found that ~80% and ~20% of transcripts were classified as coding and non-coding RNA, respectively (Figure 5A). Further, RNAs encoding transcription factors (TFs) represented 4% of the coding RNA and 7.3% of the non-coding RNA was classified as lncRNAs. The remaining non-coding transcripts were classified as tRNAs, snRNAs, and sRNAs, among others (Figure 5A). Despite their relatively low abundance, a great proportion of lncRNAs and RNAs encoding TFs were differentially expressed: 42.4% and 69.8% of the total lncRNAs and RNAs encoding TFs, respectively.
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FIGURE 5. Analysis of the putative function of long non-coding RNAs (lncRNAs) and transcription factors found in the A. sydowii transcriptome (condition of 5.13 M NaCl compared to 1 M NaCl). (A) Relative amounts of differentially expressed (DE) mRNAs, lncRNAs, and RNAs encoding transcription factors (TFs) found in the A. sydowii transcriptome. (B) Topology of the directed network built with the most relevant DE lncRNAs and RNAs encoding TFs and their co-expressed DE mRNAs. (C) Distribution degree of DE lncRNAs and RNAs encoding TFs and their co-expressed DE mRNAs observed in the directed network. (D) LogFC of the selected lncRNAs and RNAs encoding TFs, their association with the identified clusters of DE mRNAs, and a heatmap of the counts of DE mRNAs that each regulatory molecule was correlated per GO term of interest. (E) Canonical correspondence analysis of the selected lncRNAs and RNAs encoding TFs and the GO terms related to biological functions relevant to overcome extreme osmotic stress. (F) Semantic similarity analysis of the GO terms annotated to DE mRNA co-expressed with DE lncRNAs and RNAs encoding TFs.


Previously it has been reported that the trans-role of lncRNAs is related to their co-expressed genes (Zhan et al., 2016). Gene expression is regulated both by TFs and lncRNAs. To identify possible gene regulatory modules playing a role in response to salinity, we derived an mRNA-TF-lncRNA network from the Pearson correlation coefficient matrix of differentially expressed transcripts (r > 0.95, value of p < 0.05; Jiang et al., 2016). The differentially expressed mRNAs evaluated are associated with GO terms with key roles in osmotic tolerance (i.e., protein phosphorylation, protein kinase activity, intracellular signal transduction, glycerol-3-phosphate dehydrogenase complex, and plasma membrane composition, among others). Fifteen (93.8%) of the differentially expressed lncRNAs and 62 (77.5%) of the differentially expressed RNAs encoding TFs were strongly correlated (r > 0.9, value of p < 0.05) to the 54.4% of the differentially expressed mRNAs (n = 309).

To analyze the correlation of the co-expression levels between the transcriptional regulators (lncRNAs and TFs) and their putative targets (regulated elements), we constructed a directed interaction network that included the differentially expressed lncRNAs and RNAs coding TFs that showed the highest co-expression levels (r > 0.95, value of p < 0.05) to mRNAs associated with GO terms relevant for osmotic stress (Figure 5B). The distribution degree (number of edges—connections—per vertices), shown in Figure 5C, indicates that lncRNAs and TFs displayed higher number of connections than mRNAs. The network reflects a hierarchical interactome where a regulatory element [i.e., lncRNAs (n = 8) or TFs (n = 28)] acts on several targets [mRNA (n = 62)]. Each differentially expressed lncRNA was related on average to ~48 differentially expressed mRNAs, while each RNA coding a TF was related on average to ~41 differentially expressed mRNAs. Interestingly, the differentially expressed mRNAs were related on average to only ~24 transcriptional regulators (i.e., lncRNAs and TFs), suggesting that the expression of each gene could be under the influence of both lncRNAs and TFs.

The network topology (Figure 5B) shows different clusters formed by differentially expressed mRNAs with a similar connection (edges) profile with differentially expressed lncRNAs and RNAs coding TFs. We identified three specific, distinctly separated clusters of differentially expressed mRNAs (Figure 5C). Their deeper analysis indicated that mRNAs grouped in cluster 1 (n = 4) were associated with GO terms related to metabolic processes (GO:0071704). Cluster 2 (n = 11) and cluster 3 (n = 14) were mRNAs associated with GO terms related to protein phosphorylation processes (GO:0006468) and protein kinase activity (GO:0004672), and plasma membrane composition (GO:0005886), respectively. In this analysis, “n” refers to the number of mRNAs in each cluster.

We used the correlation descriptors of the co-expression network (Figure 5B) to select the lncRNAs and RNAs encoding TFs that showed the highest Pearson correlations and the highest number of connections to differentially expressed mRNAs related to GOs relevant to hypersaline stress. Figure 5D shows the logFC of lncRNAs and RNAs encoding TFs correlated with the transcriptional level of the differentially expressed mRNAs grouped into the three identified mRNA clusters, but also the number of differentially expressed mRNAs that each regulatory molecule was correlated per GO term. It seems that almost all the RNAs encoding TFs and lncRNAs were correlated to at least one mRNA annotated into each GO term analyzed. Moreover, many of the RNAs encoding TFs and lncRNAs were correlated with at least two of the gene clusters identified in Figure 5B. Overall, lncRNAs and TFs identified could regulate the expression of mRNA associated with phosphorylation processes (GO:0006468), protein kinase activity (GO:0004672), intracellular signal transduction (GO:0006468), glycerol-3-phosphate dehydrogenase complex (GO:0006405), and plasma membrane composition (GO:0005886), which are pivotal biological functions needed to overcome hypersaline stress and were recognized as such in the halophilic basidiomycetous W. ichthyophaga and extremotolerant black yeast H. werneckii (Zajc et al., 2013; Plemenitaš et al., 2014; Gunde-Cimerman et al., 2018). Interestingly, some lncRNAs (i.e., lncRNA-2 and lncRNA-3) appear to have a regulating role over mRNAs grouped only into cluster 2 (Figure 5D), which encode proteins involved in phosphorylation processes and protein kinase activity. Other lncRNAs (i.e., lncRNA-6 and lncRNA-7) seem to have an antagonist role during the transcription of the same clusters of mRNAs. This observation was confirmed by a canonical correspondence analysis (Figure 5E) that showed that GO:0006116 (carbohydrate metabolic process), GO:0006606 (protein import into nucleus), GO:0004802 (amylo-α-1,6-glucosidase activity), and GO:0019662 (4-α-glucanotransferase activity) have an inverse association to the expression of some of the lncRNAs and RNAs encoding TFs found in this analysis.

Finally, we conducted a semantic similarity analysis (Yu et al., 2010) to produce a GO term-based network to visualize the correlation profile between GO terms associated with the mRNAs correlated with lncRNAs and TFs (Figure 5F). The network highlights the role of both regulatory elements in the transcriptional profiles of genes involved in relevant biological responses related to osmotic stress such as carbohydrates metabolism, particularly glycogen biosynthesis and transketolase activity, protein phosphorylation, glycerol-3-phosphate dehydrogenase complex, and protein kinase activity.



Changed Metabolomic Profile at Saturated NaCl Solution in Comparison With 1 M NaCl

The effects of salinity on the growth of A. sydowii at the metabolome level were evaluated by PCA (Figure 6A). Aspergillus sydowii grown at optimal and saturated NaCl concentration clustered separately, potentially indicating differences in the consumption of media nutrients and production of secondary metabolites. The tight clustering of quality control samples in the 3D plot (Figure 6A) assured the method reliability and stability, suggesting in turn that the differences in the metabolic profile as indicated by PCA are of biological origin and not due to technical variability. Our methodological pipeline allowed us to detect and identify various chemical classes of metabolites in the supernatants of A. sydowii grown in both saline conditions, ranging from fatty acyls to diazanaphtalenes in the top 10 (Figure 6B). To further mine the complex data and identify differences among the metabolome of A. sydowii grown at optimal and at saturated NaCl concentrations, we compared the features abundance in both salt conditions using their respective media control (blank media containing 1 M or 5.13 M NaCl and nutrients; Figures 6C,D). This enabled detection of changes in the metabolism (downregulated or upregulated) of media components or nutrients and to identify secondary metabolites linked specifically to hypersaline environment. We quantified 1,137 and 1,090 features at 1 M and 5.13 M NaCl, respectively.
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FIGURE 6. Untargeted metabolomics and chemoinformatic analyses of A. sydowii EXF-12860 grown with either low 1 M NaCl or high 5.13 M NaCl concentrations. (A) 3D principal component analysis (PCA) displaying components 1 and 2 of features (abundance normalized) detected in 1 M and 5.13 M NaCl concentrations, including appropriate media controls. Quality control (QC) samples are displayed to assure the method reliability and stability. (B) Molecular classes (retrieved by Classyfire) of the metabolome identified by the MolNetEnhancer workflow and visualized using Cytoscape version 3.8.2. Each node represents a unique feature, and the color of the node denotes the associated chemical class. The thickness of the edge (connectivity) indicates the MS2 similarity (Cosine score) among features. The m/z value of the feature is shown inside the node and is proportional to the size of the node. (C) Volcano plot showing the quantified features among 1 M NaCl media supernatant with and without A. sydowii. (D) Volcano plot showing the quantified features among 5.13 M NaCl media supernatant with and without A. sydowii. Each point represents a feature with assigned charge and isotope cluster; otherwise, it was excluded from the analysis. Molecular subnetworks 1 (E) and 2 (F) of the metabolites contributing to the separation between samples driven by the analysis of the principal component variable grouping (PCVG) loading plots. Each node represents a precursor ion (MS1), and the edge between nodes indicates similarity in MS2 fragmentation patterns using a cosine score of at least 0.6. The metabolites abundance is denoted by the colored area of the node, and the precursor ion mass is shown next to the node. The structures were derived from SIRIUS 4 and CSI:FingerID prediction.


There were more downregulated features in the 1 M vs. 5.13 M NaCl supernatant, probably related to A. sydowii thriving and better metabolizing nutrients in the media at optimal (1 M) NaCl concentration (Figures 6C,D). To identify or annotate the potential metabolites used by the fungus as energy source, we utilized the GNPS platform and SIRIUS/CSI:FingerID (Dührkop et al., 2015). We observed downregulation of various unsaturated C18 fatty acids only in supernatants obtained at 1 M NaCl, but not at saturated NaCl concentration (Table 1). In contrast, two aromatic metabolites (i.e., benzoic acid ester and phenyl-containing alanine derivative) completely vanished from the media with saturated NaCl concentration after being exposed to A. sydowii (Table 1).



TABLE 1. List of putatively annotated metabolites with increased and reduced abundance in low and high salt conditions.
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To further reduce the complexity of the metabolomic analysis and focus on specific NaCl-related metabolites, we mined data using PCA and PCVG analyses (Supplementary Figure S2; Ivosev et al., 2008). Careful inspection of the grouping patterns revealed that components 1 and 2 were relevant for identification of downregulated features at optimal and saturated NaCl concentration. In contrast, components 3 and 4 allowed detection of features that dominated in A. sydowii grown at either optimal or saturated NaCl concentrations (denominated hereafter as “metabolic markers”; Figures 6D,E; Table 2). Noteworthy, more metabolites were detected at saturated NaCl concentration, and three among them were indicated as metabolic markers for this salt concentration. Their presence was confirmed by the extracted ion chromatograms and profile plots (intensity of the peak across biological replicates; Supplementary Figure S2).



TABLE 2. List of annotated metabolites denoted by PCVG as metabolic markers in low and high salt conditions.
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Using molecular networks (MS2 similarity across all detected metabolites) retrieved by GNPS, we could propagate the recognition of the noted metabolic markers. Their putative chemical structures, retrieved by CSI:Finger ID, are shown in Table 2. We could annotate only a small fraction of the features that appeared at saturated NaCl concentration even with CSI:Finger ID, probably due to the complex and unknown structures of the metabolites not yet contained in libraries or databases. In Figure 6E we observed a cluster (subnetwork 1) of metabolites, structurally related to the PCVG-derived metabolic marker [M + H]+ 211.1332 m/z. The predicted chemical structures of these groups of metabolites were related to a butenolide derivative and two fatty acids (Figure 6E). Likewise, we noted a cluster (subnetwork 2) containing the metabolic marker 329.2291 [M + H]+ and two structurally related C18 hydroxylated polyunsaturated fatty acids (isomers) as predicted by SIRIUS and CSI:FingerID (Figure 6F). The metabolic markers found at optimal NaCl concentration were structurally more diverse; therefore, we could not identify subnetworks of structurally related metabolites. Nevertheless, two amino acid derivatives (N-acetyl tyramine and leucine-containing dipeptide) were noted in this group (Table 2).




DISCUSSION

Various studies investigated adaptations of halotolerant and halophilic fungi to saline and hypersaline conditions (Marjetka et al., 2010; Zajc et al., 2013; Liu et al., 2017; Gunde-Cimerman et al., 2018; Turk and Gostinčar, 2018; Ding et al., 2019; Tafer et al., 2019; Lee et al., 2021). However, only few investigated the fungal mechanisms occurring at saturated NaCl concentrations (≥5 M NaCl; Kogej et al., 2007; Kunčič et al., 2010; Zajc et al., 2013). This is the first study aimed at analyzing the mRNA profile of a halophilic ascomycetous filamentous fungus (A. sydowii) exposed to saturated concentration of NaCl (5.13 M).

The biological processes enriched in A. sydowii at 5.13 M NaCl (e.g., phosphorelay signal transduction system, RNA and protein traffic across nucleus, regulation of gene expression, regulation of macromolecules and primary metabolism, non-glycolytic fermentation, polysaccharide biosynthesis, cell wall β-glucan biosynthesis, polyol metabolism, ketone body catabolism, and NADH oxidation) reflect the needed extensive physiological reprogramming of the fungal cell at saturated NaCl concentration (Figure 1A). Some of these metabolic processes, including cell wall glycan and polysaccharide biosynthesis, phosphorylation signal transduction system, and polyol metabolism, were identified as crucial in the two most investigated model fungi for adaptations to hypersaline conditions, the obligately halophilic basidiomycetous Wallemia ichthyophaga, and the extremely halotolerant black yeast Hortaea werneckii (Kogej et al., 2007; Zajc et al., 2013; Gunde-Cimerman et al., 2018). Glycerol metabolism and regulation of primary metabolism were also enriched in the non-conventional halotolerant yeasts Hyphopichia burtonii and Hyphopichia pseudoburtonii when exposed to salt stress (Lee et al., 2021). The overrepresented biological functions of EXF-12860 at saturated NaCl concentration are also related to adaptations needed for growth at low temperatures, since both conditions induce low water activity. Recently described psychrophilic yeast Rhodotorula frigidialcoholis, when grown at 0°C and 23°C, has at 0°C more abundant transcripts related to carbohydrate metabolism, primary metabolism, signal transduction, and glycan biosynthesis (Touchette et al., 2021).

The GO multi-scale network analysis reveals a comprehensive picture showing informative GO signature clusters, indicating relevant biological processes and molecular functions related to hypersaline tolerance in A. sydowii EXF-12860: phosphorelay signal transduction, polysaccharide metabolism, and transferase activity (Figure 1D).

Aspergillus sydowii also reprogrammed the amino acid metabolism at saturated NaCl concentration (Figures 2A,B). The free amino acids composition revealed that glutamate showed higher amounts at both optimal and saturated NaCl concentrations, in both mycelium and supernatant (Figure 2B). Increased levels of negatively charged amino acids (i.e., glutamic acid and aspartic acid) have been recognized as a major adaptation of proteins synthetized by halophilic microorganisms including halophilic archaea (Abu-Seidah, 2007; Gunde-Cimerman et al., 2018; Tafer et al., 2019; Lee et al., 2021). The amino acid metabolism was also reprogrammed at transcriptional level being 33 genes differentially expressed (Figure 2C; Supplementary Table S3). Interestingly, the upregulation of genes related to the synthesis of histidine, tryptophan, glycine, cysteine, methionine, leucine, valine, and isoleucine was not accompanied by an increase in the amount of free amino acids. This was also shown in the halotolerant yeast H. burtonii, which overexpressed genes involved in amino acid anabolism without a positive correlation with the free amino acid levels (Lee et al., 2021).

Gene hoga1 involved in the synthesis of pyruvate was upregulated at 5.13 M NaCl (Figure 2C). Pyruvate, a key metabolite of the intermediary carbon metabolism, is a crucial metabolic branch point for the biosynthesis of leucine, valine, isoleucine, and alanine (Bromke, 2013; Figure 2C). Pyruvate levels also regulate the Krebs cycle flux, in particular the synthesis of α-ketoglutarate and oxaloacetic acid, key intermediates involved in the formation of glutamate and aspartate, respectively (Huang et al., 2019). At the same time, aspartate is a branch node for the biosynthesis of lysine, asparagine, and threonine (Lunt et al., 2015; Walvekar and Laxman, 2019; Figure 2C). Thus, pyruvate contents do not only have important implications in the cell energetic balance, but small limitations in pyruvate availability could also alter the amino acid biosynthesis (Lunt et al., 2015). The observed increase in the level of hoga1 transcripts suggests that pyruvate in A. sydowii grown at saturated NaCl concentration could represent an anabolic redirect node toward primary energetic metabolism (ATP biosynthesis) and biosynthesis of amino acids.

Genes involved in methionine (mmuM) and cysteine (cth) biosynthesis were also upregulated at saturated NaCl concentration (Figure 2C). Methionine is a sulfur-containing amino acid that regulates the initiation of translation, turns on anabolic pathways in fungi, and mediates several methyl-transferase metabolic reactions (Walvekar and Laxman, 2019). CTH enzymes have broad substrate specificity and transform cystathionine derivates from methionine into cysteine (Jurkowska et al., 2014). Cysteine residues play crucial roles in stabilizing the tridimensional structure of proteins by disulfide bridges, important in preserving the protein functions at denaturalizing conditions imposed by high NaCl concentrations. Also, cysteine has key roles in the redox balance homeostasis, biosynthesis of coenzyme A, iron–sulfur (Fe-S) cluster biogenesis, detoxification processes, and protein trafficking (Fani et al., 2007; Jurkowska et al., 2014). Genes encoding homoserine acetyltransferase (metX) and homoserine succinyltransferase (metA) were also overexpressed (Figure 2C). These homoserine transferases yield O-acetyl-L-homoserine and O-succinyl-L-homoserine, respectively, two anabolic intermediates that maintain the metabolic flux to synthesize both cysteine and methionine, respectively (Shrivastava et al., 2021). In A. sydowii L-homoserine seems to be a critical metabolic substrate, connected to both cysteine and methionine biosynthesis pathways. As gene met17 that encodes O-acetylhomoserine sulfhydrylase was downregulated (logFC = −3.84; Figure 2C), the synthesis of methionine could occur probably via O-succinyl-L-homoserine. In brief, transcriptomic data suggest that direct sulfhydrylation reaction is not the main pathway to produce homocysteine, a direct precursor for methionine biosynthesis.

The upregulated gene hisF/H mediates the central metabolic reaction of the histidine biosynthesis pathway due to synthesis of the imidazole ring of the histidine precursor (IGP; Fani et al., 2007). In this context egtD gene was downregulated (logFC = −4.72), since its product L-histidine tri-methyltransferase catalyzes the consumption of histidine to form hercynine, probably resulting in a decrease of the available histidine levels. The transcriptional activation of histidine biosynthetic metabolism at extremely low water activity due to saturated NaCl concentration could be related to the role of histidine in membrane stress sensors histidine kinases (Marin et al., 2003), one of the molecular function GO terms enriched at saturated NaCl concentration. Since several histidine kinases respond to both osmotic stress and cold stress (Mikami et al., 2002), upregulation of the histidine biosynthesis pathway has been observed as well in R. frigidialcoholis and Mrakia blollopsis during growth at zero and subzero temperatures, respectively (Tsuji, 2016; Touchette et al., 2021). Histidine levels also increased in the halotolerant yeast H. burtonii at osmotically stressed conditions, although no differential transcriptomic response was observed (Lee et al., 2021). Additionally, it showed an overexpressed transcriptomic profile related to the synthesis of leucine and methionine (Lee et al., 2021), as shown in A. sydowii exposed to saturated NaCl concentration (Figure 2C). This study demonstrates that extreme water deprivation by saturated NaCl concentration imposes a considerable transcriptional reprogramming, resulting in altered amino acid biosynthesis pathways.

Hypersaline conditions also cause in halophilic fungi the turnover of the synthesis of unique fatty acids, increase the concentration of free fatty acids trigger modifications in the fatty acid chain elongation, and increase overall unsaturation (Gunde-Cimerman et al., 2018). All these modifications influence the plasma membrane composition and/or fluidity, as it has been reported for several halophilic/halotolerant microorganisms, such as the alga Dunaliella salina (Katz et al., 2007), the protist Halocafeteria seosinensis (Harding et al., 2017), and fungi A. pullulans, H. werneckii, and W. ichthyophaga (Gunde-Cimerman et al., 2018).

The C18 monounsaturated and polyunsaturated fatty acid profile in A. sydowii at both optimal and saturated NaCl concentrations (Figure 3A) is in agreement with results obtained for the alga D. salina (Katz et al., 2007), black yeast-like fungi A. pullulans, H. werneckii, and Phaeotheca triangularis, with a higher ratio of mostly unsaturated C18 fatty acids at hypersaline conditions (Turk et al., 2004). Although 10%–17% NaCl concentrations induced an increase in the fatty acid unsaturation in A. pullulans and H. werneckii, higher concentrations (25% NaCl) did not increase the unsaturation level in extremely halotolerant H. werneckii (Turk et al., 2004), in agreement with the fatty acid unsaturation profile in A. sydowii at NaCl saturation.

Transcriptomic analysis in A. sydowii exposed to 5.13 M NaCl showed that several anabolic and catabolic pathways related to the fatty acid metabolism were turned off transcriptionally (Figure 3B; Supplementary Table S4). Only the genes fabG, mgll, and cdipt were found to be overexpressed in the transcriptome. Gene fabG product that catalyzes an NADPH-dependent reduction of 3-ketoacyl-ACP to the (R)-3-hydroxyacyl-CoA substrates is essential for type II fatty acid biosynthesis (Nomura et al., 2020). Probably in A. sydowii exposed to high NaCl concentration FabG enzyme mediates the formation of (R)-3-hydroxyacyl-CoA substrates that could be incorporated in the secondary metabolism to produce polymers stress-related polyesters (Nomura et al., 2020). Recently, an observed increase in the level of fabG transcripts in the filamentous fungus Glarea lozoyensis has been related to the synthesis of secondary metabolites such as pneumocandin, the precursor of the antifungal drug caspofungin (Zhang et al., 2020). Upregulation of fabG in A. sydowii exposed to saturated NaCl concentration might be correlated to the synthesis of different secondary metabolites or to the redirection of more acetyl-CoA to the fatty acid biosynthesis, resulting in the formation of lipids, since free fatty acid content did not increase at saturated NaCl concentration.

On the other hand, the product of the mgll gene plays a key role in the conversion of monoacyl-glycerol into glycerol, the most frequent and relevant compatible solute to compensate for hypersaline stress in halophilic fungi (Gunde-Cimerman et al., 2018). MGL are a unique class of lipases with very well-understood biological function in mammals and bacteria (Rengachari et al., 2013), but not in fungi. It is known that MGLs obtained from fungi Aspergillus oryzae, Candida rugosa, Mucor miehei, Penicillium camembertii, Penicillium cyclopium, Stemphylium lycopersici, and Sordaria sp. act on mono- and diacylglycerols, even on triacylglycerols (Yamaguchi and Mase, 1991; Toida et al., 1998; Benjamin and Pandey, 2001; Jermsuntiea et al., 2011; Rocha et al., 2020). In A. sydowii MGL could be involved in the conversion of high range of acylglycerols to maintain the high intracellular amounts of glycerol needed at saturated NaCl concentrations. The downregulation of glpK (logFC = −4.30) and adh (logFC = −3.86) genes could support this notion (Figure 3B). Finally, the third overexpressed gene (cdipt, logFC = 4.04) encodes the enzyme that catalyze the last step of the de novo biosynthesis of phosphatidylinositol (PtdIns), importantly involved in fatty acid metabolism, intracellular signal transduction, and energy metabolism in eukaryotes (Blunsom and Cockcroft, 2019), all key metabolic processes at low water activity induced by saturated NaCl concentration.

Our transcriptomic data are consistent with the results obtained for the halophilic protist H. seosinensis where the shorter fatty acid chains increased at hypersaline conditions (Harding et al., 2017). Transcriptional downregulation of fatty acid elongation observed in A. sydowii at saturated NaCl concentration was observed as well in the extremely halotolerant black yeast H. werneckii and filamentous W. ichthyophaga (Plemenitaš et al., 2008; Gunde-Cimerman et al., 2018).

The analysis of molecular adaptations at saturated NaCl also showed the importance of high-osmolarity glycerol (HOG) signal transduction pathway (Figure 4). HOG pathway mediates sensing and responding to osmotic stress in halophilic and halotolerant microorganisms, including fungi (Gunde-Cimerman et al., 2018; Plemenitaš, 2021). The transmembrane osmosensor gene sho1 which plays a critical role in sensing water deprivation was transcriptionally overexpressed. Interestingly, while ssk1 gene was upregulated, the MAPKKK gene ssk2 was downregulated as well hog1 gene. These results suggest that osmoresponsive genes could be temporally transcriptionally activated and that other factors could also play a key role in their transcriptional regulation (Kejžar et al., 2015).

As demonstrated for other halophilic fungi (Gunde-Cimerman et al., 2018), saturated NaCl concentration also induced major changes in the transcriptional levels of genes related to cell wall ultrastructure and morphology in A. sydowii. MAPKs genes involved in the cell wall damage response pathway were downregulated. This set of MAPKs (i.e., Sac7, Rho1, Stt4, Bck1, Mkk1/2, Bni1, Rom1/2, etc.) mediates the fungal ability to switch between different cell wall structuring in response to saline stress (Levin, 2005), crucial to regain cell wall rigidity, porosity, and permeability in halophilic fungi (Gunde-Cimerman et al., 2018). In contrast to that observed in A. sydowii grown at 0.5 M and 2 M NaCl (Pérez-Llano et al., 2020), hydrophobins were not found to be differentially expressed at 5.13 M NaCl. Hydrophobins are cell wall-associated amphipathic proteins, which were transcriptionally upregulated in the obligate halophilic fungus W. ichthyophaga, indicating their important role in the adaptation of cell wall to salinity (Turk and Gostinčar, 2018).

In addition, genes related to starvation and pheromone biosynthesis were differentially expressed in A. sydowii exposed to extreme water deprivation by salt (5.13 M NaCl). Our transcriptomic results suggest that saturated NaCl concentration decreases the mating in A. sydowii. It needs to be added that the crosstalk between fungal pheromone signaling and high NaCl concentrations is still poorly understood.

As observed in other halophilic fungi, A. sydowii varied the transmembrane ion transporter repertory at saturated NaCl concentrations (Gunde-Cimerman et al., 2018). Our transcriptomic analysis is in agreement with the observation for the obligate halophile W. ichthyophaga, which increased the transcriptional rate of several Na+-exporting Ena ATPs to preserve the intracellular K+/Na+ ratio and increased the uptake of glucose to maintain metabolic fluxes at limiting NaCl concentrations (Zajc et al., 2013). A. sydowii also upregulated the expression of the glycerol/H+ symporter STL1 involved in the maintaining of the intracellular glycerol levels. Similar results were observed in Saccharomyces cerevisiae exposed to hyperosmotic shock and to other fungi grown at hypersaline conditions (Kogej et al., 2007; Zajc et al., 2013).

Cell cycle was also severely influenced by saturated NaCl concentration. Cell cycle arrest is a well-documented strategy in yeasts and filamentous fungi to contend with hyperosmolarity (Solé et al., 2014). In the presence of different stimuli (i.e., osmostress), cells must delay the cell cycle progression to allow the adaptive responses to the new environmental conditions before cells trigger vulnerable cell-cycle transition periods. In yeasts such as S. cerevisiae and Schizosaccharomyces pombe, water deprivation induces the phosphorylation of Hog1 kinase, which is involved in regulating all phases of the cell cycle and a rapid cell cycle arrest is observed (Saito and Posas, 2012). Our results suggest that mitogenic checkpoint is sensitive to saturated NaCl concentrations (Saito and Posas, 2012).

Our data also revealed the importance of lncRNAs and RNAs encoding TFs in the transcriptome of A. sydowii at hypersalinity (5.13 M NaCl). While the 42.4% and 69.8% of the total lncRNAs and RNAs encoding TFs were differentially expressed, respectively, only the 27.4% of the mRNAs was differentially expressed. These results reflect the key role that lncRNAs and TFs might play in the transcriptional response of A. sydowii exposed to extremely saline conditions. This study, which represents the first attempt to clarify the role of lncRNAs in response to high NaCl stress in halophilic fungi, opened a new perspective to elucidate the biological functions of lncRNAs in the regulation of gene expression, as exemplified by a great number of lncRNAs that were upregulated at saturated NaCl concentration.

Although molecular adaptations have been studied in some halophilic and halotolerant fungi (Zajc et al., 2013; Liu et al., 2017; Gunde-Cimerman et al., 2018; Turk and Gostinčar, 2018; Ding et al., 2019; Tafer et al., 2019; Lee et al., 2021), so far no high-throughput metabolomics studies were performed to show the potential metabolic reprogramming at high NaCl concentrations. This study is the first attempt at obtaining a comprehensive metabolomic picture in a halophilic fungus. The metabolomic profile showed that various unsaturated C18 fatty acids were downregulated exclusively in supernatants obtained at 1 M NaCl (Table 1). Likewise, the higher abundance of unsaturated C18 fatty acids was observed with A. pullulans, D. salina, H. werneckii, and P. triangularis, when grown under at hypersaline conditions (Turk et al., 2004; Katz et al., 2007; Gunde-Cimerman et al., 2018), and may be attributed to a lower degradation of such compounds. At the same time the aromatic metabolites benzoic acid ester and phenyl-containing alanine derivative were consumed at 5.13 M NaCl reflecting a metabolic switch of the fungus toward non-lipid sources at conditions of NaCl-induced extremely low water activity. An increase in energy production is one of the fundamental adaptations that maintain ion homeostasis and osmotic equilibrium in a hyperosmotic environment (Gostinčar et al., 2011). Priority is given to processes that are essential for cell survival. This metabolic switch we mention seems to allow the fungus to allocate mainly its metabolic energy to ensure processes with high carbohydrate demand such as the biosynthesis of the cell wall and compatible solutes (glycerol, mannitol, arabitol, erythritol, and trehalose). In both, glucose is the starting compound for these synthetic processes. Cell wall thickening by increased β-1,3-glucan and synthesis of compatible solutes are two of the main adaptations to halophily reported for fungi, specifically in the genus Aspergillus: A. niger (Diano et al., 2006), A. nidulans (Mansour, 2017), A. oryzae (Ruijter et al., 2004), A. sydowii (Pérez-Llano et al., 2020; Rodríguez-Pupo et al., 2021) and also reported in this work. This shift to non-lipid sources may also be related to the maintenance of appropriate cytoplasmic membrane fluidity, an important factor for the indispensable functioning of transporter families that are activated in response to osmotic changes in halophilic and halotolerant fungi (Turk et al., 2004).

Interestingly, some metabolites showed massive fold changes (i.e., <1,000; Tables 1 and 2). For example, (E)-prop-1-en-1-yl benzoate, an intermediate in the synthesis of kasanosin C, showed a decrease by more than 10-fold at both NaCl concentrations (1 M and 5.13 M) compared to control cultures obtained in the absence of salt (Table 1). Kasanosin C is an azaphilone, a structurally diverse class of fungal polyketide pigments with affinity for ammonia and amines (Shao et al., 2020). Although polyketide pigments are involved in the resistance to different environmental perturbations, it has been observed that salinity and low temperatures drastically affect the pigment production in fungi such as Talaromyces albobiverticillius (Venkatachalam et al., 2019) and Monascus sp. (Ahn et al., 2006), respectively. Our results also suggested that in A. sydowii high salinity could negatively regulate the production of polyketide pigments (i.e., kasanosin C). These metabolomic findings may be the starting point for designing selective experiments to get a comprehensive understanding about the role of certain metabolites during the fungal growth in the presence of salt stress (Venkatachalam et al., 2019).



CONCLUSION

Based on our previous studies (Jiménez-Gómez et al., 2020; Pérez-Llano et al., 2020; Rodríguez-Pupo et al., 2021), A. sydowii is recognized as a model organism to study the adaptations of filamentous fungi to hypersaline conditions. A. sydowii grows optimally at 1 M NaCl and can grow within the full range from zero to saturated NaCl (5.13 M). In this study a multi-omics approach was used for the first time to study responses of A. sydowii, particularly during extremely growth-limited 5.13 M NaCl.

Analyzing the mRNA profile at saturated NaCl showed 1,842 genes significantly differentially expressed, of which 704 were overexpressed. As revealed by GO analysis, the enriched biological process reflected extensive physiological adaptation to high salt concentrations (5.13 M NaCl), mainly on metabolism and signal transduction. Processes identified previously in other halophilic fungi as crucial for adaptations to hypersaline conditions (Plemenitaš et al., 2008; Zajc et al., 2013), were restructuring of the cell wall, synthesis of compatible solutes, and phosphorylation of the signal transduction system. These adaptations are also crucial for the growth of fungi at low temperatures.

Major changes at the transcriptional level included the HOG signal transduction pathway, ion transporters, and cell wall ultrastructure and morphology. Interestingly, genes encoding chitin synthesis were repressed, exposing the important role on cell growth and increased energy requirements at saturated NaCl of β-1,3-glucans, Ca2+ transporters, and gene products related to polarized growth, morphogenesis, and the cell cycle.

This study also is the first attempt to clarify the role of lncRNAs in response to stress caused by high NaCl concentrations. A great proportion of lncRNAs were upregulated, and the correlation of co-expression levels between the transcriptional regulators (lncRNAs and TFs) and their putative targets associated with GO terms reflected the importance of metabolic processes, protein phosphorylation, protein kinase activity, and plasma membrane composition for the adaptation to high salt concentrations.

Changes at the level of transcriptional reprogramming of amino acid metabolism resulted in altered amino acid biosynthesis pathways, differences in amino acid profiles, and lower quantities of free amino acids. The essential roles of methionine, cysteine, and histidine were particularly exposed. Unlike in other halophilic fungi (Turk et al., 2004), hypersaline conditions did not influence the plasma membrane composition or fluidity. This first metabolomic profiling described the adaptation of a halophilic fungus to saturated NaCl conditions by changing the consumption of media nutrients, including a metabolic switch toward non-lipid sources and differences in the production of secondary metabolites. In summary, this study signals the beginning of an “omic,” and molecular understanding of how halophilic fungi adapt to most extreme salinities that are hostile to most eukaryotic microorganisms.
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Supplementary Figure S1 | Aspergillus sydowii growth curve for 12 days. Fungus was grown in Yeast Malt Agar (YMA): malt extract 10 g/L, yeast extract 4 g/L, dextrose 4 g/L, mycological peptone 5 g/L, agar 20 g/L. A growth curve based on the fungal dry weight was performed under optimal salinity condition (1 M NaCl). The culture reaches the middle exponential growth phase after 4 days. Mycelia and supernatants obtained from triplicate exponential phase cultures of the fungus (4-day-old cultures) were used for all experiments (i.e., determination of amino acids and fatty acids, transcriptomics, and metabolomics).

Supplementary Figure S2 | Principal component analysis (PCA) and principal component variable grouping (PCVG) of A. sydowii grown under low and high-salt conditions. The scores plot (top left panel) was used to visualize the pattern among samples. The loading plots (top right panel) with PCVG were utilized to detect the features that contributed to the separation of the samples. The profile plots (bottom panels) were used to verify the intensity of the features differentially abundant in A. sydowii grown in low (1 M NaCl) and high salt conditions (5.13 M NaCl). The meaning of the circle’s color (excepting those in PCVG) is as following: black circles, A. sydowii in 1 M NaCl; green circles, A. sydowii in 5.13 M NaCl; red circles, control media 1 M NaCl; blue circles, control media 5.13 M NaCl, and pink circles, QC (pooled samples at equal amounts) samples. Figures were retrieved from MarkerView Software. Chemical structures were drawn by ChemDraw Professional 16.0.

Supplementary Table S1 | Upregulated transcripts of A. sydowii EXF-12860 at 5.13 M NaCl compared to 1 M NaCl.

Supplementary Table S2 | Downregulated transcripts of A. sydowii EXF-12860 at 5.13 M NaCl compared to 1 M NaCl.

Supplementary Table S3 | Transcriptomic expression of A. sydowii EXF-12860’s genes related to amino acid metabolism at 5.13 M NaCl compared to 1 M NaCl.

Supplementary Table S4 | Transcriptomic expression of A. sydowii EXF-12860’s genes related to fatty acids metabolism at 5.13 M NaCl compared to 1 M NaCl.

Supplementary Table S5 | Transcriptomic expression of A. sydowii EXF-12860’s genes related to cell cycle, high glycerol pathway (HOG), compatible solutes, cell wall, pheromone synthesis, cellular membrane transporters, calcium pathway, and morphology at 5.13 M NaCl compared to 1 M NaCl.
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Phosphorus (P) is one of the most critical macronutrients in forest ecosystems. More than 70 years ago, some Chilean Patagonian temperate forests suffered wildfires and the subsequent afforestation with foreign tree species such as pines. Since soil P turnover is interlinked with the tree cover, this could influence soil P content and bioavailability. Next to soil microorganisms, which are key players in P transformation processes, a vital component of Patagonian temperate forest are lichens, which represent microbial hotspots for bacterial diversity. In the present study, we explored the impact of forest cover on the abundance of phosphate solubilizing bacteria (PSB) from three microenvironments of the forest floor: Peltigera frigida lichen thallus, their underlying substrates, and the forest soil without lichen cover. We expected that the abundance of PSB in the forest soil would be strongly affected by the tree cover composition since the aboveground vegetation influences the edaphic properties; but, as P. frigida has a specific bacterial community, lichens would mitigate this impact. Our study includes five sites representing a gradient in tree cover types, from a mature forest dominated by the native species Nothofagus pumilio, to native second-growth forests with a gradual increase in the presence of Pinus contorta in the last sites. In each site, we measured edaphic parameters, P fractions, and the bacterial potential to solubilize phosphate by quantifying five specific marker genes by qPCR. The results show higher soluble P, labile mineral P, and organic matter in the soils of the sites with a higher abundance of P. contorta, while most of the molecular markers were less abundant in the soils of these sites. Contrarily, the abundance of the molecular markers in lichens and substrates was less affected by the tree cover type. Therefore, the bacterial potential to solubilize phosphate is more affected by the edaphic factors and tree cover type in soils than in substrates and thalli of P. frigida lichens. Altogether, these results indicate that the microenvironments of lichens and their substrates could act as an environmental buffer reducing the influence of forest cover composition on bacteria involved in P turnover.

Keywords: Chilean Patagonia, lichen microbiome, Nothofagus forests, phosphorus cycling, Peltigera


INTRODUCTION

Lichens are important components of the cryptogamic biota in forest ecosystems and represent interesting ecological niches for microorganisms. Beyond the classical definition of lichens, which includes a mutualistic symbiotic association between a fungus (mycobiont) and one or more photosynthetic microorganisms (photobiont/s; Nash, 2008), these organisms also harbor an associated microbiome (Cernava et al., 2015; Leiva et al., 2016, 2021; Aschenbrenner et al., 2017; Hawksworth and Grube, 2020). In recent years, lichen-associated bacteria have been described as forming a highly structured biofilm covering the lichen thallus (Grube and Berg, 2009; Bates et al., 2011; Hodkinson et al., 2012), which can play an essential role in lichens by facilitating, for example, the supply of crucial nutrients and therefore making their survival and growth possible in nutrient-poor substrates (Grimm et al., 2021). Besides, these bacterial communities associated with lichens could play an essential role in forest nutrition because of their potential to express enzymes driving carbon turnover, including cellulase, xylanase, and amylase, as well as their ability to fix nitrogen and solubilize phosphate (González et al., 2005; Liba et al., 2006; Selbmann et al., 2010; Cardinale et al., 2012; Sigurbjörnsdóttir et al., 2016; Almendras et al., 2018a,b). These bacterial communities associated with the lichen thallus are more than only an extension of those found in the substrate where the lichens grow, but an additional component of the traditional symbiosis, mainly due to the dissimilarity in abundance and the presence of specific bacterial groups throughout different lichens (Bates et al., 2011; Cardinale et al., 2012; Printzen et al., 2012; Leiva et al., 2016, 2021).

Phosphorus (P) is one of the most critical macronutrients in all ecosystems, and consequently, P availability in soils also affects the growth and performance of lichens. Microorganisms, including bacteria, play an important role by making P bioavailable (Richardson et al., 2001; Sashidhar and Podile, 2010; Chhabra et al., 2013; Sharma et al., 2013; Zhao et al., 2014). The way used by microorganisms to increase P bioavailability depends on phosphate bindings with organic and mineral molecules. The solubilization of organic phosphate involves several key enzymes, including alkaline and acid phosphatases, phytases, and phosphonatases (Rodríguez et al., 2006; Sharma et al., 2013). Mineral phosphate solubilization depends on the production of organic acids, which is essential for the dissolution of many poorly soluble mineral phosphates. The most studied organic acid is gluconic acid, produced by the membrane-bound glucose dehydrogenase, which catalyzes the direct oxidation of glucose (Goldstein, 1995). In forests, litterfall is the primary route of nutrient returns to the soil, releasing nutrients by decomposition (Osman, 2013). However, different plant species differ in the amount and quality of organic matter they add to the soil (Hooper et al., 2000; Finér et al., 2007; Šnajdr et al., 2013). Therefore, tree species may differently influence soil chemical properties, such as the pH or the relative content and chemical form of macronutrients (Binkley and Valentine, 1991; Augusto et al., 2000; Frouz et al., 2009; Iovieno et al., 2010). For example, P fluxes in coniferous and deciduous forests differ, with the concentration of P in the forest floor under coniferous trees being about three times higher than in deciduous forests, probably because the P content of coniferous foliage is larger than in deciduous one (Sohrt et al., 2017).

Peltigera frigida is one of the most conspicuous lichens in forests of the Coyhaique National Reserve in Aysén Region (Leiva et al., 2016), but its abundance is low in other parts of Southern Chile (Ramírez-Fernández et al., 2013; Zúñiga et al., 2015). It has been proposed that its adaptation could be partly due to the peculiarities of its microbiome (Leiva et al., 2021), as it could be related to soil properties due to vegetation composition and historic events suffered by the study site (Fajardo and Gundale, 2015). In particular, the main events affecting the study site were wildfires and subsequent reforestation with pines, which are reported as crucial drivers of phosphorus availability (Dickie et al., 2014; Butler et al., 2018).

Based on this information, we asked if the microenvironments associated with the terricolous cyanolichen P. frigida (thallus and substrate) reduce the influence of the tree cover type on the diversity of phosphate solubilizing bacteria (PSB). This question is driven by previous studies showing that P. frigida thalli and substrates constitute different microenvironments that select specific bacterial communities (Leiva et al., 2016, 2021), which could reduce the impact that the tree cover type exerts on the diversity of PBS in soils without lichen influence. In order to answer this question, we investigated the diversity of PSB along a gradient including sampling sites from mature native forest to second-growth forests afforested with exotic pines in the Coyhaique National Reserve (Aysén Region, Chile), considering three microenvironments related to the forest floor: (i) P. frigida thalli, (ii) their associated substrate (i.e., the soil beneath each thallus), and (iii) forest soil without lichen influence.



MATERIALS AND METHODS


Selection and Characterization of Sampling Sites

The Coyhaique National Reserve (45°31′42.96”S, 72°1′51.95”W) is located in the Aysén Region of Southern Chile. In this reserve, deciduous forests with a predominance of Nothofagus pumilio constitute the typical vegetation. The native mature forests were affected by several wildfires in the region between 1930 and 1950 (Quintanilla Pérez, 2007; Fajardo and Gundale, 2015), after which natural regeneration resulted in native second-growth forests. Also, to protect the soil from erosion, plantations of various kinds of pines (mainly Pinus contorta) were part of afforestation programs organized by local authorities. However, the study area is not currently exposed to regular management practices since it is a protected area, and then the current forest community is the result of long-standing colonization.

Five ~200 m transects away ~300 m from each other (S1 to S5) were selected along a gradient in the forest cover composition present in the reserve trails (Supplementary Figure S1).

Forest cover at each site was estimated using the middle of the intercept point (Goodall, 1952) and the point-centered quarter (Mitchell, 2010) methods. The first one was used to calculate the relative coverage (RC) of each species in 2 m height, according to the formula [image: image], where ni is the frequency of the species i and NT is the number of sampling points per site (Supplementary Table S1). The second method was used to calculate various indices from the field-collected data for each site (Supplementary Tables S2–S6). In this method, a reference point was selected every 20 m and divided into four quadrants. The closest tree was described at each of these quadrants by three parameters: species, distance to the reference point (di), and circumference at breast height (CBH). Then, three basic values were calculated: the radius of the tree trunk (r), according to the formula [image: image]; the basal area covered by each tree with the formula [image: image]; and the total density (TD) of each species following [image: image], where Q is the total number of sampled trees. After this, the relative density (RD) of each species was calculated with the formula [image: image], where ni corresponds to the total number of trees of each species. The absolute density (D) was calculated dividing the relative density by the total density according to [image: image]. Additionally, five other indices were calculated by the point-centered quarter method (Supplementary Table S7). The frequency (F) was calculated according to the formula [image: image], where ji is the total number of points of each species, and k is the number of sampled points. Then, the relative frequency (RF) was calculated by dividing the F value of each species by the sum for all three species, according to [image: image]. The coverage (C) of each species was calculated with the formula [image: image], and the relative coverage (RC) by [image: image]. Finally, the importance value (IV) was calculated according to the formula [image: image], where the relative density (RD) of each species was calculated with the formula [image: image], where ni corresponds to the total number of trees of each species and Q is the total number of sampled trees. The importance value was relativized as Relative Importance (proportion of the total importance value) as it is easier to compare.



Samples Collection

From the transect defined at each study site, five Peltigera frigida thalli and their associated substrates (Supplementary Table S8), alongside five soil samples from the surroundings (Supplementary Table S9), were collected. The lichen-associated samples were collected at least 1 m from the next closest to minimize the resampling of the same genetic individual. Besides, the soil samples were collected at least 1 m away from any lichen. The samples were placed in paper bags and transported in cooled containers. In the laboratory, the thalli were separated from the attached substrate with sterile brush and spatula. Thallus samples were stored in paper bags at room temperature, while the substrate and soil samples were sieved and stored in plastic tubes at −20°C.



Physicochemical Parameters

From each soil sample, physicochemical parameters were determined as follows: pH was measured by potentiometry using a 1:2 ratio in 1 M KCl. Moisture content (MC; Steubing et al., 2002) and total organic matter (TOM; Sadzawka et al., 2006) were calculated gravimetrically before and after desiccation and calcination, respectively. Nitrate (N-NO3−), ammonium (N-NH4+), and phosphorus (P Bray) concentrations were measured spectrophotometrically from 1:10 soil extracts in deionized water, 1 M KCl, and Bray 1 extract, respectively (Bray and Kurtz, 1945; Steubing et al., 2002). Phosphorus sequential fractionation was determined by following Hedley’s protocol (Hedley et al., 1982) with the modification of do Nascimento et al. (2015). The soil was sequentially extracted with distilled water, 0.5 M NaHCO3 (pH 8), 0.1 M NaOH, and mineral phosphorus (Pm) was calorimetrically quantified (Murphy and Riley, 1962). Subsequently, all samples were digested with H2SO4 and K2S2O8 to determine organic phosphorus (Po) as the difference between total and mineral phosphorus (Po = Pt-Pm).



DNA Extraction

DNA was extracted from thallus, substrate, and soil samples using the DNeasy PowerSoil Kit (Qiagen), with 0.25 g per soil and substrate samples, as suggested by the manufacturer, and 0.15 g per thallus sample according to pre-experiments performed (data not shown). Modifications compared to the standard protocol included an overnight incubation at 4°C after adding the precipitation solution C2 (step 8) and an increase in time from 30 s to 1 min for the centrifugation steps after bead beating (step 6), ethanol washing (step 16), and elution (step 21).



Identification of the Lichen Symbionts

From the DNA of lichen thalli, mycobionts were identified by analyzing the fungal 28S rDNA region amplified with primers LIC24R (Miadlikowska and Lutzoni, 2000) and LR7 (Vilgalys and Hester, 1990), and the ITS region amplified with primers ITS1F (Gardes and Bruns, 1993) and ITS4 (White et al., 1990). In addition, photobionts were identified using the cyanobacterial 16S rDNA region with the primers PCR1 and PCR18 (Wilmotte et al., 1993). All amplicons were sequenced with the forward primers using the Genetic Analyzer 3730XL (Applied Biosystems) using a sequencing service (Macrogen, Seoul, Korea).

Mycobiont identity was confirmed by a de novo phylogenetic analysis of the 28S and ITS sequences, carried out on the T-BAS web platform using the Peltigera reference tree (Carbone et al., 2019). In the case of the cyanobionts, the evolutionary history was inferred using the Neighbor-Joining method. For this, evolutionary distances were calculated using Kimura’s 2-parameter method, as suggested by MEGA7 (Kumar et al., 2016). The analysis involved 55 nucleotide sequences, including those from this work and reference sequences obtained from both cyanolichens and free-living cyanobacteria. All positions containing deletions were removed. Evolutionary analyses were performed in the software MEGA7 (Kumar et al., 2016). Finally, the phylogenetic tree was edited in iTOL (Letunic and Bork, 2019).



Quantification of Genes Related to Phosphate Solubilization

Using the DNA obtained from the thallus, substrate, and soil samples, quantification of the bacterial markers for phosphate solubilization, including the quinoprotein glucose dehydrogenase gene (gcd), alkaline phosphatase gene (phoD), acid phosphatase gene (phoN), phytase gene (appA), and phosphonoacetaldehyde hydrolase gene (phnX), was performed using quantitative PCR (qPCR) on an ABI 7300 Real-time PCR System (Kurth et al., 2020) and specific primers for each gene (Bergkemper et al., 2016a). These primers were reported as specific for bacteria, except phoD, which amplified genes related to some fungi but not Peltigera (Bergkemper et al., 2016a). Therefore, hereinafter we refer to phosphate solubilizing bacteria (PSB), although we cannot discard the presence of fungal genes related to P turnover. In addition, the 16S rRNA gene was also quantified as a marker for bacterial abundance (Kurth et al., 2020).

After each qPCR run, a melting curve analysis was performed to verify the amplicon specificity. The quantification of the target gene was conducted by using serial dilutions of plasmid-encoding the target genes (107 to 101 gene copies μl−1). Details on the used standards were published previously (Bergkemper et al., 2016b). All samples were diluted 1:4 to avoid inhibition during amplification caused by co-extracted humic substances based on a previous dilution test (data not shown). The efficiency of the qPCR was calculated as Efficiency (%) = [10(−1/slope) − 1]. Values were always above 85%, while the R2 of the standard curve was above 0.99.



Data Analysis

The abundance data of phosphate solubilization genes were log10 transformed and subjected to the Shapiro–Wilk test. The abundance of genes and physicochemical parameters were compared using one-way ANOVA and Tukey’s multiple comparison test. Non-metric multidimensional scaling (NMDS) analysis and pairwise Adonis test were performed based on Bray-Curtis distance, while redundancy analysis (RDA) was based on Euclidean distance and a stepwise selection of environmental variables using the ordiR2step function. All statistical tests and graphics were performed in R Studio (R version 3.5.3) using the vegan (Oksanen et al., 2017) and ggplot (Wickham, 2016) packages.




RESULTS


Characterization of the Study Sites

For this study, we selected five sampling sites representing different tree cover types. The first transect is located in a native N. pumilio mature forest (S1); the second one is spanning the transition between the native mature forest and a native second-growth forest (S2); the third one is located in the second-growth forest (S3); the fourth one is in the transition between the native second-growth forest and a second-growth forest of N. pumilio with the presence of pine specimens (S4); and finally, the last transect is the native second-growth forest with the presence of pine specimens (S5).

The first method used to estimate the forest cover, the middle of the intercept point method, calculates the relative coverage of the canopy of a tree species at a certain height (in this case, 2 m). The sum of this variable can reach values greater than 1 since the canopies of the trees overlap. According to this method, N. pumilio had the highest relative tree canopy coverage in all five sites. The sites S2 and S3, with second-growth forests, showed a less relative coverage of the tree canopy of N. dombeyi. Finally, the presence of P. contorta displaced the relative coverage of N. dombeyi in sites S4 and S5 (Table 1). The second method, the point-centered quarter method, calculates relative importance as the sum of the relative density, relative frequency, and relative volume for each species, being a way of measuring tree dominance. According to this method, N. pumilio is the most dominant tree species in all the forest sites, but it decreases in S4 with a concomitant increase of N. dombeyi, while P. contorta increased its dominance from S4 to S5 (Table 1). In summary, from S1 to S5, there is a decrease in the coverage of N. pumilio and an increase in that of P. contorta. N. dombeyi was also present but with no apparent coverage gradient among the sites (Table 1).



TABLE 1. Forest cover of the arboreal species present in the different sites (Nothofagus pumilio, Nothofagus dombeyi, and Pinus contorta).
[image: Table1]

The physicochemical characteristics of the soils of the five sites are summarized in Table 2. Total organic matter, P Bray, soluble Pm (Pm-H2O), labile Pm (Pm-HCO3−), and labile Po (Po-HCO3−) were significantly higher in S5 than in S1. Notably, soluble Pm was about 15-fold higher, while P-Bray was 3-fold higher in S1 than S5. Conversely, moisture content and N-NO3− tend to significantly decrease from S1 to S5. Finally, pH was higher in S2 and S4 than in S3 and S5, while N-NH4 and Po-NaOH were similar in all sites.



TABLE 2. Physicochemical parameters of the soil samples from the different sites.
[image: Table2]



Abundance of Phosphate Solubilization Marker Genes

Five specimens of P. frigida thalli were selected from each of the study sites. The identification of the mycobionts was confirmed by a phylogenetic analysis based on the 28S rRNA gene (Supplementary Figure S2) and the ITS hypervariable region (ITS-HR; Miadlikowska et al., 2003; Supplementary Figure S3). Further, all specimens selected were associated with the same photobiont haplotype namely Nostoc sp. C01 (Zúñiga et al., 2015) according to a 16S rRNA gene-based phylogenetic analysis (Supplementary Figure S4).

From the samples of the three different microenvironments (i.e., P. frigida thalli, substrates, and the surrounding soils) collected from the five sites (i.e., S1 to S5), we measured by qPCR the relative abundance of one gene that codes for an enzyme that triggers mineral phosphate solubilization (gcd), four genes that codes for enzymes involved in organic phosphate solubilization (phoD, phoN, appA, phnX), and the 16S rRNA gene as a bacterial marker (Figure 1). The quinoprotein glucose dehydrogenase gene (gcd; Figure 1A) was the most abundant marker in all soil samples, and unexpectedly its abundance was ~40,000 times higher in soils than in substrates and ~ 3,000 times higher in soils than in thalli in all the study sites. However, there were no significant differences in the abundance of this marker gene comparing the same microenvironment among the sampling sites. The abundance of the alkaline phosphatase marker gene (phoD; Figure 1B) also did not show differences when comparing the sampling sites, and although in the microenvironments of the extreme sites (i.e., S1 and S5) its abundance did not show significant differences, in the soil samples of the intermediate sites its abundance was significantly lower than in substrates and thalli. On the contrary, the abundance of the acid phosphatase marker gene (phoN; Figure 1C) was significantly less abundant in the extreme sites (i.e., S1 and S5) than in the other sites, independent of the microenvironment. The abundance of the phytase marker gene (appA; Figure 1D) and the phosphonoacetaldehyde hydrolase marker gene (phnX; Figure 1E) had the highest variation in soils throughout the sites, but appA showed the highest abundance in thalli and phnX in substrates. Finally, the 16S rRNA marker gene (Figure 1F) abundance almost did not change among sites, except for the soil samples from S5 that presented the highest abundance for this microenvironment. However, the abundance of the bacterial marker gene was significantly higher in thalli than in soils and substrates from the intermediate sites (i.e., S2 to S4).

[image: Figure 1]

FIGURE 1. Abundance of phosphate solubilization markers per site. Each value is the mean ± SD of five replicates. Different lowercase and capital letters represent significant difference (p < 0.05; one-way ANOVA) between microenvironments and sites, respectively. (A) Quinoprotein glucose dehydrogenase gene (gcd). (B) Alkaline phosphatase gene (phoD). (C) Acid phosphatase gene (phoN). (D) Phosphonatase gene (appA). (E) Phosphonoacetaldehyde hydrolase gene (phnX). (F) 16S rRNA gene as marker for bacterial abundance.




Relation of Explanatory Variables With the Diversity of Phosphate Solubilizing Marker Genes

NMDS multivariate analysis of the diversity of phosphate solubilization marker genes shows a clear separation of soil samples from those of lichen-associated microenvironments (i.e., substrates and thalli) in all the sampling sites (Figure 2A; Table 3). On the contrary, the separation of substrate and thallus samples, although statistically significative, is partially overlapped, being more evident in the intermediate than in the extreme sampling sites (i.e., S1 and S5). When comparing the diversity in the different sampling sites (Figure 2B; Table 4), there are two well-defined groups, the first one including S2, S3 and S4, and the second one including S1 and S5. Notoriously, the 95% ellipse encompassing the points of S1 is the largest one and encloses the 95% ellipse of S5, which is noticeably smaller.

[image: Figure 2]

FIGURE 2. Non-metric multidimensional scaling (NMDS) multivariate analysis of the diversity of phosphate solubilization marker genes based on Bray-Curtis distance. Ellipses of 95% confidence are included for enclosing samples from each microenvironment (A; i.e., thallus, substrate, and soil) and sites (B; i.e., S1 to S5).




TABLE 3. PERMANOVA (adonis function in R) to evaluate the effect of the microenvironment on the distribution of the variance of each sample type.
[image: Table3]



TABLE 4. PERMANOVA (adonis function in R) to evaluate the effect of the site on the distribution of the variance of each sample type.
[image: Table4]

To determine the effect of the edaphic and tree cover parameters on the abundance of phosphate solubilizing genes, we performed redundancy analyses (RDA) and ordistep for selecting the variables that significantly contribute to the model. The RDA analysis of soil samples, which explained 60.1% of the total variance, corroborates that sites S2, S3, and S4 grouped closely together and that S1 is the most diverse of all sites, in contrast to S5, which is the less diverse (Supplementary Figure S5A). The variables that significantly contributed to this model were the relative abundance of tree canopies of N. pumilio, N dombeyi, and P. contorta, pH, and the labile fraction of inorganic mineral phosphorus (Pm-HCO3−; Table 5). On the other hand, the variance explained by the RDA analyses for substrates (Supplementary Figure S5B) and thalli (Supplementary Figure S5C) are not robust enough (36.7 and 47.5% of the total variance explained, respectively) to appropriately assert patterns of phosphate solubilizing bacteria diversity. In these cases, the only significant explanatory variables were the relative abundance of N. pumilio tree canopies and the labile fraction of mineral phosphorus (Pm-HCO3−), respectively (Table 5).



TABLE 5. Stepwise selection of significant environmental factors explaining the abundance variation of phosphate solubilization and mineralization markers.
[image: Table5]




DISCUSSION

We assessed the abundance of phosphate solubilizing bacteria (PSB) in three microenvironments related to the forest floor: (i) Peltigera frigida thalli, (ii) their associated substrate (i.e., the thallus subjacent soil), and (iii) the forest soil. These habitats were assessed in five sites with different tree cover in the Coyhaique National Reserve of the Chilean Patagonia characterized by temperate forests of Nothofagus species (Donoso, 1993; Veblen et al., 1996; Fajardo and González, 2009). We selected five sites representing: a native mature forest (S1), a native second-growth forest (S3), a native second-growth forest with the presence of pine specimens (S5), and the transition zones between these vegetative formations (S2 and S4, respectively). According to the methods used to calculate the forest coverage, N. pumilio was the dominating tree species with the greatest relative importance and coverage at all sites, and P. contorta was increasing its abundance in the last two sites (S4 and S5) with a decrease of N. dombeyi.


The Abundance of PSB in Forest Soils Is Affected by the Tree Cover Type

Changes in the soil P content are influenced by multiple and diverse factors. One of them are wildfires, which in Patagonian forests has been reported to have long-term effects on soil properties, such as decreases in organic C and N and increases in pH and extractable P (Alauzis et al., 2004). Another factor is the influence of trees on soil chemical properties through their root exudates and the loss of their leaves in deciduous species (such as N. pumilio), contributing to changes in pH and the relative content and availability of macronutrients (Binkley and Valentine, 1991; Augusto et al., 2000; Frouz et al., 2009; Iovieno et al., 2010). Additionally, enzymatic activities of phosphorus solubilizing microorganisms could also affect the soil P content, which not only responds to the soil P availability but also to the balance with other nutrients, mainly nitrogen (Sorkau et al., 2018). In fact, Margalef et al. (2017) showed that the availability of nitrogen in soil is the main factor explaining phosphatase activity in temperate climates.

The quantification of the PSB marker genes in the soil samples evidenced two noticeable results. The first one was the high abundance of gcd, which codes an enzyme that allows the direct oxidation of glucose to gluconic acid, one of the main mechanisms of extracellular Pm solubilization studied in bacteria (Sharma et al., 2013; Sindhu et al., 2014; An and Moe, 2016). Therefore, the solubilization through gluconic acid of Pm from mineral complexes found in soils would be important in the sampling sites. There are other organic acids such as malic, lactic, citric and oxalic acids, which can also solubilize Pm (Sharma et al., 2013), but they have been less studied in this regard because the enzymes associated with their production play different intracellular roles and could be not relevant in the P cycle (Grafe et al., 2018). The second one was the pattern of abundance of the acid phosphatase marker gene (phoN), which was lower in the extreme sampling sites (i.e., S1 and S5) and more similar to each other than to the abundance in the intermediate sites. This could be related, in part, to the higher values of available nitrogen (ammonium plus nitrate) measured in the extreme sampling sites regarding the transition sampling sites (i.e., S2 and S4). In addition, the intermediate sites (S2-S3-S4) correspond to sectors of young trees and, therefore, they have a more active growth than those in the mature forest (S1) and then a greater demand for phosphorus that could explain the higher abundance of this marker gene. The measured pH in the soil samples (5.3 to 5.6), suggests that the activity of the enzyme coded by phoN could be more relevant than the activity of the alkaline phosphatase (encoded by phoD), as has been shown for other forest soils (Staddon et al., 1998; Herbien and Neal, 2008).

On the other hand, the growth dynamics of the tree species present in the sampling sites is different. P. contorta is a fast-growing exotic conifer, which would demand higher amounts of nutrients, such as P, compared to the native species N. pumilio (Fajardo and Gundale, 2015). Our results are in accordance with a comparative study about the P flux in coniferous and deciduous forests of the northern hemisphere, where the concentration of P in the forest floor under coniferous trees was about three times higher than in deciduous forests (Sohrt et al., 2017). Since the P content of coniferous foliage is larger than in deciduous one (Sohrt et al., 2017) and litterfall plays a critical role in nutrient cycling (Attiwill and Adams, 1993), the tree cover could affect the abundance of phosphate solubilizing microorganisms in soils. Indeed, in our study, the tree cover type strongly affected the abundance of PSB in the forest soil, being the relative coverage of all three tree canopies identified as a significant driver. The most noteworthy result regarding the effect of the tree cover influence on the PSB marker genes is the reduced diversity detected in the site with the highest presence of pines (S5) compared with the site of native mature forest (S1), although in the former the number of bacteria is higher.

Other significant explanatory variables were the pH, reported as one of the main factors controlling bacterial communities in soils (Fierer and Jackson, 2006), and labile Pm, which could be the primary source of P for PSB (Sims and Pierzynski, 2005). pH was higher in the transition zones (S2 and S4) than in the native second-growth forests independently of the presence of pines (S3 and S5), but we found a significant increasing gradient of total organic matter and various phosphorus fractions from the native mature forest (S1) to the native second-growth forest with the presence of pine specimens (S5). Although the phosphorus content values in our samples were in the range of soils in southern Chilean forests (Redel et al., 2008), differences were still observed between the sites.

It is important to mention that other factors, such as rhizospheric exudates and the association with mycorrhizae, could affect soil P dynamics (Chen et al., 2008). Interestingly, all the tree species of our study associate with ectomycorrhizal fungi (Bradbury et al., 1998; Godoy and Marín, 2019), which are highly efficient in P turnover by combining a high capacity to explore soils, the formation of polyphosphates, and the activity of acid phosphatase and phytase enzymes (Chen et al., 2008). However, they are affected by forest anthropogenic disturbances such as fires and afforestation (Marín et al., 2017), which could explain our observations that some bacterial markers related to the solubilization of organic phosphate (e.g., phoN) were lower in the soils of the sites where ectomycorrhizae would be contributing more importantly to the P turnover (i.e., S1 and S5).

Our results reinforce the concept that microorganisms are susceptible to changes in environmental conditions and management practices; thus, they are good indicators for assessing changes in soil quality or soil recovery from disturbances (Quintanilla Pérez, 2007), such as the afforestation with exotic trees after wildfires. A deep understanding of microbial communities in forest habitats with different forest cover is then essential for predicting the response of forest ecosystems to changes in environmental conditions (Lladó et al., 2017).



Lichen Microhabitats Shape Their Associated Bacteria, Reducing the Impact of the Tree Cover on the Abundance of PSB

Thalli and substrates could be considered microenvironments with a high level of nutrient turnover (N, P or C), as biological soil crusts (Kurth et al., 2021) or the rhizosphere (Kuzyakov and Blagodatskaya, 2015). According to our results, the solubilization of Po from stable molecules such as phytate (through the enzyme coded by appA) or phosphonate (through the enzyme coded by phnX) seems to be more important in these microenvironments, respectively, than the solubilization of Pm, which would be more relevant in soils due to the higher abundance of the gcd marker gene. Phytate is accumulated by plants (Balaban et al., 2016), and to a lesser extent by microorganisms (Turner et al., 2021), as a P storage compound. The capacity to hydrolyse phytate has been reported as widespread among lichens, which potentially contributes to P capture from atmospheric deposits and plant leachates (Higgins and Crittenden, 2015). Phosphonates, on the other hand, can be found in membranes or excretions of microorganisms (Horsman and Zechel, 2017; Calcott et al., 2018) and groups of phosphonate biosynthetic genes have been reported in lichenized Nostoc (Gagunashvili and Andrésson, 2018). Therefore, considering the close contact between the thallus and the substrate in foliose lichens, as P. frigida, that the secondary metabolites produced by the lichen would diffuse to its substrate (Leiva et al., 2016), and that the main photobiont of Peltigera lichens were detected in both thalli and substrates (Zúñiga et al., 2017), the lichen-related microenvironments could be a rich medium in this type of compounds.

As an essential element, P plays a relevant role as a limiting macronutrient in the growth and activity of lichens. For example, it has been observed that a single immersion in phosphate solution can double the annual growth of the lichen Lobaria pulmonaria (McCune and Caldwell, 2009), as well as that fertilization with P, could increase nitrogen fixation in the cyanolichens Peltigera aphtosa and Peltigera polydactyla (Weiss et al., 2005). Considering the relevance of P in the development of lichens, different studies have been focused on the possible role that the lichen microbiota would be playing in functions related to phosphate solubilization processes. Indeed, several publications report potential PSB in lichen thalli (Bates et al., 2012; Grube et al., 2015; Sigurbjörnsdóttir et al., 2015). Thus, despite the lower abundance of organic phosphate solubilizers in comparison to mineral phosphate solubilizers, the former could play an essential role in recycling the old parts of the thallus (Grube et al., 2015), releasing phosphate that members of the lichen symbiosis could use. It is important to highlight that phosphatase and phytase activity have been reported in several species of lichens (Whiteford et al., 2010; Higgins and Crittenden, 2015), attributed to lichen enzymes being produced by the mycobiont. However, the primers chosen for this study were designed to amplify bacterial genes (Bergkemper et al., 2016a), which would indicate that the lichen microbiome is at least contributing to P turnover. However, since the lichens of this study are terricolous (i.e., their substrate is soil), the high abundance of the gcd gene, as the molecular marker of mineral phosphate solubilizers, is in accordance with analyses of metagenomes of soils where this is the most abundant gene of a set of 40 genes that encode enzymes related to the P cycle (Bergkemper et al., 2016b; Grafe et al., 2018).

Previous studies have found that thalli and substrates constitute microenvironments that differentially structure the associated microbial communities (Grube and Berg, 2009; Bates et al., 2011; Hodkinson et al., 2012; Ramírez-Fernández et al., 2014; Leiva et al., 2016). In particular, a recent study has shown that the bacterial community associated with P. frigida thalli is more than a mere extension of the microbiota of their substrates, with several bacterial being highly abundant in lichens but almost absent in substrates (Leiva et al., 2021). In our study, some markers of P turnover were more abundant in thalli, which could be related to the fact that part of bacteria related to this function would be recruited from the substrates and would later be enriched in the thalli. This proposition is related to Cardinale et al. (2012), who suggests that those microbial groups with specific functions within the microbiome would be acquired from the new environment colonized by lichen propagules because they are better adapted to local conditions.

In contrast to soils, PSB in substrates and thalli were only correlated with N. pumilio cover and labile Pm, respectively, and RDA analysis did not explain much of the variance. This supports our proposal that the microenvironments of lichens and their substrates act as an environmental buffer reducing the influence of forest cover composition on bacteria involved in P turnover, and that other factors driving the association with lichens could be of importance, like microbiome specificity.




CONCLUSION

Although the phosphorus turnover in forests is a complex process involving not only different organisms, such as plants, fungi, and bacteria, but also their interactions, altogether our results show that the diversity of genes related to phosphate solubilizing bacteria in forest soils is strongly affected by the tree cover. Conversely, lichens could act as an environmental buffer reducing the influence of forest cover composition on their associated bacteria involved in phosphorus turnover.
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The virus-to-prokaryote ratio (VPR) has been used in many ecosystems to study the relationship between viruses and their hosts. While high VPR values indicate a high rate of prokaryotes' cell lysis, low values are interpreted as a decrease in or absence of viral activity. Salar de Huasco is a high-altitude wetland characterized by a rich microbial diversity associated with aquatic sites like springs, ponds, streams and a lagoon with variable physicochemical conditions. Samples from two ponds, Poza Rosada (PR) and Poza Verde (PV), were analyzed by epifluorescence microscopy to determine variability of viral and prokaryotic abundance and to calculate the VPR in a dry season. In addition, to put Salar de Huasco results into perspective, a compilation of research articles on viral and prokaryotic abundance, VPR, and metadata from various Southern hemisphere ecosystems was revised. The ecosystems were grouped into six categories: high-altitude wetlands, Pacific, Atlantic, Indian, and Southern Oceans and Antarctic lakes. Salar de Huasco ponds recorded similar VPR values (an average of 7.4 and 1.7 at PR and PV, respectively), ranging from 3.22 to 15.99 in PR. The VPR variability was associated with VA and chlorophyll a, when considering all data available for this ecosystem. In general, high-altitude wetlands recorded the highest VPR average (53.22 ± 95.09), followed by the Oceans, Southern (21.91 ± 25.72), Atlantic (19.57 ± 15.77) and Indian (13.43 ± 16.12), then Antarctic lakes (11.37 ± 15.82) and the Pacific Ocean (6.34 ± 3.79). Physicochemical variables, i.e., temperature, conductivity, nutrients (nitrate, ammonium, and phosphate) and chlorophyll a as a biological variable, were found to drive the VPR in the ecosystems analyzed. Thus, the viral activity in the Wetland followed similar trends of previous reports based on larger sets of metadata analyses. In total, this study highlights the importance of including viruses as a biological variable to study microbial temporal dynamics in wetlands considering their crucial role in the carbon budgets of these understudied ecosystems in the southern hemisphere.
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Introduction

Viruses are the most abundant components in the biosphere, far exceeding the number of bacteria and, anecdotally, even exceeding the number of stars in the visible universe (Griffin, 2013). Only in the oceans virus-like particles (VLP) reach between 104 to 108 per milliliter of seawater (Weinbauer, 2004; Clasen et al., 2008a; Payet et al., 2014) and 105 to 107 VLP mL−1 in others aquatic ecosystems such as wetlands (Jackson and Jackson, 2008). Viruses are dynamic and important components in many terrestrial and marine ecosystems (Srinivasiah et al., 2008). They can control the composition of communities, influence biogeochemical cycles, and induce horizontal gene transfer (Syvanen, 2012; Breitbart et al., 2018).

The virus to prokaryotic ratio (VPR) has been widely used by researchers (Wommack and Colwell, 2000; Weinbauer, 2004; Parikka et al., 2016) to study the relationship between viral communities and other microorganisms (whether bacteria or archaea) in the environment. This index determines the incidence that viruses have on their hosts, i.e., high values of VPR indicate that a high viral dynamic is taking place and, consequently, a high rate of prokaryotic cell lysis (Wommack and Colwell, 2000). In contrast, low values are interpreted as a decrease in or absence of viral activity (Wommack and Colwell, 2000; Weinbauer, 2004; Parikka et al., 2016). Despite the differences in the amount of VLPs in environments such as oceans, rivers, lakes, groundwater, soil, and marine sediments (Clasen et al., 2008b; Srinivasiah et al., 2008; Parikka et al., 2016), in most ecosystems the abundance of viruses far exceeds that of their prokaryotic hosts by at least an order of magnitude (Breitbart and Rohwer, 2005; Wigington et al., 2016). This can also be observed in the VPR averages of different ecosystems, being 20.7 in coastal marine environments, 38 in the open ocean, 11.3 in estuaries, and 18.8 in lakes (Parikka et al., 2016). These differences in VPR values may be caused by diverse biological (e.g., chlorophyll a concentration, and abundance of bacteria) (Clasen et al., 2008b) and physicochemical factors (e.g., temperature, salinity, and nutrients) (Tuomi et al., 1995; Eissler et al., 2010; Salter et al., 2011; Parikka et al., 2016). In eutrophic environments, viral production (VP), i.e. the number of viruses produced in a given volume and time span, is associated with prokaryotic production, which eventually reduces prokaryotes abundance due to viral lysis (Steward et al., 1996; Noble and Fuhrman, 2000; Wilhelm et al., 2002; Winget and Wommack, 2009). These top-down controls of virus activity on prokaryotes consequently result in an increase in virus abundance and VPR values (Wommack and Colwell, 2000; Parikka et al., 2016). In contrast, there is less prokaryotic production in oligotrophic environments, so viral production and VPR values are low (Parikka et al., 2016). In particular, the southern hemisphere concentrates conspicuous microbial diversity hotspots systems associated with trophic gradients, like the eutrophic coastal areas of the Eastern South Pacific an Eastern Upwelling Boundary System (EBUS) with prominent oxygen minimum zones (OMZ) and Anoxic Marine Zones in the waters (Ulloa et al., 2012). In this EBUS area, VPR values have been shown to decrease from the surface and then increase again in the sub-oxic or anoxic subsurface layer (Taylor et al., 2003; Chiang and Quiñones, 2007). High VPR values have been registered in coastal bay areas at EBUS (Kuznar et al., 2009; Eissler et al., 2010).

On the other hand, the southern hemisphere concentrates a significant number of extreme and poly extreme ecosystems understudied in terms of VPR dynamics, such as the highlands Andean wetlands. High-altitude wetlands, such as Salar de Huasco, have been considered a polyextreme environment, i.e., where multiple and/or simultaneous forms of stress determine diversity (Dorador et al., 2020). This ecosystem is located at 3,800 m above sea level at the Chilean Altiplano and covers an area of approximately 15,858 ha, with the presence of permanent brackish lagoons, ephemeral hypersaline ponds, and freshwater springs (Dorador et al., 2020). Regarding viral activity, a wide range of VPR values, from 2 to 351 (Eissler et al., 2019), have been found in this wetland. VPR values varied greatly associated with the high heterogeneity of aquatic environments within the Salar de Huasco, especially considering salinity ranging from fresh to mesosaline water (Eissler et al., 2019, 2020).

In this study, we aim to determine viral host dynamic relationships using VPR under different physical and chemical conditions in Salar de Huasco. Moreover, our results were compared with VPR variability in ecosystems characterized by contrasting origin and biogeochemical conditions from the southern hemisphere.



Materials and methods


Sampling sites

The sampling was carried out during the dry season in Salar de Huasco, Chile, (September 16-17, 2019). Samples were taken from two ponds located at site H3 (20° 17'01”S; 68° 53'21”W) (Figure 1A), referred to as “Poza Rosada” (PR) and “Poza Verde” (PV) due to their qualitative characteristics in relation to their respective predominant colors (Figures 1B–D). PR was sampled five times during 2 days and PV was sampled twice for 1 day.
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FIGURE 1
 (A) Map showing the location and area of the site (H3) sampled during 16-17 September 2019, (B) Shows a general imagine of “Poza Rosada” (PR), (C) Shows a close up of microbial mats that are characterized by their pink color and (D) Shows “Poza Verde” (PV) and its green color in contrast with a near pond of pink color.




Measurement of physicochemical and biological variables

The physical and chemical parameters of these sites (i.e., temperature, conductivity and pH) were measured in situ with a Thermo Scientific Orion Star multiparameter device (model A329). To determine nitrate, nitrite, phosphate and silicic acid, water samples (60 mL) were taken in triplicate, filtered through a GF/F filter (Whatman®, Buckinghamshire, UK) and stored at −20°C. These nutrient samples were analyzed using colorimetric methods (Strickland and Parsons, 1972) with an automatic nutrient analyzer (Atlas et al., 1971). To determine chlorophyll-a concentration, 200 mL water samples were filtered through a GF/F filter (Whatman®, Buckinghamshire, UK). The filters were stored at −20°C to then be analyzed using the fluorometric method (Caspers, 1970) in a Turner A10 fluorometer.



Viruses and prokaryotes abundance

Samples were taken with 15 mL centrifuge tubes, fixed with 1% glutaraldehyde and immediately frozen until analysis. To count virioplankton, the viral samples were pre-filtered using a syringe and a 0.22 μm polyethersulfone filter unit (Millex GP, Millipore®, Darmstadt, Germany), followed by filtration through an Anodisc membrane filter (Whatman®, Buckinghamshire, UK) of 0.02 μm pore size, applying 130 mm Hg of pressure. Each filter was placed in a Petri dish in the dark and stained for 15 min with 100 μl of SYBRTM-Gold at a concentration of 2x (10000X stock solution; Invitrogen, Carlsbad, CA, USA), which was prepared from a 50x intermediate solution with molecular biology grade water previously filtered by 0.025 μm MFTM membrane filters (Millipore®, Darmstadt, Germany). Once the filters were stained, the excess solution was removed with Kimwipe® tissues (Kimtechscience, Little Rock, AR, USA) and they were allowed to dry for approximately 10 min on a filter paper in the dark. Finally, each filter was mounted on a slide for later observation. To estimate the abundance of prokaryotes, the same procedures described for the viral samples were conducted, omitting the pre-filtering of the sample, and using an Anodisc membrane filter (Whatman®, Buckinghamshire, UK) of 0.2 μm pore size to mount the samples (Chen et al., 2001). VLPs and prokaryotes were observed at 1000x magnification through an epifluorescence microscope (Olympus BX60F-3, equipped with a WIB long-pass fluorescence cube, excitation wavelength 460-490 nm, DM 505 beam splitter, emission BA 515IF) fitted with a 50 W HBO mercury lamp, where a total of at least 100 viral particles and cells were counted in 10 to 20 randomly chosen fields.



Data processing

Literature review of articles on microbial communities of the Salar de Huasco and other aquatic ecosystems of the Southern hemisphere was carried out. Research articles with the original viral abundance and prokaryote data available in tables, either in results or Supplementary Files, were selected. Articles with graphical representation of results had to be excluded. The articles were obtained from different databases (ScienceDirect, SciELO, PubMed and Google Scholar). The search was carried out by entering the following keywords: “virus-to-prokaryote ratio”, “virus-to-bacteria ratio”, “virus-to-cell ratio”, “Virus-to-host ratio”, “VPR”, “VBR”, “Salar de Huasco”, “viral abundance” and “viral activity”, applying the same criteria used by Parikka et al. (2016). Two of the articles found did not present the data in a tabular format, for which reason the authors were contacted for data details (Chiang and Quiñones, 2007 and Eissler et al., 2010). When VPR was not available in the article, viral and prokaryotic abundances were used to calculate this index. Units had to be converted, when necessary, to enable statistical analyses. In the case of salinity, practical salinity units and parts-per-thousand (‰) were considered as equivalent. Salinity was transformed to conductivity using the salinity conversion calculator available at: https://www.hamzasreef.com/Contents/Calculators/SalinityConversion.php, following Wagner et al. (2006). These data were classified on the basis of habitat (e.g., ponds, springs, marine, freshwater) and ecosystems type (e.g., high-altitude wetlands, oceans, and lakes) and are available, along with the physicochemical and biological variables, in Supplementary Table S1.



Data and statistical analysis

First, Shapiro-Wilk, Kolmogorov-Smirnov and Lilliefors tests were conducted to check the normality of all data. Data distribution was not normal (Supplementary Table S2). Therefore, statistical analysis to compare VPR values of the different ecosystems were carried out with a non-parametric test like Kruskal Wallis and Tukey test (Statistica version 7.0). To determine relationships between the VPR values and the biological and environmental parameters of the Salar de Huasco and all ecosystems, a non-parametric Spearman's rank correlation was performed (Statistica version 7.0).

VPR distribution of the different ecosystems analyzed, considering the physicochemical conditions such as temperature, conductivity and depth, were visualized using bubble plots with ggplot2 and geom_jitter in R studio (R Core Team, 2021).

Principal component analysis (PCA) was performed with the environmental data normalized by using scale function in R studio, to visualize the physicochemical variability in different habitats of Salar de Huasco, i.e., ponds, springs, and lagoon (database n = 16) and ecosystems, i.e., high-altitude wetlands, Pacific Ocean, Atlantic Ocean, and Southern Ocean (database n = 74), then the envfit function (library vegan) was used to overlay viral, prokaryotic abundances and VPR and determine their potential association with the ordination axes (R Core Team, 2021). SigmaPlot version 14.0 program was used to plot the variation of viral and prokaryotic abundances and other environmental variables studied from PV and PR in Salar de Huasco, and was also used to compare VPR values of the studied ecosystems.




Results


Data

A total of 15 reports on microbial abundances, including viruses and environmental parameters from 19 areas of different ecosystems in the Southern hemisphere, were considered for comparison (Figure 2; Table 1). Together, these publications account for a total of 1198 viral and prokaryotic abundance data with their respective VPR (Supplementary Table S1). The following physical, chemical and biological conditions, i.e., dissolved oxygen, pH, salinity, concentrations of nitrate, nitrite, ammonium, phosphate, silicate, chlorophyll, carbon dioxide, methane, nitrous oxide, when available (Supplementary Table S1), were listed. The areas were divided on the basis of the large ecosystems of origin (i.e., high-altitude wetlands, Pacific, Atlantic, Indian and Southern Oceans and Antarctic Lakes, Figure 2).
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FIGURE 2
 Map showing the areas and sampling sites analyzed in this work from the Southern hemisphere. The numbers (ID) show the areas sampled and colored squares indicate sampled transects.



TABLE 1 Mean values of viral (VA) and prokaryotic abundance (PA); average, standard deviation (SD) and range (minimum to maximum) of VPR in aquatic ecosystems of South hemisphere.

[image: Table 1]



Viral abundance, VPR and environmental variables in the Salar de Huasco

During the daily cycle studied in PR, an increase in viral abundance was observed in the evening. A minimum value (5.73 × 107 ± 7.08 × 106 VLP mL−1) was observed around midday, at 11:30 h, while a maximum value of 9.01 × 107 ± 4.06 × 106 VLP mL−1 was registered at 6:30 h the next day, (Figure 3A; Supplementary Table S3). Prokaryotic abundance peaked in the afternoon (2.25 × 107 ± 4.22 × 106 cells mL−1), at 17:30 h, and reached its lowest value (5.64 × 106 ± 3.54 × 105 cells mL−1) at 6:30 h, which is consistent with the time at which the maximum viral abundance was found (Figure 3A; Supplementary Table S3). The VPR values during the daily cycle ranged from 3.17 to 15.99, with the minimum being observed at 15:30 h and the maximum at 6:30 h of the following sampling day (Figure 3A; Supplementary Table S3). Similar to PR, the viral abundance for PV was higher in the morning than at midday (1.18 × 107 ± 1.46 × 106 VLP mL−1, 7:30 h, 9.39 × 106 ± 1.03 × 106 VLP mL[image: image] 11:30 h) (Figure 3B; Supplementary Table S3). In contrast, prokaryotic abundance was lower at noon (Figure 3B), thus, the higher VPR value (2.38) was registered at 7:30 h (Figure 3B; Supplementary Table S3).
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FIGURE 3
 Viral and prokaryotic abundance and virus to prokaryote ratios (VPR) in two ponds sampled in Salar de Huasco (September 16-17th, 2019), (A) PR and (B) PV. Error bars represent the standard deviation.


Generally, there was not a significant nutrient variation over time; however, a variation in temperature and chlorophyll a concentrations, which were inversely related to viral abundance and VPR (Figures 3, 4), was recorded at PR. Regardless of the little data available, when relationships were examined, temperature presented no significant correlations with any of the variables, and chlorophyll a only showed a significant relation (r = −0.89) with conductivity (Supplementary Table S4). Viruses showed a significant correlation with Nitrite (r = 0.767) and Silicic acid (r = 0.821) and VPR with conductivity, pH (both r = 0.9) and chlorophyll a (r = 0.893); conversely, no relationships were found for prokaryotic abundance (Supplementary Table S4).


[image: Figure 4]
FIGURE 4
 Temperature, nitrate, nitrite phosphate and chlorophyll a concentration changes in PR during sampling in Salar de Huasco (September 16–17th, 2019). Error bars represent the standard deviation.


When all data available up to now for Salar de Huasco was correlated, significant relationships were found between viral abundance and prokaryotic abundance, VPR, conductivity, pH and Silicic acid (Supplementary Table S5). Prokaryotic abundance was significantly correlated with conductivity and nitrate, and VPR was significantly correlated with VA and chlorophyll a concentration Supplementary Table S5). On the other hand, the PCA ordination axes accounted for > 67%, of the variability associated with the environmental conditions of the different aquatic areas of Salar de Huasco, i.e, ponds, springs and lagoons as categories (Figure 5). Ponds were the habitat exhibiting a higher variability related with conductivity, pH and phosphate. Viral and prokaryotic abundance were positively correlated (r = 0.73 and 0.998, P ≥ 0.07), whereas VPR was negatively correlated (r = −0.88, P = 0.92) to PC1, axis accounting 37% of the aquatic environments' variability.


[image: Figure 5]
FIGURE 5
 Principal component analysis showing the variability of environmental variables and VPR values associated with the different habitats studied in Salar de Huasco (data from this study, Molina et al., 2018; Eissler et al., 2019, 2020).




VPR in different ecosystems of the southern hemisphere

A wide range of VPR values were found among all the ecosystems studied, varying from 0.25 in coastal upwelling system, Concepción to a maximum value of 351 in Salar de Huasco (Table 1), showing a difference of more than three orders of magnitude.

The high-altitude wetlands (i.e., Salar de Huasco and Salar de Uyuni) recorded the highest average VPR value (53.22 ± 95.09), followed by the Southern (21.91 ± 25.72), Atlantic (19.57 ± 15.77) and Indian (13.43 ± 16.12) Oceans (Figure 6). On the other hand, the Antarctic lakes and the Pacific Ocean recorded the lowest average VPR values, being 11.37 ± 15.82 and 6.34 ± 3.79, respectively (Figure 6).
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FIGURE 6
 Boxplot graph of the VPR values of different aquatic ecosystems in the Southern hemisphere. The area of the boxes shows the 25th and 75th percentiles and the whiskers represent 5 and 95% of the data. The thin black line is the median and the thick dark red line is the average. Outliers are shown in black circles.


The Kruskal-Wallis H test showed significant differences among the ecosystems' VPR values (H = 241.8; P < 0.001). Particularly, a Tukey test comparison showed that VPR values for the Pacific Ocean were significantly different from all the other ecosystems (P < 0.05), except for the Antarctic lakes (Table 2). The high-altitude wetlands showed significant differences with the Pacific Ocean and Antarctic lakes (P < 0.05), while the Atlantic Ocean showed significant differences with the Indian Ocean and Antarctic lakes (P < 0.05) (Table 2). Finally, the Indian Ocean and the Antarctic lakes showed significant differences with the Southern Ocean (P < 0.05) (Table 2).


TABLE 2 Tukey test comparison of VPR values of the South hemisphere ecosystems.
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Significant and positive correlations using the Spearman Rank test were found for VPR values and viral abundance, nitrate, ammonium, phosphate, and chlorophyll a (P < 0.05) (Table 3). In addition, VPR values presented a significant and negative correlation with prokaryotic abundance, temperature, and conductivity (P < 0.05) (Table 3). While viral abundance of the ecosystems was positive and significantly correlated with the abundance of prokaryotes, VPR, temperature, nitrate, and phosphate, it was negatively correlated with silicic acid and chlorophyll a (P < 0.05; Table 3). Finally, prokaryotic abundance was significant and positively correlated with viral abundance, temperature and conductivity and negatively related to VPR values, nitrate, ammonium, silicic acid, and chlorophyll a (P < 0.05) (Table 3).


TABLE 3 Spearman's rank correlations (r) between viral and prokaryotic abundance, VPR and environmental variables in all studied ecosystems of South hemisphere.
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Overall, bubble plots showed a high VPR variability associated with temperature, conductivity, and depth conditions (Figures 7A–C). Extreme environments, such as high-altitude wetlands and Antarctic lakes, presented the highest VPR variability compared with the oceanic ecosystems. However, when comparing the oceans, some trends were evidenced in the databases characterized by a higher VPR variability from the Southern, Indian, Atlantic compared with the Pacific Ocean. For seawater environments, the lowest and highest VPR values were recorded in the Pacific Ocean and Southern Ocean, respectively (Figures 7A–C). Most of the VPR data available was associated with the upper 1,000 m water depth for all marine systems and surface waters in terrestrial aquatic sites. Higher VPR values were concentrated at the surface compared with deep and cold waters in the Southern Ocean, whereas the opposite was observed in the Pacific Ocean Supplementary Figure S1). The highest VPR magnitudes were registered in high-altitude wetlands (Figure 7).
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FIGURE 7
 Bubble plots analysis (A) Temperature (B) Conductivity and (C) Depth, showing the relationship between environmental variables and VPR values potentially relevant in the different ecosystems analyzed.


PCA analysis of environmental conditions, considering Atlantic, Pacific and Southern Ocean and high-altitude wetlands (Salar de Huasco and Salar de Uyuni), accounted for 41.68% in PC1 and 24.11% PC2 of the variability (Figure 8). The ordination showed that the aquatic systems were clearly differentiated on the PC1-axis, associated mainly with temperature, conductivity and nitrate; whereas depth and ammonium, on the PC2-axis. Viral and prokaryotic abundances and VPR were significantly related with the variability represented in PC1-axis, showing r = −0.89, −0.998 and −0.73, respectively (P ≤ 0.01) (Figure 8). The variability was mostly associated with the differentiation between high-altitude wetland compared with the other ecosystems.
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FIGURE 8
 Principal component analysis showing the relationship between environmental variables and VPR values potentially relevant in the different ecosystems analyzed.





Discussion

In this study, we analyzed the virus-to-prokaryote ratio (VPR) values from two ponds of Salar de Huasco, including the latest available data for this ecosystem to explore the relationships between biological and physicochemical variables. In addition, to investigate general patterns in the relationship between VPR and environmental variables, metadata from other aquatic ecosystems from the Southern hemisphere was analyzed.


VPR and environmental conditions in Salar de Huasco

Viral and prokaryotic abundance found in the PR and PV pond sites of Salar de Huasco were within the range found in previous studies, i.e., 7.78 × 105 to 4.78 × 108 VLP mL−1 for viral (VA) and 1.10 × 104 to 1.83 × 107 cells mL−1 for prokaryotes (PA) (Supplementary Table S1, Molina et al., 2018; Eissler et al., 2019, 2020). However, the VPR ranges (1.15–15.99) were lower than those reported for the study area (67–351), measured at similar aquatic sites but during the austral summer wet season in December–February (Eissler et al., 2019). Moreover, these VPR values were in the higher range found for most ecosystems (Wommack and Colwell, 2000; Parikka et al., 2016). Our results were consistent with the VPR ranges determined in other high-altitude wetlands such as Salar de Uyuni (0.51–122.5, Ramos-Barbero et al., 2019).

The aquatic areas of the ponds in Salar de Huasco are characterized by high variability in their environmental conditions associated with physicochemical changes such as conductivity, pH and nutrients (Figure 5). Salar de Huasco has been described as a hyper arid environment having different microhabitats with extreme differences in salinity (Risacher et al., 2003), which is a relevant environmental factor for microbial community composition (e.g., Dorador et al., 2020). Previous studies indicate that ponds are aquatic systems covering large surface areas of Salar de Huasco, which have a highly diverse and conspicuous microbial life contributing significantly with biogeochemical recycling processes (Aguilar et al., 2016; Hernández et al., 2016; Molina et al., 2020). During our study, the ponds analyzed presented a particular coloration (Figure 1) due to the presence of microbial mats with the predominance of bacterial communities, probably from the Roseobacter group in PR and Cyanobacteria in the case of PV, which have been previously identified in the Salar de Huasco (Dorador et al., 2008, 2013; Aguilar et al., 2016).

In addition, VA and PA cycled during the day in the PR pond, showed a maximum VPR value early in the morning compared to the afternoon, a trend supported in the PV pond comparing two sampling points (Figure 3). Extreme changes in the environmental conditions in this extreme ecosystem, including solar radiation, thermal and wind stress, have been found to shape microbial communities, influencing the nutrient and greenhouse gases reservoirs of the ponds of Salar de Huasco (Molina et al., 2020). In the current study, physicochemical (conductivity and pH) and biological (chlorophyll a) variables were correlated with VPR shifts (Supplementary Table S4). On the other hand, considering all the available data on this high-altitude wetland, significant correlations support the role of physicochemical conditions in shaping viral and prokaryotic abundance, including nutrients (Supplementary Table S5). The relationships found between viral dynamics and environmental conditions are consistent with other natural wetland types, such as tidal, mangrove, freshwater, forested, riparian and constructed wetlands, which are understudied land systems in comparison to marine systems (Jackson and Jackson, 2008), especially in the southern hemisphere. In the Salar de Huasco wetland, higher nutrient availability, mainly during the wet season, has been related with microbial activity and the different microhabitats, such as ponds, springs, and the lagoon (Eissler et al., 2019, 2020). Several authors have pointed out the importance of viruses in the cycling of nutrients, especially regarding the carbon cycle in aquatic ecosystems (e.g., Fuhrman, 1999; Wommack and Colwell, 2000; Weinbauer, 2004; Suttle, 2005, 2007; Breitbart et al., 2018). Recently, Gao et al. (2022), calculated that for wetlands from tundra ecosystems the contribution rate of carbon release by viral lysis of bacteria to the ecosystem's dissolved organic carbon ranged from 0.8 to 4.4, with an average of 2.6 ‰, representing a significant amount compared with marine ecosystems. In some wetlands, rewatering and water level conditions could change viral lysis rates which may vary the emissions of greenhouse gases in these systems as experimentally explored (Bonetti et al., 2021). So far, a high carbon release by viral lysis is expected in the high-altitude wetlands during the wet season and, particularly, at specific hours of the day, such as in the early morning periods, where greater dissolved organic carbon, nutrient and CH4 accumulation have been registered in diel cycling at pond sites (Molina et al., 2020).



Comparison of viral dynamics in different ecosystems of the southern hemisphere

The ecosystems compared in this study presented large physicochemical and biological differences, in terms of salinity, nutrients (i.e., nitrate, nitrite, phosphate and silicate), temperature, dissolved oxygen, pH and chlorophyll (Supplementary Table S1; Figure 8), which can influence and regulate viral dynamics, virus-host interactions and, therefore, the VPR values in the ecosystems studied (Wommack and Colwell, 2000; Parikka et al., 2016). The high-altitude wetlands, located in the Andes where Chile, Bolivia and Argentina meet, are extreme environments presenting saline lakes fed by waters from the Andes mountains, characterized by high evaporation and low rainfall (Risacher et al., 2003; Risacher and Fritz, 2009). As mentioned before, Salar de Huasco is characterized by being a diverse and changing environment, with permanent brackish lagoons, ephemeral hypersaline or freshwater ponds (de la Fuente and Niño, 2010; Bull and Asenjo, 2013; Carrasco-Lagos et al., 2015). On the other hand, Salar de Uyuni (Ramos-Barbero et al., 2019; Figure 2, ID 2) stands out for being one of the world's largest and most hypersaline high-altitude wetlands (Rettig et al., 1980; Risacher and Fritz, 2009). In both wetlands, samples were collected from different habitats: ponds and lakes in the Salar de Huasco; ponds, pits, groundwater, and lagoon in the Salar de Uyuni (Ramos-Barbero et al., 2019). These extreme ecosystems exhibit the wider range of VPR magnitude compared with other environments in our database (Figure 6). This is consistent with Parikka et al. (2016) study showing that saline environments, including marine areas, presented a high range of VPR values, significantly higher compared to freshwater environments, groundwater and hot springs.

Particularly, despite high-altitude, wetlands presented vastly different environmental characteristics in comparison with the other ecosystems analyzed in our study. The viral activity measured using the VPR was not significantly different, except when compared with the Pacific Ocean VPR values (Table 2). The Pacific Ocean recorded the low average VPR values (7.65, 7.80 and 5.29, respectively) compared with the data registered in the Atlantic, Indian and Southern oceans (Figure 6; Table 1). The Pacific Ocean VPR variability could be associated with the temporal-spatial distribution of the data analyzed, such as, an oxygen minimum zone (OMZ) 135 miles west off Valparaíso, Chile (Chiang and Quiñones, 2007; Figure 2, ID 3), an upwelling system 18 and 40 miles west off Concepción, Chile (Eissler et al., 2010; Figure 2, ID 4) and surface waters in the Great Barrier Reef (Carreira et al., 2020; Figure 2, ID 6). The oxygen level related to depth in the Pacific Ocean also influences the distribution of VPR values, which decreased from the well-oxygenated surface part of the water column (from 12.56 on the surface to 4.3 at 100 m) (Chiang and Quiñones, 2007). Additionally, when hypoxic conditions were observed, a slight increase was detected (7.05 at 150 m) (Chiang and Quiñones, 2007). These variations in the VPR values in the oxic and anoxic layer were the result of different microbial assemblages that inhabit these strata (Chiang and Quiñones, 2007). Likewise, low VPR values observed in anoxic environments could be accounted for a reduction in viral production due to the decrease in the host communities or to a high loss of free-living viruses (Cassman et al., 2012). In contrast, despite the low VPR average observed off Concepción, the values ranged from 0.25 to 45.73, indicating a high viruses and prokaryotes dynamic and that during upwelling conditions VPR values were in fact higher (Eissler et al., 2010). In addition, Wommack and Colwell (2000) indicated that VPR values generally vary between 3 and 10, and that higher values are associated with highly productive environments (Wommack and Colwell, 2000; Weinbauer, 2004; Parikka et al., 2016), which has been also associated with upwelling environments of the Eastern Pacific (Kuznar et al., 2009; Letelier et al., 2009; Eissler et al., 2010). In two of these areas (Chiang and Quiñones, 2007; Carreira et al., 2020) nutrient availability was relatively low, especially in the Great Barrier Reef (Carreira et al., 2020). As an example, HPO[image: image] average was 0.09 ± 0.02 mmoL μL−1, therefore, this could have contributed to the overall lower VPR average and range observed.

Specifically, the VPR values of the Antarctic lakes showed significant differences from those of the Southern Ocean and high-altitude wetlands (Table 2). The McMurdo dry valleys in Antarctica (Lisle and Priscu, 2004; Figure 2, ID 16) are some of the most extreme ecosystems on the planet. Its frozen lakes are characterized by their perennial ice covers, consequently, they have poor nutrient input (McKay et al., 1985; Chinn, 1993). According to Lisle and Priscu (2004), this lack of nutrients (especially the shortage of phosphorus) would produce low viral activity and induce the lysogenic cycle. In addition, it would induce the formation of microbial aggregates around the available nutrients, thus allowing nutrients recycling (such as phosphate) within these aggregates, which would be promoted by viral lysis (Lisle and Priscu, 2004). On the other hand, the Southern Ocean presents a greater availability of nutrients that supports an increase in primary production (Tréguer and Jacques, 1992; Smith Jr et al., 2000), and, therefore, an increase in VPR values. Furthermore, Vaqué et al. (2017) and Sotomayor-Garcia et al. (2020) indicate that viral activity in Antarctic waters is more sensitive to temperature and prokaryotic abundance than to any other environmental factors. In contrast, high-altitude wetlands present a larger nutrient input, allowing a greater development of microbial and viral communities (Márquez-García et al., 2009; Haferburg et al., 2017; Eissler et al., 2019; Ramos-Barbero et al., 2019).



Influence of environmental variables on the viral dynamics in the southern hemisphere ecosystems

Regardless of the methods used to count viruses and prokaryotes, 4 out of the 15 studies here use epifluorescence microscopy and the rest use flow cytometry (Supplementary Table S1). The tendencies of the relationships between VPR values and physicochemical variables found here were consistent with previous studies that analyzed a larger data set from a wider spatial-temporal scale (Wommack and Colwell, 2000; Parikka et al., 2016). First, as expected by solving the mathematical relationship between viral and prokaryotic abundance, using VPR (VPR = Viral abundance/Prokaryotic abundance) (Heldal and Bratbak, 1991; Parikka et al., 2016), VPR values were positively related to the viral abundance and negatively to the prokaryotic abundance, since there is an increase in the ratio when the viral abundance increases in relation to the prokaryotic abundance.

In the ecosystems studied, VPR was significantly positively correlated with chlorophyll a concentration (Table 3). These correlations were in agreement with Parikka et al. (2016) results in aquatic habitats and sediment-related ecosystems where VPR was positively correlated with VA, chlorophyll a and other microbial variables associated with infected cells (e.g., visibly infected cells and burst size). This positive correlation may suggest a viral infection on phytoplankton since chlorophyll a has been largely used as an indicator of biomass of photoautotrophic organisms and this relationship has numerous examples in literature as well as in seawater and in freshwater environments (Wommack and Colwell, 2000; Mojica and Brussaard, 2014; Zhong et al., 2014; Parikka et al., 2016; Flynn et al., 2022). Moreover, it has been suggested that this relationship indicates that viral activity regulates the structure of the phytoplankton community and the primary productivity of the marine ecosystems studied (Suttle, 1994; Boyer et al., 2009; Weitz et al., 2015).

Both temperature and conductivity in the ecosystems analyzed showed a significant negative relationship with VPR values, as has been reported by Parikka et al. (2016). In aquatic environments with high temperatures, the structural conformation of the viral lipid membranes and viral capsid proteins can be affected, which makes viruses and their host more susceptible to this environmental factor (Baudoux and Brussaard, 2005; Mojica and Brussaard, 2014). In contrast, low temperatures in polar environments do not inhibit viral activity and its potential to infect microbial communities (Anesio and Bellas, 2011). It has been observed that in Antarctic and Sub-Antarctic marine environments viral abundance is primarily related to temperature (Sotomayor-Garcia et al., 2020; Figure 2, ID 9-12). Furthermore, in areas surrounding the Antarctic peninsula (Vaqué et al., 2017; Figure 2, ID 13-15) viruses rather than grazers are more important agents of prokaryotic mortality. In addition, in our database, the relationship between VPR and temperature may be influenced by the data obtained from the areas studied in the Southern Ocean (Vaqué et al., 2017; Sotomayor-Garcia et al., 2020), where viral activity and prokaryotic production is more affected by temperature than by any other environmental factors. It is worth mentioning that viruses are resilient to low temperatures, since when weather conditions are unfavorable for prokaryotes growth, viruses change their lytic life strategy for a lysogenic one (Laybourn-Parry et al., 2007; Anesio and Bellas, 2011; Brum et al., 2017).

Regarding conductivity, the ecosystems examined in this study showed that albeit viral abundance had a non-significant relationship with conductivity, VPR values and PA had a significant negative and positive relationship, respectively (Table 3). Viruses and prokaryotic hosts are conditioned to their own tolerance to the habitat's salinity. In other words, high salinities can affect the permeability and structure of the prokaryotic cell wall, preventing the coupling of viruses to cells (Brown, 1964), thus reducing viral activity. Nonetheless, it has been observed that bacteriophages and archaeoviruses seem to be more tolerant to strong ionic changes, showing adaptations to saline environments (Kukkaro and Bamford, 2009). In high-altitude wetlands, viral groups belonging to Caudovirales, which mainly include viruses infecting prokaryotes, are predominant (Ramos-Barbero et al., 2019; Eissler et al., 2020) and probably highly adapted to extreme physicochemical conditions, such as significant variations in conductivity and temperatures, common to these ecosystems (Dorador et al., 2020).

In the ecosystems studied, the VPR values were also positively correlated with the concentrations of nitrate, ammonium and phosphate (Table 3). According to Weinbauer (2004), the availability of inorganic nutrients indirectly influences viral activity, through host metabolism. For example, it has been observed that adding phosphate to a microcosm experiment results in an increase of biomass, indirectly generating an increase in VPR values (Tuomi et al., 1995). Therefore, nitrate, nitrite, and phosphate assimilated by the prokaryotic communities for their metabolic processes, indirectly favors the proliferation of viruses (Breitbart et al., 2018). To support the aforementioned, an increase in VPR values has been related to the trophic gradient, finding higher values in nutrient-rich environments (Wommack and Colwell, 2000; Parikka et al., 2016). In marine environments, the high concentration of organic substrates and nutrients such as during upwelling seasons, favors the rapid development of prokaryotic communities, in turn, favoring a higher viral dynamic (Culley and Welschmeyer, 2002; Kuznar et al., 2009; Eissler et al., 2010). Conversely, it has been determined that the unavailability of nutrients results in a decrease in the VPR values in oligotrophic environments (Wommack and Colwell, 2000; Parikka et al., 2016). This has been observed in Antarctic lakes, where the lack of phosphate and other nutrients causes changes in the life strategy of viral communities, with the lysogenic cycle prevailing over the lytic cycle (Lisle and Priscu, 2004; Säwström et al., 2007), and for microorganisms inhabiting the deep-sea (Weinbauer et al., 2003; Williamson et al., 2008; Anderson et al., 2011). Consequently, among other responses, viral life strategy change is directly related to the host physiological capacity to increase their metabolism and adapt to the lack of nutrient availability (Mojica and Brussaard, 2014).

Despite the fact that our database is biased because of the predominance of marine environments, the incorporation of high-altitude wetlands and other extreme ecosystems support previously reported factors known to account for VA and VPR variability in the southern hemisphere. Conductivity and temperature gradients, as well as nutrients prevail as the main factors known to influence viral – host activity globally (Wells and Deming, 2006; Mojica and Brussaard, 2014; Finke et al., 2017).




Conclusions

In Salar de Huasco, ponds with different characteristics have a variable microbial dynamic associated with viral and prokaryotic abundance that is reflected in the VPR values that variated with the time of the day and which is probably linked to the ponds' nutrient reservoir. The high-altitude wetlands, in comparison with other ecosystems with different conditions, showed a greater range of VPR values, as a consequence of the highly diverse microbial communities hosting viruses and the physicochemical gradients that structure aquatic life conditions, generating diverse niches such as permanent brackish lagoons, ephemeral hypersaline or freshwater ponds. Metadata analyses of southern ecosystems indicate that virus and prokaryotic dynamics were understudied in wetlands and in extreme ecosystems; thus, more studies to deeply characterize the role of viruses in these types of environments are required. In addition, the comparison that we have conducted provides information on key environmental factors shaping microbial community dynamics. In general, temperature, salinity and nutrients were identified to account for viral dynamics of the different ecosystems analyzed in this study. These findings confirm the relevance of the viral dynamics in the high-altitude wetlands potentially influencing nutrient and carbon dynamics which needs to be further explored in this extreme ecosystem.
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SUPPLEMENTARY TABLE S5
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Rhizosphere microbial communities exert critical roles in plant health, nutrient cycling, and soil fertility. Despite the essential functions conferred by microbes, the source and acquisition of the rhizosphere are not entirely clear. Therefore, we investigated microbial community diversity and potential source using the only two native Antarctic plants, Deschampsia antarctica (Da) and Colobanthus quitensis (Cq), as models. We interrogated rhizosphere and bulk soil microbiomes at six locations in the Byers Peninsula, Livingston Island, Antarctica, both individual plant species and their association (Da.Cq). Our results show that host plant species influenced the richness and diversity of bacterial communities in the rhizosphere. Here, the Da rhizosphere showed the lowest richness and diversity of bacteria compared to Cq and Da.Cq rhizospheres. In contrast, for rhizosphere fungal communities, plant species only influenced diversity, whereas the rhizosphere of Da exhibited higher fungal diversity than the Cq rhizosphere. Also, we found that environmental geographic pressures (i.e., sampling site, latitude, and altitude) and, to a lesser extent, biotic factors (i.e., plant species) determined the species turnover between microbial communities. Moreover, our analysis shows that the sources of the bacterial communities in the rhizosphere were local soils that contributed to homogenizing the community composition of the different plant species growing in the same sampling site. In contrast, the sources of rhizosphere fungi were local (for Da and Da.Cq) and distant soils (for Cq). Here, the host plant species have a specific effect in acquiring fungal communities to the rhizosphere. However, the contribution of unknown sources to the fungal rhizosphere (especially in Da and Da.Cq) indicates the existence of relevant stochastic processes in acquiring these microbes. Our study shows that rhizosphere microbial communities differ in their composition and diversity. These differences are explained mainly by the microbial composition of the soils that harbor them, acting together with plant species-specific effects. Both plant species acquire bacteria from local soils to form part of their rhizosphere. Seemingly, the acquisition process is more complex for fungi. We identified a significant contribution from unknown fungal sources due to stochastic processes and known sources from soils across the Byers Peninsula.

KEYWORDS
microbial ecology and diversity, plant microbiome, host microbe interactions, amplicon sequencing, South Shetland Islands, rhizosphere effects


Introduction

Microbial communities in the rhizosphere – defined as the area of soil under the biochemical influence of plant roots – play a critical role in plant health and development, soil fertility, and nutrient cycling (Philippot et al., 2013; de la Fuente Cantó et al., 2020). Rhizosphere soils are enriched in organic compounds released by plant roots, in contrast with the scarcity of organic matter in most soils, which makes them an attractive niche for microorganism colonization (Philippot et al., 2013; de la Fuente Cantó et al., 2020). The structure, diversity, and composition of microbial communities in the rhizosphere rely on soil type and edaphic properties, which interact cooperatively with the influence of plant host species through the species-specific rhizosphere effect (Berg and Smalla, 2009; Bulgarelli et al., 2013; Botnen et al., 2020; de la Fuente Cantó et al., 2020; Kumar and Dubey, 2020). Additionally to the horizontal transmission of the rhizosphere microbiome from the surrounding environment, researchers have proposed that vertical transmission of microbes from generation to generation through seeds or other propagules could be relevant in the acquisition and shape of the rhizosphere (Truyens et al., 2015; Frank et al., 2017; Vannier et al., 2018; Abdelfattah et al., 2021; Guo et al., 2021). However, data in vertical transmission studies are sparse and have reported contradictory results (Vannier et al., 2018; Abdelfattah et al., 2021; Guo et al., 2021).

Plant roots secrete many compounds, including ions (organic and inorganic), phytosiderophores, polysaccharides, vitamins, amino acids, nitrogenated bases, and nucleosides (Bulgarelli et al., 2013; Philippot et al., 2013; Matilla and Krell, 2018). These rhizodeposits change the soil’s biological, chemical, and physical conditions and account for 11% of the photosynthetically fixed carbon and 10–16% of total plant nitrogen (Jones et al., 2009; Bulgarelli et al., 2013; Dotaniya and Meena, 2015). Therefore, plants act as ecosystem engineers by changing the soil’s redox potential, pH, aggregation, and water–nutrient availability (de la Fuente Cantó et al., 2020).

Many studies have suggested that root exudates differ between plant species, genotypes, and phenological status (Dennis et al., 2010; Matilla and Krell, 2018; de la Fuente Cantó et al., 2020; Vieira et al., 2020). The different composition of the exudates generates a species-specific or genotype-specific rhizosphere effect that exerts selective pressures on the composition of the rhizosphere microbial communities (Dennis et al., 2010; Matilla and Krell, 2018; de la Fuente Cantó et al., 2020; Vieira et al., 2020). Although evidence indicates that host species and genotypes can induce a selective influence on specific microbial taxa such as mycorrhizal fungi and some nitrogen-fixing bacteria (e.g., Rhizobium), its effect has a weaker, broader impact on microbial community composition than soil abiotic conditions (Bonito et al., 2014; Fierer, 2017; Yeoh et al., 2017; Thiergart et al., 2020; Vieira et al., 2020). Recent studies have shown that the effect of soil’s abiotic conditions outweighs the impact of the genotype or plant species. For example, the variance in rhizosphere microbial communities across members of a specific plant species grown in different soil types is usually more significant than the variance observed between different plant species grown in the same soil (Bonito et al., 2014; Yeoh et al., 2017; de la Fuente Cantó et al., 2020; Vieira et al., 2020).

In addition to these deterministic factors, soil microbial communities can also be affected by stochastic processes that generate species compositional patterns indistinguishable from those produced at random (Tripathi et al., 2018; Richter-Heitmann et al., 2020; Hussain et al., 2021; Zhang et al., 2021). These stochastic processes involve random proliferation, death, and dispersal events (Tripathi et al., 2018; Richter-Heitmann et al., 2020; Hussain et al., 2021; Zhang et al., 2021). Then, the ratio between stochastic and deterministic effects on microbial communities affects the species diversity and composition over temporal and spatial scales (Tripathi et al., 2018; Richter-Heitmann et al., 2020).

There is broad agreement that beneficial plant–microorganism interactions in roots facilitate the adaptation of these sessile organisms to a changing environment (Dimkpa et al., 2009; Hayat et al., 2010; Bulgarelli et al., 2013; Matilla and Krell, 2018; de la Fuente Cantó et al., 2020). Beneficial root-associated microorganisms can directly affect plant growth and development by multiple mechanisms such as nitrogen fixation and metabolism, nutrient solubilization, and the production of phytohormones and volatile compounds (Dimkpa et al., 2009; Bulgarelli et al., 2013; Imam et al., 2016; Matilla and Krell, 2018; Vishwakarma et al., 2020). Additionally, rhizosphere microorganisms can also enhance plant fitness by different strategies such as protection against pathogens (i.e., triggering defense responses in the plant, producing antimicrobials, or competing with pathogens for nutrients and ecological niches) and increasing plant stress tolerance (i.e., heavy metal sequestration, osmotic regulation, and tolerance to drought and high salinity) (Bulgarelli et al., 2013; Imam et al., 2016; Matilla and Krell, 2018; Molina-Montenegro et al., 2019, 2020; Vishwakarma et al., 2020). These beneficial plant–microbe interactions increase the plant foraging capacity and stress resistance, where microbes confer new or redundant functions to the plant host and act as biocontrol agents against pathogens.

Beneficial plant–microbe interactions are especially relevant in extreme environments (Rodriguez et al., 2008; Newsham, 2011; Acuña-Rodríguez et al., 2020), where only a few organisms can thrive in conditions approaching life’s limits, such as those in Antarctica. Moreover, the harsh conditions of Antarctica and their relative geographical isolation have only allowed the colonization of ice-free zones by two vascular plants, Colobanthus quitensis (Cq, Caryophyllaceae) and Deschampsia antarctica (Da, Poaceae) (Moore, 1970). These conditions make Antarctica a natural laboratory where it is possible to study plant–microbe interactions in a pristine and streamlined environment compared to other natural habitats.

Although both plants are present in maritime Antarctica, Da is mainly observed in more stressful abiotic conditions (Atala et al., 2019; Molina-Montenegro et al., 2019). Cq, for its part, usually grows in sites under more mild abiotic conditions (Atala et al., 2019; Molina-Montenegro et al., 2019). However, Da can act as a nurse species for Cq, allowing it to grow in less favorable environmental conditions by forming tussocks (Atala et al., 2019; Molina-Montenegro et al., 2019). Physiological experiments have demonstrated that rhizosphere microorganisms may have an active role in the performance of Da and Cq against environmental stressors that naturally occur in maritime Antarctica, such as high salinity, UV-B radiation, and increases in atmospheric temperature (Gallardo-Cerda et al., 2018; Ramos et al., 2018; Ballesteros et al., 2020). However, microbial communities in the rhizosphere of these plants have not been extensively studied, and the few existing studies have used small sample sizes. Early works used culture-dependent and molecular markers (16S rRNA DGGE and microarrays) to characterize rhizosphere bacteria showing that Da was dominated by psychrotolerant representatives of Pseudomonas, Flavobacterium, and Arthrobacter (Barrientos-Díaz et al., 2008). Then, the use of 16S rRNA showed that bacteria found in the rhizosphere of Da and Cq were very different from those reported in adjacent bulk soil (Teixeira et al., 2010, 2013). Additionally, no differences were found between the bacterial communities of Da and Cq, and both rhizospheres were composed of Firmicutes, Actinobacteria, and Proteobacteria (Teixeira et al., 2010, 2013; Jorquera et al., 2016; Rabert et al., 2020; Znój et al., 2021). One of the most recent studies used shotgun sequencing to demonstrate that Da and Cq rhizospheres were composed mainly of Proteobacteria, Actinobacteria, and Bacteroidetes, finding differences between the rhizosphere bacteria of both plants only at the genus level (Molina-Montenegro et al., 2019).

In this study, we investigated bacterial and fungal community composition and structure (16 rRNA and ITS1 amplicon sequencing) using the only two native Antarctic plants, Deschampsia antarctica (Da) and Colobanthus quitensis (Cq), as models. We tested whether the rhizosphere is significantly different in diversity and composition from other compartments and whether microbes come from local soils or other sources. We interrogated bulk soil, rhizosphere-surrounding soil (RSS), and rhizosphere microbial communities at six locations in the Byers Peninsula, Livingston Island, Antarctica, using individual plant species and their association (Da.Cq).



Materials and methods


Site description and soil sample processing

We collected samples during the growing season in the Austral Summer (February) of 2018 as part of the 55th Scientific Antarctic Expedition (ECA-56). Rhizosphere (51 samples) and bulk soil (45 samples) were collected from six sampling sites (Devil’s Point [DP], North Beach West [NBw], North Beach East [NBe], Nikopol Point [NP], Rotch Dome Ritli Hill [RDrh], and Rotch Dome Amadok Point [RDap]) at the Byers Peninsula, Livingston Island, Antarctica (Figure 1 and Supplementary Table 1).
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FIGURE 1
Map and description of the study sites. The six sampling sites are located in the Byers Peninsula, Livingston Island, Antarctica. The study site (A) is located in the maritime Antarctica, specifically in Livingston Island (B). The Byers Peninsula is devoid of ice during the Austral Summer (C), which favors the growth of both Deschampsia antarctica [Da] (D) and Colobanthus quitensis [Cq] (E). In some instances, C. quitensis grows in association with D. antarctica [Da.Cq] (F). NBw and NBe = North Beach West and East, respectively; DP and NP = Devils Point and Nikopol Point, respectively; and RDrh and RDap = Rotch Dome Ritli Hill and Rotch Dome Amadok Point, respectively.


Rhizosphere soils of Deschampsia antarctica (Da, 25 samples), Colobanthus quitensis (Cq, 13 Samples), and Cq growing in association with Da (Da.Cq, 13 samples) were sampled at nearly sea level. Each sampling site harbors several biological replicates from bulk soil and at least one plant species, within a ≤ 5 m radius. For each type of sample (plant attached soil or bulk soil), we take a soil volume of 0.5 L in sterile polypropylene bags. We use the term compartment to refer to the different soil fractions from now on. The bulk soil compartment corresponds to soil free of plants, mosses, lichens, or evident organic matter in the vicinity of each plant or plant group in a radius no greater than 1.5 m. The soil attached to the plants was divided into two fractions (compartments). The first corresponds to the rhizosphere-surrounding soil (RSS), the soil fraction released by handshaking the roots. The second fraction corresponds to the rhizosphere, which is the soil firmly adhered to the roots (2–5 mm thick layer on the surface of the roots). For each sample and compartment, fine soil particles (≤2 mm) were carefully separated from pebbles and roots using a sterile 2 mm metal mesh and stored in 50 mL sterile conical tubes at −20°C until DNA extraction. All samples were processed in a biosafety level 2 hood, and plant and soil samples were collected with the permission of the Chilean Antarctic Institute (INACH).



DNA extraction and amplicon sequencing

According to the manufacturer’s instructions, DNA was extracted from 0.5 to 2 g of soil using a QIAamp PowerFecal DNA Kit (Qiagen, Düsseldorf, Germany). DNA was quantified using the Qubit DNA probe (Invitrogen), quality was assessed by spectrophotometry (A260:A280 ratio), and DNA integrity by agarose gel electrophoresis. For sequencing, we targeted the V4 region of the 16S rRNA gene using the 515F (Parada) 5′-GTGYCAGCMGCCGCGGTAA-3′ and 806R (Apprill) 5′-GGACTACNVGGGTWTCTAAT-3 primers and the ITS1 gene using the ITS1F 5′-CTTGGTCATTTAGAGGAAGTAA-3′ and ITS2 5′-GCTGCGTTCTTCATCGATGC-3′ (The Earth Microbiome Project Consortium et al., 2017). Sequencing was conducted on a MiSeq Illumina sequencer (MiSeq Reagent Kit v2, 2 × 150 bp for 16S rRNA and 2 × 250 bp for ITS) at the Argonne National Laboratory (Lemont, IL, United States).



Amplicon sequence analysis

Sixteen-S and ITS pair-end reads were demultiplexed and analyzed using amplicon sequence variants (ASVs) as implemented in “DADA2 v1.8” (Callahan et al., 2016). Due to the variable lengths of the ITS reads, we used different settings for the trimming and filtering steps of 16S rRNA and ITS sequences using Cutadapt (Martin, 2011). The following filtering parameters were used for 16S rRNA and ITS sequences (maxN = 0, maxEE = c(2,2), and truncQ = 2). Specific trimming parameters for 16S rRNA reads were truncLenc (240,180) and for ITS sequences minLen = 50. For error rate learning, dereplication, denoising, and merging steps, we followed the DADA2 Pipeline Tutorial (1.16) https://benjjneb.github.io/dada2/tutorial.html and the DADA2 ITS Pipeline Workflow (1.8) https://benjjneb.github.io/dada2/ITS_workflow.html for 16S rRNA and ITS, respectively. Briefly, the error rate (“learnErrors” command) was estimated for the quality-filtered reads followed by a dereplication step (“derepFastq” command) and denoising (“dada” command, using the error rate from the step above). Finally, reads pairs were merged using the “mergePairs” command.

After building the ASVs tables (“makeSequenceTable” command) and removing chimeras (“removeBimeraDenovo” command), each ASV was taxonomically assigned using Silva database v132 (Quast et al., 2012) for bacteria and full UNITE + INSD (v8.0) for fungi (UNITE Community, 2019).

Next, we inferred phylogenetic trees using the maximum likelihood optimality criterion implemented in “FastTree v2.1.10” (Price et al., 2010). Finally, ASVs that were not assigned to bacteria or fungi (including 61 ASVs assigned to Archaea) were removed, and samples with less than 1,000 reads were discarded.



Community richness and diversity among plant species and compartments

Alpha diversity metrics were calculated using the R packages phyloseq v1.34.0 (Chao1 and Shannon indexes) (McMurdie and Holmes, 2013) and btools v0.0.11 for Faith’s phylogenetic diversity index (PD).

The distribution of alpha diversity (Chao1, Shannon, and PD) across predictors (plant species, compartment, and sampling sites) was visualized using boxplots (plot_alpha function) as in the microeco package (Liu et al., 2021). The statistical significance of the predictors was tested using an analysis of variance (ANOVA) using a two-factor interaction (three-factor interaction did not render statistically significant results) and pairwise comparisons with Tukey’s HDS.

Beta diversity metrics (Bray–Curtis and weighted UniFrac) for bacterial and fungal communities were calculated using the “phyloseq v1.34.0” package. To identify drivers of beta diversity, we first tested whether the dispersion among groups was homogeneous using the function betadisper implemented in the “vegan v2.5.7” package (Oksanen et al., 2020). Then, we assessed the statistical significance of the beta diversity among sampling sites, plant species, and compartments using a Wd* test paired with Wd* post-hoc test (Hamidi et al., 2019). Additionally, we also quantified the proportion of the variance explained by the variables sampling sites, plant species, and compartments, by performing a variance partitioning analysis (VPA) as implemented in the varpart function in the “vegan v2.5.7” package (Oksanen et al., 2020).

We performed a constrained ordination analysis to extract and summarize the sample variation that the set of explanatory variables can explain. To decide whether to apply the linear or unimodal ordination method, we first calculated a detrended correspondence analysis (DCA) using the decorana function in the “vegan v2.5.7” package (Ozimek and Hanaka, 2020). Then, we carried out a redundancy analysis (RDA) using the Hellinger-transformed Bray–Curtis and weighted UniFrac distances based on the ASV abundance matrix for bacterial and fungal communities in “Ampvis2 v2.7.6” (Kasper et al., 2018). To avoid overfitting, we reduced the number of explanatory variables using a forward variable selection procedure as implemented in the ordiR2step function in the “vegan v2.5.7” package (Ozimek and Hanaka, 2020). The statistical significance of the selected variables was quantified by an ANOVA test with Holm correction for multiple testing. Statistical significance of the RDAs was tested using 9999 permutations.



Assessment of microbial community composition

We constructed heatmaps of the most relative abundant taxa (>1%) agglomerated at the genus or the best taxonomic hit level to assess the taxonomic composition for bacterial and fungal communities “Ampvis2 v2.7.6” package (Kasper et al., 2018). To differentiate microbial markers in each plant species (rhizosphere and RSS) and bulk soil, we used a random forest classification model implemented in the trans_diff function (method = “rf”) in the “microeco v0.6.0” package (Liu et al., 2021) on taxa that were present in at least 60% of the samples. Microbial markers were selected based on their importance (genera above the average of the mean decrease in the Gini coefficient for fungi and the top ten for bacteria) and statistical significance (p-value < 0.05).

To visualize unique and shared ASVs between rhizospheres of the different plant species in the different sampling sites, we used Venn diagram analysis implemented in R package “microeco v0.6.0” (Liu et al., 2021).



Inferring the potential source of rhizosphere microbial communities

To determine the potential source of bacteria and fungi in the rhizosphere of Da, Cq, and Da.Cq plants, we used the “SourceTracker” software package (Knights et al., 2011) using Devil’s Point as a model site. SourceTracker is a Bayesian approach to identifying microbial sources and their proportions in amplicon data (Knights et al., 2011). This approach models a sink sample as a mixture of sources where the mixing proportions are unknown (Knights et al., 2011).

Here, we used the rhizosphere samples of Da, Cq, and Da.Cq from Devil’s Point as sink samples and examined potential source samples that included distant rhizospheres, RSS, and bulk soil sampled at Byers sites other than DP. Likewise, we added local source samples corresponding to rhizospheres, RSS, and bulk soil from DP. The part of the community that does not match any source sample was assigned to an “unknown” source.



Data availability

Raw sequences are publicly available under NCBI SRA BioProject PRJNA818311.




Results


Microbial diversity in antarctic vascular plants

To understand and analyze the microbial communities in the rhizosphere of Antarctic vascular plants, we used 16S rRNA and ITS amplicon sequencing in rhizosphere soil samples from D. antarctica, C. quitensis, and their association (Da.Cq), growing at six locations in the Byers Peninsula, Livingston Island, Antarctica (Figure 1). A total of 25 samples of Da, 14 samples of Cq, 14 samples of Da.Cq, and 45 bulk soil samples were collected during the growing season in February 2018, resulting in 145 and 146 16S rRNA and ITS libraries, respectively. Detailed information about the samples is available in Supplementary Table 1.

First, we interrogated our data to assess whether microbial communities were comparable regarding their members and their corresponding distribution among species (Da, Cq, and Da.Cq) and compartments (rhizosphere, RSS, and bulk soil) for the different locations (DP, NBw, NBe, NP, RDrh, and RDap). We found significant differences in richness (Chao 1) and diversity (Shannon and PD) among bacterial communities from the different plant species, compartments, and sampling sites (ANOVA, p-value ≤ 0.05, Supplementary Table 3). Conversely, fungal communities exhibited differences in richness among compartments and sampling sites but not among different plant species (ANOVA, p-value ≤ 0.05, Supplementary Table 3). In turn, the evenness and phylogenetic diversity (Shannon and PD) of fungi were significantly different between plant species and sampling sites, but not between compartments (ANOVA, p-value ≤ 0.05, Supplementary Table 3).

We then conducted post-hoc tests to identify potential differences in richness and diversity among soil compartments (rhizosphere, RSS, and bulk soil). Bacterial richness and diversity (Chao1, Shannon and PD) were significantly higher (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3) in RSS compared to the rhizosphere. However, we did not find differences between RSS and bulk soil or rhizosphere and bulk soil (Supplementary Figure 1). For fungi, we only found that RSS presented a higher richness (Chao1) than the rhizosphere (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3). However, we did not find significant differences in terms of diversity (Shannon and PD) (Supplementary Figure 1).

For plants, we found that bacterial richness and diversity (Chao1, Shannon, and PD) in Cq plants (rhizosphere and RSS) were higher (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3) than in Da plants (rhizosphere) (Figure 2). Likewise, bacterial communities of Da.Cq RSS showed higher richness and diversity than those in the Da rhizosphere (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3). Conversely, we found that the diversity (Shannon) of fungi in Da plants (rhizosphere and RSS) was significantly higher than the fungal diversity of Cq rhizosphere (Tukey’s HDS, p-value ≤ 0.05). Additionally, fungal communities of Da.Cq RSS were significantly (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3) more diverse (Shannon) than the ones in the Cq rhizosphere (Figure 2).
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FIGURE 2
Bacteria (A) and fungi (B) alpha diversity (Chao1; Shannon; phylogenetic diversity) for plant species and their compartments (rhizosphere, rhizosphere-surrounding soil [RSS]) Deschampsia antarctica [Da], Colobanthus quitensis [Cq], and their association [Da.Cq]. Dots represent data points, and boxplots represent the interquartile range of alpha diversity. Statistically significant differences (Tukey’s HSD p-value ≤ 0.05, for predicted alpha diversity by a linear model) are marked by brackets.


Finally, we found that the different sampling sites (Figure 3) can be divided according to their bacterial diversity and richness (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3): sampling sites of high diversity (Shannon and PD) and richness (Chao1), such as NBe, NBw, and DP, and sampling sites of low diversity and richness, such as RDap, RDrh, and NP. Conversely, there were no apparent differences between the richness and diversity of the different sampling sites for fungal communities. For example, some sampling sites like RDrh presented a higher richness (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3) than RDap, NBw, and DP (Figure 3). Moreover, sites such as RDap (Figure 3) presented a lower diversity (Tukey’s HDS, p-value ≤ 0.05, Supplementary Table 3) compared to the sites DP, NBe (Shannon and PD), and RDrh (Shannon).
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FIGURE 3
Bacteria (A) and fungi (B) alpha diversity (Chao1; Shannon; phylogenetic diversity) for sampling sites North Beach East [NBe], North Beach West [NBw], Devil’s Point [DP], Nikopol Point [NP], Rotch Dome Ritli Hill [RDrh], and Rotch Dome Amadok Point [RDap]. Dots represent data points, and boxplots represent the interquartile range of alpha diversity. Statistically significant differences (Tukey’s HSD p-value ≤ 0.05, for predicted alpha diversity by a linear model) are marked by brackets.


These results suggest that bacterial alpha diversity was higher in RSS than in plants’ rhizospheres. For instance, bacterial diversity and richness were higher overall in the Cq plants (rhizosphere and RSS) compared to Da plants, with the diversity and richness levels of the Da.Cq bacterial communities intermediate with those observed for Da and Cq individually (although the latter was not statistically significant). This pattern splits the sampling locations into two groups: high diversity and richness sites (Nbe, NBw, and DP) and low diversity and richness sites (NP, Rdap, and RDrh). Fungal communities, in turn, do not show a clear pattern of diversity or richness among locations. As opposed to bacterial richness and diversity, rhizosphere and RSS in Da plants exhibited more diverse fungi than Cq, with RSS being the most diverse compartment.



Drivers of microbial community structure

Next, we wanted to assess whether microbial communities were homogeneous or presented a high turnover among locations, plant species, or compartments. For this, we calculated two beta diversity indices (Bray–Curtis and weighted UniFrac) and found that our data rejected the hypothesis of homogeneity of variance (ANOVA, p-value ≤ 0.0001). Using a robust test, we found statistically significant differences (Wd* test, p-value ≤ 0.0001) between beta diversity (Bray–Curtis and weighted UniFrac) of microbial communities from different sampling sites and compartments by plant species (species compartments; Supplementary Table 4). Pairwise comparisons between sampling sites showed statistically significant differences in beta diversity of bacteria and fungi (Bray–Curtis and weighted UniFrac) between all sampling sites (Wd* test, p-value ≤ 0.007, Supplementary Table 4). Likewise, there were statistically significant differences (Wd* test, p-value ≤ 0.036, Supplementary Table 4) in beta diversity of bacteria (Bray–Curtis and weighted UniFrac) from all plant species compartments, with some exceptions when Bray–Curtis dissimilarity was used, such as in rhizospheres of Da vs. Da.Cq (Wd* test, p-value = 0.065) or between the rhizosphere of each plant and its RSS counterpart (Wd* test, p-value ≥ 0.185). For fungi, we found that most plants’ community composition and compartments presented statistically significant differences (Wd* test, p-value ≤ 0.036). The exceptions were the Cq rhizosphere vs. Cq RSS; Da RSS vs. Da.Cq RSS; Da.Cq rhizosphere vs. bulk soil, Da rhizosphere, and Da.Cq RSS (weighted UniFrac only); Da rhizosphere (weighted UniFrac only) vs. Da RSS and Da.Cq RSS. These results suggest that bacterial species’ turnover is significantly different among sampling sites and different compartments by plant species. However, for fungi, species turnover was significant between different sampling sites and between specific compartments by plant species, such as the Da and Cq rhizospheres and between these rhizospheres and the bulk soil.

We used a variance partitioning analysis (VPA) to quantify the variation in microbial composition explained by plant species compartments, sampling sites, and the shared variation explained by both factors (Supplementary Table 4). This analysis showed that the highest variance in the composition of the microbial communities was given by the sampling site (21.58/26.63%) for bacteria and (6.18/19.55%) for fungi (for Bray–Curtis and weighted UniFrac, respectively). Likewise, plant species contributed 6.26/10.71% of the variance in bacteria and 1.96/4.1% in fungi (Bray–Curtis and weighted UniFrac, respectively). Both variables explained 31.33/43.27% of the variance in bacteria and 8.92/27.66% in fungi (including the shared variance). Other unaccounted variables influence the remaining variance.

To further explore community structure in our dataset, we performed a constrained ordination analysis extracting and summarizing the maximum variation of the microbial composition explained by statistically significant ecological variables recorded in our sampling. First, using detrended correspondence analysis (DCA), we determined the suitability of a linear ordination method (first DCA axis < 3); hence, a redundancy analysis (RDA) was performed. Then, we performed a forward selection procedure for explanatory variables to reduce the number of explanatory variables entering the RDA while keeping the variation explained by them to the maximum. For bacteria (Bray–Curtis and weighted UniFrac), the multivariate space was constrained by sampling site, plant species compartment, and latitude. In contrast, for fungi, the constrained variables were sampling site (Bray–Curtis and weighted UniFrac), compartment (Bray–Curtis), longitude (Bray–Curtis), plant species (weighted UniFrac), and latitude (weighted UniFrac).

The RDA (Figure 4 and Supplementary Figure 2) showed that the constrained space explained 44 and 15% of the total variance for bacteria and fungi, respectively. The first two axes explained approximately 50% of the constrained variance for bacteria and 45% for fungi (using both weighted UniFrac and Bray–Curtis) within the total constrained space. The RDA emphasizes the relevance of geographic factors such as the sampling site, latitude, longitude, and altitude of the samples as drivers of dissimilarities in the turnover of microbial communities. This pattern becomes evident when observing how the samples from the beaches north of the peninsula (NBe and NBw) are somewhat separated from the rest of the samples, directly influenced by their latitude and altitude (see Supplementary Table 1). In contrast, fungal communities were structured differently than bacteria, suggesting that other rhizosphere acquisition and source modes govern their structure and composition.
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FIGURE 4
Bacteria (A) and fungi (B) beta diversity for Deschampsia antarctica [Da], Colobanthus quitensis [Cq], and their association [DaCq]. A redundancy analysis of Hellinger-transformed weighted UniFrac distance was statistically chosen to describe microbial community structure in a supervised approach. Each axis shows the percentage of variance explained in an unsupervised and supervised analysis.




Taxonomic composition of plant’s rhizospheres and soil microbial communities

To explore the taxonomic composition of bulk soils and plant’s rhizospheres RSSs in each sampling site, we generated a heatmap of the most abundant taxa (abundance ≥ 1% in the total samples) at the genus or best-hit taxonomic classification (Figure 5). Only 11 genera in bacteria and 13 genera in fungi presented a relative abundance ≥ 1% in the total samples (Figure 5). The most abundant bacterial genera belonged to the Bacteroidetes (Ferruginibacter, Mucilaginibacter, and Flavobacterium), Proteobacteria (Polaromonas, Sphingomonas, and Rhodanobacter), Verrucomicrobia (Candidatus Udaeobacter and Chthoniobacter), Acidobacteria (Acidobacteria bacterium JGI0001001-H03 and Bryobacter), and Gemmatimonadetes (Gemmatimonas) phyla (Figure 5A). However, at higher taxonomic levels, the most abundant phyla were Proteobacteria, Bacteroidetes, Acidobacteria, Verrucomicrobia, and Actinobacteria, representing 75–92% of the total abundance of ASVs in the different compartments and sampling sites (Figure 5A). For fungi, the most abundant genera belonged to Mortierellomycota (Mortierella), Basidiomycota (Glaciozyma, Mrakia, Ceratobasidiaceae-ASV8469, and Dioszegia), Ascomycota (Antarctomyces, Dermateaceae-ASV2984, Pseudogymnoascus, Herpotrichia, Juncaceicola, Microdochium, and Leptosphaeria), and the Rozellomycota (ASV8244) phyla (Figure 5B). These four phyla accounted for 57–100% of the total abundance of ASVs in the different compartments at each sampling site (Figure 5B).


[image: image]

FIGURE 5
Microbial community composition for bacteria (A) and fungi (B) in Deschampsia antarctica (Da), Colobanthus quitensis(Cq), and their association (DaCq). We took only the most abundant taxa (abundance ≥ 1% in the total samples) at their genus or best-hit taxonomic classification by sampling site and plant species compartment. Heatmap colors represent the taxa relative abundance (arithmetic mean by plant compartment) on a logarithmic scale.


Next, we used a random forest classification model to statistically determine significant differences between taxa present in the microbial communities of the rhizosphere and the RSS of the different plant species and the bulk soil (Supplementary Figure 3). We found that bacteria belonging to the Dyadobacter, Mucilaginibacter, and Candidatus Xiphinematobacter genera were consistently more abundant (p-value ≤ 0.05) in the sections associated with plants (rhizosphere and RSS) than in bulk soil. Moreover, these genera formed an abundance gradient from the rhizosphere to the bulk soil with RSS in between, and another gradient between Da and Cq with Da.Cq in between. Likewise, bacterial ASVs assigned to Devosia, Galbitalea, Lysinomonas, Asticcacaulis, Prosthecobacter, and Neorhizobium (the latter especially abundant in Da) showed a higher abundance in the compartments of the plants than in the bulk soil (p-value ≤ 0.05). Conversely, bacterial ASVs assigned to the genus Pseudarthrobacter were more abundant in bulk soil and RSS than in rhizospheres (bulk soil > Da RSS > Da.Cq RSS > Cq RSS).

For fungi, we found two genera, Dioszegia and Cheilymenia, more abundant in plant compartments (rhizosphere and RSS) than in bulk soil (Supplementary Figure 3, p-value < 0.05). In both plants and their association (Da.Cq), Dioszegia was more abundant in the RSS than in the rhizosphere. At the same time, Cheilymenia was more abundant in the rhizosphere than in the RSS (Supplementary Figure 3, p-value < 0.05). Other genera such as Antarctomyces, Glaciozyma, Mrakia, and Juncaceicola were abundant in both the bulk soils and plant compartments (rhizosphere and RSS) of Da and Da.Cq, but were almost absent in the rhizosphere and the RSS of Cq (Supplementary Figure 3, p-value ≤ 0.05). Conversely, the genera Leptosphaeria and Verrucaria were more abundant in Cq plants (rhizosphere and RSS) than in Da and Da.Cq plants (Supplementary Figure 3, p-value ≤ 0.05). Finally, the genus Microdochium was more abundant in Da and Da.Cq plants (rhizosphere and RSS) than in Cq plants and bulk soils (Supplementary Figure 3, p-value ≤ 0.05).

Altogether, these results show that there are taxa from both bacteria and fungi, whose abundances are significantly different among the studied compartments (rhizosphere, RSS, and bulk soil) and among different plants, which is especially marked in the case of fungi. Furthermore, these results suggest that while soil microbes are also present in RSS and rhizosphere soil, plants can select and foster specific microbes, forming distinguishable and detectable gradients.



Core microbiome and source of the rhizosphere microbial communities

Finally, we wanted to assess to what extent microbes are shared and potentially linked in source among the rhizosphere of Da and Cq. We constructed Venn diagrams to determine shared and unique (100% of prevalence) ASVs from bacteria and fungi between rhizospheres of the same plant species in different sampling sites regardless of their relative abundance. Our results show that few bacteria and fungi ASVs in each plant’s rhizospheres were shared (100% of prevalence) between all sampling sites (Supplementary Figures 4, 5). For Da, only 4.7% (827 ASVs) of bacterial ASVs and 0.3% (7 ASVs) of fungal ASVs were shared (100% of prevalence) between the six sampling sites, where Devil’s Point [28.1% (4974 ASVs) and 26.9% (558 ASVs) for bacteria and fungi, respectively] and Rotch Dome Ritli Hill [6.9% (1228 ASVs) and 28% (581 ASVs) for bacteria and fungi, respectively] having a significant number of exclusive ASVs. For Cq, 6.9% (1032 ASVs) of bacteria and 1% (14 ASVs) of fungi ASVs were shared (100% of prevalence) between the four sampling sites, with North Beach East (18.3%/2749 ASVs) and Rotch Dome Amadok Point (12.9%/1945 ASVs) concentrating most of the exclusive bacteria ASVs. For fungi in Cq’s rhizosphere, the four sites showed many exclusive ASVs ranging from 15.8 (220 ASVs) in Devil’s Point to 27.8% (387 ASVs) in North Beach East. Finally, for Da.Cq, we found that 15.1% (2175 ASVs) of bacteria ASVs and 1.8% (26 ASVs) of fungi ASVs were shared (100% of prevalence) between the three sampling sites. For bacteria, Devil’s Point showed most of the exclusive ASVs (48.5%/6996 ASVs), while for fungi, Devil’s Point and Rotch Dome Ritli Hill accounted for 39.4% (561 ASVs) and 30.4% (432 ASVs) of the exclusive ASVs, respectively. These results suggest a low number of microbial ASVs were prevalent in all rhizospheres of plants from the same species (i.e., Da, Cq, and Da.Cq) growing in different sampling sites across Byers. There is also a gradient in the size of the core microbiome between the different plants, being more numerous in Da.Cq followed by Cq and Da (Da.Cq > Cq > Da). Finally, sites such as Devil’s Point presented the highest number of ASVs exclusive to both bacteria and fungi in the rhizosphere of Da and Da.Cq, being Cq the exception.

We then set out to quantify the influence of different microbial sources on the taxonomic composition of the rhizosphere communities by plant species. First, we conducted a source tracking analysis in the rhizosphere samples collected in Devil’s Point as a model site (Figure 6). Our analysis indicates that bacterial ASVs from local sources (i.e., within DP) were the most common source of the Da, Cq, and Da.Cq rhizospheres in Devil’s Point. Specifically, for Cq plants, RSS from DP was the primary source of rhizosphere bacteria, followed by Da rhizosphere from other sampling sites and the rhizosphere of Da.Cq from DP. In the case of the rhizosphere of Da plants, the Da.Cq rhizosphere from DP was the primary source of bacteria, followed by Cq and Da rhizospheres from other Byers’ sampling sites. Finally, for the rhizosphere of Da.Cq plants, the Da rhizosphere from DP was the primary source of bacteria, followed by Da.Cq and Cq rhizospheres from other Byers’ sampling sites.
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FIGURE 6
SourceTracker analyses for bacteria (A) and fungi (B) in the rhizosphere of Deschampsia antarctica [Da], Colobanthus quitensis [Cq], and their association [DaCq]. Rhizosphere samples collected at Devil’s Point were considered sinks and samples from other sites in Byers as potential sources for bacteria and fungi. Heatmap colors represent the relative contribution of each source to the plant’s rhizospheres composition on a logarithmic scale.


For fungal communities, the source tracking analysis (Figure 6) revealed that most fungi ASVs in the rhizospheres of Da and Da.Cq came from unknown sources (sources for which there is no data collected since they were present only in the sink plant’s rhizospheres). In contrast, the source of the fungal communities from the Cq rhizosphere was found mainly in the Cq rhizospheres from other Byers’ sampling sites. However, for Da, we found a small contribution of Cq and Da.Cq fungi from local rhizospheres in DP. Likewise, for Da.Cq plants in DP, we found a small contribution of local rhizospheres from Devil’s Point Da and Cq rhizospheres and Cq rhizospheres from other sampling sites in Byers.

Taken together, we showed the bacterial communities in the rhizosphere of D. antarctica, C. quitensis, and their association Da.Cq mainly were composed of site-specific ASVs. Nevertheless, these ASVs were shared between the rhizospheres of the different plant species, especially between Da and Da.Cq. Likewise, the fungal communities in the rhizosphere of D. antarctica and Da.Cq were also made up of site-specific ASVs. This trait is more potent than that observed in bacteria except for C. quitensis, plants from Devil’s Point where the contribution of foreign soils across Byers’ sampling sites. However, these ASVs were not shared with other plants being also species-specific.




Discussion

Despite the relevance of microbial communities in soil and plant health, there are still open questions about the contribution of different biotic and abiotic factors shaping microbial diversity and acquisition in the rhizosphere. A prevailing paradigm is that plant species are one of the most critical factors shaping rhizosphere structure and composition. However, recent studies have shown that plant species alone cannot account for observed patterns. To contribute with new evidence in this area, we carried out the following work using a simplified natural model, the rhizosphere microbiome (bacteria and fungi) of autochthonous vascular plants in Antarctica through 16S rRNA and ITS metabarcoding.

Our results showed that host plant species significantly affect bacterial diversity and richness, and fungal diversity but to a lesser extent. Additionally, the different soils (sampling sites) significantly affect the diversity and species turnover in both fungi and bacteria of the rhizosphere and bulk soil. Finally, the primary source of rhizosphere bacteria seems to be local soils (the same sampling site) with little contribution from the host plant species in acquiring these rhizosphere microbes. On the other hand, acquiring rhizosphere fungi is more complex, being their source local and distant soils across the Byers Peninsula. Here, the host plant species and stochastic processes contribute to the fungal community assembly process in the rhizosphere.


Microbial diversity differs between plant species, compartments, and sites

This study found that plant species influence rhizosphere microbes’ richness and diversity (phylogenetic and ecological). Here, the rhizosphere of Cq plants harbors richer (Chao1) and more diverse (PD and Shannon) bacterial communities than its counterpart in Da plants. Conversely, fungal communities of Da plant’s rhizosphere were more even (higher Shannon) but neither more phylogenetically diverse nor rich than those of Cq.

Our findings contrast with previous reports for rhizosphere bacteria of Antarctic vascular plants (Da and Cq), where no significant differences in diversity and richness were found between plant species (Teixeira et al., 2010). Unfortunately, no previous studies have compared the diversity of fungi in the rhizosphere of Da and Cq. In contrast, recent studies on other plants (woody plants, understory plants, grasses, and hygrophytic plants) have demonstrated that plant species have a significant influence on the diversity and richness of rhizosphere bacterial communities (Bonito et al., 2014; Ma et al., 2019; Schmid et al., 2019) but limited impact in the rhizosphere’s fungal diversity and richness (Bonito et al., 2014; Xu et al., 2019).

We hypothesize that Da exerts a more substantial rhizosphere effect over the bacterial community than Cq, which explains Da rhizosphere bacteria’s reduced richness and diversity, reflecting the host endemic nature, although both plants are native. This finding agrees with previous evidence that shows that Da plants are better adapted to the harsh conditions of Antarctica, facilitating the establishment of other natives (e.g., Cq) and invasive plants on the continent (Atala et al., 2019). In contrast, we speculate that Da plants offer more microbial niches to rhizosphere fungi than Cq, increasing species’ evenness (higher diversity but equal richness). In woody plants, a decreased frequency of ectomycorrhizal formation is associated with a higher exposed root surface for endophytic fungi to colonize and, consequently, higher levels of fungal diversity (Bonito et al., 2014). To date, there is no evidence of ectomycorrhizal fungi colonization of Da plants, and a large number of endophytic fungi have been isolated from its rhizosphere (de Carvalho et al., 2019 and references therein). Thus, the high abundance of endophytic fungi could explain the higher fungal diversity found in Da’s rhizosphere.

Additionally, we found that different sampling sites and environmental and physicochemical differences between soils (Supplementary Table 2) influenced the diversity (ecological and phylogenetic) and richness of rhizosphere microbial communities. A clear pattern was evident for bacteria, where sampling sites were split consistently into high diversity and richness or low diversity and richness soils. For fungi, this relationship was unclear and did not correlate with bacteria’s diversity or richness or both patterns. In contrast, one previous study did not find significant differences in bacterial communities’ diversity and richness from rhizosphere (Da and Cq) and bulk soils taken at three different sampling sites in King George Island, Antarctica (Teixeira et al., 2010). Despite this, current studies show that on a global scale, the environmental heterogeneity of soil is the primary driver of the diversity and structure of rhizosphere and bulk soil microbial communities (Tedersoo et al., 2014; Fierer, 2017; Yeoh et al., 2017; Ma et al., 2019; Xu et al., 2019, 2; Chu et al., 2020). In our study, we recorded the geographical parameters of the sampling sites, which differ mainly in their altitude and latitude. While we could not determine the rhizosphere and bulk soils’ physicochemical properties, we measured the edaphic properties of 44 rhizosphere and bulk soil samples taken in 2019 at five of the six sampling sites included in this study (Supplementary Table 2). Together, statistically significant (p-values ≤ 0.05) edaphic parameters (total C, total N, NO3, Mg, and K) explained the 71.5% (p-value = 0.0047) of the variance between sampling sites (Supplementary Figure 6), reinforcing the idea that the combination of geographical and physicochemical factors of the soil defines the sampling sites and directly influences the diversity and richness of microbial communities.

Finally, we found significant differences between compartments where RSS has a higher richness (bacteria and fungi) and diversity (bacteria only) than the rhizosphere. Here, we propose that RSS is a transition compartment between the rhizosphere and bulk soil that support a richer and more diverse (ecologically and phylogenetically) microbial community than the rhizosphere, where both rhizosphere and bulk soil microbial communities coexist. A possible explanation for the observed pattern is the gradient characteristic of the rhizosphere effect, which decreases in its intensity as the distance from the roots increases (Philippot et al., 2013; Fierer, 2017; de la Fuente Cantó et al., 2020; Ling et al., 2022). The rhizosphere effect is weaker in the RSS than in the rhizosphere, allowing the coexistence of microbes that belong to both compartments (rhizosphere and bulk soil).



Sampling sites and plant species shape the microbial community structure

The main drivers of microbial community composition in both rhizosphere and bulk soil were sampling sites and plant species. The observed differences between communities were more evident when we used a beta diversity distance metric that considered the abundance-weighted phylogenetic composition of ASVs (weighted UniFrac) between communities. The above implies that the different microbial communities harbor distinctive and differentially distributed genetic lineages due to environmental geographic pressures (sampling site, latitude, and altitude) and, to a lesser extent, biotic factors (plant species). In the case of fungi, a more significant fraction of the variance between samples was influenced by other unaccounted variables compared to what we found in bacteria. Altogether, these results are in agreement with what has been described in other studies, where the variance in rhizosphere microbial communities of different plant species is usually more significant if these plants belong to different soils than to plants grown on the same soil (Philippot et al., 2013; Bonito et al., 2014; Yeoh et al., 2017; Xu et al., 2019; Thiergart et al., 2020; Vieira et al., 2020). As we mentioned before, the turnover of fungal species in the rhizosphere and the bulk soil was not determined by the specific soil or the plant species but by other variables that could be relevant yet unmeasured in this study. For example, it has been proposed that the local climatic factors to which the soils are exposed would be the primary driver of the differences between the fungal communities both in the rhizosphere and in the bulk soil (Tedersoo et al., 2014; Thiergart et al., 2020). Due to the contrasting terrain in Antarctica, it is possible to find different microclimates over short distances where factors such as moisture availability, low temperature, and ground-level wind speed significantly influence plants (Beyer et al., 2000). We hypothesize that the high variability at the microclimate level, particularly moisture differences and exposure to sea sprays, could explain the significant differences found in the species turnover of fungi in the rhizosphere and bulk soils presented here.



The microbial composition of antarctic vascular plants

Our work showed that the microbes associated with the rhizosphere of Antarctic vascular plants and soils were represented mainly by four bacterial and four fungal phyla. Our results agree with those described in the literature where major bacterial groups (i.e., Proteobacteria, Bacteroidetes, Acidobacteria, Planctomycetes, Chloroflexi, and Verrucomicrobia) are widely distributed both in bulk soils and in the rhizosphere of plants throughout the world (Trivedi et al., 2020; Vieira et al., 2020; Ling et al., 2022). Likewise, we found that rhizosphere and bulk soil fungal communities were dominated by Ascomycota, Basidiomycota, Mortierellomycota, and Rozellomycota, which represent cosmopolitan phyla of soil fungi on a global scale (Tedersoo et al., 2014, 2017; Trivedi et al., 2020; Hussain et al., 2021). In brief, our study demonstrates that at higher taxonomic levels (i.e., phylum), the microbes found in bulk soils and plant rhizospheres in Antarctica are ubiquitous to all soils and rhizospheres in the world. Also, the abundance patterns of microbial phyla in the rhizosphere and soil compartments in Antarctica are similar to those described in other environments (Trivedi et al., 2020; Vieira et al., 2020; Ling et al., 2022). For example, Antarctic rhizospheres were enriched in Proteobacteria and Bacteroidetes. In contrast, Acidobacteria, Chloroflexi, Actinobacteria, and Verrucomicrobia were enriched in the surrounding bulk soils. The phyla Proteobacteria and Bacteroidetes thrive in the carbon-rich rhizosphere because of their high metabolic activity, fast growth, and their ability to secrete diverse arrays of carbohydrate-active enzymes that break up the available carbon pool secreted by plant roots (Delgado-Baquerizo et al., 2018; Larsbrink and McKee, 2020; Ling et al., 2022). Finally, the fungal communities of the rhizosphere (especially in Cq) were enriched in the phylum Mortierellomycota compared to the surrounding bulk soil. This phylum increases its dominance at high latitudes and is dominant in tundra biomes (Tedersoo et al., 2014). Also, fungi belonging to this taxa are considered saprotrophs, with some representatives identified as plant growth-promoting fungi (PGPF) that can improve access to the bioavailable forms of P and Fe to the plant (Xu et al., 2019; Ozimek and Hanaka, 2020).

At lower taxonomic levels (genus), we found that the dominant taxa reported in this study (i.e., Ferruginibacter, Candidatus Udaeobacter, Polaromonas, Sphingomonas, Rhodanobacter, Gemmatimonas, Mucilaginibacter, Chthoniobacter, Flavobacterium, and Bryobacter) have been reported as relevant bacterial groups in Antarctic soils (Cary et al., 2010; Kim et al., 2012, 2019; Pearce et al., 2012; Guo et al., 2018; Dennis et al., 2019; Lambrechts et al., 2019; Ramírez-Fernández et al., 2019; Almela et al., 2021; Marcoleta et al., 2022). Likewise, we found that some abundant genera of fungi reported in this work (i.e., Mortierella, Glaciozyma, Antarctomyces, Mrakia, Pseudogymnoascus, Herpotrichia, Juncaceicola, Microdochium, Leptosphaeria, and Dioszegia) have also been described as essential components of Antarctic soils (Pearce et al., 2012; Aislabie et al., 2014; de Andrade et al., 2018; Firdaus-Raih et al., 2018; de Carvalho et al., 2019; Garrido-Benavent et al., 2020; Horrocks et al., 2020). Also, at the genus level, we were able to identify microbial taxa that were significantly enriched in the plant-associated compartments (rhizosphere and RSS). Some of these bacterial genera have been described as essential parts of the rhizosphere microbiome in woody plants and grasses in other environments globally. For example, the genera Dyadobacter (diazotrophic bacteria), Mucilaginibacter, Asticcacaulis, and Neorhizobium (diazotrophic bacteria) are considered plant growth-promoting bacteria (PGPB) and are part of the core microbiome of diverse plants and cultivars across the globe (Costa et al., 2006; Madhaiyan et al., 2010; Wei et al., 2017; Yeoh et al., 2017; Ishizawa et al., 2018; Xu et al., 2018; Liu et al., 2019; You et al., 2021). Strains of Devosia have been isolated from the rhizosphere of Cq and display a high tolerance to salt, where in vitro experiments have demonstrated that this bacteria can improve the osmotic and physiological performance of the Antarctic vascular plants (Gallardo-Cerda et al., 2018). Additionally, this genus is globally abundant in soil and has been found enriched in the rhizospheres of various plants of economic interest (Delgado-Baquerizo et al., 2018; Wang et al., 2022). Finally, representative genus Galbitalea has not been obtained from vascular plant rhizospheres; however, several isolates have been obtained from Antarctic lichens (Noh et al., 2021).

Similar results were obtained for fungi, where genera such as Dioszegia, Leptosphaeria, Verrucaria, and Microdochium were significantly enriched in the rhizosphere and RSS of some Antarctic vascular plants. Fungi from Dioszegia and Microdochium are part of the core microbiome in various plants’ rhizospheres, where they play an essential role in controlling and modulating the composition and diversity of plants’ bacterial communities and pathogenic bacteria (Douglas and Deacon, 1994; Agler et al., 2016; Gómez Expósito et al., 2017; Pascale et al., 2020; Schlatter et al., 2020). Other genera such as Leptosphaeria are usually classified as pathogenic fungi; however, they are core taxa in different plant species and are defined as dark septate endophytic fungi (DSE) (Verma et al., 2017; Xu et al., 2019; Fortin Faubert et al., 2022). Also, some of their representatives have a beneficial impact on the plants that grow through the secretion of indoleacetic acid and siderophores (Verma et al., 2017; Xu et al., 2019; Fortin Faubert et al., 2022). Finally, fungi from the genus Verrucaria are known taxa of lichenized fungi, widely described in Antarctic soils (Lachacz et al., 2018; Garrido-Benavent et al., 2020), but their presence in rhizospheres of Antarctic vascular plants has not been reported before.



The acquisition of rhizosphere microbes in antarctic vascular plants

One of our main goals was to quantitatively determine the possible source of microbes in the rhizosphere of Antarctic vascular plants. As in other rhizospheres, we considered two plausible hypotheses explaining the source of the microbes that make up the rhizosphere microbiome in Da and Cq. One hypothesis considers that the different soils harbor specific groups of microbes, which represent the total pool that the root can recruit. Then, the secretion of root exudates alters the chemical composition of the surrounding soil, serving as substrates for the growth of selected soil microbes. Here, the soil would be the primary source of microbial communities in the rhizosphere. A second hypothesis considers that the rhizosphere microbial communities are partially inherited through the vertical transmission of microbes from the seed or other propagule types. Thus, the plant species would have a central role in assembling the microbial communities of the rhizosphere, somewhat independently of soil microbial composition.

Our results support the first hypothesis for bacteria, where the rhizosphere bacterial communities are acquired mainly from local soil sources, and plant species have little incidence in the specificity of the bacterial community composition in the rhizosphere. In contrast, our results are not conclusive for fungi, showing that local (Da and Da.Cq) and more distant soils (Cq) are important sources for acquiring these microbes but are not the determining factor, especially in and Da.Cq rhizospheres. Likewise, plant species were also a relevant factor (mostly in Cq plants) in recruiting specific fungal ASVs to the rhizosphere, but other stochastic factors would contribute significantly to the assembly process of rhizosphere fungal communities. Additionally, coastal Antarctic soils are heavily influenced by organic inputs of seabirds and marine vertebrates’ feces that facilitate the establishment of vascular plants and could contribute as sources of microorganisms, as well as their spread (Ramírez-Fernández et al., 2019). Studies have shown that forces such as long-range transport through wind and ocean currents might also play a role (Archer et al., 2019).

In general, our results regarding the source and acquisition of the rhizosphere bacteriome in Antarctic plants agree with multiple experiments conducted in common garden setups, where the soil is the primary source for the acquisition of rhizosphere bacteria (Schlaeppi et al., 2014; Fitzpatrick et al., 2018; Leff et al., 2018; Hannula et al., 2019; Thiergart et al., 2020). Likewise, these experiments also showed that in the case of fungi, the effect of the host species has a stronger force in the acquisition of the fungal communities in the rhizosphere from soil (Hannula et al., 2019; Thiergart et al., 2020). It is important to note that in the case of fungi, various studies point to the existence of stochastic factors that randomly determine the assembly of fungal communities in the rhizosphere, the main one being the dispersal ability of fungi in the soil (Hussain et al., 2021; Zhang et al., 2021).

Taken together, we demonstrate the usefulness of Antarctic vascular plants as a model for the study of plant–microbe interactions in a natural environment without the noise of other more accessible environments.




Conclusion

The present work represents the most recent and complete study of microbial ecology from Antarctic vascular plant rhizospheres, contributing to disentangling the interactions that shape the diversity and structure of microbial communities. Here, we show that the diversity and composition of rhizosphere microbial communities in Antarctic plants are determined by the host species identity and the specific sampling site. This last factor is also the main driver of microbial species turnover in conjunction with geographic factors such as latitude and altitude. Moreover, we show that the acquisition of the rhizosphere bacteria is given by the pool of bacteria available in the local soil, where the influence of the host plant species is minimal. In contrast, the acquisition of rhizosphere fungal communities is influenced by the interaction of local and distant soils, host plant species, and stochastic factors that produce a more random assemblage of fungal species.
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The role of competitive interactions based on resource utilisation was explored in a phototrophic microbial mat from Byers Peninsula (Maritime Antarctica). Shotgun metagenomic profiling of the mat showed a taxonomic and functionally diverse microbial community. The heterotrophic bacterial community was dominated by Proteobacteria, where genera typically found in polar habitats, such as Janthinobacterium, Pseudomonas, and Polaromonas, were highly prevalent. Cyanobacteria played the main role as primary producers, accompanied by diatoms and chlorophytes. To test the potential effects of the inorganic nutrient (N and P) availability on this community, a fully factorial nitrate and phosphorus addition experiment was conducted in situ. The mat exhibited a functional and structural response to the nutrient amendments. Compared to the undisturbed mat, phosphorus fertilisation favoured the growth of (non-heterocystous) cyanobacteria relative to that of diatoms, as indicated by changes in the carotenoid pigment biomarkers. Although no mat accretion was visible, fertilisation improved the phototrophic activity, and, mainly, when P was amended, the production of exopolymeric substances was favoured, whereas further changes in the vertical distribution of primary production activity were observed as well. Illumina amplicon sequencing of the 16S rRNA gene also demonstrated changes in the relative abundance of heterotrophic prokaryotes, which were detectable from the phylum to the genus level and mainly related to the amendment of nitrogen. Predictions made on the functional skills of these shifted prokaryotic communities indicated changes in abundance selecting taxa with a metabolic adaptation to the new nutrient scenarios. They mainly consisted of the enhancement of ecological strategies and metabolic regulatory mechanisms related to the uptake and metabolising of either nitrogen or phosphorus, regulated by its availability whether in a balanced way or not. This study is a pioneer in demonstrating how shifts in the regional dynamic of nutrients might alter the metabolic equilibrium of these initially considered homeostatic benthic communities. They can be accordingly considered as taxonomically diverse microbiomes with a functional repertoire still inclined to respond to the biogeochemical alteration of nutrient cycles, although occurring in a cold extreme environment where biological activity is partially restricted by environmental harshness.
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Introduction

Ecophysiological studies based on the manipulation of environmental variables, and the investigation of how these changes affect the structure and function of microbial communities, may help to interpret how direct and indirect effects of some components of global change, such as eutrophication and climate change, can affect these microbial communities in polar regions. Microbial mats, which are benthic multilayered communities that include heterotrophic and photoautotrophic microorganisms, are considered the appropriate models for studying interactions of biogeochemical fluxes and the role of microbes thereby (Camacho and de Wit, 2003; Bonilla et al., 2005; Stal and Noffke, 2011; Preisner et al., 2016). Several studies have addressed the effect of resource availability on microbial mats (e.g., Camacho and de Wit, 2003; Bonilla et al., 2005; Kohler et al., 2016). These studies revealed changes in the functional and structural features after the alteration of nutrient availability and their ratios, although the magnitude of these shifts varied among them.

Microbial mats are complex structures formed by multiple biofilms of microorganisms, essentially composed of prokaryotes and protists, embedded in a matrix of exopolysaccharides formed by their microbial components (Prieto-Barajas et al., 2018). Heterotrophic bacteria profit from the photosynthates of microbial primary producers, mainly cyanobacteria and microalgae. The Archaea and Eukarya can be also relevant in the formation and functioning of the microbial mats in different layers, although their abundance, community structure, and diversity can be highly variable between different types of microbial mats (Prieto-Barajas et al., 2018). There are multiple activities and metabolic processes that are crucial in the formation and maintenance of the mats (Bolhuis et al., 2014; De Anda et al., 2018) as those associated with nitrogen (nitrification, nitrogen fixation, and denitrification), phosphorus (alkaline phosphatase activity, low-affinity P-systems, etc.), and carbon metabolism (fuelling the heterotrophic way of life and others, such as those associated with exopolysaccharides production and consumption, or methanogenesis), as well as others related to environmental stress. Photosynthesis is the main source of energy for the microbial mat (Camacho and de Wit, 2003; Prieto-Barajas et al., 2018), where the top layer is typically dominated by oxygenic phototrophs, such as diatoms and cyanobacteria. The ecological success of benthic cyanobacteria, which are the main primary producers in terrestrial Antarctic environments, stands from the resistance to desiccation and high doses of ultraviolet radiation, as well as the absence of competition from planktonic autotrophs (Sabbe et al., 2004). These layered structures are abundant in the Byers Peninsula (Livingston Island and South Shetland Islands), and previous studies have demonstrated that they are, in part, dependent not only on moisture but also on nutrients availability (Fernández-Valiente et al., 2007; Velázquez et al., 2011; Rochera et al., 2013).

We hypothesised that, besides intense physical control, the microbial community structure of these mats can be partially regulated by biotic interactions, such as resource competition or others. In fact, the potential occurrence of strong biotic interactions, even cascading effects due to predation, was demonstrated a long time ago for lakes of the Byers Peninsula under the milder summer conditions in maritime Antarctica (Camacho, 2006). Attending to mechanisms described by the resource competition theory (Tilman, 1982; Tilman et al., 1986), it is expected that an unbalanced availability of nutrients induces a shift in the relative dominance and the activity of different organisms, and these changes affect the whole microbial mat. For instance, the relevance of certain bacteria, such as those of the genus Pseudomonas, in the structure and function of microbial mats, especially regarding the exopolysaccharides matrix that binds the mats, has been widely studied (e.g., Mukherjee et al., 2022). Other groups of heterotrophic bacteria can also be very relevant, not only in the biosynthesis and recycling of exopolysaccharides but also in key metabolisms for mat structure, including associations with the photosynthetic fraction (Brambilla et al., 2001; Valdespino-Castillo et al., 2018; Jackson et al., 2021). On the contrary, cyanobacteria and eukaryotic microalgae, which dominate the photosynthetic fraction of the Byers microbial mats (Fernández-Valiente et al., 2007; Rochera et al., 2013; Almela et al., 2019), may have different efficiencies to take up nutrients. Some cyanobacteria, for instance, can take a competitive advantage if they are capable to obtain nitrogen from N2 fixation or from storage compounds (e.g., cyanophycin, Watzer and Forchhammer, 2018). Additionally, some cyanobacteria can accumulate inorganic phosphorus as polyphosphates (Sanz-Luque et al., 2020).

We experimentally tested these ideas by studying the effects of artificially increasing the concentration of inorganic N, P, and both in a polar microbial mat. Among the diverse typologies of the microbial mat occurring in the Byers Peninsula, we chose the Stream Mat described by Fernández-Valiente et al. (2007) displaying high moisture. Experiments were performed during the Antarctic summer with an average air temperature of several degrees over the water freezing point, attempting to avoid the strong physical control that may disguise other underlying biotic and abiotic regulatory factors. After the addition of nutrients, changes in the main structural and functional characteristics of the mat were assessed by a multi-proxy approach. Besides low temperatures and the Antarctic isolation factor, the low nutrient status may strongly influence the biotic and functional diversity of Antarctic systems (Rochera and Camacho, 2019). Accordingly, in this study, our objective was to determine the potential changes in the community structure and the main functional traits that may be promoted in an Antarctic microbial mat after the experimental alteration of nutrient conditions. With that, we aimed to give insights into how the activation of biogeochemical cycles by climate change, which will increase the transit of nutrients in polar regions (Camacho et al., 2012), could influence these key ecosystems for polar areas.



Materials and methods


Study site

The studied microbial mat was located in the water-flooded shore of a small stream located at South Beaches of the Byers Peninsula (62° 38′ S, 61° 01′ W), Livingston Island (South Shetland Islands), Antarctica. The Byers Peninsula is a 60.6 km2 area mostly free of ice and snow cover during part of the Antarctic summer (Toro et al., 2007). In the studied season, most summer ice thaw in Byers occurred in late December and early January, and then water flowed through a drainage network of small and short streams until the next frozen season. Usual weather conditions in January were overcast as about 60% of the period with rain (mostly) or snow (seldom) for 30% of the time. January monthly rainfall was 54 l/m2, with an average temperature of 2.2°C. The studied microbial mat is permanently covered by water, but water velocity in the overlying waters was very low, since most flows circulated through the central part of the stream channel, which was not covered by this mat. The experimentally studied mat corresponded to the Stream Mat described by Fernández-Valiente et al. (2007). All the necessary permissions were granted by the Spanish Polar Committee for the work performed in Byers Peninsula during the period of experiments. Byers Peninsula has a special protection regime as being an Antarctic Special Protected Area (ASPA No. 126).



Water physical and chemical analyses

Dissolved oxygen, conductivity, and pH were measured in situ with a YSI (YSI Inc., Yellow Springs, OH, USA) multiprobe. Before incubations, the concentrations of dissolved inorganic compounds of nitrogen, phosphorus, and silica were determined in both the overlying water and the interstitial water of the mat, following standard analytical methods (APHA-AWWA-WPCF, 2005). Interstitial water was obtained by applying pressure on untreated fresh mat cores, thus allowing that pore water came out from the mat. Once incubations were finished, the overlaying water of each microcosm was sampled again to measure variations resulting from the experimental nutrient enrichment. All samples for nutrient analyses were filtered in situ through GF/F glass fibre filters and kept frozen until analysis. Nitrate plus nitrite (NOx) was measured after reduction of nitrate to nitrite and then by determination of nitrite with sulfanilamide and N-(Naphtyl-1)-ethylenediamine dichlorhydrate (NNED) (method 4500-NO3-E; APHA-AWWA-WPCF, 2005). Ammonia was analysed using the phenol-hypochlorite method (Golterman, 2004). Soluble reactive phosphorus was determined by the phosphomolybdic acid-ascorbic method (method 4500-P-E; APHA-AWWA-WPCF, 2005) and soluble reactive silica by the molybdosilicate method (method 4500-SiO2-C; APHA-AWWA-WPCF, 2005). Total dissolved nitrogen (TDN) was quantified from filtered samples by oxidation with alkaline persulphate digestion at 150°C for 2 h. After neutralisation of samples, nitrogen present in samples was quantified following the same method described for nitrate. The sum of NOx and NH4 was considered as total dissolved inorganic nitrogen (DIN), and dissolved organic nitrogen (DON) was obtained by subtracting DIN from the total dissolved nitrogen (TDN). All nutrient determinations were made spectrophotometrically using a Beckman DU-7 spectrophotometer.



Mat sampling and experimental setting

Microbial mat samples of a depth of 6 cm were collected from the studied site (Figure 1A), placed in 70-cm2 plastic containers (Figure 1B), and located again in the place of origin in order to maintain natural temperature and illumination conditions during the incubation. Then, they were covered with the stream water (filtered through a GF/F glass fibre filter), usually covering the mat (Figure 1A). These microcosms were amended, when convenient, to establish the following incubation conditions: (1) C – “Control”, without nutrient additions; (2) +N – amended with NH4NO3 to a final concentration of 60 μmol N l–1; (3) + P – amended with NaH2PO4 to a final concentration of 4 μmol P l–1; and (4) + NP – amended with NH4NO3 to a final concentration of 60 μmol N l–1 and NaH2PO4 to a final concentration of 4 μmol P l–1. The + NP additions show an N/P molar ratio of 15, that is, according to the Redfield ratio, which is optimal for benthic microalgae (Hillebrand and Sommer, 1999). Four replicates were assayed for each of the treatments. Incubations were conducted for 16 days to determine the effect of the nutrient amendment on the community structure and function. Nutrient amendments were performed both at the beginning of incubations and on Day 8 to reach the final concentrations mentioned previously. The water temperature during the incubation period ranged between 1.64 and 2.77°C. Considering the low-growth rates of these microbial communities, the experiment was run during this time for detecting changes, if any, within the microbial community of the mat. Possible changes in the abundance of the different groups of photosynthetic microorganisms of the mat (diatoms and cyanobacteria) were studied by means of the chemotaxonomy of taxon-specific photosynthetic pigments (Camacho and de Wit, 2003) and metabarcoding. Shifts in the taxonomic functional structure of the prokaryotic community were assessed by 16S rRNA gene amplicon sequencing.
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FIGURE 1
(A) An image of the site where samples were picked up. (B) The fragments of the mat for experimental nutrient additions were disposed of into PVC containers with a surface of 70 cm2 and then submerged in stream water supplemented with nutrients (except the controls) per triplicate, according to the experimental design. Samples were prepared, taking care that fragments were perfectly fitted in with the container walls. (C) Leptolyngbya sp.; (D) Chroococcidiopsis sp.; (E) Phormidium autumnale; (F) Oscillatoria sp.


Additionally, the possible effect of the nutrient addition on inorganic 13C-carbon assimilation, depth-specific oxygenic photosynthesis (measured with microelectrodes), inorganic nitrogen (ammonium and nitrate) uptake, N2 fixation (acetylene reduction), total carbon, total nitrogen, and total phosphorus accumulation, as well as the percent of organic matter in the sediment, was also studied as described below.



Bulk biomass, elemental composition, and extracellular polymeric substances

The percent of organic matter in the sediment, as well as total carbon (TC), total nitrogen (TN), and total phosphorus (TP) relative (w/w, and then transformed to molar ratios) contents, was determined in sediment cores of 700 mm2 of a surface and 5 mm in depth collected at the end of the experiment. Dry weight was determined after drying at 103°C for 6 h, and the weight of the organic matter was determined after the ignition of dry samples at 460°C (APHA-AWWA-WPCF, 2005). TC and TN were determined with an elemental CHNS analyser (Carlo-Erba EA-1110). TP was determined after persulphatic-acid hydrolysis of the mat at 135°C for 2 h to hydrolyse any P-form to orthophosphate, and then this was measured as previously described for soluble reactive phosphorus after pH neutralisation.

The amount of extracellular polymeric substances (EPS) in the experimentally studied microbial mats was assessed separately for their main components (carbohydrates and proteins). For this analysis, a known weight from lyophilised samples was placed in 1.5-ml centrifuge tubes, and 1 ml of 2% EDTA was added; subsequently, the tubes were stirred and heated at 35°C for 1 h. Then, they were centrifuged at 10,000 rpm for 10 min, and the supernatant was recovered for analysis. The carbohydrate content of the extract was obtained by measuring the hexose equivalent (polysaccharide) content in the sample by the phenol-sulphuric acid spectrophotometric method (Herbert et al., 1971) using glucose as the standard. The protein amount was quantified according to Bradford (1976), taking bovine serum albumin (BSA) as the standard.



Microscopic and photosynthetic pigments study

Mat samples were fixed with 4% formaldehyde and examined using a light microscope (Nikon Eclipse E600, with a Canon Power Shot G6 Digital Camera). Morphological identification of cyanobacterial species was performed by identification of size morphotypes suggested by Broady and Kibblewhite (1991).

Sediment cores of mat samples used for pigment concentration determination in the different experimental conditions were collected at the end of incubations and stored frozen at −20°C during the Antarctic expedition and further at −80°C until being analysed. Photosynthetic pigments were extracted with 90% acetone (chromatography grade) at 4°C using three successive extractions, after sonication, of 1, 6, and 12 h, respectively. The three sequential extracts were then pooled together and evaporated by vacuum. Later, they were redissolved in a smaller volume of acetone and filtered previously to the injection in the chromatographic system. Separation was performed with a Waters 2690 HPLC system equipped with a photo-diode array detector (Waters 996) on a Spherisorb S5 ODS2 chromatography column, following the procedure described by Picazo et al. (2013). Peaks were identified according to their absorption spectra, and pigment concentrations were estimated using standards prepared with commercially available purified pigments (DHI, Denmark). Chlorophyll a (Chl-a) concentration was considered a proxy for the total biomass of phototrophs. An indication of the health status of the phototrophic community was obtained by using the ratio between Chl-a and its major degradation product (i.e., Pheophytin a) (Camacho and de Wit, 2003). Myxoxanthophyll and fucoxanthin were determined as taxa-specific carotenoids for quantification of the relative abundance of cyanobacteria and diatoms, respectively, and possible changes in the relative abundance of these two groups associated with the treatments were deduced from differences in the fucoxanthin/myxoxanthophyll molar ratio among treatments at the end of the incubations.



DNA extraction, metagenomic analyses, and 16S rRNA sequencing

Two methodological approaches were used for profiling microbial communities: (i) the metagenomic shotgun for characterising the original mat and (ii) 16S rRNA gene amplicon sequencing for assessing the effects of the nutrient-amended treatments compared to the control with no additions. The former was conducted with only a replicate of the control treatment (C) to provide the broadest characterisation of the microbial community, which included bacteria, archaea, viruses, eukaryotes, and fungi. On the contrary, the most cost-effective procedure of sequencing 16S rRNA gene amplicons was performed with the three replicates of the C treatment and with a replicate of each of the nutrient-amended treatments (+N, +P, and +NP). This was made to identify the major effects of nutrient enrichment on the prokaryotic community. This provided information on the taxonomic structure of the community, being also possible to report metabolic functional information based on taxa abundances using the predictive algorithm PICRUSt2 (Douglas et al., 2020). We used complementarily both the shotgun and amplicons sequencing, seeing that broad-scale diversity patterns show to be largely consistent when both methods are compared (Rausch et al., 2019). By sequencing the control treatment (C) simultaneously with the two methods, it would be possible to detect potential biases between the methods whenever they occur.

For all sequencing procedures, DNA extraction from microbial mats was performed with the EZNA Soil DNA isolation kit (Omega Bio-Tek, Inc., Norcross, GA, United States), following instructions of the supplier, and extracts were subsequently quantified with Nanodrop as described by Picazo et al. (2019). Shotgun sequencing of Sample C was performed by the Illumina Novaseq6000 150PE (150 bp × 2 bp) (Macrogen), which provided ca. 120 million clean reads and 15 Gb of output. For the three replicates of the control treatment (C) and one replicate of nutrient-amended treatments (+N, +P, and +NP), the sequencing of the region V4 of the 16S rRNA gene was done using the Illumina MiSeq system (2 bp × 250 bp). For each sample, Illumina-compatible, dual-indexed amplicon libraries of the 16S-V4 rRNA hypervariable region were created with primers 515f/806r. PCR reactions were made following Kozich et al. (2013). Completed libraries were batch normalised using Invitrogen SequalPrep DNA Normalisation Plates. Then, the Qubit quantified pool was loaded on a standard Illumina MiSeq v2 flow cell, and sequencing was performed in a 2 bp × 250 bp paired-end format using a MiSeq v2 500 cycle reagent cartridge. Custom sequencing and index primers complementary to the 515/806 target sequences were added to appropriate wells of the reagent cartridge. Base calling was done by Illumina Real Time Analysis (RTA) v1.18.54, and the output of RTA was demultiplexed and converted to FastQ format with Illumina Bcl2fastq v2.19.1.



Taxonomic annotation, clustering, and functional analysis

The taxonomic annotation of one control (C) sample metagenome was performed using the metagenome classifier Kaiju (Menzel et al., 2016), which uses the more evolutionarily conserved amino acid sequence to perform a comparison with the NCBI BLAST nr database. The Kaiju source code and the web server are available at http://kaiju.binf.ku.dk. Taxonomic annotation was performed with the Pavian library in R (R Development Core Team, 2011; McMurdie and Holmes, 2013). The taxonomic annotation data were used to build stacked plots at the domain, phylum, and genus levels.

Amplicon 16S rRNA (V4) sequences were processed using the UPARSE pipeline using USEARCH v11.0.667 (Edgar, 2013). After merging of read pairs, the dataset was filtered by a maximum number of expected errors of 0.5. Chimeric sequences were removed with USEARCH v11.0.667, utilising the UCHIME (Edgar, 2013), against the SILVA 138.1 database. Filtered sequences were clustered in zero-radius Operational Taxonomic Units (ZOTUs), which are sequences with 100% identity. Alignment and taxonomic assignment were done with SINA v1.2.1152 using the SILVA 138.1 database (Pruesse et al., 2012). SINA uses the Lowest Common Ancestor method (LCA). We configured a “Min identity” of 0.8, and a maximum number of search results of 1 per sequence results in a “best match” type. Sequences with low alignment quality (<75%) and sequences identified as mitochondria or chloroplasts were removed from the analysis. The original ZOTU table was normalised by rarefying the reads of all samples to the minimum threshold of 9,130 reads/sample. Rarefactions were repeated 100 times to avoid the loss of less-abundant ZOTUs, and then, rarefactions were unified in three average rarefied ZOTU tables.

Functional predictions of metagenome in the microbial community were inferred using the Phylogenetic Investigation of Communities by Reconstruction of Unobserved States (PICRUSt2) from the 16S rDNA gene data, as described by Douglas et al. (2020). These functional predictions were made assuming that phylogenetically closely related taxa identified by the 16S rRNA gene share a higher degree of features than distantly related taxa. The analysis was conducted with the raw ZOTUs table (i.e., previously to the filtering and rarefaction steps) after performing the normalisation with the PICRUSt2 tool. The accuracy of functional predictions was tested through the Nearest Sequenced Taxon Index (NSTI), which measures the average distance between OTUs and their nearest sequenced genome representatives available to PICRUSt2. The NSTI scores assess the robustness of PICRUSt2 predictions by assessing the availability of reference genomes closely related with the sequence of the sample. Thus, higher NSTI scores indicate a low availability of related references in such a way that functional predictions may result in less accuracy. By contrast, lower scores occur when the availability of reference genomes is adequate to provide predictions. Following general criteria (Douglas et al., 2020), sequences with an NTSI higher than two were discarded for the analysis. The average NTSI of sequences obtained in this analysis was then 0.12. Functional inferences of the prokaryotic community were then performed by screening the available annotated genes within the Kyoto Encyclopedia of Genes and Genomes (KEGG1) catalogue, following Ye and Doak (2009).



Sequencing result deposition

All sequence data from this study have been deposited in the Sequence Read Archive (SRA) of the National Center for Biotechnology Information (NCBI), BioProject accession No. PRJNA817827.



Microelectrode studies on light-saturated photosynthetic activity

The rates of oxygenic photosynthesis were estimated for each of the replicates of the different incubation conditions at depth intervals of 200 μm through the sediment core by measuring the decline in oxygen concentration (the slope of the curve) after shifting the samples from light-to-dark conditions for 4 s (Camacho and de Wit, 2003). Oxygen concentrations were determined with a polarographic Clark-style oxygen microelectrode (Diamond General, Ann Harbor, MI, United States), while mat samples were exposed to constant saturating illumination of 750-μmol photons m–2 s–1 given by a halogen lamp. The mean temperature of the overlying water during measurements was 6.6°C, and the pH was 7.64. Photosynthetic rates were corrected for sediment porosity and integrated over the sediment column to calculate areal rates. Two profiles of photosynthetic activity were made at different spots in each of the three replicates for each of the four different conditions assayed, and mean values and standard deviations are shown in the respective figures. All microelectrode measurements were confined to the active layer of the mat (i.e., 0–3 mm). With the results obtained, both oxygen production and consumption were also estimated by observing the oxygen fluxes against depth. Fluxes were calculated according to Fick’s first law of diffusion (Cohen and Rosenberg, 1989) using the following equation:
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where Jz is the flux through the layer at depth z, Φ is the porosity of a mat, Ds is the diffusion coefficient of oxygen within the mat, and dC/dx is the slope of the oxygen profile against deepness at depth x. A negative flux refers to a net downward flux, whereas a positive flux refers to a net upward flux.



Inorganic carbon assimilation in the mat

Inorganic carbon assimilation in the mat was measured by the stable isotope technique (13C uptake). Three sediment cores of 700 mm2 of a surface and 5 mm in depth were obtained at the end of the incubation period from each of the different treatments and replicates after microelectrode measurements. Each sediment core (per triplicate) was placed in a hermetic plastic Whirl-pak® bag (3 cores per bag), containing 10 ml of stream mat-overlying water filtered through a GF/F glass fibre filter, and 100 μl of a stock solution 1-g C l–1 of NaH13CO3 (99% of 13C atoms) was added. The natural concentration of dissolved inorganic carbon (DIC) availability was determined by measuring total alkalinity (APHA-AWWA-WPCF, 2005), and then calculated by considering the chemical DIC equilibrium according to pH and temperature values. Incubations were conducted for 3 h by locating these plastic bags in the stream to maintain natural temperature and illumination conditions, placing the cores with the surface layer facing up, and avoiding overlapping. Four incubation conditions were assayed for each sample as follows: (a) under ambient irradiance; (b) under ambient irradiance and supplemented with 3-[3,4-dichlorophenyl]-1,1-dimethylurea] (DCMU) to a final concentration of 10–5 M to eventually measure anoxygenic photosynthesis (DCMU specifically inhibits photosystem II in oxygenic autotrophs); (c) incubation in the dark without further additions; and (d) incubation in the dark with the addition of formaldehyde to a final concentration of 4% (to assess the passive non-biological deposition of labeled carbon by chemical precipitation). All these incubation conditions allowed us to distinguish between oxygenic photosynthesis and possible anoxygenic photosynthesis, dark inorganic-C fixation (chemolithotrophy), and passive 13C-carbonate precipitation, if any. The mean temperature of overlying waters during measurements was 3.3°C and pH 7.62, whereas irradiance during incubation was 589 ± 224-μmol photons m–2 s–1. Incubations were stopped by adding 3-ml HCl 1N, and samples were aerated for 3 h to allow the non-fixed NaH13CO3, escaping in form of 13CO2. After that, the samples were neutralised, adding 3-ml NaOH 1N, for 1 h, and then the liquid was poured from the bags, retaining the cores, which were quickly washed with GF/F-filtered stream water. During transportation, cores were stored frozen at −20°C in darkness. Once in the laboratory, the cores were dried at 60°C and grounded by a pestle and a mortar for further analyses. The natural abundance of 13C and isotopic enrichment in the assayed samples were measured with an IRMS Micromass-Isochrom mass spectrometer and calculated following Alcamán-Arias et al. (2018). In addition to the experimental set, inorganic carbon photoassimilation was also measured five more times in an undisturbed mat during January.



Nitrogen assimilation in the mat

The uptake of N from ammonium and nitrate was measured using the 15N stable isotope technique. Three sediment cores of 700 mm2 of a surface and 5 mm in depth were obtained at the end of the incubation period from each of the different treatments and replicates. Cores were placed in Whirl-pak® bags (three cores per bag), containing 10 ml of GF/F-filtered stream mat-overlying water. To set up the assay, 50 μl of stock solutions (1-mg N l–1) of N-NH4+ or N-NO3– was added as (15NH4)2SO4 (98% of 15N atoms) or as K15NO3 (99.9% of 15N atoms), depending on experiments. Triplicate samples were incubated for 3 h at the stream shore to maintain natural temperature and illumination conditions (as well as in the dark), avoiding the core overlapping within each bag. The mean temperature of the overlying water during measurements was 2.8°C and pH 7.63; irradiance during incubation was 346 ± 55-μmol photons m–2 s–1. After incubation, the samples were rinsed three times with filtered water to eliminate unincorporated 15N, and then they were frozen at −20°C during the transport to the laboratory at the end of the field expedition. Once in the laboratory, the cores were dried at 60°C and grounded by a pestle and a mortar. Additional cores were taken for the determination of 15N natural abundance. The natural abundance of 15N and isotopic enrichment of the assayed samples were measured with an IRMS Micromass-Isochrom mass spectrometer and calculated following Alcamán-Arias et al. (2018).

Nitrogenase activity was measured by the acetylene reduction technique (Fernández-Valiente et al., 2007). Mat cores from the experimental settings were incubated in triplicate in 275-ml plastic flat bottles (three cores per bottle), containing 60 ml of filtered water taken from the stream at the study site. Plastic bottles were capped with reversible rubber stoppers and parafilm to assure gas tightness. The same volume of acetylene was added to replace 10% of the air, and incubations were conducted for 4 h at the shores of the stream to maintain natural temperature and illumination conditions. Special care was taken to place the cores with the surface layer facing up and to avoid overlapping. At initial and final incubation times, the gas samples were collected with double needles in 10-ml pre-evacuated Vacutainer tubes, which were brought to the lab at the end of the field campaign. The mean temperature of the overlying water during measurements was 2.9°C and pH 7.64; irradiance during incubation was 352 ± 57-μmol photons m–2 s–1. The ethylene concentration was then determined after incubations in duplicate for each sample, using a gas chromatograph (Shimadzu model GC-8A), equipped with a flame ionisation detector using a Porapak N 80/100 column.



Statistical analyses

To compare the results of the different measured variables for each of the treatments and the controls, a one-way ANOVA was used. The Levene test for variance homogeneity was performed prior to using parametric non-parametric analyses made when the test was not satisfied. A posteriori multiple comparisons of the means were made using the Duncan test. Some of the parameters (all except photosynthetic activity, TOC, and TN) were also determined before incubation for at least one of the different replicates for each treatment; no significant differences (p < 0.05) among replicates were detected. Differences at the end of the experiment were thus attributed to treatment effects (control vs. nutrient additions).

Two distance-based redundancy analyses (dbRDA) were performed to describe the ordination of the main taxa and metabolic predictions (selected genes) in an environmentally constrained space, respectively. The relevance of the metabolic processes was defined based on the PICRUSt2 predictions from genes associated with the metabolism of major nutrients, stress, autotrophy, and exopolysaccharide biosynthesis (Supplementary Table 1). The analyses were conducted with the vegan R package (Oksanen et al., 2017). A total of 14 variables (C, carbon; N, Nitrogen; P, Phosphorus; EPS carb, Carbohydrate exopolymers; EPS prot, Protein exopolymers; chla, Chlorophyll a; Myxo, Myxoxanthophyll; Fuco, Fucoxanthin; Lut, Lutein; Pheo, phaeophytin; C uptake, NO3 uptake, NH4 uptake, and Nit.act, Nitrogenase activity) were used as explanatory variables. The values of these variables were the average observed for each of them in the four experimental treatments (C, +N, +P, and +NP). Data were square root transformed and normalised before building a Euclidean resemblance matrix.




Results


Environmental variables and water chemical conditions

Typical summer in Byers Peninsula is cloudy, rainy, and windy, and temperatures are usually over 0°C, although the weather conditions are known to be highly variable. During the incubation, performed in January, most days followed this pattern, with only 2 sunny days (irradiance at noon c.a. 1,000 μE m–2 s–1). Thus, most times, it was cloudy (irradiance at noon c.a. 350 μE m–2 s–1), and the day temperature typically oscillated from −2 to 4°C on these cloudy days. The stream water overlying the microbial mat at the time of sampling had a low salt content (78 μS cm–1) and low concentrations of inorganic nitrogen (nitrate and ammonia) and soluble phosphorus (SRP); however, silica concentrations were enough high to preclude any silica limitation for diatoms (Table 1). In comparison, mat pore waters contained higher ammonia soluble and phosphorus concentrations than overlying water (more than triple). By considering these mat pore water concentrations, nutrient addition increased actual concentrations by five times for nitrogen and by two times for phosphorus. At the end of incubations, nutrient concentrations increased in the overlying water accordingly with the nutrient amendment. Almost nutrient exhaustion (especially ammonia and SRP) occurred in the non-amended controls, whereas SRP exhaustion occurred in the N-amended treatment (when only N was added), and comparable ammonia and nitrate exhaustion occurred in the P-amended microcosms, whereas final nutrient concentrations in the overlying waters of the N + P treatments were high, showing nutrient saturation (data not shown). Among nitrogen sources, after incubation, ammonium dropped to lower concentrations, showing that it was the preferred form for inorganic nitrogen uptake by mat microorganisms. Treatments supplemented with nitrogen showed higher concentrations of total dissolved nitrogen in the overlying water, but these nitrogen pools were mainly composed of nitrate and dissolved organic nitrogen (DON), with ammonium being the scarcest fraction. On the contrary, in the controls and treatments amended with phosphorus, the DON was clearly the main nitrogen form, whereas ammonium was depleted.


TABLE 1    Molar concentrations (μmol L–1) of main inorganic nutrients measured in the overlaying and interstitial water of the microbial mat at the beginning of the experiment.
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Morphological description of the cyanobacterial assemblages

Due to the morphological simplicity of some organisms and the difficulties to observe thick mats, only a few genera were reliably identified. The mat samples were all dominated by the thin, filamentous, non-heterocystous cyanobacterium Leptolyngbya, with trichomes being 1 to 1.2μm wide, embedded in a gelatinous mucilage, determined the mat structure (Figure 1). The top layer of the mat also included diatoms and other eukaryotic microalgae, whereas filamentous cyanobacteria were mostly abundant in deeper layers. Several other cyanobacterial morphotypes, mainly non-heterocystous and filamentous cyanobacterial taxa, co-occurred with Leptolyngbya, mostly belonging to the order Oscillatoriales (Figure 1). When the size morphotypes suggested by Broady and Kibblewhite (1991) were used, most of the cells were representative of morphotypes B (diameter, 3.6–5.4 μm) or D (diameter, 6.9–8.2 μm). Unicellular cells, aggregated and enclosed in a common yellow sheath, were also observed and described as Chroococcidiopsis sp. No filamentous heterocystous taxa were observed in any of the enriched mat treatments or in the controls without nutrient amendments.



Metagenomic description of the microbial community in the undisturbed mat

Shotgun analysis performed with the undisturbed mat provided a total of 945,236 sequence reads per gigabase (reads/Gb). Most of the reads belonged to Eubacteria and were allocated in 31 phyla (Figure 2), with the more abundant Proteobacteria (91.5%), Bacteroidetes (4.7%), Actinobacteria (1.5%), Planctomycetes (1.4%), Firmicutes (0.5%), and Verrucomicrobia (0.2%). Proteobacteria being mainly composed of typical genera from polar environments, such as Janthinobacterium, Pseudomonas, and Polaromonas, whereas Bacteroidetes reads mainly belonged to the genus Pedobacter. Archaea also occurred in the mat, although with a notable lower abundance (742 reads/Gb), compared to Eubacteria. The chemolithoautotrophic nitrifier Nitrosopumilus and diverse methanogens (i.e., Methanothrix, Methanosarcina, and Methanocaldococcus) were the most important functional groups in the archeome.
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FIGURE 2
(A) Variation of the normalised reads in the different nutrient amendment treatments with respect to the control for the main phyla present in the studied microbial mat. (B) Percentage of variation of the normalised reads in the different nutrient amendment treatments with respect to the control for the main phyla present in the studied microbial mat.


The metagenomic analysis revealed a phototrophic community principally composed of cyanobacteria (3,756 reads/Gb), chlorophytes (31 reads/Gb), and diatoms (8 reads/Gb). Cyanobacterial reads, whose dominance coincided with that observed microscopically, were mainly assigned to genera Leptolyngbya (35%), Phormidium (13%), Pseudanabaena (7%), and Nostoc (4%), although other filamentous genera, such as Microcoleus, Oscillatoria, and Calothrix, were also detected. The less-abundant unicellular forms were mainly represented by Synechococcus, Cyanobium, and the colonial Chroococcidiopsis. Among the diatoms, the reads were primarily assigned to the genera Thalassiosira (36%), Fragilariopsis (24%), Nitzschia (12%), Phaeodactylum (10%), Pseudo-nitzschia (6%), Fistulifera (5%), and Eunotia (2%). Although scarcer, the chlorophytes were also diverse, with 33 identified genera, including unicellular and colonial forms of genera Chlorella (16%), Coccomyxa (9%), Chlamydomonas (7%), Scenedesmus (7%), Micromonas (6%), Gonium (5%), Dunaliella (5%), Pycnococcus (5%), and Volvox (4%). Some reads of flagellated cryptomonads such as Guillardia or small Prymnesiophytes such as Chrysochromulina were also recognised in the mat.



Structural changes in the prokaryotic community by 16s rRNA amplicon sequencing

The experimental alteration of nutrient concentrations promoted some structural changes in the prokaryotic community (Figures 2, 3). Among the dominant phyla, Proteobacteria slightly varied (Figure 2A), with this phylum being, by far, the most abundant in the original mat, these changes were quite small in percentage compared to the controls without nutrient amendments (Figure 2B). Firmicutes showed huge increases compared to the undisturbed mat mostly when nitrogen (+N) was added, whereas the addition of phosphorus promoted small decreases. Both Actinobacteriota and Bacteroidota responded more favourably when both nutrients (+NP) were jointly supplied (Figure 2), although any single nutrient additions were associated with decreases in the abundance and relative importance of the latter. In relative terms, these shifts in the community were more important for Actinobacteriota and, particularly, for Firmicutes. Cyanobacteria appeared to be favoured by +N and +NP amendments when compared to the controls.
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FIGURE 3
(A) Relative abundance (%) of rarefied reads of the main genera present in the different treatments (C, control; P, phosphorus; N, nitrogen; and NP, nitrogen and phosphorus). (B) Variation of the normalised reads in the different nutrient amendment treatments with respect to the control for the main genera present in the studied microbial mat. (C) Percentage of variation of the normalised reads in the different nutrient amendment treatments with respect to the control for the main genera present in the studied microbial mat. Only genera with more than 0.1% of the total reads in all treatments have been represented.


Variations of prevalent genera linked to the nutrient amendments in the different treatments (+N, +P, and +NP) relative to the undisturbed mat are shown in Figure 3. The net increase of Proteobacteria in the nitrogen-amended treatment was mainly attributed to the genus Janthinobacterium, which was already dominant in this mat, although this genus decreased in both treatments with phosphorus (P and +NP) amendments (Figures 3B,C). Other Proteobacteria, such as those of genus Pseudomonas, mainly increased when phosphorus (+P) was the amended nutrient. For Firmicutes, the huge increase in the treatment amended with nitrogen (+N) was mainly linked to a higher abundance of the genus Clostridium. On the contrary, the increase of Bacteroidota and Actinobacteriota phyla when both nutrients were jointly supplied (+NP) was mainly due to the increased abundance of Pedobacter and several members of the order Micrococcales (families Microbacteriaceae, Intrasporangiaceae, and Micrococcaceae), respectively. Cyanobacteria increased in relative terms in all treatments, but, more particularly, when nitrogen was added, either alone (+N) or with phosphorus (+NP). The highest increases were mainly shown by genera Phormidium and Leptolyngbya in the +N treatment.



Restructuring of the phototrophic community after nutrient enrichment traced by taxa-specific pigments

The ANOVA post hoc test for differences in taxa-specific biomarker pigments between the different experimental conditions is shown in Table 2, and the data are shown in Figure 4. The experimental enrichment resulted in no statistically significant effects on total photosynthetic biomass, measured as the areal chlorophyll a (Chl-a) content (Figure 4A). Even so, a statistically significant decrease of the phaeophytin-a, a Chl-a degradation product, was observed in the treatment +NP (Figure 4B), which would mean healthier populations. Also, both +N and +P treatments showed lower phaeophytin-a amount compared to controls, although this difference was not statistically significant. Concerning taxon-specific carotenoids, expressed as their ratio to Chl-a, phosphorus fertilisation, both alone (+P) and combined (+NP), was associated with an increase of the myxoxanthophyll (specific of cyanobacteria) vs. the Chl-a ratio (Figure 4C). This could mean a relative favouring of cyanobacteria compared to eukaryotic algae that also contain Chl-a, although differences compared to controls were only significant when P was added alone. On the contrary, in both treatments supplemented with phosphorus (+P and +NP), a slight, although no, statistically significant decrease of fucoxanthin (specific of diatoms) vs. the Chl-a ratio occurred (Figure 4D). This structural shift of the photosynthetic community was slightly reflected in the relationship between fucoxanthin and myxoxanthophyll, although this trend did not show statistical significance. Lower values of this ratio occurred at treatments involving fertilisation with phosphorus (+P and +NP), while the highest were registered in the controls. Contrastingly, with other microbial mats from the Byers Peninsula mainly formed by cyanobacteria, the photoprotective pigment scytonemin was not found in the studied mat, neither before nor after the treatments.


TABLE 2    The post hoc test (p-values) for differences in pigments, elemental composition, and EPS content between the different experimental conditions.
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FIGURE 4
Pigment concentrations in the different experimental conditions at the end of the experiment. (A) Chlorophyll a, (B) phaeophytin-a, (C) myxoxantophyll (cyanobacteria biomarker), (D) fucoxanthin (diatom biomarker). C refers to the control treatment. (E) Content of two exopolymeric substances (EPS) fractions (carbohydrates and proteins) in the different treatments at the end of the experiment.




Nutrients stoichiometry and exopolymers (extracellular polysaccharides) content

No statistically significant differences could be demonstrated among the different treatments for the elemental composition (C-N-P) of the mat (except for the higher P content in the +NP treatments compared with the controls), as changes with experimental fertilisation were modest and displayed a high dispersion within groups (Table 2). The content of exopolymers (EPS) in the mats experimentally amended with nutrients was also quantified, being always more abundant in the fraction of carbohydrates compared to that of proteins (Figure 4). Among treatments, carbohydrates showed a statistically significant (Table 2 and Figure 4) increase in the treatment supplemented only with phosphorus (+P) compared to both the controls (C) and the treatments fertilised only with nitrogen (+N). No statistically significant differences among the treatments were observed in the protein EPS content.



Autotrophic carbon metabolism: Trends in the vertical profiles of photosynthesis, oxygen evolution, and H13CO3 uptake

Photosynthetic activity of the mat was assessed before and during the experiment in the controls and nutrient amended mats using diverse approaches, namely, by measuring the incorporation of isotope tracers (NaH13CO3), as well as performing oxygen microprofiles (Figure 5). Up to five different C-photoassimilation measurements with 13C were conducted in January with natural mat samples without any additions. In these measurements, rates of inorganic carbon photoassimilation ranged from 4.19 ± 0.30 μg C cm–2 h–1 to 9.57 ± 3.10 μg C cm–2 h–1. This corresponds to 37.3 ± 2.7 to 109.8 ± 35.9 μg C g–1d.w. h–1, and to 90.8 ± 6.7 to 147.10 ± 48.22 μg C mg–1 chl-a h–1, respectively, the highest rates corresponding to sunny day incubations. The highest photosynthetic activity (c.a., 25%, 5.09 ± 1.62 μg C cm–2 h–1) measured by NaH13CO3 incorporation was detected in the microcosms simultaneously amended with both nitrogen and phosphorus (+NP) (Figure 5B). However, differences of this treatment with the others were not statistically significant (p > 0.05), given the relatively high dispersion of the data within each treatment.
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FIGURE 5
(A) Steady-state oxygen profiles (line, mmol O2 l–1, mean ± SD from three replicates) and rates of gross photosynthesis at each depth (bars, mmol O2 m–2 h–1, mean from three replicates) in the different treatments: Control (C): upper left; +N: upper right; +P: lower left; +NP: lower right. (B) Photosynthetic activity was measured as rates of inorganic carbon assimilation in the different treatments at the end of the experiment. Incubations were made under illuminated conditions (average PAR: 662-mol photons m–2 s–1). (C) Gross photosynthetic oxygen production rates were measured with microelectrodes in the different treatments at the end of the experiment. The two measures shown for each treatment are the result to integrate two different layers in the mat, 0–1.5 mm (grey) and 1.5–3 mm (black).


Microelectrode studies allowed us to establish profiles of oxygenic photosynthesis along the vertical mat profile (Figure 5A). As a general pattern, mats from all types of conditions assayed showed two peaks of oxygenic photosynthesis, which coincided with the zones of dominance of diatoms (subsurface peak) and cyanobacteria (deep peak). The subsurface maximum was found at about 0.6 mm depth, except for the +NP treatments, where it was located at a depth of around 0.8 mm. Contrastingly, with the rest of the conditions, the deep photosynthetic peak was not so clear for the +NP treatment, and, if so, it was located at around 1.4 mm for the deep peak for N treatments. The deep photosynthetic maximum was deeper, however, for the controls (around 2.0 mm) and, especially, for the P treatments (located at around 2.2 mm depth). The depth of the euphotic layer, which is defined as the depth where the photosynthetic rates are still detectable, was also higher in the controls and +P treatment (around 3 mm) compared to both treatments involving nitrogen addition (up to 2.5 mm).

Given this vertical heterogeneity, two depth-integrated rates of gross photosynthetic were calculated by splitting the total profile into two zones, namely, from 0 to 1.5 mm and from 1.5 to 3 mm, respectively (Figure 5C). In all treatments except in that fertilised only with phosphorus, the photosynthetic rates were higher in the upper layer (0–1.5 mm). These differences were statistically significant in the controls (p = 0.007) and in the treatment +NP fertilized with both nutrients (p = 0.018).



Nitrogen metabolism: uptake of inorganic forms and N2 fixation

The assimilation of inorganic nitrogen compounds (nitrate and ammonia) was measured by adding these compounds labelled with 15N (Figure 6A), both for undisturbed control mats and for the experimental microcosms. All these experiments confirmed that ammonium was a preferable nitrogen source compared to nitrate (p < 0.05), whose uptake rates were less than half of ammonium uptake rates. In the different experiments, nitrate uptake appears to be 300–500% higher in the light than in the dark, whereas ammonium uptake rates were also higher in illuminated samples, but only by 25–90%; all these differences were statistically significant (p < 0.05). No remarkable differences in nitrate uptake were found among the different conditions assayed, whereas, as a general rule, N-treatments (both alone and with phosphorus) showed the highest ammonium uptake rates than non-N-amended microcosms, although the standard deviation of results within each treatment was high, and these differences were not statistically significant (p > 0.05).
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FIGURE 6
(A) Rates of inorganic nitrogen (nitrate and ammonium) assimilation and (B) nitrogenase activity in the different treatments at the end of the experiment.


Nitrogen fixation (acetylene reduction activity – ARA) in the studied mat was almost negligible, both in unperturbed mats and in the amended experimental settings (similar results for all treatments), with actual measurements (around 0.3 nmol C2H4 cm–2 h–1) bordering the detection limit of the method. The method was contrasted with other microbial mats from the Byers Peninsula, which showed much higher rates (by several orders of magnitude) than the studied mat. Still, the combined addition of both nutrients caused a statistically significant (p = 0.0053) decrease in the rates of N2 fixation compared with the other treatments (Figure 6B).



Changes in the functional metabolic prediction with PICRUSt2

The PICRUSt2 functional prediction based on the potential occurrence of selected genes (KO Functional orthologs) was used as a proxy for metabolic changes in the community as a response to the experimental nutrient enrichment. The main functions explored were those related to the uptake of major nutrients, autotrophy, exopolysaccharide biosynthesis, and stress response (Supplementary Table 1). With regard to the metabolisms of nitrogen, main increases were found in treatment +N compared to the undisturbed control for genes encoding the ferredoxin-nitrite reductase (nirA and nirB), which are involved in the assimilation of inorganic nitrogen. Proxies of denitrification and anammox metabolisms (nirK and nirS) also increased but, in this case, when both nutrients were jointly added (+NP). However, the gene encoding the nitrogenase iron protein (NifH), which mediates the N2 fixation, was predicted to decrease in the treatment fully supplemented with nutrients (+NP). With regard to the metabolism of phosphorus, an increase of gene-encoding high-affinity phosphate-specific transporters (e.g., pstA) was predicted to occur when only nitrogen (+N) was added without a balanced complement of phosphorus, similar to what was observed for components of the aerobic respiratory chain (cyoA). The highest increases in the proxy of photosynthetic metabolism (psbA gene) were also predicted for the +N treatment. However, genes related to the biosynthesis of exopolysaccharide showed higher increases when phosphorus was added (+P, CpsB gene). In the treatment supplemented with phosphorus (+P), regulators of stress factors (RsbU gene) were also predicted to increase.



Relationships between environmental variables, prokaryotic community structure, and predicted metabolic functions in the experiment (distance-based redundancy analysis)

A first distance-based redundancy analysis (db-RDA) was carried out with all the taxonomic units using biochemical and metabolic parameters measured in the mat as explanatory variables (Figure 7A). The first axis accounted for 71.9% of the variance and separated in its positive side the +N treatment from the others. The main families of prokaryotes associated with this +N treatment were Janthinobacterium and Clostridium. The main explanatory variables related with this treatment were the uptake of NH4, nitrogenase activity, and the content of Fucoxanthin (diatoms proxy). On the opposite side of the axis, the abundant taxa mainly associated with treatments C (undisturbed mat) and +P were Pseudomonas, Flavobacterium, and Massilia, whereas Polaromonas was more related to the +NP treatment. The second axis explained 17% of the variance with the C and +P treatments located on its positive side.
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FIGURE 7
(A) Distance-based redundancy analysis (db-RDA) of (A) all the ZOTUs (grouped at the taxonomic level of genus) and (B) selected genes (Supplementary Table 1 for description) from Picrust2, analyses of 16SrRNA amplicon sequencing. Predictor variables for both dbRDA were C, carbon; N, nitrogen; P, EPS carb, EPS carbohydrates; EPS prot, EPS protein; chla, chlorophyll a; Myxo, myxoxanthophyll; Fuco, fucoxanthin; Lut, lutein; Pheo, pheophytin; C uptake, NO3 uptake, NH4 uptake, and Nit.act, nitrogenase activity. Genera with more than 0.1% of the total reads in all treatments have been shown.


A second dbRDA was performed based on the prediction (based on taxonomy) of genes associated with the metabolism of major nutrients, stress, autotrophy, and exopolysaccharide biosynthesis (Figure 7B). Specific genes used in the analysis and their functional role are listed in Supplementary Table 1. The same predictor variables as in the previous db-RDA were used here. The first axis (dbRDA1) explained 57% of the total variation and, similarly, separated the +N treatment, now in the negative side, from the others. The main genes associated with the +N treatment were those encoding for the high-affinity phosphate-specific transporter (pstA), proteins of the photosynthetic system (psbA), major components of the aerobic respiratory chain (cyoA), and the nitrate assimilation operon (nirA and nirB). On the contrary, proxies of denitrification (nirK and nirS) and a gene encoding for biofilm regulatory proteins (lytR) showed the highest loadings in the opposite side of this axis, in association with the other treatments, particularly with +NP. The second axis, which explained 35.5% of the variance, mainly separated the +P treatment from the others, with genes related to encoding for one of the regulators of the phosphorus uptake system (PhoP), with genes required for exopolysaccharide production (CPsB), and genes related to the regulation of stress factors (RsbU).




Discussion

The present study is the first attempt to study the effects of inorganic nutrient additions on the structure and function of a maritime Antarctic microbial mat. Similar experimental approaches have been only occasionally assayed in polar regions (Bonilla et al., 2005; Kohler et al., 2016). In our case, the ambient concentrations of nutrients show a marked gradient between the overlying and interstitial waters, which agree with the observed in other polar microbial mats, both in Antarctica (Vincent et al., 1993) and in the Arctic (Mueller and Vincent, 2006). It likely implies a higher nutrient availability for mat microorganisms than that expected when referring to the concentrations in the stream waters. Besides, not only the amounts of nutrients but also their stoichiometry differs between overlying and interstitial waters. Although, as indicated by Bonilla et al. (2005), it does not imply necessarily the lack of nutrient limitation, because the higher biomass packaging in the mat requires a higher amount of nutrients for sustained growth. Although the nutrient concentrations used in the nutrient-amended microcosms were far higher than those in the water overlying microbial mats, the relatively high concentrations of both inorganic nitrogen and phosphorus measured in the interstitial water within the sediment may partly explain, together with other factors, the relatively small response of the autotrophic microorganisms from this microbial mat to increased levels in inorganic nutrients of overlying waters. These chemical gradients occur in the interface of sediment and water.

Our experimental manipulation did not generate a detectable accretion of the mat; still, some structural and functional changes occur. Although the total algal biomass remains (statistically) unchanged, a decline in the phaeophytin-a content was found in all treatments, entailing any type of fertilisation, whatever nitrogen or phosphorus, particularly if both nutrients were added in combination. Phaeophytin-a is a degradation form of chlorophyll a that is produced when the magnesium linked to the aromatic ring of the molecule is detached. The relative rise of this derivative can be interpreted as the increase in the senescence processes of algal populations (Rochera et al., 2013). In our study, it seems then that the balanced availability of nutrients improves primary production, although a net increase of biomass could not be unequivocally demonstrated. Furthermore, the relative decrease of phaeophytin-a is less marked in those treatments merely supplemented with one nutrient (+N and +P). It indicates that only a stoichiometrically balanced addition of both nutrients can fit the requirements of the phototrophic community, probably by the fact that a single addition of one nutrient would induce limitation by the other, once the non-amended nutrient pool is exhausted. This drop in the phaeophytin-a/Chl-a quotient has been also observed in a similar experiment and has been interpreted in similar terms of healthier mats, showing a lower phaeophytin-a to the Chl-a ratio (Camacho and de Wit, 2003).

Both the combined (+NP) and the single (+P) fertilisation with phosphorus caused a weakening of the mat aggregation, which is evident by the fluffy consistency that showed the mat in these cases. It is possible that the higher oxygen evolution produced by the increase of the photosynthesis created an excess of gas bubbles, which caused parts of the mat to lift off. In part, this idea is sustained by the observed by Shepard and Sumner (2010), who studied the influence of the light intensity in the growth of biofilms. As noted by these authors, the gas bubbles generated during photosynthesis become more abundant when irradiance increases, thus influencing greatly the morphology of a mat. By contrast, they conjecture that a slower growth should result in more organised patterns, which seems to be the opposite of the observed in our mat. Thus, other possible explanations, such as those derived from the changes in the structure and functioning of the microbial community, are explored below.

The fertilisation with phosphorus promoted in our case further growth of non-heterocystous cyanobacteria relative to diatoms, which is deduced by the increase of myxoxanthophyll relative to fucoxanthin. Interestingly, this increase is higher when phosphorus is added alone rather than when it is added jointly with nitrogen. Also, the single addition of phosphorus favoured the development of cyanobacteria over diatoms in similar studies (Camacho and de Wit, 2003), thus suggesting that cyanobacteria could be less competitive if the availability of phosphorus is limited. However, as commented above, it is the phosphorus addition rather than the combined supply with nitrogen that induces the higher effects. Probably, the pool of nitrogen existing inside the cells, or its recycling inside the mat, is sufficient for covering the cyanobacterial demands.

These directional changes observed in the structure of the phototrophic community according to changes in the ratio of the resource availability would agree with the predictions by Tilman’s resource-ratio hypothesis, as observed in numerous studies (Miller et al., 2005). This hypothesis assumes that each species would outcompete others under a particular proportion (ratio) of the limiting resources. Accordingly, the relative variation of a resource in our experiment, although its total amount remains unchanged, may produce a selective pressure that causes a redistribution of species dominance. Furthermore, it seems that a counterbalanced redistribution of the biomass of cyanobacteria and diatoms occurs, although this does not produce a perceptible accretion of the mat. A competitive advantage of cyanobacteria over diatoms may respond to different mechanisms. When nitrogen is in short supply relative to phosphorus, non-nitrogen-fixing cyanobacteria can obtain nitrogen from reserve polymers, such as phycobiliproteins or cyanophycin (Watzer and Forchhammer, 2018). Also, different from diatoms, cyanobacteria can alleviate the nitrogen requirements from the N2 fixation. In our case, rates of ethylene production are the lowest in the treatment fertilised with both nutrients, which suggests some regulation of the nitrogenase activity, depending on the relative quota of nitrogen and phosphorus. Anyhow, the abundance of heterocystous cyanobacteria is negligible in this mat, although they might acquire a higher relevance if the availability of nutrients changes significantly as they appear in mats nearby (Fernández-Valiente et al., 2007). Therefore, in accordance with the outcomes of our experiment, it is conceivable that the assembling patterns observed in the structure of phototrophic benthic communities from Byers (Fernández-Valiente et al., 2007) when they are active during the Antarctic summer period may be related, at least in part, to what is predicted by Tilman’s resource-ratio hypothesis.

Our inorganic carbon uptake results agree with the extended idea that high primary production but also low growth rates are both inherent attributes of microbial mats. Even though the combined addition of nutrients produced an increase of photosynthetic activity, this was not translated to a substantial increase in the carbon content. Similarly, neither the nitrogen content in the fertilised mats appears to be altered substantially by fertilisation. By contrast, all the treatments involving fertilisation show somewhat higher accumulation of phosphorus, thus producing a drop in the C/P and N/P molar ratios. Low ratios between the carbon and other major nutrients have been attributed to a higher capacity of these benthic communities to adsorb and immobilise nutrients (Cross et al., 2005). However, we were unable to explain why the accumulation of phosphorus also occurs when the mat is supplied only with nitrogen, although, anyhow, these differences were not statistically significant.

Our study with microelectrodes shows that primary production in the mat is allocated differently, depending on the nutritional conditions. Particularly, when only phosphorus is added, the development of a deeper photosynthetic maximum is more evident. Also, this treatment shows a lower chlorophyll a content relative to carbon. This may occur if an important part of carbon is devoted to the synthesis of EPS, whose amount is the highest in the +P treatment. An important part of these EPS might derive from the cells sheaths, which seems reasonable since cyanobacterial growth is improved in this treatment, as well as from heterotrophic bacteria that are known to produce high amounts of EPS in natural environments, such as those of the genus Pseudomonas. Besides, and following the idea of Decho et al. (2003), the EPS matrix may indirectly explain the deepening of the photosynthetic maximum observed in the treatment supplied with phosphorus. In the study carried out by these authors with sediments from the Bahamas, they concluded that the EPS matrix, when occurring in sufficient amounts, might reduce the spectral reflectance of the surface. This reduction enhances the forward scattering of light and consequently increases its penetration into the sediment. A direct consequence would be the deepening of the euphotic layer inside the mat.

Another possibility is the occurrence of a cross-feeding between the production of EPS and bacterial respiration that would explain the higher downward fluxes of oxygen observed at the deepest layers. Photosynthetic activity inside the mat, favoured by the limited diffusion, improves oxygen evolution and increases the pH due to CO2 consumption. Under these superoxic and alkaline conditions, the production of glycolate and other photosynthates deriving from short-chained carbohydrates can be enhanced (Bateson and Ward, 1988). A study by Nold and Ward (1996) exploring the nature of metabolites produced during the photosynthetic activity in a thermophilic cyanobacterial mat indicated that the photosynthate partitioning accumulated mostly polyglucose (up to 70% of total incorporated carbon). Interestingly, the accretion of the mat in this case was also limited, as the carbon deserved for the synthesis of macromolecules associated with growth (i.e., protein and rRNA) was considerably low. These carbohydrates can be readily incorporated by heterotrophic bacteria, which avoid the carbon flushing out from the mat. This is consistent with the idea that both a high metabolic activity and, also, slow accretion are inherent characteristics of these microbial communities.

The NH4 uptake exceeds notably the rates of NO3 assimilation in all treatments as well as in the controls, which is expected, considering that NH4 has been largely considered the preferred form of N for algal uptake, as being energetically more favourable to be directly used in this reduced form similar to the organic N in the amine group (Glibert et al., 2016). It is known that high ambient concentrations of NH4 may inhibit strongly the uptake of NO3 by a competence for the solute in photosynthetic organisms (Dortch, 1990). However, as observed for carbon, no significant increase in the nitrogen content occurs in the mat. This could be related to the increase of the dissolved organic nitrogen (DON) concentrations observed in the overlying water of both treatments involving nitrogen fertilisation (+N and +NP). Significant concentrations of DON have also been measured in the pore water of microbial mats from the McMurdo Dry Valleys (Antarctica) and have been related to the biological transformation of nitrogen in the mat (Sohm et al., 2020). Again, it would mean that transformation but not a significant net incorporation of nitrogen occurs in the studied mat, which underscores the idea that this community could be near to a steady equilibrium state.

All samples of the enrichment mat experiment were primarily subjected to microscopic morphological analysis of their cyanobacterial components before going into molecular studies. All of the morphotypes identified here have been previously cited in microbial mats from this area. Phormidium is one of the most frequently reported taxa, usually found in streaming waters, comprising a sort of morphotypes and ecotypes (Strunecký et al., 2012). Leptolyngbya, which forms the matrix of the mat, is a dominant species of finely laminated, prostate and lift-off mats even in deeper continental lakes (Sabbe et al., 2004). This cyanobacterium was also reported to form the matrix of the Casten Pond mat from the McMurdo Ice Shelf ablation zone close to Bratina Island (De Los Ríos et al., 2004). Non-heterocystous filamentous taxa were observed neither in the morphological nor in the molecular analyses. This is a significant feature of benthic cyanobacteria of maritime Antarctic lakes and ponds (Ellis-Evans, 1996). Even in Antarctic continental lakes, Nostoc spp. appears to be the only nitrogen fixer, and the process is the restricted to the lake shores (Allnutt et al., 1981). Anyhow, the possibility of nitrogen fixation by non-heterocystous cyanobacteria cannot be excluded (Zehr et al., 2001). This could be supported by the presence of Chroococcidiopsis sp. where the abundance of filamentous cyanobacterial forms was lower. Chroococcidiopsis was described to dominate in extreme habitats, including sites of the Antarctic continent where ice melts for at least 2 months a year (Vincent, 2000). Different isolates of this species were found to fix the nitrogen but only when grown in microaerobic conditions (Boison et al., 2004). Anyhow, and even with the relatively low nitrogen fixation rates recorded in all treatments and the control, nitrogen fixation could be performed not only by cyanobacteria but also by other non-phototrophic bacteria, for which key genes for this activity (e.g., nifH) have been found within the bacterial assemblages of the studied mat. Major examples of these non-phototrophic bacteria found in the studied mat for which PICRUSt2 also predicts the occurrence of the nifH gene are genera Paenibacillus, Acetobacterium, and Desulfosporosinus, as well as diverse members of the Rhodobacteraceae family.

Post-nutrient treatment changes were also found for the structure of the heterotrophic prokaryotic community. The highest favourable response to the addition of N was found for Janthinobacterium, a typical genus from cold environments (Rassner et al., 2016). This bacterium can conduct simultaneously heterotrophic nitrification and aerobic denitrification (Chen et al., 2019), particularly when N is highly available with respect to C as in this treatment. Firmicutes also benefited when N was sufficiently available, which corresponds with the idea that this phylum is a key player in ammonium assimilation metabolism and nitrogen cycling (Amon et al., 2010). These observations at the taxonomic level, suggesting an enhancement of the microbial nitrogen metabolism, agree with PICRUSt2 results, which predict an increase of genes encoding the nitrite reductase (nirA) and other associated proteins (nirB). The gene encoding for the phosphate membrane transporter protein (pstA) is also predicted to increase in the treatment amended only with N. This permease protein is part of the high-affinity phosphate uptake system, which is induced when the concentration of inorganic phosphate in the environment is low or unbalanced as in the N-amended treatment.

On the other hand, our experiment demonstrates how an increase in the availability of P may produce a shift toward a heterotrophic community able to use or metabolising phosphate. Massalia, a phylogenetically related genera to Janthinobacterium, for instance, showed a high positive response when P was added, either alone or with N. Species of this genus have the ability to solubilise diverse phosphate sources in soils (Zheng et al., 2017). They can be then considered as phosphate-solubilising bacteria, which represent a metabolic advantage when P solubilisation is hindered. Accordingly, differential development of Massilia has been observed in routine dosage of P in drinking water to avoid corrosion (Douterelo et al., 2020). Thus, the P fertilisation conducted in the experiment should make it, at first, available to the entire community. However, a substantial part of this P is expected to be progressively precipitated after application, and the consequence is that this would become a selective force driven by microorganisms competition. Other bacterial genus favoured by the supply of phosphorus in the experiment is Pseudomonas. This has been described as a relevant producer of polyhydroxyalkanoates (PHAs) in freshwater ecosystems within maritime Antarctica (Ciesielski et al., 2014), which represents a strategy for carbon storage under the stress of nutrient limitation, especially when this is affecting the availability of phosphorus.

These directional changes in the community are also predicted at the functional level by the PICRUSt2 analysis. This predicts an increase of the nitrate assimilation metabolism, as commented previously, in response to nitrogen fertilisation. Equally, when nitrogen is not provided with a balanced addition of phosphorus, as it occurs in the treatment +N, an increase of genes-encoding high-affinity phosphate-specific transporters (e.g., pstA) is predicted. Under limited phosphorus availability, as in the +N treatment, bacteria with these genetic mechanisms can switch on the synthesis of this phosphate transport system (Hudek et al., 2016), so it is expected that components of the community holding this system are favoured under these conditions. However, the predicted increase of genes involved in the production of exopolysaccharide (i.e., CpsB) would be related to the increase in the EPS production observed in the nitrogen-amended treatments (both +N and +NP) compared to the controls, although this increase is lower than that in the +P treatment.



Concluding remarks

In summary, this study improves our knowledge of the functioning of microbial mats in Antarctic ecosystems. Our findings also provide additional confirmation of Tilman’s resource-ratio hypothesis (Tilman, 1982; Tilman et al., 1986) in a physically constrained environment, thus demonstrating that different biological groups are specialised in different nutrient ratios. The results showed both assimilation and release processes to be closely balanced, which results in low mat accretion. The mat exhibits a slight response to the nutrient amendments, but, still, it causes some functional and structural alterations. Extending the time of incubation would likely provide a more significant community (changes in abundance and evenness) and functional effects. With all, our results show convincing pieces of evidence that, besides other factors, a shift in the regional dynamic of nutrients might alter the metabolic equilibrium of these microbial communities. In this sense, the slight short-term changes observed in the species composition after fertilisation may ensue in important shifts with time. Therefore, although the major impact we showed took place at the physiological level for the first time, long-lasting effects could lead also to deep changes in the community composition. Considering the ubiquity of these mats in the area and other polar territories, they would have the potential to impact significantly on the whole carbon cycle of polar areas. The potential role of nutrients and their ratios in determining the mat structural and functional features unveiled by our study shows how physical restrictions, such as the low temperatures, the extended ice-cover periods, and the reduced irradiance, are not the only factors regulating Antarctic microbial communities, at least not during the summer in these less-extreme Antarctic areas. Accordingly, other abiotic factors and biotic interactions, such as the performance under different nutrient scenarios, may be equally important for the highly relevant microbial polar communities.
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Hemisphere South North
Location Deception Island Kamchatka Peninsula

Glacier name Kirkwood Macaroni Gorely Mutnovsky

Sample name KIR MAC GOR MUT
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in situ T (*C)* -05 00 00 00
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“Temperature and pH are media values of three sampling replicates.
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NH,* 221(0.22) 3.98(0.33) 211(098)
NO,” 2.99(0.25) 351 (0.41) 1.97 (0.21)
NO.~ 2.31(0.27) 6.21(0.33) 1.24 (2.25)
SOf~  352.58(22.65) 356.21(14.28) 478.32(47.32)
SRP* 046 (0.15) 0.39(022) 0.14(0.04)

DOC®  4521(6.32)  80.21(9.85)  98.21(9.32)

Concentrations are expressed as uM (=SEM) of three replicates.
“SAR, soluble reactive phosphorus.

"DOC, dissolved organic carbon.

The highest nutrient values are marked in bold.
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D 0.16 0.28
PMOA gene
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ASV, Amplicon sequence variant; H’, Shannon index; D, Simpson dominance index.
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Depth (m)
Temperature (°C)
DO (mg L=")

pH

Conductivity (1S cm=")
TOC (%dw)

TN (%dw)

C/N

Acetate
Propionate
Formate
Phosphate
Sulfate

Chloride

Nitrite

Nitrate

Bromide
Fluoride

Kitezh Long
62°11'36"'S 62°12'18"S
58°57'58""W 58°57'69"'W

156.0 4.0
4.8 4.0
11.99 12.50
7.96 7.38
185 303
3.62 2.10
0.25 0.20
14 11
Nd Nd
0.11 Nd
0.16 0.10
Nd Nd
1.44 5.68
0.94 3.61
Nd Nd
0.03 Nd
Nd Nd
Nd Nd

Mondsee

62°10'40"S
58°55'50"'W
4.0
7.4
12.80
6.97
162
0.51
0.04
13
0.02
0.05
0.11
Nd
1.39
1.57
Nd
Nd
Nd
Nd

Slalom

62°11'33"8
58°57'03""W
4.0
5.4
11.77
7.09
150
0.97
0.05
19
0.09
0.20
0.18
0.12
0.84
0.74
Nd
Nd
Nd
Nd

Uruguay

62°11'06"S
58°54'40""W
17.0
6.7
10.65
5.88
128
5.20
0.42
12
0.57
3.86
1,76
0.02
14.88
15.28
Nd
0.05
Nd
Nd

DO, dissolved oxygen. TOC and TN, total organic carbon and total nitrogen respectively (percentages are relative to total dry weight). C/N, ratio of TOC over TN

(dimensionless). Concentration of inorganic and organic anions expressed in wg per g of dry weight. Nd, not detected.
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Site

Potter Cove (2)

Cierva Cove (1)
Wilhelmina Bay (2)

Cuverville Island (3)

Paradise Bay (1)
Py Point, Doumer
Island (4)

Bahia South,
Doumer Island (15)

Cape Kemp,
Doumer Island (3)

Mean
SD

Mean
SD
Mean
SD

Mean
SD
Mean
SD
Mean
SD

Obs OTUs

84.00
41.01
135.00
45.00
11.31
47.00
19.47
25.00
57.25
19.48
120.67
104.33
96.33
21.57

Chao1

110.50
74.25
135.00
53.50
21.92
65.00
24.43
25.00
123.51
67.93
234.85
187.63
149.33
40.25

Shannon

2.53
1.26
3.79
2.21
0.02
1.02
0.53
0.65
0.97
0.44
2.48
1.61
1.62
0.83

Simpson

0.51
0.25
0.70
0.50
0.00
0.21
0.09
0.13
0.20
0.10
0.51
0.29
0.32
0.20

The number of samples per site is shown in parentheses.
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Data X2 Fstats Pr(>F) Significant
variables
All Temperature, pH, 1.70192 1.0343 0.188 COT
conductivity, C:N, (p = 0.034)
C:P, N:P, COT, NT,
PT, CO3, HCOS,
S04, Cl, Na, K, Ca,
Mg, Cd, Pb, As
Environmental Temperature, pH, 1.10427 2.2101  0.0183 pH (p =0.001)
conductivity Conductivity
(o = 0.007)
Stoichiometry C:N, C:P, N:P 0.97696 1.696 0.088 C:P (o =0.004)
Minerals COT, NT, PT, CO3, 1.70192 1.0343 0.216 CO3 (p =0.05)

HCOS3, S04, CI,
Na, K, Ca, Mg, Cd,
Pb, As
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A Euryarchaeota B

Methanomethylovorans.

Methanomassiliicoccus.

Genus

Rice Cluster I.

M. lysis-resistant

S. lysis-resistant
Methanolinea.

216

Methanoculleus. )
Methanocorpusculum.
Methanocalculus.
Methanobrevibacter.
~0.006 -0.004 ~0.002 0.000
Proportion
C Thaumarchaeota
M. lysis-resistant M. total
S. lysis-resistant S. total
3 8
(8.82%) (23.5%)
D Diapherotrites
M. lysis-resistant M. total
S. lysis-resistant S. total
8 5
(11.3%) (7.04%)

Euryarchaeota

M. total

S. total
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Sample Observed Chao1 Shannon ACE Simpson InvSimp Fisher

LH1 1,851 1,880.57 412 177 0.92 12.24 365.59
S02 1,143 1,449.02 285 22.95 0.71 35 235.81
S03 415 893.85 454  19.91 0.96 275 161.68
S04 736 1,220.71 506 22.55 0.98 49.85 255.53
S05 1,271 1,783497 492  25.37 0.97 29.97 365.65
S06 905 1,82349 494 21.68 0.97 32.46 271.47
S07 497 664.2 3.04 16.63 0.72 3.55 137.69
S08 1,841 2,358.46 543 2838 0.98 4228 501.55

S09 1,128 1,448.9 428  23.36 0.95 20.21 290.76
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Condition Chemical
(NaCl) class*®

Unclassified

Prenol ipids

Carboxyic
acids and
derivatives

Phenols

Unclassified

513M

Dinydrofurans.

Fatty acyls

Unclassified

Compound name

(2-Hydroxy-4-
‘methylpentanoylleucine

17-Hydroxy-10,13-
dimethyl-1-
phenanthvenecarboxyic
acid, 12,3.4.42,9,10,10a-
octahyco-9-hycroxy-
1,4a-Gimethyh7-(1-
methylethy)-, (15.9R)-
4.4(Cyclohexane-1,2-
dyldibutyrc acid

N-Acetyl tyramine

Diethyl 3:3{butane-1,4-
diylbis(azaneylyidene)]
(32.38)-dibutyrate

2:4-0x0:5-
pentylcyciopent-2-en-1-
1) acetic acid

(E112,18-Dinycoxy-9-
‘oxooctadec-10-enoic.
acid”

1-2-(Dimethylaming)
ethyl-22-
dihycroxyhydrazine- 1-
carboximidamide

Retention
time (s)

157

198

15.1

108

192

173

185

96

Experimental
mass [adduct]

2461602 M+H]"

299.2005
(M+H-HO]

257.1740 M+HI"

1801012 [M+H]"

313.2175 [M+H]*

2111332 [M+H]

329,201 M+H)'

1781316 M+H]"

Exact
mass

246.1699

299.2004

257.1746

180.1018

3132121

2111327

3202821

178.1207

Mass

(ppm)

-28

03

172

23

106

Fold
change®

16

34

a6

49

1,000

134

143

1,000

Putative structure®

Sy

o
CNGENGANY
o
o
V4
°
on 0

HO__ _OH

N~

|
SN

! [

‘Classification by Classyfie according to the structure predicted by SIRIUS 4.4 (when available) or spectral match against GNPS libraries.
"Fold change with respect to their respective medlum control; 1 M NaCi/control or 5.13 M NaClicontrol.
“Structure predicted by SRIUS 4.4 (when available) or spectral match against GNPS public spectral libraries.
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Condition Chemical ~ Compound name Retention  Experimental mass ~ Exact  Mass error Fold change® Putative structure®

(NaCl) class® time (s) [adduct] mass (ppm)
1.0M Fattyacyls  9-Oxo-10E,12Z-octadecadienoic acid 203 2052262 [M+H]' 2052266  -13 002
185 2052253 [M+H]' 2052266 -4 003
16.4 2052268 [M+H]' 2952266 06 006
12(13)-Epoxy-9Z-octadecencic acid 19.09 2072423 [M+H]" 2972423 0 003
12,13-Dihydroxy-9Z-octadecencic 19.09 3152531 M+H]' 3152529 06 003

acid
138-Hydroxy-92,11E, 152- 164 277.216[M+HHO] 2772161 -03 009

octadecatrienoic acid

Unclassified  (2)-N-(2-(1,1-biphenyl] -2-yloxylethy)- 22,01 4022013 [M+H]" 4022062 -12.1 02
4-phenyitetrahydro-2H-pyran-d-
carbimidic acid

Steroids and  5-Alpha-androsterone 16.6 273.2207 273.2219 43 1.7 o
steroids [M+H-HO) Hou-
derivatives
A ]

17-Hydroxy-10,13-dimeth 17 2802153 [M+H)' 2892168 5.1 22

¥-2,3,6,7,8,9,10,11,12,13,14,15, HO,

16,17-tetradecahydro-1H-

cyclopentalaphenanthren-1-one
Prenol lipids 1-Phenanthvenecarboxylic acid, 198 2992005 2092004  -23 48

12,3.4,42,9,10,10a-0ctahydro-9- (M+H-HOJ Y

hydroxy-1,4a-dimethyl-7-(1- PEAN
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“Structure predicted by SIRIUS 4.4 (when available) or spectral match against GNPS public spectral fibraries.
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Pumanque AWCD-CLPP Shannon- 16S rRNA copy Richness_16S Shannon_16S Pielou’s B-Diversity_16S  p-Diversity_16S
CLPP number (log) Evenness_16S PERMANOVA PERMDISP
Treatment 0.887 2.354 7.635* 3.652 35.148*** 62.87*** 7.95% 16.98**
Source 3.387 2.539 2.982 0.425 8.564* 17.30* 5.651** 4.61
Treatment:source 1.144 0.264 0.913 1.037 15.309** 29.61*** 1.59 1.19
Requinoa AWCD-CLPP Shannon- 16S rRNA copy Richness_16S Shannon_16S Pielou’s p-Diversity p-Diversity
CLPP number (log) Evenness_16S PERMANOVA PERMDISP
Treatment 6.361* 3.39 11.240* 8.331* 13.694** 14.573* 6.43* 0.17
Source 6.511* 6.243* 1.514 0.000 0.380 0.092 0.62 0.03
Treatment:source 1.053 0.271 2.007 0.119 0.000 0.051 0.49 0.04

Treatment = Burned vs. unburned. Source = bulk soil vs. rhizosphere. Biological indices followed by “CLPP” were obtained with data from Biolog EcoPlates sequencing.
Biological indices followed by “16S” were obtained with data from lllumina sequencing. log = logarithmic transformed variables. AWCD-CLPP = average well color
development. Significance codes are based on p-values as follows: “**” 0.001, “*” 0.01, *” 0.05.
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oTuU Site

OTU6B KGlI
PATH
PAT2
KER
OoTuU7 KGlI
PATA
PAT2
KER
OTU40 KGlI
PATA
PAT2
KER

N

125,112
6,452
22,545
29,448
53,645
7,249
44,509
7,021
47
24,612
2,423*
11,017

k

26+0
180
22+0
33+ 1
31+0
69+0
60+0
43+0
4+0
32+0
34+0
12+0

S

24+0
8+0
12+0
20+0
32+0
37+0
33+0
37+0
440
14 +£0
11+£0
8+0

H

0.4879 + 0.0004
0.6701 £ 0.0000
0.6574 £ 0.0002
0.5677 £ 0.0003
0.56555 + 0.0003
0.8036 + 0.0000
0.7958 + 0.0002
0.6306 + 0.0000
0.6984 + 0.0000
0.3741 £ 0.0007
0.3816 £ 0.0000
0.0681 + 0.0004

Jul

0.7919 £ 0.0012
1.5772 £ 0.0000
1.5426 £ 0.0006
0.9687 £ 0.0011
1.4443 £ 0.0021
2.0247 £ 0.0003
1.7336 £ 0.0011
1.0261 £ 0.0000
1.6606 £ 0.0000
0.4922 £ 0.0011
0.4903 + 0.0000
0.0913 £ 0.0006

N, number of sequences; k, number of oligotypes; S, number of polymorphic sites; H, genetic diversity; T, mean number of pairwise diversity. The mean and standard
deviation were calculated from a total of 1,000 bootstraps, performed by randomly subsampling per site a number of sequences equal to the minimum number of
sequences obtained among sites for a given OTU.

*In the case of OTU40, the number of sequences in the PATZ site was used to perform the resampling.
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Structure values are beneath each diagonal and p-values are above them.
p-values were obtained through 1,000 permutations and the significance level was
set < 0.05. p-values of 0 indicate value < 0.00001.
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0.003 + 0.0003
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0.005 + 0.0005
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0.006 + 0.0006
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To
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PATH
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Nm + SD

9.81 £3.14
0.12 +0.06
0.14 +£0.09
2,63 +1.19
0.12 £ 0.05
0.07 +£0.05
0.14 +£0.05
0.43 £ 0.15
24.99 + 7.10
0.20 +£0.07
0.27 £0.16
14.57 + 4.93
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Only gene flows with Nm values > 0.25 are considered as significant (values
in bold). Mean and standard deviation values were calculated from the 10 runs

performed for each OTU.
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Maritime Antarctica
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GPS coordinates
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N, number of samples; Nseq., total number of cleaned sequences obtained; Relat. Abund., relative abundance in the global dataset.
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Df AIC F value of p
Soil
C P, contorta 1 38.634 10.2 0.005
C N. pumiio 1 37.064 3.4 0015
C N. dombeyi 1 36.082 27 0.030
pH 1 34.860 28 0.030
Pm-HCO,™ 1 33371 28 0.030
Substrate
C N. pumilio 1 44.947 28 0.040
Thallus
Pm-HCO,™ 1 44.480 33 0010

Results are based on RDA ordination using ordistep function in R.
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Location AreaID Coordinates VA PA VPR Reference
VLPmL~! CellsmL™! Average (SD) Min-max

Salar de Huasco 1 20°17°01”s 120 x 10° 478 x 10° 56.68  106.01 115-351  (This work; Molina etal.,
68°5321"W 2018; Eissler etal., 2019, 2020)
Salar de Uyuni 2 20°08'01.6S 115 x 10° 194 x 107 42335178 051-122.5  Ramos-Barbero etal, 2019
7°29209"W
Bajo O'Higgins Seamount, 3 32548 551x 10° 652 x 10° 7.6543.10 563-9.64  Chiangand Quifiones, 2007
Valparaiso 73°53YW
Coastal upwelling system, 4 36°20.94'S 184 x 107 212x 10° 7.80£9.31 025-4573  Eissler etal, 2010
Concepcion 7307.8W
Thermohaline circulation, 5 40°0045.0° 133 x 10° .06 x 10° 16624242 12.76-18.36  De Corte etal, 2019
South Pacific 9°5943.8"W
0°00'12.0°N
69°59'53.9"W
Great Barrier Reef, Australia 6 15.55405°S 7.07 x 10° 131 x 10° 5294140 282-845  Carreira etal, 2020
145.45964°F
19°1633.7”
47°0326.87E
Sub-Antarctic Zone 7 50.003°S 149.442°E 140 x 10 194 x 10° 8354274 525-1387  Evansetal, 2009
45.441°5 153.290°F
Polar Frontal Zone 8 54.140°5 146296°E  6.63 x 10° 690 x 10° 9.644092 870-1075  Evans etal, 2009
54.002°S 145.878°E,
North of South Orkney 9 60°0020.2° 382 x 10° 231 x 10° 174841422 152-60.98  Sotomayor-Garcia et al,, 2020
593035.4°W
South of South Orkney 10 61°09'11.2° 3.18 % 10° 329 % 10° 10624623 390-27.09  Sotomayor-Garcia etal., 2020
43°3051.5"W
North of South Georgia 1 50°0945. 192 x 107 535 x 10° 38.08 % 21.87 15.94-87.50  Sotomayor-Garcia et al,, 2020
92941.6°W
West of Anvers 12 64°1744.2°S 1.28 % 107 340 x 10° 40.56 + 1831 1231-68.18  Sotomayor-Garcia et al., 2020
64°30'16.6"W
Bransfield Strait 13 61°3545.0°5 582 x 10° 443 x 10° 17151767 1.09-89.50  Vaqué etal, 2017
55°24'19.4"W
63°2008.9"S
61°09'38.2"W
Bellinghausen Sea 14 63°2400.0"S 117 x 107 583 % 10° 28524195 1.00-208.97  Vaqué etal, 2017
62°3245.2"W
69°0124.6"S
75°0341.4°W
Weddell Sea 15 61°24205°S 412 % 10° 308 x 10° 15011614 053-65  Vaquéetal, 2017
52°18°00.4"W
65°0039.6"S
55°27°00.4"W
McMurdo Dry Valleys, 16 77°3727.9° 104 x 107 623 x 10° 11371155 060-53  Lisleand Priscu, 2004
Antarctica 162°59'41.5°E
Thermohaline circulation, 17 0°1129.4° 593 % 10° 217 x 10¢ 29011155 12.67-40.16  De Corte etal, 2019
South Atlantic 3295228.2"W
39°5753.3°S
42°2523.5"W
Atlantic Ocean 18 07112947 196 x 106 167 x 10° 19354 1580 092-87.93  Alves Junior etal., 2015; De
32°5028.2°W Corte etal., 2016
499325105
52°4118.6°W
Indian Ocean 19 34°0241.3S 464 x 10° 437 x 10° 13431612 061-127.6  Laraetal, 2017
25°4244.7°E
367293105

138°10°58.4°E
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Ecological processes contributions

Spirochaeta OTU Homogeneous selection (%) Homogenizing dispersal (%) Ecological drift (%) Dispersal limitation (%) Variable selection (%)

OTUB 27 8.8 74.0 121 2.3
OoTuU7 0.4 10.3 63.7 17.6 8.0
OTU40 0.3 19.4 49.6 21.7 9.1

According to the Stegen et al. (2013) approach, percentage refers to the percentage of pairs of communities that appear to be driven by either homogeneous selection,
homogenizing dispersal, ecological drift, dispersal limitation, or variable selection.
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The first statistical test (t) individually estimates the effect of the environmental distance and the geographic distance matrices, whereas the second one (F) evaluates the
global fit of the model considering both distance matrices. p-values are considered as significant < 0.05.
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Network properties

Number of nodes?

Number of edges?

Positive edges®

Negative edges?

Negative: Positive links ratio®
Modularity’

Number of communities?
Network diameter”

Mean path length

Mean degree!

Mean clustering coefficientk

BRA

104
529
331
198
0.60
1.833
41
6
1.885
7.667
0.206

SAL

56
369
247
122
0.49

1.280
9
5
1.805
6.589
0.301

coc

95
1,402
791
611
0.77
3.438
6
6
1.714
14.758
0.381

JAG

94
958
561
397
0.71

2617

11

6
1.823
10.191
0.324

ICA

120
638
393
245
0.62
1.673

1.595
9.815
0.348

PAR

91
367
237
120
0.51

1.425

47

1.562
7.438
0.198

GUA

39
131
103

28
0.27

0.704

1.806
3.359
0.246

aMicrobial taxon (at ASV level) with at least one significant (P < 0.01) and strong correlation (FastSpar >0.7 or <—0.7).

®Number of connections/correlations obtained by FastSpar analysis.

CFastSpar positive correlation (>0.7 with P < 0.01).

dFastSpar negative correlation (<—0.7 with P < 0.01).

®Ratio between the number of negative and positive edges.

fThe capability of the nodes to form highly connected communities, that is, a structure with high density of between node connections (inferred by Gephi).

9A community is defined as a group of nodes densely connected internally (Gephi).

NThe longest distance between nodes in the network, measured in number of edges (Gephi).

iMean network distance between all pairs of nodes or the mean length of all edges in the network (Gephi).

1The mean number of connections per node in the network, that is, the node connectivity (Gephi).

kHow nodes are embedded in their neighborhood and the degree to which they tend to cluster together.
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