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Mesenchymal stem cell (MSC)-based therapy and novel biomaterials are promising strategies for healing of long bone critical size defects. Interleukin-4 (IL-4) over-expressing MSCs within a gelatin microribbon (µRB) scaffold was previously shown to enhance the bridging of bone within a critical size femoral bone defect in male Balb/c mice. Whether sex differences affect the healing of this bone defect in conjunction with different treatments is unknown. In this study, we generated 2-mm critical-sized femoral diaphyseal bone defects in 10–12-week-old female and male Balb/c mice. Scaffolds without cells and with unmodified MSCs were implanted immediately after the primary surgery that created the bone defect; scaffolds with IL-4 over-expressing MSCs were implanted 3 days after the primary surgery, to avoid the adverse effects of IL-4 on the initial inflammatory phase of fracture healing. Mice were euthanized 6 weeks after the primary surgery and femurs were collected. MicroCT (µCT), histochemical and immunohistochemical analyses were subsequently performed of the defect site. µRB scaffolds with IL-4 over-expressing MSCs enhanced bone healing in both female and male mice. Male mice showed higher measures of bone bridging and increased alkaline phosphatase (ALP) positive areas, total macrophages and M2 macrophages compared with female mice after receiving scaffolds with IL-4 over-expressing MSCs. Female mice showed higher Tartrate-Resistant Acid Phosphatase (TRAP) positive osteoclast numbers compared with male mice. These results demonstrated that sex differences should be considered during the application of MSC-based studies of bone healing.
Keywords: sex differences, bone healing, mesenchymal stem cell, microribbon hydrogel, interleukin-4
INTRODUCTION
Sex is one of the critical factors that influences the types and frequencies of diseases in the musculoskeletal system. For example, osteoporosis is more prevalent in women than in men (Cawthon, 2011). Osteoporosis affects up to 30% of women but only 12% of men at some point in their lives (Ralston and de Crombrugghe, 2006). The risk of fracture is also higher in women than in men (Cawthon, 2011); women show a greater incidence of stress fractures early in life and fragility fractures later in life (Cummings et al., 2002; Beck et al., 2000). In a clinical study, female sex was found to be associated with a reduced fracture union rate (Chang et al., 2006), and was identified as a major risk factor for compromised bone healing in several clinical studies (David et al., 2006; Li et al., 2006; Parker et al., 2007). Thus, it is prudent to consider the premise that the treatment of musculoskeletal disorders including bone healing should be tailored to the patient’s sex.
Mesenchymal stem cell (MSC) therapies have shown great potential to facilitate bone healing (Shi et al., 2010; Liu et al., 2014a; Sui et al., 2019; Zhang et al., 2021). MSCs are one of the most investigated adult stem cell populations and are involved in the continuous maintenance and repair of many tissue types (Kern et al., 2006; Jin et al., 2013). For example, systemic transplantation of MSCs has shown remarkable efficacy in preventing and treating estrogen deficiency-induced bone loss in pre-clinical studies (Cho et al., 2009; Lee et al., 2011; An et al., 2013; Liu et al., 2014b; Sui et al., 2017).
We have encapsulated MSCs within gelatin microribbon (µRB)-based scaffolds to enhance the efficacy of mesenchymal stem cell delivery to a bone defect site with high cell survival and adequate supply of nutrients and provide primary structural support (Han et al., 2016; Conrad et al., 2018). μRB building blocks can be homogeneously mixed with cells with high cell viability and can inter-crosslink into macroporous scaffolds (Han et al., 2013). Macroporous gelatin μRB-based scaffolds increased cartilage formation in a murine subcutaneous implantation model (Rogan et al., 2020). In a murine cranial defect, μRB-based scaffolds significantly improved stem cell survival, vascular ingrowth, and accelerated bone formation (Han et al., 2016).
It is recognized that inflammation and the innate immune system including macrophages play crucial roles in the differentiation and activation of MSCs, and are essential for normal bone growth, repair, and homeostasis (Chow et al., 2019; Maruyama et al., 2020). Acute injury damages bone, the local soft tissues, and the neurovascular system, leading to the production of a pro-inflammatory microenvironment. This inflammatory milieu is the first stage of bone healing and determines the delicate balance between bone formation and bone degradation (Loi et al., 2016a). The inflammatory cascade polarizes macrophages to a proinflammatory M1 phenotype; M1 macrophages produce cytokines and chemokines that recruit MSCs, vascular progenitors and other cells, and activates or licenses MSCs to a new state facilitating resolution, re-vascularization, reconstruction, and homeostasis. As the acute inflammatory response subsides, M2 anti-inflammatory macrophages further stimulate tissue regeneration.
IL-4 is an anti-inflammatory cytokine; when IL-4 was added in monoculture of mouse MSCs acutely, IL-4 decreased cell proliferation and osteogenic differentiation (Lin et al., 2017a; Zhang et al., 2021). However, IL-4 stimulates the polarization of macrophages from an M1 to an M2 phenotype (Shapouri-Moghaddam et al., 2018), and crosstalk between MSCs and macrophages is critical for successful bone healing (Pajarinen et al., 2019). Interestingly, IL-4 over-expressing MSCs enhanced osteogenesis in MSC-macrophage cocultures if the IL-4 was added after 48–72 h (Lin et al., 2019). To aid in this reparative response, we developed IL-4 over-expressing MSCs using lentiviral vectors. IL-4 over-expressing MSCs within μRB scaffolds, delivered locally 3 days after the acute injury, enhanced bone formation using a long bone defect in young, male mice (Ueno et al., 2020) in an established femoral diaphyseal critical size bone defect model (Zwingenberger et al., 2013). Whether this biological approach is comparable in female mice having a different hormonal profile is unknown.
In the current study, we compare the healing potential of IL-4 over-expressing MSCs in male and female mice using an established murine long bone critical size defect model. We evaluated the healing defect using comprehensive histologic and immunohistochemical analyses, and µCT of the bone defect site.
MATERIALS AND METHODS
Isolation and Manipulation of MSCs
Bone marrow derived MSCs from each sex were isolated according to a previously published method (Peister et al., 2004; Lin et al., 2015). Briefly, we collected bone marrow from both femurs and tibias of 8–10-week-old BALB/c male and female mice. Then bone marrow was carefully suspended and filtered through a 70 μm strainer, spun down and resuspended in alpha-minimal essential medium (α-MEM, Thermo Fisher Scientific, Waltham, MA, United States) supplied with 10% fetal bovine serum (FBS, Invitrogen, Carlsbad, CA, United States) and antibiotic antimycotic solution (100 units of penicillin, 100 μg of streptomycin and 0.25 μg of Amphotericin B/ml; Hyclone, Thermo Fisher Scientific, Waltham, MA, United States). The unattached cells were removed by replacing the culture media after 24 h and defined as passage 1. The immunophenotype of isolated MSCs according to International Society for Cell Therapy (ISCR) (Dominici et al., 2006) (CD105+ /CD73+ /CD90.2+ /Scal + CD45−/ CD34−CD11b−) was characterized by flow cytometry (LSR II, Stanford Shared FACS Facility, Stanford, CA, United States) at passage 4. MSCs between passage four to eight were used in the current study. Based on our protocol (Ueno et al., 2020), we produced genetically modified MSCs that over-express IL-4 by infecting MSCs with the lentiviral vector carrying murine IL-4 gene. Briefly, the lentivirus vectors were generated in HEK293T cells by co-transfecting with the transfer plasmid (pCDH-CMV-mIL-4-EF1-copGFP), packaged plasmid (psPAX2), and enveloped plasmid (pMD2G VSVG) using a calcium phosphate transfection kit (Takara Bio United States Inc., Mountain View, CA, United States) with 25 mmol/L chloroquine. We then collected the supernatants of the culture media 48 h after the transfection, and the cellular debris was removed by centrifugation at 4,000 g for 20 min. The virus was mixed in MSC culture medium supplemented with 6 μg/ml of polybrene (Sigma Aldrich, St. Louis, MO, United States) with the multiplicity of infection 100 for MSC infection (Ricks et al., 2008; Lin et al., 2017b; Zhang et al., 2021). ELISA kits for mouse IL-4 (R&D system, Minneapolis, MN, United States) were used to quantify IL-4 expression by the infected MSCs (IL-4 MSCs) or non-infected MSCs (MSCs) for 24 h culture. The manufacturers’ protocols were carefully followed. The optical densities were determined using SpectraMax M2e Microplate Readers (Molecular Devices, San Jose, CA, United States) set at 450 nm with wavelength correction set to 540 nm.
Gelatin μRB-Based Scaffold
The fabrication of gelatin μRBs (Figure 1A) using a wet spinning process was conducted according to a previous report (Conrad et al., 2018). Briefly, gelatin was stirred in dimethyl sulfoxide (20 wt%) at 60°C for 18 h at 60 rpm to form a viscous solution. Then the gelatin solution was transferred to a 60 ml syringe and ejected using a syringe pump set to 5 ml/h into ethanol located 1.8 m under the syringe being stirred at 500 rpm. The precipitated gelatin microfiber was transferred to acetone for 3 h to dry and form μRBs. The μRBs were chopped to short length using a homogenizer after transferred back to ethanol. The μRBs were transferred to methanol containing methacrylic acid N-hydroxysuccinimide ester (15 wt%) and stirred for 18 h at room temperature to functionalize them. Next, the μRBs were transferred to fresh methanol containing glutaraldehyde (0.1 wt%) and stirred vigorously for 18 h at room temperature. The glutaraldehyde was neutralized by adding L-lysine hydrochloride (1% in 200 ml PBS) and stirring for 2 h. The product was washed eight times using PBS and three times using deionized water to remove the reagents, thereafter, the product was freeze-dried and stored at −20°C.
[image: Figure 1]FIGURE 1 | Animal model and surgical procedure. (A) MSC-seeded μRBs scaffolds. (B) A model of the external fixator and μRBs. (C) Implantation of a μRBs scaffold in a mouse femur critical size bone defect with an external fixator. (D) IL-4 secreting levels detected by ELISA in the culture media of IL-4 MSCs and MSCs for 24 h (2039.01 ± 90.73 pg/ml in male IL-4 MSCs and 1607.25 ± 313.58 pg/ml in female IL-4 MSCs. The IL-4 concentration could not be detected by ELISA in male and female MSC alone groups). (E) Surgical procedure. The IL-4 overexpressing MSCs (IL-4 MSCs) were added day 3 after creation of the surgical defect, whereas in the other groups, namely scaffold only (Sc-only), scaffold with unmodified MSCs (Sc + MSCs), were added immediately after the surgery (day 0).
To fabricate scaffolds, the μRBs were rehydrated using PBS containing 0.05% LAP photo-initiator. After incubation for 1 h at 37°C, the μRBs were gently mixed with trypsinized MSCs suspended in PBS. The cell concentrations were 10 million cells/mL. The μRBs containing cells were filled to 2 mm diameter cylindrical mold and exposed to ultraviolet light (365 nm, 2 mW/cm2) for 4 min to produce macroporous scaffolds. The scaffolds were then gently pushed out from the mold and kept in PBS for further applications. Cell properties after encapsulation into the same scaffold prior to placement of this construct into the bone defect, as well as cell viability in the scaffolds after placement into a defect site in a mouse cranial defect model were tested and reported previously (Han et al., 2016). Bioluminescence imaging (BLI) showed that 81.1 ± 21.3% of stem cells in the µRB scaffold were alive at day 1, compared to 26.6 ± 10.1% in the hydrogel scaffold group. After 6 weeks, almost 40% of stem cell still showed BLI positive signals.
Animals
Stanford’s Administrative Panel on Laboratory Animal Care (APLAC) approved this animal experiment protocol (APLAC 26905). Guidelines for the Care and Use of Laboratory Animals were followed in all aspects of the current project. Male and female Balb/c mice (Jackson Laboratory, Bar Harbor, ME) between 10 and 12 weeks old were used. These mice were kept on a 12-h light-and-dark cycle, and they were able to access a standard diet with food and water ad libitum.
Surgical Procedure and Postoperative Care
The surgery was conducted on mice who were given preoperative analgesia by subcutaneously injection of 0.1 mg/kg of buprenorphine. Mice were anesthetized using inhalation anesthesia with isoflurane in 100% oxygen at a flow of 1 L/min on a warm surgery station for small animals during the surgical procedures. The surgery was conducted by at least two experienced surgeons in each case, and one non-operative surgeon assistant. A 2-mm critical-sized diaphyseal bone defect was made in the femur, as previously described (Figures 1B,C) (Zwingenberger et al., 2013). Briefly, we approached the right femur via a longitudinal lateral incision, then implanted the femoral external fixation device (MouseExFix, RISystem AG, Landquart, Switzerland) onto the right femur. Then, a special jig was used to generate a 2 mm critical-size bone defect in the midshaft of the femur using a Gigli saw (Zwingenberger et al., 2013). There were three groups for each sex: μRB scaffold without any implantation of cells (Sc-only group), μRB scaffold with unaltered MSCs (Sc + MSCs group), and μRB scaffold with IL-4 over-expressing MSCs (Sc + IL-4-MSCs group). Mice were implanted with MSCs which were isolated from the same sex. Male recipient mice received male donor MSCs or IL-4 MSCs, whereas female recipient mice received female donor MSCs or IL-4 MSCs.
The surgical procedure and scaffold implantation for Sc-only group and Sc + MSCs group were performed at time zero. Since the previous in vitro study demonstrated that administration of the anti-inflammatory cytokine IL-4 during the first 48 h of culture significantly mitigated acute inflammation, decreased cell proliferation and downregulated oncostatin M which is recognized to enhance osteogenesis (Guihard et al., 2012; Loi et al., 2016b), the scaffolds with IL-4 over-expressing MSCs were implanted 3 days after the primary surgery (Figure 1D). We closed the surgical incisions with 5–0 Ethilon sutures and injected BuprenorphineSR (0.1 mg/kg) subcutaneously for analgesia after surgery.
Micro-Computational Tomography and Radiographic Analysis
6 weeks after the primary surgery, mice were euthanized by exposure to CO2 followed by cervical dislocation. Both lower limbs from each animal were collected. µCT scans were performed using a TriFoileXplore CT 120 (TriFoil Imaging, Chatsworth, CA) with 50 μm resolution (Ueno et al., 2020; Utsunomiya et al., 2021a; Utsunomiya et al., 2021b). In the left femur (the healthy side), a 3 × 3 × 2 mm rectangular region in the center of femur was scanned (Figure 2A). For the right femur containing the 2 mm critical-size bone defect surgery, we measured the original length of defect based on the µCT images case by case to set the size of ROI (3 mm × 3 mm × original length) (Figure 2C). Final length of the defect was also measured case by case. We calculated the tissue mineral content of the newly formed bone from the original bone defect area. The length of the bone defect healing was also calculated by this formula: defect healing (mm) = original length (mm)—final length (mm) (Figure 2).
[image: Figure 2]FIGURE 2 | µCT -based reconstructions of the femurs in male and female mice. (A) µCT -based reconstructions of the healthy side of femur and the region of interest. (B) Tissue mineral content (mg) of the region of interest. female, n = 16; male, n = 16. IL-4 MSCs in μRBs decreased the sizes of bone defects in both sexes. (C) µCT -based reconstructions of the initial defect area and the region of interest. (D) µCT -based reconstructions of femurs and defect areas of three groups. (E) Tissue mineral content (mg) of the bone defect area and (F) defect healing at 6 weeks (mm) calculated by the µCT. Female Sc-only, n = 7; female Sc + MSCs, n = 6; female Sc + IL-4 MSCs, n = 7; male Sc-only, n = 6; male Sc + MSCs, n = 6; male Sc + IL-4 MSCs, n = 7. *: 0.01 [image: image] p < 0.05, ****: p < 0.0001.
Histologic and Immunohistochemical Analysis
The tissue samples were fixed in 4% paraformaldehyde overnight after the µCT scans, then decalcified in 0.5 M ethylenediaminetetraacetic acid (EDTA) for 2 weeks, then embedded in optimal cutting temperature compound (OCT) and frozen at −80°C. Embedded samples were cut into 10 μm-thick sections. Hematoxylin and Eosin (H&E) staining was performed for histological analysis. To evaluate the status of bone healing, the contents of the defect were graded according to the scoring system of Huo et al., (1991) (Table.1). 1-Step NBT/BCIP Substrate Solution (Thermo Fisher Scientific Rockford, IL) was used for Alkaline phosphatase (ALP) staining. After staining with 1-Step NBT/BCIP Substrate Solution, the ALP-positive area based on the entire area of the scaffold was calculated using the image analysis software program ImageJ (National Institutes of Health, Bethesda, MD, United States) (Schneider et al., 2012). Osteoclast-like cells were determined using a leukocyte tartrate resistant acid phosphatase (TRAP) staining kit (Sigma Aldrich, St. Louis, MO, United States) and counted as TRAP positive multi-nucleated cells located in the bone defect area. To identify the macrophages, the sections were blocked by 5% BSA buffer for 30 min at room temperature, followed by 1 h primary and secondary antibody incubation at room temperature. Macrophages were stained by rat anti-CD11b antibody (Abcam, Cambridge, MA, United States) followed by Alexa Fluor® 647 conjugated donkey anti-rat IgG (Abcam, Cambridge, MA, United States). M1 pro-inflammatory macrophages were identified using mouse anti-inducible nitric oxide synthase (iNOS) antibody (Abcam, Cambridge, MA, United States) followed by Alexa Fluor® 488 conjugated goat anti-mouse IgG (Invitrogen, CA, United States). M2 anti-inflammatory macrophages were stained by rabbit anti-liver Arginase (Arg1) antibody (Abcam, Cambridge, MA, United States) followed by Alexa Fluor® 555 conjugated donkey anti-rabbit IgG (Invitrogen, Carlsbad, CA, United States). Slides were mounted by prolong gold antifade mount with DAPI (Life Technologies, Grand Island, NY, United States). Slides were imaged using a fluorescence microscope (BZ-X800, Keyence, IL, United States). Positive cells in all slides were counted double blinded in three randomly selected areas by two independent researchers. All the samples were recorded as digital images with 200x magnification using a microscope (BZ-X800, Keyence, Itasca, IL, United States).
TABLE 1 | The numerical scoring scheme used for the histologic evaluation of fracture healing according to Huo et al. (1991).
[image: Table 1]Statistical Analysis
Statistical analyses were conducted using GraphPad Prism 7 (GraphPad Software, San Diego, CA). Data are presented as mean ± SD. Student t-tests were to compare the tissue mineral content of non-operated femurs between female and male mice. Two-way ANOVA with Bonferroni’s post hoc test was conducted for the multiple statistical comparisons among groups. The difference was considered significant when the p-value was < 0.05.
RESULTS
Micro-Computational Tomography of the Non-Operative Femur
To determine whether there were differences between sex, the tissue mineral contents of the non-operated femurs were compared. 16 mice of both sexes were measured for this experiment. There were no statistically significant differences in the tissue mineral content between femurs of the non-operative sides of males vs. females (p = 0.506) (Figure 2B).
Micro-Computational Tomography of the Bone Defect Area on the Operative Side
To assess the degree of bone regeneration in the defect area, µCT analysis was performed after 6 weeks to analyze the size and tissue mineral content of the region of interest (Figure 2C). For both sexes, the Sc + IL-4-MSCs groups displayed increased bone healing and decreased bone defect size (Figure 2F). Three of seven male mice receiving Sc + IL-4-MSCs and one of seven female mice receiving Sc + IL-4-MSCs showed bony bridging on µCT; in contrast, none of the other groups showed bony bridging (Figure 2D). The male Sc + IL-4-MSCs group showed higher tissue mineral content compared to the male Sc-only group (Figure 2E).
Histological Analysis
The same trends for the results of µCT were seen with histomorphometric analysis of H&E-stained sections (Figure 3). There was increased bone formed in the periphery of the defect area in Sc + IL-4-MSCs groups of both sexes than in other groups. Three of seven specimens from the male Sc + IL-4-MSCs group and one of seven from the female Sc + IL-4-MSCs group showed bone bridging. None of the mice of the other groups showed bone bridging of the defect. The grade of defect healing quantified by the scoring system of Huo et al., in the male Sc + IL-4-MSCs group (score: 5.4 ± 2.3) was significantly higher compared with the male Sc-only group (score: 1.8 ± 0.4, p = 0.0005) and the male Sc + MSC group (score: 2.8 ± 0.4, p = 0.022). No significant difference was detected between male and female groups using the same treatment.
[image: Figure 3]FIGURE 3 | Histology analysis of critical size bone defect healing after 6 weeks in female and male mice. (A) H&E stained representative images of the bone defect images (scaffolds ± cells) at 200x magnification. The yellow dotted frames show the original bone defect area. (B) Defect healing grade score based on the histological evaluation. *: 0.01 [image: image] p < 0.05, ***: 0.0001 [image: image] p < 0.001.
Expression of Alkaline Phosphatase
Male groups showed higher ALP positive staining than the female groups for the same treatment, but the values did not reach statistical significance (female vs. male in Sc-only groups: p = 0.520, in Sc + MSCs groups: p = 0.737). However, the male Sc + IL-4-MSCs group showed a strong trend compared to the female Sc + IL-4-MSCs group (p = 0.0536). Comparing the groups in same sex, the Sc + IL-4-MSCs group showed a higher level of ALP positive staining, but this did not reach statistical significance (Figure 4).
[image: Figure 4]FIGURE 4 | ALP staining and analysis of critical size bone defect healing in female and male mice. (A) The ALP-stained bone defects representative images of all groups after 6 weeks with 200 times magnification. (B) ALP positive area calculated.
Tartrate Resistant Acid Phosphatase Staining
For the TRAP staining, the number for female Sc-only group was significantly higher than female Sc + MSCs group: p = 0.044). No significant differences were detected among female and male of Sc-only groups, Sc + MSCs groups and Sc + IL-4-MSCs groups (Figure 5).
[image: Figure 5]FIGURE 5 | TRAP staining and analysis of critical size bone defect healing after 6 weeks in female and male mice. (A) The TRAP-stained bone defects representative images of all groups with 200 times magnification (red arrows showed the TRAP positive cells, bar = 100 µm). (B) TRAP positive cell number calculated per µm2. *: 0.01 ≤ p < 0.05.
Immunohistochemistry for Macrophage Phenotype
The number of macrophages (CD11b+/DAPI+) in the male Sc + IL-4-MSCs group was significantly higher than the female Sc + IL-4-MSCs group (p = 0.0097). No significant differences were detected among female and male mice in the Sc-only or Sc + MSCs groups. The macrophage number of male Sc + IL-4-MSCs group was significantly increased compared with that in male Sc + MSCs and male Sc-only group (p = 0.0002, p = 0.0002 respectively). There were no significant differences among the groups of female mice (female Sc-only, female Sc + MSCs, female Sc + IL-4-MSCs) (Figure 6). For the M1 pro-inflammatory macrophage (iNOS+/DAPI+) number, the male Sc + IL-4-MSCs group was significantly higher than the male Sc + MSCs group (p = 0.0483); the female Sc + IL-4-MSCs was significantly higher than female Sc + MSCs group (p = 0.001) and female Sc-only group (p = 0.0002). The number of M2 macrophages in the female Sc + IL-4-MSCs group was significantly increased compared with that in female Sc + MSCs group (p < 0.0001) and with that in the female Sc-only group (p < 0.0001). M2 macrophage number in male mice showed a similar trend. M2 macrophage number in male Sc + IL-4-MSCs group was significantly increased compared with that in male Sc + MSCs group (p < 0.0001) and the male Sc-only group (p < 0.0001). The M2/M1 ratio in male Sc + IL-4-MSCs group was significantly higher compared with that in male Sc + MSCs group (p < 0.0001) and in the male Sc-only group (p < 0.0001). The M2/M1 ratio in female Sc + IL-4-MSCs group showed an increased trend compared with that in male Sc + MSCs group (p = 0.0605) and the male Sc-only group (p = 0.0913). However, no significant differences of M1 macrophage number, M2 macrophage number or M2/M1 ratio were observed between female and male mice with same implantation treatment (female Sc-only vs. male Sc-only group; female Sc + MSCs vs. male Sc + MSCs group; female Sc + IL-4-MSCs vs. male Sc + IL-4-MSCs group) (Figure 7).
[image: Figure 6]FIGURE 6 | Immunohistochemistry staining and analysis of CD11b/DAPI inside the scaffolds of critical size bone defect healing after 6 weeks in female and male mice. (A) Representative images of CD11b/DAPI stained macrophages in all groups. (Blue: DAPI/nucleus; White: CD11b/Macrophage marker. Bar = 100 µm). (B) Number of cells counted from the immunohistochemistry images. Female Sc-only, n = 6; female Sc + MSCs, n = 6; female Sc + IL-4 MSCs, n = 7; male Sc-only, n = 6; male Sc + MSCs, n = 6; male Sc + IL-4 MSCs, n = 7. **: 0.001 [image: image] p < 0.01, ***: 0.0001 [image: image] p < 0.001, ****: p < 0.0001.
[image: Figure 7]FIGURE 7 | Immunohistochemistry staining and analysis of iNOS/Arg1/DAPI inside the scaffolds of critical size bone defect healing after 6 weeks in female and male mice. (A) Representative images of iNOS/Arg1/DAPI stained macrophages in all groups. (Blue: DAPI/nucleus; Green: iNOS/M1 macrophage marker; Red: Arg-1/M2 macrophage marker. Bar = 50 µm). (B) Number of cells counted from the immunohistochemistry images. Female Sc-only, n = 6; female Sc + MSCs, n = 6; female Sc + IL-4 MSCs, n = 7; male Sc-only, n = 6; male Sc + MSCs, n = 6; male Sc + IL-4 MSCs, n = 7. *: 0.01 [image: image] p < 0.05, ***: 0.0001 [image: image] p < 0.001, ****: p < 0.0001.
DISCUSSION
MSCbased bone tissue engineering has been proposed as a potential substitutive intervention to promote bone repair, instead of bulk autologous bone grafting. Recently, we have investigated the healing of bone defects by modulating the immune system (Loi et al., 2016a; Loi et al., 2016b; Goodman et al., 2019; Pajarinen et al., 2019; Maruyama et al., 2020). IL-4 is the most effective anti-inflammatory cytokine that polarizes M1 macrophages to an M2 phenotype (Lin et al., 2017a; Lin et al., 2018; Lin et al., 2019). We previously reported that IL-4 over-expressing MSCs within a μRB scaffold enhanced macrophage migration into the scaffolds and subsequent bone formation to aid in the bridging of a 2 mm a critical size femoral defect in male Balb/c mice, compared to μRB scaffold with or without unmodified MSCs (Ueno et al., 2020). The crosstalk between local MSCs and recruited immune cells at the appropriate time point decreases inflammation and the facilitates bone healing; this enhancement of bone formation by manipulating immune regulation with IL-4 appears to be a generalized phenomenon regardless of sex.
Sex differences have been observed in musculoskeletal diseases. Although the reasons for these differences are complex and largely unknown, one of the possible reasons is the sex-based differences in cells’ response to the local microenvironment (Knewtson et al., 2021). Sex differences have been shown to affect the MSC-based therapeutic potential for bone healing. Katsara et al. found that bone marrow MSCs from male mice had higher osteogenic and adipogenic potential than female mice, without affecting their proliferative abilities (Katsara et al., 2011). Strube et al. reported that female bone marrow contained significantly fewer MSCs, as indicated by lower colony-forming unit (CFU) numbers in femora and tibias using a rat bone defect model (Strube et al., 2009). Male muscle-derived stem cells were more effective than female derived cells in the healing of defects in bone and cartilage (Matsumoto et al., 2008; Meszaros et al., 2012). Mehta et al., demonstrated that male rats showed larger bone callus and advanced healing compared to females using a bone defect model (Mehta et al., 2011). However, little is known concerning the influence of sex on long bone defect healing using MSC-based interventions. Previously, we have compared the gold standard bone-graft (positive control), µRB scaffold only, µRB scaffold with unaltered MSCs and µRB scaffold with IL-4 over-expressing MSCs in the same bone defect model in male mice. The group with bone graft showed enhanced bone formation, however the scaffold only and scaffold with unaltered MSCs groups showed fibrous tissue with virtually no bone formation (Ueno et al., 2020). The group with IL-4 MSCs plus scaffold showed enhanced bone formation. In the current study, we investigated the outcomes of the MSC-based therapy using a µRB scaffold in female and male Balb/c mice subjected to a critical size femoral bone defect.
The current results suggest that IL-4 over-expressing MSCs are an effective way to enhance bone healing in a critical size bone defect model in both female and male mice compared with scaffold only and scaffold with unmodified MSCs. Although the µCT and histological analysis of the bone defect area showed no significant differences between females and males with the same treatment, more detailed analysis revealed some differences based on sex in the mice receiving Sc + IL-4-MSCs. Three of seven male mice and one of seven female mice showed bony bridging after receiving IL-4 over-expressing MSC seeded scaffolds. The ALP staining showed that with the IL-4 over-expressing MSCs scaffold treatment, male mice had a strong trend (p = 0.0536, Figure 4B) of increased ALP positive area. Furthermore, the total macrophage number in the male Sc + IL-4-MSCs group was significantly higher than in female mice with the IL-4 over-expressing MSCs intervention; M2 macrophage number, and M2/M1 macrophage ratio also showed that the male Sc + IL-4-MSCs group had a higher level than female mice with the same treatment. These results suggest that male mice had enhanced bone healing with the IL-4 over-expressing MSC seeded scaffolds compared with female mice with the same treatment. These results may be due to sex differences in the properties of the MSCs or the healing process of different sexes, which have been reported by other groups (Strube et al., 2009; Mehta et al., 2011). It should further be taken into account that male animals of the same age have a higher body weight compared to females. In our study, the average body weights of males were higher than females (mean ± SD; male 29.4 ± 1.5 g, female 24.0 ± 1.3 g) which may result in different loading patterns and thus different healing parameters.
Interestingly, the TRAP staining showed that female mice receiving the empty scaffold (female Sc-only) had significantly higher TRAP positive cell number compared with female mice receiving Sc + MSCs (female Sc + MSCs) and higher than female mice receiving Sc + IL-4 MSCs (female Sc + IL-4 MSCs), although no significant difference was detected. Female mice in Sc-only group showed higher TRAP positive cells than male mice receiving the empty scaffold (Figure 5) although no significant differences were found. Similar results have been reported by other researchers using a murine tibial fracture model (Deng et al., 2020). The increased osteoclast numbers (TRAP positive cell number) found in female mice may promote faster remodeling of the fracture calluses.
In the current study, we used IL-4 overexpressing MSCs implanted 3 days after the generation of the critical size bone defect but implanted the scaffold without MSCs and with unmodified MSCs immediately after we created the bone defect. Direct application of anti-inflammatory immunomodulatory cytokines at the critical time can favorably modify the local microenvironment. Administration of IL-4 too early in the bone healing process inhibits the proliferation of human osteoblasts (Frost et al., 2001). Lewis et al. reported that mice overproducing IL-4 had severe osteoporosis primarily due to a marked decrease in osteoblast and ALP activity (Lewis et al., 1993). Our previous in vitro study also showed modulation of macrophage phenotype at an appropriate time optimized the proliferation and osteogenic differentiation of MSCs (Loi et al., 2016b). This underscores the concept that the timing of anti-inflammatory cytokine intervention such as IL-4 is critical to facilitating osteogenesis by not interfering with the mandatory pro-inflammatory period of bone healing. Thus, we implanted the scaffolds with IL-4 over-expressing MSCs 3 days after the primary creation of the bone defect.
Autograft is the gold standard for treatment of residual long bone defects however, autologous bone is often limited in quantity and/or quality and can be accompanied by morbidity at the harvest site (Khan et al., 2005). Furthermore, the failure rate of autologous bone grafting to heal a nonunion or other defect ranges from 4 to 25% (Tuchman et al., 2016). Allograft bone is osteoconductive only and may potentially transfer communicable diseases or cause adverse immunological events (Khan et al., 2005). In an effort to find alternative therapies, novel biomaterials were developed. The µRB scaffold used in the current study was reported to enhance the proliferation of stem cells in 3D culture compared with hydrogel scaffold (Han et al., 2016). Cell viability was also promoted in µRB scaffold in vivo in a mouse critical-size cranial defect model (Han et al., 2016). In this previous study, BLI results indicated that almost 40% of stem cell survived showed after 6 weeks; this is the same time period after which we implanted the scaffolds in the current study. Together with the addition of MSCs, we showed that the 2-mm defect, which is almost 100% of the femoral diameter in Balb/c mice, was too demanding to bridge the defect after 6 weeks (Ueno et al., 2020). MSC-based therapies using µRB scaffolds are thus promising strategies for healing of bone defects based on the results of this study. However, this treatment was not universally successful in all cases for both sexes.
Limitations to our present study should be recognized. The model represents an acute femoral diaphyseal critical size defect, with harvest at one time point. Ongoing studies using a similar chronic defect will shed further light on these treatments in the face of an established nonunion. The timing of administration of IL-4 over-expressing MSCs was crucial and based on previous in vitro and in vivo studies. This presents a challenge for clinical translation in which “one-stop” surgical treatment is preferred. Other methods of delivery of the IL-4 payload together with MSCs should be pursued. We also found that the proliferation of female murine MSCs in vitro was slower than for males, which is similar to that reported for rat MSCs (Strube et al., 2009). We did not endeavor to detect the specific fate of the implanted MSCs at the end of the current study. A previous report showed an enhancement of cell survival using the µRB scaffold 6 weeks after implantation (Han et al., 2016).
In conclusion, µRB scaffolds with IL-4 over-expressing MSCs improved the healing of critical size femoral diaphyseal bone defects in female and male mice. Male mice had enhanced bone healing using the IL-4 over-expressing MSC seeded scaffolds compared with female mice. These results suggest that sex differences should be considered during the application of MSC-based studies of bone healing.
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Biomechanical stimulation by whole-body low-magnitude high-frequency vibration (LMHFV) has demonstrated to provoke anabolic effects on bone metabolism in both non-osteoporotic and osteoporotic animals and humans. However, preclinical studies reported that vibration improved fracture healing and bone formation in osteoporotic, ovariectomized (OVX) mice representing an estrogen-deficient hormonal status, but impaired bone regeneration in skeletally healthy non-OVX mice. These effects were abolished in general estrogen receptor α (ERα)-knockout (KO) mice. However, it remains to be elucidated which cell types in the fracture callus are targeted by LMHFV during bone healing. To answer this question, we generated osteoblast lineage-specific ERα-KO mice that were subjected to ovariectomy, femur osteotomy and subsequent vibration. We found that the ERα specifically on osteoblastic lineage cells facilitated the vibration-induced effects on fracture healing, because in osteoblast lineage-specific ERα-KO (ERαfl/fl; Runx2Cre) mice the negative effects in non-OVX mice were abolished, whereas the positive effects of vibration in OVX mice were reversed. To gain greater mechanistic insights, the influence of vibration on murine and human osteogenic cells was investigated in vitro by whole genome array analysis and qPCR. The results suggested that particularly canonical WNT and Cox2/PGE2 signaling is involved in the mechanotransduction of LMHFV under estrogen-deficient conditions. In conclusion, our study demonstrates a critical role of the osteoblast lineage-specific ERα in LMHFV-induced effects on fracture healing and provides further insights into the molecular mechanism behind these effects.
Keywords: osteoblasts, estrogen receptor signaling, whole-body vibration, fracture healing, LMHFV, wnt signaling, prostaglandin signaling
INTRODUCTION
In bone repair, an optimal mechanical environment is required for the successful healing of the fractured bone (Claes et al., 1995; Haffner-Luntzer et al., 2015; Claes, 2017). Long-bone fracture healing critically depends on the stability and type of fracture fixation resulting in different degrees of interfragmentary movement, which either guide intramembranous or endochondral bone formation. A too rigid fixation with less interfragmentary movements results in lower strains around the fracture area and can even hinder successful healing (Perren, 1979; Claes et al., 1998). Clinical and preclinical studies suggest, that the endocrine status is also important because a disturbed bone formation during fracture healing is commonly observed in postmenopausal osteoporotic patients and OVX rodents (Kim et al., 2001; Nikolaou et al., 2009; Beil et al., 2010; He et al., 2011; Cheung et al., 2016). This can be explained by the importance of the osteoanabolic hormone estrogen for bone health (Cauley, 2015). Therefore, external mechanostimulation applied by whole-body low-magnitude high-frequency vibration (LMHFV) was suggested as a promising approach to improve compromised bone repair in osteoporotic subjects (Thompson et al., 2014; Edwards and Reilly, 2015). Several clinical trials investigating fracture healing and LMHFV are ongoing with no published results yet. Regarding the intact skeleton, clinical studies mainly reports anabolic effects of LMHFV on the osteoporotic skeleton (Rubin et al., 2004), whereas one study demonstrates no effect on bone mineral density (Leung et al., 2014). Preclinical studies demonstrate that LMHFV application provokes positive effects on bone healing in sheep (Li et al., 2018) and in ovariectomy-induced estrogen-deficient rodents (Stuermer et al., 2010; Komrakova et al., 2013; Chung et al., 2014; Wehrle et al., 2015; Wang et al., 2017; Steppe et al., 2020). By contrast, no or negative effects on bone repair were observed in non-OVX rodents (Shi et al., 2010; Stuermer et al., 2010; Chung et al., 2014; Wehrle et al., 2014, 2015; Wang et al., 2017; Steppe et al., 2020).
Therefore, estrogen seems to play an important role in regulating the mechanotransduction of LMHFV during fracture healing. The effect of estrogen on bone is mainly mediated via its interaction with two estrogen receptors (ERs), ERα and ERβ. Both are expressed by chondrocytes and osteogenic cells (Manolagas et al., 1995; Almeida et al., 2017), but regulate the expression of different target genes. In addition to the classic ER pathway involving ligand-binding and the subsequent interaction with transcription factors or estrogen-responsive elements or, also ligand-independent signaling can be exerted by ERα and ERβ in the absence of estrogen. Several studies report that ERα expression is decreased in the fracture callus of OVX mice compared to non-OVX animals (He et al., 2011), whereas mechanical stimulation enhanced ERα expression in the fracture callus particularly in OVX rodents (Wehrle et al., 2015; Chow et al., 2016; Haffner-Luntzer et al., 2018a). Furthermore, other reports showed that ERα is required for mediating the anabolic effects of mechanical strain (Lee et al., 2003; Jessop et al., 2004; Windahl et al., 2013; Chow et al., 2016), indicating that ERα is involved in mechanotransduction in bone. By using a global ERα-knockout (ERα-KO) mouse model, we previously demonstrated that in the absence of ERα, both the improved fracture healing and bone formation upon vibration in OVX animals and the impaired bone regeneration in non-OVX mice were not observed anymore (Haffner-Luntzer et al., 2018a). ERβ-KO did not display any effect, indicating only a minor role of this receptor-however, by using global KO mice we were unable to conclude about systemic versus local effects of ERα during mechanostimulation in fracture healing. Notably, we found that the number and the contact area between osteoblasts and bone (osteoblast surface) in the fracture callus of wildtype mice were decreased in non-OVX but increased in OVX animals by vibration, whereas these parameters were unaltered in ERα-KO OVX mice upon LMHFV treatment (Haffner-Luntzer et al., 2018a). Since osteoblasts are involved in bone regeneration (Dirckx et al., 2013; Bahney et al., 2019) and as ERα is highly expressed by osteoblasts (Haffner-Luntzer et al., 2018a), we hypothesized that osteoblasts are direct target cells of LMHFV via ERα signaling. To investigate this hypothesis, we generated mice with an osteoblast lineage-specific ERα-KO (ERαfl/fl; Runx2Cre), which underwent ovariectomy followed by a femur osteotomy and LMHFV treatment.
MATERIALS AND METHODS
Animal Care and Animal Models
All experiments were performed according to the German Guidelines of Animal Research on the Protection of Animals as well as the ARRIVE guidelines and were approved by the local ethical committee (No. 1455, Regierungspräsidium Tübingen, Germany). Osteoblast lineage-specific ERα-KO mice (Tg (Runx2-cre)1Jtuc x Esr1tm1.2Mma) were generated by crossing Runx2-Cre with ERαfl/fl mice on a C57BL/6 background, both provided by Prof. J. Tuckermann (Ulm University). Cre− littermates (ERαfl/fl) were used as control. Cre+ mice (ERαfl/fl; Runx2Cre) were shown to lack the ERα in cells of the osteogenic lineage (Supplementary Figure S1) including osteoblasts, osteocytes and hypertrophic chondrocytes. All animals were housed in groups of up to five mice per cage with a 12 h light, 12 h dark rhythm, and received water ad libitum as well as a standard mouse feed (Ssniff R/M-H, V1535-300; Ssniff, Soest, Germany) until the day of ovariectomy/sham-ovariectomy. Subsequently, the food was switched to a phytoestrogen-free diet (Ssniff). Mouse genotyping was conducted by lysed ear punch PCR using the primers: 5′-CCA​GGA​AGA​CTG​CCA​GAA​GG-3′, 5′-TGGCTTGCAGGT ACAGGAG-3′ and 5′-GGA​GCT​GCC​GAG​TCA​ATA​AC-3′ to detect the Cre transgene, whereas the ERα loxP sites were detected using the primers: 5′- TAGGCTTTGTCTCGCTTT CC-3′, 5′- CCCTGG CAAGATAAGACAGC-3′ and 5′-AGG​AGA​ATG​AGG​TGG​CAC​AG-3′.
Surgical Procedures
When aged 12 weeks, female mice (n = 24 per genotype) were randomly assigned (Table 1) to bilateral ovariectomy (n = 12 per genotype) or sham-operated (non-OVX, n = 12 per genotype) as described previously (Haffner-Luntzer et al., 2017). 4 weeks after OVX or non-OVX surgery, all mice underwent standardized unilateral femur osteotomy as described previously (Röntgen et al., 2010; Wehrle et al., 2015; Haffner-Luntzer et al., 2017). Briefly, the osteotomy was created at the right femur diaphysis using a 0.4 mm Gigli wire saw (RISystem, Davos, Switzerland) and stabilized by a semi-rigid external fixator (RISystem). Half of the OVX (n = 6 per genotype) and non-OVX mice received LMHFV. Three weeks after osteotomy surgery (day 21), all mice were sacrificed using an isoflurane overdose and cardiac blood withdrawal.
TABLE 1 | Experimental treatment groups per each genotype (ERαfl/fl, ERαfl/fl; Runx2Cre).
[image: Table 1]LMHFV
The LMHFV regimen was chosen due to our previous studies, showing that 45 Hz significantly improved fracture healing in OVX mice (Wehrle et al., 2015; Haffner-Luntzer et al., 2018a). Starting on the third day after osteotomy surgery, mice were placed on custom-made vibration platforms for 20 min per day for 5 days per week and received vertical whole-body vibration with 0.3 g sinusoidal peak-to-peak acceleration and 45 Hz frequency, as described previously (Wehrle et al., 2015) (Figure 1A). The amplitude and frequency were continuously recorded using integrated accelerometers at the platform (Sensor KS95B.100, measurement amplifier Innobeamer L2, Software Vibromatrix; IDS Innomic GmbH, Salzwedel, Germany). The control mice were sham-vibrated on the same platforms without activation of the vibration generator. All mice were allowed to move freely on the platforms during the vibration or sham-vibration treatment and afterwards returned to their home cages.
[image: Figure 1]FIGURE 1 | Schematic illustration of the experimental timeline and physiological parameters of ERαfl/fl and ERαfl/fl; Runx2Cre mice. (A) When aged 12 weeks, mice were ovariectomized (OVX) or sham-operated followed by fracture surgery (Fx) 4 weeks later. Vibration (LMHFV) or sham-vibration treatment started on the third postoperative day for 20 min/day and 5 days/week. On day 21 after fracture, the mice were sacrificed (Sac.) and their bones were analyzed. Body weight of ERαfl/fl (B) and ERαfl/fl; Runx2Cre (C) mice as well as their respective uterus weight [(D): ERαfl/fl, (E): ERαfl/fl; Runx2Cre] was assessed. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05.
Biomechanical Testing and μCT Analysis
To evaluate the mechanical properties of intact and osteotomized femurs explanted on day 21, a non-destructive three-point bending test was performed as described previously (Röntgen et al., 2010; Wehrle et al., 2015). Briefly, following removal of the fixator, an axial load with a maximum of 2 N was applied on top of the callus side in a cranio-lateral position using a material-testing machine (1454, Zwick GmbH & Co KG, Ulm, Germany). The bending stiffness was calculated from the slope of the load-deflection curve as described previously (Röntgen et al., 2010). If the bones were too fragile for reaching a preload of 0.05 N, the three-point bending test was not performed and a flexural rigidity value of 0 was given. Following biomechanical testing, femora were fixed in 4% phosphate-buffered formaldehyde solution and scanned using a μCT scanning device (Skyscan 1172 version 1.5; Skyscan, Kontich, Belgium) at a resolution of 8 μm using a peak voltage of 50 kV and 200 μA. Analyses and calibration steps were performed according to the guidelines of the American Society for Bone and Mineral Research (Bouxsein et al., 2010). The volume of interest was defined as the entire callus between the fractured cortices. Within each scan, two phantoms with a defined density of hydroxyapatite (250 and 750 mg hydroxyapatite/cm3) were included to determine the bone mineral density. To distinguish between mineralized and nonmineralized tissue, a threshold for cortical bone set at 641.9 mg hydroxyapatite/cm3 was used (Morgan et al., 2009). The trabecular bone of the intact left femora was assessed 200 μm proximal of the metaphyseal growth plate over a length of 280 μm in the distal femur, excluding the cortex. For assessing the trabecular bone parameters, a threshold set at 394.8 mg hydroxyapatite/cm3 was used (Morgan et al., 2009). Analyses were performed by means of Skyscan software (NRecon version 1.7.1.0, DataViewer version 1.5.1.2, and CTAn version 1.17.2.2). Bony bridging score was determined in two perpendicular planes with one bridged cortex counting for one scoring point. A bony bridging score of 3 or 4 represented successful healing.
Histomorphometry of the Fracture Callus and Immunohistochemical Staining
Following μCT analysis, bone specimens were subjected to decalcified histology as described previously (Haffner-Luntzer et al., 2014). Sections of 7 μm were stained with Safranin O for histomorphometric tissue quantification. The amounts of bone, cartilage and fibrous tissue in the fracture gap were determined using an image analysis software (Leica DMI6000 B; Software MMAF Version 1.4.0 MetaMorph®; Leica, Heerbrugg, Switzerland). The number and surface of osteoclasts (NOc/BPm, OcS/BS) were quantitatively assessed using tartrate-resistant alkaline phosphatase (TRAP) staining. Osteoclasts were defined as TRAP-positive cells with two or more nuclei, directly located on the bone surface with a visible resorption lacuna between the bone matrix and the cell. The number and surface of osteoblasts were determined using Safranin-O staining. Osteoblasts were defined as cubic-shaped cells with visible cytoplasm, located directly on the bone surface. Bone cells and surface were evaluated in a rectangular area (650 × 450 μm) using the Osteomeasure system (Osteometrics, Decatur, United States). Images were obtained using a Leica microscope (DMI 6000B). All analyses were performed according to the American Society for Bone and Mineral Research guidelines for bone histomorphometry (Dempster et al., 2013).
For immunohistochemical staining, paraffin-embedded sections of 4 µm were deparaffinized, enzymatically demasked by trypsin, blocked with 3% peroxidase followed by a serum block with 5% goat serum in TBS-T for 2 h. Staining for ERα was performed at 4°C overnight using the following primary antibody: rabbit anti-mouse ERα (1:75, # PA5-16440, Invitrogen). Rabbit IgG was included as isotype control to confirm specific staining. Next, sections were washed with TBS and incubated with a goat anti-rabbit secondary antibody (1:100, #B2770, Life Technologies) for an hour at RT. After another washing step, horseradish peroxidase (HRP)-conjugated streptavidin (#PK-6100, VECTASTAIN® Elite ABC-HRP Kit, Peroxidase, Vector Laboratories) was applied according to the manufacturer`s guidelines. NovaRED (#SK-4800, Vector® NovaRED® Substrate Kit, Peroxidase (HRP), Vector laboratories) was used as chromogen and the sections were counterstained with hematoxylin (1:5; #2C-306, Waldeck, Münster, Germany) and rinsed. This staining protocol was previously established by using biological negative controls (bone sections from ERα-general KO mice). In ERα-stained sections, osteoblasts were identified by their cubic shape and direct contact to the bone trabeculae, whereas osteocytes were defined as ellipsoidal shaped cells embedded in the mineralized bone matrix. Hypertrophic chondrocytes were identified as spherical or polygonal shaped cells within a population of other chondrocytes.
Cell Culture Experiments and Transcriptome Analysis
Murine MC3T3-E1 cells were purchased from the American Type Culture Collection (ATCC) and seeded at a density of 4,000 cells per cm2. On day 3 after seeding, cells were differentiated by adding 50 mg/ml ascorbic acid and 10 mM β-glycerophosphate to the phenol-red free culture medium containing 10% charcoal-stripped (estrogen-free) fetal calf serum (FCS), 1% L-glutamine and 1% penicillin/streptomycin (all ThermoFisher Scientific). Half of the cultures were subjected to LMHFV on a custom-made vibration platform at 0.3 g peak-to-peak acceleration/45 Hz for 20 min/day for 5 days. The other half of the cultures (sham-vibrated) were placed on the same platform without turning on the vibration device. Total RNA was isolated as described previously (Haffner-Luntzer et al., 2018b) and microarray-based gene expression analysis with mouse Gene 1.0 ST GeneChip® arrays was performed as published previously (Mödinger et al., 2018). Differentially expressed probesets were determined by t test and considered statistically significant when p < 0.05 and fold change ≤1.5, as described previously (Zoller et al., 2017). To identify the involved molecular pathways, the GoMINER tool (Zeeberg et al., 2003) was used, whereas functional protein interaction networks were identified using the STRING 10 program (http://string-db.org/). Complete microarray data are available in the Supplementary Material. For the Cox2 antagonist experiment, celecoxib was obtained from Sigma (SML3031) and prepared using dimethyl sulfoxide (stock: 2 mg/ml). AH23848 (EP4 antagonist) was purchased from Cayman Chemical (19023) and dissolved in dimethyl sulfoxide (stock: 5 mg/ml). Both antagonists were used at a concentration of 1 × 10−6 M.
Human bone marrow-derived mesenchymal stem cells (hMSCs) were obtained by Lonza (PT-2501) and seeded in 24-well plates (10,000 cells/well) 2 days prior to the differentiation experiments. The medium was changed to differentiation medium (phenol-red free α-MEM, 10% FCS + 1% penicillin/streptomycin + 1% L-glutamine, 50 mg/ml ascorbic acid, 10 mM β-glycerophosphate) at day 0 and the cells were allowed to differentiate for 10 days. At day 10, the medium was switched to estrogen-free medium and vibration was performed 4 h after the medium-switch for 20 min at 45 Hz and 0.3 g. Thirty minutes after the end of the vibration treatment, the experiment was stopped and RNA was isolated (RNeasy Mini kit, Qiagen) for analyzing gene expression by qPCR and human Gene 1.0 ST GeneChip® arrays.
qPCR
The SensiFAST SYBR Hi-ROX One-Step Kit (Bioline, Mempis, United States) was used according to the manufacturer’s guidelines to perform quantitative PCR. B2M (murine F: 5′-ATA​CGC​CTG​CAG​AGT​TAA​GCA-3′, murine R: 5′-TCA​CAT​GTC​TCG​ATC​CCA​GT-3′, human F: 5′-CTC​ACG​TCA​TCC​AGC​AGA​GA-3′, human R: 5′-GGA​TGG​ATG​AAA​CCC​AGA​CA-3′) was used as the housekeeping gene. Relative gene expression of Lef1 (murine F: 5′-TCA CCT ACA GCG ACG AG-3′, murine R: 5′-TGA​CAT​CTG​ACG​GGA​TGT​GT-3′, human F: 5′ GAG​ATT​TCT​CTG​TAT​GGC​ACC-3′, human R: 5′-CTG​CAA​TGA​GAC​ACT​TTC​TC-3′), Ptgs2 (murine F: 5′-AGG​GGT​GTC​CCT​TCA​CTT​CT-3′, murine R: 5′-CAT​TGA​TGG​TGG​CTG​TTT​TG-3′, human F: 5′-TAA​GGG​GAG​AGG​AGG​GAA​AA-3′, human R: 5′-CTG​CTG​AGG​AGT​TCC​TGG​AC-3′) and Mdk (human F: 5′-TGC​CCT​GCA​ACT​GGA​AGA​A-3′, human R: 5′-GCCTGTGCCCCC ATCAC-3′) was calculated using the delta-delta CT method.
Statistics
Group size was n = 6 per group and per genotype (ERαfl/fl, ERαfl/fl; Runx2Cre). In one animal, the histological sections were not evaluable, therefore analyzing this group with n = 5 (Figures 3E–H, second boxplot). Data were tested for normal distribution using the Shapiro-Wilk test, and data sets were normally distributed. Statistical testing between two groups was done using two-tailed Student’s t-test, whereas comparisons between more than two groups were performed by one-way ANOVA with post hoc Tukey’s test for adjusting the p-value for multiple comparisons using GraphPad Prism 8.4.3 (GraphPad Software, La Jolla, CA). The level of significance was set at p ≤ 0.05. Results are presented as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points.
RESULTS
Body Weight and Uterus Weight Changes
All mice received the selected treatments including ovariectomy/sham-operation, fracture and LMHFV/sham-vibration as illustrated in Figure 1A. The body weight of the animals was not significantly influenced by the treatments or the genotype during the entire experimental period (Figures 1B,C). To control for the success of OVX in ERαfl/fl and ERαfl/fl; Runx2Cre mice, uterus weight at day 21 after osteotomy was assessed. In both mouse strains, OVX resulted in a significantly lower uterus weight (Figures 1D,E). Additionally, we performed µCT analysis of the intact left femora to determine if our mice developed an osteoporotic bone phenotype after OVX treatment. We found that non-vibrated and vibrated OVX groups from both genotypes displayed lower bone volume fraction and trabecular number, either significantly or by strong trend (Supplementary Figure S2).
Fracture Healing in Control (ERαfl/fl) Mice
In non-OVX mice that received LMHFV treatment, a significant reduction of flexural rigidity (p < 0.0001) and bony bridging (p = 0.0047) of the fracture gap was displayed, whereas the bone mineral density and the relative bone volume ratio did not differ significantly (Figures 2A–D). Furthermore, histomorphometrical analysis revealed a by trend reduced relative bone area (p = 0.0923), an increased cartilage area (p = 0.0564) as well as a significantly reduced osteoblast count (p = 0.0539) and a significantly lower osteoblast activity (p = 0.0159) in vibrated non-OVX ERαfl/fl mice (Figures 3A–F). All these data indicated impaired fracture healing at day 21 in non-OVX mice subjected to vibration treatment.
[image: Figure 2]FIGURE 2 | Influence of LMHFV on fracture healing in ERαfl/fl mice on day 21. Biomechanical testing and μCT analysis. (A) Bending stiffness of the fracture callus. (B) Bone mineral density of the fracture gap. (C) Bony bridging of the fracture gap evaluated in two perpendicular planes. (D) Relative bone volume (BV/TV) in the fracture gap. (E) Representative μCT images from the fractured femurs. Red indicates weakly mineralized bone, whereas yellow and light blue indicate highly mineralized bone. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05.
[image: Figure 3]FIGURE 3 | Histomorphometrical analysis of the fracture gap in ERαfl/fl mice on day 21. Paraffin sections of fractured femurs were stained with Safranin O and histomorphometrical analysis was performed to determine (A) relative bone area, (B) relative cartilage area, (C) relative fibrous tissue area and (D) callus size. (E) Number of −6+s per bone perimeter (NOb/BPm) and (F) osteoblast surface per bone surface (ObS/BS) in the fracture gap. (G) Number of osteoclasts per bone perimeter (NOc/BPm) and (H) osteoclast surface per bone surface (OcS/BS). (I) Representative images from the fracture callus at day 21 after surgery stained with Safranin O. Scale bar = 100 μm. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05.
Bone regeneration was also compromised in OVX mice compared to non-OVX mice, as indicated by an inferior flexural rigidity (p < 0.0001), significantly reduced bony bridging (p = 0.0041) and by trend increased amount of cartilage (p = 0.1469) in the fracture callus (Figures 2, 3). Similarly, osteoblast number (p = 0.0576) and surface (p = 0.0296) were also diminished in OVX mice compared to non-OVX mice (Figures 3E,F).
Bone healing was improved by LMHFV in OVX mice in comparison to OVX animals as indicated by significantly enhanced flexural rigidity (p = 0.0374), bone mineral density (p = 0.0108) and bony bridging (p = 0.0155) of the fracture gap and a by trend reduced cartilage area (p = 0.2248) (Figures 2, 3). Furthermore, LMHFV resulted in a significantly increased number (p = 0.0031) and activity of osteoblasts (p = 0.0012) in OVX ERαfl/fl mice compared to OVX animals without vibration (Figures 3E,F). The callus size as well as the number and surface of osteoclasts did not differ significantly between all the ERαfl/fl groups (Figures 3D,G,H). Overall, these data demonstrated that OVX and LMHFV both disturb bone regeneration in control ERαfl/fl mice, whereas in combination both treatments resulted in an improved fracture healing.
Fracture Healing in Osteoblast-Specific ERα-KO (ERαfl/fl; Runx2Cre) Mice
Although mice with a specific deletion of the ERα in the osteoblast lineage (ERαfl/fl; Runx2Cre) were previously shown to have a preexisting bone phenotype with decreased trabecular bone mass in the spine and tibiae (Seitz et al., 2012), we found that this does not influence fracture healing (p = 0.439) when directly comparing non-OVX non-vibrated animals of both genotypes (Supplementary Figure S3).
Furthermore, LMHFV did not exert negative effects on fracture healing in non-OVX ERαfl/fl; Runx2Cre mice, because there were no significant differences in flexural rigidity, bone content or bridging of the fracture gap in comparison to ERαfl/fl; Runx2Cre mice that did not receive LMHFV (Figure 4). In addition, histomorphometrical parameters were unaltered by LMHFV treatment in non-OVX mice except the osteoblast number (p = 0.0005) and surface (p = 0.0004) that were significantly increased in vibrated non-OVX mice lacking the ERα in osteoblasts (Figure 5).
[image: Figure 4]FIGURE 4 | Influence of LMHFV on fracture healing in ERαfl/fl; Runx2Cre mice on day 21. Biomechanical testing and μCT analysis. (A) Bending stiffness of the fracture callus. (B) Bone mineral density of the fracture gap. (C) Bony bridging of the fracture gap evaluated in two perpendicular planes. (D) Relative bone volume (BV/TV) in the fracture gap. (E) Representative μCT images from the fractured femurs. Red indicates weakly mineralized bone whereas yellow and light blue indicate highly mineralized bone. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05.
[image: Figure 5]FIGURE 5 | Histomorphometrical analysis of the fracture gap in ERαfl/fl; Runx2Cre mice on day 21. Paraffin sections of fractured femurs were stained with Safranin O and histomorphometrical analysis was performed to determine (A) relative bone area, (B) cartilage area, (C) relative fibrous tissue area and (D) callus size. (E) Number of osteoblasts per bone perimeter (NOb/BPm) and (F) osteoblast surface per bone surface (ObS/BS) in the fracture gap. (G) Number of osteoclasts per bone perimeter (NOc/BPm) and (H) osteoclast surface per bone surface (OcS/BS). (I) Representative images from the fracture callus at day 21 after surgery stained with Safranin O. Scale bar = 100 μm. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05.
ERαfl/fl; Runx2Cre OVX mice without vibration were protected from impaired fracture healing due to OVX, because a similar flexural rigidity, bony bridging and bone formation in the fracture callus was observed compared to non-OVX ERαfl/fl; Runx2Cre mice (Figure 4). Furthermore, histomorphometrical analysis did not reveal any significant differences in callus composition or cellular parameters compared to non-OVX ERαfl/fl; Runx2Cre mice (Figure 5).
Interestingly, reversed effects of vibration on bone formation during fracture healing in OVX ERαfl/fl; Runx2Cre mice were observed, which resulted in a considerably reduced flexural rigidity (p = 0.001), by trend diminished bone formation (p = 0.1975) and significantly reduced bony bridging (p = 0.0032) compared to OVX ERαfl/fl; Runx2Cre mice (Figures 4A,C,D) in contrast to the improved fracture healing seen in vibrated OVX control ERαfl/fl mice. Histomorphometrical analysis further revealed a significantly increased cartilage area (p = 0.0114) in the fracture callus of OVX ERαfl/fl; Runx2Cre animals subjected to vibration treatment (Figure 5B). In addition, the osteoblast surface (p = 0.0039) and number (p = 0.0188) were significantly decreased in vibrated OVX ERαfl/fl; Runx2Cre mice (Figures 5E,F), whereas osteoclast activity was significantly reduced (p = 0.0315) (Figure 5H).
Molecular Mechanisms
We performed whole genome microarray-based gene expression analysis of vibrated and sham-vibrated samples and found that 304 genes were differentially regulated upon LMHFV treatment (Figure 6). Among the 184 upregulated genes, the mechanosensitive enzyme Cox2, encoded by the gene Ptgs2, appeared in our array (Table 2), as well as bone remodeling and extracellular matrix-associated genes (Table 3). Downregulated genes were found to be involved in Wnt/β-catenin signaling (Table 4), with most of the genes encoding for proteins that act as Wnt inhibitors (Axin2, Sostdc1, Dkk2) except the gene encoding for the Wnt receptor Fzd9. STRING analysis was performed to investigate the interactions of the respective pathways (Figures 6A,D). As expected, the Wnt pathway genes were clustering as well as the genes for extracellular matrix and Cox2/PGE2 signaling (Figure 6D). Confirming the microarray findings, gene expression of Cox2 was validated by qPCR (Figure 6C). Consequently, we were interested whether the Cox2/PGE2 pathway might interact with canonical Wnt signaling. To investigate whether the signaling via the Cox2/EP4 axis might affect downstream signaling of the Wnt pathway, we performed further in vitro experiments with MC3T3-E1 cells pretreated with either the EP4 inhibitor AH23848 or the Cox2 inhibitor celecoxib. We demonstrated that the prostaglandin pathway via EP4 positively modulates the Wnt target gene Lef1 in response to LMHFV, because the EP4 and Cox2 inhibitors abolished the LMHFV-induced Lef1 upregulation (Figures 6E–G). Because we aimed to study the effects of LMHFV also in human cells, hMSCs were subjected to vibration and gene expression was assessed. We demonstrated that Cox2 in hMSCs was also upregulated by vibration (Figure 6H). Furthermore, the Wnt inhibitor Mdk was downregulated upon LMHFV, whereas the Wnt transcription factor Lef1 was significantly upregulated (Figures 6I,J). In addition, microarray-based gene analysis of vibrated vs. non-vibrated hMSCs revealed that a further 56 genes were differentially regulated upon vibration. After excluding non-coding transcripts, 26 probesets remained for analysis. Among them, there were five micro RNAs (miRNAs) that are known to be involved in regulating bone metabolism, whereof three were upregulated and two downregulated (Table 5).
[image: Figure 6]FIGURE 6 | Transcriptome analysis of MC3T3-E1 cells and gene expression analysis of hMSCs upon vibration treatment under estrogen-free conditions. (A) Nondetailed STRING protein-association network (action) derived from the MC3T3-E1 microarray data. The image in high quality can be found in the supplemental material (Supplementary Figure S4). (B) Vulcano plot of differentially regulated genes and (C) qPCR validation of Cox2 expression in MC3T3-E1 cells. (D) Detailed STRING network (MC3T3-E1 microarray). (E–G) Effect of LMHFV in MC3T3-E1 cells pretreated with the EP4 antagonist AH23848 (1 × 10−6 M) or with the Cox2 antagonist celecoxib (1 × 10−6 M). (H–J) Effect of LMHFV in hMSCs. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. N = 4–6 per group (vibrated and sham-vibrated), *indicates significant effects with p ≤ 0.05.
TABLE 2 | Selected differentially regulated mechanosensitive genes upon vibration treatment in MC3T3-E1 cells under estrogen-free conditions.
[image: Table 2]TABLE 3 | Selected differentially regulated bone remodeling and ECM-associated genes upon vibration treatment in MC3T3-E1 cells under estrogen-free conditions.
[image: Table 3]TABLE 4 | Selected differentially regulated Wnt signaling genes upon vibration treatment in MC3T3-E1 cells under estrogen-free conditions.
[image: Table 4]TABLE 5 | Selected differentially regulated microRNAs in hMSCs upon vibration.
[image: Table 5]DISCUSSION
Estrogen is a key hormone for bone homeostasis, therefore, estrogen-deficiency in postmenopausal females or after ovariectomy in rodents lead to osteoporosis development. Furthermore, fracture healing was found to be disturbed in osteoporotic women and in female mice after ovariectomy because of impaired endochondral bone formation (Beil et al., 2010; Wehrle et al., 2015; Haffner-Luntzer et al., 2017; Wildemann et al., 2021). Biomechanical stimulation by whole-body vibration was proposed as a readily applicable and non-invasive treatment approach for osteoporotic fracture healing. However, preclinical studies demonstrate that the estrogen and ERα signaling play an important role in the response to vibration treatment. Therefore, the aim of this study was to further investigate the target cells of vibration during fracture healing and the role of estrogen-dependent and -independent ERα signaling particularly in cells of the osteoblast lineage.
In the present study, mice lacking the ERα receptors on osteoblast-lineage cells were protected from ovariectomy-induced compromised fracture healing, indicating that the ERα in these cells contributes to the pathomechanisms of osteoporosis-induced impaired bone repair. As expected, osteoblast number and activity were reduced in ERαfl/fl mice after ovariectomy, whereas these parameters were unaltered in OVX ERαfl/fl; Runx2Cre mice. This suggests that ligand-independent ERα signaling negatively regulates osteoblast formation and activity in the fracture callus of estrogen-deficient mice during bone regeneration. Regarding the role of ERα during fracture healing, to our knowledge, there is only one other study using mice with an ERα deletion in mature osteoblasts and osteocytes that uses a monocortical defect model on the tibiae of female mice (Ikedo and Imai, 2021). In agreement with our findings, they also reported that the ERα on mature osteoblasts controls osteoblast number and osteoblast surface. However, their defect model does not represent a full fracture of the bone, thus lacking the endochondral ossification process. Another difference between the two studies is that Ikedo et al. deleted the ERα by expressing the Cre recombinase under the control of the osteocalcin promotor, whereas we used the Runx2-Cre model. In comparison to osteocalcin, which is expressed by mature osteoblasts, Runx2 is necessary for the differentiation of osteoblastic precursors, thus the deletion of the ERα receptors on osteoblast lineage cells affected these cells earlier (Komori et al., 1998).
The presence or absence of estrogen plays a crucial role in regulating the mechanotransduction pathways upon LMHFV. In this study, we confirmed that while the application of LMHFV impaired bone formation in the fracture callus of non-OVX ERαfl/fl mice, it improved the healing outcome in OVX ERαfl/fl animals, consistent with previous reports (Stuermer et al., 2010; Cheung et al., 2012; Wehrle et al., 2014; Wehrle et al., 2015; Chow et al., 2016; Haffner-Luntzer et al., 2018a). We demonstrated that the vibration-induced effects on fracture healing are mediated via osteoblast lineage-specific ERα signaling because the effects of vibration on bone repair were abolished or even reversed in osteoblast lineage-specific ERα-KO animals (ERαfl/fl; Runx2Cre). On a cellular level, osteoblast number and surface were unaffected by LMHFV in non-OVX KO animals, whereas a reduction of both parameters was found in the fracture callus of OVX ERαfl/fl; Runx2Cre mice that were subjected to LMHFV. Histological characterization of the fractures revealed the persistence of residual cartilage in OVX ERαfl/fl; Runx2Cre mice that were subjected to vibration, consistent with the impaired healing and the poor biomechanical properties of the fractured bones. We conclude from our data that ligand-dependent ERα signaling in osteoblast lineage cells might be responsible for the negative effects of LMHFV in estrogen-competent mice and that ligand-independent ERα signaling in osteoblast lineage cells is important for the positive effects of LMHFV under estrogen-deficient conditions. The reasons why deletion of the ERα specifically on cells of the osteoblast lineage even reversed the effects of vibration in OVX mice remains to be elucidated.
To further investigate which pathways might contribute to the vibration-mediated improved bone healing under estrogen-deficient conditions, we performed microarray-based gene expression analysis in vitro in vibrated osteogenic cells. We identified the Cox2/PGE2 and Wnt pathway as critical signaling pathways that are regulated by LMHFV under estrogen-deficient conditions in MC3T3-E1 cells. Specifically, our array data revealed that Cox2, involved in prostaglandin biosynthesis, and the prostaglandin receptor EP4 were significantly upregulated. Cox2 is well known to be induced by mechanical strain and was recently reported to be regulated by LMHFV in vitro (Haffner-Luntzer et al., 2018b). In this study, siRNA knockdown of ERα in MC3T3 cells followed by LMHFV both with and without estrogen supplementation was performed, showing that Cox2 expression is significantly increased upon LMHFV in the absence of estrogen and significantly reduced by LMHFV in the presence of estrogen (Haffner-Luntzer et al., 2018b). Furthermore, it was demonstrated by Haffner-Luntzer et al., that these effects of LMHFV on Cox2 expression were both abrogated by siRNA knockdown of ERα. Additionally, the metabolic activity was also upregulated by vibration in an estrogen-depleted environment, but not in the presence of estrogen. In primary osteoblasts isolated from C57BL/6J wildtype mice, the significant downregulation of Cox2 upon vibration in estrogen-supplemented medium was confirmed, whereas this effect was abrogated in primary osteoblasts derived from ERα general KO mice (Haffner-Luntzer et al., 2018b). Because of these data and the fact that Cox2 upregulation is indispensable for mechanotranduction, we performed all in vitro experiments in an estrogen-depleted environment and with the same vibration regime that was used in our previous study (Haffner-Luntzer et al., 2018b).
Studies using mechanical loading via dynamic cell stretching (Liedert et al., 2010) or via fluid shear stress (Yeh et al., 2010) have shown a synergistic effect of estrogen and mechanical stimulation regarding Cox2 upregulation in osteoblasts, however, this effect might not account for vibration and seems to be dependent on the type of stimulus. Regarding fracture healing, studies with Cox2-selective inhibitors or Cox2-KO mouse models demonstrated a significantly disturbed bone healing (Simon et al., 2002; Zhang et al., 2002), indicating an important role of this pathway during bone regeneration. This is supported by a study with local Cox2 overexpression at the fracture site revealing an acceleration of fracture healing (Lau et al., 2013). Furthermore, the application of EP4 receptor agonist was shown to rescue impaired fracture healing in Cox2-KO mice (Xie et al., 2009), which highlights the importance of Cox2-and EP4 for endochondral bone repair. These studies together with our array data might explain the improved bone healing by LMHFV in our OVX ERαfl/fl animals, possibly mediated via Cox2 upregulation. We have further provided evidence for Cox2 upregulation upon LMHFV in hMSCs and that several miRNAs might also be involved in the effects of LMHFV on hMSCs. However, while these findings regarding the regulation of miRNAs upon vibration are interesting, they still require further detailed investigation in future projects.
Regarding the molecular mechanism that is involved in Cox2-induced osteogenesis, it has been recently demonstrated that the Cox2/PGE2/EP4 axis is involved in mechanosensing of primary cilia after LMHFV (Li et al., 2021). Primary cilia act as important mechanosensors on osteoblasts, with EP4 was found to be expressed at the bases of these cilia. Under LMHFV treatment, MC3T3-E1 cells were shown to upregulate EP4 and displayed a lower number and length of cilia. By blocking the EP4 receptor, primary cilia mechanotransduction and LMHFV-mediated osteogenesis were abrogated, suggesting a crosstalk of primary cilia and the Cox2/PGE2/EP4 pathway to facilitate mechanotransduction signaling.
One signaling pathway that might be activated by the Cox2/PGE2/EP4-mediated mechanotransduction is the Wnt signaling pathway. Wnt signaling plays a crucial role in bone homeostasis and fracture healing, whereby an activated Wnt signaling is associated with an improved fracture repair (Kim et al., 2007; Chen and Alman, 2009), whereas inhibited Wnt signaling led to delayed fracture healing (Huang et al., 2012; Beier et al., 2014; Haffner-Luntzer et al., 2014; Liedert et al., 2014; Haffner-Luntzer et al., 2016; Teng et al., 2018). In our microarray data, we found a downregulation of canonical Wnt/β-catenin pathway inhibitors (Axin2, Sostdc1, Dkk2), indicating that the canonical Wnt pathway is activated by LMHFV. This was further substantiated by the study of Gao et al. showing that vibration treatment of primary osteoblasts resulted in an upregulation of the Wnt signaling genes Wnt3a, Lrp6 and β-catenin in vitro (Gao et al., 2017). By contrast, the Wnt receptor Fzd9, which is essential for activating the non-canonical Wnt pathway, was downregulated. It is known that Fzd9-KO mice display an impaired bone strength during fracture healing, whereas it was found that the canonical Wnt signaling was unaffected by Fzd9 deficiency in osteoblasts (Heilmann et al., 2013). Therefore, the mechanism involved in the downregulation of Fzd9 and its effects on osteogenesis after LMHFV is not completely clear. Even so, our data strongly suggests that the canonical Wnt signaling is activated upon LMHFV via downregulation of Wnt inhibitory molecules. Several studies suggested a strong association between Cox2 and the Wnt/β-catenin signaling, showing that Cox2 regulates the transcriptional and translational levels of β-catenin (Zheng et al., 2019) and that Cox2 is important for osteoblast maturation via Wnt pathway genes (Nagano et al., 2017). Other studies reported that PGE2 is able to induce bone formation via promoting the production of insulin-like growth factor 1 (IGF-1) and activating the protein kinase B (Akt) (Sunters et al., 2010; Xia et al., 2010). Since there is no data available regarding a possible connection between Cox2/PGE2 and Wnt signaling in the context of LMHFV, we did perform in vitro experiments with EP4 or Cox2 inhibitors and could prove that the presence of Cox2 or EP4 is crucial for LMHFV-induced Lef1 upregulation in MC3T3-E1 cells in vitro, indicating an interaction of both pathways upon LMHFV.
We therefore hypothesize that mechanotransduction in vivo first requires estrogen-independent ERα signaling in osteoblast lineage cells, which subsequently triggers Cox2 expression and PGE2 production that might lead to differentially expressed Wnt-related target genes. Ultimately, this might favor an activation of the Wnt pathway, which could further promote fracture healing.
A limitation of our study was that we used the OVX model to induce estrogen-deficiency. Because the ovaries are not the only source of estrogen, small amounts of circulating estrogen might still be present in OVX mice (Haisenleder et al., 2011). Another limitation is that we used a diaphyseal femur fracture model which does not reflect the most common fracture sites (vertebral compression fractures, hip fractures, distal radius fractures, proximal humerus fractures) or the fracture type (metaphyseal), that commonly occur in postmenopausal women. However, it was shown that molecular mechanisms did not differ greatly between diaphyseal and metaphyseal fracture healing (Haffner-Luntzer et al., 2020).
Furthermore, with the performed three-point bending test, we did not evaluate ultimate bone strength. This test is also critically dependent on the callus geometry, which was not consistent between all mice. Therefore, a torsion test would be the best way to analyze mechanical stability, however, there is also evidence that torsion testing is not superior to our three-point bending test in small rodents (Steiner et al., 2015). Also, it should be also considered that hypertrophic chondrocytes in the cartilaginous fracture callus undergoing transdifferentiation to osteoblasts (Zhou et al., 2014) might express the Cre recombinase under the Runx2-promotor and might also be affected by the KO. Therefore, we cannot discriminate in our model between the effects of LMHFV on endochondral ossification and direct ossification, which both occur in the fracture callus in the chosen surgical model. Another limitation is that we did not compare all eight experimental groups to each other to investigate direct interaction between genotype and OVX/vibration treatment. This was due to considerations to reduce the number of needed animals.
In conclusion, our study suggests a critical role of the ERα in osteoblast lineage cells during mechanotransduction in the fracture callus both under estrogen-deficient and -sufficient conditions. This work provides further insights into the molecular mechanism responsible for the effects of estrogen or estrogen-deficiency on mechanostimulation during fracture healing and might result in improved treatment strategies for osteoporotic fracture patients, because we demonstrated that in addition to the estrogen status, the presence of ERα is important for mediating the positive effects of LMHFV on fracture healing. To ensure a safe treatment with LMHFV, further research is needed to define eligible patient cohorts that would benefit most from this treatment.
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Supplementary Figure S1 | : Osteoblasts, osteocytes and hypertrophic chondrocytes are affected by the deletion of ERα, but not bone marrow cells. Immunohistochemical staining for ERα were performed on paraffin sections of (A,C) ERαfl/fl and (B,D) ERαfl/fl; Runx2Cre mice. Representative images of the fracture callus, growth plate and bone marrow are shown. Scale bar = 100 μm in overview images of the fracture callus and 50 μm in images 1–9; g= gap.
Supplementary Figure S2 | : Influence of OVX treatment on trabecular bone parameters. μCT analysis of the left femora was performed to determine the relative bone volume (BV/TV) in the trabecular bone compartment of ERαfl/fl (A) and ERαfl/fl; Runx2Cre (B) mice. The trabecular number (Tb.N) was also determined in ERαfl/fl (C) and ERαfl/fl; Runx2Cre (D) mice. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05; n = 4–5.
Supplementary Figure S3 | : Influence of the respective genotype on fracture healing outcome on day 21. Biomechanical testing data (bending stiffness), bony bridging score and BV/TV of the fracture calli from control groups were directly compared between ERαfl/fl and ERαfl/fl; Runx2Cre mice. Data are shown as box-and-whisker plots (with median and interquartile range) from max. to min., showing all data points. *indicates significant effects with p ≤ 0.05.
Supplementary Figure S4 | : Nondetailed STRING protein-association network (action) derived from the MC3T3-E1 microarray data in high quality.
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Osteoarthritis (OA) is the most common degenerative joint disease without clear pathophysiological mechanism and effective drugs for treatment. Although various animal models exist, the translation of the outcome into clinics remains difficult due to species differences. In this study, an ex vivo inflammatory OA model was induced using different concentrations of interleukin one beta (IL-1β) and tumor necrosis factor α (TNF-α) on explants from the human femoral head. In the inflammatory OA groups, the gene expression levels of cartilage catabolism (matrix metalloproteinase 1 (MMP1), matrix metalloproteinase 3 (MMP3)), and inflammation (interleukin 6 (IL-6), interleukin 8 (IL-8)) markers were significantly upregulated, while the anabolic genes (collagen 2 (COL2), aggrecan (ACAN), and proteoglycan 4 (PRG4)) were downregulated compared to the control group. The release of cytokines (IL-6, IL-8) and nitric oxide (NO) in the conditioned medium was also upregulated in inflammatory OA groups. The Safranin O/Fast Green staining showed loss of proteoglycan in the superficial zone cartilage after cytokine treatment. The results indicated that an ex vivo inflammation and degeneration model was successfully established using osteochondral explants from the human femoral head. This model can be used to elucidate the in-depth mechanism of inflammatory OA and to screen new drugs for OA treatment.
Keywords: osteoarthritis, ex vivo, model, osteochondral explant, inflammation, human
INTRODUCTION
Osteoarthritis (OA) is the most common degenerative joint disease, mainly invading knee and hip joints (Martel-Pelletier et al., 2016). Its prevalence and incidence keep rising year by year, leading to increasing burden in most countries (Safiri et al., 2020; Peat and Thomas, 2021). OA mainly manifests progressive and recurrent joint pain, swelling, and restricted activity causing many years lived with disability (YLDs) (Safiri et al., 2020). The underlying pathophysiologic mechanism has not been fully elucidated due to the heterogeneity of the disease and multiple risk factors like trauma, genetics, gender, and aging (Loeser et al., 2016; He et al., 2020; Coryell et al., 2021). Furthermore, there are no effective disease-modifying OA drugs (DMOADs) approved yet, other than medicines for relieving symptoms (Cai et al., 2021; Oo et al., 2021).
To elucidate the pathological mechanism and screen the effectiveness of new drugs, numerous in vitro and in vivo OA models have been developed (Teeple et al., 2013; McCoy, 2015; Johnson et al., 2016). In vitro cell culture models and cytokines, such as interleukin one beta (IL-1β) and tumor necrosis factor α (TNF-α), have widely been used to establish OA-like conditions, since low-grade inflammatory circumstances are known to play a major regulatory role in the disease progression (Robinson et al., 2016). However, isolated in vitro cultured cells lack the environment of cells embedded in their native extracellular matrix. For in vivo studies, various animals and surgical methods have been used to establish a destabilized OA model, simulating posttraumatic OA (Teeple et al., 2013; McCoy, 2015). Nonetheless, the translation of animal data to clinical practice is still challenging due to significant variations between animals and humans.
To overcome these limitations and better reflect real circumstances of human OA progression, ex vivo explant models have great potential, as they are also in accordance with the 3Rs principle of animal testing: replace, reduce, refine (Schwab et al., 2017; Cope et al., 2019; Humpenoder et al., 2021). Geurts et al. (Geurts et al., 2018) have established an inflammatory OA model induced by lipopolysaccharide with osteochondral plugs from human OA knee and spine joints to assess the effects of potential drugs. The tissue viability of explants from the human OA tibia plateau has been proven stable within a period of at least 2 or 4 weeks (Kleuskens et al., 2021). In addition, different OA-like phenotypes have been established with human osteochondral explants, such as loading-induced models, inflammatory models, and hypertrophy subtypes (Houtman et al., 2021). To date, no study has been reported that comprehensively characterized the ex vivo inflammatory OA model with human samples induced with different concentrations of IL-1β and TNF-α in combination.
In this study, we aimed to establish and characterize an ex vivo inflammatory OA model using osteochondral explants isolated from human femoral heads. The effects of IL-1β and TNF-α at different doses were investigated. The expression of genes related to cartilage anabolism, catabolism, and inflammation was evaluated by quantitative real-time polymerase chain reaction (qRT-PCR). The glycosaminoglycan (GAG), nitric oxide (NO), and inflammatory cytokine releases into the conditioned medium were quantified. In addition, the cell viability and tissue morphology of explants were assessed by live cell staining and histological methods.
MATERIALS AND METHODS
Osteochondral Explant Isolation
Osteochondral explants were harvested from human femoral heads of patients who underwent hip replacement operation with their informed consent and approval by the cantonal ethical commission (KEK-ZH-NR: 2010-0444/0). The clinical characteristics of donors and the Kellgren–Lawrence classification (Kellgren and Lawrence, 1957) of hip joints used in this study are summarized in Table 1. The average age of included patients was 75.75 ± 11.10 years (range from 59 to 89 years). Osteochondral explants (Figure 1B) were isolated from the non-tissue wear regions of the femoral heads using a trephine with an inner diameter of 8 mm. The subchondral bone was cut with a circular saw to reach a height of 5 mm (Figure 1C). After isolation, the explants were rinsed in phosphate-buffered saline (PBS) three times before culture.
TABLE 1 | Demographic characteristics of patients included.
[image: Table 1][image: Figure 1]FIGURE 1 | Osteochondral explants from human femoral heads for establishment of the ex vivo inflammatory OA model. (A) Cartilage thickness of explants from the Day0 group, control group, and groups stimulated by different concentrations of IL-1β and TNF-α for 3 and 7 days (n = 7–12). (B) Photograph of a human femoral head. (C) The height of subchondral bone and diameter of explant harvested from the areas between the dotted line in (B). (D) Experimental design of the inflammatory OA ex vivo model. Statistical analysis was performed by one-way analysis of variance (ANOVA). Data presented as means ± SD.
Experimental Design
All explants were first cultured for 1 day at 37°C, 5% CO2, and 80% humidity in 12-well nontreated plates with 2 ml explant medium per well, which consisted of high-glucose DMEM medium (Gibco, Grand Island, NY, USA), supplemented with 100 μg/ml sodium pyruvate (Sigma-Aldrich, St. Louis, MO, USA), 2.5% HEPES (Gibco), 1% nonessential amino acids (Gibco), 50 μg/ml ascorbic acid (Sigma-Aldrich), 1% ITS + Premix (Corning, Tewksbury, MA, USA), 100 U/ml penicillin, and 100 μg/ml streptomycin. After 1-day preculture, one explant from each donor was processed for further analysis as the normalization baseline. Other explants were randomly divided into four groups and respectively cultured in 1) explant medium (Control), 2) explant medium plus 1 ng/ml IL-1β (PeproTech) + 1 ng/ml TNF-α (R&D Systems, Minneapolis, MN, USA), 3) explant medium plus 5 ng/ml IL-1β + 5 ng/ml TNF-α, or 4) explant medium plus 10 ng/ml IL-1β + 10 ng/ml TNF-α; explants were harvested on day 3 and day 7. The conditioned medium was collected on day 0, day 1, day 5, and day 7 for further analysis (Figure 1D).
GAG Measurement
The release of sulfated GAG into the conditioned medium was measured with 1,9-dimethyl-methylene blue (DMMB, Sigma-Aldrich, St. Louis, MO, USA) color reagent. Chondroitin sulfate was used to generate the standard curve (concentration range 0–2.5 μg/50 μl). Briefly, 50-μl standards or samples were added into each well followed by 200 μl DMMB reagent. Absorbance at 535 nm was immediately read by a Tecan microplate reader.
NO Measurement
NO in the conditioned medium was measured by Griess Reagent System (Promega Corporation, Madison, WI, USA). Nitrite was used to generate the standard curve with the maximum concentration of 100 μM. Firstly, 50-μl standards or samples were pipetted into the plate. Secondly, 50 μl Sulfanilamide Solution and NED Solution was successively added into each well with each incubated for 10 min at room temperature and protected from light. The absorbance at 535 nm was read by a microplate reader.
Enzyme-Linked Immunosorbent Assay
The protein concentrations of human IL-6 and IL-8 in the conditioned media were assessed by ELISA (R&D Systems) according to the manufacturer’s instructions.
Gene Expression Analysis
The full-thickness cartilage tissue was removed from subchondral bone and then minced into small pieces and digested with 2 mg/ml pronase (Roche, Basel, Switzerland) for 2 h at 37°C as described in a previous study (Caprez et al., 2018). Then, cartilage fragments, precooled with liquid nitrogen, were pulverized before transferring into tubes with TRI Reagent (Molecular Research Center, Cincinnati, OH, USA). The pulverized cartilage tissue within TRI was then homogenized with a tissue lyser (Retsch). After centrifugation, the supernatant was transferred into fresh tubes. 1-Bromo-3-chloropropane (BCP, Sigma-Aldrich) was then added into each tube. After 15 min of shaking and 15 min of centrifugation, the aqueous phase containing RNA was transferred into fresh tubes. RNA was then purified with RNeasy Mini Kit (Qiagen, Hilden, Germany). The RNA concentration was measured by a NanoDrop spectrophotometer (Thermo Fisher Scientific Inc., Waltham, MA, USA). Reverse transcription was conducted with SuperScript Vilo RT Kit (Thermo Fisher Scientific). PCR to assess gene expression was performed with QuantStudio Flex 7.0 instrument and TaqMan Gene Expression Master Mix (Applied Biosystems, Foster City, CA, USA). The primer and probe sequences of tested genes are listed in Table 2. RPLP0 ribosomal RNA was used as endogenous control. Data were analyzed using the 2−ΔΔCt method.
TABLE 2 | Oligonucleotide primers and probes used for qPCR.
[image: Table 2]Lactate Dehydrogenase/Ethidium Homodimer Staining
Cartilage of explants was removed from subchondral bone with a scalpel, snap frozen in liquid nitrogen, and stored at -20 °C. Sections with thickness of 10 μm were made by cryosection microtome (Leica, Wetzlar, Germany). The lactate dehydrogenase (LDH) solution (10 ml) was prepared as follows (Jahn and Stoddart, 2011): 54 mg lactic acid (Sigma) and 17.5 mg nicotinamide adenine dinucleotide (NAD, Sigma) were added into a beaker and were mixed with 8 ml 40% Polypep solution (Sigma) which was preheated to 37 °C. Then, the pH was adjusted to 8.0 with 10% NaOH and 40% Polypep solution was added to achieve a final volume of 10 ml. Finally, 30 mg nitro blue tetrazolium (NBT, Sigma) was added to the solution before use. After rinsing in deionized water, the sections were incubated in ethidium homodimer (Sigma) for 45 min at room temperature and then incubated in LDH solution at 37°C for 3 h. The sections were then fixed with 4% formalin for 15 min and mounted with an aqueous mounting reagent (Dako, Glostrup, Denmark). In each group, six full-thickness histological slides from three explants were counted, with two inconsecutive sections from each explant. Cells with blue color or combined color (blue and red) were considered as alive, while only reddish-stained cells were considered as dead. The numbers of alive and dead cells were counted with ImageJ software (ImageJ, National Institutes of Health, Bethesda, MD, USA).
Safranin O/Fast Green Staining
Osteochondral explants were fixed in 4% formalin for 48 h and then decalcified with 12.5% EDTA containing 1.25% NaOH for about 2 weeks. After decalcification was accomplished, explants were dehydrated with ascending series of ethanol in an automatic spin tissue processor (Microm, STP 120-2) and embedded manually with the tissue embedding center (Microm, EC 350-1). Sections with thickness of 5 μm were made with paraffin microtome (Microm, HM 355S). For staining, sections were first deparaffinized with xylene and then hydrated with gradient ethanol and deionized water. Sections were stained in Weigert’s Hematoxylin (Sigma) for 10 min followed by rinsing in tap water for 10 min. The slides were then stained with 0.02% Fast Green (Sigma) for 6 min followed by differentiation with 1% acetic acid (Fluka) for 30 s. Following that, slides were stained with 0.1% Safranin O (Sigma) for 12 min and then rinsed in deionized water. Sections were then differentiated with 70% ethanol for 10 s and mounted with Eukitt (Sigma) after dehydration. In each group, three staining images (n = 3) of cartilage were quantified with one image per donor using ImageJ software. The cartilage on the whole image (Figure 3A) was defined as the total cartilage area. The area on the image (Figure 3A) without red staining was defined as the Safranin O-negatively stained area. The percentage of Safranin O-negatively stained area in each image was calculated (Shi et al., 2019) and then normalized to its individual control sample from the corresponding donor.
Statistical Analysis
All the statistical analyses were performed with GraphPad Prism 8.4.0 (GraphPad Software, Inc., La Jolla, CA, USA). The Shapiro–Wilk normality test was used to define whether data were normally distributed. One-way analysis of variance (ANOVA) was conducted to determine differences between three or more groups for continuous variables with normal distribution. The Kruskal–Wallis test was conducted to evaluate the differences for non-normally distributed data. p < 0.05 was considered as statistical significance.
RESULTS
Explant Size
Osteochondral explants with 8-mm diameter were obtained using a trephine device. The height of subchondral bone was cut to reach 5 mm with the circular saw (Figure 1B). After explants were harvested, cartilage thickness was measured with a caliper. The average cartilage thickness in each group was assessed; the thickness reached 2.03 ± 0.36 mm and was comparable among all the groups (Figure 1A).
Tissue Viability
Cell viability in cartilage tissue of explants was evaluated on cryosections stained with LDH/ethidium homodimer (Figure 2A). Cell viability of the day 0 group was 85.6 ± 6.3%. Data showed that the cell viability was stable during culture and was also unchanged when explants were treated with combined cytokines at different concentrations (Figure 2B).
[image: Figure 2]FIGURE 2 | LDH/ethidium homodimer staining on snap-frozen sections of unstimulated and IL-1β- and TNF-α-stimulated osteochondral explants from human femoral heads. (A) Representative staining images of cartilage in explants from the Day 0 group, control group, and groups stimulated by different concentrations of IL-1β and TNF-α for 3 and 7 days. Blue and blue/red-stained cells were alive, while red-only-stained cells were dead. Scale bars, 100 μm. (B) Quantification analysis of tissue viability among above groups (n = 6). Statistical analysis was performed by one-way analysis of variance (ANOVA). Data presented as means +SD.
Safranin O/Fast Green Staining
Proteoglycan distribution in the explants was assessed with Safranin O/Fast Green staining using paraffin sections. In the control group, there was no or little proteoglycan loss, while cytokine-stimulated groups presented mild to severe proteoglycan loss in the cartilage (Figure 3A). Significant differences were observed in the percentage of the Safranin O-negatively stained area between the control group and inflammatory groups on both day 3 and day 7 (Figure 3B). Furthermore, the Safranin O-negatively stained area showed significant differences among different treatment groups on day 7. The histological results indicated that the cytokine stimulation enhanced the loss of proteoglycan in the extracellular matrix of explant cartilage tissue, which is a typical histopathological change in OA cartilage.
[image: Figure 3]FIGURE 3 | Safranin O/Fast Green staining on sections of unstimulated and IL-1β- and TNF-α-stimulated osteochondral explants from human femoral heads. (A) Representative staining images of explants from the control group and groups stimulated by different concentrations of IL-1β and TNF-α for 3 and 7 days. Scale bars, 200 μm. (B) Safranin O-unstained area among the above groups was quantified and normalized to the control group of each donor as 1 (n = 3). Statistical analysis was performed by one-way analysis of variance (ANOVA). Data presented as means +SD. ns p > 0.05, *p < 0.05, **p < 0.01, ****p < 0.0001.
Gene Expressions
The gene expression levels of catabolism, anabolism, and inflammation markers in the cartilage tissue were assessed by qRT-PCR (Figure 4). For catabolic genes, compared with the respective control group at the same time point, MMP1 was markedly elevated in the 5- and 10-ng/ml cytokine-induced groups on day 7, while MMP3 showed remarkable upregulation in the 10-ng/ml inflammatory group on day 3 and the 1-ng/ml group on day 7. As for anabolism genes, COL2 was significantly decreased in all inflammatory groups on day 7, while ACAN was significantly downregulated in the 5- and 10-ng/ml inflammatory groups on day 7. PRG4 showed an early downregulation on day 3 in all inflammatory groups, and a significantly lower expression in the 5- and 10-ng/ml inflammatory groups compared to the control group on day 7. For pro-inflammation-related genes, IL-6 was significantly upregulated in the 5- and 10-ng/ml inflammatory groups on day 7. IL-8 exhibited a remarkable increase in all inflammatory groups except the 1-ng/ml inflammatory group on day 3. COL10 expression declined in inflammatory groups on day 7.
[image: Figure 4]FIGURE 4 | Gene expression changes of chondrocytes in osteochondral explants from human femoral heads stimulated with different concentrations of IL-1β and TNF-α for 3 and 7 days. The relative gene expression levels of COL2, ACAN, PRG4, COL10, IL6, IL8, MMP1, and MMP3 were measured by qRT-PCR (n = 6–8). Statistical analysis was performed by one-way analysis of variance (ANOVA) or Kruskal–Wallis test. Data presented as box and whisker plots with boxes indicating the 25th to 75th percentiles, whiskers indicating the maximum and minimum values, and horizontal lines in the boxes indicating medians. *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001.
NO and GAG Release
The conditioned medium of each explant was collected at each medium change. Accumulative amounts of NO, a marker reflecting the inflammation microenvironment, were determined in supernatant medium. From day 1 on, accumulative NO levels were significantly higher in all cytokine-induced groups compared to the control group (Figure 5A). In contrast, GAG release in the conditioned medium did not show any difference between the groups with or without stimulation by inflammatory factors (Figure 5B).
[image: Figure 5]FIGURE 5 | Accumulative amount of nitric oxide (NO) and sulfated glycosaminoglycan (GAG) in the conditioned medium of human osteochondral explants stimulated by different concentrations of IL-1β and TNF-α. (A) Accumulative amount of NO in the control group and cytokine-stimulated groups (n = 6–11). (B) Accumulative amount of GAG in the above groups (n = 6–11). Statistical analysis at each time point was performed by one-way analysis of variance (ANOVA) or Kruskal–Wallis test. Data presented as means +SEM. *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001 vs. control group.
IL-6 and IL-8 Release
Protein levels of IL-6 and IL-8 secreted into the medium were measured by ELISA. In comparison to the control group, accumulative contents of IL-6 and IL-8 were markedly increased in all inflammatory groups from day 1 to day 7 (Figure 6).
[image: Figure 6]FIGURE 6 | Accumulative amount of IL-6 and IL-8 released into the conditioned medium of human osteochondral explants stimulated by different concentrations of IL-1β and TNF-α. (A) Accumulative amount of IL-6 in the control group and cytokine-stimulated groups (n = 6–10). (B) Accumulative amount of IL-8 in the above groups (n = 6–10). Statistical analysis at each time point was performed by the Kruskal–Wallis test. Data presented as means +SEM. *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001 vs. control group.
Summary of the Dose-Dependent Effect of IL-1β and TNF-α on Human Osteochondral Explant Culture
To clearly delineate the effect of the dose and culture period, all the quantitative measurement results are summarized in Table 3, including gene expression data, inflammatory molecule release in conditioned medium, and semiquantitative Safranin O staining evaluation. For the 3-day culture period, most cartilage-related gene expression levels were not altered other than PRG4 and IL-8, although inflammatory indicators in conditioned medium were upregulated and proteoglycan degradation was significantly enhanced. For the 7-day culture duration, the changes in the cartilage were obviously significant from aspects of transcription level as well as medium and histological analysis. Moreover, a dose-dependent correlation was presented between gene expression and concentrations of inflammatory cytokines. With 1 ng/ml IL-1β and 1 ng/ml TNF-α, no changes were observed in gene expressions of ACAN, PRG4, MMP1, and IL6, while the concentrations at 5 and 10 ng/ml induced similarly significant results.
TABLE 3 | Summary of results in the ex vivo inflammatory OA model.
[image: Table 3]DISCUSSION
Through encouraging research and development, several potential DMOADs have been found in experimental OA models based on animal studies (Cai et al., 2021). However, their translation to clinical practice is still challenging due to species variances. Cartilage thickness and anatomy of knee/stifle joints vary widely between human and animals (McCoy, 2015). Seok et al. found that genomic responses in mouse models poorly simulated inflammatory diseases in humans (Seok et al., 2013). Establishing an appropriate OA model that could accurately mimic human OA phenotypes is indispensable and invaluable for OA drug development. Given that low-grade inflammation is pivotal in OA initiation and development (Robinson et al., 2016), we sought to establish an ex vivo inflammatory OA model with specimens from the human femoral head, which were stimulated by different concentrations of IL-1β in combination with TNF-α. Our results showed that tissue viability could be maintained during the culture period. Cartilage of these explants presented a similar inflammatory response like in human OA joints with respect to findings of histology, gene expression, and analysis of supernatant conditioned medium (Martel-Pelletier et al., 2016; Robinson et al., 2016; Boffa et al., 2020).
Most osteochondral explants previously used as ex vivo models have originated from animal joints (Maglio et al., 2019), which could only partially represent the response of human cartilage in joint diseases. It would be ideal to have healthy osteochondral tissue as a control group. However, due to the limited access to healthy human osteochondral explants, this was not feasible in the current study. In this work, only the osteochondral tissue with intact cartilage surface was extracted from the femoral head. For the same donor, one or two explants were disposed into each experimental group to minimize the variation among donors. Furthermore, a single stimulation by IL-1β or TNF-α has represented the most popular method to induce an in vitro or ex vivo OA-like condition (Johnson et al., 2016; He et al., 2020). However, IL-1β and TNF-α seem to be equivalently important during OA progression (Loeser et al., 2016; Robinson et al., 2016). IL-1β and TNF-α in combination are expected to induce a more extensive response of cartilage cells, which should mimic a microenvironment more similar to the OA joints. Since their combination has not been tested before in an inflammatory ex vivo model, different concentrations (1, 5, and 10 ng/ml) and culture durations (3 and 7 days) were assessed in our study to compare their effect on human osteochondral explant cultures. In terms of histology results and conditioned medium analysis, all cytokine-stimulated groups showed different levels of OA-like response at both day 3 and day 7. Furthermore, the Safranin O-negatively stained area in histology showed significant differences among different treatment groups on day 7. As for gene expression, the findings presented a large variance among different donors. This may be inevitable for human samples because each donor owned different age, gender, health condition, and Kellgren–Lawrence OA classification in the hip. For the 3-day culture, PRG4 was the sole gene with a remarkable change in all inflammatory groups. PRG4, also known as lubricin, is predominantly produced by superficial zone chondrocytes to protect the cartilage surface from damage (Li et al., 2007; Jay and Waller, 2014). In our model, chondrocytes in the superficial zone of explants were more vulnerable to inflammatory stimulation supplemented in the medium. Thus, the PRG4 gene expression presented an early downregulation. Groups stimulated by 1 ng/ml IL-1β and 1 ng/ml TNF-α still showed remarkable changes in anabolic gene (COL2), catabolic gene (MMP3), and inflammatory gene expression (IL-8) on day 7. These results suggested that the combination of 1 ng/ml IL-1β and 1 ng/ml TNF-α was sufficient to induce a certain grade of inflammatory and catabolic effect on human osteochondral explants after 7 days of culture. Furthermore, inflammatory cytokines at the concentration of 5 ng/ml demonstrated more profound inflammatory and catabolic effects, as indicated by significant downregulation of ACAN and PRG4 gene expression, upregulation of MMP1 and IL6 gene expression, and depletion of proteoglycan in the cartilage layer. Inflammatory cytokines at the concentration of 10 ng/ml showed comparable results as the 5 ng/ml group. These results indicated that IL-1β and TNF-α at 1 ng/ml may be used to induce a mild inflammatory OA condition, whereas the concentrations of 5 and 10 ng/ml mimic a severe inflammatory OA condition on the human osteochondral explant.
The expression of COL10, a chondrocyte hypertrophy marker (van der Kraan and van den Berg, 2012), was previously reported to be upregulated in OA cartilage (He et al., 2019). However, a decrease in COL10 expression in inflammatory OA groups was observed in the current study. Most research data demonstrating upregulation of COL10 in OA cartilage were based on in vivo studies rather than ex vivo experiments. This discrepancy on COL10 expression in OA condition may be due to the species or model differences, which need to be further elucidated in future studies. MMP13, ADAMTS4, and ADAMTS5 were all reported to be elevated in OA (Malemud, 2019), but remained unchanged in our study (Supplementary Figure S1). We considered the reason to be that the baseline of these genes in the explants may already have been too high to induce remarkable changes within such short stimulation duration. The unchanged expression of these genes, mainly responsible for disintegrating GAG in cartilage extracellular matrix (Yang et al., 2017; Malemud, 2019), may partially explain the similar GAG amount released into conditioned medium of untreated and cytokine-treated groups. Additionally, there may exist differences in the detection methods between Safranin O staining and DMMB. Safranin O staining can reveal local proteoglycan degradation difference in a small region (superficial zone of the cartilage), while small differences of released GAG into the conditioned medium may not be detectable by the DMMB method. If GAG catabolically released in the medium was comparable in all groups, the proteoglycan in the cartilage after cytokine treatment could also be decreased because the anabolic gene expression level (ACAN) was also downregulated in the treated groups. Houtman et al. also reported unchanged GAG amounts in all groups of human osteochondral explants after the 6-day treatment, but a significant elevation among different groups from day 10 (Houtman et al., 2021). These results indicated that a longer culture period may be needed to observe a difference in GAG release in our model.
There are some limitations in the current study. One weakness of the proposed model concerns the scalability, donor variability, and dependency of patients undergoing joint replacement surgery. Another limitation of this work is that it focuses on osteochondral tissue responses in an artificial setting. The role of mechanical loading, angiogenesis, or cross talk with synovial tissue and fluid cannot be considered under the described culture conditions. The influence of synovial inflammation on osteochondral tissues could, however, be investigated by coculture experiments or stimulation with conditioned medium. Adaptation of the explant model to a mechanical loading bioreactor commonly used for 3D-tissue engineering constructs (Li et al., 2010) might enable the evaluation of tissue responses under physiological and pathological joint loading conditions.
In our current study, inflammatory cytokines were added at every medium change. For longer culture periods of more than 7 days, we also suggest this method in order to achieve stable osteoarthritic conditions. One of our previous studies (Du et al., 2020) showed that the inflammatory phenotype of human cartilaginous tissue cells would be mitigated in the group of TNF-α stimulation for 24 h followed by basal medium without TNF-α for 24 h, in comparison to the group of TNF-α stimulation for 48 h. For drug screening using our model, intervention with drugs at the beginning can be performed to assess the anti-inflammatory or inflammation prevention effects of drugs at the early phase of OA, while treatment with drugs after 7 days can evaluate their therapeutic effects on midterm or end-stage OA. The time points of drug application can be selected according to the aim of the specific study.
The inflammatory OA ex vivo model established in this study will have many applications in OA research. Firstly, OA-related genes or proteins, discovered by animal studies, could be tested with human osteochondral explant samples to evaluate their clinical relevance. Secondly, novel signaling pathways associated with OA disease mechanisms can be studied. Small molecules or drugs which are potential DMOADs could be evaluated using this preclinical explant model. Future research may include the analysis of the subchondral bone to investigate the interplay between cartilage and bone tissue in OA progression. The osteochondral explants can also be cocultured with synovium or fat tissue to explore the mechanism of OA as a joint disease in a more complex setting. Last but not least, physical stimulations like mechanical loading imposed by bioreactors could be substitutes of cytokines to mimic other clinical OA subtypes or investigated as complementary therapeutic measure (Ossendorff et al., 2018).
CONCLUSION
An ex vivo inflammatory OA model was established with explants from the human femoral head by stimulation with IL-1β in combination with TNF-α at a low concentration. The inflammatory OA model could be utilized as a preclinical tool to uncover the underlying OA mechanism and screen new drugs for treatment as there is no species barrier for clinical translation.
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Interleukin-1β More Than Mechanical Loading Induces a Degenerative Phenotype in Human Annulus Fibrosus Cells, Partially Impaired by Anti-Proteolytic Activity of Mesenchymal Stem Cell Secretome
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Mesenchymal stem/stromal cell (MSC)–based therapies for low back pain and intervertebral disc (IVD) degeneration have been emerging, despite the poor knowledge of their full mechanism of action. As failure of the annulus fibrosus (AF) is often associated with IVD herniation and inflammation, the objective of the present study was to investigate the impact of the MSC secretome on human AF cells exposed to mechanical loading and a pro-inflammatory environment. Human AF cells isolated from IVD biopsies from patients with adolescent idiopathic scoliosis (AIS) or disc degeneration (DD) were exposed to physiological cyclic tensile strain (CTS) for 72 h in a custom-made device, with or without interleukin (IL)-1β medium supplementation. AF cells stimulated with CTS + IL-1β were then treated with secretome from IL-1β–preconditioned MSCs for 48 h. AF cell metabolic activity, gene expression, protein secretion, matrix metalloproteinase (MMP) activity, and tissue inhibitor of MMPs (TIMP) concentration were evaluated. Expanded AF cells from AIS and DD patients revealed similar metabolic activity and gene expression profiles. CTS stimulation upregulated collagen type I (COL1A1) expression, while IL-1β significantly stimulated IL-6, IL-8, MMP-1, and MMP-3 gene expression and prostaglandin E2 production by AF cells but downregulated COL1A1. The combination of CTS + IL-1β had a similar outcome as IL-1β alone, accompanied by a significant upregulation of elastin. The MSC secretome did not show any immunomodulatory effect on CTS + IL-1β–stimulated AF cells but significantly decreased MMP-1, MMP-2, MMP-3, and MMP-9, while increasing the production of TIMP-1. The obtained results demonstrate a stronger impact of the inflammatory milieu on human AF cells than upper physiologic mechanical stress. In addition, a new MSC mechanism of action in degenerated IVD consisting of the modulation of AF MMP activity was also evidenced, contributing to the advancement of knowledge in AF tissue metabolism.
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INTRODUCTION
Low back pain (LBP) is one of the top 10 disorders in the number of years lived with disability for adolescents and young adults (from 10 to 49 years old), affecting 70–85% of the world population and compromising healthy aging (Vos et al., 2020). LBP can be considered a multifactorial disorder but has been strongly associated with degeneration of the intervertebral disc (IVD). Current therapies include physical therapy or anti-inflammatory drugs, and if LBP does not improve, invasive surgery such as discectomy, spinal fusion, or IVD prosthesis can be used (Maher et al., 2017). Such treatments may alleviate LBP symptoms but reduce patients’ mobility, might be temporary, and, overall, do not target the underlying problem.
The outer ring of the IVD, the annulus fibrosus (AF), consists of concentric collagen fibers interconnected by a network of elastin and fibrillin, interrupted at distinct locations by a zone that links the different lamellae, known as the translamellar bridging network (TBLN). AF failure is often associated with structural weakness in restraining the hydrated inner structure, the nucleus pulposus (NP). Factors that induce AF failure include mechanical stress, which has been previously shown to increase pro-inflammatory gene expression in human AF cells (Pratsinis et al., 2016). Mechanical loading appears to act synergistically with a pro-inflammatory environment, weakening the AF through TBLN deregulation (Saggese et al., 2019). But moderate mechanical stress has also shown to rescue pro-inflammatory gene expression of AF cells exposed to a pro-inflammatory stimulus (Zhang et al., 2021). Overall, the pathomechanism of AF mechanical weakening and consequent disc herniation remains to be fully understood.
IVD herniation involves alterations in the AF but also in the NP, including loss of proteoglycans and water content, upregulation of matrix metalloproteinases (MMP-1, -2, -3, -9, among others) and inflammatory mediators (tissue necrosis factor (TNF)-α, interleukin (IL)-1β, etc) that contribute to the weakening and mechanical failure of the disc tissue (Risbud and Shapiro, 2014). More recently, the complement activation product terminal complement complex (TCC), an inflammatory trigger, has also been suggested to be involved in the disease progression (Teixeira et al., 2021a). Unbalanced production of MMPs weakens the IVD extracellular matrix (ECM), which can lead to NP extrusion through the AF, ultimately leading to lumbar disc herniation (LDH). LDH accounts only for 5–15% of LBP cases but can induce sciatica symptoms and loss of bladder/bowel control and is the main cause of spine surgery (Weinstein et al., 2008). Moreover, about 18% of patients present signs of IVD re-herniation after surgery (Shin et al., 2019). Early treatment to reinforce AF in LDH would be an important strategy to prevent disease progression.
Cell-based therapies are emerging to treat LBP and IVD degeneration. In particular, mesenchymal stem/stromal cell (MSC)–based therapies have been shown to promote ECM synthesis in NP and increase disc height in small animal models (Sakai et al., 2006). MSC intravenous administration has also shown to reduce IVD herniation in a rat model of punctured IVD (Cunha et al., 2017). In the clinical trials conducted so far, MSC transplantation appears to be safe and patients reported less pain, but no significant alterations in the IVD were observed (Orozco et al., 2011; Noriega et al., 2017). This discrepancy between animals and humans might be due to the fact that the former lacks the biped position of the human spine and retain a large population of notochordal cells, thus a higher regenerative capacity. In a pro-inflammatory environment characteristic of the degenerated IVD, we have demonstrated that MSCs have been shown to have immunomodulatory features, and we hypothesize that this may occur via a paracrine mechanism (Teixeira et al., 2018). Recently, we have shown that MSC secretome, obtained upon IL-1β preconditioning, also reduces pro-inflammatory markers in both NP and AF organ cultures (Ferreira et al., 2021; Neidlinger-Wilke et al., 2021). Nevertheless, as these studies were conducted in a bovine model, the direct clinical translation may have some restraints. In fact, MSCs and their secretome can be highly influenced by the cells’ microenvironment, as reviewed by Ferreira et al. (2018). The degenerated IVD is a harsh biochemical and biomechanical condition, with acidic pH, high concentration of pro-inflammatory factors, and matrix-degrading enzymes, under high and complex mechanical loading. This environment is a challenge for the successful translation of cell therapies, including those with MSCs. Additionally, more complex in vitro studies are needed which take the multifaceted IVD environment and the interaction of the different influencing factors into account. In this study, we hypothesized that 1) a synergistic action between mechanical loading and a pro-inflammatory microenvironment can deregulate human AF cell phenotypes, and 2) the MSC secretome has an immunomodulatory impact on human AF cell metabolism.
MATERIALS AND METHODS
MSC Expansion and Secretome Production
Human MSCs (Lonza, n = 3, donor information is summarized in Supplementary Table S1) were seeded (3,000 cells/cm2) and routinely expanded in MSC medium composed of low-glucose Dulbecco’s modified Eagle medium (DMEM, Gibco) supplemented with 10% fetal bovine serum (FBS, HyClone), 1% penicillin/streptomycin (10,000 U/mL—10 mg/ml, Gibco), and 0.5% amphotericin B (250 μg/ml, Gibco), at 37°C, 21% oxygen and humidified atmosphere. The medium was exchanged twice a week, and cells were trypsinized when reaching 70% confluency. For secretome production, 1x106 MSCs (passage 5–9) were seeded in 6-well plates (Corning) and incubated in 5 ml of MSC medium supplemented with recombinant human IL-1β (10 ng/ml, R&D Systems), at 37°C in a humidified atmosphere with 6% O2 and 8.5% CO2 for 48 h, as previously optimized for MSC preconditioning (Ferreira et al., 2021). MSC secretome (MSCsec) was collected by centrifugation at 1800 g for 5 min, at 4°C, to remove cell debris and then stored at −80°C until further use.
Human AF Cell Isolation and Culture
Human AF cells were isolated from a total of 12 patients undergoing surgery in the lumbar region: six samples from patients with adolescent idiopathic scoliosis (AIS, age: 16 ± 2 years old, 4 males/2 females), and six samples from patients with disc degeneration (DD, age: 65 ± 11 years old, 5 males/1 female, Pfirrmann grades IV-V). Detailed patient information is summarized in Supplementary Table S2. Open surgery was performed to remove the disc tissue. The AF tissue was macroscopically separated from the cartilaginous endplate and NP, as previously described (Teixeira et al., 2021a; Teixeira et al., 2021b). Visibly fibrous tissue with a clearly identifiable lamellar structure was selected for AF cell isolation. AF cells were obtained upon enzymatic digestion of the tissue for 3–5 h in 0.8 mg/ml collagenase type II (Sigma-Aldrich) in IVD medium without FBS: low-glucose DMEM (Gibco) supplemented with 1% non-essential amino acids (Biochrom), 1% penicillin/streptomycin, 5% amphotericin B, and 1.5% 5M NaCl/0.4 M KCl solution (to adjust osmolarity to 400 mOsm), under agitation, reduced oxygen supply (6% O2 and 8.5% CO2), 37°C, and saturated humidity. Cells were then expanded under sterile conditions in IVD medium containing 5% FBS Superior (Biochrom), as previously described (Teixeira et al., 2016).
Stimulation of AF Cells With CTS and IL-1β and Treatment With MSC Secretome
Human AF cells (passages 3 to 4) were seeded in silicone dishes (300,000 cells/dish) coated with fibronectin (10 μg/ml) and placed in a custom-made cyclic tensile strain (CTS) device (Neidlinger-Wilke et al., 1994), previously modified as described (Pratsinis et al., 2016). After 3 days, the medium was exchanged, and the AF cells were stimulated for 48 h as follows: 1) 2% CTS at 1 Hz was applied 3 h/day to the silicone dishes, similar to what was previously optimized (Wuertz et al., 2007); 2) IL-1β (10 ng/ml), as previously seen to induce a pro-inflammatory response in bovine IVD organ culture (Teixeira et al., 2016); and 3) CTS (1 Hz, 3 h/day) + IL-1β (10 ng/ml). Unstimulated AF cells were kept as a control group. The experimental timeline is depicted in Figure 1A.
[image: Figure 1]FIGURE 1 | Experimental timeline. (A) Human annulus fibrosus (AF) cells were cultured in a custom-made electromechanical device for the application of cyclic tensile strain (CTS) to deformable silicone dishes, with IL-1β (10 ng/ml) or with CTS + IL-1β. (B) The CTS + IL-1β–stimulated AF cells were treated with secretome from human bone marrow–derived mesenchymal stem/stromal cells (MSC) upon preconditioning with IL-1β for 48 h.
In a subsequent set of experiments, the MSC secretome was added to AF cells stimulated with CTS + IL-1β, 3 h after stretching, in a 1:1 ratio with IVD medium. The MSC secretome addition to unstimulated AF cells was used as a control. The experimental timeline is represented in Figure 1B.
After 48 h, AF cells and conditioned medium were collected for different analyses. Conditioned medium was removed and frozen at −80°C for posterior protein analysis by ELISAs and zymography. AF cell metabolic viability was evaluated by resazurin assay, after which cells were immediately shock frozen in RNAlater ICE (Invitrogen) and liquid nitrogen and stored at −80°C for RNA isolation.
Metabolic Activity of AF Cells
The metabolic activity of AF cells was assessed by resazurin reduction assay. AF cells were incubated with 0.02 mg/ml resazurin sodium salt (Sigma-Aldrich) solution in IVD medium for 3 h at 37°C. Fluorescence intensity was measured in a spectrophotometer microplate reader (Tecan), with 530-nm excitation and 590-nm emission filters.
Gene Expression Analysis of AF Cells
AF cells frozen in RNAlater ICE were thawed, the RNAlater was removed, and RNA was isolated using an RNeasy Mini kit (Qiagen). RNA concentration and quality were determined by spectrophotometry (Spark, Tecan). For cDNA synthesis with integrated removal of DNA contamination, 1 µg of RNA was treated with a QuantiTect Reverse Transcription kit (ThermoFisher Scientific). Gene expression analysis was performed with primers for the reference gene human glyceraldehyde 3-phosphate dehydrogenase (GAPDH), as well as for the target genes in Table 1. The transcribed cDNA was mixed with custom-designed primers and the Platinum SYBR Green qPCR SuperMix-UDG (Invitrogen) and ROX Reference Dye (Invitrogen). The runs were performed in a QuantStudio 3 real-time PCR system (Applied Biosystems). The melt curves were analyzed to confirm the specificity of the reaction and a quantification cycle (Cq) 35 cutoff was used. Relative expression levels were calculated by using the Livak method (using the 2−ΔΔCt), where ΔΔCt = ΔCt(sample of interest)—ΔCt(control sample) and ΔCt = Ct(gene of interest)—Ct(GAPDH) (Livak and Schmittgen, 2001).
TABLE 1 | Human oligonucleotide primers used for qRT-PCR. Primers with shown sequence were custom designed. fw: forward; rev: reverse.
[image: Table 1]Quantification of PGE2 and TIMPs in AF Culture Supernatants
The concentration of prostaglandin E2 (PGE2, Arbor Assays), human TIMP-1, TIMP-2, TIMP-3, and TIMP-4 (RayBiotech) was measured by using enzyme-linked immunosorbent assay (ELISA) kits according to the manufacturers’ instructions in AF supernatants, after 5 days of culture.
Zymography
The MMP activity of AF cells was investigated by analyzing the conditioned medium through gelatin zymography, as previously described (Cardoso et al., 2014). Briefly, the total protein content in the conditioned medium was determined by bicinchoninic acid assay (Bio-Rad), and 15–20 mg of protein was mixed with sample buffer (10% sodium dodecyl sulfate, 4% sucrose, and 0.03% bromophenol blue in 0.5 M Tris–HCl, pH 6.8) and separated on 10% polyacrylamide gels containing 0.1% gelatin (Sigma-Aldrich) as substrate. After electrophoresis, gels were washed twice with 2% Triton X-100. Gelatin gels were subsequently incubated for 16 h at 37°C in 50 mM Tris–HCl, pH 7.5, and 10 mM CaCl2. Gels were stained with 0.1% Coomassie Brilliant Blue R-250 (Sigma-Aldrich), 50% methanol, and 10% acetic acid (Merck). The molecular weight and activity of the MMPs were estimated by densitometric analysis.
Statistical Analysis
Results are presented as box plots with the median ± interquartile range. Statistical analysis was performed using GraphPad Prism 9 software (GraphPad Software, Inc, La Jolla, CA, United States). Normal distribution data were tested using the D’Agostino–Pearson omnibus normality test. A non-parametric unpaired Mann–Whitney test was used to compare AIS and DD samples. A non-parametric paired Friedman test, followed by Dunn’s multiple comparison test, was used to compare AF cell stimuli and the effect of the MSC secretome. Significance was set at p < 0.05.
RESULTS
Viability and Inflammatory Profile of Human AF Cells Exposed to Mechanical and Inflammatory Stimuli
To evaluate the effect of mechanical loading and inflammatory stimuli on human AF cells’ inflammatory profile, they were cultured in silicone dishes and stimulated with 1) CTS (2%, 1 Hz, 3 h/day), 2) IL-1β (10 ng/ml), or 3) CTS + IL-1β. Unstimulated AF cells were used as controls (Figure 1A). AF cells from both AIS and DD patients were used indiscriminately. We first screened AF cells from different patients for metabolic activity and gene expression profiles regarding apoptosis (BAX), cellular complement regulators (CD46, CD55, CD59), inflammatory markers (IL-6, IL-8), matrix-degrading enzymes (MMP-1, MMP-3), and ECM proteins (COL1A1, elastin, fibrillin-1). No differences were obtained between the different genes in AF cells from the distinct patient groups (Supplementary Figure S1).
To investigate whether AF cell viability was affected by the CTS or IL-1β, mitochondrial metabolic activity and gene expression of BAX, an apoptosis regulator member of the BCL-2 gene family, were analyzed (Figures 2A,B). No differences were observed between the mitochondrial metabolic activity of the different groups. Moreover, no significant differences were observed in the gene expression of BAX when comparing CTS, IL-1β and CTS-IL-1β to the unstimulated control group. However, when comparing CTS + IL-1β with the single stimuli CTS and IL-1β, a significant downregulation was found in comparison to CTS (*p < 0.05).
[image: Figure 2]FIGURE 2 | Human annulus fibrosus (AF) cells metabolic activity and gene expression of cell apoptosis marker, complement factors, and pro-inflammatory cytokines, in response to cyclic tensile strain (CTS) and the pro-inflammatory cytokine IL-1β (10 ng/ml) after 48 h. (A) AF cells mitochondrial metabolic activity (compared to unstimulated cells). Relative mRNA expression of (B) cell apoptosis marker BAX, (C) complement factors CD46, (D) CD55, and (E) CD59; pro-inflammatory markers (F) IL-6 and (G) IL-8. Results were normalized to expression level of GAPDH and unstimulated cells. (H) Concentration of pro-inflammatory marker PGE2 in (fold change to unstimulated cells). n = 10, *p < 0.05, **p < 0.01.
Moreover, CTS + IL-1β stimulation of AF cells significantly increased the expression of the inhibitory complement receptor CD46, compared with the IL-1β–stimulated group (*p < 0.05), and of the inhibitor CD55, compared with the CTS group (*p < 0.05) and unstimulated cells (***p < 0.001; Figures 2C,D). Interestingly, IL-1β by itself also promoted a significant upregulation of CD55 (**, p < 0.01) and a decrease in CD59, the major TCC inhibitor (p = 0.06), compared with control cells (Figures 2D,E).
Regarding the expression of inflammatory markers, as expected, IL-1β stimulation induced the upregulation of IL-6 and IL-8 gene expression and PGE2 secretion by AF cells (*p < 0.05, **p < 0.01 and ***p < 0.001, respectively) in comparison to unstimulated cells (Figures 2F–H). In contrast, CTS stimulation by itself was not shown to affect the production of these markers. The synergic action of mechanical and inflammatory stimuli (CTS + IL-1β) significantly upregulated IL-6 and IL-8 expression, compared with both unstimulated (****p < 0.0001) and CTS-stimulated cells (***p < 0.001 for IL-6 and **p < 0.01 for IL-8), and increased PGE2 production compared with control (***p < 0.001) and with CTS-stimulated cells (**p < 0.01).
Matrix Remodeling Capacity of Human AF Cells Exposed to Mechanical and Inflammatory Stimuli
The effect of mechanical loading and inflammatory stimuli on the production of matrix-degrading enzymes and ECM proteins by human AF cells was also evaluated. The results showed that CTS by itself does not interfere with the matrix remodeling capacity of AF cells. However, when CTS was combined with IL-1β, it significantly increased MMP-1 and MMP-3 expression compared with CTS-treatment (***p < 0.001 and **p < 0.01, respectively) and with unstimulated cells (**p < 0.01 and ***p < 0.001, respectively; Figures 3A,B). A significant upregulation of MMP-3 expression was also observed by the IL-1β-stimulation in comparison to control. In addition, the CTS + IL-1β treatment significantly downregulated COL1A1 by AF cells (*p < 0.05) and upregulated elastin (**p < 0.01), a key AF protein involved in tissue elasticity, compared to CTS-treated cells (Figures 3C,D). This trend was also observed in the presence of IL-1β only, with COL1A1 significantly downregulated (*p < 0.05), in comparison with unstimulated cells. In contrast, neither CTS nor IL-1β seemed to affect fibrillin-1, another glycoprotein involved in AF elasticity (Figure 3E).
[image: Figure 3]FIGURE 3 | Matrix metalloproteinases (MMPs) and extracellular matrix (ECM) gene expression of human AF cells in response to cyclic tensile strain (CTS) and to pro-inflammatory cytokine IL-1β (10 ng/ml) after 48 h. Relative mRNA expression of matrix-degrading enzymes (A) MMP-1, (B) MMP-3, and ECM proteins (C) COL1A1, (D) elastin, and (E) fibrillin-1. Results were normalized to expression level of GAPDH and unstimulated cells. n = 10, *p < 0.05, **p < 0.01.
MSC Secretome Treatment of Human AF Cells Under Mechanical and Inflammatory Stimuli
Since a synergistic action between mechanical stimuli and a pro-inflammatory microenvironment in human AF cells was observed, we went further and investigated the regulatory effect of the MSC secretome in AF cells in the presence of CTS + IL-1β stimulus. Unstimulated AF cell cultures supplemented with MSC secretome served as controls.
The MSC secretome treatment of human AF cells did not affect the gene expression of CD46 and CD59 but significantly upregulated CD55 (*p < 0.05), IL-6, and IL-8 (**p < 0.01) and increased the production of PGE2 (***p < 0.001) compared to unstimulated AF cells (Figure 4B, D–F). Regarding the matrix remodeling capacity of human AF cells, the secretome downregulated the gene expression of MMP-1 (*p < 0.01) and MMP-3 (p = 0.07) (Figures 5A,B) compared to CTS + IL-1β stimulation alone and did not alter COL1A1, elastin, or fibrillin-1 expression (Figures 5C–E). In accordance with the increase in pro-inflammatory cytokines, the MSC secretome significantly upregulated MMP-1 (*p < 0.05) and MMP-3 (**p < 0.05) gene expression in control AF cells. Furthermore, MMP activity was evaluated by gelatin zymography in AF culture supernatants. The pro- and active forms of the gelatinases MMP-2 (between 72 and 63 kDa) and MMP-9 (between 82 and 92 kDa) (Cardoso et al., 2014), particularly the latter, were identified (Figure 5F). The MMP bands were quantified, and a band of MSC secretome as a control was subtracted from the other conditions tested. The results show that the MSC secretome was able to reduce the activity of gelatin-degrading enzymes produced by human AF cells, namely, the active form of MMP-9 (p = 0.06; Figure 5G).
[image: Figure 4]FIGURE 4 | Effect of MSC secretome on human AF cells stimulated with cyclic tensile strain (CTS) and IL-1β (10 ng/ml) in the expression of complement markers and pro-inflammatory cytokines after 48 h. Relative mRNA expression of complement regulatory factors (A) CD46, (B) CD55, and (C) CD59; and pro-inflammatory markers (D) IL-6 and (E) IL-8. Results were normalized to expression level of GAPDH and to unstimulated cells. (F) Concentration of pro-inflammatory marker PGE2 (fold change to unstimulated cells). n = 7, *p < 0.05, **p < 0.01.
[image: Figure 5]FIGURE 5 | Effect of MSC secretome on human AF cells stimulated with cyclic tensile strain (CTS) and IL-1β (10 ng/ml) in MMPs and ECM proteins after 48 h. Relative mRNA expression of the matrix degrading enzymes (A) MMP-1 and (B) MMP-3, and of ECM proteins (C) COL1A1, (D) elastin, and (E) fibrillin-1. Results were normalized to the expression level of GAPDH and unstimulated cells. n = 7, *p < 0.05, **p < 0.01. (F) MMP activity in AF cultures media, determined by gelatin zymography (G) Quantification of MMP-2 and MMP-9 activity by densitometry (n = 3).
In addition, the concentration of different tissue inhibitors of MMPs–TIMP-1, TIMP-2, TIMP-3, and TIMP-4—was quantified in all the conditions (Figure 6), with the concentrations found in the MSC secretome being subtracted from the AF culture supernatants. The MSC secretome significantly increased the production of TIMP-1 by CTS + IL-1β–treated AF cells (*p < 0.05) but did not affect TIMP-2, TIMP-3, or TIMP-4. An increase in TIMP-1 and TIMP-2 was observed in unstimulated cells upon treatment with MSC secretome (**p < 0.01 and *p < 0.05).
[image: Figure 6]FIGURE 6 | Concentration of tissue inhibitors of metalloproteinases (TIMPs) in the supernatant of AF cultures stimulated with cyclic tensile strain (CTS) and IL-1β (10 ng/ml) and treated with MSC secretome after 48 h, determined by ELISA. (A) TIMP-1, (B) TIMP-2, (C) TIMP-3, and (D) TIMP-4. n = 5–9, *p < 0.05, **p < 0.01.
DISCUSSION
In the present study, a pro-inflammatory/catabolic IVD microenvironment was simulated in human AF cell cultures, based on previous ex vivo models of bovine NP (Teixeira et al., 2016) and AF (Saggese et al., 2019) organ cultures, which were maintained in low-glucose, iso-osmotic (400 mOsm), and pro-inflammatory conditions with low oxygen supply. In the AF organ cultures, a synergistic action of cyclic tensile strain (CTS) and IL-1β was shown to increase the synthesis of pro-inflammatory mediators and MMP-3 in the AF and to decrease the strength of the tissue (Saggese et al., 2019). In the present study, we evaluated the effects of these stimuli (CTS, IL-1β, and CTS + IL-1β) on the metabolism of human AF cells, as well as possible alterations induced by the treatment with secretome produced by IL-1β–preconditioned MSCs.
For that, AF cells were isolated from patients diagnosed with either AIS or DD and expanded up to passage 3–4, in order to obtain enough cells to culture under different stimuli. Although organ culture models could better mimic the degenerative 3D environment of the IVD, these are difficult to conduct under standardized and reproducible conditions using limited human IVD biopsies, which are small in size and often very fragmented. Therefore, they were used for cell isolation and 2D cultures of AF cells. Despite the differences observed in IVD tissues from disc degeneration compared to AIS patients, namely, increased TCC deposition and expression of CD59 (a direct TCC inhibitor) (Teixeira et al., 2021a), the expanded AF cells from both patient groups revealed similar behavior. Primary cells always show a certain variability; however, we expected to see differences between the gene expression profiles of cells from AIS and DD due to the lower age of AIS versus DD patients (an average of 16 ± 2 versus 65 ± 11 years old, respectively) and less degeneration in AIS tissues. However, CTS and/or IL-1β did not induce a significantly different response between the two groups for cells in passages 3 to 4. After expansion in 2D cultures, we hypothesize that the cells from DD patients lose their disease phenotype, behaving similarly to AF cells from AIS patients. This suggests that in vitro expansion of AF cells might attenuate cellular changes associated with patients’ age and specific disease, in line with recent findings showing similar expression of complement-related markers by AF cells from AIS and DD patients after challenging with IL-1β and cathepsin-D (Teixeira et al., 2021b).
CTS + IL-1β stimulation of human AF cells induced an upregulation of pro-inflammatory cytokines (IL-6, IL-8, and PGE2) and MMPs (MMP-1, MMP-3), which was observed to a lesser extent in the presence of IL-1β, but not after CTS stimulation by itself. In the present work, 2% strain alone did not seem to be a strong enough stimulus to induce changes in the AF cell gene expression profile. This might be due to the 2D cell cultures, in contrast to previous investigations of human AF cells cultured in 3D collagen gels, in which differences were observed (Neidlinger-Wilke et al., 2005). CTS stimulation of AF cells has been shown to increase COL2A1 and aggrecan expression and decrease MMP-3 expression in human AF cells cultured in 3D collagen gels, independently of the strain magnitude (1–8% strain, 1 Hz) (Neidlinger-Wilke et al., 2005). CTS was also shown to promote upregulation of pro-inflammatory genes, like COX-2, IL-6, and IL-8 in AF cells (8% strain, 1 Hz) (Pratsinis et al., 2016). Under mild pro-inflammatory stimulation (1 ng/ml IL-1β) and 6% CTS (0.05 Hz), CTS was suggested to have a protective effect on rat AF cells (Sowa and Agarwal, 2008). Since a role for complement-associated factors has recently been suggested in a degenerative/pro-inflammatory environment, we investigated the gene expression of the cellular complement regulators CD46, CD55, and CD59 by human AF cells. Here, CD55, but not the other complement factors, was upregulated by CTS + IL-1β stimulation of AF cells. In bovine AF organ cultures, CTS + IL-1β simulation induced upregulation of CD46, but not of CD55 nor CD59 (Neidlinger-Wilke et al., 2021). IL-1β stimulation of human articular chondrocytes upregulated CD45, CD55 and CD59 (Hyc et al., 2003). This indicates that the complement cascade is activated by the CTS and IL-1β stimuli; however, different molecules may be regulated at different timepoints.
Regarding matrix metabolism, CTS + IL-1β stimulation of human AF cells did not alter COL1A1 and fibrillin-1 production but seemed to enhance elastin synthesis. The latter was also promoted by CTS and IL-1β individually. Fibrillin-1 production was previously shown to be increased within the translamellar bridging-network of bovine AF organ cultures in the presence of IL-1β but not in the presence of CTS + IL-1β (Saggese et al., 2019). Besides the differences between 2D and 3D (organ culture), this study also used lower IL-1β concentration (1 ng/ml), which could explain the different results of the present study. Concerning elastin, TNF-α stimulation of human tenocytes was shown to reduce COL1 deposition while increased elastin gene expression (John et al., 2010), in agreement to what was observed with AF cells in our study. Moreover, it has been described that elastin increases with IVD degeneration and aging, particularly in the AF, consisting in a response to restore the lamellar structure under radial loads that potentially cause delamination (Cloyd and Elliott, 2007).
Previously, we have demonstrated that MSCs cultured with bovine NP in the presence of IL-1β downregulated the pro-inflammatory markers bIL-6, bIL-8, and bTNF-α by NP cells but did not promote ECM synthesis (Teixeira et al., 2018). MSCs secrete numerous soluble factors in response to microenvironmental cues, which include pro-inflammatory stimulation, 3D environment, or hypoxia. Therefore, the MSC secretome has been explored as a cell-based/cell-free therapy for several disorders (Ferreira et al., 2018). MSC IL-1β preconditioning has been shown to upregulate chemokines (CCL5, CCL20, CXCL1, CXCL3, CXCL5, CXCL6, CXCL10, CXCL11, and CX (3)CL1), interleukins (IL-6, IL-8, IL-23A, IL-32), toll-like receptors (TLR2, TLR4, CLDN1), MMPs (MMP-1, MMP-3), growth factors (CSF2, TNF-α), and adhesion molecules (ICAM1, ICAM4), compared to unstimulated MSCs (Carrero et al., 2012). Moreover, although the cell passage can affect the cellular response, it has been reported that the composition of the MSC secretome does not vary significantly between passages 3 and 12 (Serra et al., 2018).
In the IVD, the MSC secretome has been suggested to stimulate the cellular repair capacity (Brisby et al., 2013). For instance, the secretome of human umbilical cord–derived MSCs was shown to restore the stemness of NP progenitor cells, thus rejuvenating the degenerated NP (Zeng et al., 2020). Moreover, the secretome of IL-1β–preconditioned MSCs, enriched in IL-6, RANTES, MCP-1, IL-1β, TIMP-2, IL-8, GRO α/β/γ, leptin, MIP-3α, and CXCL1, downregulated the expression/production of inflammatory markers by bovine NP, while promoting aggrecan deposition (Ferreira et al., 2021). It was also shown to downregulate the expression/production of inflammatory markers, complement system regulators, MMPs, TIMPs, and collagen by bovine AF cells in an ex vivo model (Neidlinger-Wilke et al., 2021). In contrast to the previous findings, in the present study, the MSC secretome did not downregulate the expression of cellular complement regulators and pro-inflammatory cytokines of CTS + IL-1β–stimulated human AF cells but strongly downregulated MMP-1 and MMP-3 gene expression. Furthermore, in this study, it was demonstrated to have reduced MMP-2 and MMP-9 activity of human AF cells in presence of the MSC secretome. MMP-1 and MMP-3 are strongly expressed in the IVD of young adults but not in those of children and adolescents, while MMP-2 and MMP-9 are present in older adults, but in fewer cells (Weiler et al., 2002). Moreover, static compression and annular puncture of rat caudal discs have been shown to stimulate MMP-2 activity with simultaneous AF lamellar disorganization, linking MMP-2 to local matrix degradation and collagen remodeling (Rastogi et al., 2013). Therefore, the MSC secretome could be an interesting approach to modulate matrix remodeling in the AF, although further studies need to be conducted in human IVD to better understand its impact on the tissue biomechanics.
In addition, besides being enriched in TIMP-2 (Ferreira et al., 2021), the MSC secretome also stimulated the production of TIMP-1 and TIMP-2, but not TIMP-3 and TIMP-4, by human AF cells, which could be directly correlated with MMP inhibition. This is in agreement with what was previously observed by Le Maitre et al. (2004), who described an increase in TIMP-1 and TIMP-2, but not TIMP-3, in degenerated human IVD biopsies. Vo et al. (2013) also described sthe upregulation of TIMP-1 with IVD degeneration, as well as a downregulation of TIMP-3. Overall, mechanical and inflammatory stimuli play a crucial role in the modulation of the expression levels of MMPs, ADAMTs, and TIMPs. Inhibition of MMPs and ADAMTSs has demonstrated efficacy and therapeutic potential in slowing osteoarthritis progression (Fosang and Little, 2008), which suggests that therapies proposing the inhibition of matrix-degrading enzymes or stimulation of TIMPs are promising for IVD, although they should be tissue-specific and carefully localized.
Our study shows a therapeutic effect of the MSC secretome on the AF cells challenged with CTS + IL-1β. To induce a pro-inflammatory microenvironment, 10 ng/ml IL-1β was used, but other inflammatory cytokines are known to be widely expressed in IVD degeneration/herniation, such as TNF-α or IL-6, and should be also addressed in future studies. More recently, Wangler et al. (2021) have shown that conditioned medium from traumatically injured versus degenerated IVD has different proteome contents, so different inflammatory cytokine cocktails should be explored in the future to deepen the knowledge of the therapeutic effect of MSC secretome on IVD. In vivo experiments that fully recreate the degenerative IVD microenvironment will prove the regulatory effect of the secretome of IL-1β–preconditioned MSCs on the modulation of the immune system response and IVD degeneration.
CONCLUSION
Overall, this study demonstrates that the inflammatory milieu, in synergy with tensile strain, has an impact on human AF cells, promoting upregulation of inflammatory markers, cellular complement regulators, and elastin; increasing MMP activity and TIMP production; and decreasing COL1A1 expression. Moreover, this study evidences a novel aspect of the mechanism of action of the MSC secretome in degenerated IVD that consists in the modulation of MMP activity and TIMP-1 production by AF cells.
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Background: Osteoarthritis (OA) primarily affects mechanical load-bearing joints. The knee joint is the most impacted by OA. Knee OA (KOA) occurs in almost all demographic groups, but the prevalence and severity are disproportionately higher in females. The molecular mechanism underlying the pathogenesis and progression of KOA is unknown. The molecular basis of biological sex matters of KOA is not fully understood. Mechanical stimulation plays a vital role in modulating OA-related responses of load-bearing tissues. Mechanical unloading by simulated microgravity (SMG) induced OA-like gene expression in engineered cartilage, while mechanical loading by cyclic hydrostatic pressure (CHP), on the other hand, exerted a pro-chondrogenic effect. This study aimed to evaluate the effects of mechanical loading and unloading via CHP and SMG, respectively, on the OA-related profile changes of engineered meniscus tissues and explore biological sex-related differences.
Methods: Tissue-engineered menisci were made from female and male meniscus fibrochondrocytes (MFCs) under static conditions of normal gravity in chondrogenic media and subjected to SMG and CHP culture. Constructs were assayed via histology, immunofluorescence, GAG/DNA assays, RNA sequencing, and testing of mechanical properties.
Results: The mRNA expression of ACAN and COL2A1, was upregulated by CHP but downregulated by SMG. COL10A1, a marker for chondrocyte hypertrophy, was downregulated by CHP compared to SMG. Furthermore, CHP increased GAG/DNA levels and wet weight in both female and male donors, but only significantly in females. From the transcriptomics, CHP and SMG significantly modulated genes related to the ossification, regulation of ossification, extracellular matrix, and angiogenesis Gene Ontology (GO) terms. A clear difference in fold-change magnitude and direction was seen between the two treatments for many of the genes. Furthermore, differences in fold-change magnitudes were seen between male and female donors within each treatment. SMG and CHP also significantly modulated genes in OA-related KEGG pathways, such as mineral absorption, Wnt signalling pathway, and HIF-1 signalling pathway.
Conclusion: Engineered menisci responded to CHP and SMG in a sex-dependent manner. SMG may induce an OA-like profile, while CHP promotes chondrogenesis. The combination of SMG and CHP could serve as a model to study the early molecular events of KOA and potential drug-targetable pathways.
Keywords: disease modelling, human-engineered meniscus, mechanical stimulation, simulated microgravity, cyclic hydrostatic pressure
INTRODUCTION
Osteoarthritis (OA) is the most common form of degenerative disease and primarily affects loading-bearing joints, with the knee joint being the most prevalent (Nicolella et al., 2012; Boyan et al., 2013a). A hallmark feature of knee osteoarthritis (KOA) is the atrophy of articular cartilage. Surrounding joint tissues, including the menisci, will also undergo breakdown (Sun et al., 2010; Blackburn et al., 2016). These abnormal changes can lead to rapid loss of the knee joint’s function and mobility, making KOA a leading cause of physical disability (Murray et al., 2012). Although KOA occurs in almost all demographic groups, the prevalence and severity of KOA increases with age and is disproportionately higher in females than males (Badley and Kasman, 2004; Breedveld, 2004; O’Connor, 2007; Boyan et al., 2012; Pan et al., 2016). It has been reported by the World Health Organization that 9.6% of males and 18% of females above the age of 60 years have symptomatic OA (Osteoarthritis, 2014).
The molecular mechanisms and cellular events underlying the pathogenesis and progression of KOA are not well understood. As well, the molecular basis of biological sex matters has not been previously investigated. Currently, there is no consensus model to reflect the pathophysiology of KOA holistically. However, the molecular and cellular characteristics of KOA resemble the hypertrophic differentiation of chondrocytes as they progress to the bone during endochondral ossification (Dreier, 2010). Conveniently, this process includes the upregulation of hypertrophic markers COL10A1 and MMP13, which can be indicators for the KOA phenotype (Aigner et al., 1993; D’Angelo et al., 2000). Healthy chondrocytes, on the other hand, resist hypertrophic differentiation and lack expression of these hypertrophic markers (Leijten et al., 2012). Given the disproportionate incidence of KOA in females as compared to males, we reasonably expect the cellular and molecular characteristics of KOA to show sex-dependent differences.
Mechanical stimulation was reported by an abundance of studies to play a critical role in modulating OA-related responses of loading-bearing tissues. Applying mechanical loading to joints through regular exercise is essential to maintaining healthy cartilage and preventing breakdown from prolonged disuse (Bader et al., 20112011). Cyclic hydrostatic pressure (CHP) as a loading modality mimics physiological loading patterns and can be easily recreated in-vitro using specialized bioreactors (Elder and Athanasiou, 2009; Mellor et al., 2017). Studies have shown that CHP applied to engineered tissue constructs has induced a mostly pro-chondrogenic effect. For example, Zellner et al. applied dynamic hydrostatic pressure (cyclic at 1 Hz for 4 h per day, 0.55–5.03 MPa) for 7 days to cellular aggregates generated from inner and outer meniscus fibrochondrocytes (MFCs) (Zellner et al., 2015). After 14 additional days of static culture, aggregates loaded initially for the 7 days showed immunohistochemically enhanced chondrogenesis compared to unloaded controls (Zellner et al., 2015). Further, Gunja et al. applied dynamic hydrostatic pressure (0.1 Hz for 1 h every 3 days, 10 MPa) for 28 days to engineered tissue constructs using MFCs with added TGF-β1 growth factors (Gunja et al., 2009). Loaded tissue constructs with growth factors showed additive and synergistic increases in collagen deposition (approximately 2.5-fold), GAG deposition (2-fold), and enhanced compressive properties compared to unloaded controls without growth factors (Gunja et al., 2009).
Mechanical unloading of joints from long-term immobilization has been shown to induce cartilage atrophy that resembles characteristics of KOA. In a case study by Souza et al., joint immobilization of healthy individuals without prior history of OA resulted in magnetic resonance imaging (MRI) parameters of their knee articular cartilage that resemble KOA (Souza et al., 2012). When returning to standard weight-bearing, the MRI parameters for the joints were restored to baseline values consistent with healthy articular cartilage (Souza et al., 2012). Mechanical unloading has also been modelled by simulated microgravity (SMG) using rotating wall vessel bioreactors (Yu et al., 2011; Jin et al., 2013; Mayer-Wagner et al., 2014; Mellor et al., 2014; Mellor et al., 2017). Mayer-Wagner et al. applied simulated microgravity for 21 days to human mesenchymal stem cell (hMSC) pellets and found a decrease in histological staining of proteoglycans and collagen type-II compared to normal gravity controls (Mayer-Wagner et al., 2014). SMG pellets also showed a lower COL2A1/COL10A1 expression ratio suggesting that mechanical unloading via SMG reduced the chondrogenic differentiation of hMSCs (Mayer-Wagner et al., 2014). Finally, in a comparative study, CHP-loaded pellets from human adipose-derived stem cells showed increased expression of ACAN, SOX9, and COL2A1, and a 3-fold increase in GAG productions compared to unloaded SMG groups (Mellor et al., 2017). However, none of the above studies investigated the sex-dependent differences in the magnitude of differential modulation by mechanical loading and unloading via CHP and SMG, respectively.
A recent definition of OA from the Osteoarthritis Research Society International includes the menisci of the knee joint as a tissue undergoing breakdown and abnormal changes from the disease (Blackburn et al., 2016). Knee menisci undergoing OA has also been shown to have similar characteristics as knee articular cartilage undergoing OA, such as focal calcification and the increased expression of hypertrophic markers COL10A1 and MMP13 (Sun et al., 2010; Kiraly et al., 2017). This suggests that MFC may play an active role in the pathogenesis of KOA alongside knee articular chondrocytes, making MFC a reasonable cell option to model OA in-vitro.
Taken together, the goal of this study was to evaluate the effects of mechanical loading and unloading via CHP and SMG, respectively, and determine sex-dependent differences in the modulation of OA-related characteristics in bioengineered human meniscus tissues. This would serve as an OA disease model in-vitro to determine the cellular and molecular profiles responsible for the sex-dependent incidence of the disease.
MATERIALS AND METHODS
The experiment is outlined in Figure 1. Most culture methods and assays were performed identically to those described in previous work (Liang et al., 2017; Szojka et al., 2021a; Szojka et al., 2021b).
[image: Figure 1]FIGURE 1 | Experiment outlines. Created with Biorender.com (2021).
Ethics Statement
Human non-osteoarthritic inner meniscus samples were collected from patients undergoing partial meniscectomies at the University of Alberta Hospital and Grey Nuns Community Hospital in Edmonton. The ethics of this study was approved by the Health Research Ethics Board of the University of Alberta. Non-identifying donor information is listed in Table 1.
TABLE 1 | Non-identifying donor information.
[image: Table 1]Cell and Tissue Culture
Meniscus fibrochondrocytes (MFCs) were isolated from inner meniscus tissue samples by type II collagenase (0.15% w/v of 300 units/mg; Worthington) mediated digestion, followed by 48 h recovery. After recovery, cells were replated in tissue culture flasks at the density of 104 cells/cm2 and expanded for 1 week in high glucose Dulbecco’s modified Eagle’s medium (HG-DMEM) supplemented with 10% v/v heat-inactivated fetal bovine serum (FBS), 10 mM 4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid (HEPES), 100 U/mL penicillin, 100 μg/ml streptomycin and 2 mM L-glutamine (PSG; Life Technologies, ON, Canada), 5 ng/ml of FGF-2 (Neuromics, MH, United States, catalogue #: PR80001) and 1 ng/ml of TGF-β1 (ProSpec, catalogue #: CYT-716) for 1 week
Expanded MFCs were resuspended in defined chondrogenic medium (HG-DMEM supplemented with HEPES, PSG, ITS +1 premix (Corning, Discovery Labware, Inc, MA, United States), 125 μg/ml of human serum albumin, 100 nM of dexamethasone, 365 μg/ml ascorbic acid 2-phosphate, 40 μg/ml of l-proline, and 10 ng/ml of TGF-β3) and seeded onto bovine type I collagen scaffolds (dimensions: 6 mm diameter, 3.5 mm height; Integra LifeSciences, NJ, United States) at the density of 5×106 cells/cm3. The cell-containing constructs were precultured statically in standard 24-well plates with 2.5 ml/construct of the chondrogenic medium described above for 2 weeks; media changes occurred once per week.
Mechanical Stimulation
After the 2-weeks preculture, tissue constructs were randomly assigned to a mechanical stimulation group. For the static control group, constructs were placed in a tissue culture tube (Sarstedt, Germany). For the mechanical unloading group, a commercially available bioreactor (RCCS-4; Synthecon Inc.) was used to culture tissue constructs in a simulated microgravity (SMG) environment. The rotation speed was adjusted over time to maintain constructs in suspension (30 rpm from day 1–2; 34 rpm from day 3–7; 37 rpm from day 8–13; 40 rpm from day 14–21). For the mechanical loading group, cyclic hydrostatic pressure (CHP) was applied to tissue constructs using a MechanoCulture TR (CellScale, Canada). Constructs were loaded 1 h per day and daily with 0.9 MPa cyclic hydrostatic pressure at the frequency of 1 Hz. When not loaded, tissue constructs were cultured in 6-well plates under static conditions. All experimental groups were cultured with chondrogenic medium with supplemented TGF-β3 growth factor, and the volume of medium per tissue construct (approximately 6.5 ml per tissue construct per week) was equivalent among the different groups. The mechanical stimulation was applied for 3 weeks, and medium change was performed once a week. At the end of the 3-weeks treatment, the CHP group was allowed 30 min of rest following the last loading event for gene expression changes to occur. Tissue replicates for RNA extraction were placed in TRIzol reagent and frozen at −80°C. Constructs from SMG and static control groups were harvested at approximately the same time.
Histology, Immunofluorescence, and Biochemical Analysis
The wet weight of tissue constructs (n = 5–8 replicates) intended for histology and biochemical analysis was recorded at the end of the experiment. Constructs (n = 2 replicates, only one replicate is presented) were then fixed in 1 ml of 10% v/v buffered formalin (Fisher Scientific, MA, United States) overnight at 4°C, dehydrated, embedded in paraffin wax, and sectioned at 5 µm thickness. Tissue sections approximately from the middle region of the constructs were stained with Safranin-O (Sigma-Aldrich, United States, #S2255-25G), Fast Green FGF (Sigma-Aldrich, United States, #F7258-25G), and Haematoxylin (Sigma-Aldrich, United States, #MHS32-1L) for histological examination of cell morphology and extracellular matrix deposition. Briefly, for immunofluorescence staining, tissue sections were labelled with primary antibody against human type I, type II, and type X collagen (1:200 dilution of anti-human rabbit type I collagen, Cedarlane, Canada, #CL50111AP-1; 1:200 dilution of mouse anti-human type II collagen, Developmental Studies Hybridoma Bank, United States, #II-II6B3; 1:100 dilution of rabbit anti-human type X collagen, Abcam, UK, #ab58632) and incubated overnight at 4°C (Anderson-Baron et al., 2021). On the next day, the secondary antibody (1:200 dilution of goat anti-rabbit, Abcam, UK, #ab150080; 1:200 dilution of goat anti-mouse, Abcam, UK, #ab150117) and DAPI (Cedarlane, Canada) was applied to visualize the stained components.
Biochemical assays quantified the total content of glycosaminoglycan (GAG) and DNA. Tissue constructs (n = 4 replicates for donors F1-3 and M1-3; n = 3 replicates for donors F4 and M4) were digested overnight with proteinase K (Sigma-Aldrich, United States, #P2308) at 56°C. GAG content was measured with a 1,9-dimethyl methylene blue assay (DMMB, Sigma-Aldrich, United States, #341088). Chondroitin sulphate (Sigma-Aldrich, United States, #C8529) was used to generate the standard curve. DNA content was measured with a CyQuant cell proliferation assay kit (ThermoFisher Scientific, United States, #C7026) with different dilutions of supplied bacteriophage λ DNA as the standard.
Mechanical Property Assessment
Detailed sequence of the mechanical testing protocol is included in Supplementary Material S3. A stepwise stress relaxation test (Supplementary Figure S1) was used to assess the mechanical properties of tissue constructs (n = 2 replicates for donor F1-3 and M1-3) with the BioDynamic 5210 system (TA Instruments, United States). The cross-section areas of tissue constructs were measured before mechanical tests. For the test, constructs were placed between two platens and the initial height was determined by bringing tissue to near contact with platens. Constructs were first preconditioned by 15 cycles of sine wave dynamic loading with the amplitude of 5% tissue height at the frequency of 1 Hz. The following stress relaxation test consisted of 3 incremental strain steps. In the first two steps, the constructs were subjected to a 10% strain ramp at the rate of 50% strain/sec followed by 5 min relaxation under constant strain. In the third step, the relaxation time was adjusted to 10 min. All tested constructs were able to reach equilibrium within the given relaxation period. Force was recorded as a function of time, and stress was calculated by normalizing force to construct’s cross-section area. The peak modulus was calculated by dividing the maximum stress measured immediately after each strain increment by the strain increment. The strain was applied in 10% increments up to a maximum of 30% strain.
RNA Extraction, qPCR, and Next-Generation Sequencing
Tissue constructs (n = 2 for donors F1-3 and M1-3; n = 3 replicates for donors F4 and M4) intended for transcriptome analysis were preserved in Trizol (Life Technologies, United States) immediately upon harvesting and stored at −80°C until RNA extraction. RNA was extracted and purified from ground constructs using PuroSPIN Total DNA Purification KIT (Luna Nanotech, Canada) following the manufacturer’s protocol. RNA was reversely transcribed into cDNA, and genes of interest were amplified by quantitative real-time polymerase chain reaction (RT-qPCR) using specific primers (Supplementary Table S1). The expression level of genes of interest was normalized to chosen housekeeping genes (i.e., B-actin, B2M, and YWHAZ) based on the coefficient of variation (CV) and M-value as measures of reference gene stability (Hellemans et al., 2007), and the data was presented using the 2-∆∆CT method (Livak and Schmittgen, 2001; Schmittgen and Livak, 2008). Next-generation RNA-sequencing was performed on the Illumina NextSeq 500 platform with paired-end 42 bp × 42 bp reads, and FastQ files were obtained for further bioinformatics analysis.
Bioinformatics
Next-generation sequencing data were analyzed with Partek® Flow® software (Version 10.0.21.0302, Copyright© 2021, Partek Inc, St. Louis, MO, United States). Raw input reads were first trimmed from the 3′ end to achieve a quality score beyond 20 and then aligned to the reference human genome hg38 using the STAR 2.7.3a aligner. Aligned data were quantified to a transcript model (hg38-RefSeq Transcripts 94–2020–05–01) using the Partek E/M algorithm. Genes with maximum read counts below 50 were filtered out to reduce noise. Quantified and filtered reads were normalized in sequential order using the Add: 1.0, TMM, and Log 2.0 methods. Statistical analysis was performed using analysis of variance (ANOVA) for biological sex and treatment. Within each sex, the donors were assigned as a random variable. Differentially expressed genes (DEGs) for each comparison were determined by p-values, adjusted p-values (q-values), and fold change (FC). Gene ontology enrichment, pathway enrichment, and the visualization of DEGs using Venn diagrams were all conducted in Partek.
Statistical analysis
Statistical analyses were performed in Prism 9 (GraphPad) and Partek® Flow® software. The statistical test used, and p-values and q-values are indicated in the respective figure legends. For analysis in Figure 3B, paired t-test were used between SMG and CHP groups within each sex and unpaired t-test were used between female and male groups within each mechanical treatment. For analysis in Figure 4A, a repeated measurement one-way ANOVA with Geisser-Greenhouse correction was used to compare mechanical treatment groups within each sex and a Tukey’s multiple comparison test was used to find the adjusted p-value between each comparison. Within each mechanical treatment, unpaired t-tests between female and male groups were used. For the male cohort, no statistical analysis was conducted for the SMG group in contraction due to limited data points. For analysis in Figure 4B, repeated measurement one-way ANOVA with Geisser-Greenhouse correction was used to compare different strain levels within each mechanical treatment group and a Tukey’s multiple comparison test was used to find the adjusted p-value between each comparison. Within each strain level, paired t-tests were used to compare CHP and SMG groups. For the male cohort, no statistical analysis was conducted for the SMG group due to limited data points.
RESULTS
Dataset Overview
Transcriptome analysis included the expression profiles of 8 donors (4 females and 4 males), each individually exposed to static, mechanical loading (CHP), and mechanical unloading (SMG) conditions. After preprocessing as described in the methods, 13,361 genes were preserved for downstream analysis.
Transcriptome Profiles of the Engineered Meniscus to CHP and SMG
We first analyzed the overall effect of mechanical loading and unloading on the transcriptome profiles of all donors combined. Summarized results are shown in Figure 2. Fold-change of gene expression levels in the CHP and SMG groups were calculated by normalizing to its corresponding static group. Differentially expressed genes (DEGs) were defined as genes with expression fold-change over 2 and q-value less than 0.05. Mechanical loading from CHP significantly modulated 236 genes, while mechanical unloading from SMG significantly modulated 388 genes. The overlay of DEGs between the two mechanical stimulation groups showed only a small proportion of common DEGs (52 genes), whereas the majority of DEGs were uniquely modulated by CHP (184 genes) and SMG (336 genes) (Figure 2A). These results indicated that CHP and SMG distinctly modulate the transcriptome profile of donors in this study.
[image: Figure 2]FIGURE 2 | Effect of CHP and SMG on the transcriptome profile alteration of engineered meniscus tissues. (A) Overlap of differentially expressed genes (DEGs) by CHP and SMG. (B) Top non-redundant Gene Ontology (GO) terms enriched by DEGs of CHP and SMG. DEGs were identified based on all 8 donors. Top significant enriched GO terms were selected by p-value and plotted to the number of genes included in each term.
The most significant Gene Ontology (GO) terms enriched by the DEGs for CHP and SMG were examined next (Figure 2B). Although the top 3 most significantly enriched Gene Ontology (GO) in biological components were identical for CHP and SMG (“extracellular space,” “extracellular region,” and “extracellular matrix”), the included gene expression profiles were different between the treatment groups. The top 20 genes with the highest absolute fold change participating in the ECM relevant activities in CHP and SMG groups are listed in Table 2. For CHP, most of the genes are signalling molecules or proteins associated with ECM structure remodelling. For SMG, many of the strongly regulated genes played a more general role, such as various growth factors coding genes: IGFBP1, TGFA, and NGF. Among the top regulated genes, only NETO1 and OLFML2A were common between CHP and SMG; these two genes were upregulated in both treatment groups.
TABLE 2 | Top 20 genes with the highest absolute fold change participating in the ECM relevant activities in CHP and SMG groups as compared to static controls.
[image: Table 2]Sex-Dependent Response of Engineered Meniscus to CHP and SMG
Next, we sought to explore the sex-dependent differences in the engineered meniscus responses to CHP and SMG. Therefore, we separated donors into female and male cohorts and evaluated several factors involved in normal cartilage physiology and OA-related alterations. The GAG and type II collagen content are often used to characterize the degree of chondrogenesis for cartilage tissues, and higher content is linked to higher chondrogenic capacity. Type X collagen, on the other hand, is a hypertrophic marker that suggests an OA-like phenotype. The histological staining for GAG by Safranin-O and immunofluorescence labelled type II collagen (Figure 3A) showed highly variable chondrogenic capacities within the female and male cohorts in the baseline static control group. Regardless, tissue constructs exposed to CHP and SMG showed an increase in type II collagen content, with CHP having a generally more pronounced effect. Type X collagen staining intensity was also modulated by mechanical stimulations compared to baseline. A clear increase in type X collagen content was observed in the SMG group, while the CHP group showed comparable type X collagen intensity as the baseline.
[image: Figure 3]FIGURE 3 | Effect of CHP and SMG on the chondrogenic and hypertrophic differentiation potential of female and male donors. (A) Histological and immunofluorescent staining analysis. (B) Regulation of selected genes expression level. Gene expression level of individual samples were measured by RT-qPCR. Fold change of expression level was calculated by normalizing expression level in the CHP or SMG group to its corresponding static group. Scale bar: 100 μm *Represents p < 0.05.
To further pursue sex matters in responses to CHP and SMG, the gene expression of selected markers was examined by RT-qPCR (Figure 3B). In addition to COL1A2, COL2A1, and COL10A1, the transcription factor SOX9 and cartilage-specific proteoglycan core protein ACAN were also quantified. The observed increase of type II collagen level in the CHP group was confirmed quantitatively by gene expression results. The average COL2A1 expression level was upregulated 215.9-fold in the CHP group for the female cohort compared to a 21.4-fold increase in CHP for the male cohort. For ACAN, SOX9, and COL1A2, the CHP group had a higher average fold-change than the SMG group, but the differences between the sexes were not significant. For COL10A1, the average fold-change of expression level was comparable between the CHP and SMG groups for both females and males. However, when taking individual female donors into account, only female donor 2 showed a significant increase in COL10A1 expression level in CHP (8.9-fold) compared to SMG (5.7-fold) group. Generally, CHP, as compared to SMG, reduced COL10A1 expression level for the female cohort. The RT-qPCR data were consistent with the histological observations, providing additional evidence on the cellular and molecular influence of CHP and SMG. The RT-qPCR data also agreed with the RNA-sequencing data, thereby providing additional validation for the observed trends (Supplementary Figure S2).
Sex-dependent differences were also assessed in other related aspects (Figure 4A). Quantitative GAG/DNA measurements showed that CHP increased while SMG decreased the GAG production per MFC. The tissue wet weights showed similar trends as the GAG/DNA ratios; CHP tissues weighed more, and SMG tissues weighed less on average than the static control groups. This difference in tissue wet weight was significant in only the female cohort between treatments. Further, at the end of the mechanical stimulation period, tissue constructs from all three experimental groups contracted to certain degrees. The percentage of contraction (percentage reduction in area) was quantified, and comparison among groups showed that SMG tissues had increased contraction compared to the CHP tissues. The contraction plot is presented as the percentage contracted in Supplementary Figure S4.
[image: Figure 4]FIGURE 4 | Effect of CHP and SMG on chondrogenesis related factors of female and male donors (A) Biochemical and morphological analysis; contraction is calculated as the % of area lost as compared to the original area. No statistical analysis was conducted for the contraction data with the male SMG group due to limited data points (B) Mechanical property analysis. No statistical analysis was conducted for the mechanical property data with the male SMG group due to limited data points (C) Pearson correlation heatmap of analyzed factors. Fold change value of characterized factors was calculated by normalizing the CHP or SMG group to its corresponding static group. Heatmap was generated by calculating the pairwise Pearson correlation coefficient of included factors. *Represents p < 0.05.
The differences among stimulation groups were significant within the female and male cohorts while also significant between female CHP and male CHP groups. For the mechanical properties of tissue constructs, SMG groups showed higher peak modulus at all tested strain levels for both sexes as expected based on contraction results, and the differences of the average fold-change decreased with increasing strain level. No significant differences were observed between female and male cohorts (Figure 4B).
To better understand the relationship among all factors of interest and the sex-dependent differences, a Pearson correlation network (Figure 4C) was generated for both the female and male cohorts with data from all three treatment groups. Some observations mentioned above were further confirmed with correlation coefficients, such as the positive correlation between GAG/DNA and wet weight, the negative correlation between GAG/DNA and contraction, and the positive correlation between SOX9 and COL2A1 expression levels. Overall, the correlation analysis yielded different patterns between the female and male cohorts, especially for two examined genes, ACTA2 and TAGLN, that are characteristic of the contractile phenotype in dedifferentiated articular chondrocytes compared to the other factors (Parreno et al., 2017). The level of contraction was positively correlated with ACTA2 and TAGLN expression levels in both female and male groups, confirming their indication for contraction levels. However, the female cohort showed differently a mostly strong negative correlation between the contractile genes and the rest of the factors compared to the male cohort. ACTA2 and TAGLN activity is associated with cytoskeletal composition and structure (Killion et al., 2017; Tang and Gerlach, 2017), and thus results may suggest sex-dependent differences of cytoskeletal activity in response to mechanical stimulation.
Comparison of Female and Male Transcriptome Response to CHP and SMG
Finally, we investigated the sex-dependent difference in the global transcriptome profile in response to mechanical loading and unloading. Consistent with the DEGs analysis for all donors combined, CHP and SMG uniquely regulated a large proportion of genes within each sex group (Figure 5A). We identified the top 25 enriched KEGG pathways for female and male tissues under CHP and SMG using the corresponding DEG sets (Figure 5B). For CHP, the most enriched KEGG pathway for both female and male groups was “mineral absorption.” Other relevant terms, such as “IL-17 signalling pathway”, “HIF-1 signalling pathway”, and “glycosaminoglycan biosynthesis,” were also observed for both sex groups. Although some of the enriched pathways were shared, a distinct gene profile with different magnitudes and sometimes the direction of modulation was observed for each sex group (Table 3). For example, the NOTUM gene in the Wnt-signalling pathway was significantly upregulated by 6.7-fold in CHP for the female cohort and only 1.8-fold in CHP for the male cohort. A large proportion of the top 25 KEGG pathways enriched by SMG overlapped with the pathways in CHP, but the corresponding gene profiles were different. For example, SMG did not significantly regulate the NOTUM, and it showed the opposite direction between female and male cohorts. The MMP3 gene was downregulated by SMG but upregulated by CHP. Interestingly, in addition to the OA-related KEGG pathways, the “fluid shear stress and atherosclerosis” pathway was enriched for both female and male cohorts, suggesting an effect of mechanical stimulation from CHP and SMG on engineered meniscus constructs.
[image: Figure 5]FIGURE 5 | Transcriptome response of female and male donors to CHP and SMG. (A) Overlap of DEGs of female and male donors exposed to CHP and SMG. (B) Top enriched KEGG pathways by identified DEGs. KEGG terms were selected by p-value and plotted to the enrichment score.
TABLE 3 | Key enriched KEGG pathways and associated differentially expressed genes (DEGs) in CHP and SMG groups as compared to static controls within female and male donor cohorts. *q < 0.05, **q < 0.01, ***q < 0.001 represent statistical difference of the two groups in each fold change value.
[image: Table 3]In relation to mechanobiology of the meniscus, we investigated the transcriptome profile changes of various mechanosensitive molecules such as TRPV1/4, PIEZO1, TMEM63A/B/C, and RUNX2 (McNulty and Guilak, 2015; Servin-Vences et al., 2017; Agarwal et al., 2021; Hwang et al., 2021; Lee et al., 2021). Furthermore, the mechanotransduction function of FOSB in MFCs (Szojka et al., 2021a) was reported by Szojka et al., and its function in the IL-17 signalling pathway was well demonstrated (Benderdour et al., 2002). Finally, Vyhlidal et al. recognized the potential of caveolae molecules such as CAV1/2 in the mechanotransductive mechanism of the meniscus, but this needs to be further verified in future studies (Vyhlidal and Adesida, 2021). The transcriptome changes are summarized in Table 4. Within our dataset, only CAV1, CAV2, and FOSB are significant by q-value for loading regime comparison and sex-based comparison. CAV2 was regulated in the opposite direction by CHP and SMG. CHP upregulated FOSB by 49.5-fold compared to 3.4-fold by SMG. The difference was even larger in female tissues (137.8-fold by CHP and 2.8-fold by SMG), and in comparison, the fold change of FOSB expression was similar by CHP and SMG for male tissues (9.7-fold and 3.7-fold). Other mechanosensitive molecules were not significantly modulated from the treatments. The transcriptome profile changes suggest sex-dependent differences in the mechanotransduction mechanisms as well as varying capabilities to sense cytoskeletal structural changes.
TABLE 4 | Relevant mechanosensitive molecules in CHP and SMG groups as compared to static controls within female and male donor cohorts. *q < 0.05, **q < 0.01, ***q < 0.001 represent statistical difference of the two groups in each fold change value.
[image: Table 4]DISCUSSION
Currently, there is no existing model to reflect the physiological mechanism of OA holistically, but several in-vitro and in-vivo models have been developed to answer questions regarding the mechanisms of OA (Cope et al., 2019). This study aimed to evaluate the effects of mechanical loading and unloading via CHP and SMG, respectively, on the OA-related profile changes of engineered meniscus tissues and explore biological sex-related differences. This can serve as an in-vitro model to investigate the cellular and molecular profiles responsible for the sex-dependent incidence of OA disease.
Cartilage is a highly mechanosensitive tissue, and appropriate levels of mechanical stimulation are crucial for homeostasis and healthy cartilage development. Mechanical stimuli are transmitted by the pericellular matrix (PCM) (Melrose et al., 2006; Youn et al., 2006) to the chondrocyte surface and sensed by mechano-receptors, triggering a cascade of downstream activities (Zhao et al., 2020). The importance of mechanical loading under normal gravity environments has been demonstrated by studies examining the protective effects of moderate loading against tissue degradation as well as investigating the unwanted consequences from unloading. From several in-vitro and in-vivo models, mechanical loading has been shown to attenuate inflammatory cytokine-induced expression of matrix-degrading enzyme (Ohtsuki et al., 2019), upregulating the content of sulphated glycosaminoglycan (sGAG), aggrecan, cartilage oligomeric matrix protein, type II collagen, and lubricin (PRG4) (Antunes et al., 2020), and modulating relevant pathways such as the HIF-1 (Huang et al., 2017) and IL-4 (He et al., 2019) signalling pathways. On the contrary, prolonged mechanical unloading by space flight has been shown to accelerate cartilage degeneration (Herranz et al., 2013; Fitzgerald, 2017; Fitzgerald et al., 2019). Although several studies suggested that SMG was beneficial for preserving a chondrogenic phenotype through induction of 3D aggregates from monolayer cultures (Aleshcheva et al., 2015; Wuest et al., 2018; Wehland et al., 2020) and promoted cartilaginous components deposition for scaffold cultures (Freed and Vunjak-Novakovic, 1997), the degree of hypertrophic differentiation was not investigated in these studies. Through regulation of key genes and molecular pathways, SMG was also reported to increase activities associated with cartilage catabolism (Stamenković et al., 2010; Wang et al., 2010; Laws et al., 2016) and promoted hypertrophic differentiation of chondrocytes (Jin et al., 2013; Weiss et al., 2017).
In addition to cartilage, the meniscus also plays a critical role in the biomechanics of the knee joint. Evidence has shown that the role of meniscus fibrochondrocytes (MFCs) in response to mechanical signals affects the physiological, pathological, and repair response of the meniscus (McNulty and Guilak, 2015). The PCM of MFCs is also involved in mechanotransduction, although it may play a protective role against larger stresses and strains (Gupta and Haut Donahue, 2006). Various in-vivo studies have documented that mechanical stimulation can drive both anti- and pro-inflammatory responses in MFCs (Ferretti et al., 2005; Killian et al., 2014), as well as the detrimental effects of mechanical unloading from joint immobilization on meniscus development, function, and repair (Videman et al., 1979; Klein et al., 1989; Anderson et al., 1993; Djurasovic et al., 1998; Mikic et al., 2000; Bray et al., 2001). Additionally, several in-vitro studies have shown the anabolic effect of mechanical loading on MFCs with enhanced meniscus ECM components like ACAN expression and collagens and mechanical properties (Aufderheide and Athanasiou, 2006; Puetzer et al., 2012). Finally, there have been various in-vitro meniscus repair models that utilized mechanical loading to suppress IL-1 mediated increases in MMP activity, enhance sGAG production, and increase integrative strength of the engineered tissue constructs (McNulty et al., 2007; McNulty and Guilak, 2008; McNulty et al., 2010; Riera et al., 2011; McNulty and Guilak, 2015).
Consistent with these previous reports, our results showed that mechanical loading via CHP increased the deposition of type II collagen and aggrecan, supported by immunofluorescence staining and gene expression analysis. In addition, the Safranin-O staining and biochemical quantification of GAG production per cell confirmed that CHP increased the chondrogenic potential of meniscus MFCs. As expected, the wet weight of engineered constructs in the CHP group was the highest among the three treatment groups since the GAG is a major water-binding component of cartilage (KIANI et al., 2002). The ratio of COL2A1 to COL1A2 has also been used to evaluate chondrogenic capacity (Wuest et al., 2018; Wehland et al., 2020), and in our results, CHP substantially increased the COL2A1/COL1A2 ratio compared to SMG groups. Although upregulation of type II collagen deposition and COL2A1 expression was observed in the SMG groups compared to static controls, the magnitude of upregulation was not less than in the CHP groups. The GAG/DNA ratio of the SMG group was also lower than static controls in addition to a stronger intensity of type X collagen staining. Taken together, our data highlights the detrimental effect of SMG on the chondrogenic capacity of the engineered meniscus and suggests that mechanical unloading increases the hypertrophic differentiation of MFCs, driving them to display OA-like characteristics.
To the best of our knowledge, this is one of the first studies to investigate the effect of mechanical loading and unloading on cartilage models by examining global transcriptome profile alterations. The ECM of chondrocytes is crucial for regulating key functions through receptor-mediated matrix-cell interactions. The composition of the ECM and the bound signalling molecules largely influences the chondrogenic capacity of embedded chondrocytes (Gao et al., 20142014). By overlaying the DEGs, we found that CHP and SMG regulated MFC functions through largely different mechanisms. As listed in Table 2, several Wnt-signaling pathway-related genes were strongly regulated by CHP, in addition to various matrix remodelling enzymes. But for SMG, the genes with the highest fold-change functioned in more general ways, such as the several growth factors encoding genes identified to regulate general development processes. The KEGG pathway analysis also showed that several chondrogenesis- and OA-related pathways such as mineral absorption, Wnt-signalling pathway, HIF-1 signalling pathways, and IL-17 signalling pathway were enriched by both CHP and SMG. However, the expression profile of related genes in terms of magnitude and direction was quite different (Table 3). It is worth mentioning that no sex hormone-related pathways were present in the top enriched pathways. Thus, the observed sex-dependent differences are independent of differences between sex-related hormones. Taken together, the comparative transcriptome analysis suggested a distinct effect of CHP and SMG on regulating chondrogenesis, but further investigations are needed to determine the specific underlying mechanisms.
The cellular and molecular mechanisms behind the well-documented sex discrepancy in OA incident rates are poorly understood. Many factors are believed to contribute to the higher incidence and severity of OA in females, such as age, psychosocial status, metabolic variables, hormonal differences, anatomical variations, and inflammatory disease (Ferre et al., 2019). While the focus of many previous studies was mainly on bone shape (Yang et al., 2014; Wise et al., 2016; Frysz et al., 2020), gait kinematics (Phinyomark et al., 2016; Ro et al., 2017; Allison et al., 2018), and sex hormones (Zazulak et al., 2006; Brennan et al., 2010; Boyan et al., 2013b; Wang et al., 2013; Antony et al., 2016), little effort was invested into determining differences in the global transcriptome profile. Two studies reported that female OA patients have higher levels of inflammatory cytokines in the synovial fluid than males (Hooshmand et al., 2015; Kosek et al., 2018), but the underlying signalling mechanism was not investigated. To explore the sex-dependent differences in OA pathogenesis, we separated our donor cohort based on sex and compared the OA-related characteristics.
Although the female and male donor cohorts included in this study showed highly variable trends in terms of histological and immunofluorescence staining for cartilage markers like aggrecan and type II collagen, an expected similar trend was observed for COL2A1, SOX9, ACAN, and COL2A1/COL1A2 average fold-change levels across donor and treatment groups. The average fold change level for COL10A1 was comparable between the CHP and SMG groups for both sexes. However, one female donor showed significantly higher fold-changes for COL10A1 while the remaining female cohort showed a generally reduced expression of COL10A1 in CHP compared to SMG, but not significant. The observed deposition of type X collagen in immunofluorescence staining shows high variability, and sex-dependent differences are difficult to elucidate. Our results suggest overall that at the protein level, the effect of mechanical stimulation is more dominant than sex differences for the deposition of cartilaginous components.
A significant sex-dependent difference was observed for tissue contraction between female and male CHP groups. Additionally, the Pearson correlation network generated for the female and male donor cohorts shows clear sex-dependent differences in expression trends between contractile genes ACTA2 and TAGLN in relation to the other factors investigated in this study. Firstly, the measured contraction based on the percentage of reduction in tissue area positively correlated with ACTA2 and TAGLN expression levels in both female and male cohorts. This suggests that these contractile genes are indeed correlated with physical contraction levels in our study. Interestingly, ACTA2 and TAGLN expression levels in relation to other factors show distinct sex-dependent differences. Among the female cohort, the contractile genes showed a mostly strong negative correlation with the other factors, while the genes in the male cohort showed a generally positive correlation. Mechanical loading has been suggested to mediate the function of chondrocytes by stimulating the reorganization of cytoskeleton (Killion et al., 2017; Tang and Gerlach, 2017). And simulated microgravity was also reported to alter the structure of cytoskeleton components (Wehland et al., 2020) and regulate the expression of several cytoskeletal genes (Aleshcheva et al., 2015). Since ACTA2 and TAGLN activity is associated with cytoskeletal composition and structure, the opposite trend in correlation with other factors between the female and male cohort may suggest sex-dependent differences from cytoskeletal activity in response to varying levels of mechanical stimulation. Furthermore, the mechano-sensitive gene FOSB in the IL-17 signalling pathway was identified in our dataset to show a 137.8-fold upregulation from CHP in the female cohort while only observing a 9.7-fold increase in the male cohort. This may suggest sex-dependent differences in the mechanotransduction mechanisms as well as varying capabilities to sense cytoskeletal structural changes arising from mechanical stimulation.
There are several limitations to our model explored in this study. Firstly, we did not have any tissue samples from OA patients to confirm the OA-phenotype observed in our model. However, the modulation of several OA markers (Kiraly et al., 2017) from SMG such as the upregulation of MMP13 and the increased staining of collagen type X, reasonably suggest that the SMG treatment is pushing the engineered tissues constructs towards an OA-phenotype, and this effect is likely to increase with longer treatment periods. Another limitation is that even prolonged joint mobility under normal gravity can induce an OA-phenotype, and thus the static group in this study may also serve as an alternate condition for simulating OA. However, the static group here is meant as a baseline control between the two mechanical treatments and serves to reduce donor-to-donor variability by normalizing measurements to the static control within each donor. Finally, a limitation in our model is that although the engineered meniscus constructs contain the necessary component of fibrocartilage, the tissue microenvironment experienced by the cells is likely different from that of the native meniscus. In particular, the cells in the native meniscus may respond differently to receptor-mediated cell-ECM interactions from mechanical load than in the engineered meniscus models, especially due to differences in the matrix stiffness. We hope to address this limitation in our future studies by evaluating cytoskeleton factors and measurements and using substrates with tunable stiffnesses such as hydrogels.
CONCLUSION
Taken together, our data suggest that engineered meniscus tissues responded to mechanical loading and unloading via CHP and SMG in a sex-dependent manner. Mechanical unloading via SMG was shown to induce an OA-like profile, while mechanical loading via CHP promotes elements of chondrogenesis. Within each mechanical stimulation group, female and male donor cohorts show sex-dependent differences in the magnitude and direction of many differentially expressed genes, as well as tissue contraction and correlation of contractile genes with the other factors investigated in this study. The combination of CHP and SMG can feasibly serve as an in-vitro model to study the cellular and molecular mechanisms of KOA and provide a platform for exploring potential drug-targetable pathways as therapeutics.
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Research has shown that the surrounding biomechanical environment plays a significant role in the development, differentiation, repair, and degradation of tendon, but the interactions between tendon cells and the forces they experience are complex. In vitro mechanical stimulation models attempt to understand the effects of mechanical load on tendon and connective tissue progenitor cells. This article reviews multiple mechanical stimulation models used to study tendon mechanobiology and provides an overview of the current progress in modelling the complex native biomechanical environment of tendon. Though great strides have been made in advancing the understanding of the role of mechanical stimulation in tendon development, damage, and repair, there exists no ideal in vitro model. Further comparative studies and careful consideration of loading parameters, cell populations, and biochemical additives may further offer new insight into an ideal model for the support of tendon regeneration studies.
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INTRODUCTION
Tendons are connective tissues responsible for transmitting the force generated by muscles to bones. Although their structure and composition allow them to tolerate repetitive forces during daily activities, excessive or abnormal applications of force can cause tendon damage or rupture. Tendon repair can be difficult due to the hypocellular and avascular nature of tendon tissue. Emerging tissue engineering strategies continue to be developed with the goal of augmenting current treatment approaches as well as the development of novel therapies for the treatment of tendon injuries. Although exposure to excessive force contributes to tendon injury, mechanical loading of tendon tissue also plays an important role in appropriate tendon healing. As a result, in vitro mechanical stimulation studies attempt to understand the effects of mechanical load on tendon and connective tissue progenitor cells that have the potential to differentiate into tendon cells. These models have allowed researchers to observe the effects of mechanical loading on these cells with regard to tendon gene expression, cell morphology, protein production as well as more gross tissue properties including cellular alignment and tensile strength. This review aims to summarize and compare the different cellular mechanical loading models used in the study of tendon mechanobiology and highlight how the designs of these models have evolved over time in the effort to recapitulate the complexity of forces exerted upon tendon tissues in vivo. First, we contextualize our discussion with an introduction to current understanding of native tendon structure and biomechanics. We then discuss how explanted tendon, 2D, and 3D models have contributed to our understanding of the effects of mechanical stimulation in the effort to recapitulate the native tendon architecture in the in vitro setting. We conclude by identifying existing gaps in knowledge and possible directions for future work within the field of in vitro mechanical loading research.
STRUCTURE AND BIOMECHANICS OF TENDON
Structure of Tendon
Tendons are hypocellular structures that largely consist of water and extracellular matrix (ECM), with water making up 55–70% of the tissue mass.(Jaiswal et al., 2020). ECM is predominantly composed of various types of collagen protein molecules. Type I collagen accounts for 60–85% of the total dry weight of tendon tissue (Docheva et al., 2015), whereas type III collagen accounts for 1–5% of the total collagen content.(Liu et al., 1995; Lim et al., 2019). There are also small amounts of other collagen proteins, such as type II, IV, V, XII and XIV collagen (Wang, 2006; Wang et al., 2018a). Type III collagen plays an important role in regulating the size of type I collagen fibrils, while type V collagen, found in the center of fibrils, is thought to act as the template for fibrillogenesis. (Thorpe and Screen, 2016).
Tendon’s mechanical properties can be attributed to its hierarchical structure of collagen fibrils (Trelstad and Hayashi, 1979; Wang, 2006). At the molecular level, collagen’s triple helix structure allows tendon tissues to have sufficient mechanical strength. (Fratzl et al., 1998). The intermolecular sliding of collagen within tendon facilitates deformation in a linear fashion with application of strain (Kelc et al., 2013). Collagen fibrillogenesis, or the formation of fibrils from the collagen molecules, is an important multi-step process that determines the functionality of the overall tendon. There has been debate on how this process unfolds as tendons mature. Some believe that collagen molecules assemble to form fibril intermediates, which then assemble end-to-end to create longer and mechanically functional fibrils. These longer fibrils then interact laterally, forming fibrils of a larger diameter. In contrast, Kalson et al. have suggested that end-to-end and lateral fusion events do not contribute to fibril growth, as serial microscopy has revealed few fusion events during development, and the number of fibrils does not decrease as expected with fusion. (Kalson et al., 2015). Rather, collagen molecules may accrue on fibril ends, growing in a binding site- and structure-specific mechanism as described by the surface-nucleation-and-propagation (SNP) model. (Holmes et al., 1998). Collagen fibril bundles form fibers, which in turn form the fascicles of tendon tissues. These structures are arranged parallel to the long axis of tendon tissues, which give tendon tissue its hallmark tensile strength (Wang, 2006). Some authors have posited that fascicles are further organized into a spiral formation (Kannus, 2000; Ottani et al., 2002). While some argue that such a structure would make transference of force to bone less efficient, this architecture may be better suited to resisting flexion, compression, and multidirectional forces.
Non-collagenous proteins found within tendon extracellular matrix (ECM) consist of a variety of proteoglycan (PG) molecules (e.g. decorin, fibromodulin, lumican, and fibromodulin), glycoproteins (e.g. tenascin C, fibronectin, lubricin, and laminin) and glycosaminoglycans (Humphrey et al., 2014). The hydrophilic nature of these proteins help the structure to retain high water content, which provides some resistance to physiologic compression forces and inter-fascicular sliding (Jozsa et al., 1989; Kirkendall and Garrett, 1997; Martin et al., 2003; Vogel, 2004; Kohrs et al., 2011; Docheva et al., 2015; Wunderli et al., 2020). In addition, proteoglycans play important roles in collagen fibrillogenesis. Lumican, fibromodulin, decorin, and biglycan all play a role in stabilizing fibril formation and maturation, as knockout mouse models demonstrate that elimination of these proteoglycans result in weaker tendons and increased fibrosis (Robbins et al., 1997; Ezura et al., 2000; Zhang et al., 2009). Proteoglycans may also play a role in attenuating strain experienced at the cellular level. Studies have found that the levels of strain transferred to cells in synthetic scaffolds differ from native levels, as significant strain attenuation occurs from the tissue level to the cell level (Cheng and Screen, 2007). At times, levels of strain estimated on synthetic scaffolds can overestimate native tissue strain by 20–60% (Han et al., 2013). The authors further found that cells in the PG-rich portions of the sample experienced less strain than those in more fibrous areas, suggesting that PGs may affect the local mechanical response, possibly through support of collagen fibrillogenesis or facilitation of resistance to compression or sliding forces.
Biomechanical Properties of Tendon
Tendon tissues have specialized mechanical properties and have features of linear elastic material models as well as viscoelastic material models. In fact, mathematical methods termed quasi-linear viscoelasticity models have been used to model tendon tissue’s mechanical behavior (Woo et al., 2000).
The stress-strain curves of tendon tissues are of particular interest because they demonstrate their intrinsic tensile strength during pull-to-failure testing. When using linear elastic material models to describe tendon mechanical properties, the stress-strain curves have three regions, including the toe region, the linear region, and the yield or failure region. (Hooley et al., 1980; Lieber et al., 1991). The toe region corresponds with stretching of crimped fiber bundles, which continues until 2% of strain (Wang, 2006). Within the toe region, the crimp pattern of tendon fibers is stretched; it is recovered when the stress disappears (Lim et al., 2019). Within the linear region (2–6% strain), the slope of the stress-strain curve appears to be constant as it is the inflection point where the curve transitions from strain stiffening to strain softening. This region is also the point at which the tangent modulus reaches its maximum value. Studies have found that over 4% strain can cause microscopic damage during the sliding of collagen fibrils (Thompson et al., 2017). The failure region of the stress-strain curve demonstrates macroscopic tears associated with strain values over 8–10% (Butler et al., 2000; Thompson et al., 2017).
Viscoelastic materials demonstrate different mechanical properties depending on the rate of loading (Woo et al., 2000; Robi et al., 2013). One characteristic of viscoelastic materials such as tendons is creep, the deformation of a material in response to constant load (Jaiswal et al., 2020). Creep test or “fatigue” test is used to demonstrate response of tendon to continuous or repetitive loading (Wang et al., 2018a). Creep testing helps explain the relation between time and strain under constant load (Wren et al., 2003). Upon exposure to initial load, the deformation of tendon tissue is temporary, but as the load is sustained, damage accumulates, and the subsequent strength and stiffness of the damaged tendon tissue decreases (Wang et al., 1995). It is also worth noting that the mechanical properties of different tendons varies by tendon anatomic location and function (Wang et al., 1995; Maganaris and Paul, 1999; Shani et al., 2016).
Mechanical loading, even within the range of typical of daily activities, can lead to tendon damage. In vitro mechanical loading studies have reported that mechanical degradation can occur within 24 h of exposure to very low levels of repetitive stress, at a level less than 5% of the ultimate tensile strength of the tissue (Parent et al., 2011). However, this observed in vitro degradation would likely be different in vivo due to the repair mechanisms of host tendon tissues and the associated supporting cells (e.g. resident connective tissue progenitor cells and immune system cells). Based on results of in vitro studies, Wang et al. have suggested that physiologic loading triggers tendon repair, such that the repair counteracts microscopic damage (Wang et al., 2003; Wang et al., 2015). In particular, the therapeutic effects of eccentric loading have been extensively studied in the context of treating Achilles tendinopathy (Fahlström et al., 2003). While human studies reveal that eccentric loading tends to increase the maximum force and the maximum number of repetitions tendons can sustain (Malliaras et al., 2013), the mechanism by which this form of loading has been unclear (O’Neill et al., 2015). A possible explanation can be attributed to complex muscle-tendon interactions, by which the muscle shields tendon from stress by storing energy or increasing tendon stiffness, thereby reducing damage (Sugisaki et al., 2011; Roberts and Konow, 2013; O’Neill et al., 2015). Neuromodulatory effects that facilitate adaptive or protective motor patterns may also explain therapeutic effects of eccentric loading (Rees et al., 2008; Rio et al., 2016). These interactions of the tendon with the surrounding tissue have only been captured in live patients or animal models. Therefore, effects of repair may be more significant in vivo, in the presence of supporting cells and chemical signals which may more readily trigger healing. This may explain the discrepancy between ruptures observed with creep testing of explanted tendon tissues and the long-term functionality of tendon tissues in vivo (Wang et al., 2018a).
However, some degree of mechanical stimulation is required to maintain normal tendon structural and mechanical properties. Live studies have revealed that stress shielding can cause deterioration of tendon tissue. Early studies assessing the effects of completely releasing stress in various live animal models revealed that collagen bundles were less aligned, and fibrils tended to be smaller in diameter (Muellner et al., 2001; Majima et al., 2003). Stress shielding also decreased the mechanical strength and strain-at-failure of collagen fascicles (Yamamoto et al., 1999). These studies reaffirm that some level of mechanical stimulation may be essential to optimal maintenance and repair of tendon structure in vivo; this suggests that complete deprivation of stress in the in vitro setting may cause tenocytes and tendon explants to lose tendon-like properties as well.
While tensile loads are the main mechanical stress to which tendon are exposed, other forces may contribute to physiologic or pathologic responses to applied forces. Compressive forces have been suggested as a cause of tendon damage.(Almekinders et al., 2003; Hamilton and Purdam, 2004). In addition, interfibrillar shear stress and fluid shear stress also have been described in tendon tissue (Arnoczky et al., 2002a; Lavagnino et al., 2008; Szczesny and Elliott, 2014; Szczesny et al., 2015; Lee and Elliott, 2019). Low levels of fluid shear stress resulted in lower levels of collagenase mRNA inhibition, indicating that this form of mechanical stimulation plays a significant role in the preservation of collagen matrix integrity. (Lavagnino et al., 2008). Sliding and rotational behaviors in the fibers of tendon samples have also been observed; studies investigating the transference of applied force to cells also found that applied levels of strain were significantly attenuated at the fiber level, suggesting that these sliding forces may play a role in attenuating forces experienced by tendon. (Cheng and Screen, 2007; Lee and Elliott, 2019). In energy-storing tendons such as flexor tendons, fascicular sliding and interfascicular matrix (IFM) elasticity facilitated these tendons’ ability to resist and recover from higher loads (Thorpe et al., 2015). Thus, sliding forces may play an important role in tendon behavior at multiple levels of organization and moderate the level of strain exerted at the cellular level.
TENDON CELL RESPONSE TO MECHANICAL LOAD
Mechanical stimulation is essential for tendon development, maturation, and repair, but the underlying mechanisms of tendon mechanoresponse elements remain poorly understood. Tendon cell and progenitor cell biology are known to be influenced by mechanical factors, (Engler et al., 2006), the response to which is mediated by the ECM itself, mechanosensors, and effector molecules (Banes et al., 1999). Matrix stiffness, discussed later in 2D model studies, has been shown to strongly influence stem cell differentiation, as demonstrated by changes in cell morphology as well as gene expression and protein production. In addition to general mechanoresponse pathways via membrane proteins and signalling cascades, studies have added to a growing body of knowledge of tendon-specific pathways.
Tendon-specific pathways for mechanoresponse have recently been described. (Fang et al., 2020; Passini et al., 2021). At the enthesis, cilia transduce biophysical activity via hedgehog (Hh) signaling to facilitate adaptation to load in an inverse relationship (Fang et al., 2020). Mechanical stimulation caused cilia disassembly, a process disrupted with the loss of Hh signaling. Deletion of ciliary genes in mice resulted in weakened entheses and decreased enthesis mineralization, suggesting that cilia may play a role in the enthesis mechanoresponse mechanisms and may also be influenced to affect pathology resulting from overloading. In late 2021, Passini et al. published their findings that intracellular calcium signaling occurs among explanted rat tendon fascicles in response to stretch (Passini et al., 2021). At low strain rates (0.1% strain/second), tenocytes in their ex vivo model exhibited multiple intracellular Ca2+ signals over a longer duration, while at high strain rates (1.0% strain/second), tenocytes displayed a single shorter duration intracellular Ca2+ response. They also noted that, as strain rate increased, higher tissue stretch was required to elicit a response among 50% of the cells in their model. Passini et al. also demonstrated that tenocytes, which reside between collagen fibers and are thus exposed to mechanical shear during tissue stretching, are able to detected these shear-stress forces via the mechanosensitive ion channel PIEZO1. The authors proposed that the Ca2+ signals observed in their experiments may in turn activate enzymatic cross linking of collagen, contributing to increased tendon stiffness and strength and, ultimately, affecting physical performance This pathway suggests a mechanism by which tendon mechanoresponses to shearing and stretching forces are optimized in order to maintain tendon morphology and biomechanical properties.
More generally, cells, including those in tendon, may detect mechanical stimulation via transmembrane proteins that are integrated with cytoskeletal elements and non-receptor signaling molecules. Though studied in other mesenchymal cell populations and not unique to tendon, these pathways nevertheless play an important role in guiding the cellular response to mechanical stimulation. These mechanosensing cellular structures and surface molecules include integrins, cadherins, and connexins. (Chrzanowska-Wodnicka and Burridge, 1996; Lavagnino et al., 2011; Leckband et al., 2011; Schiele et al., 2013). For example, forces on ECM-integrin-cytoskeletal linkages may initiate signal pathways by altering protein folding or binding affinity. For example, studies have shown that stretching forces can expose binding sites on fibronectin promoting self-assembly into fibrils. (Morla and Ruoslahti, 1992; Zhong et al., 1998). Cytoskeleton deformation by mechanical stimulation can also alter transcriptional activities within the cell.(Wang et al., 2009; Tajik et al., 2016). Integrins can sense forces to which a cell is exposed and then propagate that forces to the actin cytoskeleton, nuclear laminins and eventually chromatin, which causes stretching and access to target genes for transcription.(Tajik et al., 2016). Pathways for stem cell differentiation may also be activated in this manner where actin filaments rapidly polymerize and depolymerize in response to mechanical loading, which in turn leads to translocation of MKL1 (megakaryoblastic leukemia 1) into the nucleus. MKL1 protein is shown to interact with the beta catenin (Wnt) and Smads (TGF-beta) pathways, which can further guide cellular differentiation, migration, and cell cycle regulation.(Scharenberg et al., 2014). Increased MKL1-actin activity reduces chromatin access, leading to reduction of cell pluripotency.(Hu et al., 2019).
The YAP/TAZ pathway may be another non-specific pathway that may be activated in response to tendon mechanical stimulation. YAP (Yes-associated protein) and TAZ (transcriptional co-activator with PDZ-binding motif) effector proteins in the Hippo pathway have been found to be influenced by ECM stiffness and cytoskeleton organization. (Dupont et al., 2011). YAP/TAZ play a key role in regulating the quiescence, proliferation, and differentiation of adult progenitor cells in multiple tissues including tendon. (Heng et al., 2020). In an environment with a stiff ECM or cellular attachment substrate, increased integrin clustering and focal adhesion formation increases F-actin polymerization, which in turn induces cell spreading. This then promotes translocation of YAP/TAZ into the nucleus, which consequently increases osteogenesis via upregulation of RUNX2 and downregulation of PPAR-γ. On soft substrates, cells retain a rounder shape due to less focal adhesion formation and actin polymerization, which sequesters YAP/TAZ to the cytosol. This sequestration consequently downregulates RUNX2 (runt-related transcription factor 2) and upregulates PPAR-γ (peroxisome proliferator-activated receptor gamma), driving adipogenesis. In particular, TAZ activation has been consistently reported to play a role in osteogenesis, while the role of YAP remains controversial.(Heng et al., 2020). However, Yeung et al. have reported upregulation of YAP/TAZ target genes during tendon development, possibly reflecting the concurrent deposition of ECM components. (Yeung et al., 2015).
IN VITRO TENDON CELL LOADING MODELS
Numerous loading models have been developed to study the mechanobiology of tendon. The scope of this review is limited to in vitro loading models, which can be grossly separated into explant, 2-dimensional (2D), or 3-dimensional (3D) loading models. The ideal in vitro model and loading conditions for tendon tissue engineering recapitulates the various mechanical forces transmitted through the ECM in vivo to native tendon cells while also maintaining cell viability. Desirable characteristics of optimal tendon tissue models include the generation of a well-aligned cellular morphology, the differentiation of progenitor cells towards a tendon-like phenotype, and the production of ECM proteins commonly observed among tendon tissues.(Butler et al., 2000; Brennan et al., 2018). These models must also have the capacity to tolerate the application of physiologically-relevant forces. Tendon tissues in vivo are usually subjected to uniaxial loading at a level of approximately 4–6% strain, (Screen et al., 2004), though higher and lower amounts of uniaxial loads may be utilized to replicate pathologic states. Tendon-derived stem cells (TDSCs) are endogenous progenitor cells within tendon tissues and have been isolated from both animal and human sources (Rui et al., 2010; Lui and Chan, 2011). While TDSCs may be the most relevant MSC population for tendon regeneration research, studies have found that bone marrow or adipose derived MSCs are robust alternatives.(Yin et al., 2016; Youngstrom et al., 2016). The following two sections summarize the main categories of in vitro tenogenic mechanical loading models as well as key principles and findings associated with the use of these models.
Ex vivo Tendon Loading Models
Tendon explants as an ex vivo loading model provide useful insight into the mechanical behavior of isolated tendons. Native cell-cell and cell-matrix interactions are preserved and may thus be investigated, providing information not otherwise available through 2D and 3D models. 2D and 3D models also currently lack the heterogeneity in cell population found in native tendon.(Viganò et al., 2017). These mechanical studies produced some of the earliest knowledge about cell-cell interactions, intrinsic tendon mechanical properties, cell viability and growth, and gene expression.
Strain levels used in ex vivo studies range from 1 to 9%, though strains of 20–30% have been applied to model tendon injury.(Scott et al., 2005; Legerlotz et al., 2013). A general summary of the outcomes of different levels of applied strain is given in Table 1, and loading parameters used in individual studies are given in Supplementary Table S1. Cyclic strain from 1 to 3% on tendon fascicles and whole-tendon samples have been sufficient to preserve tenocyte-like morphology and tendon specific gene expression, (Maeda et al., 2009; Wang et al., 2013; Wunderli et al., 2018; Tohidnezhad et al., 2020), but matrix deterioration and reduced maximum stress and energy density were also noted at these levels of strain.(Devkota et al., 2007; Wang et al., 2013). Physiologic loads of 5–6% also yielded increased collagen production and can rescue unloaded tendon samples from pathologic changes.(Wang et al., 2015). Overloading of explants revealed degenerative changes in ECM and increased apoptosis and inflammatory markers.(Legerlotz et al., 2013; Wang et al., 2013). Failure-loaded samples were notable for collagen fiber kinking and denaturation.(Szczesny et al., 2018). Interestingly, the lack of change in tissue modulus suggests that changes in tissue architecture initiate the first changes in tenocyte phenotype and cell viability during injury. This hypothesis has been supported by Freedman et al.‘s work which found that macroscale damage and matrix disorganization caused by fatigue loading propagates down to cellular level; damaged matrix may transmit forces differently than uninjured matrix, thus spurring differential cellular responses.(Freedman et al., 2018). In summary, low to physiologic loading preserved and sometimes rescued tenogenic genes and ECM production in explants, while high strains more consistently caused structural damage, which consequently affects cellular responses due to changes in detected mechanical strain.
TABLE 1 | Overview of outcomes of applied mechanical strain to tendon explants and fascicles.
[image: Table 1]Because researchers can avoid the challenges in finetuning scaffold properties in ex vivo studies, important findings have been produced from comparing different loads. Interestingly, ex vivo studies of tendon explants from various species have revealed that healthy tendons can demonstrate auxetic behavior when placed under biaxial strain—that is, the tendons become thicker, rather than thinner, when stretched.(Gatt et al., 2015). Furthermore, this auxetic behavior was highly influenced by tendon microstructure, which may be compromised by damage due to excessive loads or altered tendon biology. A 3D hydrogel scaffold with auxetic properties was developed to aid in future tendon-to-muscle regeneration (Warner et al., 2017), but beyond cell viability studies, there remains little information about the effects of this scaffold with regard to guiding tenogenic differentiation among mesenchymal progenitor cells.
Two-Dimensional (2D) Loading Models
Two-dimensional loading models study the effects of mechanical stimulation, with or without additional dynamic loading, on cells grown in monolayer. In the case of dynamic loading, cells adhere to a flexible material to which mechanical strain can be applied. The stiffness of the substrate on which cells are plated has also been shown to affect tenogenic gene expression among progenitor cells.(Sharma and Snedeker, 2010). Most other models, including commercially available units such as those made by Flexcell®, use the cyclical application of negative pressure (via a vacuum device) to homogenously apply mechanical strain to the flexible material and the attached cells. This provides customizable loading conditions for experiments. 2D models mainly investigate the effects of deforming cellular cytoskeletons and nuclei, providing an approach to evaluate certain cell differentiation and migration pathways. Depending on the cell population seeded, the aim of the study may be to study mechanical stimulation’s effects on the preservation of tendon-specific genes or morphology in tendon cells or the differentiation of progenitor cells towards a tenogenic fate. However, 2D models lack a substantial ECM component and thus are not well-suited to replicate cell-ECM interactions, which is a major limitation of these techniques.
2D Mechanical Stimulation
Static mechanical stimulation of cells in monolayer may be achieved via specialized plates with defined mechanical properties. Culture plates composed of materials with different degrees of mechanical stiffness, functionalized with type I collagen or fibronectin cellular adhesion molecules, have been reported to guide the fate of bone marrow stem cells (BMSCs) towards tendon or bone phenotypes. Snedeker et al. plated BMSCs onto gel strips with stiffnesses ranging from 10 kPa to 100 kPa and found that increased RUNX2 expression was associated with increased stiffness of a fibronectin-coated substrate. (Sharma and Snedeker, 2010). Gene expression of scleraxis (SCX), tenascin-C (TNC), tenomodulin (TNMD), and collagen III (COL3) have been noted to be increased among cells plated on collagen substrates within a more narrow range of stiffness (approximately 30–50 kPa), even in the absence of additional dynamic mechanical load.(Sharma and Snedeker, 2010, 2012). The authors hypothesize that since SCX expression can be affected by MAP kinase activity, and MAP kinase can be influenced by mechanical stimulation, it is possible that stiffer substrates stimulate a level of MAP kinase activity that does not permit tenogenesis, while softer substrates may provide insufficient mechanical stimulation. Islam et al. found a similar upregulation of tenogenic markers in mesenchymal stem cells (MSCs) plated on type-1 collagen sheets of varying stiffness. Higher levels of SCX were seen in cells on sheets with a modulus of 100 MPa compared to 0.1 MPa.(Islam et al., 2017). In addition, architectural organization of the substrate influenced tenogenesis and ECM formation. 10 MPa collagen sheets with highly aligned fibers demonstrated comparable increases in type-III collagen gene expression and cartilage oligomeric matrix protein (COMP, a protein involved in tendon load resistance) (Smith et al., 1997) as an unaligned 100 MPa sheet.(Islam et al., 2017). Finally, RUNX2 gene expression was significantly increased after 21 days in cells seeded on the 100 MPa sheet, suggesting that the same conditions for stiffness that promote tenogenesis also promote osteogenesis over time.(Islam et al., 2017). Researchers should be aware of the time-dependent and substrate-dependent nature of tenogenic differentiation to achieve optimal conditions for tendon or tendon-like tissue formation.
2D Dynamic Mechanical Loading
Studies of biaxial or uniaxial dynamic loading have also been studied on 2D models. Biaxial loading generates a multidirectional strain (e.g. radial strain exerted on monolayer of cells adherent to a flexible substrate). Although this strain model does not typically replicate typical physiologic tendon loading, cells undergoing cyclic biaxial strain have shown increased proliferation, collagen production, and cell morphology changes similar to those observed among tenocytes.(Zeichen et al., 2000; Goodman et al., 2004; Deniz et al., 2020). Uniaxial strain more closely replicates loads experienced by native tendon cells, and thus the majority of mechanical loading research has focused on the effects of uniaxial strain on tendon and stem cells. Similar to cyclic biaxial strain, cyclic uniaxial strain has also increased collagen I production, cell proliferation, and cell alignment.(Yang et al., 2004; Riboh et al., 2008). As with static loading, duration of application of strain appear to influence cell behavior; for example, Jun N-terminal kinase 1 (JNK) pathway-mediated apoptosis was noted to be elevated over brief applications of cyclic uniaxial strain, however, after long-term exposure to strain, no differences in levels of tenocyte apoptosis were found. This implies that tenocytes may have the capacity to develop stress tolerance during prolonged periods of mechanical loading and this phenomenon may be evolutionarily and functionally beneficial in vivo.(Skutek et al., 2003). Although few studies have directly compared the effects of biaxial versus uniaxial strain on cell behavior, Wall et al. found that biaxial substrate strain induces lower levels of cellular strain compared to uniaxial substrate strain.(Wall et al., 2007). Wang et al. found that while uniaxial strain consistently increased expression of SCX, Mohawk (MKX), and TNMD, biaxial loading actually inhibited expression of those markers.(Wang et al., 2018b).
Customizable mechanical loads have afforded observation of the effects of different levels of strain on tenogenic differentiation and morphology. Though low and high strain generally model tendon behavior seen in pathological conditions, results from these studies have been varied (Tables 2, 3). Loading parameters of studies discussed are included in Supplementary Table S2. Low magnitude loads of 2–4% have increased early gene expression of inflammatory factors and ECM degradation enzymes, (Tsuzaki et al., 2003), and tendon-derived stem cells under low strain have also demonstrated upregulated osteogenic and chondrogenic markers, including bone morphogenic protein (BMP-2) expression. (Chen et al., 2008; Rui et al., 2011). Conversely, low strain loading also increased tenogenic gene expression, including MKX, TNMD, and collagen, type 1, alpha 1 and 2 (COL1A1, COL1A2).(Zhang and Wang, 2010; Kayama et al., 2016). Of note, Kayama et al. did not find an increase in SCX expression with 2% cell strain.(Kayama et al., 2016). It is possible that 2% strain, or the duration of 2% strain used in the study, is insufficient to increase expression of that specific marker.
TABLE 2 | Overview of outcomes of applied mechanical strain to 2D loading studies using human cells (stem cells and tendon fibroblasts).
[image: Table 2]TABLE 3 | Overview of outcomes of applied mechanical strain to 2D loading studies using animal cells (stem cells and tendon fibroblasts).
[image: Table 3]Moderate-to-high physiologic loads of approximately 4–8% increased ECM and tenogenic gene expression, (Chen et al., 2007; Nam et al., 2019), though some studies also noted a concomitant increase in osteogenic, adipogenic, and chondrogenic markers.(Zhang and Wang, 2013; Nie et al., 2021). This may be due to cell types used in the study. Zhang and Wang found that tendon-derived stem cells stimulated by 8% strain expressed higher levels of non-tendon genes, including transcription factor SOX-9 and RUNX2, while tenocytes did not.(Zhang and Wang, 2013). Upregulation of inflammatory cytokine genes including COX-2 and PGE2 have also been noted at 8% strain by Yang et al., (Yang et al., 2005), suggesting that moderate levels of strain can spur some degree of inflammation and tendon matrix breakdown; conversely, the same study found that 4% strain lowered levels of COX-2, matrix metalloproteinase 1 (MMP-1), and prostaglandin E2 (PGE2).
Studies of effects of higher levels of strain from 9 to 12% begin to demonstrate inflammation and cell death thought to be involved in tendinopathy. Cyclic 10% stretching of mesenchymal stem cells resulted in higher gene expression of collagen I and III and tenascin C after 24 h, (Zhang et al., 2008), but tendon cells also transiently upregulated gene expression of angiogenic factors under 10% biaxial strain, suggesting that the development of tendinopathy may involve angiogenesis driven by tenocyte mechanoresponses. (Mousavizadeh et al., 2013). Higher mechanical loads also increased tenocyte apoptosis, inflammatory markers, and pain modulators commonly seen in tendinopathy.(Arnoczky et al., 2002b; Wang et al., 2003). To highlight the complex interactions between tendon biology, ultrastructure and biomechanical properties, interestingly, it has been noted that fatigue loading of tendon explants which is known to cause immediate changes in collagen organization and molecular denaturation is not associated with immediate changes in local tissue modulus suggesting that despite ultrastructural changes there is no immediate effect on tissue mechanical properties.(Szczesny et al., 2018).
In summary, moderate levels of static mechanical stimulation and dynamic load on 2D models may promote tenogenic differentiation of progenitor cells and maintain a tenocyte-like phenotype. Both low and high levels of strain induce inflammatory changes or osteogenic marker upregulation, demonstrating one way tendon may respond to pathological loads with compensatory cellular changes. However, these findings are not consistently reported across all studies, emphasizing the importance of considering other experiment factors. Both the strain level and the duration for which the strain is applied can influence cell behavior. Furthermore, the type of substrate in the extracellular environment can greatly influence study results as the materials composing the substrate may transmit applied forces differently, possibly even attenuating the magnitude of applied forces. As Han et al. have discussed, significant strain attenuation occurs due to the tendon matrix structure, and the direct application of strain to cells on 2D substrates above 4% may be supraphysiologic (Han et al., 2013). The overapplication of strain as a result may explain variable findings in the studies that have explored higher levels of mechanical loading.
Three-Dimensional (3D) in vitro Loading Models
Although 2D models laid the foundation for the study of tendon mechanobiology, the simplicity of the designs limits our understanding of how tendon cells are affected by the surrounding ECM. Compared to 2D models of the same material and growth factors, stem cells seeded in 3D scaffolds more consistently expressed higher levels of tenogenic gene expression, suggesting that the additional cell-matrix interactions play a significant role in guiding cells down a more tenogenic fate (Kuo and Tuan, 2008; James et al., 2011). Wang et al. have also found that the osteogenic and adipogenic differentiation noted in MSCs on a 2D model was inhibited in cells on a 3D scaffold (Wang et al., 2018b). Generally, 3D models contain cells homogenously seeded in a 3D material; scaffolds can be designed such that their architecture promotes cell alignment. Researchers may also apply additional strain by placing the cell-seeded scaffolds in a bioreactor.
Effects of Differential Loading Parameters on 3D Models
Similar to 2D model studies, cells seeded in 3D scaffolds have responded differently to varying levels of strain. Available loading conditions are summarized in Supplementary Table S3. Effects of loading parameters are complicated by the inherent stiffnesses of different scaffolds, but tenogenic markers have generally been upregulated in stem cells at strains of 2.5–10% (Tables 4, 5).(Kuo and Tuan, 2008; Scott et al., 2011) Patel et al. reported increased gene expression of matrix metalloproteinases when tenocytes seeded in a polyethylene glycol dimethacylate (PEGDM) fiber-gel scaffold were placed under 5% strain (Patel et al., 2017). Interestingly, the same authors later found that scaffold modulus and stiffness played a more significant role in influencing gene expression than strain; cells seeded in softer fiber scaffolds with lower moduli had increased interleukin six and matrix metalloproteinase 3 compared to those in stiffer fibers (Patel et al., 2018). Increased osteogenic gene expression was also seen with extended underloading (3% strain) of tenocytes (Wang et al., 2021). Conversely, underloading 3D models also offered insight into tendon injury healing processes; a “tenostruct” created from a combination of tendon explant, tendon progenitor cells, and bone-derived macrophages in hydrogels revealed increased macrophage recruitment and progenitor cell recruitment to the underloaded explant (Stauber et al., 2021). Future research may further examine the interactions of different cell populations in 3D loading models.
TABLE 4 | Overview of outcomes of applied mechanical strain to 3D loading studies using human cells (stem cells and tendon fibroblasts).
[image: Table 4]TABLE 5 | Overview of outcomes of applied mechanical strain to 3D loading studies using animal cells (stem cells and tendon fibroblasts).
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While the finding that moderate physiologic levels of mechanical loading generally spurs tenogenesis or maintenance is not unique to 3D models, these models have allowed for further study of matrix-cell interactions. Scaffold materials and architecture can significantly affect the amount and type of force applied to cells and are thus a main focus in the design of 3D models. Innovation in this respect of bioreactor design, as a result, is considerably higher than seen in the design of 2D loading experiments. Anisotropic materials such as fibrous scaffolds may transfer force heterogeneously to cells, while isotropic materials like hydrogels transfers force more homogenously. However, there are useful applications for both types of materials, and current mechanobiology research is focused on combining the properties of both anisotropic and isotropic materials to capture the complexity of native tendon environment. The following section summarizes findings from studies using 3D loading models.
Hydrogel 3D Models
Hydrogels are a popular 3D in vitro loading model used in tendon engineering studies. Their ability to transfer mechanical strain uniformly to all cells offers a more controlled environment of study. Hydrogel biomaterials range from collagen I to fibrin and even decellularized plant tissue (Garvin et al., 2003; Feng et al., 2006; Contessi Negrini et al., 2020; Herchenhan et al., 2020). Decellularized tendon samples have also yielded an ECM scaffold suitable for cell culture, possibly allowing for future researchers to conduct studies with a model that closely resembles native tendon in both architecture and composition.(Youngstrom et al., 2013; Youngstrom and Barrett, 2016). Synthetic hydrogels (e.g., polyethylene glycol, methacrylated gelatin) provide higher control of the gels’ physical properties, but fibrous architecture is lacking in these substrates without additional processing.(Hiraki et al., 2021). Seeding in hydrogels induced longitudinal arrangement of cells, increased tenogenic gene expression, and increased ECM production, with and without additional growth factors.(Awad et al., 2000; Farhat et al., 2012; Govoni et al., 2017; Herchenhan et al., 2020). Of note, compared to static loading, cyclic application of mechanical strain was found to upregulate tenogenic gene markers in multipotent stem cells, particularly SCX.(Scott et al., 2011). Aspect ratio and cell seeding density were also found to play important roles in guiding cell phenotype, with longer MSC-collagen gels resulting in more organized collagen fiber arrangement and higher seeding densities yielding more aligned cells (Awad et al., 2000; Nirmalanandhan et al., 2007). In addition to cell-mediated matrix remodeling, various methods have been developed to align matrix fibers within hydrogels. One such method includes embedding magnetic particles to provide cells with aligned contact points (Guo and Kaufman, 2007; Hiraki et al., 2021; Xu et al., 2021, 2021).
Further development of 3D printing techniques later allowed for printing of multilayered scaffolds that improve upon the mechanical strength of hydrogels and support greater matrix organization (Rinoldi et al., 2019; Ciardulli et al., 2020). In addition, studies using gels made from extracellular matrix directly derived from tendon and muscle have also offered new insights into the role of tendon-muscle junction proteins in tendon healing. Gaffney et al. found that compared to collagen gels, ECM gels promoted higher expression of paxillin, an intracellular protein linked to focal adhesion turnover; this suggests that collagen gels may lack a component or architecture that affords key cell-matrix interactions involved in tendon healing (Gaffney et al., 2021).
3D Fibrous Scaffolds
Advancements in chemical and biological engineering have brought forth the development of fibrous scaffolds, which have led to new 3D loading scaffolds for tendon regeneration. Fibrous scaffolds provide higher levels of matrix alignment and model the shearing forces created by the sliding and stretching of collagen fibers found in the native tendon (Wu et al., 2018). Today, multiple researchers have used electrospinning methods to create sophisticated, tunable knitted structures of nanofibers whose knitted architecture and flexibility closely mimic the environment created by the native extracellular matrix (Sahoo et al., 2010; Baker et al., 2011). Highly aligned biocompatible fibers could be generated from high-speed spinning of polymer solutions, and the resulting scaffolds also possess greater tensile strength than 2D scaffolds of the same polymers (Bosworth et al., 2013). A nanofiber scaffold facilitated proliferation of bone marrow MSCs, upregulated tendon specific gene expression, and increased collagen 1 and tenascin-C production; moreover, a fibrous scaffold generated tendon tissue of higher strength, improved collagen structure, and greater cell density and alignment (Sahoo et al., 2010; Wang et al., 2016; Tu et al., 2020). Schoenenberger et al. found that a fibrous topography alone was sufficient to promote upregulation of genes for inflammatory markers (e.g., interleukin 1 beta (IL1B), tumor necrosis factor (TNF)) in macrophages and tendon cells, suggesting that nanofiber scaffolds may also be useful in modulating biological responses in tendon healing (Schoenenberger et al., 2020).
To address the nanofiber model’s weak tensile strength, heterogenous fiber architecture, and insufficient mechanical support for clinical translation, later models combined multiple fiber substrates, embedded fibers in a hydrogel, or created microfiber/nanofiber yarns using novel spinning techniques (Liu et al., 2017; Wu et al., 2017; Patel et al., 2018; Lin et al., 2019; Cai et al., 2020). Patel et al. embedded PEGDM fibers in a hydrogel matrix, allowing researchers to replicate the low-shear, high-tension strain experienced by collagen fibers in the native tissue and producing similar findings to collagen based 3D models (Patel et al., 2018). A self-assembling nanofiber hydrogel made of RADA peptides has also been developed and has been shown to promote alignment and growth of tendon progenitor cells (Yin et al., 2020). A polycaprolactone/Poly (l-lactide-co-ε-caprolactone) nanofiber “yarn” developed by Cai et al. promoted tenogenic differentiation of bone marrow MSCs and retained cytocompatibility and biomechanical strength in in vivo rabbit studies (Cai et al., 2020). The nanofiber scaffold thus shows promise as a clinically applicable model for tendon tissue engineering. Further study of the effects of dynamic loading conditions applied to electrospun scaffolds may reveal additional findings about the biomechanical properties of tendon.
3D loading models have afforded researchers greater control over the “matrix” architecture in which they are seeding their cells for study. Consistent with 2D models, moderate levels of loading yielded results indicating tenogenic differentiation or tenocyte maintenance, but the sophistication of the scaffold designs offers a deeper understanding of the effects of the elastic moduli of the substrate itself and the additional forces experienced by native tendon, such as shearing or sliding forces.
CONSIDERATIONS AND FUTURE DIRECTIONS
The study of tendon mechanobiology using mechanical stimulation models has evolved substantially as researchers develop new techniques to more closely model the native tendon environment. The range of loading parameters, cell types, and substrates used in these studies demonstrates the complexity with which researchers must contend. As mechanical loading models grow more sophisticated, researchers must consider several issues when designing studies and translating these approaches from in vitro to in vivo investigations.
As seen above, studies have employed a wide variety of cell types, substrates, and loading parameters. Variability in loading protocols for both 2D and 3D loading models may make it more difficult for future researchers to reproduce results from loading studies. Certain loading parameters that may drive tenogenic differentiation in one study may not elicit significant changes in another. Moderate levels of strain from 4 to 10% more often yielded tenogenic gene expression, but it was not consistently reported in studies whether other effects, such as upregulation of inflammatory markers or osteogenic genes, increased as well. Differences in results may be attributed to cell types or substrates used in the experiments, though there was no consistent trend in what genes each study tested, making comparison between cell types at the same levels of strain difficult. Responses may even vary by tendon type, which has been shown to have variations on mechanical properties and responses to loading (Zuskov et al., 2020). In addition, many bioreactors used in these studies are custom-designed, and the parameters of the reactor design may also influence cellular response. Future bioreactor studies may explore the unique properties of different tendon types, though it is unclear whether the properties seen in explant studies can be replicated in vitro models. Finally, although certain gene expression levels and protein markers are commonly used to confirm tenogenesis, studies often differ in which markers they analyze. For example, examination of ECM gene expression and protein levels may be a useful but incomplete measure of tendon differentiation, as these genes may also be upregulated in chondrogenesis or osteogenesis.
Experimental designs are also increasing in complexity in order to more closely recapitulate the biomechanical environment of native tendon, but the ability to fully capture the complexity of native biomechanical properties remains limited. Tensile strain has proven sufficient to spur some degree of tenogenic differentiation. However, as recent explant studies have revealed, there are still forces at the fascicular level of tendon structure, such as shear stress or sliding, that have not been deeply examined in vitro for their role in governing cellular behavior (Thorpe et al., 2015; Lee and Elliott, 2019). Non-explant in vitro models have yet to reach the point where they can be used to study macroscale responses to mechanical strain. While tensile strain has been shown to sufficiently drive tenogenic differentiation or preserve tendon-specific genes in a cell population, further research is required before constructs generated from bioreactors are comparable to the gold standard of autograft and/or allograft tissues used clinically for tendon repair procedures today.
Current research continues to fill in gaps in our understanding of the cellular properties of tendon as well. For example, we are now learning that cellular populations found in tendon may be more diverse and heterogeneous than previously thought, (De Micheli et al., 2020), and lineage tracing has revealed variation in cell populations seen at different severities, stages of tendon injury, and even age may play a significant role in tendon healing as well. (Dyment et al., 2014; Howell et al., 2017; Moser et al., 2018; Nichols et al., 2019). Also noteworthy are interactions within the musculotendinous unit and bone, which may moderate tendon morphology and thus function at the organ level. (O’Neill et al., 2015). In vitro studies have yet to incorporate this level of cellular and structural complexity into experimental design, but these may be worthwhile to explore in future research as there remains much to be understood about how the cell-level responses seen in vitro studies may be modulated by higher level interactions. Tendons are ultimately composed of hierarchical structures, and certain mechanical properties may only manifest at higher levels of organization which are not yet achieved through current bioreactor models.
In summary, in vitro mechanical loading models of tenogenic cell phenotypes have advanced our understanding of tendon mechanobiology and have equipped investigators with valuable tools to further explore tendon intracellular machinery, its interactions with extracellular matrix and signaling molecules. As discussed in this review, described models are widely varied, offering researchers a diverse range of bioreactors and loading parameters to reference for future research. Each model and loading scheme are associated with unique advantages and disadvantages that can be tailored to address the desired research questions of interest. Moving forward, more sophisticated mechanical loading models that better recapitulate physiologic loading will allow further exploration of the complex interactions between surrounding tissues (bone, muscle, neurovasculature, etc.) and tendon itself. Ultimately, this may deepen our understanding of the relevant molecular mechanisms associated with tendon development and pathogenesis and may provide the foundation for future tendon tissue healing and regeneration approaches.
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Osteoarthritis (OA) is a degenerative joint disease characterized by articular cartilage degradation and inflammation of synovium, the specialized connective tissue that envelops the diarthrodial joint. Type 2 diabetes mellitus (DM) is often found in OA patients, with nearly double the incidence of arthritis reported in patients with diabetes (52%) than those without it (27%). The correlation between OA and DM has been attributed to similar risk factors, namely increasing age and joint loading due to obesity. However, a potential causative link is not well understood due to comorbidities involved with treating diabetic patients, such as high infection rates and poor healing response caused by hyperglycemia and insulin resistance. The purpose of this study was to investigate the effect of hyperglycemic and insulin culture conditions on synovium properties. It was hypothesized that modeling hyperglycemia-induced insulin resistance in synovium would provide novel insights of OA pathogenesis in DM patients. To simulate DM in the synovial joint, healthy synovium was preconditioned in either euglycemic (EG) or hyperglycemic (HG) glucose concentrations with insulin in order to induce the biological response of the diseased phenotype. Synovium biochemical composition was evaluated to determine ECM remodeling under hyperglycemic culture conditions. Concurrent changes in AKT phosphorylation, a signaling pathway implicated in insulin resistance, were measured along with gene expression data for insulin receptors, glucose transporters, and specific glycolysis markers involved in glucose regulation. Since fluid shear stress arising during joint articulation is a relevant upstream stimulus for fibroblast-like synoviocytes (FLS), the predominant cell type in synovium, FLS mechanotransduction was evaluated via intracellular calcium ([Ca2+]i). Incidence and length of primary cilia, a critical effector of cell mechanosensing, were measured as potential mechanisms to support differences in [Ca2+]i responses. Hyperglycemic culture conditions decreased collagen and GAG content compared to EG groups, while insulin recovered ECM constituents. FLS mechanosensitivity was significantly greater in EG and insulin conditions compared to HG and non-insulin treated groups. Hyperglycemic treatment led to decreased incidence and length of primary cilia and decreased AKT phosphorylation, providing possible links to the mechanosensing response and suggesting a potential correlation between glycemic culture conditions, diabetic insulin resistance, and OA development.
Keywords: synovium, type 2 diabetes, insulin resistance, hyperglycemia, osteoarthritis, calcium signaling, shear stress, primary cilia
INTRODUCTION
Osteoarthritis (OA), the most common musculoskeletal disorder, is a degenerative condition that affects an estimated 250 million people worldwide (Rosa et al., 2009; Hamada et al., 2016; Stefani et al., 2019). OA is characterized by articular cartilage degradation, altered subchondral and peri-cartilaginous bone, and synovial inflammation (King and Rosenthal, 2015; Silverstein, 2017). The prevalence of comorbidities among patients with OA is high, contributing to gastrointestinal, neurological, cardiovascular, and endocrine complications (Swain et al., 2020). Type 2 diabetes mellitus (DM) is a common comorbidity in OA patients, contributing to high infection rates and poor healing (King and Rosenthal, 2015; Swain et al., 2020). DM is characterized by chronic hyperglycemia caused by a combination of insulin resistance and a deficiency of insulin secretion or action (Hamada et al., 2016; Röder et al., 2016; Galicia-Garcia et al., 2020).
The association between OA and DM is well supported. More than 90% of patients diagnosed with DM are obese (Bramante et al., 2017). Joint loading due to obesity has been linked to articular cartilage damage in the development and progression of OA (Bramante et al., 2017; Silverstein et al., 2017; Sun et al., 2021). Increasing age is another known cause for the development of both diseases as adults above the age of 65 are more than twice as likely to develop either condition (Piva et al., 2015; Veronese et al., 2019). While the separate incidences of both OA and DM are significant, overlap between the two diseases are also common. DM is often found in OA patients, with higher occurrence of arthritis reported in patients with diabetes (52%) than those without it (27%) (Piva et al., 2015). Conversely, patients diagnosed with OA have a 61% greater risk of developing DM compared to people without arthritis (Dong et al., 2017).
While the connection between OA and DM has historically been attributed to similar risk factors including increasing age and joint loading due to obesity, the effects of hyperglycemia and insulin resistance on synovium and their contribution to OA pathogenesis have not been thoroughly investigated due to the associated comorbidity involved with treating this patient population (Hamada et al., 2016). The synovium is a specialized connective tissue that envelops arthrodial joints and is comprised mainly of fibroblast-like synoviocytes (FLS) (Estell et al., 2017). The tissue maintains the synovial fluid-filled region that delivers a lubricating environment for the articulating cartilage surfaces and serves as a semi-permeable membrane that facilities solute transport across the joint (Blewis et al., 2010; Tamer, 2013; Estell et al., 2017). To this end, this research, comprised of four complementary studies, investigated the effect of hyperglycemic treatment and insulin culture conditions on synovium properties toward the development of an in vitro diabetic synovium model for basic science and translational research applications.
Insulin production and release has been shown to play a protective role in regulating synovial inflammation and catabolism in patients with DM (Griffin and Huffman, 2016; Song et al., 2021). While limited studies have directly investigated the role of insulin on synovium, the anabolic effects of insulin have been thoroughly investigated in a variety of other musculoskeletal tissues including bone, cartilage, and tendon where insulin serves as a vehicle that stimulates cell differentiation, proliferation, and extracellular matrix (ECM) production (Weiss and Reddi, 1980; Maor et al., 1993; Griffin and Huffman, 2016; Wu et al., 2017; Frost et al., 2018; Durgam et al., 2019; Cipriani et al., 2020). However, insulin signaling and metabolic function are impaired under diabetic conditions. This decrease in the protective role of insulin contributes to high infection rates, joint inflammation, and a poor healing response, characteristic of the arthritic disease state (Bustamante et al., 2017). Since glucose and insulin treatments have been implicated in ECM remodeling, study 1 investigated the effect of hyperglycemic and insulin culture conditions on tissue biochemical composition by looking at DNA, glycosaminoglycan (GAG), and collagen content of healthy and OA human synovium explants (Williams et al., 2015). Histological characterization of GAG and collagen distribution was assessed along with expression of glucose transporter 1 (GLUT1), as a specific marker of glucose transport in explants exposed to hyperglycemic culture conditions (Rosa et al., 2009; Li et al., 2021).
Patients with DM can suffer compromised synovium function, as the development of synovial insulin resistance under hyperglycemic conditions reduces the ability of insulin to regulate glucose levels and suppress the production of inflammatory mediators known to stimulate the progression of OA (King and Rosenthal, 2015; Griffin and Huffman, 2016). In DM, the AKT signaling pathway is involved in the regulation of insulin and glucose uptake in adipose tissue (Hamada et al., 2016; Hatting et al., 2018). The AKT signaling cascade begins with the binding of insulin to surface protein receptors. Insulin stimulates the phosphorylation of AKT, causing the translocation of glucose transporters (GLUT) to the cell membrane, which facilitates glucose uptake into the cell (Figure 1) (Mackenzie and Elliott, 2014; Tchetina et al., 2020). Toward efforts to better understand markers of insulin resistance or compromised insulin response in synovium exposed to hyperglycemic and insulin culture conditions, study 2 characterized concurrent changes in AKT phosphorylation and specific gene expression markers implicated in glucose activity and insulin resistance for healthy and non-diabetic OA synovial explants.
[image: Figure 1]FIGURE 1 | Schematic of AKT signaling pathway. Insulin binding to cell surface receptors initiates the signal transduction cascade. Insulin promotes the phosphorylation of AKT which leads to glucose transporter 4 (GLUT4) translocation to the cell membrane. GLUT4 contains specialized vesicles that permit fusion with the cell membrane, allowing glucose uptake into the cell (Wang et al., 2020). Abbreviations: insulin receptor substrates (IRS), phosphatidylinositol 3-kinase (PI3K), 3-phosphoinositide-dependent kinase 1 (PDK1), phosphatidylinositol-4, 5-bisphosphate (PIP2), phosphatidylinositol-3, 4, 5-triphosphate (PIP3).
While the AKT pathway is a downstream marker of DM and OA, it is regulated by upstream calcium influxes (Danciu et al., 2003; Nicholson-Fish et al., 2016). Calcium, a ubiquitous second messenger, is one of the earliest cell signaling events activated by applied physical and chemical stimuli (Yellowley et al., 1999; Estell et al., 2017). In diabetic patients, insulin resistance contributes to a decreased cellular response to external stimuli (Wilcox, 2005; Petersen and Shulman., 2018). However, synoviocytes respond to these mechanical cues to support joint health and modulate inflammation (D’Andrea et al., 1998; Sun et al., 2003; Yanagida-Suekawa et al., 2013, Estell et al., 2017; Falconer et al., 2021). Study 3 monitored intracellular calcium response ([Ca2+]i) to fluid-induced shear stress of healthy and non-diabetic OA FLS that are cultured in hyperglycemic and insulin conditions.
To further explore potential mechanisms for intracellular calcium response to shear stress between the hyperglycemic and insulin treated FLS groups, the effect of glucose on the incidence and length of primary cilia was investigated. Primary cilia are non-motile, microtubule-based organelles that emanate from the cell surface in a variety of vertebrate cells including synoviocytes, and are essential structures implicated in cell mechanotrandsuction (Malone et al., 2007; Lu et al., 2008; Ou et al., 2009; Besschetnova et al., 2010; Rattner et al., 2010; Hoey et al., 2012; Estell et al., 2017; Wheway et al., 2018). A decrease in the incidence of primary cilia has been shown to cause less mechanotransduction, contributing to decreased percentage of cells that respond to fluid shear (Estell et al., 2017). Furthermore, increased glucose concentrations lower the number of ciliated cells (Gerdes et al., 2014; Takahashi et al., 2018). Therefore, study 3 also characterized the incidence and length of primary cilia for healthy and OA FLS in order to determine the effect of hyperglycemia and insulin exposure on cilia properties, providing a potential link between FLS mechanosensitivity and fluid shear.
For healthy and non-diabetic OA synovium, upstream markers of cellular activity via intracellular calcium response and primary cilia properties were linked with downstream markers of compromised glucose activity and insulin resistance via characterization of AKT phosphorylation under hyperglycemic culture conditions. This model of preconditioning with hyperglycemic and insulin treated media can be optimized to confer the diabetic phenotype. Study 4 investigated the effect of hyperglycemic culture conditions and insulin exposure on AKT phosphorylation and upstream markers of cellular activity using diabetic OA synovium. We anticipate that the results from explants containing both comorbidities can be used to further develop an in vitro model of diabetic insulin resistance. By optimizing culture conditions, the diseased phenotype can be conferred from healthy tissue in order to overcome variability associated with age or disease state of patients undergoing total knee arthroplasty.
MATERIALS AND METHODS
Synovium Explant Harvest and Preparation
Human OA synovium explants were harvested (IRB #AAAQ2703) from the region of the joint capsule adjacent to the medial and lateral femoral condyle of three diabetic and non-diabetic subjects each (age 72 ± 7 and 65 ± 6 years old, respectively) during total knee arthroplasty (Table 1) (Stefani et al., 2019). Human synovium from three healthy donors (age 21 ± 2 years old) was obtained from the Musculoskeletal Transplant Foundation (Edison, NJ). Explants were trimmed of excess adipose and outer capsule tissue prior to digestion and cell isolation (Stefani et al., 2019). Human synovium samples were kept separate by donor for experiments.
TABLE 1 | Human donor information. Phenotypes: (A–C) diabetic OA, (D–F) non-diabetic OA, (G–I) healthy. Bold values denote average age and standard deviation of each donor phenotype; Diabetic OA Human (Mean ± SD) denote donors A–C. OA Human (Mean ± SD) denote donors D–F. Healthy Human (Mean ± SD) denote donors G–I.
[image: Table 1]Synovial explants were individually cultured for 7 days in varying glucose and insulin treated groups (n = 3 donors per group, 2 explants/donor). Explants were treated in serum-free Dulbecco’s Modified Eagle’s Medium (DMEM; Gibco) and separated into two groups supplemented with different glucose concentrations: euglycemic (EG; 5.56 mM D-glucose) and hyperglycemic (HG; 12.5 mM D-glucose). Physiologic levels of human recombinant insulin (6.25 μg/ml) were added to both EG and HG groups (EGI and HGI, respectively). Individual explant specimens were cultured in 5 ml media, with media changes three times per week. Synovium explants were collected at day 0 (initial harvest, start of treatment) and day 7 (end of glycemic, insulin treatment).
Biochemistry
Human healthy and OA explants were frozen at −20°C and lyophilized overnight. Samples were weighed and solubilized by incubating for 16 h at 56°C in 0.5 mg/ml Proteinase K (Cat. No. 193504; MP Biomedicals) and Proteinase K buffer containing 50 mM Tris saline, 1 mM EDTA, 1 mM iodoacetamide (Cat. No. 12227-1000; Acros), and 10 mg/ml Pepstatin A (Cat. No. BP2671100; Fisher) (Riesle et al., 1998). DNA content was analyzed using Picogreen (Cat. No. P11496; ThermoFisher), while collagen content was analyzed using an orthohydroxyproline (OHP) assay with a 1:7.64 OHP-to-collagen mass ratio (Stegemann and Stalder, 1967). GAG content was analyzed using the 1,9-dimethylmethylene blue dye-binding assay (Product No. 341088; Sigma-Aldrich).
Media Analysis
Media samples from the synovial explants treated with glucose and insulin were collected during each media change. Day 7 media samples were assayed using Griess Reagent Kit for nitric oxide (NO) determination (Cat. No. G7921; ThermoFisher). Media samples were also assayed for GAG content. To account for temporal variations in the biochemical properties of the specimens, NO and GAG values were normalized to day 0 values.
Histological Characterization
Synovium samples were fixed in 4% paraformaldehyde (PFA), embedded in paraffin wax, and sectioned into 8 µm slices. Sections were stained with hematoxylin and eosin (H&E) to determine cell and matrix distribution, Safranin O for GAG content, and Picrosirius Red to determine collagen distribution. Samples were immunohistochemically stained for GLUT1 (1:250; rabbit monoclonal; Cat. No. ab115730; Abcam) using a 3,3′Diaminobenzidine (DAB) rabbit substrate kit (Cat. No. ab64261; Abcam) following heat-mediated epitope retrieval for 10 min at 95°C in citrate buffer (pH 6.0). The sections were counterstained with Mayer’s hematoxylin (Cat. No. ab220365, Abcam).
AKT Phosphorylation
Following the glucose (EG, HG) and insulin preconditioning period, explants were weighed and placed in lysis buffer containing protease and phosphatase inhibitor cocktail (Product No. PPC1010; Sigma-Aldrich). The tissue was homogenized via bead beating using polypropylene tubes pre-filled with 1.4 mm ceramic beads (Product No. 19-627D; Omni). Relative levels of phospho- and pan-AKT were determined for each glycemic and insulin treated group using an ELISA (Cat. No. PEL-AKT-S473-T; RayBiotech) after day 7 treatment according to the manufacturer’s instructions.
qPCR Preparation
FLS were isolated from healthy and OA synovial explants via type II collagenase (Cat. No. NC9522060; Fisher) digestion and expanded in αMEM containing 10% fetal bovine serum (FBS), 1% PSAM and 5 ng/ml fibroblast growth factor-2 (FGF2) (Cat. No. PHG0021; Fisher) for two passages to obtain a pure population of FLS. For gene expression analysis, healthy and OA FLS were preconditioned in EG and HG medias for 7 days. Cells were collected on days 1, 3, and 7, respectively, and resuspended in RNAlater (Cat. No. AM7020; ThermoFisher). RNA precipitation was performed using Qiagen miRNeasy columns (Cat. No. 74106; QIAGEN). cDNA was synthesized from RNA using the iScript cDNA Synthesis Kit (Product No. 1708891; Bio-Rad) and diluted to 1 ng/µl concentration for PCR. Gene specific master mixes were prepared using the designed primers, and iTaq Universal SYBR Green Supermix (Product No. 1725122; Bio-Rad). RT-qPCR was run on a QuantStudio™ six Flex Real-Time PCR System (Applied Biosystems™). The following primers (Integrated DNA Technologies IDT) were chosen: glucose transporter type 1 (GLUT1), glucose transporter type 4 (GLUT4), hexokinase II (HK2), glucose-6-phosphatase (G6PD), insulin-like growth factor 1 receptor (IGF1R), insulin receptor (INSR), and AKT Serine/Threonine Kinase 1 (AKT1) (Table 2). GAPDH was used as the housekeeping gene, and all samples were normalized to EG controls for each respective timepoint using the 2−ΔΔCt method.
TABLE 2 | qPCR Primer Sequences for glucose metabolism genes. GLUT1: Glucose transporter type 1, GLUT4: Glucose transporter type 4, HK2: Hexokinase, G6PD: glucose-6-phosphate-dehydrogenase, IGF1R: Insulin-like growth factor 1 receptor, INSR: Insulin receptor, AKT1: AKT Serine/Threonine Kinase 1, GAPDH (housekeeping gene).
[image: Table 2]Fluid Shear and Calcium Imaging
FLS were plated in silicone isolators (Grace Bio-Labs) on 5 μg/cm2 collagen type 1 coated glass slides at a cell density of 5.3 × 104 cells/cm2 to obtain a semi-confluent layer (Estell et al., 2017). Cells were pre-conditioned in the same glucose and insulin treated groups for an additional 24 h prior to imaging, with parallel untreated controls. An osmotic control was included, consisting of EG media supplemented with sucrose (EGS).
Changes in intracellular calcium ([Ca2+]i) were tracked via Fura Red-AM (Cat. No. F3020; Life Technologies). FLS were stained using 5 µM Fura Red and incubated for 40 min at 37°C (Estell et al., 2017). Fluid flow-induced shear stress was applied in a parallel plate flow chamber at 0.1 Pa fluid shear stress (Figure 2). Chambers were secured on the microscope stage at room temperature, and unidirectional flow experiments were performed using Hank’s Buffered Salt Solution (HBSS) supplemented with 0.1% fetal bovine serum. Flow studies were composed of a 6-min time lapse with the following stages: a 2-min “baseline” to observe the cells at equilibrium, followed by a “stimulation” with continuous unidirectional flow at 0.1 Pa fluid shear, then 2 min of post-flow relaxation to starting baseline levels (Figure 2). Images of the time lapse were acquired at a rate of 3 s per frame.
[image: Figure 2]FIGURE 2 | Representative FLS calcium transient to fluid-induced shear stress (Estell et al., 2017). Prior to flow (0 s), intracellular calcium response is at equilibrium. [Ca2+]i increased after flow was initiated to a maximum value at 130 s after slight delay (Estell et al., 2017). [Ca2+]i returned to starting equilibrium values when flow is turned off after 240 s.
All fluid shear data were collected for 100 cells per slide, pooled across six slides per group. Fluorescence intensity was tracked for individual cells by collecting intensity versus time measurements for a circular region within the cell body, where increasing [Ca2+]i resulted in decreased fluorescence (Estell et al., 2017). Fluorescence intensity was normalized to the average intensity during baseline and inverted to represent relative [Ca2+]i (Estell et al., 2017). A custom Matlab (Mathworks) code was developed to calculate the percent of responding cells. Cells were considered responders if relative [Ca2+]i increased 20% above baseline equilibrium measurements, which was found to be sufficient to exclude any false responses due to natural variations in equilibrium levels (Figure 2) (Estell et al., 2017).
Primary Cilia Incidence and Length Measurements
FLS were preconditioned in glycemic and insulin treated groups (EG, EGI, HG, HGI) for 24 h prior to fixation in 4% PFA and immunocytochemical staining with 2 mg/ml Alexa-488-tagged alpha-acetylated tubulin (Cat. No. sc-23950; Santa Cruz Biotechnology) for primary cilia visualization (Estell et al., 2017). FLS were counterstained with DAPI (Cat. No. 62248; Life Technologies) for nuclear visualization. Primary cilia were counted using Zen Blue software (Zeiss), and cilia lengths were measured using ImageJ (National Institutes of Health).
Statistical Analysis
GraphPad Prism version 9.2.0 (for Windows, GraphPad Software, San Diego, California, United States) was used for statistical analysis. Healthy, diabetic, and non-diabetic OA donor groups were analyzed separately using two-way ANOVA (α = 0.05) with Tukey’s post-hoc test to correct for multiple comparisons and determine significant differences between glucose and insulin treatment on biochemical composition, AKT phosphorylation, percent responding cells, and primary cilia measurements. Non-parametric data (e.g., gene expression) were analyzed via Fisher’s Exact Test with Holm-Sidak correction for multiple comparisons. For all hyperglycemic and insulin treated media groups, replicates were combined to generate an average value across all phenotypes, glycemic conditions, and insulin treatment. Statistical significance was determined at p < .05.
RESULTS
Study 1. Biochemical Composition of Healthy and Non-Diabetic OA Synovium Under Hyperglycemic and Insulin Culture Conditions
In healthy synovium explants, HG treatment decreased DNA levels compared to EG groups for both control and insulin treated conditions (p = .0215 and p = .0009, respectively) (Figure 3A). No significant changes in DNA content were observed in either glucose or insulin treated OA specimens (Figure 3B). Healthy synovium explants exhibited decreased collagen content between EG and HG controls as well as between the parallel insulin treated groups (Figure 3C; p < .0001). No significant changes in collagen content were observed across both glycemic and insulin treated groups in OA synovium (Figure 3D). Comparing media groups separately, insulin treatment significantly increased collagen levels in EGI groups compared to EG in healthy explants (p < .0001). Compared to HG groups, HGI treatment significantly increased levels of collagen across both healthy and OA phenotypes (p = .0162 and p = .0012, respectively). HG conditions exhibited decreased GAG content compared to EG groups in healthy synovium under both control and insulin treatment (p = .0296 and p = .0242, respectively) (Figure 3E). In OA explants, insulin treatment increased GAG levels in HGI treated groups compared to EGI (p = .0025), but no significant changes were observed between the non-insulin treated groups (Figure 3F). Insulin treatment also significantly increased GAG content for HGI groups compared to HG controls for both healthy and diseased phenotypes (p = .0156 and p < .0001, respectively). In the healthy synovium, EGI groups also exhibited increased GAG content compared to non-insulin EG treatment (p = .0126).
[image: Figure 3]FIGURE 3 | Normalized (A,B) DNA, (C,D) collagen, (E,F) GAG to respective day 0 value for healthy and non-diabetic OA synovium. Release of (G,H) GAG and (I,J) NO in media from glucose and insulin treated human synovium explants. †p < .05, ††p < .01, †††p < .0001 (EG vs. HG). *p < .05, **p < .01, ***p < .0001 (control vs. insulin).
In healthy synovium, HG treatment led to increased media GAG compared to EG for both control and insulin groups (Figure 3G; p = .0135 and p = .0129, respectively). The increase in media GAG for the HG and HGI groups were more profound in the OA explants compared to healthy synovium (Figure 3H; p = .0003 for control and p < .0001 for insulin). HG treatment decreased the release of NO in media compared to the control EG group in both the healthy and non-diabetic OA cells (Figures 3I,J; p = .0073 and p = .0092, respectively). With insulin exposure, explants also exhibited decreased NO release for HGI groups compared to EGI across both phenotypes (p < .0001). Comparing between phenotypes, NO release from OA explants was significantly higher (∼48% increase across all four media conditions) compared to healthy synovium.
Histological staining of healthy synovium yielded comparable results. Similarities in synovial structural morphology under hyperglycemic and insulin culture conditions were visualized with H&E (Figures 4A,D). Higher intensity Picrosirius Red staining was observed in insulin treated groups (Figures 4F,H) compared to control EG and HG explants (Figures 4E,G). Slightly deeper staining of Safranin O was also evident in both EGI and HGI groups (Figures 4J,L), with lower intensity staining across non-insulin treated synovium (Figures 4I,K). GLUT1 staining was more pronounced in both HG and HGI treated groups (Figures 4O,P) with minimal staining in EG treated specimens (Figures 4M,N).
[image: Figure 4]FIGURE 4 | Histology of glucose and insulin treated healthy synovium explants. (A–D) H&E, (E–H) Picrosirius Red, (I–L) Safranin O, and (M–P) GLUT1.
Study 2: Markers of Compromised Glucose Transport and Insulin Resistance in Healthy and OA Synovium Exposed to Hyperglycemic Culture Conditions and Insulin Treatment
Gene expression of hyperglycemic and insulin treated FLS showed significant differences between culture conditions, phenotype, and treatment timepoints. GLUT1 was upregulated under HG conditions compared to EG across all three timepoints and both phenotypes (Figures 5A,B; p < .0001). No significant differences in GLUT1 expression were observed between insulin and control groups. For healthy and OA FLS, GLUT4 was downregulated under HG conditions compared to EG across all timepoints (Figures 5C,D; p < .0001). Insulin treated groups exhibited elevated GLUT4 expression compared to control across most timepoints. At day 1, GLUT4 expression was significantly upregulated for EGI treated FLS compared to EG for both phenotypes (p < .0001), but this difference was less profound between HG and HGI groups (p = .0002 for healthy and p = .0171 for OA). At day 3, GLUT4 remained elevated for EGI groups compared to control for both healthy and OA cells (p = .0007 and p = .0311, respectively). Insulin treatment increased GLUT4 expression for HG treated healthy FLS (p = .0170), but no significant changes were observed in the OA phenotype. By day 7, GLUT4 levels were attenuated for all insulin treated groups with a significant difference only observed in EGI treated healthy FLS compared to control (p = .0160).
[image: Figure 5]FIGURE 5 | Gene expression of healthy and OA FLS 1, 3 and 7 days after EG, EGI, HG, HGI treatment (n = 6), (A,B) GLUT1, (C,D) GLUT4. †p < .05, ††p < .01, †††p < .0001 (EG vs. HG). *p < .05, **p < .01, ***p < .0001 (control vs. insulin).
Expression of additional genes involved in cellular glucose regulation via glycolysis also yielded significant differences between EG and HG culture conditions. The following genes were mostly downregulated in FLS HG culture: HK2, G6PD, IGF1R, and INSR (Figures 6A–H). HK2 expression was significantly downregulated on day 7 for both phenotypes under HG culture media (Figures 6A,B; p = .0030 for healthy and p < .0001 for OA). G6PD expression remained consistent at day 1, but was significantly downregulated in HG treated FLS by day 3 (Figures 6C,D; p = .0199 for healthy and p = .0012 for OA). Day 7 G6PD expression showed more profound decreases in HG groups compared to EG for both healthy and OA cells (p = .0017 and p < .0001 respectively). IGF1R expression was downregulated only in HG treated OA FLS at days 3 and 7 (Figure 6F; p = .0122 and p = .0014). Across all timepoints, no significant changes in IGF1R expression between EG and HG groups were observed in healthy FLS (Figure 6E). INSR expression in OA FLS was also downregulated for HG samples compared to EG at day 3 and 7 (Figure 6H; p = .0139 and p = .0020, respectively), while no significant changes in INSR levels were observed in the healthy group (Figure 6G).
[image: Figure 6]FIGURE 6 | Gene expression of healthy and OA FLS 1, 3 and 7 days after EG and HG treatment (n = 6), (A,B) HK2, (C,D) G6PD, (E,F) IGF1R, (G,H) INSR. *p < .05, **p < .01, ***p < .0001 (EG vs. HG).
AKT1 expression of healthy and OA FLS was significantly downregulated under HG culture conditions. In healthy cells, HG groups exhibited attenuated AKT1 levels compared to EG across all three timepoints (Figure 7A, p = .002 for day 1, p < .0001 for day 3, p = .003 for day 7). AKT1 expression was lower in HG treated OA FLS with significant differences observed of days 1 and 3 (Figure 7B, p = .0067 and p = .0141, respectively). Insulin exposure mostly increased AKT1 levels compared to control EG and HG groups for both phenotypes. In OA FLS, AKT1 expression in EGI groups was significantly higher than EG across all timepoints (p = .0016 for day 1, p = .0115 for day 3, p = .0086 for day 7). AKT1 levels were also elevated in EGI groups of healthy cells at days 1 and 7 (p = .0111 and p = .0013, respectively). HGI treated FLS only exhibited increased AKT1 expression compared to control HG groups on day 1 for both healthy and OA cells (p = .0092 and p = .0085, respectively), while no significant changes were observed at later timepoints.
[image: Figure 7]FIGURE 7 | (A,B) PCR results of AKT1 gene expression of healthy and OA FLS 1, 3 and 7 days after EG, HG, and insulin treatment. (C,D) ELISA results of relative phospho-AKT levels of healthy and OA synovial explants in response to hyperglycemic culture conditions and insulin treatment. †p < .05, ††p < .01, †††p < .0001 (EG vs. HG). *p < .05, **p < .01, ***p < .0001 (control vs. insulin).
AKT levels were also confirmed using healthy and OA explants cultured in hyperglycemic and insulin treated media with an ELISA. Relative phospho-AKT was significantly elevated in EG compared to HG groups (p < .0001) for both healthy and OA explants (Figures 7C,D) after 7 days of glycemic and insulin treatment. Comparing between control EG groups across phenotypes, phospho-AKT levels were elevated in the healthy explants and slightly attenuated in OA specimens (∼19% decrease). Insulin treatment significantly increased levels of AKT phosphorylation compared to the respective non-insulin treated groups across both EG and HG conditions for OA synovium (p < .0001). In the healthy explants, relative phospho-AKT was also elevated for EGI and HGI groups compared to controls (p < .0001 and p = .0005, respectively).
Study 3: Intracellular Calcium Response ([Ca2+]i) to Fluid-Induced Shear Stress and Primary Cilia Properties of Healthy and Non-Diabetic OA FLS Cultured in Hyperglycemic and Insulin Media
FLS demonstrated a robust calcium signaling response to fluid shear (Hamada et al., 2016). The [Ca2+]i response for healthy FLS was significantly elevated in the control EG group compared to HG treated cells (73.3 ± 7.3% responders vs. 14.0 ± 6.7%, p < .0001, Figure 8A). While the OA FLS response to shear was elevated in the EG treated cells compared to HG (p < .0001), the hyperglycemic group had a greater response to shear with 53.6 ± 4.1% responders compared to healthy FLS (Figure 8B). The percent response of the osmotic control consisting of EG media supplemented with sucrose (EGS) yielded similar results to EG treatment across both phenotypes, confirming no osmolarity effects. FLS response to insulin treatment was significantly greater in the EGI compared to the HGI groups for both the healthy and diseased cells (p = .0002 and p = .0103, respectively). Compared to non-insulin treated FLS, insulin exposure significantly increased percentile response for HGI treated groups for healthy and OA cells (p = .0007 and p = .0073, respectively). Specifically, the HGI group for the healthy FLS exhibited a significant increase in response that yielded similar results to those of native OA cells, with 44.7 ± 12.7% responders for the heathy HGI group vs. 53.6 ± 4.1% for the OA HG group.
[image: Figure 8]FIGURE 8 | Shear-induced [Ca2+]i response with glucose, sucrose, and insulin treatment for (A) healthy and (B) non-diabetic OA FLS. †p < .05, ††p < .01, †††p < .0001 (EG vs. EGS vs. HG and EGI vs. HGI). *p < .05, **p < .01, ***p < .0001 (control vs. insulin).
HG treatment led to decreased incidence of primary cilia compared to EG groups across both phenotypes (Figures 9A,B, 10A,B; p = .0210 for healthy and p < .0001 for OA). Insulin treatment significantly increased cilia incidence in EG treated cells for both healthy and diseased FLS (Figures 9C, 10A,B; p < .0001). HGI groups also exhibited increased cilia incidence compared to HG in both healthy and OA cells (Figures 9D, 10A,B; p = .0084 and p = .0052, respectively), but this difference compared to control HG groups was not as profound as EG and EGI treatment. In addition, HG treatment significantly decreased average cilia length for both phenotypes (Figures 10C,D; p < .0001). Insulin treatment significantly increased cilia length for HGI groups compared to control HG groups for both the healthy and OA FLS (p = .0053 and p = .0062, respectively).
[image: Figure 9]FIGURE 9 | Representative healthy FLS primary cilia (arrows), with DAPI nuclear counterstaining for visualization under (A,C) euglycemic and (B,D) hyperglycemic culture conditions ± insulin exposure.
[image: Figure 10]FIGURE 10 | Healthy and non-diabetic OA FLS (A,B) incidence and (C,D) length of primary cilia detected under glucose and insulin culture conditions. Cilia measurements were pooled across triplicate slides per group †p < .05, ††p < .01, †††p < .0001 (EG vs. HG). *p < .05, **p < .01, ***p < .0001 (control vs. insulin).
Study 4: AKT Phosphorylation and Upstream Markers of Cellular Activity Under Hyperglycemic and Insulin Culture Conditions for Diabetic OA Synovium
AKT phosphorylation levels, calcium response to shear stress, and cilia properties were investigated for diabetic OA synovium under the same glucose and insulin treatment conditions as the previous studies. Similar to the healthy and non-diabetic OA samples, relative phospho-AKT was significantly reduced in HG treatment compared to control EG groups (p < .0001) for the diabetic OA explants (Figure 11A). Comparing EG and HG groups across all three phenotypes, the diabetic OA explants exhibited the greatest decrease in phospho-AKT levels between both glycemic conditions (∼43% decrease between control EG and HG groups). While insulin exposure increased AKT phosphorylation in EGI groups compared to the control EG treatment (p = .0040) in the diabetic phenotype, no significant changes in AKT phosphorylation were observed between the insulin and non-insulin treated HG groups.
[image: Figure 11]FIGURE 11 | Diabetic OA synovial explants (A) relative phospho- AKT levels in response to hyperglycemic culture conditions and insulin treatment. Diabetic OA FLS (B) shear-induced [Ca2+]i response with glucose, sucrose, and insulin exposure and (C) incidence and (D) length of primary cilia. †p < .05, ††p < .01, †††p < .0001 (EG vs. HG). *p < .05, **p < .01, ***p < .0001 (control vs. insulin).
The [Ca2+]i response to fluid shear of diabetic OA FLS was significantly elevated under EG culture conditions compared to HG treatment with 88.3 ± 4.9% vs. 34.0 ± 12.5% responders, respectively (Figure 11B; p < .0001). Insulin treated HGI groups also exhibited decreased [Ca2+]i response to shear compared to EGI (p = .0004). The response of EGS and EG groups suggest no osmolarity effects. While insulin increased FLS response under HG culture conditions in the healthy and non-diabetic OA FLS (Figures 8A,B), no significant changes were observed between insulin treated cells and non-insulin groups in the diabetic OA phenotype (p = .9961).
Hyperglycemic and insulin treatment of diabetic OA FLS yielded similar trends in cilia incidence and length compared to healthy and OA cells from study 3. Across both glycemic culture conditions, HG treatment decreased primary cilia incidence compared to EG groups for the diabetic OA FLS (Figure 11C; p < .0001). Insulin exposure in the HGI groups also exhibited attenuated cilia incidence compared to EGI treated cells (p < .0001). However, insulin treatment did increase cilia incidence in the EGI groups compared to control EG (p = .0083). Unlike the healthy and OA FLS (Figures 10A,B), no significant changes in cilia incidence were observed between insulin and non-insulin treated HG groups (p = .9980) for the diabetic OA phenotype. For cilia length measurements, HG treatment significantly decreased cilia length in the diabetic OA cells (Figure 11D; p < .0001). While insulin increased average cilia length for HGI groups compared to HG groups in both healthy and non-diabetic OA cells (Figures 10C,D), no significant changes in cilia length were observed between the insulin and non-insulin treated EG and HG groups for the diabetic OA FLS.
DISCUSSION
Synovial fibroblasts are significant contributors to the articular cartilage environment by producing molecules important for lubrication, ECM remodeling, and regulating solute transport in and out of the joint (Hung et al., 1995; Denko et al., 1996; Harsha and Joyce, 2011; Hoey et al., 2012; Stefani, 2020). However, synovium function is compromised in patients with DM (Griffin and Huffman, 2016). It is known that the development of DM promotes synovial inflammation and insulin resistance in progression of the OA disease state (Griffin and Huffman, 2016; Li et al., 2021). In FLS isolated from non-diabetic patients with OA, it has been shown that insulin inhibits the production of inflammatory cytokines (de Luca and Olefsky, 2009; Griffin and Huffman, 2016). However, in diabetic OA patients, synovial insulin signaling is further compromised, indicative that the anti-inflammatory and anti-catabolic function of insulin is suppressed in the presence of both comorbidities (Griffin and Huffman, 2016; Veronese et al., 2019; Tchetina et al., 2020). In the current study, we sought to further the understanding of this correlation between hyperglycemia and insulin resistance that results from the coexistence of both OA and DM.
In healthy specimens, HG treatment decreased DNA levels compared to EG groups (Figure 3A), potentially indicative of greater cell damage, characteristic of the diabetic disease state (Brownlee, 2005). Collagen and GAG content of both healthy and OA explants were also affected by HG treatment and insulin exposure (Figures 3C–F), suggesting glycemic environments may affect cell sensitivity and metabolism (Hayden et al., 2005; Nagy et al., 2019). While lower levels of GAG and collagen have been shown to be characteristic features of the diabetic disease state, insulin treatment recovered these matrix constituents across all HG groups for both healthy and OA explants, indicative of its pro-anabolic effect (Stultz and Edelman, 2003; Gowd et al., 2016). Media analysis also confirmed that increased GAG in HG treated tissue contributed to ECM remodeling across both phenotypes (Figures 3G,H). Furthermore, HG treatment has also been associated with lower NO release in media under insulin resistant conditions, characteristic of DM (Figures 3I,J) (Hoshiyama et al., 2004). Insulin treatment did not have a significant effect on both media GAG and NO release, suggesting the inability of insulin to restore the effect of HG culture conditions to baseline levels exhibited under EG treatment. Histological analysis confirmed the differences observed in GAG and collagen levels under HG media conditions. The high intensity staining of GLUT1 was also observed in the HG groups (Figures 4O,P), suggesting that high glucose environments may alter glucose regulation and insulin activity in healthy and diseased synovium.
In the current study, reciprocal expression of the glucose transport proteins GLUT1 and GLUT4 was observed under EG and HG culture conditions in both healthy and OA FLS (Ebeling et al., 1998). Under HG culture conditions, GLUT1 expression was upregulated, while GLUT4 levels were significantly attenuated (Figures 5A–D). GLUT1 is expressed ubiquitously and operates independent of insulin activity, while GLUT4 is activated through translocation to cell membranes under insulin dependent mechanisms (Ebeling et al., 1998; Bryant et al., 2002, Gallagher et al., 2020). Insulin exposure had no effect on GLUT1 expression across all timepoints and both media conditions, potentially indicative of the insulin independent effect of hyperglycemia on GLUT1 levels. However, insulin significantly increased GLUT4 expression at day 1, but this difference was reduced across each subsequent timepoint. By day 7, no significant differences were observed in GLUT4 levels between insulin and non-insulin treated HG groups, supporting the reduced protective role of insulin in counteracting the elevated glucose levels and potentially indicative of insulin resistance. Overall, OA FLS exhibited lower GLUT4 levels for HG treated samples compared to healthy cells, suggesting a link between OA and diabetic insulin resistance. The lower GLUT4 expression under HG treatment supports the decreased levels of AKT phosphorylation observed in the HG treated synovial explants. Further in the glycolysis pathway, glucose that enters the cell via GLUT proteins is phosphorylated by hexokinase to G6PD (Ebeling et al., 1998; Tchetina et al., 2020). The expression of both HK2 and G6PD in HG treated FLS were significantly lower compared to control EG across both healthy and OA cells (Figures 6A–D), potentially indicative of the diabetic disease state (Esteves et al., 2018). The expression of IGF1R and INSR was also lower in HG treated FLS (Figures 6E–H), suggesting the diminished effect of insulin in regulating glucose uptake under diabetic and possible insulin resistant conditions.
The AKT phosphorylation cascade is a specific signaling pathway that connects glycolysis markers implicated in cellular glucose uptake and insulin activity (Garcia-Carbonell et al., 2016). AKT is involved in several complex signaling networks that regulate various cellular functions including cell metabolism, proliferation, motility, and apoptosis (Jazirehi et al., 2012; Du et al., 2019). It has also been implicated in numerous comorbidities including diabetes, cardiovascular, and neurodegenerative diseases (Zarneshan et al., 2020). In DM, the AKT signaling pathway is a mediator of insulin activity and plays a crucial role in disease pathogenesis (Hamada et al., 2016; Huang et al., 2018; Gabbouj et al., 2019). It promotes the metabolic effects of insulin and facilitates glucose transport, lipid synthesis, gluconeogenesis, and glycogen synthesis (Boucher et al., 2014; Huang et al., 2018). AKT is specifically involved in insulin signaling as the activation of insulin receptors triggers a phosphorylation cascade, which is initiated by receptor autophosphorylation and the activation of insulin receptor substrate proteins (Boucher et al., 2014). The activation of insulin receptors drives the phosphorylation of AKT, thus contributing to the translocation of GLUT4 to the plasma membrane (Boucher et al., 2014; Beg et al., 2017; Nitulescu et al., 2018). Therefore, AKT is expressed in insulin-responsive tissues, including synovium, and functions to regulate glucose metabolism (Nitulescu et al., 2018). Studies have shown that AKT deletion in knockout mice has been correlated with insulin resistance, hyperinsulinemia, and glucose intolerance (Cho et al., 2001; Nitulescu et al., 2018). In addition, defects in AKT signaling have also been correlated with diabetic insulin resistance in humans (Nitulescu et al., 2018). The results of the current study support the effect of hyperglycemic culture conditions on AKT signaling and phosphorylation in a model of diabetic insulin resistance. Both healthy and diseased synovial explants demonstrated that hyperglycemia led to decreased phospho-AKT levels compared to the respective control EG groups (Figures 7C,D, 11A). PCR analysis yielded consistent results with lower AKT1 expression in HG treated FLS compared to EG across all timepoints and both phenotypes (Figures 7A,B). Previous studies have shown that the attenuation of AKT phosphorylation levels is indicative of more insulin resistant environments (Tonks et al., 2013). Therefore, the greater decrease in AKT phosphorylation under HG culture conditions for the diabetic explants may suggest a more insulin resistant phenotype compared to healthy and non-diabetic OA tissue. For the insulin treated groups, relative phospho-AKT was elevated in the EGI and HGI groups for both healthy and non-diabetic explants. However, the difference in AKT phosphorylation between the insulin and non-insulin treated groups for the diabetic OA synovium did not show significant differences under HG culture conditions, potentially indicative of greater insulin resistance.
Since the AKT signaling pathway and markers of glycolysis have been shown to be controlled by upstream calcium influxes, intracellular calcium transients in response to fluid-induced shear were investigated in study 3 (Nicholson-Fish et al., 2016). Hyperglycemic culture conditions have been correlated with abnormal calcium signal transduction, which may be linked to reduced insulin responsiveness (Boldizsár et al., 2002; Lebeche et al., 2008) We observed that HG treated FLS exhibited fewer percent responders compared to EG groups, potentially indicative that high glucose environments decrease cellular responses and possibly affect cell function. For healthy and non-diabetic OA FLS, insulin treatment increased [Ca2+]i response for HGI treated groups (Figures 8A,B), suggesting that insulin recovers the cell response of HG treated FLS to levels closer to the control EG groups. However, insulin exposure did not affect the number of cells that responded to shear stress for the native diabetic OA phenotype (Figure 11B), indicative of lower insulin responsiveness and potentially diabetic insulin resistance.
The incidence and length of primary cilia provides a potential mechanism to support changes in fluid shear-induced [Ca2+]i responses among the different glucose and insulin treated FLS groups. Dysfunctional primary cilia due to hyperglycemia have been shown to inhibit mechanotransduction and cellular responses to external stimuli (Estell et al., 2017; Ritter et al., 2018; Kluth et al., 2019; Stefani et al., 2019). In study 3, HG treatment decreased cilia incidence and length across healthy and OA FLS (Figures 10A–D), consistent with the decrease in [Ca2+]i response of FLS under hyperglycemic conditions for both phenotypes. However, insulin exposure increased cilia incidence and length for HGI groups compared to control HG treatment for both healthy and non-diabetic OA FLS, further supporting the difference in insulin responders between the two phenotypes. Interestingly, the diabetic OA FLS displayed no significant changes in primary cilia length and incidence between insulin and non-insulin treated HG groups (Figures 11C,D), potentially indicative of decreased insulin responsiveness in recovering the effects of the high glucose environment.
Overall, the current study demonstrated that hyperglycemic treatment and insulin exposure affects synovium ECM properties. Hyperglycemic culture conditions also alter the expression of cell insulin receptors, glucose transporters, and specific glycolysis markers implicated in glucose uptake and breakdown. A correlation appears to exist between relative levels of AKT phosphorylation, percent responders to fluid shear, and cilia incidence and length. Specifically, it is known that OA environments increase synoviocyte sensitivity to fluid shear by altering intercellular communication, which may affect downstream functions such as decreased AKT phosphorylation and altered glycolysis markers, implicated in compromised insulin activity that contribute to progression of the diabetic disease state (Wilcox, 2005; Boucher et al., 2014).
Potential limitations associated with this research include a control, healthy synovium group that was significantly younger and all male, compared to the diseased tissue groups (OA ± DM). The latter reflects the inherent challenges of procuring normal tissues of any age for such studies and higher female incidence of OA. While the current study using healthy tissue exposed to HG conditions revealed that normal synovium is very sensitive to changes in glucose and insulin levels compared to OA-diseased tissue, similar trends across all three phenotypes were observed. The latter is even more remarkable in that the findings were observed using tissue from donor ages spanning 4 decades (19–80 years old) and despite sex-composition differences between the groups. In this context, these findings are supportive of our contention that healthy synovium with a high glucose culture-induced diabetic phenotype can serve as a model of diabetic insulin resistance.
To better understand the connection between OA and DM, future work will continue to explore strategies to induce the diabetic phenotype from healthy tissue. Preconditioning media with various hyperglycemic concentrations will be optimized to confer the diabetic phenotype and overcome confounding factors associated with age or the disease state of patients undergoing total knee arthroplasty. With superposition of pro-inflammatory cytokines (Stefani et al., 2019), this tissue platform would permit simulated study of DM with the comorbidity of OA, as well as the evaluation of therapeutic strategies aimed at their mitigation. Using the in vitro diabetic insulin resistance model system reported here, the action of peroxisome proliferators activated receptors (PPAR), involved in regulating joint inflammation and glucose homeostasis, and other biochemical cascades can be investigated in future studies (Li et al., 2017).
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The communication between macrophages and tendon cells plays a critical role in regulating the tendon-healing process. However, the potential mechanisms through which macrophages can control peritendinous fibrosis are unknown. Our data showed a strong pro-inflammatory phenotype of macrophages after a mouse tendon–bone injury. Moreover, by using a small-molecule compound library, we identified an aldehyde dehydrogenase inhibitor, disulfiram (DSF), which can significantly promote the transition of macrophage from M1 to M2 phenotype and decrease macrophage pro-inflammatory phenotype. Mechanistically, DSF targets gasdermin D (GSDMD) to attenuate macrophage cell pyroptosis, interleukin-1β, and high mobility group box 1 protein release. These pro-inflammatory cytokines and damage-associated molecular patterns are essential for regulating tenocyte and fibroblast proliferation, migration, and fibrotic activity. Deficiency or inhibition of GSDMD significantly suppressed peritendinous fibrosis formation around the injured tendon and was accompanied by increased regenerated bone and fibrocartilage compared with the wild-type littermates. Collectively, these findings reveal a novel pathway of GSDMD-dependent macrophage cell pyroptosis in remodeling fibrogenesis in tendon–bone injury. Thus, GSDMD may represent a potential therapeutic target in tendon–bone healing.
Keywords: macrophage, tendon–bone injury, disulfiram, gasdermin D, fibrosis
INTRODUCTION
Peritendinous fibrosis is a critical complication arising after tendon injury (TI), which is primarily identified as excessive extracellular matrix (ECM) deposition and fibroblast cell activation (Manske, 2005; Juneja et al., 2013). Presently, the imbalance between ECM synthesis and degradation has been established as the leading cause of impaired tendon function and increased risk of repair after clinical surgery (Zheng et al., 2019). The transdifferentiation and proliferation of fibroblasts are the major source of ECM and can be regulated by a series of differential cytokine release in adhesive tendon tissues, including that of transforming growth factor (TGF)-β, fibroblast growth factor-2, connective tissue growth factor, and vascular endothelial growth factor (Darby et al., 2016). In addition, while the resident tissue fibroblasts have been identified as sensitive to intrinsic mechanical and biophysical cues in tendon–bone injury (Zheng et al., 2017; Yao et al., 2019), the initiation of immune response in this process remains poorly understood.
The earliest cellular response following the surgical implantation of a tendon graft in a bone tunnel is accumulation of the various inflammatory cells (Kawamura et al., 2005). In general, the main effector myeloid cells, including monocytes and macrophages, are the first cells that are activated in response to the TI. M1 macrophages can produce different pro-inflammatory cytokines such as interleukin-1β (IL-1β) and tumor necrosis factor-α (TNF-α) during immune activation. These pro-inflammatory cytokines not only have an increased level in the early process of TI but also modulate tendon–bone response after magnetic stimulation. A number of previous studies have indicated that macrophages can negatively affect the process as macrophage depletion can significantly improve both the morphological and biomechanical properties at the healing tendon–bone interface (Cui et al., 2019). Moreover, during the successful tissue–biomaterial integration, M1 macrophages can effectively polarize into M2 macrophages (Klopfleisch, 2016), which express different genes and attain distinct functional states. M2 macrophages are anti-inflammatory, are antiparasitic, and can promote tissue repair. However, the precise mechanisms that can regulate M2 macrophage polarization and function in the tendon–bone injury are unknown.
Drug repurposing has been recently identified as a cost-effective approach to bring approved drugs rapidly in clinical treatment (Alvarez et al., 2021). In prior investigation on repurposed drugs, such as aspirin, they have been demonstrated to promote tenogenic differentiation of the tendon stem cells and to facilitate tendinopathy healing (Wang et al., 2020). Disulfiram (DSF) is an old alcohol-abuse drug that was approved by the US Food and Drug Administration (FDA) in 1949 (Bista et al., 2017). Except for its role as an acetaldehyde dehydrogenase, recent studies have revealed its role in various diseases, including antitumor activity and resistance to sepsis and obesity (Skrott et al., 2017; Bernier et al., 2020; Klimiankou and Skokowa, 2021). However, the role of DSF on macrophage is unknown. In TI, the functional phenotype change of M1 and M2 exhibits a phagocytic and pro-inflammatory function, which plays an important role in the healing process (Chamberlain et al., 2021; Yu et al., 2021). Furthermore, the reduced macrophage-mediated inflammation in the injured tendon through M1-to-M2 transmission significantly inhibits adhesion formation during tendon healing (Dong et al., 2021). Consequently, it is desirable to explore the effect of DSF on the immunoregulatory potential of macrophage in tendon–bone injury.
In the present study, we have identified a small molecular compound, DSF, which can significantly promote the transition of macrophage from the M1 to M2 phenotype. We further uncover a novel mechanism through which DSF can target gasdermin D (GSDMD) to inhibit macrophage cell pyroptosis in the tendon bone injury and a newly identified GSDMD-dependent cell interaction between immune cells and resident tendon cells. We have also explored the therapeutic potential of targeting this pathway in the context of TI.
MATERIALS AND METHODS
Reagents and Antibodies
The cell culture medium including Dulbecco’s Modified Eagle’s Medium (DMEM; Cat#: 10-013-CVR, Corning, New York, NY, United States) and supplements including penicillin and streptomycin (Cat#: 15140-122, Gibco, Waltham, MA, United States) were purchased from Life Science Technologies (Rockville, MD, United States). Antibodies to GSDMD (ab219800), fibronectin (FN) (ab2413), collagen I (ab34710), α-smooth muscle actin (α-SMA) (55135-1-AP), IL-1β (ab9722), high mobility group box 1 (HMGB1) (ab18256) were obtained from Abcam (Cambridge, MA, United States). Anti-caspase-11 (17D9, C1354) was from Sigma-Aldrich (Burlington, MA, United States). Anti-caspase-1 (AC-20B-00420-C100) was from AdipoGen (San Diego, CA, United States). β-Actin antibody (3700S) was purchased from Cell Signaling Technology (Danvers, MA, United States). Anti-IL-1α (sc-12741) was purchased from Santa Cruz (TX, United States). Fetal bovine serum (FBS) (Cat#: 26140-079, Gibco, NY, United States) was purchased from Life Science Technologies and heat-inactivated before utilization. M-CSF was obtained from Miltenyi Biotec (130-094-129, Westphalia, Germany). Recombinant mouse INF-γ (C600059) and IL-4 (C600050) were purchased from Sangon Biotech (Shanghai, China). Fifty-four drug libraries were directly obtained from Topscience (L2130, Shanghai, China). LPS (L2630) and DSF (PHR-1690) were purchased from Sigma-Aldrich (Sigma, Merck, Darmstadt, Germany).
Animals
All animal experiments in this study were approved by the Navy Medical University Animal Care and Use Committee. Pain and discomfort are minimized based on standard animal care guidelines. Male mice (6 weeks, SLRC Laboratory, Shanghai, China) were anesthetized by an initial intraperitoneal injection of Avertin (100 mg kg−1). The Achilles tendon of the left leg was then exposed and released from the calcaneum. Thereafter, the tendon was cut at its insertion on the bone. The enthesis was destroyed by a burr. An 18G sterile needle was used to make two tunnels through the calcaneum, and a nonabsorbable suture was used to attach the tendon back to the bone. Then the wound was closed, and the mice were allowed to recover. Mice were sacrificed 30 days after surgery. For flexor tendon surgery, mice underwent complete transection and repair of the flexor digitorum longus (FDL) tendon in the right hind paw as previously reported (Loiselle et al., 2009).
Histological Evaluation
The excess soft tissues were isolated from the mice and kept the repair site complete. The specimens were fixed in 4% paraformaldehyde (PFA) for 24 h and then decalcified in Plank-Rychlo decalcifying fluid at room temperature for 16 days. The specimens were embedded in paraffin, and thereafter, the slices were cut and stained with hematoxylin and eosin (H&E). The histological evaluation was performed according to the histological scoring system (Jiang et al., 2014).
Exosome Purification
Exosome purification was performed as previously described (Cui et al., 2019). Briefly, the bone-marrow-derived macrophages (BMDMs) were cultured for 72 h. The debris and dead cells in the cultured medium were removed by centrifugation at 1,000 × g for 10 min at 4°C. After filtration through a 2-μm filter, the medium was subjected to ultracentrifugation at 100,000 × g for 6 h at 4°C. The pellets were washed with PBS and then centrifuged at 100,000 × g for 20 min at 4°C. An exosome-containing pellet was collected and resuspended in PBS. The particle size and concentration of exosome were determined using network address translation (NTA) with ZetaView PMX 120 (Particle Metrix).
Confocal Immunofluorescent Imaging
The tendon sections from the frozen optimum cutting temperature compound (OCT)-embedded tissues were fixed with 1:1 acetone/methanol and stained with H&E. The cells were fixed in 2% PFA for 15 min at 4°C. Thereafter, the cells were washed with PBS only once and permeabilized in 0.1% Triton X-100 at 4°C for 10 min. The cells were then blocked with 3% goat serum plus 3% FBS at 4°C for 1 h. F4/80 and α-SMA were added overnight at 4°C. The cells were washed with PBS only once; the cells were then incubated with the secondary antibody for 1 h at 4°C and gently washed three times with PBS before imaging. Imaging was performed on a custom modified Olympus FV3000 laser scanning microscope equipped with a ×60 oil immersion lens.
Flow Cytometry Analysis
For the surface and cytokine staining, 100 μl of blood was harvested and blocked with an Fc blocker (BioLegend) for 30 min at 4°C. The cells were then resuspended in a 50 μl fluorescence activating cell sorter (FACS) buffer (1× PBS with 0.5% FBS, 2 mM ethylenediaminetetraacetic acid) with diluted CD86 and CD206. iNOS and TNF-α antibody were added by Foxp3/Transcription Factor Staining Buffer Set (eBioscience) according to manufacturer’s protocol. For cell cycle analysis, the cells were collected and suspended in pre-cold absolute ethanol for overnight at 4°C. Thereafter, the cells were stained with propidium iodide (PI) for 30 min at dark condition. The data were acquired on a BD LSRFortessa X-20 cell analyzer (BD Biosciences) and analyzed using the FlowJo software (Tree Star, Inc.).
Cell Cultures
NIH/3T3 cell lines were purchased from the Cell Bank of Type Culture Collection, Chinese Academy of Sciences (CAS, Shanghai, China), and were cultured in DMEM supplemented with 10% FBS. For BMDMs, the mice were sacrificed by cervical vertebra dissection, followed by soaking in 75% alcohol for 3 min. The femur and tibia were separated on a sterile bench. The lumen was rinsed with PBS solution containing 3% FBS, and bone fragments and meat scraps were removed with a 70-µm filter. The cells were then centrifuged at 400 × g of 4°C for 10 min. Thereafter, the red blood cells were subjected to lysis by red blood cell lysis buffer. The cells were suspended in 1640 medium with 10% FBS. A total of 1 × 107 cells were cultured in a T25 flask overnight, and any contaminating cells such as monocytes and fibroblasts were removed. After centrifugation at 400 × g for 5 min, cells were resuspended in 1640 medium (containing 10% FBS and penicillin streptomycin). The cells were then treated with the macrophage-stimulating factor (M-CSF) at 10 ng/ml and transferred in a new T25 culture flask. The incubation was continued, and the medium was changed every 3 days, but the M-CSF concentration was kept constant. On the seventh day, the cells were collected and tested for purity.
Western Blotting
The tendons or cells were lysed in cell lysis buffer (Cell Signaling Technology, #9803) and supplemented with proteinase inhibitor at a dilution of 1:25. The protein concentrations were determined by using a BCA protein assay kit. For western blot analysis, equal amounts of protein were heat-denatured in the presence of a reducing agent and separated on 10% SDS-PAGE and transferred to PVDF membranes (Millipore, IPVH00010). The various antibodies used for western blot have been mentioned in the figure legend. The bands were detected using ECL Plus (Tanon, 180-5001) using the ChemiDoc Imaging System (AI600). The data were analyzed by ImageJ and normalized with control (as mentioned in the figure legend).
Cell Proliferation Assay
NIH/3T3 fibroblasts were seeded at a density of 2 × 103 per well into 96-well plates and were then treated with BMDM exosomes or pretreated with DSF (5 μM). The cell proliferation was assessed using the BeyoClick™ 5-ethynyl-2′-deoxyuridine (EdU) cell proliferation kit with TMB (Beyotime Biotechnology, Jiangsu, China). This method is based on EdU acting as a novel alternative for 5-bromo-2′-deoxyuridine (BrdU) assay to directly measure the DNA synthesis or S-phase synthesis of a cell cycle via the reaction with fluorescent azide. The absorbance was measured at 630 OD. The experiment was performed in triplicate.
Wound Healing
NIH/3T3 fibroblasts were cultured and marked a line at the bottom. After the cells were found to cover the bottom of the plate, a 1 ml pipette tip was used to make cell scratches perpendicular to the well plate, and it was ensured that the width of each scratch remained the same. The cell culture medium was aspirated, and the well plate was rinsed three times with PBS to wash away the cell debris generated by the scratch. Thereafter, a serum-free medium was added, and pictures were taken and recorded. The culture plate was placed into the incubator for culture and was taken out every 4–6 h to capture the pictures. The experimental results were analyzed according to the collected picture data.
Morphological Analysis of Macrophages
BMDMs were isolated from the mice, seeded in the six-well plate (Life Technologies), and the cells were allowed to adhere overnight at 37°C. The cells were stimulated with LPS (100 ng/ml) for 12 h after serum starvation. For inhibitor analysis, the cells were preincubated with DSF (4 μM) or DMSO (0.01%) for 1 h. The confocal images were obtained using an FV3000 confocal system (Olympus), and the data were analyzed with ImageJ (NIH, V2.0.0).
Statistical Analyses
The results have been expressed as mean ± SEM. Unpaired Student’s t-tests were used to compare the means of the two different groups. One-way analysis of variance (Tukey test) was applied to compare the means of three or more groups. The Wilcoxon (Gehan) statistical test was used to analyze the survival rate.
RESULTS
An Increase in Pro-inflammatory Phenotype of Macrophages and Peritendinous Fibrosis Was Observed in Mouse TI
Persistent immune cell activation, as well as upregulation of pro-fibrotic cytokines and ECM proteins, has been reported to be involved in fibrotic diseases (Chen et al., 2017; Pakshir and Hinz, 2018). We investigated the potential role of macrophage and ECM proteins in TI. There was a significantly increased expression of pro-fibrotic markers in the TI group compared with the control (Figure 1). The flexor tendons and surrounding tissues showed F4/80-positive staining and displayed an increased an α-SMA immunofluorescence signal in the TI group compared with the control (Figure 1C). The results of H&E also showed increased cells and cell nuclear staining in flexor tendons and surrounding tissues (Figure 1D). We then isolated BMDMs from control and TI mice. Interestingly, we found that BMDMs from the TI group showed increased expression of F4/80 compared with BMDMs from the control group (Figure 1E). The intrinsic gene expression of macrophages can effectively change and polarize into two distinct types, M1-type macrophages and M2-type macrophages (Wang et al., 2021). The intensity of iNOS and TNF-α in BMDMs was significantly increased from the TI group as compared with the control (Figure 1), thereby indicating the phenotype of M1-type macrophage in BMDM from TI mice. Collectively, these results suggested that pro-inflammatory macrophage and fibrosis were significantly activated in TI mice.
[image: Figure 1]FIGURE 1 | The increased peritendinous fibrosis and macrophage infiltration in TI. (A) Western blot analysis of FN, Col-I, and α-SMA in tendon from control (Con) and TI mice. (B) Quantitative analysis of FN, Col-I, and α-SMA in A. (C) Confocal analysis of F4/80 and α-SMA in the tendon section from Con and TI mice. Scale bar = 20 μm. (D) H&E staining in the tendon section from Con and TI mice. Scale bar = 200 μm. (E) Flow cytometric analysis (FACS) of M-CSF-induced macrophages (F4/80+) from Con and TI groups. (F) FACS representative analysis of iNOS and TNF-α. (G,H) Quantitative analysis of geometric mean of iNOS and TNF-α in E. Data are presented as the mean ± SEM (n = 3) (B,G,H). *p < 0.05, **p < 0.01, ***p < 0.001.
DSF Decreased Macrophage Pro-inflammatory Phenotype and Can Promote the Transition of Macrophage From M1 to M2 Phenotype
It has been established that the different tissue microenvironment and pathological conditions can facilitate the polarization of macrophages into the M2 type, which can then secrete the various anti-inflammatory cytokines and promote fibrocartilage regeneration, thus promoting the healing of TI (Dong et al., 2021). To identify whether the macrophage pro-inflammatory phenotype could be modulated by a pharmacological agent, we performed a screen of 54 natural small-molecular compounds to analyze their effects on CD106, a critical marker of the M2 phenotype (Figure 2A). BMDMs were isolated from the tibia of C57BL mice and pre-incubated with small-molecular compounds in a 96-well plate. BMDMs were induced by M-CSF, and cells were then treated with LPS, IFN-γ, and IL-4 for 6 h. The flow cytometry analysis showed that the ninth compound, marketed as DSF, significantly promoted the expression of CD206 (Figure 2B). We further investigated the markers of M1- and M2-type macrophages. The percentage and geometric mean of both iNOS and TNF-α were substantially suppressed by DSF (Figure 2), while the expression levels of CD86 and CD206 were increased after treatment with DSF (Figure 2). We also detected the cell viability of BMDMs by using the CCK-8 assay, and the results showed no significant differences between DMSO and DSF treatments. These findings indicated that DSF could significantly promote the M2-type macrophage transformation of BMDMs after LPS, IFN-γ, and IL-4 treatments.
[image: Figure 2]FIGURE 2 | DSF significantly promotes pro-inflammatory macrophages into the M2-type phenotype. (A) The diagram of screening assay. Bone marrow cells were isolated from the tibia of wild-type mice. BMDMs were induced by M-CSF (50 ng/ml). Then the cells were treated with LPS (100 ng/ml), IFN-γ (20 ng/ml), and IL-4 (20 ng/ml) for 6 h and underwent FACS analysis of CD206 expression. (B) Quantitative analysis of the candidates in screening assay. (C) BMDMs were pretreated with DSF (5 μM) or DMSO (0.01%). Then the cells were treated with LPS (100 ng/ml), IFN-γ (20 ng/ml), and IL-4 (20 ng/ml) for 6 h. FACS analysis of iNOS, TNF-α, CD86, and CD206. (D,E) Quantitative analysis of geometric mean of iNOS (D) TNF-α (D), CD86 (E) and CD206 (E). (F) CCK-8 analysis of BMDMs after treatment with DSF at different dosages. Data are presented as the mean ± SEM (n = 3) (D,E,F). *p < 0.05.
DSF Suppressed Peritendinous Fibrosis in TI
To assess the possible role of DSF in peritendinous fibrosis following TI, mice were treated with DSF through oral administration after tendon surgery. Mice were randomly assigned to the following three groups: sham operation, TI with acetylcellulose, and TI with DSF (Figure 3A). The histological analysis showed significantly reduced adhesion formation and inflammatory cell infiltration and fibroblasts accumulating in the tendon–bone interface in TI mice after DSF treatment (Figure 3B). The immunohistochemical staining for collagen I was also robust in TI mice and significantly suppressed after DSF treatment (Figure 3B). Consistent with these results, the histological adhesion score was markedly higher in the TI than in the TI-with-DSF treatment group, thus indicating decreased fibrogenesis in the latter (Figure 3C). We also measured the metatarsophalangeal (MTP) joint flexion range of motion (ROM) in mice that underwent flexor tendon surgery. There was a significant decrease of the MTP joint ROM in TI mice, which was substantially reduced after DSF treatment (Figure 3D). As peritendinous fibrosis is manifested by the excessive production of ECM proteins FN, collagen type I (Col-I), and α-SMA in TI (Harvey et al., 2019; Liu et al., 2021), we next assessed the expression of these pro-fibrotic markers in tendons by western blot analysis. The results showed increased levels of FN, Col-I, and α-SMA in TI mice compared with the control. However, the increased pro-fibrotic markers were significantly suppressed in TI mice after DSF treatment (Figure 3E). Overall, these results suggested that DSF suppressed peritendinous fibrosis and can serve as a potential therapeutic agent in TI mice.
[image: Figure 3]FIGURE 3 | DSF rescued peritendinous fibrosis in TI. (A) The diagram of mouse model conduction. (B) H&E and immunohistological staining of Col-I in the control, TI, and TI oral with DSF (50 mg/kg) mouse groups. Scale bar = 200 μm. (C) Histological adhesion score and histological healing score from the indicated groups (n = 6 per group). (D) MTP joint flexion ROM of the indicated groups (n = 6 per group). (E) Western blot analysis of FN, Col-I, and α-SMA in tendon (n = 6 per group). Data are presented as the mean ± SEM (n = 6) (C,D). *p < 0.05.
DSF Inhibited Pro-inflammatory Cytokine Production and Macrophage Polarization
DSF has recently been identified as a potent inhibitor of GSDMD-mediated pyroptosis and inflammatory cytokine release (Hu et al., 2020). We next investigated the pro-inflammatory cytokine production and GSDMD pathway in the repaired tendons. The levels of IL-1β, IL-1α, and HMGB1 were significantly increased in TI mice. DSF markedly suppressed the expression of these pro-inflammatory cytokines (Figure 4A). In addition, we observed an increased expression of GSDMD and a detected band of GSDMD-N terminal in TI mice (Figure 4). GSDMD activation has been reported to be mediated by the pyroptotic caspase-1, caspase-4, and caspase-5 in humans and caspase-1 and caspase-11 in mice (Kesavardhana et al., 2020). We then investigated the expression of caspase-1 and caspase-11. Western blot showed that the expression levels of caspase-1 and caspase-11 proteins were increased in TI mice. The cleaved GSDMD-N was significantly suppressed after DSF treatment. However, the expression levels of caspase-1 and caspase-11 proteins were not suppressed by DSF (Figure 4). We also induced BMDMs from the control, TI, and TI + DSF mice. The results indicated that the population of F4/80 in BMDM was suppressed in TI mice after DSF treatment (Figure 4E). To further explore the potential role of DSF on M2 macrophages, we observed altered morphology in ex vivo cultured BMDMs after LPS treatment. LPS induced lamellipodia-like structures while DSF-treated macrophages showed filopodia-like structures (Figure 4F). Collectively, these results suggested that DSF significantly suppressed pro-inflammatory cytokine production and M1-type macrophage population in TI mice.
[image: Figure 4]FIGURE 4 | DSF inhibited GSDMD-dependent cell pyroptosis and inflammatory cytokine release. (A) Western blot analysis of IL-1β, IL-1α, and HMGB1 in tendon from control, TI, and TI oral with DSF mouse groups. (B) Quantitative analysis of IL-1β, IL-1α, and HMGB1 in A. (C) Western blot analysis of GSDMD, GSDMD-N, caspase-1, and caspase-11 in tendon from the indicated groups. (D) Quantitative analysis of GSDMD-N, caspase-1, and caspase-11 in C. (E) FACS of M-CSF-induced macrophages (F4/80+) from control, TI, and TI oral with DSF mouse groups. (F,G) BMDMs were pretreated with DMSO or DSF (5 μM) for 2 h. Then the cells were treated with LPS (100 ng/ml), IFN-γ (20 ng/ml), and IL-4 (20 ng/ml) for 6 h. The morphology of macrophages was observed by differential interference-contrast microscopy (F) and ratios of lamellipodial to filopodial macrophages (G). Data are presented as the mean ± SEM (n = 6) (B, D). *p < 0.05.
DSF Suppressed Fibroblast Activation and Proliferation After BMDM Exosome Treatment
Excessive fibroblast proliferation is an important pathological characteristic of peritendinous fibrosis after TI (Zheng et al., 2017). A number of recent studies have indicated that macrophage-derived exosomes can promote proliferation, migration, and fibrotic activity of fibroblast (Cui et al., 2019). To determine whether DSF was required for fibroblast proliferation and activity after BMDM exosome treatment, NIH/3T3 fibroblasts were cultured and treated with macrophage-derived exosomes. Western blot analysis showed increased FN, Col-I, and α-SMA expression in the cultured fibroblast with BMDM exosome treatment, while DSF significantly suppressed the expression of these pro-fibrotic markers (Figure 5). Subsequent analysis of proliferation revealed a significant upregulation of EdU in the fibroblast after BMDM exosome treatment (Figure 5C), which was attenuated after DSF treatment. Moreover, the increased phase of G2/M plus S after BMDM exosome treatment was significantly suppressed by DSF (Figure 5). We further detected the migration capacity of fibroblast by crystal violet staining (Figure 5) and scratch test (Figure 5). The increased upregulation of migration capacity of fibroblast after BMDM exosome treatment was found to be significantly suppressed by DSF. These in vitro data support evidence for a pro-fibrogenic role of BMDM exosomes in fibroblast, and DSF can be an effective therapeutic agent for modulating BMDM exosome-induced fibroblast proliferation and migration.
[image: Figure 5]FIGURE 5 | DSF significantly reduced fibroblast activation and proliferation after BMDM exosome treatment. NIH/3T3 fibroblasts were cultured and treated with macrophage-derived exosomes. Cells were pretreated with DSF (5 μM) or DMSO (0.01%) for 2 h. (A,B) Western blot (A) and quantitative (B) analyses of FN, Col-I, and α-SMA in fibroblast from control, exosomes, and exosomes in the presence of DSF. (C) Quantitative analysis of EdU incorporation in fibroblast from control, exosomes, and exosomes in the presence of DSF. (D,E) FACS (D) and quantitative (E) analysis of cell cycle in fibroblast from control, exosomes, and exosomes in the presence of DSF. (F,G) The picture (F) and quantitative analysis (G) of the cell migration in fibroblast from control, exosomes, and exosomes in the presence of DSF. Scale bar = 20 μm. (H,I) The picture (H) and quantitative analysis (I) of the cell wound scratch assay in fibroblast from control, exosomes, and exosomes in the presence of DSF. Scale bar = 20 μm. Data are presented as the mean ± SEM (n = 3) (B,C,E,G,I). *p < 0.05.
DISCUSSION
The communication between macrophages and peritendinous fibroblast plays an essential role in the tendon-healing process. Presently, there is considerable interest in tendon–bone injury that can specifically target macrophage activity, such as macrophage-derived miRNA, exosomes, or chemokines (Gelberman et al., 2017; Cui et al., 2019; Lehner et al., 2019). In this study, we have revealed a critical role of DSF in macrophage polarization and peritendinous fibrosis. In addition, a significant reduction in the levels of various pro-inflammatory cytokines such as IL-1β, TNF-α, and HMGB1 in TI mice was noted after DSF treatment. We also found that DSF significantly suppressed fibroblast activation and proliferation after BMDM exosome treatment. Furthermore, we detected the cleaved GSDMD-N and pro-inflammatory cytokines in the healing tendon of TI mice. These findings reveal the possible involvement of a novel pathway of GSDMD-dependent macrophage cell pyroptosis in remodeling fibrogenesis in tendon–bone injury. GSDMD inhibitor DSF may thus function as potential therapeutic agent in tendon–bone injury.
Infiltration of macrophages to cause tendon–bone damage has recently been increasingly associated with peritendinous adhesion (Cai et al., 2021). In an in vitro study, M-CSF-induced BMDMs displayed an increased F4/80 staining in the TI mice than in the control. Through systematically screening a compound library, we found that DSF significantly suppressed pro-inflammatory-type macrophages and facilitated the transformation of M2-type macrophages as indicated by increased expression levels of CD86 and CD206. The results suggested that DSF can be a therapeutic target of immune cells in remodeling tendon–bone injury. It has been established that the initiation of tendon pathology depends upon immune cell infiltration and pro-inflammatory cytokine production, such as IL-6 and TNF-α (Kawamura et al., 2005; Stauber et al., 2021). In addition, TI can elicit an increase in macrophage accumulation from 1 to 28 days in Achilles TI (Marsolais et al., 2001). Furthermore, it has been reported that there was an increased infiltration of macrophages in torn supraspinatus tendon from human tendinopathy (Millar et al., 2010), and the NF-κB pathway was found to be upregulated in fibrous tissue formed around the tendon in both human and rat samples (Chen et al., 2017). Moreover, although macrophages can regulate the TI through releasing several pro-inflammatory cytokines, growth factors, or exosomes, whether there are any small-molecular compounds that can potentially mediate the crosstalk between macrophage and peritendinous fibroblast is not fully understood.
For an in vivo study, we have used a mouse model wherein mice underwent transection and repair of the FDL tendon in the right hind paw. This mouse model has a peritendinous fibrosis formation around the injured tendon (Ackerman and Loiselle, 2016; Lin et al., 2020). The results of our study also showed increased F4/80-positive stained cells around α-SMA cells, which clearly indicated the mutual activation of both macrophage and fibroblast. A number of previous studies have identified that macrophages are necessary for peritendinous fibrosis in this mouse model by facilitating macrophage depletion with clodronate liposomes (Cui et al., 2019). This enabled us to investigate whether inflammatory cytokines or damage-associated molecular patterns (DAMPs) that are released from macrophages might play an essential role in TI mice. The data showed that the levels of macrophage-derived IL-1β, IL-1α, or HMGB1 were significantly increased in healing tendon. The significant abundance of IL-1β, IL-1α, or HMGB1 in healing tendon may be attributed to enhanced inflammatory response, which can increase the accumulation of macrophage to the injured site (Gelberman et al., 2017; Li et al., 2021). Our immunofluorescence data also indicated increased macrophage infiltration, accompanied with peritendinous fibroblast activation in tendon bone injury, thereby suggesting that BMDM can serve as important mediators of the peritendinous fibrosis. The regulation of the pro-inflammatory phenotype macrophage transformation may act as an important messenger in mediating intercellular crosstalk between immune cells and resident tenocyte or fibroblast.
Although DSF has been used as an FDA-approved drug for treating alcohol addiction, recent studies have revealed its novel biological effects including antitumor and antimetabolic activities in diverse models (Author Anonymous, 2018; Bernier et al., 2020). In our in vivo study, we demonstrated that DSF alleviated peritendinous tissue fibrosis lesions after the TI. It has been suggested that the application of DSF may be limited in vivo due to low water solubility, poor stability, and rapid metabolism. In live animals, orally administered DSF can be metabolized into dithiocarbamate (DTC) or DSF/Cu complex (Zhou et al., 2018; Wu et al., 2019), and it has been identified that the DSF/Cu complex can directly bind to nuclear protein localization 4 (NPL4) and promote cell apoptosis (Skrott et al., 2017). So further studies are needed to identify whether DTC or DSF/Cu complex can act as important mediators in TI. Our in vitro data showed that DSF exhibited a potent antifibrotic effect by, modulating the expression of various fibrotic markers such as FN, Col-I, and α-SAM in fibroblasts after BMDM exosome treatment. BMDM exosomes have previously been shown to promote fibrosis in tendon–bone injury (Cui et al., 2019). Our studies also demonstrated that DSF can significantly reduce the cell proliferation and migration after BMDM exosome treatment. These results indicated that there might be distinct effects of DSF on both the macrophages and fibroblasts. Since DSF dysregulated the p97-NPL4-ubiquitin fusion degradation protein 1 (UFD1) pathway, the effect of DSF on fibroblast proliferation and migration may be primarily dependent on the erroneous protein accumulation and cell death. Further studies are required to investigate the precise mechanism of action of DSF on fibroblasts.
GSDMD has been recently identified as a pyroptotic executioner, which can participate in the numerous diseases, such as acute kidney injury, alcoholic hepatitis, or neuroinflammation (Khanova et al., 2018; Li et al., 2019; Miao et al., 2019). Our results showed that the cleaved N-terminal of GSDMD was predominantly detected in tendon–bone injury, and the level of IL-1β was significantly suppressed after DSF treatment. In recent years, expression and activation of GSDMD have been reported in macrophages, and GSDMD-dependent pore formation can act as a conduit for IL-1β secretion (Heilig et al., 2018). GSDMD contains the N-terminal GSDMD-N domain and the C-terminal GSDMD-C domain, which are linked together by a long loop (Shi et al., 2017). The cleaved GSDMD-N thus oligomerizes in the membranes, causes lytic cells, and stimulates IL-1β release. GSDMD is widely expressed in the different tissues and cell types, with high levels of expression in the macrophages and gastrointestinal epithelia (Saeki et al., 2000). Since the whole protein in western blot contains tenocytes, fibroblasts, and macrophages, further investigations are needed to identify whether GSDMD can also be expressed in tenocyte cells and whether tenocyte cells can undergo pyroptosis during the TI.
In conclusion, the data generated in the present study highlighted an important role of DSF-mediated macrophage polarization as a potential driver of TI mice. We found that TI can trigger the upregulation of different pro-inflammatory cytokines. Our results also suggest an essential role of DSF for peritendinous fibrosis. Moreover, the FDA-approved drug DSF, which is used to treat alcohol addiction, has been recently shown to inhibit GSDMD pore formation. We found that DSF was able to effectively inhibit pyroptosis and IL-1β release from M1-type macrophages. Given the significant unmet clinical needs of TI patients, the therapeutic potential of the repurposing of this drug as a means of treating TI warrants further studies.
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Human Microphysiological Systems (hMPS), otherwise known as organ- and tissue-on-a-chip models, are an emerging technology with the potential to replace in vivo animal studies with in vitro models that emulate human physiology at basic levels. hMPS platforms are designed to overcome limitations of two-dimensional (2D) cell culture systems by mimicking 3D tissue organization and microenvironmental cues that are physiologically and clinically relevant. Unlike animal studies, hMPS models can be configured for high content or high throughput screening in preclinical drug development. Applications in modeling acute and chronic injuries in the musculoskeletal system are slowly developing. However, the complexity and load bearing nature of musculoskeletal tissues and joints present unique challenges related to our limited understanding of disease mechanisms and the lack of consensus biomarkers to guide biological therapy development. With emphasis on examples of modeling musculoskeletal tissues, joints on chips, and organoids, this review highlights current trends of microphysiological systems technology. The review surveys state-of-the-art design and fabrication considerations inspired by lessons from bioreactors and biological variables emphasizing the role of induced pluripotent stem cells and genetic engineering in creating isogenic, patient-specific multicellular hMPS. The major challenges in modeling musculoskeletal tissues using hMPS chips are identified, including incorporating biological barriers, simulating joint compartments and heterogenous tissue interfaces, simulating immune interactions and inflammatory factors, simulating effects of in vivo loading, recording nociceptors responses as surrogates for pain outcomes, modeling the dynamic injury and healing responses by monitoring secreted proteins in real time, and creating arrayed formats for robotic high throughput screens. Overcoming these barriers will revolutionize musculoskeletal research by enabling physiologically relevant, predictive models of human tissues and joint diseases to accelerate and de-risk therapeutic discovery and translation to the clinic.
Keywords: organ-on-chip, tissue-on-chip, microphysiologic systems, musculoskeletal, muscle, bone, cartilage, tendon and ligament
1 INTRODUCTION
Musculoskeletal conditions encompass a wide spectrum of pain or damage associated with muscle, bone, cartilage, tendon, ligament, joints, and nerves. Injuries to musculoskeletal tissues are the leading cause of disability worldwide and often limit mobility and restrict the patients’ ability to work or participate in recreational activities. As the mean age of the population increases, it is expected that the prevalence of musculoskeletal conditions and the associated socioeconomic burden will increase drastically in the coming decades (Sebbag et al., 2019). The most frequently reported musculoskeletal conditions in the US include arthritis, chronic joint pain, and back pain. Treatments typically prioritize pain-relief, including benzodiazepines, muscle relaxants, serotonin-norepinephrine reuptake inhibitors (SNRIs), non-steroidal anti-inflammatory drugs (NSAIDs), or combinations of those and other pain-relieving drugs (Hsu et al., 2019). While effective as palliative treatments, these are not disease-modifying or reparative drugs that address the molecular basis of the pathology. Therefore, there is a critical need for an improved understanding of the mechanisms of musculoskeletal pathologies to guide the development of drugs that resolve the underlying causes.
The process for drug and therapeutic discovery, development, and approval is arduous and costly. Discovery typically starts in academic or pharmaceutical laboratories. Unfortunately, many discoveries in academic laboratories fail to be reproducible or scaled up in pharmaceutical research and development laboratories. Leading drug candidates may be abandoned in the developmental “valley of death” because they are too slow or too costly to develop. And even well-funded efforts can fail in clinical trials despite promising preclinical findings. As a result, only ∼10% of the therapeutic development pipelines entering phase I clinical trials typically proceed to FDA approval. Without a technological breakthrough that reduces risk and front-end investments required for drug development, these significant barriers will continue to hamper development and translation efforts (Hay et al., 2014).
Less than 8% of active interventional clinical trials of musculoskeletal diseases in the United States involve disease-modifying biological therapies, including stem cell therapy, growth factors and platelet-rich-plasma trials. The shortage of biological therapies for musculoskeletal conditions, excluding arthritis, highlights several issues for the field to recognize and tackle. The American Academy of Orthopedic Surgeons (AAOS) Symposium in 2015 identified the root cause as the incomplete knowledge of musculoskeletal disease mechanisms and a lack of reliable biomarkers to inform clinical trials (LaPrade et al., 2016). In addition to frequent findings of poor efficacy, late-stage clinical trials fail from flawed study designs, inappropriate statistical endpoints, drug safety, or underpowered clinical trials resulting from patient dropouts and insufficient enrollment (Fogel, 2018). Although not all these factors can be controlled, there is an opportunity to address efficacy and safety assessment of therapeutic candidates earlier in the preclinical stages with better models of human musculoskeletal disease.
The level of evidence obtained from preclinical studies using animal models and in vitro culture systems is constrained by the limitations of these models. Animal models have been the cornerstone of translatable biomedical research over the past century. Despite their undeniable value in biomedical research, animal models have numerous limitations that unfortunately have contributed to the arduous and costly new therapy development process. Animal studies are intrinsically low throughput and do not accurately predict the drug’s effects and bioavailability in humans due to differences in pharmacokinetic and pharmacodynamic (PK/PD) responses. In addition, animal models used for biomedical studies are almost always inbred for research purposes and thus lack the genetic diversity of the human population. Lastly, studies of experimentally-induced acute or chronic musculoskeletal conditions do not use consensus models to allow uniformity in outcomes and valid interpretations of different experiments. Current in vitro culture models represent artificial, non-physiological conditions, mostly consisting of a single cell type or at best co-cultures of two cell types, to simulate the paracrine signaling between immune cells (e.g., macrophages) and mesenchymal cells (e.g., myocytes, fibroblasts, osteoblasts, osteocytes, and chondrocytes). Three dimensional (3D) scaffolds such as collagen are often used, but they are typically monocellular and not readily amenable to modeling the heterogeneity in a tissue. These systems are, therefore, inadequate to faithfully model treatment effects on acute or chronic musculoskeletal conditions or predict clinical outcomes.
Biomedical innovations such as induced pluripotent stem cells (iPSCs) from adult somatic cells (Takahashi and Yamanaka, 2006), CRISPR/CAS for gene editing (Jinek et al., 2012), and organ-on-a-chip (OoaC), also known as microphysiological systems (MPS), are ushering in an era where in vitro systems provide relevant, accessible, and flexible models of tissues and organs. MPS typically use microfluidic channels or compartments that model micro-scale units of multicellular tissues or organs (Bhatia and Ingber, 2014), tissue interfaces (Griep et al., 2013), and multi-organ systems (Sung et al., 2013). Ideally, MPS are allometrically scaled models of human tissues in their anatomical and physiological contexts. These technologies have various applications including disease modeling, drug discovery, toxicology screening, and personalized medicine (Esch et al., 2015). The integration of major tissues and organs in the human body in a single chip or connected chips to predict safety, efficacy and PK/PD of drug candidates in humans is one of the most exciting recent advances in the biomedical sciences (Figure 1). Therefore, MPS are a disruptive technology platform for evaluating safety and efficacy during the early stages of drug and therapeutic development and informing the planning and execution of clinical trials. This was recently demonstrated by a breakthrough study that used MPS of vascularized human kidney spheroids with integrated tissue-embedded microsensors for oxygen, glucose, lactate, and glutamine to provide real-time assessment of nephrotoxicity of immunosuppressive (cyclosporine) and anticancer (cisplatin) drugs. Importantly, the kidney-on-a-chip uncovered a previously unknown mechanism of injury involving glucose transport and predicted the protective effects of sodium-glucose cotransporter-2 (SGLT2) inhibitor (empagliflozin) against the nephrotoxicity induced by the immunosuppressive and anticancer drugs. The sensor-enabled kidney-on-a-chip prediction of safety and efficacy of the combination therapy was validated through retrospective analysis of a clinical study involving 247 patients receiving cyclosporine or cisplatin alone or in combination with the SGLT2 inhibitor empagliflozin (Cohen et al., 2021). Such works are paving the way for MPS technology to transform drug development and patient healthcare.
[image: Figure 1]FIGURE 1 | Human iPSCs can be derived from patient somatic cells procured through a minimally invasive tissue biopsy and reprogramming using pluripotency factors. hiPSC applications in microphysiological systems include disease models, drug discovery, and human preclinical trials on a chip, including ADMET (absorbance, distribution, metabolism, excretion, and toxicity) and pharmacokinetics and pharmacodynamics (PK/PD) studies.
Despite the proliferation of these sophisticated chips to model various tissue and organ systems, scientists in the musculoskeletal field have been slow to develop and adopt them. For example, there has been significant progress in developing and validating MPS for major diseases associated with high mortality rates such as the heart (Marsano et al., 2016), lung (Huh et al., 2010), intestines (Bein et al., 2018), and liver (Raasch et al., 2019). Many of these systems are reported in the Microphysiology Systems Database (MPS-Db) developed by the University of Pittsburgh Drug Discovery Institute to aggregate and manage data from different laboratories and to provide reference and clinical data to evaluate and validate experimental MPS results (Gough et al., 2016). Currently, musculoskeletal models of bone, joint, and skeletal muscle account for <10% of the entries in the MPS-Db. Arguably, the slow adoption of MPS in studies of musculoskeletal diseases can be attributed to conceptual and practical challenges in modeling cell and extracellular matrix (ECM) interactions in the dynamic injury and healing processes, in vivo mechanical loading, incorporating vascularization and innervation, and recreating joints and sophisticated soft-to-hard tissue interfaces.
Therefore, this review outlines current tools and trends in the MPS field, citing examples of early applications to model musculoskeletal diseases. In addition to providing an overview of critical issues in MPS, the review discusses specific challenges that should be prioritized in future MPS models of musculoskeletal diseases to accelerate their adoption into the drug and therapeutic discovery pipeline and in virtual clinical trials.
2 FROM BIOREACTORS TO MICROPHYSIOLOGICAL SYSTEMS
Bioreactors are closed cell and tissue culture systems in which the biochemical and biophysical environments of the culture are tightly regulated and monitored (Figure 2A). Traditionally bioreactors have been used as cell expansion systems for cell therapy, 3D engineered tissue training and maturation systems, and extracorporeal organ support devices (Ellis et al., 2005). MPS adopt many of the traditional bioreactor design principles, including perfusion, shear stimulation, or mechanical actuation (stretch or compression) on a much smaller scale with most applications focused on human disease research and drug screening (Figure 2B). Bioreactors and MPS manufacturing approaches are typically decoupled, where the tissue constructs and device components are manufactured separately and then assembled. This approach offers high flexibility in design through simulations and iterative prototypes before final manufacturing. For example, the design of a scaffold-free and perfused bioreactor can be optimized using computational fluid dynamic (CFD) simulations, allowing for tissue-specific designs to be optimized in silico. When tissue constructs with built-in microchannels are cultured in CFD-optimized bioreactors, effective nutrient perfusion and tissue maturation could be achieved over weeks of culture (Sego et al., 2020). This approach was utilized in the fabrication of autologous cartilage-bone grafts engineered for temporomandibular joint regeneration (TMJ). Both patient-specific geometry and scale were utilized to produce dual-perfusion bioreactors to match the patient’s geometry and cultivate mature constructs seeded with chondrogenic and osteogenic progenitors for weeks in vitro before demonstrating efficacy in TMJ reconstruction studies in large animals (Chen et al., 2020). The combination of computational simulation and experimental validation is commonplace in studies involving MPS as well (Aleman et al., 2019). In addition, bioreactors are commonly instrumented with sensors to monitor oxygen, glucose, lactate, and glutamine to provide real-time cell metabolism. The recent study from Cohen et al. (2021) suggested that tissue-embedded microsensors for oxygen, glucose, lactate, and glutamine in a kidney-on-a-chip MPS provide real-time assessment of cellular metabolism that led to the discovery of glucose transport as a nephrotoxicity mechanism associated with immunosuppressants and anti-cancer drugs (Cohen et al., 2021). Therefore, bioreactor design principles and technologies can be quite useful in informing design criteria and scaling down integrated sensors for MPS towards the goals of disease modeling and drug testing in clinically relevant contexts.
[image: Figure 2]FIGURE 2 | Applications of bioreactors and microphysiological systems are distinct. (A) Bioreactors are used to create engineered transplantable tissue grafts in tissue engineering and regenerative medicine. (B) Microphysiological systems are used in high content disease modeling and high throughput drug discovery and screening of efficacy and toxicity.
3 FROM ORGANOIDS TO ORGAN-ON-A-CHIP
Organoids are defined as 3D multicellular in vitro tissue constructs that mimic corresponding in vivo organs, such that they can be used to study aspects of that organ in the tissue culture system (De Souza, 2018). In general, they lack preconceived structure and architecture provided through intentional design of the micro tissue. Despite this, organoids can acquire the native organ’s 3D complexity and functionality in vivo based on cell-cell communication, spatial cues and gradients (Rossi et al., 2018). Organoids can be used in MPS applications involving disease models, drug discovery and testing, and regenerative medicine. For example, human iPSCs derived from ALS patients were used to create functional sensorimotor organoids (neuromuscular junctions (NMJs)) to probe how distinct ALS variants may impair skeletal muscles and motor neurons at the level of the NMJ (Figures 3A–E) (Pereira et al., 2021). Other examples include trabecular bone organoids, formed by seeding primary osteoblasts and osteoclasts onto femoral head micro-trabeculae, which are then encapsulated in fibrin spheroids and cultured to model a pathological bone mass loss due to simulated microgravity (Figures 3F–J) (Iordachescu et al., 2021). Additional examples of organoid based MPS of musculoskeletal tissues are listed in Table 1. These examples provide a strong case for organoid-based microphysiological disease models for therapeutic screening. Advantages of using organoids as MPS include the close mimicry to embryonic cell assembly and tissue growth in vivo and the small size of spherical organoids that represent fully functioning microphysiological units. Disadvantages include the high variability in self-assembling cell clusters and difficulty in controlling the culture conditions, including those required for reproducible differentiation.
[image: Figure 3]FIGURE 3 | Examples of Organoids and Organ-on-a-Chip Microphysiological Systems. (A–E) Human sensorimotor organoid model uses iPSCs cultured in suspension and allowed to self-assemble into organoids and mature in culture over several weeks (A), with immunostaining for neuronal stem cell (TUJ1), myogenic (TBXT, PAX7), neuromesodermal (SOX2/TBXT), and neurogenic (SOX2) transcription factors and the sarcomeric α-actinin (SAA) (B–E). The platform was used to test several ALS traits and their effect on the NMJ, elucidating key events and attributes of motor neuron diseases. [Reproduced from (Pereira et al., 2021) with permission]. (F–J) Trabecular bone in fibrin gel organoids (F) demonstrating bone remodeling in vitro (G) via the coupled activities of osteoblasts (H) and osteoclasts (I). This human trabecular bone organoid allows for detailed morphologic and resorption events to be studied and chemically characterized (J), including investigating the effects of microgravity on bone loss. [Reproduced from (Iordachescu et al., 2021) with permission]. (K–O) 3D neuromuscular co-culture in an organ-on-a-chip augments AChR signaling. A representative 3D skeletal muscle-motor neuron (MN) co-culture at 2 weeks (K). Neuromuscular tissue outlined with red dashed line in left panel. Representative confocal image of a 2-week old neuromuscular co-culture immunostained for sarcomeric α-actinin (SAA; green), α-bungarotoxin (BTX; magenta), and neurofilament heavy SMI-32 (red). A neuromuscular co-culture immunostained on Day 10 of differentiation for Rapsyn (red), bungarotoxin (BTX, white), and counter stained with Hoechst 33342 (blue). (L) Epifluorescence images of a GCaMP6-labeled transduced 3D muscle tissue to visualize muscle fiber calcium transients at time-points before (t = 0 s) and after (t = 1, 2, and 3 s) ACh stimulation. (M) Time course of GCaMP6 reporter fluorescence following ACh-induced stimulation of a representative 3D muscle tissue. (N) Quantification of GCaMP6 signal after 3D skeletal muscle tissue low (1 Hz) or high (20 Hz) electrical stimulation, or ACh biochemical stimulation, and relative to phosphate buffered saline treated control tissues (dotted line). (O) [Reproduced from (Afshar Bakooshli et al., 2019) with permission]. (P–U) The design of the human bone marrow on chip recapitulates human bone marrow histology through a vascular layer in contact with bone marrow derived mesenchymal stromal cells embedded in an extracellular matrix with immune cell progenitors over 2–4 weeks. (P) BM Chips seeded with CD34+ cells from normal donors versus SDS patients at 2 weeks of culture. (Q) Neutrophil [(R), left)], erythroid [(R), right], and CD34+ (S) cell numbers were quantified by flow cytometry. Percentages of neutrophils with a mature CD16hi surface phenotype in control versus SDS BM Chips were quantified by flow cytometry (T). Number of erythroid cells at different maturation states (left) and representative flow plots (right) depicting the percentages of the erythroid subpopulations (E1: immature, E3: mature), as quantified by flow cytometry (U). (Reproduced from (Chou et al., 2020) with permission).
TABLE 1 | Examples of organoid models of musculoskeletal tissues and organs.
[image: Table 1]MPS are most commonly synonymous with organ-on-a-chip (OoaC), microdevices engineered to contain patterned cells and ECM to model tissue and organ structure and function at the micro-scale. The defining characteristics of OoaC include recreating the 3D arrangement of tissues on the platform, patterning multiple organotypic cells in a physiologically relevant context, and simulating biochemical (signals) and biophysical (forces) cues relevant to the modeled tissue or organ. For example, the effectiveness of co-culturing 3D human skeletal muscle fiber tissues with human iPSC-derived motor neurons to study the NMJ depends on whether the model is 2D or 3D. When 3D NMJ-on-chip models were compared to 2D culture conditions, they demonstrated functional superiority in fiber maturation and Acetylcholine receptors (AChR) clustering that affected the electrophysiological responses, strongly suggesting that 3D NMJ-on-chip is a powerful model to study adult human sensorimotor synaptogenesis and NMJ disease in vitro (Figures 3K–O) (Afshar Bakooshli et al., 2019).
In addition, the periarterial, perisinusoidal, mesenchymal, and osteoblastic hematopoietic niches in the bone marrow (BM) in vivo have been modeled in a two-channel vascularized BM-on-chip platform. The BM channel was simulated using a fibrin hydrogel in which CD34+ cells and marrow-derived stromal cells were co-cultured, whereas the vascular channel, separated from the channel using a porous elastic membrane, was lined with endothelial cells cultured under media flow (Figures 3P–U). The BM-on-chip device reproduced key features in the BM hematopoietic stem cell niche and simulated expected pathologies in hematopoiesis when constructed using cells from SDS (Shwachman–Diamond syndrome) patients (Chou et al., 2020). Additional examples of OoaCs based MPS of musculoskeletal tissues are listed in Table 2. These examples demonstrate the advantages of OoaC microdevices, which provide physiologically relevant, human-specific alternatives to animal testing for the study of disease pathophysiology, and the ability to recapitulate clinically relevant disease states by engineering features of organ architecture and physiology at the microscale. Disadvantages include the simplistic nature of these disease models. Regardless, the common aphorism stating that “all models are wrong, but some are useful” applies here. The level of complexity needed in creating these models must balance a real value that otherwise could not be attained from a simpler model.
TABLE 2 | Examples of tissue-on-a-chip models of musculoskeletal tissues and organs.
[image: Table 2]4 CONSIDERATIONS FOR BUILDING MUSCULOSKELETAL MICROPHYSIOLOGICAL SYSTEMS
4.1 Cell Sources
There are various cell sources for MPS, which include primary cells, cell lines, stem cells, and iPSCs. Each source has advantages and disadvantages, which must be factored in their utilization in MPS applications. Arguably, these cells must be derived from human sources for the MPS to have their highest impact.
4.1.1 Primary Cells
Primary or somatic cells are directly isolated from living tissue and ideally suited to model the tissue from which they are extracted. In many tissues, primary cell isolation retrieves heterogeneous populations, including tissue-resident stem cells (Alberts et al., 2002). This necessitates protocols to purify and enrich the desired cell type based on a variety of sorting criteria and technologies. Furthermore, dissociating the different subpopulations of cells from the tissue results in a loss of important spatial cues and gradients, leading to dedifferentiation (Shoshani and Zipori, 2015). To maintain the differentiated cell phenotype, specific culture media, culture conditions, and matrix requirements must be empirically optimized. Despite their obvious advantages in performing their differentiated functions and secreting tissue-specific molecules, primary cells have limitations. Primary cells experience stress-induced senescence after multiple passages and endure replicative aging and contact inhibition that limit their proliferation in vitro (Sherr and DePinho, 2000). Although commonly seen in aging tissues, replicative senescence in vitro poses significant challenges in modeling diseases, especially when senescence is not a feature of the disease. Furthermore, the availability of primary cells is limited because their harvest is typically invasive and can result in significant donor site morbidities. This is a serious limitation in modeling or integrating different types of patient-specific cells in MPS.
4.1.2 Immortalized Cell Lines
Human primary cells undergo a limited number of cell divisions (40–60) in culture before they reach senescence and lose their ability to divide. This loss of proliferative ability is attributed to reduced telomerase activity at high passage numbers (Hayflick and Moorhead, 1961). Therefore, immortalized cell lines, created using techniques such as human telomerase reverse transcriptase (hTERT), can overcome the Hayflick limit of primary cells. Cell lines can undergo unlimited divisions in culture at low cost, making them readily available from several commercial vendors and widely used across numerous laboratories worldwide. These properties afford them desirable consistency and reproducibility, making them a popular choice for basic research to study the molecular mechanisms of human disease in academic laboratories. They are also used in industrial production of recombinant proteins and vaccines and for drug cytotoxicity testing. Unfortunately, these cell types exhibit significant chromosomal and genetic abnormalities, which limit their ability to reproduce normal cell behavior in vitro (Lorsch et al., 2014). These drawbacks do not always outweigh the simplicity of using immortalized cell lines, particularly during MPS development where design iteration and testing does not require physiologically accurate cells. Cell lines should be replaced by more representative cells however, in the translational application of MPS models.
4.1.3 Stem Cells
Stem cells are perhaps the single most important discovery in regenerative medicine. They possess properties that can theoretically correct pathological changes caused by disease or injury. However, stem cells and their progenies can also be used as primary components of personalized (patient specific) MPS models of human disease. By definition, stem cells are characterized by the ability to self-renew indefinitely by symmetric or asymmetric cell division while maintaining an undifferentiated state and the ability to differentiate into the various fates of specialized cell types under the right chemical and biological cues. This latter property refers to the regenerative potency of stem cells. While the nomenclature is generally not uniformly used, pluripotent stem cells can differentiate into cells from any of the three embryonic germ layers: the ectoderm, the mesoderm, and the endoderm. First successfully isolated from the inner cell mass of the blastocyst by James Thompson in 1998 (Thomson et al., 1998), human embryonic stem cells (hESC) are demonstrably pluripotent, making them promising therapies in regenerative medicine and indispensable tools for basic research, drug discovery and testing. Therefore, they represent an important cell source for MPS models of human disease. However, the use of hESC is contentious due to ethical concerns related to their embryonic source, which restricted federal funding for continued generation of new hESC colonies. Moreover, early colonies of hESC have been generated using murine fibroblast feeder layers and animal sera, making them potentially unsuitable for clinical applications of regenerative medicine. As so, the derivation of differentiated cells from high passage hESC, some of which are now greater than 20 years-old, should be carefully assessed to ensure the cells have not accumulated abnormal traits. Alternative sourcing of hESC can be achieved through somatic cell nuclear transfer (SCNT or cloning) but this also raises ethical concerns about the unhinged use of this technology to clone human fetuses. In addition, the empirical protocols to generate and maintain hESC in their undifferentiated state are inefficient and could lead to spontaneous uncontrolled differentiation events that must be monitored and eliminated carefully.
Alternative sources of stem cells include extraembryonic fetal tissues such as the placenta and the umbilical cord (Wharton’s jelly). In addition, stem cells have been identified in specialized compartments or niches in numerous tissues that retain a moderate level of regenerative abilities throughout postnatal and adult life. These adult stem cells are multipotent, such that they can differentiate into different cell types that make the tissue or related tissues from the same embryonic germ layers. As with primary cells, the invasive isolation of human adult stem cells is associated with tissue injury and donor site morbidity that constrain their applications in MPS models.
However, bone marrow, which harbors hematopoietic stem cells (HSC) and mesenchymal stromal (also called stem) cells (MSC), is a replenishable, readily accessible source of adult stem cells with minimal morbidity. HSC give rise to myeloid and lymphoid progenies of blood and immune cells through well-characterized steps of differentiation, which can be replicated in vitro (Orkin and Zon, 2008). As such, marrow-derived HSC represent an important source of cells for MPS models incorporating interactions with immune cells. Marrow-derived mesenchymal cells were first identified by Friedenstein due to their clonogenic (colony forming) replicative properties and their propensity for osteogenic differentiation in vitro and ectopic bone formation in vivo (Friedenstein et al., 1987). Caplan later coined the term mesenchymal stem cells and significantly advanced the concept of mesengenesis, the differentiation of musculoskeletal progenies from MSC (Caplan, 1994). Protocols for isolating and characterizing human MSC and demonstrating the multilineage potential of MSC were later developed (Pittenger et al., 1999). Numerous studies have since demonstrated the ability of MSC to differentiate into musculoskeletal cells to be used in cell therapy and tissue engineering, including osteoblasts, chondrocytes, myocytes, tenocytes, adipocytes, and endothelial cells [reviewed in (Andrzejewska et al., 2019)]. Stem cells were also isolated from other tissues such as adipose-derived stem cells (ASC), which display comparable multilineage differentiation potential to marrow-derived MSC. Both MSC and ASC, as well as other tissue-derived adult stem cells, are now believed to be pericytes in vascular niches of these tissues (Crisan et al., 2008). And while the current paradigm in regenerative medicine has now shifted to emphasize the immunomodulatory and trophic phenotypes of adult stem cells with respect to their therapeutic potential (Caplan, 2017), their utility in MPS models of musculoskeletal diseases still requires efficient and reproducible multilineage differentiation protocols. Therefore, human marrow-derived HSC and MSC can potentially be useful tools in constructing isogenic vascularized tissue MPS models of musculoskeletal diseases.
4.1.4 Induced Pluripotent Stem Cells
The Noble prize discovery that somatic cells can be reprogrammed to turn back the clock and induce a pluripotent stem cell-like state opens limitless possibilities for applications in MPS models. iPSCs were originally derived from murine embryonic and adult fibroblasts through viral transfection with Oct3/4, Klf4, Sox2, and c-Myc pluripotency factors (Takahashi and Yamanaka, 2006). This discovery was later translated to generate human iPSCs through transfection of hESC–derived somatic cells, primary fetal tissues (lung, skin), and neonatal and adult dermal fibroblasts with the same or similar factors (OCT4, SOX2, NANOG, LIN28, or KLF4, MYC) (Yu et al., 2007). Today, numerous well characterized human iPSCs can be purchased from commercial vendors and cell banks or generated on demand from adult fibroblasts in academic laboratories and through commercial services. Numerous studies indicate human iPSCs bear a remarkably comparable pluripotency to hESCs. Therefore, hiPSCs hold great potential in cell and gene therapy to address genetic and degenerative diseases. Techniques such as ex vivo gene therapy or CRISPR/Cas9 can correct genetic mutations associated with various diseases in patient-derived iPSC progenies, which can then be used in autologous cell and gene therapies. Personalized, autologous iPSC-based therapies circumvent triggering an immune response and subsequent graft rejection. Additionally, human iPSCs hold great potential in MPS-based disease models for drug discovery and toxicity testing (Bellin et al., 2012).
In particular, the use of human iPSC-derived cells from an autologous donor overcomes the previously intractable problem of creating interconnected, isogenic MPS models of multiple tissues or organ, paving the way towards clinically relevant human-on-chip models (Figure 1). Therefore, human iPSC technology is highly valuable in MPS models of musculoskeletal conditions, especially for composite tissues that require incorporating different cell types such as muscle-tendon (myotendinous junctions) and tendon/ligament-bone interface (entheses), osteochondral tissues, vascularized and innervated muscle and bone tissues or composites thereof.
Despite their undeniable potential for MPS applications, the use of human iPSC in modeling human diseases has limitations. The relationship between the genome and epigenome has broadened the understanding of the types of molecular events that cause human disease. Current strategies for iPSC generation/regeneration of isogenic tissues eliminates this epigenetic memory from donor cells while maintaining the patient’s intact genome. Although human iPSC are effective for modeling purely genetic disease (e.g., Amyotrophic Lateral Sclerosis or Duchenne muscular dystrophy), they have limitations in modeling diseases stemming from both genetic and epigenetic factors. They also have other challenges in modeling important biological variables that maybe systemic rather than purely cellular, including sex and age.
As with stem cells, the utility of human iPSCs in MPS models of musculoskeletal diseases requires efficient and reproducible multilineage differentiation protocols. Strategies to generate human iPSC musculoskeletal derivatives have been described in numerous publications, including osteoblasts (Zujur et al., 2020), tenocytes (Nakajima et al., 2021), chondrocytes (Wu et al., 2021), skeletal muscle (Rao et al., 2018), motor neurons (Bianchi et al., 2018), endothelial cells and vascular smooth muscle cells (Patsch et al., 2015), and monocytes and their progenies (macrophages and dendritic cells) (Cao et al., 2019), depicted as examples of recent protocols in Figure 4.
[image: Figure 4]FIGURE 4 | Strategies to derive musculoskeletal cells from human iPSCs through stepwise differentiation.
4.2 Extracellular Matrix Biomaterials
Polymeric hydrogels are widely used in MPS platforms as they resemble the macromolecular ECM of many tissues and organs, providing proper cellular architecture, support, and function. The three main categories of hydrogels include natural, synthetic, and hybrid materials. Animal sourced natural hydrogels such as collagen and fibrin are biocompatible and provide native cell-binding ligands and biochemical properties present in native tissues. On the other hand, the process of deriving natural hydrogels from animals results in limited mechanical strengths, long-term storage instabilities, and batch differences, reviewed in (Terrell et al., 2020). Alternatively, synthetic hydrogels provide more control over mechanical strength and batch differences as they are chemically synthesized from precursor molecules. However, synthetic hydrogels often require additional chemical modifications to promote cell adherence and viability (Cruz-Acuña and García, 2017). Often, hybrid hydrogels are synthesized from biological macromolecules such as hyaluronic acid, which can be combined with synthetic hydrogels or chemically modified using acrylation reactions to enable photo crosslinking upon the addition of photo initiators and exposure to light (Jiang et al., 2020).
Aside from hydrogels, ECM derived biomaterials also include decellularized scaffolds which provide a native environment for tissue engineering, electrospun fibrous scaffolds providing nano-microscale fibrous structures with interconnecting pores, and 3D-printed materials fabricated to fit the desired geometry. Materials for these approaches can be native (tissue-derived), synthetic, or hybrid. The primary advantages of these approaches are the controlled architecture acquired through scaffolding and high-definition fabrication techniques achieved with electrospinning and 3D-printing. Limitations of these approaches include the difficulty in recreating cell-ECM interactions in vivo and biomechanically matching the tissue of interest with a biomaterial scaffold. Although not thoroughly covered here, others have extensively reviewed the biomaterials and fabrication methods which are key components in successful representation of musculoskeletal disease models (Cunniffe et al., 2019; Li et al., 2021).
4.3 Fabrication Materials in MPS Devices
Beyond the conceptual design of the MPS, practical considerations influence the choice of materials used in device fabrication. The most commonly used fabrication materials for MPS devices are elastomers and rigid polymers. The choice of the fabrication materials affects manufacturability, assembly flexibility, maintaining sterility, incorporating precise physical stimuli (e.g., stretch and flow-induced shear), molecular adsorption and absorption, and longitudinal monitoring of outcomes through live microscopy or integrated sensors.
4.3.1 Elastomers
Elastomers are cross-linked polymers with weakly entangled chains. Due to their low elastic moduli and weak intermolecular forces, they easily deform (stretch or compress) and experience high strains without failure when an external force is exerted but return to their undeformed state when the force is withdrawn. Polydimethylsiloxane (PDMS) is an elastomer that has been widely adopted in the microfluidics community for its versatility, biocompatibility, permeability, and low cost. PDMS has been crucial in the early work of MPS and remains a prodigious material, with most devices still utilizing PDMS as their primary structural component. Despite its popularity, some limitations of PDMS include incompatibility with inorganic solvents, absorption of small hydrophobic molecules, adsorption of biomolecules, and gas permeability that lead to changes in concentrations of solutions over time (Ren et al., 2013). The multilayer soft lithographic fabrication method of PDMS is widely implemented in the MPS field yet is inadequate for industrial and high-throughput applications, both of which will be necessary if MPS are to be adopted into the drug development workflows. As an alternative, thermoplastic elastomers (TPE) offer thermoforming processing while maintaining low cost, optical transparency, biocompatibility, and flexibility comparable to PDMS. Flexible elastomers such as tetrafluoroethylene-propylene (FEPM), poly (polyol sebacate), and poly (esteramide) have been developed as PDMS alternatives. For example, Sano et al. (2019) modeled the endothelial-epithelial interface in a MPS by combining two FEPM microchannels separated by a collagen membrane that permits fluid flow through the channels and mechanical strain through vacuum chambers (Sano et al., 2019). Such innovations are highly practical as many MPS currently prototyped with PDMS can be re-designed with such materials. Reducing absorption of small hydrophobic drugs signified the potential of FEPM as an alternative to PDMS for drug discovery, with other materials offering similar performance such as poly [octamethylene maleate (anhydride) citrate) (POMaC) (Zhao et al., 2019]. Nonetheless, these alternative elastomers do not fully eliminate small molecule absorption in MPS and research into novel nonabsorbent elastomers with optical transparency, flexibility, and ease of fabrication continues. For the musculoskeletal field, elastomers have the highest impact as many of the tissues require bulk-tissue actuation (i.e., tendon stretching, cartilage compression) that can be hard to achieve without flexible materials.
4.3.2 Rigid Polymers
Rigid thermoplastic polymers such as Polystyrene (PS), Poly (methyl methacrylate) (PMMA), Polyurethane, Teflon, and PEGDA are high strength, relatively inflexible, low cost, light weight, optically transparent, and biocompatible (low monomer leaching) materials widely used in fabricating MPS devices. These rigid thermoplastics can be reshaped multiple times by reheating, which is advantageous for molding and bonding. These materials can be fabricated through silicon master molds, reactive ion etching (REI), injection molding and hot embossing. Therefore, thermoplastic components of MPS devices can have high upfront production and development costs not feasible for prototyping but suitable for large batch manufacturing. As an alternative, rapid prototyping methods include CNC micromilling techniques and 3D printing to allow for quick, low-cost fabrication at the benchtop.
Generally, rigid polymers show improved solvent compatibility compared to PDMS including some resistance to alcohols. However, they are incompatible with organic solvents such as ketones and hydrocarbons. Their low gas permeability makes them unsuitable for long-term and static cell studies in sealed microchannels and microchambers. These environments limit gas permeance which can be lethal to cells, particularly in incubators where CO2 exchange is necessary for buffering the cell media and can accumulate in impermeable, static platforms. Yet, it can be optimal when using media with premixed gases to monitor dissolved oxygen consumption and pH levels in the MPS environment for example (Müller et al., 2021). The advantages of impermeability were observed in two studies where PMMA and PS were compared to PDMS devices and demonstrated more reliable results in drug toxicity and effectiveness screening. In both cases, the rigid thermoplastic polymer MPS results resembled in vivo findings with respect to cytotoxicity and drug effectiveness compared to the PDMS MPS, which likely experienced dosage changes overtime due to protein absorption by the PDMS surfaces (Nguyen et al., 2019). Although optimal for microscopy and PK/PD studies, the rigidity of these materials makes it difficult for actuation to be incorporated. Therefore, hybrid MPS devices are common to take advantage of elastomeric and rigid polymer properties.
5 CHALLENGES FOR MUSCULOSKELETAL MPS
The implementation of intentional design strategy is key to successful MPS application. This requires that MPS platforms are designed to: 1) model the disease within the context of the tissue’s physiological and functional parameters, 2) enable longitudinal and endpoint assays, and 3) accommodate the skills, resources, and objectives of the end user. Physiological and functional parameters include gradients, heterogenous interfaces, biological barriers, mechanical or electrical stimulation, fluid flow, and interconnectivity with different tissue or organ chips. Longitudinal assays include brightfield and fluorescent microscopy, multiplex sensing of secreted proteins, while destructive endpoint assays include histology, immunohistochemistry, and q-PCR. End users could be trainees in academic laboratories pursuing high content data to uncover mechanisms of disease, drug discovery scientists in a pharmaceutical R&D facility pursuing high throughput data to identify hits that could be developed as drugs or biologics, or clinical trial technicians seeking proof of safety or efficacy of a drug candidate.
In addition to the challenges of creating clinically-faithful disease models with biomarkers that capture the dynamic nature of acute or chronic pathologies, tissues and joints in the musculoskeletal system, there are various specialized features that require engineering innovations to model them on MPS. For example, the migration of innate and adaptive immune cells from the bone marrow into the vasculature, the infiltration of platelets, neutrophils, macrophages, and various immune cells to sites of tissue injury, and cancer metastases growth underscore the importance of engineering permeable vascular barriers. Biological interfaces and ECM gradients, such as the myotendinous junction and the enthesis are critical not only for mechanical function but also for cellular functions and signaling, and there are several engineering approaches to engineer gradients that would need to be scaled down for MPS. Directed motor neuron terminal attachment to highly organized muscle fibers is another example of the intricate microarchitectural engineering that would be required to model innervated tissues (Rodríguez Cruz et al., 2020). Furthermore, sophisticated joint-on-chip designs must create closed compartments of joint cartilage and the underlying subchondral bone, synovial fluid, and vascularized synovial capsular tissues with articular motion to simulate nutrient transport, lubrication, in vivo loading, and inflammation. Importantly, engineering outcomes of pain indicators in MPS is critical to designing clinical trials-on-chip since pain is one of the most significant patient-reported outcomes in the clinic.
The following sections discuss seven challenges that should be prioritized in future musculoskeletal MPS platforms to increase the predictive power of these models in disease research and drug discovery areas. These challenges include engineering biological barriers, engineering heterogenous tissue interfaces, incorporation of immune cells and inflammatory factors, biomechanical actuation and loading, incorporating surrogate measurements for pain, integrating inline sensors for real-time monitoring of dynamic processes, and creating arrayed formats for high throughput screening.
5.1 Engineered Biological Barriers
The following section describes compartmentalized approaches used to engineer biological and vascular barriers in MPS with application examples in musculoskeletal disease models (Figure 5).
[image: Figure 5]FIGURE 5 | Approaches for engineering barriers and interfaces in musculoskeletal tissues, including porous membrane-based vascular barriers, microchannels, hydrogel-liquid interface, and perfusable microvascular channels network within through an ECM hydrogel barrier [Inspired from (Yeste et al., 2018)].
5.1.1 Semipermeable Membranes
Early strategies to polarize apical and basal epithelial or endothelial cell surfaces were accomplished with permeable substrates. Membrane filters were used to culture epithelial cells and form polarized monolayers with transport and permeability qualities of in vivo transporting epithelium (Cereijido et al., 1978). These models served as experimental platforms still in use today to elucidate epithelial and endothelial disease mechanisms in different organs (Boccellato et al., 2019). Semipermeable membranes separate chambers into two compartments allowing molecular and cellular transport only through nano- to micro-sized pores, respectively. These can be of particular importance in musculoskeletal tissues as fluid flow is incorporated to simulate vasculature, synovial fluid, or interstitial flow and cell cultures are required to be in suspension or direct contact with other cells or tissues. Semipermeable membranes permit exact compartmentalization, often difficult to achieve with ECM scaffold approaches, while allowing for cell-cell signaling Thermoplastics, elastomers, and inorganic materials have been used to fabricate porous membranes. The advantages of permeable membranes in MPS are their biocompatibility, optical transparency, and flexibility. Nevertheless, there are other variables to consider when implementing porous membranes including pore size, mechanical properties (stiffness), and thinness which have been extensively reviewed by Chung et al. (Chung et al., 2018). Compartmentalizing MPS using membranes allows for permeability assays to be performed as supernatants can be collected from both apical and basolateral compartments, delineating biological cues specific to luminal and basal cell surfaces. Additionally, the inclusion of micron-scale pores allows for cell transmigration studies between compartments, while strictly nanoporous membranes (pores < 100 nm) limit communication between tissues to paracrine signaling.
As an example, a recently published joint-on-chip model includes vascularized synovium and articular cartilage PDMS compartments separated by lined trapezoidal posts 90 µm apart creating micropores for cellular transmigration (Mondadori et al., 2021). Monocytes were introduced into the vascularized channel ± TNF-α and shear stress activation and monitored their transmigration into the osteoarthritic (OA) synovial fluid and cartilage compartments, identifying higher transmigration in the presence of OA synovial fluid compared to control medium alone. When monocytes were incubated with CCR2 and CCR5 receptor antagonists a significant reduction of extravasation was observed comparable to the control group where no OA synovial fluid was present. Such models serve as tools to study mechanisms responsible for abnormal macrophage infiltration and can be expanded to other leukocytes to study inflammatory musculoskeletal diseases. One limitation of many of the microfabricated membranes lies in their supraphysiologic thickness which slows the exchange of soluble factors between compartments but can negatively impact longitudinal microscopic imaging. Therefore, technologies to fabricate ultrathin porous membranes, which would mimic the in vivo barriers is a priority in MPS fabrication research.
5.1.2 Hydrogel-Liquid Interface
Hydrogels physically support cells in MPS while enabling direct interaction with surrounding fluid and/or other tissues. When incorporating hydrogels into MPS, a vital property to consider in addition to cytocompatibility and mechanical properties are molecular diffusion rates. Liquid interfaces with optimized hydrogels are powerful instruments to mimic native joints, simulate local inflammation, and administer therapeutics for drug screening assays. Additionally, such hydrogels can be patterned, and 3D printed to create musculoskeletal models with precisely controlled architectures. As an example, an osteochondral-tissue chip using human iPSCs was developed to model the pathology of OA by embedding induced mesenchymal progenitor cells (iMPC) in a methacrylated gelatin hydrogel. The cell-laden construct was placed in a bioreactor with two separated fluidic channels accessing the top and bottom of the construct respectively. A chondrogenic medium was perfused in the top channel and an osteogenic medium was supplied through the bottom conduit over 28 days to induce chondrogenic/osteogenic differentiation of the iMPCs. The construct was shown to effectively model OA in the cartilage compartment through the introduction of IL-1β, and responds by reducing inflammatory cytokines when treated with Celecoxib, a COX-2 inhibitor commonly used as a first-line treatment for OA (Lin et al., 2019).
5.1.3 Microchannels
Directly patterning microchannels into the MPS substrate is an effective approach to control the cellular architecture and organization. Microchannels link two adjacent chambers and can be lined with monolayer forming cells such as endothelial or epithelial cells to completely cover the inner surfaces or they can be used to guide axonal growth. Microchannels have been used to model the human neuromuscular junction (NMJ) transmission upon exposure to inhibitors, where motoneurons (MNs) can communicate with skeletal muscle cells in two separate compartments connected by microchannels embedded in a PDMS BioMEM construct. Physiological behavior was evidenced in the system as high frequency excitation of the MNs drove the myotubes to contract into tetanus while pharmacological NMJ inhibitors added to the muscle compartment demonstrated that MN-induced muscle contraction could be attenuated (Santhanam et al., 2018). Such a strategy can be pivotal in studies of neuromuscular degenerative diseases or injury states.
5.1.4 Vascular Networks Embedded in ECM
Perfusable channels are often designed to be embedded in hydrogel constructs within MPS, usually to form vascular networks. Vascular networks are critical to many diseases such as metastatic cancer, inflammation, and fibrosis. Incorporating vasculature into musculoskeletal MPS also permits immune cell components to be introduced and drug studies to be tested through vascularized models which can provide estimates of PK/PD. Vascular networks for MPS have been successfully incorporated into various tissues and organs and showed improved outcomes for disease modeling and physiological function (Jeon et al., 2015; Chen et al., 2017; Ewald et al., 2021). Vascularization in MPS can be achieved by physically patterning hollow channels through hydrogels and then infusing vascular cells to adhere to the tunnel walls forming vasculature with a perfusable lumen. Additionally, 3D printing techniques can be used to form more complex constructs such as larger blood vessels (Dellaquila et al., 2021). Nonetheless, these architectures can be difficult to achieve in MPS dimensions and often do not recapitulate the isotropic architecture of in vivo vasculature, such as in the bone marrow, a substantial challenge in musculoskeletal tissues that must be overcome to develop physiologically relevant MPS models.
Another approach to address this challenge is the self-assembled formation of vasculature from endothelial lined microchannels through a gel-liquid interface with angiogenic gradients driving vascular growth in the hydrogel (Kim et al., 2013). These mature networks have been shown to form impermeable vascular barriers allowing for perfusion of immune cells, biochemical signaling, and treatments between connected compartments (Ewald et al., 2021). For example, MPS were developed to model 3D vascularized muscle fibers using a sequential molding technique using optogenetic, Channelrhodopsin-2 expressing muscle fiber bundles and 3D vessels (600 μm diameter) in a collagen gel (Osaki et al., 2018). The interaction between the muscle fibers and the endothelial cells was modulated through secreted angiopoietin-1 and optical stimulation of muscle tissue contraction, which induced angiogenic sprouting. On the other hand, myogenesis and improved muscle contraction were regulated by interactions with the endothelial cells through angiopoetin-1/neuregulin-1 signaling, demonstrating the feasibility of embedding vascular networks in hydrogel models of musculoskeletal tissue, and the importance of accounting for signaling between endothelial cells and myocytes in the formation of functional muscle models.
5.2 Engineered Heterogenous Tissue Interfaces
In musculoskeletal tissues, the integration of soft-to-hard interfaces in vitro such as the cartilage-bone junction, neuromuscular junctions, myotendinous (muscle-to-bone) junction, and entheses (tendon-to-bone junction) into MPS are significant unmet needs. Modeling injury to biological junctions in a humanized model requires the integration of multiple tissues and phases into one MPS. This can be a particularly challenging process in vitro where cell matrix needs differ widely. Rowland et al. (2018) developed an anatomically shaped cartilage derived matrix construct to spatially organize chondrogenic and osteogenic differentiation of a bone marrow-derived mesenchymal stem cell population by controlling the site-specific expression of transcription and growth factors (Rowland et al., 2018). This model relies on the antagonistic effects of chondrogenic and osteogenic growth factors in a co-culture organoid model, which was designed to investigate aberrant inflammation in joints (Rowland et al., 2018). The cellular and structural complexity at interface regions connecting muscle to tendon (myotendinous junction or MTJ) or tendon/ligament to bone (enthesis) represent important functional adaptations and are commons sites of acute and chronic injuries. The largely extracellular tendon aspect of the MTJ develops ridge-like protrusions, which interdigitate with finger-like myofibrils in the muscle to increase contact surface area and enhance the MTJ strength (Knudsen et al., 2015). The engineering feat of recreating the interdigitating interface between muscle fibers and the mostly acellular ECM of tendon remains unmet, although recent scaffold-free approaches are showing promise (De Pieri et al., 2021). The enthesis is a common feature of both tendon and ligament insertion into bone. Recent evidence revealed continuous, spatially graded mineralization of the collagenous tendon as it inserts into the bone (Patel et al., 2018). The discovery of the graded composition inspired novel approaches for interface tissue engineering via biomimetic gradation of mineralization in nanofibrous-scaffolds (Li et al., 2009). The engineering of these heterogenous tissue interfaces remains an unmet need and a challenge for MPS models of MTJ or enthesis injury, but several strategies have been described in the literature (Phillips et al., 2008; Li et al., 2009; Manfrin et al., 2019). Although not specific to soft-to-hard interfaces, modeling heterogenous tissues requires the optimization of co-culture conditions for the several cell types involved. This presents unique hurdles which could potentially be overcome by incorporating gradient generators within the chips control the spatial concentrations of differentiating factors (Figure 6A) (Manfrin et al., 2019). Alternatively, scaffold-mediated spatially graded gene delivery strategy implemented to create a spatial gradient of Runx2 retrovirus within 3D matrices has been implemented as a tissue engineering approach for the enthesis (Figure 6B), which could be translated in MPS (Phillips et al., 2008). Additionally, mimicking the enthesis using a spatially graded coating of calcium phosphate on electrospun nanofibers can be a viable strategy for modeling the enthesis in a MPS (Figure 6C) (Li et al., 2009). Furthermore, substrate interactions such as stiffness, topography and pore density, which can affect cell differentiation must also be factored in.
[image: Figure 6]FIGURE 6 | Strategies for creating gradients that could be implemented in microphysiological systems. (A) Engineered signaling centers for the spatially controlled patterning of human pluripotent stem cells, showing schematic of the microfluidic device a single unit of the device, a picture of the PDMS microfluidic device filled with colored ink in the distinct compartments, and computational simulation of the diffusion of a reference molecule from the source side of the cell chamber after 48 h of perfusion. [Reproduced from (Manfrin et al., 2019) with permission]. (B) Schematic representation of scaffold-mediated spatially graded gene delivery strategy implemented to create a spatial distribution of Runx2 retrovirus within 3D matrices. The proximal portion of collagen scaffolds was coated with PLL before incubation in retroviral supernatant and fibroblast seeding. Representation of a fibroblast-seeded construct containing spatial patterns of noncovalently immobilized retrovirus, showing distribution of Runx2 retrovirus (R2RV) created by partially coating the proximal portion (left side) of collagen scaffolds with PLL at a dipping speed of 170 μm/s before incubation in retroviral supernatant and cell seeding. Confocal microscopy images demonstrating a graded distribution of FITC-labeled PLL (green) (B) and FITC-labeled PLL gradient colocalized with uniformly distributed cell nuclei (DAPI, blue), and immunohistochemical staining for eGFP (pink) counterstained with hematoxylin (blue) revealed elevated eGFP expression on the proximal scaffold portion coated with PLL-R2RV. [Reproduced from (Phillips et al., 2008. Copyright (2008) National Academy of Sciences, United States) with permission]. (C) Nanofiber scaffolds with gradations in mineral content for mimicking the enthesis using a graded coating of calcium phosphate on a nonwoven mat of electrospun nanofibers by submerging in 10× concentrated simulated body fluid added at a constant rate to linearly reduce the deposition time from the bottom to the top end of the substrate (d refers to the distance from the bottom edge of the substrate) (Left). SEM images of graded calcium phosphate coatings on the PLGA nanofibers from different regions, with d = 0 mm representing the longest exposure to SBF and d = 11 mm representing the shortest exposure to SBF [Reproduced from (Li et al., 2009) with permission].
5.3 Incorporation of Immune Cells and Inflammatory Factors
Inflammation represents the body’s response to cell and tissue damage from harmful agents or injury. The initiation, progression, and resolution phases of inflammation in musculoskeletal tissues and disease are important considerations in developing effective treatments. Acute injury to musculoskeletal tissues initiates the recruitment of inflammatory cells (neutrophils, monocytes, lymphocytes, and mast cells) to the injury site. Neutrophils, the first phagosomes recruited, set the stage to the activation of monocytes and lymphocytes to attack and eliminate foreign organisms and agents. The functional consequences of activation of circulating monocytes to macrophages, which represent the innate immune response, depend on their polarization, with M1 macrophages effecting phagocytosis and proinflammatory cytokines secretion and M2 macrophages typically credited with anti-inflammatory cytokine and growth factor secretion to initiate tissue repair (Sunwoo et al., 2020). Lymphocytes represent the body’s adaptive immune system and complement the innate immune responses. Among these are T and B cells, which are varied with complex effector functions both promoting and attenuating inflammatory responses (Murphy and Weaver, 2016).
The need to incorporate immune system function on MPS is not unique to those interested in musculoskeletal research. However, efforts to create “immune-system-on-a-chip” and similar platforms have largely been limited to three types of systems. These include systems with immune cells in tumors, systems investigating the interaction between endothelium and immune cells, and systems modeling the inflammatory process as a whole (Polini et al., 2019). While these models are not specific to musculoskeletal diseases, they provide valuable insights. An example of this is the three organ “body-on-a-chip” model used to study monocyte activation using an MPS model to recapitulate the complex responses of the immune system to various stimuli (Sasserath et al., 2020). As described earlier, the activation of monocytes to macrophages is a key component of many musculoskeletal diseases. Consequently, macrophage plasticity makes it difficult to study macrophages and their niches in vivo. For example, the intrinsic vs. extrinsic factors affecting the fate, heterogeneity and plasticity of synovial macrophages is still largely unknown, yet breakthroughs in this area can dramatically improve joint treatments (Culemann et al., 2019; Hannemann et al., 2021). Therefore, information gained from these types of models will be valuable in informing future musculoskeletal therapies. Targeted musculoskeletal MPS systems that also incorporate immune and inflammatory components are emerging. As discussed earlier, a microfluidic model of the articular joint has been used to study monocyte extravasation in osteoarthritis (Mondadori et al., 2021). Another example is the bone-marrow-on-a-chip which allows for the study of hematopoietic physiology and effect of toxicity on immune cells in different disease models (Chou et al., 2020). These examples and others serve to highlight the potential for musculoskeletal MPS models to incorporate immune system components and the continued motivation for prioritizing this research.
5.4 Biomechanical Actuation and Loading
When considering the application of MPS to the musculoskeletal system, much of the utility of MPS relies on the ability to integrate mechanical stimulation through various actuation strategies. The functions of mechanical stimulation during development are well established, including in the musculoskeletal system (Mammoto et al., 2013). In development, forces exerted by muscles on neighboring tissues are important regulators of proper formation of mature musculoskeletal tissues. These effects are diverse and include controlling the 3-dimensional geometry of bones, developing strong muscle-tendon junctions, and many others. Even beyond development, mechanical forces have been shown to contribute to the health and function of mature tissues as well as aging ones. One example that has been studied extensively is the potential compensation of age-related bone loss by mechanical stimulation (Shwartz et al., 2013). Additionally, preclinical and clinical studies have demonstrated the effectiveness of physical therapy (mechanical loading) as a component of treatment protocol after musculoskeletal injuries. Therefore, it is imperative that musculoskeletal MPS incorporate mechanical stimuli that are native to the tissue.
There are numerous strategies of mechanical actuation applied in tissue-on-a-chip research platforms. However, implementation in musculoskeletal MPS models is still in development. One of the most common ways to mechanically stimulate MPS models is to deform the substrate upon which cells or tissues are cultured. Often, this is accomplished through the use of vacuum chambers to stretch a flexible PDMS membrane, as has been reported in a model alveolar-capillary membrane (Huh et al., 2010). A similar technique has been implemented in a muscle model of muscular dystrophy in an MPS (Michielin et al., 2015) to stretch microtissues made of fibroblast-laden collagen hydrogels (Walker et al., 2018). In these cases, the substrate actuates 2D monolayers through membrane deflection, to simulate peristalsis or breathing motions, and 3D tissues which typically actuate multi-axially throughout the volume. These principles have been applied to MPS of cartilage-on-a-chip to introduce gradients of compression (Lee et al., 2018; Paggi et al., 2020) to simulate movements of joints. Other techniques involve using mechanical actuators to physically manipulate a substrate or device (Kamble et al., 2016) are frequently used for multi-axial actuation, however these techniques will often require larger experimental set-ups outside of the microfluidic device to provide the necessary actuation. These techniques may also be adapted to provide compressive loads on cells and tissues, for example to study osteogenesis from several stem cell sources (Park et al., 2012). Other, more passive, techniques for incorporating mechanical stimuli in MPS models through direct device manipulation include constraining cells in specially designed compartments and patterned substrates that illicit phenotypic changes (Männik et al., 2021). In general, these techniques are used in elastomeric PDMS-based microfluidic devices (Figure 7) (Thompson et al., 2020).
[image: Figure 7]FIGURE 7 | Strategies for simulating different modalities of biomechanical loading and stimuli in microphysiological systems. Reproduced from (Thompson et al., 2020) under the Creative Commons Attribution License (CC BY).
As most MPS models rely heavily on microfluidics for proper function, many have utilized controlled fluid flow to provide mechanical stimulation in their devices (Ergir et al., 2018). Typically, the stimulation by fluid flow is used to study the effects of shear stress in biological systems. This has been extensively utilized in recent research including in several bone models (Middleton et al., 2017). Still, fluidic-based actuation is most reasonable for systems modeling environments with fluid flow, such as blood vessels.
Beyond these two main categories of modeling in vivo forces and deformations, other, less common, techniques are also described in the literature (Ergir et al., 2018). These include acoustic based actuator, electromechanical and electromagnetic, and optical techniques. Electromechanical and electromagnetic techniques may involve electrical stimulation of cells in the device or utilizing the electromagnetic properties of biomolecules or magnetic beads. Optical techniques may include the use of optical tweezers to provide small-scale stimulation of MPS models. Many of these techniques are not common presently as research in the field is still rapidly progressing.
5.5 Afferent Nociceptive Signaling (Pain) Outcomes
Peripheral sensory neurons known as nociceptors are responsible for relaying pain perception to specialized centers in the brain. Many acute and chronic musculoskeletal pathologies are painful. In fact, pain is often times linked to musculoskeletal functional impairments, and as such represents a key patient reported outcome in clinical trials, which is very challenging to replicate in MPS-based virtual clinical trials. Several MPS are being developed to model efferent nociceptive signaling in an effort to screen experimental compounds for analgesic effect that could alleviate the need for using opioids. A recent study modeled spinal cord dorsal horn, a common target for analgesic intervention, by coculturing peripheral and dorsal spinal cord nerve cells in a MPS, which led to autonomous emergence of native nerve tissue macrostructure and distinct synaptic transmission in response to different analgesics, including morphine, lidocaine, and clonidine (Figure 8) (Pollard et al., 2021). This demonstrates the potential to incorporate nociceptors in MPS to record surrogate signals for pain. To that end, Moy et al. (2021) incorporated sensory neurons into an established microJoint MPS to monitor the interplay between the peripheral nervous system and joint tissues (Moy et al., 2021). This could be accomplished by incorporating microchannels to enable sensory neuron innervation of joint tissues, where the neural activity is assessed with micro electrode arrays (MEAs) and fura2-based calcium imaging. Using a 3D printed PDMS system, the sensory dorsal root ganglion (DRG) neurons were allowed to extend in the microchannels and exposed to conditioned media from OA-modeled microJoint. This led to an increase in calcium flux in the sensory neuron microchannels. While the work is preliminary, it indicates the feasibility to incorporate sensory neurons in MPS to study OA pain via recording the electrical activity of the neurons or a surrogate calcium signal, which could be extended to other musculoskeletal pathologies.
[image: Figure 8]FIGURE 8 | Morphine-sensitive synaptic transmission in a microphysiological model of afferent nociceptive signaling. (A) Dorsal root ganglion (DRG) (green) and spinal cord dorsal horn (SCDH) (red) nerve tissues are harvested from E15 rat embryos. (B) Tissue is pooled by type, dissociated into a single-cell suspension, and aggregated in spheroid microplates to generate a batch of spheroids identical in size and composition. (C) A growth-restrictive outer-gel polyethylene glycol mold is fabricated to shape the cultures; spheroids are seeded in the mold, and the mold is filled with growth-permissive Matrigel. Over 3 weeks of culture, microphysiological tissue emerges (D) from which system-level functional data are obtained. (E) Differential desensitization of the afferent DRG input through treatments with lidocaine (left), clonidine (middle), and morphine (right) traces. [Reproduced from (Pollard et al., 2021) with permission].
5.6 Integration of Sensors
In addition to close recapitulation of tissue physiology and disease biomarkers in vitro, it is highly desirable for tissue chip models to be able to sense various parameters of the system to understand the dynamics of healthy tissue physiology, as well as in disease or injury states. Current MPS employ numerous sensing modalities, including fluorescence microscopy (Zahavi et al., 2015; Sheyn et al., 2019), electrical resistance of tissue barriers (Henry et al., 2017), microelectrode arrays for electrically active tissue (Jeong et al., 2018) and electrochemical signaling (Ezra et al., 2015), pH and dissolved gases (Bavli et al., 2016; Mousavi Shaegh et al., 2016; Prill et al., 2016), and stress/pressure sensors for muscle contractility (Aung et al., 2016), among others. These have revealed a great deal of information for physical and structural parameters of well-controlled MPS.
In addition, protein secretion by damaged or otherwise stimulated cells is an important aspect of musculoskeletal disease and injury. While the sensing mechanisms mentioned above are effective at yielding information about many different physical parameters of the system, the ability to sense proteins secreted by altered cells in real time would increase the value of the information obtained from such a model considerably. Current tissue chip models utilize sensors of primarily imaging outcomes or off-chip measurements of secreted proteins via standard assays. This leaves a great need in the field of musculoskeletal research for tissue chip models that incorporate sensitive, real-time protein sensors for the elucidation of disease and injury mechanisms. Some models include immunosensing modules for secreted analytes (Zhang et al., 2017); however, such models lack sensitivity and are downstream of the MPS, resulting in diluted analytes and loss of temporal resolution. To our knowledge, no MPS features real-time sensing of secreted analytes on the same chip as the cells being studied.
Real-time sensing for specific proteins secreted by an MPS will require integrating sensors able to achieve the sensitivity threshold required to observe relevant quantities of analytes secreted in musculoskeletal injury and disease. Current research indicates the detection of cytokines, as well as other proteins, at levels as low as pg/mL in serum or in macroscale in vitro models. However, some microfluidic in vitro models have shown single-cell secretion of cytokines from T-cells at levels in the ng/mL range at close proximity to the cells (Li et al., 2018). Thus, serum levels of secreted analytes might not accurately reflect levels in close proximity to their cellular source, due to downstream dilution. By relying on downstream sensor modules, analytes of interest become diluted, and the temporal information about their release may be lost. This further motivates sensor integration and highlights that tissue chip models incorporating label-free biosensing will need significant dynamic range as well as high sensitivity to detect and quantify important analytes.
To improve the quality of information obtained from in vitro tissue models, it is important to consider certain design parameters as the field progresses. Disease and injury sequelae can occur on short timescales, including in musculoskeletal injuries. Therefore, it is critical that in vitro models of these conditions are able to measure tissue responses in real time and should preferably incorporate inline antibody-functionalized sensors in close physical proximity to the tissue construct. Another important consideration is sensor regeneration, or the restoration of saturated antibody-functionalized surfaces. Many antibody regeneration protocols exist, usually consisting of harsh chemical treatments (Goode et al., 2015). If regeneration is required during experimental timeframes, the microfluidics of the system must be organized so that regeneration solutions do not come into contact with tissue components, since most regeneration formulae are toxic to cells.
5.7 Arrayed Formats for High Throughput Screening
While MPS enable gathering high content biochemical, functional, and histological data from each device, their value can be increased when the platform is composed of an array of chips that can be assayed quickly and accurately for high throughput screens. Multiplexing has become common practice for researchers to analyze multiple factors at once, improving data consistency by allowing multiple targets to be investigated within the environment. The physical footprint of MPS must be amenable to high-throughput tests including access to culture media and tissues, visualization of tissue cultures, and simple assembly and operation. For example, a 96-well plate platform for bulk production of human muscle microtissues (hMMTs) for phenotypic drug testing has been developed (Afshar et al., 2020). The fabrication of the tissue plate is a simple one-stage casting step of a 96-well plate, which requires uncomplicated workflows with low number of cells used. Purified CD56+ myogenic progenitor cells were differentiated into the skeletal muscle model, which was used to predict structural and functional treatment responses of Dexamethasone, Cerivastatin, and IGF-1, in addition to predicting effects of the chemotherapeutics Gemcitabine and Ironotecan (Afshar et al., 2020). Such models would be simple to integrate into drug screening and toxicity workflows as they can provide large data sets with minimal variability as tissue constructs can be differentiated identically in situ. Significant advancements have also been made in the functional genomics screening field where Caft-ID, a CRISPR-based microRaft array technology, followed by gRNA identification, was developed to couple the power of image-based phenotyping of stress granules with easy-to-use pooled CRISPR screening workflows on microRaft arrays. Stress granules are protein-RNA cytoplasmic foci that form transiently during cellular perturbations including oxidative stress, heat shock and immune activation and have been linked to degenerative diseases and even cancer. The Craft-ID platform expands on the power of CRISPR-screening to high-content imaging and machine learning to allow the interrogation of genetic modulators of subcellular and cell-morphological phenotypes which, previously were inaccessible with bulk infection models (Wheeler et al., 2020). This trend towards more automated, miniaturized MPS increases throughput and content of platforms, which has clear advantages for the early stages of drug discovery and screening in terms of improving rigor and reproducibility.
6 CONCLUSION
The poor translation from preclinical animal studies to human clinical applications and incomplete understanding of the mechanisms of action and the lack of biomarkers to define biological efficacy represent significant barriers that impede the development of disease modifying therapies for musculoskeletal conditions. The emerging technology of hMPS might offer transformative opportunities to cost-effectively address the aforementioned barriers. MPS is a wide-encompassing term for sophisticated in vitro human models, also known as tissue- and organ-on-a-chip, carefully designed to offer standardized predictive models by mimicking physiologically relevant aspects of living tissues and organ systems. Applications in modeling musculoskeletal acute and chronic injury are slowly developing. Keys to translational implementation MPS models of musculoskeletal pathologies include developing strategies to: engineer vascular and biological barriers and heterogenous tissue interfaces; incorporate immune cells and inflammatory factors; enable biomechanical actuation to simulate in vivo loading; incorporate sensory neurons (nociceptors) to record surrogate measurements for pain; integrate inline sensors for real-time monitoring of secreted proteins critical to modulating these dynamic processes; and develop arrayed formats for high throughput screening. Furthermore, issues of scalability, reproducibility, and validation, which are not discussed in this review, are also of paramount importance and have been addressed in other reviews (Hargrove-Grimes et al., 2021).
AUTHOR CONTRIBUTIONS
REA drafted the article. REA and HA prepared the figures. RGA, VZ, JC, BM, JM, HA made substantial, direct and intellectual contribution to the work, and got involved in the process of preparation, correction, and modification of the manuscript. All of them approved it for publication.
FUNDING
This manuscript was supported by the National Center for Advancing Translational Sciences (NCATS) and the National Institute of Arthritis and Musculoskeletal and Skin Diseases (NIAMS) of the National Institutes of Health under award number UG3TR003281. REA is funded by a Graduate Research Fellwoship Award from the National Science Foundation. RGA is funded by NIAMS training award T32AR076950. VZZ is funded by the National Institute of General Medical Sciences (NIGMS) training award T32GM007356. The content is solely the responsibility of the authors and does not necessarily represent the official views of the National Institutes of Health or the National Science Foundation.
PUBLISHER’S NOTE
All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.
ACKNOWLEDGMENTS
Graphics included in Figures 1, 2, 4, 5 were created with BioRender.com.
REFERENCES
 Afshar Bakooshli, M., Lippmann, E. S., Mulcahy, B., Iyer, N., Nguyen, C. T., Tung, K., et al. (2019). A 3D Culture Model of Innervated Human Skeletal Muscle Enables Studies of the Adult Neuromuscular junction. Elife 8, e44530. doi:10.7554/eLife.44530
 Afshar, M. E., Abraha, H. Y., Bakooshli, M. A., Davoudi, S., Thavandiran, N., Tung, K., et al. (2020). A 96-well Culture Platform Enables Longitudinal Analyses of Engineered Human Skeletal Muscle Microtissue Strength. Sci. Rep. 10, 6918. doi:10.1038/s41598-020-62837-8
 Agrawal, G., Aung, A., and Varghese, S. (2017). Skeletal Muscle-On-A-Chip: An In Vitro Model to Evaluate Tissue Formation and Injury. Lab. Chip 17, 3447–3461. doi:10.1039/c7lc00512a
 Alberts, B., Johnson, A., and Lewis, J. (2002). Molecular Biology of the Cell. 4th ed. New York: Garlan Science. 
 Aleman, J., George, S. K., Herberg, S., Devarasetty, M., Porada, C. D., Skardal, A., et al. (2019). Deconstructed Microfluidic Bone Marrow On-A-Chip to Study Normal and Malignant Hemopoietic Cell-Niche Interactions. Small 15, e1902971. doi:10.1002/smll.201902971
 Andrzejewska, A., Lukomska, B., and Janowski, M. (2019). Concise Review: Mesenchymal Stem Cells: From Roots to Boost. Stem Cells 37, 855–864. doi:10.1002/stem.3016
 Aung, A., Bhullar, I. S., Theprungsirikul, J., Davey, S. K., Lim, H. L., Chiu, Y.-J., et al. (2016). 3D Cardiac μtissues within a Microfluidic Device with Real-Time Contractile Stress Readout. Lab. Chip 16, 153–162. doi:10.1039/c5lc00820d
 Bavli, D., Prill, S., Ezra, E., Levy, G., Cohen, M., Vinken, M., et al. (2016). Real-time Monitoring of Metabolic Function in Liver-On-Chip Microdevices Tracks the Dynamics of Mitochondrial Dysfunction. Proc. Natl. Acad. Sci. USA 113, E2231–E2240. doi:10.1073/pnas.1522556113
 Bein, A., Shin, W., Jalili-Firoozinezhad, S., Park, M. H., Sontheimer-Phelps, A., Tovaglieri, A., et al. (2018). Microfluidic Organ-On-A-Chip Models of Human Intestine. Cell Mol. Gastroenterol. Hepatol. 5, 659–668. doi:10.1016/j.jcmgh.2017.12.010
 Bellin, M., Marchetto, M. C., Gage, F. H., and Mummery, C. L. (2012). Induced Pluripotent Stem Cells: the New Patient?Nat. Rev. Mol. Cel. Biol. 13, 713–726. doi:10.1038/nrm3448
 Bhatia, S. N., and Ingber, D. E. (2014). Microfluidic Organs-On-Chips. Nat. Biotechnol. 32, 760–772. doi:10.1038/nbt.2989
 Bianchi, F., Malboubi, M., Li, Y., George, J. H., Jerusalem, A., Szele, F., et al. (2018). Rapid and Efficient Differentiation of Functional Motor Neurons from Human iPSC for Neural Injury Modelling. Stem Cel Res. 32, 126–134. doi:10.1016/j.scr.2018.09.006
 Boccellato, F., Woelffling, S., Imai-Matsushima, A., Sanchez, G., Goosmann, C., Schmid, M., et al. (2019). Polarised Epithelial Monolayers of the Gastric Mucosa Reveal Insights into Mucosal Homeostasis and Defence against Infection. Gut 68, 400–413. doi:10.1136/gutjnl-2017-314540
 Cao, X., Yakala, G. K., Van Den Hil, F. E., Cochrane, A., Mummery, C. L., and Orlova, V. V. (2019). Differentiation and Functional Comparison of Monocytes and Macrophages from hiPSCs with Peripheral Blood Derivatives. Stem Cel Rep. 12, 1282–1297. doi:10.1016/j.stemcr.2019.05.003
 Caplan, A. I. (1994). The Mesengenic Process. Clin. Plast. Surg. 21, 429–435. doi:10.1016/s0094-1298(20)31020-8
 Caplan, A. I. (2017). New MSC: MSCs as Pericytes Are Sentinels and Gatekeepers. J. Orthop. Res. 35, 1151–1159. doi:10.1002/jor.23560
 Cereijido, M., Robbins, E., Dolan, W., Rotunno, C., and Sabatini, D. (1978). Polarized Monolayers Formed by Epithelial Cells on a Permeable and Translucent Support. J. Cel. Biol. 77, 853–880. doi:10.1083/jcb.77.3.853
 Chen, M. B., Whisler, J. A., Fröse, J., Yu, C., Shin, Y., and Kamm, R. D. (2017). On-chip Human Microvasculature Assay for Visualization and Quantification of Tumor Cell Extravasation Dynamics. Nat. Protoc. 12, 865–880. doi:10.1038/nprot.2017.018
 Chen, D., Wu, J. Y., Kennedy, K. M., Yeager, K., Bernhard, J. C., Ng, J. J., et al. (2020). Tissue Engineered Autologous Cartilage-Bone Grafts for Temporomandibular Joint Regeneration. Sci. Transl. Med. 12 (565), eabb6683. doi:10.1126/scitranslmed.abb6683
 Chou, D. B., Frismantas, V., Milton, Y., David, R., Pop-Damkov, P., Ferguson, D., et al. (2020). On-chip Recapitulation of Clinical Bone Marrow Toxicities and Patient-specific Pathophysiology. Nat. Biomed. Eng. 4, 394–406. doi:10.1038/s41551-019-0495-z
 Chung, H. H., Mireles, M., Kwarta, B. J., and Gaborski, T. R. (2018). Use of Porous Membranes in Tissue Barrier and Co-Culture Models. Lab. Chip 18, 1671–1689. doi:10.1039/c7lc01248a
 Cohen, A., Ioannidis, K., Ehrlich, A., Regenbaum, S., Cohen, M., Ayyash, M., et al. (2021). Mechanism and Reversal of Drug-Induced Nephrotoxicity on a Chip. Sci. Transl. Med. 13, eabd6299. doi:10.1126/scitranslmed.abd6299
 Crisan, M., Yap, S., Casteilla, L., Chen, C.-W., Corselli, M., Park, T. S., et al. (2008). A Perivascular Origin for Mesenchymal Stem Cells in Multiple Human Organs. Cell Stem Cell 3, 301–313. doi:10.1016/j.stem.2008.07.003
 Cruz-Acuña, R., and García, A. J. (2017). Synthetic Hydrogels Mimicking Basement Membrane Matrices to Promote Cell-Matrix Interactions. Matrix Biol. 57-58, 324–333. doi:10.1016/j.matbio.2016.06.002
 Culemann, S., Grüneboom, A., Nicolás-Ávila, J. Á., Weidner, D., Lämmle, K. F., Rothe, T., et al. (2019). Locally Renewing Resident Synovial Macrophages Provide a Protective Barrier for the Joint. Nature 572, 670–675. doi:10.1038/s41586-019-1471-1
 Cunniffe, G. M., Díaz-Payno, P. J., Sheehy, E. J., Critchley, S. E., Almeida, H. V., Pitacco, P., et al. (2019). Tissue-specific Extracellular Matrix Scaffolds for the Regeneration of Spatially Complex Musculoskeletal Tissues. Biomaterials 188, 63–73. doi:10.1016/j.biomaterials.2018.09.044
 Davis, B. N., Yen, R., Prasad, V., and Truskey, G. A. (2019). Oxygen Consumption in Human, Tissue-Engineered Myobundles during Basal and Electrical Stimulation Conditions. APL Bioeng. 3, 026103. doi:10.1063/1.5093417
 De Pieri, A., Rochev, Y., and Zeugolis, D. I. (2021). Scaffold-free Cell-Based Tissue Engineering Therapies: Advances, Shortfalls and Forecast. Npj Regen. Med. 6, 18. doi:10.1038/s41536-021-00133-3
 De Souza, N. (2018). Organoids. Nat. Methods 15, 23. doi:10.1038/nmeth.4576
 Dellaquila, A., Le Bao, C., Letourneur, D., and Simon-Yarza, T. (2021). Vitro Strategies to Vascularize 3D Physiologically Relevant Models. Adv. Sci. (Weinheim, Baden-Wurttemberg, Germany) 8, e2100798. doi:10.1002/advs.202100798
 Ellis, M., Jarman-Smith, M., and Chaudhuri, J. B. (2005). “Bioreactor Systems for Tissue Engineering: A Four-Dimensional Challenge,” in Bioreactors for Tissue Engineering: Principles, Design and Operation ed . Editors J. Chaudhuri, and M. Al-Rubeai (Dordrecht: Springer Netherlands), 1–18. 
 Ergir, E., Bachmann, B., Redl, H., Forte, G., and Ertl, P. (2018). Small Force, Big Impact: Next Generation Organ-On-A-Chip Systems Incorporating Biomechanical Cues. Front. Physiol. 9, 1417. doi:10.3389/fphys.2018.01417
 Esch, E. W., Bahinski, A., and Huh, D. (2015). Organs-on-chips at the Frontiers of Drug Discovery. Nat. Rev. Drug Discov. 14, 248–260. doi:10.1038/nrd4539
 Ewald, M. L., Chen, Y.-H., Lee, A. P., and Hughes, C. C. W. (2021). The Vascular Niche in Next Generation Microphysiological Systems. Lab. Chip 21, 3244–3262. doi:10.1039/d1lc00530h
 Ezra, E., Maor, I., Bavli, D., Shalom, I., Levy, G., Prill, S., et al. (2015). Microprocessor-based Integration of Microfluidic Control for the Implementation of Automated Sensor Monitoring and Multithreaded Optimization Algorithms. Biomed. Microdevices 17, 82. doi:10.1007/s10544-015-9989-y
 Faustino Martins, J.-M., Fischer, C., Urzi, A., Vidal, R., Kunz, S., Ruffault, P.-L., et al. (2020). Self-Organizing 3D Human Trunk Neuromuscular Organoids. Cell Stem Cell 26, 172–186.e6. doi:10.1016/j.stem.2019.12.007
 Fogel, D. B. (2018). Factors Associated with Clinical Trials that Fail and Opportunities for Improving the Likelihood of success: A Review. Contemp. Clin. trials Commun. 11, 156–164. doi:10.1016/j.conctc.2018.08.001
 Friedenstein, A. J., Chailakhyan, R. K., and Gerasimov, U. V. (1987). Bone Marrow Osteogenic Stem Cells: In Vitro Cultivation and Transplantation in Diffusion chambers. Cell Prolif. 20, 263–272. doi:10.1111/j.1365-2184.1987.tb01309.x
 Goode, J. A., Rushworth, J. V. H., and Millner, P. A. (2015). Biosensor Regeneration: A Review of Common Techniques and Outcomes. Langmuir 31, 6267–6276. doi:10.1021/la503533g
 Gough, A., Vernetti, L., Bergenthal, L., Shun, T. Y., and Taylor, D. L. (2016). The Microphysiology Systems Database for Analyzing and Modeling Compound Interactions with Human and Animal Organ Models. Appl. Vitro Toxicol. 2, 103–117. doi:10.1089/aivt.2016.0011
 Griep, L. M., Wolbers, F., De Wagenaar, B., Ter Braak, P. M., Weksler, B. B., Romero, I. A., et al. (2013). BBB on Chip: Microfluidic Platform to Mechanically and Biochemically Modulate Blood-Brain Barrier Function. Biomed. Microdevices 15, 145–150. doi:10.1007/s10544-012-9699-7
 Hannemann, N., Apparailly, F., and Courties, G. (2021). Synovial Macrophages: from Ordinary Eaters to Extraordinary Multitaskers. Trends Immunol. 42, 368–371. doi:10.1016/j.it.2021.03.002
 Hao, S., Ha, L., Cheng, G., Wan, Y., Xia, Y., Sosnoski, D. M., et al. (2018). A Spontaneous 3D Bone-On-A-Chip for Bone Metastasis Study of Breast Cancer Cells. Small 14, e1702787. doi:10.1002/smll.201702787
 Hargrove-Grimes, P., Low, L. A., and Tagle, D. A. (2021). Microphysiological Systems: What it Takes for Community Adoption. Exp. Biol. Med. (Maywood) 246, 1435–1446. doi:10.1177/15353702211008872
 Hay, M., Thomas, D. W., Craighead, J. L., Economides, C., and Rosenthal, J. (2014). Clinical Development success Rates for Investigational Drugs. Nat. Biotechnol. 32, 40–51. doi:10.1038/nbt.2786
 Hayflick, L., and Moorhead, P. S. (1961). The Serial Cultivation of Human Diploid Cell Strains. Exp. Cel. Res. 25, 585–621. doi:10.1016/0014-4827(61)90192-6
 Henry, O. Y. F., Villenave, R., Cronce, M. J., Leineweber, W. D., Benz, M. A., and Ingber, D. E. (2017). Organs-on-Chips with Integrated Electrodes for Trans-epithelial Electrical Resistance (TEER) Measurements of Human Epithelial Barrier Function. Lab. Chip 17, 2264–2271. doi:10.1039/c7lc00155j
 Hsu, J. R., Mir, H., Wally, M. K., and Seymour, R. B. (2019). Clinical Practice Guidelines for Pain Management in Acute Musculoskeletal Injury. J. Orthop. Trauma 33, e158–e182. doi:10.1097/bot.0000000000001430
 Huh, D., Matthews, B. D., Mammoto, A., Montoya-Zavala, M., Hsin, H. Y., and Ingber, D. E. (2010). Reconstituting Organ-Level Lung Functions on a Chip. Science 328, 1662–1668. doi:10.1126/science.1188302
 Iordachescu, A., Hughes, E. A. B., Joseph, S., Hill, E. J., Grover, L. M., and Metcalfe, A. D. (2021). Trabecular Bone Organoids: a Micron-Scale 'humanised' Prototype Designed to Study the Effects of Microgravity and Degeneration. NPJ Microgravity 7, 17. doi:10.1038/s41526-021-00146-8
 Jeon, J. S., Bersini, S., Gilardi, M., Dubini, G., Charest, J. L., Moretti, M., et al. (2015). Human 3D Vascularized Organotypic Microfluidic Assays to Study Breast Cancer Cell Extravasation. Proc. Natl. Acad. Sci. USA 112, 214–219. doi:10.1073/pnas.1417115112
 Jeong, S., Kim, S., Buonocore, J., Park, J., Welsh, C. J., Li, J., et al. (2018). A Three-Dimensional Arrayed Microfluidic Blood-Brain Barrier Model with Integrated Electrical Sensor Array. IEEE Trans. Biomed. Eng. 65, 431–439. doi:10.1109/tbme.2017.2773463
 Jiang, Y., Yang, Y., Zheng, X., Yi, Y., Chen, X., Li, Y., et al. (2020). Multifunctional Load-Bearing Hybrid Hydrogel with Combined Drug Release and Photothermal Conversion Functions. NPG Asia Mater. 12, 18. doi:10.1038/s41427-020-0199-6
 Jinek, M., Chylinski, K., Fonfara, I., Hauer, M., Doudna, J. A., and Charpentier, E. (2012). A Programmable Dual-RNA-Guided DNA Endonuclease in Adaptive Bacterial Immunity. Science 337, 816–821. doi:10.1126/science.1225829
 Kamble, H., Barton, M. J., Jun, M., Park, S., and Nguyen, N.-T. (2016). Cell Stretching Devices as Research Tools: Engineering and Biological Considerations. Lab. Chip 16, 3193–3203. doi:10.1039/c6lc00607h
 Khodabukus, A., Madden, L., Prabhu, N. K., Koves, T. R., Jackman, C. P., Muoio, D. M., et al. (2019). Electrical Stimulation Increases Hypertrophy and Metabolic Flux in Tissue-Engineered Human Skeletal Muscle. Biomaterials 198, 259–269. doi:10.1016/j.biomaterials.2018.08.058
 Kim, S., Lee, H., Chung, M., and Jeon, N. L. (2013). Engineering of Functional, Perfusable 3D Microvascular Networks on a Chip. Lab. Chip 13, 1489–1500. doi:10.1039/c3lc41320a
 Knudsen, A. B., Larsen, M., Mackey, A. L., Hjort, M., Hansen, K. K., Qvortrup, K., et al. (2015). The Human Myotendinous junction: an Ultrastructural and 3D Analysis Study. Scand. J. Med. Sci. Sports 25, e116–e123. doi:10.1111/sms.12221
 Kotha, S. S., Hayes, B. J., Phong, K. T., Redd, M. A., Bomsztyk, K., Ramakrishnan, A., et al. (2018). Engineering a Multicellular Vascular Niche to Model Hematopoietic Cell Trafficking. Stem Cel. Res. Ther. 9, 77–14. doi:10.1186/s13287-018-0808-2
 LaPrade, R. F., Dragoo, J. L., Koh, J. L., Murray, I. R., Geeslin, A. G., and Chu, C. R. (2016). AAOS Research Symposium Updates and Consensus: Biologic Treatment of Orthopaedic Injuries. J. Am. Acad. Orthop. Surg. 24, e62–e78. doi:10.5435/jaaos-d-16-00086
 Lee, D., Erickson, A., You, T., Dudley, A. T., and Ryu, S. (2018). Pneumatic Microfluidic Cell Compression Device for High-Throughput Study of Chondrocyte Mechanobiology. Lab. Chip 18, 2077–2086. doi:10.1039/c8lc00320c
 Li, X., Xie, J., Lipner, J., Yuan, X., Thomopoulos, S., and Xia, Y. (2009). Nanofiber Scaffolds with Gradations in mineral Content for Mimicking the Tendon-To-Bone Insertion Site. Nano Lett. 9, 2763–2768. doi:10.1021/nl901582f
 Li, X., Soler, M., Szydzik, C., Khoshmanesh, K., Schmidt, J., Coukos, G., et al. (2018). Label-Free Optofluidic Nanobiosensor Enables Real-Time Analysis of Single-Cell Cytokine Secretion. Small 14, e1800698. doi:10.1002/smll.201800698
 Li, Z., Seo, Y., Aydin, O., Elhebeary, M., Kamm, R. D., Kong, H., et al. (2019). Biohybrid Valveless Pump-Bot Powered by Engineered Skeletal Muscle. Proc. Natl. Acad. Sci. USA 116, 1543–1548. doi:10.1073/pnas.1817682116
 Li, Z., Xiang, S., Li, E. N., Fritch, M. R., Alexander, P. G., Lin, H., et al. (2021). Tissue Engineering for Musculoskeletal Regeneration and Disease Modeling. Handbook Exp. Pharmacol. 265, 235–268. doi:10.1007/164_2020_377
 Lin, Z., Li, Z., Li, E. N., Li, X., Del Duke, C. J., Shen, H., et al. (2019). Osteochondral Tissue Chip Derived from iPSCs: Modeling OA Pathologies and Testing Drugs. Front. Bioeng. Biotechnol. 7, 411. doi:10.3389/fbioe.2019.00411
 Lorsch, J. R., Collins, F. S., and Lippincott-Schwartz, J. (2014). Fixing Problems with Cell Lines. Science 346, 1452–1453. doi:10.1126/science.1259110
 Männik, J., Teshima, T. F., Wolfrum, B., and Yang, D. (2021). Lab-on-a-chip Based Mechanical Actuators and Sensors for Single-Cell and Organoid Culture Studies. J. Appl. Phys. 129, 210905. doi:10.1063/5.0051875
 Mammoto, T., Mammoto, A., and Ingber, D. E. (2013). Mechanobiology and Developmental Control. Annu. Rev. Cel Dev. Biol. 29, 27–61. doi:10.1146/annurev-cellbio-101512-122340
 Manfrin, A., Tabata, Y., Paquet, E. R., Vuaridel, A. R., Rivest, F. R., Naef, F., et al. (2019). Engineered Signaling Centers for the Spatially Controlled Patterning of Human Pluripotent Stem Cells. Nat. Methods 16, 640–648. doi:10.1038/s41592-019-0455-2
 Marsano, A., Conficconi, C., Lemme, M., Occhetta, P., Gaudiello, E., Votta, E., et al. (2016). Beating Heart on a Chip: a Novel Microfluidic Platform to Generate Functional 3D Cardiac Microtissues. Lab. Chip 16, 599–610. doi:10.1039/c5lc01356a
 Marturano-Kruik, A., Nava, M. M., Yeager, K., Chramiec, A., Hao, L., Robinson, S., et al. (2018). Human Bone Perivascular Niche-On-A-Chip for Studying Metastatic Colonization. Proc. Natl. Acad. Sci. USA 115, 1256–1261. doi:10.1073/pnas.1714282115
 Michielin, F., Serena, E., Pavan, P., and Elvassore, N. (2015). Microfluidic-assisted Cyclic Mechanical Stimulation Affects Cellular Membrane Integrity in a Human Muscular Dystrophy In Vitro Model. RSC Adv. 5, 98429–98439. doi:10.1039/c5ra16957g
 Middleton, K., Al-Dujaili, S., Mei, X., Günther, A., and You, L. (2017). Microfluidic Co-culture Platform for Investigating Osteocyte-Osteoclast Signalling during Fluid Shear Stress Mechanostimulation. J. Biomech. 59, 35–42. doi:10.1016/j.jbiomech.2017.05.012
 Mondadori, C., Palombella, S., Salehi, S., Talò, G., Visone, R., Rasponi, M., et al. (2021). Recapitulating Monocyte Extravasation to the Synovium in an Organotypic Microfluidic Model of the Articular Joint. Biofabrication 13, 045001. doi:10.1088/1758-5090/ac0c5e
 Mondrinos, M. J., Alisafaei, F., Yi, A. Y., Ahmadzadeh, H., Lee, I., Blundell, C., et al. (2021). Surface-directed Engineering of Tissue Anisotropy in Microphysiological Models of Musculoskeletal Tissue. Sci. Adv. 7, eabe9446. doi:10.1126/sciadv.abe9446
 Mousavi Shaegh, S. A., De Ferrari, F., Zhang, Y. S., Nabavinia, M., Binth Mohammad, N., Ryan, J., et al. (2016). A Microfluidic Optical Platform for Real-Time Monitoring of pH and Oxygen in Microfluidic Bioreactors and Organ-On-Chip Devices. Biomicrofluidics 10, 044111. doi:10.1063/1.4955155
 Moy, J., Li, Z., Liu, F.-W., Loeza-Alcocer, E., Hartung, J., Nagarajan, V., et al. (2021). Modeling Joint Pain on a Chip: Integrating Sensory Neurons in the microJoint to Model Osteoarthritis. The J. Pain 22, 583. doi:10.1016/j.jpain.2021.03.025
 Müller, B., Sulzer, P., Walch, M., Zirath, H., Buryška, T., Rothbauer, M., et al. (2021). Measurement of Respiration and Acidification Rates of Mammalian Cells in Thermoplastic Microfluidic Devices. Sensors Actuators B: Chem. 334, 129664. doi:10.1016/j.snb.2021.129664
 Murphy, K. M., and Weaver, C. (2016). Janeway's Immunobiology: Ninth International Student Edition. (Florida, NY: Garland Science, Taylor & Francis Group, LLC). 
 Nakajima, T., Nakahata, A., Yamada, N., Yoshizawa, K., Kato, T. M., Iwasaki, M., et al. (2021). Grafting of iPS Cell-Derived Tenocytes Promotes Motor Function Recovery after Achilles Tendon Rupture. Nat. Commun. 12, 5012. doi:10.1038/s41467-021-25328-6
 Nesmith, A. P., Wagner, M. A., Pasqualini, F. S., O’Connor, B. B., Pincus, M. J., August, P. R., et al. (2016). A Human In Vitro Model of Duchenne Muscular Dystrophy Muscle Formation and Contractility. J. Cel. Biol. 215, 47–56. doi:10.1083/jcb.201603111
 Nguyen, T., Jung, S. H., Lee, M. S., Park, T.-E., Ahn, S.-K., and Kang, J. H. (2019). Robust Chemical Bonding of PMMA Microfluidic Devices to Porous PETE Membranes for Reliable Cytotoxicity Testing of Drugs. Lab. Chip 19, 3706–3713. doi:10.1039/c9lc00338j
 Occhetta, P., Mainardi, A., Votta, E., Vallmajo-Martin, Q., Ehrbar, M., Martin, I., et al. (2019). Hyperphysiological Compression of Articular Cartilage Induces an Osteoarthritic Phenotype in a Cartilage-On-A-Chip Model. Nat. Biomed. Eng. 3, 545–557. doi:10.1038/s41551-019-0406-3
 Orkin, S. H., and Zon, L. I. (2008). Hematopoiesis: An Evolving Paradigm for Stem Cell Biology. Cell 132, 631–644. doi:10.1016/j.cell.2008.01.025
 Osaki, T., Sivathanu, V., and Kamm, R. D. (2018). Crosstalk between Developing Vasculature and Optogenetically Engineered Skeletal Muscle Improves Muscle Contraction and Angiogenesis. Biomaterials 156, 65–76. doi:10.1016/j.biomaterials.2017.11.041
 Osaki, T., Uzel, S. G. M., and Kamm, R. D. (2020). On-chip 3D Neuromuscular Model for Drug Screening and Precision Medicine in Neuromuscular Disease. Nat. Protoc. 15, 421–449. doi:10.1038/s41596-019-0248-1
 Paggi, C. A., Venzac, B., Karperien, M., Leijten, J. C. H., and Le Gac, S. (2020). Monolithic Microfluidic Platform for Exerting Gradients of Compression on Cell-Laden Hydrogels, and Application to a Model of the Articular Cartilage. Sens. Actuators B: Chem. 315, 127917. doi:10.1016/j.snb.2020.127917
 Park, S.-H., Sim, W. Y., Min, B.-H., Yang, S. S., Khademhosseini, A., and Kaplan, D. L. (2012). Chip-Based Comparison of the Osteogenesis of Human Bone Marrow- and Adipose Tissue-Derived Mesenchymal Stem Cells under Mechanical Stimulation. PLoS ONE 7, e46689. doi:10.1371/journal.pone.0046689
 Park, Y., Cheong, E., Kwak, J.-G., Carpenter, R., Shim, J.-H., and Lee, J. (2021). Trabecular Bone Organoid Model for Studying the Regulation of Localized Bone Remodeling. Sci. Adv. 7, eabd6495. doi:10.1126/sciadv.abd6495
 Patel, S., Caldwell, J. M., Doty, S. B., Levine, W. N., Rodeo, S., Soslowsky, L. J., et al. (2018). Integrating Soft and Hard Tissues via Interface Tissue Engineering. J. Orthop. Res. 36, 1069–1077. doi:10.1002/jor.23810
 Patsch, C., Challet-Meylan, L., Thoma, E. C., Urich, E., Heckel, T., O’Sullivan, J. F., et al. (2015). Generation of Vascular Endothelial and Smooth Muscle Cells from Human Pluripotent Stem Cells. Nat. Cel Biol 17, 994–1003. doi:10.1038/ncb3205
 Pereira, J. D., Dubreuil, D. M., Devlin, A.-C., Held, A., Sapir, Y., Berezovski, E., et al. (2021). Human Sensorimotor Organoids Derived from Healthy and Amyotrophic Lateral Sclerosis Stem Cells Form Neuromuscular Junctions. Nat. Commun. 12, 4744. doi:10.1038/s41467-021-24776-4
 Phillips, J. E., Burns, K. L., Le Doux, J. M., Guldberg, R. E., and Garcia, A. J. (2008). Engineering Graded Tissue Interfaces. Proc. Natl. Acad. Sci. 105, 12170–12175. doi:10.1073/pnas.0801988105
 Pirosa, A., Clark, K. L., Tan, J., Yu, S., Yang, Y., Tuan, R. S., et al. (2019). Modeling Appendicular Skeletal Cartilage Development with Modified High-Density Micromass Cultures of Adult Human Bone Marrow-Derived Mesenchymal Progenitor Cells. Stem Cel. Res. Ther. 10, 388. doi:10.1186/s13287-019-1505-5
 Pittenger, M. F., Mackay, A. M., Beck, S. C., Jaiswal, R. K., Douglas, R., Mosca, J. D., et al. (1999). Multilineage Potential of Adult Human Mesenchymal Stem Cells. Science 284, 143–147. doi:10.1126/science.284.5411.143
 Polini, A., Del Mercato, L. L., Barra, A., Zhang, Y. S., Calabi, F., and Gigli, G. (2019). Towards the Development of Human Immune-System-On-A-Chip Platforms. Drug Discov. Today 24, 517–525. doi:10.1016/j.drudis.2018.10.003
 Pollard, K. J., Bowser, D. A., Anderson, W. A., Meselhe, M., and Moore, M. J. (2021). Morphine-sensitive Synaptic Transmission Emerges in Embryonic Rat Microphysiological Model of Lower Afferent Nociceptive Signaling. Sci. Adv. 7, eabj2899. doi:10.1126/sciadv.abj2899
 Prill, S., Bavli, D., Levy, G., Ezra, E., Schmälzlin, E., Jaeger, M. S., et al. (2016). Real-time Monitoring of Oxygen Uptake in Hepatic Bioreactor Shows CYP450-independent Mitochondrial Toxicity of Acetaminophen and Amiodarone. Arch. Toxicol. 90, 1181–1191. doi:10.1007/s00204-015-1537-2
 Raasch, M., Fritsche, E., Kurtz, A., Bauer, M., and Mosig, A. S. (2019). Microphysiological Systems Meet hiPSC Technology - New Tools for Disease Modeling of Liver Infections in Basic Research and Drug Development. Adv. Drug Deliv. Rev. 140, 51–67. doi:10.1016/j.addr.2018.06.008
 Rao, L., Qian, Y., Khodabukus, A., Ribar, T., and Bursac, N. (2018). Engineering Human Pluripotent Stem Cells into a Functional Skeletal Muscle Tissue. Nat. Commun. 9, 126. doi:10.1038/s41467-017-02636-4
 Ren, K., Zhou, J., and Wu, H. (2013). Materials for Microfluidic Chip Fabrication. Acc. Chem. Res. 46, 2396–2406. doi:10.1021/ar300314s
 Rodríguez Cruz, P. M., Cossins, J., Beeson, D., and Vincent, A. (2020). The Neuromuscular Junction in Health and Disease: Molecular Mechanisms Governing Synaptic Formation and Homeostasis. Front. Mol. Neurosci. 13, 610964. doi:10.3389/fnmol.2020.610964
 Rosser, J., Bachmann, B., Jordan, C., Ribitsch, I., Haltmayer, E., Gueltekin, S., et al. (2019). Microfluidic Nutrient Gradient-Based Three-Dimensional Chondrocyte Culture-On-A-Chip as an In Vitro Equine Arthritis Model. Mater. Today Bio 4, 100023. doi:10.1016/j.mtbio.2019.100023
 Rossi, G., Manfrin, A., and Lutolf, M. P. (2018). Progress and Potential in Organoid Research. Nat. Rev. Genet. 19, 671–687. doi:10.1038/s41576-018-0051-9
 Rowland, C. R., Glass, K. A., Ettyreddy, A. R., Gloss, C. C., Matthews, J. R. L., Huynh, N. P. T., et al. (2018). Regulation of Decellularized Tissue Remodeling via Scaffold-Mediated Lentiviral Delivery in Anatomically-Shaped Osteochondral Constructs. Biomaterials 177, 161–175. doi:10.1016/j.biomaterials.2018.04.049
 Sano, E., Mori, C., Matsuoka, N., Ozaki, Y., Yagi, K., Wada, A., et al. (2019). Tetrafluoroethylene-Propylene Elastomer for Fabrication of Microfluidic Organs-On-Chips Resistant to Drug Absorption. Micromachines 10, 793. doi:10.3390/mi10110793
 Santhanam, N., Kumanchik, L., Guo, X., Sommerhage, F., Cai, Y., Jackson, M., et al. (2018). Stem Cell Derived Phenotypic Human Neuromuscular junction Model for Dose Response Evaluation of Therapeutics. Biomaterials 166, 64–78. doi:10.1016/j.biomaterials.2018.02.047
 Sasserath, T., Rumsey, J. W., Mcaleer, C. W., Bridges, L. R., Long, C. J., Elbrecht, D., et al. (2020). Differential Monocyte Actuation in a Three‐Organ Functional Innate Immune System‐on‐a‐Chip. Adv. Sci. 7, 2000323. doi:10.1002/advs.202000323
 Sebbag, E., Felten, R., Sagez, F., Sibilia, J., Devilliers, H., and Arnaud, L. (2019). The World-wide burden of Musculoskeletal Diseases: a Systematic Analysis of the World Health Organization Burden of Diseases Database. Ann. Rheum. Dis. 78, 844–848. doi:10.1136/annrheumdis-2019-215142
 Sego, T. J., Prideaux, M., Sterner, J., Mccarthy, B. P., Li, P., Bonewald, L. F., et al. (2020). Computational Fluid Dynamic Analysis of Bioprinted Self‐supporting Perfused Tissue Models. Biotechnol. Bioeng. 117, 798–815. doi:10.1002/bit.27238
 Sherr, C. J., and DePinho, R. A. (2000). Cellular Senescence: Minireview Mitotic Clock or Culture Shock?Cell 102, 407–410. doi:10.1016/s0092-8674(00)00046-5
 Sheyn, D., Cohn-Yakubovich, D., Ben-David, S., De Mel, S., Chan, V., Hinojosa, C., et al. (2019). Bone-chip System to Monitor Osteogenic Differentiation Using Optical Imaging. Microfluid Nanofluidics 23, 99. doi:10.1007/s10404-019-2261-7
 Shoshani, O., and Zipori, D. (2015). Stress as a Fundamental Theme in Cell Plasticity. Biochim. Biophys. Acta (Bba) - Gene Regul. Mech. 1849, 371–377. doi:10.1016/j.bbagrm.2014.07.006
 Shwartz, Y., Blitz, E., and Zelzer, E. (2013). One Load to Rule Them All: Mechanical Control of the Musculoskeletal System in Development and Aging. Differentiation 86, 104–111. doi:10.1016/j.diff.2013.07.003
 Sung, J. H., Esch, M. B., Prot, J.-M., Long, C. J., Smith, A., Hickman, J. J., et al. (2013). Microfabricated Mammalian Organ Systems and Their Integration into Models of Whole Animals and Humans. Lab. Chip 13, 1201–1212. doi:10.1039/c3lc41017j
 Sunwoo, J. Y., Eliasberg, C. D., Carballo, C. B., and Rodeo, S. A. (2020). The Role of the Macrophage in Tendinopathy and Tendon Healing. J. Orthop. Res. 38, 1666–1675. doi:10.1002/jor.24667
 Takahashi, K., and Yamanaka, S. (2006). Induction of Pluripotent Stem Cells from Mouse Embryonic and Adult Fibroblast Cultures by Defined Factors. Cell 126, 663–676. doi:10.1016/j.cell.2006.07.024
 Terrell, J. A., Jones, C. G., Kabandana, G. K. M., and Chen, C. (2020). From Cells-On-A-Chip to Organs-On-A-Chip: Scaffolding Materials for 3D Cell Culture in Microfluidics. J. Mater. Chem. B 8, 6667–6685. doi:10.1039/d0tb00718h
 Thompson, C. L., Fu, S., Knight, M. M., Thorpe, S. D., and Thorpe, S. D. (2020). Mechanical Stimulation: A Crucial Element of Organ-On-Chip Models. Front. Bioeng. Biotechnol. 8, 602646. doi:10.3389/fbioe.2020.602646
 Thomson, J. A., Itskovitz-Eldor, J., Shapiro, S. S., Waknitz, M. A., Swiergiel, J. J., Marshall, V. S., et al. (1998). Embryonic Stem Cell Lines Derived from Human Blastocysts. Science 282, 1145–1147. doi:10.1126/science.282.5391.1145
 Walker, M., Godin, M., and Pelling, A. E. (2018). A Vacuum-Actuated Microtissue Stretcher for Long-Term Exposure to Oscillatory Strain within a 3D Matrix. Biomed. Microdevices 20, 43. doi:10.1007/s10544-018-0286-4
 Wheeler, E. C., Vu, A. Q., Einstein, J. M., Disalvo, M., Ahmed, N., Van Nostrand, E. L., et al. (2020). Pooled CRISPR Screens with Imaging on Microraft Arrays Reveals Stress Granule-Regulatory Factors. Nat. Methods 17, 636–642. doi:10.1038/s41592-020-0826-8
 Wu, C.-L., Dicks, A., Steward, N., Tang, R., Katz, D. B., Choi, Y.-R., et al. (2021). Single Cell Transcriptomic Analysis of Human Pluripotent Stem Cell Chondrogenesis. Nat. Commun. 12, 362. doi:10.1038/s41467-020-20598-y
 Yeste, J., Illa, X., Alvarez, M., and Villa, R. (2018). Engineering and Monitoring Cellular Barrier Models. J. Biol. Eng. 12, 18. doi:10.1186/s13036-018-0108-5
 Yu, J., Vodyanik, M. A., Smuga-Otto, K., Antosiewicz-Bourget, J., Frane, J. L., Tian, S., et al. (2007). Induced Pluripotent Stem Cell Lines Derived from Human Somatic Cells. Science 318, 1917–1920. doi:10.1126/science.1151526
 Zahavi, E. E., Ionescu, A., Gluska, S., Gradus, T., Ben-Yaakov, K., and Perlson, E. (2015). A Compartmentalized Microfluidic Neuromuscular Co-culture System Reveals Spatial Aspects of GDNF Functions. J. Cel. Sci. 128, 1241–1252. doi:10.1242/jcs.167544
 Zhang, Y. S., Aleman, J., Shin, S. R., Kilic, T., Kim, D., Mousavi Shaegh, S. A., et al. (2017). Multisensor-integrated Organs-On-Chips Platform for Automated and Continual In Situ Monitoring of Organoid Behaviors. Proc. Natl. Acad. Sci. USA 114, E2293–E2302. doi:10.1073/pnas.1612906114
 Zhao, Y., Rafatian, N., Feric, N. T., Cox, B. J., Aschar-Sobbi, R., Wang, E. Y., et al. (2019). A Platform for Generation of Chamber-Specific Cardiac Tissues and Disease Modeling. Cell 176, 913–927.e18. doi:10.1016/j.cell.2018.11.042
 Zujur, D., Kanke, K., Onodera, S., Tani, S., Lai, J., Azuma, T., et al. (2020). Stepwise Strategy for Generating Osteoblasts from Human Pluripotent Stem Cells under Fully Defined Xeno-free Conditions with Small-Molecule Inducers. Regener. Ther. 14, 19–31. doi:10.1016/j.reth.2019.12.010
Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
The reviewer GP declared a past co-authorship with one of the authors HA to the handling Editor.
Copyright © 2022 Ajalik, Alenchery, Cognetti, Zhang, McGrath, Miller and Awad. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
		BRIEF RESEARCH REPORT
published: 01 April 2022
doi: 10.3389/fbioe.2022.817300


[image: image2]
Three-Dimensional Modeling and In Silico Kinematic Evaluation of Interspinous Ligament Desmotomy in Horses
Adam Henry Biedrzycki* and George Louis Elane
University of Florida, Gainesville, United States
Edited by:
Mark Buckley, University of Rochester, United States
Reviewed by:
Kara Brown, University of Pennsylvania, United States
Rahul Gawri, McGill University, Canada
* Correspondence: Adam Henry Biedrzycki, dradam@ufl.edu 
Specialty section: This article was submitted to Biomaterials, a section of the journal Frontiers in Bioengineering and Biotechnology
Received: 17 November 2021
Accepted: 28 February 2022
Published: 01 April 2022
Citation: Biedrzycki AH and Elane GL (2022) Three-Dimensional Modeling and In Silico Kinematic Evaluation of Interspinous Ligament Desmotomy in Horses. Front. Bioeng. Biotechnol. 10:817300. doi: 10.3389/fbioe.2022.817300

Background: Interspinous ligament desmotomy (ISLD) has been shown to improve the comfort of horses diagnosed with overriding dorsal spinous processes (DSP), but its effects on spine mobility are unknown.
Objective: To objectively quantify the change in mobility of thoracic vertebrae following ISLD using CT and medical modeling software.
Study design: Prospective cadaveric manipulation of seven equine thoracolumbar spines collected from T11-L1.
Methods: Spines were collected from T11-L1 with the musculature intact. Flexion and extension phases were achieved with a ratchet device calibrated to 2000N. Bone volume CT scans were performed in resting, flexion, and extension phase preoperatively. Interspinous ligament desmotomy was performed at each intervertebral space (n = 8), and bone volume CT imaging was repeated for each phase. The spinal sections were individually segmented and imported into medical software for kinematic evaluation. T11 of each phase were superimposed, the distance between each dorsal spinous process, the total length of the spine, and the maximal excursion of the first lumbar vertebra along with angular rotational information were recorded.
Results: The mean distance between each dorsal spinous process increased by 5.6 ± 4.9 mm, representing a 24 ± 21% increase in mobility following ISLD. L1 dorsoventral excursion increased by 15.3 ± 11.9 mm, craniocaudal motion increased by 6.9 ± 6.5 mm representing a 47 ± 36.5% and 14.5 ± 13.7% increase, respectively. The rotation of L1 about the mediolateral axis increased by 6.5° post-ISLD.
Conclusion and Clinical Relevance: ISLD increases dorsoventral, craniocaudal, and rotational motion of the equine spine. The computer modeling methodology used here could be used to evaluate multiplanar spinal kinematics between treatments.
Keywords: horse, spine, overriding, interspinous, desmotomy, kinematics, in silico
INTRODUCTION
Impingement or overriding of the equine dorsal spinous processes (ORDSP), otherwise known as “kissing spines”, represents the most common source of thoracolumbar and back pain in horses (Jeffcott, 1980). Thoracolumbar vertebrae T10-18 are the most commonly affected, though the cranial lumbar vertebrae can occasionally be affected (Denoix and Dyson, 2011; Zimmerman et al., 2012). Presenting complaints of horses affected by back pain typically include a history of poor performance, pain on thoracolumbar palpation, and epaxial muscle atrophy in advanced cases. The assessment of pain on palpation of back musculature is subjective due to individual interpretation and techniques; pressure algometry is a more objective determination (Trager et al., 2020). Furthermore, the role and importance of musculature in horses with back pain are further highlighted when considering that postural changes to limit the dorsoventral range of motion (ROM) of the spine can occur by horses’ contraction of the epaxial muscles (Trager et al., 2020). Diagnosis of ORDSP can be challenging due to the low correlation of diagnostic imaging with clinical disease but is frequently characterized by an increase in radiopacity of the dorsal spinous processes (DSPs) on radiographs (Erichsen et al., 2004; Zimmerman et al., 2012; Trager et al., 2020). Diagnostic information can also be complemented by observing increased radiopharmaceutical uptake on nuclear scintigraphy (Erichsen et al., 2003). Additional diagnostics via ultrasonographic identification of fiber disruption of the ISL in horses with ORDSP is supported by a histological evaluation that reported loss of ISL integrity and fiber disruption in horses with ORDSP, although clinical correlation is not always apparent (Ehrle et al., 2019). Initial medical management typically consists of corticosteroid injection, muscle relaxants, and other analgesics, aimed at improving the comfort during the physical rehabilitation period. The available surgical treatments include surgical resection of the DSPs under general anesthesia, and subtotal ostectomy in the standing horse; however, these can result in poor cosmetic outcome and postoperative complications (Roberts, 1968; Perkins et al., 2005; de Souza et al., 2021). The strong supraspinous ligament runs along the length of the spinal column and must be elevated from the DSPs along with the mutifidis dorsi, spinalis thoracic, and longissimus dorsi muscles in order to permit the removal of a portion of the DSP (Rubio‐Martinez et al., 2021). The ISL occupies the space between the DSPs and interspinous ligament desmotomy (ISLD) has been shown to ameliorate back pain (Coomer et al., 2012) but its effects on increasing mobility of the spine are unknown. Several studies have shown a clinical improvement in horses suffering from poor performance post-ISLD (Prisk and García‐López, 2019; Brown et al., 2020), however, others have mentioned long-term complications such as unilateral neurogenic atrophy of epaxial musculature (Derham et al., 2021). The main effects of ISLD appear to be due to reduced tension on the afferent nociceptive receptors located at the ligament insertion, which abolish the pain response (Coomer et al., 2012). An increase in nerve fibers within the ISL itself has also been identified histologically, transection of which may contribute to a change in pain level (Ehrle et al., 2019). Radiographically, an enlargement of the interspinous space was observed after ISLD, although this was not quantified (Coomer et al., 2012). Furthermore, we do not know if the effect of ISLD has beneficial mobility changes or deleterious secondary biomechanical consequences; further studies are required to address these effects. Few studies have objectively evaluated the kinematics of the equine spine at the individual vertebral level, although more generalized kinematic studies have been performed (Townsend et al., 1983) and more recently kinematics between straight-line motion and circle in trot and with a rider have been evaluated (Martin et al., 2017; Byström et al., 2021). These studies utilized motion capture cameras and skin markers, which have certain limitations when applied (Pourcelot et al., 1998). This study aimed to quantify the postoperative change in the mobility of thoracic vertebrae using a combination of CT and medical modeling software using postmortem spine specimens from T11 to L1. The objectives were to explore and quantify post-ISLD changes in mobility in the following ways: 1) investigate DSP distance and length of spine sections, 2) investigate the mobility of each vertebral segment, and 3) investigate the vertical (dorsoventral) excursion of the first lumbar vertebrae. We hypothesized that 1) the distance between each DSP and overall length of the spine would be increased following ISLD, thereby signifying an increase in length or mobility in a craniocaudal distance and 2) the mobility between each DSP would increase post-ISLD and 3) the vertical excursion of the first lumbar vertebra (relative to T11) would be increased postoperatively, signifying an increase in mobility in the dorsoventral direction post-ISLD.
MATERIALS AND METHODS
Study Design
Spines of seven skeletally mature horses with a body mass between 400 and 550 kg euthanatized for reasons unrelated to lameness or back pain were collected en bloc from T11-L1 with the skin, ventral and epaxial, and hypaxial musculature intact and the ribs severed at least eight inches from the spinal column (Figure 1). The spines were imaged and surgery was performed within 4 h of euthanasia, prior to the onset of rigor mortis. For CT evaluation (160 Slice Toshiba Aquillion CT Scanner, Cannon Medical Systems, Tustin, CA, United States) helical volume data (slice thickness of 0.5 and 0.3 mm slice overlap) was acquired. The bone reconstruction algorithm was used for all CT-based 3D reconstructions and analyses. The images were acquired in resting, extension, and flexion phases using a ratchet device before and after ISLD (Figure 1). The ratchet device was inserted into the spinal canal of the T11 vertebrae and the L1 Vertebrae and placed either on the dorsal or ventral aspect. The ratchet had a maximum strength of 2000N, verified with an inline force transducer and thus, the spine was loaded in each direction with 2000N. Based on CT imaging, the spines were screened for any preexisting ORDSP, inter DSP narrowing, or increased radio-opacity on the cranial and caudal margins of the DSPs and excluded if CT signs of these conditions were evident. ISLD was performed as previously described (Coomer et al., 2012). Briefly, 1 3.5” spinal needle was used to identify the interspinous space between each vertebra. Then, a 1 cm paramedian skin incision was made approximately 3 cm off midline using a #10 blade. Curved 7” Mayo scissors were inserted to bluntly penetrate the interspinous space and passed axially to transect the ligament, taking care not to damage the supraspinous ligament. This was repeated at each interspinous space n=8. The CT images in each position, both pre and post-ISLD were exported as DICOM files. The imaging data in DICOM files were imported into Materialise Mimics™ and 3-Matic™ (Materialise Medical Imaging Software Suite, Materialise NV, Leuven, Belgium) computer software for segmentation and 3D modeling of anatomic structures. In the software, each spinous process was individually segmented; the ribs were excluded (Figure 2). The initial process consisted of creating renderings, referred to as masks, using the Hounsfield Unit (HU) density range; for the spinous processes, an HU range of +700 to +3000 was used. Following the creation of the masks, 3D parts of each individual spinous section were created. These 3D renderings were then checked for imperfections and corrected with wrap and smooth algorithms. The parts were then imported into the spatial manipulation software program and the 11th thoracic vertebra of each phase was superimposed, maintaining the spatial relationship between them and each successive vertebra. Based on this data, the individual distance between the cranial-most aspect of each DSP (denoted by the most craniodorsal point), and the total spine length was measured and recorded in mm for each of the three phases (extension, flexion, and resting) at both the pre and post-ISLD time points (Figure 3). This provided information about the individual spinal motion. Finally, to gain an understanding regarding the global motion of the spine segments (T11-L1), the L1 in the extension and flexion phases were then superimposed over L1 in the resting position. This was achieved via a global registration algorithm, which aligns the features of different phase T11 sections within each horse resulting in a near-perfect alignment. The remainder of the spinal column segments within each phase move concurrently with respect to the parent T11 vertebrae, thus preserving the alignments. Following this, the translation and angular rotation of each phase (resting, flexion, and extension) was exported as a transformation matrix and Hausdorff distances of L1, the furthest vertebrae away from T11, were measured to demonstrate maximal changes between different phases (Figure 4) (Biedrzycki et al., 2021).
[image: Figure 1]FIGURE 1 | Images of spine sections prior to CT scanning. (A) Resting phase. (B) Flexion, ratchet strap calibrated to 2000N is placed on the dorsal aspect, compressing the dorsal spinous processes together. (C) Extension, ratchet strap is placed in the ventral aspect of the section, separating the dorsal spinous processes, and placing the interspinous ligament under tension.
[image: Figure 2]FIGURE 2 | Segmentation of the T11-L1 spine segments. Each vertebra is segmented separately and denoted in a different color. (A) Dorsal CT scan view. (B) Axial CT scan view, (C) Sagittal CT scan view. (D) 3D reconstruction of each individual spinous process.
[image: Figure 3]FIGURE 3 | Measurement of the inter DSP distance. Measurements are made from the cranial aspect of one DSP to the cranial aspect of the adjacent DSP. (A) Flexion phase, demonstrating an inter DSP distance of 35.87 mm. (B) Resting phase, demonstrating a inter DSP distance of 42.01 mm.
[image: Figure 4]FIGURE 4 | Use of Hausdorff distance to demonstrate dorsoventral excursion. In this image, T11vertebra (red arrow) have been superimposed over each other. The spine curving toward the top of the image represents a spine in extension, and the spine curving toward the bottom of the image represents the same spine in flexion. The color overlay represents the translation in mm between the two phases, peaking at 65.0 mm in this post-ISLD section. Note the close proximity of each DSP and narrowing of the interspinous space (black arrows) during the flexion phase.
Statistical Analyses
A test for normality was performed using Shapiro-Wilk. Data evaluating the interspinous distances were evaluated using a paired samples t-test. To determine the effects between pre and post-ISLD on each individual vertebra, a repeated measure 2-way analysis of variance with spinal section number and surgical condition (pre or post) as factors with a post-hoc Tukey’s test. Data were reported as mean ± standard deviation. Where data were not normally distributed, a Wilcoxon signed-rank test was performed, and data were reported as median (range). The significance was set at p ≤ 0.05. Statistics were performed with MedCalc software (Ver 19.1) and post-hoc power analysis was performed using G*Power.
RESULTS
Horses
The spines from four Quarter horses, and one Thoroughbred, Warmblood, and Spotted Saddle Horse each were included in the study. The sexes comprised of four mares and three geldings with an age of 16.3 ± 3.3 years and weight of 461 ± 46.6 kg. All spines were included in the study and were considered normal; none met the criteria for exclusion.
Resting Phase
There was no significant difference between the interspinous distance in the resting phase between each vertebra in the pre-surgical spine (39.89 ± 2.84 mm) and the post-surgical (39.90 ± 2.84 mm, p = 0.98). However, the power of this test was only 5%. To have sufficient power (80%) to detect a difference among the spinous process at rest given our effect size (0.003), a sample size approaching 2,000,000 sections would be required. Although 2,000,000 + sections are required to have sufficient power at a 20-micron difference, our study was sufficiently powered at 80% to determine that the true difference between the resting phases of the specimens we examined is less than 2.2 mm. Furthermore, we also identified a significant effect of vertebral space in our model (p < 0.01), indicating that the inter DSP distance is not homogenous among the vertebrae. However, even though we were unable to detect a difference at the interspinous level, there was a significant difference at the global level (T11-L1 range). After ISLD, the total distance between the cranial aspects of T11 to L1 is significantly increased (p = 0.03) from 310.0 ± 13.9 mm pre-surgery to 313.9 ± 11.8 post-surgery. The effect of ISLD on the total spinal length from T11 to L1 increases the length by 3.8 ± 3.1 mm. This 3.8 mm increase represents a 1.2 ± 1.0% change in the total length of the spine.
Range of Motion—Individual Spine Segments
There was no significant difference in the inter DSP distance measured from the cranial aspect of one vertebra to the cranial aspect of the next vertebrae during extension between pre-surgical spines (27.4 ± 19.1 mm) and the post-ISLD spines (33.9 ± 9.0 mm, p = 0.32, Figure 3). However, for flexion, a significant increase in the inter DSP distance between pre-surgical (34.3 ± 17.4 mm) and the post-ISLD (44.4 ± 10.6 mm, p = 0.046) was identified. Combining these extension and flexion values to generate a total dorsoventral range of motion (ROM) for each individual space, we demonstrate that preoperatively, this ROM is 17.9 ± 3.0 mm. The effect of ISLD is to significantly increase this ROM to 23.5 ± 4.0 mm (p = 0.02). Thus the effect of ISLD at a single vertebral site was to increase the ROM between two adjacent vertebrae by 5.6 ± 4.9 mm. This distance represents a 24 ± 21% increase in maximal ROM post-ISLD.
Global Spine Movement
L1 has significantly more total translation (excursion) in the dorsoventral direction between the pre-surgical (32.6 ± 10.8 mm) and the post-ISLD spine (48.0 ± 14.0 mm, p = 0.01). This represents an increase of 15.3 ± 11.9 mm of travel or an increase of 47.0 ± 36.5% in dorsoventral excursion. Extrapolating this figure, which represents the effects of 8 ISLDs, to a single ISLD at a single site provides an estimated effect of approximately 5.9% increase in dorsoventral excursion per ISLD site. L1 also has significantly more translation in the craniocaudal direction between the pre-surgical (22.9 ± 10.8 mm) and the post-ISLD spine (29.8 ± 10.9 mm, p = 0.03). This represents an increase of 6.9 ± 6.5 mm of travel or an increase of 30.1 ± 28.4% in craniocaudal translation. Extrapolating this figure to a single ISLD at a single site provides an estimated effect of approximately 3.8% increase in craniocaudal excursion per ISLD site. The angle of rotation of L1 between flexion and extension significantly increases from 12.0° (7.9–35.6°) pre-surgery to 21.8° (14.7–55.6°) degrees post-ISLD (p = 0.01). This represents an increase in the angular rotation of L1 of 6.5° (2.1–20.8°).
DISCUSSION
We successfully achieved our objectives, and this study represents the first in silico quantification of the change in mobility of thoracic vertebrae following ISLD using CT and medical modeling software. The lack of significant difference between individual spines in the preoperative and postoperative “resting” phases in this study suggests that this formed an adequate baseline for comparison of the flexion and extension phases. Despite this, we identified that there are differences in the interspinous distances between different vertebrae, although we did not have sufficient power to further determine where these differences exist during flexion and extension in this study. Furthermore, we also identified that the resting total length of the spine section we were studying (T11-L1) significantly increased by 3.8 mm, supporting our first hypothesis. However, this increase is approximately 1.2% of the total length of the spinal section analyzed and could be explained by thermal variations in the muscles and soft tissues over time and the initial flexion and extension phases, since the pre-surgical imaging was always performed prior to the surgical intervention.
The caudal thoracic and the lumbar spine is the least mobile region of the equine back (Townsend et al., 1983). However, this is the region at most risk for kissing spines and where surgical intervention is required. During the study, the determination of which specific desmotomy sites would be the most efficacious in increasing the overall mobility was considered. Although increasing mobility is not necessarily the clinical goal of the ISLD procedure, for the purposes of this study into the investigation of mobility we wanted to choose sites which would have most impact. However, a power calculation indicated that 1,309 spines would be required in order to make this determination, and the consideration was abandoned. Thus, in order to achieve a maximum global effect given the previously identified lack of mobility in this region, it was elected to perform ISLD at each intervertebral site (for a total of eight sites) in the current study, as opposed to the original description of the procedure, which had a mean of five surgical sites (Coomer et al., 2012). This approach was chosen in order to determine the maximum change in vertebral excursion following ISLD by increasing the number of desmotomy sites. Furthermore, we chose to measure our inter DSP distance from the cranial aspect of one vertebra to the cranial aspect of the next vertebrae rather than the distance between each DSP. This was performed due to issues selecting the optimal caudal marker, which was not reliably determined and varied based on the different computer views. To remove excessive variation, we elected to use only one point per spine, the most cranial and repeatable prominence on each DSP.
We identified that increased motion between the spinous processes occurs in the flexion phase in comparison to the extension phase during spinal motion in normal spines. Furthermore, there was no significant effect of ISLD on increasing the amount of motion in the extension phase; ISLD only had a significant effect on increasing the degree of motion in flexion. A limit of 2000N was used as a maximum value due to DSP fracture identified in preliminary studies if forces greater than 2000N were used in the extension phase. Although it is conceivable that forces greater than 2000N could have been applied in flexion, the authors decided to keep the forces consistent for direct comparisons between the two modes. This appears to make sense since, with transection of the ligament, one would not expect an increased motion when spines are compressed together (extension) but rather when they are placed in tension and forced apart (flexion). Thus, we found evidence to support our second hypothesis that the range of motion between each DSP would increase post-ISLD. Since our results demonstrate the effects on normal spine segments, horses with kissing spines exhibiting close proximity (similar to a type of “extension” phase) are likely to have greater effects of ISLD on mobility in the flexion direction than presented here, thus our results are likely to underestimate the clinical scenario. The constriction of the interspinous ligament on the mobility of the DSPs was first recognized by Coomer et al. who developed the ISLD technique (Coomer et al., 2012). Following ISLD, there was an increase in interspinous space observed on postoperative radiographs. They theorized that tension of the interspinous ligament alone was holding the DSPs in close proximity to each other, although the quantification of this change was not determined at that time. This ancillary finding of increased mobility is further supported by our study.
In terms of global spinal motion between T11-L1, we found evidence to support our third hypothesis. It stands to reason that the increase in dorsoventral excursion of the first lumbar vertebra by 15.3 mm following ISLD likely represents a cumulative increase in range of motion by severing the interspinous ligament between each preceding thoracic vertebra, thereby allowing the lumbar vertebra more freedom to move further in the dorsoventral direction. Similarly, the 6.9 mm increase in craniocaudal motion was statistically significant following ISLD and suggests that the interspinous ligament may constrict craniocaudal motion in addition to dorsoventral motion (Coomer et al., 2012). As demonstrated by this study, severing this ligament increased rotation of the lumbar vertebra by 6.5° supporting the notion that the ISLD increases the ability of the affected vertebrae to rotate further increasing overall spine mobility.
Histopathology of the interspinous ligament of horses affected by ISLD had revealed disruption of normal anatomy and fibrocartilaginous metaplasia in one report (Ehrle et al., 2019). The upregulation of fibrocartilage in affected horses may indicate a decrease in mobility, which predisposes to enthesiophyte formation and the osseous radiographic changes typically seen in horses with ORDSP. Furthermore, the number of nerves within the interspinous ligament was increased in horses with ORDSP in the same report (Ehrle et al., 2019). It is likely that nociception may play a part in decreasing mobility of the spine, and that severing these nerves consequently increases analgesia and allows the horse to engage in rehabilitative physiotherapy following ISLD.
The effect of ISLD is to enhance the mobility and rotation of the spine by approximately 24% per spinous segment in terms of total, maximal ROM in flexion and extension. Furthermore, the maximal excursion of the spine in a dorsoventral direction can increase by 5.9% at each ISLD site. It should be noted that these are maximal or extreme ranges of motion; at rest or physiological conditions, these changes represent a difference of only 1.6% in total spinal length and underscore the necessity of appropriate rehabilitation therapy in clinical cases (Prisk and García‐López, 2019). The original description of the ISLD technique emphasized the need for postoperative physical training to encourage epaxial muscle strength and core stability. The core strengthening exercises, after resolution of back pain, may increase the cross-sectional area of the spinal stabilizing musculature. If the spine is hypermobile post-ISLD as our study suggests, then a post-rehabilitation increase in support or spinal stabilization may be beneficial.
This study has several limitations. Many of our results have large SD values, which are only slightly smaller than the mean value itself. For example, the effect of ISLD on the total spinal length from T11 to L1 increases the length by 3.8 ± 3.1 mm. This 3.8 mm increase represents a 1.2 ± 1.0% change in the total length of the spine. However, the data are still significantly different, although there is a less than 3% chance of type I error. Although the data are significant and we have evidence to support our hypotheses, the authors have concern that there are systemic type I errors with our data; that the null hypothesis has been incorrectly rejected. This level of caution should be applied to interpretation of all of our data.
While the spine segments collected included the most commonly affected sites for ORDSP, these segments do not represent the entire vertebral column and therefore the inclusion of more vertebrae may change the results. Anchor points to the appendicular skeleton at the sacrum and in proximity to the scapula may also affect the results. Important muscles attachments at the ribs both cranially and caudally may also affect our results. Furthermore, there was no muscle tone in our postmortem specimens. It is believed that horses with ORDSP or back pain tend to have increased tone in the epaxial musculature and as such, drugs such as methocarbamol are often prescribed. This variation in muscle tone between our sections (no muscle tone), normal live horses (normal tone), and clinically affected horses (exaggerated muscle tone), may therefore have a significant role in the true motion of the spine in the clinically affected live horse. As such, we believe our results are maybe an overestimation of the true motion that occurs. In addition, our sections included the anticlinal vertebrae (T16) and thus there may be differences in extension and flexion from the vertebrae cranial and caudal to this maker, as spinous processes in humans with the S-shaped normal human spine have different sections undergoing extension and flexion concurrently. Furthermore, during these extension and flexion phases, the spinal segments undergo translation, axial rotation, and lateral flexion which, although not evaluated in the present study, could be easily investigated with the techniques utilized in this investigation. The specimens were collected from clinically normal horses, and translation and rotation results may change in horses clinically affected by ORDSP. In addition, the study was underpowered for detecting individual changes in vertebral motion, the ISLD procedure was performed at each interspinous site for 8 sites total and supraphysiological forces were exerted on the spine. This was to allow for global changes in mobility of the spine but may not directly correlate with changes seen in clinical practice, where typically fewer total sites of ISLD are performed and lower forces are exerted. The assumptions that global spine motion can be equally divided amongst individual vertebrae may be incorrect, as there are small alterations in the plane of motion of each facet joint of the spinal vertebrae. We feel that the contribution of facet joint alignment is likely to be minimal, however, given this uncertainty we urge caution in interpretation of these findings as they may not be true approximations of individual vertebral motion. In addition, changes in individual spine mobility are unlikely to be the primary reason for clinical improvement in horses after ISLD.
Despite these limitations, this is a powerful modeling technique that would allow for further evaluations of spinal motion in a virtual setting. One of the limiting factors currently is that it is not possible to CT the thoracolumbar spine of horses in vivo and furthermore, one would require dynamic flexion and extension positioning in the CT to acquire meaningful ROM data. Nevertheless, the information, once acquired, could be used in a variety of virtual modeling scenarios.
In conclusion, this study demonstrated that ISLD of 8 interspinous segments increases spinal mobility. It is uncertain if this change in mobility is beneficial or if there may be secondary biomechanical consequences, such as thoracolumbar facet disease, which are beyond the scope of this study. However, the techniques utilized in this study can be valuable for evaluating spinal kinematics in three dimensions both locally (individual vertebra) and globally (effects over the entire spinal segment).
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Treating large bone defects, known as critical-sized defects (CSDs), is challenging because they are not spontaneously healed by the patient’s body. Due to the limitations associated with conventional bone grafts, bone tissue engineering (BTE), based on three-dimensional (3D) bioprinted scaffolds, has emerged as a promising approach for bone reconstitution and treatment. Bioprinting technology allows for incorporation of living cells and/or growth factors into scaffolds aiming to mimic the structure and properties of the native bone. To date, a wide range of biomaterials (either natural or synthetic polymers), as well as various cells and growth factors, have been explored for use in scaffold bioprinting. However, a key challenge that remains is the fabrication of scaffolds that meet structure, mechanical, and osteoconductive requirements of native bone and support vascularization. In this review, we briefly present the latest developments and discoveries of CSD treatment by means of bioprinted scaffolds, with a focus on the biomaterials, cells, and growth factors for formulating bioinks and their bioprinting techniques. Promising state-of-the-art pathways or strategies recently developed for bioprinting bone scaffolds are highlighted, including the incorporation of bioactive ceramics to create composite scaffolds, the use of advanced bioprinting technologies (e.g., core/shell bioprinting) to form hybrid scaffolds or systems, as well as the rigorous design of scaffolds by taking into account of the influence of such parameters as scaffold pore geometry and porosity. We also review in-vitro assays and in-vivo models to track bone regeneration, followed by a discussion of current limitations associated with 3D bioprinting technologies for BTE. We conclude this review with emerging approaches in this field, including the development of gradient scaffolds, four-dimensional (4D) printing technology via smart materials, organoids, and cell aggregates/spheroids along with future avenues for related BTE.
Keywords: bioprinting, 3D printing, bone tissue engineering, scaffold, critical-sized defect
INTRODUCTION
Bone is a resilient tissue with self-healing capacity. However, a large bone defect, referred to as a critical-sized defect (CSD), cannot be healed by the patient’s body (Schroeder and Mosheiff, 2011; Park et al., 2015). The size of CSDs can vary by the skeletal region involved and the state of soft tissue surrounding it (Nauth et al., 2011; Schemitsch, 2017). For example, a 3-cm diameter defect is regarded as a CSD for the radius and ulna, while a 5-cm diameter defect is classified as a CSD for the femur and tibia (Calori et al., 2011; Stewart et al., 2015). In these cases, surgical interventions such as bone grafts are needed to restore the function of the bone (Ashammakhi et al., 2019). Traditional therapeutic approaches such as autografts, allografts, and xenografts have been restricted due to associated drawbacks such as limited donor supply and donor sites, additional surgery, the potential risk of disease transmission, and immune response after implantation. Bone tissue engineering (BTE) has drawn significant attention to the creation of novel constructs to restore, maintain and/or improve bone function (Guarino et al., 2007; Wang and Yeung, 2017; Turnbull et al., 2018).
Scaffolds, cells, and cytokines are key components in BTE. Scaffolds are 3D structures providing a temporary environment for extracellular matrix (ECM) formation and cellular activity as well as diffusion of oxygen, nutrient delivery, and waste removal. These 3D structures must also provide mechanical support to resist external forces and gradually remodel over time as new bone tissue is formed (Seol et al., 2013).
Conventional fabrication methods such as solvent-casting (Kim et al., 2008; Aboudzadeh et al., 2010), particulate-leaching (Guarino et al., 2008; Verma et al., 2019), and freeze drying (Zhang and Ma, 1999; Niu et al., 2009; Aboudzadeh et al., 2010; Zhu et al., 2011; Cholas et al., 2016) have had limited capacity to control pore size, pore geometry, pore interconnectivity, and the spatial distribution of pores in scaffolds. Conversely, 3D printing, an advanced fabrication technique, is considered the most promising technique for creating biomedical scaffolds, artificial tissues, and organs due to its enhanced ability to control scaffold structure (Gu et al., 2016; Chen, 2018). Recent developments in 3D printing technology have also enabled the incorporation of living cells and growth factors into scaffolds during the fabrication process, an approach known as bioprinting, which subsequently creates biomimetic tissue (Bose et al., 2013; Zhu and Chen, 2013; Gu et al., 2016).
Here, we first provide a summary of concepts about bone structure and bone defects. We next consider different types of biomaterials, cells, and growth factors commonly used in bioprinting for BTE. We also review bioprinting techniques used in BTE, printability, as well as mechanical and osteoconductive properties of 3D printed bone scaffolds. In addition, we discuss in-vitro assays and in-vivo models to track bone regeneration using bone scaffolds. We then conclude with challenges in current studies and recommendations for future research.
BONE STRUCTURE AND DEFECTS
Living bone is a heterogeneous composite material consisting mineral, collagen (type I), and water (Guarino et al., 2007; Wu et al., 2014). Moreover, there are small quantities of other organic materials such as polysaccharides, proteins, proteoglycans, sialoproteins, and lipids in this dynamic/vascularized tissue. Hydroxyapatite (HAp), which is the major component of bone mineral, is responsible for proper provision of structural support (Wu et al., 2014; Yazdanpanah et al., 2015). In addition, bone has a cellular phase made of four main types of cells including osteoblasts (form bone tissue), osteoclasts (resorb bone tissue), osteocytes (maintain bone tissue), and bone lining cells (Hadjidakis and Androulakis, 2006; Guarino et al., 2007; Florencio-Silva et al., 2015).
General categories of bones include long bones (e.g., femur and tibia), short bones (e.g., carpal and tarsal bones), flat bones (e.g., skull), and irregular bones (e.g., spinal elements). Long bones possess a hollow diaphysis, cone-shaped metaphyses, and rounded epiphyses (Clarke, 2008). Figure 1 illustrates the overall structure of long bone. At the macro-scale, a typical long bone includes cortical bone (compact bone), trabecular bone (cancellous or spongy bone), a periosteum, an endosteum, osteons (micro scale), collagen fibers (nanoscale), and collagen molecules (sub-nano scale). Cortical bone is dense, and is primarily responsible for providing mechanical support as well as protection. Conversely, trabecular bone, which has an open honeycomb-like structure, constitutes about 20% of skeleton mass and is typically located within the metaphyses/epiphyses at the ends of long-bones (Wu et al., 2014). Trabecular bone is less compact, more deformable, and, due to having a high surface area, more metabolically active than cortical bone (Hadjidakis and Androulakis, 2006). As it is a deformable structure, trabecular bone also plays a role in helping reduce dynamic forces associated with physiological loading (Downey and Siegel, 2006). Differences in mechanical properties between cortical and trabecular bone result from architectural differences, with cortical bone offering high resistance to axial, bending and torsional loading with a high compressive elastic modulus (E ≈ 7.0–30 GPa) (Hutmacher et al., 2007; Chatzistavrou et al., 2011) and compressive strength (Sc ≈ 100–230 MPa) (Hutmacher et al., 2007; Chatzistavrou et al., 2011) compared to that of trabecular bone (E ≈ 0.1–5 GPa, Sc ≈ 2–12 MPa) (Wu et al., 2014). The periosteum is a fibrous membrane of connective tissue observed on the bone surface, and the endosteum is a thin layer of lining cells found on the medullary cavity surface (Downey and Siegel, 2006; Wu et al., 2014). Osteons are vascular tunnels of cylindrical shape in which blood vessels and nerves are surrounded by concentric layers of bone called lamella (Guarino et al., 2007; Härle and Boudrieau, 2012; Olson and Carlson, 2017). What differentiates primary vs secondary osteons, also known as Haversian systems, is the way they are formed. Primary osteons are relatively small, less mineralized structures, formed in early life in locations where bone did not previously exist. During postnatal growth, resorption of existing bone occurs, and larger secondary osteons are deposited. These secondary osteons, which are the main structural unit of cortical bone, are constantly resorbed/renewed during life through the process of remodeling (Patterson-Kane and Firth, 2014). In trabecular bone, remodeling produces hemi-osteons, also known as trabecular packets, which have a similar layout to that of cortical bone osteon but are crescent-shaped (Parfitt, 1994; Dahl and Thompson, 2011; Patterson-Kane and Firth, 2014).
[image: Figure 1]FIGURE 1 | An overall schematic representation of long bone structure.
Bone is continuously renewed throughout life by remodeling, a cyclical process by which existing bone is replaced by new bone to maintain structural, biochemical, and biomechanical properties (Hadjidakis and Androulakis, 2006; Zhou et al., 2010). Remodeling, which is conducted by individual basic multicellular units (BMUs), is performed in three main stages, including: 1) bone resorption by osteoclasts; 2) reversal, which is a transition phase from resorption to formation; and 3) bone formation by osteoblasts (Hadjidakis and Androulakis, 2006; Kenkre and Bassett, 2018). Within the BMU, bone resorption is coupled with bone formation so that old bone is replaced by an equivalent amount of new bone to maintain skeletal balance (Martin and Rodan, 2008).
Bone defects can be caused by congenital abnormalities, trauma (e.g., fractures and non-unions), bone disease (e.g., osteoporosis, osteosarcoma, osteonecrosis), or surgery (e.g., tumor removal, spinal fusion) (Gao et al., 2014; Loi et al., 2016; Ma et al., 2018; Ashammakhi et al., 2019) and have clinical as well as socioeconomic importance (Pneumaticos et al., 2010; Loi et al., 2016). Based on the American Academy of Orthopedic Surgeons (Stevens et al., 2008), 6.3 million fractures happen each year in the United States and half a million surgical procedures were performed in 2005 using autografts or allografts to repair bone defects, which cost approximately $2.5 billion USD. In 2011 (Loi et al., 2016), 465,070 spinal fusion treatments were performed using bone grafts in the United States. It has been reported that costs for treatment of bone fractures will reach $25 billion USD by 2025 (Loi et al., 2016).
Management of large bone defects, known as CSDs, is of great importance given they have negative effects on the patient’s quality of life due to prolonged hospitalizations and consecutive re-operations (Pneumaticos et al., 2010; Roseti et al., 2017). Despite the importance, no standard definition for a CSD has been reported in literature and the lack of consistency around its definition has led to conflicting opinions on their management (Schemitsch, 2017). General guidelines consider a defect size length greater than 1–2 cm and greater than 50% loss of the bone circumference as a CSD (Schemitsch, 2017). In addition, the classical definition of a CSD pertains to the smallest size intra-osseous wound in a particular bone and species of animal which is unable to heal during the lifetime of an animal (Pneumaticos et al., 2010; Spicer et al., 2012). Some others have also suggested that a defect is defined as a critical size when the length of deficiency is more than 2 or 3 times its diameter, or when a defect demonstrates less than 10% bone regeneration during the lifetime of the animal (Pneumaticos et al., 2010). The location and depth of the defect is also a consideration. Defects in the cortical diaphysis exhibit efficient regeneration of compact bone (Monfoulet et al., 2010). Defects though in distal and proximal epimetaphyses (which include both cortical and trabecular bone) exhibit efficient regeneration of trabecular bone but thin cortices, attributed to different bone-specific remodeling processes. The difference in healing process of various zones may come from the availability of endosteal, bone marrow, or bone lining cells (Monfoulet et al., 2010). A BTE study also found more bone formation in trabecular defect of a metaphyseal bone, which was implanted by bone scaffold with growth factor but a delayed cortical healing (Raina et al., 2019). To guide cortical regeneration, sealing the cortical defect endosteally with a collagen membrane loaded with growth factor was found promising (Raina et al., 2019).
Bioink for Bioprinting
Bioink (Figure 2A) is defined as a formulation of cells which may, but do not have to, contain biomaterials and biological components such as growth factors (Groll et al., 2018). A bioink should generally meet the biological and mechanical requirements of the bioprinting process. The biomaterial used in bioink must possess appropriate biocompatibility, bioactivity, and biodegradability (Salgado et al., 2004; Murphy and Atala, 2014; Mandrycky et al., 2016; Turnbull et al., 2018; Zimmerling et al., 2021). The biomaterial must also have proper viscosity for 3D printing process (Figure 2B), and have appropriate mechanical properties to provide sufficient load-carrying capacity as well as stiffness to maintain integrity of the bioprinted scaffold (Murphy and Atala, 2014; Munaz et al., 2016; Zhang et al., 2017). With regards to scaffold evaluations for BTE, it is necessary to study bioprinted scaffold in terms of mechanical properties followed by evaluating cell function and osteoconductive properties by in-vitro studies. Scaffold implantation into a bone defect in an animal model, in-vivo (Figure 2C), has also been a complementary approach to track the capability of a bone-like scaffold to regenerate new bone within a CSD.
[image: Figure 2]FIGURE 2 | Schematic representation of 3D bioprinting technique and its application for BTE: (A) Bioink preparation from three components including biomaterial, growth factor, and cells; (B) Bioprinting process with an extrusion-based 3D bioprinter; and (C) Mechanical, in-vitro, and in-vivo studies.
Biomaterials
Given that biomaterial properties determine scaffold properties, biomaterial selection is a crucial step towards fabrication of bone-engineered constructs. To date, a wide variety of both natural and synthetic biomaterials have been used for producing bone scaffolds; however, not all provide a suitable matrix to embed cells (Salgado et al., 2004; Zhang et al., 2017). Accordingly, only a limited number of biomaterials are currently available for effective cell encapsulation.
In bioprinting, hydrogels are widely used as a matrix to encapsulate cells due to their biocompatibility, biodegradability, resemblance to the native ECM, and provision of a hydrated environment, which facilitate diffusion of nutrients, oxygen, and waste removal for cell growth (Huang et al., 2016; Bishop et al., 2017; Naghieh and Chen, 2021). A hydrogel for bioprinting must possess several characteristics (Du et al., 2015; Huang et al., 2016): 1) exhibit adequate rheological properties contributing to strands with good integrity, 2) maintain its shape during 3D printing and the pores should not collapse, and 3) non-toxic to cells and allow encapsulated cells to proliferate and differentiate.
Various natural hydrogels including alginate, gelatin, chitosan, collagen, hyaluronic acid (HA) have been commonly utilized for bioprinting (Huang et al., 2016). A summary of benefits and potential limitations of the above-mentioned natural hydrogels, specifically for the purposes of bioprinting bone scaffolds, is given in Table 1. Among natural hydrogels, alginate has been most commonly used in bioprinting of bone scaffolds due to its controllable degradation rate and the useful property of undergoing crosslinking, which allows it to be formulated into various shapes including microspheres and fibers (Loozen et al., 2013; Perez et al., 2014; Kim Y. B. and Kim G. H., 2015; Kim Y. B. et al., 2016; Raja and Yun, 2016). However, quick loss of mechanical strength of alginate during in-vitro culture and poor controllability over its internal microstructure (because of its excessive hydrophilic nature) are problematic for BTE (Kim Y. B. and Kim G. H., 2015). It has been found that alginate loses its mechanical strength by about 40% after 9 days of in-vitro culture (Shoichet et al., 1996). In addition, alginate has limited bioactivity due to lack of cell-binding sites, which are crucial for cell adhesion. This poor bioactivity of alginate has led researchers to modify it with cell-adhesive ligands or combine it with other biomaterials to promote cell responses in bone scaffolds (Di Giuseppe et al., 2018; Luo et al., 2018; Sarker et al., 2019). Bioactivity of alginate has been improved by modifying its surface using arginine-glycine-aspartate peptide coating (Genes et al., 2004). In addition, combining alginate with other hydrogels such as chitosan and gelatin has also created an suitable environment for bioprinting of bone-marrow derived mesenchymal stem cells (BMSCs) (Huang et al., 2016) and mesenchymal dental pulp derived stem cells (DPSCs) (Park et al., 2015). Further, alginate combined with Matrigel, which is a gelatinous protein mixture, has been used for encapsulation of endothelial progenitor cells (EPCs) (Poldervaart et al., 2014).
TABLE 1 | Benefits and potential limitations of natural hydrogels commonly used in bioprinted bone scaffolds.
[image: Table 1]Gelatin is another candidate for supporting cellular functions, including cell attachment, proliferation, and differentiation given that it has cell-ligand motifs (Luo et al., 2015; Milazzo et al., 2019). In addition, the thermoresponsive behavior of gelatin has made it a popular polymer for bioinks (Milazzo et al., 2019). However, gelatin has a high degradation rate and poor mechanical strength, which can be problematic for BTE (Gautam et al., 2014). Therefore, gelatin in combination with other biomaterials, such as chitosan, alginate, fibrinogen, HA, and silk fibroin, has been used as a cell carrier in bioprinting systems for BTE applications (Das et al., 2015; Huang et al., 2016; Kang et al., 2016). Methacrylamide gelatin (MG), a modified form of gelatin, has also exhibited excellent potential for cell printing with high cell viability (>97%) (Billiet et al., 2014), indicating MG can be a good synthetic hydrogel for BTE. Additionally, MG has been used as a suitable matrix for bioprinting BMSCs and the growth factor bone morphogenetic protein-2 (BMP-2) (Du et al., 2015). Coating titanium implants using gelatin methacryloyl (GelMA), another modified form of gelatin, has also improved the osteointegration of titanium implants (McBeth et al., 2017), indicating that GelMA is a good bioink candidate for BTE as well. Crosslinking strategies has also been implemented to stabilize and improve the mechanical properties of gelatin. In this regard, chemicals such as 1-ethyl-3-(3-dimethylaminopropyl) carbodiimide (EDC) (Huh et al., 2018), glutaraldehyde (Martínez-Vázquez et al., 2015), or genipin (Akkineni et al., 2016) have been applied.
Chitosan is also a favorable biomaterial for biomedical applications. This cationic polymer has a hydrophilic surface improving cell adhesion, proliferation, differentiation, and viability. The high charge density of chitosan in solution helps chitosan form insoluble ionic complexes with water-soluble anionic polymers such as alginate (Suh and Matthew, 2000; Zhu et al., 2011; Muzzarelli et al., 2012; Bakhsheshi-Rad et al., 2019). Chitosan has shown good potential as a carrier for rabbit BMSCs and the growth factor BMP-2 in hybrid polycaprolactone (PCL)/chitosan scaffolds. This combination has made a biomimetic micro-environment with improved cell retention, growth, and distribution (Dong et al., 2017).
Collagen provides excellent characteristics such as low immunogenicity, permeability, good biocompatibility and biodegradability, and has potential to regulate the morphology, adhesion, migration, and differentiation of cells (Mohseni et al., 2018; Turnbull et al., 2018). Collagen type I is the most commonly used form of collagen in bioprinted bone scaffolds (Semba et al., 2020). Collagen type I incorporation provided sufficient adhesion ligands in alginate-polyvinyl alcohol (PVA)-HAp for attachment and proliferation of pre-osteoblast cells (MC3T3-E1) (Bendtsen et al., 2017). Coating of scaffolds with collagen has also improved adhesion, proliferation, and osteogenic differentiation of osteoblast-like cells (MG63) (Vandrovcová et al., 2011) and osteogenic differentiation of human adipose-derived stem cells (hADSCs) (Linh et al., 2020). Collagen type I is not highly favorable for bioprinting bone scaffolds due to its slow gelation kinetics and low viscosity (Ashammakhi et al., 2019). A bioprintable form of collagen type I, however, has been made by adding agarose to its matrix, resulting in printed mesenchymal stem cells (MSCs) (Duarte Campos et al., 2016). Also, combining collagen type I with HA has resulted in osteochondral scaffolds with a well-suited ECM for osteoblasts (Park et al., 2014).
HA is a hydrophilic natural polymer which is well-known to be a major component of ECM in connective tissues of all mammals (Bae et al., 2011). HA has potential to be used in biomedical applications due to its biocompatibility, non-toxic degradation by-products, visco-elastic properties, and capability to retain water which keeps tissues hydrated (Bae et al., 2011; Zhu et al., 2017; Ashammakhi et al., 2019). Further, anti-microbial properties of HA makes it a good candidate for implantation in bone defects (Zhai et al., 2020). However, the natural form of HA hydrogel is easily degraded in water due to its weak mechanical strength. To overcome this limitation, a modified form of the HA network, such as acrylated HA followed by ultraviolet (UV) light crosslinking, has been used to make a suitable matrix with tunable mechanical and degradation properties for cell and growth factor encapsulation in BTE (Kim et al., 2007). Photo-crosslinked methacrylated hyaluronic acid (MeHA), another chemically-modified form of HA, also appears to be a good matrix for bioprinting in BTE as in-vitro research indicated good levels of cell viability (64.4%) and osteogenic differentiation (Poldervaart et al., 2017). Also, HA in combination with methylcellulose has also exhibited good capability for bioprinting of MSCs (Law et al., 2018).
The majority of natural hydrogels share a common drawback related to insufficient mechanical properties which do not mimic native bone (Baino et al., 2015). To address this limitation, enhanced mechanical performance of bioprinted scaffolds has been pursued using synthetic polymers (Gao et al., 2014). For instance, bioprinted bone scaffolds made of poly (ethylene glycol) dimethacrylate (PEGDMA) and HAp exhibited an elastic modulus of ∼359 kPa, which did not meet that of natural bone but was higher relative to natural polymers (less than 5 kPa) (Gao et al., 2014). Poly (lactic-co-glycolic acid) (PLGA) and poly (ethylene glycol) (PEG) blend has been another successful synthetic polymer for bioprinting of mechanically strong constructs (E∼57 MPa) (Sawkins et al., 2015) consisting of immortalized human mesenchymal stem cells (hMSCs) for bone repair.
Cells
Cells selected for BTE applications should mimic the physiological state of native cells and be able to maintain their function in-vivo. Also, cell proliferation under both in-vitro and in-vivo conditions must occur in a controlled manner. An implanted scaffold may fail because of too little proliferation. On the other hand, excessive proliferation may cause a lack of enough oxygen and nutrient delivery to all cells and consequently, cell apoptosis occurs. Further, the timing of cell proliferation is also of great importance such that an initial high cell proliferation be desirable but it must be sustained at a specific rate (Murphy and Atala, 2014).
Various types of cells, including stem cells and cell lines, have been utilized in bioprinting of bone scaffolds. Osteoblast cell lines are used for bone repair and regeneration in clinical applications because they are bone-forming cells engaged in formation and mineralization of bone matrix. Restricted in-vitro proliferation is the major drawback which is associated with usage of fully differentiated osteoblasts (Kargozar et al., 2019). The most common cell line encapsulated in bone scaffolds by means of bioprinting has been MC3T3-E1 pre-osteoblast cells which have shown the promising ability to differentiate into mature osteoblasts (Raja and Yun, 2016; Bendtsen et al., 2017; Demirtaş et al., 2017). In addition, the MG63 cell line has been utilized in 3D scaffold-based osteosarcoma models to improve tumor therapy outcomes (Bassi et al., 2020) and in 3D printed scaffolds to study bone regeneration (McBeth et al., 2017). Related to bioprinted bone scaffolds, MG63 cells were also successfully laden into 3D printed scaffolds of PCL/alginate and the in-vitro osteogenic activity of cell-laden scaffolds was found to be superior compared to non cell-laden scaffolds (Kim Y. B. et al., 2016). Human osteogenic sarcoma cells (SaOS-2) are another category of bone-related cells that have been employed in bioprinted bone scaffolds (Neufurth et al., 2014).
Undifferentiated stem cells (e.g., MSCs), which can be isolated from a number of tissues including bone marrow and adipose tissue, have also been extensively used in biomedical applications (Su et al., 2012; Qi et al., 2016) (it is important to note that undifferentiated stem cells and cell lines need to be cultured in a medium which is supplemented with ascorbic acid, dexamethasone, and -glycerophosphate for osteogenic activity (Kargozar et al., 2019)). Stem cells have been introduced as a suitable cell source in BTE owing to their distinct characteristics, including self-renewal and good capability to differentiate into various cell lineages (Kargozar et al., 2019). MSCs are easily expanded in-vitro and can proliferate and differentiate into cell lineages such as osteoblasts, chondrocytes, and adipocytes. Stem cells such as BMSCs harvested from Sprague-Dawley rats (Du et al., 2015; Huang et al., 2016) and humans (Gao et al., 2014; Poldervaart et al., 2017), hADSCs (Murphy et al., 2017), as well as human amniotic fluid-derived stem cells (hAFSCs), have been used in bioprinting of bone scaffolds. The main reasons for using ASCs in bioprinted bone scaffolds are ease of availability and great proliferation rate (Kargozar et al., 2019). Although the number of cells harvested from 1 g of adipose tissue is about 500 times greater than that harvested from the same amount of bone marrow (Kargozar et al., 2019), ASCs have been found to have lower osteogenic activity compared to BMSCs (Kargozar et al., 2019). The main disadvantages of BMSCs, however, are related to the culturing process and isolation, both of which are time-consuming (Kargozar et al., 2019). DPSCs are another type of stem cells that have been successfully encapsulated in bone scaffolds by bioprinting. Compared to MSCs derived from bone marrow, DPSCs have greater potential for osteogenic differentiation and induction of vasculature (Park et al., 2015). Human nasal inferior turbinate tissue-derived mesenchymal stromal cells (hTMSCs) are also another promising source of cells that have been used in bioprinted bone scaffolds (Das et al., 2015). The hTMSCs express a proliferation rate five times higher than that of BMSCs and display approximately 30 times higher yield than that of ADSCs (Das et al., 2015). Also, parameters such as the passage number and donor age do not significantly impact the differentiation characteristics of hTMSCs (Pati et al., 2015). Muscle-derived stem/stromal cells, which are a population of self-renewing cells, has been another source of cells used in bioprinted bone scaffolds (Phillippi et al., 2008). Human umbilical vein endothelial cells (HUVECs) have also been used in bioprinting of bone scaffolds given they contribute to osteogenesis via secretion of regulatory molecules such as growth factors (Chen et al., 2018).
Taken together, this review indicates that there is no simple process for identifying one type of cell best suited for BTE. The selection criteria for cell type depends on factors such as availability, ease of isolation and culturing as well as cost of treatment (Kumar et al., 2019). Parameters such as the type of biomaterial and bioprinting technique also need to be considered regarding cell type selection.
Growth Factors
For treating large bone defects, vascularization still remains a challenge for BTE. One strategy used to enhance vascularization in bioprinted bone scaffolds has been usage of growth factors (Shahabipour et al., 2020). Biological aids, such as growth factors, play an important role in providing signals at damaged sites, which enable cells to migrate and stimulate the healing process (Salgado et al., 2004; Bishop et al., 2017). Accordingly, new bone formation is regulated by a range of growth factors and biomolecules, which can be included as a component of the bioink or added to the printed scaffold (Mouriño and Boccaccini, 2009; Turnbull et al., 2018).
The most common growth factor used in BTE has been the osteoinductive BMP-2 (Phillippi et al., 2008; Danhier et al., 2012; Jun et al., 2013; Poldervaart et al., 2013; Du et al., 2015). BMPs recruit MSCs to the healing location and differentiate them into the osteogenic lineage. The mechanism by which they do this is not fully understood; however, it is known that BMP-2 is the most effective inducer of osteoblastic differentiation (Salgado et al., 2004; Bai et al., 2013; Wang and Yeung, 2017). To stimulate osteogenesis, the concentration of BMP-2 has been found to be important and is dependent on the animal model. It has been reported that 0.2–0.4 mg/ml of BMP-2 is favorably osteoinductive in rats while higher concentrations of 0.43 mg/ml and 0.75–1.5 mg/ml are required for sheep and primates, respectively. However, concentrations above 1.5 mg/ml for BMP-2 have been found to cause toxic side effects (Bao et al., 2017).
Vascular endothelial growth factor (VEGF), which is found in a variety of vascularized tissues including bone, is commonly used in bone scaffolds due to its role to induce angiogenesis. VEGF regulates vascularization by recruitment of endothelial cells and play an important role to improve bone healing through both intramembranous and endochondral ossification (Salgado et al., 2004; Bai et al., 2013; Park et al., 2015; Stegen et al., 2015; Fahimipour et al., 2017; Shahabipour et al., 2020). Like BMP-2, the dosage of VEGF used in a bone scaffold should be taken into consideration. High concentrations of VEGF may cause toxicity, as well as non-functional vasculature (Dreyer et al., 2020). A concentration of 2.6 μg/animal has been found to be the highest allowable dosage of VEGF (Dreyer et al., 2020).
Compared to the effect of structures containing either BMP-2 or VEGF alone, dual delivery better promotes bone regeneration (Patel et al., 2008; Park et al., 2015). For example, dual delivery of BMP-2 and VEGF in bioprinted scaffolds of gelatin/alginate resulted in enhanced vascularization, which, in turn, promoted bone formation (Park et al., 2015). Most importantly, the specific ratio of BMP-2 and VEGF has been found to affect the synergistic effect of their combined use (Bao et al., 2017). Inappropriate proportions of BMP-2 to VEGF can have a negative influence on repair of a CSD. The ratio of 1 BMP-2 to 4 VEGF causes inhibition on bone formation; however, the ratio of 5 to 4 and above contributes to enhancing bone formation (Bao et al., 2017).
Due to restrictions, including the rapid degradation of growth factors and deactivation by enzymes in-vivo, polymeric delivery systems have been widely used as carriers to maintain biological functionality as well as the sustained and controlled delivery of growth factors (Yu et al., 2008; Jun et al., 2013; Izadifar et al., 2014). PLGA is one of the most successfully used biodegradable polymers in delivery systems because its hydrolysis contributes to metabolite monomers, lactic acid and glycolic acid, which are easily metabolized by the body via the Krebs cycle. Minimal systemic toxicity is also found with PLGA for biomedical applications (Danhier et al., 2012; Izadifar M. et al., 2015). Biodegradable PLGA has been investigated in various forms including microparticles and nanoparticles for BMP-2 and VEGF delivery (Kempen et al., 2009; Yilgor et al., 2009; Lee et al., 2011; Sawkins et al., 2015; Fahimipour et al., 2017).
Gelatin microparticles have also been used as delivery systems for growth factors, both in-vitro and in-vivo, due to their biodegradability and non-toxicity characteristics (Poldervaart et al., 2013; Poldervaart et al., 2014). Gelatin microparticles act as a suitable carrier for VEGF in bioprinted alginate/Matrigel scaffolds (Poldervaart et al., 2014). Controlled release of VEGF from gelatin microparticles led to a marked increase in vascularization, in-vivo, when compared to scaffolds with no VEGF or VEGF-loaded scaffolds with no gelatin microparticles (fast release) (Poldervaart et al., 2014).
Also, injectable thermoresponsive hydrogels have provided suitable matrices for delivery of BMP and VEGF. Such hydrogel systems are at a solution state at room temperature and convert to a gel state at body temperature. This characteristic enables delicate substances such as cells and growth factors to be readily encapsulated into the solution by mixing and then injected to the target site in the body. For instance, injectable hydrogel systems composed of PLGA-PEG-PLGA showed good capability to encapsulate BMP-2 and VEGF and release in a sustained manner (Bao et al., 2017).
Bioprinting Scaffolds for Bone Tissue Engineering
Fabrication of Bioprinted Scaffolds
To date, several bioprinting techniques have been used for fabricating bioprinted scaffolds with inkjet, laser-assisted, and microextrusion techniques being the three major approaches applied (Figure 3) (Li et al., 2021).
[image: Figure 3]FIGURE 3 | Schematic illustrations of 3D bioprinting techniques: Inkjet bioprinter; microextrusion bioprinter; and laser-assisted bioprinter. Reprinted from Li et al., (2021). Copyright 2021, Front. Bioeng. Biotechnol (Li et al., 2021).
With an inkjet bioprinter, thermal or piezoelectric means are used as the driving force to print small droplets of the bioink via the nozzle (Groll et al., 2018; Ashammakhi et al., 2019). The strengths of thermal inkjet bioprinting are high printing speed and low operating costs. Although it has been reported that heat and mechanical stress involved in this technique can damage cells (Ashammakhi et al., 2019; Li et al., 2021), the technique can result in high cell viability rates given that the bioink is heated for a very short time (e.g., less than 2 μs) (Gao et al., 2015). For example, hMSCs-laden peptide-conjugated PEG bone scaffolds fabricated by inkjet bioprinting showed high cell viability (∼87.9%) (Table 2) (Gao et al., 2015). Similarly, cell viability of 86.62% was shown in hMSCs-laden scaffolds of PEGDMA consisting of bioactive glass (BG) and HAp nanoparticles (nHAp), which were bioprinted by the thermal inkjet technique (Gao et al., 2014). In another BTE study (Duarte Campos et al., 2016), the viability of MSCs in various collagen I/agarose hydrogels bioprinted by the thermal inkjet technique was around 98% after 21 days of culture. This technique has been found to be safe for delicate substances as well, such as growth factors (Phillippi et al., 2008). One research group used inkjet printing to engineer stem cell microenvironments to create spatially defined patterns of immobilized BMP-2 (Phillippi et al., 2008). Thermal inkjet bioprinters, however, lack precision regarding droplet size and shape. They have also limitations regarding usage of biomaterials that are not heat or mechanically resistant. In this regard, piezoelectric-driven inkjet bioprinters can be used to overcome the limitations associated with thermal inkjet bioprinters; however, concerns of potential cell damage at 15-25 kHZ frequencies specific to piezoelectric-driven inkjet bioprinters have been mentioned (Li et al., 2021).
TABLE 2 | Bioprinted bone scaffolds fabricated with various bioprinting techniques.
[image: Table 2]Laser-assisted bioprinting (LAB), which is a nozzle-free technique, consists of three main components: 1) a laser source, 2) a ribbon coated with an absorbing layer (e.g., gold or titanium), containing the bioink, and 3) a collector lying beyond the ribbon (Bishop et al., 2017). This technique starts with suspending the bioink on the bottom of the ribbon followed by evaporation induced by a laser beam, which scans over the ribbon. Afterwards, vapor bubbles propel discrete droplets onto the collector due to high pressure (Bishop et al., 2017; Li et al., 2021). LAB has advantages including printing high cell densities, high cell viability, high speed, and high degree of printing resolution (Li et al., 2021). LAB is a promising technology providing excellent control over the cell density down to the single cell level, which allows control over the functionality of cell (Keriquel et al., 2017). Successful in-situ bioprinting of mesenchymal stromal cells encapsulated in collagen/nHAp matrix onto a mouse calvarial bone defect has been recently performed using LAB (Table 2) (Keriquel et al., 2017). It has also been shown that LAB is an effective technique to fabricate bioprinted scaffolds made of nHAp and osteoblastic cells (Catros et al., 2011) with no change to the physico-chemical properties of nHAp nor the viability, proliferation, and phenotype of osteoblastic cells up to 15 days (Catros et al., 2011). Although it seems LAB is a promising technology for constructing tissues, it has been only used in a limited number of BTE studies. This could be due to shortcomings associated with this technique, such as the time-consuming process of ribbon preparation, potential metallic residuals in the final scaffold, and the high production cost (Mandrycky et al., 2016; Bishop et al., 2017).
In microextrusion, the bioink is loaded in a cartridge and extruded on a platform either by pneumatic or mechanical forces (e.g., screw- or piston-based) (Ashammakhi et al., 2019; Naghieh and Chen, 2021). Microextrusion is the most widely used method to fabricate bioprinted bone scaffolds due to the benefits of being capable of printing a wide spectrum of biomaterials (e.g., soft hydrogels, synthetic polymers, and polymer/ceramic composites) (Mandrycky et al., 2016) and high cell deposition densities (Bishop et al., 2017; Li et al., 2021). This technique can print biomaterials with a viscosity range from 30 mPa.s to over 6 × 107 mPa.s (Mandrycky et al., 2016). It is able to employ either multiple nozzles to print biomaterials separately (Izadifar Z. et al., 2015; Ashammakhi et al., 2019) or co-axial nozzles to print biomaterials simultaneously such as core/shell designs (Raja and Yun, 2016). Microextrusion has been widely used to bioprint hydrogels (Table 2) such as alginate (Ahn et al., 2013; Park et al., 2015; Kim Y. B. et al., 2016; Huang et al., 2016; Raja and Yun, 2016; Demirtaş et al., 2017), chitosan (Demirtaş et al., 2017), gelatin (Park et al., 2015; Huang et al., 2016), collagen (Park et al., 2015), carboxylmethyl chitosan (Huang et al., 2016), MG (Du et al., 2015), MeHA (Poldervaart et al., 2017), and cell-laden composite scaffolds (Bendtsen et al., 2017; Bendtsen and Wei, 2017). It has been found that a wide range of cell types such as MC3T3-E1 (Bendtsen et al., 2017; Demirtaş et al., 2017), MG-63 (Kim Y. B. et al., 2016), BMSC (Du et al., 2015), DPSC (Park et al., 2015), hAFSCs (Kang et al., 2016), and hTMSCs (Du et al., 2015) can be successfully bioprinted using this technique. Though, the resolution of microextrusion bioprinters is moderate at between 50 and 500 μm (Mandrycky et al., 2016; Ashammakhi et al., 2019). In addition, cell structure and cell viability can be affected by shear stress during the printing process. However, approaches including reducing extrusion pressure or increasing the needle size can manage the cell viability issue (Bishop et al., 2017; Li et al., 2021). A comparison between bioprinting techniques including inkjet, LAB and microextrusion is given in Table 3.
TABLE 3 | Comparison between inkjet, laser-assisted, and microextrusion bioprinting techniques.
[image: Table 3]Printability
In 3D printing, printability is an important concept requiring the bioink to be deposited in an accurate and precise manner with high spatial and temporal control such that the printed structure replicates the virtual model (Murphy and Atala, 2014; Fu et al., 2021). Preferably, the bioink should be in liquid form before being extruded from the nozzle tip (to help avoid nozzle jamming) while after printing it should experience rapid solidification/gelation to maintain its shape (He et al., 2016).
There are several factors affecting bioink printability, most notably crosslinking (Figure 4) performed using either chemical or physical methods (or both) (Mandrycky et al., 2016). UV light is used as a chemical crosslinking method for GelMA hydrogel (Du et al., 2015; McBeth et al., 2017) while chemicals such as EDC/N-hydroxysuccinimide are used to crosslink collagen hydrogel chemically (Linh et al., 2020). Crosslinking can also be physical by ion gelation (e.g., for alginate, chitosan, and gellan gum hydrogels) (Park et al., 2015; Akkineni et al., 2016; Kim Y. B. et al., 2016; Naghieh et al., 2018a; Sarker et al., 2018; Sadeghianmaryan et al., 2020) or by thermal gelation (e.g., for collagen) (Arumugasaamy et al., 2017). When bioinks are used, crosslinker concentration must be sufficient to print structures with high printability and cell viability (Ashammakhi et al., 2019). In other words, crosslinker concentration should be sufficiently high to achieve structural integrity (i.e., shape fidelity) and sufficiently low to be safe for cell function (Rajaram et al., 2014). Previous research indicates that crosslinking alginate with high concentration of CaCl2 (>2.5 wt%) led to cell death whereas low CaCl2 concentration (<2.5 wt%) contributed to a slow crosslinking rate, which in turn resulted in structures with poor shape fidelity (Raja and Yun, 2016). In another study (Kim Y. B. et al., 2016), partial crosslinking of alginate solution with a CaCl2/cell-laden alginate mixing ratio of 3:7 resulted in high printability as well as high cell viability (∼95%) compared to other mixing ratios (0:10, 1:9, 2:8, 4:6, 5:5).
[image: Figure 4]FIGURE 4 | Parameters affecting scaffold printability; factors related to crosslinking, bioink and printing parameters have to be taken into consideration to achieve both favorable printability and cell viability.
Printability and cell viability can also be influenced by bioink concentration/formulation as well as printing temperature (Figure 4) (Ouyang et al., 2016; Sarker et al., 2019; Soltan et al., 2019; Naghieh et al., 2020). While bioinks with high viscosity provide better shape fidelity, less viscous bioinks provide a more suitable environment for cell viability due to reduced shear stress experienced during printing (Murphy and Atala, 2014; Ouyang et al., 2016). A recent study assessing the printability of gelatin/alginate bioink showed that the bioink relied on gelatin concentration. Printing the bioink with a ratio of 5% gelatin to 1% alginate at 27.5°C and 30°C resulted in fusion of subsequent layers and formation of circular interconnected channels. In contrast, printing the bioink with a ratio of 7.5% gelatin to 1% alginate at 30°C led to constructs with (preferable) distinguished layers, smooth surfaces, and square interconnected channels with regular edges. Further, printing the bioink with a ratio of 10% gelatin to 1% alginate at 25°C made constructs with irregular strands and interconnected channels. Also, high viability of embryonic stem cells was observed with gelatin/alginate bioinks printed using lower gelatin concentrations and high printing temperatures. As a result, the recommended optimized concentration and temperature for high printability and cell viability was a ratio of 7.5% gelatin to 1% alginate and 30°C, respectively (Ouyang et al., 2016). Bioink concentration/formulation also affected shape fidelity of scaffolds consisting of agarose and collagen type I (Duarte Campos et al., 2016). Here pure collagen type I was unable to form hollow structures with proper shape as complete gelation was not achieved. Increasing the agarose content in the collagen type I matrix enhanced the viscosity, gelation temperature, and consequently the accuracy of printability. Also, 98% of cell viability in various agarose/collagen type I hydrogels was observed, indicating effectiveness various hydrogel formulations and bioprinting processes for cell functionality. Further research (Raja and Yun, 2016) has shown that increasing alginate concentration from 6 wt% to 9 wt% in α-tricalcium phosphate (TCP) core/cell-laden alginate shell scaffolds resulted in high printability without detrimental effects on the viability of MC3T3-E1 cells. Another group also introduced PVA/HAp suspension into alginate formulation to improve printability without toxic effects on the viability of MC3T3-E1 cells (Bendtsen et al., 2017).
Printability can also be affected by printing pressure, nozzle speed, printing angles, and the distance between strands (Figure 4) (He et al., 2016). Overly high pressure results in quick extrusion or jetting while low pressure results in nozzle clogging. Pressure, which directly affects the flow rate, must be properly tuned to overcome the resistance of flow in the nozzle for proper extrudability (He et al., 2016; Naghieh and Chen, 2021). An overly slow or fast (translating) nozzle speed, relative to the extrusion rate, can also affect printability. Here, strands larger than the needle diameter have been created when the extrusion rate is greater than the nozzle speed, and vice versa (He et al., 2016; Gerdes et al., 2020; Fu et al., 2021). The angle of printing is also of importance as acute angles less than 90o offer poor printability relative to 90o right angles and obtuse angles greater than 90o (He et al., 2016). Specifically, an acute printing angle leads to an overlap problem where the extrusion of hydrogel was doubled. Strand fusion is another issue arising if the distance between strands is too small (He et al., 2016). Fusion between successive layers also affects printability since it changes scaffold height, which can be problematic if a specific size is needed (He et al., 2016).
Additionally, the flow behavior of bioink has a critical influence on printability (Figure 4). From rheological point of view, a bioink should exhibit non-Newtonian shear thinning behaviour during printing with rapid viscosity recovery afterwards. With such properties viscosity is directly proportional to the applied stress, thereby allowing the bioink to be easily extruded from a nozzle tip under low pressure (Kyle et al., 2017). Such properties are also a benefit for encapsulated cells (Wu et al., 2018). Recent research (Wu et al., 2018) found excellent shear thinning and immediate viscosity recovery of bioinks composed of gellan gum and poly (ethylene glycol) diacrylate (PEGDA), which enabled constructs to print with high shape fidelity. Further, high cell viability (above 87%) over a prolonged cell culture (21 days) was found, indicating that a gellan gum/PEGDA can be an appropriate bioink for fabricating biomimetic bone.
Mechanical and Osteoconductive Properties
Influence of Structural Features
Structure plays a crucial role on the mechanical and osteoconductive properties of scaffolds as well as cell functions. An adequate structure will allow flow of nutrients and oxygen into the scaffold and removal of cell waste products, thereby promoting cell survival and tissue regeneration. The degree of porosity and pore size also affects the rate of degradation (Perez and Mestres, 2016). For instance, cell proliferation was found to be 14% higher in 3D bioprinted gelatin scaffolds with pores larger than 580 μm when compared to scaffolds with a 435-μm pore size (Choi et al., 2018). Viability and proliferation of hMSCs were also higher in 3D printed PCL scaffolds with large pores due to large surface area for cells to adhere and proliferate (Domingos et al., 2013). A balance though exists between pores being sufficiently large to accommodate cells, facilitate diffusion of oxygen and nutrients, as well as facilitate waste removal without negatively affecting the scaffolds ability to bear load (Loh and Choong, 2013; Perez and Mestres, 2016). For instance, when increasing pore size from 245 to 433 μm, the compressive modulus and maximum allowable stress before failure of PCL scaffolds decreased by approximately 50 and 75%, respectively (Domingos et al., 2013). Scaffolds with small pore size possess greater load carrying capacity while scaffolds with large pore sizes contain less material, making scaffolds easier to deform (Domingos et al., 2013; Rotbaum et al., 2019). Many studies have been performed to identify the optimum pore size range for in-vitro cell research and in-vivo bone regeneration studies. Pore sizes larger than 300 µm appear to be beneficial for new bone and capillary formation; conversely, pore sizes smaller than 100 µm may not be promising for mass transport and cell migration (Roosa et al., 2010). However, there is no consensus on the optimal pore size for a bone scaffold. For example, MC3T3-E1 cells exhibited higher proliferation rates in-vitro with polypropylene-based scaffolds with a pore size of 350 vs. 500 µm, with the latter size found to be too large for adhesion and proliferation of cells (Lee et al., 2010). High cellular activities with small pores is thought to be due to strands being close to one other within the same layer, resulting in a high number of contact points and consequently high cell function (Domingos et al., 2013). In contrast, a pore size of 500 µm (vs. 250 µm) was found to be more effective for osteointegration and bone formation in-vivo with polydopamine-laced HAp/collagen/calcium silicate scaffold (Lee et al., 2019). In another study (Lee et al., 2016), in-vivo evaluations of PCL/HAp scaffolds exhibited higher bone regeneration with larger pores (600 and 1000 µm) when compared to scaffolds with smaller pores (200 µm). Inconsistent findings need to be interpreted with caution as other factors, including the type of biomaterials, specific material preparation technique, scaffold fabrication method as well as the type of cells, all potentially affect the specific pore size range for a bone scaffold (Roosa et al., 2010). Accordingly, more research is needed to identify optimal structures and pore sizes for scaffolds prior to its use as a bone substitute.
Internal geometry of scaffolds (i.e., the arrangement of strands throughout the scaffold) has also been found to affect cell function. For example, low cell-seeding efficiency results from poor interactions between cells and scaffold material, which can be adjusted via internal geometry (Sobral et al., 2011). Cell-seeding efficiency is lower in scaffolds with homogeneous internal geometry as the culture medium has a direct path to travel within the scaffold; conversely, cell-seeding efficiency is higher in scaffolds with gradient pore sizing (Sobral et al., 2011). This improvement is attributed to an offset between scaffold layers, which affects the flow rate of the cell medium within the scaffold, thereby contributing to higher interaction between cells (Sobral et al., 2011; Yeo et al., 2012). Specifically, offset strands result in a higher number of anchorage points, thereby providing a larger surface area for cell attachment. The result is decreased cell loss and improved seeding efficiency, differentiation, and proliferation (Park et al., 2011; Perez and Mestres, 2016). For example, interlayer strand diameter offset values of 50 and 100% in PCL/β-TCP scaffolds resulted in higher seeding efficiency of MG63 cells, cell viability, alkaline phosphatase (ALP) activity, and calcium deposition when compared to scaffolds without an offset (Yeo et al., 2012). Similarly, higher MSC proliferation was observed in PCL scaffolds with an interlayer offset compared to scaffolds without interlayer offset (Yilgor et al., 2008). While an interlayer offset appears to have a beneficial influence on cell function, this could vary depending upon the cell type and biomaterials employed. For example, no difference in proliferation of MC3T3-E1 cells on PCL/PLGA scaffolds (with or without interlayer offset) was found (Lee et al., 2012). Conflicting findings have also been reported regarding the influence of internal geometry on compressive properties of scaffolds. PCL/β-TCP scaffolds with 50 and 100% interlayer offset values appear to possess a higher bending modulus (+7%) than scaffolds without an offset (Yeo et al., 2012). Conversely, an experimental study on PCL/HAp (40% HAp) scaffolds with an offset exhibited lower compressive elastic moduli (−50%) relative to scaffolds without an offset (Park et al., 2011) Another PCL/HAp (5% HAp) study also found a lower compressive modulus (−40%) with scaffolds having an interlayer offset (Buyuksungur et al., 2017). Rationale for lower elastic moduli was attributed to the shifted strands being unable to support overlying strands when loaded. It is worthwhile note though that other studies of PCL/HAp (Pierantozzi et al., 2020) and PCL/PLGA scaffolds (Lee et al., 2012) found no difference in the compressive moduli of scaffolds with and without an interlayer offset. Further research is needed to identify an appropriate offset which maximizes cell function while simultaneously achieving mechanical properties mimicking native bone.
The shape and geometry (e.g., rectangular, triangular) of internal pores (i.e., shape of embedded pores within scaffold) is also another structural property affecting cell function, osteoconductive, and mechanical properties of a bone scaffold (Sobral et al., 2011). Specifically, pore shape and geometry can be altered using specific lay-down patterns (Domingos et al., 2013). For instance, quadrangular, triangular, and complex polygonal pores have been created using 0°/90°, 0°/60°/120°, and 0°/45°/90°/135° laydown patterns, respectively. As readily apparent, increasing the number of deposition angles (i.e., smaller deposition angles) in the 3D printing process creates pores with more complex geometry. Mechanical property wise, PCL scaffolds with quadrangular pores exhibited higher compressive moduli (∼34.2 MPa) relative to triangular (∼30.5 MPa) and polygonal pores (∼19.1 MPa) (Domingos et al., 2013). Rationale was attributed to adjacent layers sliding more easily with scaffolds made using smaller deposition angles (Domingos et al., 2013). Sliding then resulted in more deformation and lower compressive moduli. Deposition angles have also affected the cell viability whereby lower viability of hMSCs was noted with small deposition angles [125]. Rationale for these findings is likely due to limited cell accessibility and colonization with smaller angles (Domingos et al., 2013). Interestingly, hexagonal-shaped pores appear to offer both high cell viability and strength. Glass-ceramic scaffolds with hexagonal-shaped pores were found to possess compressive strength (Sc∼122 MPa) comparable to cortical bone and elastic moduli (E∼2.4 GPa) comparable to trabecular bone (Roohani-Esfahani et al., 2016). Rationale was attributed to high contact area between strands in subsequent layers as well as the creation of a highly anisotropic structure which enhanced load transfer when compared to other patterns (e.g., zigzag, curved, rectangular) (Roohani-Esfahani et al., 2016). Similar findings were reported by Van Bael et al. (2012) where Ti6Al4V bone scaffolds with hexagonal pores showed higher elastic moduli (∼11.3 GPa) relative to rectangular (∼2.8 GPa) and triangular pores (∼2.04 GPa). In addition, hexagonal pores exhibited the highest cell growth, followed by rectangular and triangular pores. Rationale was due to high number of corners with hexagonal pores, which permitted rapid cell bridging as the distance between strands was shorter relative to other configurations (Van Bael et al., 2012).
Influence of Bioactive Ceramics
To date, bioceramics have been largely used to help repair and reconstruct diseased or damaged living tissues and organs of the body (Baino et al., 2015; Sadeghianmaryan et al., 2022). The use of bioactive ceramics in combination with polymers in BTE has gained interest as the resulting constructs possess bioactivity and high compressive strength/moduli provided by the ceramic phase while the polymeric network provides toughness, flexibility, and biodegradability (Huang et al., 2018; Kumar et al., 2019).
Mechanical properties of bioprinted scaffolds are of importance because they affect osteogenic differentiation and cell morphology (Kim et al., 2017). In cell-laden scaffolds, enhanced mechanical and osteoconductive properties have also been made using bioceramics such as TCP and HAp (Kim et al., 2017; Ashammakhi et al., 2019). TCP contains two crystals namely α-TCP and β-TCP, where α has higher solubility than β. In an aqueous medium (e.g., culturing condition in minimum essential media alpha), α-TCP shows a cementic reaction which hardens the bioceramic and subsequently forms calcium-deficient hydroxyl apatite. Although two crystals of TCP have similar chemical structure, α-TCP demonstrates more rapid bone formation in-vivo compared to β-TCP. Mechanically, cell-laden collagen-coated α-TCP/collagen scaffolds showed lower elastic modulus (0.55 MPa) relative to that of trabecular bone but the elastic modulus was markedly higher than pure cell-laden collagen (0.04 MPa) (Kim et al., 2017). Biological activity wise, cell-laden collagen-coated α-TCP/collagen scaffolds showed higher osteoconductive properties (ALP activity, osteopontin (OPN), and calcium deposition) compared to pure collagen (Kim et al., 2017).
HAp, in particular, has been widely explored in BTE studies due to its biocompatibility, osteoconductivity as well as close compositional and mineralogical similarities to the inorganic component of natural bone (Wiria et al., 2007; Kim et al., 2012; Serra et al., 2013; Qi et al., 2016; Bendtsen et al., 2017; Wang et al., 2017; Kumar et al., 2019). With regards to mechanics, HAp exhibits an elastic modulus of 35–120 GPa and a compressive strength of 120–900 MPa (Milazzo et al., 2019). Related higher MC3T3-E1 cell viability (∼96%) was observed with an optimized formulation of bioprinted PVA/HAp/alginate, attributed to the incorporation of PVA/HAp compared to that of cell-laden alginate scaffolds (∼60%) (Bendtsen et al., 2017). Various formulations of PVA/HAp/alginate scaffolds encapsulated with MC3T3-E1 cells showed an elastic modulus (∼2–10 kPa) lower than that of trabecular bone, but the scaffolds remained intact over 14 days incubation in culture media. These results suggest that cell-laden PVA/HAp/alginate scaffolds could support cellular activity for 14 days in-vitro (Bendtsen et al., 2017). Research on hASCs-laden alginate/gelatin/nHAp also showed that incorporation of nHAp particles improved osteogenic activity and bone formation both in-vitro (osteogenesis-related genes) and in-vivo (subcutaneously implanted) when compared to pure hydrogel (Wang et al., 2016). Additionally, adding HAp into bioprinted hASCs-loaded hydrogels (gelatin methacrylate/HA) supported bone matrix mineralization, as confirmed by biomarkers (including collagen type I, ALP, and OPN), making this HAp-modified hydrogel a promising bioink for bone bioprinting (Wenz et al., 2017). Adding HAp into chitosan and alginate hydrogels also increased osteogenic gene expression and enhanced bone mineral density relative to pure hydrogels (Demirtaş et al., 2017). Taken together, prior research indicates that HAp plays an important role in adhesion, growth, proliferation, and differentiation of osteogenesis-related cells. HAp incorporation into alginate formulation also provides a suitable environment for differentiation of MC3T3-E1 cells into osteoblasts as well as calcium deposition (Bendtsen and Wei, 2017; Kumar et al., 2019).
Bioactive glasses are another category of bioceramics that have received increasing attention for fabricating bone scaffolds with 3D printing technology. BGs have the capability to bond to native bone tissue, thereby providing a stable interface needed for a range of biological functions such as angiogenesis and tissue regeneration (Baino et al., 2015). When BGs are used, rapid release of ion dissolution products leads to the formation of a nHAp layer on the BG surface, which can interface with host tissue (Baino and Vitale-Brovarone, 2014; Murphy et al., 2017; Baino and Fiume, 2020). Another advantage associated with using BGs is that their chemical composition and subsequent degradation rate can be tailored. Accordingly, scaffolds containing BGs can be designed with a degradation rate matching that of bone ingrowth and remodeling (Fu et al., 2011). For example, hybrid bioprinted scaffolds consisting of PCL/BGs, along with ASCs-loaded Matrigel, showed ∼23% weight loss over 2 weeks and strong bioactivity via formation of HAp crystals (Murphy et al., 2017). However, there is limited information regarding the use of BGs in 3D bioprinted bone scaffolds, as well as its effect on vascularization and bone formation in-vivo.
Influence of Hybrid Systems
The mechanical and osteoconductive properties of bone scaffolds have also been adjusted through the fabrication of hybrid scaffolds. In a hybrid system, scaffolds are printed using two materials with different mechanical and biological properties (Akkineni et al., 2016; Raja and Yun, 2016). The stiffer material carries the majority of the applied load and thereby shields the (less stiff) softer material. Soft natural hydrogels (e.g., collagen, gelatin, and alginate), can then be used for embedding delicate substances including cells or growth factors (Park et al., 2015; Akkineni et al., 2016; Kim Y. B. et al., 2016). Synthetic polymers, such as PCL, have been commonly used in hybrid scaffolds as the stiffer material. Cell-laden hybrid scaffolds of PCL/chitosan showed a compressive strength of ∼7 MPa (comparable to trabecular bone with Sc ≈ 2–12 MPa (Wu et al., 2014)), and much higher than that of chitosan (<1 MPa) (Dong et al., 2017). In addition, higher cell retention, proliferation, bone matrix formation, and evidence of osteogenesis (e.g., via presence of collagen type I, osteocalcin (OCN), ALP) were found in cell-laden PCL/chitosan hybrid scaffolds compared to PCL scaffolds. Elastic moduli of 2–13 MPa have been observed with hybrid scaffolds containing PCL/alginate strands, with various porosities (i.e., 41, 62, 66%) coated by cell-laden alginate bioink (Kim Y. B. et al., 2016). Although the resulting elastic moduli were much lower than that of native trabecular bone (E ≈ 100–5000 MPa (Wu et al., 2014)), it was higher than that of pure cell-laden alginate (E ≈ 3.6–32.1 kPa (Naghieh et al., 2018b)). A research including both in-vitro and in-vivo studies on hybrid PCL scaffolds loaded with bioprinted HAp-modified alginate suggested such hybrid system for osteochondral regeneration; however, no mechanical evaluation was done in this study (You et al., 2018).
Specialized arrangements, such as core/shell designs (Figure 5), have shown promise as new hybrid scaffolds (Perez and Kim, 2015). With such designs, the structure is made of a soft inner core surrounded by a stiff outer shell (Akkineni et al., 2016). Here the core would contain cells or growth factors (Perez et al., 2015). The core has also been reinforced with a stiffer material such as PCL (Kim M. and Kim G. H., 2015), a higher hydrogel concentration (Ahn et al., 2013), and a bioactive ceramic (Raja and Yun, 2016). Core/shell scaffold designs comprised of a collagen hydrogel (0.6 wt%) as the core and high concentration alginate hydrogel (16.7 wt%) as the shell exhibited a higher elastic modulus of ∼200 MPa compared to scaffolds with pure alginate strands in both the core and shell (E∼1 MPa) (Akkineni et al., 2016). With this approach, hybrid core/shell scaffold designs comprised of collagen/alginate reached the lower end of elastic moduli for trabecular bone (E ≈ 100–5000 MPa (Wu et al., 2014)). Also, bioprinted scaffolds consisting of a α-TCP core and cell-laden alginate shell exhibited a compressive strength of 3.2 MPa (Raja and Yun, 2016), comparable to that of trabecular bone (Sc ≈ 2–12 MPa (Wu et al., 2014)), while the strength of pure alginate hydrogel was less than 0.5 MPa. Biologically, MC3T3-E1 cells encapsulated in the alginate shell were able to maintain their viability (>90%) for a long culture period (35 days) (Raja and Yun, 2016). In light of core/shell scaffolds, mechanical findings showed that adding HAp into the shell formulation not only led to 1.8-fold increase in elastic modulus of core (PCL)/shell (gelatin/PVA/HAp) scaffolds, but also resulted in superior ALP activity and calcium mineralization of MG-63 cells relative to HAp-free formulation (Kim et al., 2020). Hybrid scaffolds are also highly beneficial for dual release of growth factors both temporally and spatially to induce bone regeneration effectively (Park et al., 2015; Perez et al., 2015; Akkineni et al., 2016). In this regard, a novel 3D printing system printed two different hydrogels within a PCL framework: 1) a collagen hydrogel loaded with DPSC/BMP-2 in the periphery zone; and 2) an alginate/gelatin hydrogel loaded with DPSC/VEGF in center zone. This approach enables either dual release or sequential delivery of two growth factors for vascularized BTE (Park et al., 2015).
[image: Figure 5]FIGURE 5 | A schematic illustrating core/shell designed strand fabricated with a co-axial 3D printing nozzle.
Tracking Bone Regeneration
In-Vitro
It is necessary to assess the performance of bone tissue-engineered constructs using pre-clinical in-vitro studies prior to evaluating therapeutic feasibility in animal studies (Salgado et al., 2004). In BTE studies, bone-specific biomarkers including enzymes (ALP) and proteins (OPN, OCN, and collagen type I) have been commonly studied to evaluate the osteogenic activity of scaffolds in-vitro (Li et al., 2016). ALP is an enzyme found in the bloodstream, with most of ALP produced in the liver and some within bones, intestines and kidneys (Kuo and Chen, 2017). It is an initial biomarker used to assess osteogenic differentiation and phenotype (Kim SE. et al., 2016). Additionally, OCN, which is the most abundant non-collagenous protein in bone, has been used as a biomarker of osteoblast function to assess bone formation (Kuo and Chen, 2017). OPN, which also belongs to the family of non-collagenous proteins, is secreted by several cells (such as osteoblasts and osteoclasts) and plays a crucial role in bone remodeling and biomineralization (Singh et al., 2018). Collagen type I is also the major protein component of the ECM in bone and its expression is often studied to evaluate osteogenic activity (Bao et al., 2017). Further, the expression of genes including Runt-related transcription factor-2, which is the master gene related to osteoblast differentiation, as well as osterix has also been studied with respect to pre-osteoblastic stage. The expression of these bone biomarkers is commonly identified by biochemical analysis including real time reverse transcription-polymerase chain reaction (Bao et al., 2017; Demirtaş et al., 2017; Liu et al., 2019) (Dong et al., 2017). After osteogenic differentiation stage, differentiated cells start to secrete a mineralized matrix resulting in calcium deposition, which is used as a biomarker for mature osteoblasts and is usually assessed by Alizarin Red Staining (Florencio-Silva et al., 2015; Kim Y. B. et al., 2016; Hwang and Horton, 2019; Pierantozzi et al., 2020).
Accordingly, cell viability and cell proliferation are other important parameters to be assessed. This is needed as encapsulated cells may experience high shear stress during the bioprinting process as well as excessive crosslinking (Zhang et al., 2017). The type of cells and biomaterials present may also affect the viability of cells (Ashammakhi et al., 2019). In bioprinted scaffolds, colorimetric assays including live/dead, MTT (Thiazolyl Blue Tetrazolium Bromide) or Presto Blue (PB) have been used to study cell viability and subsequently cell proliferation (Akkineni et al., 2016; Kim Y. B. et al., 2016; Demirtaş et al., 2017; Zhang et al., 2021). Recently, PB has been offered as an alternative to MTT to assess the viability and proliferation of MC3T3-E1 cells (Demirtaş et al., 2017) as well as human umbilical vein endothelial cells (Boncler et al., 2014). The major benefit of PB assay is that it is resazurin-based which is a water-soluble dye and consequently non-toxic to cells. Whereas MTT is a tetrazolium-based by which MTT converts into purple formazan compound in metabolically active cells. Formazan product must be solubilized in dimethyl sulfoxide which can cause cytotoxicity. Further, PB assay is faster due to shorter incubation time needed (10 min to 2 h) (Boncler et al., 2014) compared to that of MTT (2–4 h) (Boncler et al., 2014; Pierantozzi et al., 2020). However, the gap observed here is that PB assay has only been used for a limited number of cells in comparison with MTT and further investigation is needed.
In-Vivo
Although in-vitro studies are critical stepping stones, they cannot fully reflect in-vivo models which are the ultimate test for testing the efficacy of bioprinted scaffolds. Consequently, pre-clinical (animal) in-vivo studies are needed to study integration and function of bone scaffolds (Ashammakhi et al., 2019). In-vivo studies, however, are cost intensive, require strict ethical considerations, and a key limitation is variation between species. Specifically, bone composition, density, and mechanical properties in commonly used in-vivo animal models (e.g., rats, pigs) are different from those of humans, which may lead to outcomes different from what would been seen in humans (Abubakar et al., 2016; Caddeo et al., 2017; Klüter et al., 2019). The choice of an animal model is thus a crucial step towards the success of pre-clinical in-vivo studies.
An appropriate animal model should mimic the clinical setting such that it is biologically comparable (as much as possible) to human physiology (Salgado et al., 2004). In BTE studies, much of the research has focused on rodent models (such as mice (Chuenjitkuntaworn et al., 2010; Poldervaart et al., 2013), and rats (Blum et al., 2003; Sawyer et al., 2009; Harada et al., 2014; Perez et al., 2015; Suenaga et al., 2015; Sukul et al., 2015; Kang et al., 2016; Qi et al., 2016; Bao et al., 2017; Song et al., 2017; Liu et al., 2019)) and rabbit models (Oh et al., 2007; Kim et al., 2012, 2014; Jun et al., 2013; Pae et al., 2019) due to economic considerations, reproducibility, and throughput. Usage of bigger animal models, such as goats (Yu et al., 2008) or sheep (Ahmed and Hamad, 2020), is rare mainly due to the high cost (Salgado et al., 2004; Spicer et al., 2012).
Anatomically, the calvarium has widely served as a model site to create bone defects and subsequently track bone regeneration. The calvarium provides a relatively large and accessible surface upon which to perform a surgical operation and for handling the specimen. This defect model also permits the creation of a reproducible defect, which can be quickly generated and does not require fixation for stabilization of the skeleton (unlike femoral defects) (Salgado et al., 2004; Spicer et al., 2012). In addition, a uniform circular defect can be created, which enables a convenient means to assess bone regeneration by radiographical and histological analyses (Salgado et al., 2004). However, a calvarial defect is not an appropriate defect model when intending to track bone formation and remodeling under biomechanical loading given that this anatomical site experiences little-to-no loading compared to long bones (Spicer et al., 2012).
In terms of physical size, a defect 8 mm in diameter is regarded as an acceptable CSD in the rat calvarium (Patel et al., 2008; Kang et al., 2016). Bilateral calvarial defects have also been created in a rat calvarium using subcritical-sized defects 5 mm in diameter. This side-by-side approach allows comparisons of control and treatments groups without variation caused by other factors (e.g., activity levels). Accordingly, fewer animals are needed for the study design (Sawyer et al., 2009; Sohn et al., 2010; Zhang et al., 2014; Qi et al., 2016; Liu et al., 2019). However, there is potential for interactions between the two adjacent defects, which can affect study outcomes (Spicer et al., 2012).
Calvarial defects have also been used with rabbits. A key benefit is that multiple defects can be created in a single rabbit as they have a larger cranium than that of rats (Sohn et al., 2010; Pae et al., 2019). Though, the 8 mm diameter defect used with rats is too small for rabbits (Pae et al., 2019). A study of various-sized defects in rabbits indicated that a single CSD should be larger than 15 mm in diameter but two bilateral 11 mm diameter calvarial defects could be a suitable alternative (Sohn et al., 2010).
In addition to calvarial models, other sites including the tibia and femur have been used to track bone formation and regeneration within a CSD. Compared with calvarial models, tibial and femoral bone defect models are more suited when the bone scaffold will be used as a load-bearing bone graft. To date, tibial defects 1.2 cm (Bao et al., 2017), 1.5 cm (Wu et al., 2017), and 0.7 cm (Kim SE. et al., 2016) in length have been created in rabbits and rats. Femoral bone defects (diameter 5 mm, height 2.5 mm) have been applied with rabbits (Buyuksungur et al., 2017). Another alternative to calvarial models are ectopic models (i.e., subcutaneous models) (Bao et al., 2017) where rats or mice are usually used. With subcutaneous models, scaffolds are implanted in the back of animal to observe bone scaffold degradation as well as vascularization prior tracking bone regeneration using bone defects (Salgado et al., 2004; Bao et al., 2017). To assess the bone regeneration capabilities of implanted bone scaffolds within CSDs, histological analyses using hematoxylin and eosin staining as well as Masson’s trichrome staining have been commonly used (Chuenjitkuntaworn et al., 2010; Liu et al., 2019). In addition, computerized imaging analysis such as micro-computed tomography (micro-CT) is a useful method to obtain information about bone, density, and structure as well as new bone integration with the host bone (Salgado et al., 2004). Table 4 summarizes several 3D bioprinted bone scaffolds that have been studied via in-vitro, in-vivo, or both to track bone regeneration as well as cell activities such as cell viability, proliferation, and differentiation.
TABLE 4 | Tracking bone regeneration using bioprinted scaffolds.
[image: Table 4]Challenges and Recommendations for Future Research
Although bioprinting has received considerable attention as a promising technique to produce porous biomimetic scaffolds with controllable geometries, as this review indicated, challenges remain in fabricating scaffolds to repair CSDs. The most promising emerging techniques employ vertical or horizontal gradients of bioink along with gradient structures. These techniques are only beginning to be explored; however, they appear to be a promising strategy to develop constructs mimicking the design and composition of bone. Further, although many attempts have been performed to study the influence of structural features on mechanical and biological properties of bone scaffolds, this area has not gained much attention in bioprinted scaffolds, and it needs to be investigated. Complex-shaped pores including hexagonal, which have shown good potential to satisfy requirements of native bone mechanically and biologically, should be specifically explored in cell-laden scaffolds. Another limitation pertains to the restricted usage of BGs in bioprinting of bone scaffolds compared to other bioceramics such as HAp or TCP. More research is then needed in this regard.
Fabricating scaffolds with dynamic functionality is another challenge which has not yet been achieved with current bioprinting techniques. Four-dimensional (4D) emerging technology has created new avenues of research using smart biomaterials. Using 4D printing, self-folding tubes have been made upon immersion in cell culture media with stimuli-responsive biomaterials (Kirillova et al., 2017). The key benefit of this technique is that dynamic bioprinted scaffolds made of stimuli-responsive biomaterials will be able to change their shapes over time under different intrinsic and/or external stimuli (Wan et al., 2020). In addition, bioprinted scaffolds made of stimuli-responsive biomaterials will be able to adopt to the vascularization, which is the main obstacle in BTE, and cell behavior specific to the micro-environment of the defect area (Wan et al., 2020). Importantly, this approach avoids the need to create vascular-like networks in scaffolds to help repair bone defects. However, when optimizing a bioink made of stimuli-responsive biomaterials, printability and cell viability should also be taken into consideration which may be another challenge.
With regards to in-vivo studies, conventional micro-CT has been the most widely used method to track bone regeneration although the synchrotron radiation micro-CT provides benefits including images with greater quality, resolution, contrast, shorter scan time as well as non-destructive 3D visualization (Cooper et al., 2011). Synchrotron radiation micro-CT has been illustrated promising to perform in-vivo imaging to track tissue regeneration once scaffolds are implanted in live animals over duration of study (Izadifar et al., 2016; Duan et al., 2021). This state-of-the-art approach is missing in most BTE studies although it can provide researchers with useful information in terms of scaffold degradation rate, the way implant is integrated with the host tissue, vascularization, and bone formation over time.
Taken together, classic bone tissue engineering approaches (scaffold-based) has been unable to fabricate a bone organ model for clinical application to date. Organoid, which is an emerging technology in tissue engineering, has been introduced as a promising field of study to fabricate functional organs including human bone (Burdis and Kelly, 2021). Organoids are defined as “in-vitro 3D cellular clusters derived exclusively from embryonic stem cells, induced pluripotent stem cells or primary tissue, capable of self-renewal and self-organization, and exhibiting similar organ functionality as the tissue of origin” (Fatehullah et al., 2016). According to Fatehullah et al. (2016), organoid may “rely on artificial ECM to facilitate their self-organization into structures that resemble native tissue architecture”. Most recently, organoids for woven bone (Akiva et al., 2021) and trabecular bone (Yongkuk et al., 2021) have been successfully developed. In addition to organoids, biofabrication of cell aggregates/spheroids (cell-based tissue engineering) has emerged as a promising approach for vascularized bone regeneration (Heo et al., 2019).
With regard to clinical applications, bioceramics, most typically calcium phosphates and BGs, have been used in the form of granules or powder as a bone filler and injectable formulations as bone cement (Baino et al., 2015). In addition, HAp-coated metal joint prostheses and hemispherical ceramic (alumina) acetabular cups have been used for hip arthroplasty (Rajaratnam et al., 2008; Baino et al., 2015). Alumina and HAp are used in clinical applications as they do not generate an immune response (Baino et al., 2015). Straumann® BioCeramic™ and Bio-Oss® are examples of commercial bone mineral substitutes (Sabetrasekh et al., 2010). It is important to note that current commercial applications employ a limited number of biomaterials (e.g., bioceramics and metal grafts). Bioprinted bone scaffolds containing both cell-laden hydrogel and supportive polymers are potential future commercial products for clinical application.
CONCLUSION/SUMMARY
Although bone has the capacity for self-healing, bone grafts and substitutes are needed to repair CSDs. Due to the limitations associated with conventional therapeutic methods, considerable attention is being paid to BTE to repair bone defects and improve functionality. Biomedical scaffolds provide a temporary template for mechanical support, cell attachment, and induction of bone formation in-vivo. In this regard, scaffold structure is of great importance as it affects cell activities, waste removal, the transport of nutrients and molecules to the inner parts of the scaffold, as well as the mechanical integrity of the scaffold.
3D printing techniques are gaining prominence for creating scaffolds due to their capacity to create highly porous structures with interconnected pores. In addition, bioprinting allows for the creation of biomimetic scaffolds using different types of biomaterials (e.g., natural, synthetic), cells (e.g., cell lines and stem cells), and growth factors (e.g., osteogenic and angiogenic). To date, various studies have aimed to create a scaffold with mechanical and osteoconductive properties mimicking native bone. Consensus though is lacking regarding optimal structural features of bone scaffolds, fabrication method, material preparation technique, cell type, biological aids, and implantation site. Accordingly, more research is needed.
Also, an important goal in tissue engineering applications has been the delivery of biological aids such as growth factors to the defect site in a controlled manner without loss of bioactivity, which is crucial for generation of new blood vessels (i.e., vascularization). Nanoparticulate-delivery systems and microparticles have demonstrated good potential to achieve this BTE objective.
Although hydrogels provide an appropriate matrix for cell encapsulation, their mechanical properties do not match those of native bone. Therefore, a CSD cannot be treated with scaffolds made of hydrogel alone and supportive resistance, mimicking the mechanical properties of trabecular and cortical bone, is needed. Recently, state-of-the-art printing methods have emerged to fabricate biomedical scaffolds with specific designs, such as core/shell structures which enable the protection of cells and biomolecules while simultaneously providing a suitable platform for dual delivery or sequential delivery of growth factors into the surrounding environment. To fabricate bioprinted bone scaffolds, various including inkjet, LAB, and microextrusion have been used, with microextrusion being most used.
To track bone regeneration in bone scaffolds, in-vitro and in-vivo assessments have been done as preclinical evaluations. Despite many advances in this area, there are still challenges pertaining to these assessments. Specifically, in-vitro studies cannot completely mimic the in-vivo condition. In-vivo studies are also cost intensive, need strict ethical considerations, and the major limitation is bone variation between species.
No functional bone organ/construct has yet been fabricated using conventional tissue engineering and 3D printing approaches. Technologies including 4D printing, organoids, and cell aggregates/spheroids have emerged to pave this path, which are still in infant stages for treating large bone defects.
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[image: Fx 1]With the global escalation of the aging process, the number of patients with bone diseases is increasing year by year. Currently, there are limited effective treatments for bone diseases. Exosome, as a vital medium in cell-cell communication, can mediate tissue metabolism through the paracrine transmission of various cargos (proteins, nucleic acids, lipids, etc.) carried by itself. Recently, an increasing number of researchers have proven that exosomes play essential roles in the formation, metabolism, and pathological changes of bone and cartilage. Because exosomes have the advantages of small size, rich sources, and low immunogenicity, they can be used not only as substitutes for the traditional treatment of bone diseases, but also as biomarkers for the diagnosis of bone diseases. This paper reviews the research progress of several kinds of cells derived-exosomes in bone diseases and provides a theoretical basis for further research and clinical application of exosomes in bone diseases in the future.
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INTRODUCTION
With the intensification of global aging, the number of patients with bone-related diseases (including osteoarthritis (OA), osteoporosis (OP), bone defect) has increased sharply (Zhao H. et al., 2018; Mei et al., 2020; Ren et al., 2021). These diseases not only bring physical and psychological pain to patients, but also result in enormous financial burdens to society (Hernlund et al., 2013; Hu et al., 2021a; Xue et al., 2021b). For OA, it was estimated that nearly 250 million OA patients worldwide, and the incidence was anticipated to increase further (Hunter and Bierma-Zeinstra, 2019). A statistical report pointed out that in some developed countries, the cost of treating OA could reach 1–2.5% of gross domestic product (Hunter et al., 2014). At present, the main ways to treat OA include drug treatment and surgical intervention (Zhou et al., 2020; Jin et al., 2021). However, painkillers and anti-inflammatory drugs commonly used in drug treatment could only relieve pain, not completely cure it. In addition, although advanced OA could be surgically intervened, it might be accompanied by many complications. In short, there is still no effective treatment to reverse the progression of OA (Glyn-Jones et al., 2015; Hu et al., 2019; Fang et al., 2021; Yajun et al., 2021). For OP, estimates showed that more than 200 million people worldwide suffered from OP (Ensrud and Crandall, 2017). Statistically, OP-related fractures cost approximately $17.9 and 4 pounds billion per year in the United States and United Kingdom, respectively (Clynes et al., 2020). Additionally, among hip fractures caused by OP, 21–30% of patients died within 1 year (Force et al., 2018). Unfortunately, OP usually takes a long period and even requires lifelong treatment with many side effects (Compston et al., 2019; Chen J. et al., 2021). For bone defects, although autogenous and allogeneic bone grafts have been widely used for repairing bone defects, there are still some limitations in these two treatments, such as inflammation, limited autogenous bone, and immune rejection (Lee and Goodman, 2015; Qin et al., 2016; Xue et al., 2021a; Chen W. et al., 2021). In recent years, stem cell treatment has been located at the forefront of the field of bone regenerative medicine (Hao et al., 2016; Debnath et al., 2018). However, its molecular mechanism is not precise, and there are still some limitations, such as high cost, limited donors, and so on. Therefore, alternative and novel treatment strategies are imperatively needed to meet the clinical requirements of bone diseases.
It is generally considered that bone is a complex organ containing various cells, such as osteoblasts, osteoclasts, macrophages, endothelial cells, stem cells, and other cells (Wang L. et al., 2021). These cells surrounding the bone microenvironment communicate with each other and participate in bone metabolism together. Extracellular vesicles (EVs) have attracted extensive attention as an important medium of cell-cell communication (van der Pol et al., 2012). EVs can be further divided into exosomes, ectosomes (microparticles/microvesicles), apoptotic bodies, oncosomes and some other EVs subtypes (Thery et al., 2018; Ni et al., 2020). Among these different subtypes of EVs, exosome is one of the most widely studied subtypes as evidenced by an exponentially increasing number of exosome-related researches in recent years (Lawson et al., 2016). Exosome has a phospholipid bilayer structure with a diameter of 30–150 nm and can be secreted by various cells through the endosomal pathway (Figure 1) (Thery et al., 2002; Klumperman and Raposo, 2014). The history of exosomes could be traced back to 1983. It was firstly found by Harding et al. (1983), Pan and Johnstone (1983) in rat and sheep animal models, respectively. They found that a nano-vesicle containing transferrin was released during the maturation of reticulocytes into erythrocytes. According to its endosomal origin, this nano-vesicle was officially named “exosome” by Johnstone in 1987 (Johnstone et al., 1987). Over a long period of time, exosomes were considered to be cellular waste used by cells to transport metabolic products and little attention was paid to them. In recent years, accumulating evidence indicated that exosome was a natural endogenous nano-carrier that played an essential role in cell-cell communication (Mathieu et al., 2019; Cheng et al., 2021). This was mainly due to the fact that exosomes could involve in cell signaling and intercellular communication by carrying various bioactive substances (including proteins, nucleic acids, lipids, etc.) to the target cells (Yang D. et al., 2020; Norouzi-Barough et al., 2021). Moreover, they could exist stably in body fluids (such as blood, urine and breast milk, etc.) and conditioned medium for cell culture (Han et al., 2016; Cobelli et al., 2017). Because of the above characteristics, Masaoutis et al. proposed that exosomes could act as an important signaling mediator in bone remodeling (Li Q. et al., 2018; Masaoutis and Theocharis, 2019). Nowadays, a large number of growth studies have demonstrated that exosomes could be used in cell-free therapy to effectively improve bone disease and solve the problems (immune rejection, insufficient bone mass, and poor stability) caused by traditional bone implants and stem cell therapy (Bjorge et al., 2017; Huang J. et al., 2021).
[image: Figure 1]FIGURE 1 | Biogenesis, secretion, and potential application of exosome. (I) Extracellular constituents and cell surface proteins entered cells through endocytosis. (II) The formation of the cell membrane budded in the luminal side. The fusion of the bud with the compositions of the endoplasmic reticulum, Golgi, and mitochondria gave rise to early sorting endosome formation. (III) Then, early sorting endosome led to late sorting endosome. (IV) The secondary invagination was modified with cargos, giving rise to the generation of various intraluminal vesicles and the formation of the multivesicular body. (V) At last, the exocytosis of the multivesicular body released intraluminal vesicles to the outside of cells in the form of exosomes. Many studies have demonstrated that exosome-based treatment was effective for OA, OP, and bone defects.
At present, the research field of EVs is not mature and still faces many challenges. Due to the problems of overlapping size, similar composition and lack of standardized surface markers, the existing EVs isolation methods (ultracentrifugation method, kit-based method, etc.) and purification methods could not prepare purified EVs specific subtypes. Therefore, the current EVs preparations obtained are highly heterogeneous. In order to further accelerate the regulation and development of this field, the International Society for Extracellular Vesicles (ISEV) issued the Minimal Information for Studies of EVs in 2018 (MISEV 2018) (Thery et al., 2018). MISEV2018 recommended naming different subtypes of EVs according to physical characteristics, biochemical composition, or cell of origin unless the pathway can be demonstrated by live imaging techniques. For the purposes of this review, “exosomes” are described as EVs with a diameter of 30–200 nm whose surface markers meet the basic requirements of MISEV2018 and regardless of their purity and origin. Based on the current knowledge, this article reviews the investigation status of exosomes in the domain of bone diseases and aims to bring novel approaches for bone diseases treatment in the clinic (Figure 1).
EXOSOMES AND BONE DISEASES
Stem Cell-Derived Exosomes
Stem cells are cells with a very high differentiation potential, which have been confirmed to play critical roles in the growth of bone (Jiang et al., 2020). Currently, stem cell therapy has been used in the clinic as an alternative strategy for allogeneic and allogeneic bone transplantation (Perez et al., 2018). Recent researches pointed out that the function of stem cells in promoting bone repair is mainly attributed to their paracrine secretion (Tao et al., 2018). Exosome had been proved to be an essential medium involved in paracrine. In this way, exosome, which could bypass immune rejection caused by stem cell therapy and bone deficiency in traditional surgical techniques, was regarded as a good candidate for cell-free therapy (Furuta et al., 2016; Hu et al., 2021b). In the last decades, stem cell-derived exosomes were demonstrated better therapeutic potential in OA, OP, and bone defects (Liu S. et al., 2020). The following paragraphs and Supplementary Table S1 introduce the effects of several stem cells-derived exosomes in bone diseases.
Bone Marrow Mesenchymal Stem Cell-Derived Exosomes
Bone marrow mesenchymal stem cells (BMSCs) mainly differentiate into osteoblasts and chondrocytes, so they have great effects on bone/cartilage formation (Fan et al., 2017; Gao et al., 2021). During this process of differentiation, exosomes activated and participated in different intracellular pathways to facilitate osteogenesis/chondrogenesis by transporting their cargos (Metavarayuth et al., 2019; Wong et al., 2020). For example, Zhang L. et al. (2020) elucidated that BMSC-derived exosomes improved fracture healing by promoting osteogenesis and angiogenesis via the BMP-2/Smad1/RUNX2 signaling pathway. Furthermore, the impacts of BMSC-derived exosomes on angiogenesis could be further enhanced by low-dose dimethyloxalylglycine (Liang et al., 2019). In addition, Zhao P. et al. (2018) indicated that BMSC-derived exosomes could proliferate osteoblasts and relieve OP through the MAPK signaling pathway. Among various cargos carried by exosomes, small RNA (sRNA), especially micro-RNA (miRNA), has been proved to be the primary medium involved in cell-cell communication (Pegtel et al., 2010). For instance, Zhai et al. (2020) concluded that human BMSC (hBMSC)-derived exosomes could facilitate bone formation by upregulating osteogenic miRNAs (Hsa-miR-146a-5p, Hsa-miR-503-5p, Hsa-miR-483-3p, and Hsa-miR-129-5p) or downregulating anti-osteogenic miRNAs (Hsa-miR-32-5p, Hsa-miR-133a-3p, and Hsa-miR-204-5p) to activate PI3K/Akt and MAPK signaling pathways (Figure 2A). Moreover, Fan et al. (2020) found that downregulation of miR-29a could inhibit the expression of natural bone morphogenetic protein (BMP) antagonist noggin, activate BMP/Smad signaling pathway, and enhance the osteogenic characteristics of BMSCs-derived exosomes. Additionally, Liu A. et al. (2021) optimized BMSC-derived exosomes immobilized in hierarchical mesoporous bioactive glass (MBG) scaffold via lyophilization. Then they found that BMSC-derived exosomal let-7a-5p, let-7c-5p, miR-328a-5p, and miR-31a-5p could activate the phosphorylation of Smad1/5/9 and activate BMP/Smad signaling pathway by targeting Acvr2b to mediate osteogenic differentiation and repair bone defects (Figure 2B). Besides, other BMSC-derived exosomal miRNAs, such as miR-122-5p (Liao et al., 2019), miR-15b (Li Y. et al., 2020), miR-206 (Huang et al., 2021d), miR-19b (Huang et al., 2021c), miR-146a (Liu L. et al., 2021), miR-877 (Liang et al., 2021), miR-218 (Hassan et al., 2012), and miR-128-3p (Xu et al., 2020) also played significant roles in stimulating osteogenesis and angiogenesis. Briefly, BMSCs-derived exosomal miRNAs could participate in various pathways to promote bone formation, suggesting BMSC may be a key cell in maintaining bone metabolism.
[image: Figure 2]FIGURE 2 | (A) BMSC-derived exosomes induced osteogenic differentiation of hMSCs through mediating the PI3K/Akt and MAPK signaling pathways by upregulating/downregulating osteogenic and anti-osteogenic miRNAs (Zhai et al., 2020). (B) Schematic of the mechanism BMSC-derived osteoinductive exosomes functionalized hierarchical MBG scaffold promoted bone regeneration (Liu A. et al., 2021). (C) Aged BMSC- derived exosomal miR-31a-5p inhibited BMSCs functions in cellular aging and osteogenesis via the E2F2 and SATB2 signaling pathways and promoted osteoclastic differentiation via the RhoA signaling pathway (Xu et al., 2018). (D) Schematic described that superficial cartilage could be regenerated by injecting BMSC-derived exosomes containing hydrogels (Zhang F.-X. et al., 2021). (E) 3D printed ECM/Gelma/BMSC-derived exosomes scaffold enhanced chondrocyte mitochondrial biogenesis and promoted osteochondral regeneration in rabbit models (Chen et al., 2019).
It is worth noting that not all BMSC-derived exosomes play an active role in promoting osteogenesis. A rat model of OP with alveolar bone degeneration study showed that BMSC-derived exosomes accelerated osteoclasts formation (Xu and Wang, 2017). In addition, serval studies have pointed out the effect of age on exosomes. Xu et al. (2018) demonstrated that overexpression of aged BMSC-derived exosomal miR-31a-5p could not only inhibit osteogenesis via the E2F2 and SATB2 signaling pathways, respectively, but also promote osteoclastic differentiation through the RhoA pathway, resulting in bone loss (Figure 2C). Meanwhile, Jia et al. (2020) provided convincing evidence that BMSC-derived exosomes from young rats could upregulate the expression of osteogenesis-related genes, promote BMSCs proliferation, and accelerate bone establishment in aged rats. The above studies suggested that special attentions should be paid to the effects of pathology, age and other internal or external factors when using exosomes to treat bone diseases in the future.
BMSC-derived exosomes also played crucial roles in promoting cartilage repair and relieving OA. On the one hand, BMSC derived-exosomes promoted cartilage repair by directly acting on chondrocytes or indirectly participating in cartilage-related signaling pathways. For example, Hingert et al. (2020) proposed that BMSC-derived exosomes could improve the activity of chondrocytes and accelerate chondrocytes proliferation. Further mechanism studies pointed out that BMSC-derived exosomal miR-136-5p facilitated chondrocyte migration and proliferation through targeting ELF3 and downregulating ELF3 expression in a traumatic OA mouse model (Chen et al., 2020e). In addition, BMSC-derived exosomal circular RNA (circRNA_0001236) could also facilitate cartilage repair through miR-3677-3p/Sox9 signaling axis (Mao et al., 2021). Interestingly, Liu et al. obtained an exosome via pretreating BMSC-derived exosome by a new small molecular compound Kartogenin. Then, they found that the obtained exosome could promote chondrogenesis through upregulating COL2A1, Prg4, and SOX-9 (Liu C. et al., 2020). On the other hand, OA could lead to changes in the extracellular matrix of cartilage and aggravate the injury due to inflammation. BMSC-derived exosomes maintained the stability of cartilage extracellular matrix and alleviate OA by inhibiting inflammatory factors or inflammation-related signaling pathways (Jin et al., 2020). For instance, He et al. (2020b) confirmed that BMSC-derived exosomes could promote cartilage formation by weakening the inhibitory effects of pro-inflammatory cytokines on chondrocyte proliferation and migration. Moreover, Vonk et al. (2018) found that BMSC-derived exosomes could affect the cartilage homeostasis, stimulate the production of polysaccharides and collagen, and inhibit the upregulation of pro-inflammatory interleukin. Additionally, BMSC-derived exosomes reduced cartilage injury via converting the M1 phenotype of macrophages to the M2 phenotype, decreasing the release of inflammatory factors (Zhang J. et al., 2020). Further research proved that mouse BMSC-derived exosomes overexpressing miRNA-210 could protect chondrocytes from injury by inhibiting the inflammation-related NF-κB signaling pathway (He et al., 2020a). Meanwhile, the treatment of rat OA models proved that low-intensity pulsed ultrasound could enhance this process (Liao et al., 2021).
Exosomes are often combined with technologies or biomaterials to achieve ideal functions, such as specific bone targeting, better osteogenic properties, and bone healing ability. For instance, Luo et al. (2019) fabricated an engineered exosome through coupling exosomes with BMSC-specific aptamers via high-affinity recognition. The engineered exosomes had a specific bone targeting ability and could significantly induce bone regeneration. In addition, Huang et al. (2020) prepared a functional exosome (BMP2 overexpression) via gene-editing technology. The exosome not only promoted the expression of BMP2, RUNX2, Osterix, and BMP9 in vitro, but also accelerated the healing of skull defects in vivo. In addition, other data indicated that exosomes and materials had a synergistic role in tissue healing. For example, Zhang F.-X. et al. (2021) found that BMSC-derived exosomes and adhesive hydrogel had a synergistic role in promoting BMSCs migration, proliferation, and differentiation, and repairing the osteochondral defects (Figure 2D). As well, Chen et al. (2019) demonstrated that chondrocyte extracellular matrix (ECM)/methacrylic acid gelatin (Gelma)/BMSC-derived exosomes scaffold fabricated by 3D printing technology could repair the mitochondrial dysfunction of chondrocytes, promote chondrocytes migration, and facilitate cartilage regeneration in rabbit models (Figure 2E). In addition, other studies suggested that BMSC-derived exosomes modified biomaterials, such as TiO2 nanotubes and hydrogel, exhibited superior properties on BMSCs proliferation and differentiation, inflammation regulation, and bone healing (Huang C.-C. et al., 2021; Zhang B. et al., 2021; Zhao et al., 2021). In brief, the addition of exosomes or engineered exosomes could prepare better biomaterials for the treatment of bone diseases, which pointed out a novel research direction.
Umbilical Cord Mesenchymal Stem Cell and Wharton’s Jelly of Umbilical Cord Mesenchymal Stem Cell-Derived Exosomes
Compared with other stem cells-derived exosomes, human umbilical cord mesenchymal stem cell (hUCMSC) and Wharton’s jelly of umbilical cord mesenchymal stem cell (WJMSC)-derived exosomes have the characteristics of clean source, strong proliferation and high immunity. Several studies showed that hUCMSC-derived exosomes could promote OP and bone fracture healing by boosting BMSCs proliferation, migration, osteogenic differentiation and angiogenesis via Wnt and miR-1263/Mob1/Hippo signaling pathways (Zhang Y. et al., 2019; Zhou et al., 2019; Liu W. et al., 2020; Yang B.-c. et al., 2020). Based on these characteristics, by injecting hUCMSC-derived exosomes intravenously into a mouse OP model, Hu Y. et al. (2020) revealed that hUCMSC-derived exosomes could prevent the decrease of bone mass and maintain bone strength by promoting bone formation, reducing bone resorption and fat accumulation. In addition, hUCMSC-derived exosomes-modified hydrogels also showed excellent osteogenic and chondrogenic effects. For instance, by fabricating a hUMSC-derived exosomes modified Gel/hyaluronic acid (nHP) scaffold, Zhang et al. found that the addition of hUMSC-derived exosomes promoted rat cranial defects healing through activating the miR-21/NOTCH1/DLL4 signaling pathway (Figure 3A) (Zhang Y. et al., 2021). In addition, studies by Wang L. et al. (2020) revealed that hUCMSC-derived exosomes could enhance the reparative effect of coralline hydroxyapatite/silk fibroin/glycol chitosan/difunctionalized polyethylene glycol self-healing hydrogel in SD rats with induced femoral condyle defect. Moreover, Hu H. et al. (2020) prepared a hUCMSC-derived exosomes modified Gelma/nanoclay hydrogel. The modified hydrogel could effectively boost the chondrocytes migration, proliferation, and differentiation and promote cartilage regeneration (Figure 3B).
[image: Figure 3]FIGURE 3 | (A) UMSC-derived exosomes combined with the HA-hydrogel and the 3D-printed nHP scaffold for cranial defect repair (Zhang Y. et al., 2021). (B) Exosomes (exos) released from hydrogel improved the migration, proliferation, and chondrogenic differentiation of hBMSCs and enhanced the formation of glycosaminoglycan (GAG), ECM, and collagen II, and thus promoted cartilage regeneration (Hu H. et al., 2020). (C) Schematic of WJMSC-derived exosomal miRNAs facilitated osteochondral regeneration (Jiang et al., 2021).
Wharton’s jelly of umbilical cord mesenchymal stem cell (WJMSC), which has a strong ability of proliferation and differentiation, is a kind of MSCs extracted from the umbilical cord (Li et al., 2015). Recently, studies indicated that WJMSC-derived exosomes could also play important roles in bone reconstruction. For example, Jiang et al. (2021) confirmed that human WJMSC-derived exosomes could promote the proliferation of BMSCs and chondrocytes, facilitate the polarization of macrophages to M2 phenotype, reduce the inflammatory response, and regenerate bone and cartilage (Figure 3C). In addition, Kuang et al. (2019) found that human WJMSC-derived exosomes could inhibit osteocyte apoptosis through miR-21/PTEN/AKT signaling pathway via TUNEL and high-throughput RNA sequencing methods.
Other Stem Cells-Derived Exosomes
In addition to the widely studied stem cell exosomes mentioned above, other stem cells (including adipose-derived mesenchymal stem cell (AMSC), induced pluripotent stem cell (iPSC), etc.)-derived exosomes also have potential therapeutic applications in the field of bone diseases.
AMSC-derived exosomes. Previous studies showed that AMSC-derived exosomes could inhibit the activation of NLRP3 inflammasome in osteoclasts and reduce the apoptosis of osteoblasts to relieve OP (Ren et al., 2019; Wang S. et al., 2021; Zhang L. et al., 2021). Furthermore, Yang S. et al. (2020) demonstrated that miR-130a-3p played a vital role in determining the osteogenic differentiation of AMSCs-derived exosomes. They further proved that the overexpression of miR-130a-3p could downregulate the expression of SIRT7 and upregulate the expression of Wnt signaling pathway-associated protein (Figure 4A). Moreover, recent studies confirmed that AMSC-derived exosomes pretreated with TNF-α or osteogenic medium have better osteogenic ability than non-pretreated ones (Lu et al., 2017; Zhu et al., 2021). As well, AMSC-derived exosomes combined with biomaterials have been proved to promote osteogenic differentiation and bone regeneration cooperatively (Li W. et al., 2018; Li S. et al., 2021). For example, Kyung Kim et al. (2021) demonstrated AMSCs-derived exosomes modified silk fibroin 3D-scaffold showed better bone healing ability than non-modified scaffold in a calvarial bone defects SD rat model (Figure 4B).
[image: Figure 4]FIGURE 4 | (A) Schematic diagram of the mechanism that AMSC-derived exosomal miR-130a-3p enhanced osteogenic differentiation of AMSCs via the SIRT7/Wnt/β-catenin signaling axis (Yang S. et al., 2020). (B) AMSC-derived exosomes-coated silk fibroin 3D-scaffold implants facilitated bone healing in the calvarial bone defects of SD rats (Kyung Kim et al., 2021). (C) IPSC-derived exosomes internalized hydrogel glue positively facilitated cells to promote cartilage repair (Liu et al., 2017). (D) Schematic of the proposed mechanisms of MSC-derived exosome in repairing and regenerating TMJ-OA (Zhang S. et al., 2019).
iPSC-derived exosomes. IPSC can be induced from patients’ autologous stem cells and have no ethical problems, so they have attracted much attention. Meanwhile, emerging investigations have shown that iPSC-derived exosomes could provide a promising option in treating bone diseases. For example, Qi et al. (2016) found that exosomes secreted by MSCs derived from human induced pluripotent stem cells (hiPSC-MSC-Exos) could promote vascular and bone regeneration in ovariectomized (OVX) rat models. They also proved tricalcium phosphate modified with hiPSC-MSC-Exos could accelerate bone repair through activating PI3K/Akt signaling pathway (Zhang J. et al., 2016). In addition, other investigations showed that hiPSC-MSC-Exos had a stronger effect on facilitating chondrocytes migration and proliferation and ameliorating OA than synovial cells-derived exosomes (Zhu et al., 2017). This result opened up a way for IPSC-derived exosomes in cartilage repair, but the specific mechanism remained to be further studied. Based on this, Liu et al. (2017) developed a hydrogel glue with the incorporation of hiPSC-MSC-Exos by in-situ method (Figure 4C). Then, they found that the incorporation of hiPSC-MSC-Exos could significantly increase articular cartilage regeneration in a rabbit articular cartilage defect model.
Moreover, there are some other stem cells-derived exosomes, such as human embryonic stem cell-derived exosomes (Zhang S. et al., 2016; Zhang S. et al., 2018; Zhang S. et al., 2019), human gingival mesenchymal stem cell-derived exosomes (Diomede et al., 2018), human dental pulp stem cell-derived exosomes (Swanson et al., 2020; Xie et al., 2020), periodontal ligament stem cell-derived exosomes (Yu et al., 2021), human perivascular stem cell-derived exosomes (Xu et al., 2019), amniotic fluid stem cell-derived exosomes (Zavatti et al., 2020), and synovial mesenchymal stem cell-derived exosomes (Duan et al., 2021), has also been demonstrated to promote osteogenic differentiation, bone repair and cartilage repair. To be more specific, Zhang S. et al. (2019) found intravenous injection of hESC-MSCs-Exos could control pain and repair cartilage in temporomandibular joint OA (TMJ-OA). (Figure 4D). Especially, as the only known mammalian organ that can be regenerated annually, the deer antler is an ideal organ to overcome the insufficiency of stem cells. Lei et al. (2021) proved that the deer antler stem cell-derived exosomes could reduce inflammation, delay cell senescence, and promote bone and cartilage regeneration.
Bone/Cartilage Cell-Derived Exosomes
Osteoblasts and osteoclasts are the two most dominant cells that responsible for bone formation and resorption in the skeletal system, respectively (Yuan et al., 2016; Chen H. et al., 2020; Chen et al., 2020f). Osteoblast-osteoclast communication plays a key role in maintaining skeletal metabolism (Yuan et al., 2018). They coordinate with each other to maintain the homeostasis of the bone microenvironment (Deng et al., 2015; Chen et al., 2018a; Chen et al., 2018b; Li X. et al., 2020). Therefore, exploring the osteoblast-osteoclast communication will help understand the mechanism of bone homeostasis and provide a potential therapy for bone diseases treatment. Some studies suggested that exosomal miRNA took a crucial effect in osteoblast-osteoclast communication (Yin et al., 2017; Teotia et al., 2021). Sun et al. (2016) found that osteoclast-derived miR-214-containing exosomes could be secreted into the blood and inhibit the function of osteoblasts through interacting with ephrinA2 and EphA2 (Figure 5A). As well, Li et al. (2016) confirmed that osteoclast-targeted miR-214-3p inhibition augmented bone formation in aging OVX mice. On the contrary, osteoblast-derived exosomes could downregulate the heparanase gene and inhibit the differentiation of osteoclasts by increasing the expression of miR-503-3p during bone mineralization (Wang Q. et al., 2021). In addition, Ge et al. provided convincing evidence that osteoblast-derived exosomes contained osteogenesis-related proteins and could increase the number of bone trabeculae and bone volume in OVX rabbits (Ge et al., 2015; Ge et al., 2017; Sadat-Ali et al., 2021). Moreover, by transferring miRNA to activate the Wnt signaling pathway, osteoblast-derived exosomes could enhance the osteogenic differentiation of BMSCs (Cui et al., 2016). Additionally, osteoblast-derived EVs pretreated with histone deacetylase inhibitor trichostatin A (TSA) could significantly promote the osteogenic differentiation of hBMSCs and osteoblast mineralization (Figure 5B) (Man et al., 2021). These studies provided theoretical foundations for the clinical application of osteoblast-derived exosomes in the future. Surprisingly, Niedermair et al. (2020) showed that osteoblast-derived exosomes from patients with hip arthritis (CA), OP, and CA/OP could decrease BMSCs viability and alkaline phosphatase gene expression. This result suggested that the microenvironment of osteoblast-derived exosomal donor cells should be considered to avoid the opposite therapeutic effect.
[image: Figure 5]FIGURE 5 | (A) MiR-214-containing exosomes from osteoclasts inhibited osteoblast function via ephrinA2/EphA2 recognition and can also be secreted into the blood as a biomarker for bone loss (Sun et al., 2016). (B) Schematic illustration of the mechanism that osteoblast-derived EVs pretreated with TSA enhanced the osteogenic differentiation of hBMSCs and osteoblast mineralization (Man et al., 2021). (C) 3D-printed porous PCL scaffold functionalized with VEGF@CPC-derived exosomes exhibited better osteogenic and angiogenic ability (Zha et al., 2021).
Chondrogenic progenitor cell (CPC) is vital to maintain cartilage homeostasis and has received widespread attention in cartilage therapy (Kim et al., 2019). Currently, researchers have illustrated that CPC-derived exosomes play an essential part in MSC-chondrocyte communication and cartilage regeneration (Koelling et al., 2009; Yao and Wang, 2013). For example, Wang R. et al. (2020) discovered that CPC-derived exosomes not only enhanced chondrocytes proliferation and migration in vitro, but also promoted articular cartilage repair in vivo. In addition, several studies have shown that CPC-derived exosomes could also take effect in the therapy of bone defects. For instance, Zha et al. (2021) fabricated a VEGF@CPC-derived exosomes functionalized 3D-printed porous polycaprolactone (PCL) scaffold and verified that the functionalized scaffolds could induce osteogenic differentiation and promote angiogenesis and bone regeneration (Figure 5C). In contrast, current study showed that chondrocyte-derived exosomes could promote CPC proliferation, increase chondrogenesis markers’ expression, and inhibit angiogenesis (Chen Y. et al., 2018). The multiple effects of bone/cartilage cell-derived exosomes in bone diseases had been listed in Supplementary Table S2.
Macrophage-Derived Exosomes
Macrophage-MSC communication plays a significant role in maintaining bone homeostasis and promoting bone establishment (Pieters et al., 2019; Chen K. et al., 2020; Kang et al., 2020; Wang D. et al., 2021). Previous studies have confirmed that macrophages communicate with MSC and affect its osteogenic differentiation through exosomes (Ekstrom et al., 2013). Moreover, recent studies demonstrated that exosomes derived from M0, M1, and M2 macrophages exerted distinct influences on the proliferation and differentiation of MSCs (Xia et al., 2020). For instance, researchers proved that M2 polarized macrophage-derived exosomes could inhibit the adipogenesis of BMSCs and promote its osteogenesis by mediating the miR-690/IRS-1/TAZ signaling axis (Li Z. et al., 2021). In another pathway, M2 polarized macrophage-derived exosomes could directly target salt-inducible kinase 2 and 3 genes to induce MSCs osteogenic differentiation (Xiong et al., 2020). In the clinic, it is universally acknowledged that diabetic patients often have a high incidence of fracture and prolonged healing time. A recent study illustrated that diabetic bone marrow macrophage-derived exosomes could inhibit the osteogenic differentiation of BMSCs and bone healing (Zhang D. et al., 2021). This inhibitory effect could be counteracted by inhibiting the expression of the miR-144-5p gene, which provided a new target for treating diabetic patients. Meanwhile, Bai et al. (2020) illuminated that macrophage-derived exosomes also have an influence on the growth of chondrocytes. Macrophage (pretreated with anti-inflammatory factor IL-4 or IL-13 in vitro) derived-exosomes, which containing Sox9 mRNA and protein, were beneficial to chondrocyte differentiation.
Based on the above functions of macrophage-derived exosomes, many studies combined them with biomaterials to improve osteogenic activity. For instance, Zhang T. et al. (2021) indicated that macrophage-derived exosomes modified titanium fostered osteoblast differentiation and mineralization, and osseointegration (Wei et al., 2019). Also, Liu et al. found that mineralized collagen pretreated with macrophage-derived exosomes could significantly facilitate MSC osteogenesis and bone regeneration (Liu A. et al., 2020). All these studies develop a novel way in the field of bone disease treatment. Supplementary Table S3 summarized some recent studies on macrophage-derived exosomes in bone diseases.
Serum and Plasma-Derived Exosomes
There are a large number of exosomes in serum/plasma, and increasing studies pointed out that serum/plasma-derived exosomes have a great application prospect in early detection, diagnosis, and later treatment of bone diseases (Xie et al., 2018; Yang et al., 2021) (Supplementary Table S4). It is generally recognized that postmenopausal women often miss the best time for treating OP. In order to solve this problem, the researchers detected the plasma-derived exosomes of early postmenopausal women by small RNA sequencing method and concluded that exosomal miR-642a-3p might contribute to the prediction and diagnosis of early postmenopausal OP (Figure 6A) (Kong et al., 2021). Furthermore, Chen et al. found that plasma-derived exosomal TRF-25, TRF-38, and TRF-18 were closely related to OP (Figure 6B) (Zhang Y. et al., 2018). These studies use cutting-edge bioinformatics, and the results obtained by big data’s analysis were provided references for further exploration of the pathological mechanism of OP. In addition, other studies have shown that plasma-derived exosomal surface protein markers (PSMB9, AARS, PCBP2, and VSIR) (Chen M. et al., 2020), serum-derived exosomal hsa_circ_0006859 (Zhi et al., 2021), and long non-coding RNAs (LncRNA) (Teng et al., 2020) could also be used as new markers for the diagnosis of OP. Recently, studies found that the serum-derived exosomal miRNAs varied with age, external stimulation, and other factors. For example, serum-derived exosomes in young mice with high expression of miRNA-19b-3p could boost the BMSCs osteogenic differentiation in fatigue aged osteoporotic mice, suggesting that the osteogenic capacity of serum-derived exosomes was related to the age of the donor (Xun et al., 2021). In addition, Du et al. found that radiation could affect bone metabolism and regeneration by regulating the expression of plasma-derived exosomal miRNAs (Du et al., 2021). This study provided a novel method for the treatment of radiation-induced bone diseases.
[image: Figure 6]FIGURE 6 | (A) MiRNA-mRNA-KEGG interaction network analysis showed the top 10 OP-related pathways (Kong et al., 2021). (B) TRF-25, tRF-38, and tRF-18 were potential targets to OP treatment (Zhang Y. et al., 2018).
Other Exosomes
Studies on other exosomes also provided multiple strategies for bone diseases treatment (Supplementary Table S5). For example, Sun et al. (2019) pointed out that sinus mucosa-derived cell-derived exosomes and periosteum-derived cell-derived exosomes could mediate paracrine effects to promote osteogenesis. The endothelial cell (EC) is a kind of highly active cells located in the inner layer of blood vessels, which can secrete a variety of substances and is essential for organogenesis (Seton-Rogers, 2014). Song et al. (2019) provided evidence that EC-derived exosomes (EC-exos) contained miR-155 and could reduce the activity of osteoclasts and promote bone targeting (Figure 7A). Recently, studies proved that endothelial progenitor cells (EPCs), which are precursors of ECs, could also indirectly promote bone formation via secreting exosomes. EPC-derived exosomes could facilitate bone formation by stimulating angiogenesis or by promoting the recruitment and differentiation of osteoclast precursors via LncRNA-MALAT1 (Cui et al., 2019; Jia et al., 2019). Fibroblast-like synoviocytes (FLSs) are the most important cells at the pannus-cartilage junction (Bustamante et al., 2017). Recent studies showed that FLSs-derived exosomes could also stimulate bone growth (Tan et al., 2020). For instance, Chen J. et al. (2020) found that FLSs-derived exosomes (FLSs-exos) could be swallowed by osteoblasts in the mouse model of collagen-induced rheumatoid arthritis (RA) and activate osteogenesis-related signaling pathways by upregulating miR-486-5p and targeting Tob1 to promote osteogenic differentiation (Figure 7B). Clinically, there was an interesting phenomenon that concomitant traumatic brain injury could accelerate bone formation. To explore the underlying mechanism, Xia et al. (2021) revealed that damaged neurons released exosomes (rich in miR-328a-3p and miR-150-5p) could facilitate osteogenesis by targeting the 3′UTR of FOXO4 and CBL (Figure 7C).
[image: Figure 7]FIGURE 7 | (A) Diagram of bone targeting and functional EC-exos (Song et al., 2019). (B) FLSs-exos carrying miR-486-5p inhibited Tob1 to activate the BMP/Smad signaling pathway, thus enhancing osteoblast proliferation, mineralization, and differentiation, then alleviating RA (Chen J. et al., 2020). (C) Schematic mechanism of bone healing accelerated by the damaged brain. Damaged neurons released exosomes, which were rich in miR-328a-3p and miR-150-5p. They could target FOXO4 and CBL and thus promoted osteogenesis (Xia et al., 2021).
CONCLUSION AND OUTLOOKS
Collectively, exosome is a natural nano-carrier containing various active cargos (miRNA, proteins, lipids, etc.) and plays a vital role in regulating bone metabolism. Based on their small size, wide source, and low immunogenicity, exosomes will have promising study and application prospects in the field of early diagnosis and therapy of bone diseases.
However, this field is still in the immature stage of basic research and preclinical exploration. The contents of exosomes are complex, which hinders the further exploration of their action mechanisms. It is worth mentioning that with the continuous development of proteomics and bioinformatics technology, several studies have been carried out more in-depth. For example, Chen M. et al. (2020) found four proteins closely related to OP (PSMB9, PCBP2, VSIR, and AARS) by quantitative proteomics and bioinformatics. This contributes to understanding the mechanism of bone disease. As the contents of exosomes are also related to different pathological conditions, external and internal factors, it is necessary to pay attention to the changes of conditions when studying the effects of different contents. In addition, a standardized separation and purification scheme is needed to further promote the clinical development of therapeutic exosomes. Consistent separation schemes and purification indexes are the premises of large-scale mass production for clinical application. The existing methods for the separation of exosomes include ultracentrifugation, commercial kit, size exclusion chromatography (SEC), tangential flow filtration (TFF), etc. Ultracentrifugation is the earliest and most widely used method. However, this method takes a long time and is difficult to meet the requirements of purity and yield. The commercial kit-based method takes less time than the ultracentrifugation method, but the specific principles and ingredients of most products have not been clarified. Recently, SEC and TFF based on size separation have been recognized by increasing researchers. Because it can obtain higher purity exosomes more easily. However, it is necessary to remove serum from the conditioned medium, which may change the activity of donor cells. In order to establish a perfect preparation system, Lim et al. proposed a set of relatively optimal manufacturing processes for researchers’ reference (Reiner et al., 2017). For instance, the system should have the characteristics of high capacity (unless the product is high potency), high yield, and reproducible purity. Meanwhile, the system should be a closed system with clear reaction principles and disposable components, and accord with serum-free culture. In addition, the manufacturing process should follow the Good Manufacturing Practice, which requires scientists to work together to establish a standard manufacturing process. Currently, another challenge for the clinical promotion of therapeutic exosomes is that they have not been strictly tested for clinical potency. In order to solve this problem, Lim et al. proposed a series of potentially quantifiable indicators to reach a consensus on the potency of different preparations (Witwer et al., 2019). Additionally, they proposed that different indicators should be evaluated by different independent laboratories and then analyzed and discussed together to ensure their credibility. In order to accelerate the application of exosomes, the cooperation of different teams is necessary. Furthermore, researchers can detect specific components that play vital roles in different diseases. Lim et al. proposed that under the guidance of major regulators, exosomes could be detected by a specific component to ensure that the potency of exosomes in the clinical treatment process is consistent (Gimona et al., 2021). In addition, the mode of exosomes’ administration (systemic or local) needs to be considered. Previously, most studies used systemic injections. Recent studies combined exosomes with biomaterials to locally administer drugs to animals. These results showed excellent effects of promoting bone and cartilage formation. However, the difference between systemic administration and local administration in the treatment of bone diseases needs to be further studied. In particular, due to the above limitations, few studies have compared the effects of different sources-derived exosomes in bone diseases treatment. Personalized treatment for different diseases is gaining importance. It is hoped that after standardizing therapeutic exosomes, there will be increasing studies to analyze the therapeutic effects of different exosomes. Briefly, it will be a trend to study exosomes in the future, which will help to broaden our cognitive field of exosomes and provide more strategies for the treatment of bone diseases.
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Non-union is defined as the permanent failure of a bone to heal and occurs clinically in 5% of fractures. Atrophic non-unions, characterized by absent/minimal callus formation, are poorly understood and difficult to treat. We recently demonstrated a novel murine model of atrophic non-union in the 3.6Col1A1-tk (Col1-tk) mouse, wherein dosing with the nucleoside analog ganciclovir (GCV) was used to deplete proliferating osteoprogenitor cells, leading to a radiographic and biomechanical non-union after the mid-shaft femur fracture. Using this Col1-tk atrophic non-union model, we hypothesized that the scaffold-mediated lentiviral delivery of doxycycline-inducible BMP-2 transgenes would induce osteogenesis at the fracture site. Cryogel scaffolds were used as a vehicle for GFP+ and BMP-2+ cell delivery to the site of non-union. Cryogel scaffolds were biofabricated through the cross-linking of a chitosan–gelatin polymer solution at subzero temperatures, which results in a macroporous, spongy structure that may be advantageous for a bone regeneration application. Murine adipose-derived stem cells were seeded onto the cryogel scaffolds, where they underwent lentiviral transduction. Following the establishment of atrophic non-unions in the femurs of Col1-tk mice (4 weeks post-fracture), transduced, seeded scaffolds were surgically placed around the site of non-union, and the animals were given doxycycline water to induce BMP-2 production. Controls included GFP+ cells on the cryogel scaffolds, acellular scaffolds, and sham (no scaffold). Weekly radiographs were taken, and endpoint analysis included micro-CT and histological staining. After 2 weeks of implantation, the BMP-2+ scaffolds were infiltrated with cartilage and woven bone at the non-union site, while GFP+ scaffolds had woven bone formation. Later, timepoints of 8 weeks had woven bone and vessel formation within the BMP-2+ and GFP + scaffolds with cortical bridging of the original fracture site in both groups. Overall, the cell-seeded cryogels promoted osseous healing. However, while the addition of BMP-2 promoted the endochondral ossification, it may provide a slower route to healing. This proof-of-concept study demonstrates the potential for cellularized cryogel scaffolds to enhance the healing of non-unions.
Keywords: animal models, fracture healing, tissue engineering, cryogels, BMP-2
INTRODUCTION
Non-union is defined as the permanent failure of a bone to heal and occurs clinically in approximately 5% of all fractures (Einhorn, 1995; Choi et al., 2004). With increased risk due to factors such as sex, smoking, and diabetes, currently available invasive surgical treatments result in major physical and financial burdens on individuals (Zura et al., 2016; Mills et al., 2017; Dailey et al., 2018; Ekegren et al., 2018). Among the several types of non-unions, atrophic non-unions, characterized by absent/minimal osteochondral callus formation, are poorly understood and difficult to treat (Mills and Simpson, 2012; Thomas and Kehoe, 2021). Furthermore, in atrophic non-unions, bone healing has become stagnant, and surgical intervention with the addition of a biological agent, such as a bone graft, is often necessary to induce regeneration (Moghaddam et al., 2016; Sun et al., 2019). While autografts remain the gold standard for treatment, there are inherent disadvantages including potential for infection, donor site morbidity, and limited availability (Roberts and Rosenbaum, 2012; Sohn and Oh, 2019).
Animal models of atrophic non-unions have been described in mice (Choi et al., 2004; Lu et al., 2007; Garcia et al., 2008; Garcia et al., 2011; Wang et al., 2019), rats (Cullinane et al., 2002; Harrison et al., 2003; Kokubu et al., 2003; Reed et al., 2003; Schmidhammer et al., 2006; Kaspar et al., 2008; Tawonsawatruk et al., 2014; Roberto-Rodrigues et al., 2015), and rabbits (Oni, 1995; Brownlow and Simpson, 2000; Park et al., 2002). Most available models target fracture healing by disrupting the tissues needed for repair through invasive methods such as osteotomy, periosteal stripping, and/or devascularization (Mills and Simpson, 2012; Gómez-Barrena et al., 2015; Panteli et al., 2015). While such methods do yield an atrophic non-union, they do not model some clinical atrophic non-unions, which occur without extensive tissue damage and are attributed to “failure of biology.” We recently developed a novel murine model of atrophic non-union in the 3.6Col1A1-tk (Col1-tk) mouse, where dosing with the nucleoside analog ganciclovir (GCV) is used to deplete replicating osteoblast lineage cells (Hixon et al., 2021). Briefly, in proliferating cells that express the thymidine kinase (tk) “suicide gene,” GCV is converted to a toxic nucleotide, which is then incorporated into the DNA. This results in targeted death of dividing tk + cells, which prevents the proliferative expansion needed to form a callus, leading to callus formation failure after the fracture and thus radiographic and biomechanical non-union. Notably, because non-dividing cells are spared, the fracture site is still populated by viable cells including, presumably, skeletal progenitors. Once GCV is withdrawn, there is potential for these resident cells to proliferate and contribute to fracture healing, although our prior work showed that this does not happen spontaneously (Hixon et al., 2021). This biologically relevant model allows for the testing of novel intervention techniques that might reactivate the quiescent native cells to rescue an atrophic non-union.
Tissue engineering scaffolds provide a promising alternative to currently used bone grafts due to their tailorable properties to modify porosity, mechanical integrity, and degradation rate. Cryogels are hydrogel-based scaffolds that have enhanced porosity and mechanical properties due to the addition of a freezing process during fabrication (Henderson et al., 2013; Hixon et al., 2017a; Bakhshpour et al., 2019). Briefly, following the cross-linking of a polymer solution, the mixture is immediately frozen, resulting in the formation of ice crystals throughout the solution. Upon thawing and melting of these ice crystals, the resulting polymer structure is macroporous, sponge-like, and mechanically durable (Henderson et al., 2013; Okay, 2014). Previous studies have demonstrated that cryogels are suitable for the treatment of complex bone defects including critical size defects in both long bones and craniofacial applications (Dumas et al., 2012; Mishra et al., 2014; Hixon et al., 2017b). However, their application to enhance the repair of atrophic non-unions has not been previously investigated. While tissue engineering approaches have an excellent capability to promote both tissue repair and regeneration of bone injury, further modification can improve their applicability in treating more complex bone defects (e.g., atrophic non-unions, where biological healing has been disrupted) through the ability to deliver specific cell types and/or growth factors. Previous studies have developed woven polymer scaffolds capable of mediating stem cell differentiation and cartilaginous extracellular matrix (ECM) formation using a lentivirus-based method (Brunger et al., 2014; Glass et al., 2014). Subsequent work developed scaffold-mediated lentiviral gene delivery of bone morphogenetic protein-2 (BMP-2), a potent osteogenic factor (Rowland et al., 2018). While woven fiber scaffolds are favorable for tissue-engineered cartilage applications, cryogel scaffolds offer a promising alternative for in situ bone regeneration due to their macroporous structure and high pore interconnectivity, which allows fluid flow, cell mobility, and angiogenesis (Hixon et al., 2016; Bakhshpour et al., 2019). Specifically, chitosan–gelatin cryogels are composed of natural materials and have been extensively characterized with pore diameters ranging from 30 to 100 μm conducive to cell infiltration (Kathuria et al., 2009). The combination of cryogel scaffolds with a lentivirus-based method holds the potential to induce bone formation and healing (Rodrigues et al., 2013; Liao et al., 2016; Kemençe and Bölgen, 2017). We focused on the local delivery of BMP-2, long recognized as a potent osteoinductive growth factor capable of improving healing of non-unions, fractures, spinal fusions, and dental implants (Lo et al., 2012; Krishnakumar et al., 2017). Previous studies have shown that following the stabilization of a fracture, exogenous BMP-2 induces cartilage formation and can promote endochondral ossification. Furthermore, the periosteum has been shown to be a target of exogenous BMP-2 (Yu et al., 2010). Notably, previous studies have focused on cellular engineering approaches, including the engineering of mesenchymal stem cells (MSCs) to express BMP-2 in combination with vascular endothelial growth factor (VEGF) or mineral-coated microparticles (Kumar et al., 2010; Orth et al., 2017). Such approaches have demonstrated osseous bridging and increased bone formation. Despite this, the treatment of atrophic non-union can be challenging where the tunable delivery of a biological agent, along with a scaffold matrix, is necessary for appropriate, localized treatment to encourage cell infiltration and initiate healing. Additionally, the exclusively uncontrolled delivery of growth factors such as BMP-2, as well as delivery methods without tunability, can have deleterious results such as excessive heterotopic ossification or increased cancer risk (Shi et al., 2013; Skovrlj et al., 2015; Shi et al., 2017). Thus, we used a doxycycline-inducible BMP-2 lentivirus for the tunable and inducible delivery of BMP-2 in an adipose stem cell-seeded scaffold to the non-union site. The viral vector has been shown to have a high transduction efficiency and result in an inducible production of BMP-2 when exposed to doxycycline (Glass et al., 2014; Rowland et al., 2018). In combination with the biologically relevant Col1-tk mouse model of atrophic non-union, this treatment method allows for the testing of a novel intervention technique to rescue fracture non-union. We hypothesize that the tissue-engineered scaffold-mediated gene delivery of a cell population overexpressing the osteogenic transgene BMP-2 will induce osteogenesis at the site of non-union. Previous work has demonstrated that scaffold-mediated gene delivery can induce sustained transgene expression and ECM formation by MSCs (Kokubu et al., 2003; Hixon et al., 2016; Hixon et al., 2017a; de Lageneste et al., 2018), and we anticipate that using this approach with BMP-2 will provide the osteoinductive environment necessary to drive periosteal healing.
MATERIALS AND METHODS
Scaffold Fabrication
Cryogel scaffolds (n = 4/group/timepoint) were fabricated based on a previously established protocol (Kathuria et al., 2009). Briefly, 80 mg of low-viscosity chitosan (MP Biomedicals) was dissolved in 8 ml of 1% acetic acid solution (Fisher Scientific). Following dissolution, 320 mg of gelatin (from cold water fish skin; Sigma) was added to the solution and mixed for 1 h. In a separate scintillation vial, 1% glutaraldehyde solution was prepared using 2 ml of 1% acetic acid solution for cross-linking. All the solutions were cooled at 4°C for 1 h. The solutions were mixed by decanting and then immediately poured into precooled 12-well plates (Sigma), such that a thickness of 3–4 mm was achieved, and frozen at −20°C for 18 h. At this time, the plates were thawed at room temperature (RT) water and trimmed into rectangular sheets (6 mm × 12 mm × 1.5 mm). The scaffolds were sterilized in 1% peracetic acid (PAA; Sigma) for 90 min and then rinsed with sterile 1X phosphate-buffered saline (PBS) three times for 10 min (Yoganarasimha et al., 2014; Costa et al., 2015). Following sterilization, all the scaffolds were placed at −80°C for 1 h and subsequently lyophilized (Sentry 2.0 VirTis BenchTop Pro Freeze Dryer; SP Scientific) for 24 h to ensure complete drying. The resulting cryogel scaffolds were macroporous (pore diameters of 30–100 μm) and sponge-like in structure, allowing them to undergo compression without the crack propagation (Brunger et al., 2014; Gómez-Barrena et al., 2015). Additionally, the cryogels were fabricated from the natural materials that render them compatible with cells and supportive of angiogenesis (Glass et al., 2014).
Lentivirus Production
The doxycycline-inducible lentiviral vector was generated by cloning BMP2 into the modified TMPrtTA vector (provided by Danos Lab) as previously described (Rowland et al., 2018). To produce the lentivirus, HEK293T cells were co-transfected with either the dox-BMP2 vector or a constitutive GFP lentiviral vector with a second-generation packaging plasmid psPAX2 (Addgene, No. 12260) and an envelope plasmid pMD2.G (Addgene, No. 12259) by calcium phosphate precipitation (Salmon and Trono, 2007). The lentivirus was stored at –80°C until further use. The functional titer of each virus was determined via qRT-PCR to ascertain the number of lentiviral DNA copies integrated into the genome of the transduced HeLa cells (Salmon and Trono, 2007). On the day of transduction, the lentivirus was thawed and concentrated ∼100-fold using Amicon Ultra 100 kDa MWCO filters (Millipore, UFC9100).
Scaffold-Mediated Lentiviral Transduction
To immobilize the lentivirus on the scaffolds, cryogels (n = 4/group/timepoint) were incubated overnight with 0.002% poly-L-lysine (Sigma), washed with PBS, and then incubated with enough concentrated lentivirus to transduce 500,000 or 1 million cells for 1.5 h at 37°C. The scaffolds were rinsed again with PBS, moved to a new low-attachment 24-well plate (Corning), and seeded with 500,000 cells for in vitro experiments and 1 million cells for implanted scaffolds. The expansion medium was added to each sample for 1 h after the cell seeding. All mediums were changed 24 h later. The scaffolds were cultured in the expansion medium for six days to facilitate cell infiltration. A subset of scaffolds were then fixed in a neutral-buffered formalin (NBF) for 24 h, placed in a 30% sucrose solution for an additional 24 h, and embedded in an optimal cutting temperature (OCT) compound. Once frozen, the cryogels were cryosectioned at 20 µm and stained with 4′,6-diamidino-2-phenylindole (DAPI) to visualize the cellular infiltration. All other scaffolds remained in culture.
In Vitro BMP-2 Analysis
After 6 days of culture in the expansion medium, the medium was changed to osteogenic medium containing DMEM-HG (Gibco), 10% lot selected FBS, 1% penicillin–streptomycin (Gibco), 50 μg/ml L-ascorbic acid 2-phosphate (Sigma), 10 nM dexamethasone (Sigma), and 10 mM β-glycerophosphate (Sigma). Doxycycline (dox) groups were supplemented with either 0.1 or 1 μg/ml dox (Sigma). Half medium changes were performed every other day for 28 days, and medium samples were collected on days 0, 2, 6, 10, 16, 22, and 28 of the osteogenic culture. The concentration of BMP-2 in the medium (n = 4/group/timepoint) was measured by ELISA (R&D).
Scaffold Micro-CT Analysis
Following 28 days of osteogenic culture, the scaffolds (n = 4/group/timepoint) were scanned using the Bruker SkyScan 1176 micro-CT at 40 V, 600 µA. Micro-CT datasets were reconstructed with NRecon software using a dynamic range of 0.1, ring artifact correction of 11, and beam hardening correction of 20%. Mineralization was quantified via calibration against hydroxyapatite phantoms using CT-Analyzer software. Acellular scaffolds soaked in the medium for 28 days served as a control.
Mouse Lines
A total of 62 male and female mice at 12 weeks of age were used in one of the four experimental groups: sham, scaffold only, GFP cells + scaffold, and BMP-2 cells + scaffold. Experimental procedures were approved by the Institutional Animal Care and Use Committee (IACUC) at Washington University in St. Louis in accordance with the Animal Welfare Act and PHS Policy on Humane Care and Use of Laboratory Animals. Atrophic non-unions were established in transgenic 3.6Col1A1-tk (Col1-tk) mice (rederived from the frozen embryos provided by Drs. Robert Jilka and Charles O’Brien) by targeting the replicating osteoblast progenitors (Jilka et al., 2009). As these mice express the herpes simplex virus thymidine kinase gene (HSV-tk, or “tk”), driven by the 3.6-kb rat Col1A1 promoter which is active in the osteoblast lineage cells; the addition of the nucleoside analog ganciclovir (GCV) targets replicating osteoblast progenitors (Figure 1A). This process occurs through the conversion of GCV to a toxic version of the nucleotide which is incorporated into the DNA, resulting in strands breaking and cell apoptosis (Jilka et al., 2009). To generate Col1-tk mice, male C57BL6/J (The Jackson Laboratory, #000664) mice were bred with female mice, heterozygous for the tk transgene (tk-positive). This resulted in the heterozygous tk-positive (Col1-tk) and tk-negative (wild-type, WT) mice. Only one allelic copy of the tk transgene is necessary to achieve the tk-positive and the male Col1-tk mice are sterile. All genotyping procedures were completed by Transnetyx (Cordova, TN) from toe biopsies taken from the mice for the real-time PCR (probe: puro). Additional breeding was used in the littermates (tk-positive females and tk-negative males). Prior to and during the experimental procedures, all the mice were group-housed (up to five mice/cage) under standard 12-h light/dark cycles with full access to food and water. Note that breeders were given high-fat chow, but following weaning, the experimental mice were given normal chow. All the mice were dosed with ganciclovir (GCV, 8 mg/kg i.p., McKesson) once daily starting at the fracture (12 weeks of age) for 2 weeks. The mice were euthanized by CO2 asphyxiation at designated endpoints from 6 to 12 weeks after the fracture.
[image: Figure 1]FIGURE 1 | Schematic of the establishment of a non-union and scaffold implantation in Col1-tk mice. (A) While receiving the GCV drug, any Col1-tk + cells within the mouse that are proliferating will selectively die. Non-proliferating osteoblasts will remain alive. Once the drug is removed, any proliferating osteoblasts will not die. (B, C) Col1-tk mice at 12 weeks of age were subjected to a femur fracture, followed by daily GCV administration for 2 weeks to blunt the healing response. The mice were monitored from week 1–4 by X-ray to confirm minimal callus formation. At 4 weeks post-fracture, an additional surgery was performed, and the scaffolds were implanted. The mice were monitored by X-ray for 2–8 weeks post-scaffold implantation until sacrifice. The outcomes included micro-CT and histology.
Establishment of the Non-Union
We recently demonstrated a model of atrophic non-union in Col1-tk mice dosed with GCV (Hixon et al., 2021). Briefly, a previously established protocol was employed to create a full fracture in the right femur of 12-week-old mice (Gardner et al., 2011). All mice were given buprenorphine SR (1 mg/kg, s.c.) for analgesia 1 h before surgery. The fracture was created by applying a transverse force across the right femoral mid-diaphysis using a custom 3-pt bending setup (DynaMight 8841; Instron). The femur was then stabilized using a 24-gauge metal pin (MicroGroup), and the incision was closed using 3‐0 nylon sutures (Ethicon). We confirmed proper fixation by radiography (Faxitron Ultrafocus 100; Faxitron Bioptics) immediately following the fracture surgery. Note that in the WT mice, this model closely mirrors the classic fracture injury and healing response (Einhorn, 1998; Bonnarens and Einhorn, 1984), displaying both endochondral and intramembranous healing within the fracture gap and around the periphery, respectively (Liu et al., 2017; McKenzie et al., 2019). To establish the atrophic non-union, Col1-tk mice were dosed with GCV at the time of bone injury for 2 weeks, at which time the drug was withdrawn. All the animals were then monitored by weekly radiography (Faxitron) for an additional 2 weeks to confirm a lack of bone formation and healing response, consistent with a non-union (4 weeks following fracture surgery; Figures 1B,C). Dosing, withdrawal, and revision surgery timepoints were based on the previous work in this mouse line and cover the established bridging window in the control mice (Garcia et al., 2013; Liu et al., 2017; Hixon et al., 2021).
Adipose-Derived Stem Cell Isolation
In the preparation for scaffold implantation, the subcutaneous adipose tissue was dissected from 12-week-old WT mice immediately following euthanasia (CO2 asphyxiation). The dissected tissue was minced and placed in a digestion solution (0.1% collagenase and 1% penicillin/streptomycin in Dulbecco’s Modified Eagle’s Medium (DMEM)) at 37°C for 1 h. The samples underwent gentle inversion every 10 min. Following incubation, the tissue was transferred to a 10 cm culture dish, mechanically shredded with forceps, and then placed in an incubator for 30 min (37°C and 5% CO2). At this time, the cell suspension was passed through a 70-µm sterile filter and centrifuged at 1300 rpm for 10 min at 4°C. The supernatant was removed and the cell pellet was resuspended in the growth medium (10% fetal bovine serum (FBS) and 1% penicillin/streptomycin in DMEM). All the cells were expanded to passage four which has previously been demonstrated to exhibit greater than 90% homogeneity for the MSC markers (CD13, CD29, CD44, CD73, and CD90) (Mitchell et al., 2006; Baer and Geiger, 2012; Dunham et al., 2020). All the adipose-derived stem cells (ADSCs) were immediately seeded onto the cryogel scaffolds at passage four for the in vivo implantation.
Scaffold Preparation for Implantation
The cryogel scaffolds were fabricated as described previously in the Scaffold Fabrication. Three scaffold groups were prepared for implantation: scaffold only (acellular; no lentivirus), scaffold + ADSCs transduced to express GFP, and scaffold + ADSCs transduced to express BMP-2 (n = 5–7/group/timepoint). In the preparation for implantation, all the scaffolds were seeded with ADSCs (± lentiviral transduction). Briefly, for the lentiviral transduction, BMP-2 or GFP lentiviruses were immobilized on the scaffold and 1 million cells were seeded and transduced, as described previously in Scaffold Mediated Lentiviral Transduction. All samples were cultured for 6 days to allow for cell infiltration and proliferation to occur throughout the cryogels.
Scaffold Implantation
At 4 weeks following the fracture, the achievement of an atrophic non-union in Col1-tk mice was confirmed via the radiograph. All the mice were given buprenorphine SR (1 mg/kg, s. c.) for analgesia 1 h before the surgery. An 8- to 10-mm incision was created along the previously fractured femur and the muscle was gently separated from the non-union site, exposing 7 mm of the femur. The assigned scaffold type (n = 5–7/group/timepoint) was placed under the femur and wrapped around the non-union such that the surrounding muscle held the scaffold in place. The muscle was closed with 4.0 vicryl suture, then the incision was closed using the running subcuticular 6-0 PDS sutures (Ethicon). Immediately following the surgery, radiographs were used to confirm that the non-union site remained. Note that the controls included a sham group where the surgery was completed, but no scaffold was implanted. All the animals received dox water (1 μg/ml in 5% sugar water; Sigma) for the duration of the study, changed weekly. The animals were monitored radiographically for 2 or 8 weeks after the surgery, chosen from the previous studies (Douglas et al., 2012; Hao et al., 2016; Orth et al., 2017), to observe the potential rescue of the non-union site. Following euthanasia, both the right and left femurs were dissected for micro-CT and processed for the histological evaluation (Figures 1B,C).
Radiographic Evaluation
Lateral radiographs were taken weekly following the full fracture until euthanasia (×3 magnification, Faxitron UltraFocus100; n = 5–7/group/timepoint). All the radiographs were blindly scored for the degree of healing using a modified RUST scoring system with both the sides of the fracture scored individually and a max score of 6 total: score = 1 designates only the fracture line is present, score = 2 is visible callus and fracture line, and score = 3 is completely bridged with no fracture visible (Cunningham et al., 2017; Fiset et al., 2018; Thomas and Kehoe, 2021). The mice were excluded from the study if there was a loss of fixation during healing or an atrophic non-union was not achieved by week 4 post-fracture (5 mice total).
Micro‐Computed Tomography
Following euthanasia, the right and left femurs (n = 5–7/group/timepoint) were dissected and immediately fixed in 10% NBF for 24 h. After fixation, all the pins were removed from the bone and ex vivo scans were completed using micro-CT on the right and left femurs (VivaCT 40, Scanco Medical AG, Switzerland; 10.5 μm voxel size, 55 kV, 145 μA, 300 ms integration time). For the right fractured femurs, a 600 slice (6.3 mm length and diameter) ROI cylinder was centered at the fracture midpoint and thresholds of 180 and 250 per mile was used for 2 and 8 weeks timepoints, respectively, to segment the total bone (callus + cortical). A high-density threshold of 460 per mile was then used to segment out the original cortical bone of all the right (fractured) femurs. The cortical bone volume was subtracted from the total bone volume of each sample to determine the volume of new callus bone formed. In some samples, the fracture lines were no longer visible due to healing, so the point of fracture was found from the radiographic images at 0–2 weeks post-fracture (femoral head to fracture midpoint distance). For the left (intact) femurs, a 100 slice (1.05 mm) ROI was analyzed to compare the systemic changes due to the surgery or BMP-2 production. Following scanning, all the femurs were decalcified and processed for histology.
Histological Staining and Analysis
Following micro-CT, the samples were decalcified in 14% EDTA (pH 7.0) for 2 weeks (n = 5–7/group/timepoint). Standard paraffin processing was completed where all the fractured femurs were sectioned longitudinally at 5 µm thickness. Slides from all the samples were stained with picrosirius red/alcian blue to visualize the different tissues (mineralized callus, cartilage, and fibrous tissue/other) at the fracture site. Immunohistochemistry (IHC) was also used to localize the endomucin expression to evaluate the presence of vasculature throughout the scaffold, as well as the HSV-tk and GFP expression to identify the role of the tk+ and GFP+ cells in healing, respectively. To accomplish this, the paraffin slides were first deparaffinized in xylene and rehydrated in graded ethanol. Next, incubation with 3% H202 for 5 min blocked the endogenous peroxidases. Note that proteinase K was used for the antigen retrieval for endomucin slides prior to blocking (5 min, 23°C). HSV-tk and GFP endogenous epitopes were blocked with 10% goat serum (abcam—ab7481) in PBS at RT for 1 h. The sections were then incubated with rabbit polyclonal anti-HSV tk (1:100; gift from William Summers, Yale) and rabbit-anti-GFP (1:500; Life Technologies A11122) overnight at 4°C, followed by a secondary polymer-HRP anti-rabbit antibody incubation for 1 h (1:200 Dako P0448). The endomucin staining followed the manufacturer’s instructions (Vectastain Elite ABC kit, Rat IgG PK-6104) and used the primary antibodies for endomucin (1:400, eBioV.7C7 #14–5851–85). All the IHC samples were incubated with DAB chromagen (brown; Vector DAB, SK-4105, 30–45 s) and counterstained with modified Mayer’s hematoxylin (Vector Hematoxylin QS, H-3404). Images were obtained on a NanoZoomer slide scanner (20x; Hamamatsu Photonics). Picrosirius Red/alcian blue, HSV-tk, and endomucin images were blinded and qualitatively assessed for the callus and scaffold composition.
Statistics
Prior to the experiments, sample sizes for the study were calculated using a power analysis with α = 0.05 and β= 0.20 (https://www.stat.ubc.ca/∼rollin/stats/ssize/n2.html). The estimates of sample variance and effect size were based on the previous data and biological importance (McKenzie et al., 2019). One-way ANOVA with the Tukey post hoc test was used for in vitro bone volume and bone mineral density analysis. A chi-square test was used to assess the fracture union based on the RUST radiographic scoring at 2 and 8 weeks post-scaffold implantation. Two-way ANOVA with the Tukey post hoc test was used to correct for multiple comparisons for ex vivo micro-CT. Significance was considered at p-values < 0.05, with trends noted at p < 0.10. All the data analysis was performed using Prism (version 9; GraphPad Software, La Jolla, CA, USA).
RESULTS
In Vitro Analysis Confirms Cellular Infiltration and BMP-2 Production
The ADSCs were seeded onto the cryogel scaffolds were cultured for 6 days and then cryosectioned to visualize cell adhesion and infiltration (Figure 2A). As shown by DAPI stain (blue), the ADSCs were able to infiltrate the matrix of all the cryogel scaffolds in the short window of culture, consistent with prior results with other cell types (Hixon et al., 2016; Hixon et al., 2017a). To verify the BMP-2 production, following an initial 6 days of culture, the cells were given osteogenic medium ± the addition of doxycycline (dox; Figure 2B). The non-transduced and transduced cells that did not receive dox (no dox) had negligible BMP-2 production over 28 days of culture. Similarly, a low dose of 0.1 μg/ml of dox was not sufficient to initiate the detectable BMP-2 production. However, when the transduced cells were exposed to 1 μg/ml of dox, a significantly higher production of BMP-2 was noted in all the samples which lasted over 28 days. It should be noted that while there was some variability in the BMP-2 secretion, these are the biological replicates. Thus, the seeded constructs may have been of slightly different sizes, seeded with slightly different numbers of cells, or received slightly different amounts of virus. Following the culture, micro-CT was used to quantify the mineralized volume and density (Figures 2C,D). The transduced cells given 1 μg/ml of dox and thus, producing BMP-2, had significantly more mineralized volume than the non-transduced cells and significantly higher bone mineral density than the acellular scaffolds (p < 0.05). Additionally, the transduced cells either left untreated or supplemented with 0.1 μg/ml of dox also had significantly higher bone mineral density than the acellular scaffolds (p < 0.05). Note that due to the presence of osteogenic medium, some mineralized volume and bone mineral density levels, when the cells are present, are not unexpected. These results indicate that cryogel scaffolds support mineralization by the ADSCs in vitro, and that the mineralized volume is enhanced by the dox-inducible cellular production of BMP-2.
[image: Figure 2]FIGURE 2 | In vitro analysis of the cell-seeded cryogel scaffolds. (A) Representative DAPI (blue) staining demonstrates the ADSCs infiltrated throughout the cryogel scaffold after 6 days of culture. (B) Measured by an ELISA, BMP-2 production was induced in transduced cells treated with 1 μg/ml of dox over 28 days, whereas non-transduced (NT) cells, transduced cells that did not receive dox, and transduced cells that only received 0.1 μg/ml of dox had statistically lower (p < 0.01) BMP-2 production. In transduced cells treated with 1 μg/ml of dox, (C) mineralized volume and (D) bone mineral density were significantly higher than those of non-transduced cells and acellular scaffolds, respectively (p < 0.05). The white scale bar denotes 400 µm.
Radiographic Healing Was Improved by the Presence of Cells
Blinded scoring of the radiographs was completed weekly until sacrifice at 2 or 8 weeks post-scaffold implantation (6 or 12 weeks post-fracture; Figure 3). Less than 50% of the animals treated with either scaffold only or with a sham implantation procedure showed complete bridging of both the cortices at the fracture site at 12 weeks. As both the groups consisted of Col1-tk animals treated with GCV, they were not expected to heal. In comparison, the scaffolds seeded with GFP+ cells and the scaffolds seeded with cells producing BMP-2 were the only groups that reached the complete bridging in all the animals by 12 weeks. Specifically, the fractures in all the animals treated with GFP+ scaffolds had complete bridging (RUST score = 6) after 6 weeks, while over 70% of the BMP-2+ scaffolds were bridged by week 8 and 100% by week 12. Notably, in all the animals treated with the BMP-2+ scaffolds, mineralization was observed radiographically by week 5–7 (1–3 weeks following implantation) throughout the implanted scaffold surrounding the fracture site. In comparison, the GFP+ groups only exhibited mineral within the scaffold in 2 of the 14 samples at varying timepoints. There was no significant difference between the radiograph scores of any groups at 6 weeks. However, the radiograph scores of both the scaffold and sham groups were significantly different than the radiograph scores of both the GFP and BMP-2 groups at 12 weeks. Note that there was no significance between the sham and scaffold groups or the GFP and BMP-2 groups at this timepoint (χ2, p < 0.05). In summary, the cellularized scaffolds promoted the radiographic healing, and the addition of BMP-2 stimulated the scaffold mineral formation.
[image: Figure 3]FIGURE 3 | Radiographic scoring of atrophic non-unions treated with sham (no scaffold or cells) control, cryogel (acellular) scaffold only, scaffolds seeded with GFP+ cells, and scaffolds seeded with cells expressing BMP-2. Due to the treatment with GCV and insufficient rescue, less than 50% of the Col1-tk scaffold only or sham groups had complete bridging at 12 weeks. Comparatively, the GFP+ and BMP-2+ cells were the only groups to achieve full bridging by week 12, with GFP+ cells displaying a score of 6 by week 6. Scoring of the radiographs demonstrated no significant difference between any groups at 6 weeks. However, there were significant differences between both the sham and scaffold groups as compared to both the GFP and BMP-2 groups at 12 weeks (χ2, p < 0.05). Representative radiographs are shown from the time of fracture (Week 0) and at 4, 8, and 12 weeks. The BMP-2+ cellularized scaffolds possessed visually mineralized scaffolds surrounding the non-union site beginning 1–3 weeks following implantation (red arrows) in addition to the endogenous fracture callus (black arrows).
Non-Unions Treated With BMP-2+ Cellularized Scaffolds Had Higher Mineral Content
Following the treatment with scaffolds for 2 or 8 weeks, the animals were sacrificed for micro-CT and histological evaluation. Ex vivo micro-CT analysis determined the callus bone volume at both 2 and 8 weeks for all the groups (Figure 4). Note that the 2 and 8 weeks timepoints had a threshold at 180 and 250 per mile, respectively, to isolate the scaffold mineral and thus, cannot be directly compared. At 2 weeks, the BMP-2+ cellularized scaffolds had significantly more bone volume than the acellular scaffold group (p < 0.05) and also trended higher compared to the sham control (p < 0.0668; Figure 4A). Three-dimensional reconstructions further demonstrate this, with the mineral formation around the non-union site and infiltrating into the surrounding scaffold. At 8 weeks, the BMP-2+ cellularized scaffolds had significantly more bone volume than all the other groups (p < 0.001; Figure 4B). Three-dimensional reconstructions at this timepoint also demonstrate mineral formation around the non-union site within the surrounding scaffold. Additionally, while the fracture line remains apparent between 2 and 8 weeks in the majority of the scaffold only and sham groups, the GFP+ and BMP-2+ cellularized scaffolds exhibited a higher ratio of bridging and remodeling of the cortical bone between 2 and 8 weeks. We assessed the skeletal phenotype of the left (intact) femora using micro-CT and found no significance between any groups (p < 0.05; Supplementary Table S1), indicating no systemic differences between the treatments. In summary, the cellularized scaffolds promoted bridging at the fracture site, but only BMP-2+ scaffolds produced a significant new bone surrounding the fracture site.
[image: Figure 4]FIGURE 4 | Ex vivo micro-CT analysis of non-unions treated with sham control, scaffold only, GFP+ cellularized scaffolds, and BMP-2+ cellularized scaffolds at (A) 2 and (B) 8 weeks after repair. The callus bone volume is the threshold total bone—cortical bone. At 2 weeks, the BMP-2+ scaffolds had significantly more callus bone volume than (acellular) the scaffold only (p < 0.05) and trended higher than the sham control (p < 0.0668). At 8 weeks, the BMP-2+ scaffolds had significantly more callus bone volume than all the other groups (p < 0.001). Three-dimensional reconstructions demonstrate that fracture lines are still present in the sham and scaffold groups at both 2 and 8 weeks, whereas the GFP and BMP-2 groups exhibited increased bridging and remodeling after 8 weeks. Finally, both timepoints exhibited a high mineral content surrounding the non-union site of the BMP-2+ groups (red arrows).
Histology Demonstrated Vessels Throughout the Surrounding Scaffold and Complete Cortical Bridging With the Addition of Cellularized Scaffolds
Following the micro-CT analysis of 2-8 weeks samples, histological evaluation was completed using picrosirius red/alcian blue stain (Figure 5). At 2 weeks post-sham surgery (6 weeks post-fracture), the sham control group displayed minimal woven bone formation and high levels of fibrous tissue. After 8 weeks, incomplete healing was still noted in 5 of the 6 samples, despite woven bone formation and some cortical bridging at all of the fracture sites. Similarly, the scaffold only treatment displayed some calcified areas with almost no cartilage present and minimal infiltration into the surrounding scaffold, showing incomplete endochondral bone formation. After 8 weeks, full bridging (denoted by continuous cortical bone) had visually occurred in 3 of the 7 samples, with the remaining samples possessing fibrous tissue and minimal cartilage. In the animals treated with the GFP+ cellularized scaffolds, new bone was formed at 2 weeks with the presence of minimal cartilage and fibrous tissue. By 8 weeks postimplantation, full bridging was achieved in 7 of the 7 samples, with the new bone infiltrated into the surrounding scaffold and no fibrous tissue or cartilage. When the cryogel scaffolds seeded with the BMP-2-expressing cells were implanted, cartilage was visualized surrounding the non-union site and within the surrounding scaffold in 6 of the 7 samples at 2 weeks. After 8 weeks, bridging was visually achieved in all the samples with the mineral infiltrating any surrounding scaffold still present; no fibrous or cartilage callus tissue was observed. In summary, the majority of samples in the sham and scaffold only groups displayed remnants of the original fragmented cortical bone with visible fracture surfaces and lacked complete bridging, whereas the GFP+ and BMP-2+ groups displayed continuous cortical surfaces such that the fracture line was no longer visible in most samples.
[image: Figure 5]FIGURE 5 | Representative picrosirius red/alcian blue staining of the nonunion site of all groups at 2 and 8 weeks postimplantation. Both the scaffold only and sham groups displayed early woven bone and fibrous tissue, followed by additional bridging and bone formation between 2 and 8 weeks. At 8 weeks, the callus had some pockets of woven bone at a still visible fracture site (open arrowheads). While the GFP+ group had some cartilage, it was minimal and resulted in bridging in all animals by 8 weeks. At 2 weeks, 6 of the 7 BMP-2+ groups displayed the cartilage both surrounding the nonunion site and within the surrounding scaffold. After 8 weeks, bridging was visually achieved in all BMP-2 samples with mineral infiltration into the surrounding scaffolds. Cortical bridging was denoted by filled arrowheads. Scale bars denote 1 mm. Cg, cartilage; Ct.B, cortical bone; Fb.T, fibrous tissue/other; Ma, marrow; Mu, muscle; Wo.B, woven bone.
The sections were also stained for endomucin to identify the presence of vasculature, HSV-tk to localize the tk + cells, and GFP to discern the role of GFP+ cells in both the endogenous callus at the non-union site, as well as within the scaffold (Figure 6, Supplementary Figures S1, S2). Overall, all the groups possessed a large number of vessels directly at the fracture site and closely associated with the woven bone formation at 2 weeks (Figure 6A). After 8 weeks, the vasculature at this site was greatly reduced with little to no endomucin staining in all the groups. When the surrounding scaffolds were examined (Figure 6B), the vessels were visible both within the scaffold matrix and accompanying the new bone formation at 2 and 8 weeks in all the groups treated with a scaffold ± cells. The new bone was typically formed on the edges of the scaffold, both proximal and distal to the fracture site. With respect to the HSV-tk staining, the positively stained osteoblasts and osteocytes were detected within the bone tissue in some samples from every group at both 2 and 8 weeks (Supplementary Figure S1). After 8 weeks, all the BMP-2+ scaffolds also possessed HSV-tk + cells (red arrows) localized to the new bone formed within the scaffold, indicating the invasion of host cells. Finally, GFP+ staining was found within the scaffold around the fracture site at 2 weeks in all the samples treated with scaffolds seeded with GFP+ cells (Supplementary Figure S2). However, after 8 weeks, there was no GFP+ staining in 5 of the 7 samples, with very little staining in the remaining 2 samples, demonstrating that the GFP+ cells were no longer present at 8 weeks in the majority of samples.
[image: Figure 6]FIGURE 6 | Representative endomucin (brown) staining of the vasculature within the non-union and scaffold sites of all the groups at 2 and 8 weeks postimplantation. (A) 10x images of the woven bone at 2 weeks show extensive vessel staining in all the groups (red arrows). Comparatively, at 8 weeks, vessel staining was greatly reduced in all groups. (B) Endomucin staining within the scaffold showed vasculature associated with new bone formation at both the timepoints in all groups treated with a scaffold ± cells. Scale bars denote 100 μm.
DISCUSSION
We hypothesized that a bioactive cryogel-mediated, doxycycline-inducible lentiviral gene delivery system of BMP-2 would induce osteogenesis at the atrophic non-union defect site. This approach was based on the previous studies which demonstrated that scaffold-mediated gene delivery can induce the sustained transgene expression and protein synthesis by MSCs (Brunger et al., 2014; Glass et al., 2014; Moutos et al., 2016; Huynh et al., 2018; Rowland et al., 2018). Overall, the in vitro data demonstrated the feasibility of the cryogel-mediated lentiviral delivery of BMP-2 with adhesion and infiltration of cells, as well as the sustained BMP-2 production over 28 days. In vivo, following implantation at 4 weeks, 50% or less of the animals treated with either scaffold only or the sham control had a complete radiographic bridging at 12 weeks. This blunted healing response was consistent with our previous study that established the Col1-tk atrophic non-union model (Hixon et al., 2021). Comparatively, the radiograph analysis showed that the scaffolds seeded with GFP + cells and the scaffolds seeded with cells producing BMP-2 were the only groups that reached complete bridging in all the animals by the end of 12 weeks. Mineralization was also noted radiographically throughout the implanted scaffold surrounding the fracture site in all the animals treated with the BMP-2+ cells. Histologically, it was observed that the GFP+ and BMP-2+ scaffolds both had woven bone formation as early as 2 weeks after the implantation, with BMP-2+ scaffolds displaying both cartilage and woven bone directly at the non-union site, as well as infiltrated into the surrounding scaffold. At 8 weeks after the GFP+ and BMP-2+ scaffold implantation, the woven bone was noted within the scaffold and the non-union site had undergone complete bridging as noted by the continuous cortical bone. Furthermore, the overall addition of a scaffold ± cells resulted in blood vessel formation, as well as HSV-tk + cells in the BMP-2 samples, localized to new bone within the scaffold matrix at 8 weeks. Importantly, in the GFP+ cell group, while the GFP+ cells were noted histologically at 2 weeks, the majority of samples had no GFP+ cells within the scaffold or around the fracture site at 8 weeks. This observation indicates that the native cells were responsible for bone formation seen at 8 weeks, and we infer that the native cells that were not targeted during the 2 weeks of GCV dosing were activated by the implantation of the cellularized scaffolds. Overall, the cell-seeded cryogels resulted in osseous healing and while the addition of BMP-2 promoted endochondral ossification, this appeared to delay healing contrary to our initial hypothesis. It is possible that the promotion of endochondral ossification may produce a better functional result in the long term as it mimics normal fracture healing. However, this should be further investigated with future biomechanical testing. Our findings support further investigation and development of a cell-seeded tissue engineering cryogel (±BMP-2) to target specific timepoints in the clinical non-union healing process.
Endochondral ossification plays a critical role in fracture repairing and remodeling. This process occurs between the two fractured ends where the cartilage contributes to a soft callus to initially stabilize the fracture site. In combination with intramembranous ossification and the formation of a hard callus, full bridging occurs with the continuous cortical bone (Marsell and Einhorn, 2011). BMP-2 has been previously shown to induce chondrogenic differentiation, osteogenic differentiation, and endochondral ossification within the same system (Zhou et al., 2016). Thus, the expression of BMP-2 not only encouraged bone formation within the implanted scaffolds surrounding the fracture site, but also appeared to promote endochondral ossification and bridging at the fracture site. Notably, cellularized scaffolds without the BMP-2 transfection also appeared to improve healing at the fracture site, and thus we are not able to fully attribute the improved healing to the effects of local BMP-2 production based on this initial study. Future work should examine shorter timepoints to identify the windows of healing as guided by the addition of the scaffold-mediated lentiviral delivery of BMP-2. This would allow for targeted healing within an atrophic non-union. Additionally, the scaffold-mediated lentiviral transduction technique could be applied to an acellular scaffold to deliver BMP-2 to the non-union site, encouraging a similar endochondral ossification response without using implanted cells.
The use of the Col1-tk mouse as a model of atrophic non-union, as well as our scaffold fabrication and implantation techniques, has several limitations. Our previous study has demonstrated that 2 weeks of GCV dosing in Col1-tk mice blunted callus formation and led to a functional non-union at 12 weeks (Hixon et al., 2021). We also observed that via radiography, in vivo micro-CT, and histology that the fracture healing response did not change after the first 4 weeks in Col1-tk mice, that is, once the non-union was established, it did not recover on its own. Thus, we selected the 4-weeks timepoint for the intervention in the current study. Unexpectedly, we noted that in some sham and scaffold only samples, there was radiographic and histological evidence of cortical bridging. It is possible that the surgical intervention increased blood flow at the injury site or otherwise created an environment that reactivated periosteal cells that were dormant. In addition, the previous work has demonstrated that muscle-derived stem cells can differentiate into the cartilage and bone and directly participate in fracture healing (Liu et al., 2010; Shah et al., 2013). A short period of GCV dosing following the scaffold implantation surgery may block the healing due solely to surgical intervention, providing a more challenging environment to test the interventions. Regarding the cryogel scaffolds, these were designed for the ease of handling and cell seeding in vitro, as well as for the feasibility of surgical implantation. Yet, the thickness of the scaffolds was large relative to the femur dimensions, and they showed some tendency to “unwrap” after the implantation. This resulted in a diffuse region of mineralization in the BMP-2+ scaffold group. Additionally, the thick scaffold layer may have hindered the cellular and vascular infiltration of the scaffold, as well as integration of the scaffold bone with the native callus at the bone surface. Despite this, 5 of the 7 BMP-2 group had mineralized scaffold directly integrated with the fully bridged cortical bone. In the remaining 2 samples, the mineralized scaffold rested against the bridged fracture site. However, the cortical bone was continuous with no apparent fracture sites, demonstrating the overall contribution to healing by the BMP-2+ scaffolds as compared to scaffold only. Future studies will further optimize the scaffold size and overall placement to minimize disruption and physical scaffold movement following implantation. Finally, this study served as a proof-of-concept, and overall, BMP-2 delivery was not controlled or localized appropriately. Future work should reconfigure the release to be more localized to the fracture site and target the BMP-2-induced endochondral ossification, which could be advantageous to bone healing. In addition to this, it was demonstrated that the dox-inducible BMP-2 expression can promote endochondral ossification in the cryogel itself which could be optimized spatially and temporally.
The current clinical practice of non-union often involves surgical intervention and the use of autologous bone graft. While the autologous graft is effective in promoting healing, it requires a second-site surgery and has other limitations/contraindications including potential infection, donor site morbidity, and limited availability (Roberts and Rosenbaum, 2012; Sohn and Oh, 2019). Therefore, we selected a tissue engineering approach that does not use the autologous bone graft, but does require a surgical intervention, as a first step toward an alternative to current practices. Of interest was the finding that the cell-seeded scaffolds may enhance the healing in atrophic non-unions. Notably, the sham group histologically closely mirrored the delayed bone bridging and blunted callus formation as previously shown in our Col1-tk mouse model of atrophic non-union where no intervention had been employed (Hixon et al., 2021). In contrast, both the GFP+ and BMP-2+ cellularized cryogel scaffolds resulted in the radiographic bridging at the site of the non-union. The GFP+ scaffolds appeared to result in faster healing than the BMP-2+ scaffolds. This could be attributed to the initial high cartilage response in the BMP-2+ scaffolds, which may have delayed the overall healing of the non-union. One of the major downfalls in treating complex bone defects is a lack of structure and stability to guide healing. To combat this, tissue engineering scaffolds provide a unique template that can be tailored to target an appropriate structure. Combining the tunable delivery of a biological agent with a scaffold may further enhance healing in complex atrophic non-unions. In this study, the addition of cells in combination with the cryogel scaffolds resulted in cortical bridging, suggesting that cryogels seeded with the ADSCs (with or without the addition of BMP-2) is a promising experimental approach to promote the rescue of the non-union. Future work should include mechanical testing to directly compare BMP-2+ and GFP+ cellularized scaffolds to define the functionality of this rescue technique. Additionally, as this is a tunable/inducible system, the BMP-2 delivery window should be further explored to identify if it is advantageous to include BMP-2 or if solely providing the cells is sufficient to induce regeneration.
In conclusion, we demonstrated that a cryogel scaffold seeded with cells enhances fracture healing at a non-union site as radiographic and histological bridging was achieved in all animals treated with cell-seeded scaffolds (±BMP-2). Furthermore, the addition of BMP-2 resulted in cartilage formation at early timepoints, stimulating the process of endochondral ossification, but slightly delayed overall healing. Overall, the cryogel scaffolds provided a supportive, porous matrix for bone ingrowth and new tissue formation. This research is significant as it utilizes a clinically relevant model of atrophic non-union to evaluate a novel rescue technique to induce bone formation and promote healing at the non-union site. These promising initial findings support the continued refinement and the study of cellularized cryogels for treating the non-healing fractures.
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Improving the ability of human chondrocytes to proliferate, while maintaining their differentiation potential, has presented a great challenge in cartilage tissue engineering. In this study, human chondrocytes were cultured under four unique growth conditions at physiologic oxygen tension: tissue culture plastic (TCP) only, synoviocyte matrix (SCM)–coated flasks only, SCM-coated flasks with bFGF media supplement, and TCP with bFGF media supplement. The results indicated that, compared to standard TCP, all test conditions showed significantly increased cell expansion rates and an increase in both glycosaminoglycan (GAG) and collagen content during redifferentiation culture. Specifically, the combined SCM + bFGF growth condition showed an additive effect, with an increase of approximately 36% more cells per passage (5–7 days) when compared to the SCM alone. In conclusion, the results of this study demonstrate that bFGF and SCM can be used as supplements to enhance the growth of human chondrocytes both as individual enhancers and as a combined additive.
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INTRODUCTION
Osteoarthritis (OA) is characterized as a chronic degenerative joint disease that increases in prevalence with age, afflicting the majority of patients over age 65 as displayed by radiographic evidence (Oliveria et al., 1995). Treatment modalities are aimed first at addressing symptoms through nonpharmacologic methods such as weight management, braces and then pharmacologically through pain relievers such as nonsteroidal anti-inflammatory drugs and steroid injections (Bennell et al., 2012). If both non-pharmacologic and pharmacologic methods fail, joint replacement surgery can be performed, a technique for which OA is the leading indication (Robertsson et al., 2010). A randomized controlled trial performed by Skou et al. (2015) has shown that total knee replacement followed by nonsurgical treatment proved to be more effective at reducing pain and improving function at a 12-month follow-up than nonsurgical treatment alone. However, it was also noted in the same trial that patients who were assigned total knee replacement reported a higher number of serious adverse events. It, therefore, becomes imperative to find a treatment that is just as effective as total joint replacement but reduces the risk of adverse events and overcomes the procedure’s limited lifetime of 15–20 years. This limited lifetime is especially concerning for patients aged <65 years as there is a distinct possibility that their total joint replacement could fail and require further invasive procedures before they die.
One such avenue of treatment is to use human articular chondrocytes (HACs) to repair the tissue in the diseased joint. Autologous chondrocyte implantation (ACI) and matrix-assisted autologous chondrocyte implantation (MACI) are both generally accepted techniques that have shown promise in the treatment of symptomatic chondral defects of the knee (Bartlett et al., 2005). However, human chondrocytes used in these techniques are known to de-differentiate quickly, losing their ability to form the hyaline-like cartilage tissue necessary to help treat large OA lesions (Giovannini et al., 2010). This leads to a decrease in hyaline cartilage production with time, implying that, while ACI and MACI are commonly used to delay total joint replacement, these methods may not be able to completely obviate the eventual need for total joint replacement.
Maintaining cell potency, therefore, becomes a vital goal for the purposes of tissue engineering. A synoviocyte-derived extracellular matrix has previously been shown to create an environment ideal for the proliferation of human chondrocytes without the loss of the re-differentiation potential (Kean and Dennis, 2015). Similarly, media supplemented with bFGF have been shown to cause both human mesenchymal stem cells and rabbit chondrocytes isolated from both auricular and articular sources to proliferate more rapidly than when exposed to control conditions (Solchaga et al., 2005; Mounts et al., 2012). Sieber et al. (2020) noted that, because of its avascular nature, the articular cartilage is supplied oxygen via diffusion from the surrounding synovial fluid, leading to oxygen tension of the tissue varying from 2–9%. Multiple groups have also previously shown that oxygen tension in the articular cartilage ranges from 2–5% (Grant and Smith, 1963; Lund-Olesen, 1970; Brighton and Heppenstall, 1971; Pattappa et al., 2019). Zhou et al. (2004) have also previously demonstrated via a modeling approach that the rate of oxygen consumption in the articular cartilage fell in an oxygen tension–dependent manner once the tissue oxygen tension fell below 5%. The use of oxygen tension at 5% has been shown by multiple groups, including our own, to be beneficial for chondrocyte culture (Lafont et al., 2008; Das et al., 2010; Kean and Dennis, 2015; Anderson et al., 2018; Dennis et al., 2020). Oxygen tension of 5% was, therefore, chosen because of this decreased level within the range of oxygen tensions reported as physiological.
This study examines the potential of promoting HAC growth under physiological environmental conditions (5% oxygen tension) with varying combinations of bFGF and the synoviocyte matrix (SCM). It also aims to investigate the possibility of maintaining HAC differentiation potential while undergoing growth under such conditions. The results of this study will indicate if a growth environment enhanced with the SCM and bFGF will lead to increased human chondrocyte proliferation while maintaining differentiation potential. Success in such a growth environment demonstrates the potential for the use of the SCM + bFGF in engineering cartilage lesion treatment modalities, addressing the fibrocartilage seen in ACI and MACI techniques.
MATERIALS AND METHODS
Ethics Statement
Human chondrocytes were obtained from total joint replacement surgery discarded tissue with written informed consent under IRB-approved protocols from Case Western Reserve University and Baylor College of Medicine: IRB # IRB08-00104 and H-36374, respectively.
Human Chondrocyte Isolation
The discarded surgical tissue of patients who had undergone total knee replacement was collected (n = 5). Macroscopically normal cartilage tissue was dissected from the joint under sterile conditions and minced into pieces measuring <1 mm3. These pieces were then sequentially digested, first with hyaluronidase (30 min, 660 U/ml in DMEM; Sigma) and then with collagenase (overnight; 583 U/ml in DMEM with 10% FBS; Worthington Biochemical). This resulted in a cell slurry which was washed through a 70-μm filter with DMEM, centrifuged (600 RCF, 5 min) and plated (6000 cells/cm2) into tissue culture flasks in growth media (DMEM supplemented with 10% FBS 1% pen/strep) from which the primary cell culture (p0) cell stocks were produced. Once the tissue culture flasks reached 90% confluence, they were trypsinized and cryogenically stored (95% FBS, 5% DMSO).
Synoviocyte Matrix Production
Synoviocyte matrix–coated flasks were prepared as previously described (Kean and Dennis, 2015). Briefly, porcine synoviocytes were thawed from frozen stocks and cultured in a growth medium (DMEM-LG supplemented with 10% fetal bovine serum (FBS) and 1% penicillin/streptomycin) until 80%–90% confluent. The growth medium was then switched to DMEM-LG with FBS and ascorbate-2-phosphate (50 µM) for 5–7 days. Ascorbate-2-phosphate was included to increase ECM production, as previously carried out by Pei and He (2012), although it is understood that this can impact other aspects of the cell culture. After this period, the flask was washed with PBS and then frozen in a dry ice 100% ethanol bath. Dry ice–cooled ethanol was then used to devitalize the cell layer by pipetting into the flask; after 1 min, ethanol was removed and the flask was inverted to dry. The synoviocyte matrix was then stored at 4°C until ready for use in HAC growth.
Chondrocyte Expansion and Aggregate Production
Chondrocytes were thawed from frozen stocks and seeded (6000 cells/cm2) into four separate flasks with unique growth conditions: 1) tissue culture plastic (TCP) only, 2) SCM-coated flasks only, 3) SCM-coated flasks with bFGF (10 ng/ml) media supplement, and 4) TCP with bFGF (10 ng/ml) media supplement (Figure 1). The bFGF concentration was chosen based on a previous study (Solchaga et al., 2005). All samples were cultured at a physiologic oxygen tension of 5% and in a growth medium of DMEM-LG with 10% FBS and 1% penicillin/streptomycin. Once the cell population in the fastest growth environment reached 85–99% confluence, all flasks were trypsinized and passaged (0.25% trypsin/EDTA; Gibco). The cells were counted with a hemocytometer, and population doublings were calculated using the formula PD = [log10 (harvested cell count)—log10 (seeded cell count)] x 3.32, and sequential passages were summed to give cumulative population doublings (Kean and Dennis, 2015). Cartilage aggregates were formed in addition to passaging a subset of these cells into new flasks of the same type (6000 cells/cm2). This process was repeated three more times for a total of four passages (Figure 1). Cartilage aggregates were formed as previously described (Kean and Dennis, 2015). Briefly, 200,000 cells per well in sterile nonadherent 96-well plates were condensed into aggregates by centrifugation (600 RCF, 5 min). Cell aggregates were cultured in defined chondrogenic media (DMEM-HG (Hyclone) supplemented with 1% ITS + premix (BD Biosciences), 1 % glutamax (Gibco), 1% pyruvate (Gibco), 1% nonessential amino acids (Gibco), 1% penicillin/streptomycin (Gibco), 0.5% fungizone (Gibco), dexamethasone (100 nM, Sigma), ascorbate-2-phosphate (130 μM, Wako Chemicals), and TGFβ1 (10 ng/ml) for 21 days with the medium changed every other day.
[image: Figure 1]FIGURE 1 | Experimental overview. Human chondrocytes from five donors (each color represents a donor) were expanded for four passages on tissue culture plastic (TCP), synoviocyte-derived extracellular matrix (SCM), on synoviocyte matrix with bFGF (SCM + bFGF), or on tissue culture plastic with bFGF (bFGF). At the end of each expansion period, the chondrocytes were trypsinized and seeded as aggregates and passaged to a new flask of the same type.
Biochemical Assays
At the end of the 21-day culture period, cartilage aggregates were assessed for wet weight, DNA, and glycosaminoglycan and hydroxyproline content as previously described (Dennis et al., 2020). Briefly, the aggregates were digested with papain, and then the digests were split between DNA/glycosaminoglycan (GAG) assay and hydroxyproline (HDP) assays. DNA was determined from the digest using Hoechst solution (0.667 μg/ml in 0.2 M pH 8.0 phosphate buffer; 33258; Sigma Aldrich). GAG was determined using a dot blot assay and binding/extraction of safranin-O. HDP was determined from the acid-hydrolyzed digest using Ehrlich’s reagent. The collagen content was estimated from the HDP concentration by a conversion factor of 7.6 (Venn and Maroudas, 1977).
Histology
Aggregates were formalin-fixed overnight and then transferred to 70% ethanol, dehydrated through graded ethanol and xylene to paraffin, and then paraffin-embedded. The paraffin sections (8 µm) were deparaffinized and hydrated before staining with safranin-O (Sigma Aldrich) for GAG with a Fast Green (AA16520-06, Alfa Aesar) counterstain.
Immunohistochemistry: Paraffin sections were deparaffinized and hydrated and then incubated with pronase (1 mg/ml, 10 min, room temp, Sigma). The sections were rinsed in PBS and then blocked with BSA (3%, 15 min, RT, BSA Fraction V, Omnipur). The sections were incubated overnight at 4°C with primary antibodies: type I collagen (Clone II-4CII, MP Biomedical 631703), type II collagen (DSHB II-II6B3), and type X collagen (kind gift of Gary Gibson, Henry Ford Hospital, Detroit, MI). After overnight incubation, the sections were rinsed with PBS, blocked with 3% BSA (15 min, RT), and then incubated with a secondary antibody (1 h, RT, biotinylated horse anti-mouse; Vector labs; BA2000). The slides were then rinsed with PBS and incubated with streptavidin-HRP (30 min, RT, Invitrogen SNN1004). Then, the slides were rinsed with PBS and incubated with Vector VIP Peroxidase (10 min, RT, Vector labs) before counterstaining in Fast Green and xylene mounting.
Statistics
Each donor was expanded and multiple aggregates were formed at the end of each passage (3–8 aggregates per donor/passage). The mean value for each donor is represented by a colored symbol in figures, with the overall mean from all donors and standard deviation shown. Two-way repeated measures ANOVA was performed with matching across the passage and surface type (GraphPad Prism). Post-hoc analysis of ANOVA was corrected for multiple comparisons using Tukey’s method (GraphPad Prism).
RESULTS
Human articular chondrocytes from five donors were grown in each of the four culture conditions described: TCP, SCM, SCM + FGF, and FGF (Figure 1). To determine how proliferation was impacted by these culture conditions, the expansion rate was measured over four passages. The cells expanded significantly quicker in all test conditions across all four passages versus the TCP control (Figure 2). SCM + bFGF stimulated proliferation the most in all passages, surpassing that by both SCM and bFGF alone. The addition of FGF or SCM alone significantly increased the expansion rate vs. TCP at all four passages.
[image: Figure 2]FIGURE 2 | Expansion of human chondrocytes. Human chondrocytes from five donors (each color represents a donor) for four passages on tissue culture plastic (TCP), synoviocyte-derived extracellular matrix (SCM), on synoviocyte matrix with bFGF (SCM + bFGF), or on tissue culture plastic with bFGF (FGF). p < 0.05 are shown, two-way ANOVA.
The cell aggregates were formed after passaging cells from each condition independently. These aggregates were tested for wet weight (Figure 3), collagen content (Figure 4), and GAG content (Figure 5). Additional replicates were also used for histological assessment (Figure 6 and Supplementary Figures S2–S13). The aggregate wet weight was similar across all conditions but showed some donor dependence with one donor being consistently higher than the mean +S.D. (Figure 3). The aggregate wet weight negatively correlated with the passage, with a trend showing decreasing wet weight (Figure 3 and Supplementary Figure S1).
[image: Figure 3]FIGURE 3 | Human cartilage aggregate wet weight. Cartilage aggregates from five donors (average aggregate weight, ≥three aggregates per donor, each color represents a donor) for four passages on tissue culture plastic (TCP), synoviocyte-derived extracellular matrix (SCM), on synoviocyte matrix with bFGF (SCM + bFGF), or on tissue culture plastic with bFGF (bFGF). p < 0.05 are shown, two-way ANOVA (no significant differences found).
[image: Figure 4]FIGURE 4 | Collagen content of human cartilage aggregates. Cartilage aggregates from five donors (average aggregate collagen content per mg wet weight, ≥two aggregates per donor, each color represents a donor) for four passages on tissue culture plastic (TCP), synoviocyte-derived extracellular matrix (SCM), on synoviocyte matrix with bFGF (SCM + bFGF), or on tissue culture plastic with bFGF (bFGF). p < 0.05 are shown, two-way ANOVA.
[image: Figure 5]FIGURE 5 | Glycosaminoglycan (GAG) content of human cartilage aggregates. Cartilage aggregates from five donors (average aggregate GAG content per mg wet weight, ≥two aggregates per donor, each color represents a donor) for four passages on tissue culture plastic (TCP), synoviocyte-derived extracellular matrix (SCM), on synoviocyte matrix with bFGF (SCM + bFGF), or on tissue culture plastic with bFGF (bFGF). p < 0.05 are shown, two-way ANOVA.
[image: Figure 6]FIGURE 6 | DNA content of aggregates. DNA was extracted from cartilage aggregates and normalized to wet weight (five donors, ≥2 aggregates per donor, each color represents a donor) at each of four passages on tissue culture plastic (TCP), synoviocyte-derived extracellular matrix (SCM), on synoviocyte matrix with bFGF (SCM + bFGF), or on tissue culture plastic with bFGF (bFGF). p < 0.05 are shown, two-way ANOVA.
To determine if the growth conditions tested impacted the collagen content of the cell aggregates, the hydroxyproline concentration was measured and used to estimate the collagen content. In passage 1, SCM + bFGF and bFGF alone had the highest levels of collagen (Figure 4). However, in the subsequent passages, the SCM and SCM + bFGF groups are the highest. SCM + bFGF has significantly higher collagen content only in passages 3 and 4 than all other groups (Figure 4). TCP alone has significantly lower collagen content in all passages except in passage 3 where no significant difference was observed other than that of bFGF (Figure 4). Overall, the collagen content tended to increase in all groups as the passage number increases.
The other critical component of the cartilage, GAG, was also quantified from cell aggregates formed at each passage. Overall, the GAG concentration increased in all groups in passages 1 through 3, with a slight decrease in passage 4 by all groups except SCM + bFGF, which remained consistent (Figure 5). TCP alone had significantly lower GAG content than all other groups in all four passages (Figure 5). In passage 1, SCM + bFGF and bFGF have a similar level of GAG, but in passage 2, FGF has a slight increase. However, in passages 3 and 4, SCM + bFGF has the highest level of GAG expression.
To assess aggregate cellularity, DNA content per milligram wet weight of aggregates was also assessed (Figure 6). In general, the DNA content increased with the passage across all conditions, signifying decreased production of the extracellular matrix per cell. There was a significant effect of the passage as a source of variability (p = 0.0007) and an interaction between the culture conditions and passages (p = 0.0002), but there was no significant effect of the culture condition on the aggregate DNA content (two-way ANOVA).
Cell aggregates were also used for the histological assessment of GAG by safranin-O/Fast Green staining. The same trends observed in the quantification of GAG content are seen in the histology staining. TCP alone has lighter staining at three of the four passages (Figure 7). The SCM alone has the darkest staining at passage 3 but is darker overall than TCP. SCM + bFGF has slightly darker staining at passage 3 versus other passages (Figure 7). The SCM, SCM + bFGF, and bFGF show slightly darker staining in passage 1 than TCP. While both the SCM and SCM + bFGF seem to have darker staining as the passages increase, TCP and bFGF seem to have lighter staining (Figure 7). There were apparent differences between donors, with donor 5 exhibiting much less GAG staining (Supplementary Figure S4). Across donors and conditions, the lag in GAG expression at P1 is most evident in TCP-derived chondrocytes but is present in all conditions (Figure 7 and Supplementary Figures S2–S4). The differences between donor, passage, and condition are less evident with donors 1–3 on the SCM, SCM + bFGF, and bFGF, respectively, with all three donors having GAG staining at passage 4 under those conditions (Figure 7 and Supplementary Figures S2–S4).
[image: Figure 7]FIGURE 7 | Cartilage aggregate images showing glycosaminoglycan (GAG) staining. Sections of cartilage aggregates from a single donor over the four passages on each surface are shown here stained with safranin-O/Fast Green. All at the same scale, scale bar 1 mm. See Supplementary Figures S2–S4 for other donors.
To further investigate the extracellular matrix deposited by the chondrocytes during aggregate culture, immunohistochemistry was performed. Staining was observed for type II collagen across all conditions at all passages (Figure 8). Slightly weaker staining at passage 4 is evident in aggregates made from cells cultured with bFGF. Across the donors, donor 5 again shows relatively weak staining in all conditions (Supplementary Figure S7). The SCM and SCM + bFGF appear to have the most intense staining across all passages and donors (Figure 8 and Supplementary Figures S5–S7). A similar donor- and passage-dependent extracellular matrix expression as was seen in the GAG images is evident (Figure 8 and Supplementary Figures S5–S7).
[image: Figure 8]FIGURE 8 | Cartilage aggregate images showing type II collagen staining. Sections of cartilage aggregates from a single donor over the four passages in each condition are shown here stained for type II collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S5–S7 for other donors.
Fibrous tissue formation, assessed by type I collagen staining, was also performed (Figure 9). Again, in all conditions tested, there was significant deposition of type I collagen. This was relatively stronger in the TCP group versus the other conditions. When looking across donors, there was a significant lack of staining in donor 5 (Supplementary Figure S10). In general, there was a trend to more intense staining as passages increased across all donors (Figure 9 and Supplementary Figures S8–S10).
[image: Figure 9]FIGURE 9 | Cartilage aggregate images showing type I collagen staining. Sections of cartilage aggregates from a single donor over the four passages in each condition are shown here stained for type I collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S8–S10 for other donors.
Hypertrophic tissue formation, indicated by type X collagen, was also assessed (Figure 10). Type X collagen staining was more pronounced in TCP at P1 than in the other three conditions. The SCM had the least intense staining across all four passages. SCM + bFGF and bFGF had relatively strong staining at passage 2, with bFGF also having relatively strong staining at passage 3 (Figure 10). Staining in Donor 5 was quite weak overall with some stronger staining in TCP at P3 and P4; SCM at P1, P2, and P3; and FGF at P1 (Supplementary Figure S13). Across all donors, a general pattern of more intense staining in TCP was evident (Figure 10 and Supplementary Figures S11–S13).
[image: Figure 10]FIGURE 10 | Cartilage aggregate images showing type X collagen staining. Sections of cartilage aggregates from a single donor over the four passages in each condition are shown here stained for type X collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S11–S13 for other donors.
DISCUSSION
In the field of human tissue engineering, bFGF has already been shown to lead to the expansion of human neural stem cells and has demonstrated an important role in the regulation of stem cell proliferation (Flax et al., 1998; Amit et al., 2000; Zhang et al., 2001). A previous study examined the effects of bFGF on the proliferation and phenotypic differentiation of human neural stem cells, both alone and in combination with the epidermal growth factor (EGF) and leukemia inhibitory factor (LIF), with results indicating that while bFGF did lead to increased cell proliferation, the combination of bFGF, EGF, and LIF led to a more efficient proliferation of human neural stem cells than any other growth environment (Tarasenko et al., 2004). bFGF has also been shown to lead to increased proliferation of human corneal cells, leading to accelerated wound healing. In particular, when added to the platelet-derived growth factor BB-isoform (PDGF-BB), the combination leads to faster wound closure than with bFGF or PDGF-BB individually (Gallego-Muñoz et al., 2017). Based on the aforementioned studies, bFGF in combination with other substances that promote tissue growth leads to an additive effect of cellular expansion than if bFGF was added alone to the growth environment, a notion that was reinforced by the findings of this study.
This study showed a significant improvement in human chondrocyte expansion and an increase in both GAG and collagen content in cartilage aggregates with all three test conditions compared with standard TC plates. The results show a significantly increased cell expansion rate between all three test conditions (SCM, SCM + bFGF, bFGF) and the control (TCP) (p < 0.0001), sustained throughout the four passages. This is consistent with our previous work that has shown enhanced growth of chondrocytes with the use of SCM compared to TCP (Kean et al., 2019; Dennis et al., 2020). In addition, chondrocytes cultured in SCM + bFGF showed a significantly higher expansion rate than in bFGF alone in all four passages, indicating that there is some additional benefit to including both components. The combination of SCM + bFGF resulted in approximately 36% more cells per passage (5–7 days) than in SCM alone. The SCM contains both the growth factors and provides an almost 3D surface for growth. The increased surface area along with additional growth factors could further stimulate proliferation more than that achieved with either SCM or bFGF alone. With the GAG and collagen content serving as positive correlative markers for cartilage production, these results imply an improved ability of chondrocytes to retain their differentiation potential, addressing a major obstacle in prior studies.
Another challenge encountered in tissue-engineered cartilage is that it is typically found to be deficient in type II collagen specifically, which provides tensile strength to the cartilage tissue and resistance against compression (Phull et al., 2016; Whitney et al., 2018). In our study, it was found that the growth environment containing SCM + bFGF had significantly greater collagen content in passages 3 and 4 than in all other conditions. This increase in collagen content was indicated in the hydroxyproline assay, which shows the amount of total collagen in the matrix. It is, therefore, possible that we could be observing an increase in the fibrous collagen content, specifically type I collagen, and a decrease in type II collagen. This was not evident in the immunohistochemistry data which had only minor correlations with the increased staining and passage. This increase in types I and X collagen and a decrease in type II were most apparent in the TCP group. In a previous work, it was observed that the type I collagen in our tissue-engineered cartilage reduced with increased culture time to 2 months, something we did not investigate here (Dennis et al., 2020).
It should also be noted that the GAG concentration increased over passages 1 to 3 in all conditions, which is contrary to most present literature (Schmal et al., 2007). For this phenomenon, we have three possible explanations: improved isolation of the chondrocyte tissue, improved cryopreservation and recovery of the tissue, and culturing in physiologic oxygen tension from day 0. In this study, we collected and incubated the tissue at room temperature in defined chondrogenic media, rather than in PBS on ice (Cook et al., 2014). In addition, we chose to sequentially digest the tissue first in hyaluronidase and then collagenase rather than hyaluronidase, trypsin, and collagenase as we had found trypsin/EDTA to have negative effects on the cell yield (data not shown). We also found that we could preserve the cells just as well, if not better, in 5% DMSO versus 10% (data not shown). Finally, as was shown in several previous studies, culturing the cells and tissues in physiologic oxygen tension led to increased extracellular matrix deposition and increased mechanical properties of the tissue-engineered cartilage. The cells and tissues were, therefore, cultured in physioxia from day 0 of the study which could have greatly contributed to an advantageous environment for chondrocyte cell growth. This seems to be particular to the articular cartilage as we found a negative effect of 5% oxygen in auricular chondrocytes (Kean et al., 2016; Dennis et al., 2018). All of the aforementioned minor modifications have previously been shown to be potentially advantageous for chondrocyte culture growth, and considering the results of this study, they certainly seem to be of benefit.
As previously mentioned, preserving the ability of the chondrocytes to differentiate is one of the greatest challenges of cartilage tissue engineering. Treatment of OA lesions has proven to be challenging, considering that ACI and MACI have both been developed as excellent treatment strategies that do not require total joint replacement surgery but that tissue created from these methods often fails to maintain the differentiation ability of chondrocytes producing fibrous tissue (Giovannini et al., 2010). This loss of differentiation ability leads to an eventual decline in hyaline cartilage production, thus leading to a delay of, rather than the prevention of, total joint replacement surgery. However, this study has shown that sustained chondrocyte growth is, indeed, possible through the use of SCM + bFGF growth media. It, therefore, supports the idea that such an environment is conducive and advantageous for maintaining chondrocyte differentiation ability, marking an important advancement in the field of joint regeneration. Although adding bFGF to the healing process may raise safety concerns, several studies have shown that the addition of growth factors, including bFGF, IFG-I, and TGF-β1, to the treatment of bone fractures enhanced the healing process while having an excellent safety profile (Schmidmaier et al., 2004; Kawaguchi et al., 2007).
Several previous studies have examined the effects of other FGFs, including FGF-18 and a sequence of FGF-2, 9, and 18 on the growth and differentiation of MSCs and chondrocytes. Shimoaka et al. (2002) found that compared with FGF-2, FGF-18 had similar stimulatory action on osteoclast bone resorption and mitogenic activation of osteoblasts and chondrocytes as FGF-2, indicating that FGF-18 could compensate for the roles FGF-2 plays in normal physiology. Future directions of this study could include the use of other FGFs, such as FGF-18, in combination with the SCM to examine if another FGF could potentially outperform bFGF in terms of enhancing chondrocyte proliferation potential. The results of this study can eventually lead to major improvements in the lifespan of ACI and MACI, thus allowing for a decrease in the need for eventual total joint replacement. Larger or even total joint resurfacing via ACI, MACI, or 3D bioprinting could also become distinct possibilities. Other directions of the study include the potential for the creation of a larger cell reservoir to treat multiple cartilage tissue lesions from a single, potentially smaller, biopsy and possible pre-implantation testing for chondrogenicity.
CONCLUSION
Human articular chondrocyte tissues cultured in environments enhanced with bFGF, SCM, and a combination of the two have shown significant improvement in expansion potential when compared to tissue cultured on typical culture plastic alone. In particular, bFGF + SCM was shown to perform the best overall, with 36% more cells per passage than with the SCM alone. An observed increase in the GAG and collagen content in all the growth mediums is also indicative of the improved ability of cultured chondrocytes to maintain their differentiation ability and therefore marks an important step forward in the field of tissue engineering.
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Supplementary Figure S1 | Correlation of the decreased aggregate wet weight with increased population doublings. There was a negative correlation of the aggregate wet weight with increased population doublings (A) TCP, (B) SCM, (C) SCM+bFGF, and (D) bFGF.
Supplementary Figure S2 | Cartilage aggregate images of donor 2 showing glycosaminoglycan (GAG) staining. The sections of cartilage aggregates from donor 2 over the four passages on each surface are shown here stained with safranin-O/Fast Green. All at the same scale, scale bar 1 mm. See Supplementary Figures S2–S4 for other donors.
Supplementary Figure S3 | Cartilage aggregate images of donor 3 showing glycosaminoglycan (GAG) staining. Sections of cartilage aggregates from donor 3 over the four passages on each surface are shown here stained with safranin-O/Fast Green. All at the same scale, scale bar 1 mm. See Supplementary Figures S2–S4 for other donors.
Supplementary Figure S4 | Cartilage aggregate images of donor 5 showing glycosaminoglycan (GAG) staining. Sections of cartilage aggregates from donor 5 over the four passages on each surface are shown here stained with safranin-O/Fast Green. All at the same scale, scale bar 1 mm. See Supplementary Figures S2–S4 for other donors.
Supplementary Figure S5 | Cartilage aggregate images of donor 2 showing type II collagen staining. Sections of cartilage aggregates from donor 2 over the four passages in each condition are shown here stained for type II collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S5–S7 for other donors.
Supplementary Figure S6 | Cartilage aggregate images of donor 3 showing type II collagen staining. Sections of cartilage aggregates from donor 3 over the four passages in each condition are shown here stained for type II collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S5–S7 for other donors.
Supplementary Figure S7 | Cartilage aggregate images of donor 5 showing type II collagen staining. Sections of cartilage aggregates from donor 5 over the four passages in each condition are shown here stained for type II collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S5–S7 for other donors.
Supplementary Figure S8 | Cartilage aggregate images of donor 2 showing type I collagen staining. Sections of cartilage aggregates from donor 2 over the four passages in each condition are shown here stained for type I collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S8–S10 for other donors.
Supplementary Figure S9 | Cartilage aggregate images of donor 3 showing type I collagen staining. Sections of cartilage aggregates from donor 3 over the four passages in each condition are shown here stained for type I collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S8–S10 for other donors.
Supplementary Figure S10 | Cartilage aggregate images of donor 5 showing type I collagen staining. Sections of cartilage aggregates from donor 5 over the four passages in each condition are shown here stained for type I collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S8–S10 for other donors.
Supplementary Figure S11 | Cartilage aggregate images of donor 2 showing type X collagen staining. Sections of cartilage aggregates from donor 2 over the four passages in each condition are shown here stained for type X collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S11–S13 for other donors.
Supplementary Figure S12 | Cartilage aggregate images of donor 3 showing type X collagen staining. Sections of cartilage aggregates from donor 3 over the four passages in each condition are shown here stained for type X collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S11–S13 for other donors.
Supplementary Figure S13 | Cartilage aggregate images of donor 5 showing type X collagen staining. Sections of cartilage aggregates from donor 5 over the four passages in each condition are shown here stained for type X collagen. All at the same scale, scale bar 1 mm. See Supplementary Figures S11–S13 for other donors.
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Orthopedic fractures have a significant impact on patients in the form of economic loss and functional impairment. Beyond the standard methods of reduction and fixation, one adjunct that has been explored since the late 1970s is electrical stimulation. Despite robust evidence for efficacy in the preclinical arena, human trials have mixed results, and this technology is not widely accepted. The purpose of this review is to examine the body of literature supporting electrical stimulation for the purpose of fracture healing in humans with an emphasis on device specifications and stimulation protocols and delineate a minimum reporting checklist for future studies of this type. We have isolated 12 studies that pertain to the administration of electrical stimulation for the purpose of augmenting fracture healing in humans. Of these, one was a direct current electrical stimulation study. Six studies utilized pulsed electromagnetic field therapy and five used capacitive coupling. When examining these studies, the device specifications were heterogenous and often incomplete in what they reported, which rendered studies unrepeatable. The stimulation protocols also varied greatly study to study. To demonstrate efficacy of electrical stimulation for fractures, the authors recommend isolating a fracture type that is prone to nonunion to maximize the electrical stimulation effect, a homogenous study population so as to not dilute the effect of electrical stimulation, and increasing scientific rigor in the form of pre-registration, blinding, and sham controls. Finally, we introduce the critical components of minimum device specification reporting for repeatability of studies of this type.
Keywords: electrical stimulation, fracture, human, direct current, pulsed electromagnetic field, capacitive coupling
1 INTRODUCTION
Traumatic fractures are estimated to incur $265.4 billion dollars per year of economic loss due to cost of healthcare and time away from work in the United States alone (Yelin et al., 2016). Additionally, delays in fracture healing are associated with increased pain, functional limitations, and a decreased quality of life for patients (Cook et al., 2015). For these reasons, many efforts have been made to augment and expedite the process of fracture healing. These types of adjunct therapies include electrical stimulation (ES) and low-intensity pulsed ultrasound therapy (LIPUS). A recent meta-analysis aggregated 13 randomized controlled trials examining the effect of LIPUS (10) and pulsed electromagnetic field (PEMF) therapy (3) on acute fracture healing (Hannemann et al., 2014a). While there was no significant effect for time to radiographic union overall, subgroup analysis found that these treatments decreased time radiographic union for subgroups of upper extremity fractures (mean difference = −20.23 days, 95% CI −32.68– −7.77, p = 0.001, I2 = 67%) and non-operative fractures (mean difference = −26.65 days, 95% CI = −50.38– −2.91, p = 0.03, I2 = 98%) (Hannemann et al., 2014a). While LIPUS and other adjuncts may show promise in improving outcomes in specific subtypes of acute fractures, there is large body of literature in support of ES for the purpose of bone healing. Electrical stimulation and its relationship to bone formation was first described by Fukada and Yasuda (1957). In their seminal paper, they described the piezoelectric quality of bone—that is, that bone generates endogenous electrical fields when put under mechanical stress. Since then, researchers have attempted to harness exogenous ES to heal a variety of osseous insults in both animals and humans.
There are three modalities of ES currently in use: direct current electrical stimulation (DCES), capacitive coupling (CC), and inductive coupling. Direct current electrical stimulation (DCES) is an invasive method in which the cathode is placed percutaneously directly into the site of osseous injury and electron flow is unidirectional from the anode, which is placed in nearby subcutaneous tissue. Capacitive coupling is most commonly noninvasive and involves electrodes which are placed on the skin on either side of osseous injury. The alternating current generates an electrical field between the electrodes. Inductive coupling, most commonly in the form of PEMF, utilizes two solenoids oriented parallel to the skin surface on opposite sides of the osseous injury. Current is pulsed through the solenoids, and a magnetic field is generated, which induces a perpendicular electrical field.
There is a robust body of evidence in support of ES for fracture non-unions, spinal fusions, and acute fractures in small animal models (Guizzardi et al., 1994; France et al., 2001; Atalay et al., 2015; Liu et al., 2021; Nicksic et al., 2022). There has also been a resurgence in interest in the field of ES for the purpose of bone healing in in vitro studies (Li et al., 2019; Portan et al., 2019; Escobar et al., 2020; Stephan et al., 2020). However, when translating these stimulation protocols and device specifications to large animals and humans, there has been varying levels of success (Paterson et al., 1977a; Paterson et al., 1977b; Miller et al., 1984; Law et al., 1985; Muttini et al., 2014).
The reason there has been mixed success in the translation of ES for bone healing from in vitro and small animal studies to large animal studies and clinical trials is likely multifactorial. One issue likely lies in getting stimulation to the fracture site in larger limbs. For the more popular noninvasive stimulation modalities, computer modeling data demonstrates that changing the thickness of skin, subcutaneous fat, muscle, and cortical bone all have significant effects on the energy transmitted to the fracture site (Lunt, 1985; Plonsey and Barr, 1995). This is supported by the fact that large animal studies using DCES—where stimulation can be administered reliably regardless of scale—are largely more successful in inducing osteogenesis than noninvasive treatments (Nicksic et al., 2022).
A recent meta-analysis of randomized, sham-controlled clinical trials demonstrated that electrical bone growth stimulators (EGBS) are only effective at reducing the 12 months non-union rate in the spinal fusion subgroup (p = 0.002, 95% CI = 0.45–0.84), and the effect for acute fractures, non-union, delayed union, and osteotomy subgroups was not significant (Aleem et al., 2016). One indication for the use of ES is the treatment of acute (fresh) fractures—fractures expected to heal within the normal time course for the injury once promptly and adequately reduced and fixated—which are the most common osseous injury (Yelin et al., 2016). Returning to the literature to examine the methodologies of human studies for acute fractures may shed light on why ES is not a widely accepted therapy.
Given the abundance of evidence in preclinical studies and mixed results from clinical trials, this review aims to 1) summarize the data of key studies for the treatment of acute fractures with ES stratified by ES modality, 2) examine the methodologies of these studies with attention to ES device specifications and stimulation protocols, and 3) draw conclusions about what is necessary to conduct a future study of this type so that the methodology may be applied to other fracture types. To do this, we queried the MEDLINE database for relevant search terms including combinations of “electrical stimulation,” “bone healing,” “fracture,” “direct current,” “PEMF,” and “capacitive coupling,” searching for human studies pertaining to the treatment of acute fractures with electrical stimulation. In vitro and animal studies, case reports, and studies not available in the English language were excluded. Our query yielded one DCES study, six PEMF studies, and five CC studies (Table 1).
TABLE 1 | This table presents the pre-registration, randomization, sham-control, and blinding status of the studies included in our review, organized in chronological order. This is followed by number of participants, details of the study population, type of fracture, stimulation protocol, device specifications, and outcomes of the studies. Green fill denotes significant results. Red fill denotes nonsignificant results. Gray fill denotes that the study results are not applicable.
[image: Table 1]2 FACTORS AFFECTING FRACTURE HEALING
When evaluating orthopedic fractures, there are many factors intrinsic to the injury pattern that can give the clinician an estimate of the healing potential and level of intervention required. One important factor affecting fracture healing is fracture location. Generally, time to radiographic union (when the bone is considered healed on radiographs or computed tomography) and/or clinical union (when the patient can resume normal function without pain or limitation) is inversely proportional to the vascular supply of the bone. For example, the mid-diaphysis of the femur has a robust vascular supply from the surrounding muscle, and typically heals relatively quickly and reliably. By contrast, the femoral neck and mid-diaphyseal tibia have minimal surrounding vascularized tissue, and fractures of these locations are often treated more aggressively as the healing potential is lower (Zura et al., 2016b). A similar concept holds true for “short bones”—the carpal and tarsal bones. These bones have a tenuous vascular supply and are prone to nonunion (Zura et al., 2016b). One other important intrinsic factor that affects fracture healing capacity is the level of comminution. Highly comminuted fractures—or fractures with multiple small fragments—typically are associated with higher energy injuries or lower bone quality. Speaking broadly, a fracture with a higher level of comminution is more likely to proceed to malunion (a fracture that heals in an extra-anatomic position) or nonunion. For example, a minimally comminuted distal radius fracture may be treated with a thumb spica cast, whereas a more comminuted distal radius fracture might require open reduction, possibly bone grafting, and plating to heal (Ring et al., 2005).
In addition to factors intrinsic to the injury itself, there are patient-related factors that can greatly affect fracture healing. A recent meta-analysis aggregated all patient factors associated with nonunion (Zura et al., 2016a). In this study, they demonstrated that advanced patient age, smoking history, alcoholism, osteoporosis, obesity, and diabetes were all associated with increased rates of nonunion for various fracture locations (Zura et al., 2016a). Between male and female sex, the nonunion rate has been shown to be higher in women after the age of 45–54 years. However, younger women have a lower rate of operative nonunions than men (Mills et al., 2017). All of these factors are important to consider when analyzing results from studies utilizing ES to augment fracture healing.
3 DIRECT CURRENT ELECTRICAL STIMULATION
Direct current electrical stimulation involves percutaneous wire leads placed into the area of osseous injury (Figure 1). The cathode placed at the site of osseous injury results in electrochemical reduction of molecular oxygen, which is believed to create an alkaline, low-oxygen microenvironment (Brighton and Friedenberg, 1974; Haddad et al., 2007). This state favors osteoblast differentiation and stimulates osteoclasts to produce vascular endothelial growth factor, which induces vasculogensis (Bushinsky, 1996; Kaysinger and Ramp, 1998). Because lead placement requires an operation and carries risk of infection or device malfunction, DCES is not an optimal modality for treatment of acute fractures. As such, DCES is typically reserved for occasional use in operative, acute fractures with high-risk of delayed union or non-union, as many surgeons would prefer the standard methods of reduction and fixation first before accepting the infection risk associated with lead placement and removal. Another shortcoming of DCES is that, because the flow electrons is unidirectional, the cathode accumulates a negative charge at higher currents, leading to the deleterious concentrations of faradic salts (Zengo et al., 1976). Therefore, there is a limit to the current density and charge that can applied safely (Brighton et al., 1981).
[image: Figure 1]FIGURE 1 | Depicted is a schematic for DCES in the treatment of a midshaft tibial fracture. The device is comprised of a power source (which is typically placed subcutaneously) and the cathode (blue lead) and anode (red lead). The cathode is placed at the fracture site, and the anode is placed in nearby soft tissue.
3.1 DCES May Be Effective for Fracture Healing but With a Significant Infection Risk
However, one randomized study was performed that examined DCES treatment in 71 patients with closed, acute tibial fractures treated with an external fixator (Jorgensen, 1977). There was no mention of pre-registration in the manuscript. Of these, 12 were excluded for lead-site infections. There were no other inclusion or exclusion criteria for fracture morphology or injury type defined. Insulated screws proximal and distal to the fracture acted as the cathode, but the screw material was not stated. Additionally, the screws were not insulated from the skin or muscle, and no current measurement at the level of the bone was performed. The experimental group was treated with a voltage-controlled constant stimulation of 1 Hz, and 0.7–1.3 V with a measured current of 40 μA until the fractures met criteria for clinical union, as defined by lack of fracture mobility on clinical exam and pain-free ambulation. Participants underwent monthly radiographs and mechanical testing until the fracture attained a set degree of stiffness. The experimental group showed an accelerated time to clinical union by 30% (2.4 months) when compared to controls (3.6 months) (p < 0.001).
4 PULSED ELECTROMAGNETIC FIELD
Pulsed electromagnetic field therapy is a more attractive modality to augment acute fracture healing, because it can be administered non-invasively and, therefore, does not carry risks of infection or additional operations (Figure 2). Pulsed electromagnetic field therapy is believed to increase cytoplasmic calcium by activating voltage-gated calcium channels intracellularly and is associated with upregulation of multiple key growth factors (insulin-like growth factor 2, bone morphogenic proteins [BMPs] 2 and 4, and transforming growth factor -beta {TGF-β}) inducing osteoblast differentiation, proliferation, and extracellular matrix deposition (Haddad et al., 2007; Khalifeh et al., 2018).
[image: Figure 2]FIGURE 2 | Depicted is a schematic for PEMF in the treatment of a midshaft tibial fracture. The device is completely external and comprised of a power source and two solenoids oriented parallel to the skin surface. Current is pulsed through the solenoids and a magnetic field is produced (dotted lines), which induces a perpendicular electrical field (not depicted).
4.1 PEMF Demonstrates Mixed Results for Long Bone Fracture Healing With Compliance Issues
Studies have examined the effect of PEMF therapy on healing of long bone fractures prone to delayed or nonunion. Wahlström (1984) published an unblinded, randomized, sham-controlled study evaluating the effect of PEMF on 30 women between the ages of 50–70 years with acute, non-operative, extra-articular distal radius fractures with apex dorsal angulation less than 10 degrees. No mention of pre-registration was made. Post-injury day one, participants were fixed with a dorsal-blocking plaster cast with an imbedded copper solenoid and current generator, producing a magnetic field of 4 Gauss (G) within the range of 1–1000 Hz for 4 weeks. No solenoid geometry was reported. The apparatus was checked weekly with a gaussmeter to ensure continued functioning, but no calculations or measurements were offered to estimate the magnetic field at the level of the fracture. Bone scintigraphy and radiographs were completed at 1, 2, 4 and 8 weeks to evaluate for fracture displacement and radiographic union. Radionucleotide uptake ratio—the intensity of the callus on bone scintigraphy referenced to a non-healing control bone—was significantly higher in the stimulation group at week 1 and 2 (p < 0.05, p < 0.01 respectively). There was no significant difference at 4 and 8 weeks. Time to radiographic union, defined as when the intensity of radionucleotide uptake started to decrease, was significantly reduced in the stimulation group at 18 days versus 23 days in the control group (p < 0.05). Of note, the rate of re-displacement of fractures was nonsignificant between the treatment and control groups and was instead correlated to original displacement and stability of reduction.
Faldini et al. (2010) investigated the use of PEMF on operative fractures of the femoral neck in 77 patients, randomized to either sham or active stimulation. No mention of pre-registration was made. The fractures were fixed percutaneously with cannulated screws within 3 days post-injury, and stimulation with sham versus active PEMF devices began on post-operative day 7. The PEMF device used was the Biostim (Igea, Carpi, Italy), and the stimulation protocol consisted of 2 mT peak magnetic field, 75 Hz, and 1.2 msec pulse duration for 8 h per day for 90 days. Specific coil dimensions were not reported. Compliance was monitored with a timer inside the device that recorded device activity. Radiographs were completed at regular intervals to 2 years following surgery. Radiographic union was defined as a minimum of 70% of the fracture being bridged with trabeculae. The level of compliance was heterogenous in both the active and control groups, so data analysis was performed in subgroups of compliant (greater than 6 h per day of device use) and noncompliant (less than 6 h per day of device use). Patients in the active compliant group demonstrated a higher rate of radiographic union at the 30-, 60-, and 90-days timepoints when compared to the active noncompliant and placebo groups (p < 0.05). Of note, the active compliant group was significantly younger than the active noncompliant group (67.1 ± 6.0 years, 71.6 ± 3.1 years, respectively, p < 0.05).
Martinez-Rondanelli et al. (2014) examined the effect of PEMF on closed, diaphyseal femoral fractures in a double-blind, randomized, sham-controlled study of 63 patients, 18–60 years of age. No mention of pre-registration was made. Custom stimulation devices delivering 5–10 Hz and 0.5–2.0 mT were applied 6 weeks after operative fixation of the fractures, 1 hour per day for 8 weeks. Depending upon the patients’ thigh diameter, the coil diameters could be adjusted, but no calculations were offered as to how this was performed, and no coil geometry was described. Radiographs were performed at 12, 18, and 24 weeks post-operatively and were classified by a radiologist as non-union, partial union, or complete union. There was no significant difference in rate of radiographic union between groups.
Adie et al. (2011) performed a pre-registered, randomized, double-blind, sham-controlled trial for PEMF on 218 tibial diaphyseal fractures. All midshaft tibial fractures were included, regardless of means of fixation. This study used the commercially available Biomet® Bone Healing System (Zimmer Biomet, Indiana, IN, United States) PEMF device, and the device specifications were not disclosed. The device was applied over the plaster or fiberglass cast for 10 h per day for 12 weeks, 2 weeks following injury and initial fixation. Compliance was measured by the device’s internal timer, which clocked hours of use. Outcomes measures included rate of secondary surgery for nonunion at 1-year post-injury, radiographic union at 6 months, and patient reported outcomes at 1 year. In this study, there were no significant effects of PEMF for revision surgery rates, radiographic union at 6 months, or patient reported functional outcomes.
4.2 Little Efficacy Demonstrated With PEMF for Healing Short Bone Fractures
In addition to long bone fractures, there have been PEMF studies on fractures of short bones prone to nonunion and delayed union. Hannemann et al. (2012) conducted a double-blind, sham-controlled study in which the effect of PEMF was examined in 53 nonoperative scaphoid fractures. No mention of pre-registration was made. All patients had thumb spica cast-implanted PEMF stimulators (Ossatec, Uden, Netherlands) with only the treatment group being active. The device specifications were 15 Hz, 50 mV, and a pulse width of 5 μs and burst width of 5 ms. No coil geometry or magnetic field strength was reported. Stimulation was applied continuously until complete union or 12 weeks post-injury. Radiographic union was blindly assessed by two surgeons and a radiologist and categorized into three groups: nonunion, possible union, and complete union. Tenderness at the anatomic snuffbox was assessed with longitudinal compression of the scaphoid. Clinical exams and radiographs were obtained at regular intervals to 1-year post-injury. The treatment group demonstrated a reduction in snuffbox tenderness (p = 0.003) and increased radiographic union scores (p < 0.001) at the 6-week timepoint only.
Hannemann et al. (2014b) performed a similar study evaluating PEMF for nonoperative scaphoid fractures in 102 patients using computed tomography (CT) imaging instead of plain radiographs. There was no mention of pre-registration. Patients were excluded if their fractures were displaced, if they had proximal pole scaphoid fractures, fracture dislocations, additional fractures, or pre-existing wrist impairments. Patients received continuous stimulation with the same device (Ossatec, Uden, Netherlands) incorporated into a plaster cast placed above the fracture site with the same specifications as the previous study (Hannemann et al., 2012). Clinical and CT examinations were performed at regular intervals up to 1 year. There was no significant difference in time to radiographic union between groups.
5 CAPACITIVE COUPLING
Capacitive coupling is typically a non-invasive method of ES in which electrodes are placed on the skin, and an alternating current generates an electrical field between the electrodes (Figure 3). Similar to PEMF, CC induces an increase in cytoplasmic calcium by activating voltage-gated calcium channels, which initiates the calmodulin-mediated pathway of osteogenesis (Crocker et al., 1988; Brighton et al., 2001). Capacitive coupling therapy is also associated with upregulation of BMP 2 and 4 and TGF-β1 in osteoblasts (Zhuang et al., 1997; Wang et al., 2006). With alternating current, there is no risk of accumulation of faradic salts at the electrode/electrolyte interface, because the electrochemical reactions are persistently being reversed. This allows for much higher charge densities than would be possible with direct current. Due to poor penetrance of the electrical field into soft tissue (Plonsey and Barr, 1995), CC is only practical for superficial bones (e.g., distal radius or tibia).
[image: Figure 3]FIGURE 3 | Depicted is a schematic for CC in the treatment of a midshaft tibial fracture. The device is completely external and comprised of a power source and two skin surface electrodes. The alternating current generates an electrical field between the electrodes (dotted lines) with significant falloff into tissue (dissipation of dotted lines).
5.1 CC may be Useful in the Treatment of Lower Extremity Stress Fractures
Benazzo et al.(1995) performed an open case-series (therefore, no control group) of tarsal, metatarsal, fibular and tibial stress fractures of 25 athletes treated with CC. The device provided a voltage-controlled sinusoidal waveform from 3.0 to 6.3 V, and 60 kHz. The current was estimated to be between 5 and 10 mA. No electrode geometry or spacing was provided to calculate charge density. Stimulation was continuous until the fracture demonstrated radiographic evidence of healing or until 3 weeks passed with no reported change. Participants underwent bi-weekly radiographic evaluation. Fractures were determined to be healed if the radiographs showed incomplete healing with a marked decrease of pain. Final radiological assessment found that 88% of fractures healed, 8% improved and 4% did not heal. Beck et al. (2008) also examined the effect of CC on 44 patients with tibial stress fractures in a randomized, sham-controlled study. No mention of pre-registration was made. Constant voltage stimulation of 3.0–6.0 V, 60 kHz with a measured 5–10 mA was applied for 15 h a day until the fractures reached clinical union. No electrode geometry or spacing was provided to calculate charge density. Clinical union was determined by the absence of reported pain after hopping 10 cm for 30 s. There was no significant difference in time to clinical union between the active and sham groups, however superior treatment compliance was associated with reduced healing time in the experimental group (p = 0.003).
5.2 CC With Mixed Results for Long and Short Bone Fracture Healing at a Wide Range of Stimulation Parameters
Fourie and Bowerbank applied CC to acute tibial fractures of 227 patients in an unregistered, blinded, randomized study without sham controls (Fourie and Bowerbank, 1997). Patients were excluded if they had additional fractures, associated medical comorbidities, or if they received two or more closed reduction efforts. All mechanisms of injury, fracture morphologies, and fracture locations within the tibia were included. Electrodes were placed in windows of a plaster cast with the guidance of radiographs, delivering constant voltage stimulation with an estimated 100 mA and a 60 V peak maximum. One subgroup received 4.0 kHz, while another subgroup received 4.10–4.25 kHz. No electrode geometry or spacing was provided to calculate charge density, and no measurements of electric field were offered. The fractures were stimulated 30 min per day for 10 days. Radiographic union was assessed by a single-blinded radiologist, and the fractures were categorized into non-union, partial union, and nonunion. There were no significant differences in time to radiographic union between groups. However, there was a significant effect of time to radiographic union when fractures from both stimulation and control groups were analyzed by mechanism of injury (p = 0.0005), type of fracture (p = 0.015), the presence of a fractured fibula (p = 0.026), and degree of displacement (p = 0.0005) for time to radiographic union.
Itoh et al. (2008) investigated CC on heavily comminuted, intra-articular fractures of the distal radius in 43 patients in a randomized study without sham controls. No mention of blinding was made. The pins of an external fixator acted as the electrodes and provided a 2 Hz sinusoidal wave of constant current stimulation at 30 μA with 0–60 kΩ of loading resistance. No electrode geometry or spacing was provided to calculate charge density, and no measurements of electric field were offered. A control group received an external fixator with no electrical stimulation. The fractures were considered healed when radiographs showed the presence of bridging trabeculae, and no remaining radiolucent lines between fracture fragments. Radiographs completed weekly demonstrated a significant decrease in radial collapse in the stimulation group (p < 0.01). Results of this study must be guarded, however, because the external fixators were left in place for an average of 39.0 ± 4.2 and 48.9 ± 7.2 weeks for the control and stimulation groups, respectively, which is significantly longer than what is considered standard of care for duration of external fixator placement.
In 2015, Piazzolla et al. (2015) evaluated the efficacy of CC on 24 acute vertebral compression fractures in an unregistered, randomized, sham-controlled study. The electrodes placed on the skin delivered constant current stimulation at 25 μA at 12.5 Hz with a duty cycle of 50%. No electric field measurements or electrode geometry or spacing were reported. Magnetic resonance imaging (MRI) was completed at 0, 30, 60 and 90 days. An unblinded neuroradiologist and two orthopedists analyzed the MRIs to determine healing scores. The stimulation group demonstrated higher radiographic healing scores at the 30-, 60- and 90-day timepoints (p < 0.0002, p < 0.0001, and p < 0.0001, respectively). There was an improvement in pain scores and patient reported outcomes as determined by the Visual Analog Scale, and Oswestry Low Back Disability Index (p = 0.007, p = 0.002, respectively). Complete healing measured by MRI was found only at the 90-day timepoint in the stimulation group (p = 0.0001).
6 DISCUSSION
6.1 Optimizing Outcomes in EGBS Studies for Acute Fractures
This extensive examination of the body of literature of ES on osseous healing has revealed several important trends. The first issue presents itself in selecting the study population. Ideally, the study population should be a group of patients who would benefit most from EGBS therapy. The fracture location should be an area with a high rate of nonunion (e.g., middle tibia or scaphoid) (Zura et al., 2016b) and strict inclusion and exclusion criteria should be applied so that the effect of ES is not diluted. This includes controlling for multiple variables like fracture morphology, mechanisms of injury, patient comorbidities, smoking status, sexes, and ages for a given fracture location. For example, Fourie and Bowerbank (1997) examined the effect of CC on tibial fractures and found no effect based on ES but did find significant correlations for mechanism of injury, fracture morphology, degree of displacement, and presence of fibular fractures. If the study population, for example, consisted of osteopenic females aged 54–70 years with minimally displaced distal radius fractures from a fall from standing, the chances of a significant effect for ES may be larger.
Another common issue is the lack of consistency in reporting of device specifications. Many studies devise custom stimulators and do not offer any calculation or measurement of the strength of stimulation. As such, the study is not replicable, and any results of the study cannot be applied to other fracture locations or patient populations. For DCES studies, we would recommend reporting the current density (measured or calculated), frequency, and cathode material, as these variables have all been shown to affect osteogenesis in animal studies (Spadaro and Becker, 1979; Spadaro, 1982). For CC studies, we would recommend reporting electrical field strength (measured) or enough information (electrode geometry and distance between them) to calculate charge density, frequency, and distance between electrodes. For PEMF studies, the magnetic field strength (measured or calculated), frequency, and coil geometry (number of turns and size and shape of the solenoid) are necessary to replicate results.
Finally, we recommend National Institute of Health pre-registration of future EGBS studies with an overall increase in methodological rigor. Ideally, studies would be double-blinded and sham-controlled with statistical power analysis performed based on anticipated effect size. The stimulation protocol – hours of stimulation per day and weeks of therapy duration – would be derived from past studies and be justified with data. Currently, stimulation protocols are heterogenous for any given modality. For example, PEMF studies range from 1 hour per day for 8 weeks to constantly for 12 weeks (Hannemann et al., 2012; Hannemann et al., 2014b; Martinez-Rondanelli et al., 2014). These studies should also define strict criteria or a quantifiable metric for endpoints like radiographic or clinical union. Standardizing these variables and outcome measures would provide meaningful and replicative data that would potentially move ES into the clinical arena should positive results be found.
6.2 The Optimal ES Modality for Treatment of Acute Fractures
When determining what the most promising ES modality is for the treatment of acute fractures, each of the available modalities – DCES, CC, and PEMF – have significant advantages and weaknesses. The ideal EGBS would possess qualities of each of these modalities. Direct current electrical stimulation can be delivered directly to the fracture site, bypassing intervening soft tissue and offering a predictable amount of current to treat the fracture (Figure 1). When examining the large animal literature, DCES studies are typical more successful in inducing osteogenesis than the noninvasive modalities (Nerubay et al., 1986; Chakkalakal et al., 1990; Cook et al., 2004). These studies applied a wide range of stimulation currents and were successful in inducing osteogenesis within a range of 20–100 μA, and lower stimulation currents (13 μA) were not successful (Nerubay et al., 1986; Chakkalakal et al., 1990; Toth et al., 2000). These results are problematic for translation into humans, however, because these studies used custom-built stimulators and did not report cathode material, lead geometry, or measures of current density in all cases (Nicksic et al., 2022). Direct current electrical stimulation remains largely unstudied in humans as it is impractical, requiring operations for lead placement and removal and presenting an unacceptable infection risk (Jorgensen, 1977).
Capacitive Coupling is noninvasive which eliminates the constraints of operative placement of the device and the risk of infection. However, the fall off of the electrical field in tissue of high resistivity like skin and subcutaneous fat – ∼1/r2 where r is the distance from the signal source – is prohibitive for treatment of many long bone fractures (Plonsey and Barr, 1995). This is reflected in the large animal literature utilizing CC to induce osteogenesis. One study demonstrated no effect with 5–10 mA at 60 kHz in a canine tibial distraction osteogenesis model (Pepper et al., 1996). However, a more recent study showed benefit at 1.5 mA, 12.5 Hz for sheep tibial delayed union by quantitative histomorphometry (p < 0.0001) and quantitative radiodensity analysis (p < 0.0043) (Muttini et al., 2014). An important note is that in this study, the electrodes were implanted in bone proximal and distal to the fracture and, for this reason, did not have to overcome the resistivity of skin and subcutaneous adipose tissue. Therefore, CC is not applicable to treatment of fractures outside of the spine, middle tibia, wrist, and ankle. Of the CC studies included, three studies (Benazzo et al., 1995; Beck et al., 2008; Piazzolla et al., 2015) describe administering currents transcutaneously that are orders of magnitude lower than the extremum of the dose-response curve modeled for CC. In a rat sciatic denervation osteoporosis model, Brighton et al. found that with constant voltage stimulation of 0.66 V (estimated current of 584.6 ± 21.2 μA) the dry weight of osteoporotic tibia was closest to the contralateral control (ratio of 0.922, p < 0.05) (Brighton et al., 1988). Scaling this dose-response curve to humans with thicker skin and significantly more interposing soft tissue between the skin and target bone, it is unlikely that administering 5 mA of stimulation would penetrate the skin, much less have any effect on bone.
Finally, PEMF appears to be an attractive option for treatment of acute fractures as it is both noninvasive, and the induced electrical field can more easily penetrate soft tissue. However, there are significant patient compliance issues with these devices that make them less practical. Many protocols required lengthy durations of treatment, resulting in low levels of patient compliance (Faldini et al., 2010). Other variables also significantly affect the induced electrical field. For example, the thickness of tissue planes (fat, muscle, and bone) and their relative difference in resistivity, as well as even small changes in the placement of the PEMF device with relationship to the fracture, dramatically change the intensity of the electrical field at the fracture site (Lunt, 1985). By contrast to in vitro and small animal studies, large animal studies have largely been unsuccessful in inducing osteogenesis with PEMF therapy (Nicksic et al., 2022). Studies to date have included a range of indications in both canine and sheep models (Miller et al., 1984; Law et al., 1985), but the single study that was able to demonstrate benefit for PEMF therapy applied 0.2 mT, 1.5 Hz stimulation to a canine mid-diaphyseal tibial 2 mm gap osteotomy model (Inoue et al., 2002). This stimulation was applied for 4 weeks for 1 h per day, beginning at 4 weeks post-injury. More work is required to determine the dose-response curve for PEMF therapy in large animals and humans.
In human studies, these issues are not completely addressed by cast-implanted PEMF devices, as this strategy adds new variables including the thickness and resistivity of the cast material and air between the cast and the skin. Unless the PEMF devices are calibrated on a patient-by-patient basis and compliance issues are addressed, the results of cast-implanted PEMF studies will remain unpredictable.
Based on the available literature, several patterns emerge that could potentially lead to an ideal EGBS. It should possess qualities of all the available modalities for ES (Figure 4). First, like DCES, the strength of stimulation should be predictable at the level of the fracture, regardless of thickness of intervening soft tissue or patient position. Second, similar to CC and PEMF, it should also be semi- or noninvasive so that there is negligible risk of infection, and the device can be administered non-operatively. Lastly, it should be cost effective so that it can be used widely. Further innovation beyond what is currently available, perhaps in the field of conductive microparticles, could potentially offer a viable and clinically relevant methodology of electrical stimulation for bone healing.
[image: Figure 4]FIGURE 4 | This diagram represents the qualities of the ideal electronic bone growth stimulator. The characteristics of the different modalities of ES are listed under each type. The weaknesses of each type of ES are listed on the periphery of the figure. The strengths of each type of modality that should comprise the ideal EGBS are listed centrally. Purple text denotes qualities of PEMF. Red text denotes qualities of DCES. Blue text denotes qualities of CC. This figure is meant to emphasize the need for innovation in the field of bone growth stimulation, as the ideal EGBS does not yet exist.
6.3 Future Directions for Electrical Stimulation
Outside of the indication for augmentation of acute fracture healing, there is a robust body of literature to demonstrate that ES can be used to improve peripheral nerve regeneration, neuroplasticity, and soft tissue wound healing (Zuo et al., 2020; Luo et al., 2021; Sousa et al., 2022). One key component of the literature for these fields is that the dose-response curve and optimal duration of therapy is well described. To date, these important elements are missing from the bone stimulation literature. For other osseous indications, treatment of osteoporosis has been largely unsuccessful in preclinical studies with ES therapy likely for reasons previously stated (i.e., electromagnetic fields are not uniform through space and efficacy of treatment is heavily dependent on stimulator placement) (van der Jagt et al., 2012). Before attempting to address systemic bone diseases, delineation of a clear dose-response curve and optimal duration of therapy should be achieved for focal osseous injuries.
7 CONCLUSION
Electrical bone growth stimulators have shown promise in treating acute fractures in preclinical studies. To date, there is no agreement as to their efficacy in humans. The next steps to studying ES for the purpose of healing acute fractures in humans are to select the appropriate study population, report replicable data for device specifications, and develop sound methodologies to minimize bias. In the same vein, development of a more practical and reliable modality of ES is needed to maximize outcomes.
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Hematopoiesis takes place in the bone marrow and is supported by a complex cellular and molecular network in the bone marrow microenvironment. Commonly used models of the human bone marrow microenvironment include murine models and two-dimensional and three-dimensional tissue cultures. While these model systems have led to critical advances in the field, they fail to recapitulate many aspects of the human bone marrow. This has limited our understanding of human bone marrow pathophysiology and has led to deficiencies in therapy for many bone marrow pathologies such as bone marrow failure syndromes and leukemias. Therefore, we have developed a modular murine bone marrow microenvironment-on-chip using a commercially available microfluidic platform. This model includes a vascular channel separated from the bone marrow channel by a semi-porous membrane and incorporates critical components of the bone marrow microenvironment, including osteoblasts, endothelial cells, mesenchymal stem cells, and hematopoietic stem and progenitor cells. This system is capable of maintaining functional hematopoietic stem cells in vitro for at least 14 days at frequencies similar to what is found in the primary bone marrow. The modular nature of this system and its accessibility will allow for acceleration of our understanding of the bone marrow.
Keywords: bone marrow, hematopoietic stem cell, bone marrow microenvironment, bone marrow on a chip, tissue engineering, 3D chip, osteoblast, mesenchymal stem cell
INTRODUCTION
The adult hematopoietic system arises from the hematopoietic stem cell (HSC) that resides in and is supported by the HSC niche within the bone marrow. The HSC niche is a complex, interconnected network of cellular and molecular components within the bone marrow microenvironment (BMME) (Frisch, 2019). A major challenge that hampers progress in the field of the BMME is the lack of a reliable model system that can recapitulate the human bone marrow. Murine models have been used extensively because they allow for in vivo studies and powerful genetic tools. However, mouse models often fail to recapitulate the human environment. Conventional 2D cultures are another common approach used to investigate the human BMME for the study of normal hematopoiesis and hematopoietic malignancies (Congrains et al., 2021). However, 2D cultures lack the ability to completely elucidate bone marrow pathophysiology and are typically limited to 2–3 different cell types. Overall, the inadequacies of conventional preclinical models contribute to a relatively poor understanding of the human BMME and the large attrition rates of Phase II and III of clinical trials (Arrowsmith and Miller, 2013).
In recent years, in vitro 3D models of various organ systems have been developed to facilitate basic biology research and drug development and screening. The development of these preclinical disease models is beneficial in understanding complex microenvironmental interactions with the potential implications of discovering novel treatment strategies (Duarte et al., 2018). The three-dimensional culture strategy is advantageous as it can provide an avenue to recapitulate the complex tissue microstructures while reducing the exhaustive requirements of animal models (Huh et al., 2011; Low and Tagle, 2017a; Low and Tagle, 2017b; Osaki et al., 2018; Kelm et al., 2019; Low et al., 2020). Therefore, a 3D microphysiological system will advance the field of BMME research by providing a viable platform for applications in mechanistic studies and drug discovery.
Several groups have shown the use of fibrin-based hydrogels in microfluidics platforms and the incorporation of a dynamic vasculature component were able to sustain HSCs in vitro (Chou et al., 2020; Nelson et al., 2021). Synthetically derived scaffolds such as PEG crosslinked with MMP-degradable peptide or tethered with adhesive ligands show promising evidence of HSC sensitivity towards culture dimension and flow conditions (Bray et al., 2017; Rödling et al., 2017). Although these developments provide valuable insights into establishing niche incorporated models, the outcomes of these models are limited to studying myelotoxicity towards drugs and radiation rather than insights into the mechanisms of HSC/niche interactions. Most of the current models lack major BMME components such as osteoblastic cells. Osteoblasts are important in establishing the endosteal HSC niche compartment, regulating bone remodeling and promoting the survival of lymphoid progenitors (Duarte et al., 2018). Our group and others have shown that leukemic cell interactions with the BMME, specifically through osteoblastic crosstalk, can drive leukemic progression and development (Frisch et al., 2012; Staversky et al., 2018; Ackun-Farmmer et al., 2021). Therefore, it is crucial to incorporate the osteoblastic components in addition to the vascular niche to generate a reliable 3D model of the BMME.
In this study, we generated a 3D model of the murine BMME with functional osteoblastic, endothelial, and stromal cell compartments to recapitulate the endosteal niche that is favorable for HSC survival. We used a commercially available microfluidics system, the Human Emulation System from Emulate Bio, and fibrin hydrogel scaffolding to culture HSC and performed competitive transplant assays to evaluate the self-renewal property of BMME-on-chip grown HSCs. The development of this preclinical model is valuable for the study of BMME pathologies, BMME-hematopoietic cells crosstalk, and identifying novel therapeutic targets.
MURINE BMME-ON-CHIP
Our goal was to generate a BMME-on-chip with niche components that are reliable, cost-effective, and easily adopted across research laboratories (Figure 1). The development of in-house microfluidics models is beneficial in generating complex architecture for in vitro systems; however, it can be time-consuming and limited to a specific laboratory. In this study, we utilized Emulate Chip S-1™ to provide the geometry and mechanical support to culture cells. The chip contains two channels separated by a semi-porous membrane which allows for the physical separation of cellular compartments. The chip is assembled with a housing system, Pod™, that contains input and output reservoirs for both channels and is connected to a module that automatically regulates fluid flow in each channel. The validated setup allows for efficient culturing of cells without the need for frequent media changes, troubleshooting flow modules, or optimizing microfluidics architecture.
[image: Figure 1]FIGURE 1 | BMME-on-chip with osteoblastic, endothelium layer and whole bone marrow cells. (A) Diagram of BMME-on-chip and (B) culture timeline. Illustrated using Biorender.com.
We have cultured bone marrow stromal cells (BMSC) isolated from wild type C57BL/6 J mice into the apical channel of Chip S-1 to create a supportive osteoblastic layer (Figure 2). Upon 14 days of culture under a continuous flow rate of 30 μL/h with osteoblast differentiation media, robust differentiation and mineralization were observed in chips, as shown by positive alkaline phosphatase and Von Kossa staining and quantification (Figure 2B). On D14, we introduced mouse endothelial C166 cells on the basal surface of the membrane to generate a supportive vascular endothelial monolayer (Figure 1C). C166 cells completely occupied the membrane of the channel at D2 and surrounded the walls of the channel by D7, as indicated by positive nuclei staining (DAPI, Figure 2D). On D7, we found robust endothelium formation as shown by cobblestone morphology and tight junction protein expression, zonula occludens-1 (ZO-1) (Figure 2E). On D14, a cell-laden fibrin hydrogel was introduced in the apical compartment containing BMSC and whole bone marrow cells. The chip was then subjected to a culture regime of supplemented endothelial media in the basal channel at 30 ul/hr. The chip was grown for 7 days before harvesting on D21 for analysis (Figure 1B).
[image: Figure 2]FIGURE 2 | Mineralized osteoblastic layer and C166 endothelium formation with tight junction expression. (A) Representative images of positive mineralization by alkaline phosphatase and Von Koss staining on D14 and D21. Arrows indicate calcium nodules and scale bar = 2 mm. (B) Quantification of mineralization using particle analysis via ImageJ of D14 and D21 mineralized chips. (C) Representative image of C166 monolayer on the chip on D0 post-seeding. (D) Representative fluorescent images of C166 cells (nuclei, DAPI) on Day 2 and Day 7. Scale bar = 2 mm. (E) C166 endothelium formed cobblestone morphology and expressed tight junction protein, ZO-1 (red). Scale bar = 100 μm).
We expect that the BMME-on-chip can provide a conducive environment for marrow cell culture due to the multifaceted culture system. In particular, we are interested in investigating the fate of hematopoietic stem cell and progenitor cells (HSPC) within the marrow compartment after 7 days of chip culture. Therefore, on D21, we harvested cells from BMME-on-chip and control mice BM and stained them for lineage (Gr1, CD3e, B220, and Ter119) and HSPC (Sca1 and cKit) markers7 (Figure 3A). HSPC (LSK, Lin−Sca+cKit+) population was preserved in healthy BMME-on-chip after 7 days of culture at ∼0.3% of total cells. This is two-fold greater than levels to in vivo of ∼0.15% (Figure 3B). The data strongly suggest that BMME-on-chip is a reliable surrogate for HSPC maintenance in vitro.
[image: Figure 3]FIGURE 3 | Flow cytometric analysis of HSPC cells (LSK: Lineage-, Sca1+, cKit+) from whole bone marrow cells in BMME-on-Chip. (A) Gating strategy for analysis of LSK cells using FlowJo v10. (B) Percent of LSK in live cells population in the chip on D21 and control C57Bl/6J BM at 6–8 weeks of age (Mean, SD). Statistical analysis was performed using an unpaired t-test. **: p ≤ 0.01. BM: Bone marrow.
HSPC are self-renewing and multipotent cells able to reconstitute the BM and differentiate into mature blood cells. Therefore, the standard functional analysis of HSPC is via a mouse BM transplantation model, whereby experimental HSPC are transplanted into myeloablated mice with the addition of competitor cells as an internal control (Figure 4). Sorted LSK cells from C57BL/6 J mice (CD45.2+) were grown in chips with CD45.2+ BMSCs for 14 days (Figure 4A). The whole content of each chip was mixed with whole BM cells from CD45.1+ PepBoy B6 mouse as a competitor and transplanted into a lethally irradiated CD45.1+ PepBoy B6 mice (Figures 4B–C). Equal numbers of CD45.2+ freshly isolated bone marrow cells were also mixed with CD45.1+ BM cells and transplanted into lethally irradiated CD45.1+ recipients as controls. We analyzed peripheral blood (PB) cells via flow cytometry at multiple timepoints after the transplant. We found that CD45.2+ chip LSK were able to successfully engraft in recipient mice at similar levels compared to control HSPC from whole bone marrow (Figure 5). In particular, chip LSK gave rise to ∼40–60% of total PB cells, which include myeloid populations, B lymphocytes, and T lymphocytes (Figure 5B). To confirm multilineage differentiation capacity, we compared the frequency of myeloid and lymphoid cells that were derived from CD45.2+ cells in primary recipients. CD45.2+ cells harvested from the BMME-on-chip generated myeloid cells at similar frequencies compared to cells harvested from freshly isolated bone marrow (C). At 28-weeks post-transplant, myeloid frequencies were at ∼20% in peripheral blood of both chip and mouse recipients (D), while lymphoid populations were at ∼80% (D-E). Thus, our findings suggest that chip-derived cells have the equivalent potential for generating myeloid and lymphoid cells to the mouse control group.
[image: Figure 4]FIGURE 4 | Diagram of ex vivo culture of sorted LSK cells in BMME-on-chip and competitive transplant. (A) CD45.2+ LSK cells were sorted using flow cytometry and cultured with BMSC in hydrogel for 14 days in BMME-on-chip. (B) Functional analysis using competitive transplant assay of bone marrow and chip grown LSK CD45.2+ donor into recipient B6 CD45.1 (C) with CD45.1+ competitor cells. Illustrated using Biorender.com.
[image: Figure 5]FIGURE 5 | Differentiation of LSK transplanted into mature peripheral blood phenotypes over time. (A) Gating strategy for flow cytometry analysis at 4, 8, 12, 16, and 27-weeks post-transplantation. CD11b+, B220+, and CD3e+ were gated from CD45.2+ live cells. (B) Quantification of CD45.2+ donor cells in total cell, CD11b+ monocyte, B220+ B-lymphocyte, and CD3e+ T-lymphocyte populations. (C) Chip grown CD45.2+ cells gave rise to myeloid cells at a similar frequency to mouse control. Quantification was performed by gating CD11b+ cells within CD45.2+ populations. (D) Chip CD45.2+ cells engrafted into mature lymphoid populations similar to the mouse control group. Data are shown as combined percentage of B220+ and CD3e+ cells in CD45.2+ cells. The gating strategy for (C and D) is provided in Supplementary Figure S4. (E) Graph showing the percentage of myeloid and lymphoid cells in total CD45.2+ peripheral blood cells. All flow analysis was performed using FlowJo v10. Statistical analysis for (B) was performed using restricted maximum likelihood (REML). N = 5 per group. Statistical analysis for (C,D) was performed using multiple Mann–Whitney tests.
Bone marrow engraftment was analyzed by detecting chimerism of CD45+ HSPC populations at a very late timepoint, 28-weeks post-transplant. Flow cytometry was used to quantify chimerism in LSK population and lineage-committed myeloid progenitors (Lin−cKit+) and lymphoid precursors (Lin−Sca1+) (Figures 6A–E). Chimerism was observed in all three populations in the majority of the mice transplanted with HSPC from bone marrow and chip (Figures 6H–J). In particular, CD45.2+ donor cells were observed at a high percentage in LSK populations of control recipients M1, M4, and M5 and in chip recipients C1, C4, and C5 (Figure 6H). All of the five control recipients showed engraftment of CD45.2+ donor cells, with M2 and M3 having a majority of the repopulated LSK derived from donor cells. On the other hand, two out of the five chip recipients showed low to no repopulation of LSK by donor cells. Myeloid and lymphoid committed cells also showed chimerism as indicated by CD45.2+ cells in control and chip recipients (Figures 6I and J).
[image: Figure 6]FIGURE 6 | Engraftment and repopulation of HSPC, myeloid progenitor, and lymphoid precursor populations in bone marrow by BMME-on-chip grown LSK cells. (A) Bone marrow of recipient mice was isolated and analyzed using flow cytometry for lineage markers, stem cell markers Sca1+ and cKit+. (B–E) Representative contour plots of CD45.1+ and CD45.2+ in LSK (Lin-cKit + Sca1+), myeloid (lin-cKit+), and lymphoid (lin-Sca1+) cells in bone marrow of (B) CD45.2+ C5BL/6J, (C) B6 CD45.1+, (D) chip transplant recipient, and (E) mouse marrow control recipient. (F) Quantification of total bone marrow cells after isolation. (G) Viability isolated bone marrow cells using flow cytometry (negative DAPI staining). Statistical analysis for F and G was performed using an unpaired t-test. ns = no significance, error bar = SD. (H–J) Chimerism of LSK (H), myeloid (I), and lymphoid (J) cells indicating repopulation of CD45.2+ donor cells and competitor CD45.1+ cells in recipient mice. Data show the percent of total cells analyzed using flow cytometry of bone marrow from each recipient mouse. In particular, control recipients M1, M4, and M5, and chip recipients C1, C4, and C5 show chimerism in LSK populations.
HSPC subpopulations were further analyzed within the LSK cells in recipient mice with high chimerism (M1, M4, M5, C1, C4, and C5) (Figure 7). Our findings showed CD45.2+ repopulation of myeloid-biased (MPP2 and MPP3) and lymphoid-biased (MPP4) multipotent progenitor populations in chip recipients at similar levels to control recipients (Figures 7B–D and G–I). In addition, CD45.2+ short-term and long-term repopulating HSC (ST-HSC) and (LT-HSC) were also observed at high levels, 40% for both groups, in chip recipients. Overall, the majority of mice transplanted with HSPCs obtained from BMME-on-chip cultures maintained similar distribution of HSPC subpopulations even through this very long-term engraftment.
[image: Figure 7]FIGURE 7 | Repopulation of myeloid-biased MPP2+ and MPP3+, lymphoid-biased MPP4+ multipotent progenitor and HSC populations by BMME-on-chip donor cells. Subpopulations of specific progenitor cells and short-term and long-term repopulating HSC (ST-HSC and LT-HSC) within the LSK populations were analyzed for mice recipients with CD45.2+ and CD45.1+ chimerism (M1, M4, M5, C1, C4, and C5). (A) Flow cytometry gating of LSK subpopulations. (B–K) Representative contour plots and quantification of donor and competitor cells in LSK subpopulations. Statistical analysis was performed using multiple Whitney–Mann tests. N = 3 per group. Error bars = standard deviation, ns = non-significant.
To investigate long-term HSPC function, a secondary transplant assay was performed by injecting bone marrow cells isolated from primary recipient mice into myeloablated secondary recipients (Figure 8A). PB was analyzed at 4- and 8-weeks post-transplant. Consistent with engraftment data in the bone marrow, only C1, C4, and C5 samples from the chip group showed engraftment of CD45.2+ cells at 4- and 8-weeks (Figures 8B and C). Overall, CD45.2+ chip-derived cells comprised approximately 20% of total live cells at 4- and 8-weeks post-transplant (Figure 8D). Although the mouse group showed higher trends of engraftment, the comparison showed no statistical significance between the groups. Importantly, long-term differentiation of HSPC into mature blood populations was maintained as indicated by monocyte and lymphocyte populations that were CD45.2+ post-transplant (Figures 8E and F).
[image: Figure 8]FIGURE 8 | Repopulation of peripheral blood population in secondary transplant recipients shows maintenance of long-term HSPC function after BMME-on-chip culture. (A) Diagram of secondary transplant of lethally irradiated mice with bone marrow cells from primary recipients at 28 weeks post-transplant. Peripheral blood was analyzed using flow cytometry at 4w and 8w post-secondary transplant. (B,C) Flow cytometry data showing chimerism of CD45.2+ donor cells in total live cells in peripheral blood at 4w and 8w. Consistent with bone marrow engraftment data, C2 and C3 do not have CD45.2+ engraftment. (D–F) Flow analysis of total cells, monocytes, and lymphocytes from chip recipients with CD45.2+ engraftment (C1, C4, and C5) compared to mouse recipients (C1, C4, and C5). Flow analyses were performed using FlowJo V10. Statistical analysis for (D–F) was performed using an unpaired t-test. N = 3. ns = non-significant.
Our findings currently showed that chip grown HSPC are self-renewing and capable of regenerating the hematopoietic system, which current 3D systems have not been able to demonstrate. This reliability of the chip to provide a permissive microenvironment for HSC maintenance makes it a valuable platform for future work in studying HSPC interactions with the BMME and BM pathologies. Here, we present step by step methodologies to generate BMME-on-chip, including protocols for Emulate Chip preparation, cell culture, MSC isolation, chip characterization, and competitive transplant assay.
MATERIALS
Reagents
 αMEM (1x) (Gibco, Cat #A10490-01).
DMEM (1x) (Corning, Cat #10-013-CV).
FBS (Gibco, Cat #26140-079).
PBS 1X (Corning, Cat# 21-040-CV).
0.25% Trypsin-EDTA (1x) (Gibco, Cat #25200-056).
Pen–Strep (Penicillin–Streptomycin, Sigma-Aldrich, Cat #P4).
L-ascorbic acid (Krackeler, 45-A4544).
Glycerol 2-phosphate disodium salt hydrate (Krackeler,    G9422).
Recombinant mouse EPO (Fisher, 587602).
Recombinant murine G-CSF, murine (PeproTech, Cat# 50-   813-314.
Recombinant murine FLT3-ligand (PeproTech, Cat#    250-31L).
Recombinant murine TPO (PeproTech, Cat# 50-813-680).
Recombinant murine SCF (PeproTech, Cat#250-03).
Recombinant murine IL3 (PeproTech, Cat# 213-13).
Recombinant murine IL6 (PeproTech, Cat# 216-16).
Fibrinogen, lyophilized (Sigma, Cat# 341578).
Thrombin, lyophilized (Sigma, Cat# 605195).
Aprotinin, lyophilized (Sigma, Cat# A3426).
Matrigel® (Corning, Cat# 354234) - for Chip S-1 activation.
Collagen type I solution, 8–11 mg/mL (Corning, Cat# 354249)    - for Chip S-1 activation.
Nattokinase (Pure Formulas, Cat# PE 1801).
Collagenase type 1 (Gibco, Cat#17-018–029).
HEPES (Fisher BioReagents, BP299100).
10% Neutral buffered formalin (VWR, Cat# 89370-094).
Silver nitrate solution, AgNO3, 99.9+% (AlfaAesar,    Cat#11414).
Fast Red Violet LB salt (Sigma, Cat# F3381).
Tris-HCl at 0.2M, pH 8.3 (Roche, Cat# 10812846001).
N,N-Dimethylformamide (DMF) (AlfaAesar, Cat#A13547).
Naphthol AS-MX phosphate, (Sigma, Cat# N4875).
UltraComp Beads (Invitrogen, Cat# 501129040).
Distilled water.
Ammonium chloride (NH4Cl) (Krackeler, Cat# 45-213330).
Ethylenediaminetetraacetic acid (EDTA) (Sigma, Cat# E4884).
Sodium bicarbonate (NaHCO3) (Sigma, Cat#S6014).
Plastics
   500 mL Vacuum filtration flask 0.22 μm (LPS CellPro, Cat#    V50022).
250 mL Vacuum filtration flask 0.22 μm (LPS CellPro, Cat#    V25022).
50 mL Sterile-HV sterile centrifuge tube PVDF membrane,    0.45 μm, top filter unit (Milipore, Cat# SE1M003M00).
Eppendorf tubes 1.5 mL (FisherSci, 02-682-002).
40 μm cell strainer (Fisher, 08-771-1).
6-well cell culture plate (Nest, Cat# 703001).
Cell culture dish, 150 mm × 25 mm (Nest, Cat# 715001).
17 × 75 mm culture tubes with closures (VWR, 60818-496).
Mice
 All mice and protocols used in the experiments were approved by the Institutional Animal Care and Use Committee, the University Committee on Animal Resources at the University of Rochester School of Medicine Dentistry (URMC). Animals were housed in the Vivarium facility at URMC.
C57BL/6 J mice, males, 8–12 weeks of age (Jackson Laboratories, Strain# 000664).
B6 CD45.1+ mice, males, 8–12 weeks of age (B6.SJL-Ptprca Pepcc/BoyJ) (Jackson Laboratories, Strain# 002014).
Cells
 C166 cell line (ATCC Cat# CRL-2581).
Emulate Human Emulation System
 Chip S-1™
Pod™ Portable Module.
Zoë™ Culture Module.
Orb™ Hub Module.
Equipment
 Cell culture incubator set to 37°C. 5% CO2, 95% humidity.
Water bath set to 37°C.
Cytation 5 Imaging System.
137Cs radiation source (GAMMACELL- 40).
Reagent Setup
FBS Heat Inactivation

1) Thaw frozen FBS overnight at 4°C.
2) Once thawed, bring serum to room temperature.
3) Place serum in a 56°C water bath for 30 min and swirl the bottle every 5 min.
4) Make aliquots of heat-inactivated serum and store at −20°C until use.
Complete media (10% FBS + 1% PS)

1) Thaw 5 mL Pen–Strep in a 37°C water bath.
2) For 500 mL of complete media, combine 5 mL Pen–Strep, 50 mL of heat-inactivated FBS, and 445 mL of αMEM.
3) Vacuum filter complete media using a 500 mL vacuum filtration flask.
4) Make 50 mL aliquots of media in conical tubes.
5) Warm up to 37°C prior to use or store in a fridge for short term use or in a freezer for long term use.
Osteoblast Differentiation Media

1) Make 1M stock solution of glycerol 2-phosphate disodium salt hydrate in sterile water. Store stock in smaller aliquots in a −20°C freezer.
2) For 200 mL of differentiation media, combine 10 mg of L-ascorbic acid, 2 mL of 1M thawed glycerol solution, and 200 mL of complete media.
3) Filter media using a 250 mL vacuum filtration system. Warm media to 37°C before use or store in a freezer or fridge. The media will have a final concentration of 50 μg/mL of L-ascorbic acid and 10 mM of glycerol 2-phosphate disodium salt hydrate.
3) Gas equilibrate with 0.45 μm Steriflip-HV and warm up media for at least 1 h at 37°C prior to use with chips.
Endothelial Media (10% FBS + 1% PS) for C166 Culture

1) For 500 mL of complete endothelial media, combine thawed 5 mL Pen–Strep, 50 mL of heat-inactivated FBS, and 445 mL of DMEM.
2) Warm up to 37°C prior to use or store at 4°C for short term use.
Supplemented DMEM Media

1) For 50 mL of media combine complete endothelial media (10% FBS +1% PS) with the following concentration of cytokines: EPO 20 ng/mL, G-CSF 1 ng/mL, FLT3L 100 ng/mL, TPO 100 ng/mL, SCF 50 ng/mL, IL-3 10 ng/mL, and IL-6 10 ng/mL.
2) Warm up to 37°C prior to use or store in a fridge for short term use or in a freezer for long term use.
3) Gas equilibrate with 0.45 μm Steriflip-HV and warm up media for at least 1 h at 37°C prior to use with chips.
Fibrin Gel Components

1) Fibrinogen: resuspend at 25 mg/mL in sterile water and make aliquots of 100 μL or 200 μL. Store in a −20°C freezer.
2) Aprotinin: resuspend at 1 mg/mL in sterile water and make aliquots of 12.5 μL or 25 μL. Store in a −20°C freezer.
3) Thrombin: resuspend at 1 U/μL in sterile water and make aliquots of 1 μL. Store in a −20°C freezer.
4) Collagen Type I solution: make aliquots of 10–25 μL. Store in a fridge at 4°C.
Chip Digestion Solution

1) Warm up complete DMEM in a 37°C water bath for at least an hour.
2) Prepare 5 mL of digestion solution with final concentrations of 1 mg/mL nattokinase, 25 mM HEPES, and 1 mg/mL collagenase type 1.
Flow Cytometry Staining Buffer (2% FACS Buffer)

1) Prepare 2% FACS buffer by combining thawed 10 mL of heat-inactivated FBS with 500 μL of 1X PBS.
2) Store in a fridge at 4°C. Use cold buffer for staining and bone marrow dissociation.
Alkaline Phosphatase and VonKossa Staining

1) Prepare fresh alkaline phosphatase staining substrate by dissolving 0.005 g of Napthol AS MX with 200 μL of DMF in an Eppendorf tube. Combine 25 mL of Tris HCL pH 8.3, 0.2 M with 25 mL of distilled water. Combine all reagents together with 0.03 g of red violet LB salt.
2) Prepare 2.5% silver nitrate Von Kossa staining solution by dissolving 2.5 g of silver nitrate with 100 mL of distilled water.
Red Blood Cell Lysis Buffer

1) Prepare a solution of 156 mmol/L NH4Cl, 127 μmol/L EDTA, and 12 mmol/L NaHCO3.
METHODS AND PROTOCOLS
BMME-On-Chip Preparation
Day-14: (I) Primary Bone Marrow Cell Isolation

1) Obtain marrow cells from long bones of the hind limbs of mice and flush out marrow using a 25-gauge needle and FACS buffer.
2) Dissociate marrow with a 16-gauge needle and filter with a 40 μm cell strainer. Collect in a 50 mL conical tube.
3) Fill the conical tube to 25 mL with FACS buffer and centrifuge the cell solution at 1000rpm for 5 min. Remove the supernatant and resuspend the cells in 10 mL of FACS buffer.
4) Count the cells using trypan blue and hemacytometer.
Day-14: (II) Primary BMSC Cell Culture

1) Warm up complete media to 37°C in a water bath.
2) Isolate primary bone marrow cells and count the cells.
3) Centrifuge and resuspend the cells in complete media to obtain a cell concentration of 2 × 106 cells/ml.
4) Seed 3 ml of cell solution in each well of a tissue culture treated 6-well plates to obtain a seeding concentration of 6 × 106cells/well or 6.25 × 105cells/cm2.
5) Grow cells for four days untouched in a cell incubator at 37°C, 5% CO2, and 95% humidity to let the BMSCs adhere.
6) On day 4, replace media with warm complete media to remove non-adhered cells, dead cells, and debris.
7) Expand BMSCs for another 7–10 days before using use. Replace media every 2–3 days.
Day-1: Reagent Preparation and Emulate Chip S-1 Chip Activation

1) Prepare chip activation and extracellular matrix solution according to the manufacturer’s instruction (Basic Organ-Chip Culture Protocol, Emulate EP177 v1.0, April 30, 2019, https://emulatebio.com/wp-content/uploads/2021/06/EP177_v1.0_Basic_Organ-Chip_Culture_Protocol.pdf).
2) Once activated, each cell compartment is added in a sequential manner according to the workflow timeline in Figure 1B.
Day 0: (I) BMSC Cell Seeding and Osteoblastic Cell Differentiation

1) Trypsinize BMSC cells in T-75 flasks using 5 mL of 0.25% Trypsin-EDTA for 3 min in a cell culture incubator.
2) Neutralize the trypsin by adding 20 mL of gas equilibrated osteoblastic differentiation media. Gently pipette the solution to release the cells and centrifuge the cells at 500 g.
3) Repeat trypsinization if there are still adhered BMSC on the culture flask.
4) Resuspend the cells in 10 mL of the same media for cell counting. Centrifuge the cells and remove the supernatant.
5) Resuspend the BMSCs in an appropriate volume of media to obtain a density of 2 × 106 cells/mL.
6) Prepare Chip S-1 by flushing both the apical and basal channels with 100 μL of gas equilibrated media.
7) Remove the content of the apical channel using an aspirator and immediately pipette 45 μL of the cell solution to obtain a seeding density of 6 × 104 cells/chip.
8) Invert the chips and place them in a sterile cell culture dish (150 mm × 25 mm) to allow BMSC to adhere on the top surface of the apical channel. Add 1 mL of sterile water in a 15 mL conical tube cap in the culture dish to maintain humidity.
9) Leave the chips in the cell culture incubator for 2 h.
10) After 2 h, check on BMSC adherence on the top surface of the apical channel under a light microscope to ensure 70–90% confluent seeding. Reseed the chips with BMSC if the seeding density is low.
11) Remove unadhered cells by pipetting about 200 ul of media at the inlet of the apical channel while simultaneously aspirating the outflow at the outlet channel. Do not fully aspirate the content of the channels. Repeat washing with the basal channel.
12) Prepare Emulate Pod™ by placing 3 ml of gas equilibrated osteoblastic differentiation media into the inlet reservoir of the apical channel. Fill the apical outlet, basal inlet, and outlet reservoirs with 300 μL of media.
13) Assemble the chip with the Pod™ and connect the system to the Zoe™ Culture Module according to the manufacturer’s instructions (Basic Organ-Chip Culture Protocol, Emulate EP177 v1.0, April 30, 2019—refer to Day 2: Chips to Pods and Pods to Zoe section).
14) Set the flow settings to 30 μL/h in the apical channel and no flow in the basal channel.
15) Differentiate cells for 14 days while checking for air bubbles in the channels every 2–3 days. Clear any air bubbles with gas equilibrated media.
16) Add gas equilibrated media into the apical channel inlet reservoirs every 2–3 days and remove the content of the outlet reservoir. Replace 300 μL of media into the reservoir to avoid drying out.
Day 0: (II) BMSC Culture Preparation
Isolate and culture bone marrow cells from C57BL/6 J to obtain BMSC on Day 14 for cell encapsulation. Follow protocols for primary bone marrow cell isolation and BMSC culture.
Day 10: C166 Cell Line Culture

1) Warm up complete endothelial media to 37°C in a water bath.
2) Thaw a vial of frozen C166 appropriately according to the manufacturer’s protocol. (https://www.atcc.org/products/crl-2581).
3) Resuspend cells in 10 mL of complete endothelial media and seed the cells in a T-75 culture flask.
4) Incubate cells for 2–3 days until reaching 70–80% confluency before use.
5) Cells can be passaged at a 1:5 or 1:10 ratio and stored appropriately in liquid nitrogen before use. Use C166 at passage 1-5.
Day 14: (I) Endothelial Cell Seeding

1) Trypsinize C166 endothelial cells in T-75 flasks using 5 mL of 0.25% Trypsin-EDTA for 3 min in a cell culture incubator.
2) Neutralize the trypsin by adding 20 mL of gas equilibrated complete endothelial media. Gently pipette the solution to release the cells and centrifuge the cells at 1000 rpm or 500 g. Resuspend the cells in 10 mL of media and count the cells.
3) Seed 25 μL of 2 × 106cells/mL C166 cell solution into the basal channel of the chips similarly according to the BMSC seeding protocol.
4) Invert the chips to allow cells to adhere onto the membrane surface of the basal channel (Figure 1A). Leave the cells to adhere in the incubator for two hours.
Day 14: (II) Hydrogel Seeding and Coculture

1) Isolate bone marrow cells from 1 C57BL/6 J mouse according to the primary bone marrow cell isolation protocol. Count the cells and resuspend them in gas equilibrated supplemented DMEM media.
2) Trypsinize and collect the BMSC grown for 14 days. Count the cells and resuspend them in gas equilibrated supplemented DMEM media.
3) Thaw fibrin hydrogel components. Calculate the volume of each component needed for the number of chips to be seeded. Each chip will obtain 45 μL of fibrin gel solution containing whole bone marrow cells and BMSC in the apical channel. The final gel solution will have 5 mg/mL of fibrinogen, 25 μg/mL aprotinin, 0.2 mg/mL collagen type 1, and 0.5 U/mL thrombin.
4) To prevent premature crosslinking, prepare the gel solution in two separate mixes. Combine fibrinogen and aprotinin in tube A and collagen type 1 and thrombin in tube B.
5) Combine 6 × 104 BMSC and 6 × 104 bone marrow cells per chip and resuspend in the amount of media required to bring up the total volume to the desired final volume. Mix the cell solution with tube B.
6) For each chip, separately aliquot the desired volume tube A and tube B containing media with cells and immediately seed into the apical channel of Chip S-1. Check for bubbles. Reseed the apical channel in the presence of air bubbles.
7) Leave the chips in the cell incubator for 30 min to 1 h in a humidified cell culture dish for the gel to fully polymerize.
8) Remove the contents of the inlet and outlet reservoirs of the Pod™ and fill up 3 mL of gas equilibrated supplemented endothelial media in the basal channel inlet reservoirs. Add about 300 μL of media to the remaining reservoirs.
9) After the gel is polymerized, connect Chip S-1 to Pod™ and Zoë™. Setup flow at 30 μL/h in the basal channel where the endothelial cell monolayer is present.
10) Culture chip for another 7 days. Check for bubbles and replace the media every 2–3 days.
Day 21: Harvesting Cells

1) Prepare chip digestion solution.
2) Disconnect Chip S-1 from the Zoë™ and plug the outlet ports of the apical and basal channels with a 200 μL pipette tip.
3) Add 100 μL digestion solution to the apical channel and 50 μL digestion solution to the basal channel. Leave pipette tips in the inlet port.
4) Incubate the chips for 1 h in the incubator.
5) After 1 h, collect the contents of the apical and basal channel into a microcentrifuge tube.
6) Trypsinize the channels with 0.25% Trypsin-EDTA for 5 min at 37°C to collect the remaining cells on the membrane surfaces. Check for detachment under a light microscope.
7) Collect trypsin digest into the same collection tubes and add 1 mL of media to neutralize the trypsin.
8) Centrifuge the cell suspension to remove the digest media.
9) Resuspend cells in 1 mL of media and count the cells.
10) The cells are now ready for appropriate analysis steps.
Flow Cytometry

1) C57BL/6 J marrow cell control. Isolate cells from each mouse using the previous cell isolation protocol. Cells can be stored in liquid nitrogen.
2) Resuspend the cells in a 5 mL 1 × RBC lysis buffer for 5 min at room temperature.
3) Wash with 5 mL FACS buffer. Centrifuge the cells and decant the supernatant.
4) Resuspend the cells in FACS buffer and set aside 1 × 106 of isolated C57BL/6 J cells for DAPI and unstained compensation controls.
5) Prepare the primary lineage staining solution with the appropriate antibodies (Supplementary Table S1). Prepare the desired volume of master mix for 1 μL of each antibody solution per sample.
6) Centrifuge the harvested cells and controls in FACS tubes. Remove the supernatant.
7) Add 100 μL of lineage-biotin staining solution to each sample and leave the cells at 4°C for 25 min. In the meantime, prepare fluorophore-conjugated antibodies staining solution Supplementary Table S1.
8) Wash with staining solution by topping off the FACS tube with FACS buffer. Centrifuge the cells and decant the supernatant.
9) Repeat the staining process with fluorophore-conjugate antibodies solution. Leave the cells at 4°C for 25 min.
10) In the meantime, prepare flow cytometry compensation control for each fluorophore by combining 1 μL of conjugated antibody, 2 drops of UltraComp beads, and 200 μL of FACS buffer in a FACS tube. For lineage compensation, combine all four biotin-labelled lineage antibodies with fluorescently labelled streptavidin antibodies. For DAPI staining control, resuspend prepared C57BL6J cells with 200 μL of DAPI solution. Prepare unstained cells in 200 μL FACS buffer.
11) After staining is completed, wash the staining solution appropriately. Resuspend the cells in 200 μL of DAPI solution.
12) The cells are ready for flow cytometry analysis using the appropriate cell analyzer system. For the abovementioned experiments, cells were analyzed using BD LSRFortessa™ and BD FACS diva software. Gating analysis was performed using FlowJo v10.7. LSK sorting and Ex-vivo culture in BMME-on-chip
Ex Vivo LSK Culture and Competitive Transplant
Day 0—Day 14(I): BMME-On-Chip Preparation
Generate chips with osteoblastic layer and endothelium layer according to BMME-on-chip preparation protocol: Day 14 to Day 14 (I).
Day 14: (II) Donor LSK Cells Sorting

1) Euthanize 4 C57BL/6 J CD45.2+ mice and isolate bone marrow cells appropriately.
2) Lyse RBCs as previously described for flow cytometric analysis.
3) Count the cells and prepare the desired volume of staining solutions (Supplementary Table S2). Set aside 1 × 106 cells each for non-magnetically depleted control, unstained cells, and DAPI.
4) Stain the cells with magnetically-labelled lineage antibodies at 1:100 (Supplementary Table S2) for 25 min at 4°C.
5) Wash the cells with 2 mL of FACS buffer.
6) Resuspend in streptavidin-conjugated magnetic particles using volume corresponding to 50 μL per 1 × 107 cells. Incubate the cells for 20 min at 4°C.
7) Add FACS buffer to the top of the volume of the tubes to 1 mL. Magnetically deplete the cells by placing the samples on a magnet for 4 min. Remove lineage negative supernatant into intermediate flow tube.
8) Resuspend magnetically labelled cells with 1 mL of FACS buffer again and repeat depletion.
9) Perform depletion one more time and transfer the supernatant to the final tubes.
10) Stain the depleted cells with fluorophore-conjugated antibodies for 25 min at 4°C (Supplementary Table S2). Prepare the compensation controls.
11) After staining, add 250 μL of FACS buffer to each sample tube. The samples are ready for flow sorting. Sort for HSPC (Lin-Sca1+cKit+). For the experiments above, cells were sorted using a FACSAria cell sorter (BD Biosciences).
Day 14: (III) LSK and BMSC Gel Seeding

1) Prepare gel solution as described in the BMME-on-chip preparation: Day 14(II).
2) Seed LSK cells at 3 × 104cells and BMSC 6 × 104 in fibrin hydrogel appropriately in the apical channel of prepared Chip S-1.
3) Culture cells under a continuous flow condition at 30 μL/h with supplemented DMEM media in the basal channel for another 14 days. Check for air bubbles and replace the media every 2–3 days.
Day 29: Primary Irradiation of Recipient Mice

1) Irradiate 10 B6 CD45.1+ mice with 5Gy of irradiation. Five mice will receive bone marrow cells from CD45.2+ mouse donors, and five mice will receive bone marrow cells from CD45.2+ chip cells (Figures 3B and C).
Day 28: (I) Harvesting Cells

1) Harvest the content of each cell according to the described protocol, Day 21: harvesting cells. The cell is ready for competitive transplant assay into B6 CD45.1+ recipients.
2) Isolate bone marrow cells from 1 B6 CD45.1+ mouse. These cells will be used as the competitor.
3) Isolate bone marrow cells from 1 C57BL/6 J mouse. These cells will be used as the control bone marrow donor.
Day 28: (II) Competitive Transplant

1) Prepare cell solution for competitive transplant with the following setup:
Chip Group: Each recipient will receive the total contents of 1 chip (CD45.2+ donor) and 1 × 105 CD45.1+ competitor cells.
Control Group: Each recipient will receive a number of C57BL/6 J bone marrow cells (CD45.2+ donor) equivalent to the average number of cells obtained from the chips and 1 × 105 CD45.1+ competitor cells.
Each mouse will receive a cell solution of 100 μL in FACS buffer.
2) Perform secondary irradiation of the ten recipient mice with 5Gy irradiation. Perform competitive transplant via tail-vein injection.
3) Collect 2–3 drops (∼200 μL) of peripheral blood at 4, 8, 12, 16, and 28-weeks post-transplant using submandibular bleeding technique. Analyze CD45.2+ donor engraftment using flow cytometry to detect CD3e+ T-lymphocytes, B220+ B-lymphocytes, and CD11b+ myeloid cells that are differentiated from CD45.1+ competitor cells (Supplementary Table S3).
4) Isolate bone marrow at 28-weeks post-transplantation (or earlier at 16-weeks) to analyze for CD45.2+ donor engraftment in HSPC population using flow cytometry (Supplementary Table S4).
Alkaline Phosphatase and Von Kossa Staining

1) To analyze mineralization for osteoblastic differentiation on chips, fix chips by adding 10% neutral formalin buffer into the inlet of the apical (50 μL) and basal channels (20 μL). Fix cells at room temperature for 30 min.
2) Wash the cells with 1x distilled water for 5 min. Repeat 2–3 times.
3) Add prepared alkaline phosphatase staining solution into the apical and basal channel of each chip. Incubate for 45 min at room temperature.
4) Rinse in distilled water 3–4 times and leave in distilled water for 1 h.
5) Stain with 2.5% silver nitrate solution of 30 min.
6) Aspirate the solution and rinse with distilled water 3 times.
7) Image cells under a microscope or store them at 4°C. For the abovementioned experiments, images were taken using Biotek Cytation 5 Cell Imagine Multimode Reader at 10 × magnification with color brightfield. Mosaic imaging and stitching were automated using Biotek Gen5 imaging and analysis software.
Image Analysis Using ImageJ
Image analysis of the alkaline phosphatase and Von Kossa stained chips was performed using ImageJ software, as described in Supplementary Figure S1. Immunofluorescent staining and imaging were performed as described in Supplementary Figure S2. Image analysis of ZO-1 and DAPI staining was performed in ImageJ, as described in Supplementary Figure S3.
Statistical Analysis
All statistical analyses were performed using GraphPad Prism 9 statistical analysis software. For all quantitative results, groups are reported as mean ± standard deviation (SD). For comparisons between two groups, statistical analysis was performed using student’s unpaired two-tailed t-test for normally distributed. Otherwise, unpaired and non-parametric multiple t-tests were performed with Mann–Whitney post-test. For comparisons between two groups across timepoints (Figure 5), statistical analysis was performed using restricted maximum likelihood (REML).
ANTICIPATED RESULTS
We anticipate that the modular nature of this BMME-on-chip will allow for rigorous analysis of individual cellular components of the bone marrow microenvironment in a model that more closely recapitulates the in situ HSC niche. The modular nature of this model and the ability to use different cell populations from unique sources and genetic backgrounds is a powerful tool. We anticipate that this system will be used to clarify the roles of individual cell populations of the BMME during hematopoietic homeostasis, as well as during aging, and in pathological states such as leukemia and multiple bone marrow failure syndromes.
LIMITATIONS
The described murine BMME-on-chip provides validation that an in vitro system is capable of maintaining multi-potent and self-renewing HSCs for at least 14 days. Competitive transplantation of HSCs into an immune competent recipient is the gold standard for quantifying HSC function. As this analysis is not possible with the use of human cells, this represents a strength of the murine system in validation prior to the use of a fully human BMME-on-chip. However, it also represents a limitation as mouse models do not always recapitulate the human environment. Previously published BMME-on-chip devices that use human tissue have demonstrated the ability to maintain phenotypic HSPCs (Chou et al., 2020). Therefore, it is likely that the functional ability to self-renew and repopulate the hematopoietic system of a myeloablated recipient that we report here in the murine model is translatable to a human environment.
While our murine BMME-on-chip includes multiple key components of the bone marrow HSC niche, it is not fully representative of the physiologic bone marrow. For example, osteoclastic bone resorption is an ongoing process in vivo and is a component not included in our system. In addition, osteocytes embedded in bone are the most abundant bone cell in vivo and are not present in our BMME-on-chip (Frisch, 2019). The relative importance of these cells and processes for the regulation of HSCs are not well-established, and thus the implication of their absence in our system is not known (Soto et al., 2021). However, the ability of our BMME-on-chip to maintain a fully functional HSC population suggests that they are not required for HSC maintenance.
CONCLUSION
In leukemia such as acute myeloid leukemia (AML) and chronic myeloid leukemia (CML), leukemic cells can interact with the surrounding stroma to create a favorable environment for leukemia stem cell LSC maintenance and expansion of leukemic cells (Frisch et al., 2012; Shafat et al., 2017; Behrmann et al., 2018; Staversky et al., 2018; Xu et al., 2021). The BMME is made up of cellular and noncellular components such as BMSC, endothelial cells, osteoblasts, osteoclasts, fibroblasts, adipocytes, macrophages, and extracellular matrix that provide crucial signals for the homeostatic regulation of hematopoietic systems. Leukemia has been shown to interact with the BM niche by modulating endothelial activation, establishing crosstalk with fibroblasts, and inhibiting osteoblasts (Ryningen et al., 2005; Frisch et al., 2012; Pezeshkian et al., 2013; Krevvata et al., 2014; Shafat et al., 2017; Staversky et al., 2018). In particular, our group and others have shown that leukemic cell interaction with osteoblasts is an important component in sustaining leukemic burden. However, the interactions of the HSC niche with bone marrow pathologies are poorly understood (Soto et al., 2021). AML is the most common form of leukemia that arises in the bone marrow (Soto et al., 2021). The standard therapy for AML of combined daunorubicin and cytarabine administration, termed 7 + 3 induction therapy, which was first employed in the 1970s, is still the predominant upfront therapy for most AML patients and gives rise to poor outcomes with an overall 5-years survival rate of <30% (Roussel et al., 2020; Kantarjian et al., 2021). Therefore, a better understanding of the role of the BMME in AML is critical for the improvement in therapy and patient outcomes.
The use of a BMME-on-chip that recapitulates many of the cellular interactions that occur in the BMME in vivo will allow for rigorous analysis of the BMME during hematologic malignancies. A murine environment, like the one in the BMME-on-chip described herein, will validate that phenotypes identified in vivo murine leukemic models can be recreated in an in vitro environment, and suggest that the in vitro environment of a similar human BMME-on-chip will recreate human bone marrow phenotypes that are not possible to directly observe in vivo. Therefore, this BMME-on-chip microphysiological platform will serve as a critical pre-clinical model for the identification of novel therapeutic targets.
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Tendon mechanical properties are significantly compromised in adult tendon injuries, tendon-related birth defects, and connective tissue disorders. Unfortunately, there currently is no effective treatment to restore native tendon mechanical properties after postnatal tendon injury or abnormal fetal development. Approaches to promote crosslinking of extracellular matrix components in tendon have been proposed to enhance insufficient mechanical properties of fibrotic tendon after healing. However, these crosslinking agents, which are not naturally present in the body, are associated with toxicity and significant reductions in metabolic activity at concentrations that enhance tendon mechanical properties. In contrast, we propose that an effective method to restore tendon mechanical properties would be to promote lysyl oxidase (LOX)-mediated collagen crosslinking in tendon during adult tissue healing or fetal tissue development. LOX is naturally occurring in the body, and we previously demonstrated LOX-mediated collagen crosslinking to be a critical regulator of tendon mechanical properties during new tissue formation. In this study, we examined the effects of recombinant LOX treatment on tendon at different stages of development. We found that recombinant LOX treatment significantly enhanced tensile and nanoscale tendon mechanical properties without affecting cell viability or collagen content, density, and maturity. Interestingly, both tendon elastic modulus and LOX-mediated collagen crosslink density plateaued at higher recombinant LOX concentrations, which may have been due to limited availability of adjacent lysine residues that are near enough to be crosslinked together. The plateau in crosslink density at higher concentrations of recombinant LOX treatments may have implications for preventing over-stiffening of tendon, though this requires further investigation. These findings demonstrate the exciting potential for a LOX-based therapeutic to enhance tendon mechanical properties via a naturally occurring crosslinking mechanism, which could have tremendous implications for an estimated 32 million acute and chronic tendon and ligament injuries each year in the U.S.
Keywords: tendon, collagen crosslinking, lysyl oxidase, tendon healing, mechanical properties, birth deformity, orthopaedic, musculoskeletal
INTRODUCTION
Tendon is a highly collagenous connective tissue that transmits forces from muscle to bone to enable movement. Unfortunately, tendon injuries are highly prevalent throughout the body. For example, flexor tendon injuries affect 33 per 100,000 persons each year (de Jong et al., 2014). Achilles tendon injuries account for up to 50% of all sports-related injuries (Järvinen et al., 2005; Raikin et al., 2013). Rotator cuff injuries affect 30% of people over the age of 60, leading to over 600,000 repairs each year in the U.S. (Vitale et al., 2007; Dang and Davies, 2018). Despite their critical musculoskeletal functions, tendons lack the ability to regenerate when injured (Arya and Kulig, 2010; Helland et al., 2013; Derwin and Thomopoulos, 2020; Sarmiento and Little, 2021). Tendons are also commonly associated with heritable connective tissue disorders and birth abnormalities, including Ehlers-Danlos syndrome (EDS) and clubfoot (Browne, 1931; Windisch et al., 2007; Gazit et al., 2016). It has been estimated that tendon-related birth defects affect up to 1 in 100 live births each year (Kowalczyk and Feluś, 2016). Unfortunately, there are currently no effective treatment strategies to restore native mechanical properties to tendons in any of these scenarios. Thus, there is a critical need for therapeutics to promote tendon mechanical properties.
Lysyl oxidase (LOX) is a critical regulator of tendon mechanical properties during new tissue formation. LOX catalyzes the formation of crosslinks between collagen molecules, including trivalent hydroxylysyl pyridinoline (HP) and lysyl pyridinoline (LP), the two most prevalent LOX-mediated collagen crosslinks in tendon (Eyre et al., 1984; Eyre et al., 2008). We previously discovered that inhibition of LOX activity during tendon development blocks formation of new HP and LP crosslinks between collagen molecules, and that this inhibition of collagen crosslinking prevents increases in tendon elastic modulus (Marturano et al., 2013; Marturano et al., 2014). Furthermore, inhibition of increases in elastic modulus due to inhibition of LOX crosslinking occurred without affecting collagen content and organization (Marturano et al., 2013; Marturano et al., 2014). Our studies also revealed that tendon elastic modulus correlates strongly with crosslink density (r2 = 0.8, p < 0.0001) as well as LOX activity levels (r2 = 0.8, p < 0.05) during normal development and also when LOX activity is inhibited (Marturano et al., 2014; Pan et al., 2018). Taken together, LOX plays an important role in regulating tendon mechanical properties by modulating collagen crosslinking.
LOX-mediated collagen crosslink density correlates significantly with elastic modulus in healthy adult tendons in human, goat, and horse (Eyre et al., 1984; Ng et al., 1996; Thorpe et al., 2010). Unfortunately, adult tendons post-healing are associated with abnormal and typically inferior mechanical properties (Beredjiklian et al., 2003; Arya and Kulig, 2010; Helland et al., 2013; Sereysky et al., 2013; Theodossiou and Schiele, 2019; Arvind and Huang, 2021). Higher HP and LP crosslink density levels have been reported during the early stages of healing of injured human supraspinatus tendons compared to healthy tendons, but the study only examined one timepoint and it was hypothesized that these increases were temporary (Bank et al., 1999). Indeed, rabbit medial collateral ligaments have been reported to possess lower elastic modulus and pyridinoline crosslink density after complete healing at 40 weeks post-injury compared to non-injured controls (Frank et al., 1995). In addition, it has been shown in skin and liver that crosslink density increases significantly during the early remodeling phase but eventually decreases and remains at lower levels compared to healthy controls (Bailey et al., 1975; Bailey and Light, 1985; Ricard-Blum et al., 1992). Taken together, enhancement of LOX-mediated collagen crosslinking may be necessary to restore normal tendon mechanical properties and function.
Crosslinking has been studied as a potential treatment to enhance tendon mechanical properties with limited degrees of success (Caliari et al., 2011; Fessel and Snedeker, 2011; Fessel et al., 2012; Fessel et al., 2014; Green et al., 2017). In particular, crosslinkers such as 1-ethyl-3-(3-dimethylaminopropyl) carbodiimide, glutaraldehyde, and genipin have been tested to enhance the mechanical properties of tendon explants and engineered tendon tissue (Caliari et al., 2011; Fessel and Snedeker, 2011; Fessel et al., 2012; Green et al., 2017). However, these crosslinkers do not occur naturally in human and are associated with cytotoxicity at levels that improve tendon mechanical properties (Fessel et al., 2014). In contrast, LOX-mediated crosslinking of collagen occurs naturally during development and correlates directly with mechanical properties of homeostatic adult tendons (Eyre et al., 1984; Ng et al., 1996; Thorpe et al., 2010). A therapeutic treatment that promotes naturally occurring crosslinking to enhance tendon mechanical properties would have significant clinical implications.
In addition to poor tendon healing, abnormal LOX-mediated collagen crosslinking has been implicated in heritable connective tissue disorders and birth abnormalities that affect tendon, including EDS, clubfoot, and Menkes disease (Di Ferrante et al., 1975; Kuivaniemi et al., 1985; Royce and Steinmann, 1990; Knitlova et al., 2021; Novotny et al., 2022). For example, EDS is associated with lower LOX enzyme levels and compromised tendon mechanical properties compared to healthy counterparts (Kuivaniemi et al., 1985; Nielsen et al., 2014). In clubfoot patients, LOX protein and LOX-mediated crosslink density levels are both higher in the contracted tendons as compared to the non-contracted tendons (Knitlova et al., 2021; Novotny et al., 2022). Although clubfoot is treatable postnatally via an extensive 5-year bracing process called the Ponseti method, the treated clubfoot tendons possess lower elastic modulus compared to age-match healthy children and recurrence of clubfoot after the 5-year process is as high as 37% (Richards et al., 2008; Bor et al., 2009; Masala et al., 2012; Sætersdal et al., 2012; Zhao et al., 2014). These examples indicate a need for more effective treatments that can restore native mechanical properties of tendon that are involved in connective tissue disorders and musculoskeletal birth defects. Based on these findings, future therapeutics could target LOX-mediated collagen crosslinking to enhance mechanical properties of abnormally weak tendons during treatment of connective tissue disorders and musculoskeletal abnormalities in childhood years.
There is a critical need to effectively enhance tendon mechanical properties of abnormally weak tendons that are associated with connective tissue disorders and birth abnormalities and adult tendon injuries. Because tendon-related birth defects develop at different stages during pregnancy and injured adult tendons undergo various stages of new tissue formation during healing, we aimed to examine the effects of recombinant LOX (rLOX) treatment on embryonic tendons at different developmental stages. We treated chick embryo tendons from two developmental stages with rLOX and measured LOX-mediated collagen crosslink density, tendon mechanical properties, cell number and viability, and collagen content, organization, and maturation. We hypothesized that 1) rLOX treatment would enhance LOX-mediated collagen crosslink density and tendon mechanical properties at different developmental stages, 2) LOX-mediated collagen crosslink density and tendon elastic modulus would plateau at higher rLOX concentrations, and 3) cell viability and collagen content, organization, and maturation would not be affected by rLOX treatment. Our findings here establish the feasibility of therapeutic treatment strategies to enhance tendon mechanical properties by promoting LOX-mediated collagen crosslinking, a naturally occurring mechanism.
MATERIALS AND METHODS
Experimental overview
Chick embryo calcaneal tendons from two developmental stages Hamburger-Hamilton stage (HH) HH40 (embryonic day 14) and HH43 (embryonic day 17), were used for in ovo and ex ovo experiments. HH40 and HH43 were chosen based on our previous findings that significant collagen deposition, organization, and crosslinking, as well as elaboration of tendon mechanical properties, are rapidly increasing through HH40 and HH43 (the embryo hatches after HH45) (Kuo et al., 2008; Marturano et al., 2013; Marturano et al., 2014). For in ovo experiments, recombinant (r) LOX or vehicle (Ctrl) was injected in vivo between the calcaneal tendon and the underlying tibia bone. Embryos were sacrificed and tendons were dissected for tensile testing after 48 h. For ex ovo experiments, tendon explants were cultured in medium supplemented with rLOX or vehicle. Tendon explants were harvested after 72 h culture for atomic force microscopy, histological staining, and two-photon imaging. The number of biological replicates in all experiments was determined by power analysis, where each sample was from a different chick embryo.
In ovo culture
Fertilized white leghorn chick embryos (University of Connecticut Poultry Farm, CT) were cultured in humidified rocking incubators at 37.5°C. At HH20, a small window was created in the eggshell, as we previously described (Stein et al., 2019). Transparent tape was placed on top of the window and the windowed eggs were subsequently incubated in humidified non-rocking incubators at 37.5°C. At HH38 and HH41, embryos were each injected with 3 µg of rLOX (Origene, MD) dissolved in 30 µl vehicle (25 mM Tris HCl, pH 7.3, 100 mM glycine, 10% glycerol) between the calcaneal tendon and the underlying tibia bone at 0 h and 24 h. The contralateral control limb was injected with 30 µl vehicle. The window was re-sealed with tape and embryos were returned to the incubators. After 48 h, embryos were sacrificed at HH40 and HH43, and the calcaneal tendons were dissected for tensile mechanical testing.
Tensile mechanical testing and data analysis
Tendons treated in vivo with either vehicle or rLOX were harvested and tensile tested as previously described (Navarro et al., 2022). Briefly, tendons were gripped at each end and stretched uniaxially at 1% strain per second until failure. Elastic modulus was calculated based on the slope of the linear region of the stress-strain curve. Peak stress was calculated by normalizing the maximum load recorded during testing to the cross-sectional area. Peak strain was determined by the strain value at peak stress.
Ex ovo explant culture
Calcaneal tendons of HH40 and HH43 chick embryos were dissected out of the limb, using our previously established protocol to ensure muscle and fibrocartilage were excluded (Navarro et al., 2022). After the tendon was separated from the limb, tendon bundles separated easily from each other during gentle extraction using fine tweezers. Tendon bundles range from 1.55 to 3.41 mm in length and from 200 to 400 µm in diameter. Each experiment required N = 5 biological replicates, with a different embryo as the source of each biological replicate (N). Bundles from a tendon of the same embryo were divided across treatment groups: Ctrl, 1X, 2X, and 5X rLOX. This process was implemented for N = 5 different embryos. Tendon bundle explants were cultured for 72 h in complete medium consisting of Dulbecco’s modified Eagle’s medium (Life Technologies, CA), 10% fetal bovine serum (Atlanta Biologicals, GA), and 1% antimycotic-antibiotic (Gibco, CA). Culture medium was replenished and supplemented with either 0 (vehicle), 1.5, 3, or 7.5 µg/ml rLOX (corresponding to 1X, 2X, or 5X rLOX) at 0 h, 24 h, and 48 h. Studies have shown LOX remains active up to 120 h in vitro (Trackman et al., 1981; Kagan and Li, 2003). Tendon explants were harvested for assays at 72 h.
Cryopreservation and cryosectioning
Tendons were cryopreserved and cryosectioned as previously described (Marturano et al., 2013). Briefly, tendons were immersed in 10% (v/v) dimethyl sulfoxide (Sigma, MO) HBSS solution for 15 min at room temperature, with tissue-to-solution volume ratio of at least 1:10. Tendons were then incubated in optimal cutting temperature (OCT) medium (Sakura Finetek, CA) for 30 min at room temperature, slowly frozen at −1°C/min to −80°C in an isopropanol bath, and then stored in a −80°C freezer. Frozen blocks were cryosectioned at 20 µm thickness for assays described below. At the start of as well as during sectioning, the frozen tissue block was adjusted as needed to ensure collagen fibers were oriented in the longitudinal direction, parallel to the sectioning plane.
Force volume-atomic force microscopy
AFM was performed on 20 μm-thick sections following our previously established methods (Marturano et al., 2013). Briefly, tendon cryosections were immersed in PBS at room temperature for 5 min to remove the OCT and DMSO. Samples were then immersed in fresh PBS during AFM testing. To ensure the location of AFM testing was consistent from one sample to the next, we visualized the entire bundle length using brightfield imaging. The mid-point of tendon bundles along the longitudinal length was determined using the x-y coordinates provided by the imaging software and chosen as the location for AFM probing. Pyramidal Si3N4 probes with an approximately 20 nm tip radius and a spring constant of 0.06 N/m (Bruker, MA) were used on an MFP-3D AFM machine (Asylum Research, CA). Tissue was indented by the nanoscale probe at 6 µm/s rate. For each measurement, the probe was descended onto the tissue until 40 nm deflection in the cantilever was detected. Force maps were recorded within a 10 µm × 10 µm area with a 64 × 64 force curve array. Individual elastic moduli were calculated by fitting individual force-displacement curves to the Hertzian equation, also as described in our previous study (Marturano et al., 2013). For each tendon sample, median elastic modulus was calculated from 4,096 data points per force map. Median, rather than mean, was reported for each sample because of non-symmetrical increases in moduli across the 4,096 data points per force map.
Hematoxylin and eosin staining and image analysis
Tendon sections were stained with H&E and imaged under brightfield microscopy (20X objective, ZEISS Axio Scan, Germany). For each biological replicate (N), cells were counted per 120 × 120 µm2 area manually using the Cell Counter plug-in in ImageJ (NIH, MD) by three independent reviewers. The cell number per area was calculated as total cells divided by area.
TdT-mediated dUTP nick end labeling (TUNEL) staining and image analysis
Apoptotic cells were detected in TUNEL-stained tendon sections using the In Situ Cell Death Detection Kit, TMR red (Roche, Germany). Counter-staining with Hoechst 33342 (Thermo Fisher, MA) was used to visualize all cell nuclei. Stained sections were imaged using a FLUOVIEW FV3000 laser scanning confocal system (Olympus, PA). TUNEL-positive cells and Hoescht 33342-positive cells fluoresced red and blue, respectively. To enhance visualization in figures, Hoescht 33342-positive cells were pseudo-colored green. To measure cell viability based on TUNEL staining, images were converted to 16-bit (grey scale) and a universal threshold was applied to all images to identify individual cells. Total cell number based on Hoeschst staining (Ntotal) and TUNEL-positive cells (Na) were counted using the Analyze Particle function in ImageJ (NIH, MD). The percentage of viable cells was calculated as [(Ntotal–Na)/Ntotal ] x 100%.
Picrosirius red staining and image analysis
Tendon sections were stained with PSR and imaged using brightfield and polarized light microscopy (20X objective, ZEISS Axio Scan, Germany). Light source angle was kept consistent between all samples as it is non-adjustable on the ZEISS Axio Scan. Collagen content was assessed by analyzing brightfield images of PSR-stained sections. Brightfield images were converted into 8-bit format and thresholded to identify PSR-positive staining areas. PSR-positive staining area fraction of each image was quantified to determine collagen content per unit area. Collagen maturity was assessed by analyzing polarized images of the same PSR-stained sections used in the analysis above. It has previously been shown that polarization color shifts from the shorter wavelength color green to higher wavelength colors yellow and then red as collagen fibers increase in diameter and packing density, as typically occurs during maturation (Junqueira et al., 1982; Dayan et al., 1989). Accordingly, the percentages of green, yellow, and red collagen fibers have been used to evaluate collagen maturity in polarized microscopy images of tissues (Wolman and Kasten, 1986; Monaghan et al., 2017; Patel et al., 2018). Here, we characterized green fibers as immature fibers, yellow fibers as intermediate fibers, and red fibers as mature fibers, using the following method. Polarized images were converted into 8-bit format. In order to set the appropriate threshold levels that classify red, yellow, and green pixels, we evaluated the intensity ratio of red to green signal (IR/IG) for at least 20 visibly red and green regions within tendon per embryonic stage. The selection of lower to higher intensity red and green regions was performed by 3 independent reviewers. A pixel was classified as red if IR/IG ≥ 1.8, green if IR/IG ≤ 1.1, and yellow if 1.1< IR/IG<1.8. The ranges of IR/IG ratio for each color were entered into a MATLAB code. To ensure there was no human bias, the same code was applied to every image to quantify the percentage of red (mature), yellow (intermediate), and green (immature) fibers.
Two-photon microscopy and image analysis
Tendon sections were imaged using an Olympus FVMPE-RS microscope system with an Olympus 25X water immersion objective (Olympus, Japan). Fibrillar collagen was visualized based on forward second harmonic generation (F-SHG) signal (780/370–410 nm). Image segmentation was performed by generating a binary mask using intensity thresholding with a custom MATLAB code (Mathworks, CA). Average pixel intensity of each image was quantified to determine collagen content per unit area. The Directionality plugin in FIJI (NIH, MD) was used to quantify the angle of collagen fiber orientation (JY, 2010; Sensini et al., 2018; Bah et al., 2020). First, SHG images were imported and converted into 8-bit format. Fourier spectrum analysis was then performed to create a histogram of orientation angle of collagen fibers within the images. The histogram peak represented the predominant orientation angle, and the histogram width represented the dispersion of collagen fiber orientation angles. Lower dispersion value indicated more aligned collagen fibers.
High performance liquid chromatography
Tendon samples were flash frozen in liquid nitrogen and ground with pestle and mortar. Samples were then transferred into 1.5 ml Eppendorf tubes for long-term storage at −80°C or immediately processed for HPLC. Frozen tendon samples were lyophilized and reduced with 10 mg/ml sodium borohydride (NaBH4) in 1 mM sodium hydroxide (NaOH) for 2 h at room temperature. Acetic acid was added until pH = 3 was achieved to stop the reaction. Samples were hydrolyzed with 6 M hydrochloric acid at 110°C for 20 h. Samples were lyophilized until completely dried, weighed, and then reconstituted in 50 µl of 1% heptafluorobutyric acid (HFBA) HPLC-grade water. Samples were injected into a 4.6 mm × 150 mm C18 reverse phase column (Shimadzu, Japan) and analyzed for pyridinoline content (HP and LP) based on fluorescence signal (297/395 nm) (Bank et al., 1997). Crosslink density was calculated as the ratio of HP and LP content to dry mass of each sample.
Statistical analyses
Power analysis was performed with G*Power software based on preliminary data with power = 0.9 and significance level α = 0.05 using 1 sample, 2-sided equality, and 2-sample equivalence scenarios (Faul et al., 2007). Power analysis determined N = 5 per embryonic stage and condition was needed for tensile testing, AFM, H&E staining and image analysis, PSR staining and image analysis, and SHG imaging and image analysis, and N = 3 per embryonic stage and condition was needed for HPLC. Student t-test was used to analyze statistical differences between rLOX and vehicle control (Ctrl) treatments for tensile and nanoscale elastic moduli, cell number and viability, and collagen content, alignment, and maturity. 1-way ANOVA followed by Tukey’s post-hoc analysis was used to analyze statistical differences in nanoscale elastic modulus and crosslink density between Ctrl, 1X, 2X, and 5X rLOX treatments. Exponential plateau fit analysis was used to examine the plateaus in elastic modulus and crosslink density with increasing rLOX concentrations. Linear regression analysis was used to examine the correlation between elastic modulus and crosslink density. All statistical analyses were performed using Graphpad Prism v8 (CA, United States).
RESULTS
Tensile testing revealed tendon elastic modulus and peak stress increased significantly with rLOX treatment whereas peak strain was not affected for both HH40 and HH43 tendons (Figures 1A–F).
[image: Figure 1]FIGURE 1 | Tensile mechanical properties of HH40 and HH43 tendons were significantly enhanced by rLOX treatment of the tendon during development in vivo. Elastic modulus (A) and peak stress (B) of HH40 tendons increased significantly with rLOX as compared to Ctrl treatment. Peak strain (C) of HH40 tendons was unchanged with rLOX treatment. Elastic modulus (D) and peak stress (E) of HH43 tendons increased significantly with rLOX treatment. Peak strain (F) of HH43 tendons was unchanged with rLOX treatment. Statistically significant differences were determined by Student t-test with p < 0.05. n = 5 per stage and treatment group.
AFM maps revealed more regions with higher elastic modulus values in both HH40 and HH43 tendons when treated with rLOX (Figures 2A,B). Relative frequency histograms showed rLOX treatment led to wider distributions of elastic moduli with higher elastic modulus values (Figures 2C,D). Median nanoscale elastic moduli of HH40 and HH43 tendons both increased significantly with rLOX treatment over those with Ctrl treatment (Figures 2E,F).
[image: Figure 2]FIGURE 2 | Nanoscale elastic moduli of HH40 and HH43 tendon explants were significantly increased with rLOX treatment ex ovo. (A,B) Representative elastic modulus maps showed HH40 (A) and HH43 tendons (B) possess more regions of higher elastic modulus after rLOX treatment compared to Ctrl treatment. (C,D) Representative histograms showed increasing frequency of higher elastic moduli in HH40 (C) and HH43 tendons (D) after rLOX treatment compared to Ctrl treatment. Additionally, treatment with rLOX led to wider distribution of elastic modulus values for tendon explants of both stages. (E,F) Median elastic moduli of HH40 (E) and HH43 tendons (F) were significantly increased with rLOX treatment. Statistically significant differences were determined by Student t-test with p < 0.05. n = 5 per stage and treatment group.
H&E staining showed intact nuclei and no cell debris in both HH40 and HH43 tendons, with no apparent differences between rLOX and Ctrl treatments (Figure 3A). Cell density remained constant between rLOX and Ctrl treatments for HH40 and HH43 tendons, quantified based on image analysis of H&E stains (Figures 3B,C). TUNEL and Hoechst 33342 staining revealed mostly viable cells with few TUNEL-positive cells in HH40 and HH43 tendons, with no apparent differences between rLOX and Ctrl treatments (Figure 3D). Percentages of apoptotic cells were similar between rLOX and Ctrl treatments, quantified based on image analysis of TUNEL-positive cells (Figures 3E,F).
[image: Figure 3]FIGURE 3 | Cell number and viability of HH40 and HH43 tendon explants were similar between rLOX and Ctrl treatments. (A) Representative images of H&E-stained HH40 and HH43 tendons after rLOX and Ctrl treatments. High magnification images showed intact cell nuclei and lack of cell debris. (B,C) Cell density was not affected by rLOX treatment in both HH40 (B) and HH43 (C) tendons. (D) Representative images of TUNEL- and Hoescht 33342-stained HH40 and HH43 tendons after rLOX and Ctrl treatments. TUNEL-positive cells were red and Hoescht 33342-positive cells were pseudo-colored green. (E,F) Percentages of viable cells in both HH40 and HH43 tendons were similar between rLOX and Ctrl treatments. Statistically significant differences were determined by Student t-test with p < 0.05. n = 5 per stage and treatment group.
SHG images of fibrillar collagen appeared similar between rLOX and Ctrl treatments for HH40 and HH43 tendons (Figures 4A,B). Images were then analyzed to quantify collagen content, density, and dispersion angle. Quantification of total SHG signal intensity showed fibrillar collagen content was not affected by rLOX treatment in both HH40 and HH43 tendons (Figures 4C,D). Quantification of SHG signal density per unit area showed fibrillar collagen density was not affected by rLOX treatment in both HH40 and HH43 tendons (Figures 4E,F). Quantification of dispersion angle showed fibrillar collagen alignment was not affected by rLOX treatment in HH40 tendons (Figure 4G). However, lower dispersion angle with rLOX treatment indicated higher levels of collagen alignment with rLOX treatment in HH43 tendons (Figure 4H).
[image: Figure 4]FIGURE 4 | SHG imaging and image analysis of HH40 and HH43 tendon explants after rLOX and vehicle control treatments. (A,B) Representative SHG images of HH40 (A) and HH43 (B) tendons after rLOX and Ctrl treatments. (C,D) Collagen content was not affected by rLOX treatment in both HH40 (C) and HH43 (D) tendons. (E,F) Collagen density was not affected by rLOX treatment in both HH40 (E) and HH43 (F) tendons. (G) Collagen alignment, based on dispersion angle, was not affected by rLOX treatment in HH40 tendons. (H) Collagen alignment in HH43 tendons increased significantly with rLOX treatment, indicated by significantly lower dispersion angle in HH43 tendons after rLOX treatment. Statistically significant differences were determined by Student t-test with p < 0.05. n = 5 per stage and treatment group.
Brightfield and polarized microscopy images of PSR-stained HH40 and HH43 tendon sections appeared similar between rLOX and Ctrl treatments (Figures 5A,B). Collagen content of both HH40 and HH43 tendons were not affected by rLOX treatment (Figures 5C,D), which agreed with our analyses of SHG images (Figures 4C,D). The percentages of immature, intermediate, and mature fibers in both HH40 and HH43 tendons also were not affected by rLOX treatments (Figures 5E–J).
[image: Figure 5]FIGURE 5 | Collagen maturity of HH40 and HH43 tendon explants was not affected by rLOX treatment. (A,B) Representative brightfield and polarized microscopy images of PSR-stained HH40 (A) and HH43 (B) tendons that were treated with rLOX and Ctrl treatments. (C,D) Collagen content did not change with rLOX treatments in both HH40 (C) and HH43 (D) tendons. (E–J) Percentages of immature (green), intermediate (yellow), and mature (red) collagen did not change with rLOX treatments. (E,F) The percentage of immature collagen was not affected by rLOX treatments in both HH40 (E) and HH43 (F) tendons. (G,H) The percentage of intermediate collagen was not affected by rLOX treatments in both HH40 (G) and HH43 (H) tendons. (I,J) The percentage of mature collagen was not affected by rLOX treatments in both HH40 (I) and HH43 (J) tendons. Statistically significant differences were determined by Student t-test with p < 0.05. n = 5 per stage and treatment group.
AFM maps of HH43 tendons showed increasing regions of higher elastic modulus values with increasing rLOX concentrations (Figures 6A–D). Relative frequency histograms of the elastic moduli in these maps showed that elastic modulus distribution broadened and shifted to include higher elastic modulus values when treated with increasing rLOX concentrations (Figures 6A–F). Histograms of elastic moduli differed between tendons treated with 0X (Ctrl), 1X, and 2X rLOX (Figures 6A–C). In contrast, elastic modulus histograms appeared similar and overlapping for tendons treated with 2X and 5X rLOX, suggesting 2X and 5X rLOX had similar effects on elastic modulus (Figures 6C,D). Correspondingly, median elastic moduli of rLOX-treated tendons increased from 0X to 2X rLOX, but then appeared to plateau between 2X and 5X rLOX concentrations, reflected by a plateau curve fit with r2 = 0.8 (Figure 6G).
[image: Figure 6]FIGURE 6 | Plateau in elastic moduli of HH43 tendon explants was observed at higher rLOX concentration. (A–D) Elastic modulus maps and relative frequency histograms showed the shifts to higher elastic moduli between Ctrl (0X) (A) and 1X (B), 2X (C), and 5X (D) rLOX treatments. Treatment of 1X, 2X, and 5X rLOX led to wider distribution in the elastic modulus relative frequency histograms compared to Ctrl treatment. Relative frequency distribution of tendon elastic moduli almost overlapped between 2X and 5X rLOX treatments. The color scale of the elastic modulus maps was adjusted to capture the full range of maximum and minimum modulus values for all treatment groups. (E) All relative frequency distribution of tendon elastic moduli from 5 biological replicates from each treatment: Ctrl, 1X, 2X, and 5X rLOX. (F) Relative frequency distribution of tendon elastic moduli of one representative biological replicate from each treatment: Ctrl, 1X, 2X, and 5X rLOX. (G) Median tendon elastic moduli calculated from 4,096 data points per map increased significantly with rLOX treatments compared to Ctrl treatment. Tendon elastic modulus plateaued at higher rLOX concentration (exponential plateau fit, r2 = 0.8). n = 5 per stage and treatment group. Note that the intensity bar for the heat map of elastic modulus in Panel has a different scale than in Panel 2 to capture the increases in elastic modulus with rLOX concentration.
HP, LP, and total HP and LP crosslink densities of HH43 tendons treated with 0X (Ctrl), 1X, 2X, and 5X rLOX were measured using HPLC. Similar to elastic moduli, crosslink densities increased from 0X to 2X rLOX, and then plateaued between 2X and 5X rLOX (Figures 7A–C). With and without rLOX treatment, HP crosslink densities were at least 4 to 5 times higher than LP densities, which was consistent with previous reports (Marturano et al., 2014). Notably, HP and total HP and LP crosslink densities correlated highly and significantly with tendon elastic modulus (r2 = 0.93, p = 0.035; r2 = 0.92, p = 0.041; respectively) (Figures 7D–F).
[image: Figure 7]FIGURE 7 | HP and LP crosslink density (normalized to dry mass). (A–C) HP (A), LP (B), and total HP and LP (C) crosslink density plateaued at higher rLOX concentrations (exponential plateau fit, r2 = 0.7-0.8). (D–F) Correlation between LOX-mediated crosslink density and tendon elastic modulus. (D) HP crosslink density were highly and significantly correlated with tendon elastic modulus (r2 = 0.93 and p = 0.035). (E) LP crosslink density showed high correlation with elastic modulus (r2 = 0.86, p = 0.073). (F) Total HP and LP crosslink density were highly and significantly correlated with tendon elastic modulus (r2 = 0.92 and p = 0.041). Statistically significant differences were determined by Pearson correlation and linear regression with p < 0.05. N = 3 per stage and treatment group.
DISCUSSION
In this study, we demonstrated rLOX treatment can be used to controllably enhance the mechanical properties of developing tendons at different stages of functional tissue formation. Our exciting proof-of-concept data motivates the idea that a LOX-based therapeutic could be used throughout different phases of adult tendon healing to improve outcomes. As another application, a LOX-based intervention could potentially restore the mechanical properties of abnormally developing tendons during fetal development in utero. In this study, rLOX treatment increased tensile elastic modulus and peak strength in both HH40 and HH43 tendons. Nanoscale elastic modulus also increased significantly with rLOX treatment in both stage tendons. These changes in mechanical properties corresponded with changes in LOX-mediated crosslink density, whereas cell viability and collagen content and collagen fiber maturity did not change with rLOX treatment for either developmental stage. Interestingly, collagen fiber alignment in HH43 tendons was significantly enhanced by rLOX treatment. A particularly exciting finding was that crosslink density and tendon elastic modulus both plateaued at higher rLOX concentrations. The overlapping plateaus and the high correlation between elastic modulus and crosslink density (r2 = 0.92; p = 0.041) may have been due to limited availability of neighboring lysine residues within the tendon. It is exciting to consider the possibility that this mechanism could prevent the tendon from over-stiffening by preventing over-crosslinking of collagen, though this requires further investigation. Our studies demonstrate the potential for LOX-based therapeutic approaches to enhance tendon mechanical properties via LOX-mediated crosslinking which occurs naturally in the body. These novel findings have significant implications for strategies to treat adult tendon injuries, connective tissue disorders, and tendon-related birth abnormalities.
Tensile mechanical properties of tendon were significantly enhanced with rLOX treatment in vivo. Previously, we demonstrated LOX-mediated crosslinking of collagen is a key regulator of developing tendon mechanical properties. In particular, inhibition of LOX activity during tendon development inhibited the formation of LOX-mediated crosslinks (HP, LP) during development, which in turn prevented increases in elastic modulus (Marturano et al., 2013; Marturano et al., 2014). Our current study now demonstrates rLOX treatment can induce additional collagen crosslinking and lead to increases in tendon elastic modulus and peak stress without affecting peak strain (Figure 1). This enables the tendon to sustain greater mechanical load without requiring a change in length. A LOX-based therapeutic would be attractive, as LOX-mediated crosslinking is a natural regulator of tendon mechanical properties in human and other species (Eyre et al., 1984; Ng et al., 1996; Thorpe et al., 2010). In contrast, other studies have explored strategies to enhance tendon mechanical properties using crosslinkers that do not naturally occur within the human body, including genipin, 1-ethyl-3-(3-dimethylaminopropyl) carbodiimide, glutaraldehyde, and ultraviolet light (Caliari et al., 2011; Fessel and Snedeker, 2011; Fessel et al., 2014; Green et al., 2017). Unfortunately, these crosslinkers are associated with significant limitations, including cytotoxicity and significant reductions in metabolic activity at concentrations needed to enhance tendon mechanical properties (Caliari et al., 2011; Fessel and Snedeker, 2011; Fessel et al., 2014; Green et al., 2017). As an alternative to these efforts, our data suggest a LOX-based therapeutic would have significant clinical implications as it could enhance tissue mechanical properties via a crosslinking mechanism that occurs naturally in human without affecting cell viability.
Tensile elastic moduli of tendons at different stages of development were significantly enhanced with rLOX treatment in vivo (Figure 1). These data suggest that rLOX treatment could be effective when delivered at different phases of new tendon formation. The ability to enhance tendon mechanical properties via rLOX treatment at both an earlier and later phase of new tissue formation could be beneficial for adult tendon healing strategies as well as interventions for abnormal development. In particular, rLOX treatments could be administered at varying phases of new tissue formation after injury to adult tendon, presenting the possibility of accelerating tendon healing and return to function. It was exciting to observe that even with less organized collagen ECM, HH40 tendons increased in elastic modulus and peak stress with rLOX treatment, suggesting less organized ECM during adult tendon healing could also benefit from rLOX treatment. While it may be advantageous to administer interventions for tendon-related birth abnormalities as early as possible, this would be dependent on the timing of detection, which varies widely depending on the syndrome. In utero, congenital hand anomalies in which tendons are underdeveloped, are detected as early as the end of the first trimester. However, other tendon-related syndromes, such as clubfoot, are typically detected later in the second and third trimesters (Browne, 1937; Quintero et al., 1999; Lee et al., 2002; Krakow et al., 2009; Kowalczyk and Felus, 2016; Bogers et al., 2019; Bekiou and Gourounti, 2020). Thus, the ability to treat tendon abnormalities at varying stages of tissue development is important. However, it is also important to note that rLOX treatment would likely need to be tailored to the phase of tissue formation. In response to rLOX treatment at the same concentration, tensile elastic modulus of HH40 tendons increased 136% whereas that of HH43 tendons increased 35% compared to control treatments (Figure 1). During normal development, collagen content increases rapidly from HH38 through the latest embryonic stages (Marturano et al., 2013; Marturano et al., 2014). Considering HH40 tendons possess 2.8-fold lower crosslink-to-collagen ratio compared to HH43 tendons (Marturano et al., 2014), HH40 tendons appear to possess more available collagen sites for crosslinking than HH43 tendons. In this case, rLOX treatment would catalyze more collagen crosslinking in HH40 than HH43 tendons, leading to a higher fold increase in elastic modulus of HH40 than HH43 tendons compared to their respective controls. Future studies would be needed to optimize rLOX effects at different phases of tissue formation in adult and embryonic systems. It would be beneficial to develop a LOX-based therapeutic that can be effective at more than one stage of tendon tissue formation during adult tendon healing as well as during tendon development in utero.
Our previous work showed tensile modulus and nanoscale modulus both increase as a function of developmental stage (Marturano et al., 2013; Navarro et al., 2022). Here, we treated tendon explants with rLOX and used AFM to measure changes in the values and spatial distribution of nanoscale moduli. Similar to tensile moduli, median nanoscale elastic moduli of both HH40 and HH43 tendons increased significantly with rLOX treatment (Figures 2E,F). Firstly, these results suggest the enhancements in tendon mechanical properties measured with tensile testing and AFM were due to rLOX-induced crosslinking rather than unknown systemic effects induced by rLOX. Secondly, AFM maps revealed rLOX treatment shifted the spatial distribution of nanoscale moduli toward both higher values as well as greater heterogeneity within a tissue (Figures 2A–D, 6A–F). The AFM probe is sensitive to small-scale components in the tissue, including cells, fibrillar collagen, and other ECM components (Marturano et al., 2013). Previous AFM measurements of embryonic tendon also revealed that increases in nanoscale moduli are spatially heterogeneous, highlighting collagen-rich regions that could be crosslinked by LOX and collagen-poor regions that would be minimally affected by LOX (Marturano et al., 2013). Consistent with this, the spatial heterogeneity of moduli across the tendon appeared to decrease when LOX activity was inhibited to block the formation of new crosslinks during development (Marturano et al., 2013). Taken together, rLOX treatment in this current study likely induced formation of new crosslinks in the regions that contain fibrillar collagen, and had little effect on regions that lacked available sites for collagen crosslinking. Consequently, elastic modulus would have increased in collagen-rich regions and been less affected in collagen-poor regions of the tendon. This heterogeneity was likely the source of the variabilities observed in AFM measurements both within a sample as well as between samples of the same stage and condition (Figures 2, 6).
The rLOX-induced increases in tensile modulus and nanoscale modulus demonstrate the potential for a therapeutic that promotes LOX-mediated crosslinking to promote tendon mechanical properties during new tissue formation, perhaps during adult tendon healing or fetal tendon development. A concern, however, is that a LOX-based therapeutic could lead to too many collagen crosslinks and consequently over-stiffen the tendon. To test this possibility, we treated explant tendons with increasing concentrations of rLOX (up to 5 times higher (5X rLOX) than the initial rLOX concentration tested) and used HPLC to characterize changes in crosslink density and AFM to characterize changes in mechanical properties. It was exciting to discover that increases in both crosslink density and median nanoscale modulus plateaued at higher rLOX concentrations, and that crosslink density and elastic modulus correlated linearly (Figures 7D–F). These findings suggest the plateau in elastic modulus at higher rLOX concentrations was due to the plateau in LOX-mediated collagen crosslink density. LOX catalyzes the conversion of lysine and hydroxylysine residues to reactive aldehydes within the telopeptide regions of collagen (Eyre et al., 1984; Kagan and Li, 2003). Crosslinking occurs when these reactive aldehydes are near enough to other aldehydes or lysine residues to spontaneously form covalent bonds. Thus, not only do lysine and hydroxylysine residues need to be available and accessible, but they also need to be in close physical proximity to other residues on adjacent collagen molecules, fibrils, or fibers for LOX-mediated collagen crosslinking to occur. It is possible that higher rLOX concentrations did not lead to additional crosslinks because there were no more available and accessible crosslinking sites in physical proximity. In the absence of additional crosslink formation, modulus also would not increase at the higher rLOX concentrations, which is what we observed (Figures 6, 7). It is intriguing to consider that this plateau may have occurred before the tendon could become overly stiff. In particular, 2X and 5X rLOX treatment of HH43 tendons led to an elastic modulus that was 280% higher than with control treatment (Figure 6). For comparison, normally developing tendon increases its elastic modulus 300% from HH43 to HH45 (the chick embryo hatches after HH45) (Navarro et al., 2022). It is also possible that rLOX induced cell behaviors that regulated, partially or wholly, the increases and plateau in tendon mechanical properties. Future studies will need to examine how the mechanical properties at plateau after rLOX treatment compare with the mechanical properties of non-treated healthy tendons, as the ability for tendon to intrinsically prevent over-crosslinking by LOX would be an enormous advantage for a therapeutic that promotes LOX-mediated crosslinking.
There was a smaller difference between AFM-determined elastic moduli of HH40 and HH43 tendons (Figure 2) compared to our previous study (Marturano et al., 2013). Here, we used AFM to probe sections of tendon bundles after in vitro culture with rLOX or vehicle for 3 days, whereas our previous work used tensile testing and AFM to characterize the mechanical properties of whole tendon (Marturano et al., 2013). It is possible that when freed from the larger tendon structure and sheath, the tendon bundle exhibited a lower elastic modulus, as detected by AFM indentation testing, because it was in a less constrained state. Additionally, it is possible that after 3 days of culture, there was a small but significant enough amount of water penetration to reduce the elastic modulus of the tendon bundle. These factors may have contributed to the smaller difference in AFM-determined elastic moduli of HH40 and HH43 tendons in the current study.
Collagen content and maturity for both HH40 and HH43 tendons were not affected by rLOX treatment (Figures 4, 5). Interestingly, rLOX treatment increased collagen alignment in HH43 but not HH40 tendons. Fibrillar collagen density was relatively low in HH40 tendons, with visible space between fibers in SHG images (Figures 4A,B). In contrast, HH43 tendons possessed higher fibrillar collagen density, with tighter packing and greater alignment in SHG images (Figures 4A,B). With more space to move around, collagen in HH40 tendons may have been less organized when crosslinked by exogenous rLOX. In this case, disorganized collagen matrix would persist in HH40 tendons. In HH43 tendons, however, collagen was already in more densely packed arrangements when exogenous rLOX was added. With little room to move around, new collagen may have incorporated into the highly organized network and further promoted alignment as density increased. Crosslinking by exogenous rLOX would further stabilize this collagen organization. Additional studies would be needed to test this hypothesis for the stage-dependent effect of rLOX treatment on collagen organization.
This study establishes the potential for a LOX-based therapeutic to enhance mechanical properties of tendon. However, to develop treatments for tendon healing, future studies should examine the effects of rLOX treatment on crosslink density and mechanical properties of adult tendons, both healthy and after acute or chronic injury. Future studies should also explore delivery strategies to target whole tendon and specific regions within tendon. We previously discovered elastin is not detected in embryonic tendons (Marturano et al., 2013), but future studies with adult tendon should consider how LOX-induced crosslinking of elastin may also affect tendon mechanical properties. It would also be important for future studies to examine how higher concentrations and longer durations of rLOX treatment time may affect tensile mechanical properties, crosslinking rate, and cell behavior. Here, we hypothesized that rLOX directly mediated new collagen crosslink formation, reflected by the significant increases in HP and LP crosslink density in both HH40 and HH43 tendons (Figure 7). However, it is also possible that rLOX induced cells to synthesize more LOX, which could also lead to increases in collagen crosslinking. Thus, it could be interesting to examine the effects of rLOX treatment on mechanical properties of acellular tissues. Based on our findings, a LOX-based therapeutic could be applied at different stages during fetal development to enhance elastic modulus of abnormally weak tendons associated with musculoskeletal disorders. Similarly, treatment could be applied at various phases of new tissue formation during adult tendon healing. However, in both cases, a LOX-based treatment to enhance tendon mechanical properties at different phases of tissue formation would require optimization, and also need investigation of sustainability and longer term effects. Taken together, the exciting data presented here demonstrate the potential to develop a therapeutic strategy based on naturally occurring LOX-mediated collagen crosslinking to restore mechanical properties and function after postnatal tendon injury and abnormal fetal tendon development.
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Objective: The purpose of this study was to analyze the stability and instrument-related complications associated with fixation of the lumbar spine using the Short-Rod (SR) technique.
Methods: Using finite element analysis, this study assessed the stability of a bilateral lumbar fixation system when inserting the pedicle screws at angles of 10°, 15°, and 20° to the endplate in the sagittal plane. Using the most stable construct with a screw angle, the model was then assessed with different rod lengths of 25, 30, 35, and 45 mm. The optimal screw inclination angle and rod length were incorporated into the SR model and compared against traditional parallel screw insertion (pedicle screws in parallel to the endplate, PPS) in terms of the stability and risk of instrument-related complications. The following parameters were evaluated using the validated L4–L5 lumbar finite element model: axial stiffness, range of motion (ROM), stress on the endplate and facet joint, von-Mises stress on the contact surface between the screw and rod (CSSR), and screw displacement.
Results: The results showed that the SR model with a 15° screw inclination angle and 35 mm rod length was superior in terms of construct stability and risk of complications. Compared to the PPS model, the SR model had lower stiffness, lower ROM, less screw displacement, and lower stress on the facet cartilage, the CSSR, and screws. However, the SR model also suffered more stress on the endplate in flexion and lateral bending.
Conclusion: The SR technique with a 15° screw inclination and 35 mm rod length offers good lumbar stability with a low risk of instrument-related complications.
Keywords: implantation technique, short-rod technique, pedicle screw, screw inclination angle, rod length, biomechanical evaluation
INTRODUCTION
The function of the spine is to provide flexibility, support the upper body, and protect the spinal cord and nerve roots. Some idiopathic diseases and severe external loads may cause nerve compression and destabilize the spine (Bogduk, 2016). Pedicle screw fixation is considered the gold standard for stabilization of degenerative disk disease (Shih et al., 2012; Chu et al., 2019), and the most common practice is to insert pedicle screws in parallel to the endplate (PPS) and connect them with rods. The effectiveness of the PPS technique in providing primary stability to the lumbar spine is widely recognized (Fang et al., (2022). However, the PPS technique requires extensive tissue dissection to implant the internal fixation device, often resulting in muscle atrophy, back pain, and symptoms of failed back surgery (Fu et al., 2020).
Nonparallel screws can increase the biomechanical stability of the device by converging in the sagittal plane. Farshad et al. (2014) found that sagittal nonparallel screws have at least equal initial fixation strength compared to PPS. Pang et al. (2015) reported that proper angular inclination of the screw can significantly improve the stability of the screw. However, the screws in these studies were oriented in the same oblique orientation. In a clinical study, we noticed that changing the angle for ipsilateral screws to be inserted obliquely with different orientations into the vertebrae in the sagittal plane can tightly connect the tails of the screws so that a shorter rod is required, which allows for implantation through a smaller incision. We named this novel technique as the Short-Rod (SR) technique. Patients with small incisions experience less blood loss during surgery, a quicker return to daily activities, lower cost, and less postoperative chronic back pain and iatrogenic injury (Bresnahan et al., 2017; Momin and Steinmetz, 2020). However, despite the obvious advantages of the SR technique, there is no clear guidance on choosing a suitable screw inclination angle or rod length. In addition, screw fixation alters the biomechanical behavior of spinal structures, and complications associated with this technique have been frequently reported. Previous studies evaluated specific properties of the nonparallel screws, such as the screw pull-out strength (Farshad et al., 2014), but a comprehensive analysis of the biomechanical function and risk of the SR technique has not been considered.
Symptoms of degenerative disc disease are mostly due to instability of the lumbar spine (Bogduk, 2016). Assessing the stability of the lumbar spine, such as ROM and axial stiffness (Christine et al., 2019), is the most important indicator of the effectiveness of surgery. Postoperative complications are a major cause of re-operation and reduced patient quality of life, with endplate fracture, facet joint degeneration, screw loosening, and breakage being the most commonly reported (DieeN et al., 1999; Chang et al., 2017; Nie et al., 2019; Xi et al., 2021). The biomechanical evaluation of screw fixation systems by experimental methods is time-consuming, labor-intensive, and expensive. Finite element model (FEM) analysis can parametrically alter one input factor such as the force or moment and assess its impact on different screw insertion techniques (Kim et al., 2012). It is widely used for the mechanical analysis of lumbar internal fixation systems due to its reproducibility and repeatability (Dreischarf et al., 2014).
This study proposes to use the FEM to investigate the impact on the biomechanics of different screw inclinations and rod lengths using the SR technique, with the aim of defining appropriate parameters for stable fixation. Then, the biomechanical characteristics of the SR technique and PPS technique will be compared under different loading modes. The hypothesis of this study is that the SR technique offers better stability and a lower risk of instrument-related complications than the PPS technique.
MATERIALS AND METHODS
Development of an intact lumbar finite element model
A 3-dimensional lumbar model consisting of an L4–L5 functional spinal unit was reconstructed from CT scans (SOMATOM Definition AS+, Siemens, Germany) of a 30-year-old healthy female in Mimics 10.01 (Materialise Technologies, Belgium). The CT images were taken with a slice thickness of 0.625 mm. The solid model was built by reverse engineering in Geomagic Studio 10.0 (Geomagic Inc., United States) and Solidworks 2021 (SolidWorks Corp., MA, United States). The solid model mesh was then converted to a meshed model in Hypermesh 17.0 (Altair Engineering Corp., United States). Figure 1 shows the lumbar spine model, which contains the cortical bone, cancellous bone, posterior structure, endplate, nucleus pulposus, annulus fibrosus, and annulus fiber substance. The intervertebral disc height of the model in this study is 9.90 mm, the vertebral body height of L4 is 31.06 mm, and the vertebral body height of L5 is 28.56 mm, all of which are within the range reported in literature (Campbell-Kyureghyan et al., 2005), indicating that the model geometry is universal. Mesh convergence testing of the intact lumbar model was performed in Abaqus 2021 (Dassault Systemes Simulia Inc., France) using stress distribution. The element size was reduced until there was a negligible change in the in situ force in the disc. The resulting model consisted of 604,487 elements of 1 mm in size.
[image: Figure 1]FIGURE 1 | Finite element model of the lumbar spine. (A) L4–L5 functional spinal unit. (B) Transverse section of L4–L5 spine. (C) Intervertebral disc model. (D) Instrumented vertebra and pedicle screw model showing different screw angles. (E) Instrumented vertebra and pedicle screw model showing different rob lengths.
The properties of all components in the lumbar spine model are shown in Table 1. Collagen fibers were simulated using tension-only truss elements (T3D2) and embedded in the ground substance of the intervertebral disc with an average angle of ±30° to the endplates to form the annulus fibrosus. The ground substance was composed of eight layers 1.0 mm thick (Zhang et al., 2022). The volume ratio of the annulus fibrosus and nucleus pulposus was 3:7 (Goto et al., 2002). The cortical bone was 1 mm thick, and the endplates on the upper and lower surface of the vertebrae simulated the connection between the vertebrae and the intervertebral disc (Song et al., 2021). The thickness of the cartilage layer of the facet joint was assumed to be 0.2 mm (Kim et al., 2015). All ligaments were modeled using truss elements (T3D2) placed under tension only without compression, which included the anterior longitudinal ligament (ALL), posterior longitudinal ligament (PLL), interspinous ligament (ISL), supraspinous ligament (SSL), ligamentum flavum (LF), ligament intertransversarii (ITL), and capsular ligament (CL). The insertion locations of ligaments were referenced from the anatomical attachment points (Thompson, 2015). Node sharing was set between each ligament and its attachment point to the bone and between each vertebra and disc to increase the efficiency of modeling.
TABLE 1 | Properties of different components in the lumbar spine model (Zhang et al., 2022).
[image: Table 1]Validation of the intact lumbar finite element model
To validate the FE model, the L4–L5 intervertebral disc was subjected to pure compressive forces of 150, 400, and 1000 N, and the resulting stresses were compared with in vitro experimental data (Brinckmann and Grootenboer, 1991; Dreischarf et al., 2014). Considering the limitations on exercise postoperatively, the model was also placed under a 300 N axial (Song et al., 2021) and three different moments (3.0, 7.5, and 10 Nm) to simulate flexion, extension, lateral bending, and axial rotation. The resulting range of motion (ROM) of L4–L5 was compared with in vivo experimental results (Goel et al., 1985; Yamamoto et al., 1989; Karahalios et al., 2010). To validate the PPS model, the L4–L5 intervertebral disc was subjected to a 300 N axial and 7.5 Nm, and the resulting von-Mises stresses and ROM were compared with those in previous studies (Liu et al., 2020; Zhang et al., 2021).
Development of the surgical lumbar finite element model
The L4–L5 spinal segment was secured by bilateral fixation with polyaxial screws (Ø6.0 mm × 45 mm) and rods (Ø3.5). The pedicle screws were titanium alloy (Ti6Al4V). The coefficient of friction for the contact interfaces between the screws and vertebrae was set as 0.1 (Xu et al., 2013).
In the PPS model, the screws were placed horizontal to the endplate, while in the SR model, the screws were angled at 10° (SR-10°), 15° (SR-15°), and 20° (SR-20°) to the endplate plane (Figure 1D) (Farshad et al., 2014; Pang et al., 2015). The same insertion point was used regardless of screw inclination, and both techniques had the same projection angle on the horizontal plane. All screws were inserted under the instruction of an experienced surgeon.
Few studies discuss the effect of rod length on the screw-rod fixation system, but rod length is related to wound size and should be considered in terms of surgical approach and postoperative recovery. The rod lengths in this study were determined based on the author’s clinical experience; 25 mm (SR-25 mm, tangent to screw head), 30 mm (SR-30 mm, 2.5 mm protrusion from screw head), 35 mm (SR-35 mm, 5 mm protrusion from screw head), and 45 mm (SR-45 mm, 10 mm protrusion from screw head) (Figure 1E).
Spinal stability was analyzed by measuring the range of motion (ROM) and compressive stiffness around the neutral zone of the spinal segment (Chen et al., 1990; Christine et al., 2019). Common instrument-related complications were also assessed, including the risk of endplate fracture, degeneration of facet joints, and screw loosening and breakage (DieeN et al., 1999; Nie et al., 2019; Xi et al., 2021). These risks were assessed using the stress distribution and displacement of the model (Chen et al., 2001).
The lower surface of L5 was fixed in all directions, and a reference point was established on the upper surface of L4 as the point of the force application. The properties were the same as those of the intact lumbar model. The axial compressive stiffness of each model under a 300 N load was determined from the load–displacement curves. Then, a 7.5-Nm moment was added to the surface of the model to simulate flexion, extension, lateral bending, and axial rotation. The ROM, stress on the endplate and facet cartilage, von-Mises stress on the screws and contact surface between the screw and rod (CSSR), and the screw displacement were calculated.
RESULTS
Validation of the intact lumbar finite element model and pedicle screws in parallel to the endplate model
The mean intervertebral disc pressure at the L4–L5 segment was 0.147, 0.419, and 1.049 MPa under compressive forces of 150, 400, and 1000 N, respectively, which were within the range of experimental data (Brinckmann and Grootenboer, 1991; Dreischarf et al., 2014). The segmental ROM under a 300 N axial load and moments of 3, 7.5, and 10 Nm was comparable to experimental results from literature (Figure 2) (Goel et al., 1985; Yamamoto et al., 1989; Karahalios et al., 2010). These results confirm the reliability of the intact FE model.
[image: Figure 2]FIGURE 2 | Validation of the L4–L5 spinal finite element model. (A) Comparison of intervertebral disc stress at the L4–L5 level and the in vitro experimental data from Dreischarf et al. (2014) and Brinckmann and Grootenboer, 1991, (B) ROM of L4–L5 lumbar spine.
In addition, the results of the PPS model were similar to those reported in other studies. Results from Liu et al. (2020) and this study show that the ROM of the PPS model, in comparison to the intact model, was reduced by approximately 70% in flexion, extension, and lateral bending and by approximately 50% in rotation. The maximum von-Mises stress on the screws in this study was similar to findings reported by Zhang et al. (2021). This supports the validity of the PPS model in this study.
Influence of screw inclination
As shown in Figure 3, implantation of the bilateral supports caused a significant increase in the axial compressive stiffness of the lumbar segment under a 300 N axial compressive force. Under the same load, the SR-15° model had the greatest stiffness, increasing by 19.9% over the intact spine, while the SR-20° model was 15.74% stiffer than the intact model. Correspondingly, the SR-15° model had the smallest ROM, and the SR-20° model had the largest. These results indicate that the SR-15° implantation method provided the greatest stability to the lumbar spine.
[image: Figure 3]FIGURE 3 | Parameters of the models for different screw inclination angles when placed under flexion, extension, lateral bending, and axial rotation. (A) Axial stiffness, (B) segmental ROM, (C) von-Mises stress on the endplate, (D) von-Mises stress on facet cartilage, (E) von-Mises stress on screws, (F) displacement of pedicle screws, and (G) von-Mises stress of CSSR.
Of all models and motion patterns simulated, the mean stress on the endplate was smallest in the SR-15° model, and SR-10° was the largest in flexion, extension, lateral bending, and axial rotation (Figure 4). The SR-15° model had the smallest facet cartilage stress, and SR-10° had the greatest. This demonstrated that the risk of endplate fracture and facet joint degeneration was considerably lower in SR-15° than in SR-10°. The maximum von-Mises stress on the screw increased as the angle of inclination increased, and the stress values were more evenly distributed than in other models. The SR-20° model showed the greatest stress on the screws (Figure 5). Greater screw displacement increases the risk of screw loosening. The maximum screw displacement in the three models was in flexion, and the SR-15° model had the smallest screw displacement. The SR-15° model had the lowest von-Mises stress at the CSSR increased as the angle of inclination increased, and the maximum stress for all models was located to the right of L5, shown in Figure 5.
[image: Figure 4]FIGURE 4 | Von-Mises stress on the L4 endplate of the models for different screw inclination angles when placed under flexion, extension, lateral bending, and axial rotation, with the mean stress noted beneath each image.
[image: Figure 5]FIGURE 5 | Von-Mises stress on the screws of the models for different screw inclination angles when placed under flexion, extension, lateral bending, and axial rotation, with the peak stress noted beneath each image.
Influence of rod length
Based on the abovementioned results, it is recommended to angle the pedicle screws at 15° to the endplate plane (SR-15°). As shown in Figure 6, under a 300 N axial load, the SR-35 mm model had the largest axial stiffness and the SR-25 mm had the smallest. There was little variation in the ROM when using different rod lengths, but SR-35 mm had the smallest ROM. These results indicate that the SR-35 mm model could offer the best restraint to the lumbar spine. The SR-30 mm model had higher stress on facet cartilage with different rod lengths. The SR-35 mm model had the lowest von-Mises stress on the endplate (Figure 7). However, the stress on the screws was smallest in extension and lateral bending for SR-30 mm, and the screw displacement was relatively large (Figure 8). The von-Mises stress at the CSSR was smallest in the SR-35 mm model and was evenly distributed.
[image: Figure 6]FIGURE 6 | Parameters of the models for different rod lengths when placed under flexion, extension, lateral bending, and axial rotation. (A) Axial stiffness, (B) ROM, (C) von-Mises stress on endplates, (D) von-Mises stress on facet cartilage, (E) von-Mises stress on pedicle screws, (F) displacement of pedicle screws, and (G) von-Mises stress at the contact surface between the screw and rod (CSSR).
[image: Figure 7]FIGURE 7 | Von-Mises stress on the L5 endplate of the models for different rod lengths when placed under flexion, extension, lateral bending, and axial rotation, with the mean stress noted beneath each image.
[image: Figure 8]FIGURE 8 | Von-Mises stress on the screws of the models for different rod lengths when placed under flexion, extension, lateral bending, and axial rotation, with the peak stress noted beneath each image.
Feasibility of the short rod technique
Due to the excellent performance of the bilateral fixation system with 15° screw inclination and 35 mm rod, these parameters were used incorporated into the Short‐rod (SR) technique to analyze the stability of the fixation and risk of complications. As shown in Figure 9, after implantation, the axial stiffness of the models increased, while there was a reduction in the ROM, endplate stress, and facet cartilage stress. The axial stiffness of the SR model was slightly higher than that of the PPS model. The SR model had a smaller ROM and was more restricted than the PPS model. The endplate stress in the SR model was slightly lower than in the PPS model in extension and axial rotation (Figure 10). Similarly, the SR model showed lower stress on the facet cartilage than the PPS model.
[image: Figure 9]FIGURE 9 | Comparison of the intact model, PPS model, and SR model. (A) Axial stiffness, (B) ROM, (C) endplate pressure, (D) von-Mises stress on facet cartilage, (E) von-Mises stress in screws, (F) displacement of pedicle screws, and (G) von-Mises stress at CSSR under flexion, extension, lateral bending, and axial rotation.
[image: Figure 10]FIGURE 10 | Von-Mises stress on the L4 endplate of the intact model, PPS model, and SR model, with the mean stress noted beneath each image.
The SR model had lower screw stress than the PPS model (Figure 11). The SR model also produced smaller screw displacement in all motions. The stress at the CSSR of the SR model was lower, and the maximum von-Mises stress occurred to the right of L5, implying a higher risk of fracture.
[image: Figure 11]FIGURE 11 | Von-Mises stress on screws of the PPS model and SR model, with the peak stress noted beneath each image.
DISCUSSION
This study aimed to assess lumbar stability when using the Short‐rod (SR) technique at the L4–L5 level in a validated finite element model (FEM). The SR method allows for a smaller incision because of the angled screw insertion and shorter rod required for fixation. In this study, the setup with a 15° screw angle and a rod with 5 mm protrusion from the screw head offered the greatest lumbar stability and lowest risk of complications and thus is recommended for clinical use. The results show that the SR technique is more stable than the traditional PPS technique and carries less risk of facet joint degeneration, but this method also has a higher risk of endplate fracture in flexion and lateral bending.
The placement of screws in the vertebrae should be carefully considered when planning surgery because incorrect or unsuitable placement can have a major impact on clinical outcomes and patient mobility. Inappropriate placement may also compromise the structural stability of the lumbar spine, increasing the risk of fracture and screw loosening. This study assessed the stability of the lumbar spine and risk of complications when screws were inserted at 10° (SR-10°), 15° (SR-15°), and 20° (SR-20°) relative to the vertebral endplate. The SR-15° model has the greatest stiffness and the smallest ROM, indicating a more stable spine. Once the screw type is selected, the major factors affecting the holding power of pedicle screws are bone density and insertion angle (Varghese et al., 2017; Varghese et al., 2018). Pull-out strength predicts the initial stability of the fusion constructs post operation. Poorer bone quality with lower pull-out strength has been reported in many pieces of literature (Varghese et al., 2017). However, the effect of insertion angle is still controversial. Varghese et al. reported the pull-out force decreases with an increase in insertion in synthetic cancellous bone (Varghese et al., 2017), but (Farshad et al., 2014) reported that increasing the angle of the screws can enhance the pull-out strength with animal bone. Different materials may lead to completely different conclusions. Tilting the screws was found to increase the compressive stiffness and reduce the ROM in this study by a validated human lumbar spine model. The result seems to support Farshad’s conclusion more, perhaps because of the more similar material properties. However, the SR-15° model was significantly more stable than SR-20°. This may be due to the shorter projection length of screws in the sagittal plane of the SR-20° model, which would reduce contact with the anterior column of the vertebral body. An assessment of potential instrument-related complications showed that SR-15° had the lowest stress on the vertebral endplate and facet cartilage, which is expected to reduce the risk of fracture and degeneration. A high number of cases of lower back pain in the general population are associated with endplate fracture in daily life (DieeN et al., 1999), while the SR-15° approach may reduce the incidence of back pain due to the lower risk of endplate fracture, but it still needs to be further assessed through a clinical study. High stress concentrations can lead to breakage of the fixation system (Newcomb et al., 2017), so the high stress observed on the CSSR to the right of L5 is of particular concern. As the screw angle increases, so does the risk of screw breakage. SR-15° was observed with moderate stress levels on the screws, more uniform stress distribution, and smaller screw displacement than both SR-10° and SR-20°, which can effectively reduce the risk of complications related to screw fixation. Krag et al. (1988) found that screw displacements over 0.7 mm could lead to trabecular bone damage, and all models in this study recorded a screw displacement less than 0.59 mm with little risk of screw loosening. Although we did not perform pull-out experiments, we predict that SR-15° has better pull-out strength based on the higher lumbar stiffness and less screw displacement. In addition, when placing the screw, this study found that a 20° inclination may cause the tail of the screw to collide and increase the risk of intraoperative penetrating the vertebral endplate or damaging the pedicle because the lumbar spine is physiologically lordotic (Yang et al., 2019), which greatly increases the difficulty of the operation.
This study also compared the biomechanical characteristics of different rod lengths. With the SR method, the screw on the ipsilateral side is at an acute angle. Using a uniaxial screw will result in greater screw reduction force and more axial slip and is more prone to axial slip than uniplanar and polyaxial screws (Serhan et al., 2010). Therefore, polyaxial screws were used in this study, which also allowed the screw head to be angled to accommodate the rod to improve seating and reduce axial slip. To assess the effect of rod length on stability, we compared stiffness and ROM across the four groups. The results show that SR-25 mm had lower stiffness than the other three groups, indicating a poor overall resistance to deformation. This may be due to the shorter rods that do not extend beyond the distal screw heads, causing inadequate engagement with the screw head (Serhan et al., 2010). In contrast, the longer rods that extended past the screw head could provide a buffer for rod slippage. The SR-35 mm and SR-45 mm constructs had a lower ROM. This study also assessed the relationship between rod length and risk of complications. The results showed that SR-35 mm had the smallest screw displacement and screw stress, while SR-25 mm had high screw stress, suggesting that the longer rod length may decrease the force on the screw. However, SR-35 mm and SR-45 mm had little difference on the stress on the endplates, facet cartilage, or CSSR, while SR-45 mm requires a larger incision for implantation. Although there was no significant difference in results between groups with different rod lengths, this study recommends using the SR-35 mm setup based on the numerical superiority of the results.
Based on the assessment of biomechanical characteristics of the lumbar spine when using different screw inclinations and rod lengths, we recommend a 15° screw inclination and a rod length of 35 mm for the SR technique.
This study evaluated the stability of the SR technique by comparing the axial stiffness and ROM against the PPS technique. The results showed that the SR technique has greater stiffness and a smaller ROM, which can provide better stability to the vertebrae. The pedicle is the strongest part of the vertebra due to the surrounding hard cortical bone, and the inclination of the screws increases the contact area with the cortical bone (Xi et al., 2021), which may enhance the biomechanical stability of the SR technique. İnceoğlu et al. (2011) also found that increasing the contact area between the screw and cortical bone can increase the screw pullout resistance. Additionally, the SR technique requires a smaller incision than the PPS method, resulting in less disruption of the lumbar musculature. Since the lumbar musculature plays an important role in stability (Panjabi, 2003), it is possible that the SR technique will result in a more stable spine post-operatively and bring shorter fusion times.
Securing a segment of the lumbar spine will result in a stress differential between fixed and non-fixed segments, which is accepted as the main factor in the development of adjacent segment degeneration (ASD) (Hikata et al., 2014; Park et al., 2018). The excellent stability and stiffness of SR constructs can reduce the risk of ASD and improve the long-term clinical outcome. In addition, the entry point of screws with the PPS method is close to the facet joint of the adjacent segment, and there is a risk of damage to the articular facet, which can lead to further degeneration of ASD (Wang et al., 2022).
While playing an important role in the physiological function of the lumbar spine, facet joints also carry 6%–30% of the axial compressive load (Yin et al., 2020). This loading may also accelerate the degeneration of the facet joint, especially in people over 60 years of age (Yin et al., 2020). Such degeneration usually begins with changes in the articular cartilage and eventually leads to destruction of the entire joint and tissues. This study found that the SR method resulted in less facet cartilage stress than PPS in the surgery segment, which could reduce degeneration of the facet joint.
The fracture of the endplate is one of the common complications after lumbar fusion surgery, reported with a rate of 2.2%–14.6% (Inoue et al., 2021), and osteoporotic spines and older females are recognized as being at heightened risk (Nakahashi et al., 2019). This study found that stress on the endplate was significantly reduced and the stress was more evenly distributed under the action of the screw than in the intact model. Lower endplate stress and fewer stress concentrations would reduce the incidence of endplate fracture. The SR technique allows for lower endplate stress in extension and axial rotation but higher in flexion and lateral bending, meaning that the SR technique should be used cautiously in people prone to fracture, such as in osteoporotic patients.
Screw loosening and breakage are also common complications associated with pedicle screws, occurring in 0.8%–27% of cases, and may exceed 50% in patients with osteoporosis (Xi et al., 2021). Newcomb et al. (2017) found that using a larger insertion angle for pedicle screws may reduce the risk of screw loosening and breakage. Our study found that stresses were concentrated on the tail of the screw in the SR model, which may lead to fatigue failure around this region. However, the maximum von-Mises stress on the screws in the SR model was smaller than in the PPS model, meaning it was at a lower risk of screw fracture. The results of this study showed lower CSSR stresses with the SR method, which may also decrease the risk of screw breakage. Fragmentation of the CSSR region has been reported in the literature. A screw-rod system like the “crane” force structure determines the stress concentration at the center of rotation, where the screw and rod come into contact (Song et al., 2021). In addition to the stress on the pedicle screw, the insertion method and stability of the screw fixation system can also have a considerable effect on the healing capacity of the injured vertebra. Repeated displacement not only limits the growth of new trabecular bone but also causes resorption of grafted bone (Zhou et al., 2020). This study found that the SR technique suffered lower screw displacement than the PPS technique, suggesting this technique may carry a lower risk of screw loosening, although the difference between the two groups was not significant. The maximum screw displacement in the SR model was 0.48 mm, which was significantly less than the 0.7 mm reported by Krag et al. (1988), which could lead to trabecular bone damage and screw loosening. Future studies may also consider including longer screws for assessment, which have been reported to better constrain the fixation system (Cunningham et al., 2010).
The SR technique can provide better initial stability and lower the risk of facet joint degeneration. Also, because of the minimally invasive approach, SR can reduce iatrogenic complications caused by extensive iatrogenic paraspinal muscle injury. However, long-term screw-related complications cannot be ignored and may be improved by removing the internal fixation after fusion Tsuang et al., (2019).
There are some limitations to this study. First, the lumbar models did not consider musculature, which may affect the stability and flexibility of the spine. Second, this study did not consider the effect of rod curvature. However, since the SR technique uses a shorter rod length, the amount of bending would be negligible. Third, this study did not consider the effect of bone mineral density on stress pattern behavior. Methods to discuss the effects of internal fixation using non-osteoporotic models are widely used. In order to specifically discuss the effect of screw inclination angle and rod length on fixation, the fixation effect with different bone mineral densities will be discussed in future studies. Fourth, this study only considered screw angle and rod length and did not consider parameters such as screw length, diameter, and thread that are equally important for the stability of the fixation system. This study was to determine how the SR technique operates and evaluate the biomechanics of the SR technique. The geometric parameters of the screw can be considered in future studies to optimize the SR technique. Finally, the FEM did not directly assess the impact of SR technology on the adjacent vertebral segment, but instead used the axial stiffness of the fixed vertebrae to predict the risk of adjacent vertebral disease.
CONCLUSION
This study used finite element analysis to evaluate the effects of screw inclination angle and rod length with the SR technique on the lumbar spine. The biomechanical function of the lumbar spine was compared among the intact model, PPS model, and SR model. Compared to the PPS technique, the SR technique with a 15° screw inclination to the endplates in the sagittal plane and 35 mm rod length was more stable, required a smaller incision, and presented a lower risk of facet joint degeneration, screw breakage, and screw loosening. However, the SR technique is also at a slightly higher risk of endplate fracture than the PPS technique. The results of this study support that the use of the SR technique can offer good lumbar stability with a low risk of instrument-related complication.
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Cartilage and other skeletal soft tissues heal poorly after injury, in part due to their lack of vascularity and low metabolic rate. No pharmacologic approaches have proven effective in preventing chronic degenerative disease after joint injury. Mesenchymal stromal cells (MSCs) have been investigated for their ability to treat pain associated with osteoarthritis (OA) and preserve articular cartilage. Limitations of MSCs include variability in cell phenotype, low engraftment and retention rates, and inconsistent clinical outcomes. Therefore, acellular biologic therapies such as extracellular vesicles (EVs) are currently being investigated. MSC-derived EVs have been found to replicate many of the therapeutic effects of their cells of origin, but the mechanisms driving this remain unclear. Recent evidence in non-orthopedic tissues suggests MSCs can rescue injured cells by donating mitochondria, restoring mitochondrial function in recipient cells, preserving cell viability, and promoting tissue repair. Our group hypothesized that MSCs package mitochondria for export into EVs, and that these so-called “mitoEVs” could provide a delivery strategy for cell-free mitochondria-targeted therapy. Therefore, the goals of this study were to: 1) characterize the vesicle fractions of the MSCs secretome with respect to mitochondrial cargoes, 2) determine if MSC-EVs contain functional mitochondria, and 3) determine if chondrocytes can take up MSC-derived mitoEVs. We isolated exosome, microvesicle, and vesicle-free fractions from MSC-conditioned media. Using a combination of dynamic light scattering and nanoparticle tracking, we determined that MSC-EV populations fall within the three size categories typically used to classify EVs (exosomes, microvesicles, apoptotic bodies). Fluorescent nanoparticle tracking, immunoblotting, and flow cytometry revealed that mitochondrial cargoes are abundant across all EV size populations, and mitoEVs are nearly ubiquitous among the largest EVs. Polarization staining indicated a subset of mitoEVs contain functional mitochondria. Finally, flow cytometry and fluorescent imaging confirmed uptake of mitoEVs by chondrocytes undergoing rotenone/antimycin-induced mitochondrial dysfunction. These data indicate that MSCs package intact, functional mitochondria into EVs, which can be transferred to chondrocytes in the absence of direct cell-cell interactions. This work suggests intercellular transfer of healthy MT to chondrocytes could represent a new, acellular approach to augment mitochondrial content and function in poorly-healing avascular skeletal soft tissues.
Keywords: MSCs, mitoEVs, secretome, mitochondria, mitochondrial transfer, regenerative orthobiologic
1 INTRODUCTION
Cartilage is responsible for dissipating mechanical forces and providing a near frictionless articular surface for locomotion (Sophia Fox et al., 2009). Injury to the articular surface leads to chondrocyte death and cartilage matrix degradation. This cellular and structural damage initiates cycles of inflammation and irreversible tissue degeneration, culminating in end-stage osteoarthritis (OA) (Madry et al., 2011), a leading cause of chronic pain and disability worldwide (Lawrence et al., 2008). Cartilage and other skeletal soft tissues such as meniscus, ligament and intervertebral disc have a low metabolic rate, poor vascularization and as such, possess limited healing capacity (Bianchi and Sinigaglia, 2012). Further, no current therapeutics can slow progression of OA after joint injury (Sarzi-Puttini et al., 2005).
Recent studies have shown that mitochondrial dysfunction is one of the earliest responses of chondrocytes to mechanical injury, implicating mitochondria (MT) as an important mediator of injury-induced OA (Blanco et al., 2011; Goetz et al., 2017; Delco et al., 2018a; Bonnevie et al., 2018; Liu et al., 2019). We have found that the mitoprotective peptide SS-31 can improve MT function, preserve chondrocyte viability, and prevent tissue loss following cartilage injury (Delco et al., 2018b; Bartell et al., 2020). These findings support the concept of protecting MT function after acute injury to prevent cartilage loss, however MT-targeted strategies to improve healing of degenerated articular cartilage have not been investigated.
Tissue healing is an energy intensive process, and MT dysfunction mediates many degenerative diseases, including Parkinson’s (Winklhofer and Haass, 2010), cardiomyopathy (Pacak et al., 2015), and pulmonary fibrosis (Watson et al., 2016). MT dysfunction has been less well studied in cartilage, in part because chondrocytes are largely glycolytic and do not heavily rely on MT for energy production during homeostasis (Bianchi and Sinigaglia, 2012). However, MT also act as signaling hubs in cellular processes such as apoptosis and autophagy, and are critical organelles for maintenance of cartilage homeostasis (Loeser, 2011). Inflammation that occurs in OA is associated with a shift towards glycolysis for energy production in chondrocytes (Zheng et al., 2021). This metabolic shift may represent an attempt to restore energy capacity after MT dysfunction reduces an already limited supply (Mobasheri et al., 2017). Therefore, replacing dysfunctional MT that have been lost to injury and/or disease may promote healing in avascular, metabolically quiescent tissues such as articular cartilage.
Intercellular MT transfer, a process whereby injured and dysfunctional cells recruit MSCs to donate functional MT, has been shown to restore MT function in energy-expensive tissues such as neurons (Berridge et al., 2016), cardiomyocytes (Pacak et al., 2015) and renal tubular epithelia (Konari et al., 2019), as well as more quiescent, poorly vascularized tissues such as the corneal epithelia (Jiang et al., 2016). In vivo murine models of acute lung injury revealed that MSC-mediated MT transfer protects against tissue degeneration after pulmonary injury (Islam et al., 2012; Jackson et al., 2016). Though the mechanisms mediating intercellular MT transfer have not been fully elucidated, evidence from a variety of cell and tissue types implicate processes requiring direct cell-cell contact, including filapodial extensions, tunneling nanotubules, gap junction formation, and cell-cell fusion events (Chinnery et al., 2008; Larsson et al., 2008; Murray and Krasnodembskaya, 2019).
In addition to direct cell-cell MT transfer, our group and others have documented apparent non-contact MT transfer via extracellular vesicles (EVs). EVs are small, membrane bound structures released by all cell types. EVs serve as vehicles for cell-cell signaling and orchestrate many biologic processes including inflammation, immunomodulation, homeostasis, metastasis, and tissue repair (Lai et al., 2010; Luwig and Giebel, 2012; Yuana et al., 2013; Kogure et al., 2020). While EV populations are heterogenous and remain largely uncharacterized, they are most commonly classified into three categories based on size and mode of biogenesis: exosomes, microvesicles (MVs), and apoptotic bodies (Gould and Raposo, 2013). Recent work has identified mitochondria-specific cargoes, including DNA, RNA, and proteins in EVs originating from many cell types, including fibroblasts (Sansone et al., 2017), neurons (Peruzzotti-Jametti et al., 2021), and MSCs (Phinney et al., 2015). Furthermore, intact MT have been identified in larger vesicles derived from adipocytes (Crewe et al., 2021) and MSCs (Phinney et al., 2015; Morrison et al., 2017). In one study, at least 60% of human plasma-derived EVs contained MT, and MT cargoes were ubiquitous in the very largest vesicles (Zhang et al., 2020). Further, EV-mediated MT transfer has been documented between MSCs and professional phagocytic cells; in vitro, macrophages were found to take up MSC-derived EVs containing MT and incorporate them into their mitochondrial networks (Phinney et al., 2015; Morrison et al., 2017). This process of stem cell to phage mitoEV-mediated transfer has also been documented from neural stem cells (NSCs) to mononuclear phagocytes, with transfer restoring ATP capacity, upregulating oxidative phosphorylation, and reducing inflammation (Peruzzotti-Jametti et al., 2021). However, MSC-derived mitoEV transfer has not been demonstrated to chondrocytes. Intriguingly, our group has reported MSC-chondrocyte MT transfer in direct coculture and observed MSCs apparently shedding MT into the extracellular space during co-culture with injured chondrocytes (Bennett et al., 2019; Fahey et al., 2022). However, it was unclear if these MT were packaged within EVs (mitoEVs). Therefore, the goals of this study were to characterize EVs produced by murine and human bone marrow derived-MSCs (including mitochondrial cargoes), determine if MSC-mitoEVs contain functional mitochondria, and investigate whether chondrocytes are capable of taking up MSC-derived mitoEVs. While live MSCs have shown promise as an orthobiologic therapy (Kingery et al., 2019), the therapeutic use of live cells presents significant clinical challenges (Musiał-Wysocka et al., 2019). Harvesting autologous MSCs from sources such as bone marrow or cartilage requires painful and/or invasive procedures, while the use of non-autologous cells raises concerns of immunogenicity and tumorigenesis (Hall and Watt, 1989; Charron, 2013). Additionally, culturing, expanding, transporting, and storing live MSCs requires a large investment of time, resources, and expertise (Asghar et al., 2014). These obstacles, alongside the high regulatory burden associated with the clinical use of MSCs, have greatly limited their widespread use and caused clinicians to seek more practical and readily available orthobiologics.
2 MATERIALS AND METHODS
2.1 Cell sources and culture
Bone marrow-derived MSCs were isolated from 5 week old PHaM mitoDendra2 (Jax stock 018385) mice, as previously described (Huang et al., 2015). Chondrocytes were isolated from 5 day old UBC mCherry mice (Jax stock 017614), as previously reported (Gosset et al., 2008). Cells were cryopreserved in liquid nitrogen then thawed and cultured for use as needed. Protocols were approved by the Institutional Animal Care and Use Committee at Cornell University. Murine cells expressing endogenous fluorophores were used for characterizing the size of the whole EV population using dynamic light scattering (DLS), and for assessing mitoEV uptake by chondrocytes with confocal imaging and flow cytometry. Human bone marrow-derived MSCs were purchased at passage two (Millipore Sigma: SCC034) and used for nanoparticle tracking, western blot, and identification of mitoEVs with flow cytometry. For all experiments using human MSCs, cells were passaged no more than 3 times, cultured to 85% confluence, rinsed thrice with PBS and serum starved for 24 h before EV isolation.
2.2 Extracellular vesicle isolation
For all experiments, cell-conditioned media was removed and placed on ice immediately following 24-h serum starvation. To characterize the size range of the entire MSC-derived EV population using (DLS), murine MSC cell-conditioned media (CCM) was centrifuged at 3,000 x g for 15 min. The supernatant was then processed using the Exoquick-TC ULTRA kit (System Bio: EQULTRA-20TC-1), according to manufacturer’s instructions. For nanoparticle tracking, western blot, flow cytometry, and confocal imaging studies, a validated filtration-ultracentrifugation technique was used to isolate EV fractions of specific size ranges, as previously described (Wang et al., 2021). These fractions consisted of vesicle free media, (VFM, no EVs) exosomes, (EX, 30–100 nm) and microvesicles (MVs, 100–1000 nm). Briefly, following CCM collection, adhered MSCs were lysed and placed on ice. The CCM was clarified of cellular debris with two consecutive centrifugation steps (1,000 x g for 5 min). To isolate MVs, CCM was vacuum filtered through a Steriflip filter (0.22 µm; Millipore: SE1M179M6). MVs were collected on top of the filter and were immediately placed on ice or lysed for protein analysis. The filtrate was subjected to 100,000 x g centrifugation at 4°C for 4 h in a Beckman Coulter Optima XE Ultracentrifuge. The supernatant (vesicle-free media; VFM) was removed and concentrated using an Amicon centrifugal concentrator with a 10kDa pore size. The pellet (EX fraction) was lysed and immediately placed on ice. Total whole cell lysate (WCL), MV, EX, and VFM protein content was quantified by Bradford Assay. Validation of EV isolation was performed by western blot for EV-specific markers and calcein staining/flow cytometry (Gray et al., 2015).
2.3 EV size characterization
The relative size distribution of EVs from MT stressed and MT protected cells was characterized by DLS (Malvern Nano ZS Zetasizer). Murine MSCs were passaged 2–3 times, cultured to 85% confluence in standard growth media at 21% O2 and 5% CO2; then rinsed thrice with phosphate buffered saline (PBS) and stimulated with the mitochondrial inhibitor rotenone/antimycin (Sigma: R8875, 0.5 μM/Sigma: A8674, 0.5 μM), treated with the mitoprotective peptide SS-31 (1 uM), or left untreated during a 24-h serum starvation prior to EV isolation. Three measurements were obtained per sample at 25°C, a detection angle of 173°, and a refractive index of 1.334 (PBS), then averaged. The experiment was repeated twice, for an n = 3. Percent area under the curve, maximum intensity, and mean particle size were calculated for major peaks. To obtain a more accurate quantification of sub-micron sized EVs, human MSCs were cultured as described above, then isolated using filtration/ultracentrifugation. Nanoparticle tracking was performed using a Malvern NanoSight NS300 configured with a 488 nm laser and 565 nm long pass filter for fluorescent detection. Five, 60 s videos were taken, individual particles were tracked, and hydrodynamic size was calculated via the Stokes-Einstein equation. To validate our isolation technique EX, MV, vesicle-free media, and PBS (control) were analyzed to confirm that each fraction fell within the expected size range based on previous work (Zhang et al., 2020). Samples were diluted in double filtered (.22 um) PBS to a concentration between 107–109 per mL and analyzed at room temperature. Size distribution of EVs in each fraction was measured using the 488 nm laser. The size distribution of mitoEVs specifically was determined by staining microvesicle fractions with the mitochondrial probe Mitotracker Red (100 nM; Thermofisher: M22425) and using the 565 nm, long pass filter. Unstained and vesicle-free samples served as negative controls.
2.4 Characterization of MSC secretome fractions by western blot
A total of 25 µg protein from human MSC-EV fractions isolated by filtration/ultracentrifugation was resolved by SDS-PAGE under reducing conditions (4–20%; Invitrogen Novex Wedge Well, 1.0 mM; Tris-Glycine, Mini Protein Gel, 10-well; XCell SureLock Mini). The gel was transferred to a polyvinylidene difluoride membrane (0.45 µm; 10 × 10 cm, Thermofisher), which was blocked in tris-buffered saline with 5% bovine serum albumin, then cut based on molecular weight. Sections were incubated with respective primary antibodies overnight: HSP90 (Cell Signaling: 4877S) was used as a positive loading control; Flotillin (Cell Signaling: 3436S) was used as a positive EV marker expected to be detected in all lysates (WCL, MV, EX); IκBα (Cell Signaling: 4814S) was used as cellular marker to screen for cellular contaminants in conditioned media fractions; ATP5A1 (Thermofisher:459240) and COXIV (Cell Signaling: 4850S) were used to probe for mitochondrial proteins. The membrane sections were rinsed three times with tris-buffered saline and incubated with horseradish peroxidase-conjugated secondary antibody for 1 h at room temperature with gentle rocking. All primary and secondary antibodies were used at 1:1,000 dilutions. Proteins were detected using enhanced chemiluminescence reagents and a chemiluminescent imaging device (Bio-Rad Chemidoc XRS).
2.5 MitoEV identification and size characterization by flow cytometry
To investigate the presence of mitoEVs, human MSC-MVs were cultured and isolated as described above, then stained with Calcein AM (10 uM; Thermofisher: C3099) to identify intact vesicles (Gray et al., 2015), and MitoTracker Deep Red (100 nM; Thermofisher: M22426) to label intact mitochondria. MVs were resuspended in double filtered PBS and immediately analyzed by flow cytometry (FACSAria Fusion, BD Biosciences). Unstained controls and EV fractions stained with individual fluorophores were prepared for each trial and used to set positive fluorescence thresholds within each experiment to account for variations in fluorescent intensitiy and instrument settings between experiments. Events positive for both Calcein and MitoTracker were considered mitoEVs. Events positive for Calcein only were considered EVs lacking whole mitochondria cargoes. Events positive for Mitotracker alone were considered free mitochondria (i.e., not contained within EVs). Data analysis was conducted using FlowJo (version 10.8; FlowJo LLC) software. To investigate the relative size distribution of mitoEVs within the isolated MV population, the backgating tool in FlowJo was used. MitoEV events were plotted based on vesicle size (FSC-H vs. FSC-A). Gates were created to encompass progressively larger size percentiles (1st, 50th, 80th, 90th, 95th) so that, for example, events falling within the 95th percentile represented the largest 5% of all EVs. The fraction of mitoEVs within each size percentile was recorded.
2.6 MitoEV polarity assessment
In order to investigate the presence of functional (polarized) mitochondrial cargos, human MSC-MVs were stained with calcein AM and tetramethylrhodamine, methyl ester (TMRM; 200nM; Thermofisher: 2,668), which fluoresces red-orange only when taken up across a polarized mitochondrial membrane. Single color and unstained controls were used to set thresholds for each fluorophore, as above. Events double positive for calcein and TMRM were considered mitoEVs containing functional mitochondria.
2.7 MitoEV uptake by articular chondrocytes
2.7.1 Flow cytometry of chondrocytes cultured with MSC-MVs
To gather quantitative data on rates of mitoEV-mediated mitochondrial transfer, PHaM mitoDendra2 MSCs were cultured to 85% confluence, rinsed thrice with PBS, and serum starved for 12 h. MSC- microvesicles were isolated via filtration as described above. Murine articular chondrocytes were harvested from 5 to 6 day old pups, as previously described (Gosset et al., 2008). Passage two to three chondrocytes were cultured to 80% confluence and incubated for 12 h in serum free media with or without murine MSC-derived MVs. Cells were then fixed and analyzed using an Attune NxT cytometer. Single cells were gated for using forward and side scatter. A negative control fluorescent threshold for dendra2 was set using non-MV treated chondrocytes. Chondrocytes fluorescing above dendra2 threshold were considered to have taken up mitoEVs.
2.7.2 Confocal imaging of chondrocytes cultured with MSC-MVs
PHaM mitoDendra2 MSCs were cultured, rinsed thrice with PBS and serum starved for 24 h. Murine chondrocytes were cultured to 80% confluence on a chamber slide system (Lab-Tek: 177429), then stained with Mitotracker Red (100 nM; Thermofisher: M7512) and incubated with MSC-derived MVs for 12 h under serum starvation. Chondrocytes were then fixed on the chambered slide with 4% PFA, coverslipped with fluoromount containing DAPI nuclear stain. Chondrocyte cultures were imaged on a Zeiss LSM880 inverted i880 multiphoton microscope with a ×63 oil immersion objective using sequential, 3-channel scans; 359/457 nm (DAPI), 490/507 nm (Dendra2) 581/644 nm (Mitotracker red) excitation/emission, respectively. Z stacks were performed (14–20 slices at a step size of .38 μm) on a subset of co-fluorescent cells to investigate if MSC-derived fluorescent mitochondria were localized to the MT networks within recipient chondrocytes.
2.8 Statistical analysis
For DLS parameters (percent area under the curve, maximum intensity, and mean particle size), a one-way ANOVA was used, followed by Dunnett’s multiple comparison’s test to assess differences between groups (NS, RA, SS31) at each peak. To validate mitoEV quantification and mitochondrial polarity data, one-way ANOVA followed by Dunnett’s multiple comparisons tests were used to assess differences between the experimental groups (MitoTracker + calcein and TMRM + calcein, respectively), single color controls (MitoTracker, calcein, and MitoTracker, TMRM, respectively), and unstained controls. Polarity data was log transformed for statistical analysis. To assess differences between MV-treated (+MV) and non-treated (-MV) chondrocytes, data was log transformed and an unpaired t-test was used to compare groups. All statistical analyses were performed using Graphpad Prism version 8.3, with significance set at p ≤ 0.05.
3 RESULTS
3.1 MSC-EV isolation validation and basic characterization
To characterize the entire MSC-EV population, a size distribution was obtained by DLS. Similar to previous reports (Zhang et al., 2020), EVs clustered into three size ranges: small vesicles (5–10 nm in diameter), medium (100–1,000 nm), and a subgroup of much larger vesicles (5000–10000 nm) (Figure 1A) likely representing exosomes, microvesicles (MVs), and apoptotic bodes, respectively. The non-stimulated group had a significantly higher percent area in the first size peak than either the rotenone/antimycin or the SS-31 stimulated group. Both stimulated groups showed a significantly higher percent area in the second (medium) peak than the non-stimulated group (p < 0.05). Since DLS is not well suited to quantifying heterogenous populations of particles, we also performed nanoparticle tracking analysis (NTA) of EV fractions. NTA data validated our isolation protocol; particles clustered in size ranges consistent with exosomes (10–150 nm) and MVs (100–1,000 nm). The negative control diluent (double filtered PBS) was negative for EV-sized particles (Figure 1B). Next, we used Western Blot to qualitatively characterize our separated MV, EX, and vesicle free media (VFM) fractions. To confirm that the fractions were devoid of cells and cellular debris, we probed for the cellular marker, IκBα, which was detected in our whole cell lysate (WCL) but not MV or EX. The ubiquitous marker for cells and conditioned media, HSP90, was detected in WCL, EX, and VFM, as expected. Flotillin, an EV marker, was detected in WCL, MV, and EX but not VFM. Mitochondrial proteins were detected in WCL (ATP5A1, COXIV) and MV (COXIV) (Figure 1C), indicating the presence of mitochondrial cargoes in the microvesicle fraction of the MSC secretome.
[image: Figure 1]FIGURE 1 | Basic characterization of human MSC-derived extracellular vesicles. (A) Dynamic Light Scattering (DLS) of cell-conditioned media (CCM) from murine MSCs revealed three sub-populations of EVs based on size: small, (∼5–10 nm) medium, (∼100–1000 nm) and large (5,000–10,000 nm), which likely represent exosomes, microvesicles, and apoptotic bodies, respectively. Thin lines represent individual trials (n = 3), thick lines represent averaged curves. (B) Analysis by one way ANOVA of average percent area under the curve on DLS data revealed a significantly smaller 1st (exosome) peak and a significantly larger 2nd (microvesicle) peak for both stimulated groups (* = p≤0.05). (C) Immunoblotting of whole cell lysate (WCL) and microvesicle (MV), exosome (EX), and vesicle free media (VFM) fractions of CCM. Ubiquitous marker HSP90 is present in WCL, EX, and VFM fractions. The EV marker flotillin is present in all fractions except VFM, and the cellular marker IκBα is absent from exosome (EX) and microvesicle (MV) fractions, as expected. MT protein ATP5A1 was found only in WCL, but COXIV (MT) was found in WCL and MVs. (D) Nanoparticle tracking analysis (NTA) of PBS (negative control), EX, and MV fractions indicates that EXs outnumber MVs by several orders of magnitude amongst particles less than 1μm, the maximum detection size of NTA.
3.2 Characterization of mitoEVs
Quantification of mitoEVs was performed on flow cytometry. Events exceeding the fluorescence thresholds for both MitoTracker Deep Red and calcein (i.e. red-green double-positive) were considered mitoEVs (Figure 2A). An average of 71% (range 58.6–97%) of intact EVs contained MT (Figure 2B). The double stained group contained ∼7-fold higher percentage of double positive events compared to controls, indicating that the mitoEV signal was not a result of autofluorescence or artifact (Figure 2B). Backgating analysis revealed that mitoEVs were present throughout the entire size distribution of particles, however EVs lacking MT tended to be below the 50th percentile for size (Figure 2C). Further, the vast majority (∼90%) of the largest EVs (95th size percentile) contained MT. (Figure 2D). Because size data gathered from backgating analysis is qualitative rather than quantitative, we also performed fluorescent nanoparticle tracking analysis on MVs stained with and without MitoTracker Deep Red (Figure 2E). Fluorescent nanoparticle tracking supported our flow cytometry data; mitoEVs were found to be distributed throughout the EV size spectrum but tended to be larger than the general population. Further, this more sensitive analysis revealed that mitoEVs clustered around 3–400 nm, 600 nm, and 1 μm, suggesting the presence of distinct sub-populations of mitoEVs (Figure 2E). Unstained samples were undetectable when analyzed using the 565 nm fluorescent laser, and groups stained with MitoTracker, but analyzed with brightfield tracking did not show a shift in size distribution, validating our method for detecting mitoEVs (Figure 2E).
[image: Figure 2]FIGURE 2 | MSC-derived EVs contain mitochondria (MT). (A) Events fluorescing above control thresholds for Calcein AM (Green) and Mitotracker (Red) on flow cytometry were classified as EVs containing intact MT (i.e., mitoEVs; dark red). (B) Quantification of mitoEVs (red-green double positive events) and three control groups; Mitotracker only (▴), calcein only (■), and unstained control (▾), compared to EVs stained with calcein + Mitotracker (●). (C) Representative flow plot depicting backgating strategy for assessing relative sizes of mitoEVs (red) and MT-negative EVs (gray). (D) Backgating revealed that EVs of all sizes contain MT, but EVs lacking MT are generally small, and the majority of the largest EVs contain MT. (E) Fluorescent NTA revealed mitoEVs (solid red line) trend larger than the general EV population (dotted lines) and cluster into distinct sub-groups. Groups that do not share letters (Panel B) are significantly different (p ≤0.05) by one way ANOVA.
3.3 A subset of mitoEVs contain functional mitochondria
To characterize the functionality of mitochondrial cargoes within MSC-derived mitoEVs, we analyzed MT polarity via TMRM staining on flow cytometry, with events staining above threshold for calcein and TMR considered mitoEVs containing polarized MT (Figure 3A). An average of 31% (range 5.38–69.16%) of EVs contained functional MT, suggesting that MT polarity in mitoEVs is highly variable (Figure 3B). The double-stained experimental group contained significantly more double-positive events than unstained and calcein control groups. Although the experimental group contained a mean of 6-fold more double-positive events than the TMRM control, the difference did not reach statistical significance (p = 0.0735) due to high variability in the experimental group between trials (n = 3).
[image: Figure 3]FIGURE 3 | A subset of MitoEVs contain functional mitochondria. (A) Representative flow plot identifying polarized mitoEVs; events fluorescing above control thresholds for calcein AM (green) and TMRM (orange) were classified as mitoEVs containing functional MT (red). (B). Quantification of functional mitoEVs (red-green double positive events) and three control groups; TMRM only (▴), calcein only (■), and unstained control (▾), compared to EVs stained with calcein + TMRM (●). Data is expressed as the fraction of double-positive events in each group. of percent red/green double positive showed statistically significant differences between the double stained experimental group and single color/unstained controls Groups that do not share a letter are significantly different (n = 3, p ≤0.05) by one-way ANOVA.
3.4 MitoEVs are taken up by chondrocytes and incorporated into chondrocyte mitochondrial networks
To interrogate whether articular chondrocytes are capable of taking up MSC-derived mitoEVs from the extracellular environment, we stained murine chondrocytes with MitoTracker Red to label the MT networks, tthen incubated them with MVs isolated from MSCs expressing endogenous, MT-specific green fluorescence (Figure 4A). Confocal imaging revealed mitoEVs located in both the extracellular space and within chondrocytes (Figure 4B). Z-stacked imaging confirmed that MSC-derived MT localized to the MT networks within chondrocytes (see Supplemental Materials for representative 3D reconstructions). To confirm the phenomenon could be replicated, imaging experiments were performed twice on two separate days. As an orthogonal approach, we also cultured unstained chondrocytes with MSC-derived MVs, and performed flow cytometry (Figure 5A). This method provided quantitative data on the rate of mitoEV-mediated MT transfer; an average of 0.4% of chondrocytes took up mitoEVs in culture (Figure 5B). Although the rate of mitoEV uptake was low and variable in our experimental system, there was a significant difference between MV-treated and untreated groups (Figure 5B, p < 0.05).
[image: Figure 4]FIGURE 4 | Murine Chondrocytes take up MT from MSC-derived Microvesicles (A) Schematic depicting experimental method for imaging non-contact intercellular MT transfer (B) Confocal images of MSC-MitoEVs and mitoEV mediated MT transfer. MT Transfer demonstrated with mitoEVs (green) incorporated into chondrocyte MT networks (red). Chondrocytes were co-cultured with MSC-microvesicles for 12 h, then fixed and imaged.
[image: Figure 5]FIGURE 5 | Chondrocytes take up MSC-derived MT following incubation with MitoEVs (A) Representative flow cytometry plots of chondrocytes incubated with (+MV) and without (-MV) microvesicles isolated from MSCs expressing endogenous, MT-specific dendra2 fluorescence. Dendra2 (green) threshold was set using control chondrocytes. Events fluorescing above threshold were considered chondrocytes having taken up mitoEVs. (B) Quantification of mitoEV uptake by chondrocytes in culture (n = 2) reveals the +MV group had a higher rate of transfer events than -MV. Data are expressed as the fraction of chondrocytes above threshold for green fluorescence. * = p≤0.05, by one-way ANOVA.
4 DISCUSSION
This study demonstrated that human MSCs release intact, functional MT in EVs. To the best of our knowledge, this work represents the first evidence of MSC to chondrocyte, EV-mediated MT transfer. Further, we confirmed that MSC-derived mitoEVs can serve as a vehicle for MT transfer in the absence of direct cell-cell interactions between MSCs and chondrocytes. Our findings are consistent with previous reports, where Phinney et al. found that MSCs undergoing oxidative stress produced vesicles containing dysfunctional, partially depolarized MT to outsource mitophagy. Macrophages engulfed these vesicles and repurposed functional components, improving bioenergetics for both the MSC and macrophage (Phinney et al., 2015). Morrison et al. used mitochondrial organelle staining of MSC-derived EVs and flow cytometry to show that mitoEVs released by MSCs can be incorporated by macrophages into their MT networks. MitoEV uptake by macrophages enhanced phagocytosis by promoting oxidative phosphorylation, and improved their ability to treat lipopolysaccharide-induced lung injury in vivo (Morrison et al., 2017). Consistent with our findings, evidence that cells release both functional and non-functional MT in EVs suggests mitoEV transfer is a dynamic, context-driven process, likely involving crosstalk (i.e., bidirectional mitoEV transfer) between donor and recipient cells (Morris and Hollenbeck, 1993; Plotnikov et al., 2008). Studies of contact intercellular MT transfer, involving direct interactions between donor and recipient cells in other tissues indicate that calcium signaling and gap junction proteins play an important role (Islam et al., 2012; Hayakawa et al., 2016). However, the mechanisms of EV-mediated MT transfer are unclear, and further investigation is warranted. In our proof-of-concept experimental design, we found a low rate of mitoEV uptake by chondrocytes in vitro. However, it should be noted that several factors, including culture time and MV numbers were not optimized for these experiments. In similar work, where chondrocytes and MSCs were directly co-cultured, the frequency of MT transfer was higher than reported here for mitoEV-mediated transfer; between 1–15% depending on experimental parameters, including culture time, cell ratios, and environmental conditions (Bennett et al., 2019; Fahey et al., 2022). Therefore, we anticipate that future work to optimize experimental parameters and identify mechanisms mediating MSC-chondrocyte mitoEV transfer will allow us to manipulate the rate of mitoEV release by MSCs and uptake by chondrocytes.
To investigate functionality of MT packaged into mitoEVs we used TMRM staining, where fluorescent intensity is directly proportional to the inner MT membrane potential (Brand and Nicholls, 2011). Using this technique, we found that a subset (at least 5%, up to 70%) of mitoEVs contain functional MT, meaning that they have a competent electron transport chain and are capable of producing ATP. We suspect that the high variability in TMRM-staining between experiments is reflective of the exquisite sensitivity of mitochondria to depolarization, and subtle differences in MT stress induced by EV isolation and analysis techniques, especially flow cytometry, although further studies would be required to confirm this. Our preliminary experience suggests that while fluorescence activated cell sorting (FACS) of mitoEV subpopulations is possible, this approach is damaging to mitoEV polarity, and too time, effort, and cost-intensive to be practical at this time (Kormelink et al., 2016). However, our data suggest the possibility of more scalable, size-dependent methods of mitoEV isolation; We found that more than 70% of MSC-MVs are mitoEVs, a higher percentage than previously reported (Morrison et al., 2017). This is likely due to several experimental differences, such as cell of origin, EV isolation technique, and EV identification method. However, further size analysis of our mitoEV population indicated that nearly all of the MVs >500 nm contain mitochondria. Further studies to investigate methods of isolating mitoEVs based on a size will be necessary to investigate the functional impact of mitoEV uptake on injured chondrocytes. Based on work suggesting MSC donation of functional MT to injured cells can rescue cell viability and promote tissue healing, optimizing functionality of mitoEVs during isolation would be an important consideration for the investigation of mitoEVs as a regenerative orthobiologic therapy (Pacak et al., 2015; Berridge et al., 2016; Jiang et al., 2016; Konari et al., 2019).
Our data suggest mitoEVs themselves are not a homogenous population, but rather a diverse collection of vesicles containing distinct mitochondrial cargoes, with a range of functionality. Distinct mitoEV sub-populations may play biologically distinct roles, including cellular rescue through intercellular mitochondrial transfer, outsourcing of mitophagy and diverse signaling functions (Phinney et al., 2015; Morrison et al., 2017; Sansone et al., 2017; Zhang et al., 2020; Peruzzotti-Jametti et al., 2021). DLS size data further supports this. We found that agents known to affect mitochondrial dynamics and function shift the size profile of EV subgroups released by MSCs; When MSCs were stimulated with either a mitoprotective peptide or a MT specific stressor, we observed a significant shift towards a larger 100–1,000 nm, “medium” peak, presumably MVs. Although our current experimental methods did not allow us to determine why both groups responded similarly, these data suggest mitoEV release is responsive to changes in cellular MT function. It is possible that following rotenone/antimycin-induced MT stress, MSCs increased packaging of dysfunctional MT into MVs, consistent with the previous work demonstrating stressed MSCs release unhealthy MT into EVs to outsource mitophagy (Phinney et al., 2015). Following mitoprotective treatment with SS-31, MSCs may similarly increase export of healthy, functional MT in mitoEVs. Further research into the origin, mechanisms of release, and function of mitoEV sub-populations is necessary to elucidate how MSC MT function is related to mitoEV biogenesis.
Measurement of particles smaller than 200 nm (i.e., exosomes) was limited to size and protein analysis. Neither of the MT proteins we probed for (COXIV an outer MT membrane protein and ATP5A1, an enzyme that catalyzes synthesis of ATP) was present in the exosome fraction. This may be due to the specific proteins we chose to investigate, rather than an indicator that MSC-exosomes do not transport MT components. Previous analysis has shown that exosomes may be more likely to contain miRNA and mtDNA, as opposed to the MT membrane proteins and intact MT seen in larger vesicles such as MVs (Phinney et al., 2015; Torralba et al., 2018; D’Acunzo et al., 2021). As techniques improve and high resolution, microparticle optimized flow cytometers become more widely available, characterization of individual mitoEV sub-populations will become more straightforward.
Anunderlying goal of this study was to characterize MSC-derived mitoEVs and investigate their potential suitability as vehicles for non-contact, acellular MT delivery in therapeutic applications. The properties that make EVs effective in long range endogenous communication, also make them excellent candidates for regenerative therapy. EV lipid bilayers are durable enough to retain structural integrity after freeze-thawing and remain intact following intraarticular injection (Li et al., 2019). EVs are non-replicating and have low levels of major histocompatibility complex proteins, posing minimal risk of immunogenicity or tumorigenicity (Yeo et al., 2013; Zhu et al., 2017; Tsiapalis and O’Driscoll, 2020). We confirmed the presence of functional MT in MSC-MVs, identified evidence of distinct sub-populations of mitoEVs, and found that, although MT are present in MVs of all sizes, large MVs are much more likely to contain MT. Further, we observed evidence that stressed chondrocytes will take up MT packaged in mitoEVs in the absence of physical interactions with the parent MSCs. The methods developed in this study will allow investigation into the effects of these mitoEVs after uptake and the mechanisms underlying this phenomenon, as well as those behind why distinct sub-populations such as functional and dysfunctional mitoEVs are released.
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Standard assessment of cartilage repair progression by visual arthroscopy can be subjective and may result in suboptimal evaluation. Visible–near infrared (Vis-NIR) fiber optic spectroscopy of joint tissues, including articular cartilage and subchondral bone, provides an objective approach for quantitative assessment of tissue composition. Here, we applied this technique in the 350–2,500 nm spectral region to identify spectral markers of osteochondral tissue during repair with the overarching goal of developing a new approach to monitor repair of cartilage defects in vivo. Full thickness chondral defects were created in Yucatan minipigs using a 5-mm biopsy punch, and microfracture (MFx) was performed as a standard technique to facilitate repair. Tissues were evaluated at 1 month (in adult pigs) and 3 months (in juvenile pigs) post-surgery by spectroscopy and histology. After euthanasia, Vis-NIR spectra were collected in situ from the defect region. Additional spectroscopy experiments were carried out in vitro to aid in spectral interpretation. Osteochondral tissues were dissected from the joint and evaluated using the conventional International Cartilage Repair Society (ICRS) II histological scoring system, which showed lower scores for the 1-month than the 3-month repair tissues. In the visible spectral region, hemoglobin absorbances at 540 and 570 nm were significantly higher in spectra from 1-month repair tissue than 3-month repair tissue, indicating a reduction of blood in the more mature repair tissue. In the NIR region, we observed qualitative differences between the two groups in spectra taken from the defect, but differences did not reach significance. Furthermore, spectral data also indicated that the hydrated environment of the joint tissue may interfere with evaluation of tissue water absorbances in the NIR region. Together, these data provide support for further investigation of the visible spectral region for assessment of longitudinal repair of cartilage defects, which would enable assessment during routine arthroscopy, particularly in a hydrated environment.
Keywords: visible–near infrared (Vis-NIR), fiber optic spectroscopy, cartilage repair, microfracture, in situ optical spectroscopy
INTRODUCTION
Articular cartilage, a connective tissue present at the end of long bones in diarthrodial joints, provides a smooth and lubricated surface for bone articulation without friction. It is composed of approximately 80 wt% water and 20% extracellular matrix, which consists of proteins including collagen type II and proteoglycans (Sophia Fox et al., 2009; Gao et al., 2014). Chondrocytes are the primary cells in this tissue that represent about 2% of the total volume of healthy adult cartilage. This tissue is also characterized by a lack of blood vessels, nerves, and lymphatics; thus, when an injury occurs, the tissue healing is very limited (Suh et al., 1995; Poole et al., 2001). Ultimately, progression of an injury or degradation of this tissue can result in the debilitating disease osteoarthritis (OA).
Osteoarthritis causes painful movement and discomfort and must be treated early for the best chance of success (Braun and Gold, 2012). Microfracture treatments are widely used for repair of chondral defects associated with OA, in particular for small defects less than ∼2 cm2 (Mithoefer et al., 2009). In this approach, a defect is repaired using a sharp tool (awl) to puncture holes in the subchondral plate, which allows blood and mesenchymal stem cells that reside in the bone marrow to migrate to the defect site and initiate repair (Steadman et al., 2010; Fisher et al., 2015). The repair process, however, frequently results in formation of undesirable fibrocartilage rich in collagen type I (Steadman et al., 2010; Kim et al., 2015; Vega et al., 2017).
Current gold-standard techniques for repair assessment include the use of the ICRS II scoring system, developed by the International Society of Cartilage Repair (ICRS) (Mainil-Varlet et al., 2010). This is a destructive approach based on the histology scoring of the repair tissue, and since this is an end-point test, longitudinal repair of the tissue cannot be assessed. Furthermore, second-look biopsies of repairing joint tissues are not the standard of care in the US or Europe (Brun et al., 2008). Similarly, another approach for assessment of tissue repair utilizes the Oswestry Arthroscopy Score. This scoring technique includes a visual and tactile assessment of repair tissue and can be performed arthroscopically (Paatela et al., 2020). However, the scoring can be subjective and may result in suboptimal assessment of defect repair (Brismar et al., 2002).
Infrared (IR) spectroscopic analysis has been used in evaluation of cartilage and bone tissue in both the mid-IR (MIR; 4,000–400 cm−1 or 2,500–25,000 nm) and near-IR (NIR; 10,000–4,000 cm−1 or 1000–2,500 nm) spectral regions (Querido et al., 2021). The NIR region has an advantage in the analysis of thick tissues as radiation can penetrate and be detected up to several millimeters into the tissue, including in cartilage (Padalkar and Pleshko, 2015). Considering that an average human articular cartilage ranges from 1 to 3 mm thickness, information from the entire cartilage depth can be obtained with NIR spectral analysis. NIR fiber optic spectroscopy has been previously used to non-destructively monitor matrix development in tissue-engineered cartilage constructs in situ (Hanifi et al., 2017; Yousefi et al., 2017; Kandel et al., 2020) and to assess proteoglycan content and cartilage thickness (Sarin et al., 2019). In particular, the baseline offset of NIR raw spectra have shown to be associated with an increase in the matrix development in engineered cartilage (Kandel et al., 2020). Additionally, the absorbances at 5,800 and 5,900 cm−1 have also been shown to be associated with accumulation of matrix representing the development of engineered cartilage (Kandel et al., 2020). In the case of NIR spectra of healthy cartilage with underlying subchondral bone, the ratio of water absorbances at 5,200 cm−1 and 7,000 cm−1 have been shown to reflect the increase in the ratio of thickness of subchondral bone to articular cartilage (Mcgoverin et al., 2014).
In addition to spectroscopy in the NIR region, analysis in the visible spectral region (Vis; 350–700 nm) can provide important information on tissue composition. This spectral region has been used extensively for characterization of the light interaction with different biological tissues, including breast tissue, forearm muscle, abdomen, and forehead. In these studies, absorbances from tissue components such as deoxygenated and oxygenated hemoglobin, lipids, and water were monitored to yield information related to composition and/or function (Taroni et al., 2003; Jacques, 2013). In an osteochondral defect, this spectral region may provide information on hemoglobin, which would indicate the presence of a blood clot and/or neovascularization in the repairing tissue, typically present in the early stages of repair and less so at the later stages.
The overall aim of this study was to evaluate the potential of Vis-NIR fiber optic spectroscopy to assess molecular changes related to tissue repair in osteochondral tissues in situ in a porcine preclinical model. This was carried out by collection of spectra from tissues at the defect site, followed by experiments to facilitate spectral interpretation. The depth of detection of diffuse reflectance spectra in the Vis-NIR spectral regions was also investigated.
METHODS
Animal Study
Animal procedures were approved by the Institutional Animal Care and Use Committee (IACUC) at the University of Pennsylvania and performed in the animal facility at the University of Pennsylvania. Animals in the current study were part of larger studies at U Penn, where the mature and immature animals comprised separate studies. For the 1-month study, six skeletally mature (age 12 months at the beginning of the study) Yucatan minipigs (Sinclair Bioresources, Auxvasse, MO, United States) were used, while for the 3-month study, three juvenile (age 6 months at the beginning of the study) Yucatan minipigs (Sinclair Bioresources, Auxvasse, MO, United States) were used. In each animal, full thickness chondral defects were created bilaterally in the trochlear groove using a 5-mm biopsy punch, at proximal, middle, and distal locations of the medial and lateral sides (six defects in the right hind limb per animal, as part of a larger study). MFx treatments were randomized from joint to joint to enable consistency with regard to their load-bearing location. Awl-based microfracture procedures (diameter: 0.8 mm; depth: 2 mm) with three marrow stimulation holes were carried out. In total, there were n = 9 microfracture-treated cartilage defects in the 1-month animal study and n = 6 microfracture-treated cartilage defects in the 3-month animal study. The animals were housed and recovered under veterinary care. At the end of the study period (1 or 3 months post-surgery), all animals were euthanized, and the tissues were evaluated spectroscopically and histologically (in addition to other end-point tests related to the original studies, and not reported here).
Vis-NIR Spectra Collection
Vis-NIR spectra were collected from the microfracture-treated defect tissue and from native healthy cartilage immediately after euthanasia in situ in intact joints. Spectra were collected in a diffuse reflectance configuration using a fiber optic reflectance probe (Malvern Panalytical, United States) with six illumination fibers (600 microns diameter) and one collection fiber attached with a 2-mm spacer on the tip of the probe. The probe was connected to an ASD LabSpec four Standard-Res Lab Analyzer spectrometer (Malvern Panalytical, United States). The fiber optic probe tip diameter was approximately 3 mm. As the osteochondral defects were created using a 5-mm-diameter biopsy punch, we consistently collected data from the center portion of the repair tissue. These spectral data reflected average absorbances over the 3 mm diameter region, which, based on the awl diameter of 0.8 mm, would include a combination of punctured and non-punctured subchondral bone regions. From each tissue region, n = 3 spectra were collected, with 50 co-added scans and 8.5 ms of integration time over a spectral range of 350–2,500 nm. The spectra were divided into the visible region (350–750 nm) and the NIR region (1000–2,500 nm or 10,000–4,000 cm−1). All the visible region spectra were presented as wavelength (nm), and the NIR region spectra were presented as frequency (wavenumber, cm−1) per convention. The spectra were processed in ViewSpec Pro (Malvern Panalytical) for splice correction of detector regions. The corrected spectra were then processed in Unscrambler X (CAMO, Norway) software. The spectra were smoothed using the Savitzky–Golay (SG) filter with nine smoothing points. Second-derivative processing was used (SG filter with 15 points smoothing), and then the spectra were inverted to evaluate the positive intensity of peaks of interest. Outcomes from spectral analysis in the NIR region were absorbance peak intensities reflecting water content (peaks at 7,000 and 5,200 cm−1) and matrix protein content (peaks at 5,900 and 5,800 cm−1), while absorbance peaks reflecting oxygenated hemoglobin (blood) content (peaks at 540 and 570 nm) were investigated in the visible region (van Kampen and Zijlstra, 1983).
Vis-NIR Depth of Detection Into Joint Tissue
The extent of light interaction from the fiber optic probe into the tissues was of interest to aid in spectral interpretation of the repairing joint tissue spectra. This was assessed as the depth of detection in the harvested intact joint tissue and in the cartilage and bone separately and together. Harvested repair tissue from the 1-month microfracture study (primarily fibrous tissue, based on histology) was also investigated separately. Briefly, fresh stifle joints from one adult Yorkshire pig (Animal Biotech Inc. Doylestown, PA) were dissected, and multiple full osteochondral plugs were harvested using a 6-mm biopsy punch (Miltex). Vis-NIR spectra of tissues of varying thicknesses of articular cartilage (1.6–4 mm), subchondral bone (1–3 mm), and intact total joint tissue (cartilage and bone, 3–6 mm) were collected on top of 25 mm of polyethylene terephthalate (PET). PET acts as a diffusely reflective optical background with semi-infinite optical thickness and also is characterized by unique spectral absorbances (Zonios and Dimou, 2006). (Figure 1). The PET polymer was chosen as it has distinct peaks in the spectral regions of interest. In the NIR region, the 8,865 cm−1 (1,130 nm) absorbance has been previously used to characterize PET polymer (Moroni et al., 2015) and arises from the 2nd overtone of C-H stretching; the PET absorbance at 6000 cm−1 (1,660 nm) arises from 1st overtone of aromatic C-H stretching plus methylene stretching (Lachenal, 2006). The ability to detect these absorbances while collecting spectral data from tissues on top of PET can establish the depth of detection. Similarly, in the visible region, PET has a characteristic peak at 375 nm (Ouchi et al., 1999). The depth of detection into the tissue was determined based on the minimum thickness of tissue from which the PET signal was not detected in the spectra, similar to that previously described in Padalkar and Pleshko, (2015). A Spectralon standard underneath the tissues was used as a control for data collection.
[image: Figure 1]FIGURE 1 | Schematic of light scattering through cartilage tissue and a semi-infinite reflecting surface.
Histology
Full depth explants of the defect repair tissue regions were fixed in 4% paraformaldehyde for 24 h. Samples were decalcified for 8 weeks by placing the samples in 50-ml conical tubes with 15–20 ml of decalcification solution (Formical-2000) with intermittent changes, followed by embedding in paraffin wax. To account for variations in subchondral histomorphology with sectioning depth into the tissue block, we obtained sections approximately from the center of each defect region, observing the size of the defect region as guide to select the appropriate sections (larger defect, more central defect position). The embedded samples were sectioned at 8 microns thickness onto the glass slides, and for each sample, the section with the largest defect region was stained with Safranin-O (0.2%) and fast green (0.02%) and imaged under a bright field microscope. One adjacent section from each block was obtained for Fourier transform infrared (FTIR) spectral imaging, as described in the following section.
Histological ICRS II Scoring
Four blinded independent observers previously trained in ICRS scoring of tissues reviewed and scored control and defect sections using the ICRS II Histological Assessment Scale (Mainil-Varlet et al., 2010). While all parameters that comprise the ICRS II scale were scored on a scale from 0 (poor defect repair) to 100 (normal articular cartilage), only the following parameters having significant differences between the two groups were reported: overall average score, matrix staining, surface architecture, basal integration, subchondral bone abnormality, and vascularization. The four observer scores obtained for each parameter were averaged.
FTIR Spectroscopic Imaging for the Assessment of Defect Thickness
As it was challenging to assess defect thickness based on the contrast in the histology sections, FTIR imaging data were collected from unstained sections of 5 microns thickness on low-e slides (Kevley Technologies). Sections were imaged using a Spotlight 400 imaging spectrometer (Perkin Elmer) with a spectral resolution of 8 cm−1, spatial resolution of 25 μm, and two co-added scans. Spectral images were analyzed using ISys 5.0 software (Malvern Instruments). The ratio of the integrated areas of the collagen absorbance centered at 1,338 cm−1 to the amide II protein absorbance (West et al., 2005) was used to define the contrast related to the defect area. For each defect, 10 measurements were taken and averaged to calculate the defect thickness in each sample.
Data Analysis
Results of measurements were reported as means and standard deviations. Comparisons of parameters between 1- and 3-month repair tissues were assessed by a Wilcoxon Rank Sum Test (ICRS II scores ad sub-scores) or Student’s t-test (defect thickness and spectral parameters), considering p < 0.05 for significance.
RESULTS
Depth of Vis-NIR Detection Into Cartilage Tissue
The detection depth of the NIR signal into tissue was assessed by monitoring the signal intensity of PET signature peaks at 8,865 and 6,000 cm−1 (Figure 2A). The 8,865 cm−1 peak could be detected through 4 mm of cartilage thickness as shown in Figure 2B; however, in the lower frequency range, the 6000 cm−1 absorbance was only detected through 3 mm of cartilage (Figure 2C).
[image: Figure 2]FIGURE 2 | (A) Second-derivative spectra of harvested cartilage tissue collected on top of a semi-infinite PET block or on Spectralon standard (without PET). The depth of detection of PET signal at higher and lower frequencies was monitored by assessment of the PET signal at 8865 cm−1 and 6000 cm−1, respectively. (B) 8865 cm−1 signal intensity can be detected with a cartilage thickness of up to 4 mm. (C) 6000 cm−1 PET signal intensity can be detected with a cartilage thickness of up to 3 mm only. ∗∗p < 0.01.
It is known that light penetration into biological tissue is greatly diminished in the visible region (Ash et al., 2017). Thus, it was not surprising that the PET signal at 375 nm was not detectable even through a cartilage thickness of 1.6 mm (Figure 3).
[image: Figure 3]FIGURE 3 | (A) Second-derivative spectra of cartilage tissue (1.6 mm) with and without a semi-infinite PET polymer (25 mm) and the polymer alone showing the PET peak at 375 nm and cartilage peak at 420 nm. (B) Second-derivative peak intensity with and without PET underneath cartilage tissue.
Histological Scoring of Cartilage Tissue Repair
Histological staining and blinded ICRS II scoring revealed better repair after 3 months in the juvenile animals than 1 month of repair in the mature animals (Figures 4A,B). As expected, repair tissue at 3 months had higher combined total average score (Figure 4B) and better surface architecture, basal integration, and vascularization within the repair tissue than the 1-month repair tissues (p < 0.01).
[image: Figure 4]FIGURE 4 | (A) Saf-O- and fast green-stained images from 1-month (n = 9) and 3-month (n = 6) animals with the defined repair tissue region. (B) Mean and standard deviation of ICRS II component scores (comparisons by the Wilcoxon rank sum test, significance at p < 05).
Defect Thickness
Sample images after 1 and 3 months of repair are shown in Figure 5A. The defect thickness (comprising cartilage repair and subchondral remodeling regions) is significantly higher in 3-month juvenile animals than 1-month adult animals (p < 0.05) (Figure 5B). The increase in defect thickness seems to be primarily due to a more expansive subchondral remodeling seen in the juvenile animals, which is typical of juvenile osteochondral tissue healing following MFx (Pfeifer et al., 2017).
[image: Figure 5]FIGURE 5 | (A) FTIR images based on the 1338 cm−1/Amide II areas after 1 month of repair in a mature animal (n = 9) and 3 months of repair in a juvenile animal (n = 6). The measurement lines of defect thickness are shown, including both cartilage repair and subchondral remodeling regions. (B) Defect thickness is significantly greater in the 3-month animals (Student’s t-test).
Vis-NIR Spectroscopic Analysis
Fiber optic-based Vis-NIR spectra were used to non-destructively assess the properties of the repair tissue at 1 and 3 months post-surgery. The spectra were divided into the visible region (350–750 nm) as shown in Figure 6 and the NIR region (10,000–5,000 cm−1) as shown in Figure 7. The raw spectra in the visible region showed differences between 1 and 3 months repair tissue based primarily on differences in hemoglobin absorbance peaks at 540 and 570 nm (Figure 6A). The inverted second-derivative spectra clearly showed the differences in hemoglobin absorbances (Figure 6B), which could be quantitatively assessed based on peak intensities (Figures 6C,D).
[image: Figure 6]FIGURE 6 | Average (A) raw and (B) second-derivative inverted Vis-NIR spectra from 1-month (n = 9) and 3-month (n = 6) defects in situ. The visible spectra clearly depict the differences in hemoglobin absorbance (540 and 570 nm) between 1-month and 3-month repair. Quantified second-derivative peak intensities of hemoglobin peaks at (C) 540 nm and (D) 570 nm showing greater hemoglobin detection in the 1-month tissue (Student’s t-test).
[image: Figure 7]FIGURE 7 | Average (A) raw and (B) second-derivative inverted NIR spectra from 1-month (n = 9) and 3-month (n = 6) defects in situ. The spectra highlight qualitative differences in water absorbances at 5,200 cm−1 and 7,000 cm−1 between 1 month and 3 months of repair. Quantified second-derivative peak intensities of (C) water absorbances and (D) matrix absorbances in 1- and 3-month defects. Although trends are present, no significant differences were found in intensities between 1- and 3-month defects (Student’s t-test).
In the NIR region, the average raw spectra of 1-month repair tissue showed qualitatively more water absorbance and a slightly higher baseline offset than 3-month repair tissue (Figure 7A). The second-derivative processing revealed that differences between 1- and 3-month repair tissue were primarily in water absorbances at 7,000 and 5,200 cm−1 (Figure 7B), but quantification did not yield significant differences (Figure 7C). Similarly, quantification of NIR parameters reflecting protein content showed no significant differences (p > 0.05) (Figure 7D).
To confirm that the hemoglobin peaks were primarily arising from the soft repair tissue, and not from underlying subchondral bone, spectra of isolated repair tissue were collected and compared with those from the entire defect in situ, as well as with those from isolated subchondral bone (Figure 8A). The averaged spectra show that the hemoglobin absorbances at 540 and 570 nm from the in situ defect are similar to the absorbance from the isolated repair tissue (Figure 8B). This is in line with our previous observation of the shallow depth of detection of visible light in this spectral region (Figure 3). In contrast, in the NIR region, the water absorbances are much higher in the isolated repair tissue ex vivo than in the defect in situ, and the subchondral bone spectrum more closely resembles the in situ defect spectrum (Figure 8C). The subchondral bone influence on the NIR spectra of the defect can also be observed in the 8250 cm−1 region, which shows the absorbance peak in both subchondral bone and in the defect, while the isolated repair tissue does not have this absorbance.
[image: Figure 8]FIGURE 8 | (A) Schematic of data collection from the defect tissue (in situ) and individual components, repair tissue, and subchondral bone, ex vivo. (B) Second-derivative spectra from the defect in situ and isolated repair tissue and subchondral bone ex vivo in the visible range demonstrate the hemoglobin peak intensities at 540 and 570 nm in the defect tissue are more similar to those in the repair tissue than to those in subchondral bone. (C) Second-derivative spectra in the NIR region demonstrate the differences in the water absorbances in the repair tissue in ex vivo compared to in situ spectra. At 8250 cm−1, the influence of subchondral bone on the in situ defect spectrum is apparent while absent in the isolated repair tissue spectrum.
DISCUSSION
Cartilage defects and degeneration cause disability and pain in millions of people worldwide. Accurate evaluation of tissue pathology and progression of repairing cartilaginous tissues would aid in management of defect repair, potentially preventing progression to widespread tissue degeneration (Jones, 2009; Li et al., 2020). Arthroscopy is the gold standard for investigation of intra-articular pathology of the knee (Dehaven and Collins, 1975; Paatela et al., 2020). Conventionally, arthroscopic assessment of joint tissues is carried out to qualitatively assess the tissue using visual or tactile evaluation using a hook probe. Arthroscopic scoring systems such as Oswestry Arthroscopy Score (OAS) can be used to measure the quality of repair following articular cartilage surgery and can be used as a semiquantitative outcome measure (Smith et al., 2005; Paatela et al., 2020). However, the use of a tactile probe can be highly subjective and thus suboptimal (Brismar et al., 2002; Spahn et al., 2009). Vis-NIR spectroscopy using portable spectrometers and fiber optic probes offers a powerful alternative approach for the quantitative assessment of cartilage and subchondral tissue. Previously, NIR spectroscopy equipped with a fiber optic diffuse reflectance probe was used to investigate cartilage and subchondral bone properties in juvenile equines where information from the NIR first optical window (750–1,900 nm or ∼13,333–5263 cm−1) was found to be useful for characterizing and estimating subchondral bone properties, such as bone volume fraction, bone mineral density, and thickness and thus potentially could be adapted for arthroscopy (Sarin et al., 2018). However, those outcomes were based on artificial neural network analyses, which require very large sample sizes. Here, we highlight an expanded spectral range to include the visible region hemoglobin absorbances. This was shown to be a valuable tool for assessment of changes in in vivo repair tissue in a Yucatan minipig chondral defect model and potentially in other animal models and clinical scenarios.
Assessment of defects by conventional ICRS II histological scoring showed differences in many of the scored parameters between the 1- and 3-month timepoints. As expected, the repair tissue improved over time, even though there was significant bone remodeling observed at the 3-month timepoint. Such remodeling in this juvenile minipig cohort is unsurprising, as younger Yucatan minipigs undergo greater bony changes post-microfracture than adult animals (Pfeifer et al., 2017). Nonetheless, one of the most notable results from this study was the ability to detect the presence of varied amounts of blood in the repairing defects, which could be useful for longitudinal monitoring of the repair process. Although the NIR region of the in situ spectra did not show significant differences in spectra from 1- and 3-month repair tissue, some overall trends were apparent, which could likely be better defined with future multivariate spectral analyses, such as those carried out in other studies (Sarin et al., 2018; Prakash et al., 2019). Furthermore, it appeared that the NIR spectral features from the defect region were more similar to the subchondral bone than to the soft repair tissue. This is in line with the findings of Sarin et al. (2018), in which NIR spectral data from intact joints reflected subchondral bone properties.
The process of tissue repair in the joint environment is complex and can take months, or even years. Post-surgery defect repair occurs in three biological phases: the clot formation phase, repair cartilage formation phase, and cartilage maturation phase (Mithoefer et al., 2012). Immediately after microfracture is performed, the defect region is filled with a blood clot rich in mesenchymal stem cells from subchondral bone marrow (Steadman et al., 2010). This initial phase is also marked by increased neovascularization, with capillary blood vessels from the marrow invading the defect region (Shapiro et al., 1993). Along maturation, this blood-rich tissue is gradually replaced by cartilaginous repair tissue over time; thus, the reduction in blood content can be used as a spectral marker for the progression of cartilage repair.
The timeline for the clot phase and subsequent cartilaginous tissue repair varies depending on characteristics of the native tissue and defect. Shapiro et al. (1993), in their study of repair of full-thickness articular cartilage defects in rabbit models for over a period of 24 weeks, found that cartilage repair begins with fibrinous clot and invasion of blood vessels for few days followed by extracellular matrix synthesis as early as 10 days and fibrocartilaginous tissue with chondrocytes present by 3 weeks. From 6, 8, 10, and 12 weeks, progressive differentiation of cells into chondroblasts, chondrocytes, and osteoblasts and synthesis of cartilage and bone matrices in their appropriate locations was found with both tidemark and compact lamellar subchondral bone plate formation to occur by 24 weeks (Shapiro et al., 1993).
It is important to note, however, that this relatively quick repair progression may be related to the animal model, as rabbit cartilage has been described as having high potential for spontaneous healing (Chu et al., 2010). It is thus possible that in humans and large animals, the clot phase may persist for over weeks before progressive maturation into fibrocartilage repair tissue (Fortier et al., 2012; Guermazi et al., 2015). Here, our results indicate that the amount of blood clot and/or neovascularization in the repair tissue is greater in adult pigs after 1 month of defect creation than in juvenile animals after 3 months. The more intense neovascularization is observed by the lower ICRS II scoring (indicating more presence of blood vessels), and the greater blood content (possibly in the clot and/or within blood vessels) was detected by Vis-NIR fiber optic spectroscopy.
Understanding the resultant spectra collected from a defect comprised several tissue types is challenging due to overlapping absorbances from the multiple tissues present. During Vis-NIR spectroscopic data collection of cartilage or repair tissue, the incident light has variable penetration into the soft tissues (hyaline cartilage, fibrocartilage, and fibrous tissue) and the underlying subchondral bone. An earlier study by Padalkar and Pleshko, (2015) showed that using the diffuse reflectance fiber optic mode of spectra collection, NIR light can penetrate into cartilage tissue and detect more than 4 mm in 7,000–9,000 cm−1 and up to 3 mm in 5,000–7,000 cm−1. The study provided an approximation of light interaction at different thicknesses of articular cartilage. Thus, there is potential for the resultant NIR signals from joint tissue to arise from a combination of tissue types. However, it is also well known that measurement depth of the NIR diffuse reflectance depends in part on the geometry of the optical fiber probe used for illumination and detection of light from biological tissue. Arimoto et al. (2005) showed quantitatively that the measurement depth of NIR diffuse reflectance light into human skin depends on both the geometry (distance between illumination and detection fibers) and thickness of optical fibers in the probe. The determination of depth of detection by light into the defect is critical to evaluate the progression of repair in the defect. In our estimation, we have found that the repair tissue thickness increases from 1.5 mm in 1 month to ∼ 3.5 mm in 3 months (Figure 5), and that NIR light detection into the tissue ranges from 3 mm in low-frequency regions (6,000 cm−1) to more than 4 mm in high-frequency regions (8,865 cm−1) (Figure 2). Thus, the NIR light collected through the defect repair tissues interacts with multiple features and tissues of the defect area, assessing both soft tissue and subchondral bone repair regions. This may be a confounding factor contributing to why it was not possible to detect significant changes in NIR spectra between 1- and 3-month repair tissues. This is particularly evident in a higher frequency CH-overtone peak at 8,250 cm−1 (Burns and Ciurczak, 2007; Mcgoverin et al., 2014) which has a greater absorbance in subchondral bone and in the defect spectra than the soft repair tissue (Figure 8C). Mcgoverin et al. (2014) have previously observed that this peak absorbance is more related to subchondral bone than cartilage in osteochondral tissue. In our study, we also found the influence of subchondral bone on the in situ defect spectra based on this peak.
Interestingly, the intensities of the water absorbance peaks at 5,200 cm−1 and 7,000 cm−1 were not significantly different in the in situ defect spectra from 1- to 3-month repair tissues. This was surprising, as differences in these peak intensities reflect the relative amount of bone and cartilage, respectively, as the 5,200 cm−1 absorbance is typically greater than the 7,000 cm−1 in bone. This discrepancy is likely due to the influence of free water from the joint that is confounding the spectral comparisons between the two groups. Comparison to spectra from free water supports this possibility, as the 5,200/7,000 cm−1 ratio observed in the in situ data is more similar to that in free water (<1) (Padalkar et al., 2013) than to that in bone (>1.2) or repair tissue (>1.2) in the current study. This ratio has also been found to be a determinant of healthy cartilage where the ratio is lower than 1, while in degraded cartilage it is greater than 1 (Brown et al., 2011).
Diffuse reflectance spectra in the visible region have a lower depth of detection than that in the NIR spectral region. Ash et al. (2017) found that the interaction of light in the visible range of 400–600 nm is reduced in depth by nearly 5 times compared to that of the NIR range. Thus, in the visible range, the light interaction in the defect primarily occurs within the top soft tissue layer. Nevertheless, the visible region was very useful for assessment of changes in hemoglobin related to blood clot formation and remodeling with microfracture. Ideally, this would be implemented in collection of data from individual defects over the course of a study, which would also provide better information related to spectral changes associated with repair across all spectral regions. The lack of significant differences in NIR spectral parameters between the two groups studied here can also be attributed to the inherent individual variations in the tissue repair process, in particular at early timepoints. Kim et al. (2015) highlighted the importance of longer duration studies, 1 year to 2 years, to fully investigate the repair of the cartilage defects in Yucatan minipig models.
It is important to acknowledge limitations of this study with respect to comparing repair tissue from animals of different ages. This issue can be highlighted based on the study by Pfeifer et al. (2017), which described age-dependent differences in cartilage repair in juvenile (6 months) and skeletally mature (18 months) Yucatan minipigs. Similar to the animals in the current study, they evaluated tissue repair at the stifle joints after creating full thickness defects in the trochlear groove followed by treatment with MFx. After 6 weeks post-operatively, it was noted that the juvenile pigs had more extensive subchondral bone remodeling but overall better quality of repair tissue. Here, we analyzed tissue repair after 1 month using adult animals, whereas juvenile animals were used to analyze repair after 3 months. In line with results from Pfeifer et al., our juvenile animals had better quality repair tissue (ICRS II scores) but a more extensive subchondral bone remodeling (quantified here as a greater defect thickness). It is possible that these differences arise not only from the length of time of post-operative tissue repair but also as a difference between juvenile and adult animals. This would be an important confounding factor with respect to making conclusions about the progression of MFx-based cartilage repair.
Another confounding factor relates to differences in tissue sections analyzed for ICRS scoring and for thickness measurements by IR imaging. Several sections were cut for histology, and the section from the center-most region of the defect was chosen for ICRS scoring. As a result, sections for IR imaging analysis of tissue thickness came from off-center regions. This discrepancy leads to the potential for differences in the appearance of subchondral remodeling and healing within the same defect, which is reflected in Figures 4, 5. Figure 5 shows virtually no subchondral remodeling in the 1-month tissue, while some remodeling is apparent in Figure 4, taken from the center region of the defect. In spite of these confounding factors, the primary contribution of this study, assessment of defect repair by Vis-NIR spectroscopy, remains the same. Differences in composition between repair tissue with better (juvenile animals, 3 months of repair) or poorer (adult animals, 1 month of repair) quality can be investigated using this modality.
CONCLUSION
Together, these data demonstrate a novel application of non-destructive fiber optic Vis-NIR spectral analysis for evaluation of chondral microfracture repair. Results from this study provide new insights into spectral parameters to assess the composition of cartilage repair tissue in situ, including hemoglobin absorbances, which may be a valuable approach toward quantitative assessment of tissue repair. Furthermore, with advancements in the development of arthroscopic fiber optic probes (Spahn et al., 2007; Sarin et al., 2018; Magnus et al., 2021), this study can have a significant impact as a foundation to inform on the design of future preclinical and clinical studies for a longitudinal spectroscopic analysis of chondral and osteochondral defect healing.
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Electrospun aligned poly(ε-caprolactone) nanofiber yarns guiding 3D organization of tendon stem/progenitor cells in tenogenic differentiation and tendon repair
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Hierarchical anisotropy structure directing 3D cellular orientation plays a crucial role in designing tendon tissue engineering scaffolds. Despite recent development of fabrication technologies for controlling cellular organization and design of scaffolds that mimic the anisotropic structure of native tendon tissue, improvement of tenogenic differentiation remains challenging. Herein, we present 3D aligned poly (ε-caprolactone) nanofiber yarns (NFYs) of varying diameter, fabricated using a dry-wet electrospinning approach, that integrate with nano- and micro-scale structure to mimic the hierarchical structure of collagen fascicles and fibers in native tendon tissue. These aligned NFYs exhibited good in vitro biocompatibility, and their ability to induce 3D cellular alignment and elongation of tendon stem/progenitor cells was demonstrated. Significantly, the aligned NFYs with a diameter of 50 μm were able to promote the tenogenic differentiation of tendon stem/progenitor cells due to the integration of aligned nanofibrous structure and suitable yarn diameter. Rat tendon repair results further showed that bundled NFYs encouraged tendon repair in vivo by inducing neo-collagen organization and orientation. These data suggest that electrospun bundled NFYs formed by aligned nanofibers can mimic the aligned hierarchical structure of native tendon tissue, highlighting their potential as a biomimetic multi-scale scaffold for tendon tissue regeneration.
Keywords: electrospinning, nanofiber yarns, 3D alignment, tendon stem/progenitor cells, tenogenic differentiation, tendon repair
INTRODUCTION
Partial or complete tendon ruptures caused by accidents and sports disrupt collagen alignment, leading to loss of function and reduced mobility (Hasan et al., 2014; Nau and Teuschl, 2015). However, native tendon has a poor endogenous ability to regenerate after injury due to fewer blood vessels and nerves in the tendon tissue (Silver et al., 2003; Longo et al., 2011; Kalson et al., 2015). Alternatively, tissue engineering (TE) strategies have demonstrated potential application for tendon tissue regeneration, and biomaterial scaffolds provide a temporary extracellular matrix (ECM) for cell adhesion and proliferation, which is a key element in guiding tissue regeneration (Chen et al., 2015; Zhang, 2020). Tendon has a hierarchical organization, and the subunits of the tendon are the fascicles (diameters: 100–500 μm), which consist of highly aligned collagen fibers (diameters: 1–20 μm) (Zhang et al., 2006; Carniel and Fancello, 2019; Puetzer et al., 2021). Such hierarchical structure is easily disordered upon injury due to the chaotic arrangement of neo-collagen in scar tissue appearing at the site of the defect, thereby weakening the mechanical properties and functionality of the injured tendon (Sharma and Maffulli, 2005). This critical structure-function relationship reflects the design strategy for developing a suitable scaffold to facilitate the capacity of TE tendon to mimic the hierarchical structure of native tendon. The functional recovery of tendon tissue is a critical point in tendon TE scaffold development and is an ongoing challenge.
Recently, various fabrication technologies, such as electrospinning (Wu et al., 2016; Ma et al., 2018; Zhu et al., 2021), self-assembly (Gonzalez-Masis et al., 2020; Yin et al., 2020), and 3D bioprinting (Merceron et al., 2015; Chae et al., 2021; Zhang et al., 2021), have been developed to mimic the structure of native tendon by controlling aligned cellular organization. Among these techniques, electrospinning has been widely used in tendon TE due to its ability to prepare aligned nano- and micro-fibers efficiently and mimic the anisotropic hierarchical structure of native tendon tissue (Sensini and Cristofolini, 2018). In previous studies, continuous electrospun filaments have been made through changing the type of collectors (Dabirian et al., 2007; Bosworth, 2014; Laranjeira et al., 2017; Xie et al., 2021) to prepare a hierarchical structure for tendon tissue (Wu et al., 2017b; Sensini et al., 2019; Sensini et al., 2021). Mouthuy et al. (2015) fabricated a polydioxanone filament using a wire collector and assembled filaments into yarn to mimic the structure of native tendon, but then failed to control the diameter of the filaments. To achieve a similar effect, Sensini et al. (2019) prepared a multi-scale scaffold by rolling aligned nanofiber films to form a unit, then assembled them to make the multi-scale scaffold. Similarly, Laranjeira et al. (2017) produced braided and woven scaffolds using different textile techniques to weave together nanofiber threads into fibrils, then fibers, and, ultimately, 3D scaffolds. In addition to the morphological and mechanical features of the scaffold, it is well-established that suitable diameters and functions are extremely important for cell proliferation and differentiation. However, the effects of bundled nanofiber diameter have not been investigated.
Recently, we developed a series of aligned nanofiber yarns (NFYs) based on an advanced wet-dry electrospinning technique to induce 3D cellular alignment and differentiation. We further developed biomimetic anisotropic scaffolds based on these aligned NFYs for various TE applications, including skeletal muscle, cardiac, and nerve TE (Wang et al., 2015; Wu et al., 2017b; Wang et al., 2019). However, due to the similar structure of tendon tissue, the effect of aligned NFYs on tenogenic differentiation in vitro and tendon repair in vivo has remained unclear.
Furthermore, stem cells have been regarded as a promising cell type for tendon regeneration. Among the types of stem cells isolated from different tissue sources, tendon stem/progenitor cells (TSPCs), which were isolated from tendon sources, were thought to be especially suitable for the tendon microenvironment and highly likely to differentiate into tenocytes (Guo et al., 2016). However, a recent study showed that TSPCs tend to undergo chondrogenic/osteogenic differentiation under inflammatory conditions, which ultimately leads to ectopic calcification in tendon tissue (Chen et al., 2019). It was found that local stem/progenitor cells are induced into an erroneous differentiation in the diseased tendon (Hu et al., 2016). Therefore, promoting tenogenic differentiation of TSPCs plays a key role in tendon regeneration, yet remains a challenging prospect. Although several previous studies reported that scaffolds with aligned structures could improve the tenogenic differentiation of TSPCs (Yin et al., 2010), there are still few reports on the design of aligned scaffolds that integrate with nano-, micro- and macro-scale structures and would mimic the hierarchical structure of native tendon to promote tenogenic differentiation of TSPCs and tendon repair.
Herein, we report the development of a series of aligned bundled scaffolds based on NFYs prepared by our previously developed wet-dry electrospinning technique, which demonstrated well-defined nano/microarchitecture that mimicked the hierarchical structure of fascicles and collagen fibers in native tendon tissue (Figure 1A). TSPCs were seeded on aligned NFYs, and the effects of the nano- and micro-structure of aligned NFYs on the cellular alignment and organization of TSPCs were investigated. After culture for 7 days in differentiation medium, the effects of different NFY diameters on the tenogenic differentiation of TSPCs was also investigated. Furthermore, aligned NFY bundle scaffolds were implanted into the rat tendon defect model to investigate their ability to improve in vivo tendon repair. The electrospun aligned NFYs were able to guide cellular alignment and organization, thereby improving tenogenic differentiation of TSPCs in vitro, which suggests that these aligned NFY bundle scaffolds mimic the hierarchical structure of collagen fascicles and fibers in native tendon tissue and demonstrates great potential for tendon TE applications.
[image: Figure 1]FIGURE 1 | The preparation scheme of aligned PCL NFYs and their applications for tenogenic differentiation in vitro and tendon repair in vivo. (A) The complex hierarchical structure of native tendon tissue, consisting of aligned collagen fascicles with aligned fibers. The bundled NFY scaffold mimicked the hierarchical structure of native tendon. (B) Fabrication scheme based on aligned NFYs that mimic native tendon tissue to produce the hierarchical structure of scaffolds through a dry-wet electrospinning technique.
MATERIALS AND METHODS
Materials
Poly (ε-caprolactone) (PCL, average Mn = 80 000), collagenase type I (collagenase from Clostridium histolyticum for general use), Poly-L-lysine (PLL), paraformaldehyde (PFA), 2-phospho-L-ascorbic acid trisodium, bovine serum albumin (BSA), and pentobarbital were obtained by Sigma-Aldrich (Sigma-Aldrich, Saint Louis, United Kingdom). Hexafluoroisopropanol (HFIP) was purchased from Macklin (Macklin, China).
Preparation of PCL aligned nanofiber yarns
The aligned PCL NFYs were prepared via dry-wet electrospinning following our previously reported process (Wang et al., 2015; Wu et al., 2017b; Wang et al., 2019). PCL was dissolved at 100 mg/ml in hexafluoroisopropanol at room temperature for 12 h. The schematic diagram in Figure 1 illustrates the working principle of the electrospinning device (ET-2535, Ucalery, China). In brief, the PCL solution was drawn into a 5 ml syringe with a 21G needle with a length of 15 mm, an inner diameter of 0.5 mm, and an outer diameter of 0.8 mm (Ucalery, China). Injection speed was 1 ml/h using a syringe pump (ET-2535, Ucalery, China). The length of the drum was 21 cm and the diameter was 3 cm. Spinning was induced by adjusting the positive and negative pressure of the electrospinning instrument; the positive voltage was set at 18 kV and the negative voltage at 2 kV. During the electrospinning process, the random nanofibrous mat was received on the surface of a water/ethanol (V/V 8:2) mixture, and the continuous NFYs were then obtained by dragging from the surface of the solution using a rolling receptor to gain. The distance between the needle and surface of the solution was approximately 10 cm, and the distance between the liquid surface and the receptor was approximately 15 cm. While the other conditions were fixed, aligned NFYs with different diameters could be obtained by varying the rotation speed of the receptor, ranging from 2 to 80 mm/min. The aligned NFY samples were collected from the receiver and kept at room temperature for at least 2 days before subsequent experiments.
Morphological characterization and mechanical properties of aligned NFYs
Scanning electron microscopy (SEM, Sigma HD, United States) was used at an accelerating voltage of 2 kV to analyze the microstructure surface chemistry of aligned NFYs; each sample had three groups of replicates. The diameter distribution and alignment properties of nanofibers were counted using the ImageJ software module OrientationJ; each sample type had three replicates. Mechanical testing of single aligned NFYs was performed via dynamic thermo-mechanical analysis (Q800, DMA, United States). First, both ends of the single aligned NFY were clamped on filter paper and then fixed on the upper and lower arms of the instrument. The lengths of the aligned NFYs tested were approximately 2 cm. Uniaxial tensile testing was carried out at a stretching rate of 5 mm/min until specimen failure. As for the mechanical properties of bound NFYs, we bundled 50 NFYs of each diameter, and then used a universal testing machine (a series of LS, AMETEK, United States) to test the force and strain of these bound NFYs. The lengths of aligned NFYs tested were approximately 14 cm. Uniaxial tensile testing was carried out at a stretching rate of 5 mm/min until specimen failure. More than five parallel samples were measured for each sample of different NFY diameter.
Isolation and culture of TSPCs
The Achilles tendon and patella tendon were obtained to isolate tendon stem/progenitor cells (TSPCs) from 6 to 8 week old Sprague Dawley (SD) rats, which were obtained following the approved guidelines set by the Institutional Animal Care and Use Committee, Southern Medical University. First, the peritendinous connective tissue was carefully removed, and the samples were washed three times with Dulbecco’s phosphate buffered saline (DPBS, Gibco, China). The samples were then minced into 2 mm2 pieces and digested with 3 mg/ml collagenase type I for 30 min at 37°C. Following digestion, the samples were diluted with DPBS, filtered through a 70 μm cell strainer, and then centrifuged at 1,000 rpm for 15 min. Single-cell suspensions were cultured in a cell culture incubator at 5% CO₂ and 37°C in Dulbecco’s Modified Eagle’s Medium (DMEM, Gibco, China) containing 20% fetal bovine serum (FBS, Gibco, Australia) and 1% penicillin/streptomycin. TSPC colonies were observed under a microscope after 5 days. A previous study has shown that TSPCs have good expression of tenomodulin (TNMD) up to passage 10 (Tan et al., 2012), so cells from passages 3-8 were used in our subsequent experiments.
Characterization of TSPCs
Expression of stem cell surface markers was analyzed by flow cytometry. TSPCs (1.0 × 106 cells) in 500 μL of 10% FBS-DMEM were incubated with the following phycoerythrin-conjugated or fluorescein-isothiocyanate-conjugated mouse anti-rat monoclonal antibodies at 4°C for 1 h: anti-CD18 (561409, BD PHARMINGEN, United States), anti-CD34 (ab187284, abcam, United States), anti-CD44 (561409, BD PHARMINGEN, United States), anti-CD45 (MCA45PE, SEROTEC, United States), and anti-CD90 (561409, BD PHARMINGEN, United States). Before being tested, the cells were washed twice with DPBS and then re-suspended in 500 μL of ice-cold 10% FBS-DMEM and 1 μL propidium iodide. FACs results were analyzed using BD FACSCanto II (BD Biosciences, United States).
TSPC culture on aligned NFYs
TSPCs were seeded and cultured on aligned NFYs of varying diameters following several steps. First, the aligned NFY samples were fixed around a 3D-printed rectangle model. Second, the aligned NFY samples were sterilized by immersion in 75% ethanol for 30 min, followed by 30 min of UV irradiation. After drying, the aligned NFYs were soaked in 1% ε-Poly-L-lysine solution for 30 min and dried overnight. Finally, the TSPC suspension (0.3 ml, 3×105 cells/mL) was dropped onto aligned NFYs and allowed to adhere at 37° C for 4 h. When most cells had adhered to the surface of the NFYs, the aligned NFY samples were peeled off from the PDMS mold and placed into wells of a 6-well plate for continued culture for required experiments. The cell culture medium was changed every 2 days.
Viability of TSPCs on aligned NFYs
The cellular activity of TSPCs seeded on the aligned NFYs was evaluated by Live/Dead assay (Beyotime, China) after 24 h and by Alamar Blue assay (Molecular Probes, Invitrogen, China) after 1, 5, and 7 days in culture, according to the manufacturer’s instructions. After being seeded on the aligned NFYs of various diameters, cells were cultured for 24 h to allow cell spreading. Cell-laden NFYs (n = 3) were then transferred to a new plate and washed with DPBS to remove the non-adherent cells. Calcein AM stained living cells with green fluorescence, and propidium iodide (PI) stained dead cells with red fluorescence. Before adding the working fluid, samples were washed with DPBS and then incubated for 30 min. Fluorescence imaging was carried out using confocal laser scanning microscopy (Nikon A1, China). Cells were incubated in 10% (v/v) Alamar Blue reagent in growth medium at 37° C for 4 h. The fluorescence of the supernatant was measured using a microplate reader (Synergy HT, Bio-Tek Instruments, United States) at an excitation wavelength of 560 nm and an emission wavelength of 590 nm.
Morphological evaluation of TSPCs on aligned NFYs
The morphology and organization of TSPCs on aligned NFYs of various diameters were analyzed via immunofluorescence imaging after 3 days in culture; each sample had three replicates. Cultured cells were gently rinsed twice with DPBS for 3 min and then fixed with 4% PFA for 15 min at room temperature. After fixation, cells were gently rinsed with DPBS three times and then treated with 0.2% Triton X-100 for 45 min. The samples were blocked using 1% BSA for 2 h and then treated with fluorescein isothiocyanate (FITC)-phalloidin (Invitrogen, China) conjugated at 4° C overnight and counterstained with 4’, 6-diamidino-2-phenylindole (DAPI, Sigma, United States). Fluorescence imaging was carried out using a confocal laser microscope (Nikon A1, China). Images of F-actin fluorescence were processed using the OrientationJ module of ImageJ software and the elongation and orientation of TSPCs on these aligned NFYs were analyzed following the protocol of our previous study (Wang et al., 2015). Cell elongation was determined by measuring nuclear aspect ratios and the angle between the long axis of the cells and the direction of aligned NFYs to generate alignment histograms. Cells cultured on glass slides were the 2D control group.
Tenogenic differentiation of TSPCs on aligned NFYs
TSPCs were cultured on aligned NFYs of various diameters in differentiation medium (growth medium with 50 mg/ml 2-phospho-L-ascorbic acid trisodium) to induce tenogenic differentiation for 7 days; each sample had three replicates. After 7 days of induction, the cell-seeded NFYs were carefully rinsed twice with DPBS and then fixed with 4% PFA for 15 min at room temperature. After fixation, the cells were carefully washed twice with DPBS and then treated with 0.2% Triton X-100 for 45 min. After blocking in 1% BSA in DPBS for 2 h, the cell constructs were incubated with rabbit anti-TNMD antibody (ab203676, abcam, China) and rabbit anti-collagen I (Col1a1) antibody (CO20191-01, Invitrogen, China) at 4° C overnight. The cell constructs were then washed with DPBS, and Alexa Fluor 488 (ab150077, abcam, China) conjugated secondary antibody was added and samples were incubated for 45 min at room temperature. After incubation, the cell constructs were washed with DPBS and cell nuclei were counterstained with DAPI for 5 min. Finally, the cell-seeded NFYs were observed under a confocal laser microscope (Nikon A1, China).
Real-time qPCR
For real-time quantitative PCR (RT-qPCR) analyses, total RNA was extracted using Trizol (AG RNAex Pro Reagent, AG, China) following the manufacturer’s instructions. For synthesizing cDNA, 0.2–1 μL RNA was used in a reverse transcription reagents kit protocol (Abm, Canada). Three cDNA parallel compositions were obtained. Real-time qPCR was carried out according to the protocol. Briefly, qPCR reactions were first carried out on ice, and each well contained 7.5 μL MagicSYBR Mixture, 0.15 μL ROX, 0.5 μL cDNA, 6.35 μL H2O, and 0.6 μL mixed primers. The plates were inserted in an Applied Biosystems QuanStudio™3 Real-Time PCR (Singapore) Instrument for cycling at the following temperature profile: 95° C for 30 s, then 40 cycles of 95° C for 5 s followed by 60° C for 30 s. The primer sequences were as shown in Table 1. Each sample had three groups of replicates.
TABLE 1 | Gene primer sequences for RT-qPCR.
[image: Table 1]In vivo rat Achilles tendon repair model and histological evaluation
The animal experiment procedures were approved by the Institutional Animal Care and Use Committee, Southern Medical University. The SD rats (n = 6, 8-weeks-old) were treated with 1% pentobarbital sodium intraperitoneally at 40 mg/kg body weight. After anesthesia, a 6 mm length of the Achilles tendon was removed to make a defect model. Bundles of 50 yarns of NFY-50 were used to prepare the aligned NFY scaffolds to provide mechanical support for the repaired tendon. The NFY-50 scaffolds (50 yarns, length = 0.2 cm) were sutured to the residual Achilles tendon using a non-resorbable suture (5–0 nylon) via the Kessler method of tendon repair. Tendons that had been cut off directly served as the control group. The animals were allowed free movement after surgery. After 6 weeks of implantation, samples from each group were harvested and fixed in 4% PFA. Samples were then dehydrated through a series of increasing concentrations of ethanol, embedded in paraffin blocks, and sectioned at a thickness of 8μm. Sections were stained with hematoxylin-eosin (H&E), Masson’s trichrome, and Picrosirius red. Finally, the stained paraffin sections were observed under an optical microscope (Nikon Nxi, China). The Masson’s trichrome images were processed using the OrientationJ module of ImageJ software, with analysis of the orientation of neo-collagen in the defect site of each rat. Each group included three replicates.
Statistical analysis
Experiments were run in triplicate for each sample and results are presented as mean ± standard deviation. Quantitative data and measurement of cell aspect ratios and orientation were obtained using ImageJ software, with results including at least 5 images of 3 independent locations within each sample (cell number >100). Statistical differences were obtained through analysis of variance followed by Tukey’s significant difference post hoc test. A significance level of 0.05 was applied to indicate significant differences.
RESULTS
Preparation and Characterization of aligned NFYs
The fabrication of aligned NFYs based on a modified electrospinning device is shown in Figure 1B, and the process of fabricating these aligned NFYs is detailed in Supplementary Video S1. Briefly, the PCL polymer solution (100 mg/ml) was extruded by the pump in a high voltage field to prepare a mat of random nanofibers on the surface of a water/ethanol mixture. Subsequently, a rolling receptor pulled the nanofibers mat from the solution’s surface to form aligned NFYs. By controlling the rotation rate of the rolling receptor, a series of aligned NFYs with varying diameters were fabricated using the dry-wet electrospinning approach. The microstructure of the aligned NFYs was observed using SEM. The images showed that the aligned NFYs were loose and porous cylinders, and that the bundled NFYs had a hierarchical structure similar to native collagen fibers and fascicles of the tendon (Figure 2A; Supplementary Figure S1A). The nanofiber diameter was controlled, at 732.1 ± 167.22 nm by adjusting the parameters of electrospinning. The diameter of the aligned NFYs decreased dramatically from 100 ± 24 μm to 10 ± 2 μm when the receptor rotation rate increased from 2 to 80 mm/min, respectively (Figure 2B). The aligned NFYs with diameters of 10 ± 2 μm, 50 ± 10 μm, and 100 ± 24 μm were designated NFY-10, NFY-50, and NFY-100, respectively. NFY-10, NFY-50, and NFY-100 showed the proportion of oriented nanofibers, in the range of ±10o, to be 95.13%, 88.21%, and 85.66%, respectively (Figure 2C), suggesting that aligned NFYs have great improvement in axial orientation with increased rotation speed. The loaded-force of aligned NFYs was measured using a single fiber tensile test. The tensile analysis results showed that the force of a single NFY-100 was as high as 5.16 ± 0.04 cN, while NFY-50 was slightly decreased at 3.16 ± 0.16 cN, and NFY-10 was only 1.13 ± 0.13 cN (Figure 2D). Furthermore, the strain of aligned NFYs increased from 141 ± 41% to 486 ± 17% with the increase of NFY diameter from 10 µm to 100 μm, respectively. As shown in Figure 2E, the loaded-force of the bundled 50 yarns of NFY-10 was 0.44 ± 0.1 N with a stretching speed of 5 mm/min. Comparatively, the loaded-force of the bundled 50 yarns of NFY-100 was 3.31 ± 0.37 N. Notably, the loaded-force of the bundled 50 yarns of NFY-50 was 2.15 ± 0.09 N, which is suitable for tendon tissue with a loaded-force of 2–3 N (Table 2). These results revealed that nano- and micro-scale NFYs containing highly aligned nanofibers can be successfully prepared using the dry-wet electrospinning approach, with the mechanical properties of NFYs easily controlled by changing their diameters.
[image: Figure 2]FIGURE 2 | Microstructure and mechanical properties of aligned NFYs. (A) SEM images and their magnification images of aligned NFYs with average diameters of 10 μm, 50 μm, and 100 μm, respectively. (B) The relationship between and the diameter of NFYs and the rotation rate of the receptor. (C) Histograms of relative alignment within ±10° show uniform orientation of nanofibers in aligned NFYs. (D) Force-Strain curves of NFYs with different diameters via single fiber tensile test. (E) Force-Strain curves of 50-yarn bundles of NFYs with different diameters via tensile test.
TABLE 2 | Mechanical properties of single and 50-yarn bundles of aligned NFYs with different diameters.
[image: Table 2]Identification and characterization of TSPCs
After 3 days of isolation, a small number of TSPCs with spindle-like morphology were observed. The cells proliferated continuously and formed colony units after 9 days. The tenogenic differentiation capacity of TSPCs was verified by testing the expression of TNMD. As shown in Figure 3B, the TSPCs had obvious expression of TNMD. Furthermore, as shown in Figure 3C, over 92% and 33% of TSPCs were positive for BMSC markers CD90 and CD44, respectively, while they were negative for CD18, which is a surface receptor present on BMSCs (Miura et al., 2005). In addition, the TSPCs did not express hematopoietic cell markers, including CD34 and CD45, which are both highly expressed in tenocytes (Li et al., 2021), further confirming that these tendon-derived cells were TSPCs.
[image: Figure 3]FIGURE 3 | Isolation and Characterization of TSPCs. (A) The morphology of rat TSPCs at P0, (B) the tenogenic differentiation of TSPCs cultured for 7 days in differentiation medium, (C) Flow cytometry analysis of the expression of cell surface makers related to stem cells and hematopoietic cells.
Viability and morphology of TSPCs on aligned NFYs
TSPCs were seeded on single aligned NFYs of various diameters, cell viability was assessed using the Live/Dead assay after for 24 h in culture, and cell proliferation was assessed using Alamar Blue reagent after 1, 5, and 7 days in culture. TSPCs cultured on aligned NFYs showed high viability, with few dead cells and excellent elongation (Figure 4A). The proliferation results showed that all aligned NFY groups had a significant increase in cell growth during the culture period. On the first day of cell culture, there were no significant differences between the aligned NFY groups (p > 0.05). As time in culture increased, the number of TSPCs on the aligned NFYs of various groups showed significant differences (p < 0.05). In particular, the NFY-100 group showed significantly higher cell numbers than the NFY-10 and NFY-50 groups on days 5 and 7 (Figure 4B). These results demonstrated that TSPC growth increases with increased NFY diameter, and the aligned NFYs, regardless of diameter, have good biocompatibility.
[image: Figure 4]FIGURE 4 | The viability of TSPCs on aligned NFYs with different diameters. (A) Fluorescence imaging of living (green) and dead (red) TSPCs seeded on aligned NFYs and cultured in growth medium for 24 h. (B) The proliferation of TSPCs on NFYs with different diameters, after 7 days, as measured using Alamar Blue. *p < 0.05 compared with the NFY-10 group at day 1, #p < 0.05 compared with the NFY-50 group at day 1, and &p < 0.05 compared with the NFY-100 group at day 1.
The cellular alignment and elongation behaviors of TSPCs on aligned NFYs with different diameters were assessed by F-actin staining after 3 days in culture. The cytoskeleton was stained green using FITC-conjugated phalloidin, and the nucleus was stained blue using DAPI. The images of F-actin staining show that TSPCs spread well on the surface of all aligned NFYs and exhibited aligned and elongated morphologies (Figures 5A–C). In contrast, cells in the 2D group showed random spindle morphology (Figure 5D). Furthermore, quantitative analysis of cell alignment was accomplished by measuring the angle between cell growth direction and the direction of aligned NFYs, including relative alignment in ±10° increments (Figure 6A). These data show that the orientation ratio of cells within ±10o on NFY-10, NFY-50, and NFY-100 were 73%, 58%, and 53%, respectively (Figures 6B–E), while the orientation ratio was only 12% in the 2D group (Figure 6F). Additionally, cell elongation behavior was estimated by assessing TSPC nuclear aspect ratios, which demonstrated a significant improvement in cellular elongation of the NFY-10 group compared to that of the 2D group (Figure 6H). Together, these data indicate that aligned NFYs are able to enhance the 3D cellular alignment and elongation of TSPCs, which mimics native collagen fibers with tenocyte alignment. Notably, TSPCs showed better alignment and elongation behaviors when cultured on aligned NFYs with smaller diameters.
[image: Figure 5]FIGURE 5 | The top and 3D views of TSPCs with F-actin-stained cytoskeletons (green) and DAPI-stained nuclei (blue) after 3 days of culture on NFY-10 (A), NFY-50 (B), and NFY-100 (C), as well as cells in the 2D group (D). Scale bar = 100 μm. TSPCs cultured on single aligned NFYs with varying diameters showed aligned morphology, contrasting with the morphology of the 2D control group.
[image: Figure 6]FIGURE 6 | Quantitative measurement of cellular alignment and elongation of TSPCs on aligned NFYs. (A) Schematic diagram of cellular orientation measurement. The histograms show the cellular angles and distribution of TSPCs on NFYs with diameters of 10 μm (B), 50 μm (C), 10 μm (D), and on a 2D tissue culture plate (E). (F) Histograms of the relative alignment in ±10° increments demonstrate cellular alignment of TSPC on NFYs of varying diameters, in contrast to the random morphologies observed in the 2D group; *p < 0.05. (G) Schematic diagram of nuclear aspect ratios calculated from measurement of the length and width of the nucleus. (H) Histograms of nuclear aspect ratio of TSPCs on NFYs and TSPCs in the 2D group; *p < 0.05.
Tenogenic differentiation of TSPCs on aligned NFYs
To explore the effects of aligned NFYs on tenogenic differentiation of TSPCs, cells were seeded on aligned NFYs of various diameters and then cultured in differentiation medium for 7 days. TNMD is a marker of the mature tenogenic phenotype. Type Ⅰ collagen (Col1a1) is a major matrix component of native tendons that supports essential mechanical properties of tendon tissue (Goh et al., 2014). Tenogenic differentiation was examined by TNMD immunostaining. Images of TNMD and Col1a1 staining showed that the fluorescence intensity in all of the aligned NFY groups was higher than that of the 2D group, indicating that TSPCs on these aligned NFYs had higher TNMD and Col1a1 expression compared with the 2D group, and that aligned NFYs enhanced tenogenic differentiation of TSPCs, as suggested by enhanced expression of these markers (Figures 7A,B). Additionally, NFY-50 showed the highest TNMD expression, compared with NFY-10 and NFY-100, which indicates that the best tenogenic differentiation of TSPCs occurred on NFY-50.
[image: Figure 7]FIGURE 7 | Tenogenic differentiation of TSPCs cultured on aligned NFYs of varying diameters. (A) Immunofluorescence images of TNMD staining of TSPCs on aligned NFYs of different diameters, and cells from the 2D control group, after 7 days in culture; green indicates TNMD, blue indicates cell nucleus. (B) Immunofluorescence images of Col1a1 staining of TSPCs on aligned NFYs of different diameters, and cells from the 2D control group after 7 days in culture; green indicates Col1a1, blue indicates cell nucleus. (C) RT-qPCR analysis of tenogenic gene expression in TSPCs cultured on aligned NFYs and cells from the 2D group. (n = 3; *p < 0.05).
We also investigated the effects of cell culture on aligned NFYs on the tenogenic differentiation of TSPCs maintained in growth medium for 7 days. Decorin (DCN) is the most abundant small protein-polysaccharide rich in leucine in the tendon and plays a key role in ensuring precise alignment and stability of collagen fibers related to the phenotype of the tendon. Scleraxis (SCX) is an essential transcription factor for tenogenesis (Bavin et al., 2017). RT-qPCR results showed that aligned NFYs improve the expression of tendon-related genes, including TNMD, DCN, Col1a1, and SCX (Figure 7C). Gene expression of TNMD and DCN was approximately 30 times and 20 times greater, respectively, in cultures with NFY-50 compared with the 2D group (p < 0.05). These results indicate that the 3D aligned and multi-scale structure of aligned NFYs may improve the tenogenic differentiation of TSPCs. Interestingly, cells cultured with NFY-50 showed the highest expression of TNMD, DCN, and Col1a1. These results are consistent with the TNMD and Col1a1 immunofluorescence staining results, further confirming the enhanced effect of aligned NFYs on tenogenic differentiation of TSPCs.
Aligned NFYs aid in repair of rat Achilles tendon injury in vivo
The ability of single NFYs to improve the tenogenic differentiation of TSPCs has been verified. Therefore, to investigate the effects of NFYs on improving tendon regeneration in vivo, we implanted 50-yarn NFY bundles into a rat tendon injury model. The NFY-50 group showed significantly better tenogenic differentiation of TSPCs compared with the other NFY groups. Therefore, we used NFY-50 to further investigate effects of NFYs on in vivo tendon repair. Tendon injury usually includes three sequential phases from injury onset to healing: the injured tendon initially becomes inflamed, forming granulation tissue within the injury region to serve as a provisional matrix. Then, type III collagen fibers, fibronectin, and proteoglycans are formed at the injury site and type III collagen fibers are replaced by type Ⅰ collagen fibers at the proliferation stage. Finally, there is alignment of tenocytes and collagen fibers, with type Ⅰ collagen fibers increasing and type III collagen fibers decreasing (Vasiliadis and Katakalos, 2020). In our study, 6 weeks after implantation, partial neo-tissue with a typical white, tendon-like appearance was observed in rats that received the bundled NFY-50 scaffold (Figure 8A). To identify the type of collagen prominent in the neo-tissue, we used Picrosirius red staining to distinguish collagen types in the tendon defect area. As shown in Figure 8C, the aligned NFY scaffold group formed more collagen I (red), with little collagen Ⅲ (green) remaining; in contrast, the injury only group showed more collagen Ⅲ formation, indicating that aligned NFY scaffolds improve tendon regeneration. H&E staining results (Figure 8D) showed partial formation of aligned neo-tissue around the NFY-50 scaffold. Bundled NFY-50 scaffolds surrounded by high cell nuclei density indicated that the nanofiber structure of NFY-50 had allowed immune cells and blood infiltration, which may have enhanced tissue remodeling. Images taken at high magnification showed partial neo-tissue that was organized and aligned, as it was guided by the aligned micro- and macro-structure and mechanical support of the bundled NFY-50 scaffold. In contrast, the neo-tissue in the injury only group was disordered and showed typical scar tissue without aligned structure. Masson’s trichrome staining (Figure 8E) results also indicated that neo-tissue formation included an abundance of collagen fibers (blue), and showed that the collagen fibers had an aligned microstructure along the direction of the NFY-50 scaffold. These quantitative data demonstrate that the orientation ratio of collagen within ±10°in the injury only and NFY-50 groups were 34% ± 4% and 57% ± 6%, respectively. Therefore, the injury only group showed amorphous organization, indicating fibrous scar tissue formation, compared to alignment in the NFY-50 group.
[image: Figure 8]FIGURE 8 | The effects of aligned NFYs on tendon repair in vivo. (A) NFY bundles were implanted into the rat Achilles tendon injury model; tendons were cut off directly in the injury only group. (B) Whole Picrosirius red staining with a light mirror. (C) Picrosirius red staining with a polariscope. (D) Images of H&E and (E) Masson’s trichrome staining of the defect site 6 weeks after bundled NFY implantation or injury only treatment. For Picrosirius red staining, red indicates collagen I and green indicates collagen Ⅲ. N, neo-collagen; NFY, NFY-50. (F) Quantitative analysis of collagen orientation and distribution and histograms showing relative alignment in ±10° increments. *p < 0.05.
DISCUSSION
Native tendon tissues show a hierarchical structure, where highly-aligned collagen fibers form fascicles, and many fascicles are bound together to form the tendon (Goh et al., 2014). Tenocytes, in particular, lay on the longitudinally aligned collagen fascicles and fibers and exhibit cellular orientation. This hierarchical structure plays a key role in the high tensile strength of native tendon. Therefore, developing a biomimetic TE scaffold with a hierarchical structure that enhanced cellular alignment, elongation, and mechanical strength would improve tendon repair (Vasiliadis and Katakalos, 2020). In preparing the biomimetic scaffold, the first challenge is in providing suitable mechanical support for the newly synthesized ECM at the injury site during tendon tissue regeneration. In this study, we chose PCL polymer as the primary material from which to develop the electrospun NFY due to its suitable mechanical properties, good biocompatibility, and broad use in various biomedical applications (Sun et al., 2006; Hu et al., 2016).
The electrospinning technique is regarded as a promising approach to preparing aligned nanofibers. For instance, previous studies have shown that aligned nanofiber sheets promote cellular elongation and tenogenic differentiation (Watari et al., 2012; Tu et al., 2020). However, those nanofiber sheets have failed to mimic the complex hierarchical structure of native tendon tissue. In contrast, we have reported on a series of NFYs, prepared using a well-developed dry-wet electrospinning technique, that were able to guide 3D cellular alignment and elongation in soft TE applications (Wu et al., 2017b; Wang et al., 2019). Therefore, in this study, we utilized our dry-wet electrospinning system to prepare the aligned PCL NFYs with an abundance of aligned nanofibers that mimicked the hierarchical structure of alignment fascicles and collagen fibers in native tendon tissue (Figure 2; Supplementary Figure S1). The aligned NFYs with smaller diameters had better alignment structure but less robust mechanical properties (Figure 2D). The rotation rate of the NFY receptor played a key role in the diameter and orientation of NFYs. When the receptor was rotating faster, the random nanofibers would be dragged from the surface of the solution and received on the receptor faster. Therefore, the NFYs would have better alignment structure and smaller diameter with increased rotation rate of the receptor. In addition, a previous study suggested that nanofiber orientation was affected by the rate of the receptor with only one variable (Vimal et al., 2016). The mechanical properties of murine tendons showed 2–3 N according to a previous study (Kurtaliaj et al., 2019). In comparison, we found that the 50-yarn bundles of NFY-50 had suitable force with 2.15 ± 0.09 N, demonstrating suitable mechanical properties for rat tendon tissue repair compared with NFYs of other diameters.
Several types of stem cells isolated from different tissue sources, such as bone marrow, adipose tissue, and tendon, have been applied in tendon TE applications (Bi et al., 2007; Bavin et al., 2015; Wu et al., 2017a; Laranjeira et al., 2017). Among them, TSPCs, which are isolated from tendon sources and differentiate into tenocytes to regulate tendon homeostasis, would be more suitable for the tendon microenvironment (Guo et al., 2016). A previous study revealed promising results from the use of TSPCs in tendon injury repair in vivo (Youngstrom et al., 2016). In our study, we used TSPCs to evaluate the effects of aligned NFYs on tenogenic differentiation in vitro, after successful isolation of TSPCs from rat tendon tissue and confirmatory assessment of tenogenic markers using flow cytometry (Figure 3). The composition and structure of the ECM regulates the phenotype and differentiation of TSPCs and affects the regeneration of functional tendon tissue (Sheng et al., 2019). Recent studies have investigated the effects of nanofiber diameters on the behavior of tendon cells (English et al., 2015; Jenkins and Little, 2019). However, there are still few reports on investigation of scaffolds with integrated hierarchical structure that induce TSPCs behavior and phenotypes that lead to tenogenic differentiation. In our study, we successfully prepared aligned NFYs of varying diameters, allowing us to study the effects of NFY diameter on cellular response and tenogenic differentiation of TSPCs. The proliferation results showed that the TSPCs on NFY-50 and NFY-100 exhibited higher proliferation rates compared with the other groups (Figure 4). One of reasons for this phenomenon was greater contact inhibition on NFYs of smaller diameter due to reduced area available for cell growth. In a prior study, Gerard and Goldbeter (2014) created a detailed computational model to interpret contact inhibition, which suggested that the proliferation of cells would be inhibited by the Hippo/YAP pathway rather than culture conditions when cell density reached the threshold. Another reason was higher initial adhesion rate in the groups with NFYs of larger diameters, with the larger diameter providing increased adhesion area and greater area for cell growth. As observed by the results of Alamar Blue staining on day 1 in culture, there was a rising trend in the number of TSPCs on the NFYs with increasing diameters. Moreover, our previous study showed that cell adhesion would be limited by the narrower surface of the aligned NFYs of smaller diameter, which is consistent with the results of the current study. On the other hand, F-actin staining confirmed that the 3D aligned NFYs provided a 3D microenvironment that induced TSPCs to orient in alignment with the NFYs (Figures 5, 6). More importantly, recent studies demonstrated that nanofiber scale could affect cell differentiation (Sheng et al., 2019). For instance, Bashur et al. (2009) showed that electrospun nanofibers exhibited nanoscale fiber diameters similar to those of collagen fibers in native tendon, and that the nanofibers could increase the level of TNMD gene expression. In our study, both RT-qPCR and immunofluorescence staining to assess levels of the tenogenic markers TNMD, DCN, and Col1a1 showed that use of NFYs of 50 μm diameter significantly improved the tenogenic differentiation of TSPCs compared with use of aligned NFYs of other sizes (Figure 7). These results are mainly due to the aligned structure of NFY-50 and it’s diameter, which is similar to the collagen fascicles and fibers of rat tendon tissue of approximately 50–300 μm in diameter. Ultimately, aligned NFYs with 3D hierarchical structure consisting of aligned monodisperse nanofibers promoted tenogenic differentiation of TSPCs.
To further investigate the effects of the aligned NFYs on tendon repair in vivo, NFY-50 was chosen for implantation due its superior ability to promote TSPCs tenogenic differentiation and suitable mechanical properties. We bundled 50 yarns of NFY-50 together to prepare the aligned NFY scaffolds to mimic the macrostructure of the tendon tissue and provide mechanical support for the repaired tendon. We then made a defect in the Achilles tendon of a rat model and implanted the scaffold. Tissue was harvested 6 weeks later to obtain sections for H&E, Masson’s trichrome, and Picrosirius red staining. NFY-50 scaffolds resulted in better histological structure and regeneration ability compared with the injury only group (Figure 8). Based on histological evaluation, there was obvious degradation of aligned NFYs due to the greater surface area of the nano-scale structure (Zhang et al., 2014). A previous study showed that the PCL grafts composed of nanofiber sheets had undergone significant degradation, suggesting an advanced cell response when the tendon was repaired during the 6-week period of remodeling (Bosworth, 2014). In our study, NFYs composed of numerous nanofibers showed a higher degradation rate and many macrophages gathered around the scaffold. The main reason for inflammation was the adsorption of protein on the surface of implanted NFY scaffolds due to the nanofibrous structure (Zhou and Groth, 2018). With degradation of the bundled NFY-50, neo-collagen filled in the scaffolds after 6 weeks. The complete tissue sections (Picrosirius red staining) are shown in Figure 8B, demonstrating that the bundled NFY-50 connected the fracture of the tendon as a bridge, and that neo-collagen appeared inside the degraded area of the bundled NFY-50 to wrap it externally. Upon degradation of the bundled NFY-50, i.e., the PCL materials, neo-collagen replaced the NFY scaffold to achieve repair of the tendon.
To further distinguish different types of collagen, we used polarized light microscopy (PLM) to image tissue with Picrosirius red staining, where type Ⅰ collagen fibers appeared bright red-yellow, while type Ⅲ collagen fibers appeared green (Rittié, 2017). A recent study revealed that type Ⅰ collagen fibers are associated with mechanical strength (Goh et al., 2014). The type III collagen fibers would be gradually replaced by type I collagen fibers during tendon remodeling, and type I collagen fibers begin to align along the long axis of the tendon (Deng et al., 2014). In this study, the Picrosirius red assay demonstrated that the type Ⅰ collagen fibers were stained bright red-yellow in the NFY scaffold group in contrast with the injury only group, indicating that the bundles of NFY-50 improved mechanical strength and induced neo-collagen alignment of the neo-tendon tissue. There were fewer type Ⅲ collagen fibers in the aligned NFY scaffolds than in the injury only group (Figure 7D). These results indicate that the aligned NFYs enhance regeneration of tendon tissue and, at the same time, guide the aligned formation of collagen fibers during tendon repair.
Above all, this study confirmed that PCL 3D aligned NFYs prepared by dry-wet electrospinning provide suitable mechanical support and the hierarchical structure guidance for tendon tissue regeneration, and that NFY-50 improves tenogenic differentiation of TSPCs as a biomimetic of similar diameter to collagen fascicles and fibers in native tendon. Bundled NFY scaffolds mimic the macrostructure of tendon tissue and provide mechanical support for the repaired tendon in vivo. There is high potential for use of aligned NFY-50 in development of additional scaffolds that require element units to produce hierarchical 3D aligned scaffolds for the construction of tissue-specific functional architecture, thus advancing regenerative therapies for soft tissue repair.
CONCLUSION
In this study, highly aligned NFYs of varying diameters were fabricated and characterized to investigate their effects on the behavior of TSPCs. We found that aligned NFYs could mimic the topography and mechanical properties of collagen fascicles and fibers of native tendon. Aligned NFYs induced TSPCs orientation and elongation. Moreover, aligned NFYs enhanced tenogenic gene and protein expression, including that of TNMD; NFYs of 50 μm diameter showed the greatest effect. Taken together, these data indicate that the nanofibrous structure of aligned NFYs is able to induce TSPCs orientation and elongation, and the muti-scale structure of aligned NFYs may improve tenogenic differentiation. To further investigate the effects of aligned NFYs on tendon repair in vivo, 50-yarn bundles of NFY-50 were implanted in rat Achilles tendon models, with the results demonstrating that the aligned hierarchical NFY scaffolds induced neo-collagen orientation and cell alignment, and that bundled NFY-50 scaffolds enhanced tendon tissue regeneration. Overall, these results suggest that aligned NFYs of well-defined diameter mimic the complex hierarchical structure of native collagen fascicles and fibers and show excellent potential for use in tendon regeneration applications.
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Angle-stable interlocking nailing in a canine critical-sized femoral defect model for bone regeneration studies: In pursuit of the principle of the 3R’s
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Introduction: Critical-sized long bone defects represent a major therapeutic challenge and current treatment strategies are not without complication. Tissue engineering holds much promise for these debilitating injuries; however, these strategies often fail to successfully translate from rodent studies to the clinical setting. The dog represents a strong model for translational orthopedic studies, however such studies should be optimized in pursuit of the Principle of the 3R’s of animal research (replace, reduce, refine). The objective of this study was to refine a canine critical-sized femoral defect model using an angle-stable interlocking nail (AS-ILN) and reduce total animal numbers by performing imaging, biomechanics, and histology on the same cohort of dogs.
Methods: Six skeletally mature hounds underwent a 4 cm mid-diaphyseal femoral ostectomy followed by stabilization with an AS-ILN. Dogs were assigned to autograft (n = 3) or negative control (n = 3) treatment groups. At 6, 12, and 18 weeks, healing was quantified by ordinal radiographic scoring and quantified CT. After euthanasia, femurs from the autograft group were mechanically evaluated using an established torsional loading protocol. Femurs were subsequently assessed histologically.
Results: Surgery was performed without complication and the AS-ILN provided appropriate fixation for the duration of the study. Dogs assigned to the autograft group achieved radiographic union by 12 weeks, whereas the negative control group experienced non-union. At 18 weeks, median bone and soft tissue callus volume were 9,001 mm3 (range: 4,939–10,061) for the autograft group and 3,469 mm3 (range: 3,085–3,854) for the negative control group. Median torsional stiffness for the operated, autograft treatment group was 0.19 Nm/° (range: 0.19–1.67) and torque at failure was 12.0 Nm (range: 1.7–14.0). Histologically, callus formation and associated endochondral ossification were identified in the autograft treatment group, whereas fibrovascular tissue occupied the critical-sized defect in negative controls.
Conclusion: In a canine critical-sized defect model, the AS-ILN and described outcome measures allowed refinement and reduction consistent with the Principle of the 3R’s of ethical animal research. This model is well-suited for future canine translational bone tissue engineering studies.
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INTRODUCTION
Critical-sized long bone defects are most commonly caused by vehicular trauma, gunshot or blast injuries, infection, tumor resection, and developmental deformities (Roddy et al., 2017). Critical-sized defects are at least two times the diameter of the affected long bone and represent a major therapeutic challenge (Roddy et al., 2017; Schemitsch, 2017). Current treatment strategies to “bridge the gap” include mechanical stabilization followed by autologous bone grafting, distraction osteogenesis, application of BMPs, or the induced membrane technique (Roddy et al., 2017). Unfortunately, none of these treatments are uniformly effective and each is associated with its own complications. Therefore, substantial effort has been devoted to the development of tissue engineering solutions to improve clinical success (Muschler et al., 2010; Roddy et al., 2017; Manzini et al., 2021; Mohaghegh et al., 2021).
Translating promising tissue engineering solutions from in vitro and rodent proof of concept studies to clinical use is fraught with challenges (Reichert et al., 2010; Sastry, 2014; Zheng et al., 2017). Although laboratory animal models represent an important step in the validation pathway, rodent biology and biomechanics do not simulate the clinical scenarios encountered in clinical orthopedics. For these reasons, large animals such as the sheep, pig, dog, and goat are often used as intermediary, translational models (Arinzeh et al., 2003; Liebschner, 2004; Horner et al., 2010; Muschler et al., 2010; Hahn et al., 2011; Dozza et al., 2018; Ribitsch et al., 2020). The dog represents a strong translational model species for orthopedic tissue engineering (Arinzeh et al., 2003; Lindsey et al., 2006; Hoffman and Dow, 2016). The canine musculoskeletal system experiences similar biomechanical loads to that of humans (Egermann et al., 2005; Pearce et al., 2007). Dogs also exhibit comparable bone development and physiology, complex immune systems and genetics (Ostrander and Giniger, 1997; Ribitsch et al., 2020), and are amenable to assessment tools such as arthroscopy or gait analysis that are used in clinical trials (Neu et al., 2009; Hoffman and Dow, 2016; Feichtenschlager et al., 2018).
Interlocking nails are considered by many to be the standard of care for stabilization of critical-sized bone defects (Rhorer, 2009; Dejardin et al., 2012; Shen et al., 2016; Flagstad et al., 2021; Kang et al., 2021; Viberg et al., 2021). Intramedullary fixation is commonly used for both rodent and large animal critical gap healing models (Lindsey et al., 2006; Schoen et al., 2008; Rhorer, 2009; MSc et al., 2013; Quirk et al., 2016; Shiels et al., 2018; Ozmeric et al., 2020). Despite their widespread use, acute angular instability is an inherent component of traditional interlocking nails and in the clinical setting has been termed “slack” (Lang et al., 1995; Buehler et al., 1997; Gerber and Ganz, 1998; Dejardin et al., 2006, 2014). The result of slack is unpredictably high angular deformation under torsional loads that can lead to delayed or nonunion (Pfeil et al., 2005; Dejardin et al., 2006, 2012, 2014; Lansdowne et al., 2007). In the context of large animal translational studies, slack has the potential to create a biomechanical environment in which implant performance is somewhat variable from animal to animal. One solution for this variability is to increase animal numbers. This, however, increases study costs and raises ethical concerns.
The principles of replacement, reduction, and refinement, known as the Principle of the 3R’s, has guided global ethics of animal research for over 60 years (Kirk, 2018; Angelis et al., 2019). In pursuit of this principle, work has been undertaken to refine the interlocking nail implant to eliminate construct slack by development of an angle-stable interlocking nail (AS-ILN) (Dejardin et al., 2006, 2009; Lansdowne et al., 2007; Ting et al., 2009). This AS-ILN has been used in both induced-injury and clinical canine studies (Dejardin et al., 2014; Marturello et al., 2021). It has definitively been shown to be superior to traditional nails with accelerated healing times, greater callus volume, and improved biomechanical callus properties in a 5 mm, induced-injury, tibial ostectomy model (Dejardin et al., 2014). However, AS-ILNs have not been evaluated in critical-sized defect studies, nor have investigators further reduced animal numbers by performing longitudinal radiographic studies, biomechanics, and histology on the same cohort of animals. Implementation of these strategies would represent an important advancement in pursuit of the Principle of the 3R’s (Kirk, 2018; Angelis et al., 2019).
Therefore, the objective of this study was to optimize a canine critical-sized femoral defect model using an angle-stable interlocking nail (AS-ILN). We hypothesized that: 1) an AS-ILN would provide long term construct stability in a canine femoral critical-sized defect model and 2) the placement of autograft would yield faster and more robust bone regeneration than negative control defects. Radiography, quantitative CT, torsional biomechanics, and histology provided an objective and comprehensive assessment of critical-sized defect healing in a small cohort of dogs. The implant system, surgical technique, and outcome measures described herein are well-suited for future canine translational tissue engineering studies.
MATERIALS AND METHODS
Surgical model
This study was performed under the supervision of the Texas A&M University Institutional Animal Care and Use Committee (IACUC) and an approved animal use protocol (AUP 2013–0056). Six, male, skeletally-mature, institutionally-owned hounds were utilized in the study. Age ranged from 2.5 to 6.5 years and body weight from 23.7 to 35.5 kg. Dogs were screened pre-operatively with a general physical exam, detailed orthopedic exam by a board-certified veterinary surgeon as well as complete blood count, serum chemistry, and urinalysis. Prior to surgery, radiographs of the right femur were obtained under sedation with dexmedetomidine (125 μg/m2) and butorphanol (0.2 mg/kg), administered intravenously (IV). Sedation was reversed with atipamezole (1,666 μg/m2). Dogs were randomly assigned to one of two groups: autograft or negative control. All dogs received a 4 cm mid-diaphyseal femoral ostectomy with resection of periosteum at the defect tissues followed by stabilization with an 8 mm diameter x 172 mm long AS-ILN developed specifically for veterinary use (I-Loc internal fixator, Biomedtrix, Whippany, NJ) (Dejardin et al., 2014). Defects in the autograft treatment group were treated with corticocancellous autograft (see below). Defects in the negative control group did not receive any additional treatment.
On the day of surgery, dogs were premedicated with acepromazine (0.3 mg/kg), glycopyrrolate (0.01 mg/kg), and hydromorphone (0.1 mg/kg) administered intramuscularly (IM). Anesthesia was induced with propofol (6 mg/kg maximum dose) administered IV to effect. Upon intubation, general anesthesia was maintained with isoflurane (2–4% to effect). Each dog received a morphine epidural (0.1 mg/kg, preservative-free morphine) at the L7-S1 disk space. Perioperative cefazolin (22 mg/kg IV) was administered 30 min prior to skin incision and every 90 min until skin closure. Perioperative monitoring included pulse oximetry, indirect blood pressure, end-tidal CO2, and electrocardiography (ECG) at 5 min intervals and body temperature at 15 min intervals. All dogs were warmed with Bair Hugger Model 505 forced air warming blankets (Augustine Medical, Eden Prairie, MN) and received warm lactated ringer’s solution (LRS, 10 ml/kg/h) during anesthesia. Hair was clipped from the right pelvic limb from the dorsal and ventral midlines distally to below the hock. For the dogs in the positive control group, hair was clipped in an 8 cm × 8 cm square centered over both right and left proximal greater tubercles. An initial surgical preparation was performed with three alternating scrubs of 4% chlorhexidine and 0.9% saline. Dogs were transported to the surgical suite and positioned in left lateral recumbence. A second sterile surgical prep was performed with three alternating scrubs of 4% chlorhexidine followed by application of ChloraPrep (2% chlorhexidine, 70% isopropyl alcohol, Becton Dickinson, Franklin Lakes, NJ).
A craniolateral approach to the right femur and stifle (knee) were performed (Johnson, 2014). An oscillating saw [Small Battery Drive System, blade 532.063 (25 × 18 mm), DePuy Synthes, Raynham, MA], was used to create a longitudinal index mark on the lateral surface of the proximal and distal femur adjacent to the proposed ostectomy to ensure anatomic rotational alignment of the femur after ostectomy (Figure 1A). A 4 cm ostectomy, centered on the mid-diaphysis of the femur, was performed with the oscillating saw under continuous saline irrigation (Figure 1B). All periosteum was resected from the ostectomy site. The intertrochanteric fossa was identified and a 1/8 inch (3.2 mm) 316L stainless steel intramedullary pin (Imex Veterinary, Inc., Longview, TX) was used to open the proximal femoral metaphysis. A system-specific cutting awl and tissue protector were aligned with the long axis of the proximal femur and used enlarge this opening to 8 mm (Figure 2A). An 8 mm cutting tool was inserted through this 8 mm opening and into the ostectomy site to create the proximal path for the AS-ILN. The distal diaphysis of the femur was stabilized with clamshell bone holding forceps and the same cutting tool was again used to prepare the path for the AS-ILN into the distal femur (Figure 2B). Care was taken to ensure this path was parallel with the femur in the frontal plane (Figure 2C). In the sagittal plane, the cutting tool was intentionally tipped in a cranioproximal to caudodistal direction to ensure the distal tip of the AS-ILN was located within the caudal aspect of the femoral condyle and directed away from the femoral trochlea (Figure 1C).
[image: Figure 1]FIGURE 1 | Overview of canine critical-sized femoral defect model with stabilization using an AS-ILN. (A) A craniolateral approach to the femur and stifle (knee) joint were performed. Longitudinal index marks were created on the lateral surface of the femur with an oscillating saw and sterile marker to maintain rotational orientation of the proximal and distal bone segments. Arrowhead denotes the base of the greater trochanter, Cr denotes cranial (anterior) position. (B) A 4 cm mid-diaphyseal transverse ostectomy was planned (dashed arrow). (C) An 8 mm × 172 mm AS-ILN was placed to stabilize the femur (see Figure 2 for specifics of AS-ILN). Dashed line denotes long axis of AS-ILN. Arrowhead denotes the intentional positioning of the cranial (anterior) cortex adjacent to the AS-ILN in order to position the nail more distally in the femoral condyle. Dogs assigned to the negative control group received no additional treatment at the ostectomy. (D) Dogs assigned to the autograft treatment group received a 10 cm3 cancellous autograft which was supplemented with morselized cortical bone from the ostectomy. Dashed line denotes the extent of the ostectomy and bone graft. Arrowheads denote two proximal locking bolts placed to secure the AS-ILN to the proximal femur.
[image: Figure 2]FIGURE 2 | Implantation technique and system-specific instrumentation for the AS-ILN. (A) The intertrochanteric fossa was identified and opened with a 1/8 inch (3.2 mm) intramedullary pin. Following pin removal, a system-specific cutting tool and tissue protector were used to enlarge this opening to 8 mm. Cr denotes cranial, arrowhead denotes base of the greater trochanter. (B) The distal femur was stabilized with bone holding forceps placed proximal to the trochlea. A system specific cutting tool (8 mm diameter) was used to prepare the cancellous bone bed. To distalize the nail, the cutting tool was intentionally placed adjacent to the cranial (anterior) cortex in the lateral view (black arrowhead). White arrowhead denotes the patella. (C) From the cranial (anterior view), care was taken to ensure the cutting tool was oriented parallel to the long axis of the distal femur. (D) The 8 mm × 172 mm AS-ILN was attached to an extension and insertion handle and placed in normograde fashion into the femur. A system specific alignment guide (white arrowheads), with cannulations aligned to AS-ILN cannulations, was attached to the handle in order to center drilling through the AS-ILN cannulations for capture by locking bolts. (E) Lateral aspect of distal femoral condyle demonstrating placement of angle-stable fixation bolts in drill holes created using the alignment guide in panel (D). Dashed line denotes position of patella. Arrowheads denote bolt holes. (F) Final bolt insertion (arrowheads) completes placement of the AS-ILN.
A temporary extension and handle were secured to an 8 mm × 172 mm AS-ILN. The 316L surgical stainless steel nail was placed in normograde fashion proximally to distally across the ostectomy site. Nail size and length were selected using pre-operative digital templating (OrthoviewVet, Southampton, Hampshire, United Kingdom). Once in position, the excised 4 cm ring of femoral cortex and a ruler were used to ensure a precise 4 cm mid-diaphyseal defect was present for each femur (Figure 1C). The AS-ILN was secured to the femur using an alignment guide (Figure 2D) and temporary fixation posts in a 2–2 configuration (2 posts proximal, 2 posts distal). Posts were sequentially removed and conical, threaded, locking bolts were cut to length guided by a system-specific depth gauge and locked into the matching threads on the conical AS-ILN cannulations (Figures 2E,F). This coupling created an immediately angle-stable interface thus preventing construct slack (vonPfeil et al., 2005; Dejardin et al., 2006; Lansdowne et al., 2007). After AS-ILN placement, defects were copiously lavaged with saline. Dogs assigned to the autograft treatment group were treated with 10 cm3 of autologous cancellous graft harvested from both proximal humeri. Additionally, the 4 cm cortical defect was morselized into 5–8 mm pieces with rongeurs and combined with the cancellous autograft (Figure 1D). Routine, three-layer closure was performed in an identical manner for both groups. The joint capsule was closed with size 0 polydioxanone-II (PDS®-II) (Ethicon Inc. Raritan, NJ) in a cruciate suture pattern. Fascia lata was closed with 0 PDS®-II in a simple continuous pattern. Subcutaneous tissues were closed with 2–0 poliglecaprone 25 (Monocryl®, Ethicon) in a simple continuous manner. Skin was closed with 3–0 Monocryl® in an intradermal pattern.
Post-operative radiographs were obtained (see below) and dogs were recovered from anesthesia in individual runs containing padded bedding. Upon extubation, dogs received carprofen (4 mg/kg SQ once) and hydromorphone (0.1 mg/kg q 6 h) for the first 24 h. Oral carprofen (4 mg/kg q 24 h) was continued for 5 additional days. A single injection of cefovecin sodium (8 mg/kg, Convenia®, Zoetis, Parsippany, NJ) was administered subcutaneously for post-operative antibiotic coverage. Surgical incisions and limb use were monitored daily for 5 days post-surgery, then weekly for the remainder of the study. Controlled, slow leash walking of 15-min duration (4 times daily) was initiated 1 day post-surgery. At 6 weeks, leash walks were increased to 30 min (4 times daily) for the duration of the study. At 18 weeks, dogs were humanely euthanized by administration of IV dexmedetomidine and butorphanol (see above) followed by barbiturate overdose (120 mg/kg for the initial 4.5 kg and 60 mg/kg for each additional 4.5 kg).
Radiography and computed tomography (CT)
Orthogonal femoral radiographs (craniocaudal, mediolateral) were obtained pre-operatively, immediately post-operatively, and at 6, 12, and 18 weeks using a Sound-Eklin Digital Radiography (DR) system (Sound-Eklin, Carlsbad, CA) with a Cannon digital detector plate. Images were stored on a local picture archiving and communication system (PACS) and viewed with a commercially available veterinary viewing software (eFilm 3.0, Merge Healthcare, Milwaukee, WI). At study conclusion, radiographs were exported, blinded to remove animal identity, and randomized in pairs (craniocaudal and mediolateral radiographs) for radiographic scoring by a board-certified veterinary radiologist. An ordinal scoring system was utilized to assess healing as previously described (Faria et al., 2007; Schmiedt et al., 2007). Briefly, craniocaudal and mediolateral radiographs were evaluated on a 1 – 4 scale as follows: 1: ≤1 cortex spanned by bridging callus; 2: 2 cortices with bridging callus; 3: 3 cortices with bridging callus; and 4: bridging callus present on all four cortices.
CT imaging of musculoskeletal tissues containing metal implants can be challenging due to the effects of beam hardening and metal-associated artifacts. Reduction of metal artifacts can be achieved by using specific CT parameters (Berg et al., 2006; Lee et al., 2007). Dogs were imaged with a Siemens SOMATOM Definition AS 40-slice CT immediately post-operatively and again at 6, 12, and 18 weeks. For each scan, the femur was aligned so that the long axis of the gantry and the interlocking nail were coaxial. Sequences were acquired using high kVp (120–140), high mAs (200), low pitch (0.6–0.75), low collimation, thin slices (0.6 mm), with no overlap. For both radiographic and CT imaging, digital imaging and communications in medicine (DICOM) images were stored on a local PACS server with local and off-site image storage.
Quantitative analysis of CT
Quantitative assessment of CT images was performed using a commercially available segmentation software (Mimics V.19, Materialise NV, Leuven, Belgium). After creation of a project file, the region of interest (ROI) was identified for quantification. Using the analyze tool and the post-operative CT for each dog, two points were placed in the center of the AS-ILN, one at the proximal and one at the distal end of the ostectomy. These points were placed at the location of the first complete cortical ring adjacent to the osteotomy using transverse plane images. Using the distance measuring tool in the sagittal plane, the distance from the proximal end of the AS-ILN to the proximal point and the distance from the distal end of the AS-ILN to the distal point were determined and recorded. The distance tool was also used to confirm 4 cm (40 mm) ostectomy had been performed. These two distances (specific for each femur) were used to identify the location of the proximal and distal points on 6, 12, and 18 weeks CT scans, thus ensuring that identical regions were evaluated throughout the study.
For all scans, a cylinder (height = 40 mm, radius = 15 mm) was created using the analyze/create cylinder tool to further define the ROI. The proximal and distal extent of the cylinder were coplanar with the proximal and distal reference points. Radius of the cylinder was selected such that the ROI would contain an area 1.5x the diameter of the resected femoral diaphysis. Multiple slice editing (set in thresholding mode) was used on transverse plane images to create a new mask for either bone [700–2,000 Hounsfield units (HU)] or both bone and soft tissue (250–2,000 HU) within the ROI. Prior to creation of 3D objects, multiple slice editing (set in remove mode) was used to remove the AS-ILN and beam hardening artifact from each mask using the ellipse tool (width/height = 42). Bone and bone/soft tissue masks were transformed into 3D objects using the calculate part tool and the “optimal” setting. Volume (mm3) and surface area (mm2) were recorded.
Mechanical testing
After euthanasia, left and right femurs and associated soft tissues were harvested from the positive control group. Due to the lack of healing in the negative control group, these dogs were not evaluated with mechanical testing. Femurs were placed in 10% neutral buffered formalin (NBF) then stored for 4 weeks prior to analysis. Torsional analysis of non-operated, left and operated, right femurs from the autograft treatment group was performed to compare the mechanical properties of the intact and operated bones and to account for disparate properties of bones between dogs and the effects of 10% NBF fixation (Öhman et al., 2008; Wright et al., 2018). The testing protocol was performed as previously described, with minor modifications (Dejardin et al., 2014). Femurs were cut to 16 cm length, with AS-ILNs remaining in place within the three right femurs. Two divergent brass screws were placed in the ends of each femur, avoiding contact with the AS-ILN (if present) to improve stability during potting. Femurs were potted in polyester body filler (“Fiber Strand” 6371, The Martin Senour Co., Cleveland, OH) in custom designed test fixtures. An alignment guide was used to ensure that each bone was potted so that the AS-ILN was co-axial with the torsional testing axis. For femurs containing an AS-ILN, all locking bolts were removed prior to potting. This ensured that the AS-ILN would not interfere with assessment of mechanical properties during torsional loading. Potting was performed such that the distance between the innermost points of the potting and potting fixtures was identical for all specimens.
The testing protocol was performed with a 135 Nm load cell (5330–1200, Interface Inc. Scottsdale, AZ), rotary encoder (BHW16.05A72000-BP-A, Baumer Electric, Southington, CT) and sevohydraulic testing machine (1331, Instron Corp. Canton, MA) under displacement control (1°/sec) at a sampling rate of 100 Hz to a maximum displacement of 25 of internal rotation. Torsional stiffness, maximum deformation angle at failure, load at failure (Nm), and mode of failure were determined. Torsional stiffness was calculated from torque (Nm) vs angle of twist (º) graphs from 0 to 5. To limit structural damage of the specimens, tests were automatically interrupted upon detection of a 5% drop from peak (failure) torque. Following this test, the potting material and AS-ILN were carefully removed and the spiral fractures were anatomically reconstructed and stabilized with 0 polydioxanone-II suture material. Paired bones were returned to 10% NBF in preparation for histologic analysis. Removal of the AS-ILN and reconstruction of the spiral fracture allowed histologic assessment of femurs evaluated biomechanically, in pursuit of the Principle of the 3R’s of animal research (Kirk, 2018; Angelis et al., 2019).
Histology
After gross evaluation and photography, the cranial surface of each femur was marked with tissue dye to maintain orientation during processing. The AS-ILNs were removed from the autograft treatment group upon completion of biomechanics (see above). Negative control specimens containing AS-ILNs were imaged with an automated computed tomography machine (X50, North Star Imaging, Rogers, MN, United States) to locate the AS-ILN and center of the femoral defect (non-union). Proximal and distal ends of the femur were transected using a 6-inch trim saw (Hi-Tech Diamond, Westmont, IL, United States) and the AS-ILN was removed. Tissue samples were placed in a 10 to 1 ratio of decalcification solution (Formical-4™, StatLab Medical Products, McKinney, TX, United States) and were agitated for 15 days with solution exchange performed at least once weekly. Samples were removed from decalcification solution, rinsed with deionized water followed by phosphate buffered saline (PBS), and manually sectioned in the sagittal plane from cranial to caudal end. Samples were subdivided into two or three additional segments to fit within jumbo histology cassettes (7.5 × 5.2 × 1.8 cm) and returned to decalcification solution for 45 additional days. Next, samples were rinsed with deionized water and PBS, placed within pre-labelled jumbo cassettes, and processed with an automatic tissue processor (Excelsior AS, Thermo Fisher, Waltham, MA, United States) on a 30-h run with alcohol gradations of 75–100%, clearing reagents (xylenes), and vacuum-mediated paraffin wax infiltration. Samples were embedded (HistoStar Embedding and Cold Module, Thermo Fisher) using a jumbo metal mold. Blocks were sectioned at 5–6 µm onto jumbo slides with a rotary microtome (Microm HM355S, Thermo Fisher) and stained with hematoxylin and eosin (H&E) and Masson’s trichrome. Slides were scanned at 10 × magnification with an Olympus VS.120 Virtual Slide System (Olympus Life Sciences, Waltham, MA, United States). Scanned images were imported into Adobe Photoshop CS6 13.0.0 (Adobe, San Jose, CA, United States), white balanced, and re-assembled to create a cohesive mosaic overview of each femur. Representative histologic mosaics (one femur from each treatment group) were selected for histologic results.
Statistics
Due to small sample size, both ordinal (radiographic scoring) and continuous (quantitative CT, biomechanics) data were reported as median and range. Descriptive statistics were performed using GraphPad Prism 6.0 (GraphPad Inc. San Diego, CA).
RESULTS
Surgical model
Median age for dogs assigned to the autograft group was 5.5 years (range: 3.5–6.5 years) and median body weight was 25.4 kg (range: 23.7–35.8 kg). Median age for dogs assigned to the negative control group was 4.5 years (range: 2.5–6 years) and median body weight was 27.3 kg (range: 25.7–28.6 kg). Incisions healed without complication in all dogs. All dogs were toe-touching on the operated limb the day after surgery, with return to a normal limb use 7–10 days post-operatively. Limb use was maintained for all dogs through the remainder of the study.
Radiographic assessment of healing
Representative radiographs and ordinal scoring data for autograft and negative control groups are provided in Figure 3. On mediolateral (Figure 3A) and craniocaudal (Figure 3B) radiographs, bone graft is visible within the ostectomy site immediately post-operatively in the autograft group. By 6 weeks, bridging callus was visible, which increased in size and opacity at 12 and 18 weeks. This callus enhancement was captured in the ordinal scoring data (Figure 3C). In the negative control group, a small amount of callus formed at 6 weeks. However, callus formation did not progress to bridge the critical-sized defect nor was callus maturation observed. Ordinal scoring data remained at baseline. Importantly, implant complications were not identified in either treatment group.
[image: Figure 3]FIGURE 3 | Assessment of critical-sized defect healing by ordinal radiographic scoring. Dogs were radiographed immediately post-operatively (PO) and again at 6, 12, and 18 weeks. (A) Representative mediolateral radiographs for the autograft and negative control groups. Note the presence of bone graft in the autograft group, which resulted in smooth, bridging callus by 18 weeks. Callus formation was present in the negative control group at 6,12, and 18 weeks; however, the callus was unable to bridge the critical-sized defect. The AS-ILN implant remained unchanged. (B) Representative craniocaudal (anteroposterior) radiographs. Smooth bridging callus developed in the autograft group at 6 weeks and became more substantial at 12 and 18 weeks. Minimal callus formation was identified in the negative control. The AS-ILN implant remained unchanged. (C) A previously described ordinal scale was used to score radiographic healing. Orthogonal radiographs from each dog were randomized and evaluated by a board-certified veterinary radiologist blinded to time point, dog, and treatment group. Data were reported using a scatter plot denoting median and range.
Quantification of bone and soft tissue volume via CT
Representative bone/soft tissue reconstructions with bone volume data are provided in Figure 4. In the autograft group (green), a complete cylinder of bone and soft tissue (gray) callus was present, bridging the entirety of the critical-sized defect as shown in representative 18 weeks reconstructions (Figure 4A). Bone and soft tissue callus volume increased over time in this group. Interestingly, one of the dogs in the autograft group (age 6.5 years), exhibited a reduced healing response when compared to the other dogs within this group. In the negative control group (blue), callus formation occurred but failed to bridge the critical-sized defect as shown in representative 18 weeks reconstructions. Defects within the negative control group were primarily filled with soft tissue. Bone and soft tissue callus quantification for the negative control group remained low throughout the study.
[image: Figure 4]FIGURE 4 | Quantitative assessment of bone and soft tissue using computed tomography (CT) and Mimics segmentation software. CT data from autograft and negative control dogs were exported to a commercially available segmentation software (Mimics 19.0, Materialise Inc., Leuven, Belgium). Segmentation of bone and soft tissues were performed to generate 3D models and quantify tissue within the critical defects. (A) Representative bone within autograft (green) or negative control (blue) treatment groups at 18 weeks. Soft tissue is represented by the translucent gray overlay. (B) Representative bone within autograft (green) and negative control (blue) treatment groups at 18 weeks. Volumetric data (mm3) for bone + soft tissue (A) or bone (B) were reported using scatter plots denoting median and range.
Mechanical testing of autograft treatment group
Paired femurs from the autograft group were assessed for mechanical properties under torsional loads. The negative control group was not assessed due to the fact that none of the femurs developed bridging callus. Torsional mechanical testing results are reported in Table 1; Figure 5. Not unexpectedly, the properties of operated femurs were lower than that of the contralateral, non-operated femurs. A representative load-deformation curve is provided in Figure 5A, with torsional stiffness data for all bones displayed in Figure 5B. Importantly, one operated femur exhibited low torsional stiffness. This was the femur from the autograft group with the lowest amount of callus volume (Figure 4). In the operated femurs, failure occurred by spiral fracture through the callus or at the junction of the callus and distal diaphysis. In contralateral, non-operated femurs, a similar fracture pattern and location was noted, although with some degree of comminution (Figure 5C).
TABLE 1 | Biomechanical properties (torsion) of autograft treatment group.
[image: Table 1][image: Figure 5]FIGURE 5 | Mechanical testing of paired femurs (operated and contralateral non-operated) from autograft treatment group. For femurs containing an AS-ILN, the implant was identified within the proximal femur and a custom alignment device was used to identify the long axis of the AS-ILN and to position the AS-ILN in the center of the torsional testing axis. Prior to potting, locking bolts were removed. Specimens were potted such that the distance between innermost points of the potting was identical for all specimens. (A) Representative load-deformation (torque-angle of twist) graph for an autograft femur (red) and contralateral, non-operated femur (green). (B) Torsional stiffness values (Nm/0) were determined from the load-deformation curves from 0 to 5 and reported as scatter plots denoting median and range. (C) Representative mode of failure images. Contralateral, non-operated femurs failed by spiral fracture with comminution. Critical-sized defect femurs treated with autograft failed by spiral fracture through the callus at the junction with the distal diaphysis.
Histologic assessment of bone healing
Representative histology of autograft and negative control femurs are provided in Figure 6. It is important to note that for the autograft treatment group, histology was performed on the same group of femurs that were assessed biomechanically. In the autograft group, the mid-shaft cortical region was markedly expanded by an orderly layer of trabecular bone (Figure 6A, insets 1,2) admixed with a moderate amount of fibrovascular connective tissue and regions containing typical bone marrow. Regions of moderate endochondral ossification extended through the fibrous connective tissues and woven bone. Of note, the central medullary region in contact with the AS-ILN exhibited an orderly fibroblastic cell population within an eosinophilic matrix consistent with collagen (Figure 6A, inset 3). For the negative control, the mid-shaft cortical region was disrupted and filled with the fibrovascular connective tissue of a non-union fracture (Figure 6B, inset 2). Endochondral ossification was present within the fibrous connective tissues adjacent to the fracture (Figure 6B, inset 3) but, consistent with radiography and CT, did not bridge the critically-sized defect. Similar tissue and cell architecture was noted adjacent to the AS-ILN (Figure 6B, inset 1).
[image: Figure 6]FIGURE 6 | Representative histology of autograft and negative control at 18 weeks. Upon completion of mechanical testing (autograft), femurs were carefully removed from potting. AS-ILNs were removed and the fractured segments were temporarily stabilized with circumferential sutures. Samples were photographed, marked to document spatial orientation, and decalcified. To provide a comprehensive histologic image of the 4 cm defect, specimens were sub-sectioned to fit within jumbo cassettes and processed for histology. Sections were stained with Masson’s Trichrome, followed by scanning and digital reconstruction to generate a low magnification digital mosaic. (A) Representative histology of femur treated with autograft. Arrowhead denotes location of mechanical testing failure point. The cortical region at mid-diaphysis is expanded by trabecular bone (Insets 1,2) admixed with fibrovascular connective tissue (Inset 3). (B) Representative histology of negative control femur. Dashed yellow lines denote extent of callus formation. In the negative control, the mid-shaft cortical region was devoid of trabecular bone and was filled by fibrovascular connective tissue (Inset 2) consistent with a non-union fracture. For low magnification montages, bar = 10 mm. For insets, bar = 1 mm.
DISCUSSION
The results of this study support both of our hypotheses. In the presence of a critical-sized canine femoral defect, the AS-ILN provided sufficient and consistent construct stability for the duration of the study. There were no complications and dogs quickly began using the operated limb with subsequent resolution of visible lameness. Dogs assigned to the autograft group experienced early bridging of the critical-sized defect as early as 6 weeks, with continued bone healing to the 18 weeks end-point. Dogs assigned to the negative control group ambulated without complication despite no radiographic or CT evidence of bone healing.
Translation of promising bone tissue engineering treatments for critical-sized bone defects from conception to successful clinical application is a difficult task and has been referred to as the “valley of death” for product development (Reichert et al., 2010; Sastry, 2014; Zheng et al., 2017). Due to the regulatory classification of many tissue engineering scaffolds as medical devices (Sastry, 2014; Zheng et al., 2017), it is unknown how many tissue engineering devices have failed to translate to the clinical setting. In pharmaceutical development, it has been reported that only 11% of new drugs successfully move through Phase I-III clinical trials and not all of those proceed to market (Wong et al., 2019). It is clear that novel bone tissue engineering devices experience even lower levels of success. Despite decades of intense effort, thousands of peer-reviewed publications, and hundreds of millions of research dollars, an approved tissue engineering device for critical-sized long bone defects is currently not available (Hollister and Murphy, 2011; Amini et al., 2012).
Novel bone tissue engineering devices must be rigorously evaluated prior to initiation of clinical trials in human beings. Large animal species such as the sheep, pig, goat, and dog are often used for translational studies during product development. When used properly, large animal models are highly useful for determining scalability, developing successful workflow, obtaining preliminary safety and efficacy data, and identifying benchmarks for success during clinical trials (Liebschner, 2004; Horner et al., 2010; Muschler et al., 2010; Ribitsch et al., 2020). As detailed in our introduction, the dog represents a strong translational model for bone tissue engineering studies. Presently, only a handful of studies have described canine critical-sized or non-union defect models (Volpon, 1994; Markel et al., 1995; Arinzeh et al., 2003; Lindsey et al., 2006). These describe critical-sized defects of the canine radius, femur, and tibia and rely on diverse stabilization methods such interlocking nails, bone plates, and external fixation. Thus, there is no clear consensus on the ideal canine critical-sized defect model to evaluate bone tissue engineering devices, nor has there been much focus on refinement and reduction of the canine model in pursuit of the Principle of the 3R’s (Kirk, 2018; Angelis et al., 2019). Our goal was to develop a refined canine critical-sized defect model and report detailed methods for both surgical technique and comprehensive outcome measures in pursuit of the Principles of the 3R’s.
In the present study, we successfully refined a canine critical-sized femoral defect model using an AS-ILN designed to eliminate acute angular deformation (slack) and provide consistent biomechanical performance across all animals, regardless of the assigned treatment group. The AS-ILN used in the present study has been shown to reduce lameness, lead to consistent and accelerated bone healing, and produce superior callus mechanical properties when compared to a traditional interlocking nail (Dejardin et al., 2014). These advances are due to unique features of the AS-ILN system such as the conical, threaded locking mechanisms of fixation bolts and the hourglass profile of the AS-ILN (Dejardin et al., 2012). Additionally, when compared to a traditional veterinary interlocking nail in mechanical tests, the AS-ILN provided more consistent angular deformation in torsion, eliminated construct slack (Dejardin et al., 2006), responded more uniformly to bending loads (Dejardin et al., 2009), and produced similar compliance regardless of defect size (Ting et al., 2009).
The AS-ILN was implanted without complications using surgical techniques similar to those used in human beings. Due to its unique biomechanical properties and position within the medullary canal, the AS-ILN allowed for a rapid return to limb use, with all dogs ambulating normally as early as 7–10 days post-operatively. The AS-ILN provided excellent clinical function over an extended period of time, even for dogs assigned to the negative control group. This is highly relevant as many bone tissue engineering studies require a negative control group wherein the implant system must provide sufficient stability for normal ambulation in the absence of healing. Additionally, a small AS-ILN system has also been developed and is in clinical use (Marturello et al., 2020, 2021). This is highly relevant for investigators that utilize rabbit critical-sized defect models for bone tissue engineering studies. An AS-ILN system was not previously available for use in this species. The authors suggest that the small AS-ILN is well suited for rabbit femoral or tibial critical-sized defect studies.
Due to the location of the AS-ILN within the central axis of the bone, the implant system did not obstruct radiographic scoring of cortical bridging (Figure 3). The relatively small cross-sectional area of the AS-ILN, located centrally within the bone, facilitated quantification of both soft and hard callus when paired with CT scanning parameters designed to minimize metal artifact (Figure 4). Moreover, the AS-ILN served as reference point to precisely identify the region of interest (ROI) for each dog and ensured that tissue quantification was performed at identical locations and over multiple time points. The location of the AS-ILN within the central axis of the bone facilitated mechanical testing and histological assessment of callus formation. The AS-ILN was used to identify the long axis of the femur, which was positioned along the central axis of the materials testing machine for torsional testing. Upon removal of distal fixation bolts and fixation of bones in the test fixtures, the AS-ILN did not interfere with torsional testing similar to prior work (Dejardin et al., 2014). The resulting mechanical testing data were thus representative of the fracture callus. Finally, the testing protocol was developed such that once ultimate failure occurred, loading was immediately stopped in order to allow reconstruction of the bone column for histological assessment. This testing protocol was designed to optimize objective evaluation of bone healing using various outcome measures while reducing sample size (animal numbers).
Much consideration was given to the decision to perform histology on formalin-fixed, decalcified tissues that, in the case of the autograft group, had been mechanically tested. The gold standard technique for histologic assessment of orthopedic implants and adjacent tissues involves methyl methacrylate (i.e. “plastic”) embedding and non-decalcified sectioning (Maglio et al., 2020). Methacrylate embedded sections are essential for evaluation of the implant/tissue interface of orthopedic implants and bone. The AS-ILN used in the present study is composed of 316L surgical stainless steel, which is a common, biocompatible alloy for orthopedic implants (Syrett and Davis, 1979; Erdmann et al., 2010). Moreover, the objective of this study was to use an existing AS-ILN to refine and reduce animal numbers, not to perform a detailed histologic analysis or histomorphometry of a novel implant and adjacent tissues. For this reason, histology was considered complimentary to the quantified CT results. Given this reasoning, it was not justifiable to operate additional cohorts of dogs for methacrylate-embedded, non-decalcified histology. Should the techniques detailed in the present study be used in the future to evaluate novel biomaterials for bone tissue regeneration, additional cohorts of dogs might be necessary for methacrylate embedded histology to meet regulatory criteria and allow a detailed evaluation of the interactions between device and adjacent host tissues.
While limitations are expected with any study, our goal was to describe a clinically-relevant large animal translational model for future bone tissue engineering studies. First, although skeletally mature hounds were used, dog age was somewhat variable (range: 2.5–6.5 years). The oldest dog assigned to the autograft group (6.5 years) produced the lowest amount of callus (Figure 4), which correlated to low torsional stiffness and torque at failure (Figure 5; Table 1). While age is the likely explanation for the reduced healing response in this dog, it is possible (although not plausible based on prior studies) that the AS-ILN provided disparate biomechanical stability in this animal. It is well known that bone healing is more robust in younger animals (Risselada et al., 2005; Mehta et al., 2010). A study in canine clinical patients documented more rapid healing in younger dogs (Averill et al., 1999). To definitively address the issue of age on bone healing in this model, an additional canine critical-sized defect study would be necessary with closely controlled ages (young cohort versus old cohort). Interestingly, older dogs may prove useful in this model in order to more rigorously challenge autograft control groups, novel bone healing agents, or new tissue engineering devices.
Additionally, all dogs in the present study were intact males due to subject availability at the time the study was initiated. While sex has been shown to effect bone healing in rodent induced-injury models (Mehta et al., 2011; Haffner-Luntzer et al., 2021), in the canine clinical setting the AS-ILN has been successfully placed in both intact and sterilized male and female dogs and cats with no detectible effect of subject sex (Marturello et al., 2021). Future studies may be warranted to determine whether sex or sterilization status has an effect on bone healing in this canine experimentally-induced critically-sized femoral defect model.
Second, we elected to create critical-sized defects via surgical ostectomy rather than traumatic fracture. This decision was made for ethical reasons to reduce morbidity, as well as to reduce inter-animal variability and maintain small animal numbers. Third, while segmentation of CT is an accepted method for quantifying bone volume and surface area in large animal models (Dejardin et al., 2014), CT is unable to assess bone mineral density (Robertson et al., 2017; Booz et al., 2020). Dual x-ray absorptiometry (DXA) would be required to determine bone mineral density during healing in this canine critically-sized femoral defect model. Fourth, the mechanical testing protocol was limited to torsional loading on formalin-fixed bone. While determining the biomechanical properties of fracture callus in the autograft-treated femurs under both bending and torsional loads could have generated useful data, torsion has been shown to be the major loading mode of long bones (Gautier et al., 2000; Yang et al., 2014). Furthermore, the presence of the AS-ILN within the medullary cavity would have severely masked the contribution of the fracture callus to bending stiffness. Lastly, regarding the mechanical testing of formalin-fixed bone, fixation was performed to prepare specimens for routine decalcification and paraffin embedded histology. While concerns have been raised about the impact of formalin fixation on biomechanical testing of long bones, contralateral (non-operated) control femurs were tested in tandem to account for any potential effect of fixation. This concern has been recently drawn into question, it was reported that formalin fixation had no effect on the mechanical properties of human femurs, and that patient-specific associations such as age and gender were retrievable despite formalin fixation (Wright et al., 2018). Another study reported no differences in yield stress, ultimate stress, and tissue hardness for fresh bone or bone stored in 4% formalin for up to 8 weeks (Öhman et al., 2008).
In summary, critical-sized long bone defects represent a tremendous clinical challenge. Although treatments exist, none is uniformly effective. While tissue engineering devices hold much promise for these injuries, a tissue engineering solution has yet to be successfully brought to market. The dog is an excellent large animal model species for translational evaluation of encouraging tissue engineering devices. However, a consensus on the preferred technique for inducing and assessing a canine critical-sized long bone defect model is lacking. This study describes the use of an AS-ILN with superior biomechanical properties to refine the canine critical-sized femoral defect model. Animal numbers were minimized by performing radiographic scoring, quantitative CT, torsional mechanical testing, and histology on a single cohort of dogs randomized to either autograft or negative control treatment groups. This work represents an important advancement for the canine translational model and collectively advances the field toward the Principle of the 3R’s.
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In recent years, the convolutional neural network (CNN) technique has emerged as an efficient new method for designing porous structure, but a CNN model generally contains a large number of parameters, each of which could influence the predictive ability of the CNN model. Furthermore, there is no consensus on the setting of each parameter in the CNN model. Therefore, the present study aimed to investigate the sensitivity of the parameters in the CNN model for the prediction of the mechanical property of porous structures. 10,500 samples of porous structure were randomly generated, and their effective compressive moduli obtained from finite element analysis were used as the ground truths to construct and train a CNN model. 8,000 of the samples were used to train the CNN model, 2000 samples were used for the cross-validation of the CNN model and the remaining 500 new structures, which did not participate in the CNN training process, were used to test the predictive power of the CNN model. The sensitivity of the number of convolutional layers, the number of convolution kernels, the number of pooling layers, the number of fully connected layers and the optimizer in the CNN model were then investigated. The results showed that the optimizer has the largest influence on the training speed, while the fully connected layer has the least impact on the training speed. Additionally, the pooling layer has the largest impact on the predictive ability while the optimizer has the least impact on the predictive ability. In conclusion, the parameters of the CNN model play an important role in the performance of the CNN model and the parameter sensitivity analysis can help optimize the CNN model to increase the computational efficiency.
Keywords: convolutional neural network, bone scaffold, finite element modeling, sensitivity analysis, compressive modulus
INTRODUCTION
In recent years, the machine learning and deep learning techniques have emerged as new techniques widely used in many fields, including in the prediction of the mechanical properties of materials and the design of porous structures.
In the field of prediction of the mechanical properties of materials, Li et al. (2019) used the machine learning method to establish the implicit mapping between the effective mechanical property and the mesoscale structure of heterogeneous materials, and the results showed that the machine training model can accurately predict the elastic modulus of the structures. However, this study simplified the parameters in the CNN model through algebraic operations and the influence of parameters on the CNN model is not mentioned. Wu et al. (2019) proposed a machine learning method for predicting the effective diffusivity of two-dimensional porous structures, and the results showed that this model can accurately predict the transport properties of porous structures. Besides, one of the key issues of the research is how to select the parameters to avoid overfitting the CNN model. Graczyk and Matyka (2020) utilized CNN to predict porosity, permeability and tortuosity of porous structures, and found that the error between the predicted results of the CNN model and the theoretical value can be kept in a very small range. Besides, the parameter is reduced by 10% every 50 epochs of the training. Paul and Bhattacharjee (2018) used artificial neural network (ANN) to investigate the effects of temperature, humidity and other conditions on the properties of metal materials, and the accuracy of the ANN network prediction of fracture toughness of metal materials is close to 80%. Besides, machine learning is also widely used in some biological problems of bone tissue replacement. For example, Wu et al. (2021) proposed a new model based on machine learning techniques to predict bone ingrowth. Compared with the traditional FE model, the new prediction model of bone ingrowth based on machine learning has higher efficiency and accuracy.
In the field of the design of porous structures, Gu et al. (2018) proposed a method to design hierarchical materials using machine learning, and the results showed that tougher and stronger materials can be obtained by the method. It is worth pointing out that the study built blocks into a single unit cell to reduce the number of parameters needed in their machine learning model. Tan et al. (2020) proposed a deep learning model based on CNN for the design of microstructural materials, and found that the obtained microstructural materials with desired compliance tensor showed better mechanical properties. Besides, the proposed model reduced the number of design parameters from 4,096 to 25. Wang et al. (2018) reconstructed porous structures using the CNN model, and the results showed that the proposed method greatly improved the connectivity of the structures and exhibits better performance than conventional methods. Bessa et al. (2017) developed a new data-driven computing framework to assist in structural design, using machine learning to replace empirical constitutive models with experimental data. The results show that the mean square errors, mean relative errors, and the absolute fraction of variance values of the ANN for predicting friction factors were 1.26, 4.36 × 10−7 and 0.9993, respectively. Besides, the bone scaffold is used to replace the defected bone tissues and the machine learning has been widely used in the design of bone scaffolds, Conev et al. (2020) trained a machine learning model to predict the printing quality for a given printing configuration accurately for the material. They identified which parameters mostly affect the printing quality. Thus, the proper bone scaffolds can be designed to avoid poor print quality. Cilla et al. (2017) used machine learning techniques to optimize the bone joint replacements, which can be used in the field of the design of the bone scaffolds.
These previous studies showed that machine learning and deep learning techniques are of great significance in the fields of the prediction of mechanical properties of materials, the design of porous structures and so on. Besides, the previous study also pointed out the importance of parameter sensitivity. However, the parameter sensitivity studied in these models has not been fully understood. Therefore, it is of great importance to study the parameter sensitivity of CNN model and improve the efficiency of machine learning.
The CNN is one main branch of the deep learning techniques and the CNN networks are inspired by biological processes, in which the connectivity pattern between neurons resembles the organization and each neuron in one layer are connected to all neurons in the next layer. The CNN models consist of convolutional layers, pooling layers, and fully connected layers (Yamashita et al., 2018). The parameters of each layer of the neural network have a certain influence on the training speed and prediction ability of the entire convolutional neural network. Thus, finding the optimal parameter design is one of the important parts of the training of the convolutional neural network. However, the convolutional neural network needs to be re-trained when the parameters are adjusted. Therefore, using the optimal parameters plays a crucial role in saving computational time and increasing the model performance. However, the parameter sensitivity analysis has not been fully understood in the previous studies, which means that the prediction performance of the CNN models may be further improved and the computational efficiency can be further improved.
The present study aimed to investigate the sensitivity of the parameters in the CNN model for the prediction of the mechanical property of porous structures. A CNN model with convolutional layers, pooling layers and fully connected layers was first constructed to predict the effective compressive modulus of porous structures and then the influence of various parameters in the CNN on the training speed and prediction ability of the CNN model was investigated.
MATERIALS AND METHODS
The design setting of the 2D porous structure and the CNN model
In the present study, a two-dimensional (2D) porous structure was used as an example to investigate the parameter sensitivity of a convolutional neural network in predicting the mechanical property of the porous structure. Because the CNN model needs too many parameters, it is unrealistic to study all the parameters one by one, so 2D models are used in most of the current studies. For example, Wu et al. (2019) used 2D porous structures to simplify the parameters and it has been proved that the accuracy of the 2D model can meet the requirements. The 2D 3 × 3 porous structure was used for the demonstration in the present study (Figure 1). The dimension of the structure was set to 18.0 × 18.0 mm. In each cell of the structure, the four-dimensional parameters were set as the independent design variables. Therefore, for the entire structure, there are 36 independent design variables [image: image]. It is worth noting that the emergence of additive manufacturing (AM) enables the fabrication of structures with complex geometries, especially the porous structures. For example, Gu et al. (2018) used AM technique to manufacture and test the enhanced porous structures. Since in the previous studies, the fabrication of porous structures was achieved by AM technique, it is meaningful to consider the constraints of AM technique. The additive manufacturing constraint puts additional requirements for the dimension and aperture of the porous structure, i.e., the minimal thickness of the struts should be larger than the precision of the AM technique (0.2 mm in the present setting). To meet these requirements, the minimum unit for changing the dimensional variables was set to 0.2 mm. In other words, there are only three possibilities for [image: image], i.e., 0.2 mm, 0.4 mm and 0.6 mm.
[image: Figure 1]FIGURE 1 | Schematic diagram of porous composite structure (The shaded areas are the pores).
The effective compressive moduli of the porous structures calculated from the finite element (FE) analysis were taken as the ground truths and used to train the CNN model constructed in the present study. As shown in Figure 2, the nodes on the one (down) side of the porous structures were fully constrained while the nodes on the opposite (up) side were subjected to a compressive displacement loading. The effective compressive modulus of the porous structures was calculated by the total reaction force and the displacement applied. The Ti-6Al-4V was used to make the porous structure. Therefore, in the FE model, the Young’s modulus of the solid part was set to 113.8 GPa and the Poisson’s ratio was set to 0.34 (Niinomi, 1998).
[image: Figure 2]FIGURE 2 | Loading and constraint defined in the finite element analysis (“ε” refers to the strain).
A CNN model was trained firstly and the procedure for the training and testing of the CNN model is presented in Figure 3. The training process of the CNN model can be briefly described as below: First, 10,000 groups of variables were randomly generated and each group of variables contained 36 independent variables [image: image]. Then, the corresponding 1000 FE models were built based on these dimensional variables. The effective compressive modulus of each sample was obtained from FE calculation and used as the ground truth for building the CNN model. Among the 10,000 samples, 8,000 were used for the training (Figure 3A), and 2,000 were used for the cross-validation (Figure 3B). It should be noted that both the 8,000 training samples and the 2000 cross-validation samples are involved in the adjustment of the parameters of the CNN model. The 2000 cross-validation samples have to be different from the 8,000 training samples. Otherwise, the CNN models constructed will have no ability to predict the elastic modulus of new porous structures.
[image: Figure 3]FIGURE 3 | The workflow for the (A) training and (B) cross-validation of the convolutional neural network (CNN) model.
The constructed CNN model is shown in Figure 4 and was guided by the work done by Li et al. (2019) which was created to solve a similar problem, i.e., predicting the mechanical property of porous materials using image based deep learning technique. It should be noted that there are many different types of CNN models in the literature and the CNN model in the present study is just one demonstration of the parameter sensitivity study. In the CNN model constructed (Figure 4), the input is the design of the porous structure (Figure 1) and the output is the effective compressive modulus of the input porous structure. In the CNN model constructed, four convolutional layers, two pooling layers and three fully connected layers were applied to the image. The size of all the convolution kernels was set to 3 × 3. The maximal pooling was applied after the convolutional layers to simplify the information of the output neurons. To improve the accuracy of the CNN model, 10% dropout was used after the two pooling layers. A convolutional layer is the main building block of the CNN model, which contains a set of kernels learned throughout the training process. A pooling layer is usually incorporated between two successive convolutional layers. The pooling layer reduces the number of parameters and computational by down-sampling the representation. The fully connected layers are the last a few layers where all the inputs from the previous layer are connected to every neuron of the next layer. In the CNN model constructed in the present study, the fully connected layers compile the data extracted from the convolutional layers to form the final output. The CNN model proposed by Carneiro et al. (2017) can be seen as a typical CNN model, which contains the convolutional layers, pooling layers and fully connected layers. The convolutional layers usually contain the model parameters formed by the input weight matrices.
[image: Figure 4]FIGURE 4 | The convolutional neural network model constructed in the present study.
In the training process, because the purpose of the CNN model was to make an accurate prediction of the effective modulus of the porous structures, a loss function was defined to quantify the difference between the effective compressive modulus predicted from the CNN model and those calculated from the FE analysis, which was taken as the golden answers. Then, the kernels and biases in the convolutional layers and the weights in the fully connected layers were adjusted using the backpropagation algorithm (Rubio et al., 2011). In the present study, the mean absolute error (MAE) was set as the objective function:
[image: image]
where Y is the effective compressive modulus of the porous structures calculated from the FE analysis; [image: image] is the corresponding effective compressive modulus calculated from the CNN model and n is the number of samples used for the cross-validation (n = 2000 in the present study).
The CNN model was built using the Tensorflow 2.0 module in Python 3.7. The training process was conducted on a desktop computer with the setting of i7-8700 CPU, 32G RAM, and the Nvidia GTX1060. The batch size was set to 128 and the training was iterated for 50 epochs.
Parameter sensitivity analysis
The CNN model mainly consisted of convolutional layers, pooling layers, and fully connected layers, among which the pooling layers and dropout were interspersed. In the present study, the parameter sensitivity analysis was carried out by changing some parameters and maintaining other parameters unchanged in each analysis. The parameters involved are the number of convolution layers, the number of convolution kernels, the number of pooling layers, the number of the fully connected layer and the optimizer. Specifically, the number of convolutional layers was chosen from 4, 6 and 8 layers, the size of the convolution kernel in each convolutional layer was chosen from 2, 4, 6, 8, 10 and 12, the number of pooling layers was chosen from 0 to 1, the number of fully connected layers was chosen from 2, 3 and 4 and the optimizer was chosen from AdaGrad, RMSprop (Elyanow et al., 2020) and Adam (Christiansen et al., 2018). After the training, 500 new samples that did not participate in the training and cross-validation process were randomly generated (following the same procedure for generating the 10,000 samples) to assess the predictive ability of the CNN model.
The samples of porous structures firstly passed through the convolutional layer, then through the pooling layer, and finally through the fully connected layer. Therefore, the parameter sensitivity study was divided into four stages: 1) The sensitivity of the convolutional layer, 2) the sensitivity of the pooling layer, 3) the sensitivity of the fully connected layer and 4) the sensitivity of the optimizer. The best parameter design from the previous stage was retained when entering the next stage. In the initial design, there were 4 convolutional layers, 2 the pooling layers, 3 fully connected layers and the optimizer was RMSprop.
The parameter sensitivity was investigated firstly using the speed of convergence. In the present study, the CNN model was considered convergent when the MAE is stabilized and below 200.0 MPa. It should be noted the convergence condition depends on the applications and could be different in different scenarios. The parameter sensitivity was then investigated using the relative prediction error (RPE), which is defined as below:
[image: image]
where [image: image] is the effective compressive modulus calculated from the CNN model and [image: image] is the corresponding value calculated from the FE analysis.
RESULT
Training and cross-validation of the CNN model
The relation between the mean absolute error (MAE) and the training iteration is shown in Figure 5. Since the initial values of the weights and biases are randomly assigned, the MAE at the first a few iterations is high. However, after several iterations, the MAE rapidly descends. Therefore, no over-fitting is observed in the cross-validation.
[image: Figure 5]FIGURE 5 | The relationship between the mean absolute error and the Epoch.
Influence of parameters on the convergence speed and predictive power of CNN model
The influence of parameters in the CNN model on the convergence speed is shown in Figure 6, where the black line represents the fastest convergence speed, the red line represents the initial convergence speed and the blue line represents the slowest convergence speed. It is shown that when the convolutional layer is modified, the convergence of the CNN model can be changed from 10 epochs (the best scenario) to 17 epochs (the worst scenario) (Figure 6A). When the pooling layer is modified, the convergence of the CNN model can be changed from 10 epochs to 20 epochs (Figure 6B). When the fully connected layer is modified, the convergence of the CNN model can be changed from 12 epochs to 18 epochs (Figure 6C). When the optimizer is modified, the convergence of the CNN model can be changed from 10 epochs to 200 epochs (Figure 6D). The best parameters corresponding to Figures 6A–D are listed in Table 1 (a–d).
[image: Figure 6]FIGURE 6 | The relationship between the mean absolute error and the epoch. (A) Sensitivity of the convolution layer; (B) Sensitivity of the pooling layer; (C) Sensitivity of the fully connected layer and (D) Sensitivity of the optimizer (‘Best’ refers to the case with the fastest iterative convergence speed and the corresponding best parameters are listed in Table 1).
TABLE 1 | The parameters used in the fastest convergent scenario.
[image: Table 1]The influence of parameters in the CNN model on the predictive power is shown in Figure 7, where the black line represents the best prediction, the red line represents the initial prediction and the blue line represents the worst prediction. Since the data are not normally distributed, the 5th, 50th and 95th percentiles are reported. Regarding the 95th percentile of the relative prediction error, it is shown in Figure 7 that when the convolutional layer is modified, the error can be changed from 0.41 (the best scenario) to 0.57 (the worst scenario) (Figure 7A); when the pooling layer is modified, the error can be changed from 0.36 to 0.54 (Figure 7B); when the fully connected layer is modified, the error can be changed from 0.34 to 0.42 (Figure 7C) and when the optimizer is modified, the error can be changed from 0.36 to 0.41 (Figure 7D). The best parameters corresponding to Figures 7A–D are listed in Table 2 (a–d).
[image: Figure 7]FIGURE 7 | The relationship between the cumulative percentile and the relative prediction error from the convolutional neural network model. (A) Sensitivity of the convolution layer; (B) Sensitivity of the pooling layer; (C) Sensitivity of the fully connected layer and (D) Sensitivity of the optimizer (‘Best’ refers to the case with the lowest 95th percentile of relative prediction error and the corresponding best parameters are listed in Table 2).
TABLE 2 | The parameters with the lowest 95th percentile of relative prediction error.
[image: Table 2]DISCUSSION
In the present study, a convolutional neural network (CNN) model for predicting the effective compressive modulus of the porous structures was developed and a parameter sensitivity analysis was performed to investigate the influence of parameters on the convergence speed and predictive power of the CNN model. The present study showed that the parameter sensitivity analysis is a crucial step in the development of the CNN model and can help optimize the CNN model to improve its efficiency. It should be noted that in the present study, the CNN model was chosen as one representative machine learning model to demonstrate the parameter sensitivity. Nevertheless, the conclusion made in the manuscript, i.e., it is very necessary to conduct a sensitivity analysis when a new model is constructed. Besides, the sensitivity analysis should be not only limited to the CNN model but also applicable to most machine learning and deep learning models.
In the present study, the performance of the CNN model was evaluated using both the iterative convergence speed and the relative prediction error. In terms of the convergence speed, after modifying the convolutional layer, the pooling layer, the fully connected layer and the optimizer, the differences between the best and worst numbers of iterations when CNN models are converged are 7 epochs, 10 epochs, 6 epochs and 190 epochs, respectively. It should be noted that the epochs refer to the iteration number of the CNN model. To increase the prediction accuracy of the CNN model, the CNN model will update its parameters in each iteration (epoch). Therefore, the epochs will increase the performance of the CNN model, and will indirectly affect the performance of the porous structure if the machine learning based inverse design framework is used in the design of porous structures (Wang et al., 2022). Regarding the optimizer, the results showed that the optimizer has the largest impact on the speed of the training convergence, while the fully connected layer has the least impact on the speed of the training convergence. Therefore, it is recommended to choose Adam or RMSprop instead of AdaGrad as the initial optimizer for training the CNN model in the present study. The reason why AdaGrad is slow is that Adaptive Gradient (AdaGrad) can adjust a different learning rate for each different parameter, updating important parameters with smaller steps and less important parameters with larger steps (Duchi et al., 2011). Since the CNN model constructed in the present study is a basic and simple one, the convergence speed of the AdaGrad optimizer is relatively slow. However, it is undeniable that the AdaGrad optimizer would have a good performance in other complex CNN models (Yuan et al., 2019).
Regarding the influence of the parameters in the CNN model on the predictive power of the CNN model, the results showed that the convolutional layer and pooling layer have a larger impact, while the fully connected layer has the least impact. Therefore, to improve the prediction power of the CNN model, it is preferable to adjust the pooling layer and the convolutional layer. It should be noted that the input sample used in this study is a [image: image] matrix and each feature point is equally important. Therefore, increasing the pooling layer would ignore the important feature points, which would reduce the computation time but decrease the prediction power (You et al., 2021). Consequently, the pooling layer has a great influence on the predictive ability of the CNN model in this study. For samples with insignificant feature points, adjusting the convolutional layer may have a larger influence on the predictive power of the CNN model.
It should be noted that in the present study, the ‘best’ refers to the case with the fastest iterative convergence speed in Figure 6, or the best prediction accuracy in Figure 7, and the ‘worst’ refers to the case with the slowest iterative convergence speed in Figure 6, or the worst prediction accuracy in Figure 7, and the ‘initial’ refers to the setting of 4 convolutional layers, 2 the pooling layers, 3 fully connected layers and the optimizer of RMSprop. The initial setting of the parameters is taken from Li et al. (2019). It should be noted that it is hard to find a set of parameters that make the CNN model possess the fastest convergence speed and the best prediction accuracy at the same time. Therefore, depending on the specific requirements, the definition of ‘best’ would be different in different scenarios. In the present study, the convergence speed and the prediction accuracy were set as two independent parameters in the parameter sensitivity analysis, and consequently the parameters which influence the convergence speed and the prediction accuracy were found respectively. On the other hand, it should be noted that there are two types of parameters in the CNN model. The first is the design parameters, such as the number of convolutional layers and the pooling layers, etc. These parameters are adjusted one by one and while one parameter is changing, other parameters are maintained until the expected convergence was achieved. The second is the internal parameters of the CNN model, which are adjusted internally and automatically in the training process of the CNN model. In the present study, the Tensorflow is used and thus the changing of the internal parameters cannot be visualized, but they are adjusted by the program itself to increase the predictive ability of the CNN model.
It is shown in the present study that different parameters have different influence s on the performance of the CNN model and thus it is necessary to perform the parameter sensitivity analysis when a new CNN model is constructed and additionally the parameter sensitivity analysis can help optimize the CNN model to improve the computation efficiency. In some previous studies, the sensitivity analysis of the parameters of the sample is performed using the CNN model, but the sensitivity of the parameters of the CNN model itself is always ignored. Furthermore, it should be noted that the parameter sensitivity study of the newly constructed CNN model is always skipped in the previous studies. For example, Xiao et al. (2021) developed a CNN model to evaluate the anisotropic elastic behaviors of trabecular bone. In the study, four different dual energy x-ray absorptiometry (DXA) projections (i.e., one, three, six and nine) and seven DXA image resolutions (i.e., 0.05 mm/pixel, 0.15 mm/pixel, 0.3 mm/pixel, 0.6 mm/pixel, 1.2 mm/pixel, 2.0 mm/pixel and 3.0 mm/pixel) are used to train the CNN model. It should be noted that if the sensitivity analysis of the parameters of CNN was carried out, the prediction power of the CNN model could be further improved. Although the parameter sensitivity analysis of the CNN model is performed in some studies, it is not comprehensive. For example, to predict the mechanical properties of various soils, Ng et al. (2019) identified the important spectral wavelengths using the CNN model. In their study, the sensitivity analysis of only the convolutional layer was investigated and the sensitivity analysis showed that a high prediction power with R2 = 0.95 can be achieved using a suitable convolutional layer. It can be seen from their study that the sensitivity analysis can help select the parameters that increase the prediction power of the CNN model. However, only the sensitivity of one parameter was investigated in their study. In comparison, in the present study, the sensitivity of most parameters in the CNN model was analyzed.
Some shortcomings in the present study should be noted. First, although the sensitivity of the parameters in the CNN model was investigated in the present study, it still did not consider all the parameters. For example, the size of padding in the convolutional layer (Khanolkar et al., 2021), the choice of the activation function (Leshno et al., 1993), the size of dropout (Srivastava et al., 2014) and other parameters are not considered. There are still many parameters in the CNN model the sensitivity of which still needs to be analyzed. In addition, the sensitivity of the parameters is also different for different input samples. Nevertheless, these do not compromise the message delivered in the present study, i.e., a parameter sensitivity analysis is required to optimize the CNN model when a new model is built. Second, there is a lack of real data support for the experiment to validate the prediction. Nevertheless, the FE modeling technique has been widely accepted as a reliable technique for predicting the effective compressive modulus of porous structure. For example, de Galarreta et al. (2020) performed FE analysis of porous structures to investigate the modulus and yield strength. Besides, the compression test was performed to verify the modulus and yield strength of the structures. The results showed that the FE simulation results were in good agreement with the experimental results, which means FE modeling technique is reliable. Despite this, it is still worthy to validate the predictions of the CNN models, especially for the post-elastic mechanical properties of the porous structure, such as ultimate strength. Third, when using different samples to train the CNN model, the influence of the parameters in the CNN model on the convergence speed and prediction power may be different. Therefore, the results of the present study may not be directly used when training a new CNN model and a new parameter sensitivity analysis is required. Nevertheless, the present study showed that it is crucial to perform a parameter sensitivity analysis when a new CNN model is built, which is always ignored or skipped in the previous studies. Last but not least, 2D analysis instead of 3D was performed in the present study. It should be noted even in the 2D analysis, a large computational complexity was involved, i.e., 10,500 samples and 36 independent design variables in each sample were involved. In the setting of the present study, the number of independent design variables will be exponentially increased for the 3D case, which will create a computational “disaster” in the machine learning study. On the other hand, the 2D-based analysis has played an important role in some applications, such as in the prediction of bone strength using the 2D DXA-based images (Lu et al., 2019). Therefore, despite the 2D analysis being performed, the aim of the present study has been successfully demonstrated, i.e., the importance of parameter sensitivity analysis in the CNN model development and model optimization. On the other hand, in the 3D application, the issues with biocompatible performance of the scaffolds should also be dealt with (Shuai et al., 2020).
CONCLUSION
In conclusion, it is revealed in the present study that the parameters in the CNN model have a big influence on both the convergence speed and the predictive power. Therefore, it is very necessary to conduct a sensitivity analysis when a new CNN model is developed. Additionally, the parameter sensitivity analysis can help effectively reduce the training time of the CNN model and improve the prediction power of the CNN model. From the parameter analysis, it is theoretically possible to construct the most suitable CNN model which possesses a fast convergence speed and a high prediction power.
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Bioscaffolds derived from the extracellular matrix (ECM) have shown the capacity to promote regeneration by providing tissue-specific biological instructive cues that can enhance cell survival and direct lineage-specific differentiation. This study focused on the development and characterization of two-dimensional (2-D) and three-dimensional (3-D) cell culture platforms incorporating decellularized nucleus pulposus (DNP). First, a detergent-free protocol was developed for decellularizing bovine nucleus pulposus (NP) tissues that was effective at removing cellular content while preserving key ECM constituents including collagens, glycosaminoglycans, and the cell-adhesive glycoproteins laminin and fibronectin. Next, novel 2-D coatings were generated using the DNP or commercially-sourced bovine collagen type I (COL) as a non-tissue-specific control. In addition, cryo-milled DNP or COL particles were incorporated within methacrylated chondroitin sulphate (MCS) hydrogels as a 3-D cell culture platform for exploring the effects of ECM particle composition. Culture studies showed that the 2-D coatings derived from the DNP could support cell attachment and growth, but did not maintain or rescue the phenotype of primary bovine NP cells, which de-differentiated when serially passaged in monolayer culture. Similarly, while bovine NP cells remained highly viable following encapsulation and 14 days of culture within the hydrogel composites, the incorporation of DNP particles within the MCS hydrogels was insufficient to maintain or rescue changes in NP phenotype associated with extended in vitro culture based on gene expression patterns. Overall, DNP produced with our new decellularization protocol was successfully applied to generate both 2-D and 3-D bioscaffolds; however, further studies are required to assess if these platforms can be combined with additional components of the endogenous NP microenvironment to stimulate regeneration or lineage-specific cell differentiation.
Keywords: intervertebral disc (IVD) degeneration, nucleus pulposus, decellularization, extracellar matrix, coatings, hydrogel composite, methacrylated chondroitin sulphate, cell culture models
1 INTRODUCTION
Low back pain (LBP) is the leading cause of disability worldwide (Murray et al., 2013), with a predicted lifetime prevalence of 80% (Balagué et al., 2012). While multifactorial, back pain has been associated with degeneration of the intervertebral disc (IVD) (Freemont 2009; DePalma, Ketchum, and Saullo 2011). IVD degeneration is marked by decreased IVD height, reduced nucleus pulposus (NP) hydration associated with a decrease in sulphated glycosaminoglycans (sGAGs) in the extracellular matrix (ECM), loss of the distinct NP-annulus fibrosus (AF) boundary, and fibrosis of the NP, leading to an inability of the IVD to withstand compressive loads (Roughley 2004; Inoue et al., 2012). Within the NP there is a shift towards greater ECM catabolism, cell senescence, apoptosis, inflammation, and in-growth of vasculature and nociceptive nerves (Freemont 2009).
Given the lack of disease-modifying interventions for disc degeneration, research has focused on engineering regenerative strategies targeting the NP (Yang and Li 2009; Fiordalisi et al., 2020). While cell therapies have shown promise (Schol and Sakai 2019), long-term cell survival may be impacted by the harsh microenvironment within the degenerated NP, limiting their therapeutic efficacy (Ludwinski et al., 2013). Moreover, direct IVD cell injections often result in cell leakage from the injection site (Vadalà et al., 2012). Cell encapsulation within biomaterial scaffolds offers a potential solution to support cell retention, survival and function in vivo by protecting the cells from the adverse inflammatory microenvironment associated with IVD degeneration (Drury and Mooney 2003; O’Halloran and Pandit 2007). Considerable research has focused on exploring the effects of various cell delivery platforms on regenerative cell populations (Drury and Mooney 2003; Gruber et al., 2004; O’Halloran and Pandit 2007; Tang et al., 2020), including studies suggesting that tissue-specific ECM can be harnessed to direct the lineage-specific differentiation of stem or progenitor cells (Lin et al., 2016; Robb et al., 2018; Zhou et al., 2018).
To fabricate ECM-derived bioscaffolds, decellularization techniques have been developed to remove immunogenic cellular components from tissues, while striving to preserve the native ultrastructure and cell-instructive biochemical composition of the ECM (Crapo et al., 2011). Various groups have reported NP decellularization protocols that can extract cellular content to obtain scaffolds enriched in structural ECM components (Wachs et al., 2017; Piening et al., 2022; Illien-Jünger et al., 2016; Mercuri, Gill, and Simionescu 2011; Fernandez et al., 2016; Xu et al., 2019; Chan et al., 2013). Despite its low cellularity, decellularization of the NP is challenging because it contains a high concentration of GAGs that are more easily extracted during processing as compared to highly crosslinked collagens (Tsuchiya et al., 2014; Peloso et al., 2016; Hanai et al., 2020). To date, the published NP decellularization protocols involve treatment with various types of detergents including Triton X-100, Triton X-200, sodium deoxycholate and sodium dodecyl sulphate (SDS). Notably, detergents can affect protein structure and have been reported to cause loss of GAGs and growth factors from a variety of tissues (Gilbert et al., 2006; Gilpin and Yang 2017). In addition, residual detergent can potentially have cytotoxic effects if not adequately cleared at the end of processing (Crapo et al., 2011). As such, our initial goal was to establish a detergent-free protocol for the decellularization of bovine NP that preserved collagens and GAGs.
Applying decellularized tissues in their intact form offers limited flexibility in terms of the scaffold properties. As such, there is great interest in the development of more customizable ECM-derived scaffold formats that incorporate the tissue-specific ECM composition within platforms that enable greater tuning of cell-cell and cell-ECM interactions. Using decellularized adipose tissue (DAT) as an ECM source, our team has previously established methods for fabricating novel ECM-derived coatings, microcarriers, foams, and hydrogel composites (Cheung et al., 2014; Kornmuller et al., 2017; Yu et al., 2017; Shridhar et al., 2019; Shridhar et al., 2020). Importantly, we demonstrated that the pro-adipogenic properties of the DAT in directing the differentiation of human adipose-derived stromal cells (ASCs) were conserved in these various platforms (Turner et al., 2012; Yu et al., 2013; Cheung et al., 2014; Shridhar et al., 2019). Supporting the potential of ECM-derived bioscaffolds in the context of IVD regeneration, Wachs et al. (2017) used pepsin digestion to generate decellularized nucleus pulposus (DNP) hydrogels capable of in situ gelation, which promoted human NP cell viability and GAG production. In another approach, Zhou et al. (2018) combined micronized porcine DNP with chondroitin sulphate to counteract the loss of GAGs observed following detergent-based decellularization and crosslinked the materials with genipin to create an injectable DNP-based cell delivery system. Encapsulation of human ASCs within the composite DNP-based material was reported to induce NP-like differentiation and the synthesis of aggrecan and type II collagen (Zhou et al., 2018).
Building from this foundation and using our approaches previously developed for adipose tissue, we incorporated the DNP generated with our new detergent-free decellularization protocol within 2-D coatings and 3-D methacrylated chondroitin sulphate (MCS) hydrogels. MCS was selected as it provides a cell-supportive matrix (Cheung et al., 2014; Shridhar et al., 2019) mimicking the proteoglycan-rich ECM of the native NP, in which aggrecan incorporating a high content of chondroitin sulphate side chains is the most abundant proteoglycan (Collin et al., 2017). We subsequently tested these platforms for their effects on primary bovine NP cell viability and phenotype in vitro in comparison to controls generated with commercially-sourced collagen type I to assess whether the tissue-specific ECM could help to maintain or restore the differentiated phenotype of the NP cells in culture.
2 METHODS
2.1 Materials
Unless otherwise stated, all reagents were purchased from Sigma Aldrich Canada Ltd. and used as received (Oakville, Canada).
2.2 Bovine nucleus pulposus decellularization
Bovine tails were acquired from female cows (18–24 months of age) at the Mount Brydges Abattoir within 2 h post-mortem. Tails were stored at −20°C until use and then thawed overnight at 4°C prior to dissection. The musculature and soft connective tissues surrounding the vertebrae were removed under aseptic conditions. The nucleus pulposus was isolated from the IVDs of the five to six most proximal motion segments from each tail and placed in sterile 1x phosphate-buffered saline (PBS). Pooled NP tissues were minced into 2 mm3 pieces using a scalpel and 2 mm biopsy punch.
For decellularization, 100 ml of solution was used per ∼15 g starting mass of NP, with all processing steps performed at 37°C under agitation on an orbital shaker (125 rpm). All decellularization solutions were supplemented with 1% antibiotic-antimycotic (ABAM) (Gibco®, Invitrogen, Burlington, Canada) solution and 0.27 mM of the protease inhibitor phenylmethylsulfonyl fluoride (PMSF). The minced NP was frozen at −80°C in deionized water (dH2O) overnight and subsequently thawed at 37°C over 3 h to promote cell lysis. The tissues were then enzymatically digested for 5 h with 15,000 U DNase Type II (from bovine pancreas) and 12.5 mg RNase Type III (from bovine pancreas) in Sorensen’s phosphate buffer digest solution (SPB digest) comprised of 0.17 M KH2PO4, 0.55 M Na2HPO4·7H2O, and 0.049 M MgSO4·7H2O, (pH 7.3). The resultant decellularized nucleus pulposus (DNP) samples were washed three times for 30 min in PBS prior to freezing at −80°C in dH2O and lyophilization for 72 h (Figure 1A). NP tissues from six tails were combined to generate a single batch of DNP for subsequent use in all studies.
[image: Figure 1]FIGURE 1 | Detergent-free NP decellularization protocol effectively extracts cellular content while retaining sulphated glycosaminoglycan (sGAG) and collagen content from native NP. (A) Schematic of detergent-free decellularization protocol. (B) Representative DAPI stained sections of native nucleus pulposus tissue (NP) and decellularized NP (DNP) showed a reduction in cell nuclei (pseudo-coloured in white) following decellularization. Scale bars = 200 μm. PicoGreen quantification showed a significant reduction in dsDNA content in the DNP relative to the native NP. (C) Representative histological sections of NP and DNP stained with Toluidine blue detected GAGs (purple) throughout both DNP and native NP tissue sections, although staining intensity appeared to be reduced within DNP relative to NP. DMMB analysis showed ∼45% retention of sGAG content within the DNP relative to the native NP. (D) Representative PicroSirus Red staining of NP and DNP imaged by polarized light microscopy. Staining revealed a complex network of collagen fibers, with similar patterns detected in the DNP and native NP tissues. Hydroxyproline (OHP) quantification as a measure of total collagen content showed no significant difference between DNP and native NP tissues. Scale bars = 200 μm. Data reported as mean ± SD (N = 4), **p < 0.001, ***p < 0.0001.
2.3 Preparation of DNP/COL particles and coatings
DNP and commercially-sourced bovine type I collagen (COL) (Advanced Biomatrix, Cat # 5164-5GM, Carlsbad, United States) were cryo-milled for synthesis of DNP and COL particles using previously-established methods (Shridhar et al., 2020, 2019). In brief, cryo-milling was performed by transferring 1 g of lyophilized DNP or COL into a 25 ml milling chamber with two 10 mm stainless steel milling balls. The chamber was sealed, submerged in liquid nitrogen for 3 min, then milled for 3 min at 30 Hz (Retsch Mixer Mill MM 400 milling system). This cycle was repeated a total of three times. Cryo-milled particles were sieved through a 125 μm stainless steel mesh, and the particles that passed through the filter were collected and stored in a desiccator until further use.
To generate the ECM suspensions used to fabricate the coatings, the DNP or COL particles were added at a concentration of 25 mg/ml to 0.3% (w/w) α-amylase in 0.22 M NaH2PO4 (pH 5.4). The samples were digested under continuous agitation on an orbital shaker at 300 rpm for 72 h at room temperature, followed by centrifugation at 1,500 × g for 10 min. The digested DNP or COL pellet was rinsed twice with 10 ml of 5% (w/v) NaCl solution and once in dH2O under agitation (300 rpm) at room temperature for 10 min, and then resuspended in 0.2 M acetic acid at a concentration of 25 mg/ml (based on the initial dry mass). The samples were incubated under agitation at 120 rpm overnight at 37°C and then homogenized using a Polytron® benchtop homogenizer (Thomas Scientific, Swedesboro, United States) to generate a uniform suspension, which was stored at 4°C until further use.
Working under aseptic conditions within a biological safety cabinet, the suspensions were applied to coat the surface of tissue culture plastic (TCP) multi-well plates (125 μl/cm2) and left to dry overnight. Prior to culture, the coatings were decontaminated by rinsing three times in fresh 70% ethanol diluted with sterile dH2O for 30 min, and then rehydrated by incubation for 30 min in 35% ethanol, followed by three rinses in sterile PBS and two rinses in complete NP media [DMEM supplemented with 10% fetal bovine serum (FBS) and 1% penicillin/streptomycin (P/S)] prior to cell seeding.
2.4 Preparation of composite MCS ± DNP/COL hydrogel scaffolds
Composite methacrylated chondroitin sulphate (MCS) hydrogels incorporating DNP or COL particles were synthesized using previously-established photo-polymerization methods (Cheung et al., 2014). MCS was first synthesized through the methacrylation of chondroitin sulphate (50 kDa, LKT Laboratories Inc., St. Paul, United States) with methacrylate anhydride, following previously established protocols (Shridhar et al., 2017), to obtain a final degree of methacrylation of 17%, as confirmed by 1H NMR spectroscopy on an Inova 600 NMR spectrometer (Varian, United States) (Supplementary Figure 1).
MCS was added to PBS (for mechanical testing) or dH2O (for gel content analysis) at a concentration of 20% (w/v). The sieved cryo-milled DNP or COL particles were then added to the MCS pre-polymer solution at a concentration of 5% (w/v), selected based on pilot studies that demonstrated it was the highest concentration that could be reproducibly added without interfering with hydrogel crosslinking. The MCS pre-polymer solution was left to dissolve overnight under agitation (100 rpm) at 37°C. Immediately prior to crosslinking, Irgacure 2959 photo-initiator was dissolved in PBS (5 mg/ml) for 2.5 h, sterile filtered, and incorporated into the MCS pre-polymer solution at a final concentration of 0.05% (w/v). The pre-gel solutions were then transferred into 1 ml syringe molds (ThermoFisher Scientific Inc.), and photo-crosslinked for 2 min on each side (4 min total) through exposure to long-wavelength ultraviolet light (365 nm, intensity of 12 mW/cm2).
2.5 DNP characterization
2.5.1 Histology
To confirm decellularization and assess the presence and distribution of glycosaminoglycans (GAGs) and collagen, DNP and native NP tissue samples were fixed, paraffin-embedded, and sectioned at a thickness of 7 μm, prior to staining with either 4′,6-diamidino-2-phenylindole (DAPI), Toluidine blue (0.1%, Sigma), or Picrosirius red (1.3% picric acid and 0.1% direct red 80 (Sigma)), using previously established methods (Shridhar et al., 2019, 2020). DAPI staining was visualized using an EVOS FL fluorescence microscope (ThermoFisher Scientific Inc.), and Toluidine blue and PicroSirius Red staining were visualized using an EVOS XL Core microscope (ThermoFisher Scientific Inc., Burlington, Canada) and a Nikon Optiphot polarizing microscope (Nikon Instruments Inc., Melville, United States), respectively.
2.5.2 Immunohistochemical characterization of ECM composition
Immunohistochemical (IHC) staining was performed to assess the presence and distribution of ECM components within the minced DNP samples relative to native NP tissue controls. In brief, the samples were fixed and embedded in Tissue-Tek OCT compound (Sakura Finetek, Torrance, United States), snap frozen in liquid nitrogen, and cryo-sectioned (7 μm transverse sections). Tissue sections were fixed in acetone, blocked in 10% goat serum in Tris-buffered saline supplemented with 0.1% Tween (TBST), and incubated for 1 h at 4°C with primary antibodies diluted in TBST with 2% BSA against: collagen type I (1:100, ab34710, Abcam, Toronto, Canada), collagen type II (1:200, ab34712, Abcam), collagen type V (1:300, ab7046, Abcam), collagen type VI (1:300, ab6588, Abcam), fibronectin (1:150, ab23750, Abcam), laminin (1:200, ab11575, Abcam), or keratan sulphate (1:200, sc73518, Santa Cruz, Biotechnology). Detection was carried out with either a goat anti-rabbit IgG secondary antibody conjugated to Alexa Fluor 594 (1:200, ab150080, Abcam) or a goat anti-mouse IgG secondary antibody conjugated to Alexa Fluor 680 (1:200, ab175775, Abcam), in 2% BSA in TBST for 1 h at room temperature. Slides were mounted in fluoroshield mounting medium (Abcam). No primary antibody controls were included for all experiments. Images were acquired using a EVOS FL fluorescence microscope (Thermo Fisher Scientific Inc.).
2.5.3 Biochemical characterization of DNP and COL platforms
For biochemical analyses to quantitatively assess cell content, as well as retention of sulphated GAG (sGAG) and collagen content following decellularization, DNP and native NP samples were lyophilized and cryo-milled as described above without sieving, and then incubated in a digestion buffer comprised of 100 nM Na2HPO4, 5 mM EDTA, and 5 mM L-Cysteine in dH2O (pH 6.5) supplemented with 125 μg/ml of papain at 60°C for ∼18 h. dsDNA content was quantified using the Quant-iT™ PicoGreen® dsDNA kit (Invitrogen) according to the manufacturer’s instructions. sGAG and collagen content were quantified using the dimethylmethylene blue (DMMB) and hydroxyproline (OHP) assays, respectively, based on published methods (Martin et al., 2019). The resulting data was normalized to the initial dry mass of each sample. In addition, the DMMB and OHP assays were performed following similar methods to quantify the sGAG and collagen content in the sieved DNP and COL particles, as well as the DNP and COL coatings.
2.5.4 SEM analysis of DNP and COL particle and coating ultrastructure
SEM analysis was used to visualize the ultrastructure of the sieved and lyophilized DNP and COL particles, as well as the DNP and COL coatings, using established protocols (Shridhar et al., 2020). To visualize their interior structure, the DNP and COL coatings were scratched using a scalpel blade and then lyophilized. Briefly, the dry samples were coated with osmium prior to imaging with a LEO 1530 microscope at an accelerating voltage of 1–2 kV and working distance of 4–6 mm.
2.5.5 DNP and COL particle size analysis
To determine their particle size distributions, cryo-milled and sieved DNP and COL particle samples were analyzed using a Malvern Mastersizer 2000 (Malvern Instruments Ltd., Worcestershire, United Kingdom). In brief, ∼300 mg samples of the particles were rehydrated in dH2O and analyzed according to manufacturer’s instructions (Brown and Flynn. 2015).
2.6 Composite hydrogel characterization
Gel content analysis of the MCS ± DNP/COL hydrogels was performed to quantify the amount of the MCS pre-polymer that was incorporated into the hydrogel network and confirm that the ECM particles were not interfering with the crosslinking efficiency, following published protocols (Cheung et al., 2014).
In addition, unconfined compression testing was performed to compare the bulk compressive properties of the MCS ± DNP/COL hydrogels. To generate consistent scaffolds sized for mechanical testing, 110 μl cell-free single-phase (MCS only) and composite MCS + DNP/COL hydrogels were synthesized and photo-crosslinked individually within the syringe molds. Following photo-crosslinking, the hydrogels were equilibrated overnight in PBS at 37°C. Immediately prior to mechanical testing, the height and diameter of the hydrogels were measured using digital calipers, to confirm the samples had a height to diameter ratio of ∼1.5. Unconfined compression testing was carried out using a UniVert system (CellScale Biomaterials Testing, Waterloo, Canada) fitted with a 0.5 N load cell and a PBS bath maintained at 37°C. Samples were subjected to two pre-conditioning cycles to a maximum of 10% strain at a rate of 0.05%/s. The hydrogels then underwent four cycles of cyclic compression testing with a 0.01 N preload applied at the beginning of each cycle, and a maximum strain of 10% at a rate of 0.05%/s per cycle (Shridhar et al., 2019). Young’s moduli were calculated from the slope of the linear region of the nominal stress-strain curve, with the stress values at 7% and 10% strain being used as the boundary conditions.
2.7 2-D and 3-D cell culture studies
2.7.1 Primary bovine NP cell isolation and culture
Primary NP cells were isolated from bovine IVD tissues using previously published methods (Séguin et al., 2004). For each cell isolation, NP tissues were pooled from the five to six most proximal motion segments from two tails (female cows, 18–24 months of age). Isolated NP cells were seeded at an initial density of 25,000 cells/cm2 onto TCP dishes (ThermoFisher Scientific Inc.) and maintained in complete NP media (DMEM, 10% FBS, 1% P/S) at 37°C and 5% CO2. Cells seeded directly following isolation were designated as passage 0 (P0). Culture media was changed every 2 days and the cells were passaged at 85%–90% confluence (approximately 5 days).
2.7.2 Cell seeding/passaging on the DNP/COL coatings
Culture studies were performed using the DNP and COL coatings to assess whether culturing on the tissue-specific ECM could help to maintain the phenotype of NP cells serially passaged in monolayer culture. For these studies, NP cells (P0) were seeded at a density of 25,000 cells/cm2 on the DNP coatings, COL coatings, or uncoated TCP controls and cultured until the TCP cells reached ∼85% confluence (37°C, 5% CO2). The NP cells cultured on the ECM coatings were passaged by digesting the DNP or COL with 0.25% collagenase A in serum-free media (DMEM supplemented with 1% P/S) for 45 min at 37°C, with pipetting every 15 min. The TCP control cells were passaged using trypsin (Gibco). The isolated cells were centrifuged at 1,200 × g for 5 min, washed once in complete NP media, and then resuspended in complete NP media and re-seeded on their respective coatings at 25,000 cells/cm2. This process was repeated to generate cells from P0 to P3 for viability and gene expression analyses, described in detail below. Time in culture to target confluence was ∼5 days for P0 cells and ∼3 days for cells between P1 and P3.
Additional studies were performed to assess the ability of the DNP coatings to rescue the phenotype of de-differentiated NP cells. For these studies, samples of the bovine NP cells were serially passaged on TCP to passage 3 (P3) to generate the de-differentiated cells. Un-passaged (P0) or de-differentiated (P3) NP cells were seeded onto the DNP coatings, COL coatings, or uncoated TCP at a density of 25,000 cells/cm2 and cultured for 2 or 4 days (37°C, 5% CO2).
2.7.3 Cell encapsulation within the composite MCS hydrogels
3-D culture studies were performed to assess the effects of incorporating the tissue-specific ECM particles on the viability and phenotype of bovine NP cells encapsulated within the MCS hydrogels. Prior to cell culture, the MCS was decontaminated under UV light for 30 min and the DNP/COL particles were decontaminated in 70% ethanol overnight, followed by three successive 1 h rinses in PBS. For the studies, P0 or P3 NP cells were trypsin released, centrifuged (1,200 × g for 5 min) and resuspended in complete NP media at a concentration of 2 × 107 cells/ml. The NP cell suspension (20% v/v) was combined with the MCS pre-polymer solution (80% v/v), the samples were well mixed with an 18G needle, and crosslinking was performed as described above. The photo-crosslinked hydrogels were extruded from the syringe molds and cut into 50 μl sized scaffolds, each containing ∼1 × 106 NP cells. The hydrogels were cultured individually within low-adherence 12-well tissue culture plates (Sarstedt, Nümbrecht, Germany) in NP media at 37°C under 5% CO2.
2.8 LIVE/DEAD® cell viability characterization
Confocal imaging using a LIVE/DEAD® Viability/Cytotoxicity Assay (Invitrogen) was performed to assess the viability and distribution of cells on the 2-D and 3-D culture platforms, as previously reported (Shridhar et al., 2019). NP cells were imaged on the 2-D coatings or TCP controls from P0 to P3. Within the 3-D hydrogels, cells were imaged at 24 h, 72 h, 7 days, and 14 days post-encapsulation. Imaging was performed using a Zeiss LSM800 Confocal Microscope with Airyscan. Images were acquired at ×5 magnification using the tiling function and z-stack features to visualize the entire cross-section of each hydrogel at three to four depths, separated by 50 μm, starting at the surface of the gel.
2.9 RT-qPCR gene expression analysis
For the 2-D coating studies, the cells were collected in 1 ml PureZOL (Bio-Rad Laboratories, Mississauga, Canada) with the use of a cell scraper. For the DNP or COL coatings, the samples were sonicated three times using a Model 100 Sonic Dismembrator (ThermoFisher Scientific Inc.) in 3 s bursts. For the cells cultured within the MCS ± DNP/COL hydrogels for 24 h, 72 h, 7 days, or 14 days, four 50 μl hydrogels were pooled and placed into 2 ml of PureZOL (Bio-Rad). A microtube pestle was used to mechanical disrupt the hydrogels, followed by sonication ten times in 1 s bursts with the Model 100 Sonic Dismembrator.
Total RNA was extracted with the Aurum Total RNA Fatty and Fibrous Tissue kit (Bio-Rad), according to the manufacturer’s instructions. RNA concentration was determined using a NanoDrop 2000 spectrophotometer (ThermoFisher Scientific Inc.). Complimentary DNA was synthesized from 300 ng of RNA for the coating experiments, and 500 ng of RNA for the 3-D hydrogel experiments, using the iScript™ cDNA synthesis kit (Bio-Rad). Gene expression was analyzed by SYBR-based real-time qPCR using a Bio-Rad CFX-384 thermocycler. PCR reactions were run in triplicate, using 312 nM of forward and reverse primers, with 2x SsoFast EvaGreen Supermix (Bio-Rad). The PCR program consisted of the following: initial 2 min enzyme activation at 95°C, 10 s denaturation at 95°C, 30 s annealing/elongation at 60°C, for total of 45 cycles. Gene expression was calculated using the ΔΔCt method, normalized to expression of the housekeeping gene glyceraldehyde 3-phosphate dehydrogenase (GAPDH). Stability of GAPDH gene expression was validated prior to analysis (average Cq 22.3, min Cq 21.1, max Cq 23.5). All PCR primers were validated for efficiency and specificity, and sequences are displayed in Table 1. No template controls were included for all reactions.
TABLE 1 | RT-qPCR list of genes and primer sequences.
[image: Table 1]2.10 Statistical analyses
All numerical data are represented as mean ± standard deviation (SD), with replicate data points graphed individually. All statistical analyses were performed using GraphPad Prism 6 (GraphPad Software, San Diego, United States). A Kolmogorov-Smirnov test was done to compare the particle size distribution of the cryo-milled DNP and COL particles. The biochemical characterization data of DNP and NP was analyzed using a two-tailed unpaired Student’s t-test, while DNP and COL particles/coatings biochemical data were analyzed by one-way ANOVA. Gene expression levels of NP cells seeded on 2-D coatings or encapsulated within the 3-D hydrogels were compared between groups using two-way ANOVA with a Tukey’s post-hoc comparison of means. Differences with p < 0.05 were considered to be statistically significant.
3 RESULTS
3.1 The decellularization protocol effectively extracted cells from bovine nucleus pulposus while retaining ECM components
The first aim of this study was to develop and validate a protocol for NP decellularization, with the overall goal of enhancing removal of cell content while retaining ECM components including GAGs and collagens. The initial decellularization protocol tested was based on methods established for decellularizing porcine auricular cartilage, which were adapted from the literature (Graham et al., 2016) and involved an extended 10-day process including freeze-thaw cell lysis in a hypotonic buffer, treatment with the non-ionic detergent Triton-X100, and enzymatic digestion with DNase and RNase. Although the protocol was effective at extracting cells, histological staining revealed minimal retention of GAGs at the end of processing (Supplementary Figure 2). Based on this, the protocol was systematically altered, including investigating the effects of varying buffer conditions, treatment times, and ultimately the elimination of the detergent treatment step.
In brief, the finalized two-step protocol involved treating minced bovine NP tissue with a single freeze-thaw cycle in dH2O to lyse cells, followed by a 5 h enzymatic digestion in DNase and RNase (Figure 1A). DAPI staining showed a marked reduction in cell nuclei relative to the native tissue controls (Figure 1B). The imaging results were corroborated by the PicoGreen assay results, which demonstrated a significant reduction of ∼85% in dsDNA content following decellularization (Figure 1B). Toluidine blue staining verified that GAGs were retained throughout the processed tissues, although the staining intensity was reduced in comparison to the native NP samples (Figure 1C). Consistent with these findings, quantification through the DMMB assay indicated ∼45% retention of sGAG content following decellularization (Figure 1C). Picrosirius red staining revealed similar networks of interwoven collagen fibers in both the DNP and native NP samples, and the hydroxyproline assay confirmed there was no significant difference in the total collagen content between the groups (Figure 1D).
Following confirmation of decellularization, immunohistochemical staining was performed to further probe the ECM composition in the DNP relative to the native NP (Figure 2). Staining for collagen types I, II, V, and VI revealed similar staining intensities and spatial distribution patterns in the DNP compared to the native NP. Similarly, both laminin and fibronectin were qualitatively well retained following decellularization. Although the spatial distribution of keratan sulphate was similar in the DNP and native NP, a decrease in staining intensity was observed following decellularization, consistent with the reduced sGAG content in the DNP.
[image: Figure 2]FIGURE 2 | Immunofluorescence analysis confirms the maintenance of key NP ECM constituents following decellularization. Representative images showing the presence and distribution of collagen type I, collagen type II, collagen type V, collagen type VI, laminin, and fibronectin, with similar distribution patterns and staining intensities in the decellularized NP (DNP) and the native nucleus pulposus (NP). Keratan sulphate showed a similar spatial distribution pattern with qualitatively decreased staining intensity within the DNP relative to the native NP. Scale bars = 200 μm (N = 3).
3.2 Particles and coatings derived from DNP or COL are structurally and compositionally distinct
Based on our findings of efficient removal of cells and general maintenance of the ECM content in the DNP generated with our detergent-free decellularization protocol, we proceeded with developing and testing 2-D and 3-D biomaterial culture platforms that could be applied to assess the effects of the DNP on the in vitro culture and expansion of primary bovine NP cells. Platforms were also generated using commercially-available type-I collagen sourced from bovine tendons to compare the effects of a non-tissue-specific ECM control. As a first step in fabricating both biomaterial formats, the DNP and COL were cryo-milled and sieved through a 125 μm mesh to remove larger particles. Characterization using a Mastersizer system confirmed that >80% of the DNP and COL particles were less than 125 μm (Figure 3A), with average diameters of 60.34 ± 55.44 μm for the DNP particles and 83.84 ± 54.45 μm for the COL particles. There was no significant difference in the particle size distributions between the groups based on a Kolmogorov–Smirnov nonparametric test (p < 0.05) (Figure 3B). To generate the coatings, applying methods previously developed by our group (Shridhar et al., 2020), the particles were subsequently digested with α-amylase and homogenized in acetic acid.
[image: Figure 3]FIGURE 3 | DNP particles are compositionally and structurally distinct from DNP coatings. (A) Volume fraction of cryomilled DNP and COL particles showed that particles were predominantly less than 125 μm (N = 3). (B) Particle size distribution plots based on the Mastersizer analysis. There was no significant difference between the DNP and COL groups based on the Kolmogorov-Smirnov test (p < 0.05). (C) Scanning electron microscopy (SEM) of DNP or COL particles showed a distinct extracellular matrix ultrastructure as compared to their respective coatings. Images captured at ×5,000 magnification. Scale bars = 2 μm. (D) DMMB analysis of sGAG content showed a significant decrease in sGAG within the DNP coatings relative to the DNP particles, while both COL particles and coatings had negligible amounts. (E) Collagen content as measured by the hydroxyproline (OHP) assay, showed an increase in relative collagen content within the DNP coatings as compared to the DNP particles (N = 3, ***p < 0.001, ****p < 0.0001).
SEM analysis revealed that the DNP particles had a more open porous structure, with visible fibers observed, while the COL particles appeared more compacted with a smoother surface ultrastructure (Figure 3C). While the surface of both the DNP and COL coatings appeared smooth, imaging of the scratched region revealed that both had a multilayer internal structure, with the DNP coatings appearing to have larger gaps between the layers.
Biochemical quantification revealed a significant ∼4.2-fold reduction in relative sGAG content in the DNP coatings as compared to the DNP particles, indicating that the further processing resulted in a marked loss of GAGs (Figure 3D). No sGAG was detected in either the COL particles or coatings. In contrast, the hydroxyproline assay indicated a significant ∼1.4-fold increase in the relative collagen content in the DNP coatings as compared to the DNP particles, likely due to the dramatic reduction in GAG content observed (Figure 3E). Consistent with this interpretation, there was no significant difference in the hydroxyproline content between the COL particles and coatings.
3.3 DNP coatings provide a cell-supportive platform for cell expansion but do not alter the NP cell phenotype
Having generated the 2-D coating culture platform, we next assessed the effects of the ECM coatings on primary bovine NP cells over sequential passages. Since the cells on the coatings could not be visualized with brightfield microscopy, live cells were imaged using calcein-AM staining following 3 days in culture on the DNP and COL coatings, along with the TCP controls. All substrates were found to support primary NP cell attachment following serial passaging, although decreased cell density was consistently observed on the DNP and COL coatings as compared to cells cultured on TCP (Supplementary Figure 3).
To assess the effects of culture on the 2-D ECM coatings on the maintenance of the NP cell phenotype following serial passage in monolayer culture, RT-qPCR analysis was used to quantify the expression of NP-associated markers (KRT8, KRT19, SOX9), ECM genes (COL2A1, COL1A1, ACAN), and fibroblast-associated markers (ACTA2, FSP1). Similar to previous reports (Cui et al., 2012; Rosenzweig et al., 2017; Ashraf et al., 2020), our analysis demonstrated a robust decrease in the expression of NP-associated markers in primary cells over serial passage (P0–P3) on TCP (Figure 4, grey bars). Compared to primary (P0) NP cells cultured on TCP, primary (P0) NP cells cultured on DNP coatings showed significantly lower expression of the NP-associated markers KRT8, KRT19, and SOX9 - a change not induced by culture of P0 NP cells on COL coatings (Figure 4A). In general, culture of NP cells on either DNP or COL coatings did not significantly alter the expression of ECM genes compared to cells cultured on TCP, with the exception of ACAN which was significantly increased in P0 NP cells on COL coatings compared to P0 NP cells on either TCP or DNP coatings (Figure 4B). Lastly, although a generalized loss of NP-specific gene expression was noted in primary cells following serial passaging in 2-D on all substrates, this was not associated with increased expression of either ACTA2, a myofibroblast marker, or FSP1, a marker of activated fibroblasts (Figure 4C). These findings suggest that in vitro culture of primary bovine NP cells on DNP coatings did not promote the maintenance of the NP phenotype across serial passages when compared to cells cultured on TCP.
[image: Figure 4]FIGURE 4 | RT-qPCR gene expression analysis of serially passaged primary bovine NP cells grown in monolayer on tissue culture plastic or ECM coatings. Primary bovine NP cells (P0) were cultured in monolayer on tissue culture plastic (TCP), decellularized NP (DNP) coatings, or type I collagen (COL) coatings and serially passaged (P1-P3) on the same culture substrate. Gene expression analysis was performed to quantify expression of (A) NP-associated markers (KRT8, KRT19, SOX9), (B) ECM genes (COL2A1, COL1A1, ACAN), and (C) fibroblast markers (ACTA2, FSP1). Relative gene expression was determined using the ΔΔCt method normalized to expression of the housekeeping gene GAPDH, and expressed relative to P0 cells on TCP. Data is presented as mean ± SD (N = 3, p < 0.05, * indicates significant differences between culture conditions, # indicates significant differences within each condition relative to P0 cells).
To assess the short-term effects of the ECM coatings on primary NP cells and to determine if they could restore the phenotype of de-differentiated primary NP cells, late passage NP cells (passaged three times on TCP) or primary un-passaged (P0) NP cells were seeded onto TCP, DNP coatings or COL coatings, and gene expression was assessed after 2 or 4 days. Short term culture of P0 NP cells on 2-D coatings did not significantly alter the expression of NP-associated markers or ECM genes compared to P0 cells cultured on either TCP or COL; a significant increase in the expression of COL1A1 was however detected following 4 days of culture of P0 NP cells on DNP compared to cells cultured on TCP or COL coatings (Figures 5A,B). In general, culture of de-differentiated NP cells on ECM coatings did not reverse the loss of expression of NP markers associated with serial passage in vitro. The expression of KRT8, KRT19, and COL2A1 were significantly decreased in P3 cells at both time points compared to P0 cells, unaffected by culture on the ECM coatings. This was associated with a significant increase in the expression of COL1A1 in P3 NP cells on all coatings at 4 days compared to P0 cells (Figure 5B). The expression of SOX9 was significantly decreased in P3 cells cultured on both TCP and DNP at both time points compared to P0 cells (Figure 5A). While the expression of ACAN was decreased in P3 NP cells on all substrates at both 2 and 4 days compared to P0 cells, a moderate but significant increase was detected in P3 NP cells cultured on COL compared to those cultured on either TCP or DNP (Figure 5B). Lastly, decreased expression of NP-related genes was not associated with increased expression of fibroblast-associated markers in NP cells on ECM coatings (Figure 5C). Taken together, these findings suggest that culture of de-differentiated NP cells on the DNP coatings alone was unable to rescue the NP-specific phenotype, but that the ECM source used to generate the coatings impacted NP gene expression.
[image: Figure 5]FIGURE 5 | RT-qPCR gene expression analysis of primary bovine NP cells following short term culture in monolayer on tissue culture plastic or ECM coatings. Un-passaged (P0) and late passage (P3) primary bovine NP cells were seeded onto tissue culture plastic (TCP), decellularized NP (DNP) coatings, or type I collagen (COL) coatings. Cells were cultured in vitro for 2 days (2d) or 4 days (4d). Gene expression analysis was performed to quantify expression of (A) NP-associated markers (KRT8, KRT19, SOX9), (B) ECM genes (COL2A1, COL1A1, ACAN), and (C) fibroblast markers (ACTA2, FSP1). Relative gene expression was determined using the ΔΔCt method normalized to expression of the housekeeping gene GAPDH, and expressed relative to P0 cells on TCP at 2 days. Data is presented as mean ± SD (N = 3, p < 0.05, * indicates significant difference between culture conditions, # indicates significant difference within each condition relative to 2d).
3.4 MCS hydrogels containing DNP provide a cell supportive platform for NP cell culture but do not alter the NP cell phenotype
While culture on 2-D coatings was insufficient to maintain or rescue the phenotype of the cultured bovine NP cells, we postulated that the lack of observed bioactive effects of the DNP may be attributed to alterations in the ECM composition with the additional processing required to generate the coatings, as well as to the 2-D nature of the culture model. As such, our next step was to establish a 3-D culture platform that could be applied to encapsulate the bovine NP cells in combination with cryomilled DNP or COL particles (Supplementary Figure 4A). More specifically, we successfully fabricated composite MCS hydrogels incorporating 5% w/v ECM via UV-crosslinking that were stable in long-term culture. Gel content analysis indicated that the incorporation of the ECM did not interfere with the cross-linking process (Supplementary Figure 4B). Consistent with this interpretation, mechanical testing confirmed that there was no significant difference in the Young’s moduli between the three hydrogel groups (Supplementary Figure 4C).
Primary NP cells (P0 and P3) were encapsulated within the MCS + DNP or MCS + COL composite hydrogels, or MCS alone, to assess the capacity of the 3-D culture platforms to support NP cell viability up to 14 days in culture. Following encapsulation, P0 NP cells showed a uniform distribution throughout all hydrogels (Figure 6). In general, the MCS, MCS + DNP, and MCS + COL groups showed high cell viability across all timepoints assessed. Qualitative observations suggested a reduction in the number of viable cells present in the MCS group following 7 and 14 days of culture as compared to the MCS + DNP or MCS + COL groups. Notably, NP cell clustering was observed after 7 and 14 days in culture only within the MCS + DNP and MCS + COL hydrogels. These findings were consistent with those of P3 NP cells encapsulated within the composite hydrogels (Supplementary Figure 5), confirming that the platform supported the viability of the encapsulated bovine NP cells and suggesting that the cells were interacting with the cryomilled ECM.
[image: Figure 6]FIGURE 6 | Primary bovine NP cells remain viable following encapsulation and in vitro culture within MCS ± DNP/COL up to 14 days. Unpassaged P0 primary bovine NP cells were encapsulated within MCS, MCS + DNP or MCS + COL hydrogels, and cultured in vitro for 24 h, 72 h, 7 days, or 14 days. Representative confocal microscopy images were captured at each time point showing live cells stained with calcein-AM (green), dead cells with ethidium homodimer-1 (red), and auto-fluorescence of DNP and COL particles (blue). Images were captured at depths between 75–150 μm from the surface of each hydrogel construct. Scale bars = 200 μm. Images are representative of N = 3 individual cell preparations.
The effects of culture in the 3-D DNP-containing MCS hydrogels on the expression of NP-associated markers, ECM genes, and fibroblast-associated markers were assessed in primary un-passaged (P0) bovine NP cells up to 14 days of culture (Figure 7). Overall, the incorporation of the DNP or COL particles within MCS hydrogels did not significantly alter gene expression relative to the MCS alone at any timepoint investigated. In all 3-D cultures, primary NP cells showed a general decrease in the expression of NP-associated genes over time in culture. While a significant decrease in ACAN expression was only detected in MCS + COL hydrogels by 14 days in culture, a significant decrease in KRT19, SOX9, and COL2A1 expression was detected in NP cells within all three hydrogel groups by 14 days compared to baseline gene expression in MCS (24 h) (Figures 7A,B). In keeping with our findings on 2-D coatings, the expression of the fibroblast-associated markers ACTA2 and FSP1 remained unchanged over time in 3-D culture (Figure 7C).
[image: Figure 7]FIGURE 7 | RT-qPCR gene expression analysis of primary bovine NP cells encapsulated within MCS ± DNP/COL scaffolds and cultured in vitro up to 14 days. Unpassaged (P0) primary bovine NP cells were encapsulated within MCS, MCS + DNP, or MCS + COL hydrogels, and cultured in vitro for 24 h, 72 h, 7 days, or 14 days. Gene expression analysis was performed to quantify expression of (A) NP-associated markers (KRT8, KRT19, SOX9), (B) ECM genes (COL2A1, COL1A1, ACAN), and (C) fibroblast markers (ACTA2, FSP1). Relative gene expression was determined using the ΔΔCt method normalized to expression of the housekeeping gene GAPDH, and expressed relative to cells encapsulated within MCS at 24 h. Data is presented as mean ± SD (N = 3, p < 0.05, * indicates significant difference between culture conditions, # indicates significant difference within each condition relative to 24 h).
Lastly, to assess whether culture within the 3-D MCS + DNP hydrogels could rescue the phenotype of de-differentiated NP cells, late passage (P3) NP cells were encapsulated within the MCS, MCS + DNP, or MCS + COL hydrogels and cultured up to 14 days. To contextualize changes in gene expression, these data were assessed relative to baseline levels of gene expression in P0 NP cells (MCS only at 24 h). Similar to P0 NP cells, the incorporation of the DNP or COL particles did not significantly alter gene expression in P3 NP cells relative to the MCS alone at all timepoints (Figure 8). No significant change in the expression of the NP-associated markers or ECM genes was detected over time in culture within any of the hydrogel groups (Figures 8A,B). Compared to P0 NP cells at baseline (MCS only at 24 h), P3 NP cells showed a significant reduction in the expression of KRT8, COL2A1, and ACTA2 at all time points, unaffected by hydrogel composition. Expression of the fibroblast-associated markers ACTA2 and FSP1 were not altered over time in any of the hydrogel groups (Figure 8C). Taken together, these findings suggest that culture of primary NP cells within composite hydrogels containing DNP particles was not sufficient to prevent the loss of or restore the NP cell phenotype following in vitro cell culture.
[image: Figure 8]FIGURE 8 | RT-qPCR gene expression analysis of late passage primary bovine NP cells encapsulated within MCS ± DNP/COL scaffolds and cultured in vitro up to 14 days. Late passage (P3) primary bovine NP cells were encapsulated within MCS, MCS + DNP, or MCS + COL hydrogels, and cultured in vitro for 24 h, 72 h, 7 days, or 14 days. Gene expression analysis was performed to quantify expression of (A) NP-associated markers (KRT8, KRT19, SOX9), (B) ECM genes (COL2A1, COL1A1, ACAN), and (C) fibroblast markers (ACTA2, FSP1). Relative gene expression was determined using the ΔΔCt method normalized to expression of the housekeeping gene GAPDH, and expressed relative to P0 cells encapsulated within MCS at 24 h (dotted line indicated on graphs). Data is presented as mean ± SD (N = 3 p < 0.05).
4 DISCUSSION
Many in vitro studies involve the expansion of cells in 2-D on rigid tissue culture plastic substrates that are convenient for supporting cell attachment and proliferation, but substantially alter cell-cell and cell-ECM interactions as compared to the native cellular microenvironment, which can markedly affect cell function (Rubashkin, Ou, and Weaver 2014; Rosenzweig et al., 2017; Ashraf et al., 2020). Notably, monolayer culture of primary bovine NP cells on TCP results in loss of the NP phenotype with serial passaging, as measured by decreased NP-associated marker expression (Ashraf et al., 2020). Recognizing the cell-instructive capacity of the ECM, the primary goal of this study was to develop 2-D and 3-D culture platforms that mimic the complex ECM within the native nucleus pulposus. As a first step, a detergent-free decellularization protocol was established that involved subjecting minced bovine NP tissue to one freeze-thaw cycle in deionized water to promote cell lysis, followed by 5 h of digestion with DNase and RNase to remove residual nucleic acids that could cause an immunogenic response if the DNP was applied in vivo (Gilbert et al., 2009; Gilpin and Yang 2017). Due to the limited availability of healthy human NP tissue, previous studies have similarly validated decellularization protocols using bovine or porcine NP tissues (Mercuri et al., 2011; Fernandez et al., 2016; Illien-Jünger et al., 2016; Wachs et al., 2017). The NP from these species more closely resembles the cellular and ECM composition of the human NP as compared to other preclinical animal models such as the mouse or rabbit (Demers et al., 2004; Alini et al., 2008).
In healthy tissues, the NP ECM consists predominantly of proteoglycans [∼65% of the NP ECM dry weight (Hwang et al., 2014)] including aggrecan, enmeshed within an irregular network of collagen and elastin fibers (Adams and Roughley, 2006). Chondroitin sulphate and keratan sulphate are the most abundant GAGs found within the native NP (Adams and Roughley, 2006), which contribute to a net negative charge that promotes water influx into the tissues (Roughley, 2004). The high water content of the NP [∼80% of the total wet weight (Urban and Roberts, 2003; Hwang et al., 2014)] generates swelling pressure that is critical for maintaining the IVD height and proper transmission of compressive loads (Freemont 2009; Inoue et al., 2012). GAGs are also important for the bioactivity of the ECM, sequestering growth factors and bioactive molecules to increase their local concentration (Ramirez and Rifkin, 2003), as well as directly modulating numerous cell functions including proliferation, migration, and differentiation (Peloso et al., 2016).
Decellularization of the NP is challenging because the treatments required to remove cellular content often result in a marked loss of GAGs, shifting the resultant ECM to a more collagen-rich environment that could have substantially different effects on IVD cell types. In developing our detergent-free protocol, we spent a substantial amount of time exploring the effects of various treatment steps to establish a process that was reproducibly effective and that balanced removal of cellular content with preservation of GAGs. We found that protocol duration was an important factor in GAG retention, which has also been reported with other tissue types (Gilpin and Yang, 2017; Reginensi et al., 2020), with extended protocols including additional freeze-thaw cycles having limited benefit in further reducing cell content.
Our finalized protocol resulted in an ∼85% reduction in dsDNA content, while retaining ∼45% of sGAGs based on dry weight. For comparison, Illien-Jünger et al. (2016) reported an ∼85% reduction in dsDNA content with ∼15% retention of sGAGs with their optimized protocol for decellularizing bovine NP, which involved repeated freeze-thaw cycles, followed by tissue milling and treatment with sodium deoxycholate and DNase. Similarly, Fernandez et al. (2016) reported a ∼92% reduction in dsDNA content and ∼30% retained sGAG content with their most effective detergent-based protocol for bovine NP, involving treatment with Triton-X100, DNase, and RNase. Hensley et al. (2018) applied a combination of detergents, ultrasonication, freeze-thaw cycles, and digestion with DNase and RNase to decellularize intact bovine IVDs, showing an ∼84% decrease in DNA content coupled with ∼55% retention of sGAGs within the NP region. The enhanced preservation of GAGs may be related to their strategy of processing of the tissues with the annulus fibrosus intact, as it may have functioned as a barrier to reduce GAG loss. Further extending the whole tissue approach, Norbertczak et al. (2020) subjected bovine IVDs that included intact cartilaginous endplates to a decellularization protocol involving SDS treatment, freeze-thaw cycles, sonication, and DNase/RNase digestion. There was no significant reduction in DNA content in the decellularized NP compared to the native NP controls, indicating that NP decellularization was impeded by presence of the surrounding tissues. Safranin O staining showed a marked reduction in staining intensity in the NP following decellularization, while DMMB assay results showed greater sGAG loss in the outer regions of the IVD that were more effectively decellularized.
Importantly, our immunohistochemical characterization studies confirmed that the DNP generated with our protocol also contained multiple collagen types as expected based on the native tissue source (Roughley, 2004), with intense staining for collagen type II, which is the most abundant collagen type within the healthy NP [∼15%–20% of the NP ECM dry weight (Hwang et al., 2014)]. Moreover, the cell-adhesive glycoproteins laminin and fibronectin were retained, which may be favorable for mediating cell adhesion, viability, and other downstream responses (Francisco et al., 2013; Hwang et al., 2014). Given the well characterized structural heterogeneity of the native NP in terms of ECM fragmentation (Craddock et al., 2018), future studies will focus on assessing the integrity of the ECM within the DNP in the context of ECM integrity and biological activity.
Following the establishment of the decellularization protocol, our next objective was to apply our expertise in ECM-derived bioscaffold fabrication to integrate the DNP into customized platforms tuned for 2-D and 3-D cell culture. As a starting point, we adapted methods that we previously established using adipose-derived ECM to generate novel DNP coatings (Shridhar et al., 2020). ECM-derived coatings from a variety of tissues have previously been shown to guide cell attachment, proliferation, and lineage-specific differentiation (DeQuach et al., 2010; Rothrauff, 2017; Shridhar et al., 2020). In contrast to the common strategy of digesting the ECM with the proteolytic enzyme pepsin, our approach involves digestion with α-amylase and homogenization in acetic acid to create an ECM suspension with preserved collagen fibrils. Digestion with α-amylase cleaves carbohydrate groups in the collagen telopeptide regions and can destabilize collagen-glycoprotein complexes, enhancing dispersion of the collagen fibrils within the acetic acid and allowing for the creation of more homogeneous coatings (Shridhar et al., 2020). Our previous study comparing coatings generated with α-amylase-digested DAT versus pepsin-digested DAT showed that α-amylase digestion generated coatings that were softer, thicker and more stable, and that retained a fibrous tissue-like ultrastructure that was completely lost following pepsin digestion (Shridhar et al., 2020). A similar multi-layer fibrous ultrastructure was observed in the current study in both the DNP and collagen control coatings.
Both the DNP and COL coatings were shown to support cell attachment and growth, with serial passaging enabled through collagenase digestion. However, neither coating type was able to maintain the NP phenotype following serial passages based on gene expression analysis. More specifically, consistent with previous findings with primary NP cells cultured on TCP (Cui et al., 2012; Rosenzweig et al., 2017; Ashraf et al., 2020), we observed a reduction in the mRNA expression levels of the NP-associated markers and type II collagen with serial passaging on TCP and COL coatings. The increased expression of AGG we detected in P0 NP cells cultured on COL coatings compared to TCP is consistent with previous reports of increased proteoglycan synthesis in rabbit NP cells cultured on collagen coatings (Inoue et al., 2005). Of note, the expression of the NP-associated markers KRT8, KRT18, and SOX9 were reduced in P0 NP cells on DNP coatings compared to cells cultured on TCP and COL, demonstrating that the composition of the 2-D ECM coatings impacted cell phenotype. Additionally, the gene expression results indicated that the DNP coatings were unable to rescue the NP phenotype of de-differentiated P3 cells.
One possible limitation was that the further processing steps required for coating fabrication resulted in a significant reduction in GAG content relative to the DNP, with only ∼10% retention compared to the native NP tissues, which may have impacted the bioactivity of the coatings. In addition to the direct effects associated with loss of ECM proteoglycans, the loss of GAG content would indirectly impact additional factors, including the content of matricellular proteins and growth factors that serve as important biological regulators of the NP microenvironment (Bedore et al., 2014; Guerrero et al., 2021a). Moreover, we expect that the observed changes in ECM composition of the DNP within 2-D coatings would be associated with changes in both topography and stiffness of the coatings, which would alter the cellular response. In addition, we postulated that the 2-D nature of this platform may not have been favorable for maintaining the differentiated state, based on previous reports that culture of NP cells in 3-D is more effective at retaining the NP phenotype (Yuan et al., 2011; Guerrero et al., 2021b). One postulated factor that may be influencing this response is that NP cells can retain their rounded morphology when cultured in 3-D, while 2-D culture results in a spindle-shaped morphology (Yuan et al., 2011), as was observed in the current study.
As a next-step, we decided to investigate the response of the primary bovine NP cells encapsulated within 3-D MCS hydrogels incorporating DNP particles, which had significantly higher sGAG content as compared to the DNP coatings and were expected to promote a rounded NP cell shape. We selected MCS as it mimics the native proteoglycans of the NP, and have previously shown that high viability was maintained over 14 days in culture when human ASCs were encapsulated within the hydrogels, both with and without the incorporation of DAT or decellularized trabecular bone (DTB) particles (Shridhar et al., 2019). The addition of the DNP or COL particles at 5% w/v did not alter the crosslinking efficiency or bulk compressive properties of the hydrogels, supporting the application of the platforms specifically for exploring the effects of the ECM particles on the cellular response.
All three MCS hydrogel systems supported the viability of the encapsulated bovine NP cells. The composite MCS hydrogels incorporating the DNP or COL particles qualitatively contained a higher density of viable cells compared to the MCS only hydrogels following extended culture, consistent with our previous work that showed that the incorporation of DAT particles enhanced the retention of viable human ASCs encapsulated and cultured within the MCS hydrogels (Cheung et al., 2014). Cell clustering was observed at 7 and 14 days within the MCS + DNP and MCS + COL hydrogels, which we previously observed with the ASCs in the MCS + DAT composites (Cheung et al., 2014; Brown et al., 2015), suggesting that the ECM particles may have supported cell attachment. However, culture in the DNP- or COL-containing 3-D hydrogels did not prevent the loss of NP-associated gene expression in primary P0 cells observed over time in culture, nor restore the NP phenotype in de-differentiated P3 bovine NP cells.
One potential influencing factor is that the hydrogels were much stiffer than values reported for the native human NP of ∼5–25 kPa (Cloyd et al., 2007; Borrelli and Buckley 2020) and bovine NP of ∼6–19 kPa (Recuerda et al., 2011; Grenier et al., 2014). Notably, Gilchrist et al. (2011) demonstrated the importance of both ECM ligands and substrate stiffness on NP phenotype, with a more native NP morphology, enhanced cell-cell interactions, and augmented proteoglycan synthesis when porcine NP cells were cultured on soft (<720 Pa) ECM substrates that contained laminin. Further emphasizing the importance of mechanical properties, Xu et al. demonstrated that encapsulating rat NP cells within gelatin hydrogels of increasing stiffness resulted in increased cell de-differentiation (Xu et al., 2021). As such, the higher stiffness of the MCS hydrogels may have counteracted any beneficial effects of the DNP. In the future, it would be interesting to explore the cellular response within hydrogels that more closely mimic the native mechanical properties of the NP. The molecular weight of the chondroitin sulphate may have been another factor that influenced the cellular response based on the work of Jeong et al. (2014), whose biochemical assay results suggested that porcine NP cells cultured on the surface of hyaluronic acid (HA)-polyethylene glycol composite hydrogels synthesized with 27 kDa HA were undergoing de-differentiation, while those cultured on hydrogels synthesized with 59 kDa HA accumulated significantly more sGAG, although the mechanisms of these effects were unclear.
Strategies to enhance cell clustering within the hydrogels may be favorable for maintaining the NP phenotype within the hydrogels, mimicking the observed benefits of micromass cultures (Séguin et al., 2004; Gawri et al., 2017; Kushioka et al., 2019). Supporting this approach, Hwang et al. (2016) demonstrated that the formation of N-cadherin positive cell clusters was critical for maintaining the morphology, phenotype, and biosynthetic activity of human and porcine NP cells. Similarly, Spillekorn et al. (2014) showed that culturing canine notochord cells in native cell clusters within alginate hydrogels was favorable for retaining their phenotype in long-term culture.
While our culture models strive to mimic the native ECM composition, it is important to recognize that there are other factors within the cellular microenvironment that are key regulators of NP phenotype and function. While the ECM alone may be insufficient to maintain the differentiated phenotype of the bovine NP cells, it is possible that it could function synergistically with these other factors to have a beneficial effect. For example, while we previously observed only low levels of expression of adipogenic genes in the human ASCs cultured on the DAT coatings in proliferation medium, adipogenic gene and protein expression, as well as intracellular lipid accumulation, were significantly enhanced when the ASCs were cultured on the α-amylase-digested DAT coatings in adipogenic differentiation medium as compared to when the cells were cultured on α-amylase-digested COL coatings, pepsin-digested DAT or COL coatings, or TCP (Shridhar et al., 2020). Similarly, while there were no observed osteoinductive effects when the DTB particles were incorporated within the MCS hydrogels on encapsulated human ASCs, our previous findings support that the DTB had bioactive effects in modulating osteogenesis when combined with soluble factors within osteogenic differentiation medium (Shridhar et al., 2019). As such, supplementation of the medium with growth factors such as BMP-2 (Gilbertson et al., 2008), BMP-7 (Kawakami et al., 2005; Masuda et al., 2006; Wei et al., 2008), FGF-2 (Tsai et al., 2007), GDF-5, TGF-β1 (Henry et al., 2017) or TGF-β3, which have been shown to enhance NP cell survival and ECM synthesis (Ashraf et al., 2020), bioactive proteins such as CCN2 which has been shown to promote ECM synthesis in NP cells (Erwin et al., 2006), or SLRPs (e.g., biglycan or decorin) associated with enhanced survival and matrix synthesis in IVD progenitor cells (Chen et al., 2017), may help to maintain the NP phenotype in combination with the DNP and as such could be the focus of subsequent studies. In addition, it could be interesting to explore the effects of hypoxia, building from previous work that has shown that porcine NP cells better maintain their differentiated phenotype when cultured under 1% O2 as compared to atmospheric conditions (∼21% O2) (Jaworski et al., 2019). Finally, it would be interesting to explore the effects of mechanical stimulation on the phenotype of the NP cells encapsulated within our 3-D MCS hydrogels, which was also suggested by Priyadarshani et al. (2016), who similarly observed decreased expression levels of the NP-associated genes SOX9, ACAN, and COL2A1, coupled with increased expression of COL1A1, following long-term culture of human NP cells within type II collagen-HA composite hydrogels.
5 CONCLUSION
In the current study we successfully established a reproducible detergent-free decellularization protocol for bovine nucleus pulposus, and successfully integrated the DNP within novel 2-D and 3-D culture platforms. While the ECM alone was insufficient for maintaining the mature bovine NP phenotype based on analysis of gene expression, both platforms were shown to support cell viability in culture and further investigation of their utility is warranted to assess their potential as tissue-specific cell culture platforms for NP regenerative applications. Building from this work, it would be interesting to assess the phenotypic response at the protein level using techniques such as western blotting, ELISA, or immunohistochemistry, to see if there may be differences in matrix synthesis or secretion that were not detected at the gene expression level. Furthermore, it would be worthwhile to investigate alternative cell sources such as bone marrow-derived mesenchymal stromal cells (MSCs), adipose-derived stromal cells, or induced pluripotent stem cells (iPSCs), to see if the ECM could be harnessed within strategies to drive their lineage-specific differentiation towards an NP phenotype.
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Stable human cartilage progenitor cell line stimulates healing of meniscal tears and attenuates post-traumatic osteoarthritis
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Meniscal tearing in the knee increases the risk of post-traumatic osteoarthritis (OA) in patients. The therapeutic application of tissue-specific mesenchymal progenitor cells is currently being investigated as an emerging biologic strategy to help improve healing of musculoskeletal tissues like meniscal fibrocartilage and articular hyaline cartilage. However, many of these approaches involve isolating cells from healthy tissues, and the low yield of rare progenitor populations (< 1% of total cells residing in tissues) can make finding a readily available cell source for therapeutic use a significant logistical challenge. In the present study, we investigated the therapeutic efficacy of using expanded cartilage-derived and bone marrow-derived progenitor cell lines, which were stabilized using retroviral SV40, for repair of meniscus injury in a rodent model. Our findings indicate that these cell lines express the same cell surface marker phenotype of primary cells (CD54+, CD90+, CD105+, CD166+), and that they exhibit improved proliferative capacity that is suitable for extensive expansion. Skeletally mature male athymic rats treated with 3.2 million cartilage-derived progenitor cell line exhibited approximately 79% greater meniscal tear reintegration/healing, compared to injured animals that left untreated, and 76% greater compared to animals treated with the same number of marrow-derived stromal cells. Histological analysis of articular surfaces also showed that cartilage-derived progenitor cell line treated animals exhibited reduced post-traumatic OA associated articular cartilage degeneration. Stable cell line treatment did not cause tumor formation or off-target engraftment in animals. Taken together, we present a proof-of-concept study demonstrating, for the first time, that intra-articular injection of a stable human cartilage-derived progenitor cell line stimulates meniscus tear healing and provide chondroprotection in an animal model. These outcomes suggest that the use of stable cell lines may help overcome cell source limitations for cell-based medicine.
Keywords: meniscus repair, cartilage progenitor cell, stem cell, progenitor cell, cartilage, PTOA, regenerative medicine, rodent model
INTRODUCTION
The menisci are crescent shaped fibrocartilaginous tissues (Makris et al., 2011) that help to distribute axial load and provide knee joint stability (Fox et al., 2012). Meniscus injuries account for up to 20% of total knee injuries in young athletes, for whom the most sophisticated epidemiological data exist (Cameron et al., 2017; Kennedy et al., 2020). Specifically, meniscus tearing is one of the most common knee injuries occurring in 6—8% of active young adults annually in the U.S. (Baker et al., 1985; Jones et al., 2012) and it results in increased incidence rate of osteoarthritis (OA) (Englund et al., 2009). Tears compromise the ability of the meniscus to distribute loads in the joint, increasing cartilage-cartilage stresses, and starting a degenerative cascade. These injuries are treated clinically by arthroscopic surgical resection or suture repair, based on the nature and extent of tearing. However, due to the relatively hypovascular and hypocellular nature of meniscal fibrocartilage, its intrinsic healing capacity is limited, which is reflected in a high reoperation rate after meniscal repair of 16.5%–20.7% (Paxton et al., 2011). For these reasons, better stimulation of meniscal fibrocartilage healing could reduce reoperation and post-traumatic OA (PTOA) progression.
Mesenchymal progenitor cells derived from healthy articular cartilage, herein referred as CPCs, are a small subset of cells that are highly proliferative, chondrogenic, and migratory (Dowthwaite et al., 2004; Seol et al., 2014; Jayasuriya and Chen, 2015; Jayasuriya et al., 2016), making them a potentially useful resource for biologic cell therapy and cartilaginous tissue engineering applications (McCarthy et al., 2012; Seol et al., 2014; Bilgen et al., 2018; Park et al., 2020). Further, they are resistant to cellular hypertrophy and terminal differentiation (McCarthy et al., 2012; Twomey-Kozak et al., 2020), unlike mesenchymal progenitor/stem cells from bone marrow and osteoarthritic (diseased) cartilage tissue (Jayasuriya et al., 2018; Hu et al., 2019; Liu et al., 2020). We have recently demonstrated the efficacy of using stable CPC lines, either as such or in a collagen coated hydroxypropyl cellulose scaffold, to stimulate meniscus injury repair in rat and human ex-vivo organ culture model systems, respectively (Jayasuriya et al., 2019; Newberry et al., 2020).
In this study, we sought to validate our previous ex-vivo findings using a live animal model. To this end, our objective was to test the efficacy of intraarticularly injecting CPCs as a biologic cell therapy in order to accelerate healing of a meniscal tear injury in live rats. In particular, we hypothesized that CPC injections would accelerate meniscal healing and reduce the progression of PTOA. We opted to use one of the four previously generated and characterized stable CPC lines (CPCL3) for this purpose, considering the low natural abundance of primary CPCs in healthy articular cartilage (Jayasuriya et al., 2019). Our motivation was to report on the therapeutic efficacy of using this abundant and expandable CPC source for cartilaginous musculoskeletal tissue repair.
MATERIALS AND METHODS
Isolation and generation of human progenitor cell lines
The stable CPC line (CPCL3) used in this study was generated previously (Jayasuriya et al., 2019). A stable BM-MSC line (BM-MSCL) was generated in the same way by infecting with pRetro-E2 SV40 (Applied Biological Materials, Inc., Richmond, BC, Canada) according to the manufacturer. Primary CPCs (P-CPCs) were isolated from the non-arthritic articular cartilage of three different patients: 15-year, 18-year and 42-year-old, undergoing arthroscopy, with an approval from the IRB of Rhode Island Hospital (committee number 0070–17). Cartilage was diced followed by enzymatic tissue digestion using Pronase (Roche, Indianapolis, IN; 2.0 mg/ml in HBSS) and Collagenase type IA (Sigma-Aldrich, St. Louis, MO; 1.0 mg/ml in HBSS), similar to previously described method (Jayasuriya et al., 2019). P-CPCs were enriched by fibronectin adhesion (Williams et al., 2010; Jayasuriya et al., 2019) and adherent cells were cultured in Dulbecco’s Modified Eagle’s Medium supplemented with 10% Fetal Bovine Serum (FBS), 1% Pen Strep, 100 mM HEPES, 2 mM l‐glutamine, 0.1 mM ascorbic acid, 0.1 mM sodium pyruvate, and 2.7 μM l‐glucose (DMEM++) media and used for experiments as P-CPCs. Human Bone Marrow Mesenchymal Stem Cells (BM-MSCs) were purchased from American Type Culture Collection (ATCC) (PCS-500–012). Both BM-MSCL and CPCL3 were cultured and expanded in DMEM++ media for experiments conducted throughout this study.
Cell surface marker analysis
Cell surface marker analysis was performed to compare primary cells to stable cell lines. Cell suspensions were stained with antibody pre-conjugated with dye. CD90-FITC/PE (catalog # 130-114-901/130-114-902), CD54-PE (catalog # 130-120-780), CD49e-PE (catalog # 130-10-590), CD166-APC (catalog # 130-104-164), CD105-APC (catalog # 130-099-125), and IgG isotype-FITC/PE/APC controls (catalog # 130-113-761/130-113-762/130-113-758) from Miltenyi Biotec Inc., Auburn, CA. were used according to manufacturer’s protocol. Cells were washed in 5 ml of 1X PBS, spun down in a centrifuge at 300 g and resuspended in 100 μl of buffer (1X PBS, 0.5% Bovine Serum Albumin). Pre-conjugated antibody (10 μl) was added to the cell buffer and incubated in the dark at 4°C for 10 min. Flow cytometry was performed using an LSRII flow cytometer (BD Biosciences, Franklin Lakes NJ), and data were analyzed using FlowJo, Version10.7.2, (BD Biosciences, Franklin Lakes, NJ).
RNA expression analysis
Messenger RNA (mRNA) expression was quantified using real-time quantitative polymerase chain reaction (RT-qPCR). Total mRNA was isolated from cells via MagMAX™-96 for Microarrays Total RNA Isolation Kit (Thermo Fisher Scientific, Waltham, MA), according to manufacturer’s protocol. mRNA was reverse transcribed into cDNA using iScript cDNA Synthesis Kit (Bio-Rad, Hercules, CA), according to manufacturer’s protocol. RNA levels were calculated using the delta delta Ct (ΔΔCt) method and normalized to beta-actin, housekeeping gene. X = 2 -∆∆Ct, in which ∆∆Ct = (Ct Exp target gene–Ct Exp housekeeping gene)—(Ct Ctl target gene–Ct Ctl housekeeping gene) and X = Relative transcript; Ct Exp = Ct of experimental group, Ct Ctl = Ct of control group. Data obtained from the three patient derived primary CPCs were pooled in order to compare their mRNA profile to that of CPCL3. Primer sequences used to test each gene are listed in Table 1.
TABLE 1 | List of forward and reverse primers, in 5’ to 3’ orientation, used for Real-Time Quantitative PCR. NCBI accession identification numbers of target sequences are included for each primer pair.
[image: Table 1]Cell proliferation analysis
Cell proliferation assay was used to measure rates of proliferation between primary cells and cell lines. Cells were cultured for 48 h, and cell proliferation was measured using Click-iT™ Plus EdU Alexa Fluor™ 488 Flow Cytometry Assay Kit (Thermo Fisher Scientific, Waltham, MA), according to manufacturer’s protocol. Cells (5.0 × 105) were stained with EdU for 2 h, fixed and then analyzed using Flow Cytometry. Data was analyzed using FlowJo.
Rodent meniscus injury model and treatment
All procedures used in this study were approved by the Institutional Animal Care and Use Committee (IACUC) of Rhode Island Hospital (committee number 0190–16). Skeletally mature male athymic RNU rats (12–15 weeks of age) were allowed to acclimate for 1 week prior to the surgery. Animals were anesthetized with isoflurane (3–5%) and the right knee was shaved and prepped thrice with surgical scrub followed by 70% alcohol. Pre-operatively, animals received cefazolin (20mg/kg) via intra-muscular injection as a prophylactic antibiotic and sustained release buprenorphine (1.2 mg/kg body weight) via subcutaneous injection to provide 72 h of analgesia. A medial side parapatellar arthrotomy was performed (by blunt dissection to minimize bleeding) on the right knee joints until the outer rim of the medial meniscus was exposed. Starting from the back rim of the medial meniscus, a full thickness 1.0 mm tear spanning from the red-red zone to the red-white zone was made using a micro scissor. The meniscus was left partially torn, and we ensured that it was not completely separated into two independent pieces. After the meniscal injury was induced, the synovial capsule was closed using 4–0 sutures, followed by muscle closure, and finally skin closure. VetBond skin glue was applied topically on the skin as an additional measure to close the wound site. Post-operatively, rats were housed two per cage and were permitted to bear weight as tolerated. Intra-articular injections of the CPCL3 or BM-MSCL treatments (1.6 × 106 of cells in 50 µL sterile PBS), were administered twice, at Week 1 and Week 4 post-surgery, through the patellar tendon into the joint space. We selected to inject 50 µL because studies have shown that up to 100 µL can be injected into the knee joints of rats (Yang et al., 2015; Fan et al., 2018). Administered cells were fluorescently labelled with Vibrant CM-Dil Cell-Labeling (Cat: V22888, Thermo Fisher Scientific, Waltham, MA) solution according to the manufacturer’s instructions. The control group was administered with only the vehicle (50 µL of sterile PBS). Animals were euthanized 7-week following surgery for the postmortem analysis of relevant tissues.
Human DNA analysis
Athymic rats were euthanized 7 weeks after surgery and their organs (kidney, lungs, liver, spleen, and brain) were harvested and frozen immediately. These tissues were weighed and homogenized by Proteinase K digestion using DNeasy Blood and Tissue kit (Qiagen, Hilden, Germany), and DNA was isolated using the provided mini spin column according to the manufacturer’s protocol. DNA was then quantified spectrophotometrically and used as template for PCR amplification of the human mitochondrial cytochrome B gene. Primer sequences for the gene product were obtained from Matsuda et al., 2005 (Matsuda et al., 2005). Amplified product was subjected to agarose gel electrophoresis and bands were observed under the UVP Bio-Doc Transilluminator.
Histology analysis
Seven weeks following surgery, athymic rats were euthanized, and their medial menisci, femoral condyles and tibial plateaus were harvested, and fixed in 10% Neutral Buffered Formalin followed by decalcification and processing. Samples were sectioned at 4 µm in transverse plane for histological assessment of the meniscus and in parasagittal plane for articular cartilage. Menisci were stained with Saf-O/Fast Green and adjacent sister sections (collected approximately every 150 µm) were stained with DAPI. Femoral condyle and Tibial Plateau were stained with Saf-O/Fast Green. Scoring of the femoral condyle and tibial plateau was conducted using Modified Mankin scoring. Histological scoring was performed independently by two different graders that were blinded to the animal identifier and their respective surgical treatment group. Their mean scores were used for analysis.
Statistical analysis
Statistical analysis was conducted using SAS version 9.4 (SAS Institute Inc., Cary, NC). Generalized linear models were used to compare all outcome measures between experimental conditions. Raw cycles-to-threshold of the synovial RT-qPCR were analyzed using a generalized linear model (GLM) with a Gaussian distribution and log link function, normalizing to the housekeeper gene within the model. The standard 2-to-the-negative-delta-delta formula was applied to the means and confidence intervals of relevant effects for presentation as normalized fold differences. GLM with a binomial distribution and logit link function was used to examine differences in Mankin score between experimental conditions and broken menisci while GLM with a Gaussian distribution and log link function was used to examine differences in the quantified size of defect area between experimental conditions. In the defect area analysis for the quantification of the size of the defect area was operationalized in two ways. In the first operationalization, animals in the 0-week control group, which were used to determine the reproducibility of the tear size, and animals with broken tears were excluded from the analysis since 7-week follow-up period was not collected for this set. In the second operationalization, 0-week control group was again excluded for the same reason and additionally, the missing value for the animals with broken tears was replaced with a variable that was 20% more than the maximum open area observed in the study. In all models, pairwise comparisons between experimental conditions were conducted within the GLM via orthogonal contrasts. The Holm test was used to protect against multiple comparisons and maintain a two-tailed familywise alpha of 0.05. Classical sandwich estimation was used to protect against possible model misspecification. Error bars in figures represent +1 standard deviation (SD) of the mean.
RESULTS
Stable human mesenchymal progenitor cell lines maintain same cell surface marker profile as primary cells
In order to test the in vivo efficacy of treating meniscus tears with CPCs, we utilized the human cartilage progenitor cell line 3 (CPCL3), which was first reported for its ability to stimulate meniscal tear reunion, in explant culture (Jayasuriya et al., 2019). In the present study, we generated a human BM-MSC cell line (BM-MSCL) to which the in vivo repair efficacy of CPCL3 can be compared. We decided to use BM-MSCs as our control because they are among the most commonly studied progenitor populations that are used in pre-clinical investigations of cell-based musculoskeletal tissue repair. BM-MSCL was created using retroviral gene transfer of Large T antigen, which is the same procedure used to generate CPCL3. Flow cytometry results indicating the cell surface marker profiles of CPCL3 showed no notable differences from primary cells, suggesting that it exhibits phenotypic stability during monolayer culture expansion (Figure 1).
[image: Figure 1]FIGURE 1 | Side-by-side comparison of the cell surface marker profiles of the stable CPC line (CPCL3) and primary CPCs. Cell surface marker expression rates of (A) Fibronectin, (B) Thy-1, (C) Endoglin, (D) ALCAM, and (E) ICAM1 in CPCL3 and three primary CPC cell sources. Primary CPCs were independently collected and analyzed from three different individuals: 15-, 18-, and 42-years-old patients with no signs of degenerative joint diseases, such as osteoarthritis or rheumatoid arthritis. The empty peaks represent isotypic controls, for reference. Percent values indicated in the graphs represent positive staining rate, above isotype control, for each individual CD marker.
First, we confirmed the presence of cell surface fibronectin receptor (CD49e), which is a selection criterion for progenitor cells in cartilage (Williams et al., 2010). CPCL3 and primary CPCs derived from three females (15, 18, and 42 years old) showed ≥ 94% positivity for CD49e cell surface expression. Next, we analyzed mesenchymal progenitor cell associated markers Thy-1 (CD90), Endoglin (CD105) and ALCAM (CD166) as well as chondrocyte associated marker ICAM1 (CD54). CD90 showed positive expression in >50% of the cells constituting the stable CPC line, as previously reported (Jayasuriya et al., 2019; Twomey-Kozak et al., 2020), and in the primary CPCs isolated from all three patients. CD105 and CD166 were expressed in ≥ 95% of the stable CPC line and all tested primary CPCs. Chondrocyte associated marker ICAM1 (CD54) (Kienzle and von Kempis, 1998; Lee et al., 2009) was also highly expressed in all CPCs tested (≥93%).
Cell surface marker profiling of BM-MSCL was also performed and compared to that of primary BM-MSCs (Supplementary Figure S1). Results showed that the stable line exhibited no significant deviations in all tested markers (CD49e, CD54, CD90, CD105, and CD166) suggesting that BM-MSCL is phenotypically stable and does not deviate from its primary counterpart, with regards to its cell surface marker profile.
Stable CPCs exhibit lower collagen expression but higher SOX9 expression and elevated proliferation capacity than primary CPCs
Gene expression profiling of master chondrogenesis regulator SOX9 and collagens, which are central to the fibrocartilage extracellular matrix network composition, was performed via RT-qPCR in the stable cell lines and primary cells. The stable CPC cell line exhibited higher basal SOX9 expression compared to that of primary CPCs (Figure 2A), and lower expression of type II and I collagen (COL2A1, COL1A1) (Figures 2B,C). Primary CPCs expressed approximately a 6-fold increase in COL2A1 and a 2.5-fold increase in COL1A1, relative to CPCL3. BM-MSCL was also compared to primary BM-MSCs with regards to the expression of these key mediators of cartilage and fibrocartilage ECM synthesis. We found that primary BM-MSCs exhibited a 4-fold increase in SOX9 over BM-MSCL (Supplementary Figure S2A). Primary BM-MSCs expressed approximately an 8-fold increase in COL2A1 (Supplementary Figure S2B) and a 2.5-fold increase in COL1A1, relative to BM-MSCL (Supplementary Figure S2C).
[image: Figure 2]FIGURE 2 | Comparison of chondrogenic marker expression and cell proliferation capacities of CPCL3 and primary CPCs. Fold differences in the mRNA expression of (A) SOX9, (B) type 2 collagen (COL2A1), and (C) type 1 collagen (COL1A1) between primary CPCs and the stable CPC line, CPCL3. N ≥ 4 per group. ****, p ≤ 0.0001. (D) Cell proliferation assay results showing the proportion of proliferating cells in CPCL3 cultures and primary CPC cultures obtained from three different patients.
The cell proliferation capacities of CPCL3 and BM-MSCL was compared to that of their primary cell counterparts, respectively. Primary CPCs and BM-MSCs show a reduced proliferation capacity following in vitro monolayer culture expansion, in comparison to the stable cell lines and measured by EdU cell proliferation analysis using flow cytometer (Figure 2D, Supplementary Figure S2D). Among analyzed CPCL3 cultures, the proportion of cells that stained positive for EdU was 53.4%, whereas primary CPCs ranged from 9.96—14.7% (Figure 2D). BM-MSCL cultures contained 37.5% of cells that stained positive for EdU, while only 2.6% of primary BM-MSCs stained positive (Supplementary Figure S2D).
Intra-articular injection of stable human cartilage-derived progenitor cells accelerate healing of a meniscal injury in athymic rats
To test our hypothesis that CPCs can accelerate meniscus tear repair in live animals, we implemented a medial meniscus tear model in RNU nude rats. A 1.0 mm radial tear was surgically created in the medial meniscus of the right hind limb, making sure that this injury did not sever the meniscus into two separate pieces (Figure 3A). Animals received an intra-articular injection of either CPCL3 (group 1), BM-MSCL (group 2), or saline alone (vehicle control, group 3). Cell treatments were divided into two separate injections (1.6 × 106 cells each) administered at Week 1 and Week 4, post injury. All animals were euthanized 7 weeks post-injury and the medial menisci from the surgical knee was carefully excised for analysis. All meniscal samples were fixed in their neutral resting position on a flat surface to prevent contortion of the injury site prior to embedding for sectioning. Samples were then uniformly sectioned along the transverse plane to reach the widest region, which allowed assessment of the extent of injury with respect to the total width of the meniscus.
[image: Figure 3]FIGURE 3 | Intra-articular injection of CPCL3 following meniscus tearing stimulates fibrocartilage restoration and healing. (A) A radial tear was created in the outer third of the medial meniscus of skeletally mature athymic rats as shown in the diagram. Histology of meniscus tears 7 weeks following treatment with (B) CPCL3, (C) BM-MSCL, or (D) saline vehicle alone is shown. Left panels show sections stained with Safranin O/Fast green, while fluorescence imaging panels represent a sister section taken ∼150—300 µm away from the aforementioned section that has been stained with Dapi. Rightmost fluorescent panels are higher magnification images of the select area inscribed by the dotted line in the Dapi stained image. Nuclei of all cells (both native meniscus cells and injected cells) are stained with Dapi (blue). In the cell treatment groups, a total of 3.2 million fluorescently labeled cells (red) were injected into the joint capsule following meniscus injury. (E) Open areas remaining within the meniscal tear channel was quantified by image analysis and compared across experimental groups. A 0-week control group was used to determine the open area of the meniscal tear before healing, or further tearing due to the in vivo environment, can take place. Data points above the dotted line indicates menisci that were broken in two at the time of harvest. Representative images in panels B, C and D were not obtained from these broken menisci samples. Scale bars represent 400 µm. N ≥ 8 per group. ***, p ≤ 0.005.
Histology sections were used to qualitatively visualize the injury/repair site (Figures 3B–D). Outcomes revealed that none of the animals in the CPCL3-treatment group had medial menisci that were broken into two separate pieces upon harvest, whereas 36.4% of rats in the vehicle control group, and 16.7% in the BM-MSCL treatment group were, suggesting that the injury worsened over time in these animals (Table 2). Moreover, we quantified the remaining open area of the meniscal tears, in each experimental group (Figure 3E). Four animals were euthanized immediately following meniscal injury (at 0 weeks), to measure the open area of the injury immediately after it was created. This was done for two reasons: 1) To quantify the initial size of the injury before it has had a chance to heal or become worse with knee usage; 2) To validate the reproducibility of the tear size from one surgery to the next. Outcomes showed that the extent of tissue reunification at the tear site was greatest in the CPCL3-treatment group, because it exhibited the least average open area. Since it is not possible to measure the exact open area in a completely severed meniscus, specimen that were found to have separated into two pieces were interpreted to have 20% larger open area than the largest unsevered meniscus that was observed in the study. We did this because it is a conservative adjustment that allows for the incorporation of these important outcomes into our quantitative analysis.
TABLE 2 | Prevalence of broken medial menisci by treatment condition. The prevalence of broken medial menisci differed by treatment condition. The saline control group experienced significantly more broken defects than the CPCL3-treated group (36.4% vs 0%, p < 0.0001). There were no statistically significant differences in the prevalence of broken menisci in the saline control compared to BM-MSCL group (p = 0.30).
[image: Table 2]Posttraumatic cartilage degradation is significantly reduced following CPC treatment of meniscal tears
Articular surfaces of the injured and treated knees were inspected for signs of degradation resulting from the meniscal injury (Figures 4A–C). Independent blinded histopathology assessment was performed on the medial femoral condyles and medial tibial plateaus using a modified Mankin scoring system (Figures 4D,E). Mean femoral condyle scores showed that CPC-treated group exhibited improvement over the BM-MSCL-treated group and the saline control group. Tibial plateau scoring results indicated a significantly lower average Mankin score in the CPC-treated group compared to the vehicle alone control group, as well as the BM-MSCL-treated group, suggesting improvements in cartilage integrity in the CPC-treated animals. Relative basal mRNA expression of OA-associated proteinases MMP2, MMP13, ADAMTS4, and ADAMTS5 was compared between CPCL3 and BM-MSCL (Figure 5). MMP2, MMP13, and ADAMTS4 were significantly downregulated in CPCL3, suggesting that this reduction in catabolic enzyme production too may be a contributing factor to the difference in OA severity observed between these two treatment groups. Taken together with our previously published data demonstrating that SOX9 is upregulated in CPC lines compared to BM-MSCs (Jayasuriya et al., 2019), this suggests that CPCs are more anabolic and less catabolic than BM-MSCs, which may contribute to their improved efficacy for stimulating meniscus repair and preventing cartilage degradation.
[image: Figure 4]FIGURE 4 | Animals with meniscus tears that were treated by intra-articular injection of CPCL3 exhibit reduced post-traumatic cartilage degeneration. The knee articular cartilage from the medial compartment of each knee that was subjected to a medial meniscus injury were sectioned and stained with Safranin O/Fast Green to visualize the extent of cartilage erosion. Staining of the medial femoral condyles and tibial plateaus of (A) CPCL3-treated, (B) BM-MSCL-treated, and (C) vehicle alone treated animals are shown. Both BM-MSCL-treated and vehicle alone treated animals show severe proteoglycan loss, indicated by diminished red staining in comparison to CPCL3-treated animals. Scale bars represent 500 µm. (D) Average modified Mankin scoring results of medial femoral condyles and (E) medial tibial plateaus of each experimental group are shown. N ≥ 8 per treatment group. **, p ≤ 0.01.
[image: Figure 5]FIGURE 5 | CPCL3 exhibits significant reduction in OA-associated catabolic enzyme expression, relative to BM-MSCL. Relative mRNA expression of collagenases and aggrecanases were compared between CPCL3 and BM-MSCL. Expression of MMP2, MMP13, and ADAMTS4 are all elevated in BM-MSCL, while only ADAMTS5 remained expressed at a comparable level between CPCL3 and BM-MSCL. N = 5 per group. ****, p ≤ 0.0001.
DISCUSSION
Cell-based meniscus repair strategies are currently being investigated using several musculoskeletal tissue specific mesenchymal cell sources; including progenitors derived from meniscus tissue itself, as well as synovium, adipose, and cartilage (Muhammad et al., 2014; Seol et al., 2017; Sun et al., 2020; Twomey-Kozak and Jayasuriya, 2020; Trivedi et al., 2022). CPCs are a promising cell-type for musculoskeletal tissue engineering applications given their inherently high chondrogenicity, propensity for colony formation, and resistance to chondrocyte hypertrophy (Dowthwaite et al., 2004; Fickert et al., 2004; Williams et al., 2010; McCarthy et al., 2012; Vinod et al., 2020). Further, these cells can be extracted from an available cell source (non-loadbearing cartilage), which is currently what is used for autologous chondrocyte implantation (ACI) (Ossendorf et al., 2011). However, a logistical hurdle for implementing these cells for therapy is their low natural abundance and the need to obtain sufficient expendable healthy cartilage tissue from which they can be extracted. Further, what little primary CPCs can be extracted from cartilage must undergo in-vitro expansion to obtain sufficient cell numbers for therapeutic use, which runs the risk of diminishing their proliferative capacity due to gradual replicative senescence that begins to set in during the extensive multiple-passage expansion of mesenchymal progenitor populations (Banfi et al., 2000; Baxter et al., 2004). These hurdles exist whether one seeks to use autologous (from same patient) or allogeneic (donor-derived) cell sources, unless a large amount of tissue can be made available from either source, which is rare. Here, we utilize a previously established stable CPC cell line (Jayasuriya et al., 2019; Newberry et al., 2020; Twomey-Kozak et al., 2020) to perform a proof-of-concept study set to test their therapeutic efficacy for fibrocartilage injury repair in a live animal model. The goal of this study was to determine whether a stabilized clonal CPC line can be used as an available alternative cell source for musculoskeletal joint tissue repair.
Prior to administering them into animals, the cell surface marker profiles and proliferative capacity of CPCL3 and the BM-MSCL control cell line, were examined. No significant differences in surface markers were found in both cell lines confirming that this aspect of their cell phenotype was consistent with their primary counterparts. When we compared the innate proliferation rate of the stable cell lines and primary cells, we discovered that even lightly expanded primary progenitor cells (passaged 4–6 times) exhibited significantly diminished proliferative capacity relative to the stable lines, both of which had been expanded from 7–10 passages, after the stabilization procedure. We also observed that CPCs consistently showed increased proliferative capacity, compared to BM-MSCs in the same class (i.e., stable CPC line compared to stable BM-MSC line; primary CPCs compared to primary BM-MSCs).
While our overall findings suggested a logistical advantage in using stable cell lines for therapy, due to their improved proliferative capacity, we carefully inspected whether these cells would proliferate uncontrollably in the joint space and/or migrate outside the joint capsule and engraft in off-target locations, such as vital organs in our athymic rat model. Gross inspection of the surgical knees of animals treated with either CPCL3 or BM-MSCL at the experimental endpoint of 7 weeks following surgery, showed the absence of any abnormal growths. Similarly, gross inspection of vital organs (kidney, liver, spleen, lungs, and brain) at the time of joint harvest revealed no such irregularities. As a secondary confirmation, DNA collected from homogenized organs were used as templates to run PCR using primers that only recognize and bind human DNA (specifically, the human Cytochrome B gene as done by Matsuda et al. (2005)). Results indicated no detection of this ubiquitous human-specific gene, signifying the absence of human cells (i.e., CPCL3/BM-MSCL) in these tissues (Supplementary Figure S3).
Intra-articular injection of stable CPCs significantly improved both meniscal tear healing and cartilage health outcomes in animals, compared to BM-MSCL treated animals. This strongly suggests that CPC treatment can safeguard against PTOA changes in the knee, following meniscal injury. We were surprised to find that in all performed outcome measures, the BM-MSCL treated animals showed no significant improvements over the control animals that were given vehicle only. To better understand why there was such a significant difference in the treatment efficacy between CPCL3-treated and BM-MSCL-treated animals, we analyzed the expression profile of collagenases and aggrecanases that are produced by each cell type. We focused specifically on these catabolic genes because they are involved in cartilage turnover, and their differential expression may help to explain why CPCL3-treated animals showed less severe cartilage erosion. Our findings showed that CPCL3 exhibited significantly lower expression of catabolic proteinases MMP2, MMP13, and ADAMTS4 compared to BM-MSCL. Relative to CPCL3, BM-MSCL exhibited >800-fold expression of MMP13, which has been reported to be the most potent cartilage eroding proteinase (Mitchell et al., 1996). Similarly, BM-MSCL exhibited 175-fold expression increase in ADAMTS4, which is also a prominent catabolic enzyme responsible for cartilage breakdown (Westling et al., 2002).
Interestingly, fluorescence imaging of meniscal sections from both cell treatment groups showed a wider distribution of administered cells throughout the meniscus than we expected. For instance, in some cases, cells were not found directly on the banks of the remnant tear channel, but rather they were found adhering to nearby adjacent regions of meniscus tissue. In the case of CPCs, this observation suggests that the mechanism by which these cells promote meniscus healing may (at least in part) involve their exertion of paracrine effect(s) that inspire native meniscal cells to form neo tissue and reunify the torn region. Identifying and examining these detailed mechanisms will be the subject of future investigation.
The athymic RNU rat model was selected for this proof-of-concept study to minimize any potential immune reaction/rejection due to the administered human cells. While we acknowledge that this is a study limitation, we opted for this model because it enabled us to first determine whether the stable cell therapies are capable of stimulating meniscal healing in an in vivo knee microenvironment, without having to consider immuno-rejection as an added complication. In the future, we anticipate designing studies that will be conducted in fully immunocompetent and large animals (both males and females), to further test the efficacy and translatability of this approach. Although we demonstrated that stable CPCs have higher proliferative capacity over primary CPCs, mRNA analysis revealed that CPCL3 exhibited detectably lower collagen I and II expression compared to primary CPCs, despite having higher SOX9 expression. This may be considered a potential disadvantage of utilizing the stable CPC line for musculoskeletal tissue repair, over using primary CPCs. Further, future studies should focus on evaluating the long-term efficacy of using immortalized cells for cell-based therapy. Another limitation of our study was our inability to perform histological evaluation of the joint synovium, since the joint could not be kept intact considering that we needed to carefully excise the medial meniscus in order to conduct our quantitative analysis of the tear site, which required sectioning the tissue in the transverse plane. This means that the joint needed to be disarticulated, which ruptured the synovial capsule during sample preparation.
In conclusion, this is a proof-of-concept study demonstrating that a stable human cartilage progenitor cell line can facilitate meniscus tear healing and significantly reduce the severity of PTOA changes in knee articular cartilage. Futures studies will focus on evaluating the long-term safety and efficacy of utilizing stable CPCs for meniscus tissue repair. We will also determine safety and efficacy using an immunocompetent model. Lastly, we will explore strategies to scale up the success that we report here in rodents to a clinically relevant large animal model, similar in size to human patients. If success is demonstrated in the above anticipated studies, the opportunities for advancing the current state of cell-based biologic therapy for musculoskeletal tissue repair stands to gain significant ground. The implication of having a readily available stable cell source, that does not require an initial surgery to secure, that can be cryopreserved and kept for safe and effective repair for treating traumatic meniscus tears would dramatically change the way these injuries are currently addressed in the clinic.
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Supplementary Figure S1 | Side-by-side comparison of the cell surface marker profiles of the stable BM-MSC line (BM-MSCL) and primary BM-MSCs. Cell surface marker expression rates of (A) Fibronectin, (B) Thy-1, (C) Endoglin, (D) ALCAM, and (E) ICAM1 in BM-MSCL and primary BM-MSCs. Primary BM-MSCs were obtained from American Type Culture Collection, which dispenses cells collected from healthy human tissues. The empty peaks represent isotypic controls, for reference. Percent values indicated in the graphs represent positive staining rate, above isotype control, for each individual CD marker.
Supplementary Figure S2 | Comparison of chondrogenic marker expression and cell proliferation capacities of BM-MSCL and primary BM-MSCs. Fold differences in the mRNA expression of (A) SOX9, (B) COL2A1, and (C) COL1A1 between primary BM-MSCs and the stable BM-MSC line, BM-MSCL. N≥4 per group. ****, P≤0.0001. (D) Cell proliferation assay results showing the proportion of proliferating cells in BM-MSCL cultures and primary BM-MSC cultures.
Supplementary Figure S3 | Off-target engraftment of stable human cell lines was not detected in the major organs of cell-treated athymic rats. Agarose gel electrophoresis was used to confirm that human DNA was absent in major organs that are common targets for cell engraftment and metastasis. Tissues from cell-treated animals were homogenized and the total DNA was used as templates for PCR amplification of the human mitochondrial cytochrome C gene. DNA that was directly extracted from each line was subjected to the same procedure described above and used as internal positive controls. Observed bands are marked with arrows. DNA ladder is labeled with “L”. Data is representative of results observed in all experimental animals in each respective cell-treatment group.
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Connective tissue extracellular matrix (ECM) consists of an interwoven network of contiguous collagen fibers that regulate cell activity, direct biological function, and guide tissue homeostasis throughout life. Recently, ECM analogs have emerged as a unique ex vivo culture platform for studying healthy and diseased tissues and in the latter, enabling the screening for and development of therapeutic regimen. Since these tissue models can mitigate the concern that observations from animal models do not always translate clinically, the design and production of a collagenous ECM analogue with relevant chemistry and nano- to micro-scale architecture remains a frontier challenge in the field. Therefore, the objectives of this study are two-fold— first, to apply green electrospinning approaches to the fabrication of an ECM analog with nanoscale mimicry and second, to systematically optimize collagen crosslinking in order to produce a stable, collagen-like substrate with continuous fibrous architecture that supports human cell culture and phenotypic expression. Specifically, the “green” electrospinning solvent acetic acid was evaluated for biofabrication of gelatin-based meshes, followed by the optimization of glutaraldehyde (GTA) crosslinking under controlled ambient conditions. These efforts led to the production of a collagen-like mesh with nano- and micro-scale cues, fibrous continuity with little batch-to-batch variability, and proven stability in both dry and wet conditions. Moreover, the as-fabricated mesh architecture and native chemistry were preserved with augmented mechanical properties. These meshes supported the in vitro expansion of stem cells and the production of a mineralized matrix by human osteoblast-like cells. Collectively these findings demonstrate the potential of green fabrication in the production of a collagen-like ECM analog with physiological relevance. Future studies will explore the potential of this high-fidelity platform for elucidating cell-matrix interactions and their relevance in connective tissue healing.
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INTRODUCTION
The extracellular matrix (ECM) is a diverse network of biopolymers that are organized and dynamically remodeled to meet the demands of physiological function. It can consist of over 300 different proteins, including over 20 types of collagens, several dozen proteoglycan and approximately 200 glycoproteins. (Frantz et al., 2010; Hynes and Naba, 2012; Theocharis et al., 2016). Each of these proteins may be organized with controlled interactions to impart structural and mechanical properties that are specific for the tissue of interest. Given this vast complexity, it is not surprising that a wide range of diseases can arise from disruption to the ECM’s structure and composition. These include various cancers (Muschler and Streuli, 2010; Pickup et al., 2014), fibroproliferative diseases (Poli and Parola, 1997; Friedman, 2008), and many debilitating orthopaedic conditions, such as osteoporosis, osteoarthritis, chondrodysplasias, and intervertebral disk degeneration (Alberts et al., 2002; Parvizi, 2010). To better understand and treat these diverse diseases and conditions, an accurate model of the ECM is necessary to conduct physiologically relevant studies in vitro.
Among the proteins of the ECM, the most abundant are collagens, which make up over 30% of the total protein mass in the human body (Frantz et al., 2010; Fratzl, 2008). Among collagens, the most prevalent is type I, which is found in many connective and load-bearing tissues such as skin, tendons, ligaments, and bone (Vanderby and Provenzano, 2003). Collagen has a unique, hierarchical structure that provides mechanical support while also promoting cell attachment and activity through its chemistry. This structure is achieved through its triple-helical domains that are formed from three polypeptide chains (Figure 1) containing the amino acid sequence Glycine-X-Y, where X and Y are commonly proline and hydroxyproline (Shoulders and Raines, 2009). The hydroxyl groups of hydroxyproline assist in hydrogen bonding and enable interactions between adjacent peptides and fibrils, further building and stabilizing higher order collagen structures (Xu et al., 2019). The cyclic structure of these amino acids is partially responsible for driving the helical conformation of the tropocollagen monomer via steric hindrance (Shoulders and Raines, 2009; Ricard-Blum, 2011). Following this, tropocollagen molecules self-assemble into microfibril structures that are approximately 5 nm in diameter and several hundred nanometer long, which then further assemble into large fiber structures that are several hundred nanometer in diameter and several centimeter long. This final step, which is critical for creating collagen’s high resilience to mechanical strain, is achieved through interchain crosslinks, which represent chemical or physical bonding between fibrils and most frequently from disulfide bond formation, transglutaminase conjugation of glutamine-lysine, lysyl oxidase crosslinking, and glycation (Siegel et al., 1970; Esposito and Caputo, 2005; Karsdal, 2019). While collagen fibrils themselves are not viscoelastic, through a slipping motion between the ordered fibrous structure, they can exhibit high levels of tissue deformation, which is a key characteristic of many connective tissues (Lorenzo and Caffarena, 2005; Shen et al., 2011). Beyond providing structural stability and supporting mechanotransduction and cell signaling throughout the ECM, collagen is also rich with many binding domains that support cell adhesion. It is decorated with ligands compatible with the many cell-surface integrins and discoidin domain receptors that support cell attachment, forming the critical connection between cells and the ECM (Theocharis et al., 2016). Given its high prevalence and unique chemical and physical properties, it is clear that collagen is a vital component of the ECM and is a critical feature when developing a bioactive analog of connective tissue ECM.
[image: Figure 1]FIGURE 1 | Mesh Fabrication: Solvent Optimization and Electrospinning. 50% acetic acid (AA) dissolves gelatin and supports mesh fabrication by electrospinning. The resulting mesh morphology, chemical composition and mechanical properties are comparable to meshes prepared in trifluoroethanol (TFE). (A) A schematic representing the structure of gelatin and its relationship to collagen. (B) Dynamic viscosity, electrophoretic mobility and conductivity measurements for gelatin solutions (n = 3). ^= Below Limit of Detection for Instrument. N/A = Not available due to sample gelling before analysis. (C) Successful electrospinning parameters using TFE and 50% AA. (D) Fiber morphology and diameter (n = 50) for meshes prepared from stable electrospins identified in part c. (SEM. 5,000x). (E) Chemical composition (FTIR-ATR). (F) Mesh tensile properties (n = 10). Red markers indicate sample outliers. #=p < 0.05.
Despite the significant role collagen plays in cell-matrix interaction, the majority of in vitro studies rely on non-physiologic culturing substrates such as tissue culture polystyrene (TCPS) (Altering, 1966; Zeiger et al., 2013; Lerman et al., 2018). Since its adaption for eukaryotic cell culture in 1966, TCPS has been the standard platform for in vitro culture. Polystyrene is easy to synthesize, reproducible at scale, and its surface chemistry may be readily modified to accommodate a plethora of cell types. However, the chemical, structural, and mechanical properties of TCPS are radically different from collagenous ECM. Being a 2D substrate with a modulus on the scale of gigapascals, TCPS is orders of magnitude stiffer than all but the hardest of human tissues, such as bone and dentin (Kinney et al., 2003; Guimarães et al., 2020). Thus not surprisingly, long term stem cell culture on TCPS results in loss of stemness and drives these cells towards the osteogenic lineage (Tatullo et al., 2016; Gerardo et al., 2019). Similarly, the deleterious effect of cell passaging on phenotypic expression may be largely attributed to extended exposure to TCPS during ex vivo expansion (Gerardo et al., 2019; Rao et al., 2019). Furthermore, the lack of a fibrillar architecture coupled with the inherent difference in chemistry between TCPS and the native ECM at best attenuates, and at its worst, alters cell response beyond the realm of physiological relevance. Surface functionalization by coating with collagen or other ECM proteins (e.g., fibronectin) have mitigated these concerns but are costly and still result in cells being exposed to static and non-representative doses of the biomolecule (Lerman et al., 2018). These limitations significantly limit the applicability of TCPS and underscore the need for better models of the ECM.
Given the critical role of collagen architecture in directing cell response, significant focus has been directed towards the design and fabrication of ECM analogues with biomimetic organization (Lutolf and Hubbell, 2005; Moffat et al., 2009). To this end, electrospinning has been explored extensively for the generation of nano- and micro-scale fiber mesh using a variety of synthetic and biopolymers (Li et al., 2002; Ma et al., 2005; Sell et al., 2007; Zhang et al., 2007; Subramony et al., 2013; Lee et al., 2017). In electrospinning, electrostatic forces are used to destabilize polymer solutions and cause the ejection of fine polymer strands that are then collected into a fibrous mat (Reneker and Chun, 1996; Reneker et al., 2000). These nano- and micro-fibrous substrates exhibit biomimetic architectures (diameter, alignment) that can be controlled at physiologically relevant scales, making electrospinning an ideal method for producing ECM analogues and targeting desired tissue architectures or states (Lee et al., 2017). As such, similar to TCPS, the collagen chemistry and bioactive domains that readily regulate and guide cell function are missing from these synethic, polymer-based systems. Alternatively, biological and synthetic polymer blends have also been explored (Jose et al., 2009; Kriegel et al., 2009). Here, the biopolymers introduce the biochemical features of the ECM to the analog, improving the system’s biomimicry. Unfortunately, these systems still rely on synthetic materials to provide structural support and sufficient mechanical properties, which ultimately confound results when studying cell activity. Surface coatings and incorporation of growth factors (Chew et al., 2005; Boushell et al., 2019; Qu et al., 2019) have mitigated some of these concerns for regenerative medicine applications, but remain limited in scope and biological relevance as ECM analogues.
To better mimic the matrix composition, Matrigel®, consisting of a mixture of basement membrane proteins isolated from murine Englebreth-Holm-Swarm tumors, is commonly used (Kleinman et al., 1982). While it retains the natural basement membrane structure and composition after isolation in vitro, being derived from tumors, there is significant batch-to-batch variability and the isolated matrix often contains growth factors at non-physiologic concentrations and combinations (Vukicevic et al., 1992). Moreover, with a relatively low collagen I and high collagen IV content, compositionally it does not match the predominantly collagen I matrix intrinsic to connective tissues. While collagen-based hydrogels have also been used extensively for in vitro culture, their structural and mechanical properties are sub-physiologic, lacking both continuous fiber morphology and extended organization of the native ECM (Nöth et al., 2005; Oryan et al., 2018).
The feasibility of electrospinning collagen has also been explored, but largely with gelatin given the high cost of and difficulty solubilizing pure collagen (Huang et al., 2004; Zhang et al., 2005a). Gelatin is produced by hydrolyzing collagen, which breaks down its tertiary structure, yielding a heterogeneous polypeptide solution (Figure 1) with enhanced solubility (Harrington and Von Hippel, 1962). Most importantly, along with composition, it retains collagen’s primary and secondary structure, which is rich with cell-binding motifs that support cell-matrix interactions (Ratanavaraporn et al., 2006; Davidenko et al., 2016). Furthermore, it is readily isolated from porcine and bovine connective tissues and thus inexpensive and easily obtainable. However, irrespective of the base material used, one drawback of using electrospinning to prepare the ECM analog is that it typically relies on harsh chemical solvents like trifluoroethanol (TFE), hexafluoroisopropanol, and dichloromethane. These solvents reduce substrate bioactivity and moreover, are associated with negative health and ecological effects, making them obstacles to large scale mesh production (Persano et al., 2013; Impurities, 2018). Recently, Mosher et al. (2021) identified the FDA Q3C solvent, acetic acid (AA) as a more biocompatible and “green” solvent for biofabrication. Thus, the first objective of this study is to optimize fabrication conditions using gelatin and AA as the solvent for the production of a fibrous collagen-like mesh.
Additional challenges in the production of collagen analogs include the fact that gelatin meshes require chemical stabilization or crosslinking following fabrication. Glutaraldehyde (GTA) is the most commonly used crosslinking agent, with highly reactive dialdehyde groups that readily bind to amines that are abundant in the amino acids that make up collagen’s peptides (Bigi et al., 2001; Farris et al., 2010). Thus, adjacent gelatin fibers can be crosslinked by GTA, ultimately stabilizing the mesh architecture in aqueous environments (Figure 2A). However, GTA reactions are extremely difficult to control, resulting in highly variable mechanical properties and physical features between batches, resulting in a wide range of methods and approaches reported in literature (Zhang et al., 2006; Ju et al., 2010; Li et al., 2016). When applied in liquid form, GTA can partially or fully obliviate the fibrous architecture of the mesh during the crosslinking, resulting in flat sheets instead. While vapor crosslinking is better at preserving 3D fiber organization, vapor formation and interaction with mesh fibers is extremely difficult to control, being highly dependent on experimental setup and environmental conditions. Thus, the second objective of this study is to identify critical factors that impact GTA vapor crosslinking and determine the optimal parameters that will stabilize gelatin meshes without altering their biomimetic structure and chemical composition, all while remaining biocompatible.
[image: Figure 2]FIGURE 2 | Mesh Fabrication: Crosslinking Duration. Glutaraldehyde exposure for 1 hour stabilizes meshes and enhances tensile properties without changing fiber morphology or chemistry. (A) Schematic of the crosslinking procedure and chemical reaction. (B) Dry morphology (SEM, 5,000x) and (C) hydrated morphology (CRM, 100x) of meshes after crosslinking. (D) Chemical composition (FTIR-ATR). (E) Mesh stability by mass recovery and gelatin recovery after incubation at 37°C in cell culture medium (14 days, n = 5). (F) Mesh tensile properties (n = 10). Red marker indicates outliers. #=p < 0.05.
This study aims to develop and standardize a method for fabricating a biomimetic collagenous ECM-like substrate. To this end, this ECM analog will be collagen-based, biocompatible, consist of continuous fibers, demonstrate both viscoelastic and elastic behavior, exhibit relevant mechanical properties, and remain stable for at least 14 days under cell culture conditions. After mesh development and characterization, biocompatibility will be tested using both cell-line and primary culture. It is anticipated that a high-fidelity collagen-based ECM analog will be fabricated under optimal electrospinning and crosslinking conditions, with physiologically relevant structural and mechanical properties reminiscent of the native collagenous ECM.
MATERIALS AND METHODS
Mesh fabrication
Gelatin (porcine-derived, ∼300 g bloom, type A) was dissolved in trifluoroethanol (TFE), 50% acetic acid (AA, prepared in deionized water) or glacial (100%) AA. Gelatin was solubilized in TFE (3, 5, 7, and 13% w/v), 50% AA (7, 10, 15, 20, and 30% w/v), and glacial AA (7, 10, 15, 20, and 30% w/v) by mixing at 45°C for up to 20 min (Fischer Brand Analog Vortex, setting 7) to accelerate dissolution. If the gelatin was not dissolved or had solidified after 20 min, the solution was considered not feasible for electrospinning. Next, the dynamic viscosity, electrophoretic mobility (EM) and conductivity of these solutions were determined. Solution dynamic viscosity (n = 3) was measured using a cone and plate rheometer under dynamic shear (TA instruments, New Castle, DE). Briefly, 2 ml of sample was placed on the instrument stage maintained at 22°C and a conical platen was lowered on top, ensuring full coverage. Next, a dynamic frequency sweep was conducted from 0.01–158 Hz and viscosity was calculated as the slope of the stress:strain rate curve. Electrophoretic mobility (n = 3) and conductivity (n = 3) were measured using the Zetasizer Nano ZS (Malvern) with disposable cuvettes (Malvern DTS1070) following the manufacturer’s recommended protocol.
Next, the feasibility of electrospinning a fibrous gelatin mesh using the gelatin-solvent combinations described above were tested with a custom electrospinning device (Subramony et al., 2014). The gelatin solutions were loaded into a 5 ml syringe (Becton Dickinson, Franklin Lakes, NJ) fitted with a blunt-tipped 18-gauge stainless steel needle (Becton Dickinson). Once cooled to room temperature (∼22°C), the loaded syringe was mounted onto a syringe pump (Harvard Apparatus, Holliston, MA) and electrospun at a set flow rate, voltage, relative humidity, and needle distance from a collection drum in a custom chamber. The drum was rotated at 500 rpm to promote even distribution of the collected fibers and uniform mesh thickness. The voltage and flow rate were optimized by identifying stable electrospins while adjusting the voltage from 5–25 kV and the flow rate between 0.2–5.0 ml/h. The chamber relative humidity was controlled at 40% and the travel distance between the needle and drum was fixed at 15 cm. The spins were considered stable when a fiber ejection persisted for greater than 15 min without user intervention.
Mesh characterization
Post fabrication mesh fiber morphology, chemical composition, and mechanical properties under tensile loading were determined. The electrospun meshes were first cored with a biopsy punch (Sklar Surgical Instruments, West Chester, PA) to obtain 10 mm discs. Fiber diameter (n = 50 fibers/group) and morphology (n = 5) were characterized by scanning electron microscopy (SEM, Zeiss Sigma VP, 2 keV, Carl Zeiss AG, Oberkochen, Germany). Prior to imaging, the samples were sputter-coated with gold-palladium using a 108 Auto Manual sputter coater (20 s, ∼10 nm, Cressington Scientific, Watford, United Kingdom) to ensure sample conductivity. In addition to visual assessment of fiber continuity and morphology, fiber diameter was measured at ×10,000 magnification using ImageJ (National Institutes of Health, Bethesda, MD, n = 5 images per group, n = 10 fibers per image), as previously described (Lee et al., 2017).
Mesh chemical composition (n = 3) was confirmed by Fourier transform infrared spectroscopy in attenuated total reflectance mode (FTIR-ATR, Spectrum 100, Perkin Elmer, Waltham, MA). Spectra were collected at 100 scans with a spectral resolution of 4 cm−1. Characteristic collagen peaks (Amide A, 3,306 cm−1; Amide B, 3,076 cm−1; Amide I, 1,646 cm−1; Amide II, 1,520 cm−1; Amide III, 1,234 cm−1) (Muyonga et al., 2004; Nagai et al., 2010; Di Foggia et al., 2011; Cebi et al., 2016; Xu et al., 2017) were monitored in relation to solvent types, both pre- and post- electrospinning.
Sample mechanical properties (n = 6) were determined in tension according to the ASTM International standard test method D638-14 (Lu et al., 2005; Moffat et al., 2009). Briefly, 4 × 1 cm sections of mesh ranging from 0.1–0.3 mm thick were loaded onto a microtester device (Instron, Model 5,848, 10 N load cell, Norwood, MA), targeting a final gauge length of 2–3 cm. The samples were tested to failure at a strain rate of 5 mm/min. Young’s modulus, yield strength, tensile strength, and ductility were calculated using a custom MATLAB code. Briefly, Young’s modulus was measured as the slope of the linear region of the stress strain curve (0.2% strain offset) immediately following the toe region and prior to the onset of plastic deformation. The yield strength was calculated at the point where the stress strain curve was no longer linear, indicating plastic deformation. The tensile strength was calculated at the maximum stress measured in the curve the prior to sample failure. Lastly, the ductility was calculated by measuring the % elongation at the time of sample failure.
Mesh chemical crosslinking optimization
The electrospun gelatin meshes were chemically crosslinked using glutaraldehyde (GTA) and the effect of time, sample surface area, and ambient conditions were determined. To evaluate the effect of crosslinking time, as-fabricated meshes (6 × 6 cm) were secured in a custom bracket and placed inside of a beaker (2 L) containing 15 ml of GTA solution (Sigma G6403) and loosely covered (Figure 2A). The distance between the mesh-bracket system and the GTA bath was fixed at 6 cm. The mesh was exposed to the GTA vapors from the bath in a fume hood (Air Flow = 80 CFM) for 0.5, 1.0, 1.5, and 6 h to allow for crosslinking.
After identifying the optimal crosslink duration, the effect of surface area of the GTA bath was determined at 21 cm2, 55 cm2, and 145 cm2. A similar set-up was followed as described above (Figure 3A), except, for the 21 and 55 cm2 groups, GTA was poured into small and medium sized dishes with desired surface areas instead of the bottom of the glass beaker (glass beaker surface area was 145 cm2). All meshes were then exposed to GTA baths for the optimal duration as determined above.
[image: Figure 3]FIGURE 3 | Mesh Fabrication: Crosslinking Surface Area. Crosslinking with the 145 cm2 surface are a bath for 1 hour stabilizes gelatin meshes and enhances tensile properties without changing fiber morphology, chemistry, or causing pits/voids in the mesh surface. (A) Schematic of the crosslinking procedure. (B) Dry morphology (SEM, 2,500x) and (C) hydrated morphology (CRM, 100x) of meshes after crosslinking. (D) Chemical composition (FTIR-ATR). (E) Mesh stability by mass recovery and collagen recovery after incubation at 37°C in cell culture medium (14 days, n = 5). (F) Mesh tensile properties with representative stress-strain curves (n = 10). Red markers represent outliers. AF=As fabricated. #=p < 0.05 between groups. *=p < 0.05 overtime.
Lastly, to standardize ambient effects on crosslinking, gelatin meshes were chemically crosslinked by glutaraldehyde vapor deposition in a custom chamber (Figure 4A). Briefly, a 15 ml glutaraldehyde bath was placed in the custom chamber. A gelatin mesh (6 × 6 cm) was secured in a custom bracket and suspended 6 cm above the GTA bath with optimized surface area. The custom chamber was then sealed by applying a vacuum. After 3 min, the valve was closed and the chamber was isolated, allowing it to sit under vacuum for the optimal duration identified above. After half of the “optimal duration” had passed, the vacuum was slowly released to prevent GTA aerosolization and the mesh was flipped over. The vacuum was then reapplied as described above, allowing the mesh to sit under vacuum for the remainder of the prescribed time. Sample chemistry, structural and mechanical properties were compared between three batches of as-crosslinked meshes.
[image: Figure 4]FIGURE 4 | Mesh Fabrication: Crosslinking Environmental Conditions. Crosslinking inside a vacuum sealed chamber minimizes batch-to-batch variability. (A) Schematic of the crosslinking procedure. (B) Dry morphology (SEM, 2,500x) and (C) hydrated morphology (CRM, 100x, 300x) of meshes after crosslinking. (D) Chemical composition (FTIR-ATR). (E) Young’s Moduli after crosslinking by beaker (7 batches) and the custom chamber (3 batches) (n = 10). #=p < 0.05.
Optimal crosslinking parameters were determined by evaluating the impact the crosslink process had on mesh stability, fiber morphology, chemical composition, and mesh tensile properties. More specifically, the crosslinking conditions should not alter the mesh fiber diameter, morphology and chemical composition from that observed in the as-fabricated meshes. In addition, the crosslinking process should enhance mesh mechanical properties and promote mesh stability by preventing loss of no more than 50% of its mass after incubation under cell culture conditions for up to 14 days. Finally, optimal crosslinking parameters should produce meshes with consistent chemical and physical properties without significant batch to batch variation.
Characterization of crosslinked meshes
Mesh fiber diameter, morphology, tensile properties, chemical composition and stability were evaluated as a function of crosslinking conditions. Fiber diameter and morphology were analyzed by SEM as described above. In addition, hydrated mesh morphology and stability (n = 2) were visualized by scanning confocal reflectance microscopy (CRM) (Paddock, 2002; Yang and Kaufman, 2009) on an inverted fluorescent microscope (Olympus Fluoview IX70 Confocal Microscope). The microscope was outfitted with ×20 (air) and ×40 (oil) objectives. Samples were illuminated (488 nm) and the reflected light was detected by a photomultiplier tube. Note that all meshes were compared to “0-h” group, which consists of meshes that had not undergone any crosslinking and were imaged in 100% ethanol to prevent dissolution.
Mesh mechanical properties (n = 6) and chemical composition (n = 3) were determined as described above. Mesh stability was evaluated qualitatively, through CRM imaging, and quantitatively by recording mesh mass and gelatin recovery after 14 days of incubation in Dulbecco’s Modified Eagle’s Medium (DMEM, Corning) supplemented with 10% fetal bovine serum (FBS, Atlanta Biologicals, Atlanta, GA), and 1% penicillin-streptomycin (P/S, 10,000 U/mL penicillin, 10 mg/ml streptomycin). Briefly, the mass of 1 cm2 squares of mesh (n = 5) was measured at 0, 1, 7, and 14 days. After incubation, the samples were rinsed three times with deionized water and then dried using a CentriVap (Labconco, Kansas City, MO). Sample dry mass was recorded and mass recovery was calculated relative to the sample’s starting mass. Mesh recovery was further determined using a hydroxyproline assay (Reddy and Enwemeka, 1996). Briefly, after dehydration, samples were digested for 18 h at 65°C with papain (8.3 activity units/mL) in 0.1 M sodium acetate, 10 mM cysteine-HCl, and 50 mM ethylenediaminetetraacetate. Next, samples were hydrolyzed by 2 N sodium hydroxide and incubated in Chloramine-T and Ehrlich’s reagent. Absorbance was measured at 555 nm (TECAN SpectraFluor Plus) and gelatin content was calculated by correlating sample absorbance to a collagen standard curve.
Biocompatibility—Cells and cell culture
Biocompatibility of the gelatin mesh was assessed in vitro using both primary stromal cell culture and an established cell line. All cell culture was conducted in fully supplemented (F/S) media consisting of DMEM supplemented with 10% fetal bovine serum (FBS, Atlanta Biologicals, Atlanta, GA), and 1% penicillin-streptomycin (P/S, 10,000 U/mL penicillin, 10 mg/ml streptomycin). Crosslinked gelatin meshes (1 × 0.5 cm) were sterilized with 70% ethanol for 15 min, followed by rinsing in phosphate buffered saline (PBS, 2x, 5 min). After the second PBS rinse, meshes were pre-soaked in F/S media for 2 h to prepare meshes for cell attachment. Bone marrow derived stromal cells (MSC, Lonza, passage 4) (Bogdanowicz and Lu, 2017) or human osteoblast-like cells (HTB-85 Saos-2, ATCC, passage 8) were seeded onto meshes by dispensing 5 µL of concentrated cell stock suspension (1 M cells/ml) onto the mesh surface, targeting a seeding density of 50,000 cells/cm2. Cells were allowed to attach for 20 min, after which 1 ml of F/S media was added and the samples were cultured at 37°C and 5% CO2 for up to 28 days. Media was refreshed three times per week. After 6 days of culture, all groups were treated with 3 mM β-glycerophosphate, which was refreshed at each feed.
Cell response
Cell viability (n = 2) on the gelatin mesh was determined by Live/Dead staining (Molecular Probes, Eugene, OR) according to the manufacturer’s protocol. Briefly, the samples were labeled with Live/Dead reagent warmed to 37°C for 2 minutes followed by rinsing in PBS. Next, all samples were imaged by confocal fluorescence microscopy (Olympus Fluoview IX70) at excitation/emission wavelengths of 473/519 nm for live imaging and 559/635 nm for dead imaging. All images are shown as an overlay of the live and dead channels.
Following cell culture, cells were lysed by rinsing the meshes with PBS and freezing them in 500 µL of 0.1% v/v Triton-X solution (Sigma-Aldrich). After one freeze/thaw cycle, samples were ultrasonicated for 10 s at 5 W (Misonix XL-2000, Farmingdale, NY) to promote cell lysis.
Cell proliferation (n = 5) was assessed using a Quanti-iT™ PicoGreen® dsDNA assay kit (Molecular Probes) according to the manufacturer’s protocol. Fluorescence was measured using a microplate reader (SpectraFluor Plus, Tecan, Research Triangle Park, NC) at excitation and emission wavelengths of 485 and 535 nm, respectively. Total cell number per sample was determined by correlating measured fluorescence intensity to a DNA standard curve and using a conversion factor of 7.7 pg DNA/cell (Jiang et al., 2005).
Collagen content (n = 5) was assessed by using a hydroxyproline assay (Reddy and Enwemeka, 1996). Briefly, the sample were first desiccated for 12 h in a CentriVap Concentrator to remove all liquid and digested for 18 h at 65°C with papain (8.3 activity units/mL) in 0.1 M sodium acetate, 10 mM cysteine-HCl, and 50 mM ethylenediaminetetraacetate. Collagen was hydrolyzed by mixing aliquots of the digested mesh with 2 N sodium hydroxide and heating to 250°C for 25 min. The resulting sample hydrolysate was oxidized at room temperature (25°C) for 25 min with buffered Chloramine-T reagent. Ehrlich’s reagent (15% p-dimethylaminobenzaldehyde in 2:1 isopropanol/perchloric acid) was then added and absorbance was measured at 555 nm with a microplate reader. Hydroxyproline content was determined by correlating measured optical intensity to a bovine collagen I (Biocolor, Carrickfergus, United Kingdom) standard curve.
Matrix mineralization potential, as reflected in ALP activity (n = 5), was assessed using a colorimetric assay based on dephosphorylation of p-nitrophenyl phosphate (pNP-PO4) to p-nitrophenol (pNP) (Lu et al., 2003). An aliquot of lysed sample was mixed with pNP-PO4 solution (Sigma-Aldrich) at a 1:1 v/v ratio and incubated at 37°C for up to 30 min. Absorbance was measured using a microplate reader at 405 nm after 5 min for Saos-2 cultures and after 30 min for MSC cultures. Sample ALP activity was determined by correlating measured optical intensity to a pNP standard curve and normalized to cell count and the time the sample was allowed to react.
Mineralization was further ascertained by energy dispersive x-ray analysis (EDS, XFlash® 6–30, Espirit 2.1 software, Bruker, Billerica, MA). Briefly, quantitative spectra were collected at ×10kV, ×500 magnification using the automated “fast” acquisition software settings. Spectra was then analyzed using the Espirit 2.1 software and Ca and P content (n = 3) was calculated in ppm relative to all elements detected. Mineral distribution (n = 2) was visualized by Alizarin Red and Von Kossa staining. Briefly, following incubation, the samples were rinsed 2x with PBS and then fixed in 10% neutral buffered formalin containing 1% cetylpyridinium chloride for 1 h at room temperature. After fixing, samples were rinsed 4x with deionized water and soaked overnight in 5% (w/v) polyvinyl alcohol (PVA). After soaking, samples were embedded in a block of PVA, frozen, and sectioned with a cryotome (10 μm, CM3050 S, Leica Biosystems, Wetzlar, Germany). After drying overnight, sections were cleared of PVA using deionized water and stained for calcium and phosphate content. To visualize Ca, meshes were stained with 2% Alizarin Red for 3 min, rinsed 4x with deionized water and allowed to airdry prior to imaging. To visualize phosphate, sections were covered with 5% AgNO3 and exposed to UV light (365 nm) for 25 min. Following UV exposure, samples were rinsed 4x with deionized water and allowed to air dry. Once dry, all samples were imaged at 10x and 20x under light microscopy with a full spectrum color camera (Zeiss Axiovert 25, Oberkochen, Germany). During imaging, all acquisition settings remained constant to avoid biasing analysis.
Reagents
All reagents were purchased from Sigma-Aldrich unless otherwise noted.
Statistical analysis
All results are presented as mean ± standard deviation. The number of sample replicates are reported as “n.” Multiple trials were conducted to ensure reproducibility and only data from representative trials are shown. One-way and two-way analysis of variance (ANOVA) were performed to evaluate statistically significance between sample groups and temporally, when appropriate. A Tukey–Kramer post-hoc test was used for all pair-wise comparisons (p < 0.05). All statistical analyses were performed using JMP IN statistical software (SAS Institute, Cary, NC, United States).
RESULTS AND DISCUSSION
Mesh fabrication: Gelatin-solvent interactions
The focus of this study was to identify ideal fabrication and crosslinking conditions for collagen-based materials prepared by electrospinning. We began by first optimizing the use of the “green” and biocompatible electrospinning solvent, acetic acid (AA). To achieve this, we evaluated the solution viscosity, electrophoretic mobility, and conductivity as a function of gelatin concentration in both 50% and glacial AA. For comparison, the traditional solvent trifluoroethanol (TFE) was used as a positive control (Figure 1). Both glacial and 50% AA were investigated because diluted AA can ionize, which impacts the solvency and solution conductivity (Angammana and Jayaram, 2011).
In TFE, gelatin solutions were slightly cloudy above 7% w/v, while this became evident at 10% w/v gelatin in 50% AA, indicating a decreasing solubility with increasing gelatin concentration. After dissolution, it was also observed that gelatin solutions above 7% in glacial AA began to form solid gels, suggesting poor solvency and that glacial AA is not suitable for electrospinning at higher gelatin concentrations. As expected, solution viscosity increased significantly with gelatin concentration for all solvents tested. The 5% and 7% gelatin in TFE solutions had viscosities of 12.8 and 35.3 cP, respectively, while 20 and 30% w/v gelatin in 50% AA exhibited viscosities of 333.2 and 567.6 cP, respectively. Because gelatin formed particulates at 13% w/v in TFE, higher concentrations were not evaluated. As well, because gelatin gelled in glacial AA above 7% w/v, viscosity, mobility, and conductivity were not measured. Typically, electrospun solutions with viscosity greater than 100 cP are suitable for electrospinning because it indicates there are sufficient cohesive forces between solute particles to promote chain entanglement and that the solution can resist the applied electrostatic forces until a critical potential is achieved. At this critical potential, the solute will eject from the solution, forming a steady release of fine, smooth fibers (Fong et al., 1999; Ginestra et al., 2016; Amariei et al., 2017). While it is possible to electrospin gelatin at lower viscosities, the fiber ejection is often less stable due to the lower cohesive forces, resulting in the need for frequent user intervention during fabrication and increased variability in mesh morphology (Zeng et al., 2003; Nezarati et al., 2013).
Next, taking a closer look at the electrochemical properties, the mobility of gelatin in each sample was measured (Figure 1B). For all TFE samples, mobility measurements were below the limit of detection for the instrument, suggesting there were not enough particles with sufficient charge and/or the solution’s ionic strength was too low be conductive. Interestingly, in 50% AA samples, the maximum mobility (0.28 µm * cm/Vs.) was observed in the 7% w/v gelatin solution, while mobility of 0.09 µm * cm/Vs. and 0.04 µm * cm/Vs. were measured in the 20% and 30% solutions, respectively. Since the mobility represents the ability of a solute to move in solution in response to an applied electric field (Davis and Cohn, 1939), it is an important factor for solution spinnability, which relies on polymer migration within the solvent prior to ejection. Thus, it is likely that a stable electrospin will result when solutions exhibit a moderate to low mobility. In this scenario, gelatin particles will migrate through solution quickly enough to eject, but slowly enough to promote polymer entanglement, which is critical for steady fiber ejection (Haider et al., 2018; Xue et al., 2019). If the mobility is too low, particles may fail to migrate and eject, while conversely, if the mobility is high, particles will migrate too quickly in solution, resulting in ejection before polymer entanglement can occur causing samples to electrospray as fine particles. In this study, the 20% and 30% w/v gelatin in 50% AA resulted in the most stable spins, as these solutions exhibited the lowest, but still non-zero mobility among all the samples.
In terms of conductivity, the TFE, 50% AA, and glacial AA neat solutions (no gelatin) had conductivities of 0.00 mS/cm, 0.98 mS/cm, and 0.05 mS/cm, respectively (Figure 1B). The TFE solutions exhibited an increase in conductivity with gelatin concentration, reaching a maximum conductivity of 36.5 μS/cm at 13% gelatin. As expected, conductivity of AA significantly increased when mixed with water. This is because diluting AA results in increased ionization, creating conductive acetate and hydronium ions. The conductivity for glacial AA increased slightly to 0.10 mS/cm with the addition of 7% gelatin, but was not measurable at higher concentrations due to the gelation of the samples. For 50% AA solutions, the conductivity increased with gelatin concentration, reaching 3.03 mS/cm in the 30% w/v gelatin sample, which is significantly greater than all TFE and glacial AA solutions tested. Conductivity is a vital characteristic for establishing a stable, reproducible electrospin (Uyar and Besenbacher, 2008; Angammana and Jayaram, 2011), as a sufficient number of ions must be present to permit the transfer of charge from the applied electric force that ultimately induce particle migration, entanglement, and ejection into continuous fibers. Zhang et al. (2005b) observed that increasing solution conductivity resulted in significant decreases in polyvinyl alcohol fiber diameter but, once above 2.75 mS/cm, resulted in bead formation along the polymer strand. Fong et al. (1999) reported that below a certain charge density threshold, which is analogous to solution conductivity, fiber ejection was not continuous and that bead formation would also occur in polyethylene oxide fibers, suggesting a minimum conductivity is also critical. These observations suggest that 50% AA is the best suited solvent for electrospinning, as it is electrically conductive and can support the building of the charge that is critical for inducing solute:solvent instability and causing fiber ejection.
Electrospinning stability relies on a balance between polymer chain mobility and entanglement while in the spin solution. Sufficient polymer entanglement is necessary to support steady polymer ejection while a sufficient polymer migration is necessary for solute movement and ejection. Here, we evaluated the solution viscosity, mobility and conductivity, to identify ideal solution properties. While mobility is a direct measure of particle movement the solution viscosity and conductivity are primarily indicative of particle entanglement and migration, respectively. Based on our analysis, 20% and 30% gelatin in 50% AA are most likely to result in stable electrospins due to their high conductivity, high viscosity, and moderate to low mobility. These properties in conjunction, will support polymer chain entanglement and migration, allowing for a steady fiber ejection. Interestingly, it was observed that gelatin in TFE did not follow this pattern, yet gelatin has previously been electrospun using TFE (Huang et al., 2004; Zhang et al., 2005a; Choktaweesap et al., 2007; Chuang, 2015). This is possible because, while each of these solution properties independently may not be ideal for electrospinning, they collectively can still support fiber formation, albeit with less stable fiber ejection. The instability is a direct consequence of the solution’s low conductivity and viscosity, which result in insufficient solution charging to support mobility and evoke polymer chain entanglement, respectively. However, despite this, fiber ejection is still achieved due to the lower mobility of the polymer particles. This is because the lower mobility still allows particles to entangle and migrate, offsetting the low conductivity and viscosity. Conversely, if these solutions exhibited large mobility, gelatin particles would rapidly move and eject during the spin, resulting in electrospraying. Thus, even with sub-optimal solution characteristics, gelatin can be electrospun in TFE, albeit with less stable ejection that requires more user intervention and increased variability. In contrast to TFE, the 50% AA gelatin solutions had significantly greater viscosity, mobility, and conductivity. These three solution properties worked in conjunction to allow for sufficient polymer chain entanglement and mobility, which should result in a steady ejection of polymer fibers with minimal user intervention required during fabrication.
Mesh fabrication: Electrospinning parameters
After characterizing solution properties, spinnability was evaluated at flow rates ranging from 0.25–5.0 ml/h and applied voltages ranging from 5–25 kV. These test parameters were chosen because they are reported to be stable electrospins (Moffat et al., 2009; Mosher et al., 2021). An electrospin was considered stable when a single, steady fiber ejection persisted without the need of user intervention for >15 min. Once stable spin conditions were identified, the resulting fibers were evaluated to ensure they retain the chemical properties of the source gelatin and are comprised of smooth fibers with physiologically relevant diameters and mechanical properties.
It was observed that gelatin prepared in TFE at 5% and 7% w/v produced stable spins after optimization of melt flow rate and applied voltage (Figures 1C,D), albeit with periodic user intervention and maintenance. When mixed in 50% AA, gelatin failed to electrospin at concentrations below 20% w/v. At 30% w/v, fibers appeared glassy and ribbon like, losing the cylindrical morphology (Figures 1C,D). These initial observations suggest that 7% and 30% w/v gelatin may be the upper limit for producing fibrous meshes in TFE and 50% AA, respectively. As shown in Figure 1C, all stable spins resulted in fibers with diameters averaging less than 300 nm, with the exception of 30% w/v gelatin in 50% AA. As expected, fiber diameter increased with gelatin concentration regardless of solvent tested. The greater solute per unit volume and higher viscosity that is associated with increasing gelatin concentration result in larger fibers along with decreased fiber stretching during ejection (Fridrikh et al., 2003; Zeng et al., 2003).
Given that the 20% w/v gelatin in 50% AA and 7% w/v gelatin in TFE were stable spins and had comparable fiber diameters, these two conditions were selected for further characterization (Figures 1E,F). FTIR-ATR analysis identified the characteristic gelatin or collagen peaks, including amide A (N-H stretch, 3,306 cm−1), amide B (C-H stretch, 3,076 cm−1), amide I (C = O and C-N stretch, 1,646 cm−1), amide II (N-H bend and C-N stretch, 1,520 cm−1), and amide III (N-H bend, C-N stretch, C-C and C = O in-plane bend, 1,234 cm−1) (Muyonga et al., 2004; Nagai et al., 2010; Di Foggia et al., 2011; Cebi et al., 2016; Xu et al., 2017) All were evident in spectra for the source gelatin and in meshes prepared in TFE and AA, indicating that no chemical modifications occurred due to reacting with the solvent nor the electrospinning process. For mechanical properties, both the TFE positive control and 50% AA group showed comparable Young’s Moduli of approximately 30MPa, which is on the order of most biological tissues (Graham et al., 2004; Akhtar et al., 2011). Yield strength, ultimate tensile stress, and ductility were observed to be higher in the 50% AA mesh. The tensile properties of various hydrated collagen-based tissues have been reported to be in the range of 2–27 MPa (Eleswarapu et al., 2011), suggesting that the 50% AA mesh may be more representative of the softer tissues tested, while the TFE mesh was even weaker when tested wet under tension. The enhanced mechanical properties found in the 50% AA meshes may be due to carboxymethylation and subsequent crosslinking that can occur in AA, which is known to increase mesh mechanical properties (Yamauchi et al., 1988; Gómez-guillœn and Montero, 2001). Additionally, differences in solvent evaporation rate may impact the mechanical properties of the fibers by altering the polypeptide chain organization and ultimate crystallinity (Coppola et al., 2012). More specifically, because AA is less volatile than TFE, it will evaporate slower during the spinning process. This slower evaporation can allow polypeptide chains to rearrange to lower energy states, impacting sample crystallinity and enhancing mechanical properties. Lastly, SEM micrographs (Figure 1D, black-boxed and blue-boxed micrographs) showed that both meshes contained smooth, randomly oriented, nanofibers that appeared morphologically identical to many ECM tissues. Thus, gelatin was successfully electrospun in 50% AA with comparable modulus and morphology to traditional electrospinning methods (TFE). Moreover, the meshes were structurally and compositionally similar to natural ECM, supporting the use of this substrate as an ECM analog.
Mesh fabrication: Chemical crosslinking
Electrospun gelatin or collagen meshes require crosslinking to prevent dissolution and loss of structure in aqueous environments such as cell culture media. Therefore, the next part of this study centered on developing an optimized chemical crosslinking strategy that is reproducible and retains both morphological and chemical features of the as-fabricated mesh. Specifically, GTA is used to crosslink the meshes due to the ability of its dialdehyde groups to covalently bind primary amines present along the amino acids that make up gelatin, creating strong chemical crosslinks. To this end, the effects of crosslinking time, GTA bath surface area, and the impact of environmental conditions, including air flow and relative humidity, were evaluated. During each step of the optimization, the resulting mesh stability, fiber morphology, chemical composition, and tensile properties were analyzed. Along with the as-expected increase in mechanical properties due to crosslinking, the optimal crosslinking conditions were defined as the production of physically stable meshes in dry and wet conditions with unaltered fiber morphology.
To evaluate the impact of crosslinking duration on the gelatin mesh, samples were exposed to GTA vapors for 0.5, 1.0, 1.5, and 6 h in a loosely-capped 2-L beaker containing 15 ml of GTA (Figure 2). A noticeable change in mesh morphology was observed at 1.5 h (Figure 2B, SEM). The fibers began to appear less cylindrical and woven and took on a flat, mat-like appearance. This became more apparent after 6 h, as the mesh fiber morphology and apparent pore size, which are critical features for recapitulating the native ECM, were starting to be irreversibly changed. Moreover, fibers began to merge together at 1.5 h, resulting in increases in the apparent fiber diameter. Furthermore, with increasing duration, meshes were becoming noticeably more brittle, making them difficult to handle.
Next, mesh stability was assessed in cell culture media, focusing on maintaining mesh morphology and mass over time. After 2 weeks, distinct fibers were retained in all groups except the 0.5-h group, where numerous pits and voids were observed, indicating 30 min crosslinking is insufficient for stabilizing gelatin in vitro (Figure 2C). In the 6-h group, large beaded structures were observed on the mesh surface. These beads are likely the result of GTA droplets, instead of fine vapors, becoming airborne during long crosslinking periods (beyond 1.5 h). These drops then contact the mesh, merging the nano-fibers into larger structures disrupting fiber morphology. Thus, 0.5-h was insufficient for stabilizing the mesh, while 1.5 and 6 h were too long since abundant bead formation was observed. Furthermore, the 1-h group retained the most similar morphology to the as-fabricated day 0 mesh, which was imaged in 100% ethanol to preserve the mesh structure for comparison.
Meshes crosslinked for 6 h showed no significant change in mass, while the 1-h and 1.5-h groups showed 67% and 71% mass recovery after day 1, respectively (Figure 2E). Mesh mass stabilized thereafter for both groups, suggesting that the initial loss may be attributed to non-crosslinked gelatin. The lowest mass recovery (17%) at day 1 was found in the 0.5-h group, with significantly lower mass recovery over time, indicating the mesh was not sufficiently crosslinked. Along with mass recovery, gelatin recovery was also characterized (Figure 2E), which correlated well with the trends observed in mass recovery, indicating that the changes in mass recorded over time were due to loss of gelatin. In addition, this data further corroborated that meshes crosslinked for 0.5 h are unstable, while 1 and 1.5-h crosslinking demonstrated stability after day 1 and meshes crosslinked for 6 h remained stable through day 14. Reviewing the IR spectra, no discernible differences between as-fabricated and crosslinked meshes were observed, regardless of the duration (Figure 2D). This suggests that the chemical bonds formed during the crosslinking procedure may not be distinguishable by this method, but also confirms that other unintended modifications are not occurring during the crosslinking process. Following IR analysis, the tensile properties of the meshes, including Young’s Modulus, yield strength, tensile strength, and ductility, were evaluated. As expected, mechanical properties increased with crosslinking time, with the highest value measured after 6 h. Notably, however, greater variability was found in the mechanical properties of the 6 h group, which is likely attributed to the increased mesh brittleness that is a result of overexposure to GTA.
Collectively these observations indicate that the ideal crosslinking duration is 1-h, which is sufficient for stabilizing the gelatin meshes without compromising fiber morphology and mechanical properties. Crosslinking for 0.5 h resulted in significant mass loss, while crosslinking for 1.5 and 6 h led to loss of fiber morphology and the mesh fibrous network. Thus, for all subsequent crosslinking optimization, 1 h was chosen as the ideal duration.
After determining an optimal crosslinking duration, the impact that the GTA bath surface area had on crosslinking was investigated. Increasing bath surface area increases vapor formation, thus impacting the crosslinking process. Thus, an optimal bath surface area will produce sufficient vapors to stabilize the meshes without altering their chemical or morphological features. To evaluate this, gelatin meshes were suspended over baths with surface areas of 21 cm2, 55 cm2, and 145 cm2 and crosslinked for 1.0 h (Figure 3). Following crosslinking, no significant changes in fiber diameter nor fiber arrangement and morphology were observed among the different groups (Figure 3B). Imaging by CRM found loss in fiber morphology for the 21 cm2 group after just 1 day of incubation in culture media (Figure 3C). Intact fibrous structures were observed in the 55 and 145 cm2 setups by CRM, however, pitting and voids were found in the 55 cm2 after 14 days of incubation. Mass recovery analysis found an 18% mass recovery for the 21 cm2 after 1 day of incubation, while mass recovery was 62% and 71% for the 55 and 145 cm2, respectively (Figure 3E). By day 14, meshes crosslinked with 21 cm2 surface area fully dissolved, while 55 and 145 cm2 groups remained relatively stable at 49% and 64% mass recovery, respectively. Similar trends were also observed after analyzing gelatin recovery for these samples using the hydroxy-proline colorimetric assay. Analysis by FTIR-ATR did not show any changes, indicating that chemically, gelatin remained unchanged and that GTA crosslinking was not detected in the IR spectra (Figure 3D). Mechanical properties were enhanced in the 145 cm2 group but remained unchanged between the 21 cm2, the 45 cm2, and the as-fabricated mesh (Figure 3D). Thus, it was determined that 145 cm2 surface area was required to fully stabilize the mesh and prevent loss of fiber morphology when crosslinking for 1 h and will be used in further optimization studies.
After identifying optimal duration and surface area parameters, significant variability was still observed in mesh mechanical properties. This variability was found to directly correlate with ambient conditions, such as air flow and humidity, during crosslinking. Suspecting that the loosely-capped beaker exposed the crosslinking to environmental conditions, a custom chamber that isolated the mesh during crosslinking, essentially eliminating humidity and air flow as variables, was developed (Figure 4). To test this new approach, meshes were placed into the custom chamber with a GTA bath with a surface area of 145 cm2 and a vacuum was applied. Similar to the optimized beaker approach, the mesh was crosslinked 30 min per side (1 h total). To determine the impact of the chamber, mesh tensile mechanical properties were evaluated (Figure 4E). Three separate batches were crosslinked in the custom chamber under vacuum and exhibited consistent mechanical properties, with Young’s moduli of 53.1, 49.2, and 55.3 MPa. This is contrasted with 7 batches of mesh crosslinked using the optimized conditions in the loosely capped beaker, which had moduli ranging from 21.9–215.1 MPa. In addition to reduced variability in mechanical properties, no unintended changes in chemical composition by FTIR and the fiber morphology were observed. Using the custom chamber improved the reproducibility of mesh crosslinking by eliminating the influence that ambient conditions had on the production of GTA vapors and their subsequent interaction with the gelatin mesh.
Optimized fabrication protocol and biocompatibility
The processes described above allowed us to determine optimal fabrication and crosslinking conditions for the production of a biomimetic ECM analog using the “green” solvent, AA. Specifically, as shown in Figure 5, the optimal electrospinning conditions are: 20% w/v gelatin in 50% AA at 1 ml/h and 18–22 kV. The optimal setup and conditions for crosslinking includes placing the mesh over a GTA bath (15 ml, 145 cm2) for 60 min (30 min per side) under vacuum in a custom chamber. Collectively, these optimal conditions resulted in a stable, fibrous mesh with physiologically relevant mechanical properties that may be used as a biomimetic alternative to current in vitro culture platforms (Figure 5). Optimized meshes exhibited Young’s moduli of 41.2 and 1.08 MPa when dry and hydrated, respectively. Furthermore, when hydrated, the meshes were viscoelastic, with a storage modulus of 1.70 kPa. The hydrated meshes were highly elastic and ductile, properties that are similar to many natural ECM (Jiao et al., 2012). It is emphasized that our optimized protocol reproducibly yielded meshes that are chemically and morphologically comparable to collagen matrix and exhibit physiologically relevant physical properties. This is a significant improvement over other commonly utilized approaches for in vitro cell culture, including TCPS and synthetic polymer substrates, and demonstrates enhanced reproducibility over similar approaches currently presented in the literature.
[image: Figure 5]FIGURE 5 | Optimal Fabrication: Electrospinning and Crosslinking. Gelatin electrospun in 50% acetic acid and crosslinked for 1 hr in a vacuum chamber results in stable, fibrous meshes with a conserved chemical composition. (A) Optimal electrospinning and crosslinking conditions. (B) Dry (SEM, 2,500x, 10,000x) and wet morphology (CRM, 100x, 300x) and stability of crosslinked gelatin meshes prepared using optimized parameters. (C) Table summarizing properties of optimized mesh. (D) Tensile properties after crosslinking and hydrating (n = 10). (E) Viscoelastic properties of hydrated gelatin meshes (n = 3). #=p < 0.05.
To assess the biocompatibility of the crosslinked gelatin meshes, mesenchymal stromal cells (MSC) were cultured on the meshes and cell bioactivity and viability were evaluated (Figure 6). Meshes were consider biocompatible if they supported cell attachment, proliferation, and phenotypic response. It was observed that the MSC readily attached to the mesh fibrils (Figure 6A). Furthermore, the cells were observed both atop and beneath mesh fibrils, indicating that they can interact with, respond to, and penetrate the matrix. The stem cells remained viable and proliferated through the course of the study, indicating the mesh did not negatively impact cell health and supports cell proliferation (Figures 6B,C). When normalized to surface area, cell proliferation was greater on the mesh than on TCPS through day 14. At day 14, proliferation on the mesh plateaued, suggesting cell-to-cell contact inhibition may be preventing further expansion. Conversely, on TCPS significant cell proliferation was observed to day 28. This is likely the result of cells spreading to the well-walls and possibly forming cell sheets, which were observed on TCPS but did not occur with mesh samples. Next, minimal ALP activity was observed during the course of the study, suggesting the stem cells are likely maintaining their naïve, undifferentiated state during culture. Collagen content was characterized and it was observed that the MSC did not appear to produce any new matrix, as collagen detected in cellular groups closely correlated with collagen measured in acellular groups. These results clearly demonstrate that gelatin meshes can successfully support stem cell culture prior to induction or differentiation studies.
[image: Figure 6]FIGURE 6 | Mesh Biocompatibility: Stem Cells. Meshes were biocompatible and supported MSC attachment and growth. (A) Cell/matric interaction (Day 2, SEM, 500x, 2,500x). (B) Cell Viability (C) Cell proliferation, bioactivity, and matrix stability (n = 5). *= p < 0.05 between groups. #=p < 0.05 over time.
The phenotypic response of a human osteoblast-like cell line on the matrix was also evaluated. Specifically, we were interested in determining if the gelatin mesh can act as a collagen-based platform for cell mediated mineralization. This is of interest because it models one route through which natural tissue mineralization occurs and thus could demonstrate the use of this platform for studying tissue mineralization. Similar to the MSC, the mesh readily supported attachment and proliferation of the osteoblast-like cells (Figure 7). When normalized to surface area, significant proliferation was observed in both mesh and TCPS groups after 28 days of culture. At 28 days, greater proliferation observed in the TCPS can be attributed to the formation of layers of cell sheets as well as cells expanding up the well-walls in the culture plate. Similar to the stem cell data, there was no discernable collagen production when compared to acellular meshes, suggesting the cells may not need to produce additional collagen matrix in the presence of the gelatin mesh. Significantly greater ALP activity was observed from cells cultured on the mesh compared to TCPS at day 2. Alkaline phosphatase is an enzyme critical for catalyzing the conversion of organic phosphate to inorganic phosphates in the body, the rate limiting step that makes up calcium-phosphate minerals in hard tissues (Orimo, 2010). Thus, this elevated activity is not just phenotypically expected, it also demonstrates the mesh can readily act as a base for supporting cell mineralization. Furthermore, it is to be expected that, under normal physiologic conditions, initial increases in ALP activity will be followed by decreases in activity after sufficient amounts of inorganic phosphates are produced. This pattern was observed in the mesh group. Conversely, steadily increasing ALP activity was observed in the TCPS group, which suggests non-physiologic ALP activity that may be related to culturing on TCPS. Mesh mineralization was further corroborated in the SEM/EDS analysis and histological staining (Figure 7D). Mineral nodules were evident on the mesh surface, which was accompanied by significant increases in calcium and phosphorous content on the mesh surface. The increases in CaP on the gelatin meshes may be attributed to cell mediated mineralization. Calcium and phosphate staining positively identified mineral on the mesh surface and through the mesh cross-section after 28 days of culture. Thus, it is clear the gelatin mesh was providing the collagen matrix framework that acts as a substrate for and is functionally similar to the in vivo sites for mineralization. This system offers a significant advantage when compared to other systems previously developed for substrate mineralization (Murphy and Mooney, 2002; Nandakumar et al., 2010). Alternative systems often utilize synthetic materials and surface coatings using concentrated simulated body fluid, an ion-rich solution comparable to blood plasma. These non-physiological factors impact the applicability of data collected on these systems when trying to study natural cellular processes. Conversely, in the work presented here, human osteoblast-like cells readily mineralized the surface of the biomimetic gelatin meshes while cultured under physiologically relevant conditions. Thus, the gelatin meshes support cell culture and viability, representing a more biomimetic culture system.
[image: Figure 7]FIGURE 7 | Mesh Biocompatibility: Human Osteoblast-like Cells. Meshes were biocompatible and supported Saos-2 cell attachment, growth, and matrix mineralization. (A) Cell/matrix interactions (day 2, SEM, 500x, 3,000x). (B) Cell Viability. (C) Cell proliferation and matrix stability (n = 5). (D) Matrix mineralization qualitatively by Von Kossa and Alizarin Red histological stains and quantitatively by alkaline phosphate activity (n = 5) and SEM EDS (SEM, 500x, n = 5 regions per mesh). #=p< 0.05 between groups, * = p < 0.05 over time.
CONCLUSION
This study aimed to develop an ECM analog with high fidelity by systematically elucidating optimal fabrication and crosslinking conditions for collagen-based fibers. After optimizing gelatin electrospinning via the use of acetic acid, a “green” and biocompatible solvent, the effects of crosslinking conditions, including duration of exposure, surface area, and ambient conditions were investigated, culminating in optimal parameters for gelatin crosslinking post-fabrication. The resultant mesh is stable in both dry and wet conditions with little batch-to-batch variability, and retains as-fabricated architecture and native chemistry while enhancing mechanical properties. Moreover, the collagen platform supported the maintenance of human stem cells as well as the phenotypic production of a mineralized matrix by osteoblast-like cells. Future studies will explore the potential of this novel ECM analog for elucidating cell-matrix interactions and informing the design of tissue regeneration therapies.
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Chondrogenic models utilizing human mesenchymal stromal cells (hMSCs) are often simplistic, with a single cell type and the absence of mechanical stimulation. Considering the articulating joint as an organ it would be beneficial to include more complex stimulation. Within this study we applied clinically relevant kinematic load to biphasic constructs. In each case, the upper layer consisted of fibrin embedded hMSCs retained within an elastomeric polyurethane (PU) scaffold. These were randomly assigned to five base scaffolds, a cell-free fibrin PU base, viable bone, decellularized bone, 3D printed calcium phosphate or clinically used cement. This allowed the study of cross talk between viable bone and chondrogenically differentiating MSCs, while controlling for the change in stiffness of the base material. Data obtained showed that the bulk stiffness of the construct was not the defining factor in the response obtained, with viable and decellularized bone producing similar results to the softer PU base. However, the stiff synthetic materials led to reduced chondrogenesis and increased calcification in the upper MSC seeded layer. This demonstrates that the underlying base material must be considered when driving chondrogenesis of human cells using a clinically relevant loading protocol. It also indicates that the material used for bony reconstruction of osteochondral defects may influence subsequent chondrogenic potential.
Keywords: osteochondral, chondrogenesis, crosstalk, tissue engineering, scaffold, signalling, mechanobiology
1 INTRODUCTION
Articular cartilage overlays the articulating surfaces of bones providing a low friction gliding surface to allow free movement and acts to protect the underlying bone, preventing damage from the high forces generated within joints (Sophia Fox et al., 2009). Cartilage defects are increasingly common and can be divided into three major classes: partial thickness defects, full thickness defects and osteochondral defects depending on the depth of the damage (Nukavarapu and Dorcemus, 2013). Cartilage defects present a unique clinical challenge due to their poor self-healing capacity, largely due to its avascular nature that impedes access of blood and bone marrow mesenchymal stem/stromal cells (MSCs) from the surrounding environment (Hunziker and Rosenberg, 1996; Buckwalter and Mankin, 1998). The crosstalk between the cartilage, underlying bone and any regenerating tissue will play a role on the resultant de novo tissue (Gomoll et al., 2010; Madry, 2010). Yet in vitro model systems generally lack this critical interaction, furthermore they also typically lack mechanical stimulation, a key aspect of cartilage biology. In many clinical trials of symptomatic cartilage defects, a modified autologous chondrocyte implantation (ACI) technique has been used with success by replacing the autologous chondrocytes with hMSCs seeded into collagen scaffolds (Wakitani et al., 2002; Wakitani et al., 2004; Kuroda et al., 2007). The substitution of chondrocytes with MSCs is also increasingly common as bone marrow aspirate harvest is relatively simple to obtain in comparison to cartilage biopsy required for chondrocyte expansion. MSCs as an alternative cell source for cartilage repair are relatively easy to isolate from a variety of tissues and represent an emerging ATMP treatment (Schneider et al., 2010; Bieback et al., 2011). However, in general current surgical treatments do not ensure consistent regeneration of hyaline cartilage, leading predominantly to fibrous tissue and hence remain controversial (Knutsen et al., 2007; Armiento et al., 2018). Therefore, there is a critical need to better study and understand healing mechanisms to achieve more effective therapies for cartilage regeneration through the development of new tissue engineering approaches. For this, to be successful, improved in vitro culture models will be required.
One of the major issues associated with in vitro MSCs chondrogenesis for cartilage therapy is their progression towards terminal differentiation and hypertrophy (Pelttari et al., 2006; Mueller and Tuan, 2008). It has been speculated that the rapid progression of MSCs towards hypertrophy during chondrogenic induction in vitro by using pellet culture, is caused by the loss of the important spatial and temporal signalling networks that exist for in vivo chondrogenically differentiating populations of cells (Pelttari et al., 2006). Accordingly, the interaction between cartilage and the subchondral bone is increasingly a focus of preclinical and clinical research (Gomoll et al., 2010; Madry et al., 2016). As such, the crosstalk and the organization of the cells within the tissue is essential for the tissue’s normal development, homeostasis and repair. The ability to manage and reproduce the complex osteochondral unit from a cell point of view is still challenging but represents one of the key factors for a successful tissue regeneration. Since most tissues in the body, including osteochondral tissue, consist of more than one cell type, the development of a suitable co-culture system becomes an important requirement to finally achieve a functional cartilage regeneration both for clinical needs and for research purposes. Attempts have been made to establish osteochondral models.
Therefore, the aim of this study was the development of a more complex hybrid in vitro—ex vivo osteochondral model composed of an ex vivo bone explant cylinder underlying the in vitro de novo cartilage zone, represented by a fibrin poly (ester-urethane) (PU) construct asymmetrically seeded with hMSCs (Gardner et al., 2017a). This study primarily aimed to investigate the effect of bone and its putative biological and mechanical signals on the chondrogenic differentiation of human bone marrow MSC residing in the upper PU: fibrin scaffold. In parallel, the clinically relevant materials calcium phosphate and bone cement were used as a stiff osteochondral base in place of bone. In addition, the effect of joint-simulating mechanical load has been demonstrated to be beneficial for hMSC chondrogenesis (Li et al., 2010a). Therefore, the effect of mechanical loading was assessed, concomitantly with the presence of the bone and with its alternatives bases, on hMSC chondrogenesis seeded within the upper PU:fibrin scaffold. The aim of this study was to investigate if ex vivo bone affects the chondrogenic differentiation of hMSCs within a bilayer scaffold. We hypothesized that soluble signals from live bone would change the phenotype of the MSCs differentiating in the upper layer. Furthermore, we hypothesized that changing the 2 mm base material to a rigid material would modify the response to load compared to the soft PU base.
2 MATERIALS AND METHODS
2.1 Donor information
Human bone marrow aspirate was obtained with full ethical approval (KEK-ZH-NR: 2010-0444/0) and MSCs were isolated using standard methods (Gardner et al., 2015). See Table 1 for donor details. In brief, after Ficoll gradient separation mononuclear cells were seeded at a density of 50,000 cells/cm2 into culture flasks and left to attach for 96 h in αMEM supplemented with 10% FBS, 5 ng/ml basic fibroblast growth factor (bFGF) (Peprotech, Rocky Hill, United States) and 100 U/ml penicillin and 100 μg/ml streptomycin (Gibco, Carlsbad, United States). The medium was changed after 4 days and the attached cells were allowed to grow to 80% confluence before passaging. Expanded cells were seeded at density of 3,000 cells/cm2 into fresh culture flasks and cultured in complete expansion medium.
TABLE 1 | Human sequences of self-designed oligonucleotide primers and probes used for real-time PCR analysis.
[image: Table 1]2.2 Viable bone cylinder preparation from bovine knee joints
Bovine knee joints were collected from 6-month-old calves obtained from a local abattoir (Metzgerei Angst AG, Zurich, CH) within 48 h of slaughter. Drilling from the cartilage femur surface was performed by using the Bosch PBD 40 compact drilling machine supported by saline irrigation to constantly keep a hydrated environment during drilling. Osteochondral explants cylinders of 8 mm diameters were produced using a diamond coated custom-made trephine drill (Peertools AG, Ftan, CH). The cylindrical explants were washed with 1000 U/mL penicillin and 1,000 μg/ml streptomycin for 15 min. Then, the explants were further cut with an Exakt 300 band circular saw (Exakt Apparatebau GmbH & Co.KG, DE) to achieve cancellous bone cylinders with a final thickness of 2 mm and a diameter of 8 mm. These cylinders were soaked for 15 min in 1,000 U/ml penicillin and 1,000 μg/ml streptomycin and then for other 15 min in 100 U/ml penicillin and 100 μg/ml streptomycin. Cancellous bone cylinders were then transferred into 24 well plates and cultured in Dulbecco’s modified eagle medium (DMEM-HG, 4.5 g/L-glucose; Gibco) supplemented with 10% fetal bovine serum (FBS, Gibco) and 100 U/ml penicillin and 100 μg/ml streptomycin, at 37°C and 5% CO2 until the assembling with the upper MSC seeded PU-scaffold.
2.3 Decellularization of bone cylinders
Bone cylinders were exposed to five freezing-thawing cycles alternating between liquid nitrogen for five minutes and a 56°C water bath for five minutes (Jahn et al., 2010).
2.4 Seeding of fibrin-poly (ester-urethane) scaffolds
Elastomeric polyurethane (PU) scaffolds (2 mm height × 8 mm diameter) were created by salt leech synthesis. Scaffolds were asymmetrically seeded to better represent the superficial zone found in articular cartilage (Gardner et al., 2017a). Monolayer expanded MSCs (3 × 106 cells per scaffold) were resuspended in 37.5 µl of 33 mg/ml fibrinogen (Baxter, Vienna, Austria). The fibrin cell mixture was then rapidly mixed in the presence of the PU scaffold with an equal volume of 1 unit/ml thrombin (Baxter, Vienna, Austria). After 1 h at 37°C a further 500,000 cells were added to the surface of the scaffold and left to adhere. Scaffolds were cultured in a medium consisting of: Dulbecco’s modified Eagle medium (4.5 g/L glucose (Gibco, Carlsbad, United States), 0.11 g/L sodium pyruvate, 50 μg/ml L-ascorbic acid 2-phosphate sesquimagnesium salt hydrate, 1 × 10-7 M dexamethasone, ITS + premix containing insulin 6.25 μg/ml, transferrin 6.25 μg/ml and selenious acid 6.25 ng/ml, bovine serum albumin 1.25 mg/ml and linoleic acid 5.35 μg/ml (Corning, Bedford, United States), 1% (v/v) Non-essential amino acids (Gibco, Carlsbad, United States), 100 U/mL penicillin and 100 μg/ml streptomycin (Gibco, Carlsbad, United States) and 5 μM 6-aminocaproic acid to reduce fibrin degradation (Kupcsik et al., 2009).
2.5 Preparation of 3D printed ceramic base
Osteoink calcium phosphate cement ink was use to 3D print the ceramic base as recommended by the manufacturer (OsteoinkTM, RegenHU, Villaz-St-Pierre, Switzerland). The ink is similar to the CE-marked ink developed by Innotere GmbH (Germany) and is mainly composed of α-tricalcium phosphate (α-TCP) with smaller amounts of hydroxyapatite, monetite, calcite and β-TCP, and a carrier liquid composed of triglycerides and surfactants (Heinemann et al., 2013). Setting of the cement occurs via α-TCP hydrolysis.
2.6 Preparation of the cement base
Acrylic casting resin SCS-Beracryl D-28 (Suter Kunststoffe AG, Fraubrunnen, Switzerland) was used to prepare the solid cement base as per manufactures instructions. In brief, the resin acrylic SCS-Beracryl D-28 and hardener was mixed in approximately equal weight proportions and mixed well. After casting, the samples were left to harden for 1 h.
2.7 Preparation of osteochondral combinations
hMSC seeded scaffolds were placed over the relevant base material and held together using a PU ring produced in the same manner as the upper PU scaffold. For an overview of the experimental Design, see Figure 1.
[image: Figure 1]FIGURE 1 | Overview of experimental design.
2.8 Application of multi-axial mechanical load
Osteochondral constructs were loaded using a custom-made multiaxial load bioreactor, designed to apply both dynamic shear and compressive loading, based on a tribological system analysis of natural articulating joints (Wimmer et al., 2004). Loaded scaffolds were exposed to 10% compression superimposed on top of a 10% pre-strain and shear loading (± 25°C) at 1 Hz for one hour a day five times a week over 7 and 28 days. 10% compression and 25°C rotation were chosen based on results from previous work (Li et al., 2010a). Load cells, located underneath the sample holders, were used to detect contact between the ceramic ball and scaffold in order apply 10% pre-compression before the initiation of 10% cyclic compression. Loading was carried out in an incubator at 37°C, 5% CO2 and 80% humidity. Control scaffolds were kept in free-swelling culture conditions and harvested in parallel at the same timepoints of the loaded samples. The culture media was changed three times per week during the loading period.
2.9 Real Time PCR
RNA was isolated using TRI reagent and cDNA synthesized using Superscript VILO cDNA synthesis kit (Thermo Fisher) as per manufacturers recommendations. Either custom primers (Microsynth, Balgach, Switzerland) or Gene Expression Assays (Applied Biosystems, Carlsbad, United States) (Table 2) were used. Real Time PCR was performed using TaqMan® Master Mix and an Applied Biosystems QuantStudio 6 Flex Real-Time PCR System (Applied Biosystems, Carlsbad, United States. Data was analysed using the 2-ΔΔCt method to day 0 with human RPLP0 as the endogenous control.
TABLE 2 | Details of source material from each donor used.
[image: Table 2]2.10 Biochemical analysis
For biochemical analysis, one half scaffold was digested in 0.5 mg/ml Proteinase K (Roche, Basel, Switzerland) at 56°C for 16 h. Proteinase K (PK) was then deactivated with a 10 min incubation at 96°C, and the samples stored at -20°C for analysis. Total amount of glycosaminoglycans (GAGs) produced by cells, measured in both collected media and PK digests, was determined using the 1.9-dimethyl methylene blue (DMMB) assay and normalised to the DNA content of each PK digest measured using Hoechst 33,258 dye (Polysciences Inc., Warrington, United States).
2.11 Bone sectioning and viability assessment of osteocytes using lactate dehydrogenase activity staining
Bone cylinders were cut by using Leica annular saw (Leica AG, Glattbrugg,CH) to achieve sections of 250 µm–300 µm. Lactate dehydrogenase (LDH) staining solution (5% polypeptide base solution, 60 mM lactic acid (final conc. 5.4 mg/ml), 17.5 mg Nicotinamide adenine dinucleotide (NAD final conc. 1.75 mg/ml) was prepared (Jahn and Stoddart, 2011). The pH was brought to 8.00 and 30 mg Nitroblue Tetrazolium (NBT, Sigma N5514) was then added. The bone sections were washed in PBS and placed in separate well where 500 µl of freshly prepared LDH staining solution was added. The sections were incubated at 37°C for 4 h in the dark, washed with warm (50°C–56°C) distilled water and then fixed with 4% paraformaldehyde at 4°C for 10 min. After a brief wash in deionized water, the sections were placed on glass slides and mounted with water based mountant (hydromount DAKO, National Diagnostics, HS-106).
2.12 Histological analysis
Methanol fixed PU/fibrin/MSC samples were frozen in OCT compound (R. Jung GmbH, Nussloch, Germany) before being sectioned (12 µm thick) on a cryotome (Carl Zeiss AG, Oberkochen, Germany) and adhered to Superfrost Plus slides (Thermo Fischer scientific, Waltham, United States). Slides were stored at −20°C.
2.13 Safranin O/Fast green staining
OCT compound was removed from the cryosections by rinsing in distilled water for ten minutes prior to Safranin O staining. This was followed by a twelve minute incubation in Weigert’s Haematoxylin. The slides were then placed in lukewarm tap water for ten minutes, briefly washed in distilled water and then placed in 0.02% (v/v) fast green in 0.01% (v/v) acetic acid in deionised water for five minutes. Fast green staining was followed by thirty seconds in 1% (v/v) acetic acid and then five minutes in 0.1% (w/v) Safranin O solution (Chroma-Gesellschaft Schmid GmbH & Co., Münster, Germany). The slides were then dehydrated by immersing them in 96% ethanol twice (one minute each) and then 100% ethanol twice (two minutes each). Slides were then placed in 100% xylene for two minutes twice before being mounted using Eukitt mounting medium.
2.14 Von Kossa staining
OCT compound was removed from the cryosections by rinsing in distilled water for ten minutes prior to Von Kossa staining. This was followed by a thirty-minute incubation in 5% (v/v) Silver Nitrate (Sigma Aldrich, Sigma-Aldrich, Buchs, Switzerland) and parallel exposure to strong light. The slides were then rinsed three times ten minutes with deionized water and then placed in 5% (v/v) Sodium Thiosulfate (Sigma Aldrich, Sigma-Aldrich, Buchs, Switzerland) for ten minutes to fix the previous staining. The sections were washed again three times ten minutes with deionized water and counterstained per 10 min with 0.1% (v/v) Nuclear fast red (Fluka, St. Louis, United States). The slides were then washed as described in the previous steps and dehydrated by immersing them in 70% ethanol per ten seconds, 96% ethanol per one minute and then 100% ethanol twice (two minutes each). Slides were then placed in 100% xylene for two minutes twice before being mounted using Eukitt mounting medium.
2.15 Statistical analysis
Data was analysed using 2-way ANOVA with Tukey multiple comparison, a p value > 0.05 was considered significant.
3 RESULTS
3.1 Gene expression profiles of hMSCs seeded into fibrin-poly (ester-urethane) scaffolds after seven and twenty-eight days of culture
After 7 and 28 days of culture the gene expression profile of the MSCs in the upper scaffold was assessed (Figures 2, 3). Both transcription factors studied, SOX9 and RUNX2 were upregulated by mechanical load. The increase in Sox9 expression was most pronounced in the PU, viable bone and decellularized bone groups whereby day 28 expression had increased above day 0 levels. This led to a noticeable improvement in the SOX9/RUNX2 ratio, an indicator of chondrogenesis, in these groups (Figure 2).
[image: Figure 2]FIGURE 2 | Gene expression of transcription factors SOX9 and RUNX2 in various scaffold systems under static (S) and loaded (L) conditions. Load generally led to an increase in both transcription factors. The load induced increase in SOX9 was most pronounced in the PU, vital bone, and bone dead groups. When considering the SOX9/RUNX2 ratio, the higher values were observed in the loaded groups with the bony bases. *p < 0.05, **p < 0.01, ***p < 0.001. Black significance bars designate differences on Day 7 among all groups or day 7 vs. day 28 within the same group. Purple significance bars designate differences on Day 28.
[image: Figure 3]FIGURE 3 | Gene expression of cartilage (COLA2A1, COMP, ACAN), hypertrophy (COL10A1) and bone (COL1A1, ALP, OC) related genes. Load generally led to an increase in all markers except ALP. Load combined with the PU, vital bone, and bone dead groups led to particularly favourable ACAN expression and improved COL2A1/COL1A1, COL2A1/COL10A1 ratios. *p < 0.05, **p < 0.01, ***p < 0.001. Black significance bars designate differences on Day 7 among all groups or day 7 vs. day 28 within the same group. Purple significance bars designate differences on Day 28.
Load also increased aggrecan and collagen 2 expression in the PU, viable bone and decellularized bone groups (Figure 3). While printed CaP and Cement based groups had a lower expression by day 28 and no noticeable response to load. By day 28, load induced a significant increase in collagen 10, which was most noticeable in the PU, viable bone and decellularized bone groups. The Col 2/Col 10 ratio demonstrates a significant benefit of load in the PU, viable bone and decellularized bone groups over time, the Col 2/Col 10 ratio decreased in the printed CaP group, indicating an unfavourable condition.
Investigating other pathways, Collagen 1 showed an increased expression, which was similar in all groups by day 28 (Figure 3). However, the PU, viable bone and decellularized bone groups also had a noticeable increased expression by day 7. ALP expression generally decreased with load, however few changes were significant. The expression of osteocalcin was generally higher with load in all groups, with no obvious differences between the groups. COMP expression levels generally increased over time in all groups and this was more pronounced with all loaded groups.
Taken together, the expression of cartilage related markers was increased by load and formed two clusters of expression. The PU, viable bone and decellularized bone groups showed a beneficial profile that was similar between the groups, whereas CaP and cement displayed a poorer chondrogenesis. The more bone related markers Col1, ALP, osteocalcin and Runx2 showed no specific base related trends.
3.2 Quantification of DNA content and sulphated glycosaminoglycan in fibrin-poly (ester-urethane) scaffolds and released into culture media
Under static conditions all groups showed a similar DNA content after 28 days of culture (Figure 4). This was largely unaffected by load, except for the vital bone and bone dead groups where a slight increase in DNA content was observed under loading conditions compared with static.
[image: Figure 4]FIGURE 4 | DNA, GAG per scaffold, Total GAG per scaffold/DNA, Total sGAG released into the media and total sGAG (media plus scaffold) produced over the entire 28-days. Load led to reduced sGAG per scaffold/DNA, mainly due to the load leading to an increased release of GAG into the medium. However, with the exception of the cement group, load led to an increase in total sGAG produced. The total sGAG produced was similar for PU, viable bone and decellularized bone, while the use of a 3D printed or cement base led to a significant reduction of total sGAG.
sGAG deposited in the scaffold: After 28 days of MSC chondrogenesis, no significant differences were observed in the sGAG deposition in PU, vital bone and bone dead groups (Figure 4). However, load led to a significant decrease (**p < 0.01) of sGAG deposition in the 3D printed CaP group. A similar but not significant decrease was observed for the cement group. However, the sGAG deposition within the Cement group both under static and load conditions was significantly lower than the corresponding static or loaded vital bone (**p < 0.01 and *p < 0.05), bone dead (**p < 0.01 and *p < 0.05) and PU (**p < 0.01) groups.
GAG per scaffold/DNA ratio at day 28: the scaffold sGAG/DNA ratio was investigated at day 28 to evaluate if the sGAG incorporated in the scaffold was due to higher MSC proliferation than differentiation (Figure 4). The scaffold sGAG/DNA ratio showed a similar trend observed for the GAG per scaffold. An overall reduction of the scaffold GAG/DNA ratio under loading was consistent among all the groups and was significantly more pronounced for bone dead (*p < 0.05), 3D printed CaP (**p < 0.01) and cement groups (**p < 0.01). Under static conditions, PU led to the highest GAG/DNA level and this reached significance when compared with cement static (*p < 0.05), with a tendency to higher GAG/DNA ratio when compared with the vital bone, 3D Printed CaP and cement loaded groups.
Within the loaded groups comparison, PU showed again the best scaffold sGAG/DNA ratio that was significantly higher compared with 3D Printed CaP (**p < 0.01) and Cement (*p < 0.05) groups. Cement loaded group showed the worst scaffold sGAG/DNA ratio significantly lower compared with PU (**p < 0.01), bone dead (*p < 0.05) and vital bone (*p < 0.05) loaded. In addition, the cement load scaffold sGAG/DNA was a notably lower also in comparison with all the other static groups. 3D Printed CaP loaded group showed notably lower GAG/DNA then bone dead and PU static groups.
When using the PU: fibrin system, a large portion of the sGAG produced is released into the culture media. Therefore, GAG per media was also monitored and analyzed at each media change in order to investigate the trend of GAG release over 28 days of hMSCs chondrogenic differentiation (Figure 5). Over 28 days, an overall increase of sGAG per media was observed under loading conditions compared with comparable static conditions, with 3D Printed CaP (*p < 0.05) and PU (***p < 0.001) groups reaching significance. The cement base was the only group where a significant decrease (**p < 0.01) was detected. Notably, the 3D Printed CaP and cement groups had a lower GAG production compared with the other three groups. Among the static groups, the highest media sGAG level was detected for vital bone group while among the loaded groups the highest media sGAG level was detected for PU. However, we did not find significant differences between PU, vital bone and bone dead groups by comparing either static or loaded conditions. Differently, PU (****p < 0.0001), vital bone (****p < 0.0001) and bone dead (****p < 0.0001) groups released a significantly higher sGAG into the culture media compared with 3D Printed CaP and Cement either under static or under loading conditions. In addition, 3D Printed CaP loaded group showed significantly higher media sGAG (**p < 0.01) compared with cement loaded group. No significant differences occurred under static conditions between 3D Printed CaP and cement even though 3D Printed CaP produced and released in the culture media more sGAG than the cement group.
[image: Figure 5]FIGURE 5 | sGAG released into media by day. Media was sampled every two days and the sGAG contained within was quantified. By day 5 significant load induced differences were observed due to load and these were maintained throughout the experiment. *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001.
3.3 Histology
In order to investigate the effect of the bone, the assessment of its viability over all the culture time was ensured by performing the lactate dehydrogenase viability staining at different timepoints. Viable bone was observed over the full 28 days, while the lack of LDH stained lacunae demonstrated the successful decellularization process (Figure 6).
[image: Figure 6]FIGURE 6 | LDH staining of viable osteocytes within cultured bone explants. Dark spots indicate a viable osteocyte visible against the autofluorescent bone. Osteocytes in viable bone remained viable for up to 28 days, while the decellularization process was successful at removing all viable osteocytes.
Due to the large release of GAG into the medium, little safranin O-stained GAG matrix was observed in the upper scaffold after 28 days (Figure 7). However, von Kossa staining demonstrated considerable differences between the groups (Figure 7). While there was nonspecific staining of the cell free polyurethane base, there was no calcification observed in the upper cell seeded PU scaffold in any of the donors for the PU, viable bone and decellularized bone groups. However, with the exception of donor 3, there was significant von Kossa staining in the 3D printed calcium phosphate and cement groups. The 3D printed calcium phosphate demonstrated more calcification at the lower edge of the scaffold at the interface with the base, while the von Kossa staining was more evenly distributed throughout the scaffold in the cement group.
[image: Figure 7]FIGURE 7 | Example Safranin O and Von Kossa histology after 28 days of culture. Safranin O staining was minor due to the high resale of produced GAG into the culture medium. Von Kossa staining was observed at the interface (3D Printed CaP) or throughout (cement) the upper MSC laden scaffold. This was not observed when PU or bone was used as the base. (Scale bar = 1 mm).
4 DISCUSSION
Integration of kinematic load into ex vivo osteochondral culture models would allow a closer representation of the in vivo environment (Vainieri et al., 2018). This strategy could provide a new model to study healing or the regenerative processes of articular cartilage in a more joint-like environment, especially when various mechanical loading patterns can be applied to the model. In recent years, there has been a considerable effort to produce bioreactors and loading devices (Heath and Magari, 1996; Li et al., 2004; Lee et al., 2017; Meinert et al., 2017; Daly et al., 2018; Jonnalagadda et al., 2018; Nazempour and Van Wie, 2018). The bioreactors might be a supporting tool to expose cells seeded in a scaffold structure or ex-vivo explants, to different forms of mechanical load. This can be used to either develop tissue engineered implants or to better study the effect of mechanical load on tissue healing by simulating and predicting in vivo processes (Grad et al., 2011). It is quite challenging to achieve and faithfully reproduce complex in vivo load, as the motion pattern can vary greatly even within the same joint (Grad et al., 2011). Nevertheless, even rudimentary mechanical stimulation is highly desirable. Within this study we applied compression and shear mechanical load to various osteochondral implant composites. The primary aim was to assess effect of load and the potential crosstalk between viable bone and MSC laden constructs. To control for the mechanical environment, decellularized bone, calcium phosphate printed base, and a cement base were used. The devitalized bone also offered a control to the viable bone soluble molecules produced by the viable cells. When considering the two main hypothesis, in the current study neither were proven correct.
We hypothesized that soluble signals from live bone would change the phenotype of the MSCs differentiating in the upper layer. When considering the two main experimental groups required for this analysis, viable bone base and decellularized bone base, no differences at the gene expression level could be detected. Other studies have demonstrated a soluble cross talk between osteoblasts, chondrocytes and MSCs (Funck-Brentano and Cohen-Solal, 2011; de Vries-van Melle et al., 2014a; Leyh et al., 2014; Glueck et al., 2015). There are reasons why this may not have been observed in this study. Potentially, biologically active molecules were leaching out of the decellularized bone driving a similar response to live bone. Alternatively, the distance between the bone and the MSCs in the upper scaffold may have been too great, with the soluble signals only affecting the MSCs in the lowest part of the scaffold. These effects may have been diluted out when using a destructive PCR analysis and suggest more spatial phenotyping would be required. Furthermore, studies which have shown the most dramatic effects utilized an osteochondral defect model (de Vries-van Melle et al., 2014a; de Vries-van Melle et al., 2014b) where the implanted material would have a more confined environment. While it is also possible that soluble molecules from bovine bone are not able to adequately stimulate human cells, an effect of bovine subchondral bone on human bone marrow MSCs has previously been observed (de Vries-van Melle et al., 2014a) suggesting the lack of signalling arises elsewhere. Therefore, an enclosed osteochondral defect model such as that developed by Vaineri et al. would lead to more reliable data (Vainieri et al., 2018). While no changes were observed with the PCR data, differences were seen at the histological level, particularly in the Von Kossa staining pattern. There is also the possibility that the total cell density is not sufficient, and the load induced fluid flow in this unconfirmed environment led to a washout of the secretome rather than a cross talk.
Furthermore, we hypothesized that changing the 2 mm base material to a rigid material would modify the response to load compared to the soft PU base. This also was not the case, as both the live and decellularized bone bases had similar responses to the softer PU base. This suggests there is a critical threshold above which the load response occurs and this is already reached when using the PU: fibrin scaffolds. As it has been previously shown that shear superimposed on compression leads to the mechanical activation of TGF β, this may be one of the key motion patterns required to drive the response (Gardner et al., 2017b). As frequency and amplitude has been shown to modify the chondrogenic response (Li et al., 2010b) it suggests the mechanical activation occurs in the liquid interface during the shear application, and then compression drives the activated TGF β protein into the scaffold. Once the bulk properties of the construct reach a threshold to allow this to occur, stiffening the construct further would not necessarily lead to increased protein activation.
Unexpectedly, the printed CaP and cement base groups led to a detrimental effect on the MSC chondrogenesis. Collagen 2 and aggrecan expression was decreased in comparison to the other three groups, and GAG production was reduced. No obvious difference in DNA content was observed between the groups, suggestion viability was not a reason for the reduced chondrogenesis. In both cases, an increase in calcium deposition was observed in the upper MSC laden scaffold, suggesting a more bony phenotype was induced. This was not apparent in the PCR data and we have not yet identified the underlying pathway involved. The exact mechanism may be different for the two materials, as they have different porosity and calcium content, which may affect nutrient availability and final medium composition respectively. The negative effect for the cement and printed CaP groups was most noticeable with reduced GAG production, and lower collagen 2 mRNA expression levels, these aspects need investigating further. This result may have a clinical significance as both of these materials are used clinically, and this data suggests detrimental effects on the developing cartilage when compared to natural bone graft. In the case of the 3D printed calcium phosphate base, it is possible that the material is affecting media calcium and phosphate levels. A study using a similar material from Innotere GmbH, Germany, demonstrated that 3D printed calcium phosphate materials decreased media calcium levels, while phosphorus levels were initially increased over the first 14 days (Kilian et al., 2020). In that study, the base material led to improved GAG and Collagen II production when using human chondrocytes. Therefore, it is possible the biological outcome is cell specific, but the influence of the base material should not be overlooked. The response to load is also likely to be cell specific. The negative effects seen could also be related to an induction of apoptosis and future studies should study this in more detail.
Therefore, we can conclude that within ten different conditions it is possible to categorize the ten experimental groups in two groups: PU, vital bone and bone dead belong to the group that showed similar chondrogenic potential that was increased by load, while 3D Printed CaP and cement groups produced and released less sGAG and were less responsive to loading.
In summary, the response of load was dependent on the material used as the subchondral bone component, with PU, viable bone and decellularized bone showing similar profiles at the gene and protein level. The maintenance of viable osteocytes of 28 days shows the feasibility of this coculture approach and furthers studies will be performed to assess more regionalized differences. Data within this study suggests care should be taken when using printed calcium phosphate or cement as a filler for osteochondral defects as the chondrogenic response may be inhibited compared with natural bone.
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Primary sternal tumour resection and reconstruction with LARS mesh-bone cement sandwich by 3D-printing: Case reports
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Background: There are many reconstruction methods after sternal tumor resection, but the method that LARS mesh combines with bone-cement has not been reported.
Case report: A 54-year-old female patient and a 55-year-old male patient admitted to our department all presented with sternum masses, but neither presented with respiratory disorders. In women with limited manubrium sternum lesions, we resected the manubrium sternum completely. In men with sternal lesions, we removed part of the sternum and part of the sternocostal joint. The patients recovered well after surgery, and there were no respiratory complications and no tumor recurrence during the 1-year follow-up respectively.
Conclusion: We report two cases of sternal defect repair using LARS mesh combined with bone cement. This method is safe and stable, and can achieve satisfactory results.
Keywords: sternal tumour, LARS, reconstruction, bone cement, 3D-printing, case reports
1 INTRODUCTION
Primary chest tumours are infrequent, accounting for less than 1% of primary bone tumours (Chaudhry et al., 2015; Ma et al., 2018), and only 20% of chest tumours arise from the sternum (Hann et al., 2018). Although primary sternal tumours are rare, their prevalence has increased in recent years. Among sternal tumours, malignancies such as chondrosarcoma are the most common. Benign lesions include chondromas, osteomas, and fibrous dysplasia (Gritsiuta et al., 2021). Afflicted patients often complain of a palpable chest mass accompanied by pain or cough.
Surgery is the primary treatment for sternal tumours when obvious clinical symptoms occur, whether malignant or benign. Radical resection is the optimal therapy for surgeons to guarantee non-tumour margins and low recurrence rates (Zhang et al., 2015). However, a larger excision area indicates a larger chest defect. The chest wall plays a critical role in thoracic stability and respiratory function. Reconstruction of chest defects should be considered to protect thoracic organs, restore cosmetic appearance, and prevent paradoxical ventilatory function (Zhang et al., 2015).
Reconstruction usually consists of two aspects: skeletal reconstruction and soft tissue reconstruction (Khullar and Fernandez, 2017). Soft tissue defects are usually resolved using primary closure or myocutaneous flaps, such as the latissimus dorsi, pectoralis major, serratus anterior, and rectus abdominis muscles. The optimal materials used in skeletal reconstruction are currently under debate, and no consensus has been reached. Such materials should have the properties of rigidity, biocompatibility, flexibility, and elasticity. Historically, various prosthetic materials used in reconstruction have included synthetic meshes, bioprosthetic materials, stainless steel, titanium plates, autografts, and homografts (Sandler and Hayes-Jordan, 2018). Each technique has its advantages and disadvantages. The choice of reconstruction method depends on the patient’s state, the surgeon’s preference, and the availability of materials.
In this cases, we support the use of an innovative ligament advanced reinforcement system (LARS)-bone cement sandwich as a prosthesis for reconstruction of the chest wall, which has not yet been reported in the literature. This new method achieved a good therapeutic effect, with uneventful recovery at the 1-year follow-up.
2 CASE REPORTS
2.1 Demographics
We report the cases of a 54-year-old female patient and a 55-year-old male patient who presented to our department with sternal masses, from March to May 2021; both patients were operated on by the same doctor. In the female patient, the lesion was located in the manubrium sternum, and was diagnosed as chondrosarcoma by postoperative pathology. In the male patient, the lesion was located in the middle of the sternum with involvement of the fourth rib, and was diagnosed as bone fibrous dysplasia based on postoperative pathology (Supplementary Table S1, Supplementary Figure S1). Both patients underwent preoperative chest 3-dimention computed tomography (slice thick 1 mm, 120 kV, 346 mA, FOV 500 mm) (Figure 1). Meanwhile, electrocardiography, pulmonary function tests, and other necessary examinations were conducted with normal results to ensure the surgery safety. Both patients denied other diseases. We made a 3D printed model based on the computed tomography data so as to determine the lesion and excision scopes, and to design the bone cement mould for surgery. 3D printing technology was achieved by mimics software, 3-matic software and 3D printer (RAISE 3D-n2, Shanghai Fuzhi Technology Co., LTD.). We imported the CT data into the mimics software to design 3D model according to the surgical requirement. Next, The modeled 3D data was imported to 3D-printer to manufacture 3D model using the polylatex (PLA). Serological examinations, including blood tests, liver and kidney function, and serum ions, were normal.
[image: Figure 1]FIGURE 1 | Appearance and preoperative images of the patients. (A–D) Female patient and (E–H) Male patient. (A,E) Appearance of the lesion and operative route on the body surface. (B,C) (F,G) The tumour is shown in cross-sectional and sagittal views (D,H), (D) reconstruction of tumour on CT is demonstrated.
2.2 The sternum defect was repaired with polymethyl methacrylate (PMMA) and LARS ligament
2.2.1 Anaesthetic consideration
Both patients were placed in the supine position during the operation. The patients were anaesthetised using two-chamber endotracheal intubation after routine testing of blood oxygen and blood pressure and evaluating the electrocardiogram findings. The arterial catheter was indwelling for observation of blood gas analysis in surgery.
2.2.2 Resection
For sternal tumours, we ensured an adequate resection area according to individual principles, which meant the confirmation of incision and excision margin depended on intrinsic properties of tumours. Preoperative printing of the 3D model played a positive role in understanding the lesion scope and determining the surgical plan. For the female patient with a lesion limited to the manubrium sternum, the platysma muscle, sternocleidomastoid muscle, sternoclavicular joint, sternocostal joint, and the joint between the sternocleidomastoid and sternum were sequentially severed after exposure. For the male patient with a lesion located in the sternal body, we separated the sternal body from the manubrium sternum and bilateral third-sixth sternal costal joints. The residual costal stumps were proven to be non-tumourous on intraoperative pathology examination. The tumor histological characteristics of the female patient presented as lobulated hyaluronic cartilage nodules, which resembled normal cartilage to some extent. The margin of the tumor was white and yellow granular. The tumor histological characteristics of the male patient presented as no obvious boundary of osteocele, cystic fibrous changes, and the bone marrow cavity was occupied by grayish white or grayish red hyperplastic fibrous tissue.
2.2.3 Bone cement prosthesis and LARS ligament coverage
After removing the sternal lesions, bone cement was poured into a pre-made mould. The mould was fabricated using 3D printing technology based on CT information to ensure its suitability. This mould is generally composed of two parts: the bottom and the cover. During fabrication, we first poured an appropriate amount of paste bone cement into the bottom and then covered it with a cover to ensure that the prosthesis surface was smooth. Subsequently, holes were drilled at the edge of the bone-cement prosthesis. The bone cement prosthesis was implanted in the sternal defect, and it was firmly fixed on the adjacent ribs and the residual sternum with non-absorbable wires. Next, the sternocleidomastoid muscle was sutured to the cement, which stabilised the sternocleidomastoid joint. We then fixed the LARS mesh to the surface of the cement prosthesis and the peripheral ligament on the pectoralis major muscles through interrupted non-absorbable sutures on the holes reserved in the cement. A drainage tube was inserted in both the patients during the operation. The surgical procedures were seen in Figure 2.
[image: Figure 2]FIGURE 2 | Surgical procedure of sternal tumour resection and reconstruction. (A–F) The female patient. (A) The lesion was exposed and separated. (B–C) Fabrication of sternal prosthesis by 3D-printing. (D–E) A “Sandwich” cement prosthesis is implanted in chest defect region. (F) The resected specimen and bone cement prosthesis were compared with the 3D-printing model. (G–L) The male patient. (G–H) The lesion is exposed and removed. (I) Fabrication of the sternal prosthesis by the 3D-printing mould. (J–K) A “Sandwich” cement prosthesis is implanted in the chest defect region. (L) The resected specimen and bone cement prosthesis as compared to the 3D-printing model.
2.2.4 Postoperative care
Both patients were routinely transferred to the ward for primary care after surgery. They were provided with postoperative anti-inflammatory and analgesic therapy, and their respiratory function was closely monitored. When the drainage flow was less than 20 mL for 2 days, the drainage tube was removed. The average drainage time of the two patients was 8.5 days, and the average hospital stay was 16.5 days. No major postoperative complications occurred in either patient. The male patient experienced mild dyspnea on the night of surgery, which may have been caused by incision pain.
Postoperative pain management is extremely important in patients undergoing sternal resection. Furthermore, thoracic movement should be limited to avoid implant displacement. A small range of implant forward movements could be accepted, while implant back movements must be avoided, as this could lead to respiratory and circulatory failure. Both patients underwent chest tomography after drainage extubation that revealed sternal prosthesis located at proper position and cover the defect well (Figure 3). A follow-up 1 year postoperatively showed satisfactory cosmetic results and good self-assessment without any abnormal respiratory movements or dislocation of the prosthesis in either patient. The therapeutic procedure of this case report was seen in Figure 4.
[image: Figure 3]FIGURE 3 | Postoperative computerized tomography (CT) images of the patients. (A,E) The CT images of sternal prosthesis in the transverse view.(B,F) The CT images of sternal prosthesis in the coronal view. (C,G) The CT images of sternal prosthesis in the sagittal view. (D,H) The 3D reconstruction of the sternal prosthesis on CT is demonstrated.
[image: Figure 4]FIGURE 4 | The therapeutic course of our patient. The current case series is presented based on this sequence of events.
3 DISCUSSION
The sternum is a rare site for neoplasms, and surgery is the most important treatment for sternal tumours (Ersoz et al., 2014). Considering the role of the chest wall in respiratory function, protection of thoracic organs, and cosmetic appearance, reconstruction of large chest defects has reached a consensus, although the choice of material for chest reconstruction is still controversial (Wang et al., 2020).
It has been reported that various materials were used in chest reconstruction. Rigidity is the most important property that can prevent flail chest and protect organs (Nishida et al., 2015). In this case, the bone cement, titanium plates, and autografts could meet the requirements for rigidity. The autograft has rigidity with good self-compatibility, which makes it both resistant to infection and implantable (Drinnon et al., 2020). However, the corresponding incision exerts a significant pain burden on patients (Huang et al., 2015). Titanium plates have become a sophisticated material in recent years. The light weight, strength, durability, biocompatibility, and non-magnetic properties of titanium make it a preferable material for implants (Goldsmith et al., 2020). Nevertheless, there are still some limitations to the use of titanium plates in reconstruction. The lack of elasticity and tenacity of the titanium plates may increase the incidence of post-operative prosthetic dislocation (Voss et al., 2018). Meanwhile, titanium plates are often secured with screws on the ribs, which can result in unscrewing of the screws and dislocation of the prosthesis owing to the osteoporotic nature of the ribs (Ng, 2015). Furthermore, the high price of titanium may also be a considerable limitation (Divisi et al., 2021). Although the most common complication of PMMA is infection, LARS mesh could promote the adhesion and development of soft tissues, which could decrease risk of infection.
To overcome these bottlenecks, we proposed a new sandwich structure, referred to as PMMA, encapsulated with a LARS mesh. PMMA can provide sufficient support to the chest wall (Motono et al., 2019), is easy to manipulate, and less time-consuming to mould into sternal prostheses, due to the potential of a 3D-printing precast mould and the high plasticity of PMMA in the early period (Choi et al., 2021). In this case, we secured the prosthesis to the ribs with interrupted 1–0 sutures to reduce the incidence of prosthesis displacement caused by the osteoporotic nature of the ribs.
In addition to PMMA, the LARS mesh is also essential for chest reconstruction. The restoration of respiration and movement of the upper limbs required micro-motion of the sterno-clavicular sternocostal joints, which was possible due to the elastic property of the mesh (Chaudhry et al., 2015). Traditional meshes, such as Marlex mesh, Prolene mesh, and Gore-Tex, are commonly used in clinics (Sandler and Hayes-Jordan, 2018; Motono et al., 2019; Tsuge et al., 2021). There was also a limitation of the technology. The absorption and shrinkage of traditional meshes can result in chest pain and wall deformities. Several studies have revealed a shrinkage range of bio-meshes from 7.6% to 50.8%, which was caused by degradation of the absorbable element of the mesh over time (Huang et al., 2015). Considering the limitations of traditional meshes, the LARS mesh was applied to wrap the PMMA prosthesis during surgery because of its remarkable strength, durability, elasticity, and bio-stability (Tiefenboeck et al., 2018; Naveen et al., 2020); this combination prevented absorption and shrinkage. The microporous structure of LARS also provides a scaffold that facilitates the adhesion of soft tissues (Trieb et al., 2004). Patients with LARS-PMMA sandwich prostheses had restored chest and shoulder strength, allowing normal respiration and movement of the upper limb. Although our treatment protocol has achieved satisfactory results, there are also some shortcomings as follows: 1) the particulate matter produced by the abrasion of the LARS ligament may cause an inflammatory reaction and its longevity may be shortened by long-term respiratory motion (Wei et al., 2019); 2) The bone cement may reduce the range of motion of the joint and may inhibit respiratory activity, and all synthetic materials remain permanently in the body after implantation, and there is also a risk of dislocation and deflection of the implanted prothesis (Chaudhry et al., 2015). Moreover, the loosening and fracture of the prosthesis may occur with prolonged implantation leading to chest wall deformity or even respiratory contradiction, although the probability is very low.
Besides chest wall reconstruction, soft tissue coverage of the prosthesis is necessary to prevent infection. In different situations, primary closure, skin grafts, myocutaneous flaps, and local advancement flaps may be used (Hameed et al., 2008). In this case, we covered the sternal prosthesis through a primary suture based on sufficient residual soft tissue.
4 CONCLUSION
Sternal tumours are rare, and are generally treated by tumour resection followed by chest defect reconstruction, which remains a challenging procedure. Bony and soft tissue reconstructions are two prominent aspects of maintaining chest cosmesis, respiratory function, and organ protection. The LARS-PMMA-LARS sandwich prosthesis has potential to be a suitable substitute for the sternum. Proper soft tissue reconstruction also promotes restoration of chest function and structure.
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Sample groups

NFY-10

NFY-50

NFY-100

Bundled 50 yarns of NFY-10
Bundled 50 yarns of NFY-50
Bundled 50 yarns of NFY-100

Force

113 £0.13 N
3.16 = 0.16 <N
5.16 + 0.04 <N
044 + 0.1 N

215+ 009N
331£037N

Strain

141 + 41%
314 £ 16%
486 + 17%
93 £ 18%
124 £ 25%
158 + 26%
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Genes Primer Sequences (5'—3") Production size (bp)

GAPDH Forward CTCTCTGCTCCTCCCTGTTC 105
Reverse TACGGCCAAATCCGTTCACA

TNMD Forward CAATGGGTGGTCCCACAAGT 231
Reverse TCGACCTCCTTGGTAGCAGT

DCN Forward ATCACAGAAGAGGCAACGAGC 163
Reverse GAGACTTGCGCCAGAAGGAA

Collal Forward ACGCCATCAAGGTCTACTGC 159
Reverse ACTCGAACGGGAATCCATCG

SCX Forward GAGAACACCCAGCCCAAACA 84
Reverse CCGTCTTTCTGTCACGGTCT
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Organ/tissue
represented

Neuromuscular
Junction

Neuromuscular
Junction

Muscle

Skeletal muscle
Skeletal muscle
Skeletal and smooth
muscle

Skeletal muscle
Skeletal muscle
Cartilage and bone
junction

Articular cartiage
Articular cartiage

Articular joint

Bone marrow niche

Hematopoietic
microenvironment

Bone perivascular
niche

Bone marrow

Bone

Disease/disorder
or application

Motor neuron disease (MND)

Myasthenia gravis

Acute oxidative injury and cancer
cahexia

Oxygen deficits in skeletal muscle
during exercise

Hypertrophy

Duchenne muscular
dystrophy (DMD)

Screening platiorm and in vitro
musdle injury model

Osteoarthritis

Osteoarthritis

Osteoarthritis

Osteoarthritis

Interaction of infused HSPC,
lymphoma and leukemic cells

Breast cancer cell colonization into
bone

Model of hematopoietic response to
drug exposure, ionizing radiation, and
genetic mutation

Breast cancer

Treatment tested

Biohybrid vaiveless pump-bot
powered by “liing” engineered
skeletal muscle

Cardiotoxin

Celecoxib

Triamcinolone steroid treatment

Interieukin-1 receptor antagonist
(IL-1Ra) and rapamycin

RS-504393 (CCR2 antagonist)
and Cenicriviroc (CCR2/CCRS
antagonist)

Cell type used

Human embryornic stem cells (RESC), human
iPSC-dlerived MNs (ESCs and iPSCs as healthy
control), or human iPSC-derived MNs from
patients with NMD, in combination with human
iPSC derived skeletal muscle cells

Human primary fibroblasts, human PSC motor
neurons

Human MSCs (Lonza), human skeletal
myoblasts ("WSKMB; Lonza) A549 lung

adenocarcinoma spheroids, human lung
fibroblasts, THP-1-derived macrophages

Primary human myoblasts
Primary human myoblasts

Healthy & DMD derived human muscle
myoblasts

C2C12 mouse skeletal myoblasts

G2C12 mouse murine myoblast cell ine

iPSC-derived mesenchymal progenitor cells
(MPCs)

Primary equine chondrocytes

Primary human articular chondrocytes (hACS)

Primary synovial fibroblasts, articular
chondrocytes, GFP-HUVECS, PBMC derived
monocytes, patient synovial fluid

Bone marrow mononuclear cells (BMNC), Stro-
1+ MSC

HUVECs, Stromal fibroblast cell lines (HS5-
GFP & HS27a-GFP), Peripheral blood
mononuclear cells (PBMCs), Mesenchymal
stem cells (MSCs)

Endothelial cells, bone marrow MSCs and
MDA-MB-231/GFP or MDA-MB-231/Luc cells

Human CD34 cells, patient derived Bone
marrow stromal cells, primary human-derived
bone marrow mononuclear cells

Murine calvaria preosteoblasts (MC3T3-E1)
and human breast cancer celllines MDA-MB-
2315 and its metastatic suppressed variant
MDA-MB-231

References

Osaki et al. 2020

Afshar Bakooshii
et al. 2019

Mondrinos et al.
2021

Davis et al. 2019
Khodabukus et al.
2019

Nesmith et al. 2016

Lietal. 2019

Agrawal et al. 2017

Lin et al. 2019

Rosser et al. 2019
Occhetta et al. 2019

Mondadori et al.
2021

Aleman et al. 2019

Kotha et al. 2018

Marturano-Kruik
et al. 2018

Chou et a. 2020

Hao et al. 2018
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Organ/tissue
represented

Skeletal cartiage

Cartilage and bone

Trabecular Bone

Trabecular Bone

Neuromuscular
Junction

Neuromuscular
Trunk

Disease/disorder
or application

Pharmacological and environmental
toxicity and Shwachman-diamond
syndrome (SDS)

Osteoarthritis

Degenerative effects induced by low-
shear mechanical stimulation

Regulation of bone remodeing

Amyotropic lateral sclerosis (ALS)

Neuromuscular degenerative diseases

Treatment tested

Scaffold-mediated lentiviral gene delivery
of dox-inducible cytokine inhibitors and
growth factors

Cell type used

Adult human bone marrow-derived
mesenchymal progenitor cells (hBM-
MPCs)

Human MSCs

Primary human osteoblasts and
Primary human osteoclast precursors

Murine osteogenic cells

iPSCs and ALS mutated isogenic
iPSC lines

Human pluripotent stem cells and
iPSCs

References

Pirosa et al. 2019

Rowland et al.
2018

lordachescu et al.
2021

Park et al. 2021
Pereira et al. 2021

Faustino Martins
et al. 2020
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Level of strain General outcomes

1-4% Increased MKX, TNMD, COL1A1, COL1A2 gene expression in tenocytes Kayama et al. (2016)
Increased total collagen production Riboh et al. (2008), Zhang and Wang, (2010)
Increased BMP-2 production Rui et al. (2011)
5-8% Increased SCX, MKX, TNMD, COL1A2 Wang et al. (2018b)
Increased SOX9, RUNX2 in TDSCs but not tenocytes Zhang and Wang, (2010); Zhang and Wang, (2013)
Increased collagen I, decorin Chen et al. (2007)
Increased BMP-2 production Rui et al. (2011)
9%+ Increased TNC Zhang et al. (2008)
Increased collagen I, collagen il Zhang et al. (2008)
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Level of strain General outcomes

1-4% Increased oell alignmentkuo and Tuan, (2008)
Increased SCX, MKX, TNMD, TNC, COL3A1 gene productionkuo and Tuan, (2008)Wu et al. (2017);Herchenhan et al,
(2020)
Increased type | collagen, type Iil collagenkuo and Tuan, (2008)
Decreased type XIl collagen, type XIV collagen, elastinkuo and Tuan, (2008)
9%+ Increased COL1A1, COL3AT, DCN, SCX, TNC gene expressionGovoni et al. (2017)
Increased EGR1, EGR2, FOS, COX-2 gene expressionHerchenhan et al. (2020)
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Level of strain General outcomes

1-4% Increased TNG, SCX, COL1A1, matrix genes (aggrecan, fibronectin, prolyl hydroxylase)Garvin et al. (2003); Scott et al.
(2011)
Increased RUNX2, ALP, OCN gene production\Wang et al. (2021)
Increased type | collagen, type il collagen, type Xl collagenBaker et al. (2011)
Increased heterotropic ossiication and decreased biomechanical strengthWang et al. (2021)
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Donor ID Gender OA grade Age
A M 4 80
B F 4 69
c F 4 66
D F 4 60
E F 4 63
F F 4 7
G M 19
H M - 21
| M - 22
Diabetic OA Human (Mean = SD) 7227
OA Human (Mean = SD) 65:6

Healthy Human (Mean + SD) 2122

Diabetes

X% % XA s
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Gene

GAPDH
GLUT1
GLUT4
HK2
G6PD
IGF1R
INSR
AKT1

FWD primer sequence

CAA GAG CAC AAG AGG AAG AGA G
GGT CAG GCT CCA TTA GGA TTT
CCA GGATCG GTT CTT TCATCT T
TGT GAG GTC CAC TCC AGA T

TAG GCA GCC TCT CTG CTA TAA
TTC TCC CTT TCT CTC TCC TCT C
CAT GCG GAG TTG ATG CTT TG
CTA CAA CCA GGA CCA TGA GAA G

REV primer sequence

CTA CAT GGC AAC TGT GAG GAG
CCC AAC TGG TCT CAG GTA AAG
CAT CTT CGG AGC CTATCT GTT G
GAG CCC ATT GTC CGT TAC TT
TGG GCT GTT TGC GGA TTT A
GAC AGC CAC TTC CTC AAA CT
GCA CAG TCT CCC AGT CAA TAA
TCT TGA GCA GCC CTG AAA G
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Stiffness (Nm/') Max def at Torque at Failure mode
failure (") failure (nm)

Median Range  Median Range  Median Range  (Number)

Autograft 0.19 0.19-1.67 7.0 70-140 120 17-140  Spiral fracture through callus (2) or junction of callus and distal bone (1)
Contralateral femur ~ 3.92 325-426 125 113-128 420 340-540  Spiral fracture with comminution (3)

Table 1: At 18 weeks, three pair of femur from the autograft treatment group (1 = 6 femur) were assessed for biomechanical properties in torsion. Autograft = Right femur, 4 cm defect,
stabilized with AS-TLN, corticocancellous autograft. Contralateral femur = left femur, non-operated limb. Abbrevi Nim per degree; Max Def at Failure (') = Maximum angle of
Siiati: ¢ it s deiin
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Collagen, nHAD

Composite hydrogel
(gelatin+Fibrinogenshyaluronic:
acic+glycerol)

Alginate-+gelatin, collagen

Aginate

Alginate, Chitosan, Alginate+HAD,
Chitosan+HAp

Alginate, gelatin

Aginate, gelatin

Alginate, gelatin, MSCs

Acrylated PEG, acrylated peptide

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based) used for
HUVEG-laden alginate/gelatin, a
piezoslectric nozzle used for MSCs.

Inkjet (thermal-based)

Mesenchymal
stromal cells

hAFSCs

DPSCs

MGE3

MC3T3-E1

Sa08-2

Human

endothelal cells

HUVECs MSCs

hMSCs

VEGF,
BMP-2

BMP-2,
VEGF

In-vitro and in-vivo (bilateral
calvarial bone defect in
mice)

In-vitro and in-vivo (single
calvarial bone defect inrats)

In-vitro and in-vivo
{subcutaneous implantation
in mice)

In-vitro

In-vitro

In-vitro

In-vitro

In-vitro

In-vitro

observed
 CelHaden collagen/nHAp bioprinted in
geometry exhibited significant increase in
bone regeneration in-vivo compared to
colagen/nHAP without cels and cell-iade
colagen/nHAD printed in ring geometry.
» Both bioprinted geometries showed an
increase in metabolic actiy from day 1
day 8 post-printing

‘» New bone was formed within the biopri
scaffold. Whereas, fioroti tissue ingrowt
‘and minimal bone formation were found in
blank defect and the defect treated with
free scaffold, respectively.

‘» Vascularization within the new formed b
was found in the bioprinted scaffolds.
However, poor vascularization was obser
in blank defect and the defect implanted
cel-free scaffold. Blood vessels in celkre
scaffolds were restricted to periphery port
 Cellviabiity ater bioprinting was found t
around 91%.

» Osteogenic differentiation of hAFSCs ir
bioprinted scaffolds was confirmed via
calcium depostion

» After bioprinting, cell viabilty rates in
collagen and alginate/gelatin hydrogels w
found to be 92 and 99%, respectively.

» Presence of BMP-2 and VEGF in cella
hydrogels were effective for both vasaulog
and osteagenic differentiaton.

» Celiaden hydrogels with BMP-2 show
higher calciummineralzaticn, ALP, and Rur
‘compared to cell-aden hydrogels without
BMP-2.

* Spatid and temporal release of growth
factors were achieved using cell-den
hydrogels.

» Bone regeneration was faster in pre-
vasculrized structures (cell-aden hydroge
ontaining both BMP-2and VEGR) thaninr
vascuarized structures (cell-eden hydroge
with no growth factor, cell-eden hydrogel
BMP-2 only)

 Cell sunvival rate was found to be arou
93%, after bioprinting process.

‘» Homogenous cell distribution was obser
in bioprinted scaffolds which resulted in hg
osteogenic differentiation (ALP) and calc
mineralization relative to non-bioprinted
scaffoids.

 Higher cell profferation was found in o
laden scaffolds compared to non-tioprin
scaffolds

» The positive effect of HAp on osteoger
activty of cels in hydrogels was confirme
with bone biomarkers including ALP, OC
collagen type I, and Runx-2.

» Three and 9 days after bioprinting, aver
cell viabilties were found to be around
89-93% and 90-95%, respectively

‘» Overlaying cell-aden hydrogel with calc
salt of polyphosphate in paralle with add
osteogenic supplements to the culture
medium led to a remarkable increase in
proliferation and caicium mineralzation.

* A dual delivery of BMP-2 and VEGF w
achieved with core/shell bioprinting.

* One day after bioprinting, human endoth
cells showed a cell viabilty of 66.2% and
increased to 84.5% after 21 days of cult
 Evaluation of angiogenic properties
exhibited the capabilty of alginate/gelatin
hydrogel to help form and maintain vasct
network over 7 days of culture.

» Findings showed that HUVEC-laden
hydrogel had a positive effect on
osteogenes's of MSCs as proved by bon
biomarkers.

 Hydrogel had a positive effect on cel
prolferation throughout the bioprinted
scaffold

» Gell viabilty of 87.9% post-printing wa
found,

© PEG-peptide scaffolds stimulated and
increased osteogenic activity and calciu
mineralization of cells for long time perioc
(21 days)
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Cell viability

Supported
viscosity
Printing
resolution
Strengths

Limitations

Inkjet

High (>85%)

Low viscosities (3.5-12 mPa.s)
High

* Low-cost operation
© High cell viabiity
o Fast printing

« Lack of precision regarding droplet
size and shape

« Biomaterials that are not heat or
mechanically resistant may be
comprised

« Cell damage at 15-25 kHz
frequencies

LAB

High (>95%)

Low to moderate viscosities
(1-800 mPa.s)
High

« High resolution
o Fast printing

« High cell viabiity

o Precise fabrication

« Possibilty of in-situ bioprinting
« Given that it is a nozzle-free
technique, it can avoid cell
clogging

« Time-consuming process of
riobon preparation

« Metallc residuals in the final
scaffold

« High production cost

Microextrusion

Low to moderate (40-80%)

Wide range of viscosities
(80 mPas to over 6x 107 mPas)
Moderate

© Prints a wide spectrum of
biomaterials
o Prints high cell densities

 Shear stress during printing
affects cell viabiity

« Low printing speed
 Moderate resolution

* Low to moderate cell viability

Ref

(Gao et al., 2014, 2015; Duarte
Gampos et al., 2016; Mandrycky et al.
2016)

(Chang et al., 2011; Mandrycky et al.,
2016)

(Mandrycky et al., 2016; Ashammakhi
et al, 2019)

(Mandrycky et al., 2016; Keriquel et al.,
2017; Chen, 2018)

(Mandrycky et al, 2016; Fu et al,
2021; Li et al., 2021)
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Bioink

Alginate+HAp+PVA+Collagen
Alginate+HAp+PVA

Alginate, chitosan, Alginate+HAD,
Chitosan-+HAp

Alginate

Alginate-+gelatin+carboxymethyl chitosan
MG hydrogel

Matrigel+alginate

Matrigel
Gelatin, silk fibroin
Alginate

Alginate+gelatin, collagen
Alginate

Alginate/gelatin, MSCs

Acrylated PEG, acrylated peptide
PEGDMA with nHAp and BGs
collagen type I/agarose
Collagen/nHAp

Human osteoprogenitor cells, nHAp

Alginate, gelatin
Alginate, gelatin

Bioprinting technique

Microextrusion (The HyRel System 30 3D printer with a modified EMO-25

extruder)

Microextrusion (The HyRel System 30 3D printer with a modified EMO-25

extruder)
Microextrusion (The Fab@Home™)

Microextrusion (pneumatic-based)
Microextrusion (pneumatic-based)
Microextrusion (screw-based)

Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based)
Microextrusion (pneumatic-based)
Microextrusion (pneumatic-based)
Microextrusion (pneumatic-based)
Microextrusion (pneumatic-based)

Microextrusion (pneumatic-based) used for HUVEC-laden alginate/gelatin,

a piezoslectric nozzle used for MSCs
Inkjet (thermal-based)
Inkjet (thermal-based)
Inkjet (thermal-based)

LAB
LAB

Microextrusion (pneumatic-based)
Microextrusion (pneumatic-based)

Cell

MC3T3-E1
MC3T3-E1
MC3T3-E1

MC3T3-E1
BMSCs
BMSCs
EPCs

ASCs

hTMSCs

MG63

DPSCs
MCBT3-E1
HUVECs MSCs

hMSCs
hMSCs
MSCs

Mesenchymal stromal
cells

Human
osteoprogenitors
Sa0s-2

Human endothelal
cells

Ref

Bendtsen and Wei,
(2017)
Bendtsen et al. (2017)

Denmirtas et al. (2017)

Raja and Yun, (2016)
Huang et al. (2016)
Du et al. (2015)
Poldervaart et al.
(2014)

Murphy et al. (2017)
Das et al. (2015)
Kim et al. (2016b)
Park et al. (2015)
Ann et al. (2013)
Chen et al. (2018)

Geo et al. (2015)
Geo et al. (2014)
Duarte Campos et al.
(2016)

Keriquel et al. (2017)

Catros et al. (2011)

Neufurth et al. (2014)
Akkineni et al. (2016)
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Hydrogel

Alginate

Gelatin

Chitosan

Collagen

Hyaluronic
acid

Benefits

® Low price

o Easy to fabricate 3D structures

© Good biocompatibility

o Easy gelation

« High biodegradability and low
immunological stimulation

® Retains cell viability and osmolar
requirements of cells

« Asuitable material for 3D printing due to
crosslinkable features

o Shear-thinning behavior

o Accelerates gelation time

« Capabe of reversible thermal gelation
« Biocompatible

« Biodegradable

« Ingredients resemble ECM components
of native tissue

« Non-toxic by-products

« Induces cell adhesion prolferation,
diferentiation, and viabiiity

« Low immunogenicity

« Good biocompatibilty

« Biodegradabilty

« Regulates cell adhesion and
differentiation

« Good biocompatibilty

 Non-toxic degradation by-products

© Visco-elastic properties

© Highly hydrophiic

o Anti-microbial properties

Potential limitations

« Bioinert

« Limited long-term stability

© Rapid loss of mechanical properties
during in-vitro culture

o Limited 3D shape-ability

« Poor mechanical properties
« High degradation rate

« Slow gelation rate
 Poor mechanical properties

 Can conflict with printing of cells and
pH-sensitive molecules

 Poor mechanical properties

« Loses shape and consistency
« Low viscosity and slow gelation

« Poor mecharical strength

References

(Neufurth et al., 2014; Chimene et al., 2016; Narayanan et al., 2016;
You et al., 2016; Luo et al., 2017; Park et al., 2017; Aldaadaa et al.,
2018; Di Giuseppe et al., 2018; Milazzo et al., 2019)

(Luo et al,, 2015, 2018)

(Suh and Matthew, 2000; Muzzarell et al, 2012; Dernirtas et al.,
2017)

(Rhee et al., 2016; Mohseni et al., 2018; Turnbull et al., 2018)

(Kim et al., 2007; Zhu et ., 2017; Ashammakhi et al., 2019; Zhai
etal, 2020)
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Donor Donor site Age (y) Gender

Donor 1 vertebra (TH12/L2) 66 Female
Donor 2 Vertebra 2 Male
Donor 3 vertebra (TH7/9) 69 Male
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Fibrous tissue

Predominantly fibrous tissue with small amount of cartilage
Equal mixture of fibrous tissue and cartiaginous tissue
Predominantly cartiage with small amount of fibrous tissue
Cartiage

Predominantly cartilage with small amount of immature bone
Equal mixture of cartiage and immature bone

Predominantly immature bone with small amount of cartilage
Union of fracture by immature bone

Union of fracture fragments by mature bone
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Gene Primer forward (5'-3°) Primer reverse (5'-3) Probe (5" FAM- 3° TAMRA)

COL2A1  5-GGC AAT AGC AGG TTC ACG TAC A-3' 5'-GAT AAC AGT CTT GCC CCA CTT  5'-CCT GAA GGA TGG CTG CAC GAA ACA
ACC-3 TAC-3'

COLI0AI  5-ACG CTG AAC GAT ACC AAA TG-3' 5'-TGC TAT ACC TTT ACT CTT TAT  5'-ACT ACC CAA CAC CAA GAC ACA GTT CTT
GGT GTA-3' CAT TCC-3'

ACAN  5'-AGT CCT CAA GCC TCC TGT ACT CA-3' 5'-CGG GAA GTG GCG GTA ACA-3'  5'-CCG GAA TGG AAA CGT GAA TCA GAA TCA

ACT-3'

RunX2  5-AGC AAG GTT CAA CGA TCT GAG AT-3' 5'“TTT GTG AAG ACG GIT ATG GIC  5-TGA AAC TCT TGC CTC GTC CAC TCC G-3'
AA-3

oc 5'-AAG AGA CCC AGG CGC TAC CT-3' 5'-AACTCGTCA CAGTCCGGATTG-3'  5'-ATG GCT GGG AGC CCC AGT CCC-3'

RPLPO  5-TGG GCA AGA ACA CCA TGA TG-3' 5'-CGG ATA TGA GGC AGC AGT 5'-AGG GCA CCT GGA AAA CAA CCC AGC-3'
TTC3!

COMP  Applied Biosystems TagMan Gene Expression Assay
Hs00164359_m1

PRG4  Applied Biosystems TagMan Gene Expression Assay
Hs00981633_m1

Sox9 Applied Biosystems TagMan Gene Expression Assay
Hs00165814_m1

ALP Applied Biosystems TagMan Gene Expression Assay
Hs00758162_m1

RPLPO, ribosomal protein large PO housekeeping gene; COL2AL collagen type 2; COLI0AL, collagen type 10; ACAN, aggrecan; RunX2, runt-related transcription factor 2; OC, osteocalcin;
COMP, cartilage oligomeric protein; PRG, 4, Proteoglycan 4. Applied Biosystems TagMan Human Assays on demand used for qRT-PCR., Sox9, SRY (sex determining region Y)-box
9 cartilage transcription factor; ALP, alkaline phosphatase.
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Gene Sequence (forward and Product size (bp)
reverse primers)

BAX fw: 5'-TGG-AGC-TGC-AGA-GGA-TGA-TTG-3" 98
rev: 5'-GAA-GTT-GCC-GTC-AGA-AAA-CAT-G-3"

CD46 fw: 5'-GTG AGG AGC CAC CAA CAT TT-3' 177
rev: 5’-GCG GTC ATC TGA GAC AGG T-3'

CD55 fw: 5'-CAG CAC CACCAC AAA TTG AC-3' 215
rev: 5'-CTG AAC TGT TGG TGG GAC CT-3'

CD59 fw: 5'-CCG CTT GAG GGA AAA TGA G-3' 130
rev: 5'-CAG AAA TGG AGT CAC CAG CA-3'

COL1A1 fw: 5'- TGA CCT CAA GAT GTG CCA CT -3' 197
rev: 5'-ACC AGA CAT CCC TCT TGT CC -3

Elastin fw: 5'- CTG-GCT-TTC-GGA-TTG-TCT-CC-3' 109
rev: 5'-CGT-TGA-TGA-GGT-CGT-GAG-TC -3

Fibrillin-1 fw: 5'-CAC-CTG-TGA-GTG-TAA-TGA-TGG-3' 90
rev: 5'-TAG-CAC-CTC-TGT-GAA-GCA-3'

GAPDH fw: 5'-TGC ACC ACC AAC TGC TTA GC-3' 87
rev: 5'-GGC ATG GAC TGT GGT CAT GAG-3'

IL-6 fw: 5'-AGG AGA CTT GCC TGG TGA AA -3' 188
rev: 5'-CAG GGG TGG TTA TTG CAT CT -3'

IL-8 fw: 5'-GTG CAG TTTT GCC AAG GAGT-3' 196
rev: 5’-CTC TGC ACC CAG TTT TCC TT-3"

MMP-1 fw: 5'-ATG CTG AAA CCC TGA AGG TG-3' 234
rev: 5'-CTG CTT GAC CCT CAG AGA CC-3'

MMP-3 fw: 5'-GGA GAT GCC CAC TTT GAT GAT-3' 187

rev: 5'-CAT CTT GAG ACA GGC GGA AC-3'
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Level of strain General outcomes

1-4% Preservation of tendon and matrix genes including SCX, TNIMD, Ctgf Wunderi et al. (2018), Tohidnezhad et al. (2020)
Downregulation of decorin Maeda et al. (2009)
Enhanced collagen production Maeda et al. (2007)
Matrix deterioration at 3% strain Wang et al. (2013)
Reduced maximum stress and energy density, increased cell death and collagenase activity; increased glycosaminoglycan
content, increased PGE2 Devkota et dl. (2007)
Increased MMP3, MMP13, MMP9 (Maeda et al. (2009); Tohidnezhad et al. (2020)
5-8% Retention of structural integrity, cellular function Wang et al. (2013)
Increased collagen production Wang et al. (2015)
Rescue of unloaded tendon samples from pathologic changes Wang et al. (2015)
Increased collagen synthesis Screen et al. (2005)
9%+ Increased COLTA1, IL-6Legerlotz et al. (2013)
Massive collagen bundle rupture, fiber kinking and denaturation\Wang et al.2013):Szczesny et al. (2018)
Induced stretch overload injury with increased apoptosis and abnormal nuclear morphologyScott et al. (2005)
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Level of strain General outcomes

1-4% Increased collagen type |, TGF-  Yang et al. (2004)
Decreased COX-2, MMP-1, PGE2 gene expression Yang et al. (2005)
Increased COX-2, IL-1 B, MMP-3 gene expression Tsuzaki et al. (2003), Wang et al. (2003)
Transient increases in ALP, RUNX2, OCN gene expression Chen et al. (2008), Nam et al. (2019)
5-8% Increased SCX, TNMD, TNC gene expression Nam et al. (2019)
Increased TGF- B Yang et al. (2004)
Increased collagen I, collagen I, fioronectin, N-cadherin Yang et al.(2004); Nam et al. (2019)
Increased COX-2, MMP-1, PGE2 expression Yang et al. (2005)
Increased JNK activation and apoptosis of tendon fibroblasts Skutek et al. (2003)
9%+ Increased TNC, SCX, TNMD gene expression in BMSCs Chen et al. (2008); Nam et al. (2019)
Increased collagen type I, colagen type I, fibronectin, N-cadherin Chen et al. (2008); Nam et al. (2019)
Increased PGE2, COX-1, COX-2 Wang et al. (2003)
Transiently increased ANGPTL4, FGF-2, COX-2, SPHK1, TGF-alpha, VEGF-A and VEGF-C Mousavizadeh et al. (2013)
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Sex Donor number Age Population doubling (PD)

Female F1 33 2687
P2 44 2.380
F3 30 2774
F4 28 3.860
Male M1 19 3.349
M2 45 2.699
M3 22 3.247

M4 35 2.149
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Gene Description p-value: Fold change: CHP

CHP vs static vs static
EREG Epireguiin 1.20E-06 1910
NET O 1 Neuropiin And Tolloid Like 1 253E-08 7.98
MMP3 Matrix metallopeptidase 3 1.22E-06 647
MMP10 Matrix metallopeptidase 10 1.14E-03 454
SBSPON Somatomedin B And Thrombospondin Type 1 Domain Containing 7.88E-04 397
cCL2 C-C Motif Chemokine Ligand 2 8.18E-07 362
UCN2 Urocortin 2 5.86E-05 361
PLA2G2A Phospholipase A2 Group IIA 7.00E-04 360
OLAML2A Offactomedin Like 2A 1.15E-03 345
coxcL13 C-X-C Motif Chemokine Ligand 13 1.00E-08 340
SFRP2 Secreted Frizzled Related Protein 2 1.17E-05 -4.07
ADM Adrenomedulin 1.34E-06 -4.49
cPXM1 Carboxypeptidase X, M14 Family Member 1 1.956-04 -4.53
SELENOP Selenoprotein P 3.90E-03 -5.82
FAM20A FAM20A Golgi Associated Secretory Pathway pseudokinase 224E03 -5.92
MNDA Myeloid Cell Nuclear Differentiation Antigen 4.02E-03 -5.99
SCUBET Signal Peptide, CUB Domain And EGF Like Domain Containing 1 3.28E-03 -7.06
SFRP4 Secreted Frizzled Related Protein 4 6.83E-04 -8.17
ODAPH Odontogenesis Associated Phosphoprotein 3.30E-03 -9.07
APOE Apolipoprotein E 3.30E-07 -14.78
Gene Description p-value: Fold change:

SMG vs static SMG vs static
IGFBP1 Insuiin Like Growth Factor Binding Protein 1 5.49E-04 15.94
OLFML2A Offactomedin Like 2A 234E-05 634
NET O 1 Neuropiin And Tolloid Like 1 1.26E-06 500
ADAMTS14 ADAM metallopeptidase With Thrombospondin Type 1 Motif 14 8.34E-04 372
PCSK9 Proprotein convertase SubliisiKexin Type 9 2.20E-03 348
VSTM2L V-Set And Transmembrane Domain Containing 2 Like 3.03E-04 347
BMPER BMP Binding Endothelial Reguiator 1.91E-04 345
NTM Neurotrimin 1.30E-04 340
HMOX1 Heme oxygenase 1 5.06E-08 338
CAPG Capping Actin Protein, Gelsolin Like 2.94E-07 322
LEP Leptin 8.50E-04 481
RSHDML R3H Domain Containing Like 867E-04 -4.93
APLN Apein 8.68E-07 -4.94
sTc1 Stanniocalcin 1 899E-05 -5.41
NGF Nerve Growth Factor 7.68E-05
TGFA Transforming Growth Factor Aipha 8.23E-04
VEGFA Vascuiar Endothelial Growth Factor A 6.33E-06
DSCAML1 DS Cel Adhesion Molecule Like 1 300E-03
ADAMTSL2 ADAMTS Like 2 4.74E-04

PDE4C Phosphodiesterase 4C 2.48E-04
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Gene

Description

KEGG: Mineral absorption

FTH1
HMOX1
MTIE
MT1G
MTIM
MT2A
SLC30A1
SLC8A1

Ferritin Heavy Chain 1
Heme oxygenase 1
Metallothionein 1E
Metallothionein 1G
Metalothionein 1M
Metallothionein 2A
Solute Carrier Famiy 30 Mermber 1
Solute Carrier Famiy 8 Member A1

KEGG: Wnt signaling pathway

FOSL1
FzD2
NOTUM
SFRP2

FOS Like 1, AP-1 Transcription Factor Subunit
Frizzled Class Receptor 2

Notum, Paimitoleoyl-Protein carboxylesterase
Secreted Frizzled Related Protein 2

KEGG: HIF-1 signaling pathway

EGLN3
ENO2
GAPDH
HK2
HMOX1
LDHA
PDK1
PFKFB3
PGK1
TFRC
VEGFA

Egl-9 Family Hypoxia Inducible Factor 3
Enolase 2

Glyceraldenyde-3-Phosphate dehydrogenase
Hexokinase 2

Heme oxygenase 1

Lactate dehydrogenase A

Pyruvate dehydrogenase kinase 1
6-Phosphofructo-2-Kinase/Fructose-2,6-Biphosphatase 3
Phosphoglycerate kinase 1

Transfertin Receptor

Vascular Endothelial Growth Factor A

KEGG: IL-17 signaling pathway

ccLz
FOSB
FOSL1
MAPK13
MMP13
MMP3

C-C Motif Chemokine Ligand 2
FosB Proto-Oncogene, AP-1 Transcription Factor Subunit
FOS Like 1, AP-1 Transcription Factor Subunit
Mitogen-Activated Protein kinase 13

Matrix metallopeptidase 13

Matrix metallopepticase 3

KEGG: Fluid Shear stress and atherosclerosis

ccL2
HMOX1
MAP3K5
MAPK13
MGST1
NQO T
PLAT
PRKAA2
VEGFA

C-C Motif Chemokine Ligand 2
Heme oxygenase 1

Mitogen-Activated Protein kinase kinase 5
Mitogen-Activated Protein kinase 13

Microsomal Giutathione S-Transferase 1

NAD(P)H Quinone dehydrogenase 1

Plasminogen Activator, Tissue Type

Protein kinase AMP-Activated Catalytic Subunit Aipha 2
Vascular Endotheial Growth Factor A

Fold change: CHP/Static

Fold change: SMG/Static

Female

2.18*
2.94*
.79~
8.25"
250"
2.59*
221
-2.13

299"
-222*
6.71*
-6.22"

1.00
-1.24
-1.14
-1.61
204
121
-1.28
-1.80
147
280"
-1.57

3.85"
137.8°
299"
-1.51
1.56"
105"

3.85"
2.94*
-1.37
-1.51
s
3.83*
1.51
-1.37
-1.57

Male

347"
351"
1.96"
3.29
1.89"
1.57
208"
115"

3.88"
-1.25
177
-3.03

249
1.48
1.24
1.03
2.74"
1.31
-1.13
-1.16
1.23
1.36
1.1

348"
9.70
3.88"
131
1.38
4.36

3.48"
274
-1.39
1.31
1.40
240"
227
1.44
-1.41

Combined

1.70*
283"
248"
9.38"
220"
279"

170"

-1.44

344"
-1.68"
297
-4.07**

1.58
111
1.06

-1.21

283"
1.26

-1.20

144
1.20

192
-1.33

362
49.48™
3447
-1.07
1.51
647"

362
283
38
-1.07
165"
288"
1.88"
1.03
-1.33

Female

347"
351"
1.96*
3.29

1.89"

1.57

208"
1.15%

1.16
-1.48

117
-2.55

351"
282
1.16

-3.05*
164

-1.80

351
351
238"
-3.05"
1.86°
4.04
251"
463"
-5.48"

Male

2.32%
3.28"
-1.09
1.1
-1.35
1.18
123
=313

1.88
-1.12
-1.94
-3.15

-5.75"
-251
-221
-2.66"
3.28"
-2.04"
-3.43"
-2.34"
-2.24"
222"
-5.95"

141
3.66
1.88
-3.01*
260
-3.99

141
3.28"
1.49
-3.01*
1.25
2.42"
2.43"
-2.90
-5.95

Combined

277
3.38™*
132
221
114
135
157
-2.91"

1.53
-1.30
-1.48
-2.82%

_a70m
—2.74"
-2.24"
24"
338"

-1.98"
-39
-2.33"
-2.13"
235"

-5.68"

217"
3.40
153

-3.03"

1.89"

=2.82"

e
338
187
-3.08"
143"
297
247"
-3.70"
5,68
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Gene

CAV1
CAV2
FOsB
PIEZO1
RUNX2
TMEMEB3A
TMEME3B
TMEME3C
TRPV1
TRPV4

Description

Caveolin 1

Caveolin 2

FosB Proto-Oncogene, AP-1 Transcription Factor Subunit

Piezo Type Mechanosensitive lon Channel Component 1

RUNX Family Transcription Factor 2

Transmembrane Protein 63A

Transmembrane Protein 638

Transmembrane Protein 63C

Transient Receptor Potential Cation Channel Subfamily V Member 1
Transient Receptor Potential Cation Channel Subfamily V Mermber 4

Fold change: CHP/Static

Fold change: SMG/Static

Female

1.92%
1.42%
137.8"
119
113
-1.05
1.04
1.43
-1.62
1.25

Male

151
1.28
9.70
141
-1.18
-1.13
1.18
1.42
-1.21
1.02

Combined

1.68™
1.34"
49.48™
1.30
1.02
-1.09
1.1
143
-1.37
11

Female

1.40
1.07
282
-1.08
-1.14
1.15
1.26
-1.24
-1.16
-1.10

Male

140
-1.15
3.66
1.09
1.07
122
1.38
-1.20
-1.03
-1.16

Combined

1.40*
-1.04
3.40
1.04
-1.04
119
1.32
~1.22
-1.08
-1.13
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Gene

mIiRNA 548a-2
miRNA 377
mIiRNA 219a-2
miRNA 518b
miRNA 194-2

Involved in alveolar bone loss

Reduced osteosarcoma prolferation

Regulates osteogenic dif

Upregulated in PO

Reduced osteosarcoma prolfferation, increased apoptosis

GenBank accession number

NR_030317
NR_029869
NR_029837
NR_030196
NR_029829

p-value

383x10°
3.326 x 10°2
1.088 x 107
2.255 x 10°2
2645 x 107

Fold change

1761
1541
1521
064 |
043
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Sham Vibration

Non-OVX -
Vibration
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Sham Vibration
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Vibration

Osteotomy

LMHFV
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Gene

Pigs2

Pigers

Description Pathways GenBank accession p-value
number
Prostaglandin-endoperoxide Eicosancid metabolism, arachidonic acid metabolism, NM_011198 1.92 x 10°°
synthase 2 VEGF signaling pathway
Prostaglandin E receptor 4 Eicosanoid metabolism NM_001136079 9.12x 107

(subtype EP4)

Fold
change

3031

2381
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Gene

fof1
Spp1

Fos!1
Ctsk
Fof7
lagap2

ftgal

Description

Insuin-like growth factor 1
Secreted phosphoprotein 1

Fos-lie antigen 1
Cathepsin K

Fibroblast growth factor 7
1Q motif containing GTPase
activating protein 2

Integrin alpha 1

Pathways

IGF-1 signaling pathway, focal adhesion

Regulators of bone mineralization, ECM-receptor interaction,
focal adhesion, Tol-ike receptor signaling pathway
Osteoclast differentiation, Wnt signaling pathway

Osteoclast differentiation, Toll-lie receptor signaling pathway
MAPK signaling pathway, regulation of actin cytoskeleton
Regulation of actin cytoskeleton

Integrin signaling

GenBank accession
number

NM_001111274
NM_001204201

NM_010235
NM_007802
NM_008008
NM_027711

NM_001033228

p-value

1.625 x 107
494 x10°°

1.008 x 107
1.436 x 10°°
529 x 107
7.42x10°

250 x 1072

Fold
change

2041
2431

2331
060 |
2561
BT

058 |
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Gene

Axin2

Fzd9
Sostdc1

Description

Axin 2

Dickkopf WNT signaling pathway inhibitor 2
Frizzled class receptor 9

Sclerostin domain containing 1

Pathways

Wit signaling pathway
Wnt/LRPS signaling pathway
Wit signaling pathway
Wit signaling pathway

GenBank accession number

NM_015732
NM_020265
NM_010246
NM_025312

p-value

413 x10°°
159 x 10°°
1.12x 10°
2.71x 107

Fold change

024
032
047 |
024





OPS/images/fbioe-09-782355/fbioe-09-782355-g003.gif
i‘:“" °

I““DH [ECELTRE
"l 1

| og” 13%82° ?@&@?Q i mBQ

e@éé






OPS/images/fbioe-09-782355/fbioe-09-782355-g004.gif
B s 5 e,






OPS/images/fbioe-09-782355/fbioe-09-782355-g005.gif
g ek

i
ER I filaéa; {leb8g ifséée






OPS/images/fbioe-09-782355/fbioe-09-782355-g006.gif





OPS/images/fbioe-10-885369/fbioe-10-885369-g001.gif
Hydstd s
(cariage,bon

Reflcive
optcal

buckground
T





OPS/images/fbioe-10-885369/crossmark.jpg
©

|





OPS/images/fbioe-10-870193/fbioe-10-870193-g005.gif





OPS/images/fbioe-10-870193/fbioe-10-870193-g004.gif





OPS/images/fbioe-10-870193/fbioe-10-870193-g003.gif
O Rnaren Dol Posve)





OPS/images/fbioe-10-870193/fbioe-10-870193-g002.gif





OPS/images/fbioe-09-802789/crossmark.jpg
©

|





OPS/images/fbioe-10-870193/fbioe-10-870193-g001.gif





OPS/images/fbioe-10-870193/crossmark.jpg
©

|





OPS/images/fbioe-10-959210/fbioe-10-959210-t001.jpg
Components Young’s modulus (MPa) Poisson’s ratio Cross-sectional area (mm)

Cortical bone 12000 03

Cancellous bone 100 02

Posterior bone 3500 025

Endplate 500 03

Nucleus pulposus 1 049

Annulus fibrosus 42 045

Annulus fiber layers 360-550 - 076
ALL 15.6-20 03 637
PLL 10-20 03 18
LE 13-195 03 40
CL 75-33 03 32
ITL 12.0-587 03 18
ISL 88-15 03 252
SSL 98-12 03 351

Screw-rod system 110000 03
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Gender Age (years) Kellgren-Lawrence grade No.
of explants isolated

Male 86 2 13
Female 81 4 9
Male 89 3 1
Female 70 3 9
Female 76 2 14
Female 83 3 10
Female 59 3 12
Female 62 4 8
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Gene

RPLPO

coL2

coL10

ACAN

PRG4
MMP1
MMP3
IL-6
IL-8

Primer and probe

Forward primer (5'~3')
Reverse primer (5'~3)
Probe (5'FAM/3'TAMRA)
Forward primer (5/'~3')
Reverse primer (5'=3')
Probe (5'FAM/3' TAMRA)
Forward primer (5'—3')
Reverse primer (5'=3')
Probe (5'FAM/3'TAMRA)
Forward primer (5'~3')
Reverse primer (5'—3')
Probe (5'FAM/3'TAMRA)

‘Sequence/catalog number

TGG GCA AGA ACA CCATGA TG

CGG ATA TGA GGC AGC AGT TTC

AGG GCA CCT GGA AAA CAA CCC AGC

GGC AAT AGC AGG TTC ACG TAC A

GAT AAC AGT CTT GCC CCA CTT ACC

CCT GAA GGA TGG CTG CAC GAA ACA TAC
ACG CTG AAC GAT ACC AAA TG

TGC TAT ACC TTT ACT CTT TAT GGT GTA

ACT ACC CAA CAC CAA GAC ACA GTT CTT CAT TCC
AGT CCT CAA GCC TCC TGT ACT CA

CGG GAA GTG GCG GTA ACA

CCG GAA TGG AAA CGT GAA TCA GAA TCA ACT
Hs00981633_m1

Hs00899658_m1

Hs00968305_m1

Hs00174131_m1

Hs00174103_m1

Primmars and probes presented with sequences were custom dasioned: primers and probee presented with catalogus numbers wers fram Aopisd Biosysteme.
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Groups Gene expression ELISA NO  Safranin O staining
ACAN PRG4 COL2 COL10 MMP1 MMP3 IL6 IL8 IL6 I8

Day3  Control

1 ng/ml (IL-1p+TNF-a) 1 T T T

5 ng/mi (IL-1B+TNF-a) 1 i T T i)

10 ng/ml (IL-1p+TNF-a) 1 i T T T T 1
Day7  Control

1 ng/ml (IL-1p+TNF-a) 1 ! 1 T T T i

& ng/ml (IL-1p+TNF-a) 1 1 1 1 T T T T T T 1

10 ng/ml (IL-1B+TNF-a) 1 1 1 1 T T T T 1 i 1

‘means significant downreguilation vs. control group; “1" means significant upregulation vs. control group.
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