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Editorial on the Research Topic 
Organ microenvironment in vascular formation, homeostasis and engineering


The expansion of blood vessel networks by angiogenesis plays key roles in organ morphogenesis and physiological function. Well-organized and functional blood vessels are necessary for transporting nutrients and gas exchange. In addition to these passive roles, endothelial cells (ECs) that line blood vessels secrete angiocrine factors and dictate tissue structures to control organ development, regeneration and repair from injury. Deregulated angiogenesis contributes to various pathologies, including cancer, retinopathy, diabetes, and arthritis (Carmeliet, 2003). Spatiotemporal changes in organ-specific chemical and mechanical microenvironment control vascular formation (Carmeliet, 2005; Mammoto et al., 2013), which is required for organ morphogenesis and homeostasis. Despite recent progress in our understanding of the molecular mechanisms that regulate angiogenesis, the role of organ-specific microenvironment in angiogenesis is not fully understood partly due to complexity of cellular and non-cellular components in the tissues. To further uncover the mechanisms of organ-specific angiogenesis and vascular functions, we need to use interdisciplinary techniques and technologies including organoid system, organ-on-chip system, ex vivo approach, omics approach, computational modeling, and advanced imaging system.
This Research Topic “Organ Microenvironment in Vascular Formation, Homeostasis and Engineering” has assembled a Research Topic of original research and review articles that integrate biomedical and bioengineering research to address key questions on how organ-specific microenvironments control angiogenesis in physiology and pathology. Enhanced understanding of the mechanisms by which organ-specific microenvironments control vascular formation using these advanced technologies will promote new strategies for organ and tissue regeneration and repair.
TISSUE MICROENVIRONMENT IN ANGIOGENESIS IN HEALTH AND DISEASE
It is becoming more evident that ECs provide instructive cues that mediate tissue morphogenesis and differentiation. Asrar and Tucker reviewed the origin and migration of craniofacial ECs and how these cells influence the development of craniofacial tissues such as salivary glands, teeth and jaw. In addition to organ development, angiogenesis constitutes an essential part of organ regeneration (Ding et al., 2011; Mammoto and Mammoto, 2019). Mechanical factors such as extracellular matrix (ECM) stiffness, shear stress, and stretching forces control angiogenesis and vascular function (Mammoto and Mammoto, 2019). Among these mechanical factors, Mammoto et al. have focused on the pulmonary artery (PA) pressure that transiently increases during regenerative lung growth after unilateral pneumonectomy (PNX) and demonstrated that increases in PA pressure following PNX control angiogenesis through mechanosensitive transcriptional co-activator, YAP1. Extracellular vesicles (EVs) that contain cargo such as nucleic acids, miRNAs, proteins, and lipids play key roles in autocrine and paracrine signaling and promote tissue regeneration (Kourembanas, 2015). The authors also show that blood vessel formation is stimulated in the fibrin gel containing EVs isolated from post-PNX mouse lung ECs or pressurized ECs, while YAP1 knockdown inhibits the effects, suggesting that increases in PA pressure stimulate angiogenesis through the YAP1 pathway during lung regeneration and EC-derived EVs have potential to stimulate angiogenesis.
Tissue microenvironment also contributes to various pathologies. For example, the crosstalk of tumor cells and non-cancerous cells within the tumor microenvironment is a crucial part of the tumor angiogenesis. Guarino et al. have demonstrated that tumor-derived EVs, which play a key role in autocrine and paracrine signaling involved in tumor angiogenesis (Asare-Werehene et al., 2020), downregulate TRPV4 expression and induce abnormal angiogenesis by activating Rho/Rho kinase/YAP/VEGFR2 pathways. Their results suggest that tumor-derived EVs and TRPV4 are novel targets for vascular normalization and cancer therapy. Holter et al. utilized microscale engineering technology to model and investigate stromal fibroblast cell-EC interactions within the tumor microenvironment. Here they showed that fibroblast secreted CXCL12 can reprogram the tumor microenvironment by potently inducing a leakier endothelium that is hospitable to angiogenesis and tumor cell intravasation.
Strategies for bioengineered blood vessels leverage the factors derived from the tissue microenvironment for creating prevascularized tissue constructs. Shafiee et al.review the cell-based co-culture strategies for tissue engineering prevascularized constructs. Here they emphasize co-culture strategies with endothelial lineage cells with different supporting cells, such as mesenchymal stem cells (MSCs), fibroblasts, and perivascular cells, towards the formation of organized and functional vascular networks. Mykuliak et al. extend this concept by comparing the effects of bone marrow-derived mesenchymal stem/stromal cells (BMSCs) and adipose tissue-derived mesenchymal stem/stromal cells (ASCs) in supporting the formation of mature and interconnected networks in a microfluidic chip. Here they show differences in blood vessel function and morphometrics due to differences in tissue origin of the MSCs. Luo et al. have demonstrated that hyaluronic acid (HA), one of the major ECM components constituting tissue microenvironment, promotes angiogenesis induced by human umbilical-derived MSCs and endothelial colony forming cells (ECFCs) in Matrigel plugs and increases blood perfusion of the ischemic mouse limb; HA supported cell proliferation and migration, and enhanced CD44 expression by downregulating microRNA-139-5p in ECFCs.
One of the primary goals of vascular tissue engineering is to address the mortality and morbidity associated with ischemic diseases. Two papers developed novel experimental models to gain insights into specific aspects of tissue ischemia and reperfusion injury. Willi et al. developed an ex vivo intestine tissue-based microfluidic model to investigate acute post-ischemic effects on microvascular stability, remodeling, and collateral flow formation. This model uses intact tissue such that one can readily study the responses of perivascular cells, such as pericytes, due to altered flow conditions and vascular occlusion. Optical tweezers is one of the most widely used approaches for single-molecule and single-cell biophysics. Shao et al. used infrared optical tweezers for a novel application in controlling dynamic reperfusion in subdermal capillaries in mice. Here they demonstrate the capacity of optical tweezers as a non-invasive strategy for manipulating blood flow conditions.
ADVANCED IN VITRO SYSTEMS TO MIMIC TISSUE MICROENVIRONMENTS
Lampejo et al. discuss the role of biomimetic tissue engineered models for advancing our understanding of microvascular physiology. They emphasize the importance of widely adopted biomimetic modeling approaches in incorporating the necessary physiological complexity that reconstitute native environments for investigating microvascular dynamics. They examine the application and future opportunities of biomimetic microvascular models for enabling basic science discoveries and therapeutic evaluation studies by collaborating tissue engineers, physiologists, and vascular biologists.
Anti-angiogenesis agents have been used as anti-cancer drugs due to their combined mode of action in preventing neovascularization and disruption of existing vasculatures in the tumor microenvironment. However, it is challenging to validate the anti-angiogenic properties of these drugs due to lack of proper in vitro angiogenesis models comprised of mature and long-lived vascular networks. Yavvari et al. developed a three-dimensional drug-testable in vitro angiogenesis system in which human umbilical vein ECs are embedded and sandwiched in the collagen scaffold and co-cultured with human dermal fibroblasts. Using this system, authors have demonstrated that single or combinational anti-angiogenic drugs can be tested to predict the effects of these drugs on the vasculatures in vivo.
Recent advances in the organoid systems make them promising models for regenerative medicine, drug testing and developmental biology (Gupta et al., 2021). Induced pluripotent stem cells can be differentiated into kidney organoids that develop nephrons, resembling cellular and architectural complexity in the developing kidney (Takasato et al., 2016). However, these organoid systems have several limitations, such as the limited culture duration, loss of nephrogenic potential, immaturity and lack of vasculature (Nishinakamura, 2019), partly due to the lack of mimicking an in vivo microenvironment (Rossi et al., 2018). Since kidneys develop in hypoxia in vivo, to make more clinically applicable kidney organoids, Schumacher et al. cultured kidney organoids under physiological hypoxia and found that this condition initiates angiogenesis, leading to enhanced angiocrine factor secretion and improved endothelial patterning. Recapitulating the physiological environment in the organoid systems is important to improve the vascularization of organoids and extend their potential for tissue engineering and drug discovery.
In conclusion, the papers in this Research Topic “Organ Microenvironment in Vascular Formation, Homeostasis and Engineering” cover a broad area of research from fundamental understanding of the role of tissue microenvironment in angiogenesis to advancements in the technology that can be leveraged for improved strategies for tissue engineering and development of new treatments for various diseases.
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Currently, the fabrication of a functional vascular network to maintain the viability of engineered tissues is a major bottleneck in the way of developing a more advanced engineered construct. Inspired by vasculogenesis during the embryonic period, the in vitro prevascularization strategies have focused on optimizing communications and interactions of cells, biomaterial and culture conditions to develop a capillary-like network to tackle the aforementioned issue. Many of these studies employ a combination of endothelial lineage cells and supporting cells such as mesenchymal stem cells, fibroblasts, and perivascular cells to create a lumenized endothelial network. These supporting cells are necessary for the stabilization of the newly developed endothelial network. Moreover, to optimize endothelial network development without impairing biomechanical properties of scaffolds or differentiation of target tissue cells, several other factors, including target tissue, endothelial cell origins, the choice of supporting cell, culture condition, incorporated pro-angiogenic factors, and choice of biomaterial must be taken into account. The prevascularization method can also influence the endothelial lineage cell/supporting cell co-culture system to vascularize the bioengineered constructs. This review aims to investigate the recent advances on standard cells used in in vitro prevascularization methods, their co-culture systems, and conditions in which they form an organized and functional vascular network.
Keywords: co-culture, pre-vascularization, tissue engineering, endothelial cells, mesenchymal stem cells, fibroblast, perivascular cells, endothelial progenitor cells
1 INTRODUCTION
The concept of tissue engineering and regenerative medicine originates from the idea of replacing damaged or dysfunctional organs with new regenerated ones. As the tissue grows, oxygen and nutrient supply as well as wastes elimination cannot be achieved by simple diffusion. Therefore, vascular or vascular-like networks are crucial for proper function and survival of any tissue. Central necrosis will happen in engineered tissues thicker than 100–250 µm if there is no efficient vascular bed (Fu et al., 2021). Therefore, developing approaches to form adequate and functional vasculature within artificial tissues and organs and prevascularization of engineered constructs prior to implantation are considered as a promising concept in tissue engineering field (Yazdanpanah et al., 2015). The survival of incorporated stem cells in scaffolds depends on the efficiency and efficacy of networks developed by prevascularization. In order to mimic the physiological structure of the capillaries, some efforts have been dedicated to design perfusable micro-channels in scaffolds (Farhadihosseinabadi et al., 2018; Figueiredo et al., 2020; Liu et al., 2020). Many studies have tried to use the physiological capability of stem cells for developing a vascular network de novo, known as vasculogenesis which can be usually seen in the embryonic period. To induce vasculogenesis, many in vitro strategies such as cell sheet engineering, cell spheroid and cell encapsulation, bio-printing and micro-fluid techniques have been introduced. The other methods of prevascularization take advantage of physiological process of angiogenesis, when new blood vessels are developed from the existing vessels (Farhadihosseinabadi et al., 2018). To date, several in vitro, in vivo and in situ prevascularization strategies have been employed to compose functional engineered tissues. In vivo prevascularization techniques such as prevascularization via AV-loop, subcutaneous implantation and flaps mostly recruit the angiogenesis process, counting on the ability of host vessels to invade the implanted scaffold (Kiaie et al., 2020; Vidal et al., 2020; Redenski et al., 2021). In situ methods employ a combination of in vitro and in vivo approaches. In all of these methods, endothelial lineage cells are the key part of developing a proper vascular network. Moreover, cell-to-cell interactions, biomaterials, and growth factors profoundly influence in vitro prevascularization. Although formation of capillary-like networks can be initiated by endothelial lineage cells, interactions of endothelial and supporting cells are essential for developing a functional vascular network (Figure 1).
[image: Figure 1]FIGURE 1 | Common cells for prevascularization and their isolation sites. EC (Endothelial cells), EPC (Endothelial progenitor cells), HUVEC (Human umbilical vein endothelial cells), MSC (Mesenchymal stem cells), fibroblast, SMC (Smooth muscle cells), and pericyte have been used for prevascularization of different tissues. Endothelial and supporting cells can be obtained from various cell sources, including skin, mucosal membrane, bone, and peripheral blood, or differentiated from hiPSCs (human induced pluripotent stem cells). Recently, particular attention has been given to the umbilical cord and amniotic membrane as easy to access cell sources. These cells show lower immunogenicity than the other cell lineages, introducing them as excellent candidates in the prevascularization process.
2 ENDOTHELIAL LINEAGE CELLS
Producing a lumenized endothelial cell network is one of the main milestones of prevascularization (Kiaie et al., 2020; Später et al., 2020). Endothelial cells (ECs) which form the interior lining of blood vessels, can be obtained from various tissues including umbilical vein, aorta and different micro vessels such as micro vessels in adipose tissue or foreskin (Krüger-Genge et al., 2019). These cells can be differentiated from human induced pluripotent stem cells (hiPSCs) and pluripotent stem cells. (Natividad-Diaz et al., 2019) Furthermore, endothelial progenitor cells (EPCs) can be isolated from peripheral blood and bone marrow (Figure 1) (Sun et al., 2020). Appropriate ECs should be selected based on its isolation process and angiogenic properties. ECs are mainly identified by expressing cluster of differentiation (CD) 31 and von Willebrand factor (vWf) in co-cultures, while they express a variety of biomarkers including, Fli-1 (friend leukemia integration-1), CD13, CD29, CD36, CD34, CD39, CD44, CD47, ICAM-1 (intercellular adhesion molecule-1), CD61, CD62, CD80, CD102, CD105, CD106, CXCL16, CD143, CD144, CD146, ADAMTS13 (a disintegrin and metalloproteinase with thrombospondin motifs-13), ADAMTS18, and VE-cadherin (vascular endothelial cadherin). However, it must be taken into account that the ratio of expressed markers can be different in specialized endothelial cell networks (Goncharov et al., 2020). In recent years, different sources of endothelial cells have been used alone or in a co-culture system to form capillary network in vitro. In this section, we discuss the most applicable endothelial lineage cells used in prevascularization.
2.1 Human Umbilical Vein Endothelial Cells
Human umbilical vein endothelial cells (HUVECs), well-known for their angiogenic features, are harvested from the endothelium of the umbilical cord veins. Their angiogenic capabilities could be attributed to the existence of a progenitor cell subpopulation within HUVECs (Ingram et al., 2005; Kocherova et al., 2019). These cells express many common EC markers such as CD31, vWf, CD34, CD54, ICAM-1, CD62-E, CD106, VCAM-1 (vascular cell adhesion protein-1), and CD143 (Ma et al., 2014a; Kuss et al., 2018). HUVECs have been used in various prevascularization strategies such as bioprinting. For instance, HUVEC spheroids encapsulated in fibrin and collagen were printed with high rate of viability on scaffolds with tuned surface topological features to control the alignment of the developed capillary-bed (Benning et al., 2018). Considering their simple and low-cost isolation methods, they have been widely used in co-culture systems with a wide variety of supporting and target tissue cells. HUVECs can be co-cultured with mesenchymal stem cells (MSCs) derived from different origins. Adipose tissue mesenchymal stem cells (AD-MSCs) and bone marrow mesenchymal stem cells (BM-MSCs) are known as commonly used MSCs that are frequently co-cultured with HUVECs for prevascularization of various target tissues. BM-MSCs and AD-MSCs show similar vasculogenic capabilities. However, the isolation process of AD-MSCs is more accessible than BM-MSCs (Ma et al., 2014b). In addition to AD-MSCs and BM-MSCs, HUVECs co-culture with amniotic membrane derived mesenchymal cells have shown successful results with a ratio of 1:1 for developing prevascularized micro-tissues (Zhang S. et al., 2017).
Different factors influence the prevascularization of engineered tissues via HUVECs/MSCs co-culture systems including seeding density ratio, growth media and culture conditions. The optimal HUVECs/MSCs ratio recommended by some studies is 5:1 (Kaully et al., 2009; Rao et al., 2012; Ma et al., 2014a). Au et al. reporeted that vascular networks created by cell suspension of HUVECs with the HUVECs/BM-MSCs ratio of 5:1 in a collagen/fibronectin hydrogel remained functional for 130 days after implantation in vivo (Au et al., 2008).
Different studies focusing on angiogenesis within bone regeneration have used HUVECs and MSCs co-culture systems. HUVECs/MSCs co-culture can reduce mineralization of the engineered bone tissues. In this matter, subsequent seeding of endothelial cells after reaching proper confluency of MSCs can be a potent solution (Kim et al., 2019). MSCs from different origins support both network formation and osteogenic differentiation of engineered bone constructs. Human umbilical cord mesenchymal stem cells, BM-MSCs, hiPSCs derived mesenchymal stem cells (hiPSC-MSCs) and embryonic stem cell differentiated mesenchymal cells in separate cultures with HUVECs developed vessel-like network on a calcium phosphate cement (CPC) scaffold. In that study, no significant difference in capillary development and mineralization was detected between different type of MSCs which were co-cultured with HUVECs (Chen et al., 2018). Moreover, HUVECs co-cultured with hiPSC-MSCs developed capillary-like structures and promoted mineralization on CPC scaffold, so that a complex and well-organized capillary network was successfully formed at 21 days post-culture. (Liu et al., 2017).
HUVEC/BM-MSC spheroids encapsulated within collagen/fibrin hydrogels showed more favorable capillary-like structure formation and osteogenic differentiation than the cell suspension form (Heo et al., 2019). HUVEC/AD-MSC spheroids with 1:1 ratio encapsulated in hyaluronic acid/gelatin bioactive hydrogels were successfully used for prevascularizing a 3D-bioprinted Polycaprolactone/Hydroxyapatite scaffold. A significant cell migration and sprouting was observed in the co-culture system after 7 days (Kuss et al., 2018). HUVEC/AD-MSC spheroids with a ratio of 1:9 have been bio-printed to make a prevascularized adipose micro-tissue. The cell spheroids formed capillary-like structure within 7–14 days (Benmeridja et al., 2020). HUVEC/BM-MSC spheroids can develop a capillary-like network in fibrin scaffold. The optimal vessel development was achieved in the HUVEC/MSC spheroids with a 1:1 ratio. It is worth noting that there may be less chance of capillary-like developments in HUVEC spheroids alone. Furthermore, MSCs migration always happens after HUVECs migration (Roux et al., 2018)
Different models of cell sheet engineering have been applied for developing prevascularized structures in bone tissue engineering. Zhang et al. developed a prevascularized natural nanofibrous extracellular matrix sheet with high mechanical strength using HUVECs/MSCs (Zhang et al., 2018). Likewise, HUVECs/AD-MSCs magnetic responsive sheets have been used for developing an engineered bone tissue by internalizing iron oxide nanoparticles in the cells (Silva et al., 2020). Furthermore, osseous cell sheets created by osteo-induction of AD-MSCs have been applied as a bio-paper for bio-printing HUVECs via laser-assisted bioprinting (Kawecki et al., 2018).
Dynamic co-culture and physical tension could enhance both angiogenic and osteogenic differentiation. Culturing HUVECs with BM-MSCs within a dynamic condition of tubular perfusion system bioreactor showed an increase in production of bone morphogenic protein 2 (BMP-2) and development of CD31 network indicating osteogenesis and vasculogenesis (Nguyen et al., 2017). It was concluded that tension could promote osteogenic properties of HUVECs/BM-MSCs cultures (Jiang et al., 2018).
HUVECs/MSCs have been also used for developing a prevascularized engineered cardiac constructs. In a study conducted by Sharma et al. a confluent culture of MSCs on a fibroblast-derived nanoscale extracellular matrix (ECM) scaffold formed a CD166 tracks aligned with ECM nano-fibers. Subsequent seeding of HUVECs on the developed scaffold resulted in formation of a well-organized capillaries aligned with CD166 tracks (Qian et al., 2019). Culturing HUVECs and fibroblasts on a micro-patterned polyethersulfone/polyvinylpyrrolidone membranes also formed an aligned network with topological features of membranes (Skrzypek et al., 2018). It seems that the origin of MSCs profoundly affect the vascularization capability of HUVECs. HUVECs in culture with dermal fibroblast, AD-MSCs, BM-MSCs and Wharton’s jelly-MSCs were used to prevascularize both agarose-collagen and fibrin hydrogels. Particularly, capillary networks were more noteworthy in co-cultures on fibrin hydrogels as well as HUVECs/fibroblasts and AD-MSCs co-culture, while co-cultures containing BM-MSCs developed less significant capillary-like structures (Kniebs et al., 2020).
2.2 Endothelial Progenitor Cells
Endothelial Progenitor Cells (EPCs), which are circulating in the peripheral blood, play a crucial part in regeneration of vasculature bed endothelial lining. EPCs are also more proliferative and potent than the adult endothelial cells, where their pro-angiogenic properties are more noteworthy than that of non-progenitor endothelial cells (Asahara et al., 1997; Aicher et al., 2006). They can be derived from bone marrow, peripheral blood, umbilical cord blood and also can be harvested by differentiation of the hiPSCs (Garikipati and Kishore, 2017; Huizer et al., 2017). Endothelial colony-forming cells (ECFCs) are adult EPCs that take part in vasculogenesis and regenerating endothelial lining. The EPCs derived from human cord blood (human cord blood endothelial colony-forming cells or hCB-ECFCs) show much greater proliferative and angiogenic abilities compared with EPCs isolated from human peripheral blood (hPB-ECFCs) (Peters, 2018). Until now, EPCs have been used for vascularizing common scaffolds such as decellularized scaffolds (Guo et al., 2018), Poly-Ethylene Glycol Hydrogel (Peters et al., 2016), and Matrigel (Iqbal et al., 2017; Rosca et al., 2018). With all the controversies over the EPCs and their applications, they show promising potentials for scaffold vascularization (Peters, 2018). EPCs ability to develop capillary-like networks in culture with osteoblasts (Fuchs et al., 2007), fibroblasts (Dai et al., 2018) and mesenchymal stem cells (Liu H. et al., 2018) has been demonstrated in several studies.
In spite of many encouraging results obtained from using EPCs for prevascularization, some concerns still remain regarding their origin and classification. In fact, there is variation in definition of EPCs phenotype and their distinctive features in the literature (Table 1). Some authors divided EPCs into two categories, including hematopoietic EPCs which are stem cells originated from bone marrow with pro-vasculogenic properties, and non-hematopoietic EPCs which have ECs phenotype with less potency for pro-vasculogenic features (Garikipati and Kishore, 2017). In another classification, these cells have been categorized into two subpopulations including early EPCs and late EPCs with different angiogenic features. Early EPCs are spindle shaped and possess extensive proliferative abilities in the second and third week after isolation; however, their proliferative potential is limited after 6 weeks. It has been reported that they are also involved in innate immunity and inflammation. As a result, their application is limited because they may raise inflammatory responses and consequently cause graft rejection (Cheng et al., 2013). Late EPCs are cobblestone shaped that form primitive colonies after 3 weeks and are far more proliferative than early EPCs (Fedorovich et al., 2010). There is an agreement now that late EPCs contribute in angiogenesis and the early EPCs may indirectly join in endothelial network formation (Medina et al., 2010). Although there are many controversies surrounding the specific biomarkers for EPCs isolation, some markers such as CD34, CD133, and VEGFR2 (vascular endothelial growth factor receptor-2) have been frequently used for identification of these cells (Sen et al., 2011).
TABLE 1 | Common markers used for isolation of endothelial cells and supporting cells.
[image: Table 1]Recently, EPCs co-cultured with different supporting cells have been successfully used for prevascularization. Growth factors released from MSCs, including VEGF (vascular endothelial growth factor) and bFGF (basic fibroblast growth factor), enhance angiogenic capability of EPCs (Fauza et al., 2018). EPCs from peripheral blood combined with peripheral blood MSCs were used for prevascularizing a 3D biphasic calcium phosphate bio-ceramic. In that study, the expression of VEGF, PDGF (platelet-derived growth factor) and alkaline phosphatase significantly increased in EPCs/MSCs co-culture (Chen et al., 2019). It has been reported that the optimal angiogenic and osteogenic value were observed in in PB-EPCs/BM-MSCs cultures within 1:3 or 2:1 ratio (Peng et al., 2019). Moreover, a prevascularized patch with antifibrotic properties have been developed by bioprinting EPCs and BM-MSCs on a decellularized liver scaffold (Wonil et al., 2018).
EPCs isolated from cord blood in culture with fibroblasts developed a capillary-like network in 7 days with a similar morphology to HUVECs/fibroblasts co-culture. Interestingly, EPCs/fibroblasts made anastomosis with the host vasculature earlier than HUVECs/fibroblasts and signs of blood perfusion was appeared after 1 day of implantation. It was observed that higher ratio of fibroblasts can result in stronger anastomosis to the host vasculature (Chen et al., 2010). Lee et al. used a co-culture system by peripheral blood isolated EPCs and human mucosal fibroblasts and keratinocytes to develop a skin tissue construct. They seeded EPCs on a fibroblast-incorporated fibrin layer. Then, keratinocytes were seeded subsequently on the developed scaffold. It was showed that their co-cultured system formed a prevascularized construct whit successful results in the excisional wound of a nude mice (Lee et al., 2019).
2.3 Microvascular and Adult Endothelial Cells
Adult endothelial cells have limited proliferation. These cells are highly specialized and exhibit unique morphology and characteristics in tissues like liver and kidney, which limit their potential application in prevascularization (Bale et al., 2015). However, microvascular endothelial cells such as human dermal microvascular endothelial cells (hDMECs), adult human cardiac endothelial cells (hCECs), adult human pulmonary artery endothelial cells (hPAECs), and aortic endothelial cells have been successfully used for prevascularization of engineered tissue constructs (Jiang et al., 2018; Manikowski et al., 2018). For instance, aortic endothelial cells in co-culture with BM-MSCs developed microvasculature after 14 days of culture (Pekozer et al., 2016).
MSCs co-culture with other adult endothelial cells such as human cardiac microvascular endothelial cells (hCMVECs) has been found to be effective to produce a functional prevascularized 3D cardiac graft (Valarmathi et al., 2018). hCMVECs in the present of MSCs could successfully form a capillary-like network in a 3D collagen cell carrier (CCC) within 7 days under vasculogenic conditions. Later, hiPSC-derived embryonic cardiomyocytes were cultured on the prevascularized CCC under myogenic conditions for another week to achieve myogenic differentiation (Valarmathi et al., 2017). Human adipose tissue microvascular endothelial cells (hAMECs) are potent candidates for prevascularization of skin and soft tissue substitutes. Promising results have been reported in co-seeding of hAMECs and adult normal human dermal fibroblasts to form a well-organized vascular network. The optimal mechanical strength and capillary development are achieved in ECs/fibroblasts ratio of 4:1. It is observed that modifying the ECs/fibroblasts ratio can change the pattern of vascular network, giving researchers more choices for prevascularization of different tissues (Czajka and Drake, 2014). For instance, human dermal microvessel endothelial cells isolated from foreskin in culture with gingival fibroblasts and gingival epithelial cells, by an ECs/fibroblasts ratio of 1:1 were used to develop a prevascularized buccal mucosa substitute, with the potential application in urethral defects (Heller et al., 2016). In another example, a complex capillary-like network was developed by human dermal fibroblasts (hDFs) co-cultured with hDMECs with ratio 1:1 in thermoresponsive biomimetic polyisocyanopeptide (PIC) with pore diameters of 100–150 μm (Zimoch et al., 2018). In another study Sasagawa et al. created a construct using human aortic endothelial cells entrapped between two hDFs cell sheets that successfully developed a CD31+ network within 3 days (Sasagawa et al., 2014).
2.4 Stem Cell-Derived Endothelial Cells
Finding an autologous endothelial cell source is one of the main challenges of prevascularization. Endothelial cells can be differentiated from different stem cell sources such as MSCs, hiPSCs, and also from embryonic stem cells, fetal pluripotent stem cells, and totipotent embryo stem cells (Xu et al., 2019). Several strategies have been employed for the endothelial differentiation of stem cells. Most of these strategies use an endothelial differentiation medium that contains growth factors such as VEGF (Oswald et al., 2004; Wu et al., 2007; Wang et al., 2018). A 2D monolayer or a 3D embryoid body of hiPSCs or embryonic stem cells can be differentiated into endothelial lineage cells using an endothelial differentiation medium (Kim et al., 2007; Zhang J. et al., 2017; Suresh and West, 2020). Furthermore, the pluripotent stem cells can be co-cultured with OP9 stromal cells that produce endothelial differentiating factors (Figueiredo et al., 2015). As another strategy, genetic modification can be used for endothelial differentiation of the embryonic stem cells and hiPSCs. For Instance, Wang et al. differentiated endothelial cells from hiPSCs by altering the transcription factor E26 transformation-specific variant 2 or ETV2 gene (Wang K. et al., 2020). Lindgren et al. also modified the expression of ETV2 for endothelial differentiation of embryonic stem cells (Lindgren et al., 2015). In addition to ETV2, alteration of the other transcriptional factors such as GATA-2, LMO-2, and TAL-1 have been proposed as a strategy for endothelial differentiation of stem cells (Elcheva et al., 2014; Lange et al., 2020). After endothelial differentiation, endothelial-specific markers such as CD31, CD34, CD144, VEGFR-2, and vWF have been used for confirming the endothelial differentiation of stem cells (Kennedy et al., 2021). There are still several questions regarding the functionality of endothelial cells differentiated from hiPSCs. Li et al. observed that endothelial cells derived from hiPSC have a significantly decreased proliferation rate than those derived from embryonic stem cells, and they can lose their endothelial phenotype and markers through passages (Li et al., 2011). Although ECs differentiated from hiPSCs have been used to develop functional capillary beds, it has been shown that the vascular network developed by hiPSCs had less density than the vascular network created by HUVECs (Bezenah et al., 2018). Further investigations are required on the effect of various endothelial differentiation strategies on network forming ability of stem cell-derived endothelial cells.
Several studies used stem cell-derived endothelial cells for prevascularization. Culture of various ECs, such as hCECs, hPAECs, hiPSCs derived endothelial cells (hiPSC-ECs) with adipose-derived stromal cells successfully developed a well-formed capillary-like network (Calderon et al., 2017; Manikowski et al., 2018). However, it was observed that without external growth factors, the developed network collapsed, and ECs mono-culture could not complete the capillary-like network (Manikowski et al., 2018). In another study, co-culture of ECs differentiated from BM-MSCs of Witsar rat with BM-MSCs have been used for developing a scaffold-free cell sheet. Accordingly, the development of a capillary-like network and lumen formation was observed within a week that eventually promoted repair of the rat cranial bone defects (Xu et al., 2019). Moreover, MSC-derived CD31+ endothelial cells in culture with AD-MSCs and MSC-derived fibroblasts were successfully used for prevascularizing a fibroblast niche coated tissue engineered dermal graft (TEDG) scaffold, which was developed as a skin substitute (Ajit et al., 2020). In another study, Masuda et al. developed a cardiac cell sheet using rat embryonic stem cell-derived ECs, dermal fibroblasts and embryonic stem cell-derived cardiomyocytes. It was reported that cardiomyocytes could promote endothelial cell differentiation and sprouting (Masuda et al., 2015). Overall, stem cell-differentiated endothelial cells represent a valid and promising cell source for prevascularization. However, prior to clinical application of these cells in prevascularized constructs, it is important to resolve concerns regarding the efficiency of these cells in fabricating endothelial networks, and their teratogenicity.
3 SUPPORTING CELLS
To achieve proper perfusion in engineered tissue constructs, the quality of vessels is as vital as their length and sprout numbers. Development of these functional networks can be achieved using supporting cells along with endothelial cells. Combination of endothelial lineage cells with target tissue cells and supporting cells like fibroblasts (Sorrell et al., 2007), smooth muscle cells (Fillinger et al., 1997), mesenchymal stem cells (Aguirre et al., 2010), pericyte cells (Antonelli-Orlidge et al., 1989), epithelial cells (Kim et al., 2002), and osteoblasts (Hofmann et al., 2008) seems to be a potential solution for vascularization of engineered tissue constructs. Supporting cells affect the formation and organization of capillary networks directly, while target tissue cells such as cardiomyocytes, osteoblasts, epithelial cells, keratinocytes, and neural cells have an indirect effect (Grellier et al., 2009). Supporting cells facilitate inosculation to the host vasculature in addition to their ability to improve ECs viability and proliferation and they also stabilize newly formed vessels by inhibiting uncontrolled angiogenesis. The effectiveness and supportive role of supporting cells are owing to the production of growth factors and ECM, resulting in stabilizing the capillary-like formations. In fact, these cells not only support and stabilize newly formed capillaries, but also act as a source of pro-angiogenic growth factors such as VEGF and bFGF.
3.1 Mesenchymal Stem Cells
Mesenchymal stem cells, as the first group of supporting cells, are able to differentiate into various cell types such as pericytes, adipocytes, chondrocytes, myocytes and osteoblasts (Caplan, 1991; Abbasi-Kangevari et al., 2019). They can be harvested from different tissues including bone marrow (BM-MSCs), adipose tissue (AD-MSCs), placenta, umbilical cord, amniotic fluid, peripheral blood (PB-MSC), dental pulp, limbal stroma as well as differentiated hiPSCs (Funderburgh et al., 2016). They express various surface markers including CD11, CD44, CD73, CD90, CD105, CD106, and CD166. However, these cells do not express CD14, CD34, and CD45 (Avolio et al., 2017; Valarmathi et al., 2018) (Table 1). The angiogenic ability of MSCs is differ from each other, so that they morphologically form different vessel networks depending on their origins. For example, the morphology of vessels induced by umbilical artery, umbilical vein and “Wharton’s jelly” mesenchymal cells are different (Xu et al., 2017).
AD-MSCs are preferred in many studies due to their simple isolation and their ability to induce angiogenesis (Chen et al., 2015; Freiman et al., 2016). The umbilical-derived mesenchymal cells have a great angiogenic ability, while the placenta-derived MSCs show a higher proliferation rate, multi-lineage differentiation capability and lower immunogenicity (Kargozar et al., 2018). It is worth to mention that the hiPSC-MSCs and BM-MSCs both promote vascularization, even though telomerase activity is 10-fold greater in hiPSC-MSCs than in BM-MSCs (Chen et al., 2018).
MSCs have been used in many studies due to their abilities to promote vessel formation and maturation by different mechanisms (Navone et al., 2014; Oki et al., 2018). The MSCs produce pro-angiogenic cytokines such as hypoxia-inducible factor 1α (HIF-1α), angiogenin, angiopoietin I, angiopoietin II, angiopoietin IV, interleukin-1β (IL-1β), interleukin-6 (IL-6), interleukin-8 (IL-8), insulin-like growth factor 1 (IGF-1), VEGF, bFGF, PDGF, transforming growth factor-β (TGF-β), monocyte chemoattractant protein-1 (MCP-1), and as well as by triggering the VEGF-A signaling cascade. They are also capable of producing anti-angiogenic factors such as angiostatin and vasohibin (Bandara et al., 2017; Rezaie et al., 2019; Maacha et al., 2020). Therefore, the balance between autocrine and paracrine secretion of pro-angiogenic and anti-angiogenic factors is responsible for promoting vasculogenesis and stabilizing the newly formed vessels by adjusting the permeability of new vessels through manipulation of cell-to-cell junctions (Ghajar et al., 2006; Sorrell et al., 2009; Bussche and Van De Walle, 2014). Origin of MSCs, culture environment, culture growth factors, scaffold, and co-culture ratio can contribute to the ability of MSCs for utilization for prevascularization.
In recent years, several studies suggested the potential use of MSCs exosomes for inducing angiogenesis (Moghadasi et al., 2021). Moreover, mesenchymal exosomes extracted from the placenta and adipose tissue can be a promising tool for prevascularization (Liang et al., 2016; Komaki et al., 2017). However, there are contradictory findings regarding the angiogenic effect of BM-MSC derived exosomes. Lee et al. showed BM-MSCs’ exosomes could suppress angiogenesis (Lee et al., 2013).
MSCs can be differentiated into the endothelial lineage cells. Du et al. induced MSCs in culture with osteogenic MSCs prevascularized mesoporous bioactive glass (MBG) scaffold where they used 10 ng/ml of bFGF and 40 ng/ml of VEGF to induce endothelial differentiation in AD-MSCs. MSC-EC were positive for CD31 and vWF (Du et al., 2018). It is also reported that BM-MSCs can differentiate into ECs in a non-direct co-culture with ECs. It was observed that ECs induced differentiation of BM-MSCs into CD31 positive cells (Li et al., 2018).
3.2 Fibroblasts
Fibroblasts, as the main producers of ECM collagen, have an essential role in angiogenesis and wound healing process. These cells have been utilized in co-culture with endothelial cell lines such as HUVECs, EPCs, and microvascular endothelial cells (MVECs) to develop a prevascularized skin substitute (Sorrell et al., 2007; Dai et al., 2018). Fibroblasts are mostly isolated from skin, mucosal membrane and other soft tissues. Both the method and the site of isolation are considered as the important factors for the angiogenic ability of fibroblasts (Bishop et al., 1999). It was reported that formation of a capillary-like network was only observed in the culture of endothelial lineage cells with human dermal fibroblasts, not in culture with neonatal human foreskin fibroblasts 1 (hFF-1) (Costa-Almeida et al., 2014).
Since fibroblasts have mesenchymal origins, no significant marker has been identified for distinction of MSCs and fibroblasts. Markers like CD9, CD29, CD44, CD90, CD105, CD166, and CD73 are expressed in both MSCs and fibroblasts. However, there is a slight difference between the expression levels of some markers in MSCs and fibroblasts. The expression of CD106, integrin alpha 1, and IGF-2 (insulin-like growth factor 2) are high in MSCs, while MMP-1(matrix metalloproteinase-1), and MMP-3 are highly expressed by fibroblasts. Moreover, fibroblasts show a lower expression of CD146 compared with MSCs (Costa-Almeida et al., 2018).
Paracrine interactions between fibroblasts and ECs would regulate angiogenesis (Montesano et al., 1993). Physical stimulation can affect paracrine signaling, which induces angiogenesis. For instance, mechanical strain helps to stabilize capillary network assembly, and electrical stimulation can promote angiogenesis by ECs/fibroblasts interaction (Landau et al., 2018; Geng et al., 2019). In a study conducted by Asakawa et al., HUVECs cell sheet stacked with two hDFs cell sheets on a fibrin layer in five different orders. The best network formation with the highest relative vascular network lumen area was observed when HUVECs sheets directly placed on the fibrin layer and under the two fibroblast sheets (Asakawa et al., 2010). Using layer by layer assembly, Miyazaki et al. developed a prevascularized skin substitute by HUVECs and neonatal hDFs co-culture. In that study, HUVECs showed elongation at days 4 and 7 post-culture, where the vessel-like lumenized structures were clearly observed (Miyazaki et al., 2019).
HUVECs/fibroblast’s co-culture have been frequently used alongside another supporting cells or target tissue cells in different tri-culture methods. Using self-assembly and re-seeding methods, Jakubowska et al. constructed a prevascularized vaginal mucosa substitute through tri-culture of HUVECs/fibroblasts/epithelial cells, with a HUVECs/fibroblasts ratio of 2:1 (Jakubowska et al., 2020). In another study, in a tri-culture system, HUVECs and human respiratory epithelial cell were cultured with hDFs or human nasal fibroblasts in a fibrin gel and agarose-collagen type 1 scaffold which successfully formed a prevascularized respiratory mucosa.
Adding small molecules can alter network formation and morphology in an ECs/fibroblasts co-culture system. For instance, adding trehalose in a HUVECs/human normal dermal fibroblasts co-culture with a growth media containing VEGF can inhibit network formation and altering endothelial cell morphology through inhibition of VEGFR2 receptor in a dose-dependent manner. Moreover, fibroblasts in this co-culture system showed myofibroblasts’ phenotype and supported endothelial vessel network which was identified by presentation of α-smooth muscle actin (α-SMA) (Takeuchi et al., 2011). Recently, we used lacto-n-neotetraose to improve the healing process of full-thickness wounds in the mice models. Our results showed that subcutaneously injection of this oligosaccharide significantly increased the expression of VEGF in the wound bed. These findings highlight the great potential of natural materials to induce secretion of angiogenic factors within the implant sites (Farhadihosseinabadi et al., 2020).
3.3 Perivascular Cells
Perivascular cells including vascular smooth muscle cells (VSMCs) and pericytes regulate many features of natural vessels (Kerkar et al., 2006). VSMCs surround larger arteries, while pericytes wrap around capillaries to stabilize the newly formed vessel. VSMCs can be differentiated from mesenchymal stem cells, human embryonic stem cells, skin fibroblasts, hiPSCs or isolated from vascular tissues such as aortic ring and human umbilical cord (Montezano et al., 2017; Pang and Thomas, 2018; Perry et al., 2019). VSMCs show two different major phenotypes: synthetic and contractile. Synthetic phenotype, which is usually observed near sites of vascular remodeling, has more remarkable proliferative ability than the spindle-shaped contractile type which has less proliferative capacity and more contractile fibers (Metz et al., 2012). VSMCs isolated from microvessels and their native environment initially show spindle-shaped phenotype with a hill and valley morphology of synthetic type after growing in culture media (Kwartler et al., 2016). VSMCs in angiogenesis models are identified by α-SMA. The contractile phenotype of these smooth muscle cells is characterized by smooth muscle myosin heavy chain, smoothelin, calponin, and SM22α (Owens and Wise, 1997).
ECs and VSMCs act as a coupled system for transmission of signals from receptors localized on the endothelium surface and vice versa. Angiogenic growth factors expression will be higher when cell-to-cell interactions exist in this co-culture system (Heydarkhan-Hagvall et al., 2003). In a bilayer co-culture system, provoked by ECs-SMCs physical contacts, ECs influence SMCs’ morphology, proliferation rate, and protein production (Fillinger et al., 1993). It has been demonstrated that down regulation of PDGF expression in a spheroidal co-culture system of ECs and SMCs can inhibit apoptosis of ECs, resulting in longer viability of the vessels (Korff et al., 2001). In a study, pre-culturing of SMCs on decellularized native bone scaffold and subsequent seeding of HUVECs induced tubulogenesis. Moreover, higher vascular density and lumen formation was observed after using this method by dynamic culturing in a bio-reactor (Liu X. et al., 2018).
SMC spheroids have been used for stabilizing a mono-layer of HUVECs for developing a double-layered vascular-like structures. In that study, HUVECs were seeded around a golden needle and the encapsulated SMC spheroid were added subsequently. After 4 days of HUVECs/SMCs incubation, the bi-layer structure was separated from the needle where they showed a well-formed network vessels (Shimazu et al., 2019).
Pericytes are attached to the abluminal side of ECs, where they are around the basement membrane. These cells show excellent pro-angiogenic capabilities (Avolio et al., 2017). These cells can be harvested from umbilical cord, adipose tissue, human heart, skeletal muscle, dental pulp, saphenous vein and also from differentiation of hiPSCs (Sims, 1986; Geevarghese and Herman, 2014). Pericytes express markers such as α-SMA, NG2 (neuron-glial antigen 2), desmin, and RGS5 (regulator of G-protein signaling 5). Additionally, they represent CD73, CD90, CD105, CD146, and PDGFRβ, which are also produced by MSCs. It seems that some MSCs can be differentiated into pericytes. These differentiated cells express pericyte markers with pericyte-like morphology in ECs/MSCs co-culture, which support the endothelial network (De Souza et al., 2016a). When EPCs and MSCs were seeded on 3D polyurethane, the constructed vessels were positive for common pericytes’ markers, supporting the hypothesis that MSCs in co-culture with EPCs can be differentiated into pericytes. Furthermore, MSCs can be differentiated into pericytes after subsequent addition into a pre-formed capillary-like network (McFadden et al., 2013). Similarly, pericytes have the ability to be differentiated to the other mesenchymal-originated cells such as SMCs, fibroblasts and osteoblasts that can significantly alter metabolic and mechanical properties of these supporting cells as well as signaling cascades of ECs (Armulik et al., 2005; Bergers and Song, 2005; Blocki et al., 2013; Orlova et al., 2014).
While ECs/pericytes in a 3D co-culture can result in tube-like formations, a 2D co-culture with ECs/pericytes direct contact does not form such structures (Darland and D’amore, 2001). Several studies indicated that pericytes might act as inhibitors of ECs proliferation. It has been suggested that pericytes prevent proliferation of ECs via contact inhibition. Although, they inhibit proliferation of ECs, they stabilize the forming vessels and alter tube length lumen diameter and sprouting (Orlidge and D’amore, 1987; Waters et al., 2013).
Pericytes have been used in tri-culture system in the presence of HUVECs and hiPSC-MSCs with a HUVECs/pericytes ratio of 4:1 for prevascularizing a calcium-phosphate scaffold. In that investigation, both angiogenesis and osteogenesis were significantly promoted after implantation the developed construct in the rat cranial bone defect (Zhang C. et al., 2017).
Pericyte-like MSCs and SMCs can support the newly formed endothelial cell network in culture with EPCs (Loibl et al., 2014). Cell sheets engineered by EPCs and SMCs differentiated from MSCs improved ejection fraction of infarcted cardiac muscles (Shudo et al., 2017). It is reported that prevascularization of a polystyrene scaffold was achieved by co-culture of EPCs and SMCs with a 6:1 ratio (Jia et al., 2018a).
3.4 Differentiated Cells in Target Tissues
The native cells of the target tissue can indirectly affect differentiation and proliferation of ECs and development of the capillary-like networks. Besides, vascular development can affect the tissue-resident cells behaviors. These reciprocal interactions can influence the formation of prevascularized target tissues such as neural networks. HUVECs in co-culture with Witsar rat neural cells by a ratio of 1:2.5 were used for prevascularization of a poly (L-lactide) (PLLA)/poly (lactide-co-glycolide) (PLGA) scaffold. It was observed that interaction between endothelial cell network and neural cells lead to development of a more complex neural network and morphologies (Shor et al., 2018). Vascular growth can interfere with development of myotubules formations. HUVECs in culture with skeletal muscle cells isolated from fresh human muscle tissue were used for prevascularization of skeletal muscle constructs. In that study, two methods have been evaluated. In the first method, direct co-culture of HUVECs and skeletal muscle cells were considered for developing a prevascularized construct, while in the second method myotubules differentiated in a HUVECs free environment and endothelial cells in a fibril hydrogel were subsequently added. The findings indicated that in the first method, myotubules development was suboptimal and endothelial network development interfered with myotubules differentiation. However, subsequent addition of endothelial cells resulted in better capillary network development without interfering with myotubule differentiation (Gholobova et al., 2020).
The development of vascular network does not always hinder differentiation of target tissue cells and even sometimes endothelial cell differentiation can enhance capabilities of target tissue cells and promote target tissue cell proliferation. Using layer by layer assembly, HUVECs in culture with human hepatocytes and fibroblasts were used for developing a 3D liver engineered tissue construct. After implantation, prevascularized construct produced more albumin, which indicates that prevascularization can enhance performance of hepatocytes (Sasaki et al., 2017). In another study, a sub-population of EPCs, outgrowth endothelial cells (OECs) from peripheral blood, cultured with human primary osteoblasts were used for prevascularization of platelet-rich fibrin (PRF). It was reported that capillary-like structures were developed 7 days post-culture and primary osteoblasts promoted angiogenic abilities of EPCs (Dohle et al., 2018).
Several strategies such as adding small molecules, culturing under hypoxic condition and subsequent seeding of endothelial cells have been considered to promote ECs/target tissue cells interactions. Co-culture of HUVECs and human endometrial epithelial cells with a 1:1 ratio in a 3D collagen scaffold was successfully used for developing an endothelial network. It was showed that adding estradiol could not influence endothelial cell behaviors directly, however, estradiol increased endogenous VEGF levels of endometrial epithelial cells which promoted endothelial network formation (Pence et al., 2015).
Short term hypoxia improves development of a capillary-like network in an ECs/primary osteoblasts co-culture. However, prolonged hypoxia is considered as a cytotoxic parameter that shows negative effect on capillary network formation. (Gholobova et al., 2020) Sometimes, ECs can be used with heterogeneous populations of stem cells for fabricating a capillary-like network. HUVECs in co-culture with amniotic fluid stem cells were utilized for prevascularization of a collagen chondroitin sulfate scaffold. Culturing under hypoxic conditions did not result in better capillary formation development. It was revealed that hypoxia increased VEGF, PDGF, and VEGR1, but reduced expression of VEGFR2 (Lloyd-Griffith et al., 2015). In some studies, instead of using an isolated cell line, cellular extract or isolated heterogeneous cell population or isolated microvessels were used for prevascularizing scaffolds. For instance, stromal vascular fraction (SVF) (isolated from adipose tissue which contains mesenchymal cells, endothelial progenitor cells, hematopoietic lineage cells and stromal cells, fibroblast and pericytes) and micro vascular fraction (MVF-microvascular fragments that are usually isolated from adipose tissue) can be used for prevascularization of engineered tissue constructs. It has been shown that wound healing can be promoted by encapsulating SVF cells in a collagen-fibrin hydrogel (Nilforoushzadeh et al., 2019). In another study, a prevascularized adipose tissue was constructed by using MVF (Acosta et al., 2020). Furthermore, a prevascularized skin substitute was developed utilizing MVF and SVF via in vivo prevascularization methods (Später et al., 2018). In another study amniotic fluid stem cells cultured with HUVECs with a ratio of 4:1 resulted in prevascularization of a collagen chondroitin sulphate scaffold in 7 days (Lloyd-Griffith et al., 2015).
4 CO-CULTURE SYSTEM OPTIMIZATION
Providing a proper environment for proliferation and migration of endothelial cells, and development of a capillary-like network assembly with the help of supporting cells can be somewhat challenging since many considerations including the following parameters must be taken into account (Supplementary Table S1).
4.1 Target Tissue
Since blood perfusion and vascular network of most of the tissues are different, it is evident that target tissue can play a significant role in determining the best types of endothelial and supporting cells for the co-culture system as well as methods and the other co-culture factors (Figures 2A,B). The structure of target tissues is a decisive factor in choosing the method of prevascularization. For instance, 2D co-culture systems and cell sheet engineering can be used for developing the prevascularized 2D constructs such as cardiac patch, skin graft, or lumenized structures including vascular or urethral grafts. In contrast, cell spheroids and cell encapsulations can be used for developing a 3D bone constructs. Moreover, since formation of a vascular network can change the biomechanical properties of scaffolds, many studies have been conducted to develop prevascularized scaffolds without reducing their biomechanical properties. Considering the biomechanical properties of target tissues, an appropriate scaffold can be selected to limit the uncontrolled formation of vascular-like structures.
[image: Figure 2]FIGURE 2 | Co-culture system optimization. Co-culture system optimization depends on critical factors that profoundly alter cell behaviors. Target tissue is a decisive factor in the vascularization process. The cellular microenvironment is another critical factor that influences prevascularization. As shown in the (A,B), co-culture of AD-MSCs (Adipose tissue derived mesenchymal stem cells) and HUVECs (Human umbilical vein endothelial cells) in a 3D printed polycaprolactone/hydroxyapatite scaffold coated with cell-laden hydrogels leads to the formation of an appropriate capillary network (white arrow) at day 21 (Kuss et al., 2018). It is evident that topographical and physicochemical properties and even the type of biomaterial used in scaffolds affect prevascularization. (C,D) Aortic rings (pointed by stars) cultured on the mesenchymal side (C) and epithelial side (D) of a decellularized amniotic membrane developed in our laboratory. After 7 days of culture, capillary-like structures and endothelial-like penetrations (black arrows) have been identified on both sides of the amniotic membrane (original magnification X40) (Niknejad et al., 2013). (E,F) HUVECs and hiPSC-MSC (human induced pluripotent stem cell derived mesenchymal stem cells) co-culture on a calcium phosphate cement (CPC) scaffold. Microcapillary formations was formed at day 21 (Liu et al., 2017). The prevascularization process is also influenced by growth factors used in cell culture media. (G–I) The formation of cord-like structures by endothelial cells in response to FGF2 (G), VEGF (H), and the combination of both (I) has shown at day 10 (original magnification X20) (Khan et al., 2017).
The formation of a vascular network can impact some unique features of target tissues. For example, it has been shown that although the optimal vascular network development was seen in HUVECs/MSCs co-culture systems, the mineralization of the scaffolds was decreased in the co-culture group compared with MSCs monoculture (Ma et al., 2014b). In another example, increasing the cell seeding density of fibroblasts enhanced the mechanical properties of a prevascularized cardiac patch, while it decreased cardiac conductivity. Furthermore, the target tissue cells can significantly impact the formation of vessels by either promoting or inhibiting vasculogenesis and interacting with endothelial cells (Ong et al., 2017).
4.2 Scaffolds and Biomaterials
The crosstalk between ECM components and ECM composition such as collagen type I and IV, laminin, fibrin, and hyaluronic acid have a direct effect on ECs migration and elongation, length and number of sprouts as well as the alignment of newly formed vessels in the natural process of angiogenesis and vasculogenesis. The scaffolds mimic ECM by providing an environment that can support endothelial attachment, sprout formation, lumenogenesis and tubulogenesis and finally regulate vasculogenesis process (Figures 2C–F). Although, the currently designed 3D scaffolds are less suitable to be applied in vivo and the ideal strength is not achieved yet, there are many improvements in cell penetration and migration inside the tissues thanks to bioprinting technology. Factors influencing scaffold design vary from case to case. To design a prevascularized implantable and viable tissue, the scaffold should be permeable and able to excrete wastes out of the tissue. Moreover, scaffolds are needed to show appropriate biocompatibility and less toxicity. Natural biomaterials are derived from components found in extracellular matrix, such as collagen or other natural materials including those obtained from plants, insects, or animals. Natural biomaterials usually have superb biocompatibility with the binding sites for proteins and cells similar to ECM. We used a Gelatin Methacryloyl (GelMA)/chitosan nanoparticles composite hydrogel to delivery bFGF angiogenic factor. According to our findings, the bFGF was released from the developed scaffold in a sustain manner and promoted proliferation of cultured fibroblasts. The GelMA/chitosan nanoparticles scaffold exhibited an excellent biocompatibility with great potential to be used in prevascularization processes (Modaresifar et al., 2018). However, natural materials may be immunogen and suffer from limited physical and mechanical stability. Major advantages of synthetic biomaterials include control over the bio-chemical and physical characteristics, and degradation rate of these constructs. Besides, these polymers are highly tunable and their pore size can be controlled for enhancing angiogenesis. To come up with a scaffold that take advantage of both biomechanical properties of a synthetic scaffold and cell supporting abilities of natural scaffolds, synthetic biomaterials are frequently coated with natural ones (Yu et al., 2015).
4.3 Growth Factors and Culture Conditions
Adding angiogenic factors to tissue-engineered constructs can enhance their vascularization process (Figures 2G–I) (Patel et al., 2008). Pro-angiogenic growth factors are used to initiate different steps of angiogenesis. Formation of new vessels can be increased by direct or indirect role of growth factors. VEGF and bFGF show direct effect on angiogenesis (Choi et al., 2018; Kawecki et al., 2021). They stimulate mobilization of EPCs that speed up the initiation of angiogenesis. For instance, it has been reported that genipin cross-linked electrospun gelatin mats loaded with VEGF can stimulate and induce angiogenesis for tissue engineering applications (Del Gaudio et al., 2013). However, the concentration of angiogenic factors must be firmly controlled because severe vascular leakage or hemangioma may occur in high concentrations of VEGF.
In addition to main angiogenic factors, there are some growth factors that indirectly increase angiogenesis process. These products including sonic hedgehog homolog (SHH) (Weyers et al., 2020), HIF-1 (Chai et al., 2020; Coyle et al., 2020), and BMP (Samee et al., 2008; Yang et al., 2021), which recruit cells in the vascularization area to secret angiogenic factors. PDGF, angiopoietin 1, and ephrinB2 also show an indirect role on angiogenesis (Harel et al., 2020; Hosaka et al., 2020; Yoon et al., 2020). They may help to stabilize the newly formed capillaries by recruiting smooth muscle cells. VEGF initiate angiogenesis but cannot induce blood vessel maturation, while PDGF induce blood vessel stability and maturation. Furthermore, combined administration of growth factors such as VEGF/bFGF (He et al., 2012) and VEGF/PDGF (Lutton et al., 2012) have shown an effective way to generate more stable capillary bed (Wang B. et al., 2020). However, further studies on the combined use of angiogenic agents help to identify the optimal angiogenic environment used in various fields of tissue engineering.
Hypoxic conditions can enhance the angiogenic ability of MSCs in the culture media. The MSCs cultured under hypoxic condition showed higher expression of pro-angiogenic factors including VEGF, vWF, FGF, and Flk-1, which significantly improved vascularization of PLGA scaffold compared with MSCs cultured under normal conditions (Kim et al., 2019). Confirmed by another study, MSCs sheet engineered under hypoxic conditions (2% O2) had greater capillary network development compared to those cultured under normal condition (20% O2) (Zhang et al., 2016).
4.4 Prevascularization Strategy
One of the critical elements determining the quality of prevascularization is choosing the most suitable method. The most important consideration for selecting the most suitable method is the target tissue. 2D prevascularization methods can be used for prevascularizing tissues like skin, gastrointestinal and urethral tract. Direct cell seeding on a 2D scaffold is one of the most common, yet inefficient methods for the prevascularization of 2D engineered constructs since random incorporation of endothelial lineage cells and supporting cells does not result in an aligned, maintainable, and functional vascular-like network. Co-culture of cells on highly aligned microfibers or using bioprinting for the patterned culture of endothelial cells and supporting cells on the scaffold have been proposed as potential solutions for this issue (Bourget et al., 2016; Qian et al., 2019).
Cell culture in two dimensions has been routinely performed during past decades in many labs. Although this approach was considered suitable, it does not properly mimic that of natural tissues function (Jensen and Teng, 2020). There are different cell responses in two and three-dimensional cultures. Prevascularization of 3D tissues can be much more challenging since it requires the endothelial network assembly to be aligned in a three-dimensional space. Some cells will immediately lose their normal physiologic features after they are taken out of the body and placed in 2D cell culture, while they might not be affected in a 3D culture medium (Duval et al., 2017). Both in vivo and in vitro strategies have been employed to achieve a functional 3D endothelial network assembly.
In-Vivo prevascularization methods such as AV-loop use the angiogenesis ability of host vessels to penetrate and vascularize the scaffold. In the AV-loop method, an arteriovenous shunt is surgically incorporated into the scaffold in order to prevascularize the construct (Wu et al., 2017; Weigand et al., 2018). Another in vivo strategy is implantation of the scaffold in a highly vascular pouch or flap in the body of the host (Lee et al., 2021). After the prevascularization of the scaffold, the final scaffold can be implanted in the defected tissue. However, these methods are time-consuming and invasive and are not ideal for translation in clinical practice.
Over the years, direct injection of endothelial cell suspensions has been the most frequent strategy applied in regenerative medicine. This simple method has many weaknesses, including rapid diffusion of cells, low engraftment efficiency by loss of ECM interactions, and shear-induced cell death (Kito et al., 2013). Although random seeding of endothelial cells with supporting cells in a 3D scaffold with an optimal ratio in a biomaterial with optimal pore size can result in an endothelial network assembly, this method requires a lot of trial and error, and usually, the fabricated network is not organized. Furthermore, another issue is survival, differentiation, and migration of incorporated cells in a 3D environment. Encapsulating endothelial lineage cells and supporting cells in hydrogels containing essential factors for survival and differentiation of cells such as VEGF can ensure the survival of incorporated cells (Phelps et al., 2015; Kuss et al., 2018). Furthermore, it has been shown that using bioreactors for a dynamic culture environment with chemical and mechanical stimuli or growth factors gradient can direct the alignment of endothelial network assembly formed by encapsulated endothelial lineage cells/supporting cells (Tocchio et al., 2015; Nguyen et al., 2017).
Using cell spheroids as a prevasculrizing unit is an option to overcome the limitations of routine cell suspension methods. The endothelial cell spheroid system was first established as an in vitro model to study endothelial cell differentiation (Korff and Augustin, 1998). The spheroid sprouting method has also been applied as one of the in vitro models of angiogenesis. However, investigations on its ability to create a prevascularized tissue are in progress (Blacher et al., 2014). One study investigated bone regeneration using the co-culture of endothelial cells and osteoblasts for vascular sprouting and angiogenesis initiation. It was demonstrated that this co-culture system is likely to control the angiogenic properties of the ECs and also has a role in the optimization of osteoblast differentiation (Stahl et al., 2004). Encapsulation of cell spheroids has also been used for prevascularization. It has been shown that encapsulation of cell spheroid can result in more intricate and organized vascular network development compared to routine cell encapsulation (De Moor et al., 2021; Roux et al., 2021). However, it is worth noting that optimal EC/supporting cell ratio and EC/supporting cell interactions can be quite different in the spheroidal environment compared to the 2D and 3D co-culture systems (Benmeridja et al., 2020).
Scaffold-free cell sheet engineering has been widely used to achieve prevascularized 2D and 3D tissue constructs. Cell sheet engineering is a method of developing tissue constructs in which cell sheets are usually harvested on temperature-sensitive culture dishes (Yamato and Okano, 2004). These dishes are made by covalent grafting of a temperature-responsive polymer to ordinary culture plates. Changing the temperature modifies the surface characteristics from hydrophilic to hydrophobic allowing many cells to attach or detach. Alternatively, instead of thermal fluctuation, electromagnetic force can be utilized for attaching and detaching magnetic responsive sheets (Silva et al., 2020). In both methods, the formed cell sheets can keep their ECM and thus freely stick to other surfaces, including host tissues and another cell sheet. Several, tissues and organs such as the skin, the cornea, urothelium, and cardiac muscle are reconstructed by this method (Ng and Hutmacher, 2006; Umemoto et al., 2013; Song et al., 2020). One of the drawbacks of cell sheet engineering is ischemia or hypoxia of cells in the core. It has also been demonstrated that the location of the endothelial cell sheet compared to sheets composed of supporting cells could be crucial for developing an organized endothelial network and preventing hypoxia (Asakawa et al., 2010).
Recent advances in 3D-bioprinting, micro-molding, and microfluidic enabled researchers to micro-design the scaffold. As mentioned, micro-designing of the scaffold and micro-patterning of the surface topography has been used as one of the leading solutions to achieve an aligned network. Currently, lab-on-a-chip technologies have been widely used as angiogenesis and vasculogenesis models in vitro (Ko et al., 2019). These strategies focus on fabricating microchannels that will be later cellularized by endothelial and supporting cells to achieve a prevascularized construct. Several techniques such as microfluidics, laser degradation, photolithography, layer by layer assembly, micro-molding, and biodegradable sacrificial-template have been used to make microchannels mimicking the natural vascular network.
Microfluidic techniques have been widely used for simulating vasculogenesis and angiogenesis (Rambøl et al., 2020). One of the main challenges regarding the use of the microfluidic technique is finding the correct factors to maintain the optimal flow for cellularizing channels with endothelial and supporting cells. Furthermore, the microfluidic techniques are not scalable, and currently, most of their application remains limited to angiogenesis models. A common method for micropatterning is lithography which uses a particular electromagnetic wavelength to fabricate specific patterns on a scaffold incorporated with photosensitive biomaterials (Michna et al., 2018). An aligned microchannels network can be fabricated using this technique that will be used for the adhesion of endothelial cells to form an intricate and aligned endothelial network (Jiang and Luo, 2013). Another method of developing a microchannel network is using a biodegradable sacrificial template that can be degraded or washed after implantation and forming the microchannel network (Miller et al., 2012; Li et al., 2017; Hu et al., 2021). The microchannels can also be formed using laser biodegradation techniques (Pradhan et al., 2017). Another method is the layer-by-layer assembly technique which is used to form a thin scaffold with various patterns. In this technique, alternative charged layers will be deposited layer-by-layer to form microchannels (Sousa et al., 2021). These microchannels can be used as substrates for adhesion, proliferation, and network formation of endothelial cells (Miyazaki et al., 2019). These methods provide great control over the alignment of vascular-like networks. However, currently, the choice of biomaterials for designing the scaffold is limited, which means that the biomaterials used for creating these microchannels do not provide the ideal niche for endothelial cells. Also, we have yet to achieve 3D constructs with microchannels with desirable biomechanical properties using these techniques. Furthermore, inosculation of microchannels formed by these techniques to the host vessels after implantation requires further in vivo investigations. Overall, these advances are promising, and further investigations in this area can pave the way for achieving a 3D engineered tissue with an organized and functional vascular network.
Another solution for fabricating a 3D prevascularized engineered construct is 3D bioprinting of endothelial and supporting cells or EC/supporting cell spheroid in a similar pattern to the vascular network (De Moor et al., 2021). This method can be used in combination with other techniques to achieve proper results (Nulty et al., 2021). However, one of the main obstacles of bioprinting is ensuring the survival of cells through the process of bio-printing. Benning et al. investigated the ability of various hydrogels including Matrigel, collagen, gelatin, gelatin/alginate, fibrin, agarose, and Pluronic F-127 for bioprinting of endothelial cells. They observed that endothelial cells that have been bioprinted using collagen and fibrin hydrogels were capable of proliferation and sprouting and maintained their endothelial phenotype. Although endothelial cells bioprinting in gelatin hydrogels were capable of proliferation, they were unable to initiate sprouting (Benning et al., 2018). Due to the promising results of bioprinting, developing more suitable hydrogels can be essential for using bioprinting in prevascularization.
5 FUTURE PERSPECTIVE
In vitro prevascularization strategies emphasize on optimization of the interactions between cells, biomaterials and culture conditions. To date, a wide variety of cells with diverse vasculogenic features have been studied to ensure survival of the engineered tissue. HUVECs, taking advantages of convenient and ethical isolation methods, are the most common endothelial cell lineage employed in prevascularization strategies and angiogenesis methods. Furthermore, efforts are being made to find a suitable cell source with high accessibility and angiogenesis capability. In this light, MSC-ECs and hiPSC-ECs have been suggested for the prevascularization of scaffolds since they can easily be isolated from various tissue, differentiated in vitro, and act as an autologous cell source. However, several inconsistencies exist in the reports regarding their pro-angiogenic abilities and their utilization for prevascularization. Further studies must be conducted to compare the pro-angiogenic capabilities of these cells, their markers, and their morphology to the current common endothelial lineage cells used in prevascularization. Moreover, amniotic-derived cells seem provide a reliable cell source that can be easily isolated and differentiated toward endothelial cells (Yazdanpanah et al., 2015; Abbasi-Kangevari et al., 2019). These cells also produce various angiogenic growth factors that candidate them as an appropriate supporting cell. Beside the cell sources, advances in biomaterial designs come up with positive results in prevascularization. Recent studies have focused on new strategies such as cell bioprinting and producing highly-tunable scaffolds with micro-patterning design to make further organized vessels similar to host vascular hierarchy. However, an important roadblock in achieving a sustainable vascularized construct is the interference of endothelial network development with the target tissue cells. To overcome this challenge, different ways are available including changing the ratio of endothelial cells and protective cells, applying genetic modifications to alter the signaling pathways in favor of angiogenesis, and using different growth factors and small molecule to facilitate anastomosis in the target tissue. Future studies provide more tools for achieving perfect prevascularization approaches to develop functional tissue engineered constructs.
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Tumor-Derived Extracellular Vesicles Induce Abnormal Angiogenesis via TRPV4 Downregulation and Subsequent Activation of YAP and VEGFR2
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Tumor angiogenesis is initiated and maintained by the tumor microenvironment through secretion of autocrine and paracrine factors, including extracellular vesicles (EVs). Although tumor-derived EVs (t-EVs) have been implicated in tumor angiogenesis, growth and metastasis, most studies on t-EVs are focused on proangiogenic miRNAs and growth factors. We have recently demonstrated that conditioned media from human lung tumor cells (A549) downregulate TRPV4 channels and transform normal endothelial cells to a tumor endothelial cell-like phenotype and induce abnormal angiogenesis in vitro, via t-EVs. However, the underlying molecular mechanism of t-EVs on endothelial cell phenotypic transition and abnormal angiogenesis in vivo remains unknown. Here, we demonstrate that t-EVs downregulate TRPV4 expression post-translationally and induce abnormal angiogenesis by activating Rho/Rho kinase/YAP/VEGFR2 pathways. Further, we demonstrate that t-EVs induce abnormal vessel formation in subcutaneously implanted Matrigel plugs in vivo (independent of tumors), which are characterized by increased VEGFR2 expression and reduced pericyte coverage. Taken together, our findings demonstrate that t-EVs induce abnormal angiogenesis via TRPV4 downregulation-mediated activation of Rho/Rho kinase/YAP/VEGFR2 pathways and suggest t-EVs and TRPV4 as novel targets for vascular normalization and cancer therapy.
Keywords: endothelial cells, extracellular vesicles, transient receptor potential vanilloid 4, tumor angiogenesis, vascular endothelial growth factor receptor 2
INTRODUCTION
A key step in the formation of solid tumors is the growth of new vessels from pre-existing ones, a process known as tumor angiogenesis. The crosstalk of tumor cells and varying cell types within the tumor microenvironment (TME) is a crucial part of the tumor angiogenic process. However, this crosstalk eventually leads to the abnormal characteristics observed in the tumor vasculature (Lee et al., 2015). Tumor vessels exhibit decreased pericyte coverage and breakdown of basement membranes, leading to hyperpermeability, disorganization, and vessel enlargement (Baluk et al., 2005; Nagy et al., 2006). Importantly, these vascular abnormalities decrease the efficacy of chemotherapies due to poor drug perfusion into the tumors (Saleem and Price, 2008; Dewhirst and Secomb, 2017). Traditional anti-angiogenic therapies target VEGF and show promise as cancer-treating agents, however, due to acquired drug resistance, favorable effects are limited to short-term treatment (Miller et al., 2007; Ratner et al., 2012). Therefore, there is an urgent need for drug targets that aim to “normalize” rather than impede the tumor vasculature.
Crosstalk between cells of the TME is accomplished via several autocrine, paracrine, and juxtacrine signaling mechanisms (Ge et al., 2019). Recently, it has become evident that extracellular vesicles (EVs) play key role in both the autocrine and paracrine signaling cascades involved in cancer progression and metastasis (Gangoda et al., 2015; Asare-Werehene et al., 2020). EVs are small nanovesicles (20–5,000 nm) consisting of exosomes, micro-vesicles, and apoptotic bodies, which contain cargo such as nucleic acids, miRNAs, proteins, and lipids (Doyle and Wang, 2019; Veziroglu and Mias, 2020). Once secreted, recipient cells internalize EVs via endocytosis, thus completing the trafficking of cargo (Joshi et al., 2020). In fact, it is well known that the cargo found in/on EVs is involved in the process of tumor angiogenesis. Tumor-derived EVs (t-EVs) have been shown to express heparin-bound VEGF on their surface, which induces endothelial cell migration and tube formation (Ko et al., 2019). Additionally, Skog et al. discovered angiogenic proteins TIMP-2, IL-6, IL-8, TIMP-1, VEGF, and angiogenin in glioblastoma-derived EVs (Skog et al., 2008). Angiogenic promoting microRNA, miR-181b-5p, has been identified in EVs secreted from esophageal squamous cell carcinomas, which can be received by endothelial cells to stimulate angiogenesis via PTEN and PHLPP2 targeting (Wang et al., 2020). Despite their known angiogenic effects, the role of t-EVs on endothelial cell transformation is not well understood.
The calcium permeable mechanosensitive ion channel, transient receptor potential vanilloid 4 (TRPV4), has many implications in cancer progression. For instance, it has been shown that knockdown of TRPV4 in breast cancer cells decreases blebbing, a process by which the cellular membrane detaches from the cortex due to pressure, which has implications in metastasis (Lee et al., 2016). Additionally, antagonism of TRPV4 channels in hepatocellular carcinoma (HCC) leads to decreased ERK phosphorylation/activation, a key pathway involved in cell proliferation (Fang et al., 2018). Notably, we have shown that TRPV4 is downregulated in tumor endothelial cells and that pharmacological activation of these channels normalizes the tumor vasculature and improves drug delivery (Adapala et al., 2016). Further, we have shown that the downregulation of TRPV4 increases basal Rho activity, endothelial cell proliferation via ERK phosphorylation, and VEGFR2 and YAP signaling (Thoppil et al., 2015; Thoppil et al., 2016; Kanugula et al., 2019). However, the angiogenic implications of TRPV4 modulation via t- EVs remains unknown. To elucidate this, previously, we found that tumor cell conditioned media (TCM) causes normal human endothelial cells (hNEC) to transform into a human tumor endothelial cell-like phenotype (hTEC) via TRPV4 downregulation, leading to abnormal tube formation in vitro. We also demonstrated that t-EVs isolated from TCM induces the abnormal tube formation seen in hTEC (Guarino et al., 2019). In the present study, we investigated if t-EVs downregulate endothelial TRPV4 channels and modulate various signaling pathways involved in angiogenesis. Further, we examined if t-EVs can induce abnormal angiogenesis in vivo, in wild-type (WT) mice, independent of tumors. Our findings suggest that t-EVs modulate the endothelial cell phenotype, TRPV4 channels, and downstream signaling mechanisms, which induces abnormal angiogenesis both in vitro and in vivo.
METHODS
Cell culture: Human microvascular endothelial cells (HMEC-1) were purchased from ATCC (Manassas, VA, United States) and were cultured as previously described (Guarino et al., 2019). Briefly, HMEC-1 were cultured in MCDB-131 media, supplemented with 10% FBS, 1% penicillin-streptomycin, 1% l-glutamine, 1% hydrocortisone, and 10 ng/ml human EGF.
Extracellular vesicle isolation and characterization: Adenocarcinomic human alveolar basal epithelial cells (A549) were purchased from ATCC and cultured in normal DMEM high glucose media supplemented with 10% fetal bovine serum (FBS) and 1% penicillin-streptomycin. Once the cells had reached ∼80% confluence, complete media was replaced with serum-free media for 24 h, collected, and spun down to remove any cellular debris. Media was passed through a 0.22 µm syringe filter and stored at −80°C for future use. Extracellular vesicles were isolated and characterized as previously described (Guarino et al., 2019; Dougherty et al., 2020). In brief, TCM was concentrated 5X with 100 kD MWCO centrifugal filters, 1/5 volume of ExoQuick-TC reagent (SBI, Mountain View, CA, United States) was added to TCM, which was then incubated overnight at 4°C, followed by centrifugation at 1,500 x g for 30 min at 4°C. Centrifugation was performed a second time to remove residual supernatant. EVs were re-suspended in sterile PBS and stored at −80°C. For characterization, diluted EVs (PBS) were added to Malvern Nanosight NS300 and analyzed using Nanoparticle Tracking Analysis (NTA) software v3.3 (Malvern, United Kingdom) in triplicate runs. For total EV protein estimation, EVs were lysed in 1x RIPA buffer [150 mM NaCl, 50 mM Tris HCl pH 8.0, 5 mM EDTA, 10% v/v IGEPAL CA-630, 5% w/v sodium deoxycholate, 1% w/v sodium dodecyl sulfate, 1x comlplete protease inhibitor cocktail (Roche)] on ice for at least 10 min. EVs were appropriately diluted with PBS and protein estimation utilized the Protein Assay Dye Reagent Concentrate (BioRad), with absorbance measured on a spectrophotometer at 595nm, and interpolation to a BSA standard curve. EVs were tested in technical triplicate.
Calcium imaging: HMEC-1 cells were cultured as described above on MatTek glass bottom dishes (MatTek, Ashland, MA, United States). After 24 h, complete media was replaced with a combination of complete media and serum free media (25:75) and t-EVs were added to cells at a concentration of 100 μg/ml. After 48 h, cells were loaded with Fluo-4/AM (4 µM) for 25 min and were washed in previously described calcium media (Adapala et al., 2011; Adapala et al., 2016). Live cell imaging was done on an Olympus FluoView 300 microscope (Olympus, Shinjuku, Tokyo, Japan) after stimulation with GSK1016790A (100 nM), the TRPV4 agonist.
2D angiogenesis assays (in vitro): Growth factor reduced Matrigel® (BD biosciences, San Jose, CA, United States) was plated on a 48-well plate and placed at 37°C for 30 min (Adapala et al., 2016; Thoppil et al., 2016; Guarino et al., 2019). HMEC-1 were cultured and treated with 100 μg/ml of t-EVs for 48 h prior to angiogenesis assays, as described above. The Rho kinase inhibitor, Y27632, was added to cells (10 µM) just before plating on Matrigel. Images were taken at 24 h after plating the cells on Matrigel and tube length was quantified using ImageJ Software.
Immunocytochemistry: Cells were cultured in 6-well plates on glass coverslips and fixed with 4% paraformaldehyde (PFA) for 20 min. Cells were then washed 3x in—PBS, permeabilized for 15 min with 0.25% TritonX-100, blocked for 30 min in FBS-containing media, and incubated with VEGFR2 primary antibody (1:200; Cell Signaling Technology, Danvers, MA, United States) or YAP primary antibody (1:100; Santa Cruz Biotechnology, Dallas, TX, United States) for 1 h at room temperature. Following incubation, cells were again washed 3x in PBS, followed by incubation with appropriate Alexa Fluor (488 and 594) conjugated antibody (1:500; Thermo Fisher Scientific, Waltham, MA, United States). Cells were washed 3x in PBS and mounted with DAPI containing mounting media (Vector Laboratories, Burlingame, CA, United States) on glass slides. Images were obtaining using TCS SP5 laser scanning confocal microscope with MP at 63x (Leica Microsystems, Germany) and processed using ImageJ (NIH, Bethesda, Maryland, United States) software.
Western Blot: Cells were lysed in RIPA buffer containing 1X protease and phosphatase inhibitor cocktail (Millipore Sigma and Roche, Basel, Switzerland). Samples were prepared with 4X Laemmli sample buffer (Bio-Rad, Hercules, CA, United States) supplemented with β-mercaptoethanol. Lysates were loaded into 7.5% Mini-PROTEAN® TGX™ precast polyacrylamide gels (Bio-Rad, Hercules, CA, United States) for electrophoresis. Gels were transferred onto a PVDF membrane, which was briefly activated in methanol, and was blocked with 5% milk powder in tris-buffered saline with 0.1% Tween-20 (TBST). Membranes were incubated in primary antibodies (TRPV4, 1:300) (Alamone Labs, Jeru-salem, Israel; pVEGFR2 (1:1,000), VEGFR2 (1:1,000), and GAPDH, (1:1,000) Cell Signaling Technology, Danvers, MA, United States) overnight at 4°C. The next day, membranes were washed in 1X TBST 3x for 15 min and incubated with secondary antibody, goat anti rabbit (1:5,000) conjugated with horseradish peroxidase (Cell Signaling Technology, Danvers, MA, United States). Signals were detected with Luminata Crescendo (EMD Millipore, Burlington, MA, United States) and developed with a FluorChem M Simple Imager (Protein Simple, San Jose, CA, United States). Quantification of proteins was performed using ImageJ software (NIH, Bethesda, Maryland, United States).
In vivo Matrigel plug assays: All experiments were performed according to the approved protocol by the Institutional Animal Care and Use Committee (IACUC) at Northeast Ohio Medical University. t-EVs were isolated and characterized as described above. Phenol red free Matrigel was mixed with 0.25 μg/ml bFGF, 0.2 ng/ml mouse VEGF, and 0.58 μl/ml heparin (diluted in saline). 50µg/plug of EVs were added to Matrigel mixture and were mixed with an ice-cold pipette. C57BL/6 mice were anesthetized with isoflurane and were injected subcutaneously with 500 µl of the pre-mixed Matrigel solution in each flank region (2 injections per mouse). After 14 days post-injection, mice were euthanized with Fatal-Plus and plugs were harvested for histological analysis.
Immunohistochemistry: Matrigel plugs were harvested from mice 14 days post-injection and were immediately frozen in OCT for cryo-sectioning. Samples were sectioned (10 µm) using a cryo-stat and were permeabilized in ice-cold acetone. Next, slides were washed in 1X TBS 3x for 5 min each and then blocked with 5% normal donkey serum or 5% goat serum. After blocking the following primary antibodies were added: CD31 (1:50; Invitrogen, Waltham, MA, United States), NG2 (1:100; EMD Millipore, Burlington, MA, United States), VEGFR2 (1:200; Cell Signaling Technologies, Danvers, MA, United States). Slides were incubated in a humidified chamber overnight at 4°C, washed 3x in 1X TBS, and incubated with appropriate AlexaFluor (488 and 594) secondary antibodies (1:500). After washing 3x in 1X TBST, slides were mounted with DAPI containing mounting medium (Vector Laboratories, Burlingame CA, United States). Images were acquired using an IX81 Olympus microscope with a Fluoview FV1000 or confocal laser scanning system and fluorescence intensities were quantified using ImageJ (NIH, Bethesda, Maryland, United States) software.
RT-Quantitative PCR (qPCR): RNA was isolated from endothelial cells with the RNeasy Mini Kit (Qiagen, Hilden, Germany) and was quantified using Take3™ Micro-Volume Plate on the Epoch™ Microplate Spectrophotometer (BioTek Instruments, Inc., Winooski, VT, United States). cDNA synthesis was performed using the RevertAid First Strand cDNA Synthesis Kit (Thermo Fisher Scientific, Waltham, MA, United States). qPCR was done on the Fast-Real-Time PCR system using SYBR green master mix (Thermo Fisher Scientific, Waltham, MA, United States). The following real-time primer sets were purchased from Integrated DNA Technologies (Coralville, IA, United States): β-actin (forward- 5′-ACG​TTG​CTA​TCC​AGG​CTG​TG-3′, reverse-5′-GAGGGCATACCCCTCGTAGA-3′) TRPV4 (forward- 5′-TCA​CTC​TCA​CCG​CCT​ACT​ACC​A-3’: reverse- 5′-CCC​AGT​GAA​GAG​CGT​AAT​GAC​C-3′). mRNA expression was normalized to housekeeping gene, β-actin, and ΔΔCt values were expressed as a fold change relative to untreated ECs.
Statistical analysis: All data was analyzed with independent sample t-test using SPSS V. 24 software. The significance was set at *p ≤ 0.05; **p ≤ 0.01; ***p ≤ 0.001; ****p ≤ 0.0001. All values were expressed as means ± SEM.
RESULTS
Tumor-Derived EVs (t-EVs) Downregulate Endothelial TRPV4 Channels Post-translationally
We previously showed that tumor cell conditioned media (TCM) causes abnormal tube formation in vitro (via downregulation of TRPV4), and that the exosome inhibitor, GW4869, attenuates this effect (Guarino et al., 2019). Here, we assessed the expression of endothelial TRPV4 channels after exposure to purified t-EVs (Figures 1A,B). We found no significant differences in TRPV4 mRNA expression between t-EV-treated and control ECs (Figure 1A). However, western blot analysis revealed significantly decreased TRPV4 protein expression in t-EV-treated ECs compared to control ECs (Figure 1B, p ≤ 0.05). These results indicate that t-EVs induce TRPV4 downregulation post-translationally.
[image: Figure 1]FIGURE 1 | t-EVs cause post-translational downregulation of endothelial TRPV4 channels. (A) qPCR analysis of TRPV4 mRNA expression from t-EV treated (+) or untreated (−) ECs. Note, no significant difference of TRPV4 mRNA between treated and untreated ECs (NS). TRPV4 mRNA expression was normalized to housekeeping gene, β-actin. (B) Representative western blots depicting decreased TRPV4 protein expression in t-EV treated ECs compared to untreated cells. Quantitative analysis demonstrating significantly decreased TRPV4 protein expression in t-EV treated ECs (*p ≤ 0.05; n = 7). Protein expression was normalized to GAPDH. The results shown are a mean ± SEM from three independent experiments.
t-EVs Modulate Rho/Rho Kinase/YAP/VEGFR2 Signaling via Downregulation of TRPV4 Channels
To unequivocally confirm that t-EVs downregulate functional expression of TRPV4, we next performed calcium imaging to assess the activity of TRPV4 in ECs. Indeed, calcium imaging revealed significantly decreased calcium influx in ECs exposed to t-EVs in the presence of the TRPV4 agonist, GSK1 (Figures 2A,B; p ≤ 0.01), compared to untreated ECs. We have previously shown that the downregulation of TRPV4 causes abnormal tube formation via increased Rho/Rho kinase activity (Thoppil et al., 2016). Therefore, we asked whether t-EV-dependent downregulation of TRPV4 modulates angiogenesis via Rho/Rho kinase signaling. Here, we confirm that t-EVs cause abnormal tube formation in ECs (Figures 2C,D; middle panel) as evidenced by collapse of tubular net-work compared to control EC. However, when t-EV-exposed ECs are treated with the Rho kinase inhibitor, Y27632, tube formation is normalized (Figures 2C,D, right panel; p ≤ 0.0001). Next, we investigated the effects of t-EVs on YAP and VEGFR2 signaling. Yes-associated protein (YAP) is an important transcriptional coactivator that has been shown to localize to the nucleus of ECs during angiogenesis (He et al., 2018) and is known to be regulated by Rho/Rho kinase (Dupont et al., 2011; Yu et al., 2012; Ohgushi et al., 2015). Therefore, we asked if exposure to t-EVs mediates YAP nuclear localization. Immunostaining revealed significantly increased YAP nuclear localization in t-EV-treated ECs compared to untreated ECs (Figures 3A,B; p ≤ 0.05; arrows and inset). Next, we found that VEGFR2 is mostly localized to perinuclear regions in un-treated ECs, which showed significant reduction in t-EV treated cells (Figures 3C,D; p ≤ 0.0001; arrows and inset), consistent with our previous findings (Guarino et al., 2019; Kanugula et al., 2019). To independently confirm VEGFR2 activation, we have measured VEGFR2 phosphorylation at Y1175 in ECs treated or untreated with t-EVs. We found that t-EVs increased VEGFR2 phosphorylation suggesting the activation of VEGFR2 (Figures 3E,F; p ≤ 0.05). Taken together, these data indicate that t-EVs downregulate the functional activity of TRPV4, and subsequently modulate Rho/Rho kinase/YAP/VEGFR2 pathways.
[image: Figure 2]FIGURE 2 | t-EV treatment decreases functional activity of TRPV4 channels and inhibition of Rho kinase normalized t-EV induced abnormal angiogenesis. (A) Average traces showing calcium influx in response to the TRPV4 agonist, GSK1016790A (100 nM), in Fluo-4 loaded ECs treated with (+t-EV) or without (−t-EV) t-EVs. The arrow denotes time of stimulation with TRPV4 agonist. (B) Quantitative analysis of calcium influx showing a significant reduction (****p ≤ 0.01) in TRPV4-mediated calcium influx in + t-EV ECs compared to− t-EV ECs. (F/F0 = ratio of normalized fluorescent intensity relative to time 0). (C) Phase contrast micrographs (4x) of tube formation by ECs exposed to t-EVs with or without the Rho kinase inhibitor, Y-27632 (Y27) plated on 2D Matrigels. Scale bar = 200 μm. (D) Quantitative analysis of tube length demonstrating significantly increased tube length (****p ≤ 0.0001 indicates statistical significance relative to control cells; ####p ≤ 0.0001 indicates statistical significance relative to t-EV-treated ECs without Y27; no statistical significance was observed between control ECs and t-EV/Y27 ECs) in + t-EV cells treated with the Rho kinase inhibitor, Y27, indicating vascular normalization. The results shown are a mean ± SEM from three independent experiments.
[image: Figure 3]FIGURE 3 | t-EV treatment activates YAP nuclear translocation and reduces perinuclear VEGFR2 in ECs. (A) Representative confocal immunofluorescence images (63x) showing YAP (green) localization in t-EV-treated and untreated ECs. Cell nuclei were stained with DAPI (blue). Scale bar = 25 μm. Note, strong nuclear YAP localization (arrows) in t-EV-treated ECs (arrows; inset: zoomed image). (B) Quantitative analysis of the percent of cells with YAP nuclear staining, with or without t-EV treatment (n = 180–240 cells/condition). Note, the significantly increased (*p ≤ 0.05) percent of ECs with YAP nuclear localization in + t-EV cells compared to − t-EVs. The results shown are a mean ± SEM from three independent experiments. (C) Representative confocal immunofluorescence images (63x) showing VEGFR2 (red) localization in t-EV treated and untreated ECs. Cell nuclei were stained with DAPI (blue). Scale bar = 25 μm. Note, strong perinuclear VEGFR2 localization (arrows; inset: zoomed image) in untreated ECs, which is diminished after t-EV exposure. (D) Quantitative analysis of the percent of cells with perinuclear VEGFR2 in the presence or absence of t-EVs. Note, the significantly decreased (****p ≤ 0.0001) percent of ECs with perinuclear VEGFR2 in + t-EV compared to − t-EVs. The results shown are a mean ± SEM from three independent experiments. (E) Representative immunoblots showing the phosphorylation of VEGFR2 at Y1175 in the presence or absence of t-EVs in human microvascular endothelial cells (Top panel). Total VEGFR2 and GAPDH are served as controls. (F) Quantitative analysis of immunoblots showing T-EV treatment enhanced the VEGFR2 phosphorylation compared to controls. The results shown are a mean ± SEM from two independent experiments.
t-EVs Induce Abnormal Angiogenesis Independent of Solid Tumors
Based on our in vitro results, we investigated the effects of t-EVs on vessel growth in vivo, independent of tumors. To accomplish this, we injected Matrigel plugs with or without t-EVs (vehicle) into 8-week-old C57BL/6 WT mice. After 14 days, Matrigel plugs were removed and analyzed for vessel structure/integrity via immunohistochemistry for EC marker CD31, VEGFR2, and pericyte marker NG2 (Figures 4A–D; p ≤ 0.05). We found vessels with distinct colocalization of NG2/CD31 in vehicle-treated Matrigel plugs, however, NG2/CD31 colocalization was reduced significantly in t-EV treated Matrigel plugs (Figures 4A,B; p ≤ 0.001), indicative of decreased pericyte coverage. Next, we found significantly increased VEGFR2/CD31 colocalization in t-EV treated plugs compared to the vehicle (Figures 4C,D; p ≤ 0.05), indicating that t-EVs compromise vessel integrity by causing increased expression of VEGFR2 and decreased pericyte coverage in otherwise healthy vessels.
[image: Figure 4]FIGURE 4 | t-EVs cause abnormal angiogenesis in vivo as evidenced by decreased pericyte coverage and increased VEGFR2 expression. (A) Representative immunofluorescence images (60x) of Matrigel sections stained with endothelial marker CD31 (red) and pericyte marker NG2 (green). Note, the reduced pericyte coverage and disorganized appearance of t-EV treated vessels. Scale bar = 100 μm. (B) Quantitative analysis revealing significantly decreased NG2/CD31 colocalization in t-EV Matrigel plugs (n = 7) (***p ≤ 0.001) compared with vehicle alone (n = 4). (C) Representative immunofluorescence images (60X) taken from Matrigel plugs stained with endothelial marker CD31 (green) and VEGFR2 (red). Scale bar = 100 μm. (D) Quantitative analysis demonstrating significantly increased VEGFR2/CD31 colocalization (*p ≤ 0.05) in t-EV treated Matrigel plugs (n = 7) compared to the vehicle (n = 4).
DISCUSSION
In the current study, we demonstrate that tumor derived-EVs downregulate endothelial TRPV4 channels post-translationally and induce abnormal angiogenesis via Rho/Rho kinase/YAP/VEGFR2 pathway. Further, we demonstrate that independent of tumors, t-EVs stimulate a tumor angiogenesis-like phenotype in Matrigel plugs in vivo, which is evidenced by increased VEGFR2 positive vessels with reduced pericyte coverage.
The vasculature of solid tumors is hyperpermeable and tortuous, which makes drug delivery difficult (Ma and Waxman, 2008; Stylianopoulos and Jain, 2013). Although vascular normalization improves the abnormal characteristics of tumor vessels and makes drug delivery more efficient (Mpekris et al., 2020; Moradi Kashkooli et al., 2021), these modalities are still dependent on classical anti-VEGF therapies. We have previously shown that the expression of mechanosensitive ion channel, TRPV4, is downregulated in tumor endothelial cells and activation of TRPV4 normalizes the tumor vasculature and improves chemotherapy (Adapala et al., 2016). However, the mechanisms by which tumors or the tumor microenvironment downregulate TRPV4 channels and influences angiogenesis in vivo, are not known. Here, we investigated the effects of t-EVs on endothelial TRPV4 channels and modulation of downstream signaling pathways, as well as angiogenesis in vitro and in vivo.
We have previously demonstrated that conditioned media (TCM) from human lung cancer cells transformed normal human endothelial cells into a tumor endothelial cell-like (TEC) phenotype via downregulation of TRPV4 channels (Guarino et al., 2019). Further, pre-treatment with exosome inhibitor GW4869 inhibited the TEC-like phenotype induced by TCM, indicating the role of t-EVs in this process. Indeed, treatment with purified t-EVs induced abnormal tube formation in vitro. Consistent with our previous findings that TCM downregulates TRPV4 expression and activity, purified t-EVs induced TRPV4 downregulation in ECs. Importantly, TRPV4 expression is reduced at the protein level but not at the mRNA level suggesting that t-EVs modulate TRPV4 expression, post-translationally. Calcium imaging experiments further confirmed the functional downregulation of TRPV4.
We have previously shown that downregulation or deletion of TRPV4 increases basal Rho/Rho kinase activity and induces abnormal angiogenesis (Thoppil et al., 2016). Indeed, we found that treatment with t-EVs induced abnormal tube formation, which was normalized by Rho kinase inhibitor, Y27632. YAP, a key transcriptional co-activator of the Hippo signaling pathway, is known to translocate to the nucleus in endothelial cells during angiogenesis (Hooglugt et al., 2021). Further, YAP was shown be activated by actin polymerization induced by Rho/Rho kinase (Dupont et al., 2011; Yu et al., 2012; Ohgushi et al., 2015). Importantly, VEGF has also been shown to stimulate nuclear translocation of YAP/TAZ and YAP/TAZ regulates VEGFR2 cellular localization/trafficking (Wang et al., 2017). The present study revealed significantly increased nuclear localization of YAP in ECs that were exposed to t-EVs. Moreover, we observed a reduction in perinuclear VEGFR2 after exposure to t-EVs, which is indicative of its plasma translocation and activation (Manickam et al., 2011). To delineate the molecular mechanism by which t-EVs downregulate endothelial TRPV4 channels, we checked TRPV4 expression at both the mRNA and protein level. Interestingly, there was no significant difference in TRPV4 mRNA expression, however, TRPV4 protein expression was significantly downregulated. Since TRPV4 channels have been shown to undergo internalization via ubiquitination (Wegierski et al., 2006; Shukla et al., 2010), it is possible that t-EVs contain cargo that tag TRPV4 for ubiquitination, however, further studies are needed to determine the exact mechanisms by which t-EVs downregulate TRPV4 protein expression.
In the current study, we translated our in vitro findings to in vivo models of angiogenesis. When Matrigel plugs combined with t-EVs were implanted into WT mice, we found decreased pericyte coverage and increased VEGFR2 colocalization with the endothelium, which is reminiscent of pathological angiogenesis (Bergers and Song, 2005). The data presented in this study show, for the first time, that t-EVs downregulate the functional expression of TRPV4 and promote dysfunctional vascular growth independent of solid tumor formation. Moreover, we show that this is accomplished via Rho/Rho kinase/YAP/VEGFR2 signaling mechanisms preceding abnormal angiogenesis (Figure 5). Pathological angiogenesis is a hallmark of many diseases, including cancers, retinopathies, and rheumatoid arthritis (Aldebasi et al., 2013; Fallah et al., 2019). Traditional anti-angiogenic drugs targeting VEGF signaling pathways are often used to combat the abnormal angiogenesis observed in disease states by employing various mechanisms of action, including monoclonal anti-bodies, inhibition of tyrosine phosphorylation, decoy VEGF receptors, or ribosomal targeting (Cardones and Banez, 2006). However, these therapies have shown limited success, particularly in cancer (Miller et al., 2007; Ratner et al., 2012). Therefore, it is becoming increasingly important to explore other drug targets of tumor angiogenesis. Thus, our results indicate that both TRPV4 and t-EVs could prove to be novel targets for cancer therapies.
[image: Figure 5]FIGURE 5 | Schematic of proposed molecular mechanisms of TRPV4 downregulation mediated abnormal angiogenesis. EVs secreted by tumors (t-EVs) released into the tumor microenvironment act on endothelial cells, leading to the downregulation of TRPV4 channels may be via ubiquitination. TRPV4 down-regulation, subsequently, induces Rho/Rho kinase mediated YAP nuclear translocation leading to VEGFR2 translocation from the perinuclear region to the plasma membrane (Kanugula et al., 2019). YAP commonly binds to transcription factors (TF) that initiate gene expression involved in cellular growth and proliferation (Huh et al., 2019), however, the mechanism by which YAP activates VEGFR2 translocation is unknown. VEGFR2 activation by VEGF, further induces EC proliferation, migration, and eventually, abnormal angiogenesis (Figure created with Biorender.com).
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Vasculogenic Potency of Bone Marrow- and Adipose Tissue-Derived Mesenchymal Stem/Stromal Cells Results in Differing Vascular Network Phenotypes in a Microfluidic Chip
Anastasiia Mykuliak1,2*†, Alma Yrjänäinen1,2*†, Antti-Juhana Mäki3, Arjen Gebraad1,2, Ella Lampela1,2, Minna Kääriäinen4, Toni-Karri Pakarinen5, Pasi Kallio3, Susanna Miettinen1,2‡ and Hanna Vuorenpää1,2‡
1Adult Stem Cell Group, Faculty of Medicine and Health Technology, Tampere University, Tampere, Finland
2Research, Development and Innovation Centre, Tampere University Hospital, Tampere, Finland
3Micro- and Nanosystems Research Group, Faculty of Medicine and Health Technology, Tampere University, Tampere, Finland
4Department of Plastic and Reconstructive Surgery, Tampere University Hospital, Tampere, Finland
5Coxa Hospital for Joint Replacement, Tampere, Finland
Edited by:
Jonathan W. Song, The Ohio State University, United States
Reviewed by:
Yuji Nashimoto, Tohoku University, Japan
Terhi Heino, University of Turku, Finland
* Correspondence: Anastasiia Mykuliak, anastasiia.mykuliak@tuni.fi; Alma Yrjänäinen, alma.yrjanainen@tuni.fi
†These authors have contributed equally to this work and share first authorship
‡These authors have contributed equally to this work and share last authorship
Specialty section: This article was submitted to Tissue Engineering and Regenerative Medicine, a section of the journal Frontiers in Bioengineering and Biotechnology
Received: 25 August 2021
Accepted: 11 January 2022
Published: 08 February 2022
Citation: Mykuliak A, Yrjänäinen A, Mäki A-J, Gebraad A, Lampela E, Kääriäinen M, Pakarinen T-K, Kallio P, Miettinen S and Vuorenpää H (2022) Vasculogenic Potency of Bone Marrow- and Adipose Tissue-Derived Mesenchymal Stem/Stromal Cells Results in Differing Vascular Network Phenotypes in a Microfluidic Chip. Front. Bioeng. Biotechnol. 10:764237. doi: 10.3389/fbioe.2022.764237

The vasculature is an essential, physiological element in virtually all human tissues. Formation of perfusable vasculature is therefore crucial for reliable tissue modeling. Three-dimensional vascular networks can be formed through the co-culture of endothelial cells (ECs) with stromal cells embedded in hydrogel. Mesenchymal stem/stromal cells (MSCs) derived from bone marrow (BMSCs) and adipose tissue (ASCs) are an attractive choice as stromal cells due to their natural perivascular localization and ability to support formation of mature and stable microvessels in vitro. So far, BMSCs and ASCs have been compared as vasculature-supporting cells in static cultures. In this study, BMSCs and ASCs were co-cultured with endothelial cells in a fibrin hydrogel in a perfusable microfluidic chip. We demonstrated that using MSCs of different origin resulted in vascular networks with distinct phenotypes. Both types of MSCs supported formation of mature and interconnected microvascular networks-on-a-chip. However, BMSCs induced formation of fully perfusable microvasculature with larger vessel area and length whereas ASCs resulted in partially perfusable microvascular networks. Immunostainings revealed that BMSCs outperformed ASCs in pericytic characteristics. Moreover, co-culture with BMSCs resulted in significantly higher expression levels of endothelial and pericyte-specific genes, as well as genes involved in vasculature maturation. Overall, our study provides valuable knowledge on the properties of MSCs as vasculature-supporting cells and highlights the importance of choosing the application-specific stromal cell source for vascularized organotypic models.
Keywords: in vitro vascularization, mesenchymal stem cells, endothelial cells, organ-on-a-chip, pericytes, microfluidic chip
INTRODUCTION
Microvascular networks are fundamental elements of almost every human tissue. The vascular system is responsible for the delivery of oxygen and nutrients and removal of waste products. The vasculature maintains tissue homeostasis and regeneration by providing angiocrine signaling and regulating the transport of bioactive compounds and cells. In addition, vasculature plays an important role in many pathological conditions ranging from inflammation to cancer (Augustin and Koh 2017). Thus, tissue vascularization is an essential element in establishing relevant microenvironments for in vitro tissue modeling. Despite great improvements in artificial vascularization achieved in recent years, generating mature and functional vascular structures in vitro remains one of the major challenges. Current approaches for in vitro vascularization mimic the process of in vivo vasculogenesis and angiogenesis by exploiting the intrinsic ability of ECs to self-organize into vessel-like structures and to create new vessels from pre-existing ones (Chen et al., 2013; Jeon et al., 2014; Jusoh et al., 2015; Guo et al., 2019; Li et al., 2019). While these approaches have proven successful for particular applications, most of them suffer from the lack of supportive mural cells that are fundamental elements of physiological vasculature (Sweeney and Foldes 2018). The aforementioned approaches often fail to reproduce the structure of the vessels thus leading to formation of immature vascular networks and require the use of multiple angiogenic growth factors to promote the neovessel formation and maintain stability of the vasculature (Whisler et al., 2014).
Direct co-culture of ECs with supporting stromal cells appears to be the most effective approach to recapitulate in vivo vascularization resulting in microvascular networks with physiologically relevant structure and functionality (Jeon et al., 2014; Li et al., 2017; Campisi et al., 2018; Paek et al., 2019). The stromal cells take on the role of perivascular cells that form the mural coat, provide the essential angiogenic growth factors, and stabilize the developing endothelial tubes (Stratman and Davis 2012; Sweeney and Foldes 2018). Human fibroblasts have been widely investigated as vasculature supporting cells (Li et al., 2017; Paek et al., 2019), however, adult mesenchymal stem cells (MSCs) have proven to induce formation of more mature (Grainger et al., 2013), stable (Rambøl et al., 2020), and less permeable microvessels (Grainger and Putnam 2011). Indeed, MSCs, such as well characterized and easily accessible bone marrow-derived mesenchymal stem/stromal cells (BMSCs) and adipose tissue-derived mesenchymal stem/stromal cells (ASCs), could serve as a promising vasculogenesis supporting cell source due to their natural perivascular localization (Lin et al., 2010).
Initially derived from the mesenchyme, BMSCs and ASCs share similar characteristics of cell surface expression patterns, differentiation potentials and expression of genes related to cell self-renewal (Dominici et al., 2006). In terms of pericytic properties, various studies have shown that MSC tissue source affects microvascular network development, maturation, and functionality (Verseijden et al., 2009; Grainger and Putnam 2011; Grainger et al., 2013; Pill et al., 2015; Pill et al., 2018). For instance, ASCs and BMSCs promote angiogenesis via distinct cytokine and protease expression mechanisms (Kachgal and Putnam 2011). Moreover, ASCs have been reported to support the formation of denser vascular network with significantly higher expression of vascular endothelial growth factor (VEGF) in ASC-EC co-culture compared to BMSC-EC co-culture (Pill et al., 2018). However, these studies were performed using static cultures. The present study is the first to compare the vasculogenic potency of BMSCs and ASCs in dynamic conditions.
The combination of three-dimensional (3D) culture with a microfluidic device has been utilized for the generation of human microvascular networks (Smith and Gerecht 2014) and state-of-the-art organ-on-a-chip models (Wu et al., 2020). The use of a microfluidic chip platform allows for precise and spatiotemporal control of culturing conditions as well as incorporating a fluid flow thus ensuring nutrients and oxygen supply, waste removal, and providing physiological mechanical stimuli (Zhang et al., 2021).
In the present study, we investigated the potential of BMSCs and ASCs to support vasculogenesis in a 3D microfluidic chip platform. We compared the capacity of BMSCs and ASCs to induce the formation of mature and robust microvascular networks by ECs and their function as perivascular cells. We particularly studied effect of MSCs on vessel characteristics such as vasculature area, average vessel diameter, vessel length, and vasculature perfusability. We assessed MSC distribution in terms of pericyte area and pericyte coverage by immunohistochemical staining and quantitative analysis. Furthermore, we evaluated the expression of main vasculogenesis related genes. We found that different types of MSCs support the formation of microvascular networks with distinct phenotypes and quality. While both MSCs induced the formation of lumenized and interconnected networks by ECs, BMSCs promoted the formation of more mature microvascular networks-on-a-chip than ASCs, leading to a higher degree of perfusability. The pericyte area and vasculature coverage by pericytes were significantly greater in EC-BMSC co-cultures compared to EC-ASC co-cultures. The gene expression analysis revealed significant differences in the expression of endothelial-specific and pericyte-specific genes, as well as genes involved in vasculature maturation. The results suggest that BMSCs have stronger vasculogenic potential in 3D microfluidic chip platform compared to ASCs. Our study provides valuable knowledge on the properties of MSCs as vasculature supporting cells that could be utilized in bioengineering and in vitro modeling applications to facilitate tissue vascularization.
MATERIALS AND METHODS
Cell Isolation and Culture
Human BMSCs (herein denoted as BMSC 1–3) were isolated from bone marrow samples obtained from three donors (Supplementary Table S1) undergoing orthopedic surgery at the Tampere University Hospital Department of Orthopedics and Traumatology. Bone marrow samples were obtained with the donor’s written informed consent and processed under ethical approval of the Ethics Committee of the Expert Responsibility area of Tampere University Hospital, Tampere, Finland (R15174). The cells were isolated as described previously (Wang et al., 2019). The BMSCs were cultured in α-modified minimum essential medium (α-MEM; Gibco) supplemented with 5% human serum (HS; BioWest or Serana), 100 U/ml penicillin, 100 µg/ml streptomycin (Pen/Strep; Lonza), and 5 ng/ml basic fibroblast growth factor (bFGF; Miltenyi Biotec) and used between passages 3 and 6.
Human ASCs (herein denoted as ASC 1–3) were isolated from subcutaneous abdominal tissue samples obtained from three donors (Supplementary Table S1). Tissue samples were obtained at the Tampere University Hospital Department of Plastic Surgery with the donor’s written informed consent and processed under ethical approval of the Ethics Committee of the Expert Responsibility area of Tampere University Hospital (R15161). The cells were isolated as described previously (Kyllönen et al., 2013). The ASCs were cultured in α-MEM supplemented with 5% HS (BioWest, PAA or Serana), 100 U/ml penicillin, and 100 µg/ml streptomycin and used between passages 3 and 5. The mesenchymal origin of BMSCs and ASCs was confirmed by surface marker expression analysis with flow cytometry (Supplementary Table S2) and assessment of adipogenic and osteogenic differentiation potential (Supplementary Figure S1).
Pooled human umbilical vein endothelial cells (HUVECs) expressing green fluorescent protein (GFP) were commercially obtained from Cellworks. GFP-HUVECs were cultured in Endothelial Cell Growth Medium-2 Bullet Kit (EGM-2; Lonza) consisting of Endothelial Cell Growth Basal Medium (EBM-2) and Endothelial Cell Growth Medium-2 Supplements. Instead of the fetal bovine serum supplied with the Kit, 2% HS (BioWest) was used. The cells were used between passages 3 and 6.
Microvascular Network Formation
Microvascular networks were formed inside microfluidic chips (DAX-1; Aim Biotech), consisting of a gel channel (1.3 mm wide and 250 µm high) flanked by two medium channels. Microvascular networks were formed through self-assembly of GFP-HUVECs and MSCs in fibrin hydrogel according to Jeon et al. (2014) with modifications. Briefly, GFP-HUVECs were combined with either BMSCs or ASCs at 5:1 cell ratio (final cell density 6 million cells/ml) and spun down. The cell pellet was then resuspended in 2 IU/ml human thrombin (Sigma-Aldrich, St. Louis, MI, United States) in EBM-2 and combined at 1:1 volume ratio with 5 mg/ml human fibrinogen (Sigma-Aldrich, St. Louis, MI, United States) in Dulbecco’s Phosphate Buffered Saline (DPBS; Lonza). The resulting mixture (10 µl) was quickly injected into the gel channel of the microfluidic chip and allowed to polymerize in a humidified chamber for 15–20 min at room temperature (RT). Microvascular networks were cultured in EGM-2 with 2% HS (BioWest). To enhance vascular network formation, interstitial flow was used throughout the culture period (Kim et al., 2016; Abe et al., 2019). The interstitial flow was generated by adding 90 µl of culture medium into both reservoirs of one medium channel and 50 µl of medium into both reservoirs of the other medium channel. This procedure was repeated daily when changing medium and the flow direction was kept constant. In order to prevent tracer leakage from the medium channel into the hydrogel matrix and improve microvascular network perfusability, GFP-HUVECs were seeded into the medium channels of microfluidic devices used for bead flow assay and immunostainings at day 3 or 4 according to Campisi et al. (2018). To take into account the donor variability, cells derived from three different donors for each MSCs type (BMSCs and ASCs) were tested. GFP-HUVECs cultured without any supporting cells (hereafter referred to as “EC alone”) were prepared and cultured at a final cell density of 5 million cells/ml in the same manner and served as a control for evaluating microvasculature parameters and vasculature perfusability.
Immunofluorescent Staining
The immunostaining protocol was adapted from Honkamäki et al. (2021) and performed on 2–4 technical replicates for each cell donor. After 6 days of culture microvascular networks were washed with DPBS and fixed with 4% paraformaldehyde (Sigma-Aldrich) in DPBS for 30 min at RT following by three washes with DPBS. The samples were then permeabilized with 0.1% Triton X-100 (Sigma-Aldrich, St. Louis, MI, United States) for 10 min and non-specific binding was blocked with blocking buffer [10% normal donkey serum (NDS; Millipore), 1% bovine serum albumin (BSA; Sigma-Aldrich, St. Louis, MI, United States), 0.1% Triton X-100 in DPBS] for 2 h at RT. We used primary antibodies against vascular endothelial cadherin (VE-cadherin; BD Pharmingen, 555,661; 1:200) to identify the presence of endothelial adherens junctions, collagen type IV (Sigma-Aldrich, C1926-.2ML; 1:150) as a marker of the basement membrane, and alpha-smooth muscle actin (α-SMA; Abcam, ab7817; 1:300) and PDGFR-beta (PDGFR-β; Abcam, ab32570; 1:100) as perivascular cell markers. Primary antibodies were diluted in PBS with 1% NDS, 1% BSA, 0.1% Triton X-100 and applied for 3 days at 4°C. The samples were then washed for at least 6 times with 1% BSA in DPBS over a period of 2 days in total. Alexa Fluor 568 conjugated secondary antibodies (Thermo Fisher, A11031 and A10042) diluted 1:400 in DPBS with 1% BSA were applied overnight at 4°C. The samples were washed 5 times over a period of 2 days, stained with 0.67 µg/ml DAPI for 2 h at RT followed by three washes in DPBS. The chips were imaged using a Zeiss LSM 800 laser scanning confocal microscope with high-sensitivity two-channel spectral PMT detector and LSM 780 laser scanning confocal microscope with a Quasar spectral GaAsP detector (all from Carl Zeiss) and processed with Fiji software (Schindelin et al., 2012) and Adobe Photoshop 2020. Negative controls for immunocytochemical stainings are shown in Supplementary Figure S7.
Microvascular Network Perfusion
To assess perfusability of the microvascular networks, 2 µm yellow-green fluorescent microbeads (FluoSpheres Carboxylate-Modified Microspheres, 2% solids, Thermo Fisher) were introduced as a fluorescent tracer into microfluidic devices containing living cells at day 7 of culture and time-sequential images were captured. Briefly, medium was aspirated from all reservoirs, 25 µl of sterile water was added into the reservoirs of one channel and 50 µl was added into the reservoirs of the other channel followed by 50 µl of fluorescent microbeads diluted 1:2,000 in sterile water. Sterile water was used instead of DPBS to avoid the formation of microbead aggregates. The generated hydrostatic pressure between the two medium channels resulted in luminal flow through the microvascular network. The time-sequential images were acquired every 10 s during 3 min using EVOS FL cell imaging system (Thermo Fisher, Nungambakkam, TamilNadu). Animated GIF images were then generated using Fiji software.
Quantification of Microvascular Network Parameters
Microvascular networks morphology was analyzed using Fiji software. The GFP signal from the endothelial cells was used to quantify vascular area percentage, vascular network length, and average vessel diameter. The samples were fixed at day 6 and confocal z-stacked images were captured with 5 µm step (45 slices) using a Zeiss LSM 800 confocal microscope. Three regions of interest (ROIs; 798,63*798,63 µm2) per chip were selected from the co-culture area excluding the hydrogel-restricting microposts and solely including microvascular networks. Quantitative image analysis was not performed blinded. Images were processed as described previously (Jeon et al., 2014; Campisi et al., 2018; Haase et al., 2019) with minor modifications. Briefly, the maximum intensity projections were generated, brightness and contrast were adjusted by the “window/level” tool (35/70), noise was filtered by applying “Gaussian blur” filter (sigma 3), and images were converted to a binary format by applying the “triangle” threshold method. Artefacts were removed using the “erode” and “remove outliers” (radius 5 pixels for bright and 10 pixels for dark) functions. All values were calculated per ROI. The vasculature area percentage and the total vasculature area were computed using “measure” function. The 2D “skeletonize” function was applied to calculate the total network length. Finally, the average diameter was computed by dividing the total vasculature area by the total network length. Three chips per donor cell line and 3 ROIs per device were used for quantified analysis and statistical testing.
Quantification of Mesenchymal Stem Cell Transition Toward Perivascular Cells
Perivascular distribution of MSCs was analyzed using Fiji software and quantified through the α-SMA signal in terms of pericyte area percentage and pericyte coverage. Immunofluorescent stained chips that had been fixed after 6 days of culture, were imaged completely with the Zeiss LSM 780 confocal microscope using Z stacks with 5 µm steps (41 slices). Maximum intensity projections were prepared and five ROIs (750*750 µm2) per chip were selected. Quantitative image analysis was not performed blinded. The pericyte area percentage was quantified from the α-SMA channel as described above for vascular parameters with minor adjustments. The pericyte coverage was quantified as the overlapping area of α-SMA and GFP signals (Erickson et al., 2020). For that, an “AND” operation of Fiji image calculator was performed on α-SMA and GFP channels of the same ROIs pre-processed separately. The vasculature coverage by pericytes was calculated by dividing the computed values by the total vasculature area within each ROI. Three chips per donor cell line and 5 ROIs per device were analyzed.
Characterization of the Gravity-Driven Flow in the Microfluidic Chip
To characterize the gravity-driven flow generated daily, interstitial flow across the hydrogel area was measured in EC-BMSC and EC-ASC cocultures using fluorescence imaging. The flow measurements of EC-BMSCs and EC-ASCs were performed at days 0, 2, 4 and 7 using initial volumes of gravity-driven flow mimicking the flow condition. Measurements were performed at +37°C. First, medium was aspired from all reservoirs, 50 µl of 1xDPBS was added into two of the medium reservoirs (Figure 1A) followed by the addition of 90 µl of 100 µg/ml 70 kDa Rhodamine B isothiocyanate–Dextran (R9379, Sigma) in 1xDPBS to the two other reservoirs located opposite sides of the hydrogel area (Figure 1A). This generated a time-dependent hydrostatic pressure inside the chip resulting in a gravity-driven interstitial flow across the hydrogel area. To quantify the interstitial flow, sequential images of the fluorescent flow front across the hydrogel area were acquired by using a wide-field fluorescence microscope (Olympus IX 51) with sCMOS camera (Orca Flash4.0LT, Hamamatsu) using 5 seconds measurement intervals (Figure 1B). Each chip was manually placed on the microscope so that the center of the culture area was imaged. All measurements were performed as independent biological replicates N = 2 for each flow condition per coculture of one BMSC/ASC donor cell line.
[image: Figure 1]FIGURE 1 | Characterizing interstitial flow within the used microfluidic chip. (A) Schematic representation of the experimental set-up for flow measurements. Gravity-driven flow [(90 µl + 90 µl)+(50 µl + 50 µl)] across the hydrogel area was generated by applying 50 µl of 1xDPBS to the medium reservoirs (pink) and 90 µl of 70 kDa Rhodamine B isothiocyanate–Dextran in 1xDPBS for the opposing medium reservoirs (red). Spatial change of the fluorescent wave front was imaged sequentially. Cells are depicted as dots. (B) Example of original and binarized image used for estimating maximal flow rate. (C) Example of the tracked waveforms of two consecutive images. Solid and dashed lines demonstrate the averaged waveform locations presenting the difference (red arrow) between averaged waveform locations between these two image indexes. The average change is then used to estimate current flow rate. Donor cell lines BMSC 1 and ASC 3 were used for the flow characterization co-cultures.
Image analysis was performed using MATLAB (Version R2018b, The MathWorks, Inc., Natick, MA, United States) and scripts made in-house. First, stack images (.vsi) were read using BioFormats toolbox, greyscale images were binarized using 0.5 threshold value, and average locations of the flow front were tracked from the binarized images (Figure 1B). Based on differences in flow front locations between two consecutive indexes, known pixel size (0.615 µm), and known time interval between these two image indexes, an average flow velocity was calculated at each time point (Figure 1C, Supplementary Figure S6). An average flow rate at each time point was then calculated by multiplying the average velocities and the cross section of the hydrogel area (10,8 mm × 250 µm) (Figure 7). It should be noted that the accuracy of the developed analysis decreases within lower flow velocity, as smaller flow front movement between two consecutive image indexes is measured. This results in oscillation of the measured flow rate on day 4 (in Figure 7C), in which the flow rate was measured remarkably low (below 0.5 µl/min).
In the gravity-driven system, when assuming zero capillary forces, pressure difference Δp(t) between inlet and outlet reservoirs is based on time-dependent hydraulic pressure phyd(t). As described earlier, fluorescent dextran solution was used as a tracer for determining the spatial change of the flow front preventing the possibility to record fluorescent intensity differences after the complete saturation of the hydrogel area. However, the constantly decreasing time-dependent gravity-driven flow rate thus flow duration can be estimated using following equations (Mäki et al., 2015). First, hydraulic pressure phyd(t) is based on the liquid plug height difference Δh(t) between inlet and outlet reservoirs and can be calculated by
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where ρ density of liquid and g is gravitational acceleration.
Hydraulic resistance of the system, Rhyd, was approximated based on measured initial flow rate from [(90 µl + 90 µl)+(50 µl + 50 µl)] volume condition and estimated initial hydraulic pressure phyd (0) using following equation. Here, it is assumed that Rhyd is constant during the experiment.
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Then, the time-dependent flow rate Q(t) can be estimated using equation
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In gravity-driven flow, Δh(t) is continuously decreasing as liquid flows from the inlet reservoirs to the outlet reservoirs, thus reducing the hydraulic pressure and the flow rate. With known reservoir dimensions (a cylinder shape with a diameter of 5 mm), the plug height difference between inlet and outlet reservoirs at different time points can be calculated. This equation was solved using Simulink (The MathWorks). In theory, gravity-driven flow would continue infinitely long time as the flow rate is constantly decreasing, but in practice, flow will be stopped due to small friction losses. To account this issue, a minimum flow rate threshold was set to 0.02 µl/min thus ending the simulation when the flow rate dropped below this threshold value. The simulation end-point time was then used as an estimation of total flow rate duration.
Shear stress τ induced by the interstitial flow velocity v can be estimated using equation (Yang et al., 2021)
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in which Kp = 6.67 × 10−12 m2 is the permeability of the hydrogel material (Bachmann et al., 2018) and µ is the dynamic viscosity of the flow medium. Here, medium was assumed to have water-like properties at 37°C, thus µ = 0.6913 × 10−3 Pa s was used.
RNA Extraction and Quantitative Real-Time PCR
At day 6 of culture, the medium was aspirated from all the media ports and chips were stored frozen at −80°C prior RNA extraction. The total RNA of EC-BMSC and EC-ASC co-cultures were extracted using TRIzol reagent (Invitrogen). Fibrin matrices containing cells were flushed out from the chips with TRIzol reagent and three chips were pooled for each BMSC/ASC donor cell line to collect higher amount of RNA. The samples were processed according to manufacturer’s instructions and RNA concentration was measured with a spectrophotometer (Nanodrop 2000; Thermo Fisher). Complementary DNA was synthesized using the High Capacity cDNA Reverse Transcription Kit (Applied Biosystems) and quantitative real time reverse transcription polymerase chain reaction (qRT-PCR) was performed with QuantStudio 12K Flex Real-Time PCR System (Applied Biosystems) using approximately 20 ng cDNA per reaction, TaqMan Fast Advanced Master Mix (Thermo Fisher) and Custom TaqMan Array Plates (Applied Biosystems) according to manufacturers’ instructions. TaqMan assay probes for genes of interest are listed in Supplementary Table S3. All measurements were performed using technical triplicates. 18S ribosomal RNA (18S), glyceraldehyde 3-phosphate dehydrogenase (GAPDH) and platelet and endothelial cell adhesion molecule 1 (PECAM1) were used as reference genes for normalizing qRT-PCR data. Gene expression analysis was performed for each EC-MSC co-cultures of three donor cell lines for both BMSCs and ASCs. Relative quantification of gene expression was performed using the 2−ΔΔCt method (Livak and Schmittgen, 2001). Gene expression levels are shown relative to the average expression in EC-ASC co-cultures. Statistical analysis was performed on the mean ΔΔCt values from each donor cell line.
Heatmaps were generated from the mean ΔCt values for each donor cell line using the gplot package in R (Warnes et al., 2015). Hierarchical clustering and dendrograms were computed based on Euclidean distances.
Statistics
All data are represented as mean ± SD. Statistical analysis was performed using GraphPad Prism 9.0.0 (GraphPad Software, www.graphpad.com). Unpaired student’s T-tests were used for significance testing between BMSCs and ASCs. p values were corrected to control the false discovery rate using the two-stage step-up method of Benjamini, Krieger and Yekutielio (Benjamini et al., 2006). The differences were considered statistically significant for p < 0.05 and represented as follows: * denotes p < 0.05, ** ‒ p < 0.01, *** ‒ p < 0.001, n. s ‒ non-significant.
Data Availability Statement
The data sets generated and analyzed for the current study are available from the corresponding author on reasonable request.
RESULTS
Both BMSCs and ASCs Facilitate the Formation of Mature Interconnected Microvascular Networks-On-A-Chip
We examined two types of human primary MSCs—BMSCs and ASCs, for their ability to support microvascular network formation and maturation in fibrin matrix and act as perivascular cells when co-cultured with ECs in a microfluidic chip environment. First, we examined morphological characteristics including 3D structure, lumen-containing vessel formation, basement membrane deposition, EC-EC cell junctions of the microvascular networks formed by EC-BMSC and EC-ASC co-cultures. By day 6 both EC-BMSC and EC ASC co-cultures gradually developed into lumenized interconnected vascular networks with randomly aligned morphology spanning the entire hydrogel (Figure 2A). However, the microvascular networks formed by EC-BMSC co-cultures were more organized, interconnected, and denser compared to EC-ASC co-cultures. Daily observations of the microvascular network formation revealed minor vasculature degradation in the middle part of the chip in EC-ASC co-cultures starting from day 5 (Supplementary Figure S2).
[image: Figure 2]FIGURE 2 | Morphology of the microvascular networks formed by EC-BMSC and EC-ASC co-cultures and ECs cultured alone. Microvascular networks were formed via vasculogenesis process by GFP-HUVECs cultured alone or in combination with supporting stromal cells—BMSCs or ASCs, for 6 days. (A) Confocal micrographs representing the overall architecture of microvascular networks established by EC-BMSC and EC-ASC co-cultures (5 million ECs/ml and 1 million MSCs/ml) and ECs alone (5 million cells/ml). Scale bars, 200 µm. Both EC-BMSC and EC-ASC co-cultures formed interconnected microvascular networks spanning the entire hydrogel over the course of 6 days. ECs cultured alone formed multicellular aggregates but failed to develop interconnected networks. (B) Hollow lumens could be observed in the cross-section images in all three conditions. Scale bars, 50 µm. Dash line depicts microposts that separate hydrogel from media channels. Donor cell lines BMSC 1 and ASC 2 were used for generation of data presented in the figure.
Importantly, cross-sectional images of the vessel segments confirmed the presence of hollow lumens in both EC-BMSC and EC-ASC co-cultures as well as in EC alone (Figure 2B). In contrast to MSCs supported co-cultures, ECs cultured alone formed multicellular aggregates of different sizes which eventually developed into primitive structures containing lumens but failed to form interconnected microvascular networks. Notably, unlike in EC-BMSC and EC-ASC co-cultures, not all ECs were engaged in vasculature formation when ECs were cultured alone.
We studied vascular maturation further by immunofluorescence staining for collagen type IV, a predominant vascular basement membrane component (LeBleu et al., 2007), and for VE-cadherin, a specific marker for endothelial cell-cell adherens junctions (Giannotta et al., 2013). Collagen type IV was deposited in the perivascular area surrounding the vessels in both EC-BMSC and EC-ASC co-cultures (Figure 3A). In EC-ASC co-cultures, however, collagen type IV staining was weaker and less prominent (Supplementary Figure S3). Moreover, here we detected regions of collagen type IV-positive basement membrane surrounding an empty lumen without ECs. VE-cadherin was strongly expressed at the intercellular contacts along the EC border in both EC-BMSC and EC-ASC co-cultures (Figure 3B) demonstrating formation of adherens junctions between ECs. No differences were observed between EC BMSC and EC-ASC co-cultures with VE-cadherin staining intensity.
[image: Figure 3]FIGURE 3 | Immunocytochemistry analysis of basement membrane deposition and endothelial cell-cell junction formation in MSCs supported microvascular networks. (A) The EC networks (green) are surrounded by collagen IV (red), one of the major components of basement membrane, in both EC-BMSC and EC-ASC co-cultures (5 million ECs/ml and 1 million MSCs/ml). Empty basement membrane sleaves found in EC-ASC co-culture are marked by arrowheads. Scale bars, 100 µm. (B) Continuous and intact intercellular connections (red) are present along the border of ECs (green) in both conditions, as shown by immunostaining for adherens junction protein VE-cadherin. Nuclei (blue) are stained with DAPI. Scale bars, 50 µm. Donor cell lines BMSC 2 and ASC 1 were used for generation of data presented in (A). Donor cell lines BMSC 3 and ASC 2 were used for generation of data presented in (B).
EC-BMSC Co-Cultures Form Consistently Perfusable Microvascular Networks Compared to EC-ASC Co-Cultures
Next, we examined perfusability of the microvascular networks formed by EC-BMSC and EC-ASC co-cultures, and ECs alone. The perfusability was assessed using 2 µm fluorescent microbeads after 7 days of culture. Microbeads were loaded into one of the medium channels and hydrostatic pressure drop was created between two medium channels so that the luminal flow across the microvascular network allows microbeads to travel through the established microvasculature. Only vessels that developed open lumens toward the media channels at the hydrogel-medium interface were able to carry beads through the network. To facilitate formation of microvasculature with open lumens, the ECs were also seeded into both medium channels of the microfluidic devices at day 3 or 4 and allowed to adhere to the hydrogel-medium interface and connect to the vascular network. With visual observation, we detected a great improvement in perfusability of the microvascular networks (data not shown). All three EC BMSC co-cultures resulted in formation of perfusable microvascular networks with multiple entry points upstream of the luminal flow and several exit points downstream of the luminal flow (Supplementary Video S1). In contrast, microvascular networks resulting from EC-ASC co-cultures demonstrated poor perfusability regardless of ASC line. Two ASC lines induced formation of partially perfusable microvessels (in only one chip out of 3 tested) with a couple entry points and only one exit point for microbeads (Supplementary Video S2). As expected, EC alone did not form perfusable microvascular networks as shown by bead flow assay (Supplementary Video S3).
Quantification of Microvascular Networks Parameters Reveals Significant Differences in EC-BMSC Co-Cultures Compared to EC-ASC Co-Cultures
Quantifying microvascular network parameters revealed a significantly larger vasculature area, wider vessels, and greater total vasculature length in EC-BMSC co-cultures compared to EC-ASC co-cultures (Figure 4). Microvessels occupied 52% (46–60%) of area in EC-BMSC co-cultures and 31% (28–35%) of area in EC-ASC co-cultures, while those occupied 24% of area in EC alone. As expected, MSCs supported microvascular networks covered larger area than ECs alone. EC-BMSC co-cultures formed microvascular networks with an average vessel diameter of 57 µm (54–60 µm) and a total vasculature length of 5,877 µm (5,288–6,373 µm). The average vessel diameter in EC-ASC co-cultures was 45 µm (41–48 µm) and the total vessel length 4,411 µm (4,048–4,731 µm). The average vessel diameter in EC monocultures was 49 µm and the total vessel length 3,072 µm.
[image: Figure 4]FIGURE 4 | MSCs of different origin induce microvascular network formation in ECs with significantly different vasculature area, vessel diameter, and vasculature length. The presence of MSCs greatly improves microvasculature parameters compared to ECs cultured alone. (A) Representative images of microvascular networks derived from EC-BMSC and EC-ASC co-cultures and EC alone at day 6 and corresponding binary images. Scale bars, 200 µm. (B) Morphological parameters (vasculature area, average vessel diameter, and vasculature length) of MSCs supported microvascular networks are shown individually for BMSCs and ASCs derived from different donors. Data are presented as means of 9 ROIs (3 devices, 3 ROIs per device). Comparison between BMSCs and ASCs as well as comparison of BMSCs and ASCs to EC alone was performed on mean values from EC-BMSC and EC-ASC co-cultures (3 donors, 3 devices per donor, 3 ROIs per device). ***—p < 0.001 with Unpaired student’s t-test. p values were corrected to control the false discovery rate. Donor cell lines BMSC 2 and ASC 1 were used for generation of data presented in (A).
BMSCs Have More Potential to Function as Perivascular Cells and Interact With the Vascular Network than ASCs
To investigate the spatial distribution of BMSCs and ASCs as perivascular cells, the EC-BMSC and EC-ASC co-cultures were stained for known perivascular cell markers (Armulik et al., 2011; Holm et al., 2018; Sweeney and Foldes, 2018) PDGFR-β and α-SMA after 6 days of culture. Immunofluorescence staining showed that both BMSCs and ASCs express PDGRF-β and α-SMA when co-cultured with ECs (Figures 5A,B). Nearly all BMSCs and ASCs stained positively for perivascular cell marker PDGFR-β. Interestingly, BMSCs were found in close proximity to the vessel structures while ASCs were more frequently localized in areas distant from the vessels. On the contrary, immunostaining for α-SMA differed notably between EC-BMSC and EC-ASC co-cultures. A large fraction of BMSCs stained positively for α-SMA, whereas only few ASCs expressed α-SMA. The α -SMA positive MSCs had elongated morphology similar to in vivo and were wrapped around the microvessels or localized closely to the ECs in both EC-BMSC and EC-ASC co-cultures (Figures 5B,C).
[image: Figure 5]FIGURE 5 | Mesenchymal stem cell transition towards perivascular cells. (A,B) BMSCs as well as ASCs have pericytic characteristics marked by positive expression of PDGFR-β (A) and α-SMA (B). The immunostaining revealed that majority of MSCs are stained for PDGFR-β in both co-cultures. BMSCs are more organized and localize closely to the microvessels whereas ASCs have random appearance scattered throughout the hydrogel. In contrast to PDGFR-β staining, considerably less MSCs were stained for a-SMA in EC-ASC co-culture compared to EC-BMSC co-culture. Scale bars, 50 µm. (C) α-SMA positive MSCs (red) localize in close proximity and wrap around the vascular structures (green) in both EC-BMSC and EC-ASC co-cultures. White arrowheads indicate interaction of pericytes (red) with ECs (green). Scale bars, 50 µm. Nuclei (blue) are stained with DAPI. Donor cell lines BMSC 3 and ASC 1 were used for generation of data presented in (A). Donor cell lines BMSC 1 and ASC 2 were used for generation of data presented in (B, C).
We further quantified MSCs transition toward perivascular cells using the α-SMA signal in terms of pericyte area percentage and pericyte coverage (Figures 6A,B). Quantification revealed that α-SMA positive BMSCs occupied an area (40%; 36–46%) that was more than 7-fold larger than the area occupied by α-SMA positive ASCs (6%; 3–8%) indicating stronger potential of BMSCs to function as perivascular cells compared to ASCs. We found that in EC-BMSC co-cultures, 54% (45–64%) of the vascular network was covered by α-SMA positive perivascular cells whereas in EC-ASC co-cultures – 12% (9–14%), suggesting that BMSCs have more potential to interact with and stabilize microvascular networks.
[image: Figure 6]FIGURE 6 | BMSCs have greater pericytic capacity when co-cultured with ECs in a microfluidic chip compared to ASCs based on significantly higher pericyte area and pericytes coverage. (A) Whole chip scans showing alignment of perivascular MSCs (red, marked by α-SMA staining) with vasculature (green) in EC-BMSC and EC-ASC co-cultures at day 6. Images are maximum intensity projections of confocal stacks 200 µm height. Scale bars, 1 mm. (B) Quantifications of pericyte area and pericyte coverage (vasculature covered by pericytes) are shown individually for BMSCs and ASCs derived from different donors. Data are presented as means of 15 ROIs (3 devices, five ROIs per device); error bars, SD; *** denotes p < 0.001 with Unpaired student’s t-test. Comparison between BMSCs and ASCs was performed on mean values from EC-BMSC and EC-ASC co-cultures (3 donors, 3 devices per donor, 5 ROIs per device). Donor cell lines BMSC 1 and ASC 2 were used for generation of data presented in (A).
Flow Characterization Demonstrated the Presence of the Gravity-Driven Flow Across the Hydrogel Area
To demonstrate the presence of gravity-driven interstitial flow, we estimated the average flow rates by measuring spatial change of the wave front and computed the flow duration within the microfluidic chip using the gravity-driven model, both presented in Section Characterization of the Gravity-Driven Flow in the Microfluidic Chip (Figure 7). We verified the presence of gravity-driven flow across the hydrogel area within the microfluidic chip. At day 0, approximated initial flow rates Q (0) were 3.1 µl/min in EC-BMSC culture and 3.2 µl/min in EC-ASC culture (Figure 7A). Based on this, the estimated flow durations, where Q(t) > 0.02 µl/min, were approximately 1 h in both co-cultures (Figure 8). At day 2, measured Q (0) were approximately 1,1 µl/min and 0.55 µl/min (Figure 7B), prolonging the estimated flow durations from 1 h to two and 4 h for EC- BMSC and EC-ASC, respectively (Figure 8). At day 4, Q (0) were 0,35 µl/min and 0,25 µl/min (Figure 7C), resulting in >5 h and >6 h of estimated total flow duration for EC- BMSC and EC-ASC cultures, respectively (Figure 8). Flow characterization measurement for day 7 demonstrated unequal fluorescence wave front as we observed luminal flow via the formed vascular network (Supplementary Figure S6). The measured maximum interstitial flow velocity was v ≈ 0.024 mm/s, resulting in maximal shear stress τ ∼ 0.0065 Pa, which falls within the physiological shear stress range (Yang et al., 2021).
[image: Figure 7]FIGURE 7 | Measured average flow rates (Q) [(90 µl + 90 µl)+(50 µl + 50 µl)] on two independent biological replicates (N = 2) on (A) day 0, (B) day 2, and (C) day 4 for both EC-ASC (*) and EC-BMSC (□) co-cultures. (C) At day 4, there is minimal flow front movement between two consecutive image indexes due to decreased flow rate. This results in reduced accuracy of the used analysis method that is seen as oscillation of the measured flow rate values. Donor cell lines BMSC 1 and ASC 3 were used for the flow characterization co-cultures.
[image: Figure 8]FIGURE 8 | Simulated flow profiles for EC-ASC (blue) and EC-BMSC (red) co-cultures at days 0, 2 and 4 show a general decrease in flow rates and increase in total flow duration from day 0–4. Donor cell lines BMSC 1 and ASC 3 were used for the flow characterization co-cultures.
Gene Expression Analysis Reveals Differences in Pericyte-Specific and Maturation Related Gene Expression Between EC-BMSC and EC-ASC Co-Cultures
To investigate differences in gene expression between EC-BMSC and EC-ASC co-cultures, we performed qRT-PCR analysis for both co-cultures considering pericyte-specific (ACTA2, PDFGRB, CSPG4) and endothelial-specific (PECAM1, CDH5, VWF) genes, basement membrane protein (COL4A1), angiogenic growth factors (VEGFA, FGF2), and other genes involved in vasculature morphogenesis and stability (KDR, FLT1, ANGPT1, ANGPT2) (Figure 9, Supplementary Figure S4). The mRNA expression of ACTA2, PDFGRB, CSPG4, PECAM1, COL4A1, VEGFA, FGF2, and ANGPT1 in both co-cultures were measured relative to 18S and GAPDH. To assess changes in the number of ECs between EC-BMSC and EC-ASC co-cultures, we measured the mRNA expression of PECAM1 relative to 18S and GAPDH. Expression of endothelial cell specific-genes VWF, CDH5, KDR, FLT1 and ANGPT2 were measured relative to PECAM1 (Supplementary Table S3, Supplementary Figure S4) in both co-cultures. The qRT-PCR analysis revealed a significantly higher expression of pericyte marker genes ACTA2 and CSPG4 (9.5-fold and 4.5-fold, respectively), also known as α-SMA and NG2, in EC-BMSC co-cultures compared to EC-ASC co-cultures (Supplementary Figure S4A). The changes in the expression of PDGFRB were not significant between EC-BMSC and EC-ASC co-cultures. Furthermore, expression levels of COL4A1, encoding for the major basement membrane protein, were 4-times higher in EC-BMSC co-cultures compared to EC-ASC co-cultures (Supplementary Figure S4C). The qRT-PCR results confirmed our observations from the immunofluorescence stainings for α-SMA, PDGFR-β, and collagen type IV.
[image: Figure 9]FIGURE 9 | Quantitative RT-PCR analysis of gene expression in ASC- and BMSC-supported microvascular networks. Heatmap shows relative mRNA expression of pericyte-specific (PC) and endothelial-specific (EC) genes, ECM protein (ECM), angiogenic growth factors (GF), and other genes involved in vasculature morphogenesis and stability in EC-ASC and EC-BMSC co-cultures after 6 days of culture. Gene expression fold change of EC-BMSC and EC-ASC cocultures was computed relative to the average expression in EC-ASC co-cultures. The reference genes were 18S and GAPDH (for PECAM1, VEGFA, PDGFRB, CSPG2, ACTA2, ANGPT1, FGF2) and PECAM1 (for VWF, CDH5, KDR, FLT1, ANGPT2).
The expression of PECAM1, an endothelial marker gene, was markedly higher (3.3-fold change) in EC-BMSC co-cultures (Supplementary Figure S4B). Minor differences were found in the expression of other EC-specific (CDH5 and VWF) genes (Supplementary Figure S4B). The expression of CDH5 encoding VE-cadherin was 1.3-fold higher in EC-BMSC co-cultures than in EC-ASC co-cultures. The expression of main angiogenic growth factor genes, VEGFA and FGF2, did not differ between the co-cultures (Supplementary Figure S4D). In addition, changes in gene expression of VEGFA receptors were either not significant (KDR) or slightly decreased in EC-BMSC co-cultures (FLT1, 0.8-fold change) (Supplementary Figure S4E). Considering expression of ANGPT1 and ANGPT2 genes, main regulators of vessel stabilization and destabilization, we found no difference in ANGPT2 expression between EC-BMSC and EC-ASC co-cultures (Supplementary Figure S4E). Interestingly, the ANGPT1 expression was consistently more than 2.4-times increased in EC-BMSC co-cultures. However, due to donor variation in EC-ASC co-cultures (0.5-2-fold change), the changes were not significant.
Hierarchical gene clustering showed that microvascular networks supported by BMSCs and ASCs had distinct gene expression patterns (Supplementary Figure S5). Even though expression of genes normalized by PECAM1 (ANGPT1, CDH5, KDR, FLT1 and VWF) was similar in EC-BMSC and EC-ASC co-cultures, BMSCs and ASCs still formed their own clusters.
DISCUSSION
Perivascular cells are essential for proper maturation and stabilization of the forming vascular networks (Bergers and Song, 2005; Sweeney and Foldes, 2018). Previous studies investigating 3D vasculature formation have emphasized that network phenotype and maturation strongly depend on the used perivascular cell type (Grainger and Putnam, 2011; Jeon et al., 2014; Kniebs et al., 2020; Rambøl et al., 2020; Margolis et al., 2021). While various cell types have been reported to support vasculature formation in microfluidic devices (Kim et al., 2013; Li et al., 2017; Campisi et al., 2018; Zeinali et al., 2018; Rambøl et al., 2020), differences in experimental set-up complicate the direct comparison of the results obtained with different vasculature-supporting cells. Only few studies reported systematic comparisons done for BMSCs and ASCs (Pill et al., 2018; Kniebs et al., 2020). To our knowledge, this is the first study that has compared the vasculogenic capacities of BMSCs and ASCs in a microfluidic device. Here, we used a commercially available microfluidic chip platform for co-culture of ECs with MSCs in fibrin matrices with application of interstitial flow through the hydrogel.
Our results suggest that BMSCs have stronger vasculogenic capacity and promote formation of larger and more robust vascular networks than ASCs when co-cultured with ECs in a perfusable microfluidic chip. The use of BMSCs resulted in robust and well-interconnected microvascular networks, whereas co-culture with ASCs resulted in less-interconnected vessels that occupied smaller area compared to EC-BMSC co-cultures. Though it remains unclear whether the production of basement membrane protein collagen IV in BMSCs (Sillat et al., 2012) and ASCs (Patrikoski et al., 2017) is indeed intrinsically different or whether it is due to EC-co-culture conditions, we observed more robust vasculature formed by EC-BMSC co-cultures as well as stronger basement membrane deposition compared to EC-ASC co-cultures unlike previously reported by others (Pill et al., 2018). The observed differences in vasculature phenotypes of EC-BMSC and EC-ASC co-cultures could be explained by different experimental settings used in Pill et al. (2018) study including different EC:MSC ratio, cell concentration, and, importantly, static conditions.
To explain the differences in performance between co-cultures, we investigated the expression of pericyte markers α-SMA and PDGFR-β demonstrating the distribution and alignment of MSCs with ECs (Gerhardt and Betsholtz, 2003; Sweeney and Foldes, 2018). α-SMA and PDGFR-β are known to be intrinsically expressed in both BMSCs and ASCs (Talele et al., 2015; Milan et al., 2021; Sivaraj et al., 2021). Based on the α-SMA and PDGFR-β immunostaining we could identify perivascular MSCs in our co-cultures (Parthiban et al., 2020). Our results revealed substantial differences in immunostaining for pericyte marker α-SMA between MSCs of different origin. While in both EC-BMSC and EC-ASC co-cultures α-SMA-positive pericytes aligned with ECs and were wrapped around the vessels, further quantitative analysis revealed markedly higher pericyte area and vasculature coverage by pericytes in EC-BMSC co-cultures. Interestingly, no similar pattern was observed with pericyte marker PDGFR-β. PDGFR-β-positive BMSCs localized closely to the ECs. PDGFR-β-positive ASCs on the other hand, were scattered around the culture area and only a small portion of ASCs aligned in close proximity to the vessels. The results suggest that BMSCs migrate more closely towards developing vascular networks, and are therefore better positioned to act as functional pericytes when compared to ASCs.
Interstitial fluid flow was applied by generating a hydrostatic pressure across the hydrogel. According to our flow characterization, we verified the presence of interstitial flow in all measured timepoints day 0, day 2, day 4 and day 7. We observed decreased maximal flow rates in day 2 and day 4 compared to day 0 in both co-cultures. The results suggest that the changes in cellular distribution and increased cell number within the fibrin matrix decrease the maximal flow rate during culture. Maximal flow rate was further decreased at day 4 which might result from ECs seeded at day 2 which form a restricting monolayer in between the media channel and the hydrogel area. We demonstrated that the existence of interstitial flow actively replenishes fresh medium for ECs and MSCs compared to static flow condition. In terms of in vivo-relevancy, the measured maximum interstitial flow provides physiological, interstitial shear stress of 0.0065 Pa which is in line with the previously reported range (Kim et al., 2014; Yang et al., 2021). Hence, applying interstitial flow across the hydrogel with appropriate mechanical stress enhances the physiological relevancy of our in vitro vascular models (Kim et al., 2016; Haase and Kamm, 2017).
To describe the general flow characteristics in our study, we verified the formation of perfusable vessels after day 4, which led into a transition of the interstitial flow into luminal flow due to conjoining perfusable vessels across the hydrogel area. According to our bead flow assay at day 7, we verified the vessel capability to carry out particles in both co-cultures. This result is in line with immunocytochemical stainings showing the structural maturation at day 6. Still, we observed a considerable difference in vasculature perfusability between the two MSC types. BMSCs supported the formation of perfusable microvascular networks in all tested devices whereas EC-ASC co-cultures resulted in partially perfusable vasculature in only 2 out of 9 tested devices. This result is important, because perfusion capability is a key property of 3D vascularized in vitro models (Kim et al., 2013). Overall, our results highlight that in addition to immunocytochemical analyses of vessel maturation, functional measuring e.g. network perfusability is essential to assess the quality and functionality of the engineered vascular networks.
We found substantial differences in gene expression between EC-BMSC and EC-ASC co-cultures in genes related to pericytic and angiogenic activity supporting consistently our structural analysis. Relatively high expression levels of ACTA2 and CSPG4 indicate strong pericytic characteristics of BMSCs in accordance with abundant α-SMA staining shown in this study. Consistent with our immunohistochemical analysis and previous findings (Pill et al., 2018), PDGFRB expression was similar between co-cultures. We measured 4-fold higher expression of COL4A1 in EC-BMSC, verifying our observations from immunohistochemistry that BMSCs more strongly support formation of the basement membrane. However, it remains unclear whether the COL4A1 expression is intrinsically different in BMSCs and ASCs or whether it is due to co-culture with ECs. We did not find differences in the expression of main angiogenic growth factor genes VEGFA and FGF2, neither in the main vasculature destabilizing gene ANGPT2 between co-cultures which is in accordance with previous findings (Pill et al., 2018). However, we observed a trend in consistently higher expression levels of ANGPT1 in EC-BMSC co-culture, a gene responsible for vessel maturation and stability. The results support our observations of more mature and stable microvascular networks in EC-BMSC co-cultures.
We found that endothelial cell marker gene PECAM1 was over three times more expressed in EC-BMSC co-cultures than in EC-ASC co-cultures at the end of the 6-days culture period. This might indicate that ECs proliferate more and survive better in EC-BMSC than EC-ASC co-cultures. However, a previous study comparing vasculature-supporting properties of BMSCs and ASCs in a bulk hydrogel did not find significant changes in the number of ECs during 21-days culture period or between the co-cultures (Pill et al., 2018).
One possible explanation for the observed differences in vascular morphogenesis between EC-BMSC and EC-ASC co-cultures could be tissue-specific characteristics of MSCs as vasculature supporting cells. Although BMSCs and ASCs share similar characteristics concerning cell morphology and surface marker expression (Bourin et al., 2013), significant biological differences have been shown for different types of MSCs, such as MSCs from bone marrow, skin dermis, and adipose tissue (Woo et al., 2016). Moreover, recent donor-matched comparison of BMSCs and ASCs revealed differences in proliferation and differentiation potential (Mohamed-Ahmed et al., 2018). It is important to remember that on macroscopic level, bone marrow and adipose tissue are remarkably different tissues. Thus, BMSCs and ASCs may differ concerning their vasculature supporting characteristics as well. Indeed, endothelial-to-pericyte ratio and vasculature coverage by pericytes vary considerably between different tissues ranging between 1:1 and 10:1 and 70 and 10% respectively (Armulik et al., 2011). For example, pericyte coverage in the bone marrow was measured to be 51 ± 20% (Zetterberg et al., 2007). Even though we measured significantly different pericyte coverage between EC-BMSC and EC-ASC co-cultures, both values fall within the range documented in vivo. Pericyte coverage correlates positively with endothelial barrier properties and endothelial cell turnover indicating the role of pericytes in regulating vessel permeability and stabilizing vascular networks (Armulik et al., 2011). Indeed, in our study we demonstrated higher pericyte coverage as well as higher expression of pericyte specific and maturation related genes in EC-BMSC co-cultures. Still, previous studies using other stromal cells demonstrate that altering the ratio of ECs to ASCs cell concentration, or hydrogel stiffness may be used to tailor vessel characteristics towards more robust, mature and perfusable microvasculature in EC-ASC co-cultures (Whisler et al., 2014; Tiruvannamalai Annamalai et al., 2016).
To summarize, we used a commercially available microfluidic device for generating interconnected, 3D vascular networks supported by either BMSCs or ASCs to systematically investigate the effect of chosen MSCs type on vascular network phenotype, functionality, and gene expression with commonly used HUVECs. We demonstrated that BMSCs have stronger pericytic ability and support mature vascular network formation under dynamic culture conditions. Our study demonstrates how vascular network phenotype depends on MSCs tissue source, resulting in differing gene expressions, vasculature morphology and characteristics, and ultimately, vascular network functionality. Therefore, we suggest considering these varying characteristics when developing advanced vascularized organ-on-a-chip platforms.
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Pulmonary artery (PA) pressure increases during lung growth after unilateral pneumonectomy (PNX). Mechanosensitive transcriptional co-activator, yes-associated protein (YAP1), in endothelial cells (ECs) is necessary for angiogenesis during post-PNX lung growth. We investigate whether increases in PA pressure following PNX control-angiogenesis through YAP1. When hydrostatic pressure is applied to human pulmonary arterial ECs (HPAECs), the expression of YAP1, transcription factor TEAD1, and angiogenic factor receptor Tie2 increases, while these effects are inhibited when HPAECs are treated with YAP1 siRNA or YAP1S94A mutant that fails to bind to TEAD1. Hydrostatic pressure also stimulates DNA synthesis, cell migration, and EC sprouting in HPAECs, while YAP1 knockdown or YAP1S94A mutant inhibits the effects. Gene enrichment analysis reveals that the levels of genes involved in extracellular matrix (ECM), cell adhesion, regeneration, or angiogenesis are altered in post-PNX mouse lung ECs, which interact with YAP1. Exosomes are known to promote tissue regeneration. Proteomics analysis reveals that exosomes isolated from conditioned media of post-PNX mouse lung ECs contain the higher levels of ECM and cell-adhesion proteins compared to those from sham-operated mouse lung ECs. Recruitment of host lung ECs and blood vessel formation are stimulated in the fibrin gel containing exosomes isolated from post-PNX mouse lung ECs or pressurized ECs, while YAP1 knockdown inhibits the effects. These results suggest that increases in PA pressure stimulate angiogenesis through YAP1 during regenerative lung growth.
Keywords: angiogenesis, pressure, lung, Yap1, TEAD, Tie2
INTRODUCTION
Compensatory lung growth is induced in the remaining lung tissues after unilateral PNX in humans and other species (e.g., mice, dogs) (Hsia et al., 2001; Sakurai et al., 2007; Ding et al., 2011; Butler et al., 2012; Thane et al., 2014; Mammoto et al., 2016a; Liu et al., 2016; Mammoto T. et al., 2019; Hendee et al., 2021); the remaining alveolar units undergo epithelial and EC proliferation to compensate for the initial loss. The mechanical environment is dramatically changed after PNX (Hsia et al., 2001; Dane et al., 2013; Filipovic et al., 2013; Thane et al., 2014; Dane et al., 2016; Liu et al., 2016). For example, increases in parenchymal strain due to the expansion of the remaining lobes contribute to post-PNX lung alveolar cell growth (Hsia et al., 2001; Dane et al., 2013; Filipovic et al., 2013; Liu et al., 2016). Increases in PA pressure due to redirection of the entire cardiac output through remaining lung lobes also play important roles in post-PNX lung growth (Dane et al., 2013; Dane et al., 2016).
Angiogenesis -growth of new capillaries-constitutes an essential part of the regenerative program (Sakurai et al., 2007; Ding et al., 2011; Mammoto et al., 2016a; Mammoto T. et al., 2019; Mammoto and Mammoto, 2019; Hendee et al., 2021). Inhibition of angiogenesis impairs compensatory lung growth after PNX in adult mice (Sakurai et al., 2007; Ding et al., 2011; Mammoto et al., 2016a; Mammoto T. et al., 2019; Hendee et al., 2021). Mechanical factors such as ECM stiffness, shear stress, and stretching forces control angiogenesis and vascular function (Mammoto et al., 2009; Thodeti et al., 2009; Mammoto A. et al., 2013; Mammoto T. et al., 2013; Mammoto and Mammoto, 2019). Hippo signaling transducer, YAP1, acts as a transcriptional co-activator and controls organ size, development, and regeneration (e.g., liver, heart, intestine, muscle, lung) (Barry et al., 2013; Piccolo et al., 2013; Lin and Pu, 2014; Mahoney et al., 2014; Yimlamai et al., 2014; Yu et al., 2015; Liu et al., 2016; Mammoto T. et al., 2019). In the lung, YAP1 activation in alveolar epithelial stem cells and ECs promotes post-PNX lung growth (Liu et al., 2016; Mammoto T. et al., 2019), while deregulation of YAP1 contributes to chronic obstructive pulmonary disease (Makita et al., 2008) and pulmonary fibrosis (Liu et al., 2015; Panciera et al., 2017). YAP1 stimulates angiogenesis in the retina and other organs (Choi et al., 2015; Nakajima et al., 2017; Mammoto A. et al., 2018; Boopathy and Hong, 2019). YAP1 is a mechanosensitive gene and its activity is controlled by mechanical stimuli (e.g., cell shape and size (Dupont et al., 2011; Panciera et al., 2017), cell density (Ota and Sasaki, 2008; Choi et al., 2015), rigidity and topology of ECM (Dupont et al., 2011; Bertero et al., 2016), shear stress (Dupont et al., 2011; Wang et al., 2016; Nakajima et al., 2017; Panciera et al., 2017), mechanical tension (Liu et al., 2016)). In our previous study, we demonstrated that YAP1 in ECs is necessary for angiogenesis during post-PNX lung growth (Mammoto T. et al., 2019). Given that 1) mechanical environment changes after PNX, which drives post-PNX lung growth (Hsia et al., 2001; Dane et al., 2013; Filipovic et al., 2013; Liu et al., 2016), 2) YAP1 senses various mechanical stimuli (Ota and Sasaki, 2008; Dupont et al., 2011; Choi et al., 2015; Bertero et al., 2016; Liu et al., 2016; Wang et al., 2016; Nakajima et al., 2017; Panciera et al., 2017), and 3) mechanical forces control angiogenesis (Mammoto et al., 2009; Thodeti et al., 2009; Mammoto A. et al., 2013; Mammoto T. et al., 2013; Mammoto and Mammoto, 2019), in this study we have investigated whether post-PNX changes in the mechanical forces control angiogenesis through endothelial YAP1. It has been reported that increased mechanical stretch after PNX induces post-PNX lung growth through epithelial YAP1 signaling (Liu et al., 2016). However, the effects of PA pressure altering during post-PNX lung growth on angiogenesis have not been explored. Here we examined whether increases in PA pressure after PNX stimulate angiogenesis through YAP1.
Exosomes are one of the types of extracellular vesicles produced by almost all cell types, including ECs (Thery et al., 2002; Pant et al., 2012; Kourembanas, 2015; Davidson et al., 2018). Exosomes contain numerous proteins, lipids, and various types of nucleic acids (DNA, mRNA, miRNA, noncoding RNA) (Thery et al., 2002; Kourembanas, 2015). Exosomes are released from cells to serve as a messenger of signals for cell-cell communications as well as to remove unused or harmful RNA and proteins, maintaining tissue homeostasis and function in normal physiology and in diseases (e.g., aging (Xie et al., 2018), cancer (Jakhar and Crasta, 2019), atherosclerosis (Chang et al., 2019), pulmonary hypertension (Lee et al., 2012; Klinger et al., 2020; Mohan et al., 2020; Sindi et al., 2020; Otsuki et al., 2021)) (Thery et al., 2002; Thery et al., 2009; Pant et al., 2012; Kourembanas, 2015; Jakhar and Crasta, 2019; Otsuki et al., 2021). Exosomes promote angiogenesis and stimulate cardiac regeneration (Ibrahim et al., 2014; Shanmuganathan et al., 2018) and recovery from ischemia (Sahoo et al., 2011; Bang et al., 2014; Shanmuganathan et al., 2018). It has been reported that human mesenchymal stem cell (MSC)-derived exosomes ameliorate various lung diseases in animal models (e.g., pulmonary hypertension, bronchopulmonary dysplasia (BPD), airway inflammation, pulmonary fibrosis) (Lee et al., 2012; Cruz et al., 2015; Willis et al., 2018; Genschmer et al., 2019; Mansouri et al., 2019; Dinh et al., 2020; Klinger et al., 2020; Mohan et al., 2020; Sindi et al., 2020). However, the role of exosomes from ECs in lung regeneration has not been studied before.
Here we demonstrate that increases in PA pressure after PNX stimulate angiogenesis through endothelial YAP1 signaling. Exosomes isolated from post-PNX mouse lung ECs or pressured ECs stimulate angiogenesis in the mouse lungs. Modulation of mechanical environment or endothelial YAP1 signaling could improve the strategy for regenerative lung growth.
MATERIALS AND METHODS
Materials
Anti-CD31 and -GM130 antibodies were from BD Biosciences (Franklin Lakes, NJ). Anti-YAP1- and -flotillin-1 antibodies were from Cell Signaling (Danvers, MA). Anti-β-actin antibody was from Sigma (St. Louis, MO). Anti-Tie2 monoclonal antibody was from Upstate (Lake Placid, NY). Anti-YAP1 and -CD63 antibodies were from Santa Cruz Biotechnology (Dallas, TX). Anti-ki67 antibody was from eBioscience (San Diego, CA). Anti-SPB and -ERG antibodies were from Abcam (Waltham, MA). Human pulmonary arterial endothelial cells (HPAECs, Lonza) were cultured in EBM2 medium containing 5% FBS and growth factors (VEGF, bFGF and PDGF).
Gene Knockdown and Overexpression
Gene knockdown was performed using the RNA interference technique. siRNA for human YAP1 (5′-GAC​AUC​UUC​UGG​UCA​GAG​A-3′ and 5′- UCU​CUG​ACC​AGA​AGA​UGU​C-3′) was purchased from Sigma Genosys (St. Louis, MO) (Mammoto A. et al., 2018; Mammoto T. et al., 2019). HPAECs were transfected using siLentFect (BioRad, Hercules, CA) (Mammoto et al., 2009; Mammoto T. et al., 2019). As a control, siRNA duplex with an irrelevant sequence (QIAGEN, Germantown, MD) was used. The retroviral pQCXIH-myc-YAP (human) construct was a gift from Kunliang Guan. The lentiviral pLX304-YAP1(S94A) (human) construct was a gift from William Hahn. Generation of viral vectors was accomplished as reported (Mammoto et al., 2009; Mammoto et al., 2016a; Mammoto T. et al., 2019). HPAECs were incubated with viral stocks in the presence of 5 μg/ml polybrene (Sigma) and 90–100% infection was achieved 3 days later (Mammoto et al., 2009; Mammoto et al., 2016a; Mammoto T. et al., 2019).
Molecular Biological and Biochemical Methods
Quantitative reverse transcription (qRT)-PCR was performed with the iScript reverse transcription and iTaq SYBR Green qPCR kit (BioRad) using the BioRad real time PCR system. β2 microglobulin controlled for overall cDNA content. The primers for human YAP1, TEAD1, Tie2, and β2 microglobulin were previously described (Mammoto et al., 2009; Mammoto A. et al., 2018; Mammoto T. et al., 2019). The primers for human CYR61 forward; CATTCCTCTGTGTCCCCAAGAA and reverse; TAC​TAT​CCT​CGT​CAC​AGA​CCC​A, human ANKRD1 forward; TGA​TTA​TGT​ATG​GCG​CGG​ATC​T and reverse; GCG​AGA​GGT​CTT​GTA​GGA​GTT​C, and human KLF2 forward; GCC​CUA​CCA​CUG​CAA​CUG​GUU and reverse; CCA​GUU​GCA​GUG​GUA​GGG​CUU.
In vitro Pressure Experiment
To analyze the effects of hydrostatic pressure, HPAECs were pressurized in a pressure chamber that fits into a cell culture incubator (Prystopiuk et al., 2018) (Strex Cell, SanDiego, CA). Cells were exposed to graded pressures ranging from 0 to 50 mmHg (6.6 kPa). Since human PA pressure is 15–20 mmHg and PA pressure increases by 1.8–2.0 times in an in vivo mouse PNX model, we pressurized HPAECs with the range of 0–40 mmHg (0, 15, 30, 40 mmHg). As a control, cells were cultured in a standard incubator.
DNA synthesis of HPAECs pressurized (0, 40 mmHg) for 16 h was analyzed using an EdU assay. EdU-positive cells were analyzed using a Nikon A1 confocal imaging system (Mammoto A. et al., 2018; Mammoto T. et al., 2018; Mammoto T. et al., 2019). EC migration was measured using a modified transwell migration assay. Since we focus on YAP1-Tie2 signaling in this study, we used a Tie2 ligand angiopoietin1 (Ang1) as a chemoattractant in the migration assay. The cells that migrated towards Ang1 (10 ng/ml) in 0.5% serum EBM-2 through the membrane were stained with Giemsa, counted and averaged in three or more independent experiments.
In vitro fibrin gel angiogenesis assay was performed as previously described (Mammoto et al., 2016a; Mammoto et al., 2016b; Mammoto T. et al., 2019). Briefly, 1 × 105 HPAECs were incubated with 3,000 Cytodex 3 microcarrier beads (GE Healthcare Life Sciences, Pittsburgh, PA) in 1 ml 5% FBS/EGM2 in a glass tube for 4 h with gentle agitation. The beads coated with the cells were transferred to 25 cm2 tissue culture flask and incubated with YAP1 siRNA or virus treatment. As a control, cells were treated with control siRNA with irrelevant sequence or control virus (full length YAP1). After 16 h incubation, 250 beads coated with HPAECs were suspended in 500 µl of 2.5 mg/ml fibrinogen solution (Sigma) and mixed with 500 µl of thrombin solution (0.5 U) in a 24-well plate. After fibrin gels were solidified, 1 ml of 1% FBS/EGM2 containing 2 × 104 human lung fibroblasts was seeded on top of each fibrin gel in a 24-well plate. Ang1 (20 ng/ml total protein) was added to the medium at day 1 and the medium was changed every other day. After incubation of beads in the fibrin gels for 5 days, the area of the sprout from the beads was quantified using ImageJ software.
Mouse Lung Endothelial Cells Isolation and Culture
Mouse lung ECs were isolated using anti-CD31 conjugated magnetic beads (Mammoto T. et al., 2018; Mammoto T. et al., 2019; Mammoto et al., 2020). We cut mouse lung tissue into small pieces using small scissors and treated the tissue with 5 ml collagenase A (1 mg/ml) for 30 min at 37°C. The tissue suspension was filtered through a 40 μm cell strainer (Falcon) to remove the undigested tissue clumps and separate single cells. Cells were centrifuged (180 g, 5 min) at room temperature (RT) and the pellet was resuspended into 0.5 ml RBC Lysis Buffer (Sigma, 1 min, RT). The lysis reaction was stopped by adding 10 ml 10% FBS/DMEM, being centrifuged (180 g, 5 min, RT), and the pellet was resuspended into 0.5 ml 4% FBS/PBS with APC anti-mouse CD31 (Biolegend, 1/100), incubated (20 min, on ice) and washed three times with 4% FBS/PBS. Cells were centrifuged (180 g, 5 min, RT) and resuspended into 0.1 ml 4% FBS/PBS with anti-APC conjugated microbeads (Miltenyl Biotec, Somerville, MA), incubated (10 min, on ice) and washed three times with 4% FBS/PBS. The cells were then resuspended in 0.5 ml 4% FBS/PBS and CD31-positive ECs were magnetically separated using MACS column (Miltenyl Biotec) according to the manufacturer’s instruction. To increase the purity of the magnetically separated fraction, the eluted fraction was enriched over a second new MACS column. Isolated ECs were cultured on tissue culture dishes under 5% FBS/EGM2 for the subsequent experiments.
Unilateral Pneumonectomy
The in vivo animal study was carried out in strict accordance with the recommendations in the Guide for the Care and Use of Laboratory Animals of the National Institutes of Health. The protocol was reviewed and approved by the Animal Care and Use Committee of Medical College of Wisconsin. Unilateral PNX was performed as described (Mammoto et al., 2016a; Mammoto T. et al., 2019; Hendee et al., 2021). Briefly, mice (CD1, C57BL6J, 8–12 week old, approximately 25 g, both male and female mice were used except for RNAseq samples where only male mice were used) were anesthetized with Ketamine (100 mg/kg)/Xylazine (10 mg/kg, intraperitoneal injection), intubated and mechanically ventilated using a rodent ventilator (MiniVent, Harvard Apparatus, Holliston, MA). After ensuring adequate anesthesia, thoracotomy was performed and the left lung was lifted through the incision and a 5–0 silk suture was passed around the hilum and tied. The hilum was then transected distal to the tie. The remaining portions of the hilum and tie were returned to the thoracic cavity. Sham-operated mice underwent thoracotomy without PNX. Meloxicam (5 mg/kg, subcutaneous injection, 3 days) was used as a postoperative analgesic. The proximal PA pressure was measured by PA cannulation under thoracotomy (Mammoto T. et al., 2018). DNA synthesis and proliferation of ECs (CD31+, VE-Cadherin+, CD45−) and epithelial cells (EpCAM+) in the mouse lungs were analyzed by measuring the number of bromodeoxyuridine (BrdU)+ cells using FACS (BD Biosciences BrdU flow kit) (Mammoto A. et al., 2019) and ki67 staining. Since there is not a significant difference between male and female in the effects of PNX on lung weight and PA pressure (not shown), we pooled the data from male and female in this study.
RNA Sequencing and Analysis
ECs were isolated from mouse lungs 7 days after PNX and sham-operated C57BL6J mouse lungs (8 week old, n = 2 per group, each n was pooled from 2 male mice. Jackson Laboratory, stock # 664) as described above and isolated ECs were validated by FACS for EC markers (CD31+, VE-Cadherin+, CD45−). We used only male mice for RNAseq analysis to avoid hormonal effects. RNA was extracted using RNeasy mini kit (QIAGEN). Total RNA samples were submitted to the Institute for Systems Biology Molecular and Cell Core (Seattle, WA) for RNA sequencing. Library preparation was employed using the Illumina TruSeq Stranded mRNA kit. Sequencing was performed using the Illumina NextSeq500. Paired end sequencing was performed on a high output 150 cycle kit v2.5. The RNA sequencing reads were aligned to the mm10 reference genome. Differential gene expression analysis and Fragments Per Kilobase Million (FPKM) calculation were performed by Basepair Tech (www.basepairtech.com) using the DEseq2 pipeline (Supplementary Table S3). 831 upregulated and 180 downregulated significantly differentially expressed genes were defined as having a log2 fold change > 1 or < -1 and a p-adjusted value <0.01 with the FDR cutoff of 0.01 calculated by the Benjamini–Hochberg adjustment. Biological Processes Gene ontology (BP GO) analysis of significant targets was done via The Database for Annotation, Visualization and Integrated Discovery (DAVID) v 6.8 using the Functional Annotation Chart tool. Three different GO Terms charts were generated. The first examined all 1,011 significantly differentially expressed genes and produced 345 BP GO Term categories (Supplementary Table S4). For the second, a focus on mechanosensitive-related genes led to 522 significantly differentially expressed genes—460 upregulated and 62 downregulated—being detected as appearing on a master list comprised of Gene Card and BP GO Term categories relating to extracellular matrix (ECM), cell-cell junctions, the Hippo pathway, and cellular responses to mechanical forces including shear stress, tension, pressure, and stiffness/elasticity. 416 BP GO categories were returned from the resulting DAVID analysis (Supplementary Table S5). Network generation was performed on the 522 mechanosensitive significantly differentially expressed genes with Ingenuity Pathway Analysis (IPA) software (QIAGEN). The network was constructed by starting with the shortest interactions identified between the mechanosensitive genes and Yap1, then determining the shortest connections between those connected to Yap1 and all others, and finally adding the shortest connections between all genes connected to Yap1 and only the remaining unconnected genes. Many genes were trimmed if they connected to less than 4 other genes. The resulting network was comprised of 233 genes -220 upregulated and 13 downregulated-that underwent BP GO analysis in DAVID to generate the third BP GO Term table with 371 categories. The BP GO Terms in this third table were color-coded into groups relating to: development, regeneration, and angiogenesis; ECM and cell adhesion; cell growth, proliferation, and migration; cell cycle, repair, metabolism, senescence, and apoptosis; cellular signaling and protein processing; and inflammatory and immune responses (Supplementary Table S6, Figure 2B). These groups were also used to color the network genes accordingly. Heatmaps of the top 20 upregulated and 13 downregulated network genes as well as the 46 network genes comprising the top 25 BP GO Term categories were generated by Basepair (Supplementary Figure S3). RNAseq results are available in NCBI Geo (GSE154110).
Exosome Isolation and Purification
ECs isolated from C57BL6J mouse lungs were plated at 1 × 106 cells per 6 cm tissue culture dish with EGM2 medium containing 5% exosome depleted FBS (Thermo Fisher Scientific) and pre-filtered (0.2 μm) conditioned media was collected after 24 h. Exosomes were isolated from conditioned media and mouse serum using Total Exosome Isolation Reagent from Cell Culture Media and serum (Thermo Fisher Scientific, Waltham, MA), respectively, according to the manufacturer’s protocol (Gartz et al., 2018; Doyle and Wang, 2019; Gartz et al., 2020). The exosome pellet was resuspended in 25 μl of filtered (0.2 μm) PBS. Isolated exosomes were confirmed with exosome marker proteins (CD63, flotillin-1) using immunoblotting (IB).
For transmission electron microscopy (TEM) to analyze the ultrastructure of the exosome, resuspended exosomes were adsorbed onto freshly ionized, 400 mesh formvar/carbon grids, washed once with distilled water, and negatively stained with 2% aqueous Uranyl acetate. Exosome preparations were viewed in a Hitachi H600 transmission electron microscope and images were recorded with a Hamamatsu CCD camera using AMT image capture software.
Size and concentration distributions of exosomes were determined using nanoparticle tracking analysis (NTA; NanoSight LM10 system, Malvern instruments, Malvern, United Kingdom) (Gartz et al., 2018).
Proteomics Analysis
Proteomics analysis of exosomes was performed by the Northwestern University Proteomics Core Facility. Isolated exosomes were briefly tip sonicated (∼10 s) to break the exosome membrane and purified proteins by acetone/TCA precipitation. Then, the proteins were reduced, alkylated, and digested with trypsin according to the optimized protocol. Digested peptides were desalted on C18 columns then subjected to mass spectrometry analysis. Data was searched against a Mus musculus database. Proteomics data analysis on two control (sham) and three PNX (7 days after PNX) mouse exosome replicates was performed using Scaffold 5.1.0 software. 228 proteins were identified in at least one of both the control and PNX sample replicates. A cutoff threshold of greater than or equal to eight Total Spectrum Counts in at least one overall replicate was used to further narrow the list to 152 proteins of interest (Supplementary Table S2). The differentially expressed genes associated with the 152 proteins underwent BPGO analysis via the Functional Annotation Chart feature of the DAVID v6.8 software (Figure 5D).
Fibrin Gel Implantation on the Mouse Lung in vivo
Fibrin gel was fabricated as described (Mammoto et al., 2016b; Mammoto T. et al., 2018; Mammoto T. et al., 2019). Briefly, we added thrombin (2.5 U/ml) and isolated exosomes (4 μg) to the fibrinogen solution (12.5 mg/ml), mixed well, and incubated drops of the mixture (total 30 μl) at 37°C for 30 min until they solidified (Mammoto et al., 2016b; Mammoto T. et al., 2018; Mammoto T. et al., 2019). For gel implantation on the mouse lungs (Mammoto et al., 2016b; Mammoto T. et al., 2018; Mammoto T. et al., 2019), C57BL6J mice were mechanically ventilated and thoracotomy was performed in the fifth left intercostal space. After thoracotomy, a small area of the left visceral pleura (0.5 mm2) was scraped using forceps and the fabricated fibrin gel was implanted on the mouse lung surface using a fibrin glue. We implanted the gel on the mouse lungs for 7 days. To examine the effects of pressure and YAP1, we isolated ECs from Yap1fl/fl-Cdh5(PAC)-CreERT2 or Yap1fl/fl mouse lungs after tamoxifen induction (Mammoto T. et al., 2019), exposed ECs to pressure (40 mmHg), collected exosomes, mixed exosomes into the fibrin gel, and implanted the gel to the mouse lungs (Mammoto et al., 2016b; Mammoto T. et al., 2018; Mammoto T. et al., 2019). Yap1fl/fl mice were obtained from Dr. Fernando Camargo (Harvard Medical School) (Schlegelmilch et al., 2011) and crossed with Cdh5(PAC)-CreERT2 mice (obtained from Dr. Ralf Adams, Max Planck Institute) (Wang et al., 2010), an inducible cre deleter under the control of VE-cadherin promoter, to create VEcadherin-specific Yap1 conditional knockout (Yap1fl/fl-Cdh5(PAC)-CreERT2) mice, in which cre recombination is induced in ECs by administration of tamoxifen (125 μg/mouse, 5 days) (Mammoto T. et al., 2019). Angiogenesis is evaluated by density of blood vessels that are stained positive for EC marker (CD31) from five different areas of the gel (Mammoto et al., 2016b; Mammoto T. et al., 2018; Mammoto T. et al., 2019). To evaluate the connection of newly formed blood vessels in the gel to host vasculature, rhodamine-labeled concanavalinA (conA) (Vector Laboratories, Burlingame, CA) was intravenously injected to the host mouse (Mammoto et al., 2009). Barrier function of newly formed blood vessels in the gel was examined by measuring leakage of low MW rhodamine-labeled dextran (MW 4000, Sigma) intravenously injected to the host mouse (Mammoto A. et al., 2013). To analyze the lumen formation of the newly formed blood vessels in the gel, a z-stack of optical sections was taken using a confocal microscopy. Intravascular red blood cells carried in the gel implanted on the mouse lung were analyzed in the hematoxylin and eosin (H and E) stained histological sections (Mammoto T. et al., 2019). To track the exosomes in the gel, exosomes were labeled with ExoGlow-Protein EV labeling kit (System Biosciences, Palo Alto, CA) according to the manufacturer’s instruction and mixed in the gel. Fluorescent images were taken on a Nikon A1 confocal imaging system and morphometric analysis was performed using ImageJ software as we reported (Mammoto et al., 2012; Mammoto et al., 2016a; Mammoto et al., 2016b; Mammoto A. et al., 2018; Mammoto T. et al., 2018; Mammoto T. et al., 2019).
Statistical Analysis
All phenotypic analysis was performed by masked observers unaware of the identity of experimental groups. Error bars (SEM) and p values were determined from the results of three or more independent experiments. Student’s t-test was used for statistical significance for two groups. For more than two groups, one-way ANOVA with a post-hoc analysis using the Bonferroni test was conducted.
RESULTS
Pulmonary Artery Pressure Increases After Pneumonectomy
Consistent with others’ report using dogs (Dane et al., 2013; Dane et al., 2016), when we measured the proximal PA pressure by PA cannulation under thoracotomy in mice (Mammoto T. et al., 2018), right PA pressure increased by 1.8-fold following left PNX (Figure 1A), in which lung size (not shown) (Mammoto et al., 2016a) and the ratio of the weight of right lobes to mouse body weight (BW) increased by 1.3-fold (Figure 1B) (Mammoto et al., 2016a; Mammoto T. et al., 2019). The levels of BrdU-positive CD31+ VE-cadherin+ CD45− ECs and EpCAM+ epithelial cells measured by FACS were also 16.6- and 2.3- times higher in the post-PNX lungs compared to those in the sham-operated mice (Figures 1C,D). We also conducted immunohistochemical analysis of ki67+ ERG+ ECs and ki67+SPB+ alveolar epithelial type 2 (AT2) cells, which differentiate into AT1 cells and contribute to neoalveolarization (Liu et al., 2016; Lechner et al., 2017; Kobayashi et al., 2020), at the proximal and peripheral regions of the lungs and examined where ECs and epithelial cells proliferate in the lungs after PNX. The number of ki67+ proliferative ECs and AT2 cells were significantly higher in the post-PNX mouse lungs (Figure 1E, Supplementary Figure S1A,B). Regarding the region of proliferation, ki67+ proliferative ECs and AT2 cells significantly increased in the peripheral region of the lungs compared to proximal region after PNX (Figure 1E, Supplementary Figure S1A,B).
[image: Figure 1]FIGURE 1 | PA pressure increases after left PNX. (A) Graph showing the mean PA pressure 7 days after PNX in CD1 mice (n = 7, mean ± s.e.m., *p < 0.05). (B) Graph showing the ratio of the weight of right lung lobes (LW) to mouse BW 7 days after left PNX in CD1 mice (n = 7, mean ± s.e.m., *p < 0.05). (C) Representative FACS plots showing BrdU-positive CD31+VE-cadherin+CD45− cells (fraction P4) and EpCAM+ cells (fraction P3) 7 days after left PNX in CD1 mice. (D) Graph showing BrdU-positive CD31+VE-cadherin+CD45− cells and EpCAM+ cells analyzed using FACS 7 days after left PNX in CD1 mice (n = 4, mean ± s.e.m., *p < 0.05). (E) Immunofluorescence (IF) micrographs showing staining of ki67 (magenta), ERG (green) and DAPI (blue) in the proximal or peripheral region of post-PNX or sham-operated mouse lungs. Scale bar, 50 μm. Graph showing the percentage of ki67-positive ERG+ cells in the post-PNX or sham-operated mouse lungs (n = 6, mean ± s.e.m., *p < 0.05).
To identify critical changes in the mechanobiology-related gene expression after PNX, we conducted unbiased RNA sequencing analysis. RNAseq analysis revealed that a total of 17,328 genes were determined to alter between ECs isolated from the post-PNX mouse lungs (7 days) and those from control sham-operated mouse lungs. Differential gene expression analysis revealed that 831 upregulated and 180 downregulated significantly differentially expressed genes met the criteria of a log2 fold change >1 or < -1 and p-adjusted value <0.01 (Supplementary Table S3, Supplementary Figure S2) and generated 345 BP GO Terms categories (Supplementary Table S4). Of these genes, 522 significantly differentially expressed genes (460 upregulated and 62 downregulated) were identified as mechanosensitive genes appeared on a master list comprised of Gene Card and BP GO Term categories relating to ECM, cell-cell junctions, the Hippo pathway, and cellular responses to mechanical forces including shear stress, tension, pressure, and stiffness/elasticity; these mechanosensitive genes appeared in 416 BP GO categories (Supplementary Table S5). IPA network analysis demonstrated that among these 522 mechanosensitive significantly differentially expressed genes, 233 genes (220 upregulated, 13 downregulated; heatmaps of top 20 upregulated and 13 downregulated genes in Supplementary Figure S3A), which produced 371 BP Go Term categories color-coded into groups encompassing development, regeneration, and angiogenesis; ECM/cell adhesion; cell growth, proliferation, and migration; cell cycle, repair, metabolism, senescence, and apoptosis; cellular signaling and protein processing; and inflammatory and immune responses (Supplementary Table S6, the top 25 of BP GO Terms in Figure 2B, the heatmap of the genes in top 25 of BP GO Terms in Supplementary Figure S3B), interact closely with Yap1 (Figure 2A).
[image: Figure 2]FIGURE 2 | Gene expression profiles and networks in ECs isolated from post-PNX mouse lungs. (A) IPA network analysis of three rounds of interactions between the 233 mechanosensitive significantly differentially expressed genes and Yap1. Orange: Development, regeneration, and angiogenesis. Gold: ECM and cell adhesion. Dark green: Cell growth, proliferation, and migration. Blue: Cell cycle, repair, metabolism, senescence, and apoptosis. Pink: Cellular signaling and protein processing. Grey: Inflammatory and immune responses. (B) Top 25 BP GO Terms table derived from the 233 significantly differentially expressed mechanosensitive genes appearing in the IPA network. The color-coding corresponds to the network color key.
Pressurization of Endothelial Cells Stimulates YAP1 and Tie2 Expression and Angiogenic Activity in vitro
To study the effects of pressurization of ECs on angiogenesis, we exposed HPAECs to elevated hydrostatic pressure (30–40 mmHg) using a pressure chamber for 16 h. Since human PA pressure is 15–20 mmHg and PA pressure increases by 1.8–2.0 times in an in vivo mouse PNX model, we pressurized HPAECs with the range of 0–40 mmHg. There was no significant difference in the expression of YAP1 and Tie2 in ECs exposed to 15 mmHg compared to that in nonpressurized ECs (Supplementary Figure S1C), and therefore we used the nonpressurized condition as a control. The mRNA and protein levels of YAP1 and Tie2 were 1.8- and 2.1- times and 1.8- and 2.4-times higher, respectively, in HPAECs under pressure (40 mmHg) compared to those in the nonpressurized condition (Figure 3A,B). Similar trends were observed in HPAECs under 30 mmHg pressure (Figure 3A). YAP1 was also localized in the nucleus 5.6- times more in pressurized HPAECs when analyzed using immunocytochemistry (40 mmHg, Figure 3C). The mRNA expression of YAP1 target genes, CYR61 and ANKRD1 was also 1.4- and 1.3-times higher, respectively, in pressurized HPAECs (Figure 3D). Pressurization also significantly increased the levels of TEAD1, which binds to YAP1 and controls Tie2 expression (Mammoto A. et al., 2018; Mammoto T. et al., 2019) (Figure 3E).
[image: Figure 3]FIGURE 3 | Hydrostatic pressure controls YAP1-TEAD1 signaling in HPAECs. (A) Graph showing YAP1 and Tie2 mRNA levels in HPAECs exposed to pressure (30, 40 mmHg, n = 3-4, mean ± s.e.m., *p < 0.05). (B) Representative immunoblots showing YAP1, Tie2, and β-actin protein levels in HPAECs exposed to hydrostatic pressure (left, 40 mmHg). Graph showing the quantification of immunoblots (right, n = 3, mean ± s.e.m., *p < 0.05). (C) IF micrographs showing nuclear localization of YAP1 in pressurized HPAECs (left, 40 mmHg). Scale bar, 10 μm. Graph showing nuclear localization of YAP1 (right, 40 mmHg, n = 5, mean ± s.e.m., *p < 0.05). (D) Graph showing the mRNA levels of CYR61 and ANKRD1 in HPAECs exposed to pressure (40 mmHg, n = 4, mean ± s.e.m., *p < 0.05). (E) Graph showing TEAD1 and KLF2 mRNA levels in HPAECs exposed to pressure (30, 40 mmHg, n = 4, mean ± s.e.m., *p < 0.05).
Knockdown of YAP1 using siRNA transfection decreased Tie2 mRNA and protein expression by 49 and 82%, respectively in HPAECs under pressure (40 mmHg) compared to those treated with control siRNA that does not inhibit YAP1 expression (Figures 4A,B). Consistently, YAP1S94A mutant construct, which inhibits YAP1 and TEAD1 interaction (Mammoto A. et al., 2018), inhibited the Tie2 expression in HPAECs under pressure (40 mmHg, Figure 4C), suggesting that YAP1-TEAD1 interaction is necessary for Tie2 expression in HPAECs under pressure.
[image: Figure 4]FIGURE 4 | Hydrostatic pressure controls angiogenic activity through YAP1-TEAD1 signaling in HPAECs. (A) Graph showing the mRNA levels of YAP1 and Tie2 in HPAECs treated with YAP1 siRNA or control siRNA and exposed to pressure (40 mmHg, n = 3-4, mean ± s.e.m., *p < 0.05). (B) Representative immunoblots showing YAP1, Tie2, and β-actin protein levels in HPAECs treated with YAP1 siRNA or control siRNA with irrelevant sequences and exposed to hydrostatic pressure (top, 40 mmHg). Graph showing the quantification of immunoblots (bottom, n = 3, mean ± s.e.m., *p < 0.05). (C) Graph showing the mRNA levels of Tie2 in HPAECs treated with YAP1 full length (Full) or YAP1S94A mutant construct and exposed to pressure (40 mmHg, n = 3, mean ± s.e.m., *p < 0.05). (D) Graph showing the percentage of EdU-positive HPAECs treated with YAP1 siRNA or control siRNA and exposed to pressure (40 mmHg, n = 4, mean ± s.e.m., *p < 0.05). (E) Graph showing the migration of HPAECs treated with YAP1 siRNA or control siRNA and exposed to pressure (40 mmHg, n = 3, mean ± s.e.m., *p < 0.05). F) Graph showing the percentage of EdU-positive HPAECs treated with YAP1 Full or YAP1S94A mutant construct and exposed to pressure (40 mmHg, n = 4, mean ± s.e.m., *p < 0.05). (G) Graph showing the migration of HPAECs treated with YAP1 Full or YAP1S94A mutant construct and exposed to pressure (40 mmHg, n = 4, mean ± s.e.m., *p < 0.05). (H) Phase contrast images showing EC sprouting from each bead in HPAECs treated with Ang1 or in combination with YAP1 siRNA, lentivirus (YAP1 Full or YAP1S94A mutant construct), or control siRNA with irrelevant sequences and exposed to pressure (40 mmHg). Scale bar, 20 μm. Graphs showing changes in sprout area in HPAECs treated with Ang1 or in combination with YAP1 siRNA, lentivirus (YAP1 Full or YAP1S94A mutant construct), or control siRNA and exposed to pressure (40 mmHg) (n = 5-6, mean ± s.e.m., *p < 0.05).
Pressurization of HPAECs treated with control siRNA (40 mmHg, 16 h) also significantly stimulated DNA synthesis and migration analyzed by an EdU assay and a transwell migration assay, respectively; EdU-positive ECs and EC migration towards a Tie2 ligand, Ang1 increased by 1.7- times and 1.3-times, respectively, while siRNA-based knockdown of YAP1 inhibited the effects (Figures 4D,E). YAP1S94A mutant construct also inhibited the DNA synthesis and migration under pressure (Figures 4F,G).
To examine whether pressurization of HPAECs controls blood vessel formation through YAP1 signaling in vitro, we performed a three-dimensional (3D) EC sprouting assay, in which microbeads coated with HPAECs were cultured in the fibrin gel for 5 days and sprouting from the beads was quantified (Mammoto et al., 2016a; Mammoto et al., 2016b; Mammoto T. et al., 2019). Consistent with DNA synthesis and migration, pressurization of HPAECs treated with control siRNA (40 mmHg, 16 h) stimulated EC sprouting; sprouting area increased by 1.3-times, while siRNA-based knockdown of YAP1 inhibited the effects (Figure 4H). YAP1S94A mutant construct also inhibited EC sprouting under pressure (Figure 4H). These results suggest that YAP1-TEAD1 signaling mediates the effects of EC pressurization on angiogenic activity.
Exosomes From Pressurized Endothelial Cells Stimulate Angiogenesis in the Fibrin Gel Implanted on the Mouse Lungs
Exosomes promote angiogenesis and stimulate tissue regeneration (Ibrahim et al., 2014; Shanmuganathan et al., 2018). When exosomes were isolated from pre-filtered (0.2 μm) conditioned media of ECs (1 × 106 cells) isolated from post-PNX or sham-operated C57BL6J mouse lungs using total exosome isolation reagent (Gartz et al., 2018; Doyle and Wang, 2019; Gartz et al., 2020), the isolated exosome population was positive for established exosome markers (CD63, Flotillin-1) and negative for the cellular marker GM130 when analyzed using IB (Figure 5A). Nanoparticle tracking analysis (NTA) revealed that isolated EC exosomes were heterogenous in diameter with 90–180 nm (Figure 5B). Transmission electron microscopy (TEM) exhibited the round vesicular looking morphology with approximately 80–120 nm in size (Figure 5C) (Hung and Leonard, 2015; Ludwig et al., 2017; Gartz et al., 2018; Lee et al., 2018; Zhang et al., 2018).
[image: Figure 5]FIGURE 5 | Post-PNX mouse lung EC exosomes stimulate vascular formation in the gel implanted on the mouse lungs. (A) IB analysis of Flotillin-1, CD63, and GM130 in exosomes collected from conditioned media of ECs isolated from post-PNX mouse lungs or sham-operated mouse lungs. (B) Size distribution and particle concentration of isolated exosomes analyzed using NTA. (C) TEM image of exosome morphology. Scale bar: 150 nm. Arrows indicate exosomes. (D) Top 25 Biological Processes GO Term categories by p-value derived from the 152 differentially expressed genes identified in PNX vs sham-operated mouse EC exosome proteomics analysis. (E) Vascular formation in the implanted fibrin gel supplemented with exosomes isolated from conditioned media of post-PNX or sham-operated mouse lung ECs (top). Vascular formation in the implanted fibrin gel supplemented with exosomes isolated from conditioned media of unpressured or pressured Yap1fl/fl-Cdh5(PAC)-CreERT2 or Yap1fl/fl mouse lung ECs (bottom). Scale bar: 50 μm. Dashed lines indicate the interface between implanted fibrin gel and host lung. Graphs showing quantification of vessel density (n = 7, mean ± s.e.m., *p < 0.05).
Proteomics analysis of exosomes isolated from conditioned media of two sham-operated vs three post-PNX (7 days) mouse lung EC replicates identified 228 proteins present in at least one of both the control and PNX sample replicates. A cutoff threshold of greater than or equal to eight Total Spectrum Counts in at least one overall replicate further narrowed the list to 152 proteins of interest (Supplementary Table S2). Consistent with RNAseq results, the top 25 Biological Processes GO Term categories derived from the differentially expressed genes associated with the 152 proteins ranged from extracellular matrix organization, cell adhesion, actin cytoskeleton remodeling to protein localization, stabilization, and folding among other functions (Figure 5D).
To examine the effects of exosomes isolated from post-PNX mouse lung ECs on blood vessel formation, we implanted the fibrin gel containing exosomes on the mouse lungs. First, we tracked exosomes in the gel and examined how exosomes are incorporated into the fibrin gel. When we labeled exosome cargos, mixed labeled exosomes into the gel, and implanted on the mouse lungs, the labeled exosomes were in the gel just after implantation (day 0). Exosomes remained in the gel 3 days after implantation, in which most of the exosomes attached to the surface of the recruited cells and/or were internalized into the cells. The number of exosomes in the gel decreased 7 days after implantation (Supplementary Figure S4A). Recruitment of host mouse ECs and vascular formation were significantly stimulated in the gel containing exosomes isolated from conditioned media of post-PNX (7 days) mouse lung ECs compared to that supplemented with exosomes from sham-operated mouse lung ECs (Figure 5E). To examine the effects of pressure and YAP1, we isolated ECs from Yap1fl/fl-Cdh5(PAC)-CreERT2 or Yap1fl/fl mouse lungs after tamoxifen induction (Mammoto T. et al., 2019), exposed ECs to pressure (40 mmHg), collected exosomes, mixed exosomes into the fibrin gel, and implanted the gel on the mouse lungs (Mammoto et al., 2016b; Mammoto A. et al., 2018; Mammoto T. et al., 2019). Exosomes isolated from conditioned media of pressurized Yap1fl/fl mouse lung ECs promoted recruitment of host mouse ECs and vascular formation in the gel compared to those supplemented with exosomes from unpressurized ECs (Figure 5E). Exosomes from Yap1fl/fl-Cdh5(PAC)-CreERT2 mouse lung ECs inhibited the effects (Figure 5E), suggesting that endothelial YAP1 is necessary for isolated exosomes to induce vascular formation in the gel. It is important to note that the newly formed blood vessels in the gel containing exosomes from pressurized ECs 1) connected to host vasculature; intravenous injection of rhodamine labeled concanavalinA (conA) to the host mouse labeled the newly formed blood vessels in the gel containing exosomes from pressured ECs (Supplementary Figure S4B), 2) had lumens; 3D reconstruction and z-stack of confocal microscopy images reveal that there are lumen structures in the newly formed vasculatures (Supplementary Figure S4C), 3) had sufficient barrier function; low MW rhodamine labeled dextran (MW 4000) intravenously injected to the mouse did not leak out of newly formed blood vessels in the gel (Supplementary Figure S4D), and 4) carried red blood cells; H&E-stained image shows that red blood cells were carried in the gel containing exosomes implanted on the mouse lungs (Supplementary Figure S4E), suggesting that EC-derived exosomes induce functional vascular formation in the gel.
DISCUSSION
In this report, we demonstrate that hydrostatic pressure, which significantly increases after unilateral PNX, stimulates angiogenic activities through endothelial YAP1 signaling. We also found that exosomes isolated from conditioned media of post-PNX lung ECs or pressurized ECs stimulate blood vessel formation in the fibrin gel implanted on the mouse lungs (Supplementary Figure S5). Gene enrichment analysis confirms that mechanosensitive genes altered in post-PNX mouse lung ECs interact with YAP1. Modulation of either the mechanical environment or endothelial YAP1 signaling can pave the way for the development of more efficient strategies for lung regeneration.
Our RNAseq and proteomics results demonstrate that the levels of the genes related to ECM, cell adhesion, organ development and regeneration are significantly altered after PNX (Figure 2B, Figure 5D, Supplementary Table S6). YAP1 is a mechanosensitive gene and mediates post-PNX lung growth (Mammoto T. et al., 2019). In fact, the genes listed in the BP GO terms of mechanosensitive cellular responses interact with YAP1 (Figure 2A). Other Hippo molecules such as AMOT, which mediates shear-induced YAP1 activation in a zebrafish model (Nakajima et al., 2017), WW domain containing transcription regulator 1 (WWTR1, TAZ) and LATS, the activity of which is controlled by actin cytoskeleton (Zhao et al., 2010; Piccolo et al., 2013; Panciera et al., 2017), mammalian STE20-like (MST) 1/2, Merlin and Expanded, which are responsible for membrane and actin cytoskeleton association, are known to act upstream of the Hippo pathway (Hamaratoglu et al., 2006) and may also mediate the mechanical force-dependent lung growth after PNX. It has been reported that YAP1 activity is controlled by Wnt signaling and vice versa (Azzolin et al., 2014) and that Wnt co-receptor, LDL receptor related protein5 (LRP5) controls Tie2 expression in ECs and modulates lung development and regeneration (Mammoto et al., 2012; Mammoto T. et al., 2013; Mammoto et al., 2016a). Given that ECM-stiffness controls postnatal lung development through LRP5-Tie2 signaling (Mammoto T. et al., 2013), changes in the mechanical forces after PNX may control YAP1 activity through LRP5 as well. YAP1 also regulates expression of another mechanosensitive transcription factor, Twist1 (Farge, 2003; Zhang et al., 2014), which also controls post-PNX lung growth (Hendee et al., 2021) and may be involved in the mechanism. In fact, Twist1 interacts with YAP1 in the network derived from significantly differentially expressed genes after PNX (Figure 2A).
While endothelial YAP1 mediates post-PNX lung growth and PA-pressure-induced EC proliferation and migration, YAP1 is not significantly differentially expressed in post-PNX lung ECs in our bulk RNAseq data. This may be because; 1) YAP1 is phosphorylated at multiple sites, which controls nuclear translocation of YAP1 and its co-transcriptional activity (Szulzewsky et al., 2021). For example, YAP1S127 phosphorylation sequesters YAP1 to the cytoplasm and suppresses YAP1 gene transcriptional activity (Ota and Sasaki, 2008; Piccolo et al., 2014). In fact, there was significant increase in YAP1 nuclear expression co-stained with ERG in the post-PNX mouse lungs, suggesting that YAP1 activity is significantly increased in ECs after PNX (Supplementary Figure S1D). This is consistent with the in vitro results using cells under pressure (Figure 3C). In addition, 2) it has been reported that there is a vast heterogeneity of EC populations in the lung (Gillich et al., 2020). 3) The levels of mechanical forces altered following PNX may also be different at different portions of the lungs; while PA pressure is significantly increased after PNX, the increase will be less at the capillary level and negligible in the veins. On the contrary, changes in other mechanical forces such as stretching forces following PNX are more prominent at the peripheral region of the lungs, where ECs and AT2 cells are proliferating more compared to proximal region (Figure 1E, Supplementary Figure S1A,B). In our immunohistochemical analysis, there were YAP1-negative ERG-positive ECs in the post-PNX lungs, especially in the proximal region (Supplementary Figure S1D). This spatial and EC subpopulation-dependent difference in YAP1 expression and the post-translational modification may explain why Yap1 is not detected as a significantly differentially expressed gene in our RNAseq results, while it mediates pressure-dependent angiogenic factor expression and EC behaviors in vitro. Different EC subpopulations (e.g., PA, capillary, vein) in the lungs may sense different types of mechanical forces in a spatiotemporal manner during post-PNX lung growth. These spatial differences in the different types of mechanical forces altered after PNX may differentially alter YAP1 expression depending on EC subpopulations and regions of the lungs, which cannot be accurately profiled by bulk RNAseq. Future investigation using single cell RNAseq or bulk RNAseq with specific EC subpopulations enriching for pulmonary artery EC markers (Gja5+ Bmx+) (Manning et al., 2021) would further elucidate the mechanism of pressure-induced angiogenesis during post-PNX lung growth.
Increases in flow change shear stress in the lung after PNX. However, although hydrostatic pressure increased TEAD1 and Tie2 expression, it did not change the levels of a major shear stress-induced transcription factor, KLF2 (Figure 3E). The distinct signaling pathways may mediate the mechanism in a cooperative way. Spatiotemporal controls of multiple gene expression lead to the fine vascular and alveolar morphogenesis during lung regeneration. It remains unknown whether TEAD1 directly regulates Tie2 transcription and how the mechanical environment altered after PNX controls the mechanism. Given that Tie2 promoter contains M-CAT-like TEAD1 binding motif, TEAD1 may directly control Tie2 transcription. Further investigation including ChIPseq will uncover the transcriptional mechanism.
Increases of PA pressure after PNX may only be transient and restored at the later stage; however, these transient changes in PA pressure may trigger the mechanosensitive gene expression and activity. Pressure-independent effects, such as indirect paracrine effects, neurohormonal effects or changes in oxygen concentration may change YAP1 activity and also be involved in the mechanism. It has been demonstrated that various types of EC progenitor cells are involved in lung development and regeneration (Ren et al., 2019; Gillich et al., 2020; Niethamer et al., 2020). The response to pressure may be different among the EC populations and the portions of the lungs where specific EC progenitors are localized, as well as during the time course of post-PNX lung growth. Further study using EC lineage tracing will be necessary to elucidate the entire mechanism.
We focus on the effects of PA pressure on endothelial YAP1 expression/activity and angiogenic activities. Other lung cells (e.g., epithelial cells, smooth muscle cells, immune cells) (Stevens et al., 2008) may interact with ECs and contribute to post-PNX lung growth. In fact, both CD31+ VE-Cad+ CD45− ECs and EpCAM+ epithelial cells proliferate after PNX (Figures 1C,D) and YAP1 expresses in alveolar epithelial cells and contributes to lung regeneration (Liu et al., 2016). These other cells may also sense changes in mechanical environment after PNX and secrete angiogenic and other chemical factors, and indirectly control vascular formation after PNX in a spatiotemporal manner. It has been reported that after PNX, 1) AT2 cells, one of the major alveolar epithelial progenitor cells, proliferate (5–7 days after PNX) when analyzed using a BrdU incorporation assay (Liu et al., 2016), which is consistent with the IHC analysis of ki67 staining (Supplementary Figure S1A,B); 2) these AT2 cells differentiate into AT1 cells that are specialized for gas exchange when analyzed using a lineage trancing assay (3–4 weeks after PNX) (Liu et al., 2016; Lechner et al., 2017; Kobayashi et al., 2020); and 3) alveolar number increases in the post PNX mouse lungs (Liu et al., 2016; Mammoto T. et al., 2019; Hendee et al., 2021). These results suggest that neoalveolarization takes place in the post-PNX mouse lungs. Further investigation of the effects of PA pressure on post-PNX alveolar formation would delineate the mechanism of post-PNX regenerative lung growth.
We demonstrate that exosomes collected from post-PNX mouse lung ECs or pressured ECs stimulate vascular formation in the gel implanted on the mouse lungs (Figure 5E). It has been reported that exosomes are also in the mouse circulation (Cavallari et al., 2020; Chen et al., 2021). Consistently, when we collected exosomes from sham vs post-PNX mouse serum and examined the effects on angiogenic activity, the post-PNX mouse serum-derived exosomes stimulated EC sprouting in vitro (Supplementary Figure S4F). Thus, serum-derived exosomes may also contribute to angiogenesis in the post-PNX mouse lungs. Blood vessels induced by EC-derived exosomes seem to be physiological and functional because blood vessels stimulated by pressured EC-derived exosomes have organized lumen structures and sufficient barrier functions with carrying red blood cells in the implanted gel (Supplementary Figure S4B,C,D,E). Thus, exosomes may have potential to be a better strategy for lung regeneration or repair from injury, in which angiogenesis and mechanical forces are involved. Although we focus on the effects of exosomes on angiogenesis in this study, exosomes may also target other cells (e.g., epithelial cells, immune cells, fibroblasts) in the mouse lungs to control post-PNX lung growth. Our proteomics analysis of exosomes reveals that ECM or actin cytoskeleton remodeling proteins are altered after PNX, which may remodel the fibrin gel structures or mechanics, and control blood vessel formation in the gel. Further analysis of exosomes isolated from different time points, different portions of the lungs, or specific EC populations and their effects not only on ECs but also on other types of cells will elucidate the mechanism.
It is known that exosomes have different fates in the cell; exosomes secreted into the extracellular spaces 1) interact with the surface receptors of recipient cells, 2) fuse with the plasma membrane to release their contents into cytosol, or 3) are internalized into the recipient cells. Internalized exosomes are sorted into late endosomes and the exosome contents are released into the nucleus, endoplasmic reticulum or cytosol. Exosomes are also degraded in the lysosomes or exocytosed again to the extracellular space through the recycling endosomes (Gurung et al., 2021). These exosome fates are determined depending on the contents of exosomes and are different among cell populations/conditions, which will change the number/concentration of exosomes in the gel over time. Thus, even if we mixed the gel with the same protein amount of exosomes, the concentration would be differentially changed, which leads to the changes in vascular morphogenesis in the gel. Further time course investigation of exosome fates, trafficking, and components in different cell types recruited into the gel would uncover the mechanism.
In summary, we have demonstrated that changes in the mechanical environment after PNX such as increased PA pressure control endothelial YAP1 expression and angiogenic activities. Modulation of mechanical environment or endothelial YAP1 signaling may improve the strategies for lung regeneration.
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Supplementary Figure 1 | Cellular proliferation and YAP1 expression in the post-PNX mouse lungs. (A) IF micrographs showing staining of ki67 (magenta), SPB (green) and DAPI (blue) in the proximal or peripheral region of post-PNX or sham-operated mouse lungs. Scale bar, 50 μm. (B) Graph showing the percentage of ki67-positive SPB+ cells in the post-PNX or sham-operated mouse lungs (n = 6, mean ± s.e.m., *p < 0.05). (C) Graph showing YAP1 and Tie2 mRNA levels in HPAECs exposed to pressure (15 mmHg, n = 4, mean ± s.e.m.). (D) IF micrographs showing staining of YAP1 (magenta), ERG (green) and DAPI (blue) in the proximal or peripheral region of post-PNX or sham-operated mouse lungs (top). Scale bar, 50 μm. Graph showing the percentage of YAP1-positive ERG+ cells in the post-PNX or sham-operated mouse lungs (n = 6, mean ± s.e.m., *p < 0.05).
Supplementary Figure 2 | Top 50 genes significantly differentially expressed in post-PNX mouse lung ECs. The list of top 50 genes significantly differentially expressed in ECs isolated from the post-PNX mouse lungs (7 days) compared to those from control sham-operated mouse lungs analyzed by RNAseq. RNAseq results are filtered for genes with a >2-fold change and an adjusted p-value <0.01.
Supplementary Figure 3 | Gene expression heatmaps of ECs isolated from post-PNX mouse lungs. (A) Heatmaps of the top 20 upregulated and 13 downregulated genes of the 233 significantly differentially expressed mechanosensitive-related genes comprising the IPA network. (B) Heatmap of the 46 IPA network genes comprising the top 25 BP GO Term categories listed in Fig. 2B. Genes are color-coded as IPA network. Orange: Development, regeneration, and angiogenesis. Gold: ECM and cell adhesion. Blue: Cell cycle, repair, metabolism, senescence, and apoptosis. Pink: Cellular signaling and protein processing.
Supplementary Figure 4 | Pressurized EC exosomes stimulate vascular formation in the gel implanted on the mouse lungs. (A) IF micrographs showing the implanted gel containing green fluorescence-labeled exosomes from pressured ECs 0, 3 and 7 days after implantation. Scale bar: 50 μm. (B) IF micrograph showing CD31+ blood vessels (green) labeled with intravenously injected rhodamine-labeled conA (magenta) in the gel containing exosomes from pressured ECs. Scale bar: 50 μm. Dashed line indicates the interface between implanted fibrin gel and host lung. (C) 3D reconstructed IF image of vascular formation in the implanted fibrin gel supplemented with exosomes from pressured ECs (top). Z-stack image of vascular lumen formation in the implanted fibrin gel supplemented with exosomes from pressured ECs (bottom). Scale bar: 20 μm. (D) IF micrograph showing CD31+ blood vessels (green) and intravenously injected low MW rhodamine-labeled dextran leakage (magenta) in the gel containing exosomes from pressured ECs. Scale bar: 50 μm. Dashed line indicates the interface between implanted fibrin gel and host lung. (E) H&E-stained micrographs showing the gel containing exosomes from pressured ECs implanted on the mouse lung that contains red blood cells. Scale bar: 100 μm. Dashed line indicates the interface between implanted fibrin gel and host lung. Arrows in the higher magnification image (right) indicate red blood cells. (F) Phase contrast images showing EC sprouting from bead covered with HPAECs treated with exosomes from post-PNX or sham-operated mouse serum. Scale bar, 20 μm. Graph showing changes in sprout area in HPAECs treated with exosomes from post-PNX or sham-operated mouse serum (n = 6, mean ± s.e.m., *p < 0.05).
Supplementary Figure 5 | Schematic illustration of the effects of post-PNX increases in PA pressure on angiogenesis in the lungs. PA pressure increases after PNX. Hydrostatic pressure upregulates the expression of YAP1 and Tie2, and induces EC DNA synthesis, migration, and sprouting in vitro. Exosomes from post-PNX mouse lung ECs or pressurized ECs stimulate angiogenesis through YAP1 signaling.
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Stem cells and progenitor cells have been identified as potential new therapeutic options for severe limb ischemia to induce angiogenesis, and hyaluronic acid (HA) is commonly applied as a biomaterial in tissue engineering. However, the efficiency of HA combined with human umbilical cord blood-derived endothelial colony forming cells (ECFCs) and human umbilical-derived mesenchymal stem cells (MSCs) on angiogenesis is unclear. In the present study, we showed that HA promoted angiogenesis induced by MSCs-ECFCs in Matrigel plugs and promoted blood perfusion of murine ischemic muscles. Laser confocal microscopy revealed that human-derived cells grew into the host vasculature and formed connections, as shown by mouse-specific CD31+/human-specific CD31+ double staining. In vitro assays revealed that HA supported cell proliferation and migration, enhanced CD44 expression and reduced microRNA (miR)-139-5p expression. Further analysis revealed that miR-139-5p expression was negatively regulated by CD44 in ECFCs. Flow cytometry assays showed that HA increased CD31 positive cells proportion in MSC-ECFC and could be reversed by miR-139-5p mimics transfection. Moreover, the improvement of MSC-ECFC proliferation and migration induced by HA could be blocked by upregulation of miR-139-5p expression. In conclusion, HA facilitates angiogenesis of MSCs-ECFCs, and this positive effect be associated with activation of the CD44/miR-139-5p pathway, providing a promising strategy for improving severe limb ischemia.
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INTRODUCTION
Peripheral arterial disease (PAD) is a progressive disorder characterized by stenosis and/or occlusion of large and medium-sized arteries, most of which occur in the lower extremities. It is estimated that more than 200 million patients suffer from PAD worldwide (Shu and Santulli, 2018). Patients with PAD suffer an increased risk of coronary and cerebrovascular mortality and morbidity (Criqui and Aboyans, 2015), especially those with diabetes (Fadini et al., 2020). PAD progresses to a more severe disease stage without appropriate treatment: critical limb ischemia (CLI). The 5-year survival rate of CLI is less than 50% (Gao et al., 2019). Traditional treatment strategies are aimed at restoring perfusion of the ischemic limb and involve surgical bypass or endovascular interventions. But as 40% of patients miss the chance for surgical revascularization and intervention (Das, 2009), improving therapeutic measures for PAD is necessary.
It has been suggested that quickly restoring blood flow is essential to save organs, and cell therapy may be a promising strategy for PAD (Creager et al., 2012; Frangogiannis, 2018). Endothelial colony forming cells (ECFCs), also termed late outgrowth endothelial precursor cells (EPCs), display high clonogenic potential and can originate de novo blood vessels in vivo. ECFC transplantation has been shown to improve various ischemic disorders, including PAD, and these cells are considered a promising tissue-engineered material (Faris et al., 2020). Further evidence revealed that the regenerative efficacy of ECFCs was enhanced when they were transplanted in combination with mesenchymal stem cells (MSCs), a kind of pluripotent stem cell that can differentiate into perivascular mural cells (Lin et al., 2014; Rossi et al., 2017). In addition to directly participating in vascular construction, MSCs can secrete growth factors, anti-inflammatory factors and cytokines and therefore improve the efficiency and safety of ECFC transplantation (Kang et al., 2017; Souidi et al., 2017). However, the application of cell therapy is challenged by limited engraftment of cells after transplantation; factors such as exposure of the cells to ischemia and inflammation, mechanical washout of cells from the vasculature and leaking of the cell suspension from the targeted injection site contribute to poor cell retention (Robey et al., 2008).
To improve the hostile microenvironment for resident stem cells, we have tried to optimize the administration method of cells. The application of extracellular matrix has attracted attention due to its biodegradable and biocompatible properties. Of note, hyaluronic acid (HA) is one of the most abundant components of the extracellular matrix. Composed of repeating polymeric glucuronic acid and N-acetyl-glucosamine disaccharides, HA is abundantly expressed in several tissues. Currently, HA is commonly applied as a biomaterial in tissue engineering (Bonafè et al., 2014; López-Ruiz et al., 2019). HA-based hydrogel-embedded EPCs promoted angiogenesis in ischemic limbs (Ratliff et al., 2010) and in ischemic myocardium (Gaffey et al., 2015; Gaffey et al., 2019) compared with EPC administration alone. However, the underlying mechanism is unclear. Recently, our team reported that HA combined with ECFCs-MSCs accelerated healing of refractory diabetic foot ulcers (Zhao et al., 2020). However, the efficiency of HA-MSC-ECFC combined therapy on angiogenesis in ischemic disorders is unclear.
As an important ligand of several membrane receptors activating intracellular signaling cascades, HA and its interactions with the transmembrane receptor CD44 play an essential role by modulating cellular growth, development, adhesion, and migration (Gupta et al., 2019). High CD44 expression on ECFCs is a trophic factor in neovasculature (Sakimoto et al., 2017). As one of the major cell surface HA receptors, CD44 has been proven to be tightly correlated with the development of multiple malignances by regulating microRNAs (miRs) (Bourguignon et al., 2010; Bourguignon et al., 2012a; Bourguignon et al., 2012b). In ischemic kidneys, CD44-targeted HA combined with adipose-derived MSCs decreased the expression of miR-21, miR-17-5p and miR-10a, miRs involved in the inhibition of inflammation and apoptosis during renal ischemia (Awadalla et al., 2021). Recently, miR-139-5p was reported to play a vital role in regulating ECFC function (Luo et al., 2020). To date, no evidence exists on the role of CD44/miR-139-5p pathway in tissue regeneration and angiogenesis. We wonder whether HA promotes MSC-ECFC angiogenesis through CD44/miR-139-5p signaling.
Here, we show that HA facilitates angiogenesis of ECFCs combined with MSCs and reveal the underlying mechanism by which the CD44/miR-139-5p pathway participate in this process.
MATERIALS AND METHODS
Cell Isolation and Characterization
The study was approved by the Third Xiangya Hospital Review Board. ECFCs were isolated from human umbilical cord blood samples as described previously (Luo et al., 2020). Briefly, human umbilical cord blood samples (40 ml) were collected in heparinized solution. The mononuclear cell fraction was isolated by density gradient fractionation, resuspended in complete EGM‐2 medium (Lonza, Rockland, ME, United States), and then plated to 6-well tissue culture plates (5 × 107 cells/well) precoated with type 1 rat tail collagen (BD Biosciences, Bedford, MA, United States). The medium was changed daily for a week and then every other day until the first passage. Isolated ECFCs were cultured to passages four to seven for cellular assays.
MSCs were isolated from human umbilical cord as described preciously (Yue et al., 2020). Briefly, collected umbilical cords were rinsed in sterile saline, and digested at 37°C for 4 h in Dulbecco’s modified Eagle’s medium (DMEM; Gibco, United States) containing 0.1% collagenase I (Sigma-Aldrich Co., United States) after cutting into 2–3 mm sections. The resulting cell suspension was filtered, centrifuged and then cultured in complete low-glucose DMEM medium (FBS; Gibco). Nonadherent cells were removed 2 days after seeding. The medium was changed every other day until the first passage. Isolated MSCs were cultured to passages three to six for cellular assays.
In Vivo Matrigel Plug Assays
All animal studies were approved by the Institutional Animal Care Committee of Central South University. Matrigel (500 µL) containing PBS, HA, ECFCs, HA-ECFCs, MSCs, HA-MSCs, ECFCs-MSCs or HA-ECFCs-MSCs was injected subcutaneously into the abdomen of nude mice (n = 3). The total cell number were 5 × 106 cells/gel and the ratio of MSC to ECFC was 3:2. The Matrigel was removed 12 days after transplantation and prepared for paraffin sections (Figure 2A). Post-preparation, the blood vessels were stained with human specific CD31 antibody and examined by microscope (Olympus, Lake Success, NY, United States).
Hindlimb Ischemia Model and Limb Perfusion Ratio Assessment
A severe model of murine hindlimb ischemia was performed as previously described (Luo et al., 2020). After anesthetizing with 1% pentobarbital intraperitoneal injection, the entire right superficial femoral artery and vein (from just below the deep femoral arteries to the popliteal artery and vein) were ligated with 8–0 silk sutures, cut and excised with an electrical coagulator. The overlying skin was closed with 5–0 silk sutures. After surgery, 40 mice were selected and randomly divided into four groups. Mice in group A received intramuscular injection of PBS, group B received intramuscular injection of HA, group C received intramuscular injection of 5 × 106 MSCs-ECFCs (3:2), and mice in group D were injected with mixture of HA and 5 × 106 MSCs-ECFCs (3:2). Ischemic muscles were collected 14 days after transplantation and then prepared for paraffin sections.
A real-time microcirculation imaging analysis was performed using a PeriCam Perfusion Speckle Imager (PSI) based on the laser speckle contrast analysis technology (Perimed Inc., Kings Park, NY, United States). It was used to evaluate the limb perfusion ratio [ischemic limb (right)/normal limb (left)] at days 0, 7, and 14 after ischemia. Ambulatory impairment was scored using the criteria described previously (Zhang et al., 2018). Skin temperature was measured using a digital thermometer.
Histological Assessment and Detection of Vascular Density
After antigen retrieval and endogenous peroxidase blockade, the dewaxed paraffin section of tissue was incubated overnight with anti-CD31 mouse monoclonal antibody (1:100, Servicebio, Wuhan, China) or anti-CD31 human polyclonal antibody (1:200, Servicebio, Wuhan, China) at 4°C, respectively. The slide was washed and incubated with goat anti-mouse secondary antibody (1:300, Servicebio, Wuhan, China) or goat anti-rabbit secondary antibody (1:400, Servicebio, Wuhan, China) at room temperature for 2 h. The slide was then subjected to blockage with biotin and avidin (ABC) solution, color development with 3,3′-diaminobenzidine (DAB) solution, dehydration, and sealing. Under normal optical microscope, three high-power fields (400X) were randomly selected for each slice to count vascular density, and three high-power fields (200X) were randomly selected for each slice to count CD31-stained positive area (brown) and vessel size. CD31-stained positive area represented of proportion of cells stained by CD31 antibody, and vascular size measured the area of vascular, which surrounded by CD31+ cells. CD31+ staining was quantified by ImageJ. Double staining of human specific CD31+ and mouse specific CD31+ cells were detected and photographed under laser confocal microscopy high-power fields (400x). Morphological changes of muscle tissue were observed by hematoxylin staining under normal optical microscope.
Cell Proliferation
CCK-8 assays were performed for evaluation of cell proliferation. Briefly, cells were seeded in 96-well plates at a density of 5 × 103 cells/well (co-cultured MSCs-ECFCs at ratio of 3:2) and incubated at 37°C for 24 h. Equal volume of 0.5 mg/ml or 1.0 mg/ml HA dilution, or PBS was added in the medium subsequently. Then 10 μL of CCK-8 solution (Sangon Biotech, Shanghai, China) was added to each well of the plate. After incubation for 2 h, the absorbance at 450 nm was measured.
In Vitro Scratch Assays
Cell migration was evaluated with an in vitro scratch assay as previously described (Yue et al., 2020). MSCs, ECFCs and MSCs-ECFCs (at ratio of 3:2) were seeded in six-well plates at a density of 2 × 105 cells/well. The cells were cultured at 37°C for approximately 24 h until full confluence, and a straight-line scratch was made with a 10-μL pipette tip. And then fresh serum-free medium was added. The cells were photographed immediately, 6, 12, 18 and 24 h after scratch. The migration of cells to the scratch bed was quantified using ImageJ software.
Cell Transfection
miR-139-5p mimic (miR10000250), miR-139-5p inhibitor (miR20000250), NC mimic, NC inhibitor and CD44 siRNA were synthesized by RiboBio (Guangzhou, China), and CD44 plasmids were purchased from Vigene (Jinan, China). The final concentration of miR-139-5p mimic, miR-139-5p inhibitor, NC mimic, NC inhibitor and CD44 siRNA in the transfection system was 100 nM and the concentration of CD44 plasmid in the transfection system was 1ug/ml. Cells were transfected with Lipofectamine 3000 (Invitrogen, Carlsbad, CA, United States) when the confluence was approximately 70–80%. Cell lysate for qPCR assays was collected 48 h after transfection, and for Western blot assays 72 h after transfection, respectively.
Western Blot Assay
Western blot was performed as previously reported (Luo et al., 2020). Primary antibodies include CD44 (Abcam, Cambridge, United States), VEGF (Cell Signaling Technology, Danvers, MA, United States), PDGF-B (Abcam, Cambridge, United States), Tubulin (Proteintech, Wuhan, China) and GAPDH (Proteintech, Wuhan, China). The immunoblotted proteins were visualized using an ECL Western blotting luminal reagent (Advansta, United States) and quantified using a universal Hood II chemiluminescence detection system (Bio-Rad, United States).
Real-Time Reverse Transcription Polymerase Chain Reaction (qPCR)
The total RNA was isolated with TRIzol reagent (Life technology) and reverse transcription performed using stem-loop RT primer for miRNA with Superior III RT Supermix (Innogene biotech, Beijing, China). PCR was performed with the SYBR Green I Fast qPCR Mix (Tsingke, Beijing, China). The experiments were performed as per the protocols. Real-time PCR was performed using the Roche LightCycler480 II. The expression was quantified relative to the housekeeping gene (glyceraldehyde-3-phosphate dehydrogenase) for mRNA and U6 for miRNA.
Flow Cytometry
MSCs and ECFCs at passages three to five were harvested and plated into 6-well plates (2 × 105/well, at ratio of MSCs: ECFCs = 3:2) with EGM-2 medium. For the transfection group, miR-139-5p mimics or NC mimics was transfected 24 h after cell seeded and cells were cultured in the subsequent 48 h. HA was added 24 h before the flow cytometry assays. Cells were digested with 0.25% trypsin-EDTA (Gibco, United States) and 1 × 106 cells were re-suspended in 100 μL PBS, followed by incubating with 5 μL fluorescein isothiocyanate (FITC)-conjugated anti-human CD31 antibodies (eBioscience, United States) on ice in the dark for 30 min. Cytometric analysis was performed using a flow cytometer (BD FACSAria II3, United States) and the results were analyzed using FlowJo (Tree Star Inc.; Ashland, OR, United States).
Statistical Analysis
Data are expressed as mean ± SD. Two groups were compared by the unpaired Student’s t-test and multiple groups were analyzed by 1-way analysis of variance. When the condition of homogeneity of variance is satisfied, Tukey test was used for pairwise comparison between groups. When the variance is uneven and the pairwise comparison between all groups is concerned, the Game-Howell test was used (SPSS 23.0, NY, United States). p < 0.05 was considered significant.
RESULTS
HA Enhanced the Proliferation and Migration of MSCs and ECFCs
To investigate the effect of HA on MSCs and ECFCs, we initially analyzed the effect of 0.5 mg/ml or 1.0 mg/ml HA on proliferation and migration. Wound scratch assays showed that MSCs or ECFCs treated with HA dilution displayed significantly accelerated migration and achieved confluence within 24 h, while no differences in migration are observed between two HA concentrations (Figures 1A,B,D,E). CCK8 assays showed that HA promoted the proliferation of MSCs (concentration-dependent), but not that of ECFCs (Figures 1C,F).
[image: Figure 1]FIGURE 1 | Effect of HA dilutions on cell viability and migration. Following 24 h of exposure to HA, wound healing assays were performed to assess the migration of ECFCs (A,B), MSCs (D,E) and MSCs-ECFCs (G,H). CCK-8 assays were performed to assess the proliferation of ECFCs (C), MSCs (F), and MSCs-ECFCs (I). (n = 3 independent experiments. Error bars: mean ± SD. *p < 0.05, **p < 0.01, ***p < 0.001).
Then, we tested the effect of HA dilution on cocultured MSCs-ECFCs. Wound scratch assays showed that HA accelerated the cell migration rate; thus, the HA-treated MSC-ECFC mixed cells achieved confluence within 18 h (Figures 1G,H). These results indicated that MSC-ECFC coculture improved migration compared with MSCs or ECFCs cultured alone, and HA exposure further accelerated the migration rate of MSCs-ECFCs. CCK-8 assays (Figure 1I) showed that HA dilution significantly promoted the proliferation of MSCs-ECFCs. No significant difference in mixed cells migration and proliferation are observed between two HA concentrations. Therefore, we used 0.5 mg/ml concentration for subsequent experiments.
HA Promoted MSC-ECFC Induced Angiogenesis
To test the in vivo angiogenesis of HA combined with stem cells, we performed in vivo Matrigel plug assays (Figure 2A). Results showed that implants of HA alone were devoid of vessels, indicating that vehicle alone was unable to form vasculature. Implants of MSC alone could generated vascular, however, there were no significant increased compared with control groups. While ECFC plugs contained a certain number of vascular, MSC-ECFC (3:2) cotransplantation significantly increased vessel numbers compared with MSC or ECFC plugs as previous study demonstrated (Melero-Martin et al., 2008). Moreover, we noticed that HA promoted angiogenesis of MSC, ECFC and MSC-ECFC, respectively. Implants of HA-MSC-ECFC were thoroughly reddish in color, indicating abundant blood flow perfusion. H&E staining showed numerous vessels containing erythrocytes in implants containing MSCs-ECFCs. Moreover, vessels with large diameters appeared in the HA-MSC-ECFC plugs. HA cotransplantation with MSCs-ECFCs resulted in additive effects on the vessel density, vessel size and CD31-positive areas (Figures 2B–F). These results demonstrated that in vivo angiogenesis induced by MSC-ECFC dual cells is stronger than mono-cell, and HA coadministration further increased the MSC-ECFC-induced vascular network.
[image: Figure 2]FIGURE 2 | HA promotes MSC-ECFC-induced angiogenesis of Matrigel plugs in vivo. (A). The procedure for Matrigel plug in vivo assays. (B–D). Quantitation of vessel number from the H&E-stained paraffin sections and quantitation of the human-specific CD31-positive percentage and vessel size. (E, F) Representative images of macroscope view of explanted Matrigel plugs, H&E staining (magnification ×400) and immunobiological human CD31 staining (magnification ×200) of explanted Matrigel plugs. (n = 3 independent experiments. Scale bar represents 50 μm. Error bars: mean ± SD. *p < 0.05, **p < 0.01, ***p < 0.001).
HA Promoted Angiogenesis of MSCs-ECFCs and Blood Flow Restoration of Ischemic Hindlimb in Mice
Next, we established mouse hindlimb ischemia models to verify that HA could improve the neovascularization of MSCs-ECFCs in vivo. Ischemia was induced in the right hindlimb (Figure 3A). Subsequent perfusion speckle imaging (PSI) verified that the blood flow in the ischemic right hindlimb was lower than that in the control left hindlimb after surgery (Figure 3B). PBS, HA, MSCs-ECFCs or HA-MSCs-ECFCs were injected into the ischemic sites intramuscularly 1 day after surgery. PSI showed that HA injection did not enhance blood flow compared with PBS injection throughout the observation period. Although both MSC-ECFC and HA-MSC-ECFC treatment enhanced blood flow recovery in response to HLI, the HA-MSC-ECFC group displayed a quicker recovery rate than the MSC-ECFC group 7 days after surgery (Figures 3B,H). Consistently, the mice treated with HA-MSCs-ECFCs showed rapid recovery of the ambulatory impairment index and skin temperature (Figures 3F,G).
[image: Figure 3]FIGURE 3 | HA improves MSC-ECFC-induced blood flow recovery of HLI in mice. (A). The process of generating mouse models of hindlimb ischemia. (B). Improvements in blood flow recovery were evaluated using PSI analysis in the ischemic limbs of 8-week-old mice injected with PBS, HA, MSCs-ECFCs or HA-MSCs-ECFCs before surgery and 0-, 7- and 14-days post-surgery. (C,D). Representative fluorescent images of mouse-specific CD31+ tissue (C) and human-specific CD31+ tissue (D) at 14 days after surgery (magnification ×400, arrows indicate vessels) and quantitation of the CD31-positive percentage (I,J), respectively (n = 3 independent experiments. Error bars: mean ± SD. *p < 0.5, **p < 0.1, ***p < 0.001). (E). Representative confocal images of mouse-specific CD31+/human-specific CD31+ double-stained muscles derived from ischemic tissue injected with HA-MSCs-ECFCs (magnification ×400, yellow arrow indicates human-derived endothelial cells). (F). Time course of the skin temperature in the ischemic limbs of the mice. (G). Ambulatory impairment was scored at each time point: plantar/toe flexion to resist gentle tail traction; 1: plantar but not toe flexion; 2: no plantar or toe flexion; and 3: no use of foot. (H). Blood perfusion is presented as the ratio of blood flow in the ischemic limb divided by that in the normal hindlimb. (n = 3 independent experiments. Scale bar represents 50 μm. Error bars: mean ± SD. *p < 0.5, **p < 0.1, ***p < 0.001 vs. the control group, ∮p < 0.5, ∮∮p < 0.01, ∮∮∮p < 0.001 vs. the HA group, #p < 0.5 vs. the MSC-ECFC group).
Neovascularization in ischemic muscles was evaluated by immunofluorescence staining of CD31-positive capillaries. Increased numbers of host vessels in the ischemic muscles of the MSC-ECFC group were observed compared with those in the vehicle group. As expected, the density of host vessels was further increased by HA coadministration (Figures 3C,I). Besides, we noticed that MSC-ECFC injection did not significantly improved human-derived vessels density compared with control groups while HA-MSC-ECFC coadministration did (Figures 3D,J), which indicated that HA improved human-derived cells retention. Mouse-specific CD31+/human-specific CD31+ double staining verified that human-derived cells grew into the host vasculature and formed connections in muscles injected with HA-MSCs-ECFCs (Figure 3E). The increased numbers of CD31+ vessels provide a histological basis for the increased blood flow and tissue viability in the ischemic limb. These results clearly indicated that HA-MSCs-ECFCs contributed to highly effective functional blood vessel formation, leading to improved therapeutic angiogenesis for the treatment of critical limb ischemia.
HA-MSC-ECFC Administration was Associated With CD44/miR-139-5p Signaling in Ischemic Tissue
Previous studies revealed that CD44 could mediate HA-induced inhibition of miR-139-5p in ovarian cancer cells (Zhao et al., 2014). Recently, we reported that miR-139-5p mediates the impaired function of diabetic ECFCs(Luo et al., 2020). Thus, HA may enhance angiogenesis of MSCs-ECFCs through the CD44/miR-139-5p pathway. Next, we explore the mechanism of HA enhancing angiogenesis of MSCs-ECFCs in the ischemic limb. We assessed the expression levels of CD44, miR-139-5p and the downstream angiogenesis-related molecules VEGF and PDGF in ischemic muscles. MSC-ECFC administration significantly decreased the level of miR-139-5p (Figure 4A) while improving the levels of CD44, VEGF and PDGF (Figure 4B) in ischemic muscles compared with control, and HA coadministration further enhanced this effect. These results indicated that HA enhances angiogenesis of MSCs-ECFCs, probably by activating CD44 and repressing the miR-139-5p pathway.
[image: Figure 4]FIGURE 4 | CD44 and miR-139-5p expression in ischemic tissue. (A). Relative miR-139-5p expression and (B) relative CD44, VEGF and PDGF protein expression in the gastrocnemius muscle of the ischemic lower extremity (n = 3 independent experiments. Error bars: mean ± SD. *p < 0.5, *p < 0.01, *p < 0.001).
Downregulation of miR-139-5p Expression was Induced by HA by Activating CD44 and was Involved in HA Promotion of Angiogenesis
To clarify the effect of HA on the expression of miR-139-5p in MSCs and ECFCs, we tested the expression of CD44 and miR-139-5p with or without HA dilution in MSCs, ECFCs and cocultured MSCs-ECFCs, respectively. As shown in Figure 5, the expression of CD44 was increased in different type of cells after exposure to HA (Figures 5A–D). The level of miR-139-5p was significantly decreased in the ECFCs and MSCs-ECFCs treated with HA, while no change of miR-139-5p expression in MSCs alone was observed (Figure 5E). Then, we transfected CD44 plasmids to overexpress CD44 (Supplementary Figures S1A,B) in ECFCs and found that miR-139-5p expression was significantly repressed (Figure 5F). Knockdown of CD44 expression through transfection with small interfering RNAs (siRNAs) in ECFCs (Supplementary Figure S1C) effectively enhanced miR-139-5p expression and abrogated the HA-mediated downregulation of miR-139-5p expression (Figure 5G). These results indicated that CD44 is a negative regulator of miR-139-5p and that HA could decrease miR-139-5p expression through CD44 in ECFCs. Since HA did not regulate miR-139-5p expression in MSCs, we wondered whether it would make affect in the co-culture system. We sorted CD31+ and CD31−cells in MSC-ECFC co-culture mixed cells using flow cytometry, respectively. Results showed that the proportion of CD31+ cells was significantly higher in the HA-treated group (Figure 5H). Moreover, the significantly decreased miR-139-5p expression in the CD31+ group (Figure 5I) explained the reduced overall expression of miR-139-5p in the HA-MSC-ECFC group.
[image: Figure 5]FIGURE 5 | HA inhibits miR-139-5p expression by activating CD44. (A–C). Western blot assays and qPCR assays (D,E) were performed to test CD44 and miR-139-5p expression after HA treatment in MSCs, ECFCs and MSCs-ECFCs, respectively. (F). Relative miR-139-5p expression in ECFCs transfected with CD44 overexpression plasmid. (G). qPCR assays were performed to test the CD44 and miR-139-5p mRNA expression in ECFCs transfected with CD44 siRNA, with or without administration of HA, respectively. (H). Flow cytometry of CD31 sorted from MSC-ECFC co-cultured system, with (red) or without (grey) administration of HA, and quantification of flow cytometry. (I). Relative miR-139-5p expression in the sorted CD31+ cells and CD31−cells, respectively. (n = 3 independent experiments. Error bars: mean ± SD. *p < 0.05, **p < 0.01, ***p < 0.001).
To determine whether miR-139-5p is involved in HA-mediated promotion of MSCs-ECFCs function, we transfected MSCs-ECFCs with miR-139-5p inhibitors and transfected HA-MSCs-ECFCs with miR-139-5p mimics, respectively (Supplementary Figures S1D,E). Results showed that upregulation of miR-139-5p expression dampened the HA-improved MSC-ECFC proliferation and migration; in contrast, downregulation of miR-139-5p expression significantly improved MSC-ECFC proliferation and migration (Figures 6A–C). Furthermore, we found that the proportion of CD31+ cells was significantly reduced in HA-MSC-ECFC transfected with miR-139-5p mimics (Figures 6D,E), which indicated that HA regulate ECFCs viability in the HA-MSC-ECFC co-culture system through miR-139-5p. In conclusion, these results suggested that HA promotes angiogenesis of MSCs-ECFCs at least partly through the CD44/miR-139-5p pathway.
[image: Figure 6]FIGURE 6 | HA promotes MSCs-ECFCs proliferation and migration through miR-139-5p. (A,C). Wound healing assays were performed to assess the migration of MSCs-ECFCs transfected with miR-139-5p mimics and HA-MSCs-ECFCs transfected with miR-139-5p inhibitors, respectively. (B). CCK8 assays were performed to assess the proliferation. (D). Flow cytometry of CD31 sorted from HA-MSC-ECFC transfected with NC mimics (red) or miR-139-5p mimics (grey). (E). Quantification of flow cytometry. (n = 3 independent experiments, Error bars: mean ± SD. *p < 0.05, **p < 0.01, ***p < 0.001).
DISCUSSION
Therapeutic angiogenesis is an emerging approach to reconstruct the damaged vascular network by promoting local angiogenesis and stimulating de novo blood vessel formation. Among these approaches, cell therapy is a promising strategy. ECFCs are a subset of EPCs that arise from circulation. In particular, human cord blood-derived ECFCs have a high proliferative capacity and potently form stable and functioning blood vessels in vivo (Jokubaitis et al., 2008). We and others have proposed that ECFC significantly rescues blood perfusion at 14 days post-injection by vascular incorporation (Schwarz et al., 2012; Luo et al., 2020). Some studies have revealed that combining MSCs at a certain ratio with ECFCs enables the formation of lasting microvascular networks that anastomose with the host vasculature following transplantation in vivo (Melero-Martin et al., 2008) and improves blood flow in ischemic limbs compared with ECFC or MSC administration alone (Creager et al., 2012; Kang et al., 2017). Generally, the interaction between endothelial cells and mural cells (pericytes and vascular smooth muscle) is essential for vascular development and maintenance. ECFCs can differentiate into endothelial cells in ischemic tissues (Critser and Yoder, 2010; O'Neill et al., 2018), while MSCs can differentiate into perivascular cells, which envelop endothelial cells in the vascular structure (Melero-Martin et al., 2008). In addition, MSCs secrete a plethora of proangiogenic factors, such as VEGF-A and FGF2, to induce the proliferation, migration, and tube formation of ECFCs, thereby rescuing local blood perfusion (Lin et al., 2012). Other mechanisms of MSC-synergized ECFCs in angiogenesis include modulated ECFC angiogenic activity via direct contact by priming ECFCs toward a mesenchymal phenotype, which enhances adhesive and tubulogenic properties (Shafiee et al., 2017), potentiates ECFC retention by recruiting host myeloid cells (Kang et al., 2017) and reduces intragraft immune cell infiltration and endothelial HLA-DR expression, thus lowering the risk of ECFC rejection (Souidi et al., 2017). A previous study suggested that mixing MSCs-EPCs at a ratio of 60:40 increased vessel density. The present study demonstrated that MSC-ECFC (3:2) cotransplantation formed more vascular networks in Matrigel plugs than MSC or ECFC transplantation alone.
Concomitant administration of MSCs and ECFCs was safe and had synergistic effects on angiogenesis and tissue regeneration (Shah and Kang, 2018), but the unsatisfactory treatment efficiency due to low engraftment and survival after transplantation was a concern (Karp and Leng Teo, 2009; Moubarik et al., 2011). To improve this situation, researchers have assessed new compounds as injectable and biological vehicles for delivery (Heo et al., 2014; Goto et al., 2016; Ullah et al., 2019). The injection of biomaterials combined with stem cells represents a promising solution to treat ischemic disorders (Prestwich et al., 2012). HA is an extracellular matrix component with good biocompatibility, biodegradability, and nonimmunogenicity and exerts antioxidative, anti-inflammatory, and analgesic effects in vivo. As a physiological component, it is not expected to produce adverse reactions after administration in clinical trials (Bowman et al., 2018). Therefore, HA is currently applied in arthritis therapy, medical cosmetology and tissue engineering (Gupta et al., 2019; López-Ruiz et al., 2019). Zullo et al. recently showed that HA-based hydrogen-coembedded EPCs and MSCs alleviated inflammation and improved cell viability in vivo (Zullo et al., 2015). Our previous work revealed that HA, MSCs and ECFCs could safely synergize to accelerate the healing of refractory diabetic foot ulcers (Zhao et al., 2020). These results indicated that HA-MSC-ECFC treatment may be a promising strategy for clinical use. Here, we used Matrigel plug assays to test in vivo angiogenesis. Clearly, HA enhanced angiogenesis of MSCs, ECFCs and MSCs-ECFCs, as more capillaries and vasculature with large diameters were observed in the HA-MSC-ECFC plugs. Moreover, HA-MSC-ECFC administration in mouse ischemic muscle accelerated blood perfusion and promoted neovascularization in tissues. These results suggested that HA-MSC-ECFC combined therapy may be a promising strategy for ischemic diseases.
Consistent with other research (Liu et al., 2016; Corradetti et al., 2017; Wang et al., 2020), the present work demonstrated that HA promotes MSC proliferation and migration. To the best of our knowledge, no data concerning the influence of HA on ECFCs have been reported. Our study showed that HA promoted the migration of ECFCs without damaging proliferation. Moreover, we found that HA significantly improved the migration and proliferation of cocultured MSCs-ECFCs. To choose the appropriate concentration, we tested 0.5 mg/ml and 1 mg/ml concentration of HA dilution. Both concentration of HA induced a positive effect on cell migration and proliferation. Co-cultured MSCs-ECFCs displayed no significance in proliferation and between two HA concentration groups. Therefore, we used the concentration of 0.5 mg/ml HA in the subsequent study. Mechanistically, HA regulates cell proliferation and migration by targeting specific receptors such as CD44 (Tavianatou et al., 2019; Skandalis et al., 2019). HA was shown to improve MSC survival, proliferation and migration by targeting CD44 (Corradetti et al., 2017). Previous work proved that ECFCs with high CD44 expression were more effective at facilitating regeneration of retinal vasculature than those with lower CD44 expression in an oxygen-induced retinopathy model (Sakimoto et al., 2017). The present study showed that HA promoted CD44 expression in MSCs, ECFCs and cocultured MSCs-ECFCs, respectively, which indicated that HA may improve MSC-ECFC function by targeting CD44.
Interestingly, HA-CD44 interactions regulate tumor progression by activating miRNAs(Bourguignon, 2019). Several studies have demonstrated that CD44 could inhibit miR-139-5p expression in tumor cells (Bao et al., 2011; Zhao et al., 2014). miR-139-5p regulated the biological process of cells by targeting a variety of target genes, such as c-Jun (AP-1), IGF-1R, Notch, CXCR4, etc. Growth factors such as VEGF, PDGF and c-jun are regulated by miR-139-5p in endothelial cells (Zhang et al., 2021). Here, we found that the levels of CD44, VEGF and PDGF were increased, while miR-139-5p expression was decreased in ischemic muscles treated with HA-MSCs-ECFCs compared with that in the MSC-ECFC group. In vitro assays revealed that miR-139-5p expression was downregulated in ECFCs and cocultured MSCs-ECFCs treated with HA dilution. miR-139-5p expression negatively regulated by CD44 in ECFCs showed by the gain- or loss-function experiments. Precious study revealed that conditional medium derived from MSC increased CD31 expression in EPC(Fauza et al., 2018). In the present study, flow cytometry assays showed that CD31 positive cells rose to 60% in MSC-ECFC group, verified that coculture with MSCs improved ECFC viability. Although HA did not improve ECFCs proliferation when monoculture, CD31 positive cells further increase (77.6%) in HA-MSC-ECFC coculture group demonstrated that HA significantly enhanced ECFCs viability in MSC-ECFC co-culture system. These results suggest that all three ingredients were important and indispensable in the HA-MSC-ECFC system. Besides, we found that enhanced proportion CD31+ cell in HA-MSC-ECFC co-cultured system could be reversed by upregulation of miR-139-5p. We considered that HA improved ECFCs viability through miR-139-5p in the HA-MSC-ECFC co-culture system. Generally, MSC could directional differentiated into endothelial cells in the medium supplemented with cytokines (Wang et al., 2018; Zhang et al., 2020) and miRs participate in the process (Arderiu et al., 2019). Decreased miR-139-5p expression in CD31 positive cells induced by HA may regulate target genes expression such as increased expression of VEGF and PDGF, which may further induced endothelial differentiation and proliferation. However, whether the increased CD31 positive proportion may partly due to the MSC endothelial differentiation or downregulation of miR-139-5p reflects differentiation of MSCs leaves us an intriguing question and need further research. On the other hand, we noticed that miR-139-5p expression was increased in CD31 negative cells in the HA-MSC-ECFC coculture system, which could inhibits MSCs proliferation (our unpublish data) and also may be associated with decreased MSC proportion in coculture system. Moreover, we found that upregulation of miR-139-5p expression could dampen HA-improved MSCs-ECFCs proliferation and migration, while downregulation of miR-139-5p expression improved MSCs-ECFCs proliferation and migration. These results indicated that HA promoted MSC-ECFC angiogenesis through the CD44/miR-139-5p pathway.
In summary, the present study demonstrates that HA facilitates angiogenesis of MSCs-ECFCs, revealing new mechanistic insights into the CD44/miR-139-5p signaling pathways involved, and provides novel and practical treatment approaches for vascular diseases.
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Stem cell–derived kidney organoids have been shown to self-organize from induced pluripotent stem cells into most important renal structures. However, the structures remain immature in culture and contain endothelial networks with low connectivity and limited organoid invasion. Furthermore, the nephrons lose their phenotype after approximately 25 days. To become applicable for future transplantation, further maturation in vitro is essential. Since kidneys in vivo develop in hypoxia, we studied the modulation of oxygen availability in culture. We hypothesized that introducing long-term culture at physiological hypoxia, rather than the normally applied non-physiological, hyperoxic 21% O2, could initiate angiogenesis, lead to enhanced growth factor expression and improve the endothelial patterning. We therefore cultured the kidney organoids at 7% O2 instead of 21% O2 for up to 25 days and evaluated nephrogenesis, growth factor expression such as VEGF-A and vascularization. Whole mount imaging revealed a homogenous morphology of the endothelial network with enhanced sprouting and interconnectivity when the kidney organoids were cultured in hypoxia. Three-dimensional vessel quantification confirmed that the hypoxic culture led to an increased average vessel length, likely due to the observed upregulation of VEGFA-189 and VEGFA-121, and downregulation of the antiangiogenic protein VEGF-A165b measured in hypoxia. This research indicates the importance of optimization of oxygen availability in organoid systems and the potential of hypoxic culture conditions in improving the vascularization of organoids.
Keywords: kidney organoid, hypoxia, VEGF-A, endothelial cells, vascularization, induced pluripoten stem cells, nephrogenesis, angiogenesis
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INTRODUCTION
Organoid models have become an irreplaceable alternative to two-dimensional cell culture because of their greater cellular and architectural complexity, which is alike native tissue. Induced pluripotent stem cells can be differentiated into kidney organoids that develop nephrons resembling capillary loop–stage nephrons. (Takasato et al., 2016) The large variety of renal cell types they possess, similar to the developing kidney (Schumacher et al., 2021), makes them promising models for regenerative medicine, drug testing and developmental biology (Gupta et al., 2021). However, these organoids have several drawbacks—such as the limited culture duration, loss of nephrogenic potential, immaturity and lack of vasculature (Nishinakamura, 2019; Takasato and Wymeersch, 2020) —perhaps due the lack of an in vivo–like culture environment, which is increasingly being investigated. (Rossi et al., 2018) Moreover, kidney organoids are one of the largest organoid models, growing up to 1.5 mm in thickness. (Takasato et al., 2016) This draws attention to one aspect of a physiological environment, which is the oxygenation of the tissue.
Cell culture in hypoxia, defined as a state where cells no longer have sufficient oxygen available to use oxidative phosphorylation to generate ATP (Nishinakamura, 2019; Takasato and Wymeersch, 2020), has been performed for more than a decade, for example to maintain stem cells (Ma et al., 2009). Hypoxia is also known to act as a morphogen in cell communication of various cell lineages and for certain cell types to partially determine cellular differentiation. (Wörsdörfer and Ergün, 2021) If not optimized to the model system, hypoxia is known to have detrimental effects in cell and tissue culture. Nevertheless, to date, there is little knowledge on the effects of hypoxia in organoid cultures. Briefly, hypoxic culture (5% O2) of intestinal organoids was considered detrimental due to a reduced number of crypts. (Okkelman et al., 2017) In contrast, microwell-cultured kidney organoids cultured for 24 h in hypoxia (1 and 3% O2) showed enhanced functionality measured by secretion of erythropoietin (EPO). (Ding et al., 2020) These results argue that oxygen levels critically affect maturation of organoids, in a model-sensitive manner.
Kidney organoids are cultured, like explanted kidneys (Grobstein, 1956), at an air–liquid interface and therefore are directly exposed to incubator air (21% O2), commonly defined as normoxia. However, it has been previously well described that 21% O2 is non-physiological. (Place et al., 2017) For this reason, and the fact that the physiological environment of the developing kidney is hypoxic, we do consider 21% O2 to be hyperoxic and non-physiological. This is particularly the case for endothelial cells, which largely reside on the organoids’ surface. Hyperoxia is known to negatively impact kidney development in vivo, such as significantly reducing the size of the nephrogenic zone and glomeruli. (Buchholz et al., 2016) In vitro, the detrimental effects of hyperoxic cell and tissue culture are also well established (Li et al., 2004; Jagannathan et al., 2016), such as the formation of reactive oxygen species in endothelial cells (Brueckl et al., 2006). By contrast, there is significant evidence that hypoxia enhances the proliferation of endothelial cells as well as stem cell differentiation towards an endothelial lineage. (Han et al., 2010; Prado-Lopez et al., 2010; Salomon et al., 2013; Bekhite et al., 2014; Yuan et al., 2015; Shang et al., 2019; Podkalicka et al., 2020) Murine metanephric explants showed enhanced endothelial cell proliferation when cultured in hypoxia (3% O2). (Tufro-McReddie et al., 1997; Loughna et al., 1998) Furthermore, the mammalian uterus is hypoxic and fetal organs develop in hypoxic environments. (Fischer and Bavister, 1993; Lee et al., 2001) Therefore, modulating the oxygen concentrations could be a step towards in vivo–like kidney organoid culture with improved vascularization.
In developing kidneys in the hypoxic mammalian uterus (Fischer and Bavister, 1993; Fajersztajn and Veras, 2017), nephrogenesis starts in the avascular nephrogenic zone. (Hemker et al., 2016; Gerosa et al., 2017) Later in the capillary loop stage of nephrogenesis, mainly angiogenesis and to a lesser extent vascularization start to take place. (Nishinakamura, 2019) Only when blood vessels enter the kidney and new vessels are formed, oxygen levels increase to finally reach 4–9.5 kPa (30–71 mmHg) in the adult human cortex and 2 kPa (15 mmHg) in the adult human medulla. (Keeley and Mann, 2019) Due to the invasive nature of the measurements, the oxygen tensions in developing human cortex and medulla have not been determined. Recapitulating this in vivo hypoxic environment in the kidney organoid culture could enable the transcription of genes essential in kidney organogenesis. Below 5% O2, binding of prolyl hydroxylases to cytoplasmic hypoxia-inducible factor alpha (HIFα) is inhibited, leading to reduced or inhibited proteosomal degradation. Consequently, HIFα rapidly accumulates, translocates into the nucleus and its dimerization with HIFβ is initiated. (Hemker et al., 2016) Dimer binding to hypoxia responsive element (HRE) promoters leads to the transcription of a variety of genes. While this process occurs in all tissue types, it is known that various HIF-regulated genes are implicated in angiogenesis and vascularization in kidney organogenesis. In kidney development, nuclear HIF translocation occurs in metanephric mesenchyme and subsequently in podocytes, leading to VEGF-A transcription, which attracts endothelial cells to vascularize the nephrons. (Tufró, 2000; Bernhardt et al., 2006).
Developmentally, kidney organoids, normally cultured at non-physiological hyperoxic 21% O2 (≈160 mmHg), are comparable to kidneys in the first to early second trimester. (Takasato et al., 2015) Since, however, the oxygen concentrations in the developing human kidney are unknown, we hypothesized whether a culture at 7% O2 (≈53 mmHg), comparable to the adult human cortex, would lead to intra-organoid oxygen concentrations more closely resembling developing non-vascularized kidneys in vivo, and initiate angiogenesis in the organoids. After up to 25 days of culture, we analyzed nephrogenesis, the expression of angiogenic markers (particularly VEGF) and endothelialisation to determine whether hypoxic cultures of the organoids improved these characteristics compared to cultures at 21% O2. We found that long-term hypoxic culture enhances endothelial patterning and sprouting and consequently could enhance kidney organoid cultures towards a more in vivo–like model.
MATERIALS AND METHODS
Induced Pluripotent Stem Cell Differentiation and Kidney Organoid Culture
Induced pluripotent stem cells (iPSCs) were differentiated and the organoids were cultured according to the previously published protocol by van den Berg, Ritsma (van den Berg et al., 2018) (Figure 1A). Briefly, the iPSC line LUMC0072iCTRL01 (male fibroblasts reprogrammed using RNA Simplicon reprogramming kit, Millipore) obtained from the hiPSC core facility at the Leiden University Medical Center, were passaged biweekly and maintained in 3 ml of Essential 8 Medium (Thermo Fisher Scientific) supplemented with 1% penicillin–streptomycin in 6-well plates coated with truncated recombinant human vitronectin (Thermo Fisher Scientific). The iPSC line was previously assessed for pluripotency and normal karyotype. (Geuens et al., 2021) For differentiation, 80,000 cells per well were seeded into a six well plate and differentiated according to the published protocol in organoid culture medium composed of STEMdiff APEL2 medium (STEMCELL Technologies), supplemented with 1% antibiotic-antimycotic and 1% protein-free hybridoma medium II (PFHM 2) (Thermo Fisher Scientific) and the respective growth factors and small molecules (8 µM GSK-3 inhibitor CHIR99021 (R&D Systems), 200 ng/ml FGF9 (fibroblast growth factor 9; R&D Systems), and 1 μg/ml heparin (Sigma-Aldrich)). After 7 days of differentiation, the cells were aggregated by centrifugation and spotted on transwell tissue culture plates with 0.4 μm pore polyester membrane inserts (Corning) and cultured at an air–liquid interface. For an additional 5 days, denoted as day 7 + 5, the organoids were cultured in organoid medium containing the growth factors and small molecules. From day 7 + 5 onwards, the organoids were cultured in organoid culture medium either in a hypoxia incubator (37°C, 5% CO2, 7% O2) or in normoxia (37°C, 5% CO2, 21% O2). The medium was refreshed every 2 days. At day 7 + 18 and day 7 + 25, the organoids were assessed.
[image: Figure 1]FIGURE 1 | Kidney organoids cultured in uterine-like hypoxic environment structurally form like their normoxic counterparts without the appearance of a hypoxic core. (A). Schematic representation of the iPSC differentiation and organoid culture. Human iPSCs are differentiated for 7 days, after which aggregates are spotted on the air–liquid interface and cultured as organoids for up to 25 additional days (termed day 7 + 25). (B). Brightfield images display comparable morphologies of the organoids cultured in 7 and 21% O2 at the culture endpoint day 7 + 25. Scale bar: 200 µm. (C). Darkfield images show that the macro-anatomy of the organoids is comparable in both oxygen concentrations. Scale bar: 2 mm. (D). Quantification of the organoid thickness from the darkfield images shows no difference between 21% O2 and 7% O2. (n = 2, N = 3). (E). Oxygen measurement in the bottom part of the organoids towards the transwell filter shows that organoids in 7% oxygen have a comparable oxygen concentration to their normoxic counterparts at day 7 + 25, which is significantly lower compared to the normoxic condition at day 7 + 18. (n = 2, N = 3; **** = p ≤ 0.0001) (F). Organoids (left column) and cryosections of their central core (right column) stained on day 7 + 18 with the hypoxia dye ImageIT Green that produces a fluorescent signal below 5% O2. The organoids display no hypoxic core but the dye stains all nephrons. Scale bar “live”: 1 mm, scale bar “section”: 100 µm.
Darkfield Imaging
The organoids were fixed at day 7 + 18 and day 7 + 25 in 2% (v/v) paraformaldehyde (20 min, 4°C) and were subsequently embedded in 10% gelatin in PBS (phosphate-buffered saline) in a cryomold. Once hardened, the gel was pealed out of the mold and placed on a darkfield imaging stage with circular illumination (Nikon). Images were acquired using a 1 × air objective on a Nikon SMX25 automated stereomicroscope with a customized Nikon darkfield illumination holder.
Cryopreservation and Cryosectioning
After fixing the organoids at day 7 + 18 or day 7 + 25 in 2% (v/v) paraformaldehyde (20 min, 4°C), the organoids were cryoprotected. The organoids were immersed in 15% (w/v) sucrose in 0.1 M phosphate buffer containing 0.1 M dibasic sodium phosphate and 0.01 M monobasic sodium phosphate in MilliQ water (24 h, 4°C, rotating), and subsequently in 30% (w/v) sucrose in 0.1 M phosphate buffer (48 h, 4°C, rotating). After cryoprotection, the organoids were embedded in freezing medium (15% (w/v) sucrose and 7.5% (w/v) gelatin in 1 M phosphate buffer) and hardened on ice. Freezing was performed in an isopentane bath in liquid nitrogen and the blocks were stored at −30°C until cryosectioning at −18°C into 12 µm–thick sections. The sections were stored at −80°C until use.
Oxygen Measurement
The oxygen concentration within the organoids was measured using an optical oxygen microsensor (PM-PSt7, Presens in Regensburg, Germany). The probe was calibrated according to the manufacturer’s instructions. Briefly, the pressure settings were set to the elevation of the lab (997 kPa) and the probe was calibrated in an oxygen-depleted solution (water containing 70 mM sodium sulfite and 500 mM cobalt nitrate) followed by an oxygen-enriched solution (water connected to a room air valve). All solutions were equilibrated to room temperature before calibration and room temperature (20°C) was put as standard in the software. At day 7 + 18 and day 7 + 25, organoids in both normoxia and hypoxia were measured using the calibrated sensor. The sensor was fixed to a micromanipulator and was inserted into the bottom of the organoid, approximately 1 mm in depth, close to the insert membrane of the transwell. The incubator was kept closed to ensure a stable gas concentration and measurements were continued until the signal reached a steady state (taking approximately 30–90 min).
Hypoxia Imaging
Hypoxia was measured in living organoids using the Image-iT Green Hypoxia Reagent (Thermo Fisher Scientific), which produces a green fluorescent signal below 5% O2. The organoid was fully immersed in 5 µM ImageIT Green reagent dissolved in organoid culture medium for 4 h in normoxia. Subsequently, the staining solution was replaced with fresh medium and the organoids were moved to the incubator set to either the 7% O2 or the 21% O2 for 6 h, after which they were fixed for cryosectioning or imaged live. For live imaging, the organoids were imaged using a 10× air objective on an automated Nikon Eclipse Ti-E equipped with a spinning disk with a 70 µm pore size, a Lumencor Spectra X light source and Photometrics Prime 95B sCMOS camera. For cryosectioning, the method in Section 2.3 was applied. The sections were imaged with the same microscope using a 20× air objective and a 40× oil objective. All images were processed using Fiji (Schindelin et al., 2012), in which the rolling ball function was applied in the case of poor signal to noise ratio.
Immunofluorescence
The cryosections were warmed to RT (room temperature) and subsequently incubated in pre-warmed PBS (15 min, 37°C), to remove the sucrose and gelatin. Next, the cryosections were blocked with PBS containing 0.2% (v/v) Tween, 10% (w/v) BSA (bovine serum albumin) and 0.1 M glycine (20 min, RT) and incubated in primary antibodies (Supplementary Table S1) diluted in the dilution buffer of PBS containing 0.2% (v/v) Tween, 1% (w/v) BSA and 0.1 M glycine (overnight, 4°C). After washing in PBS containing 0.2% (v/v) Tween, the slides were incubated with appropriate secondary antibodies (Supplementary Table S1) diluted in the dilution buffer (1 h, RT). Finally, the slides were washed and mounted with Prolong Gold (Thermo Fisher Scientific). After curing for 2 days, imaging was performed on the automated Nikon Eclipse Ti-E microscope using a 20× air and a 40× oil objective. All images were processed using Fiji (Schindelin et al., 2012), in which the rolling ball function was applied in the case of poor signal to noise ratio.
Luminex Assay
The VEGF-A concentration in the culture medium was analyzed using a VEGF-A Human ProcartaPlex Simplex Kit (Cat. no. EPX01A-10277-901, Invitrogen), specific for the detection of VEGF-A165. The medium was collected on days 7 + 7, 7 + 12, 7 + 17, 7 + 21, and 7 + 24 and centrifuged (10 min, 4°C, 239 x g). The supernatant was immediately stored at −80°C. The assay was performed according to the manufacturer’s instructions. In brief, samples were diluted 1:50 in universal assay buffer and 50 µL was added to the wells containing the antibody-coupled beads, along with the standards provided with the assay (30 min, RT, shaking). After an overnight incubation (4°C) and a final incubation (30 min, RT, shaking), detection antibody–biotin reporters were added to each well (30 min, RT, shaking). Next, fluorescent conjugate streptavidin–phycoerythrin was added (30 min, RT, shaking). After a final washing step, the beads were resuspended in 120 μL reading buffer. Fluorescence intensities were measured using a Luminex100 instrument (Bio-Rad) which was calibrated before each use. Data acquisition was done with the Bio-Plex Manager 6.0 software. The data were normalized to the standard curve dilutions delivered with the kit according to manufacturer’s instructions.
Western Blot
After snap freezing in liquid nitrogen, the organoids were resuspended in 70 µL RIPA (radioimmunoprecipitation assay) lysis buffer (Sigma-Aldrich) supplemented with phosphatase inhibitor tablets PhosSTOP (Sigma-Aldrich) and protease inhibitor cOmplete ULTRA Tablets (Sigma-Aldrich). The protein concentrations were determined using a Pierce BCA Protein Assay Kit (Thermo Fisher Scientific) according to the manufacturer’s protocol. Per well, 15 µg of protein was loaded. The migration was performed in migration buffer (Tris [tris(hydroxymethyl)aminomethane]-EDTA (ethylenediaminetetraacetic acid), SDS (sodium dodecyl sulfate), glycine, Bio-Rad) at 120 V. Subsequently, the proteins were transferred onto a nitrocellulose membrane at 350 mA for 90 min in a transfer buffer (Tris-base, glycine, SDS, 20% methanol). After the transfer, the membranes were blocked in blocking buffer [TBS (Tris-buffered saline), 0.1% Tween (v/v), 5% BSA (w/v)] (1 h, RT, shaking). Next, the membranes were incubated with primary antibodies (Table 1) (overnight, 4°C, shaking) in TBS-Tween, 5% BSA (w/v). The membranes were washed in TBS-Tween and incubated with the peroxidase-conjugated secondary antibody (Bio-Rad, Table 1) for 1 h at RT. The membranes were incubated with Clarity Western ECL substrate (Bio-Rad) and were developed using a ChemiDoc (Bio-Rad). The protein bands were quantified by densitometry using ImageJ, normalized to GAPDH. (Schneider et al., 2012).
RNA Isolation and qPCR
Organoids stored in TRIzol at −80°C were thawed and pipetted vigorously to homogenize the samples. Then, 500 µL was transferred to a Phasemaker tube (Thermo Fisher Scientific) after which, 100 µL of chloroform were added, shaken thoroughly and incubated for 5 min at RT. The mixture was centrifuged at 12,000 × g (15 min, 4°C). The aqueous phase was carefully transferred to a new microcentrifuge tube containing 250 µL isopropanol and 1 µL glycogen. After an additional centrifugation step (15 min, 4°C, 12,000 × g) the pellet was washed twice with 200 mM NaOAc in 75% ethanol. The supernatant was discarded, and the pellet was dried at 55°C, resuspended in 25 µL nuclease-free water. CDNA was synthesized using the iScript cDNA synthesis kit (Bio-Rad) and 500 ng/μL of RNA was loaded per sample. Quantitative PCR was carried out with iQ SYBR Green Supermix (Bio-Rad), 5 ng cDNA per reaction, on a CFX96TM Real-Time system (Bio-Rad). Primer sequences (Supplementary Table S2) were verified using total human kidney RNA (Takara Bio). PSMB4 was determined as the most stable housekeeping gene using the method described by Xie, Xiao (Xie et al., 2012), and GAPDH was used as a second housekeeping gene to ensure valid results. The data were normalized to PSMB4 and plotted relative to the expression of the control samples day 7+18 normoxia. Each data point represents one organoid of three distinct iPSC differentiations. The statistics were performed on the log (fold change) and plotted onto the fold change graphs.
Whole Mount Immunofluorescence, Tissue Clearing and Automated Imaging
Whole organoids were fixed in 2% paraformaldehyde (20 min, 4°C) and blocked in PBS containing 10% goat serum, 0.1 M glycine and 0.5% Triton X-100 (overnight, 4°C, shaking). They were incubated in primary antibodies (Supplementary Table S1) diluted in PBS containing 10% goat serum, 0.1 M glycine and 0.06% Triton X-100 (3 days, 4°C, shaking). After two washes in 0.3% Triton X-100 in PBS (2 h, RT, shaking), the organoids were incubated with the appropriate secondary antibodies (Supplementary Table S1) diluted in PBS containing 1% goat serum, 0.1 M glycine and 0.06% Triton X-100 (3 days, 4°C, shaking). After two washes (2 h, RT, shaking), the organoids were cleared using the method of Klingberg, Hasenberg (Klingberg et al., 2017). Briefly, the organoids were dehydrated in a series of 30–100% molecular biology–grade ethanol and submerged in ethyl cinnamate (overnight, RT followed by 1 h, 37°C). Imaging was done immediately after on an automated Nikon Eclipse Ti-E with the 70 µm spinning disk in place. Imaging was automated using a Nikon JOBS tool. Briefly, a 10× air objective was used for automated detection of the organoid, while a 20× air objective with an extra-long working distance was used to image at higher resolution with a z increment size of 5 µm.
Automated Image Processing and Vessel Quantification
Immunofluorescence of VEGF-A on cryo-sections was quantified using FIJI. The FIJI default threshold was applied on the DAPI channel and the Renyi Entropy threshold on the VEGF-A channel. Next, the area of both thresholded signals was measured and the area of VEGF-A was normalized to the area of DAPI signal to correct for different sizes of sections. The results are presented as percent area.
Whole mount images were processed within a processing and quantification JOB specifically made for these samples, integrated in the NIS-Elements AR (Advance Research) (Nikon) software. In summary, background was removed using the clarify AI tool prior to the segmentation of the CD31 signal. The CD31 signal was thresholded by intensity and segmented by measuring the longest medial axis in 3D. Falsely segmented pixels, due to intense background signal, were excluded by circularity and minimal size if needed. The volume of the segmented signal was measured in 3D for the full organoid. The volume of the total organoid was measured by segmenting the organoid based on the strong background. The percentage of vascularization was determined by calculating the CD31+ cell volume as a fraction of the total organoid volume. Furthermore, the segmented CD31 signal was skeletonized to measure the cumulative and average length of all fragments in 3D. Stepwise details on the used JOB can be found in Supplementary Figure S1.
Statistical Analysis
All statistical analyses were performed using GraphPad Prism 9. For all immunofluorescence protein analyses, three organoids (n = 3) each arising from one of three independent organoid cultures (N = 3) were assessed. One organoid (n = 1) arising from one of three (N = 3) independent organoid cultures was quantified in 3D. For the gene expression analysis and Luminex assay, three organoids (n = 3) each arising from one of two independent organoid cultures (N = 3) were analyzed. Two organoids (n = 2), each arising from one of three independent organoid cultures (N = 3) were assessed for the darkfield measurement and oxygen measurement. Individual samples were excluded only for technical failures. For each figure, the exact N and n are reported in the figure caption. A two-way ANOVA was performed for each experiment to assess the contribution of both row (time point) and column (oxygen concentration) factors. All p-values can be found in the Results section. Statistical significance was only concluded for p-values below 0.05.
RESULTS
Macro-Morphology and Oxygen Concentrations in Normoxic and Hypoxic Organoid Culture
To replicate the in vivo hypoxic environment, we cultured kidney organoids in 7% O2 and compared them to their counterparts cultured in 21% O2 (Graphic Abstract). Brightfield analysis revealed no differences in macro morphology, density or size until day 7 + 25 (Graphic Abstract, Supplementary Figure S2). Darkfield imaging was performed to assess the shape and thickness of the organoids (Graphic Abstract). No statistically significant differences in thickness were found comparing organoids cultured in normoxia and hypoxia (p = 0.839; Graphic Abstract).
To quantify the oxygen concentration, we inserted an optical microsensor into the bottom of the organoid (close to the filter). In normoxia, the lowest oxygen concentration we measured was 7.53 ± 1.47% on day 7 + 18, which significantly decreased to 2.15 ± 0.66% by day 7 + 25 (p < 0.0001). This value at day 7 + 25 was not significantly different from the oxygen concentration measured in the organoids cultured in hypoxia on day 7 + 18 (1.28 ± 0.76%; p = 0.439) or day 7 + 25 (1.00 ± 0.21%; p = 0.211) (Graphic Abstract).
To investigate whether the organoids had a hypoxic core, we imaged living organoids and cryosections at the center of the organoids with a hypoxia dye (ImageIT Green) (Graphic Abstract). The cryosections, cut through the center of the organoids, revealed a higher intensity (meaning lower O2) in hypoxia. We saw the dye localized largely to nephron structures and less to the surrounding stroma. We did not see evidence of a hypoxic core in the center of any organoids.
Next, we explored if culture in hypoxia would affect the differentiation and organization of various cell types in the kidney organoids. To assess this, we stained vertically cut cryosections throughout the whole organoids for well-established markers to label the major cell types found in kidney organoids. We found no differences in either the presence of the cell types or their organization into proximal tubules (LTL), distal tubules (ECAD), loop of Henle (SLC12A1) or glomeruli (NPHS1-positive podocytes) (Figures 2A,B).
[image: Figure 2]FIGURE 2 | Kidney organoids cultured at 7 and 21% O2 develop the same cell types. Immunofluorescence staining for (A). podocytes (NPHS1; green), proximal tubules (LTL; red) and distal tubules (ECAD; yellow) and nuclei (DAPI; blue), and (B). interstitial cells (MEIS1/2/3; green), loop of Henle (SLC12A1; yellow) and proximal tubules (LTL; red), showed these different cell types in all conditions. (n = 3, N = 3). Scale bars: 50 µm.
Nephrons Express Varied Levels of Nuclear HIF1α and a Constant Nuclear Expression of HIF2α
Nuclear HIF translocation during kidney development is crucial for nephrogenesis and angiogenesis. We investigated which cells showed responsiveness to hypoxia in terms of nuclear translocation of HIF1α and HIF2α. For this, we performed immunofluorescence staining of HIF1α and HIF2α on vertically cut cryosections throughout the whole kidney organoids at days 7 + 18 and 7 + 25 (Figure 3). Qualitative analysis showed that HIF1α was differentially expressed in hypoxia and normoxia (Figure 3A). At day 7 + 25, particularly the podocytes had more nuclear translocation in both normoxia and hypoxia compared to other cell types. Furthermore, in normoxia, podocytes at the bottom of the organoid, towards the medium interface, expressed nuclear HIF1α, while in hypoxia this was seen in podocytes throughout the whole organoid. In all conditions and time points, interstitial cells and most tubules did not express nuclear HIF1α. HIF2α was expressed in the nuclei of all cells of the kidney organoids at days 7 + 18 and 7 + 25 (Figure 3B). Particularly the interstitial cells had heterogeneous expression. We did not detect differences between organoids cultured in normoxia or hypoxia in terms of HIF2α nuclear translocation.
[image: Figure 3]FIGURE 3 | Kidney organoids cultured in both 7 and 21% O2 show differential nuclear translocation of HIF1a and HIF2a. (A). Immunofluorescence staining for HIF1a (red) and DAPI (blue) shows increased nuclear translocation in podocytes (composite), particularly in 7% O2 at day 7 + 25. Scale bar: 50 µm. (B). HIF2a (red) and DAPI (blue) immunofluorescence staining shows nuclear translocation in most cells within the organoid irrespective of the oxygen concentration or time point. (n = 3, N = 3). Scale bar: 50 µm. Arrowheads indicate the (air-exposed) surface of the organoids.
VEGF-A Protein Expression in Proximal Tubules
VEGF-A is a major angiogenic factor primarily produced in distal tubules, collecting duct and podocytes. (Freeburg et al., 2003) It is regulated by hypoxia by the binding of nuclear, dimerized HIFs to the HRE promotor. We performed immunofluorescence on vertically cut cryosections throughout whole organoids to determine if there was a difference in expression between normoxia- and hypoxia-cultured organoids (Figure 4A), and which cell types expressed VEGF-A (Figure 4B). We found expression on the apical side of some tubular structures, mainly in normoxia and to a lesser extent in hypoxia (Figures 4A,B). VEGF-A was significantly less expressed in hypoxia compared to normoxia at both time points (p = 0.02 at d7+18, p = 0.013 at d7+25), but there was no difference between the two time points (p = 0.362 in normoxia, p = 0.461 in hypoxia) (Figure 4D). The VEGF-A+ tubules in both normoxia and hypoxia co-expressed both SLC12A1 marking the loop of Henle (thick ascending limb) and LTL marking proximal tubules (Figure 4B). We validated this co-expression of SLC12A1, LTL and VEGF-A on adult kidney sections and in scRNA sequencing datasets of organoids (Supplementary Figure S3). Glomerular expression of VEGF-A in the normoxia and hypoxia organoids rarely found. We hypothesized that the lower VEGF-A expression in the proximal tubules in hypoxia could be due to a switch to a more soluble VEGF-A isoform or that the time point of secretion would be different. Therefore, soluble VEGF-A was measured using a Luminex assay validated for the VEGF-A165 isoform in the culture medium on days 7 + 7, 7 + 12, 7 + 17, 7 + 21, 7 + 24 (Figure 4C). There was an increase over time from day 7 + 7 until 7 + 17 for organoids in both hypoxia and normoxia. After day 7 + 17, the soluble VEGF-A decreased until day 7 + 21. There was no significant difference between organoids in normoxia or hypoxia (p = 0.544). The protein expression of the antiangiogenic isoform VEGF-A165b normalized to GAPDH expression was determined by Western blot (Figure 4E, Supplementary Figure S4). VEGF-A165b was significantly upregulated in normoxia from day 7 + 18 to day 7 + 25 (p = 0.003), while there was a significant reduction in hypoxia compared to normoxia at day 7 + 25 (p = 0.001).
[image: Figure 4]FIGURE 4 | Expression of hypoxia-responsive VEGF-A in organoids cultured in 21 and 7% O2. (A). Immunofluorescence for VEGF-A (121, 165, 189 isoforms; yellow), endothelial cells (CD31; green), podocytes (WT1; magenta) and nuclei (DAPI; blue) displays a reduction of VEGF-A in 7% O2 compared to 21% O2 at both day 7 + 18 and day 7 + 25. (n = 3, N = 3). Scale bar: 50 µm. (B). Immunofluorescence shows localization of VEGF-A to the apical side of proximal tubules co-positive for loop of Henle marker (SLC12A1; red). (n = 3, N = 3). Scale bar: 25 µm. (C). VEGF-A165 protein expression measured in the culture medium was differentially expressed over time, but not significantly different in hypoxia compared to normoxia. (n = 3, N = 2). (D). Quantification of immunofluorescence images confirm that VEGF-A was significantly lower expressed in hypoxia compared to normoxia. (n = 3, N = 3) (E). The anti-angiogenic VEGF-A165b isoform was significantly upregulated over time in normoxia and significantly downregulated in hypoxia compared to normoxia at day 7 + 25. (n = 2, N = 3). *= p ≤ 0.02, ** = p < 0.003.
Differential Expression of Angiogenesis-Regulating Genes in Hypoxic Culture
VEGF-A is known to exist in various splice variants with distinct biological functions. VEGF-A165 is the most prominent variant, followed by 189 and 121 in the adult human kidney. (Vempati et al., 2014) We investigated VEGF-A variant expression in the organoids by quantitative polymerase chain reaction (qPCR). VEGF-A189 was significantly higher in hypoxia cultures than in normoxia, with a 1.8 fold-change (FC) at day 7+18 (p = 0.001) and 1.9 fold-change at day 7+25 (p = 0.032) relative to the control samples expression (day 7+18 normoxia) (Figure 5A). VEGF-A165 was significantly upregulated at day 7+18 relative to the control samples (FC = 2.06; p = 0.0014), but there was no significant difference between organoids in normoxia or hypoxia at day 7+25 (Figure 5B). VEGF-A121 was significantly upregulated in hypoxia compared to normoxia at both day 7+18 (FC: 1.49; p = 0.0004) and day 7+25 (FC: 1.617; p = 0.002) (Figure 5C). The ANOVA main effect analysis showed that time did have a limited effect on the observed differences in VEGF-A variant expression (VEGF-A189: p = 0.243; VEGF-A121: p = 0.085; VEGF-A165: p = 0.047) and could largely be attributed to the hypoxic culture (VEGF-A189: p < 0.0001; VEGF-A121: p < 0.0001; VEGF-A165: p = 0.0001).
[image: Figure 5]FIGURE 5 | Hypoxic organoid culture differentially regulates VEGF-A variants. (A). VEGF-189 is significantly upregulated at both time points in the hypoxic culture. (B). VEGF-A165 is significantly upregulated at day 7+18 in the hypoxic culture and (C). VEGF-121 is significantly upregulated at both time points in the hypoxic culture. (D). Angiogenin mRNA is significantly upregulated over time in both the normoxic and hypoxic culture. The data is plotted relative to day 7+18 normoxia (n=3, N=3 with excluded technical failures). *= p ≤ 0.03, ** = p ≤ 0.002, *** = p ≤ 0.0004.
We also determined mRNA expression of ANG, the gene encoding angiogenin, another hypoxia-regulated angiogenic factor, in our kidney organoid culture. ANG mRNA was significantly upregulated over time (p < 0.0001) but with no differences between hypoxia and normoxia cultures (Figure 5D).
Hypoxia-Induced Angiogenesis: Homogenous Micro-vessel Formation and Sprouting
Hypoxia is well known to enhance angiogenesis in both development and pathologies. (Otrock et al., 2007) In both, endothelial cells undergo sprouting to form new blood vessels. In the normoxia culture, endothelial cells largely reside on the surface of the organoids and are therefore directly exposed to the non-physiological oxygen concentrations (Supplementary Figure S5). We investigated the effect of hypoxia on the endothelial patterning by whole mount immunostaining with the endothelial marker CD31. Whole mount imaging and quantification in 3D revealed enhanced micro-vessel formation with more homogenous morphology, enhanced branching and sprouting in organoids cultured in hypoxia compared to normoxia (Figures 6A,C). We observed a reduced intensity of CD31 (not quantified) in hypoxia and normoxia at day 7 + 25 (Figure 6B). However, the endothelial phenotype was maintained, as confirmed by co-expression of CD31 and VE-cadherin in both normoxia- and hypoxia-cultured organoids at day 7 + 25 (Supplementary Figure S6). We set up an automatic 3D segmentation and quantification pipeline and found that hypoxia induced a significant increase in the fraction of endothelial cells of the total organoid volume (40.3 ± 12.50%) compared to normoxia (14.3 ± 2.60%) (p = 0.019; Figure 6E) at day 7 + 18 that was not observed at day 7 + 25 (p = 0.318). Interestingly, the average vessel length was significantly higher in hypoxia compared to normoxia at day 7 + 25 (hypoxia: 170 ± 26 μm; normoxia: 97 ± 11 μm; p = 0.014) (Figure 6D). There was no significant difference at D7+18 (p = 0.068). Three-dimensional segmentation additionally revealed that the endothelial network in organoids cultured in normoxia largely resided in a two-dimensional plane (parallel to the transwell), while in hypoxia culture, the network was mainly interconnected in three dimensions (Supplementary video 1 and 2).
[image: Figure 6]FIGURE 6 | Hypoxic organoid culture promotes interconnected microvasculature formation and sprouting. (A). The endothelial network (CD31; yellow) has a more homogeneous morphology and enhanced interconnectivity and branching in organoids cultured in 7% O2. (B). Z-intensity projected images of whole mount imaged organoids show less intense CD31 staining, likely due to smaller vessel size. (C). Hypoxia-induced sprouting of endothelial vessels at day 7 + 25. (D). Example of 3D segmentation of endothelial network of a day 7 + 18 normoxia organoid. Scale bars: 50 µm (A,C); 600 µm (B,D). Quantification in 3D reveals (E). an increase in the volume fraction of endothelial cells at day 7 + 18 in hypoxia and (F). an increased average vessel length in hypoxia compared to normoxia at D7+25. (n = 1, N = 3). * = p ≤ 0.019.
DISCUSSION
Our aim was to investigate if a lower oxygen concentration applied to the kidney organoid culture that mimics the in vivo hypoxic environment during nephrogenesis could improve angiogenesis and organoid vascularization. The mRNA expression of endothelial markers (CD31, KDR) in the normoxic culture was downregulated over time (Supplementary Figure S7), indicating the need for stimuli to activate angiogenesis. We opted for a long-term hypoxic culture (20 days), because long-term hypoxia (hours to days, depending on the model) enhances the expression of angiogenic cytokines and growth factors such as PDGF and VEGF in comparison to acute hypoxia that is known to activate the release of inflammatory factors. (Michiels et al., 2000; Haddad and Harb, 2005) VEGF-A in particular is known to be crucial for endothelial cell differentiation, proliferation and migration (Abhinand et al., 2016), as well as glomerular capillary formation, podocyte survival and slit diaphragm integrity in autocrine podocyte signaling. (Guan et al., 2006) We therefore included VEGF-A mRNA and protein expression in our investigations.
Kidney organoids developed similarly in normoxic and hypoxic conditions. The hypoxic culture did not impair nephron specification and organization, nor organoid size (Figures 1B,C, Figures 2A,B), indicating that hypoxia did not interfere with normal organoid development. Our measurements of oxygen concentration on the bottom of the organoid culture plate (1.0 ± 0.21% in hypoxia on day 7 + 25) were lower compared to the poorly vascularized medullas in adults (1.9% O2 at atmospheric pressure derived from the measured 15 mmHg). (Keeley and Mann, 2019) We therefore expected our hypoxic culture to more closely resemble avascular, hypoxic kidneys during early development, although in vivo data are still lacking. (Freeburg and Abrahamson, 2003) This similarity indicates that growing organoids at 7% O2 could mimic the in vivo hypoxic environment and help study organoid maturation in a more physiological model.
In addition to oxygen levels, we found a similar transcriptional program activated in the kidney organoids as in the developing human kidney. Specifically, severe hypoxia and consequently HIF stabilization was found to be essential in nephrogenesis (41), with HIF-1α expressed in cortical and medullary collecting duct, nephrogenic zone and glomerular cells. (Bernhardt et al., 2006) While the collecting duct lineage does not exist in the organoids, podocytes deeper within the organoid, showed nuclear HIF-1α expression at day 7 + 18 in normoxia (Figure 3A). According to our measurements, these podocytes would reside in regions close to 7.53 ± 1.47% O2. Likely, only podocytes experiencing less than 5% O2 showed nuclear translocation of HIF-1α. (Hemker et al., 2016) Indeed, even peripheral podocytes of the hypoxia-cultured organoids, where the oxygen concentration was 1.0 ± 0.21% at the bottom of the organoids, showed nuclear HIF-1α translocation (Figure 3A). While certainly not all podocytes responded by nuclear HIF-1α translocation, the hypoxic culture clearly induces nuclear HIF-1α in podocytes throughout the organoids.
Comparable to HIF-1α, nuclear HIF-2α is important to in vivo kidney development, where it is known to be expressed only in interstitial cells and podocytes (13), as shown in week 14 fetal kidneys (33), as well as in developing tubules in newborns (41). In our kidney organoids, HIF-2α expression was not limited to interstitial cells and podocytes, but was expressed in all cell types examined in both hypoxia and normoxia (Figure 3B). There were clear differences in intensity of nuclear HIF-2α in interstitial cells within the organoids in normoxia and hypoxia, while the nephrons equally expressed nuclear HIF-2α. The reason for this observed difference is unclear. Clarification is also needed for why all interstitial cells, even in the most oxygenated condition (day 7 + 18 normoxia), do express nuclear HIF-2α. There is a need for further investigation, since recent findings in mice suggest that chronic HIF-2α expression in stromal progenitors impairs kidney development, in particular nephron formation, tubular maturation, and the differentiation of FOXD1+ stromal cells into smooth muscle, renin, and mesangial cells. (Gerl et al., 2017) This was found to be regulated by the inhibition of PhD2 and PhD3. (Kobayashi et al., 2017) The fact that the organoids do not mature further and mesangial cells and renin cells are thought to be absent in this kidney organoid model (Yousef Yengej et al., 2020), could indicate impaired in vitro differentiation of FOXD1+ progenitor cells. Therefore, future research could investigate the role of HIF-2α nuclear translocation in this context.
In vivo, pericytes derived from FOXD1+ progenitors are known to show HIF-2α nuclear translocation that induces EPO production. However, in our organoids, HIF-2α nuclear translocation did not induce EPO mRNA transcription in either normoxia or hypoxia (Supplementary Figure S8). The fact that EPO was not transcribed in the organoids in normoxia and hypoxia could potentially be due to a fibrotic stromal population found in the organoids (Li et al., 2004; Jagannathan et al., 2016) and subsequent hyper-methylation of the EPO 5’ and HRE, inhibiting HIF2/HIFβ dimer binding, as found in adult fibrotic kidneys (Shih et al., 2018). Future research could clarify mechanistically, if nuclear HIF-2α is actually leading to target gene transcriptions or if this is inhibited, consequently being one reason for limited organoid maturation. (Gerl et al., 2017)
As with HIF-2α expression, we found differences in the expression of VEGF-A in our kidney organoids compared to fetal human developing kidneys. Comparing the normoxic and hypoxic organoid culture, a decrease in VEGF-A protein expression could be seen. VEGF-A, being one of the most important angiogenic factors, is known for its function in nephrogenesis to induce blood vessel formation in glomeruli through branching angiogenesis and consequently to induce maturation of glomerular cells. (Kim et al., 2002) In fetal human developing kidneys, VEGF-A is expressed in the epithelial cells in the s-shaped body and collecting duct. (Tufró, 2000) Later in nephrogenesis, VEGF-A uptake by convoluted tubules has been observed. (Bevan et al., 2008) In the organoids, VEGF-A was localized on the apical side of LTL+ proximal tubules, co-expressing the LoH marker SLC12A1. We rarely detected expression in podocytes, which is needed to initiate the formation of glomerular capillaries. (Eremina and Quaggin, 2004) Consequently, glomeruli containing endothelial cells is a rare event in the organoids. The amount of VEGF-A expression differed between differentiations. However, VEGF-A was reliably less expressed in hypoxia. The location of VEGF-A at the apical side of SCL12A1+ tubules remained the same in hypoxia (Figure 4 A–B, D). We hypothesized that there could be differences in the VEGF-A isoform and transcript variant expression, which could remain hidden by targeting three isoforms with the same antibody as performed in Figures 4A,B. In vivo, podocytes are the main source of VEGF-A and synthesize three VEGF-A isoforms (VEGF-A-121, VEGF-A-165, VEGF-A-189) by alternative mRNA splicing. (Guan et al., 2006)
VEGF-A variants were differentially expressed in the organoids in hypoxia (Figures 5A–C), consistent with previous studies. (Farina et al., 2020) VEGF-A189 was significantly upregulated in organoids cultured in hypoxia, which is associated with microvessel formation (Li et al., 2004; Jagannathan et al., 2016) and enhanced migration of endothelial cells (Dahan et al., 2021). Being positively charged in some domains, encoded for by exons 6a, 6b and 7, VEGF-A189 binds negatively charged extracellular matrix and heparan sulphate proteoglycans on cell surfaces, remaining spatially localized and becomes biologically active upon mobilization by heparinase. (Cébe Suarez et al., 2006; Roodink et al., 2006) This allows the attraction of vessels into hypoxic tissue. Enhanced cell migration is also confirmed in a variety of cell lines cultured at 0.5% O2 and modified to overexpress VEGF-A189. (Salton et al., 2014). In contrast to VEGF-189, VEGF-A121 lacks both exon 6 and 7 and is therefore a readily diffusible, active isoform. Hypoxia-induced pro-angiogenic VEGF-A gene alternative splicing is also known for the VEGF-A121 and VEGF-A165 variants (Farina et al., 2020). Their upregulation in the hypoxic culture could indicate an overall higher availability of the three isoforms throughout the organoid. While we could not prove the localization of these isoforms in the organoids due to unavailability of isoform-specific antibodies, we did find an improved patterning of the endothelial network in hypoxia compared to normoxia. Microvessels were homogenously sprouting (Figures 6A–C) with larger vessel length (Figure 6F) and larger connectivity in 3D (Supplementary video 1 and 2) in hypoxia. In normoxia, there was comparatively less connectivity, hetereogenous vessel morphologies and planar growth.
The VEGF-A165b isoform was downregulated in hypoxia compared to normoxia (Figure 4E). VEGF-A165b is a low efficacy agonist, binding VEGFR2 with a stronger affinity and thereby reducing binding of VEGF-A165, resulting in strongly decreased signal transduction via the VEGFR2 receptor. (Peach et al., 2018; Mamer et al., 2020) VEGF-A165b is upregulated in quiescent vessels and in adult kidneys (Li et al., 2004; Jagannathan et al., 2016), inhibiting endothelial cell migration (Li et al., 2004; Jagannathan et al., 2016), and is downregulated in nephrogenesis during capillary loop formation (Bevan et al., 2008; Stolz and Sims-Lucas, 2015). Downregulation of the VEGF-A165b isoform in hypoxia at day 7 + 25 could indicate increased binding of VEGF-A165 to the VEGFR2 receptor, enhanced signal transduction and consequently the initiation of angiogenesis. Earlier research confirms the phosphorylation of SRSF1 splice factor by hypoxia targeting the exon 8a proximal splice site, leading to the expression of angiogenic VEGF-A isoforms. (Farina et al., 2020) While the increased vessel sprouting observed in the hypoxia-cultured organoids is an indication of angiogenesis (Tahergorabi and Khazaei, 2012) (Figures 6A–C), more research is needed to prove causality with the downregulated VEGF-A165b isoform. Furthermore, to our knowledge, alternative splicing of VEGF-A in non-pathological developmental angiogenesis is insufficiently studied and would be highly valuable in the context of organoid vascularization and maturation. Finally, in vivo glomerular maturation is VEGF-A dose dependent, however, it is only hypothesized that the antiangiogenic isoforms have a dose dependent effect in glomerulogenesis as well. (Bevan et al., 2008).
The results of our study show that modulation of the oxygen concentrations in kidney organoid culture can improve the patterning of endothelial cells and therefore is potentially a relevant factor to integrate in regular organoid culture. Sprouting and interconnected vessels in hypoxia indicated the activation of angiogenesis, which is important for further nephron maturation. Future research is, however, needed to confirm the mechanism by which this enhanced patterning of the endothelial network takes place and to elucidate the roles of the different VEGF-A isoforms. This understanding will help to further enhance the endothelial network in kidney organoids and can potentially be applied to other systems as well. An important challenge in this context will be to understand the batch variations in VEGFA expression and number of endothelial cells in the organoids. Furthermore, we hypothesize that a culture in a hypoxic chamber could be a more controlled environment to study the effects of a hypoxic culture on organoid development. This setup would allow medium changes at the desired hypoxia instead of at ambient oxygen concentrations and would consequently avoid repeated reoxygenation of the organoids. Future research could investigate the effects of hypoxia on nephrons beyond structural development and cell type specific marker expression, such as mitochondrial functionality and cell type specific changes in metabolism. Ideal would be a comparison of the transcriptome of fetal human kidneys with organoids in different oxygen concentrations. Finally, it remains to be determined how VEGF-A expression by podocytes can be increased to allow vascularization and maturation of glomeruli.
CONCLUSION
In conclusion, kidney organoid culture in physiological hypoxia induced the formation of a homogenous and interconnected endothelial network, while maintaining renal cell types and their spatial organization. We found that VEGF-A189, VEGF-A165 and VEGF-A121 mRNA is upregulated in hypoxia. At day 7+25 VEGF-A165 is no longer upregulated. Protein expression analysis of the antiangiogenic VEGF-A165b isoform confirmed significant downregulation in hypoxia at day 7+25, being a potential reason for the enhanced endothelial sprouting. While further vessel maturation, i.e., tube formation and glomerular vascularization, are still unresolved, we believe that culture in physiological hypoxia is an important driving force for organoid vascularization and is translatable to other organoid models in a model-specific manner.
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Vascular-disrupting agents are an interesting class of anticancer compounds because of their combined mode of action in preventing new blood vessel formation and disruption of already existing vasculature in the immediate microenvironment of solid tumors. The validation of vascular disruption properties of these drugs in vitro is rarely addressed due to the lack of proper in vitro angiogenesis models comprising mature and long-lived vascular-like networks. We herein report an indirect coculture model of human umbilical vein endothelial cells (HUVECs) and human dermal fibroblasts (HDFs) to form three-dimensional profuse vascular-like networks. HUVECs embedded and sandwiched in the collagen scaffold were cocultured with HDFs located outside the scaffold. The indirect coculture approach with the vascular endothelial growth factor (VEGF) producing HDFs triggered the formation of progressively maturing lumenized vascular-like networks of endothelial cells within less than 7 days, which have proven to be viably maintained in culture beyond day 21. Molecular weight-dependent Texas red-dextran permeability studies indicated high vascular barrier function of the generated networks. Their longevity allowed us to study the dose-dependent response upon treatment with the three known antiangiogenic and/or vascular disrupting agents brivanib, combretastatin A4 phosphate (CA4P), and 6´-sialylgalactose (SG) via semi-quantitative brightfield and qualitative confocal laser scanning microscopic (CLSM) image analysis. Compared to the reported data on in vivo efficacy of these drugs in terms of antiangiogenic and vascular disrupting effects, we observed similar trends with our 3D model, which are not reflected in conventional in vitro angiogenesis assays. High-vascular disruption under continuous treatment of the matured vascular-like network was observed at concentrations ≥3.5 ng·ml−1 for CA4P and ≥300 nM for brivanib. In contrast, SG failed to induce any significant vascular disruption in vitro. This advanced model of a 3D vascular-like network allows for testing single and combinational antiangiogenic and vascular disrupting effects with optimized dosing and may thus bridge the gap between the in vitro and in vivo experiments in validating hits from high-throughput screening. Moreover, the physiological 3D environment mimicking in vitro assay is not only highly relevant to in vivo studies linked to cancer but also to the field of tissue regeneration.
Keywords: vascular disruption, antiangiogenesis, sandwich assay, lumen, in vitro drug testing
INTRODUCTION
Angiogenesis is the process of new capillary formation out of an existing vasculature by endothelial cells (ECs) in living tissues (Adams and Alitalo, 2007). It is mainly triggered by growth factors that facilitate differentiation and restructuring of polarized endothelial cells in a timed cascade of signaling events to produce a vascular network made of hollow and lumenized capillaries (Carmeliet, 2005). Using these networks, oxygen as well as nutrient transport and supply of the surrounding tissue is ensured. Therefore, solid tumors often exploit angiogenesis from the healthy periphery to cope with their high growth rate-related, excessive supply demands (Bergers and Benjamin, 2003; De Palma et al., 2017). Specially the treatment of late-stage invasive tumors benefits from targeted disruption and degeneration of already established vascular tumor networks compared to conventional antiangiogenic treatment. Classical antiangiogenic compounds target angiogenic signaling pathways such as the vascular endothelial growth factor (VEGF) pathway by either blocking the secreted VEGF or its receptors on the cell surface. Often antiangiogenic, small molecule drugs also alter the existing vasculature and thus exhibit multiple modes of action. Brivanib and its prodrug brivanib alaninate belong to the group of classical antiangiogenic drugs with multiple targets. As an investigational phase III drug, brivanib exhibits antiangiogenic effects in vitro and in vivo (Siu et al., 2013). Predominantly, tyrosine kinases are inhibited by brivanib blocking VEGF and fibroblast growth factor (FGF) family receptors with IC50 values in the nanomolar range (Huynh et al., 2008; Chou and Finn, 2012). In contrast, small-molecule vascular disrupting agents (VDAs) discriminate mature and healthy networks from tumorous capillary networks via distinct differences in EC proliferation and permeability (Smolarczyk et al., 2021). Flavonoids such as 5,6-dimethyl-9-oxo-9H-xanthene-4-acetic acid (DMXAA) as potent cytokine inducers or tubulin-binding agents such as combretastatin A4 with its water-soluble prodrug combretastatin A4 disodium phosphate (CA4P) are prominent representatives of VDAs (Hinnen and Eskens, 2007; Porcù et al., 2014). Both drug types increase the permeability of the tumor vasculature resulting in blood leakage, uncontrolled blood coagulation, rapid shutdown of the tumor core from blood supply, and subsequent tumor tissue necrosis (Nagaiah and Remick, 2010; Drzyzga et al., 2021; LINCS, 2022; PubChem, 2022). In clinical trials, a variety of carcinomas have indeed been effectively treated with such antiangiogenic drugs and/or VDAs. However, cancerous cells in the carcinoma rim often survive the VDA treatment and quickly repopulate the tumor. Therefore, simultaneous application of vascular-targeting agents with conventional cytotoxic anticancer therapeutics or sequential combination with radiotherapy to curb tumor proliferation is encountered a promising strategy in the treatment of solid tumors (Siemann and Horsman, 2009; Drzyzga et al., 2021). Current challenges of VDAs in single and combination therapies are adverse effects such as cardiovascular toxicity observed in preclinical and clinical studies, which manifests as cardiac ischemia, hypertension, or atrial fibrillation and requires the establishment of meticulous clinical management protocols (Gill et al., 2019).
When addressing pharmacokinetics, drug metabolism and therapeutic drug effects, in vivo animal studies are currently irreplaceable. Yet, advanced in vitro models that closely mimic the native vascular network are powerful tools according to the 3R (replace, reduce, and refine) principles with the potential to reduce the number of animal experiments (Langhans, 2018; Weinhart et al., 2019). This is particularly the case, as more reliable estimates of the therapeutic window for subsequent in vivo experimentation can be deduced from 3D vs. 2D assays through more refined information on dose-dependent drug efficacies and their respective cytotoxicity profiles. Furthermore, in vitro assays generally bear the potential for cost-efficient adaption into a scalable assay platform to screen antiangiogenic compounds in combination with other drugs (Siller et al., 2020; Van Duinen et al., 2020). To our knowledge, there has been no in vitro 3D model described to simultaneously validate the antiangiogenic as well as vascular disrupting properties of drugs. In contrast, a myriad of in vitro models exists for studying de novo angiogenesis processes and to screen antiangiogenic drug properties (Simons et al., 2015). A common method, known as tube formation assay, utilizes the self-assembly potential of ECs grown on the surface of basement membrane extract coatings (DeCicco-Skinner et al., 2014). The formation of chord- or tube-like structures localized in one plane is observed after 2 h with a maximum between 4 and 6 h. These structures resemble vascular networks of early-stage angiogenesis that are short-lived from 24 h to a maximum of 7 days (Kubota et al., 1988) and often lack a proper capillary-like lumen particularly when cultured on laminin-rich matrices (Senger and Davis, 2011). The limited longevity and consequently the inability of such models to mature to complex vascular structures mimicking the (patho)physiology in vivo prevents their use for studying long-term drug effects, for example, under repeated dosing or vascular disruption (Brassard-Jollive et al., 2020).
Profuse vascular 3D networks in vitro are established when culturing ECs in extracellular matrix mimicking gels such as collagen (Koh et al., 2008), fibrin (Nakatsu and Hughes, 2008), or synthetic hydrogels (Liu et al., 2021) with additional proangiogenic supplements such as phorbol 12-myristate 13-acetate, sphingosine-1-phosphate, and/or angiogenic growth factors such as VEGF. Furthermore, the importance of organo-typic coculture conditions for successful in vitro prevascularization has been emphasized (Shafiee et al., 2021). Coculturing ECs with other cells such as mesenchymal stem cells (Uwamori et al., 2017) or human adipose stem cells (hASCs) (Kang et al., 2018; Manikowski et al., 2018; Andrée et al., 2019) within a gel scaffold resulted in the generation of a 3D vascular network that was stable up to day 14.
Though these strategies have demonstrated the importance of the coculture conditions for generating a long-term stable vascular network in vitro, they still hold some bottlenecks toward their application for drug screening studies. A) Coculturing ECs with cells of higher metabolic and proliferative rates can cause competition for nutrition and space, thereby interfering with vascular network formation and the balance of matrix degradation and restructuring; B) owing to the presence of a mixed population of cells along with ECs, identifying the individual response of ECs or their morphological changes during vascularization in response to the other cocultured cells is challenging or requires permanent staining (Hetheridge et al., 2011); C) there is still lack of evidence whether the presence of other cells in the vicinity of ECs would have any effect on the structural integrity of the vascular networks formed (Andrée et al., 2019).
Herein, we report the development of an indirect coculture model of human umbilical vein endothelial cells (HUVECs) and human dermal fibroblasts (HDFs), to generate long-lasting, profuse vascular-like networks, while simultaneously overcoming the aforementioned current limitations. Detailed brightfield and confocal microscopy experiments supported by ELISA assays were performed to study the formation and maturation of the vascular-like structures. We present the expedience of our advanced 3D model by studying drug efficacies toward antiangiogenesis and/or vascular disruption with higher accuracy than the still popular tube forming assay.
MATERIALS AND METHODS
Materials
HUVECs and the VascuLife® VEGF Endothelial Medium Complete Kit including basal medium as well as growth factors and supplements (Lifefactors®: rh FGF-b [5 ng/ml], ascorbic acid [50 µg/ml], hydrocortisone [1 µg/ml], FBS, L-glutamine [10 mM], rh IGF-1 [15 ng/ml], rh EGF [5 ng/ml], rh VEGF [5 ng/ml], and heparin [0.75 U/ml]) were obtained from CellSystems® (Troisdorf, Germany). Rat collagen type I was supplied from R&D Systems (Minneapolis, United States) under the trade name Cultrex® 3D Culture Matrix. Hoechst 33342, calcein-AM, fluorescein diacetate (FDA), dextran, Texas Red™ (10 and 70 kDa), and the human VEGF/ELISA kit were purchased from Thermo Fisher Scientific (Waltham, MA, United States), propidium iodide (PI), Accutase® (400–600 units/ml), and Dulbecco’s phosphate buffered saline without CaCl2 und MgCl2 (DPBS) were from Sigma-Aldrich (St. Louis, MO, United States). Albumin fraction V, sodium hydroxide, and Triton X-100 were from Carl Roth (Karlsruhe, Germany) and fetal bovine serum (FBS) from PAN Biowest (Nuaillé, France). High glucose (4.5 g/L) and low glucose (1 g/L) Dulbecco’s modified Eagle’s medium (HG-DMEM and LG-DMEM; 1 mM pyruvate), penicillin/streptomycin, and trypsin 0.5% (10×, W/ EDTA) were ordered from Life Technologies, Gibco (Darmstadt, Germany) and CELLSTAR® 12-well suspension culture plates as well as T-75 cell culture flasks were obtained from Greiner Bio-One (Kremsmünster, Austria) and Costar® Transwell® 12 mm inserts with a 0.4 µm polyethylene terephthalate (PET) membrane from Corning (New York, NY, United States). The human FGF basic ELISA kit (FGF2) was purchased from Abcam (Cambridge, United Kingdom), monoclonal mouse anti-human CD31 antibody from Agilent Technologies (Santa Clara, CA, United States), Alexa Fluor® 488 goat anti-mouse IgG1 antibody from Thermo Fisher Scientific (Waltham, MA, United States), combretastatin A4 phosphate disodium salt from TCI chemicals (Tokyo, Japan), brivanib from Biomol (Hamburg, Germany), and 6'-sialylgalactose sodium salt from Carbosynth (Berkshire, United Kingdom).
Ethics Statement
HDF isolation from juvenile foreskin subsequent to circumcision (age between 5 and 18 months) and their usage for the studies was following the approval of the Ethics Committee at Charité Universitätsmedizin Berlin, Germany EA1/081/13, after obtaining written informed consent from their parents.
Cell Culture
HUVECs obtained from Cellsystems® in passage 3 (p3) were thawed and cultured at 5,000 cells∙cm−2 in 10 ml Vasculife® Lifefactors® VEGF medium in a T-75 cell culture flask at 37°C in a humidified atmosphere with 5% CO2. For further cultivation and expansion, cells were seeded at 5,000 cells∙cm−2 per flask (T-75) after enzymatic detachment with Accutase (0.6 ml, 400–600 units∙ml−1). Medium exchange was performed every 3 days. For the indirect coculture assay HUVECs in p4-6 were used.
HDFs originating from human foreskin samples were isolated by using a collagenase and dispase protocol as reported previously (Stöbener et al., 2017). Donors were of different ages between 5 and 18 months. Primary fibroblasts were then cultured from p4-7 using HG-DMEM supplemented with 10% FBS at 37°C in a humidified atmosphere with 5% CO2. Detachment was performed with 0.05% trypsin. Fibroblasts in p4-8 were used for experiments.
Indirect Coculture Assay
Fibroblasts were seeded at a density of 12 × 103 cells·cm−2 in a 12-well culture plate (∼3.8 cm2 surface area) in 1.5 ml LG-DMEM (10% FBS) and cultured for 24 h. Tissue culture treated 12 mm Transwell® inserts with a 0.4 µm pore size were used for the culture of HUVECs inside a collagen gel. Prior to the addition of the gel the inserts were incubated with 1× DPBS for 3 min to wet the surface of the PET membrane. Afterward, a total of 160 µl of collagen solution (type 1 collagen of rat tail origin, 2.5 mg·ml−1, details on the preparation can be found in the supporting information (SI)) were added to the inserts (1.1 cm2 surface area) in two iterative steps of 100 and 60 µl, respectively, with a 30 min incubation time in between to avoid meniscus formation within the bottom gel layer. Subsequently, the inserts were incubated for 45 min to ensure complete solidification of the gel. HUVECs were then seeded on top of the collagen gel in 500 µl of Vasculife® Lifefactors® VEGF medium at a density of 60 × 103 cells·cm−2 and were left to adhere overnight. On the following day, the HUVEC culture medium was gently aspirated, and a second layer of collagen solution (160 μl, 2.5 mg·ml−1) was added onto the cells. After 45 min of incubation, the Transwell® inserts were transferred into the wells of the 12-well plate containing a monolayer of fibroblasts with 1.5 ml LG-DMEM (10% FBS). Vasculife® Lifefactors® VEGF medium (500 µl) with a reduced FBS content of 0.5% was added into the Transwell®, and this timepoint is referred to as “day 0”. Media exchange with the respective media in both compartments was conducted every 2–3 days. The samples were imaged using a Zeiss Axiovert 200 brightfield microscope equipped with a Zeiss Axiovert camera and a heated stage at regular intervals. For the control condition of HUVEC culture without fibroblasts, the inserts were immersed in 1.5 ml of LG-DMEM in the wells of the 12-well plate only. For studying the VEGF and/or bFGF dependence of vascular network formation, 500 µl of Vasculife® Lifefactors® Medium void of VEGF and/or bFGF (0.5% (v/v) FBS) were used for culture of HUVECs.
Quantification of Vascular Endothelial Growth Factor and Fibroblast Growth Factor by ELISA
Respective culture supernatants from HDFs and HUVECs were collected before media exchange on day 2, 7, 9, and 14 and were stored at −80°C until further analysis. For ELISA using VEGF Human ELISA Kit (detection limit: 15.6–1,500 pg·ml−1, Invitrogen) and Human FGF basic ELISA Kit (FGF2, detection limit: 15.6–1,000 pg·ml−1, Abcam), the medium samples were diluted, if required, using the dilution buffer provided by the respective kit (maximum of 1:50) to ensure the concentration of the growth factors to be within the optimal detection range. The assay was performed according to the manufacturer’s protocol.
Quantification of Vascular-Like Networks
The images obtained from brightfield microscopy of HUVECs were imported to Image J, and the number of each type of branching points was manually identified using the cell counter tool. Due to the vast z-extension on the networks, all our attempts to use automated image analysis failed. Two fields of view per technical replicate were evaluated, and the average was calculated for n = 3–4. Representative examples of different types of branching points are included in the supplementary material (Supplementary Figure S1). Normalization to achieve the distribution of each type of branching point was carried out using Eq. 1 (where X is the number of branches originating from a branching point, which can be 3, 4, 5, 6, or 7).
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The profuseness of the vascular-like networks was determined using the method described by Gondi et al. (2004): The total number of branches was calculated as the sum of branches weighted by the number of branches arising from each branching node, shown by Eq. 2 (x# indicates branching point type with # representing the number of branches).
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Immunofluorescence Staining
Adapted from the literature (Auler et al., 2017), cells in collagen were fixed with 4% PFA for 2 h before staining. Afterward, the samples were blocked using 5% w/v bovine serum albumin in DPBS for 3 h and subsequently stained with a monoclonal mouse anti-human CD31 primary antibody (1:50) overnight at 4 °C. Following thorough washing with DPBS containing 0.05wt% Tween for 7 h, the primary antibody was detected by incubation with Alexa Fluor® 488 goat anti-mouse IgG1 as a secondary antibody (1:400) overnight. After another washing step using DPBS containing 0.05wt% Tween for 7 h and counterstaining with Hoechst 33342 (1:400), the samples were immersed in mounting medium on custom-made PET slides and imaged via confocal laser scanning microscopy (CLSM) using a Zeiss LSM800 confocal microscope.
Live–Dead Assay and Imaging
To evaluate the viability of cells, a co-staining using FDA (0.46 µM) as a stain for living and PI (16 µM) as a stain for dead cells was conducted. Staining solution (200 µl) (1× DPBS) was added directly onto the collagen scaffolds containing HUVECs and incubated for 8 min at room temperature. Additional Hoechst solution was added to the samples (10 µg·ml−1) to counterstain the nuclei wherever required. Subsequently, the solution was removed and the collagen gels were washed thrice with 1x DPBS. The samples were then placed on PET slides for imaging via CLSM using a Zeiss LSM 800 confocal microscope. Fifty microliter of 1× DPBS were added onto the collagen gels to prevent drying of the gels during imaging.
Calcein-AM and Texas Red-Dextran Staining
Collagen gels with HUVEC networks from indirect coculture after day 21 were treated with 1 mg∙ml−1 of 10 or 70 kDa Texas red-dextran (TD, dissolved in Vasculife® Lifefactors® medium supplemented with 0.5% FBS) for 24 h and subsequently washed twice with PBS. The samples were then incubated with calcein-AM (10 µM in Vasculife® Lifefactors® medium supplemented with 0.5% FBS) for 2–5 min. Afterward, the samples were washed with PBS, transferred onto PET slides, covered with mounting medium, and imaged via CLSM (Zeiss LSM 800 confocal microscope).
Drug Treatment of the Vascular-Like Networks
The indirect coculture models were prepared and directly incubated inside the Transwell® compartment with different concentrations of investigational drug or prodrug molecules (brivanib (LINCS, 2022)), combretastatin A4 phosphate (CA4P (PubChem, 2022)), or a drug under development (6’-silaylgalactose (SG) (Chung et al., 2019)) in 500 µl Vasculife® Lifefactors® medium (0.5% (v/v) FBS) void of VEGF, either starting from day 0 or day 7 of culture. The drug solutions were replaced on every alternate day with the media exchange. As controls, equal volumes of PBS were added to the HUVECs and for brivanib an additional DMSO vehicle control was conducted. For drug treatment starting from day 7, the fibroblasts in the bottom compartment were replaced 1 day before the commencement of drug treatment. Models were observed for up to 14 days starting from the first administration of the respective drug.
Statistical Evaluation
Statistical significance of all data was calculated with the software GraphPad Prism 9.0 (San Diego, CA). The respective number of individual experiments n is stated in the figure caption. Error bars indicate standard deviations (SD) in the graphs unless otherwise stated.
RESULTS AND DISCUSSION
Indirect Coculture for Long-Term Stable Vascular-Like Networks
We redesigned an established 3D angiogenesis assay (Montesano et al., 1983) comprising confluent HUVECs sandwiched between layers of rat tail collagen type I to generate a powerful assay setup for long-term drug testing and validation in vitro. Transferring the conventional sandwich assay into an insert-culture format according to Figure 1A enables the indirect coculture of HUVECs sandwiched in between two gel layers in the insert with confluent HDFs cultured on the outer well compartment. The key to produce a long-lived vascular-like network in vitro in our assay configuration is the indirect coculture with HDFs, which allows potential crosstalk with HUVECs through the membrane of the insert (Figure 1B).
[image: Figure 1]FIGURE 1 | (A) Schematic setup of an indirect coculture angiogenesis assay of HUVECs with HDFs to induce 3D vascular-like network formation; (B) Representative, time-dependent brightfield microscopy images of the forming HUVEC network cultured with and without fibroblasts. Note that slight meniscus formation at the insert wall during collagen gelation results in a darker contrast at the outer regions of the insert during brightfield imaging (scale bar 200 μm, n = 3).
It thus combines the advantages of cell–cell signaling as observed in direct coculture (Montesano et al., 1993; Uwamori et al., 2017; Kang et al., 2018; Manikowski et al., 2018) with the spatial separation of cell types in insert cultures to prevent cellular overgrowth of one cell type. The latter was observed in our initial attempts of a direct coculture of HUVECs and HDFs in a collagen gel (data not shown). During indirect coculture both HUVECs and HDFs were grown in their respective culture media, that is, LG-DMEM supplemented with 10% FBS in the HDF compartment. In the HUVEC compartment VascuLife® VEGF endothelial medium, which is supplemented with recombinant VEGF and basic FGF (bFGF) as important proangiogenic growth factors but with reduced serum concentration (0.5% v/v FBS), was used in order to encourage cellular self-organization over proliferation. The chosen collagen concentration of 2.5 mg·ml−1 did not require further stiffness or supplement adjustment of the gel by, for example, blending with agarose or MatrigelTM as reported by Ichanti et al. (2020) to enable efficient EC migration and vascular network formation.
In the absence of HDFs (Figure 1B), the HUVEC capillary structures in this sandwich assay build up through progressive reorganization of the monolayer within 2 days as described in the literature (Montesano et al., 1983; Nakatsu and Hughes, 2008). However, it starts to regress and disintegrate after day 2 when the culture time is extended. Interestingly, in the presence of fibroblasts, the same trend is initially observed, but latest on day 5–7 a full recovery of the vascular-like structures can be detected via brightfield microscopy (Figure 1B). These recovered structures appear even more defined than the initial ones on day 1. They form multicellular nodes that give rise to new vascular-like branches or extensions and can viably be maintained beyond day 21. The majority of the vascular network-like structures were developed by day 14, after which the density of the tubular network remained nearly constant, opening the possibility for extended drug testing of, for example, antiangiogenic or vascular disrupting agents under multiple dosing.
The beneficial effect of primary, non-tumor-derived fibroblasts in this setup can be attributed to their potential to produce a myriad of proangiogenic growth factors including members of the VEGF family and bFGF, which synergize in the formation and development of lumenized vascular networks in vitro (Newman et al., 2011). To this end, the human VEGF and bFGF content in the HDF and HUVEC compartments was quantified via an enzyme-linked immunosorbent assay (ELISA) in a time-dependent manner. Interestingly, no quantifiable amounts of VEGF or bFGF could be detected in the supernatants of the HUVEC compartment at any time starting on day 2, both in the presence or absence of HDFs. However, under indirect coculture, corresponding measurements with supernatants collected from the outer HDF compartment indeed revealed a significant increase of VEGF from 14 to 600 pg·ml−1 from day 2 to 14 (Figure 2A). In contrast, no quantifiable amounts of VEGF were found in HDF supernatants from cultures without HUVECs in the insert (data not shown), suggesting that the VEGF production depends mainly on the crosstalk between HDFs and HUVECs in indirect coculture. Our efforts to quantify bFGF by ELISA in the indirect coculture setup in the presence and absence of HUVECs yielded no quantifiable amounts in the supernatants of the fibroblast compartments, although we were able to detect the exogenous bFGF supplement in fresh HUVEC medium (data not shown).
[image: Figure 2]FIGURE 2 | (A) Time-dependent quantification of the hVEGF concentration in HDF culture medium via ELISA during indirect coculture of HUVECs and HDFs. Data presented as mean ± SD (n = 4, *p < 0.05 as determined by Friedman ANOVA); (B) brightfield microscopy images of HUVECs grown in indirect coculture on day 14, with and without VEGF and/or bFGF supplementation in the HUVEC medium (scale bar 200 μm, n = 3).
It is well known that unbound growth factors such as VEGF or bFGF are unstable under cell culture conditions with half-lives from 1 to 8 h in the presence of cells (Vempati et al., 2014). At the same time, HUVECs and fibroblasts produce and secrete matrix components such as fibronectin or proteoglycans, which accumulate in the collagen gel and strongly bind and adsorb growth factors. Our results suggest that within 48 h VEGF and bFGF supplemented in the HUVEC culture medium are degraded, consumed, or bound to matrix components in the collagen gel (Griffith et al., 2005). Thus, they might become undetectable in supernatants via ELISA. Accordingly, the measurable HDF-derived VEGF concentration in the outer compartment of the assay might reflect only a fractional amount of the VEGF within the gel.
In addition to the effect of HDFs in coculture, we also investigated the effect of the exogenous growth factor supplements in the HUVEC medium on tubular network formation under indirect coculture conditions with HDFs. Therefore, qualitative network assessment was performed in comparison with structures obtained with VEGF and/or bFGF-deficient HUVEC medium in the coculture setup with HDFs. Representative brightfield images on day 14 of the experiments in the presence of HDFs are shown in Figure 2B. While no notable alterations in the formation of HUVEC networks were observed in the presence and absence of VEGF supplement, a clear drop in the network density was observed in bFGF-deficient medium. In the absence of both VEGF and bFGF supplements in the HUVEC medium no network was observable. Because bFGF as a strong proangiogenic inducer is not produced in quantifiable amounts by HDFs in the coculture assay, its supplementation (5 ng·ml−1) in the HUVEC medium is essential to arrive at a high network density in this assay. In contrast, supplementation of the HUVEC medium with VEGF (5 ng·ml−1) in the presence of HDFs and bFGF supplement is not necessarily required to efficiently generate networks. Notably, the HDF secreted VEGF level quantified in the outer compartment of the indirect coculture assay was eight-fold lower than the exogenous VEGF supplement in the HUVEC medium, but might be much higher within the gel as discussed previously. Nevertheless, the presence of exogenous VEGF does not substitute for HDFs in this assay because no long-lived vascular network formed in the absence of fibroblasts (Figure 1B). Similar observations were made by Newman et al. (2011) with angiogenesis experiments under coculture conditions in fibrin gels. They concluded from their study that a cocktail of proangiogenic factors other than VFGF and bFGF secreted by HDFs is the major trigger of an angiogenic phenotype in endothelial cells, which is consistent with our findings. In the absence of HDFs, exogenous VEGF and bFGF supplementation in HUVEC medium at day 2 appears to be insufficient to further support maturation and stabilization of the generated chord-like structures, leading to their regression and disappearance over time (Figure 1B). However, in the presence of HDFs, the increasingly released HDF-derived VEGF presumably in synergy with other growth factors appears to induce a proangiogenic recovery and further maturation of the tubular network observable latest on day 5–7 in indirect coculture (Figure 1B). Thus, the general VEGF level (5 ng·ml−1) in the supplemented HUVEC cell culture medium alone could only initiate the migration and chord-like assembly of HUVECs observed on day 1–2 (with or without coculture) (Figure 1B) but not the subsequent maturation into a 3D vascular-like network. The latter requires the presence of presumably multiple growth factors secreted by fibroblasts.
Potential diffusion-based VEGF gradients from the media compartments toward the initial 2D cell seeding plane within the gel, rationalize the presence of profuse 3D vascular-like networks with a vertical expansion of up to a maximum of 600 µm (Supplementary Figure S2). The profuse nature of the formed 3D vascular-like networks within the gels does not allow automated image analysis, particularly with brightfield images. Therefore, the number of branching points and the number of branches arising from each node (degree of branching) as a function of time was quantitatively accessed from representative images by manual counting (Gondi et al., 2004). In line with visual inspection, the quantitative analysis of the brightfield microscopy images regarding the number of branching points confirms a strong expansion of the vascular-like HUVEC networks from day 2 to 21 (Figure 3A). Analyzing the distribution of the total number of branches arising from each branching point gave more cues on the maturation of the vascular-like networks. In general, we observe mostly nodes with three to five branches between day 5 and 21, while nodes with six branches or more occur less frequent (Figure 3B). The distribution of branching points stays almost constant over the whole assay period. However, latest from day 7 onward it was not possible to get all formed structures in focus during brightfield imaging indicating that the forming vascular-like networks start to grow vertically out of the seeding plane toward the surrounding (Figure 1B). As a result, a highly mature, complex network is observed on day 21 of the culture after CD31 staining (Supplementary Figure S2B, Figure 3C). In addition to straightforward visualization, the CD31-positive network indicates maintenance of the endothelial cell identity during network formation. Furthermore, the presence of CD31 is an essential prerequisite for endothelial cell junctional integrity and thus barrier function (Privratsky and Newman, 2014) similar to vascular endothelial (VE)-cadherin (Gavard, 2014), which was also detectable along the formed vascular-like structures via immunohistochemistry (Supplementary Figure S3). From confocal microscopy, the network z-dimensions were determined to be ranging from 100 to 300 µm on average with local extrema up to 600 µm (Figure 3D).
[image: Figure 3]FIGURE 3 | (A) Profuseness of the vascular-like network represented as time-dependent total number of branching points per 2 mm2 (mean ± SD, n = 3, *p < 0.05 as determined by Kruskal–Wallis ANOVA with Dunn’s multiple comparison post-hoc test). (B) Time-dependent percentage distribution of different branching points in the vascular network (inset shows the zoomed in data of seven branching points for all the groups (mean ± SD, n = 4)). (C,D) Representative CLSM images (tile stitched) showing the structure of the 3D HUVEC vascular-like network in collagen on day 21 as (C) orthogonal projection (scale bar 100 µm, n = 4) and (D) 3D projection imaged over a z-range of 600 µm after live cell staining with CD31 (1.2 mm2).
Although brightfield microscopy indicated the disintegration of the initially formed vascular-like structures in the absence of HDFs, HUVEC viability was not affected over the time course of the experiment. Confocal microscopy from live–dead staining of the samples, both in the presence and absence of fibroblasts, indicated hardly any PI-positive, dead HUVECs over the time course of the experiment (Figure 4). This is in general agreement with findings of direct coculture angiogenesis assays of endothelial cells with mural cells (Evensen et al., 2009). In the absence of HDFs, HUVECs tended to simply proliferate in the initial cell seeding plane after disintegration of the transient chord-like structures on day 2.
[image: Figure 4]FIGURE 4 | Representative CLSM images from the live–dead assay of HUVECs in collagen gels when cultured with and without fibroblasts (scale bar 100 µm). All images were recorded in a single-confocal plane (day 0, 2, 5, and 7) or within a short z-range of 20 µm (for day 14 and 21). All the images display the merging of Hoechst (blue), FDA (green), and PI (red) channels (n = 2).
In summary, conditions favoring angiogenesis will promote HUVECs to generate capillary networks, whereas confluent cell layers are formed when angiogenesis is discouraged, for example, by a lack of important growth factors. This is in line with the results from previously published literature on direct cocultures of HUVECs with HDFs (Costa-Almeida et al., 2015) or hASCs (Manikowski et al., 2018). However, in our indirect coculture, the induction of capillary-tube formation can be purely assigned to soluble factors from HDFs or molecular crosstalk between HUVECs and the cocultured HDFs, while in direct coculture additional HUVEC-supporting cell–cell contacts or the reorganization of the matrix hydrogels by supporting cells cannot be excluded as mechanistic driving force for tube formation.
Anastomosing and Lumenized Vascular-Like Networks
The presence of an active and healthy vascular network in vivo is accompanied by anastomosis of newly forming vascular sprouts (Chen et al., 2010; Diaz-Santana et al., 2015) with simultaneous lumen formation (Lammert and Axnick, 2012; Charpentier and Conlon, 2014) improving vascular connectivity and nutrient supply. The indirect coculture strategy and the transparency of the collagen gel matrix allowed us to follow all structural changes of HUVECs during angiogenesis and vascular-like network formation by simple brightfield imaging. The day-wise imaging of the samples at the same positions indicated multiple instances of anastomosis, forming new branching points upon longer experimental time periods (Figure 5A).
[image: Figure 5]FIGURE 5 | (A) Representative brightfield microscopy images of the HUVEC vascular-like network showing anastomosis (highlighted areas) of the cellular extensions giving rise to new junctions (scale bar 100 µm); 3D cross section image generated from confocal microscopy of (B) FDA or (C) calcein-AM (both green) treated HUVEC network, showing a hollow lumen structure on day 21 (scale bar 20 µm (white), 10 µm (yellow), top-XZ plane projection, right most-YZ plane projection, n = 4).
Confocal laser scanning microscopy (CLSM) of FDA or calcein-AM stained vascular-like networks indicated the presence of hollow lumenized structures. While the thicker strands exhibited a lumen with a diameter of up to 70 µm (Figure 5B), the thinner vascular structures exhibited a circumferentially uniform lumen of around 10–30 µm (Figure 5C). The lumenized vascular-like networks observed in our studies were in close resemblance to those reported for fibroblast coculture assays by Kim et al. (2013) on a microfluidic chip or by Newman et al. (2011) on beads in a fibrin gel. In conclusion, our current 3D coculture model allows us to form dynamic vascular-like networks that keep growing throughout the experimental time of 21 days with simultaneous lumen formation.
Early Growing and Mature Vasculature-Like Structures Exhibit Differential Vascular Barrier Function
The intercellular adhesive points, known as adherens and tight junctions, between the ECs forming the vascular networks dictate their stability. In addition to influencing the differentiation of the ECs during vascular maturation, mural cells (Kurzen et al., 2002; Alimperti et al., 2017) and endogenously produced proteins and growth factors, such as VEGF (Bates, 2010), also assist in the development and stabilization of stronger intercellular EC contacts increasing the vascular barrier (Jain, 2003). This generally results in lower vascular permeability for endo- and exogenous compounds in blood extravasating the vessel or entering the blood stream from tissue (Heinolainen et al., 2017). To access the structural integrity and the permeability of the vascular-like structures, we employed TD of different molecular weights and detected their uptake into the luminal space after 24 h static TD exposure in the gel (Figure 6). The low-molecular weight dextran (10 kDa) generally permeates endothelial capillaries in both directions in vitro and in vivo, although the exact mechanism is not known (Egawa et al., 2013; Andrée et al., 2019). In contrast, the 70 kDa TD typically only penetrates EC vascular walls with impaired cell–cell junction integrity and thus lowered vascular barrier function (Alimperti et al., 2017) while it does not penetrate vascular walls reflecting physiological barrier function.
[image: Figure 6]FIGURE 6 | Representative CLSM images showing the permeability of thin and thick branches of the vascular-like networks toward Texas red-dextran (TD, red) of molecular weights of 10 and 70 kDa. HUVECs were stained using calcein-AM (green). All the staining experiments were performed after 21 days of culture (n = 4, scale bar 50 µm).
CLSM analysis of the vascular-like 3D-structures exposed to TD for 24 h on day 21 indicated that thin capillaries (3–30 µm diameter) display a higher permeability to 10 kDa TD compared to thicker structures (40–70 µm diameter), while both are impermeable to 70 kDa TD (Figure 6). Thus, we attribute features of immature newly forming or early vascular strands to the thinner vascular structures while the thicker diameter strands reflect more mature vasculature characteristics. Compared to the direct cocultures of green-fluorescent protein (GFP)-expressing HUVECs and hASCs (Andrée et al., 2019), the amount of internalized 10 kDa TD observed in our study is low and was most prominent only at a few sites of early vascular-like structures. Control experiments with GFP-HUVECs under our indirect coculture conditions indicate a lower barrier function of GFP-HUVECs than non-transfected HUVECs based on the amount of accumulated TD inside the lumen (Supplementary Figure S4). Hence, it appears that the indirect coculture of HDFs and HUVECs results in more stable and less permeable vascular-like networks. In addition to adherens (Supplementary Figure S3) and tight junction formation, in general the luminally located endothelial glycocalyx contributes significantly to the barrier function of the capillary wall and will as such be addressed in future studies.
Blocking the Vascular Endothelial Growth Factor Signaling in Human Umbilical Vein Endothelial Cells Prevents Vascular Network Formation
Since the vascular network formation in our setup is highly dependent on HDF-produced proteins and growth factors such as VEGF, we evaluated the HUVEC network formation under indirect coculture conditions in the presence of a VEGF receptor 2 signaling inhibitor in the HUVEC medium compartment. Therefore, brivanib as effective VFGF and bFGF receptor inhibitor was used as the model drug (Chou and Finn, 2012). Although the route of drug exposure in our model does not exactly mimic the intravenous route of administration, the observed effects may mimic the consequences after intratumoral and intraperitoneal injections or drug extravasation from leaky blood vessels at the tumor site. In all these scenarios, the drug acts directly on the outer surface of the vascular networks.
Continuous treatment of the indirect coculture with brivanib starting on day 0 was accomplished through bolus administration (300 and 900 nM) to the HUVEC medium in the upper compartment, which was repeated every other day simultaneous to the medium exchange. A concentration-dependent efficacy toward the inhibition of angiogenesis was observed by a marked reduction in continuous vascular-like networks resulting in total suppression on day 14 with 900 nM brivanib (Figure 7). In addition, the indirect coculture model was treated with an equivalent amount of DMSO as the vehicle control for the respective brivanib doses with subsequent live–dead staining of the cultures. No regression of angiogenesis or dead cells were observed in either of the vehicle controls (Supplementary Figure S5A). Interestingly, we also have found that withdrawal of brivanib treatment in the indirect coculture setting on day 14 allowed the HUVECs to proliferate and recover the vascular-like networks within the following 14 days (Supplementary Figure S5B), clearly indicating the reversible effect of brivanib on capillary formation in this assay setup by targeting the VEGF/VEGF receptor 2 axis. This reversibility of the vascular-like network generation reflected by our model makes it a valuable tool, especially when accessing optimized timepoints for repeated drug dosing. Motivated by the response of this advanced model toward drug treatment and the differential permeability of the early and mature vascular-like networks, we further investigated the effect of other known vascular targeting drugs such as VDAs.
[image: Figure 7]FIGURE 7 | Representative brightfield images showing the concentration-dependent effect of brivanib (0, 300, and 900 nM) on HUVEC network formation in the indirect coculture model (scale bar 200 µm, n = 3).
Validation of Vascular Disruption Properties of Drugs on Vascular-Like Networks From the 3D Culture Model
In addition to brivanib, we chose combretastatin A4 phosphate (CA4P), an investigational drug belonging to the group of tubulin-binding VDAs (West and Price, 2004), and 6’-silaylgalactose (SG), a recent experimental molecule targeting the VEGF receptor 2 on endothelial cells (Chung et al., 2019), to further challenge and validate our model. CA4P induces microtubule destabilization by ß-tubulin binding in endothelial cells which in turn reduces the stability of vascular networks. Simultaneous impairment of the functional engagement of the endothelial cell-specific junctional molecule VE-cadherin hinders stabile neovessel formation, resulting in both antiangiogenic and vascular disrupting effects in vivo (Vincent et al., 2005). The antiangiogenic property of the synthetic disaccharide SG was reported in vivo while its vascular disrupting properties have not been studied yet (Chung et al., 2019). Thus, we tested for the antiangiogenic effect of the drugs by starting the treatment on day 0 of the indirect coculture as described for brivanib above. Additionally, the evaluation of their vascular disrupting properties on already established vascular-like structures was accomplished by starting the drug treatment on day 7 of the coculture experiment, which was continued until day 21. In both cases, the drugs were administered as bolus to the HUVEC compartment simultaneous to the media exchange which was repeated every other day for 14 days. The combined quantitative analysis of the number of network branching points per area in brightfield images from concentration-dependent brivanib, CA4P and SG treatments starting on day 0 and day 7 are graphically illustrated in Figure 8A. Rational drug concentrations were deduced from in vitro data on the tube formation assays with endothelial cells on MatrigelTM reported in literature which locate in the medium nM to low µM-range for brivanib (Li et al., 2020), the low nM-range for CA4P (Vincent et al., 2005) and the low µM-range for SG (Chung et al., 2019). Based on the metabolic activity of viable HUVECs and HDFs in the presence and absence of the drugs, their concentration-dependent cytocompatibility was accessed with an MTS proliferation assay (Supplementary Figure S6). Therefore, cells were seeded on TCPS at seeding densities resembling the ones in the indirect coculture setup. Cell viabilities of drug treated HDFs and HUVECs were not significantly different from controls at all tested concentrations. Only with CA4P a slightly reduced metabolic activity of HUVECs was observed at the highest dose of 3.5 and 10 ng∙ml−1 (Supplementary Figure S6A).
[image: Figure 8]FIGURE 8 | Influence of concentration-dependent drug treatment with brivanib, CA4P, and SG toward angiogenesis (treatment from day 0 onward) and vascular network disruption (treatment starting from day 7) for 14 days, respectively, in indirect coculture of HUVECs and HDFs. (A) Quantitative analysis of the respective vascular networks’ number of branching points per area at the end point of the drug treatment (# indicates lack of any quantifiable continuous vascular networks) (mean ± SD, n = 5, *p < 0.05, and **p < 0.01 value is significantly different from control as tested by a non-parametric Mann–Whitney U-Test); (B) Representative CLSM images of live–dead stained samples [FDA (green), PI (red)] after concentration-dependent treatment with brivanib, CA4P, or SG, respectively, compared to controls without treatment on day 14 and 21 (scale bar 50 µm, n = 5).
At the end of 14-day drug treatments, all samples were imaged via CLSM after a live–dead staining to qualitatively access the network structure and cell viability (Figure 8B). The concentration-dependent antiangiogenic efficacy of brivanib indicated in brightfield and CLSM images is in general agreement and is markedly visible by a significantly reduced network integrity at concentrations ≥300 nM brivanib, while full inhibition of angiogenesis is observed at 900 nM brivanib. Brightfield images at lower concentrations of 100 and 50 nM brivanib (Supplementary Figure S7) show a slightly reduced network density at 100 nM compared to 50 nM brivanib treatment and control. Furthermore, brivanib was also able to induce significant vascular disruption of existing vasculature starting at concentrations between 100 and 300 nM during a 14-day treatment. At 900 nM complete disruption was observed (Figure 8; Supplementary Figure S8).
Similarly, CA4P turned out to be very effective in preventing angiogenesis as well as inducing vascular disruption in a 14-day treatment at concentrations ≥3.5 ng·ml−1 (Figure 8; Supplementary Figures S9, S10). Closer evaluation of different z-layers in the live–dead stained samples revealed a toxic effect of the drug on HUVECs at the high concentration of 10 ng·ml−1 (Supplementary Figure S11), which was more pronounced when treatment started on day 0 of the indirect coculture. This could be an effect of prolonged exposure to the drug and was similarly observed in other in vitro studies showing that CA4P is cytotoxic for proliferating but not for quiescent HUVECs (Dark et al., 1997). For brivanib-treated cells, evaluation of different z-planes revealed a lower cell number for 900 nM starting from day 0 and already for 300 nM starting from day 7 (Supplementary Figure S11). This effect was also observed in in vitro studies showing the VEGF- and bFGF-stimulated HUVEC proliferation to be reduced in the presence of brivanib (Bhide et al., 2006). In addition, a distinct morphological change with reduced cell surface of the HUVECs was observed after treatment (Supplementary Figure S11), most prominent with CA4P, but also for brivanib treatment with 900 nM starting from day 7, which is for CA4P well described in literature and concomitantly observed with cytoskeleton alterations finally leading to cell apoptosis (Galbraith et al., 2001; Kim et al., 2012).
In the case of SG treatment brightfield microscopy and CLSM images indicated a clearly less pronounced antiangiogenic and/or vascular disrupting effect if compared to the other two tested drugs (Figure 8; Supplementary Figures S12, S13). For treatment starting from day 7, a significantly reduced number of branching points was visible for all tested concentrations if compared to controls but the effect was nowhere near a complete vascular disruption (Figure 8). At 100 µM concentration, additionally, a minor impact on the network morphology was observable for treatments starting on day 0 and 7 with thicker junctions (Supplementary Figures S12, S13). Moreover, with all concentrations of SG tested, no cytotoxicity for the vascular-like network was observed (Figure 8B), which is in line with HUVEC proliferation assays reported in the literature (Chung et al., 2019) or MTS data shown in Supplementary Figure S6.
For direct comparison with the effective drug concentrations identified in our indirect coculture assay, we additionally performed a conventional 24h-tube forming MatrigelTM assay with bolus administration of the drugs along with HUVEC medium (Supplementary Figure S14) similar to previous reports (Vincent et al., 2005; Chung et al., 2019; Li et al., 2020). We found brivanib and CA4P to completely inhibit angiogenesis at concentrations as low as 50 nM and 0.3 ng·ml−1, respectively, and largely inhibited angiogenesis at 10 µM SG (Supplementary Figure S14). Thus, the inhibitory concentrations obtained from this tube formation assay are clearly overestimating the efficacy of the drugs compared to our long-term 3D assay in indirect coculture, even when considering the slightly higher cell numbers used in the indirect coculture compared to the tube formation assay. The pure 3D collagen type I matrix acts as an additional extracellular barrier to the drug and resembles the interstitial matrix of tumors in terms of permeability for small molecules (Ramanujan et al., 2002).
Expectedly, CA4P showed the strongest antiangiogenic and vascular disruption effect of all three tested drugs with efficacies already in the low nanomolar range, followed by brivanib while SG displayed only a minor effect. Neither prevention of angiogenesis nor effective vascular disruption was observed in the 3D environment of our advanced model at the highest tested SG concentration of 100 µM. This is in general agreement with the relatively high SG concentration (30 µM) required to inhibit VEGF-induced VEGF receptor 2 phosphorylation in HUVECs (Chung et al., 2019). Although reported as effective antiangiogenic agent in various mouse models (Chung et al., 2019), including a model of pathologic angiogenesis in the mouse retina, its potential as a single-antitumor drug is debatable as SG, based on our experiments, does not benefit from a strong combined antiangiogenic and vascular disruption effect in vitro.
Throughout the drug treatment experiment, the confluent HDF monolayer in the lower compartment of the assay was retained without any obvious cytotoxic effects of the drug as detected by brightfield microscopy and MTS viability assays (Supplementary Figures S15, S16). This reinstates the advantage of the indirect coculture enabling to study the behavior of HUVECs toward drug treatment selectively and independent of neighboring cocultured mural cells. Since both HUVECs and HDFs generally transit to a quiescent state once the vascular structures or the confluent monolayer have formed, they are less prone to cytotoxic effects of the drugs, particularly with CA4P (Dark et al., 1997). Therefore, the option to screen drug effects on an already established vascular-like network of quiescent endothelial cells combines with reduced susceptibility of the network for cytotoxic drug effects in this advanced assay.
CONCLUSION
In summary, we have established an indirect coculture setup to generate long-lasting, profuse HUVEC-based vascular-like networks in type I rat collagen gels that feature permeability characteristics of mature as well as early vasculature with tubular branches capable to anastomose in vitro. The HDF-produced soluble proangiogenic and network stabilizing factors such as VEGF in this system enabled the continuous growth and maturation of lumenized vascular-like networks throughout the whole experimentation period up to day 21 and beyond. Unlike conventional in vitro angiogenesis assays that are typically short-lived, the unique combination of long lasting, profuse networks offered by our 3D model allows us to directly image morphological changes in the HUVEC-only network, offering advantages in analyzing drug efficacy with prolonged drug administration up to 14 days. Importantly, the model enables the study of both antiangiogenic and vascular disrupting drug efficacies. The drug effects are selectively acting on ECs without interference of surrounding mural cells, which can otherwise compete for nutrients or space. These truly 3D vascular-like networks expanding up to 600 µm in z-direction attenuated the antiangiogenic drug effects of the model drugs brivanib, CA4P, and SG compared to conventional tube forming assays. The closer resemblance of in vivo conditions by the 3D features including the extracellular matrix barrier, the unique possibility to study the antiangiogenic and disrupting drug effects on both early and mature vascular-like structures as well as their longevity highlight the superiority of this advanced model over current state-of-the-art in vitro angiogenesis models. In an upcoming study the perfusion of such tubular structures will be addressed. With the established model, particularly information on repeated, prolonged drug administration effects become accessible. Therefore, we envision this advanced model as a predictive tool when validating hits from prescreenings of vascular targeting therapeutics via conventional, fast angiogenesis assays, thus bridging the gap between in vitro and in vivo studies.
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The gap between in vitro and in vivo assays has inspired biomimetic model development. Tissue engineered models that attempt to mimic the complexity of microvascular networks have emerged as tools for investigating cell-cell and cell-environment interactions that may be not easily viewed in vivo. A key challenge in model development, however, is determining how to recreate the multi-cell/system functional complexity of a real network environment that integrates endothelial cells, smooth muscle cells, vascular pericytes, lymphatics, nerves, fluid flow, extracellular matrix, and inflammatory cells. The objective of this mini-review is to overview the recent evolution of popular biomimetic modeling approaches for investigating microvascular dynamics. A specific focus will highlight the engineering design requirements needed to match physiological function and the potential for top-down tissue culture methods that maintain complexity. Overall, examples of physiological validation, basic science discoveries, and therapeutic evaluation studies will emphasize the value of tissue culture models and biomimetic model development approaches that fill the gap between in vitro and in vivo assays and guide how vascular biologists and physiologists might think about the microcirculation.
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MOTIVATION
Almost every tissue in our bodies has blood and lymphatic vessels. Growth and remodeling of these vessels involves multiple cell types and can be associated with most diseases. Consequently, designing therapies to combat pathological conditions spanning tumor metastasis, diabetic retinopathy, islet transplantation, skin graft survival, and tissue ischemia necessitates understanding the cell dynamics involved in microvascular remodeling and how cells interact with each other in response to microenvironmental molecular cues. A challenge, however, is observing cells over the time course of these processes. The most common time-lapse in vivo approaches include multi-photon microscopy in the brain (Berthiaume et al., 2018; Bonney et al., 2021), dorsal window chamber preparations (Peirce et al., 2004), and the use of zebrafish (Gore et al., 2012; Venero Galanternik et al., 2017; Gore et al., 2018). The need for higher throughput and tunable methods has motivated an emerging area of research focused on biomimetic microvascular model development.
At the intersection of tissue engineering and physiology, biomimetic microvascular model development overlaps with lab-on-a-chip and organoid design with the end goal being to recapitulate the complexity of a real, microvascular network environment. Most common in vitro models can be characterized as bottom-up approaches that add one, two, or three cell types into a matrix environment (Kaunus et al., 2011). More technologically influenced approaches involve patterning cell and/or matrix through, for example, bioprinting or microfluidic based platforms (Song and Munn, 2011; Wang et al., 2016; Haase and Kamm, 2017; Campisi et al., 2018; Osaki et al., 2018; Henderson et al., 2021; Shirure et al., 2021; Ren et al., 2022). In recent years, these models have enabled reductionist experiments focused on isolating the effects of the individual components. A limitation of these systems is that they do not look like real microvascular networks and as a result engineers struggle to convince physiologists of their approach’s relevance.
The objective of this mini-review is to overview the recent evolution of popular biomimetic modeling approaches for investigating microvascular dynamics and highlight the potential of the mesentery tissue culture model to fill the gap between in vitro and in vivo models. By emphasizing key players involved in microvascular remodeling, we identify key characteristics that can be considered model design requirements. We then provide examples of how our work in recent years has established the mesentery tissue culture model and its use for making scientific discoveries. Recognizing that every model has limitations and that a model is only as valuable as the scientific questions it is used to answer, our overview and examples frame the future potential for biomimetic models.
KEY PLAYERS IN MICROVASCULAR REMODELING
One of the main advantages that can help biomimetic models provide a more physiologically relevant environment in which to study new microvascular dynamics is the incorporation of multiple cell types. Endothelial cells, pericytes, smooth muscle cells, and macrophages all play key functional roles in a network microenvironment. Processes such as angiogenesis, vasculogenesis, and arteriogenesis, rely on the interplay between these different cell types. Thus, understanding the specific functions that endothelial cells, pericytes, smooth muscle cells, and macrophages have on their environment and on each other can help discover new phenomena that could be critical to more accurately modeling different disease pathologies. More importantly for the context of this article, incorporation of these players and characteristics can be viewed as design requirements for developing a biomimetic microvascular model (Figure 1).
[image: Figure 1]FIGURE 1 | Key microvascular players and model requirements. The microcirculation consists of blood vessels and initial lymphatic vessels. Mimicking the complexity of an intact microvascular network during angiogenesis and lymphangiogesis entails the incorporation of multiple cell types in system relevant patterns, chemical cues, vessel perfusion, and an appropriate matrix environment. A goal for tissue engineering and biomimetic microvascular model development is to recapitulate the multi-cell/system interactions and vessel functionality.
Endothelial Cells
Endothelial cells are key regulators of multiple important vascular mechanisms. Endothelial cells control the uptake of various molecules and proteins into the circulatory system, sense and respond to changes in shear stress, modulate vessel dilation and constriction, and regulate inflammatory processes. One of the most important functions that endothelial cells participate in is angiogenesis, characterized by the growth of new blood vessels from existing vessel networks. During angiogenesis, nearby endothelial cell adhesions are weakened, which allows for the formation of a capillary sprout from an existing vessel. Capillary sprouts are comprised of a migrating tip cells and proliferating stalk cells. Following paracrine signals released from supporting perivascular cells, capillary sprouts migrate from the vessel of origin into the extracellular matrix and can eventually form connections with other vessels or capillary sprouts. A more extensive review of endothelial cell functionality can be found here (Carmeliet, 2000; Gerhardt and Betsholtz, 2003; Peirce and Skalak, 2003; Kelly-Goss et al., 2014).
Pericytes
Another cell type that participates in remodeling and angiogenesis is the pericyte. Pericytes, which are characterized by markers such as smooth muscle actin, PDGFR-β, and neuron-glial antigen 2 (NG2), act as support cells along capillaries. Evidence suggests they play an important role in regulating vessel diameter, influencing vascular permeability, stabilizing vessels through direct and paracrine interactions, and promoting endothelial cell survival and proliferation. During angiogenesis, pericytes work with other mural cells to deposit components of the basement membrane such as laminin and collagen which support the growth of new capillary sprouts. Pericytes can also help guide and stimulate outgrowth of sprouts by secreting VEGF, bFGF, and other important growth factors. Additional references on the role of pericyte in angiogenesis are provided here (Murfee et al., 2006; Kelly-Goss et al., 2014; Stapor et al., 2014).
Smooth Muscle Cells
Smooth muscle cells are mural cells that reside along larger arterioles and venules. Smooth muscle cells regulate several vascular dynamics including maintenance of vessel function, constriction, and dilation. While mostly associated with vasoregulation (i.e., diameter control) and characterized by the expression of contractile proteins, smooth muscle cells can also play a critical role in the initiation of angiogenesis. For example, smooth muscle cells help start the process by detaching from blood vessels in response to Ang2 stimulation. This results in an increase in vascular permeability which triggers vasodilation and destabilization of endothelial adhesions. For more comprehensive discussion of the affect of smooth muscle cell on vascular dynamics see the references (Lilly, 2014; Motherwell et al., 2017).
Macrophages
Finally, macrophages are another cell type that warrant inclusion due to their presence in inflammatory environments. Macrophages can be sorted into two separate subgroups based on their role in inflammation. M1 macrophages are pro-inflammatory macrophages that can secrete cytotoxic agents while M2 macrophages more commonly secrete anti-inflammatory agents that stimulate angiogenesis. In addition to paracrine mechanisms, macrophage involvement in angiogenesis has also been suggested to include guiding capillary sprouting via local extracellular matrix degradation, facilitating pruning and maturation of vessel segments, and even transdifferentiating into endothelial cells (Corliss et al., 2016; Du Cheyne et al., 2020). Macrophages also play an important role in remodeling in disease settings, as shown by their roles as pro-angiogenic cells in the tumor microenvironment (Fu et al., 2020) as well as their upregulation of MMPs during pathological processes including tumor growth, HIV, and multiple sclerosis (Bar-Or et al., 2003; Webster and Crowe, 2006). The relative contribution of the various mechanisms during angiogenesis remains to be comprehensively evaluated and additional evidence for phenotypic overlaps with pericytes and observations of pericyte-like behavior continues to be uncovered, suggesting that our understanding of macrophage involvement in angiogenesis is incomplete. See these references for more detailed review of macrophages interacting with the microvasculature (Corliss et al., 2016; Du Cheyne et al., 2020).
While a model’s necessary level of complexity and whether a model can satisfy the requirements for physiological relevance remain to be debated, it is important to emphasize that developing a microvascular model depends on the incorporation of specific cell types. Each cell type can be freshly isolated from tissues or obtained commercially. Critical decisions include consideration of cell origin (e.g., microvessels versus macrovessels or arterial versus venous) and phenotypic drift during culture. In order to mimic the microvasculature, multiple cells must be spatially assembled in relevant patterns. As an alternative bottom-up approach to build vessels, stem cell populations have been used as heterogeneous cell sources based on the premise that stem cells can undergo appropriate differentiation or even self-assemble into capillary networks (Kusuma et al., 2013; Zanotelli et al., 2016; Jones et al., 2021; Tracy et al., 2022). Regardless of the approach, the tissue engineering challenge of mimicking physiological relevance is highlighted by comparison to a real network (Figure 1).
Now consider the coordination between angiogenesis and lymphangiogenesis, the analogous growth of initial lymphatic vessels, the influence of local growth factor and matrix cues, the potential involvement of other cell populations, and the importance of local hemodynamics. Altogether multiple cell types and systems dance in concert to make up the architecture of a perfused microvascular network. For example, lymphatic and blood vessel coordination important for tissue homeostasis and the presence of lymphatic vessels has been shown to influence angiogenesis—an effect thought to be related to competitive binding of common growth factors (Sweat et al., 2012). Lymphatic vessels also are able to transdifferentiate into blood vessels (Azimi et al., 2020a). Other cell populations influencing capillary sprouting include fibroblasts, which can secrete growth factors and cytokines, and/or interstitial precursor cell populations, which can also secrete factors and differentiate into vascular cells. As for local hemodynamics, shear stress has been linked to angiogenesis as it is a regulator of endothelial cell behavior and phenotypes (Song and Munn 2011; dela Paz, et al., 2012; Galie, et al., 2014; Baeyens, et al., 2015; Driessen, et al., 2018; Peacock, et al., 2020). Recognizing the importance of multi-cellular/system dynamics, critical questions remain regarding temporal relationships, cell plasticity, and cell-cell interactions. To complicate issues, answers to these questions depend on the environment and what milieu of players are present. From a vascular biologist’s point of view, physiological relevance can be qualified by the multi-cellular/system complexity of a functional network.
OVERVIEW OF IN VITRO BIOMIMETIC MICROVASCULAR MODEL APPROACHES
In microvascular research, in vitro models provide a platform to study various growth and remodeling dynamics that may not be discernable in vivo. Common in vitro approaches used to study angiogenesis and lymphangiogenesis include three-dimensional (3D) cell culture models, bioprinting, and microfluidic devices.
Cell Culture Models
Basic cell culture systems incorporating endothelial cells, fibroblasts, or a combination of the two or more cell types cultured on basement membrane or Matrigel matrix have been used to study the formation of networks via anatamosing cords (Emonard et al., 1987; Vernon et al., 1992; Donovan et al., 2001). 3D cultures aimed at studying angiogenesis can usually also incorporate co-culture of different cell types but are distinguished from 2D systems by their incorporation of tunable gels or biomaterials that better mimic extra cellular matrix. 3D models have thus excelled in allowing researchers to study vacuolation, lumen formation, and integrin-dependent matrix remodeling during network formation, angiogenesis, and vasculogenesis (Bayless et al., 2000; Stratman et al., 2010; Krishnan et al., 2008; Darland and D’Amore, 2001; Stratman et al., 2009). Cutting-edge 3D models characteristically involve culturing endothelial cells and support cells to create networks of multi-cellular vessels. The ability to tune the matrix composition, include multiple cell types, and introduce interstitial flow allows for investigating vessel assembly and capillary network formation.
Bioprinting
Bioprinting represents an approach for controlling the spatial patterning of specific extracellular matrix proteins and/or cell types. More recently, the use of bioprinting technologies has emerged to create vessels within thick 3D matrix structures. In one example that highlights the state of the field, sacrificial inks have been printed in thick tissue constructs and then removed afterwards to create perfusable channels (Ren et al., 2022). Such perfusable channels are connected to a perfusion system, mimicking large vessels to supply nutrients and oxygen to and remove wastes from nearby tissues and secondary vascular structures.
Microfluidic Models
Two main microfluidic platforms dominate the literature. In one platform, perfused endothelial cell lined channels are separated by a matrix region (Song and Munn, 2011; Campisi et al., 2018). Endothelial cells are able to elongate and migrate into the matrix region and connect with vessels originating from the other side. Importantly the new network of endothelial cell segments becomes perfused. The seeding of cells, for example cancer cells, into the matrix region enables investigation of cell trafficking to the vessels. Physiological relevance is increased within this platform by tuning the material used for patterning the channels and the verification of vessel permeability (Qiu et al., 2018). Finally, an application for investigating lymphangiogenesis is made possible by seeding the channels with lymphatic endothelial cells (Osaki et al., 2018; Henderson et al., 2021). The second common microfluidic platform for mimicking the microcirculation is best described by a matrix region with an inlet and outlet channel (Wang et al., 2016; Shirure et al., 2021). Seeding the matrix region with endothelial cells and mural support cells resulted in the assembly of a perfusable capillary network with connections to both the inlet and outlet channels.
Each modeling strategy has advantages and disadvantages and depending on your scientific question or objective the required complexity could vary. 3D cell culture experiments have provided useful information on how different matrices and spatial cues affect vascular function (Lee et al., 2014; Knezevic et al., 2017; Robering et al., 2018), but often lack flow or feature limited interactions with other microvascular cell types. While microfluidic models are beneficial because of their ability to incorporate flow (Barkefors et al., 2009; Kim et al., 2016; Yamamoto et al., 2019), these models still face drawbacks such as a limited number of incorporated cell types and a lack of physiologically relevant microvascular network interactions. And with regards to bioprinting, assembly of vessels with multiple cell layers and small vessels with a diameter less than 50 µm remains challenging. All models have limitations, and the impact of the limitations depends on whether they impact the interpretations of results. Models with fewer players allow focusing on specific interactions, yet the questions remain—how complicated does a biomimetic model need to be and does a model with fewer players adequately mimic a real tissue? Regardless of the model, verification of physiological relevance is paramount.
FILLING THE GAP WITH THE MESENTERY CULTURE MODEL
Compared to the in vitro approaches, tissue culture models represent a top-down approach to recreating in vivo complexity by maintaining players in situ. Tissue culture models are not new; for example, using brain slice tissue explants has been a common tool for acute physiological studies (Stoppini et al., 1991). The aortic ring assay, in which slices of aorta are cultured in a 3D gel and multi-cellular sprouts grow radially outward over the time course of days, is probably the most common tissue culture model used to study angiogenesis (Nicosia and Ottinetti, 1990; Nicosia et al., 1994). Advantages include the maintenance of endothelial cell and pericyte dynamics while a weakness is the unknown relevance of investigating sprouting from a larger macro-vessel structure. An analogous tissue culture model is the lymphatic ring model, which can be used to visualize lymphangiogenic sprouting dynamics (Bruyère et al., 2008; Iqbal et al., 2017; Katakia et al., 2020). Both ring models do not incorporate flow and cannot be used to study angiogenesis and lymphangiogenesis at the same time. Whether both models include microvascular networks is debatable. Conceivably for the aortic ring model, the new radial vessel segments could originate from the aortic endothelial cell layer or the adventitia’s vasa vasorum. Also, the radial segments can connect to each other. Regardless, the resulting radial segments do not mimic the hierarchy of vessels associated with a microvascular network composed of arterioles, capillaries, and venules. An alternative approach is to use tissues with intact microvascular networks such as retina explants (Murakami et al., 2006). Because of the ease of harvesting and historical use for intravital studies, our laboratory has recently focused on using rat and murine mesenteric tissues and has developed a mesentery culture model (Figure 2). This culture model enables time-lapse investigation of cell—cell interactions at specific locations across blood and lymphatic microvascular networks.
[image: Figure 2]FIGURE 2 | Filling the gap in biomimetic microvascular model development. The mesentery culture model aims to fill the gap between in vitro and in vivo. Recent work has demonstrated the utility of the approach for investigating angiogenesis and lymphangiogenesis at the same time. Multi-cellular complexity is highlighted by the presence of intact networks, endothelial cells, smooth muscle cells, pericytes, and immune cells. Cells display expected vessel-specific morphologies, and the model’s physiological relevance is supported by maintained vasoreactivity, in vivo like cell phenotypes, and the incorporation of vessel perfusion.
Model Introduction
The mesentery culture model can be used with tissues from both rats and mice, although the use of mouse tissues requires pre-vascularization of the tissues before harvesting. Mesenteric windows, defined as the translucent connective tissues found between artery/vein pairs feeding the small intestine, are harvested starting from the ileum section. The model is simple and entails cutting tissues out and culturing them (Stapor et al., 2013; Azimi et al., 2017) post harvesting, in individual wells in a 6-well culture plate. During culture, minimum essential media can be supplemented with serum or specific growth factors to stimulate network growth. The mesentery tissue is attractive for the development of a biomimetic microvascular model that mimics the complexity of a real in vivo microenvironment. Mesentery tissue is 20–40 μm thick, making it ideal for culturing and imaging. The cell dynamics involved in angiogenesis in the mesentery reflect those in other tissues and it has been used for the evaluation of microvascular function. Rationales for using mesentery beyond its simple culture protocol include the tissue’s historical use to gain foundational insights about lymphatic physiology, cell dynamics during angiogenesis, and microvascular function.
Physiological Verification
During culture, blood endothelial cells, pericytes, smooth muscle cells, interstitial immune cells, lymphatic endothelial cells, and even nerves can remain viable (Stapor et al., 2013; Sweat et al., 2014; Suarez-Martinez et al., 2018a; Hodges et al., 2020). The physiological relevance is further supported by the demonstration of the functional effects of pericytes on endothelial cell sprouting, smooth muscle cell contraction along arterioles, the maintenance of in vivo like endothelial cell phenotypes along with capillary sprouts during angiogenesis, and preferential vessel sprouting of capillaries and venules versus arterioles (Figure 2; Stapor et al., 2013; Motherwell et al., 2017; Motherwell et al., 2018; Azimi et al., 2020b). We have also demonstrated the ability to induce lymphangiogenesis (Sweat et al., 2014) and network perfusion which can introduce physiologically relevant flow velocities in capillaries during culture (Motherwell et al., 2019). Single-pass perfusion was accomplished using a peristaltic pump in series with the biochamber placed inside an incubator set to standard culture conditions. Flow passed through the vasculature and drained out of the venous side to be collected in a waste reservoir. A major difference highlighting the trade-offs between biomimetic approaches is that compared to microfluidic systems, which have controlled inlet and outlet ports (Song and Munn, 2011; Akbari et al., 2017; Hasse and Kamm, 2017; Shirure et al., 2021), the open loop system in the mesentery model allows control of fluid velocities, but not pressures—a difference that highlights the trade-offs between different biomimetic approaches.
Importantly, physiological verification of the mesentery culture model motivates future experiments. Published data supports tissue viability out to 7 days (Stapor et al., 2013) when cultured in serum free media and unpublished data suggests that tissues can remain viable out to 2 weeks. However, in serum free media smooth muscle and pericyte coverage become less consistent by 5–7 days (Stapor et al., 2013) and networks start to lose their hierarchical organization. Vessel perfusion has only been maintained out to 2 days and the impact of perfusion on hierarchical cell and vessel structure remains to be determined. Another important characteristic to evaluate is possible phenotypic drift at later time points. Motherwell et al. (2018), demonstrated that serum stimulated capillary sprouts after 3 days of culture display similar VEGF-R2, UNC-5b, and CD36 expression patterns compared to angiogenic sprouts in vivo and an earlier study confirmed that NG2-positive pericytes remain functional during angiogenesis in culture over the same time duration (Stapor et al., 2013). While these results support maintenance of phenotypes, additional studies focused on other cell types are needed.
Impact on Discovery
The mesentery tissue culture model’s potential impact on scientific discovery is highlighted by the ability to view cell dynamics over the time course of network remodeling and to deliver unique comprehensive readouts including vessel permeability, endothelial cell junctional integrity, lymphatic/blood vessel malformations, cancer cell migration, and cancer cell invasion. Recently, we utilized double transgenic lineage mice to discover the ability of pericytes to detach from vessels (Payne et al., 2021) and migrate into the interstitial space during angiogenesis. We also have observed endothelial cells jumping off of one capillary sprout and connecting with another neighboring sprout (Suarez-Martiniez et al., 2018b). The observation of endothelial jumping resonates with the discovery of vascular island incorporation as a new type of endothelial cell dynamic during angiogenesis. Time-lapse imaging of disconnected endothelial segments confirmed their ability to connect with nearby networks during remodeling (Kelly-Goss et al., 2012; Kelly-Goss et al., 2013; Stapor et al., 2013). The value of our model is maybe best supported by the time-lapse visualization of vessel malformations associated with lymphatic-to-blood vessel transition—a discovery also made possible by the unique view of the model (Azimi et al., 2020a). Evidence for lymphatic-to-blood vessel transition in cultured tissues is supported by 1) real-time tracking of lymphatic segments, 2) observation of the formation of lymphatic-to-blood and blood-to-lymphatic vessel connections, and 3) loss of both LYVE-1 and podoplanin labeling along remodeling initial lymphatic vessels (Azimi et al., 2020b). The ability to watch where cells go and how cells interact with one another during microvascular remodeling will undoubtedly offer new insights by combining the approach using mouse and rat tissues with bioprinting and cell transfection technologies to enable tracking of endogenous and exogenous cell types.
Potential for Future Applications
The physiological relevance and ability to track cell populations uniquely position the mesentery tissue culture to make a big impact, especially through more applied studies focused on evaluating microvascular interactions with exogenous cells. For example, recent studies have demonstrated the feasibility of anti-angiogenic drug testing and adding various stem and cancer cell populations into the mesentery microenvironment (Azimi et al., 2015; Burks et al., 2016; Azimi et al., 2020a; Suarez-Martinez et al., 2021). These advances prime the utility of the model to investigate drug testing and the therapeutic effects of cell targeted therapeutic strategies during angiogenesis and lymphangiogenesis. In addition, the use of real tissues enables the evaluation of these dynamics within aging or disease settings (Hodges et al., 2018).
CONCLUSION AND CHALLENGES FOR THE FIELD
Mimicking in vivo complexity is a key challenge for biomimetic model development and highlights a disconnect between tissue engineers and physiologists or vascular biologists. Regardless of the approach (bottom-up or top-down), key characteristics will not be included. Such a reality provokes a more appropriate question: What is the value of a biomimetic model? Future discussion is warranted, yet an important note remains—any model is only as good as the question being asked. So moving forward, we suggest that a more appropriate question for connecting research perspectives should be related to the discoveries and applications made possible by innovative approaches versus traditional in vivo studies.
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Distributive shock is considered to be a condition of microvascular hypoperfusion, which can be fatal in severe cases. However, traditional therapeutic methods to restore the macro blood flow are difficult to accurately control the blood perfusion of microvessels, and the currently developed manipulation techniques are inevitably incompatible with biological systems. In our approach, infrared optical tweezers are used to dynamically control the microvascular reperfusion within subdermal capillaries in the pinna of mice. Furthermore, we estimate the effect of different optical trap positions on reperfusion at branch and investigate the effect of the laser power on reperfusion. The results demonstrate the ability of optical tweezers to control microvascular reperfusion. This strategy allows near-noninvasive reperfusion of the microvascular hypoperfusion in vivo. Hence, our work is expected to provide unprecedented insights into the treatment of distributive shock.
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1 INTRODUCTION
Distributive shock is a condition defined by the presence of the microvascular hypoperfusion despite the normalization of systemic and regional blood flow (Vincent and De Backer, 2013). In this case, fatal results will be caused when the oxygen delivery does not meet the metabolic needs of the tissue in vital organs (Pan et al., 2020). In order to keep the blood flowing in the microvessel and thus improve the oxygen delivery, several treatments such as fluid resuscitation, vasoactive drugs, positive inotropic drugs, obstruction relief, and mechanical assistance are commonly used (Legrand et al., 2018; Boros and Bauer, 2021; Jha et al., 2021; Jiang et al., 2021; Motwani and Saunders, 2021; Scheeren et al., 2021). In fact, these treatments with implementing methods aim to recover the macrocirculation function. However, an ideal target for resuscitation in clinics could be to improve microcirculation more promptly and accurately to avoid further organ damage. As a result, controlling microvascular reperfusion is an important strategy in the treatment of distributive shock. Although the development of several techniques such as magnetic (Galanzha et al., 2009), acoustic (Lenshof et al., 2009; Galanzha et al., 2016), and electrical devices (Wachter et al., 2011; Han et al., 2014) have reported positive effects in controlling the microvessel in vivo (Wang et al., 2014; Weijts et al., 2018), most of them required implantation of exogenous materials. To control blood microflow with high precision and in a non-invasive way, a biocompatible and single-cell-level strategy is highly desirable (Abdullah and Perez-Soler, 2012; Herbert et al., 2012; Sugden et al., 2017).
In this context, optical tweezers (Ashkin et al., 1986; Neuman and Block, 2004) have been used to manipulate and investigate microscopic particles for many years, and the ability to study living cells at the single-cell level have been proven (Zhang and Liu, 2008; Zhao et al., 2020; Vasse et al., 2021). Significant progress has been made in the manipulation of biological cells rotation with optical tweezers for orientation-based cell surgery (Xie et al., 2015a; Xie et al., 2015b; Xie et al., 2018a). In addition, study on the deformation of red blood cells (RBCs) by optical tweezers has long been a topic of real-life significance (Henon et al., 1999; Avsievich et al., 2020). Particularly, there have been developments toward optical trapping RBCs in vivo recently (Zhong et al., 2013a; Zhong et al., 2013b; Johansen et al., 2016; Horner et al., 2017; Zhong et al., 2017; Liu et al., 2020; Gao et al., 2021). Such as trap and manipulate RBCs within subdermal capillaries in living mice (Zhong et al., 2013a; Zhong et al., 2013b; Zhong et al., 2017). In addition, a recent report illustrates that optical tweezers were employed to manipulate, arrange, and rotate RBCs in the capillaries of zebrafish (Liu et al., 2020). However, optical trapping in vivo is still more challenging and complex due to scattering and power loss through biological tissue. To date, the experiments of optical micromanipulation in vivo has been applied to RBCs, injected nanoparticles, and macrophages (Johansen et al., 2016). Therefore, using optical tweezers, microvascular reperfusion in vivo may be carried out in a non-contact and non-invasive way.
In this study, a method for controlling dynamic reperfusion of mouse auricle microvessel using optical tweezers is introduced for the first time. We investigated the reperfusion ability by changing the position of optical trap and laser power when the reperfusion of microvascular branch was guided. The experimental results show that the control of microvascular reperfusion by optical tweezers at about 200∼550 mW of laser entering pupil is universal in the recovery of microvascular hypoperfusion. Moreover, a physical model was established to analyze reperfusion efficiency of the optical tweezers with the laser power. According to our analysis, as the laser power increases, the reperfusion efficiency increases at first and then decreases. The implementation of this technique is almost non-invasive in controlling dynamic reperfusion of microvessel in vivo, which has not yet been achieved by any other techniques, thereby gaining novel insights into the treatment involved in distributive shock.
2 MATERIALS AND METHODS
2.1 Optical Tweezer Setup
Our optical tweezers setup is based on an Olympus IX73 inverted microscope, as shown in Figure 1A. A 1064-nm laser (Amonics, Hong Kong, AFL-1064-37-R-CL, cw) was used as the trapping laser source. The laser beam was expanded to fulfill the pupil of objective (8 mm) with the beam expander. For better trapping and imaging of RBCs in the microvessel of the pinna of mice (Zhong et al., 2013a), a water immersion objective (LUMFLN, × 60, numerical aperture 1.20, Olympus, Japan) was also used here. A CMOS camera (MindVision, China, MV-SUA231GM-T, 20 frames per second) was used to connect to the computer for the real-time image acquisition and video recording of the intravital manipulation. The laser power was measured at the pupil of the objective.
[image: Figure 1]FIGURE 1 | (A) Optical tweezers setup. (B) Schematic illustration of blood flow controlled by optical trap. White arrows indicate the directions of blood flows. F is the optical trapping force.
2.2 Mice Preparation
Kunming mice (8-week-old, 30 ± 2 g) were used in the experiments. They were purchased from the Experimental Animal Center of Anhui Medical University. To ensure that the mice keeps alive and immobilized during the whole operation process, 10% chloral hydrate (7 μl·g-1) was injected via the abdominal cavity to anesthetise them. The hair on the pinna of the mice was removed by cream and then glycerin was smeared on the pinna for avoid drying out the skin. During the experiments, the optical trap (red cone beam in Figure 1B) was located at a branch of the microvessel. When the optical trap applied an attractive force on an RBC passing the junction of microvessel, the cell will be guided to the Branch Ⅲ and added the number of RBCs in Branch Ⅲ, as schematized in Figure 1B. The study was approved by the Ethical Committee of the Hefei University of Technology.
3 RESULTS AND DISCUSSION
3.1 Optical Trap–Controlled Reperfusion of a Microvessel
The optical tweezers can only manipulate the RBCs in depth smaller than 100 μm. Here, we have demonstrated the insufficient microvascular perfusion in a branching microvessel, which was with ∼40 μm depth beneath the surface of mice pinna skin, as in Figure 2. As shown in Figure 2A and Supplementary Video S1, the RBCs flowed from Branch Ⅰ into Branch Ⅱ and Branch Ⅲ in a certain proportion, but there was not enough or even no blood flowing to Branch Ⅲ. This phenomenon was very common in the pinna of anesthetized mice, which might due to the hypothermia of the anesthetized mice. The paths of all RBCs within 4 s were traced using ImageJ software. The tracking results were presented in Figure 2D, and only one RBC entered Branch Ⅲ in 4 s. When the optical trap worked on the Branch Ⅲ, the blood flow was redistributed. One example was demonstrated in Figure 2B and Supplementary Video S2. The laser power was 221 mW. It can be observed that some RBCs were directed into Branch Ⅲ, and the tracing of RBCs was shown in Figure 2E. As the optical trap was turned off again, the phenomenon of insufficient RBC perfusion in Branch Ⅲ appeared again, as shown in Figure 2C (Supplementary Video S3) and Figure 2F. The experiment results showed that the optical trap can apply force on the RBCs flowing in the microvessels, which would change the blood distribution inside the microvascular branches.
[image: Figure 2]FIGURE 2 | Dynamic reperfusion of the microvascular blood flow by optical tweezers. The laser is (A) off (Supplementary Video S1), (B) on (Supplementary Video S1), and (C) off (Supplementary Video S1). ‘+’ indicates the optical trap. (D–F) Path tracing of the RBCs. The points record the position coordinates of RBCs in each frame of the images, and each curve represents the flowing path of an RBC.
3.2 Universal Applicability of Optical Trap–Controlled Reperfusion
To check the universal applicability of microvascular reperfusion by optical tweezers, we conducted a series of experiments. Figure 3 shows the RBC counts of the six groups of branch vessels under the optimal condition of optical tweezers, respectively. The recording time for each group was 10 s, and the RBCs were counted at the microvascular Branch Ⅲ. The red bar represented the optical trap was working, and the black bar represented the optical trap was not working. The experimental results in Figure 3 showed that optical tweezers can increase the perfusion of RBCs in different microvessels. For the microvessels 1–5 with low blood flow perfused, the average rate of improvement was 588%. The maximum number of microvascular reperfusion cells could increase by 1900% for the microvessel 3 controlled by optical tweezers. The analysis of experimental results showed that the optical tweezers could control their reperfusion for the low perfused microvessels. The efficiency of optical tweezers–controlled reperfusion was significant, especially in the case of severe microvascular hypoperfusion.
[image: Figure 3]FIGURE 3 | RBCs count of reperfusion in six different branching microvessels within 10 s.
3.3 Effect of Optical Trap Position on Reperfusion Efficiency
In the reperfusion experiments at different positions, an effective redirection of RBCs was required. In microfluidic channels, the efficiencies of cell manipulation and sorting can be enhanced by moving the position of optical trap (Wang et al., 2011; Landenberger et al., 2012; Zhou et al., 2021). Here, the suitable position of the optical trap should be obtained for redirection of RBCs in the microvessels in vivo.
An experiment was conducted to determine the relationship between optical trap position and reperfusion efficiency as shown in Figure 4A. We selected six typical positions at the branch of vessels for optical trap working, as marked with ‘+’ in Figure 4A. Then we recorded the blood flow with 30 s videos for each working location, and the erythrocytes in Branch Ⅲ were counted. The results were indicated in Figure 4B, the microvascular reperfusion was obviously better when the optical trap position was located at P3 (red) and P4 (black). The reason behind such better performance of the microvascular reperfusion might be that the optical trap was redirecting the RBCs rather than trapping them. Fortunately, the optical trap can change the flowing direction of RBCs and then attracted the RBCs into the Branch Ⅲ. Therefore, the optimal optical trap position for the reperfusion can be determined roughly. At P3 and P4 in Figure 4A, the redirected RBCs were trapped and flowed into the Branch Ⅲ one by one.
[image: Figure 4]FIGURE 4 | (A) Optical trap was located in different positions in a microvessel. Different colors of ‘+’ represent different positions of the optical trap. (B) Relationship between the position of the optical trap and the amount of redirection RBCs. The color of the histogram corresponds to the color of the optical trap in (A). ‘+’ indicates the optical trap.
When the optical trap was located at P3 (red), P4 (black), and P5 (green), some RBCs flowing to Branch Ⅱ initially were within the action range of the optical trap. These RBCs can be attracted and flowed to the Branch Ⅲ eventually. The optical trap has reperfusion ability. When the optical trap was located at P1 (purple) and P2 (blue) as in Figure 4A, the most of RBCs flowing to Branch Ⅱ were not in the action range of optical trap, so the numbers of reperfusion RBCs were poor. When the optical trap was located at P6 (cyan) as in Figure 4A, the optical trap has no reperfusion capability because the optical trapping force cannot overcome the dragged force from the blood flow of Branch Ⅱ, and the RBCs cannot redirect and flow to Branch Ⅲ.
Since the geometry of each branch in vivo is different, it is difficult to determine a unified standard to apply to all branches when the relationship between the optical trap position and the reperfusion efficiency was investigated. The results shown in Figure 4 suggest that the optical trap position is one of the important factors affecting the efficiency of optical tweezers to control microvascular reperfusion. Combined with experiments, however, the possible optimal location for reperfusion can still be given. We believe that the optimal trap location is more likely to be near the branch entrance. Microvascular reperfusion could be achieved when the optical trap location within the range of is ∼2 μm near the branch entrance. In fact, this range is easily identified.
3.4 Effect of Laser Power on Reperfusion Efficiency
To investigate the effect of laser power on reperfusion, the optical trap position was fixed at the optimal location, as shown in Figure 5A, and the laser power was gradually increased for reperfusion experiment. In this experiment, the 30-s videos were recorded at each power. The reperfusion efficiency η is given as η=(qⅢ/qⅠ)×100%, where qⅠ and qⅢ represented the RBC amounts flowed into Branch Ⅰ and Branch Ⅲ, respectively. Figure 5B showed the reperfusion efficiency with increasing laser power. The results showed that optical trap cannot control the reperfusion of RBCs when the power of laser entering pupil was less than 200 mW for this microvessel. When the laser power was about 200∼550 mW, reperfusion efficiency decreased with increasing laser power. When the laser power was greater than 550 mW, the RBCs were trapped at the entrance of Branch Ⅲ and decreased the blood flow of Branch Ⅲ.
[image: Figure 5]FIGURE 5 | (A) Optical tweezers control of blood flow in a branching microvessel. ‘+’ indicates the optical trap. (B) Relationship between laser power and reperfusion efficiency (η).
The experimental results reported in Figure 5 indicate that an appropriate laser power was crucial in determining the ability of blood reperfusion. For in vivo trapping, the maximum tested power was almost up to 1000 mW, the heat-induced thermal damage should be discussed. During the reperfusion controlled by optical tweezers, there was no observable damage to microvessels or cells. And no burning spots were observed on the pinna of the mice for several weeks after the experiments. Studies have shown that under the same trapping conditions, Chinese hamster ovary cells exhibit an average temperature rise of nearly 1.15 ± 0.25 °C/100 mW (Liu et al., 1995). This thermal damage, which can be almost ignored, seems to be explained by the weaker absorption of organisms at 1064 nm wavelength relative to visible light (Liu et al., 1995; Liu et al., 1996; Neuman et al., 1999; Peterman et al., 2003). In addition, RBCs with high thermal conductivity can carry away some of the heat induced by the absorption through the fast blood flow, and this also prevents local thermal accumulation (Gao et al., 2021). In Section 3.5, we will analyze the relationship between reperfusion efficiency and the laser power.
3.5 Physical Model
The microvascular reperfusion efficiency is correlated with the optical trap force, which is proportional to the laser power. To explain reperfusion efficiency of the optical tweezers with the laser power, a physical model was established. The forces on an RBC passing junction is described in Figure 6A, the cell will flow into Branch Ⅱ without the optical trap working. We assumed that blood flows are steady flows in all branches. The RBC experiences a drag force FdⅡ from blood flow of the Branch Ⅱ. When the laser power was larger than a critical trapping power Pc, the optical trapping force Ft can overcome the component of drag force FdⅡcosθ, and an RBC originally flowing from Branch Ⅰ to Branch Ⅱ can be redirected to Branch Ⅲ, as in Figure 6A.
[image: Figure 6]FIGURE 6 | Theoretical analysis model. (A) RBC is redirected and flows to Branch Ⅲ under the action of optical trap. ‘*’ indicates the optical trap. (B) Forces on the RBC being dragged by the blood flow. xmax, the maximum action range of trapping force; (C) RBCs in Branch Ⅲ. Ft, optical trapping force; FdⅡ and FdⅢ represents drag force from blood flow in Branch Ⅱ and Branch Ⅲ, respectively; and ΔL, increased length without RBC in the microvessel during the staying time t.
From the experimental videos (Supplementary Video S4), the redirected RBCs were stretched in the trap by the drag force FdⅢ from the blood flow of Branch Ⅲ. The forces on the trapped RBC are described in Figure 6B. When the RBC passes through the trap, the cell will be trapped at the position where the FdⅢ and Ft are balanced. The Ft acts on a part of the RBC actually. Here, the effective part of the RBC is described with stretch ratio (λ) as in Figure 6B. The stretch ratio λ is defined as the ratio of the length of an RBC stretched to its diameter. Before the RBC is stretched, initial stretch ratio is set as λ0. With the increase of the optical trapping force, the stretching ratio of RBC increases. The optical trapping force is proportional to the stretch ratio of trapped object (Rohrbach, 2005). When the RBC is stretched to long enough, the Ft will be smaller than FdⅢ, and the RBC will escape from the trap. The escaping RBC enters Branch Ⅲ and increases the number of RBCs in Branch Ⅲ. However, the RBC cannot be stretched to infinity, so there is a maximum stretching ratio (λmax). When the Ft increases with increasing laser power to a certain value Pm, the RBC will be stretched to the maximum stretch ratio, the Ft (λmax) can overcome the drag force FdⅢ. The RBC will be trapped and clog the entrance of Branch Ⅲ, the number of RBCs in Branch Ⅲ will be smaller than that of before the optical trap working. The relation between the laser power P and the trapping force Ft is summed as follows:
[image: image]
In Equation 1, we describe the different relationship between the optical trapping force and the blood flow drag force on RBC caused by the increase of laser power. The further analysis is the effect of optical trapping force on microvascular reperfusion efficiency with the increase of laser power. Here, the time t spent in the range of optical trap for each RBC was used to reflect the efficiency of reperfusion. The cell flowing to Branch Ⅱ initially is trapped at the entrance of Branch Ⅲ due to the action of optical trapping force. Then, the RBCs in the optical trap are stretched under the drag force of blood flow, and the relationship between the maximum stretch ratio λmax and time t can be expressed as follows (Hochmuth et al., 1979; Lim et al., 2004):
[image: image]
When the RBC is stretched to the maximum stretched length, it escapes from the optical trap. tc is the characteristic time (Hochmuth et al., 1979; Lim et al., 2004). If the cell can escape from the optical trap, the cell receives the maximum optical trapping force when it is at xmax from the optical trap center. In fact, xmax may increase slightly as the laser power increases. In this case, the stretch ratio of cell is the maximum, as in Figure 6B. The maximum stretch ratio λmax of an RBC can be estimated by (Evans, 1983; Parker and Winlove, 1999; Sleep et al., 1999)
[image: image]
where H and B represent Shear modulus and bending modulus of cell membrane, respectively, r is the initial radius of the RBC, and k represents the optical trap stiffness. Therefore, the time for cell staying in the optical trap t can be described as follows:
[image: image]
When the laser power increases, k and t increases, as shown in Eqn. 4. In other words, with the increase of laser power, the optical trapping force acting on RBC will be increased, thus increasing the residence time of RBC at the branch. For simplicity, we assume the RBCs flow into the Branch Ⅲ one by one. The number of RBCs in the Branch Ⅲ before optical trap working is represented as q0, the number of reperfused RBCs is set as Δq when the optical trap can work at the laser power Pc, and the blood flow velocity vf is assumed as a constant. For the Branch Ⅲ with length L, the ‘rescaled’ diameter of RBC d can be obtained by d = L/(q0+Δq). When the laser power is larger than the Pc, the RBC stays in the optical trap within the time t, and there is an increasing RBC unfilled length ΔL during the time t, as in Figure 6C. The numbers of reperfusion RBCs can be expressed as follows:
[image: image]
From Eqn. 4, the staying time t increases with increasing laser power and optical stiffness. Therefore, the number of reperfusion RBC Δq decreases with increasing laser power. When the laser power increases to larger than Pm, the cell cannot escape from the optical trap. The trapped RBCs will clog the entrance of Branch Ⅲ, and stop the other flowing RBCs into Branch Ⅲ. According to the above analysis, we can express the effect of optical trap on RBC reperfusion controlling as follows:
[image: image]
According to the Eqn. 6, the results in Figure 5B can be explained qualitatively. When the laser power was less than 200 mW, the optical trapping force was smaller than the drag force of blood flow, the all RBCs were dragged into the Branch Ⅱ, and the reperfusion of RBCs to Branch Ⅲ cannot be controlled. When the laser power was 200∼550 mW, the optical trapping force can guide the reperfusion of RBCs to Branch Ⅲ. However, when the power was greater than 550 mW, RBCs were trapped in the optical trap at the entrance of Branch Ⅲ, resulting in microvascular obstruction. The cells initially flowing to Branch Ⅲ were also inhibited, which worsened the microvascular ischemia of Branch Ⅲ.
Since the complexity of the environment in vivo, the blood pressure of different microvessels in pinna of mice may be slightly different. This leads to differences in the optimal laser power for controlling reperfusion. However, the reperfusion experiments by optical tweezers in this manuscript were all carried out at 200∼550 mW of laser entering pupil. Only one data is shown in Figure 4, illustrating the effect of laser power on reperfusion, but visualizations in Figure 3 show the universal applicability of reperfusion.
In the experiment, the optical trapping force decreased with the increase of the depth of the reperfusion microvessels. This is the result of laser energy loss due to the strong scattering characteristic of biological tissue. With the depth of the optical trap inside the body increasing, the loss of laser energy will be increased. Moreover, the trap stiffness decreases with the increase of laser optical trap depth. The solution of these two problems requires increasing laser power, thus affecting the optimal laser power of reperfusion. Therefore, the optimal laser power for optimal reperfusion is within a range.
To improve the trap stiffness of the optical trap position, increasing laser power is an effective strategy. However, this may cause photodamage to blood vessels and RBCs. Therefore, methods to reduce light damage need to be used. Recently, some practical progress has been made toward decreasing photodamage in optical trapping systems. Azimuthally polarized beams achieve higher axial trapping efficiency and lower photodamage than linearly polarized Gaussian beams when used for optical trapping of individual RBCs (Yu et al., 2020). Moreover, many indirect-based cell manipulation strategies have been developed to significantly avoid photodamage to the target cell (Chowdhury et al., 2013a; Xie et al., 2018b; Stoev et al., 2021; Chen et al., 2022). Previous reports suggesting that the photodamage can be totally eliminated for pushing-based cell manipulation, as opposed to occurrence rates of 67 and 33% for direct trapping and tool attachment or gripping, respectively, (Chowdhury et al., 2013b; Banerjee et al., 2014). Therefore, reducing the contact between the laser and the target cell is an effective strategy to avoid photodamage in optical trap manipulation using near-infrared laser. We consider optical tweezers combined with these indirect-based manipulation methods could help achieving reperfusion of microvessels with deeper.
4 CONCLUSION
In conclusion, we have derived an efficient method of microvascular reperfusion in vivo, and it is the first time to reperfusion the microvascular hypoperfusion in the pinna of mice. The effect of the position of the optical trap center and the laser power on the reperfusion was studied experimentally for carrying out the experiment of reperfusion under suitable optical trap position and laser power. The results showed that microvascular reperfusion could be achieved by optical tweezers near the branch entrance of microvascular hypoperfusion with 200∼550 mW of laser entering pupil. In addition, a series of experiments have demonstrated the universal applicability of microvascular reperfusion by optical tweezers.
As far as we know, the current treatment for distributive shock ensures blood perfusion of macrocirculation. Precise treatment of the microvascular hypoperfusion is difficult (Vincent and De Backer, 2013; Pan et al., 2020). The development of various techniques has provided new ideas for the treatment of the microvascular hypoperfusion (Galanzha et al., 2009; Lenshof et al., 2009; Galanzha et al., 2016). In this study, optical tweezers were used to control microvascular reperfusion at branch. Experimental results on the pinna of mice show that the method is effective in the treatment of the microvascular hypoperfusion. The implementation of this technique is almost non-invasive in controlling dynamic reperfusion of microvessels in vivo, which has not yet been achieved by any other techniques. However, the treatment of distributive shock with this technique still faces some challenges. One is that traditional Gaussian optical tweezers cannot form an effective optical trap in deep tissue due to the strong scattering characteristics of biological tissue, and the other is the lack of real-time and clear imaging methods in deep tissue. This is why we are working in mice pinna.
Moreover, experimental results indicate that optical trapping force should be maintained at the branch in order to treat microvascular hypoperfusion. The method we propose will be a pertinent treatment of hypoperfusion if the optical trapping force remains at the branch for a short time, allowing continuous reperfusion of microvessels. We will seriously discuss and pay attention to this issue in the following research.
As a basic study, however, optical tweezers can be used as a new method to control microvascular reperfusion in vivo, and this non-invasive and precise method of microvascular reperfusion is expected to provide new insights into the treatment of distributive shock.
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Major organs and tissues require close association with the vasculature during development and for later function. Blood vessels are essential for efficient gas exchange and for providing metabolic sustenance to individual cells, with endothelial cells forming the basic unit of this complex vascular framework. Recent research has revealed novel roles for endothelial cells in mediating tissue morphogenesis and differentiation during development, providing an instructive role to shape the tissues as they form. This highlights the importance of providing a vasculature when constructing tissues and organs for tissue engineering. Studies in various organ systems have identified important signalling pathways crucial for regulating the cross talk between endothelial cells and their environment. This review will focus on the origin and migration of craniofacial endothelial cells and how these cells influence the development of craniofacial tissues. For this we will look at research on the interaction with the cranial neural crest, and individual organs such as the salivary glands, teeth, and jaw. Additionally, we will investigate the methods used to understand and manipulate endothelial networks during the development of craniofacial tissues, highlighting recent advances in this area.
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INTRODUCTION
The vasculature acts as a major transport mechanism with blood as a constant flowing medium being distributed through vessels. It serves as a multipurpose delivery system providing essential nutrients and removing toxic metabolites (Rajendran et al., 2013). Blood vessels are part of a complex circulatory system responsible for development and maintenance of organ systems. Any dysregulation in the mechanisms underlying blood vessel regulation or abnormal blood vessel formation contributes to development of widespread pathologies including peripheral vascular diseases, metastatic conditions and bone diseases (Rajendran et al., 2013; Ramasamy et al., 2015).
Blood vessels formation is a highly organized sequential event comprised of two distinct mechanisms, vasculogenesis and angiogenesis, which occur throughout the body. These tightly regulated processes commence during embryonic life and continue postnatally. During embryonic development vasculogenesis begins in tissues through the in-situ differentiation of endothelial precursors forming an immature vascular network that coalesce to form de novo tubes (Schmeisser and Strasser, 2002). Post-natal blood vessel formation generally occurs through angiogenesis, involving new vessels sprouting from pre-existing vessels (Moore, 2002). The entire vasculature is lined chiefly by endothelial cells. These cells carry out primary roles as cell barriers controlling movement of cells and substances in and out of blood vessels. Moreover, they control critical functions such as regulation of vascular tone, coagulation and homeostasis (Sandoo et al., 2010). A number of proteins, such as CD31 (also known as PECAM1) is present evenly over the cell surface and can be used as an endothelial cell marker. In embryonic tissues endothelial cells keep pace with growth and development, whereas in adult tissue they continue to allow renewal, remodelling and reconstruction. During early vascular development important molecular signals such as Bone morphogenetic protein-4 (BMP4) initiate endothelial cell differentiation from various multipotent mesenchymal cells while fibroblast growth factor (FGF) stimulates cells by inducing early endothelial markers (Dejana et al., 2017). Vascular endothelial growth factor (VEGF) expression controls blood vessel growth and remodelling, providing mitogenic and survival stimuli to endothelial cells, with FGF signalling in endothelial cells controlling the sensitivity of the response (Murakami and Simons, 2008). Endothelial cells acquire support from contractile cells called pericytes and smooth muscle cells (collectively referred to as mural cells) that attach to the abluminal surface of endothelial cells (Armulik et al., 2011). These mural cells/perivascular cells express common markers, such as neuron- glial-antigen (NG2), Cd146, α-SMA, and platelet derived growth factor- β (Bergers and Song, 2005).
The focus of this review is on the function of endothelial cells (ECs) in the craniofacial region and the molecular signatures that regulate endothelial cell migration in the cranium. We discuss perfusion independent roles of the vasculature in directing tissue morphogenesis/cell differentiation in different cranial structures. Moreover, we discuss technical advancements that aid in the investigation of the roles of endothelial cells.
ENDOTHELIAL CELL ORIGIN IN THE CRANIAL REGION
The craniofacial region houses the sense organs, brain and masticatory organs, all of which are well supplied by the vasculature (Figure 1). The face is created from the fusion of the pharyngeal arches and nasal processes (lateral, medial and frontal) that form during early craniofacial development. Endothelial cells develop around the forming pharyngeal arch arteries in the centre of each pharyngeal arch and are derived from Mesp1-lineage positive mesoderm (Liang et al., 2014). In contrast, the surrounding pericytes and smooth muscle cells are derived from the neural crest (Etchevers et al., 2001). Previously, tracing of the embryonic vasculature suggested that the vasculature of the pharyngeal arches formed as an extension of the dorsal aorta, with the endothelial cells sprouting from the larger vessel (angiogenesis) (Hiruma et al., 2002). However, genetic labelling using Tie2cre has revealed that vessels in the arches arise de novo directly from the pharyngeal mesoderm (vasculogenesis), rather than as extensions of existing vessels (Li et al., 2012).
[image: Figure 1]FIGURE 1 | Endothelial cells in the developing cranial region. (A–D) Murine cranial tissue CD31 expression in red. Nuclei stained with DAPI in blue. (A) E (embryonic day) 14.5 Developing eye. (B) E16.5 Developing submandibular gland. (C) E14.5 Developing Meckel’s cartilage (centre) surrounded by CD31 cells in the surrounding mesenchyme. (D) E17.5 Developing olfactory epithelium. Scale bar = 100 μm.
Two distinct sources of endothelial cells have been described to populate the pharyngeal arches (Wang et al., 2017). The exact source of embryonic tissue that gives rise to anterior arch endothelium in mice is still unclear, but in the more posterior pharyngeal arches (arch 3–6) the endothelial cells derive from the secondary heart field (SHF) (Wang et al., 2017). The SHF is a subset of the Mesp1 progenitor population defined by the Isl1 transcription factor (Verzi et al., 2005; Evans et al., 2010). Quantitative analysis revealed that 95% of the endothelial cell population in pharyngeal arch 3–6 was derived from the SHF. VEGFR2 expressing cells in the SHF delaminate and migrate into the pharyngeal mesenchyme to form a primitive vascular network (Wang et al., 2017). These small blood vessels undergo remodelling to create the pharyngeal arch arteries in arch 3–6th, which eventually give rise to the aortic arch arteries (Hutson and Kirby, 2007). Even after extensive vascular remodelling the aortic arch arteries retain the SHF derived endothelium (Wang et al., 2017).
Vasculogenesis of the pharyngeal arch arteries is regulated by retinoic acid signalling (Li et al., 2012). Compromised retinoic acid signalling caused defects in both the pharyngeal endoderm and arch arteries, with retinoic acid receptor activity required for proper coalescence of endothelial cells into nascent blood vessels in the pharyngeal mesoderm (Wendling et al., 2000). Rara1/Rarb mutants showed bilateral absence or hypoplasia of the 4/6th arch artery (Li et al., 2012). Mesp1cre/Rara conditional knock out embryos had no effect on terminal differentiation of endothelial cells but led to scattered endothelial cells that failed to aggregate to form nascent vessels, highlighting the need for retinoic acid signalling for effective vasculogenesis (Li et al., 2012).
In zebrafish, time lapse imaging using the transgenic Etsrp:GFP line, where GFP labels vascular endothelial and myeloid progenitors, identified two bilateral angioblast clusters called the rostral organizing centre and midbrain organizing centre, which gave rise to cranial vessels (Proulx et al., 2010). These organizing centres contained endothelial clusters that formed by vasculogenesis and eventually gave rise to cranial vessels through angiogenesis (Proulx et al., 2010). At the 14–15 somite stage angiogenic extensions from the rostral organizing centre developed and endothelial cells migrated posteriorly and laterally giving rise to most rostral cranial vessels (Proulx et al., 2010). In contrast, the midbrain organizing centre progenitors collectively migrated and formed midbrain/hindbrain cranial vessels.
Etsrp is a Ets transcription factor that controls vascular and haematopoietic development and is homologous to Etv2 in mammals. In Etsrp morphant zebrafish, the cranial vasculature was absent and scattered angioblasts were observed (Proulx et al., 2010). Interestingly, the endothelial progenitors appeared to change fate in the absence of Etsrp, forming skeletal muscle, suggesting a role for this transcription factor in determining endothelial fate (Chestnut et al., 2020).
MIGRATING WITH THE CRANIAL NEURAL CREST
The cranial vasculature shares common migration pathways with cranial neural crest cells (McKinney et al., 2016). Neural crest cells form important structures in the craniofacial region, which are intimately linked with the cranial vasculature. Alteration in neural crest cell migration can give rise to craniofacial syndromes, known as neurocristopathies (Trainor, 2010). Cranial neural crest cell and endothelial cells, despite having distinct origins, migrate towards a common region in close proximity (McKinney et al., 2016). The vasculature is regulated by a family of essential growth factors called Angiopoietins (Davis et al., 1996; Suri et al., 1996) that are also highly expressed in cranial neural crest cells, the otic vesicle and neural tube (McKinney et al., 2016). During migration, frequent collisions were recorded between endothelial and r6 neural crest cells that led to changes in endothelial cell behaviour and cell shape (McKinney et al., 2016). Overexpression of Angiopoietin 2 in neural crest cells perturbed endothelial cell migration and motility, with fewer, more unstable endothelial sprouts that underwent regression (McKinney et al., 2016). The interaction appears to go both ways, as highlighted in conditional Flk1 (VEGFR2) mutants. VEGFR2 is indispensable for development of endothelial and haematopoietic lineages, with knockdown of this gene resulting in embryonic lethality during early embryogenesis due to disruption of the endothelial pool in the anterior region of the developing head (Eichmann et al., 1997; Shibuya, 2011). In the absence of cardio-cranial endothelial cells, the cranial neural crest cells were also deficient, with loss of neural crest markers in the second pharyngeal arch (Milgrom-Hoffman et al., 2014). Interestingly, loss of endothelial cells led to changes in the extra cellular matrix, which then impacted neural crest survival and migration and led to cell death of the cranial neural crest cells (Milgrom-Hoffman et al., 2014). This research, therefore, suggests an instructive role of the cranial vasculature in controlling neural crest decisions.
Analysis of Ephrin mutants, however, suggests that the cues that control the guidance of the cranial neural crest and vasculature are complex. In the Ephrin B2 null mouse, both the cranial neural crest and the vasculature were defective, with an absent or significantly reduced second branchial arch (hyoid) and loss of the associated blood vessels (Adams et al., 2001). Endothelial cells were irregularly arranged and failed to form tubular network with numerous abnormal sprouts and branches invading somitic tissues (Adams et al., 2001). In contrast, loss of the cytoplasmic domain of Ephrin B2 in a truncated mutant caused vascular and angiogenic defects in the head but did not disrupt cranial neural crest cell migration (Adams et al., 2001). These findings suggest the importance of full length Ephrin B2 for remodelling and formation of cranial vasculature. However, a conditional knockin mouse, where Ephrin B2 was rescued in the vasculature in Ephrin B2 null mice, but not in the neural crest, led to normal neural crest migration. The defect in the neural crest in the mutant is, therefore, due to the defect in the vasculature (Lewis et al., 2015). These findings highlight the importance of endothelial-neural crest cell coordination during early stages of head morphogenesis.
GUIDING ENDOTHELIAL CELLS IN THE HEAD
Endothelial cells need to be guided to particular organs during development and form an integral part of their development. This involves key molecules that guide endothelial cells throughout the body by a combination of attraction and repulsion.
The VEGF signalling pathway has been shown to be an important vascular attractant in a range of different tissues (Shibuya, 2011). VEGFR2 is largely found in high calibre arteries whereas VEGFR3 expression is restricted to veins and capillaries (Rocha and Adams, 2009). In the developing head, the vasculature expresses VEGFR2 (Shadad et al., 2019). VEGF expression has been followed using LacZ reporters throughout mouse embryogenesis, with high levels in the cranial region, particularly associated with the developing tooth, whisker follicles, pituitary, and choroid plexus at E14.5 (Miquerol et al., 1999). In the whisker follicle, VEGF was expressed in the condensing mesenchyme but not in the epithelium, while in the tooth, VEGF was expressed in the dental epithelium, not in the dental papilla but in the mesenchyme of the dental sac (Miquerol et al., 1999). Expression of VEGF in the tooth epithelium is maintained throughout development and is closely associated with the enamel knots, signalling centres that control tooth morphogenesis (Shadad et al., 2019). VEGF has additionally been shown to be expressed in the mesenchyme surrounding Meckel’s cartilage (Wiszniak et al., 2015), a transient structure that forms the template for the lower jaw in vertebrates (Svandova et al., 2020). Craniofacial organs, therefore, have an organ specific expression pattern of VEGF, attracting the VEGFR2 positive vasculature to different regions of the cranial organs as they develop.
Sema3 family members compete with VEGF to bind to Nrp1 to inhibit VEGF induced angiogenesis (Parker et al., 2012). Several in vitro studies have explored the role of Sema3s in controlling endothelial cell migration (Gu and Giraudo, 2013). Chick forelimb studies reveal how Sema-3A coated beads disintegrate vascular network assembly whereas exogenous application of Sema-3A antibody led to local rescue of vasculature (Bates et al., 2003). During craniofacial development, semaphorin class 3 members such as Sema3A Sema3B Sema3C and Sema3E are expressed in developing brain stem, otic vesicle, eye (periocular mesenchyme), trigeminal ganglion and branchial arches (Chilton and Guthrie, 2003). In the first pharyngeal arch, Sema 3C was expressed mainly in the arch epithelium, while Sema3D was expressed in a patch in the arch mesenchyme (Chilton and Guthrie, 2003). Studies on murine embryonic development have reported expression of Sema3G in the retinal/brain endothelial cells and Sema3A/Sema3C in the submandibular gland (Chung et al., 2007; Tan et al., 2019; Chen et al., 2021). Similarly, zebrafish studies have reported expression domains of Sema3G in the midbrain, diencephalon, telencephalon and pharyngeal arches during early development. In the retina, Sema3G is expressed in endothelial cells and acts as a vascular remodelling factor. Conditional deletion of Sema3G in endothelial cells led to hyper-pruned vascular networks with leaky immature retinal vessels (Chen et al., 2021). Semas, may therefore, have a greater role in remodelling the vasculature, rather than in guiding migration as first envisioned. VEGF, thus, guide the endothelial cells into the head to reach specific organs at distinct timepoints, and then Semas act to remodel the vasculature.
INSTRUCTIVE ROLE OF ENDOTHELIAL CELLS IN CONTROLLING MORPHOGENESIS/CELL DIFFERENTIATION IN CRANIOFACIAL STRUCTURES
As observed for the neural crest, the vasculature not only functions as a transport system bringing nutrients and oxygen and removing waste but can have an instructive role controlling cell migration and building organ architecture. These perfusion independent roles have been studied in the forming head in the context of the salivary glands, tooth, jaw cartilage and brain.
Endothelial cell control of salivary gland morphogenesis
During development, CD31+ve endothelial cells intimately surround developing salivary glands wrapping around the epithelial end buds from E12.5 onwards (Kwon et al., 2017). Notably, VEGFR2+ cells were detected inside clefts that define the boundary between terminal proacinar structures and secondary duct epithelium. Blocking VEGFR2 tyrosine kinase activity with inhibitors such as ZM323881 and SU5416 or with VEGFR2 siRNA, inhibited vascular development in culture and altered epithelial branching with fewer endbuds, wider excretory ducts and decreased total ductal area (Kwon et al., 2017). These findings suggest that the vasculature is essential for submandibular gland morphogenesis. Immuno-depletion of CD31+ endothelial cells, using a novel ex-vivo SMG cell fractionation/reconstitution assay, led to loss of the vasculature and increased end bud size (Kwon et al., 2017) (Figure 2). Epithelial gland architecture was rescued by supplementation of the depleted gland cultures with endothelial cells, which supported end bud formation with thin secondary ducts and partially restored the vasculature (Kwon et al., 2017). Inhibition of VEGFR2 resulted in longer and wider K19 + developing ducts with expansion of K19+ ductal population and reduction of Kit+ cells relative to the control group. Interestingly, exogenous addition of endothelial cell-regulated mesenchymal factors such as IGFBP2 and IGFBP3 restored epithelial patterning (Kwon et al., 2017). These results highlight that endothelial cells can promote expansion of progenitor populations and suppress premature ductal differentiation during SMG development.
[image: Figure 2]FIGURE 2 | CD31 cell-dependent vasculature development promotes epithelial patterning in an SMG cell fractionation/reconstitution assay. (A) SMG cell fractionation/reconstitution assay schematic. Unfractionated SMG mesenchyme amenable to cell immunodepletion was generated by microdissection of the mesenchyme from the epithelium followed by enzymatic dissociation of the mesenchyme to single cells and re-aggregation of the isolated mesenchymal cell population. Re-aggregated mesenchyme was then reconstituted with an intact microdissected E13 epithelial rudiment. For endothelial cell depletion, CD31+ endothelial cells were immunodepleted from fully dissociated mesenchyme cells using MACS with CD31 microbeads prior to re-aggregation of the dissociated mesenchyme and reconstitution with an intact epithelium. For endothelial cell supplementation, endothelial-depleted mesenchymal cells were mixed with MACSisolated endothelial cells collected from E16 glands, prior to re-aggregation of the mesenchyme and reconstitution with an intact epithelium. The reconstituted glands were cultured ex vivo for 48 h post-reconstitution (B) Confocal images (maximum projection images) consistently showed a change in the epithelial patterning (no marker, black) with a mesenchymal marker (PDGFRβ in red) defining the mesenchymal shape. CD31+ vasculature (cyan) was present in unfractionated, but not in endothelial depleted mesenchyme. E, endbud. (C) Endothelial supplementation promoted epithelial branching. Taken with permission from Kwon et al., 2017.
Angiocrine factors facilitating jaw and cartilage morphogenesis
During embryonic development, VEGF is strongly expressed in the neural crest derived mesenchyme surrounding Meckel’s cartilage (Wiszniak et al., 2015). Genetic ablation of VEGF from cranial neural crest cells led to cranial hypoplasia, cleft palate, maxillary bone defects and an abnormal bow shaped mandible (Wiszniak et al., 2015). In these conditional mutants, neural crest cell specification and migration into the first pharyngeal arch was not altered excluding the possibility of VEGF directly influencing early NCC development (Wiszniak et al., 2015). VEGF deletion perturbed chondrogenesis and led to the formation of a dysmorphic Meckel’s cartilage which failed to acquire its normal arrowhead morphology. Persistence of this abnormal phenotype between E14.5 to E17.5 confirmed defective growth of the cartilage linked to a defect in vascularisation of the first arch (Wiszniak et al., 2015). Downregulated CD31 expression confirmed reduction of micro-vessel density and loss of mandibular artery in mutant jaws. In vitro co-culture of arterial tissue with neural crest cell or chondrocytes confirmed that neural crest cell derived VEGF regulates blood vessels, which in turn secrete angiocrine factors to instruct chondrogenesis. A similar defect in the mandibular artery resulting in craniofacial defects was observed in the Tie2creNrp1fl/fl mouse, validating the instructive role of blood vessels during jaw morphogenesis (Wiszniak et al., 2015).
As an extension to this study, invitro/ex-vivo tissue explants were used to investigate specific vascular mitogens that might promote Meckel’s cartilage proliferation to facilitate jaw extension. A murine chondrogenic cell line, ATDC5, was stimulated with aorta-conditioned media, which activated insulin receptor Akt,ERK1/2 and Stat3 (Marchant et al., 2020). RT-PCR revealed high expression of IGF1, minimal expression of IGF2, and no detectable levels of Ins1 or Ins2, highlighting that IGF1 is the main angiocrine factor secreted from aortic rings (Marchant et al., 2020). In keeping with this, IGF1 was reduced in cranial neural crest specific conditional VEGF mutants, suggesting that the cranial blood vessels are a key source of IGF1 driving mandibular extension (Marchant et al., 2020). Genetic deletion of IGF1 from endothelial cells resulted in a shortened Meckel’s cartilage with reduced proliferative capacity while exogenous supplementation of IGF1 rescued the proliferation deficit in cultured mandibles. These findings point towards a crucial angiocrine function of IGF-1 during craniofacial cartilage development.
Angiogenic-odontogenic coupling during tooth development
VEGF is highly expressed in the developing tooth bud (Miquerol et al., 1999) and all endothelial cells in the surrounding vasculature show high immunoreactivity for VEGFR2 (Shadad et al., 2019). Postnatally, endothelial cells at the periphery of the tooth express VEGFR1 and VEGFR2 concomitantly at high levels (Matsubara et al., 2022). These Vegfr + ve capillaries lacked smooth muscle coverage, expanded and perforated the basal layer of odontoblasts (dentin producing cells) before the onset of active dentinogenesis (Matsubara et al., 2022). Deletion of VEGFR2 from endothelial cells postnatally led to loss of the vasculature by apoptosis, particularly near the odontoblast layer, and a knockon effect on the width of the odontoblasts and dentin delayed odontoblast maturation. Metabolomic analysis of VEGFR2 null mice revealed a decrease in ATP/ADP and creatine phosphate levels, indicating a decline in the phosphate pathway, highlighting a potential systemic effect on the teeth. Interestingly, the peripheral endothelial cells were shown to express TGFβ1, Ptn and Jag2, all of which are known to promote odontoblast maturation, with addition of these factors leading to rescue of dentin markers in the conditional VEGFR2 knockout in culture (Matsubara et al., 2022). These results highlight the importance of the vasculature in facilitating post-natal tooth development and maintaining dentin mineralization by the provision of multiple angiocrine factors.
Bidirectional neural/endothelial communication regulating oligodendrogenesis
TGFβ1 produced by endothelial cells has additionally been shown to impact development of oligodendrocyte progenitor cells (OPCs) (Paredes et al., 2021). During embryogenesis, CNS vascularization coincides with neural progenitor cell proliferation and differentiation (Peguera et al., 2021). Notably, blood vessels develop intimately aligned to neural progenitors without migrating into neurogenic regions (Nie et al., 2010). Angiopoeitin-1 (Ang1), produced by the CNS, was shown to signal through Tie2 on endothelial cells, which in turn signalled back to the OPCs to regulate their specification (Paredes et al., 2021). TGFβ1 expression in endothelial cells coincided with OPC specification (Hamaguchi et al., 2019). Endothelial cell derived TGFβ1 was shown to act downstream of Ang1/Tie2 with reduced pSMAD3+Olig2+ progenitors in Ang1 fl/flNestin:Cre embryos, highlighting the endothelial-neural bidirectional cross talk necessary for coordinated development (Paredes et al., 2021). Notably, recombinant TGFβ1 was able to rescue neural specification in spinal cord explants from Ang1fl/flNestin:Cre and Tie2 fl/flPdgfb:CreERT2 transgenic mice.
An understanding of the instructive role of the vasculature during development in multiple organs, highlights the importance of providing endothelial cells when constructing tissues and organs. It also highlights the issue with many explant culture techniques, where the vasculature is not maintained over time, resulting in loss of potentially key signals in vitro.
TECHNICAL ADVANCES TO STUDY THE ROLE OF ENDOTHELIAL CELLS
In order to understand the instructive signals provided by cranial endothelial cells further, various hurdles need to be overcome. We need to be able to identify different subpopulations of endothelial cells to understand tissue specific roles. We need to be able to isolate tissue-specific endothelial cells to investigate the effects of depletion and augmentation in vivo and in vitro. We need to understand the cross talk between cranial organs and endothelial cells, and be able to track endothelial cells in vivo to understand dynamic tissue relationships. Luckily new culture techniques, new biomaterials, imaging techniques, sorting techniques, transcriptomics, and the use of transgenic animals, all make these areas a reality.
Identifying endothelial subpopulations
Endothelial cells can be identified by cell markers such as CD31, CD34, endo-mucin and ib4 (Goncharov et al., 2017). However, endothelial cells exhibit heterogeneity and express unique transcriptional signatures with different properties depending on their location (McCarron et al., 2019). The level of Notch activation, for example, can regulate their proliferation state (Chesnais et al., 2022). With this in mind it is important to understand tissue specific roles and contexts for endothelial cells. An excellent understanding of endothelial cell heterogeneity during different developmental timepoints and in different developing tissues can be achieved through single cell RNA sequencing. Using this method, a unique endothelial subtype was identified in the tooth specialised for dentinogenesis (Matsubara et al., 2022). Interestingly, in the cardiac field, developing endothelial cells initially segregated by lineage but later by tissue localisation, with adult endothelial cells being more homogeneous with respect to lineage and location (Phansalkar et al., 2021). Drastic changes in retinal endothelial gene expression were also observed during postnatal development, between P6 and P10 (Zarkada et al., 2021). These changes were attributed to EC maturation, arterial specification, proliferation and blood-retina barrier formation (Zarkada et al., 2021). scRNA-seq analysis identified two distinct cell clusters (D-Tip and S-Tip) guiding retinal vascularisation and expressing known tip cell markers such as Mcam, Chst1, Nid2 and Rhoc. Several markers were identified to differentiate between both tip cell types, however D-Tip cells displayed higher ECM genes but lower TCA cycle and glycolysis scores as compared to S-Tip cells, indicating different ECM and metabolic need (Zarkada et al., 2021). Notably, D-Tip cells displayed higher TGFb signalling scores and genetic ablation of TGFb receptor using Cdh5Cre driver led to haemorrhagic malformations (Zarkada et al., 2021). These findings have helped in the identification of unique transcriptional signatures of D-Tip retinal endothelial cells that acquire blood retina barrier characteristics for proper retinal vascularization (Zarkada et al., 2021). Therefore, sc-RNA seq can help identify different endothelial clusters and their functions in various organs during development.
Sorting and recombining endothelial cells
Given the above heterogeneity of endothelial cells during development, it is important to be able to isolate organ-specific endothelial cells in order to investigate tissue patterning. Fluorescent activated cell sorting (FACS) offers flexibility and allows separation of multiple cell population, however, to isolate specific cells from large populations magnetic activated cell sorting (MACS) has been shown to be more advantageous (Liao et al., 2016). Kwon et al. (2017) utilized MACS and gland reconstitution techniques to investigate perfusion independent roles of endothelial cells during salivary gland morphogenesis (Figure 2). For isolation of CD31+ve endothelial cells, primary mesenchymal cells from glands at key stages were suspended with mouse CD31 microbeads for immunomagnetic separation (Kwon et al., 2017). This technique allowed stage and tissue specific endothelial cells to be isolated in order to investigate the impact of endothelial cells on gland architecture (Kwon et al., 2017).
Tissues can be deconstructed and reconstituted with and without endothelial cells, or with additional sources of endothelial cells added (Figure 2). Such reconstitution assays are an excellent experimental technique to study perfusion independent effect of endothelial cells and have been successfully carried out to understand the role of endothelial cells during salivary gland development (Kwon et al., 2017). Additionally, these reconstitution techniques can be adapted to combine endothelial cells from different tissues and different stages in order to understand how stage of differentiation and tissue specific signatures impact the vascular-tissue crosstalk (Figure 2).
In addition to reconstituted explants, organoids provide an excellent way to understanding cell behaviour and recapitulating development taking a reductionist approach. Organoids created from organ-specific cells can be cultured with and without endothelial cells to answer questions about morphogenesis and differentiation. This method has been used to study the impact of endothelial cells on mammary gland organoids, where the culture system allowed epithelial branching to recapitulate many aspects of mammary gland development (Wang et al., 2021).
Imaging cranial endothelial cells in vivo and in culture
Several transgenic mice have been utilised to label endothelial cell populations during different developmental stages (Payne et al., 2018). In the neural crest derived parts of the head (which include the facial region and front of the calvaria), the only mesodermal components are the muscles and endothelial cells (Yoshida et al., 2008). Mesp1cre reporter mice, which label the mesoderm, are therefore particularly useful to follow the development of the cranial vasculature. These mice have been used to study the contribution of endothelial cells to developing cranial tissue over time, with tooth germ explant cultures used to follow migration of endothelial cells into the dental papilla (Rothova et al., 2011) (Figure 3). Additionally, Vegfr reporter lines, have been used to follow the contribution of endothelial cells to different tissues, allowing high resolution of endothelial cells structure to visualise structures such as filopodia (Matsubara et al., 2022). Such labelling techniques, combined with the ability to image at high resolution with light sheet microscopy, means we can now trace endothelial cell movement, and follow the process of migration and remodelling in situ in 3 and 4D (Prahst et al., 2020).
[image: Figure 3]FIGURE 3 | Use of Mesp1cre transgenics to follow cranial endothelial cells. (A,B) Murine molar tooth in Mesp1creLacZ mouse (blue cells). (A) E16.5 late cap stage showing migration of endothelial cells into the papilla. (B) Postnatal (PN) day 10 M tooth showing invasion of endothelial cells on both sides of the dental hard tissue.
Making vascular scaffolds to enhance development and repair
Several attempts have been made to tissue engineer vascular scaffolds to allow angiogenesis and vasculogenesis in vitro and invitro studies. Techniques such as lyophilization, electrospinning, decellularization and 3D bioprinting are frequently used in vascular tissue engineering. To incorporate beneficial properties of natural materials researchers have fabricated scaffolds with fibronectin, fibrin, elastin, Matrigel, collagen loaded with cells and reported vascular tissue formation (Cooper and Sefton, 2011; Yang et al., 2020). Collagen1/fibronectin gel implants seeded with endothelial cells have facilitated capillary formation and vascular network assembly in mice (Cooper and Sefton, 2011). Some cell types, such as adipose stromal cells have been shown to release signals to encourage angiogenesis (Rehman et al., 2004). However, in the presence of a nanostructured collagen-based scaffold the release of angiogenic factors, such as VEGF, was reduced in human adipose-derived stem cells as they underwent differentiation (Borgese et al., 2020). There is therefore a need to create scaffolds that enhance not hamper angiogenesis.
To overcome degradation problems associated with natural polymers, several synthetic materials such as hydrogel based polymers, poly (acrylonitrile-co-methyl-acrylate (PAN-MA) polyglycolic acid (PGA), poly-L-lactic acid (PLLA), polyhydroxyalkanoates (PHA’s) and poly ethylene glycol (PEG) have been used in scaffold fabrication for tissue vascularization (Wang et al., 2022).
Scaffolds that encourage angiogenesis have been investigated in the context of dental stem cells. Dental stem cells have been extensively researched due to their ease of accessibility and the availability of multiple sources in the oral cavity providing a promising source of cells for bone and dental regeneration (Cappare et al., 2020). Co-cultures of periodontal ligament stem cells and umbilical cord endothelial cells have been used to prevascularise scaffolds to promote osteogenic differentiation (Zhao et al., 2021). Such scaffolds can then be combined with other techniques to encourage osteogenesis, such as the use of low-level laser irradiation (Ballini et al., 2015). Prevascularisation can reduce the time-period when implanted scaffolds are avascular, and thereby reduce the time when cells are subject to hypoxic conditions. However, whether such prevascularised scaffolds using non-tissue specific endothelial cells can provide the correct instructive signals as highlighted above, is yet to be determined. Interestingly, dental pulp stem cells (DPSCs) can also be induced to differentiate into endothelial cells, by culture in gel moulds (Sasaki et al., 2020). These DPSC endothelial cells can then support pulp-like tissue regeneration (Katata et al., 2021). DPSCs are neural crest derived while endothelial cells are mesodermal, emphasising the plasticity of the neural crest in being able to form a wide variety of tissue types. These studies highlight the benefits and issues associated with tissue engineered vascular scaffolds, but overall, such scaffolds have great potential to lead to novel regenerative therapeutic solutions.
CONCLUSION
In this review, we have discussed the origin of cranial endothelial cells and highlighted key signalling molecules and other cell types that influence their migration into the craniofacial region. Once the endothelial cells have arrived, they not only provide a source of nutrients and waste removal, but actively contribute to the development of cranial organs by provision of angiocrine factors. In the head these signals have been identified so far as IGFs and Tgfbs. Tgfb1 has been shown to play a key instructive role in both the tooth and the brain, highlighting that some of these signals may not be tissue specific but have general functions in the control of differentiation. Instructions from the vasculature are also required for tissue engineering strategies to encourage repair and regeneration of cranial tissue. In keeping with this need, new tissue engineering strategies are being developed to encourage vascularisation of cranial tissue, either through host tissue recruitment or pre-vascularisation of engineered tissue (Li et al., 2022). For enhanced repair and to simulate regeneration, there is much to be learn from understanding the expanding role of endothelial cells in cranial development.
AUTHOR CONTRIBUTIONS
HA was responsible for writing the manuscript draft and creation of figures. AT helped shape the review and contributed to the final writing. Both authors contributed to the manuscript discussion.
PUBLISHER’S NOTE
All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.
REFERENCES
 Adams, R. H., Diella, F., Hennig, S., Helmbacher, F., Deutsch, U., and Klein, R. (2001). The cytoplasmic domain of the ligand ephrinB2 is required for vascular morphogenesis but not cranial neural crest migration. Cell 104, 57–69. doi:10.1016/s0092-8674(01)00191-x
 Armulik, A., Genové, G., and Betsholtz, C. (2011). Pericytes: Developmental, physiological, and pathological perspectives, problems, and promises. Dev. Cell 21, 193–215. doi:10.1016/j.devcel.2011.07.001
 Ballini, A., Mastrangelo, F., Gastaldi, G., Tettamanti, L., Bukvic, N., Cantore, S., et al. (2015). Osteogenic differentiation and gene expression of dental pulp stem cells under low-level laser irradiation: A good promise for tissue engineering. J. Biol. Regul. Homeost. Agents 29, 813–822.
 Bates, D., Taylor, G. I., Minichiello, J., Farlie, P., Cichowitz, A., Watson, N., et al. (2003). Neurovascular congruence results from a shared patterning mechanism that utilizes Semaphorin3A and Neuropilin-1. Dev. Biol. 255, 77–98. doi:10.1016/s0012-1606(02)00045-3
 Bergers, G., and Song, S. (2005). The role of pericytes in blood-vessel formation and maintenance. Neuro Oncol. 7, 452–464. doi:10.1215/s1152851705000232
 Borgese, M., Barone, L., Rossi, F., Raspanti, M., Papait, R., Valdatta, L., et al. (2020). Effect of nanostructured scaffold on human adipose-derived stem cells: Outcome of in vitro experiments. Nanomater. (Basel) 10, 822. doi:10.3390/nano10091822
 Capparè, P., Tetè, G., Sberna, M. T., and Panina-Bordignon, P. (2020). The emerging role of stem cells in regenerative dentistry. Curr. Gene Ther. 20, 259–268. doi:10.2174/1566523220999200818115803
 Chen, D. Y., Sun, N. H., Chen, X., Gong, J. J., Yuan, S. T., Hu, Z. Z., et al. (2021). Endothelium-derived semaphorin 3G attenuates ischemic retinopathy by coordinating β-catenin-dependent vascular remodeling. J. Clin. Invest. 131, 296. doi:10.1172/JCI135296
 Chesnais, F., Hue, J., Roy, E., Branco, M., Stokes, R., Pellon, A., et al. (2022). High-content image analysis to study phenotypic heterogeneity in endothelial cell monolayers. J. Cell Sci. 135, 104. doi:10.1242/jcs.259104
 Chestnut, B., Casie Chetty, S., Koenig, A. L., and Sumanas, S. (2020). Single-cell transcriptomic analysis identifies the conversion of zebrafish Etv2-deficient vascular progenitors into skeletal muscle. Nat. Commun. 11, 2796. doi:10.1038/s41467-020-16515-y
 Chilton, J. K., and Guthrie, S. (2003). Cranial expression of class 3 secreted semaphorins and their neuropilin receptors. Dev. Dyn. 228, 726–733. doi:10.1002/dvdy.10396
 Chung, L., Yang, T. L., Huang, H. R., Hsu, S. M., Cheng, H. J., and Huang, P. H. (2007). Semaphorin signaling facilitates cleft formation in the developing salivary gland. Development 134, 2935–2945. doi:10.1242/dev.005066
 Cooper, T. P., and Sefton, M. V. (2011). Fibronectin coating of collagen modules increases in vivo HUVEC survival and vessel formation in SCID mice. Acta Biomater. 7, 1072–1083. doi:10.1016/j.actbio.2010.11.008
 Davis, S., Aldrich, T. H., Jones, P. F., Acheson, A., Compton, D. L., Jain, V., et al. (1996). Isolation of angiopoietin-1, a ligand for the TIE2 receptor, by secretion-trap expression cloning. Cell 87, 1161–1169. doi:10.1016/s0092-8674(00)81812-7
 Dejana, E., Hirschi, K. K., and Simons, M. (2017). The molecular basis of endothelial cell plasticity. Nat. Commun. 8, 14361. doi:10.1038/ncomms14361
 Eichmann, A., Corbel, C., Nataf, V., Vaigot, P., Bréant, C., and Le Douarin, N. M. (1997). Ligand-dependent development of the endothelial and hemopoietic lineages from embryonic mesodermal cells expressing vascular endothelial growth factor receptor 2. Proc. Natl. Acad. Sci. U.S.A. 94, 5141–5146. doi:10.1073/pnas.94.10.5141
 Etchevers, H. C., Vincent, C., Le Douarin, N. M., and Couly, G. F. (2001). The cephalic neural crest provides pericytes and smooth muscle cells to all blood vessels of the face and forebrain. Development 128, 1059–1068. doi:10.1242/dev.128.7.1059
 Evans, S. M., Yelon, D., Conlon, F. L., and Kirby, M. L. (2010). Myocardial lineage development. Circ. Res. 107, 1428–1444. doi:10.1161/circresaha.110.227405
 Goncharov, N. V., Nadeev, A. D., Jenkins, R. O., and Avdonin, P. V. (2017). Markers and biomarkers of endothelium: When something is rotten in the state. Oxid. Med. Cell Longev. 2017, 9759735. doi:10.1155/2017/9759735
 Gu, C., and Giraudo, E. (2013). The role of semaphorins and their receptors in vascular development and cancer. Exp. Cell Res. 319, 1306–1316. doi:10.1016/j.yexcr.2013.02.003
 Hamaguchi, M., Muramatsu, R., Fujimura, H., Mochizuki, H., Kataoka, H., and Yamashita, T. (2019). Circulating transforming growth factor-β1 facilitates remyelination in the adult central nervous system. Elife 8, 41869. doi:10.7554/eLife.41869
 Hiruma, T., Nakajima, Y., and Nakamura, H. (2002). Development of pharyngeal arch arteries in early mouse embryo. J. Anat. 201, 15–29. doi:10.1046/j.1469-7580.2002.00071.x
 Hutson, M. R., and Kirby, M. L. (2007). Model systems for the study of heart development and disease. Seminars Cell & Dev. Biol. 18, 101–110. doi:10.1016/j.semcdb.2006.12.004
 Katata, C., Sasaki, J. I., Li, A., Abe, G. L., Nör, J. E., Hayashi, M., et al. (2021). Fabrication of vascularized DPSC constructs for efficient pulp regeneration. J. Dent. Res. 100, 1351–1358. doi:10.1177/00220345211007427
 Kwon, H. R., Nelson, D. A., DeSantis, K. A., Morrissey, J. M., and Larsen, M. (2017). Endothelial cell regulation of salivary gland epithelial patterning. Development 144, 211–220. doi:10.1242/dev.142497
 Lewis, A. E., Hwa, J., Wang, R., Soriano, P., and Bush, J. O. (2015). Neural crest defects in ephrin-B2 mutant mice are non-autonomous and originate from defects in the vasculature. Dev. Biol. 406, 186–195. doi:10.1016/j.ydbio.2015.08.021
 Li, P., Pashmforoush, M., and Sucov, H. M. (2012). Mesodermal retinoic acid signaling regulates endothelial cell coalescence in caudal pharyngeal arch artery vasculogenesis. Dev. Biol. 361, 116–124. doi:10.1016/j.ydbio.2011.10.018
 Li, Y., Fraser, D., Mereness, J., Van Hove, A., Basu, S., Newman, M., et al. (2022). Tissue engineered neurovascularization strategies for craniofacial tissue regeneration. ACS Appl. Bio Mat. 5, 20–39. doi:10.1021/acsabm.1c00979
 Liang, D., Wang, X., Mittal, A., Dhiman, S., Hou, S. Y., Degenhardt, K., et al. (2014). Mesodermal expression of integrin α5β1 regulates neural crest development and cardiovascular morphogenesis. Dev. Biol. 395, 232–244. doi:10.1016/j.ydbio.2014.09.014
 Liao, X., Makris, M., and Luo, X. M. (2016). Fluorescence-activated cell sorting for purification of plasmacytoid dendritic cells from the mouse bone marrow. J. Vis. Exp. , 54641. doi:10.3791/54641
 Marchant, C., Anderson, P., Schwarz, Q., and Wiszniak, S. (2020). Vessel-derived angiocrine IGF1 promotes Meckel's cartilage proliferation to drive jaw growth during embryogenesis. Development 147, 190488. doi:10.1242/dev.190488
 Matsubara, T., Iga, T., Sugiura, Y., Kusumoto, D., Sanosaka, T., Tai-Nagara, I., et al. (2022). Coupling of angiogenesis and odontogenesis orchestrates tooth mineralization in mice. J. Exp. Med. 219, 1789. doi:10.1084/jem.20211789
 McCarron, J. G., Wilson, C., Heathcote, H. R., Zhang, X., Buckley, C., and Lee, M. D. (2019). Heterogeneity and emergent behaviour in the vascular endothelium. Curr. Opin. Pharmacol. 45, 23–32. doi:10.1016/j.coph.2019.03.008
 McKinney, M. C., McLennan, R., and Kulesa, P. M. (2016). Angiopoietin 2 signaling plays a critical role in neural crest cell migration. BMC Biol. 14, 111. doi:10.1186/s12915-016-0323-9
 Milgrom-Hoffman, M., Michailovici, I., Ferrara, N., Zelzer, E., and Tzahor, E. (2014). Endothelial cells regulate neural crest and second heart field morphogenesis. Biol. Open 3, 679–688. doi:10.1242/bio.20148078
 Miquerol, L., Gertsenstein, M., Harpal, K., Rossant, J., and Nagy, A. (1999). Multiple developmental roles of VEGF suggested by a LacZ-tagged allele. Dev. Biol. 212, 307–322. doi:10.1006/dbio.1999.9355
 Moore, M. A. (2002). Putting the neo into neoangiogenesis. J. Clin. Invest. 109, 313–315. doi:10.1172/jci0214940
 Murakami, M., and Simons, M. (2008). Fibroblast growth factor regulation of neovascularization. Curr. Opin. Hematol. 15, 215–220. doi:10.1097/moh.0b013e3282f97d98
 Nie, K., Molnár, Z., and Szele, F. G. (2010). Proliferation but not migration is associated with blood vessels during development of the rostral migratory stream. Dev. Neurosci. 32, 163–172. doi:10.1159/000301135
 Paredes, I., Vieira, J. R., Shah, B., Ramunno, C. F., Dyckow, J., Adler, H., et al. (2021). Oligodendrocyte precursor cell specification is regulated by bidirectional neural progenitor-endothelial cell crosstalk. Nat. Neurosci. 24, 478–488. doi:10.1038/s41593-020-00788-z
 Parker, M. W., Xu, P., Guo, H. F., and Vander Kooi, C. W. (2012). Mechanism of selective VEGF-A binding by neuropilin-1 reveals a basis for specific ligand inhibition. PLoS One 7, e49177. doi:10.1371/journal.pone.0049177
 Payne, S., De Val, S., and Neal, A. (2018). Endothelial-specific cre mouse models. Arterioscler. Thromb. Vasc. Biol. 38, 2550–2561. doi:10.1161/atvbaha.118.309669
 Peguera, B., Segarra, M., and Acker-Palmer, A. (2021). Neurovascular crosstalk coordinates the central nervous system development. Curr. Opin. Neurobiol. 69, 202–213. doi:10.1016/j.conb.2021.04.005
 Phansalkar, R., Krieger, J., Zhao, M., Kolluru, S. S., Jones, R. C., Quake, S. R., et al. (2021). Coronary blood vessels from distinct origins converge to equivalent states during mouse and human development. Elife 10, 70246. doi:10.7554/eLife.70246
 Prahst, C., Ashrafzadeh, P., Mead, T., Figueiredo, A., Chang, K., Richardson, D., et al. (2020). Mouse retinal cell behaviour in space and time using light sheet fluorescence microscopy. Elife 9, 49779. doi:10.7554/eLife.49779
 Proulx, K., Lu, A., and Sumanas, S. (2010). Cranial vasculature in zebrafish forms by angioblast cluster-derived angiogenesis. Dev. Biol. 348, 34–46. doi:10.1016/j.ydbio.2010.08.036
 Rajendran, P., Rengarajan, T., Thangavel, J., Nishigaki, Y., Sakthisekaran, D., Sethi, G., et al. (2013). The vascular endothelium and human diseases. Int. J. Biol. Sci. 9, 1057–1069. doi:10.7150/ijbs.7502
 Ramasamy, S. K., Kusumbe, A. P., and Adams, R. H. (2015). Regulation of tissue morphogenesis by endothelial cell-derived signals. Trends Cell Biol. 25, 148–157. doi:10.1016/j.tcb.2014.11.007
 Rehman, J., Traktuev, D., Li, J., Merfeld-Clauss, S., Temm-Grove, C. J., Bovenkerk, J. E., et al. (2004). Secretion of angiogenic and antiapoptotic factors by human adipose stromal cells. Circulation 109, 1292–1298. doi:10.1161/01.cir.0000121425.42966.f1
 Rocha, S. F., and Adams, R. H. (2009). Molecular differentiation and specialization of vascular beds. Angiogenesis 12, 139–147. doi:10.1007/s10456-009-9132-x
 Rothova, M., Feng, J., Sharpe, P. T., Peterkova, R., and Tucker, A. S. (2011). Contribution of mesoderm to the developing dental papilla. Int. J. Dev. Biol. 55, 59–64. doi:10.1387/ijdb.103083mr
 Sandoo, A., Veldhuijzen van Zanten, J. J., Metsios, G. S., Carroll, D., and Kitas, G. D. (2010). The endothelium and its role in regulating vascular tone. Open Cardiovasc Med. J. 4, 302–312. doi:10.2174/1874192401004010302
 Sasaki, J. I., Zhang, Z., Oh, M., Pobocik, A. M., Imazato, S., Shi, S., et al. (2020). VE-cadherin and anastomosis of blood vessels formed by dental stem cells. J. Dent. Res. 99, 437–445. doi:10.1177/0022034520902458
 Schmeisser, A., and Strasser, R. H. (2002). Phenotypic overlap between hematopoietic cells with suggested angioblastic potential and vascular endothelial cells. J. hematotherapy stem Cell Res. 11, 69–79. doi:10.1089/152581602753448540
 Shadad, O., Chaulagain, R., Luukko, K., and Kettunen, P. (2019). Establishment of tooth blood supply and innervation is developmentally regulated and takes place through differential patterning processes. J. Anat. 234, 465–479. doi:10.1111/joa.12950
 Shibuya, M. (2011). Vascular endothelial growth factor (VEGF) and its receptor (VEGFR) signaling in angiogenesis: A crucial target for anti- and pro-angiogenic therapies. Genes & Cancer 2, 1097–1105. doi:10.1177/1947601911423031
 Suri, C., Jones, P. F., Patan, S., Bartunkova, S., Maisonpierre, P. C., Davis, S., et al. (1996). Requisite role of angiopoietin-1, a ligand for the TIE2 receptor, during embryonic angiogenesis. Cell 87, 1171–1180. doi:10.1016/s0092-8674(00)81813-9
 Svandova, E., Anthwal, N., Tucker, A. S., and Matalova, E. (2020). Diverse fate of an enigmatic structure: 200 Years of meckel's cartilage. Front. Cell Dev. Biol. 8, 821. doi:10.3389/fcell.2020.00821
 Tan, C., Lu, N. N., Wang, C. K., Chen, D. Y., Sun, N. H., Lyu, H., et al. (2019). Endothelium-derived semaphorin 3G regulates hippocampal synaptic structure and plasticity via neuropilin-2/PlexinA4. Neuron 101, 920–937. doi:10.1016/j.neuron.2018.12.036
 Trainor, P. A. (2010). Craniofacial birth defects: The role of neural crest cells in the etiology and pathogenesis of Treacher Collins syndrome and the potential for prevention. Am. J. Med. Genet. 152A, 2984–2994. doi:10.1002/ajmg.a.33454
 Verzi, M. P., McCulley, D. J., De Val, S., Dodou, E., and Black, B. L. (2005). The right ventricle, outflow tract, and ventricular septum comprise a restricted expression domain within the secondary/anterior heart field. Dev. Biol. 287, 134–145. doi:10.1016/j.ydbio.2005.08.041
 Wang, X., Chen, D., Chen, K., Jubran, A., Ramirez, A., and Astrof, S. (2017). Endothelium in the pharyngeal arches 3, 4 and 6 is derived from the second heart field. Dev. Biol. 421, 108–117. doi:10.1016/j.ydbio.2016.12.010
 Wang, J., Song, W., Yang, R., Li, C., Wu, T., Dong, X. B., et al. (2021). Endothelial Wnts control mammary epithelial patterning via fibroblast signaling. Cell Rep. 34, 108897. doi:10.1016/j.celrep.2021.108897
 Wang, Y., Kankala, R. K., Ou, C., Chen, A., and Yang, Z. (2022). Advances in hydrogel-based vascularized tissues for tissue repair and drug screening. Bioact. Mater. 9, 198–220. doi:10.1016/j.bioactmat.2021.07.005
 Wendling, O., Dennefeld, C., Chambon, P., and Mark, M. (2000). Retinoid signaling is essential for patterning the endoderm of the third and fourth pharyngeal arches. Development 127, 1553–1562. doi:10.1242/dev.127.8.1553
 Wiszniak, S., Mackenzie, F. E., Anderson, P., Kabbara, S., Ruhrberg, C., and Schwarz, Q. (2015). Neural crest cell-derived VEGF promotes embryonic jaw extension. Proc. Natl. Acad. Sci. U.S.A. 112, 6086–6091. doi:10.1073/pnas.1419368112
 Yang, G., Mahadik, B., Choi, J. Y., and Fisher, J. P. (2020). Vascularization in tissue engineering: Fundamentals and state-of-art. Prog. Biomed. Eng. (Bristol) 2, 5637. doi:10.1088/2516-1091/ab5637
 Yoshida, T., Vivatbutsiri, P., Morriss-Kay, G., Saga, Y., and Iseki, S. (2008). Cell lineage in mammalian craniofacial mesenchyme. Mech. Dev. 125, 797–808. doi:10.1016/j.mod.2008.06.007
 Zarkada, G., Howard, J. P., Xiao, X., Park, H., Bizou, M., Leclerc, S., et al. (2021). Specialized endothelial tip cells guide neuroretina vascularization and blood-retina-barrier formation. Dev. Cell 56, 2237–2251. e2236. doi:10.1016/j.devcel.2021.06.021
 Zhao, Z., Sun, Y., Qiao, Q., Zhang, L., Xie, X., Weir, M. D., et al. (2021). Human periodontal ligament stem cell and umbilical vein endothelial cell Co-culture to prevascularize scaffolds for angiogenic and osteogenic tissue engineering. Int. J. Mol. Sci. 22, 12363. doi:10.3390/ijms222212363
Conflict of interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2022 Asrar and Tucker. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
		BRIEF RESEARCH REPORT
published: 02 September 2022
doi: 10.3389/fbioe.2022.888431


[image: image2]
Fibroblast-derived CXCL12 increases vascular permeability in a 3-D microfluidic model independent of extracellular matrix contractility
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Cancer-associated fibroblasts (CAFs) play an active role in remodeling the local tumor stroma to support tumor initiation, growth, invasion, metastasis, and therapeutic resistance. The CAF-secreted chemokine, CXCL12, has been directly implicated in the tumorigenic progression of carcinomas, including breast cancer. Using a 3-D in vitro microfluidic-based microtissue model, we demonstrate that stromal CXCL12 secreted by CAFs has a potent effect on increasing the vascular permeability of local blood microvessel analogues through paracrine signaling. Moreover, genetic deletion of fibroblast-specific CXCL12 significantly reduced vessel permeability compared to CXCL12 secreting CAFs within the recapitulated tumor microenvironment (TME). We suspected that fibroblast-mediated extracellular matrix (ECM) remodeling and contraction indirectly accounted for this change in vessel permeability. To this end, we investigated the autocrine effects of CXCL12 on fibroblast contractility and determined that antagonistic blocking of CXCL12 did not have a substantial effect on ECM contraction. Our findings indicate that fibroblast-secreted CXCL12 has a significant role in promoting a leakier endothelium hospitable to angiogenesis and tumor cell intravasation; however, autocrine CXCL12 is not the primary upstream trigger of CAF contractility.
Keywords: microfluidics, tumor microenvironment, cancer-associated fibroblast, paracrine signaling, collagen hydrogel, microtissue analogue
INTRODUCTION
The emerging role of the tumor microenvironment (TME) on cancer development has become increasingly evident over the past two decades, highlighted within the hallmarks of cancer (Hanahan, 2022). Along with cancer cells, the host of nonmalignant cellular and noncellular components that arise during the course of tumorigenesis results in a local tumor niche, or TME (Valkenburg et al., 2018). These non-cancer-cell constituents of the tumor stroma include cancer-associated fibroblasts (CAFs), immune cells, endothelial cells (ECs), pericytes, and adipocytes, as well as extracellular matrix (ECM) components, among others (Valkenburg et al., 2018; Jin and Jin, 2020). Increasing evidence shows that a set of these cell types are co-opted by cancer cells and cancer stem cells (CSCs) contributing to tumor initiation, growth, invasion, metastasis, and therapeutic resistance (Jin and Jin, 2020). As a result, stromal cells are widely believed to contribute to the initiation of epithelial carcinomas and subsequent tumor progression (Wiseman and Werb, 2002; Orimo et al., 2005). Specific to breast cancer, clinical evidence and various neoplastic models have linked mammary stromal cells to tumorigenesis (Finak et al., 2008; Trimboli et al., 2009; Maller et al., 2021). Despite these discoveries implicating the tumor stroma in carcinogenesis, a robust understanding of the cell signaling pathways between various components of the TME remains to be seen. Therefore, elucidating the signaling that underpins stromal-epithelial crosstalk and communication amongst stromal cells is critical to progress the translation of TME-based anticancer therapies and address the broad clinical challenge of metastasis.
Fibroblasts are found in various carcinomas and are often the most abundant cell population of the tumor stroma (Hanahan and Weinberg, 2011; Kalluri, 2016). While normal fibroblasts have multiple physiological functions—from the connective tissue-producing role of secreting fibrous collagens to the recruitment of immune cells and regulation of inflammation—CAFs play an active role in reshaping the TME to support tumor cell survival and proliferation (Houthuijzen and Jonkers, 2018). In breast cancer, CAFs can originate from a variety of sources, including cancer stem cells (Nair et al., 2017) and reprogrammed native fibroblastic cells (Kojima et al., 2020); however, independent of their origin, CAFs are classified by their activated state resembling myofibroblasts during inflammation and wound healing (Shiga et al., 2015). The activated state of CAFs leads to the excessive deposition of various ECM proteins, e.g., type I collagen, thereby implicating CAFs in the creation of a desmoplastic stroma common in epithelial tumors, including breast cancer (Orimo et al., 2005). In addition to fibrosis and increased matrix stiffness (Mouw et al., 2014), CAFs have been demonstrated to induce cancer proliferation and enhance migration, invasion, and distant metastasis in breast cancer (Houthuijzen and Jonkers, 2018).
One of the more recent strategies to combat the effects of CAFs on tumorigenesis has been to target CAF-secreted growth factors (Park et al., 2014) and chemokines, e.g., stromal cell-derived factor 1 (SDF-1), also known as CXCL12 (Chen et al., 2019). The success of this approach relies heavily on a comprehensive understanding of the signaling network between CAFs and other cellular constituents of the TME. In 2005, Orimo et al. first showed that CAFs play a central role in promoting the proliferation of breast cancer cells through their ability to secrete CXCL12 (Orimo et al., 2005). CXCL12 acts directly on mammary carcinoma cells through the cognate receptor CXCR4 to stimulate tumor growth (Müller et al., 2001; Littlepage et al., 2005; Luker et al., 2012). Additionally, CAFs were able to induce angiogenesis through CXCL12-mediated recruitment of endothelial progenitor cells (EPCs) (Orimo et al., 2005). As an extension of this pioneering work, continued efforts have been made to characterize the regulatory role of fibroblast-derived CXCL12 within the TME and its mechanistic effect on metastasis (Ahirwar et al., 2018). Herein, we demonstrate in an in vitro microfluidic model that stromal CXCL12 secreted by CAFs enhances vascular permeability. These findings suggest that CXCL12 secreted by CAFs promotes metastasis through the expansion of a leaky tumor vasculature. Furthermore, we evaluate the autocrine role of CXCL12 on CAFs’ ability to contract and remodel the ECM. These findings collectively bolster the understanding of fibroblast-derived CXCL12 to facilitate tumor angiogenesis and intravasation, ultimately leading to metastasis.
MATERIALS AND METHODS
Ethics statement
Usage of mice and experimentation with their harvested cells was approved by the Institutional Animal Care and Use Committee (IACUC) at the Ohio State University.
Cell culture
Mouse embryonic endothelial cells (MEECs) were a generous gift from Dr. Nam Y. Lee of the Ohio State University (OSU). MEECs were cultured in endothelial cell media with an endothelial cell supplement kit, including 5% fetal bovine serum (FBS), vascular endothelial growth factor (VEGF) and heparin (Cell Biologics). Endothelial cells were cultured in T-75 flasks in a humidified incubator at 37°C and 5% CO2 with media exchange every 2 days. Cell passage numbers of 5–10 were used for the study. MEECs were harvested from flasks using 0.05% Trypsin-EDTA (Invitrogen), centrifuged, and resuspended in cell media at a concentration of ∼7 × 106 cells ml−1. MEECs were then pipetted into both lateral microchannels of the device and allowed to adhere within the cell culture incubator overnight at 37°C to obtain an endothelial monolayer. Endothelial media was exchanged daily after seeding to promote healthy cell growth. For experimental conditions with conditioned media, cells were permitted to be cultured within the device for 1 day prior to the introduction of conditioned media to stabilize the microvessel analogues and ensure treatment arms did not influence initial cell attachment.
Normal mouse mammary gland fibroblasts (MMFs) were harvested from the mammary glands of either Cxcl12 floxed control (Cxcl12f/f) mice to obtain CXCL12f/f fibroblasts (also denoted as “f/f” fibroblasts), or from fibroblast-specific conditional knockout (Cxcl12∆/∆) mice to obtain CXCL12∆/∆ fibroblasts (also denoted as “∆/∆” fibroblasts), as previously described (Ahirwar et al., 2018). Briefly, with respect to the knockout allele, the Cxcl12 gene was flanked by LoxP sites. To delete the LoxP-flanked Cxcl12 gene, we introduced Cre recombinase by breeding Cxcl12 transgenic mice with FSP-Cre expressing mice. The Cre recombinase expression in FSP-Cre mice is driven by fibroblast-specific protein (FSP) promoter. As FSP is specifically expressed by fibroblasts, the Cxcl12 gene in double transgenic mice (Cxcl12 f/f; FSP-Cre or Cxcl12∆/∆) will specifically be deleted in the fibroblasts. Normal mammary glands harvested from 8-week-old FVB female mice were minced and digested with a cocktail of collagenase IV and hyaluronidase in the presence of hydrocortisone, insulin, and antibiotics penicillin and streptomycin in a 5% CO2 incubator for 2 h at 37°C. Digested tissue was resuspended in a medium with 10% FBS, and supernatants were subjected four more times to gravity sedimentation for 12–15 min to obtain isolated MMFs.
To acquire cancer-associated fibroblasts (CAFs), the mouse mammary tumor virus (MMTV) promoter Polyoma middle T antigen (PyT) (Jackson laboratories) was intercrossed with either Cxcl12 floxed control (Cxcl12f/f) mice to generate Cxcl12f/f; PyT mice, or with fibroblast-specific conditional knockout (Cxcl12∆/∆) mice to generate Cxcl12∆/∆; PyT mice (Ahirwar et al., 2018). The tumor-bearing mammary glands of Cxcl12f/f; PyT mice were used to harvest CXCL12f/f; PyT cancer-associated fibroblasts (also denoted as “f/f; PyT” CAFs), while the tumor-bearing mammary glands of Cxcl12∆/∆; PyT mice were used to harvest CXCL12∆/∆; PyT cancer-associated fibroblasts (also denoted as “∆/∆; PyT” CAFs). The PyT tumors of 8-week-old FVB female mice were similarly digested with the cocktail of collagenase IV and hyaluronidase for 30 min under incubation, and CAFs were isolated by gravity sedimentation, as described above. CAFs were further enriched by differential trypsinization two times. After isolation, MMFs and CAFs were maintained in DMEM/F-12 media supplemented with insulin, hydrocortisone, epidermal growth factor, and 10% FBS (Sigma Aldrich). Fibroblast media was exchanged every 2 days during culture leading up to seeding. Fibroblasts were used in experiments at low passage numbers (2–4) to minimize potential cellular changes associated with extended culture of harvested primary cells.
Immunofluorescence
Isolated CAFs were seeded into 4-well chamber slides (Thermo Scientific) at a concentration of 1.0 × 105 cells/ml. After 24 h, cells were fixed with 4% (w/v) paraformaldehyde (PFA, Sigma-Aldrich) for 15 min at room temperature (RT), and subsequently permeabilized with 0.1% Triton X-100 (Sigma-Aldrich) for 5 min at RT. After washing with 1X PBS, cells were blocked with 5% BSA in 1X PBS for 1 h at RT. Subsequently, primary antibodies were added to wells and incubated overnight at 4°C: CXCL12 antibody at 12.5 μg/ml concentration (R&D Systems, MAB350), PDGFR-α antibody at 1:1000 dilution (CST, 3174), and Nidogen-2 at 1:400 dilution (Abcam, ab14513). After aspiration and extensive washing with 1X PBS, secondary antibodies were added and incubated for 1 h at RT: AF-594 anti-rabbit and AF-488 anti-mouse (1:1000 dilution, Invitrogen). The slide was washed with 1X PBS, and the coverslip was mounted with DAPI-containing mounting medium (Vector Laboratories). The slide was stored at 4°C until imaging. Fluorescence images were acquired on a Nikon A1R confocal microscope: representative images were taken at ×40 magnification, and quantification of PDGFR-α and Nidogen-2 was performed on ×10 images. For quantification, mean pixel intensity was quantified by NIH ImageJ software and normalized by dividing by total cell count (n ≥ 150 cells) to obtain intensity per cell in arbitrary units (AU).
Western blotting
Western blot analysis was performed as previously described (Anand et al., 2013; Garg et al., 2019; Charan et al., 2020). Briefly, the cells were lysed using RIPA buffer (Thermo Scientific) supplemented with proteases and phosphatase inhibitors. Total protein was estimated with Bradford protein assay, per manufacturer’s instructions (Bio-Rad). Subsequently, 40 μg of protein was loaded on 4–12% gradient SDS–polyacrylamide gel (Invitrogen) under reducing conditions, transferred to nitrocellulose membrane, and blocked with 5% non-fat dry milk (NFDM) in Tris-buffered saline with 0.1% Tween 20 (TBST). The membrane was incubated overnight with anti-CXCR4 primary antibody (Santa Cruz, sc-53534) at a 1:200 dilution, washed 3 times with TBST, and incubated for 1 h at RT with horseradish peroxidase-conjugated secondary antibody (1:10,000) in blocking buffer. Membranes were washed and developed by using an enhanced chemiluminescence (ECL) system (Thermo Scientific) and immediately exposed to autoradiography film (GeneMate). ∆/∆; PyT CAFs from Cxcl12∆/∆; PyT mice were unavailable for the Western blot.
Microfluidic microtissue analogue
The microtissue analogue system, was fabricated using soft lithography of poly (dimethylsiloxane) (PDMS) as previously reported (Chang et al., 2020). This configuration enabled us to create laterally adjacent stromal and endothelial compartments to mimic the in vivo conditions for fibroblast and EC interactions within the tumor stroma. Briefly, the base and curing agent of PDMS were mixed at a ratio of 10:1, respectively, and poured onto a patterned silicon wafer. After curing for at least 2 h at 65°C, the PDMS layer was subsequently bonded to a glass slide by oxygen plasma treatment. Type I collagen (Corning) sourced from rat tail tendon was pipetted into the central ECM compartment of the device at a concentration of 6 mg ml−1 and incubated for at least 30 min at 37°C to polymerize. For experimental co-culture conditions, CAFs were added to the collagen matrix at a density of 6 × 103 cells per µl prior to polymerization and pipetted into the stromal compartment of the device in a similar fashion. Lateral microchannels were coated with fibronectin (100 mg ml−1) at least 30 min prior to cell seeding to improve cellular attachment and biocompatibility of the device. Upon seeding, mouse embryonic endothelial cells (MEECs) lined the lateral channels to form in vitro microvessel analogues within a microtissue system.
Apparent vascular permeability
Collagen hydrogel was added to the central ECM compartment of the device at a concentration of 6 mg ml−1 to minimize spontaneous sprouting. Previously, we confirmed using confocal microscopy that in the microtissue system endothelial cells form a confluent monolayer at the endothelial cell/ECM interface (Chang et al., 2020). MEECs were cultured in the microtissue system for 3 days prior to permeability measurements: 24 h with control media and the subsequent 48 h with the respective media, conditioned or otherwise. Endothelial media was added to T-75 culture flasks with CAFs at approximately 90% confluency and incubated for 24 h to generate conditioned media. Conditioned media was freshly prepared for each experimental run. A volume of 2 µl of 70 kDa Texas-Red-conjugated Dextran was passively loaded into one of the MEEC-lined microchannels as a fluorescent tracer at a concentration of 0.05 mM. Dye diffusion across the interface of the vessel microchannel into the collagen ECM channel was detected using time-lapse epifluorescent microscopy (TS-100, Nikon) over the course of 3 hours under temperature-controlled incubator conditions. Changes in fluorescence intensity within the adjacent ECM region were quantified using NIH ImageJ software to define apparent vascular permeability. Apparent permeability, [image: image], was calculated using Eq. 1:
[image: image]
where [image: image] is the initial source intensity in the vessel channel immediately proximate to each aperture, [image: image] is the change in intensity over time in the adjacent ECM region, and [image: image] is the volume-to-surface area ratio of the dye-loading microvessel analogue channel (Chang et al., 2020).
Collagen gel contraction assay
The contractility of fibroblasts was measured to quantify the physical remodeling of fibroblast-laden collagen gels (Ren et al., 2019; Zhang et al., 2019). Collagen gels were prepared by adding fibroblasts suspended in cell media at a density of 1.0 × 106 cells/ml to a type I collagen solution (Corning) at a concentration of 1 mg/ml. A total volume of 500 µl was cast into each well of a 24-well plate with four replicates per condition. Collagen gels polymerized for 30 min at 37°C and 5% CO2 in a humidified incubator. Following polymerization, an additional 500 µl of fibroblast media was added to each well. AMD3100 (Tocris) was reconstituted to a concentration of 10 µM in fibroblast media to passively diffuse into collagen hydrogels for experimental conditions involving the CXCR4-blocking agent. Images of gels were taken with a stereo microscope (Nikon, SMZ18) across 3 days. The surface area of the gels was quantified by NIH ImageJ software at each time point. The percent contraction was determined by Eq. 2:
[image: image]
where [image: image] and [image: image] are the surface area of the well and fibroblast-embedded collagen gel, respectively.
Statistical analysis
Each experimental condition was conducted at least in triplicate. Reported values represent the mean ± standard deviation. Ordinary one-way analysis of variance (ANOVA) was carried out for apparent permeability data with Dunnett’s multiple comparisons test to identify statistical significance compared to control. Two-way ANOVA was performed for analysis of contraction assay with Tukey’s multiple comparisons test to compare between groups. Post hoc unpaired, two-tailed Student t-tests were performed, as necessary. Data were analyzed using GraphPad Prism 9 (GraphPad Software), and statistical significance was set to α = 0.05: *p ≤ 0.05, **p ≤ 0.01, ***p < 0.001.
RESULTS AND DISCUSSION
Subclasses of cancer-associated fibroblasts and CXCR4 expression
Subpopulations of breast cancer-associated fibroblasts have been previously reported by interrogating the transcriptome of isolated murine CAFs using single-cell RNA-sequencing (scRNA-seq) (Bartoschek et al., 2018). The proposed taxonomy of CAFs in breast cancer defined discrete subtypes by their gene expression profiles. Among the subclasses, vascular CAFs (vCAFs) and matrix CAFs (mCAFs) play important roles in breast tumorigenesis and were of particular interest given the context of our microfluidic model, which is constituted by matrix-embedded CAFs in proximity to microvessel analogues. To better characterize our f/f; PyT CAFs at the molecular level, we performed immunofluorescence (IF) on isolated cells to stain for the vCAF marker Nidogen-2, and the mCAF marker PDGFR-α (Figures 1A,B). We found both Nidogen-2-positive vCAFs and PDGFR-α-positive mCAFs; however, the fluorescence intensity of PDGFR-α was nearly 3-fold higher than that of Nidogen-2, suggesting a greater subpopulation of mCAFs than vCAFs (Figure 1C). Furthermore, each subclass of CAFs is attributable to a putative origin (Bartoschek et al., 2018): vCAFs derive from perivascular cells that invade the tumor stroma, and mCAFs originate from co-opted resident fibroblasts. Thus, we conclude that we had a greater preponderance of mCAFs originating from local fibroblasts that had been co-opted by the breast tumor. The higher PDGFR-α signal exhibited by our f/f; PyT CAFs harvested from 8-week-old mice is also in agreement with Bartoschek et al. (2018) who reported that PDGFR-α-positive mCAFs from the MMTV-PyMT tumor mouse model were most prevalent at 8 weeks and decreased during tumor progression through 15 weeks.
[image: Figure 1]FIGURE 1 | Molecular characterization of fibroblasts isolated from mouse mammary glands. (A,B) Representative confocal images of cancer-associated fibroblasts (CAFs) by immunofluorescence (IF) staining of CXCL12 (green) and PDGFR-α (red for A) and Nidogen-2 (red for B). Nuclei (blue) were counterstained with DAPI. Scale bars are 20 µm. (C) Quantification of fluorescence intensity of PDGFR-α and Nidogen-2 per cell from confocal IF images. Values represent the mean ± standard deviation, with n = 4 technical replicates: *p ≤ 0.05, **p ≤ 0.01, ***p < 0.001 from unpaired t-test. (D) Western blot analysis of CXCR4 from fibroblast lysates derived from mouse mammary glands. f/f: floxed control allele MMFs, ∆/∆: CXCL12-knockout MMFs, f/f; PyT: CAFs from tumor-bearing mammary glands of Cxcl12f/f;PyT mice. CXCR4 expression is preserved in the CXCL12 genetically ablated fibroblasts and robust in CAFs.
We next examined the relative basal levels of CXCR4 protein expression among the fibroblasts via Western blot analysis. Floxed control allele MMFs (f/f), CXCL12-knockout MMFs (∆/∆), and CAFs from tumor-bearing Cxcl12f/f;PyT mice (f/f; PyT) were isolated from mouse mammary glands and included for analysis. The fibroblast-specific gene deletion of CXCL12 did not have a significant effect on CXCR4 expression evidenced by comparing ∆/∆ fibroblasts to their wild-type counterparts (f/f) (Figure 1D). Moreover, the receptor CXCR4 is robustly expressed in f/f; PyT CAFs and qualitatively higher compared to MMFs. Taken together, we conclude that CXCR4 expression is preserved in the CXCL12 genetically ablated fibroblasts, and that disruption of CXCL12 signaling via competition with AMD3100 to CXCR4 is possible in each of the fibroblast cell lines.
Fibroblast-derived CXCL12 is a major driver of vessel permeability
Our microtissue analogue device was employed to investigate the role of soluble fibroblast-derived CXCL12 on endothelial vessel function (Chang et al., 2020). MEECs lined one microchannel of the device, which laterally interfaced with an adjacent stromal compartment containing a 3-D hydrogel of type I collagen (Figures 2A,B). Texas Red-conjugated Dextran (MW ∼70 kDa) dissolved in media served as a fluorescent tracer. Changes in fluorescence intensity within the stromal compartment were used to calculate apparent vascular permeability (Figure 2C). These measurements were obtained for MEEC microvessel analogues in the presence of conditioned media (CM) collected from respective CAFs or from co-culture models in which CAFs were embedded within the collagen gel matrix in the central compartment. As a control condition, the apparent permeability of MEEC-lined channels was measured using normal endothelial culture media in the absence of fibroblasts.
[image: Figure 2]FIGURE 2 | Compartmentalized microfluidic device for vascular permeability measurements. (A) Schematic of microtissue analogue microfluidic device. (B) Dashed boxed region in (A) depicting endothelial cell-lined microchannel laterally adjacent to a central stromal compartment containing fibroblasts embedded in a 3-D type I collagen gel. Arrows depict the endothelial-stromal compartment interface. (C) Texas Red-conjugated Dextran (70 kDa) dissolved in media served as a fluorescent tracer and was introduced into the MEEC-lined channel. The fluorescent tracer passes through the endothelial monolayer of the microvessel analogue and enters the stromal compartment by diffusion. Scale bars are 50 µm. (D) Changes in fluorescence intensity within the stromal compartment were used to calculate apparent vascular permeability of vessels in the presence of conditioned media (CM) or co-cultured with CAFs—with and without Cxcl12 gene deletion. Reported values represent the mean ± standard deviation, with n ≥ 3 biological replicates and at least 15 apertures analyzed for each condition: *p ≤ 0.05, **p ≤ 0.01, ***p < 0.001.
The presence of the chemokine CXCL12 from f/f; PyT CAFs significantly increased the vascular permeability of endothelial microvessel analogues approximately 5-fold in both conditioned media and the co-culture model: means of 5.7 and 5.2 × 10–7 cm/s, respectively, compared to the control arm of 1.1 × 10–7 cm/s (Figure 2D). Given that the values from CM and co-culture models were not significantly different from each other, the presence of CAFs and soluble CXCL12 did not appear to have an additive effect on permeability. In the absence of CXCL12 from CAFs with the fibroblast-specific CXCL12 deletion (Δ/Δ; PyT), conditioned media did not have a significant effect on vessel permeability compared to control. Notably, conditioned media from CAFs contains a vast myriad of growth factors, cytokines, and other extracellular matrix protein constituents of the CAF secretome. Therefore, the principal difference between Δ/Δ; PyT conditioned media and f/f; PyT conditioned media is the absence of fibroblast-derived CXCL12. Consequently, soluble CXCL12 can be attributed as a primary driver of this observed rise in vascular permeability operating through a paracrine signaling axis between CAFs and nearby endothelia.
Interestingly, apparent permeability significantly increased approximately 3-fold in the CXCL12-depleted CAF co-culture model (Δ/Δ; PyT), with a mean of 3.0 × 10–7 cm/s, compared to control. This suggests that despite the absence of soluble CXCL12, CAFs are capable of augmenting vessel permeability within the local tumor microenvironment through other means, for example, indirectly through ECM remodeling or TME reprogramming. Of note, CAFs are known to produce excess collagen leading to increased matrix density, desmoplasia, and tissue stiffness (Mouw et al., 2014; Shen et al., 2020). A highly fibrotic tumor can also cause immunosuppression by excluding T lymphocytes through various mechanisms, and thus promotes tumor survival (Chen et al., 2019). In addition, tissue stiffness has been shown to promote a leakier tumor-like vasculature and angiogenesis (Bordeleau et al., 2017), thereby suggesting an interplay between fibroblast contractility, matrix stiffness, and an altered vascular phenotype. These findings prompted us to investigate the autocrine signaling effect of CXCL12 on fibroblasts’ ability to remodel the ECM. Namely, the contractility of fibroblasts—both CAFs and mouse mammary fibroblasts (MMF) from normal glands—on type I collagen was investigated (Figure 3).
[image: Figure 3]FIGURE 3 | Collagen gel contraction assay to determine fibroblast contractility. (A) Percent contraction of normal mouse mammary gland fibroblasts (f/f) and CAFs (f/f; PyT) harvested from PyT tumor-induced mice, with and without the pharmacological CXCR4 inhibitor, AMD3100 (AMD). CAFs exhibit greater contractility compared to their normal counterparts by 48 h. AMD did not have a statistically significant effect on fibroblast contraction, although a slight reduction in mean contraction is observed for both cell lines. Reported values represent the mean ± standard deviation, with n = 4 technical replicates for each condition: *p ≤ 0.05, **p ≤ 0.01, ***p < 0.001. (B) Representative images of fibroblast-laden collagen gels under stereo microscope after 72 h of contraction. Scale bar is 2 mm.
CXCL12-mediated fibroblast remodeling of the ECM
In vitro collagen gel contraction assays were performed for MMFs and CAFs harvested from their respective mice models in the presence and absence of AMD3100 (AMD). AMD3100, a pharmaceutical also known as plerixafor, is a highly selective antagonist to the CXCR4 receptor, thus, it directly competes with endogenous CXCL12. The pharmacological blocking of soluble CXCL12 was used to disrupt the autocrine signaling axis of CXCL12 secreted by both normal fibroblasts and CAFs. Collagen hydrogels contracted more than 55% after 24 h for both CAF and MMF conditions confirming the ability of these fibroblasts to contract ECM in vitro (Figure 3A). While contractility increased for all four conditions over 3 days, CAFs exhibited significantly greater contractility compared to their normal counterparts by Day 2 lasting through the duration of the assay (Figure 3B). By Day 3, mean contraction for CAF-laden gels had reached 88 and 89%, with and without AMD, respectively. By contrast, normal mammary fibroblasts contracted 66 and 69%, with and without AMD, respectively. Overall, AMD3100 did not have a statistically significant effect on fibroblast contraction, although, a modest drop in mean contraction was observed for both cell lines. As a result, the antagonistic blocking of autocrine CXCL12 by AMD3100 does not significantly affect fibroblasts’ ability to remodel the local ECM. The primary upstream trigger of CAF contractility is likely not CXCL12, such that autocrine effects of CXCL12 are probably not responsible for making fibroblasts substantially more contractile. Taken together, CXCL12 from CAFs increases the permeability of surrounding microvessel analogues—which has implications for tumor intravasation and metastasis—however, CXCL12 does not seem to play a major role in the ECM remodeling of CAFs by autocrine control.
CONCLUSION
Stromal CXCL12 secreted by CAFs has a potent effect on increasing the vascular permeability of local blood microvessels through paracrine signaling of the chemokine. A leakier endothelium is of particular importance given its role in angiogenesis and intravasation by tumor cells within the broader context of the metastatic cascade. Furthermore, co-culture with CAFs that had a CXCL12-specific genetic ablation resulted in a reduction of vascular permeability compared to CXCL12-secreting CAFs—presumably through indirect matrix remodeling. Despite CAF-secreted CXCL12 promoting tumor-like vasculature, CXCL12 does not appear to control fibroblast contractility through upstream autocrine signaling mechanisms.
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Evaluating cell viability, capillary perfusion, and collateral tortuosity in an ex vivo mouse intestine fluidics model
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Numerous disease conditions involve the sudden or progressive loss of blood flow. Perfusion restoration is vital for returning affected organs to full health. While a range of clinical interventions can successfully restore flow to downstream tissues, the microvascular responses after a loss-of-flow event can vary over time and may involve substantial microvessel instability. Increased insight into perfusion-mediated capillary stability and access-to-flow is therefore essential for advancing therapeutic reperfusion strategies and improving patient outcomes. To that end, we developed a tissue-based microvascular fluidics model to better understand (i) microvascular stability and access-to-flow over an acute time course post-ischemia, and (ii) collateral flow in vessels neighboring an occlusion site. We utilized murine intestinal tissue regions by catheterizing a feeder artery and introducing perfusate at physiologically comparable flow-rates. The cannulated vessel as well as a portion of the downstream vessels and associated intestinal tissue were cultured while constant perfusion conditions were maintained. An occlusion was introduced in a selected arterial segment, and changes in perfusion within areas receiving varying degrees of collateral flow were observed over time. To observe the microvascular response to perfusion changes, we incorporated (i) tissues harboring cell-reporter constructs, specifically Ng2-DsRed labeling of intestinal pericytes, and (ii) different types of fluorescent perfusates to quantify capillary access-to-flow at discrete time points. In our model, we found that perfusion tracers could enter capillaries within regions downstream of an occlusion upon the initial introduction of perfusion, but at 24 h tissue perfusion was severely decreased. However, live/dead cell discrimination revealed that the tissue overall did not experience significant cell death, including that of microvascular pericytes, even after 48 h. Our findings suggest that altered flow conditions may rapidly initiate cellular responses that reduce capillary access-to-flow, even in the absence of cellular deterioration or hypoxia. Overall, this ex vivo tissue-based microfluidics model may serve as a platform upon which a variety of follow-on studies may be conducted. It will thus enhance our understanding of microvessel stability and access-to-flow during an occlusive event and the role of collateral flow during normal and disrupted perfusion.
Keywords: pericytes, vascular stability, reperfusion injury, collateral flow, microfluidic models
INTRODUCTION
Blood vessels facilitate nutrient exchange and waste removal to sustain the health of all tissues. When these essential conduits become obstructed such as in stroke, myocardial infarction, or acute intestinal ischemia (e.g., in necrotizing enterocolitis), it is critical to re-establish perfusion and restore organ homeostasis (Nowicki, 2005; Moskowitz et al., 2010). Clinical treatments for stroke, for instance, include rapid infusion of tissue plasminogen activator (tPA, chemical thrombus disaggregation) within 4 h last-known-well, or catheter-based mechanical thrombectomy (MT, surgical clot removal) in the hyper-acute phase between 4 h and recently-extended 24 h last-known-well (Powers et al., 2018). Similar approaches are employed in other acute ischemia scenarios such as myocardial infarction, but tissue reperfusion outcomes can vary widely and suffer from the “no-reflow” phenomenon, that is, the incomplete restoration of blood flow to all capillary beds (Eeckhout and Kern, 2001; Ito, 2006). A more complete understanding of the mechanisms that limit reperfusion will therefore inspire the development of next-generation therapies that can achieve better recovery endpoints.
Blood vessels are known to experience reperfusion injury when flow is reintroduced to vasculature following static conditions. This complex scenario involves the convergence of mechanical and signaling mechanisms that yield a range of consequences including increased leukocyte recruitment, disrupted vasomotion, and microvessel obstruction and instability (Heusch, 2020). Circulating thrombi may lodge within microvascular networks and reduce blood flow to capillary beds (Bray et al., 2020), and reactive oxygen species induce cellular damage, dysfunction, and death (Granger and Kvietys, 2015). It has also been proposed that vascular pericytes in the heart and brain may constrict capillaries during ischemia and die in this constricted state, resulting in permanently occluded microvessels (Yemisci et al., 2009; Hall et al., 2014; O'Farrell and Attwell, 2014; O'Farrell et al., 2017). Recent observations have questioned the extent to which dead pericytes may remain intact and are able to sustain capillary occlusion (Hoque et al., 2021), but pericyte loss from the vessel wall is likely a key component of microvessel instability that may limit tissue reperfusion. While our knowledge of the underlying causes for inadequate perfusion after recanalization continues to expand, many open questions remain regarding post-ischemia capillary access-to-flow and stability. These gaps in knowledge highlight the need for additional experimental models that might help dissect molecular and biophysical factors contributing to restricted blood flow distribution following therapeutic intervention.
A range of experimental models have been developed to gain insight into specific aspects of tissue ischemia and reperfusion injury responses. In vivo models frequently involve vessel occlusion by ligation or clamp for a short period of time and then removing the occlusion to reestablish blood flow to the downstream tissue (Gonzalez et al., 2015). These models capture inherent biological complexities within the ischemia-reperfusion setting including the cellular, biochemical, and mechanical components of blood as well as the effects of hypoxia, among other factors (Heusch, 2020). Conversely, these complexities can pose challenges with interpreting results, especially when overlaid on other variables that are altered due to the experimental approach e.g., surgical intervention causing systemic immune activation and anesthesia altering cardiovascular physiology (Luo et al., 2007). In vivo models are also restricted temporally, not easily facilitating experiments that correspond to the timing of ischemia onset and clinical intervention.
In contrast, cell-based microfluidic models allow for flexibility in cell type selection to mirror specific vasculature of interest such as the blood-brain barrier (BBB) (Bang et al., 2017), placental exchange (Haase et al., 2019), or the tumor microenvironment (Phan et al., 2017). These models often incorporate primary cells e.g., human umbilical vein endothelial cells (HUVECs) or differentiated stem cells (embryonic or induced pluripotent), and can achieve expression of vascular markers and comparable physiological behaviors (Song and Munn, 2011; Akbari et al., 2017). Nevertheless, they often lack important blood-derived inputs such as key fluid mechanics and circulating hormonal signals as well as the complexity of a tissue-specific microenvironment i.e., adjacent cell types and extracellular matrix (ECM) components. These experimental platforms are also often limited by (i) a paucity of vessels that remain capillary size (i.e., diameters less than 10 μm) and (ii) heterogeneous mural cell incorporation such as by pericytes and/or smooth muscle cells (Hesh et al., 2019). To bridge in vivo and in vitro models, ex vivo models have been developed as an intermediate approach for retaining many important biological features while allowing greater experimental control and more rigorous assessment, though with inherent limitations as well.
Tissue-based ex vivo models typically involve the extraction of an organ of interest and preparing it to be cultured in conditions that sustain cellular health and minimize deviation from the in vivo scenario. New insights into the dynamics of vascular remodeling and barrier function have been gleaned from ex vivo models of retinal (Sawamiphak et al., 2010), mesenteric (Azimi et al., 2017; Suarez-Martinez et al., 2018), lung (Sava et al., 2017), and dermal (Payne et al., 2021) microcirculatory networks, though fluid transit was absent in these models. To capture the effects of intraluminal forces on the vessel wall, a subset of tissue-based models have incorporated pressurization of the vasculature as an orthogonal approach to better understand vasomotor responses to tissue activities and behavior (Hall et al., 2014). Recently, a number of perfused ex vivo models have been developed to recapitulate aspects of fluid mechanics on blood vessel physiology (Goeden and Bonnin, 2013; Motherwell et al., 2019; Gonzales et al., 2020). Although these models lack key features such as the viscosity and cellular or biochemical components of blood, they retain critical aspects of vessel wall structure and composition (e.g., ECM components) in addition to the intrinsic architecture and hierarchy of in vivo vascular networks.
In the current study, we sought to develop an ex vivo fluidics platform utilizing the mouse intestinal vasculature, inspired by recently developed approches involving rat mesentery (Motherwell et al., 2019). We sought to address the question of why capillary perfusion may become restricted in vessel occlusion and ischemia-reperfusion scenarios. Our specific focus was on the influence of cell viability and fluid mechanics on flow through capillary networks. As such, we established culture conditions that sustained tissue viability and allowed a closed-loop perfusion of intestinal vessels for up to 48 h. To model ischemic injury, a vessel blockage was simulated by an occlusion of an arterial branch downstream of the catheterization point. We verified that perfusate could access intestinal capillaries within 1 h of experimental set up, including those downstream of the occlusion. Nevertheless, after 24 h and 48 h of sustained fluid flow ex vivo, the microvasculature lacked perfusion when assessed by FITC-Dextran-mediated fluorescence angiography. We also found that secondary intestinal arteries displayed a higher degree of tortuosity at both time points, suggesting these vessels experienced higher intraluminal pressures that could not be resolved by fluid flow through downstream capillary networks. Overall, our results suggest that restricted capillary perfusion may be less affected by microvessel stability than previously thought, as cell viability, specifically that of the pericytes, was largely maintained, and yet microvessel fluid flow rapidly decreased. Our study also reinforces the potential utility of ex vivo fluidics platforms in addressing open questions regarding the microvascular response to changes in tissue perfusion.
MATERIALS AND METHODS
Animal use
All animal experiments were conducted with review and approval from Virginia Tech Institutional Animal Care and Use Committee (IACUC), which reviewed and approved all protocols. The Virginia Tech NIH/PHS Animal Welfare Assurance Number is A-32081–01 (expires 31 July 2025). To view pericytes on intestinal capillaries, mice expressing the red fluorescent protein variant (DsRed.T1) under control of the mouse NG2 (Ng2/Cspg4) promoter/enhancer [i.e., Ng2:DsRed mice–NG2DsRedBAC, Stock name Tg (Cspg4-DsRed.T1) 1Akik/J, #008241, The Jackson Laboratory] were utilized between the ages of 6 and 12 months old. Wild type mice were also used, specifically C57BL/6 mice (Stock name C57BL/6J, #000664, Jackson Laboratory) within the same age range (see Supplementary Material for more details).
Perfused ex vivo intestial tissue preparation
Murine intestinal tissue was excised and transferred to a tissue culture dish. The incision points were sutured and cleared of debris. The area of interest was established by identifying a section with (i) a relatively large artery to ease needle insertion, and (ii) downstream branching that allows for the introduction of an occlusion to a central branch while neighboring branches could remain non-occluded and sustain flow. Sutures were made at the occlusion site, around neighboring, non-catheterized arteries, and on the intestines at either end of the area of interest. The catheter was introduced by making an incision in the feeder artery and gently advancing a 33G needle connected to silicone tubing into the vessel. The connection was secured with tissue adhesive, and the tissue was transferred to an incubator. The catheter was connected to a peristaltic pump, which administered pulsatile flow (1 ml/min–1.5 ml/min flow rate). The peristaltic pump functions by alternating between compressing and decompressing flexible tubing containing fluid as the rotor rotates. This motion creates pockets of fluid that quickly form as the rotor position moves from compressing to releasing. This quick fluid motion/tubing expansion creates a pulse. To establish a closed-loop system, the same solution acting as the perfusate was also used as tissue culture media. Perfusate solution/media is Minimum Essential Medium (Thermo Fisher catalog #11095080) with 1% penicillin streptomycin and fetal bovine serum (see Supplemental Material). The incubation media volume was controlled by a secondary pump that removed excess volume and deposited it back into the reservoir for reperfusion. Controlled flow was maintained throughout the duration of tissue culture.
Sample immunostaining, imaging, and analysis
Experiments were completed over 1 h, 24 h, and 48 h to assess the tissue and vascular responses at these time points. Immediately following the cessation of pump-administered controlled flow, the tissue was perfused with a FITC-Dextran solution and imaged using a Zeiss Discovery dissection microscope. The tissue was then moved to a Zeiss Epi-Fluorescent microscope to image vessel tortuosity. Finally, the tissue was stained unfixed using the live-dead stain DRAQ7 with subsequent labeling by DAPI or Hoechst to detect cell nuclei and imaged on a Zeiss LSM 880 confocal microscope.
All image quantification was conducted using ImageJ/FIJI software (Rasband, 1997; Schindelin et al., 2012), and, aside from the pericyte viability assay, biological replicates for each experiment were at a minimum of n = 3. Cell viability was quantified as the percentage of DRAQ7+ and DAPI+ or Hoechst+ cells relative to the total number of DAPI+ or Hoechst+ cell nuclei. Positivity for DRAQ7 is indicative of permeable cells that are non-viable due to apoptosis or necrosis. Integrated density measurements of FITC-Dextran (measurement area x mean of gray values) was captured at three locations in each of the five distinct areas relative to the occluded area, as well as a background value for each image. The background value was subtracted from each metric to account for differences in imaging parameters, yielding the relative integrated density value. The distance-metric tortuosity was quantified by (i) measuring the displacement distance from vessel end-points, and (ii) dividing that value by the direct-line distance. Tortuosity was measured for vessels classified by diameter as “primary” (greater than 45 μm in diameter) and secondary (less than 45 μm in diameter).
Statistical analysis
Statistical analysis was performed in GraphPad Prism 8 software. For all measurements, we applied an ordinary one-way Analysis of Variance (ANOVA) test followed by Tukey’s multiple comparisons test to analyze differences between each experiment group and/or classification. Statistical significance was achieved when p ≤ 0.05. Again, all experiments were conducted with an n = 3 or more for biological replicates (with a biological replicate being one individual animal), and technical replicate measurements were taken per each biological replicate.
RESULTS
Mouse intestinal vasculature can be excised and cultured while being perfused
In an effort to develop an intermediate platform bridging in vitro microfluidic approaches and in vivo experimental models, we drew from previous studies suggesting the mouse intestinal vasculature as an organ system that could be excised and cultured ex vivo similar to rat-based models (Azimi et al., 2017; Suarez-Martinez et al., 2018; Motherwell et al., 2019). We found vessel segments downstream of the superior mesenteric artery to be accessible via a 33G needle after minimal resection of adipose and connective tissue (Figure 1). Initial attempts at perfusion revealed the necessity for occlusion of non-catheterized arteries in flanking regions to simulate intraluminal fluid pressure and prevent retrograde flow back up these vessels. This configuration resulted in (i) fluid flow largely, though not completely, out of veins, and (ii) post-transit perfusate contributing to the media surrounding the isolated tissue. To achieve a closed-loop system, culture media was pumped into the perfusion reservoir that continuously flowed through the intestinal vasculature via peristaltic pump (Figure 1). The entire platform was placed in an incubator to maintain temperature (37°C), humidity, and an appropriate gas environment (5% CO2) for the media selected.
[image: Figure 1]FIGURE 1 | Experimental Design and Setup Schematics. (A) Close-up of the catheter insertion point and suture points: The green dots label the needle insertion point, which is secured with tissue adhesive, and the occlusion suture. The blue dots label sutures made on neighboring, non-catheterized arteries and on the intestine on either end of the area of interest. These sutures serve to emulate the resistance that would be present in-vivo from blood flow. (B) Set up of the controlled-flow tissue culture environment: 1. The peristaltic pump provides controlled flow of the perfusate (MEM with 1% penicillin-streptomycin and 10% fetal bovine serum) at a flow-rate of 1 ml/min via an arterial catheter, 2. 3. The tissue is kept in the same media solution acting as the perfusate to create a closed circuit where the media volume in the dish is controlled by a secondary pump, 4, and deposited back into the reservoir to be cycled again, 5. All components are maintained at 37°C and 5% CO2.
One primary goal in developing this system was to model fluid flow through capillary networks (i.e., vessel diameter less than 10 um, pericytes present, established ECM basement membrane, etc.), as this remains elusive in the design of microfluidic platforms (Hesh et al., 2019). We perfused PBS systemically via an intracardiac catheter following euthanasia to limit thrombi formation that might prevent flow through the intestinal microcirculation. We avoided reintroducing flow abruptly following artery cannulation to reduce the likelihood and/or severity of reactive vasoconstriction that might also restrict perfusion within the microvasculature. To confirm that these approaches were useful in maintaining capillary access to fluid flow, we introduced green fluorescent microspheres with 1 μm diameters (FluoSpheres™) into the perfusate. We then used live imaging to capture their transit through microvessels surrounded by Ng2:DsRed+ pericytes (Figure 2). Microspheres rapidly flowing through intestinal vessels appeared as streaks of light indicating their path of travel through vessel networks. We noted numerous instances of microspheres passing through capillary-sized vessels clearly associated with Ng2:DsRed+ pericytes (Figure 2). Further evidence of capillary transit was observed in high-power confocal images acquired after microsphere perfusion in which FluoSpheres™ were found intraluminally adjacent to Ng2:DsRed+ pericytes (Figure 2) and not outside of the vessel wall. Taken together, this data instills confidence that capillary perfusion was maintained during experimental set up.
[image: Figure 2]FIGURE 2 | Green FluoSpheresTM Perfuse Ng2:DsRed-labeled Intestinal Capillaries. Representative time-lapse images of fluorescent green microspheres [green in (A–J), 1 μm in diameter] suspended in PBS traveling through the intestinal vasculature via feeder artery catheterization in an Ng2:DsRed reporter mouse [red, in (F–J)]. An artery-vein pair is shown, in which the vessels are distinguished by the presence of DsRed in the NG2+ smooth muscle cells wrapped around the artery (F–J). Green microspheres are observed traveling through both the artery and the vein, validating that the spheres are advancing down to the microvasculature. The directionality of one sphere is labeled with blue arrows, and the sphere is indicated by a white arrowhead in panels (A–D). Capturing the phenomenon of a single 1 μm sphere flowing through a smaller-order vessel further supports the idea that our mechanism of providing flow is able to advance to the microvascular level. Time is shown in seconds (A–E). Scale bar in (J) is 50 μm. Representative confocal images of fluorescent microspheres [(K,N) green in (M,P)] adjacent to Ng2:DsRed+ pericytes [(L,O) red in (M,P)] after perfusion through the intestinal capillaries. Scale bars in (M,P) are 50 μm.
Static and controlled flow ex vivo culture conditions maintain tissue viability over 24 h and 48 h time courses
Previous studies have suggested that the viability of cells within the microcirculation plays a critical role in vessel stability and in turn perfusion of microvascular networks (Galiuto et al., 2000). Specifically, pericytes have been described as severely narrowing capillary diameters and dying in this constricted state, thereby limiting downstream blood flow and exacerbating the no-reflow phenomenon (Yemisci et al., 2009; Hall et al., 2014; O'Farrell et al., 2017). Therefore, a critical aspect in developing this experimental setup was establishing the appropriate culture conditions that maintained tissue viability over an extended period without activating cells (i.e., inducing proliferation, etc.). We tested a range of concentrations for fetal bovine serum (FBS) under static conditions and found that 1% and 5% were insufficient in limiting cell death. Specifically, we detected a relatively high number of cells labeled by DRAQ7, which was used to identify permeabilized, non-viable cells due to the ability of this dye to only access the nuclei of dying cells (Figure 3). We suspect cell death was largely due to necrosis, though apoptotsis may also be occurring. In contrast, 10% FBS significantly lowered the presence of DRAQ7+ cells, suggesting that while some cell death was occurring in these intestine preparations, a higher concentration of serum was capable of minimizing cell loss and tissue degradation.
[image: Figure 3]FIGURE 3 | FBS Concentration Assessment with a Cell Viability Assay under Static Conditions. Representative images of DAPI-labeled cell nuclei [blue in (A–C) and (G–I)] relative to compromised cell nuclei labeled with DRAQ7 [red in (D–I)] in a 48 h static tissue culture of intestinal sections with 1% (A,D,G) 5% (B,E,H) and 10% FBS (C,F,I) in media. Note, 10% FBS showed a significant reduction of cell death compared to 5% and 1%, with the percent overlap of DAPI and DRAQ7 found to be 54.58%, 15.60%, and 1.82% for 1%, 5%, and 10% FBS concentrations, respectively. Therefore, 10% FBS was used in the experimental setup with controlled flow. Scale Bars in (G,H,I) are 100 μm. (J) Average percent overlap of DAPI and DRAQ7 signals across the intestinal tissue area under static conditions with 1% FBS (blue bar), 5% FBS (red bar), and 10% FBS (green bar).
While 10% FBS in the culture media appeared sufficient in limiting cell death and tissue degradation during static conditions, we sought to address the question of maintaining cell viability under flow conditions and over an extended culture time course. After 24 h and 48 h of culture with flow maintained at physiologically relevant levels, we assessed intestinal tissue viability by incubating with DRAQ7, again a dye that should not label cell DNA extensively unless the nuclear envelope is compromised, potentially indicative of progression towards cell death. At 24 h, we found on average approximately 2.6% of all cells positive for DRAQ7, with only a slight increase to 3.5% at the 48 h time point (Figure 4). We also noted that vascular cell types such as pericytes were sustained by this approach because we observed very little, if any, overlap in the Ng2:DsRed+ signals and DRAQ7 labeling (Figure 4) nor did we find gross changes in microvessel morphology (see Supplementary Figure S1). Some disruption in the continuity of the DsRed signal was noted, which may be attributable to early stages of cell degeneration but also to stability dynamics for this particular fluorescent reporter (Sacchetti et al., 2002). These data suggest that flow conditions did not severely diminish cell viability at the time points observed, suggesting further that the media circulating within and around isolated tissues was able to sustain a relatively high level of cell and tissue viability over the experimental time course.
[image: Figure 4]FIGURE 4 | Global and Ng2:DsRed+ Cell Viability Remains Unchanged after Culture in Controlled Flow Conditions. (A) Representative images of general cell viaibility as gauged by DAPI-labeled cell nuclei (blue in i and iii) relative to compromised cell nuclei labeled with DRAQ7 (red in ii and iii) in a 48 h tissue culture with 10% FBS and controlled flow. Scale bar in iii is 50 μm. (B) Average percent overlap of DAPI and DRAQ7 signals across the intestinal tissue area at 24 h (blue bar) and 48 h (red bar) where controlled flow was supplied (note, y-axis range is from 2% to 4.5%). Error bars represent ± standard deviation. Note, the live-dead staining with DRAQ7 revealed that there was not extensive cell death under the controlled flow and tissue culture conditions at 24 h or 48 h, despite the lack of flow access to most smaller-order vessels. Biological replicates for this experiment were at a minimum of n = 3. (C) Representative images of Hoechst-labeled cell nuclei (i, v, ix; white in iv, viii, xii), DRAQ7-labeled cell nuclei (ii, vi, x; blue in iv, viii, xii), and Ng2:DsRed-labeled pericytes (iii, vii, xi; red in iv, viii, xii) in the occluded areas of 1 h (i-iv), 24 h (v-viii), and 48 h (ix-xii) cultures with controlled flow. Scale bars in (iv), (viii), (xii) are 50 μm. Note, live-dead staining with DRAQ7 revealed no notable pericyte death, even in the occluded area. Additionally, no abnormal pericyte morphology was observed. (D) Average percent overlap of DsRed, DRAQ7, and Hoechst signals across intestinal tissues not cultured (orange bar and circles) and cultured in controlled flow conditions for 1 h (green bars and circles), 24 h (blue bars and circles), and 48 h (red bars and circles). Error bars represent standard deviation.
Perfusion of intestinal capillary networks was limited after 24 h and 48 h despite lack of tissue degradation
As an orthogonal approach to flowing fluorescent microspheres to verify capillary perfusion after experimental set up, we conducted separate experiments in which we exposed tissues to flow conditions for 1 h and then introduced FITC-Dextran to the perfusate. In all regions within these tissue preparations, we found the FITC-Dextran capable of filling capillary networks (Figure 5). We even detected this dye in regions downstream of the occluded vessel, suggesting collateral channels were capable of facilitating perfusion into regions no longer supplied by direct fluid flow. Nevertheless, after 24 h of culture under flow conditions, perfusion of intestinal capillary networks was severely limited (Figure 5), even though tissue viability was largely maintained. This decrease in microvascular perfusion and capillary access to fluid flow was even more notable at the 48 h time point, despite the lack of significant tissue degradation found by the specific quantifications applied to these tissues.
[image: Figure 5]FIGURE 5 | FITC-Dextran Perfusion in Intestinal Vasculature Decreases after Culture in Controlled Flow Conditions. (A) Representative images of FITC-Dextran (green in i-iii) following perfusion through the intestinal vasculature after 1 h (i), 24 h (ii), and 48 h (iii) of tissue culture with controlled flow. Regions are labeled as to their location relative to the occlusion site (O), with more distal areas labeled as Far Left (FL) and Far Right (FR) and more proximal areas as Close Left (CL) and Close Right (CR). Scale bars in each image (i-iii) are 1 cm. (B) Relative integrated densities of FITC-Dextran quantified in tissue after 1 h (green bar), 24 h (blue bar), and 48 h (red bar) of culture with controlled flow. Error bars represent ± standard deviation. ****p ≤ 0.0001 for 1 h vs. 24 h and 48 h. (C) Relative integrated densities of FITC-Dextran quantified in tissue after 1 h (green bars), 24 h (blue bars), and 48 h (red bars) of culture with controlled flow, disaggregated by region. Error bars represent ± standard deviation. *p ≤ 0.05, ***p ≤ 0.001, and ****p ≤ 0.0001 for the comparisons denoted. Biological replicates for this experiment were at a minimum of n = 3, and data points shown are from technical replicates across all experiments.
Throughout these experiments, we observed changes in the morphology of collateral vessels bridging adjacent regions across the isolated tissues. Specifically, the curvature of these collateral vessels appeared to increase, which has been described in previous studies as a change in vessel tortuosity (Han, 2012; Chong et al., 2017). Increased tortuosity of blood vessels is often associated with increased intraluminal pressures and found in the context of vascular occlusive events (Hutchins et al., 1978; Jackson et al., 2005). This feature may represent a mechanism whereby intrinsic vessel geometry compensates for intraluminal pressure changes and shields the microcirculation from these changes that might otherwise damage capillaries. We therefore measured the tortuosity of primary and secondary arteries as a proxy for intraluminal pressure, asking if this pressure might decrease over time with increasing capillary access-to-flow i.e., via reduced resistance to flow through capillary networks. Consistent with the lack of FITC-Dextran detected in flow cultured tissues, we found a high degree of tortuosity for secondary vessels relative to primary vessels at both the 24 h and 48 h time points (Figure 6). Secondary vessel tortuosity was also fairly consistent across regions, though vessels in closer proximity to the occlusion site were slightly more tortuous at 48 h (Figure 6). By qualitative assessment, primary vessels appeared more linear, whereas secondary collaterals displayed a higher degree of inflection as a feature of their tortuosity (Sun et al., 2022). From initial observations of tortuous vessels, the flow-rate was lowered from 1.5 ml/min to 1 ml/min, but the tortuous vessels remained. Overall, these data support the idea that tissue viability was maintained in flow cultured conditions such that mechanisms (i) restricting capillary perfusion and (ii) sustaining elevated intraluminal pressure in collateral vessels remained intact over the experimental time course.
[image: Figure 6]FIGURE 6 | Collateral tortuosity remained increased during intestinal tissue culture in controlled flow conditions. (A) Representative image of intestinal tissue cultured under controlled flow conditions with primary and secondary collateral vessels denoted. Scale bar is 50 μm. (B) Schematic illustrating distance-metric tortuosity measurement of vessel (red) distance from end-point to end-point (solid gray line) and displacement (dashed black line). (C) Distance-metric tortuosity was measured at 24 h (blue bars) and 48 h (red bars) in primary (> 45 um) and secondary (< 45 um) vessels across all regions relative to the area downstream of the occlusion. ****p ≤ 0.0001 for the comparisons denoted. Tortuosity was consistently lower in primary vessels than in secondary vessels across regions after both 24 h and 48 h of tissue culture with controlled flow. Biological replicates for this experiment were at a minimum of n = 3, and data points shown are from technical replicates across all experiments.
DISCUSSION
Tissue reperfusion outcomes vary widely following therapeutic intervention, largely due to an incomplete understanding of the underlying causes. Microvessel instability for example has been proposed as a contributing factor, with capillary-associated pericytes potentially fueling microvascular dysfunction during ischemia (Yemisci et al., 2009; Hall et al., 2014; O'Farrell et al., 2017). A broader range of experimental models are therefore necessary to identify specific factors that may limit reperfusion and in turn address important gaps in our knowledge of the “no-reflow” phenomenon (Eeckhout and Kern, 2001; Ito, 2006). To that end, we developed an ex vivo tissue culture model in which vessel perfusion was maintained via cannulation of an upstream feeder artery. We established appropriate culture conditions for this closed-loop system and verified that, following experimental set up, perfusate access to capillary beds was feasible. Tissue viability was sustained over the experimental time course, as was the stability of the microvasculature and associated pericytes. In spite of these relatively stable microcirculatory networks, perfusion rapidly became limited to larger collateral vessels, which exhibited hallmarks of a sustained elevation in intraluminal pressure, specifically an increase in their tortuosity. Taken together, our data demonstrate that, despite the lack of overt cell death and tissue or vessel degradation by the measurements applied, capillary access-to-flow was severely reduced regardless of vascular integrity (as assessed by lectin-labeling vascular networks immediately preceding flow-controlled culture, then imaging post-culture via confocal microscopy (See Supplemental Materials) or proximity to a primary occlusion. Though we fully acknowledge that we did not formally measure the full range of vascular integrity indicators (e.g., small molecular weight tracer leakage or tight/adherens junction assessment). The current study also highlights the utility of tissue-based platforms to complement in vitro and in vivo approaches to isolate and explore the crosstalk between cellular responses and perturbations to fluid flow conditions.
Changes in blood flow within a tissue can lead to a wide range of consequences. For instance, limited or absent perfusion results in ischemic conditions including hypoxia, and disrupts nutrient/waste exchange as well as the biophysical forces on vessel walls (Hademenos and Massoud, 1997). The duration of the ischemic event also dictates the nature of cellular responses. Hypoxic conditions, both acute and chronic, have been suggested to induce microvascular instability (Schoch et al., 2002) via cell death and disengagement and in turn limit the capacity for reperfusion (Galiuto et al., 2000). Pericytes for example have been described as contracting and dying in this constricted state, thereby causing regional blood flow deficits following ischemia (Yemisci et al., 2009; Hall et al., 2014; O'Farrell and Attwell, 2014; O'Farrell et al., 2017). This phenomenon may be tissue- and/or time-dependent, as our data suggest that restricted flow may occur (i) more upstream of the capillary beds where pericytes are most abundant, and (ii) independent of overt pericyte death or detachment. While pericytes may be indirectly involved in the mechanisms that limit reperfusion, we did not find extensive cell death at the 24 h or 48 h time points observed, though we did not use live imaging to establish the exact time course for these changes. Furthermore, we cannot rule out the possibility that pericytes may communicate paracrine or intracellular signals to upstream cells that may be more directly involved in vasoconstriction and limiting capillary access to flow. But we did not observe widespread pericyte death in flow-restricted regions that would suggest their involvement in reduced fluid transit. Nevertheless, future studies will be needed to build upon these observations to further elucidate the potential roles of microvascular pericytes in limiting capillary perfusion in the context of tissue ischemia and reperfusion.
An additional outcome of altered blood flow is often morphological adaptation of affected vessels. For example, in the current study, we observed fluid transit primarily through collateral channels over an acute time course. We found that these tortuous vessels were consistently present throughout the entire region receiving controlled flow, even after adjusting the flow-rate in an attempt to relieve excessive shear stress on the vessel walls. Though we did not quantify features such as bending length and inflection points (Sun et al., 2022), measuring vessel tortuosity revealed that secondary, smaller-order vessels, such as the collaterals bridging adjacent territories, saw the highest degree of tortuosity. Two possible interpretations seem to emerge from this observation. First, the increased vessel tortuosity may reflect a temporary “morphological response” to altered flow patterns, that is, an adaptation based on inherent vessel geometry as opposed to structural remodeling that likely occurs over a more extended period of time (Chappell et al., 2008; Song and Munn, 2011; Chong et al., 2017). Vessel curvature may in fact reflect a means by which higher intraluminal pressure is dissipated, such as in scenarios where flows must be reduced for functional reasons e.g., uterine spiral arteries (Osol and Moore, 2014). In our study, the degree of tortuosity being generally lower at the 48 h time-point compared to 24 h suggests that perhaps vessel tortuosity changes are an acute, functional adaptation to abnormal flow rather than a permanent, negative consequence of it. Second, the degree of tortuosity in secondary vessels being higher at 48 h only in the occluded area suggests that these vessels may be facilitating larger flow volumes than their distal counterparts (Han, 2012). These secondary collaterals may need to adapt via tortuosity changes more substantially as compared to non-occluded areas, which is consistent with the idea that neighboring vessels may be actively shunting flow to the occluded area as a means to sustain tissue health. Overall, vessel tortuosity observed experimentally, or perhaps even clinically, may be a useful indicator of vessel adaptations to altered blood flow states and the relative efficiency of perfusion within downstream tissues.
In addition to the data and interpretations discussed above, the work presented herein aimed to highlight the utility of ex vivo tissue explant platforms as complementary approaches to in vitro microfluidics models and in vivo experimentation. Vascular-focused microfluidics models (Song and Munn, 2011; Sobrino et al., 2016; Phan et al., 2017; Haase et al., 2019) are moving towards, but have yet to achieve, recapitulation of key microcirculation features including: (i) sustained capillary diameters of 10 microns or less, (ii) appropriate deposition of ECM components within the vascular basement membrane, (iii) inclusion of microvascular pericytes exhibiting in vivo morphologies, and (iv) network architecture and hierarchy reflecting those found in specific tissues (Hesh et al., 2019). While in vivo experimental models can more accurately capture the complex biological response to altered blood flow (Gonzalez et al., 2015), that complexity can make it difficult to isolate and understand the individual components involved. Activation of the inflammatory cascade (Nowicki, 2005), for example, can create challenges in understanding contributions of recruited immune cells relative to local cellular constituents. In vivo models are also limited with respect to the time-course of experimental interventions, as applying multiple, acute manipulations in an animal model is incredibly difficult without compromising the health and wellbeing of the subject. These models are further complicated by the broad effects that anesthesia (Luo et al., 2007), pain management (Peterson et al., 2017), and surgical intervention have on the cardiovascular and immune systems as well as on overall animal physiology. While the experimental model presented in the current study has certain limitations, this ex vivo tissue perfusion system may offer an intermediate approach to bridge the gap between in vitro and in vivo applications.
As with all studies, it is critical to acknowledge the limitations of our model and approaches as well as possible alternative interpretations. While Ng2:DsRed was used in conjuction with vessel and cellular morphology to identify pericytes, we fully acknowledge that Ng2/Cspg4 is expressed by other cell types including other mural cells such as vascular smooth muscle cells. Another important limitation in the interpretation of our findings is that the intestinal tissue studied herein is relatively thin and may be able to absorb nutrients/oxygen from the superfusate, while tissues such as the brain are much thicker and likely be precluded from use in our experimental setup. Furthermore, interrogating potential molecular mechanisms involved in our observations was beyond the scope of the current study but will be a goal moving forward. This work provides a foundation for using this ex vivo tissue-based fluidics platform to transcriptionally profile vascular cell types in regions experiencing variable levels of fluid flow and mechanical stress (Culver and Dickinson, 2010). Regarding specifics for our model, it is possible that our observations may depend on the viscosity of the perfusate, which was selected to promote tissue viability but not necessarily to reflect specific characteristics of blood. Though we were able to achieve flow and intraluminal pressurization, the fluid itself may have lacked key mechanical and/or chemical properties to prevent persistent vaso-occlusion and restricted access to capillary networks. Another consideration for future studies might be the rate at which flow was reintroduced into our system. Major vessel occlusions are rapidly removed clinically to restore blood flow to downstream tissues, but we sought to reintroduce fluid flow into the cannulated tissues more moderately. Perhaps an even more gradual increase in reperfusion may limit or prevent any reactive myogenic vasoconstriction that might occur due to the increased intraluminal pressure. These and other alternative approaches and interpretations offer numerous opportunities for follow-on studies to further understand the molecular and mechanical cues that contribute to vascular adaptation to altered flow conditions and perhaps to persistent vasoconstriction events seen clinically.
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