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Editorial on the Research Topic 


Interaction between marine invertebrates and symbiotic microbes in a changing environment: Community structure and ecological functions


Symbiotic associations between marine invertebrates and microbes have been found in various ecosystems ranging from coral reefs (Figure 1) in shallow coastal waters to hydrothermal vents and cold seeps in the deep sea. Marine organisms surviving in diverse environments depend to a large extent or completely on symbiotic microbes (Dubilier et al., 2008). Symbiotic relationships between microorganisms and their marine invertebrate hosts are continuously formed and co-evolved with a long-term history that impacts morphology, behavior, development, metabolism, and even evolution (McFall-Ngai et al., 2013; Gould et al., 2018). In addition to organismal adaptation and evolution, symbioses between marine invertebrates and microbes underpin the health of marine ecosystems, especially the most threatened ecosystems (Wilkins et al., 2019). In the face of global climate change and the Anthropocene, it is essential to understand the interaction between marine invertebrates and symbiotic microbes in a changing environment to predict whether symbiosis will allow marine life to cope with future threats to the biosphere (Li et al., 2022). Given the significance of symbiosis between marine invertebrates and microbes, this Research Topic aims to contribute to a better understanding of the community structure and function of marine invertebrate-associated microbes and the interaction between marine invertebrates and their symbiotic microbes in a changing environment.




Figure 1 | A typical case of symbioses between  marine invertebrates and microbes: Coral and its associated  microorganisms.



Dynamic marine invertebrate-associated microbial communities have been largely observed in response to environmental disturbance as well as the physiological and developmental status of their hosts (Webster and Taylor, 2012; Apprill; van Oppen and Blackall, 2019; Carrier and Bosch, 2022). The flexibility of symbioses between marine invertebrates and microbes has been considered to be crucial for host health and fitness (Reshef et al., 2006; Apprill, 2020). To explore how plastic coral-associated microbial communities are in response to environmental variation, Haydon et al. reciprocally transplanted the coral Pocillopora acuta between a mangrove lagoon and an adjacent reef crest-slope on the northern Great Barrier Reef and investigated the bacterial and Symbiodiniaceae communities associated with the transplanted coral specimens. The results demonstrated obvious changes in the bacterial communities. These shifts were distinct between the reef-to-mangrove and mangrove-to-reef transplanted corals. The Symbiodiniaceae communities remain highly stable. Scleractinian corals, whose food source mainly comes from the photosynthesis of algal symbionts, are principal coral reef-builders. Scientists recently found that sponges are the major reef epifauna in a newly recognized biogenic reef system, the Great Amazon Reef System, which stays under a plume layer (Moura et al., 2016; Francini-Filho et al.; de Menezes et al., 2022). Pinto et al. found that plume-associated dissolved and particulate organic carbon (originating from the Amazon forest) and the heterotrophic microbiota associated with sponges may support host survival in an environment with attenuated light availability.

Salinity is one of the important drivers of microbial distribution (Lozupone and Knight, 2007). To explore the effects of changes in salinity on host-protected microbiomes, Kivistik et al. investigated the bacterial communities within the gastrointestinal tract of Ampullaceana balthica in different salinities. The results showed a high mortality rate of A. balthica after a shift from freshwater to salinity 6, along with altered gastrointestinal bacterial communities. There was a substantial difference between the bacterial communities in aquaria and in situ at salinity 6. Kivistik et al. further suggested that the intestinal microbiome needs long-term adaptation to higher salinity. Microbiomes associated with aquatic animals have received increasing attention. Haditomo et al. found alterations in the gut bacterial composition of sea urchins Mesocentrotus nudus and Strongylocentrotus intermedius after rearing in an aquarium with circulating and running water. In addition, the results of the transplanting experiment further revealed that these gut microbiota were affected by diet rather than rearing environment and host species. Furthermore, Haditomo et al. proposed that the gut microbiome reduces nitrates to ammonium to promote sea urchin growth. Increasing evidence supports the importance of pioneer microbes in early life stages in host biology (Korpela and de Vos, 2018; Fallet et al., 2022). To understand the pioneer microbiota of sea cucumber, Yu et al. investigated the bacterial communities in the early life stages of Apostichopus japonicus. The results demonstrated significant changes in the microbiota in the late auricularia stage and possible first colonizers in the gut affiliated with Rhodobacterales and Flavobacterales. On the basis of the dynamic changes in the bacterial community alongside the developmental stages and feeding time, Yu et al. suggested that organogenesis and feeding are major drivers of variation in early life microbiota in sea cucumber.

Exploring the evolution of the physiological and genomic properties of microbes associated with marine invertebrates is helpful for understanding their roles in symbioses. Jiang et al. compared the genomes of type strains of Halioticoli clade species in Vibrionaceae with different lifestyles and found more carbohydrate metabolism-related genes in the genome of free-living Vibrio ishigakensis compared to host-associated lineages. Guo et al. demonstrated a more complex antagonistic network among coral-associated bacteria at 32°C than at 25°C and proposed that the trade-off between antagonism and resource exploitation shifted in the antagonistic interactions under varied environmental temperatures.

A phylosymbiotic signal, i.e., the degree of similarity between microbial communities reflecting the evolutionary history of their hosts, has been observed in many hosts and their symbiotic microbiomes (Lim and Bordenstein, 2020). On the basis of the differential bacterial communities associated with two Aurelia polyp species, Li et al. proposed a correlation between the symbiotic microbial community and their host genetic background though they did not refer to the concept of phylosymbiosis. Co-evolutionary patterns may be affected by both horizontally and vertically transmitted microbes. Wale et al. summarized the vertical and horizontal transmission of the microbiome in crab larval stages and speculated that symbiotic microbiomes facilitate the transition of crabs from living in water to land. The authors further proposed that the integration of the early life history stages of crabs and their microbiomes is a crucial paradigm for the evolution of terrestrialization in crabs.

This Research Topic provides a glimpse of host-microbe interactions and possible examples of co-evolution that demonstrate the immense potential of the global marine biodiversity for discoveries. In addition, studies have shown the dynamic microbiomes associated with the developmental stages of marine invertebrates, e.g., in the case of the sea cucumber A. japonicus and its associated microbiome. Moreover, the impacts of altered environments because of both local and global changes are possibly altering microbial communities associated with marine invertebrates and the potential functions of microbial symbionts. We advocate that the phylosymbiosis and co-evolution of marine invertebrate hosts and their symbiotic microbiome are worth further investigation. Currently, we know much about the community compositions of microbial symbionts under various environmental conditions. However, we know far less regarding the mechanistic connections between the microbiome and its host at micro-spatial and short-term time scales, as well as in situ microbial activities and interactions within holobionts. Approaches that combine imaging technologies with metabolic activity detection and single-cell and (meta)genomic/transcriptomic sequencing will facilitate addressing these questions in the not-too-distant future.


Author contributions

JL drafted the editorial. All authors reviewed and edited the editorial. All authors contributed to the article and approved the submitted version.



Acknowledgments

The authors are grateful to the Frontiers in Microbiology and Frontiers in Marine Science editorial staff, especially Nina Hall, Talitha Gray, Chao Xiao, Alice Lickley and Emily Keynton, for their initial invitation and professional support.



Conflict of interest

The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.



References

 Apprill, A. (2020). The role of symbioses in the adaptation and stress responses of marine organisms. Annu. Rev. Mar. Sci. 12, 291–314. doi: 10.1146/annurev-marine-010419-010641

 Carrier, T. J., and Bosch, T. C. G. (2022). Symbiosis: The other cells in development. Development 149, dev200797. doi: 10.1242/dev.200797

 de Menezes, T. A., de Freitas, M. A. M., Lima, M. S., Soares, A. C., Leal, C., Busch, M. S., et al. (2022). Fluxes of the Amazon river plume nutrients and microbes into marine sponges. Sci. Total. Environ. 847, 157474. doi: 10.1016/j.scitotenv.2022.157474

 Dubilier, N., Bergin, C., and Lott, C. (2008). Symbiotic diversity in marine animals: The art of harnessing chemosynthesis. Nat. Rev. Microbiol. 6, 725–740. doi: 10.1038/nrmicro1992

 Fallet, M., Montagnani, C., Petton, B., Dantan, L., de Lorgeril, J., Comarmond, S., et al. (2022). Early life microbial exposures shape the crassostrea gigas immune system for lifelong and intergenerational disease protection. Microbiome 10, 1–21. doi: 10.1186/s40168-022-01280-5

 Gould, A. L., Zhang, V., Lamberti, L., Jones, E. W., Obadia, B., Korasidis, N., et al. (2018). Microbiome interactions shape host fitness. Proc. Natl. Acad. Sci. U.S.A. 115, 11951–11960. doi: 10.1073/pnas.1809349115

 Korpela, K., and de Vos, W. M. (2018). Early life colonization of the human gut: Microbes matter everywhere. Curr. Opin. Microbiol. 44, 70–78. doi: 10.1016/j.mib.2018.06.003

 Lim, S. J., and Bordenstein, S. R. (2020). An introduction to phylosymbiosis. Proc. R. Soc B 287, 20192900. doi: 10.1098/rspb.2019.2900

 Li, J., Yang, Q., Dong, J., Sweet, M., Zhang, Y., Liu, C., et al. (2022). Microbiome engineering: A promising approach to improve coral health. Engineering doi: 10.1016/j.eng.2022.07.010

 Lozupone, C. A., and Knight, R. (2007). Global patterns in bacterial diversity. Proc. Natl. Acad. Sci. U.S.A. 104, 11436–11440. doi: 10.1073/pnas.0611525104

 McFall-Ngai, M., Hadfield, M. G., Bosch, T. C. G., Carey, H. V., Domazet-Lošo, T., Douglas, A. E., et al. (2013). Animals in a bacterial world, a new imperative for the life sciences. Proc. Natl. Acad. Sci. U.S.A. 110, 3229–3236. doi: 10.1073/pnas.1218525110

 Moura, R. L., Amado-Filho, G. M., Moraes, F. C., Brasileiro, P. S., Salomon, P. S., Mahiques, M. M., et al. (2016). An extensive reef system at the amazon river mouth. Sci. Adv. 2, e1501252. doi: 10.1126/sciadv.1501252

 Reshef, L., Koren, O., Loya, Y., Zilber-Rosenberg, I., and Rosenberg, E. (2006). The coral probiotic hypothesis. Environ. Microbiol. 8, 2068–2073. doi: 10.1111/j.1462-2920.2006.01148.x

 van Oppen, M. J. H., and Blackall, L. L. (2019). Coral microbiome dynamics, functions and design in a changing world. Nat. Rev. Microbiol. 17, 557–567. doi: 10.1038/s41579-019-0223-4

 Webster, N. S., and Taylor, M. W. (2012). Marine sponges and their microbial symbionts: Love and other relationships. Environ. Microbiol. 14, 335–346. doi: 10.1111/j.1462-2920.2011.02460.x

 Wilkins, L. G. E., Leray, M., O’Dea, A., Yuen, B., Peixoto, R. S., Pereira, T. J., et al. (2019). Host-associated microbiomes drive structure and function of marine ecosystems. PloS Biol. 17, e3000533. doi: 10.1371/journal.pbio.3000533


Publisher’s note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2023 Li, Zhang, Sun, Thompson and Zhang. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.











	
	OPINION
published: 15 October 2021
doi: 10.3389/fmicb.2021.770245






[image: image2]

The Importance of Larval Stages for Considering Crab Microbiomes as a Paradigm for the Evolution of Terrestrialization

Matthew Wale1*, Daniele Daffonchio2, Marco Fusi1, Ramona Marasco2, Elisa Garuglieri2 and Karen Diele1*


1School of Applied Sciences, Edinburgh Napier University, Edinburgh, United Kingdom

2Red Sea Research Center, King Abdullah University of Science and Technology, Thuwal, Saudi Arabia

Edited by:
Jin Sun, Ocean University of China, China

Reviewed by:
Tyler J. Carrier, GEOMAR Helmholtz Center for Ocean Research Kiel, Germany
 Ariadne Hernández-Pérez, National Autonomous University of Mexico, Mexico

*Correspondence: Matthew Wale, m.wale@napier.ac.uk
 Karen Diele, k.diele@napier.ac.uk

Specialty section: This article was submitted to Microbial Symbioses, a section of the journal Frontiers in Microbiology

Received: 03 September 2021
 Accepted: 15 September 2021
 Published: 15 October 2021

Citation: Wale M, Daffonchio D, Fusi M, Marasco R, Garuglieri E and Diele K (2021) The Importance of Larval Stages for Considering Crab Microbiomes as a Paradigm for the Evolution of Terrestrialization. Front. Microbiol. 12:770245. doi: 10.3389/fmicb.2021.770245



Keywords: terrestrial crabs, symbiotic microbiota, hologenome theory, microbiome transmission, larval development


INTRODUCTION

The transition from an aquatic to a terrestrial lifestyle has evolved multiple times, and in numerous different phyla, in earth's history. In many crab species, this process is still underway (Bliss and Mantel, 1968), providing a unique opportunity to study the evolution of terrestrialization, as well as the role of associated microbiomes during this process (Cannicci et al., 2020). Recently, Cannicci et al. (2020) reported on the potential importance of microbiomes in the transition of crabs, formally wholly aquatic species, to life, fully or in part, in terrestrial environments. The authors argue that symbiotic bacteria, such as those of gill and gut microbiomes, may play a key role in easing this transition, by helping crabs to overcome physiological and morphological challenges associated with conquering the terrestrial environment, such as impaired respiration and osmotic regulation, and a new, often primary plant-based low nitrogen diet. Here we focus on the microbiomes of crab larvae and their potential role for the evolution of terrestrialization.

Crabs that are transitioning to life on land fall into two broad categories: terrestrial species that spend their whole adult life (except for larval release) on land independent of tidal inundation or freshwater bodies, and semi-terrestrial species that spend their adult life on land but are dependent on tidal inundation or freshwater (Burggren and McMahon, 1988; Anger, 1995). Many marine organisms form symbiotic relationships with microorganisms to aid life in extreme environments (Sogin et al., 2020). In line with the hologenome theory, this suggests that host-microbe interactions play an important role in an organism's evolution, where the genes of both the host and its microbes co-evolve in the collective “holobiont” (Zilber-Rosenberg and Rosenberg, 2008), potentially allowing the colonization of formerly hostile environments (Bang et al., 2018). Microbial symbionts, as individual species or in mixed-species assemblages, are present in many crustaceans, such as the marine isopod Idotea balthica (diet-specific gut microbiomes, Mattila et al., 2014), the intertidal brachyuran crab Eriocheir sinensis (gill and gut microbiomes, Zhang et al., 2016), and the freshwater signal crayfish Pacifastacus leniusculus (intestinal bacteria, Hernández-Pérez et al., 2021). Given that microbial assemblages are often specific to certain organs of their hosts (Chomicki et al., 2020), symbioses have likely evolved in support of a specific function.

The microbial assemblages associated with the guts of semi-terrestrial crabs have been proposed to aid in the adaptation of a low nitrogen, herbivorous diet during terrestrialization (Bui and Lee, 2015), like microbial assemblages of other aquatic invertebrates, e.g., isopods, where they enable the digestion of cellulose (Zimmer et al., 2002; O'Connor et al., 2014). The bacteria specifically associated with crab gills (Zhang et al., 2016, 2017) may facilitate ammonia excretion (Weihrauch et al., 2004), utilize gaseous CO2 (Morris, 2001), and buffer exposure to oxygen, which occurs at a concentration 30 times higher (Hsia et al., 2013) in the terrestrial compared to the marine environment where the host organism evolved. The microbiomes of both gut and gills could therefore provide terrestrial and semi-terrestrial crabs (here collectively called semi-/terrestrial) with means to cope with life in marine as well as in terrestrial environments. Whilst the presence of microbiomes and their role in buffering the stresses imposed on crabs by terrestrialization is beginning to be discussed (Bui and Lee, 2015; Cannicci et al., 2020), there are many unknowns. For example, the mode of bacterial acquisition, bacterial diversity, topological association, and the precise functions of their organ-specific microbial assemblages are still poorly understood, both for adult semi-/terrestrial crabs and their early life stages.

Most semi-/terrestrial crab species, like their aquatic counterparts, have a biphasic life cycle including fully aquatic larvae, via which they transition to semi-/terrestrial juvenile/adult life (Anger, 1995; Hartnoll et al., 2014). Understanding microbial colonization of the larvae would likely provide critical insights into how these crabs have been able to move from water to land, and whether the bacteria themselves facilitate this transition.



LARVAE, THE VECTOR BETWEEN WATER AND LAND, AND THEIR POTENTIAL MICROBIOME ACQUISITION PATHWAYS

Most semi-/terrestrial crab species are broadcast spawners with pelagic larvae that develop for 3–6 weeks in the marine environment (Bliss and Mantel, 1968; Anger, 1995), undergoing multiple zoeal stages and one megalopal stage, mirroring the life history characteristics of fully aquatic crabs. In some semi-/terrestrial species, larval development is abbreviated (Anger, 1995; González-Gordillo et al., 2010; Vogt, 2013) and/or maternal brood care increased. For example, the larvae of the fiddler crab Uca subcylindrica, a species adapted to semiarid habitats, develop inside non-permanent water bodies to megalopae within as little as 2.5 days (Rabalais and Cameron, 1983). The Jamaican freshwater bromeliad crab Metopaulias depressus also undergoes abbreviated development; its larvae are released into phytothelmes and are actively guarded by their mothers (Diesel, 1989; Diesel and Schuh, 1993). Semi-/terrestrial crabs with larvae that (still) need to develop in the sea act as vectors at the marine-terrestrial interface. Some species travel considerable distances over land from their inland habitats to the coast, e.g., the inland forest-dwelling Christmas Island crab Gecarcoidea natalis travels up to 4 km (Adamczewska and Morris, 2001) to release its larvae into the sea. In the sea, the offspring of semi-/terrestrial crabs are preyed upon by aquatic predators and consume plankton to acquire biomass that is brought back to the land when the megalopae settle and metamorphose into the benthic juvenile stage. Hence, semi-/terrestrial crab larvae are couplers of nutrients, and likely microbiomes, between aquatic and terrestrial ecosystems, with each successive generation having to make the transition from a life in water to a life on land. If, as recently suggested (Cannicci et al., 2020), symbiotic microbiomes facilitate the evolution from an aquatic to a terrestrial life, then these larval stages provide a unique opportunity to explore this transition firsthand.

Bacterial colonization of marine invertebrate larvae has been evidenced as an essential step in their adaptation to specific, often extreme, environments. For example, once settled, the larvae and juveniles of the gutless giant tube worm Riftia spp. are colonized by sulfur-oxidizing bacteria (Nussbaumer et al., 2006). Their acquisition promotes developmental changes in the juvenile worm, including the growth of specific tissues for the bacteria to colonize. The endosymbiotic bacteria within these tissues facilitate sulfur-oxidation (Minic and Hervé, 2004), allowing the worms to survive in hydrothermal vent ecosystems. In some species, such as the sponge Amphimedon queenslandica, settlement and metamorphosis to benthic juvenile stage are facilitated by the larvae's microbiota (Song et al., 2021). These vertically acquired symbiotic bacteria produce arginine, the substrate needed for nitric oxide synthesis and the signal that regulates settlement and metamorphosis in many invertebrate species. Bacterial colonization plays a key role in the larvae of the intertidal barnacle Semibalanus balanoides, which are colonized during the settlement phase of the cyprid stage. The cypris' microbiome composition changes upon settlement, with potential implications for growth and survival during the barnacle's benthic life stage (Aldred and Nelson, 2019). In other marine crustacean species embryos and larvae are colonized by specific symbiotic bacteria that increase protection from pathogenic fungi and bacteria (Gil-Turnes et al., 1989—Palaemon macrodactylus; Gil-Turnes and Fenical, 1992—Homarus americanus), and in Bryozoa bacteria reduce larval predation risk through the production of cytotoxins (Lopanik et al., 2004—Bugula neritina).

While microbiomes have not been found in all animal species studied (including crustacean larvae) (Hammer et al., 2019; Martin et al., 2020), there is evidence that when present in marine invertebrate larvae, symbiotic relationships are often formed. It is important to comprehend at which developmental stage these microbes are acquired if we are to understand whether and how these relationships aid the transition between life stages and contribute to the evolution toward terrestrialization.

Larval microbiomes of semi-/terrestrial crabs may be obtained horizontally from the surrounding environment, or vertically, through their parents (Figure 1). Horizontal bacterial transmission can occur either during the pelagic stages from the surrounding water (Lopanik et al., 2004; Hadfield, 2021) or upon first settlement (Nussbaumer et al., 2006; Aldred and Nelson, 2019) e.g., at the megalopa stage. Megalopae of many semi-/terrestrial crabs spend considerable time on the sediment surface, ahead of their metamorphosis into benthic juveniles (Anger, 2001; Hamasaki et al., 2015) and settlement is often driven by specific environmental and conspecific cues present in the sediment or the water layer above (Diele and Simith, 2007; Simith et al., 2013), possibly including substances emitted by bacterial biofilms (Simith et al., 2017). The period that the megalopae spend on the sediment before metamorphosing to the first juvenile crab stage may therefore provide an ideal time for the acquisition of bacteria from this substrate (Lim et al., 2019). Evidence of sediment bacteria transfer has been shown in adult fiddler crabs, Uca panacea, where the crabs' microbiome is populated by bacteria from their burrows (carapace microbiome) and the sediment surface (carapace and gut microbiome) (Cuellar-Gempeler and Leibold, 2019).


[image: Figure 1]
FIGURE 1. Life cycle of a semi-terrestrial crab (here represented as a female fiddler crab; subfamily Gelasiminae, taken as a model species; adapted after Peer et al., 2015) indicating the potential time points of vertical and horizontal acquisition of symbiotic microbiomes that may facilitate the transition from a life in water to one on land. Green and orange arrows indicate potential vertical and horizontal transmission routes of symbiotic microorganisms, respectively. Black arrows indicate the model life cycle from egg, through larvae, to adult crab.


Alternatively, vertical transmission of a larva's microbiome is generally through the mother, either from her microbiota or that received from the father during mating (Damiani et al., 2008). Given the conservative broadcast spawning and pelagic larval stages of most semi-/terrestrial crabs, vertical transmission would have to occur through symbiont association with adult gametes (Russell et al., 2018) or through an association between the microbes and the females' ovaries. Egg associated microbiomes that act as the vertical transmission point for symbionts (Nyholm, 2020) have been evidenced for the deep-sea yeti crab, Kiwa puravida (Goffredi et al., 2014), and the hydrothermal vent shrimp, Rimicaris exoculata (Methou et al., 2019). In semi-/terrestrial crabs, microbes that are transmitted through the mother's eggs would colonize their target organ upon hatching or, if such organ has not yet developed at this developmental stage (e.g., gills), persist internally or on the larvae's carapace until formed. If vertical transmission is occurring in semi-/terrestrial crabs, it would indicate a complex symbiotic relationship where the crabs' entire life cycles are intertwined with their microbiome.

Given the large number of crab species that have conquered the land but retained pelagic larvae that develop in the oceans, we advocate the importance of integrating the early life history stages into future studies on microbiomes as a paradigm for the evolution of terrestrialization in crabs. Identifying whether, when, and under which acquisition pathway microbiome transmission is occurring in the early life history of species with biphasic life cycles has the potential to significantly enhance our understanding of the contribution of animal-microbiome interactions in the crabs' transition from a life in water onto land.
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It has been proposed that an effective approach for predicting whether and how reef-forming corals persist under future climate change is to examine populations thriving in present day extreme environments, such as mangrove lagoons, where water temperatures can exceed those of reef environments by more than 3°C, pH levels are more acidic (pH < 7.9, often below 7.6) and O2 concentrations are regularly considered hypoxic (<2 mg/L). Defining the physiological features of these “extreme” corals, as well as their relationships with the, often symbiotic, organisms within their microbiome, could increase our understanding of how corals will persist into the future. To better understand coral-microbe relationships that potentially underpin coral persistence within extreme mangrove environments, we therefore conducted a 9-month reciprocal transplant experiment, whereby specimens of the coral Pocillopora acuta were transplanted between adjacent mangrove and reef sites on the northern Great Barrier Reef. Bacterial communities associated with P. acuta specimens native to the reef environment were dominated by Endozoicomonas, while Symbiodiniaceae communities were dominated by members of the Cladocopium genus. In contrast, P. acuta colonies native to the mangrove site exhibited highly diverse bacterial communities with no dominating members, and Symbiodiniaceae communities dominated by Durusdinium. All corals survived for 9 months after being transplanted from reef-to-mangrove, mangrove-to-reef environments (as well as control within environment transplants), and during this time there were significant changes in the bacterial communities, but not in the Symbiodiniaceae communities or their photo-physiological functioning. In reef-to-mangrove transplanted corals, there were varied, but sometimes rapid shifts in the associated bacterial communities, including a loss of “core” bacterial members after 9 months where coral bacterial communities began to resemble those of the native mangrove corals. Bacterial communities associated with mangrove-to-reef P. acuta colonies also changed from their original composition, but remained different to the native reef corals. Our data demonstrates that P. acuta associated bacterial communities are strongly influenced by changes in environmental conditions, whereas Symbiodiniaceae associated communities remain highly stable.

Keywords: coral microbiome, 16S rRNA gene, Pocillopora acuta, mangrove coral, Endozoicomonas, transplant, extreme environment


INTRODUCTION

Coral reefs worldwide are rapidly deteriorating as a consequence of increasingly frequent and severe marine heatwaves (e.g., Hughes et al., 2018), chronic ocean warming, acidification and deoxygenation (Altieri et al., 2017; Cornwall et al., 2021). Climate change projections indicate that by 2030, most coral reef environments will exceed the current temperature, pH and/or O2 thresholds that govern optimal coral reef functioning (Hoegh-Guldberg et al., 2017; Hughes et al., 2018, 2020), threatening reef survival. Understanding whether, and if so how, corals can acclimatise or adapt to these various stressors has therefore become a global research priority in recent years (Howells et al., 2016; Torda et al., 2017; van Oppen and Blackall, 2019; Cropp and Norbury, 2020). One approach has been to study corals already thriving under present-day natural extremes, in reef or reef-adjacent habitats where daily pH, O2 and temperature already reach or exceed levels predicted to occur by the end of the century (reviewed by Camp et al., 2018). Such extreme environments include tidal pools (Palumbi et al., 2014; Klepac and Barshis, 2020) and macrotidal reefs (Schoepf et al., 2015, 2020), where corals exhibit exceptional thermal tolerance. Corals in these extreme environments can provide important insights into the future of conspecific reef populations under continued ocean warming.

Extreme systems recently identified as ideal sites for studying coral resilience to complex stressor regimes are reef adjacent mangrove lagoons (Camp et al., 2018), which can be inhabited by species of reef-building corals commonly found on nearby reefs (Macintyre et al., 2000; Rogers, 2009, 2017; Camp et al., 2017, 2019; Lord et al., 2020). Mangroves can reduce thermal stress by shading corals, but these shallow environments also expose corals to hotter, more acidic and deoxygenated conditions (Rogers and Herlan, 2012; Camp et al., 2017; Rogers, 2017; Maggioni et al., 2021). Compared to adjacent reefs, where pH levels fluctuate between 8.1 and 8.2, mangrove lagoons can exhibit consistently low pH (below 7.8), with daily drops to below 7.3 (Camp et al., 2017, 2019). These environments are also on average 2°C warmer than nearby reefs and contain lower dissolved O2 concentrations (<1 mg L–1) relative to adjacent reefs (Camp et al., 2017, 2020). As a result, corals thriving in mangrove lagoons exhibit very different physiological and metabolic signatures, such as enhanced respiration and reduced photosynthesis (Camp et al., 2017; Ros et al., 2021), which likely facilitate their survival within these relatively hostile environments. However, other underlying factors, such as shifts in the coral microbiome, might also contribute to the persistence of corals in these extreme environments.

Microorganisms are central to healthy coral function (Bourne et al., 2016; Putnam et al., 2017), but their role in coral stress responses has mostly been characterised for the endosymbiotic dinoflagellates (Symbiodiniaceae) (Howells et al., 2012; Cunning et al., 2015a; Lewis et al., 2019; Rosset et al., 2019; Rädecker et al., 2021). Coral hosts closely associated with specific Symbiodiniaceae taxa (Howells et al., 2020; Osman et al., 2020), except when exposed to atypical (“stressful”) conditions (Cunning et al., 2015b; Lewis et al., 2019; Thomas et al., 2019). For example, coral populations persisting across changing environmental gradients experience shifts in dominant Symbiodiniaceae types (Innis et al., 2018; Wall et al., 2020), likely as a host response to retain metabolic compatibility as external resource availability shifts (Suggett et al., 2017). Similarly, corals exhibit ecological associations with diverse and abundant communities of prokaryotes, which play important roles in nutrient cycling (e.g., nitrogen, carbon, sulphur) and protection from pathogens (Ritchie, 2006; Raina et al., 2009; Rädecker et al., 2015; Glasl et al., 2016). The composition of bacterial assemblages associated with corals is rarely static and often displays seasonal (Roder et al., 2015; Sharp et al., 2017) and spatial (McDevitt-Irwin et al., 2017; Ziegler et al., 2019; Osman et al., 2020) heterogeneity governed by changing environmental conditions. There is evidence that these bacterial communities can also facilitate coral acclimation under environmental stress, enhancing coral resilience (Ziegler et al., 2017, 2019; Yu et al., 2020), and recent microbiome manipulation experiments have led to altered levels of stress susceptibility (Fragoso Ados Santos et al., 2015; Damjanovic et al., 2017; Rosado et al., 2019; Doering et al., 2021; Zhang et al., 2021). However, the specific metabolic advantages that beneficial bacteria provide to corals remain to be elucidated.

Recent work in New Caledonia has revealed that conspecific corals inhabiting reef and mangrove habitats harbour different bacterial and Symbiodiniaceae communities (Camp et al., 2020). However, it is unclear whether these contrasting communities are a direct consequence of these different environments, and how plastic these communities might be to environmental variation. Transplantation experiments have been used in reef studies to resolve how corals can adjust to environmental change (and/or populate diverse conditions), demonstrating capacity for corals to acclimatise to depth ranges (Cohen and Dubinsky, 2015; Tamir et al., 2020), temperature regimes (Barshis et al., 2010; Dixon et al., 2018), turbidity gradients (Padilla-Gamiño et al., 2012), and heat stress exposure (Palumbi et al., 2014). Such studies have begun to examine the possible roles that microbial associates play in facilitating acclimation, demonstrating clear shifts in microbial communities when corals are introduced to non-native environments (Ziegler et al., 2019; Chapron et al., 2020; Roitman et al., 2020). For example, when transplanted to a hotter and more thermally variable environment, heat sensitive corals acquired a microbiome similar to that of heat tolerant corals (Ziegler et al., 2017). However, such reshuffling of the microbiome under stress does not appear to be a conserved trait across all coral species because the microbiome of some species remain unchanged when transplanted from unpolluted to polluted environments (Ziegler et al., 2019).

Following recent observations that coral species found on the northern Great Barrier Reef in both mangrove lagoon and adjacent reef sites are inhabited by different communities of Symbiodiniaceae (Low Isles; Camp et al., 2019; Ros et al., 2021), we conducted a 9-month reciprocal transplant experiment, using the common coral species Pocillopora acuta, to identify whether: (i) bacterial communities differ between sites, and (ii) bacterial and Symbiodiniaceae community composition changes to resemble that of native corals when moved across the contrasting environments. Given previous observations of rapid adjustments in bacterial assemblages (Sharp et al., 2017; Sweet et al., 2017; Pootakham et al., 2019), we hypothesised that the microbiome of P. acuta would shift after 9 months of reciprocal transplantation into non-native sites and would mirror that of native non-transplanted corals. Understanding if the microbiomes of transplanted corals have the capacity to resemble those of native corals is important to decipher some of the possible mechanisms involved of how corals will adapt to changing future conditions.



MATERIALS AND METHODS


Site Description

Two sites, situated ∼500 m apart and located on the northern Great Barrier Reef (GBR), were selected for our reciprocal transplant experiment: a mangrove lagoon (Woody Isles) and an adjacent reef crest-slope (Low Isles reef) (Figure 1). The Woody Isles mangrove lagoon is semi-enclosed by a mangrove forest and undergoes daily tidal flushing, but does not appear to have freshwater inputs from the surrounding catchment. Corals inhabiting this mangrove environment undergo dynamic diurnal changes in temperature (range 7.7°C), pH (1.3), oxygen (7.33 mg l–1), and salinity (15.5) (see Camp et al., 2019). In comparison, the Low Isles reef site has considerably more stable physiochemical conditions.
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FIGURE 1. Long-term reciprocal transplantation experiment. (A) Map of sampling sites on Low Isles reef crest (blue dot) and adjacent Woody Isles mangrove lagoons (red dot) with different environmental regimes. Five coral colonies were transplanted to each adjacent site (mangrove-reef and reef-mangrove) and five coral colonies remained in their natural environments (mangrove-mangrove and reef-reef). White line (lower left) represents 100 m distance. (B) Mean hourly temperature (°C) measured over a 9-month period between May 2018 and February 2019. Data was collected from HOBO sensors deployed on Woody Isles mangrove lagoon (red) and Low Isles reef (blue). Shading represents SD for n = 269 per time point.




Experimental Design and Sample Collection

To characterise daily and seasonal temperature shifts, we deployed HOBO Pendant data loggers (Onset, MA, United States) at both sites (Woody Isles mangrove; Low Isles reef), which recorded data for the 9-month duration of the experiment. In addition, spot measurements were periodically taken for temperature, salinity and oxygen using a multi-meter (3430, WTW) and pH using a pH meter (913, Metrohm). Environmental data series (temperature, salinity, O2, and pH) were tested using independent samples t tests with Welch’s corrections to test for any differences between reef and mangrove environments (GraphPad Prism v.7).

Five colonies of P. acuta were selected for transplantation from each habitat. Colonies were sampled from a depth of ca. 0.25–0.5 m (mangrove, n = 5) and <1 m (reef crest-slope, n = 5) on the lowest astronomical tide to ensure consistency across the two sites. All colonies were subsampled to yield a partial colony fragment, which was then split in half (ca. 10 cm diameter). The two resulting fragments subsequently served as either a native (remaining within site) or non-native (transplanted between sites) specimen, where colonies were either retained within their native mangrove (mangrove-mangrove), or reef (reef-reef), or were moved from the mangrove to the reef (mangrove-reef), or reef to mangrove (reef-mangrove). All split colonies were attached onto one of five aluminium racks with cable ties within each location, such that each rack contained either a replicate mangrove-mangrove or reef-mangrove coral colony within the mangrove lagoon, or replicate reef-reef or mangrove-reef coral colony on the reef (total n = 20). Two small fragments (<5 cm each) of P. acuta were collected from each of the 20 split colonies at the start of the transplantation (May 2018, t0) for characterisation of the Symbiodiniaceae and bacterial communities, and Symbiodiniaceae photo-physiology via Pulse Amplitude Modulation (PAM) fluorometry. All fragments were collected using sterile pliers and placed in zip lock bags filled with seawater from the respective location before being returned to the sampling vessel within 30 min for immediate processing. One fragment was used for microbiome characterisation and rinsed with sterile artificial seawater before immediate flash freezing in liquid N2, while the second fragment was analysed using PAM fluorometry. Further samples were collected using this approach three days after transplantation (t3d) to determine any immediate transplant effects on the coral microbiome or photophysiology. The experiment continued with samples collected 2 months (t2M), 3 months (t3M), 6 months (t6M), and 9 months (t9M) after transplantation, which were all immediately processed for microbiome and PAM fluorometry analysis.



Photophysiological Data

Photophysiology was characterised using a diving PAM set to conduct a fluorescence-light response curve as previously detailed (e.g., Nitschke et al., 2018; Camp et al., 2019), where the actinic light source intensity was verified against a factory-calibrated quantum sensor (Li-COR, United States). Briefly, samples were low light acclimated (ca. 5–10 mol photons m–2 s–1) for 20 min and then exposed to an increasing light gradient of ca. 0, 180, 210, 360, 450, 670, 1070, 1550, and 1980 μmol photons m–2 s–1. Minimum (F0, F0′, F′) and maximum (Fm, Fm′) fluorescence yields were obtained to calculate the excitation energy dissipation terms [1-C] and [1-Q], which are the photochemical and dynamic non-photochemical coefficients, respectively (see Suggett et al., 2015). To assess the differences of photosynthetic strategies between reef and mangrove corals, data series were confirmed for normality (Shapiro-Wilk) and then tested using independent samples t tests (GraphPad Prism v.7).



Sample Processing and DNA Extractions

Total genomic DNA (gDNA) was extracted using a modified phenol-chloroform protocol. Coral tissue was initially removed from frozen fragments by air-blasting tissue into zip lock bags containing 5 ml of sterile artificial seawater. Coral slurry was then centrifuged at 8,000 g for 10 min, the supernatant was discarded, and pellets were frozen at −80°C prior to subsequent analysis. Pellets were later resuspended in 0.5 mL of extraction buffer (0.75 M Sucrose, 40 mM EDTA, 50 mM Tris-base pH 8.3) with the addition of 75 μL of Lysozyme (100 mg/ml stock), incubated at 37°C for 1 h and shaken every 15 min, followed by three freeze/thaw cycles in liquid N2 and incubation at 70°C on a heat block. Sodium dodecyl sulphate (SDS; 100 μL of a 25% solution) was added to samples and then incubated at 70°C for 10 min. Samples were cooled to room temperature before adding proteinase K (20 μL of 20 mg/mL stock) and further incubated for 1 h at 37°C, followed by three additional freeze/thaw cycles. Samples were then added to an equal volume of phenol:chloroform:isoamyl alcohol (25:24:1, pH 8), mixed by inversion for ten min at room temperature, followed by centrifugation for 15 min at 13,000 g. For each sample, the aqueous phase containing the DNA was transferred into a clean tube and equal volumes of chloroform:isoamyl alcohol (24:1) was added. Samples were mixed by inversion for 10 min and centrifuged for 10 min at 16,000 g. The aqueous layer was transferred to a new tube and mixed with sodium acetate (50 μl of 3M solution), then an equal volume of ice-cold molecular-grade isopropanol was added to precipitate the extracted DNA. Tubes were then centrifuged at 20,000 g for 30 min at 4°C and the supernatant was discarded. The DNA pellets were washed with 500 μL of molecular grade ethanol (70%) and centrifuged for 10 min 20,000 g. Ethanol was removed and samples were air dried for 15 min in the dark, before DNA pellets were resuspended in 30 μL of nuclease free water.



Host Identification

To confirm the identity of the coral species, extracted DNA was amplified using the Pdam-F (5′-AAGAAGATTCGGGCTCG TTT-′3) and Pdam-R (5′-CGCCTCCTCTACCAAGACAG-′3) primers, which provide species delineation in pocilloporids (Flot and Tillier, 2007). The PCR conditions involved a denaturing cycle at 95°C for 10 min, followed by 25 cycles at 95°C for 30 s, 58.5°C for 30 s, and 72°C for 30 s, and a final extension step at 72°C for 10 min. Amplification efficiency was confirmed using 1% agarose gels with 3 μL of PCR product. Amplicons were then sequenced in both directions using Sanger Sequencing (Australian Genomic Research Facility, NSW, Australia). Sequences were aligned in Geneious V R6 against reference sequences for Pocillopora from NCBI. All sequences matched with reference sequences for P. acuta (Schmidt-Roach et al., 2014) and confirmed initial classification based on visual identification in the field.



Prokaryote Community Composition

For characterisation of the bacteria associated with P. acuta, the V3-V4 region of the 16S rRNA gene was amplified using the 341F (5′-TCGTCGGCAGCGTCAGATGTGTATAAGAGACAG CCTAYGGGRBGCASCAG-′3) and 805R (5′-GTCTCGTGGG CTCGGAGATGTGTATAAGAGACAGGGACTACNNGGGTAT CTAAT-′3) primers (Klindworth et al., 2013) (underlined segments represent adapter sequences; Illumina, San Diego, CA, United States). PCR reactions consisted of 1 μL of template DNA, 12 μL of Velocity high fidelity master mix (Bioline, United Kingdom) and 1 μL of each primer. The PCR cycling conditions involved an initial denaturation step at 95°C for 10 min, then 25 cycles at 95°C for 30 s, 50°C for 30 s and 72°C for 30 s, followed by a final extension at 72°C for 5 min. Amplicons were sequenced using the Illumina MiSeq platform (2 × 300 bp) at the Ramaciotti Centre for Genomics (University of New South Wales, Sydney, Australia). Raw FASTQ format files obtained from the 16S rRNA gene amplicon sequencing were processed using the Quantitative Insights into Microbial Ecology (QIIME2) pipeline (Bolyen et al., 2019). The DADA2 plugin (version 2019.1.0) was subsequently applied to remove chimeras, denoise and trim paired-end sequences (Callahan et al., 2016). Sequences were examined at the amplicon sequence variants (ASVs) level. ASVs with reads below 0.005% relative abundance and corresponding to chloroplast or mitochondria were removed (Gonzalez et al., 2019) along with any extraction kit contaminants found in sequenced negative controls. Taxonomy was assigned using classify-sklearn (Pedregosa et al., 2011) against the SILVA v138 database. Rarefaction curves were produced to determine differences in sequencing depth between samples, with data then rarefied to 5,250 reads per sample. Alpha-diversity indices were produced in QIIME2 (Shannon’s diversity and Chao1 species richness).

To visualise differences in bacterial community composition among locations and treatments, non-metric multidimensional scaling ordinations (nMDS) were carried out using Bray-Curtis dissimilarity matrices. Differences in alpha diversity and community structure (beta diversity) were analysed using permutational multivariate analysis of variance (PERMANOVA) on square-root transformed data in PRIMER-E + PERMANOVA package v1.0.6. One-factorial PERMANOVA was run with 999 permutations to test for differences between sites (mangrove vs reef). Two-factorial PERMANOVAs were run with 999 permutations to test for differences between sites at different timepoints, and differences within sites between timepoints (fixed factors time and site). To identify differentially abundant bacterial taxa across sites and between timepoints, we used MetagenomeSeq (Paulson et al., 2013) at the ASV and family levels. Additionally, to identify the core microbiome of both mangrove and reef environments, we used the panbiom python script (Kahlke, 2018), which detect ASVs present in at least 0.1% relative abundance in more than 80% of samples tested.



Symbiodiniaceae Community Composition

Symbiodiniaceae community characterisation among P. acuta colonies was assessed at t0 (n = 19) and t9M (n = 13) to characterise any changes over time. Specifically, the ITS2 region of the Symbiodiniaceae communities associated with experimental coral colonies was targeted using the ITSintfor2 (5′- TCGTCGGCAGCGTCAGATGTGTATAAGAGACAGGAA TTGCAGAACTCCGTG-′3) and ITS2-reverse (5′-GTCTCGTG GGCTCGGAGATGTGTATAAGAGACAGGGGATCCATATGC TTAAGTTCAGCGGGT-′3) primer pairs (Coleman et al., 1994; LaJeunesse, 2002) (attached Illumina adapters underlined). PCR reactions and sequencing were carried out as described for the 16S rRNA sequencing, except that the annealing temperature used was 55°C. Resulting amplicons were sequenced using the Illumina MiSeq platform (2 × 300 bp) (Australian Genomic Research Facility, Victoria, Australia). Demultiplexed FASTQ files from the Illumina sequencing were analysed using the SymPortal analytical framework (Hume et al., 2019), which predicts ITS2-type profiles from specific sets of defining intragenomic ITS2 sequence variants (DIVs) based on genetically differentiated Symbiodiniaceae taxa. Sequences were submitted directly to the SymPortal pipeline, where they were quality controlled using Mother 1.39.5 (Schloss et al., 2009), BLAST+ suite of executables (Camacho et al., 2009) and minimum entropy decomposition (Eren et al., 2014) to predict Symbiodiniaceae taxa from the ITS2 marker. Differences in Symbiodiniaceae communities were visualised using nMDS and tested using PERMANOVA as described for the prokaryote data analysis above.



RESULTS


Environmental Characterisation

Reef and mangrove sites had distinct environmental regimes. Specifically, throughout the 9-month study period, average diel (day-night) temperature variation for the mangroves (28°C) was ∼2°C higher (p < 0.001) than for the reef (26°C). Similarly, peak temperature (15:00) was on average 1.5°C higher (p < 0.001) in the mangrove (28.2°C) compared to the reef (26.7°) (Figure 1). Over each sampling timepoint (t0, t3D, tt2M, t3M, t6M, and t9M), pH, salinity and oxygen were lower in the mangrove (7.74–7.81, 33.9–34.2, 2.5–4.1 mg/L) compared to the reef (8.08–8.11, 35.0–35.2, 6.2–6.8 mg/L) (p < 0.0001) (Supplementary Table 1).



Symbiodiniaceae Associations Are Site-Specific Yet Do Not Change After Transplantation

Symbiodiniaceae communities associated with P. acuta exhibited site-specific ITS2 profiles (p < 0.005; Figure 2 and Supplementary Table 2). The Symbiodiniaceae assemblage within mangrove corals was dominated by species from the Durusdinium genus (ITS2 type profile D1bt_D6_D1_D4_D1bs and D4_D1_D6_D1bu_D2.2_D1h), while reef corals were dominated by members of the Cladocopium genus (ITS2 type profile C1d_C42.2_C1, C1d_C42.2_C1bl_C1_C3cg_C1b and C1d_C1_C42.2_C3cg_C1b_C3), whereby each genus represented >95% of the ITS2 relative abundance at each site. Notably, transplantation to adjacent sites had no effect on coral associated Symbiodiniaceae communities, which remained stable within transplanted corals (Figure 2). After 9 months (t9M), ITS2 profiles of the transplants (either within or between sites) were indistinguishable from those at the beginning of the experiment (t0) (p > 0.05; Supplementary Table 3). Photo-physiological assessments revealed strong seasonal signatures in the dissipation of excitation energy for the mangrove corals, which were retained independently of transplanted location (i.e., mangrove-mangrove and mangrove-reef) (Figure 3). Specifically, much greater non-photochemical quenching [lower values of (1-Q)] occurred at t9M when water was the warmest, compared to t0 (p < 0.001). In contrast, reef populations exhibited no significant change in quenching dynamics through time, a pattern that was conserved whether colonies were located in native (reef-reef) or non-native (reef-mangrove) habitats (Figure 3). Thus, Symbiodiniaceae communities also retained their initial physiological signatures regardless of location over the 9-month period following transplantation.
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FIGURE 2. Relative abundance (%) of ITS2 sequence types (upper section) and predicted major ITS2 type profiles (lower section) for Pocillopora acuta across both the mangrove lagoons and reef habitats on the Great Barrier Reef over transplantation treatments; mangrove-mangrove (MM), mangrove-reef (MR), reef-mangrove (RM), and reef-reef (RR). t0 represents samples taken prior to transplantation and t9M 9 months after transplantation. Only sequence types above 1% relative abundance are shown, anything below 1% relative abundance is represented by top grey bars. Designated names (e.g., D1) represent sequences previously characterised in the literature or that have been previously run through the SymPortal analytical framework (Hume et al., 2019). Other less common sequences designated to a unique database ID and their associated clade/genera (e.g., 10566_D) represent sequences that have not been previously used to characterise ITS2 type profiles. C refers to Cladocopium species (clade C) and D refers to Durusdinium species (clade D).
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FIGURE 3. Photophysiology of Pocillopora acuta (mean, n = 3–5) showing photochemical quenching (1-C) versus non-photochemical quenching (1-Q) from Rapid Light Curves for each transplantation treatment; mangrove-mangrove, mangrove-reef, reef-reef, and reef to mangrove at each sampling timepoint; t0 (prior to transplantation) and t9M (after 9 months of transplantation).




Sequencing Overview

In total, 113 samples of P. acuta (t0; n = 20, t3D; n = 19, t2M; n = 20, t3M; n = 18, t6M; n = 19, t9M; n = 14) and 3 negative controls were characterised using 16S rRNA amplicon sequencing, which yielded 10,745,579 sequences (Supplementary Table 4). Following quality control and removal of unwanted sequences, we retained 3,241,809 sequences (mean ± SE, 28,688 ± 7951 per sample). After Subsampling to 5250 sequences per sample, there were 110 samples retained with a total of 13,380 ASVs in the dataset.



Coral-Associated Bacterial Communities Are Site-Specific

Bacterial alpha diversity analysis revealed statistically significant patterns between environments (PERMANOVA, p < 0.001; Supplementary Table 5). Specifically, bacterial community richness at t0 was significantly higher in the mangrove corals relative to corals located on the reef (ASV richness of 469 ± 66 SE and 149 ± 31, respectively; Figure 4A), and more diverse than in the reef (Shannon diversity of 8.2 ± 0.23 and 5.9 ± 0.40, respectively; Figure 4B).
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FIGURE 4. Bacterial diversity of ASVs associated with Pocillopora acuta in the mangrove lagoons and the reef environments prior to transplantation of corals (t0), based on (A) Chao1 and (B) Shannon’s diversity index. Box plots represent 25th–75th percentile range, lines show medians, error bars represent IQR and + represent the mean, n = 10 coral colonies. (C) Bacterial community structure at the ASV level within the coral Pocillopora acuta between mangrove lagoon (n = 10) and reef environments (n = 10) at t0. Plot is based on non-metric multidimensional scaling (nMDS) of Bray-Curtis distances with corals prior to transplantation. Ellipses denote 95% confidence intervals. 2D stress: 0.10.


The composition of the bacterial communities was also site-specific (PERMANOVA, P < 0.001; Figure 5, Supplementary Figure 1, and Supplementary Table 6). This was further confirmed visually by ordination analysis (Figure 4C). These inter-site differences at t0 were driven by 79 differentially abundant ASVs, however, each of these ASVs was generally rare (<1% relative abundance). Therefore, we further analysed these differences at the family level using metagenomeSeq. Overall, we identified 60 differentially abundant bacterial families between the two sites (Supplementary Table 7), but only five of these represented at least 2% relative abundance in samples of either habitat (mangrove or reef). Specifically, Endozoicomonadaceae (33% ± 8.7), Cyanobiaceae (6% ± 1.7), and Bacillaceae (2.8% ± 0.78) were relatively more abundant in the reef corals at t0, whereas Rhizobiaceae (2.6% ± 0.2) and Desulfocapsaceae (2.5% ± 0.3) were relatively more abundant in the mangrove corals at t0 (Figure 6C).
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FIGURE 5. Bubble plot of the highest abundant bacterial families associated with the coral Pocillopora acuta across different collection timepoints (t0; 0 days, t3D; 3 days, t2M; 2 months, t3M; 3 months, t6M; 6 months, t9M; 9 months) and transplant treatments (MM; mangrove-mangrove, MR; mangrove-reef, RR; reef-reef and RM; reef-mangrove). Size of the bubble represents the relative abundance. Note: Due to their abundance, bubble sizes of Endozoicomonadaceae were scaled separately.
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FIGURE 6. Bacterial community structure at the amplicon sequence variant (ASV) level and differential abundance of bacterial families associated with the coral Pocillopora acuta. Non-metric multidimensional scaling (nMDS) of Bray-Curtis distances between timepoints (t0 and t9M) and treatments; (A) reef-reef (RR) and mangrove-reef (MR) (2D stress: 0.18), (B) mangrove-mangrove (MM) and reef-mangrove (RM) (2D stress: 0.13). MetagenomeSeq analysis of significantly differentially abundant bacterial families (p < 0.05 following FDR corrections) between (C) native reef and mangrove corals (t0), (D) timepoints in mangrove-reef (MR) corals (t0 vs t9M) and reef-mangrove (RM) corals (t0 vs t9M). Bacteria family names are provided above each box, box plots represent log transformed count.




Coral Core Microbiome

At t0, a core microbiome was not conserved across P. acuta colonies in the mangrove environment. In contrast, 5 ASVs were identified as core members of the microbiomes in reef colonies. These 5 ASVs all belonged to the genus Endozoicomonas, on average they accounted for 26.3% of the microbiome in reef colonies and were all present in 9 out of the 10 replicates at t0.



Bacterial Communities Rapidly Shift When Corals Are Transplanted

Transplantation of P. acuta colonies from the reef to the mangrove lagoon (reef-mangrove) resulted in no significant changes in alpha diversity over time (PERMANOVA, p > 0.05; Supplementary Figure 2, Supplementary Table 8). However, comparisons of beta diversity revealed a significant interactive effect between sites and timepoints (PERMANOVA, p < 0.005; Supplementary Table 9). Composition of bacterial communities in reef-mangrove corals shifted after 3 months of transplantation (t3M), where these samples as well as those from subsequent time points, became highly dissimilar compared to t0 samples (PERMANOVA, p < 0.05; Figure 5 and Supplementary Table 9). In addition, communities between t0 and t9M were clearly partitioned (nMDS; Figure 6B). These changes in bacterial communities from t0 to t9M were primarily driven by statistically significant shifts in the relative abundance of 17 bacterial families (Supplementary Table 10). Notably, the proportion of Endozoicomonadaceae dramatically decreased from an average of 35 to 0.7%, while the relative abundance of members of the Rhizobiaceae significantly increased over time (1.3–4.5%) (Figures 6D, 7).
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FIGURE 7. Changes in relative abundance of dominant bacterial families over time (t0; 0 days, t3D; 3 days, t2M; 2 months, t3M; 3 months, t6M; 6 months, t9M; 9 months) and between transplant treatments (MM; mangrove-mangrove, MR; mangrove-reef, RM; reef-mangrove, and reef-reef; RR). Error bars represent standard error.


Coral-associated bacterial communities in corals transplanted from mangrove to reef (mangrove-reef) were significantly altered after only three days (t3D) of transplantation (PERMANOVA, p < 0.05; Supplementary Table 9). Overall ASV diversity (Shannon diversity) decreased over time (t0; 7.9 and t9M; 5.1, p < 0.05; Supplementary Figure 2 and Supplementary Table 8), but no significant changes were observed in bacterial richness. Changes in bacterial community structure were observed between t0 and t9M (nMDS; Figure 6A) along with overall changes in community composition (PERMANOVA, p < 0.05, Figure 5 and Supplementary Table 9). Among mangrove-reef colonies, nine bacterial families were differentially abundant over time (t0–t9M) (Supplementary Table 11), specifically significant increases in the relative abundance of Endozoicomonadaceae (0.96–19%) and Cyanobiaceae (2.5–4.5%), and a decrease in Desulfocapsaceae (2.7–0.24%) occurred (Figures 6D, 7). Each individual mangrove-reef replicate became highly dominated by one or two different bacterial families following 9 months of transplantation to the reef. For example, one of the replicates was characterised by a high relative abundance of Rhodobacteraceae (79%), whereas another was dominated by Endozoicomonaceae (56%) (Supplementary Figure 1). This pattern contrasts with the lack of many highly relatively abundant bacterial families (>5%) among mangrove-reef samples prior to transplantation (t0).



Coral Microbiomes of Transplanted Corals Resemble Those of Native Corals

Transplantation of coral colonies between habitats indicated the rate with which coral microbial communities adjusted to their new sites (environmental regime). The bacterial assemblages associated with the corals transplanted from the reef to mangrove (reef-mangrove) became indistinguishable to those of the native mangrove corals (mangrove-mangrove) by t9M (PERMANOVA, p > 0.05; nMDS; Figure 6B). In contrast, the bacterial communities associated with corals that remained in the reef environment (reef-reef) did not change significantly over the course of the experiment. Bacterial communities of the mangrove-reef corals changed over time but showed little resemblance to the bacterial communities of the native reef corals (reef-reef) by t9M (nMDS; Figure 6A). Additionally, the bacterial communities in the native mangrove corals (mangrove-mangrove) shifted between t0 and t9M (p < 0.05), which was characterised partly by the loss of Endozoicomonas ASVs (Figure 7). In fact, bacterial communities within the mangrove–mangrove native colonies were highly dynamic and shifted significantly at every timepoint measured (PERMANOVA, p < 0.05; Figure 5 and Supplementary Table 9). The major distinction between bacterial communities from t0 to t9M for the native mangrove corals was the loss of highly abundant bacterial families, which contrasted with the corals translocated from mangrove to the reef (Figure 5).



DISCUSSION

Coral microbiomes are sensitive to environmental stressors and can dramatically differ across colonies of the same coral species inhabiting dissimilar environments (McDevitt-Irwin et al., 2017). Within this context, there is evidence that corals tolerant of the often hot, acidic and deoxygenated conditions within “extreme” mangrove lagoons harbour different microbial communities relative to colonies of the same species on nearby reefs (Camp et al., 2020). However, whether corals from mangrove environments retain such microbial characteristics when transplanted to a more stable reef environment is currently unknown. Here, we performed the first reciprocal transplant experiment of corals between a mangrove lagoon and adjacent reef, to identify the influence of environmental extremes on the structure of the coral microbiome. Our results show that a rapid shift in the bacterial communities occurred after translocation, whereas the Symbiodiniaceae communities – and associated physiological performance – remained remarkably stable. Bacterial communities associated with corals translocated from the reef environment into mangrove habitats became statistically indistinguishable from native mangrove corals. In contrast, bacterial communities of corals moved from the mangrove to reef environment did not begin to resemble the native reef corals, even 9 months after transplantation. Our experiment demonstrates that the bacterial communities of P. acuta strongly respond to changing environmental conditions, but the pressure exerted on the bacterial community is greater in mangrove environments.


Reef Versus Mangrove Environmental Conditions Influence Coral-Microbial Associations

Symbiodiniaceae taxa profoundly influence the physiology and stress resilience of their coral hosts (Oliver and Palumbi, 2011; Howells et al., 2012; Suggett et al., 2017). We found distinct communities of Symbiodiniaceae associated with P. acuta between the reef and mangrove environments, which is in line with previous observations at this field site (Ros et al., 2021). P. acuta colonies on the reef were largely dominated by the genus Cladocopium, whereas the mangrove colonies were dominated by the genus Durusdinium. Whilst Durusdinium is often observed in corals with enhanced stress tolerance, in particular to increased temperature (Berkelmans and Van Oppen, 2006; Lajeunesse et al., 2014; Hoadley et al., 2019), this genus is also often abundant with corals inhabiting turbid reefs and shallow high-light environments (Hoadley et al., 2019; Wall et al., 2020). However, it appears that other coral species in mangrove lagoons are not predominately associated with Durusdinium, but instead with ITS2 types corresponding to Cladocopium [e.g., Porites lutea (Woody Isles; Camp et al., 2019), Acropora muricata and Acropora pulchra (New Caledonia; Camp et al., 2020)]. Our contrasting findings for P. acuta suggest that Symbiodiniaceae-coral associations in multi-stress mangrove environments is species specific.

Symbiodiniaceae communities remained stable over time in both the reef and mangrove corals, which is consistent with previous studies in reef environments (Klepac et al., 2015; Cai et al., 2018; Epstein et al., 2019). However, it is perhaps surprising that after 9 months of reciprocal-transplantation, the seasonally dependent photo-physiological signatures of these Symbiodiniaceae communities remained unchanged from their native state. Corals have been known to shift their dominant Symbiodiniaceae compositions from Cladocopium to Durusdinium following changes in environmental conditions (Jones et al., 2008; Cunning et al., 2018). However, the conserved association observed after transplantation in this study reveals a high capacity to tolerate the new environmental regimes over 9 months. Transplantation began during the beginning of winter (t0, May 2018) when the various environmental conditions between the two sites were more similar than towards the end of the experiment in summer (t6–9M, December 2018–February 2019) (Supplementary Table 1), suggesting the change in conditions were slow enough for acclimatisation of the inherent Symbiodiniaceae-host association.

Similar to the Symbiodiniaceae communities, coral-associated bacterial communities differed between P. acuta colonies inhabiting mangrove and reef environments. Such difference among sites is consistent with previous studies that have identified highly divergent bacterial communities in P. acuta over small spatial scales (Wainwright et al., 2019; Deignan and McDougald, 2021). However, despite the dynamic nature of P. acuta microbiomes over small geographical scales, P. acuta microbiomes appear to remain relatively stable under thermal stress (Epstein et al., 2019). One notable feature among mangrove P. acuta colonies was the exceptionally high diversity of bacteria observed at both the ASV and genus levels. Compared to other reported values (Shannon’s index 1.5–3.5) in previous P. acuta studies (Epstein et al., 2019; Wainwright et al., 2019), alpha diversity values in our study were more than twofold higher. High bacterial diversity (Simpson’s index 75) has also been observed in some mangrove corals in New Caledonia, but these patterns are not consistent across all mangrove coral species, with some exhibiting much lower values (Simpson’s index 1–4) (Camp et al., 2020). Additionally, the P. acuta colonies within the mangroves lacked a core microbiome and only a few members of the bacterial assemblage exceeded 5% average relative abundance. Compared to the oligotrophic and often stable conditions of tropical reefs, mangrove environments are highly heterogeneous, with dynamic physiochemical shifts, and impacts from higher nutrient loads and organic content (Huxham et al., 2010; Camp et al., 2017; De Valck and Rolfe, 2018). These more heterogenous conditions likely favour a more diverse microbial community that would conceivably harbour greater responsiveness to changing environmental conditions than a microbiome dominated by only a few species (Roder et al., 2015).

In contrast to the lack of a core microbiome among P. acuta colonies inhabiting the mangrove environment, five ASVs belonging to the Endozoicomonas genus were identified as members of a core microbiome in the reef colonies. Endozoicomonas was also the most relatively abundant bacterial genus in reef corals, a common observation in P. acuta (Epstein et al., 2019; Damjanovic et al., 2020a,b) and many other coral microbiome studies (Bayer et al., 2013; Neave et al., 2017; Pogoreutz et al., 2018; Glasl et al., 2019; Ziegler et al., 2019; Haydon et al., 2021). While Endozoicomonas was also present in mangrove corals, there was a large difference in the total relative abundance of this genus between the two environments (reef 40%, mangrove 7%). This is consistent with previous reports from corals in mangroves and adjacent reefs in New Caledonia (Camp et al., 2020).



Transplanted Corals Undergo Rapid Shifts in Bacterial Community Composition and Loss of Core Communities Over Time

After 9 months of transplantation (t9M), coral associated bacterial communities in the native transplants (reef-reef) underwent very little change in composition, suggesting there had been little to no effect of transplantation on the bacterial communities associated with these corals. In contrast, the bacterial communities associated with the mangrove-mangrove corals differed significantly over all six timepoints sampled, highlighting a dynamic relationship between bacterial communities and the environment.

The bacteria communities associated with both groups of cross-habitat transplanted colonies (reef-mangrove, mangrove-reef) underwent strong shifts over the 9-month duration of the experiment. This pattern is in contrast to previous studies, that have shown that the bacterial communities associated with Pocillopora corals (P. acuta or the closely related Pocillopora verrucosa) remain relatively stable even when subjected to dramatic changes in environmental conditions, including temperature or pollution (Sawall et al., 2015; Pogoreutz et al., 2018; Epstein et al., 2019; Ziegler et al., 2019). Changes in bacterial communities were apparent after only 3 days in the mangrove-reef corals. Such rapid changes in bacterial community structure indicates plasticity among mangrove corals but also outlines the presence of strong environmental pressure on the microbiome.

Extreme fluctuations over diel and tidal cycles at Woody Isles (Camp et al., 2019) and other mangrove lagoon systems (Camp et al., 2017), as well as the enriched nutrient conditions present in mangrove environments compared to adjacent reefs (De Valck and Rolfe, 2018), are likely underlying factors for the profound changes observed in reef-mangrove P. acuta associated bacterial communities. Coral microbiomes can be altered by shifting environmental conditions such as nutrient availability (Zaneveld et al., 2016; Ziegler et al., 2019), temperature (Wang et al., 2018; Gardner et al., 2019), pH (Webster et al., 2016; Grottoli et al., 2018), and salinity (Röthig et al., 2016). In addition, internal physiochemical conditions of corals with thin tissue (e.g., Pocillopora) are more influenced by the external environment compared to those with thicker tissue (Putnam et al., 2017). Therefore, given the short generation times of bacteria and their ability to respond to changes in environmental conditions and physiochemical gradients at a rapid rate, we propose that the inherently high environmental variations in mangrove lagoons promotes changes in the bacterial composition of transplanted corals as well as in the native mangrove colonies.

Changes in bacterial communities in reef-mangrove corals after transplantation were largely characterised by a rapid decrease in relative abundance, and potential loss, of Endozoicomonas. These patterns are notable, given the prominence, and potentially important function, of members of this genus in coral microbiomes (Neave et al., 2016, 2017). Our findings are consistent to other studies that have observed significant reductions in the relative abundance of Endozoicomonas under changing environmental conditions that promote coral stress (Bourne et al., 2008; Roder et al., 2015; Ziegler et al., 2016; Gignoux-Wolfsohn et al., 2017). While a range of changing environmental conditions may be responsible for the decreased abundance of this bacteria in reef-mangrove colonies, Endozoicomonas is thought to be particularly sensitive to changes in pH (Morrow et al., 2015). One study found that coral-associated Endozoicomonas were significantly reduced at low pH (7.9), suggesting that a decrease in pH could even result in the loss of Endozoicomonas (Webster et al., 2016). Following 3 months of transplantation (t3M), when we observed a significant shift in the bacterial communities of Reef-mangrove colonies from their original state, the pH in the mangrove environment (pH 7.8) was 0.3 units lower than in the reef environment (pH 8.1). The acidic conditions of the mangrove environment are likely responsible for the loss of other coral-associated bacteria among reef corals.



Corals Transplanted From the Reef to the Mangrove Develop Bacterial Communities That Resemble Native Mangrove Corals

In line with recent studies in thermally variable habitats (in Acropora hyacinthus) and polluted sites (in Acropora hemprichii) (Ziegler et al., 2017, 2019), transplanted coral-associated bacteria communities (reef-mangrove) became similar to those of the native transplanted corals (mangrove-mangrove) by the end of the experiment. Besides the observed shifts in the relative abundance of bacterial communities in reef-mangrove colonies there was also an acquisition of many new low abundant bacteria (<1%) that were not present prior to transplantation. An increase in bacterial diversity is thought to be indicative of a holobiont stress response (Thurber et al., 2009; Zaneveld et al., 2017), whereby opportunists shift species dominance away from symbiotic bacterial members. However, considering the high bacterial diversity of the native mangrove corals (mangrove-mangrove), this is perhaps more suggestive of local environmental conditions selecting for a more metabolically diverse community of bacteria (Kelly et al., 2014), which may be beneficial to the host under variable environmental conditions. In contrast to the patterns seen in the reef-mangrove transplants, the bacterial communities of mangrove-reef transplanted corals did not resemble the native reef-reef colonies by the end of the experiment. We did observe a significant decrease in bacterial diversity in mangrove-reef corals between the beginning of the experiment and 9 months later, characterised with a divergence from their original state, but no resemblance to the native reef corals. However, each individual replicate was dominated by different bacteria, suggesting an acclimation response and stabilised microbial community function in each coral colony. Thus, the relatively stable conditions on the reef may have played an important role in selecting for the increased abundance of specific bacteria.



CONCLUSION

Here we examined the microbial (Symbiodiniaceae and bacterial) communities associated with P. acuta in mangrove lagoon and adjacent reef, and characterised the effect of the surrounding environment on the structure of the microbiome by transplanting corals between the sites. We show that corals living in extreme mangrove environments support highly diverse and transient bacterial communities, which could be beneficial and allow them to cope under environmental variability. In comparison, reef corals maintained more consistent bacterial communities with highly dominant members. Transplantation of corals induced major shifts in bacterial composition, but had little to no effect on the Symbiodiniaceae communities. Our results reveal that coral-associated Symbiodiniaceae communities are initially shaped by divergent environmental conditions, but appeared unaffected by longer term (9 month) changes to these conditions. Bacterial communities changed rapidly following transplantation, suggesting strong selective pressure from the environment. The dynamic nature of the bacterial communities in resident mangrove corals reflects that of the microbiomes of corals persisting in other extreme environments – such as A. hemprichii, A. hyacinthus, and P. verrucosa – which have exhibited acclimation and adaptation potential (Ziegler et al., 2017, 2019). This research demonstrated the dynamic nature of P. acuta bacterial communities and highlights the strong influence of changing environmental conditions on their community structure.
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Sea urchin is an indicator of coastal environmental changes in the global warming era, and is also a model organism in developmental biology and evolution. Due to the depletion of wild resources, new aquaculture techniques for improving stocks have been well studied. The gut microbiome shapes various aspects of a host’s physiology. However, these microbiome structures and functions on sea urchins, particularly Mesocentrotus nudus and Strongylocentrotus intermedius which are important marine bioresources commonly found in Japan, have not been fully investigated yet. Using metagenomic approaches including meta16S and shotgun metagenome sequencings, the structures, functions, and dynamics of the gut microbiome of M. nudus and S. intermedius, related to both habitat environment and host growth, were studied. Firstly, a broad meta16S analysis revealed that at the family level, Psychromonadaceae and Flavobacteriaceae reads (38–71%) dominated in these sea urchins, which is a unique feature observed in species in Japan. Flavobacteriaceae reads were more abundant in individuals after rearing in an aquarium with circulating compared to one with running water. Campylobacteraceae and Vibrionaceae abundances increased in both kinds of laboratory-reared sea urchins in both types of experiments. 2-weeks feeding experiments of M. nudus and S. intermedius transplanted from the farm to laboratory revealed that these gut microbial structures were affected by diet rather than rearing environments and host species. Secondly, further meta16S analysis of microbial reads related to M. nudus growth revealed that at least four Amplicon Sequence Variant (ASV) affiliated to Saccharicrinis fermentans, which is known to be a nitrogen (N2) fixing bacterium, showed a significant positive correlation to the body weight and test diameter. Interestingly, gut microbiome comparisons using shotgun metagenome sequencing of individuals showing higher and lower growth rates revealed a significant abundance of “Nitrate and nitrite ammonification” genes in the higher-grown individuals under the circulating water rearing. These findings provide new insights on the structure-function relationship of sea urchin gut microbiomes beyond previously reported nitrogen fixation function in sea urchin in 1950s; we discovered a nitrate reduction function into ammonium for the growth promotion of sea urchin.
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INTRODUCTION

Sea urchin is an important aquatic resource worldwide. However, its global production has been decreasing since the 1990s (Stefánsson et al., 2017). Strongylocentrotus intermedius and Mesocentrotus nudus are important fishery resources in many Asian countries. S. intermedius is found on the intertidal and subtidal rocky seabed in the northern region in the Pacific Ocean, the Sea of Japan, the Korean peninsula, northeastern China, Sakhalin, and Vladivostok (Agatsuma, 2013). M. nudus is found on the intertidal and subtidal seabed and is distributed from Dalian in China to Primorskyi Kray in Russia and Japan (Agatsuma, 2013; Takagi et al., 2019; Ding et al., 2020). As a result of the great efforts of pioneer biologists, seed production of both species has been established, currently on a practical level in Japan. Sea urchin has been used for over a hundred years as a model organism in developmental biology research (Wilson, 1895). Knowledge of sea urchins in the field of biology has expanded to include (1) the effects of toxic substances on their immune system, reproduction, and development (Nobre et al., 2015; Brown et al., 2020; Pikula et al., 2020; Rendell-Bhatti et al., 2021), (2) the gene expression involved in sea urchin fertilization and development stages (Li et al., 2020; Wessel et al., 2021; Cui et al., 2022), (3) the nervous system (Wood et al., 2018; Martín-Durán and Hejnol, 2021; Formery et al., 2021), and (4) sea urchin genomes (Sodergren et al., 2006; Kudtarkar and Cameron, 2017; Kinjo et al., 2018; Warner et al., 2021). Sea urchins have also been studied in various aspects related to the impact of current changing environments, such as ocean acidification and global warming to their development and growth (Dworjanyn and Byrne, 2018; García et al., 2018; Zhao et al., 2018; Houlihan et al., 2020).

Sea urchin has been studied for a long time as fisheries resources and model organisms of biology. However, there have been a few studies on general views of their gut microbes’ structure, function, and dynamics, particularly using individual-level metagenome approaches (Hakim et al., 2015, 2016, 2019, Yao et al., 2019; Faddetta et al., 2020; Miller et al., 2021). The abundances of reads assigned to phyla Bacteroidetes and Proteobacteria were observed in the gut of Tripneustes gratilla, and those assigned to phyla Fusobacteria and Proteobacteria in Diadema setosum and Stomopneustes variolaris (Yao et al., 2019), and the order Vibrionales was abundant in wild American green sea urchin (Hakim et al., 2016). Compared to the important roles of gut microbiota in various animals, including humans (Sharma et al., 2019; Youngblut et al., 2019; Fong et al., 2020; Fan and Pedersen, 2021; Morais et al., 2021; Tang et al., 2021), knowledge of gut microbes of sea urchin is behind that of other animals. Only the roles of nitrogen-fixing microbes in the gut of sea urchins have been discussed since the 1950s to answer why C/N rich diet provides nutrition to sea urchins (Mann, 1977).

In this study, we applied a non-destructive individual methodology (Yamazaki et al., 2016) to sea urchin species, S. intemedius and M. nudus, in Japan for the first time, (1) to examine the external factors, e.g., environments and diets, affecting the structure of the sea urchin gut microbiome, and (2) to explore the function of those gut microbiomes and specific microbes contributing to host growth by monitoring fecal microbiome changes. Here, we report new insights into the gut microbiome’s structure, function, and dynamics of two sea urchin species in Japan.



MATERIALS AND METHODS


Samples Collection

M. nudus (n = 13) cultured at the Esan Seedling Center (ESC), Hakodate, and S. intermedius (n = 4) cultured at the Toi Seedling Center (TSC), Hakodate, in 2014 and 2015, were used in these individual microbiome studies. Both ESC and TSC were also designated to be Farm below. The procedure for rearing the two species of sea urchin larvae was carried out based on Sakai et al. (2003). Wild individuals of M. nudus (n = 4) and S. intermedius (n = 4) collected at Menagawa, Hakodate, in 2015 were also used as a comparison. We did not need a specific authorization to handle wild animals’ feces. The seawater samples taken from sea urchin rearing in both running and circulation-water system experiments were also used.


Rearing Experiments

Two types of rearing experiments were performed to understand (1) factors affecting the shape of the gut microbiome (Experiment 1; Exp. 1) and (2) microbiome functions affecting the host growth (Experiment 2; Exp. 2) (Supplementary Figure 1).


Experiment 1 (Exp. 1)

Nine individuals, including the two species M. nudus and S. intermedius were used for this experiment. Five specimens of M. nudus (test diameter 24.43 ± 6.69 mm, weight 8.67 ± 5.91 g) were collected at the farm ESC. They were fed with microalgae throughout the larval stage and subsequently a brown alga, Saccharina japonicus, at juvenile stage until collection time. Four S. intermedius (weight 2.88 ± 0.76 g) were obtained from the farm TSC, and were fed with microalgae until that collection. After feces collection on these farms, the sea urchins were transplanted to the laboratory of Hakodate Fisheries Experiment Station (HFES), which is equipped with a running-water rearing system and reared for 2-weeks. At the HFES laboratory, an ambient natural seawater temperature of approximately 15°C was used to feed sea urchins individually in a caged 2 L polyethylene terephthalate (PET) aquarium created with water exchange holes with full feeding of fresh S. japonicus thalli. After 2 weeks of rearing at the laboratory, feces samples were collected. Seawater samples from farm and laboratory aquarium were collected and used for microbiome analyses.



Experiment 2 (Exp. 2)

Eight specimens of M. nudus (test diameter 22.25 ± 4.47 mm, weight 4.77 ± 2.13 g) were taken from ESC, and they were transplanted to the laboratory of Hokkaido University, and fed with a fine slice of boiled frozen S. japonicus thalli. They were fed for 6 weeks in a circulating-water rearing system maintained at an optimal temperature of 18°C. Every day, half of the water was replaced with fresh artificial seawater. Artificial seawater (SEALIFE, Marine Tech, Japan) was used. Feces and seawater samples were collected at the farm ESC. They were also collected bi-weekly after start rearing in the laboratory.




Collection of Feces and Seawater

Feces and seawater samples for microbiome analyses were collected according to Yamazaki et al. (2016). In brief, feces collections on-site and at the farm HFES were performed inside an instant clean booth, illuminated by ultraviolet light for 15 min (GL-15, Panasonic, Japan). Sea urchin individuals were cleaned using filter-sterilized seawater and moved individually into sterile beakers with filter-sterilized seawater until feces were released. The filter-sterilized seawater was prepared as follows; the natural seawater taken from a coastal area at a depth of 3–4 m was transferred to pressure tanks and filtered through a 0.22 μm Sterivex filter (Sterivex-GV Sterile Vented Filter Unit 0.22 μm, EMD, Millipore, United States) under positive pressure using filtered (0.22 μm) high purity N2 gas. Feces was collected into 1.5 mL tubes using adopted 5 mL pipette tips. Feces collected on-site and at the farm HFES were immediately frozen in a sterilized 1.5 mL tube on dry ice, transferred to our lab, and kept at –80°C until the DNA extraction was performed. A total of 5 L of the seawater was collected and filtered through a 0.22 μm Sterivex filter. The Sterivex filter was filled with a SET buffer (sucrose 20%, EDTA 50 mM, Tris-HCl 50 mM) and rapidly frozen on dry ice, and kept at –80°C until the DNA extraction was performed.




Microbial DNA Extraction

According to the manufacture’s protocol, the microbial DNA extraction of sea urchin feces was performed using the NucleoSpin Soil Kit (MACHEREY-NAGEL, Germany). According to the modified manufacture’s protocol, the microbial DNA extraction from seawater was performed using the NucleoSpin Tissue Kit (MACHEREY-NAGEL) (Yamazaki et al., 2016). We used 20% SDS and proteinase K (20 mg/mL) for pre-lysis instead of buffer T1 and proteinase K. We also used 1 mL buffer B3 instead of 200 μL.



Meta16S Sequencing and Downstream Analyses

PCR amplification and amplicon sequencing of the V1-V2 region on 16S rRNA gene were also performed according to Yamazaki et al. (2016) with minor modifications. Amplified PCR products using 27Fmod with barcode sequences and 338R primers were sequenced using MiSeq (Illumina, United States). Data was further qualified by the removal of reads with average quality values below 25. Filter-passed reads were filed as FASTA for downstream analysis after trimming off both primer sequences.

The sequence data of 16S rRNA genes was analyzed using the Quantitative Insights Into Microbial Ecology 2 (QIIME2) (Bolyen et al., 2019) version 2019.1. Sequence denoise, dereplication, and chimeras filtering were performed using the DADA2 pipeline (Callahan et al., 2016). During the “dada2” pipelines, the representative Amplicon Sequence Variant (ASV) sequences, consist of reads with 100% similarity, were constructed. ASVs were assigned taxonomic status through the “q2-feature-classifier” plugin (Bokulich et al., 2018) with the Greengeenes (version 13.8) database trained by Naïve Bayes methods. ASVs assigned to chloroplast or mitochondria were removed from the dataset through the “filter-features” plugin. Using this dataset, further analyses were conducted. For beta diversity, we performed weighted and unweighted UniFrac analysis (Lozupone et al., 2011) and visualized them in a PCoA plot based on a phylogenetic tree generated from the Greengenes database through the FastTree pipeline. To verify if specific ASVs abundance correlated to sea urchin body weight, we performed multiple Person correlations, and p-values were adjusted using the Holm (1979) method. We searched for highly (r > 0.6) and significantly (correlated p < 0.05) correlated ASVs against the bodyweight and test diameter of the sea urchins. ASVs that occurred in only one sample were removed from this analysis. Growth rate was calculated by Excel software. Meta16S sequences retrieved from the public database were also included in understanding the overview structure of the gut microbiome of sea urchin worldwide; SRP062365 (Hakim et al., 2015), SRP076869 (Hakim et al., 2016), and PRJNA504890 (Hakim et al., 2019).



Shotgun Metagenomic Sequencing and Analysis

Shotgun metagenome sequencing using the Illumina platform was performed on the high and low growth individuals based on their growth rate. Analysis of correlation coefficient used Excel software using the standardized number of leads and the body weight and test diameter of M. nudus was performed. The ASVs with an absolute correlation coefficient greater than 0.6 were defined as bacterial communities that correlated with sea urchin growth.

Individuals of M. nudus with high growth rates and low growth rates were selected, and the DNAs from fecal samples at both 4th and 6th weeks of rearing were metagenomically sequenced. The shotgun metagenome sequencing was performed on the HiSeq platform by Hokkaido System Science, Co., Ltd., Sapporo, Japan. The DNA quality and quantity were estimated using NanoDrop, Qubit Fluorometer, and Agilent 2200 TapeStatin System. Using TruSeq Nano DNA LT Sample Prep Kit, genomic DNA was fragment and insert DNA of 350 bp was selected and connected adaptor sequences. Sixty nanograms of each DNA sample were performed on the HiSeq platform. Sequences showing low fluorescence purity were removed.

The FASTQ format sequence data set was uploaded to MG-RAST server version 3.5. For QC, after dereplication was performed using the DRISEE method, low quality (25 < QV) sequences were removed with Dynamic Trim. The encoded gene region of protein/rRNA was predicted using reads that passed QC according to the “FragGeneScan” algorithm. The predicted proteins were clustered (similarity ≥ 90%) by BLAST analysis using UCLUST. Sequence assignment was performed in MG-RAST server under conditions excluding the following: expected value ≤ 1 × 10–5, minimum identity ≤ 60%, base pair ≤ 15, amino acid minimum alignment. Taxonomic annotation was performed using the NCBI database, and the functional annotation was performed using the SEED database (Overbeek et al., 2014). Post-assignment metagenomic sequence data was analyzed using MG-RAST tools and STAMP v2.0.9 software (Parks et al., 2014). To test if the abundance of each functional feature of the high and low growth sea urchin differed, Fisher’s exact test with Newcombe-Wilson confidence interval calculation method and Storey’s FDR for multiple test correction method was used with STAMP software. p < 0.05 was considered statistically significant. To visualize metagenomic results, profile bar plots and extended error bar plots were generated at Subsystem Levels 1 and 3. To plot data, results were filtered by q-value (< 0.05) and effect size (> 0.1 or > 0.2) (Yadav et al., 2015). To investigate the taxonomic affiliation of the significantly different functional features between the high and low growth sea urchin, we used the MG-RAST workbench tool implementing KEGG Orthology and GenBank database to annotate with functional features.




RESULTS


Total Sequence Reads, Quality Trimming and Amplicon Sequence Variant Designation


Meta16S Sequence

In Exp. I, a total of 239,928 raw reads from 17 samples [M. nudus (n = 6), S. intermedius (n = 8) and rearing seawater (n = 3)] were produced (Supplementary Table 1). After QC, eukaryotic-derived reads were removed from these subjects to obtain 153,084 reads (131,198 reads and 21,886 reads from sea urchin and seawater samples, respectively). The total number of ASVs obtained from 17 samples was 1,250.

From eight wild sea urchin samples, we obtained a total of 276,858 raw reads (M. nudus n = 4, S. intermedius n = 4). After trimmed and removed eukaryotic reads, 96,332 qualified reads from the sea urchin samples (31,857 and 64,475 reads from M. nudus and S. intermedius) were produced. A total of 147,224, and 309 ASVs from M. nudus, S. intermedius, and wild animals have been observed (Supplementary Table 2).

In Exp. II, a total of 1,223,407 raw reads were obtained from a total of 36 samples [M. nudus samples (n = 32) and rearing seawater (n = 4)]. After QC, reads derived from eukaryotic microorganisms were removed, and 880,046 reads (775,774 reads and 104,272 reads, respectively, from sea urchin and seawater samples) were obtained. The total number of ASVs obtained from 36 samples were 1,613 (Supplementary Table 2).



Shotgun Metagenome Sequence

From the high growth individuals reared, 4,435,332 and 2,268,127 reads were obtained at the 4th and 6th weeks, respectively. After quality filtering, 3,848,669 reads (4th week) and 2,188,052 (6th week) were used for MG-RAST annotation, and a total of 3,329,288 and 1,707,418 reads were annotated from the high growth individuals reared for each sample. From the low growth individuals reared, 3,346,079 and 3,192,106 reads were obtained at the 4th and 6th weeks, respectively. After Quality filtering, the remaining 3,254,461 reads (4th week) and 3,117,838 (6th week) were used for MG-RAST annotation. A total of 2,560,781 and 2,306,340 were annotated from the low growth individuals at the 4th and 6th weeks, respectively (Supplementary Table 3).




Overall Structure of Gut Microbiome of Sea Urchins Mesocentrotus nudus and Strongylocentrotus intermedius in Japan

Compared to previously reported data for American green sea urchin (Lytechinus variegatus) (Hakim et al., 2015, 2016) and purple sea urchin (Strongylocentrotus purpuratus) (Hakim et al., 2019) gut microbiome, we did not find any apparent differences in average dominance of sea urchin microbiome in Japan from those of American species green and purple sea urchins at phylum-level, which consisted of more than 80% Proteobacteria and Bacteroidetes (Figure 1). However, relative abundances of Proteobacteria and Bacteroidetes fluctuated (more than 15% standard deviation) in relation to each other depend on rearing conditions those of Proteobacteria decreased in M. nudus under circulated water aquarium, and those of Bacteroidetes showed the opposite results (Figure 1A and Supplementary Figure 2).
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FIGURE 1. Average microbial community structure of sea urchin gut microbiome. (A) Phylum (B) Class. (C) Order. (D) Family. Mn, M. nudus; Si, S. intermedius; Lv, L. variegatus; Sp, S. purpuratus; E, the Esan Seedling Center; T, the Toi Seedling Center; N, Natural; L, Laboratory; 0Wk, Zero week; 2Wk, two week; 4Wk, four week; 6Wk, six week; Sw.Exp1, Seawater Experiment 1; Sw.Exp2, Seawater Exp. 2; Sw.ref, Seawater reference.


Key members of each sea urchin microbiome could be more clearly defined below class level at the family level (Figures 1B–D, 2 and Supplementary Figures 3, 4). Families Psychromonadaceae and Flavobacteriaceae dominated 38–71% on sea urchins in Japan under all rearing conditions. Meanwhile, these two families dominated between 60 and 67% in wild sea urchins, whereas in seawater around 15–31%. The species of S. purpuratus and L. variegatus were dominated by 41% and less than 5.1% of Psychromonadaceae and Flavobacteriaceae, respectively. Only Psychromonadaceae was present in wild S. purpuratus. The relative abundances of families Campylobacteraceae and Vibrionaceae were affected by rearing conditions. Campylobacteraceae abundances increased in laboratory aquarium conditions in two species of sea urchins in Japan and L. variegatus. Vibrionaceae abundances increased in M. nudus in the circulated water aquarium and L. variegatus in the laboratory aquarium. Abundance of Rhodobacteraceae (around 5–10%) was rather high in S. intermedius both in wild and laboratory reared individuals. Fusobacteriaceae was found in small quantities and was detected 2– 20% in all sea urchin species and under all rearing conditions (Figure 1D).


[image: image]

FIGURE 2. Family-level individual microbial community structure of sea urchin gut microbiome. Mn, M. nudus; Si, S. intermedius; Lv, L. variegatus; Sp, S. purpuratus; E, the Esan Seedling Center; T, the Toi Seedling Center; N, Natural; L, Laboratory; 0Wk, Zero week; 2Wk, two week; 4Wk, four week; 6Wk, six week; Sw.Exp1, Seawater Experiment 1; Sw.Exp2, Seawater Exp. 2; Sw.ref, Seawater reference.


The gut microbiome of S. intermedius fed microalgae on the farm resembled those of M. nudus fed kelp thallus both in the farm and laboratory (Figures 1, 3). In detail, dominant microbial taxa (>5%) of the gut microbiome of S. intermedius in the farm, laboratory, and in wild conditions consisted of Psychromonadaceae (16, 31, and 53%, respectively), Flavobacteriaceae (32, 13, and 7%), Rhodobacteraceae (10, 6, and 1%), and Colwelliaceae (5, 9, and 0.2%). Fusobacteriaceae, Campylobacteraceae, and Vibrionaceae fluctuated more in the S. intermedius gut microbiome. Similarly, those of the gut microbiome of M. nudus mainly consisted of Psychromonadaceae (38–50%), Flavobacteriaceae (17–21%), and Fusobacteriaceae (4–8%). As mentioned above, Psychromonadaceae/Flavobacteriaceae/Vibrionaceae ratio dynamically fluctuated in M. nudus in a recirculating-water system; 1:41:0.4 at the start of rearing were 1:7.3:1.4 at the end of 6th week rearing.


[image: image]

FIGURE 3. PCoA plot of sea urchin microbiome. Unweighted Unifrac 3D PCoA plot. The numbers (1, 2, 3, 4) in symbol indicates individual number of sea urchin samples. Mn, M. nudus; Si, S. intermedius; E, the Esan Seedling Center; T, the Toi Seedling Center; L, Laboratory; Sw, Seawater.




Factors Affecting Sea Urchin Gut Microbiome

Two sea urchins of different species were transplanted to a laboratory aquarium from farms to assess what factors, e.g., diets, rearing environments, and host species affect the shaping of the gut microbiomes of sea urchin in Exp. 1. PCoA plot based on unweighted UniFrac revealed a grouping of both gut microbiomes of M. nudus in farm and laboratory after 2 week feeding trials. Three of four individual gut microbiomes in the laboratory reared S. intermedius were shifted to the group of M. nudus, and the other one was likely to be closer to those of M. nudus (Figure 3).



Amplicon Sequence Variants Correlated to Hosts’ Body Weight and Shell Length

A total of seven ASVs were found in the gut microbiota of sea urchins reared in a circulating aquarium in Exp. 2, showing a positive correlation with host test diameter and body weight (Figure 4 and Table 1). The five ASVs identified correlated with the body weight of sea urchin (r > 0.6) with statistical significance (p < 0.05) (Figures 4A,B,D, and Table 1). Three of the five ASVs (BW1, BW2, and BW4) with a host weight gain and correlation coefficient of 0.6 or higher and a significant correlation coefficient (p < 0.05) were closest to Saccharicrinis fermentans sequence with 91.2–91.5% similarities (Table 1). The other two ASVs (BW3 and BW5) had the sequences closet to Kiritimatiellaeota bacterium S-5,007 (89.7% similarity) and Saccharicrinis carchari (88.2% similarity), respectively. Moreover, two ASVs correlated with test diameter (DM1, ASV had positive and DM2, ASV negative correlation) (r > 0.6, r < –0.6) with statistical significance (p < 0.05). One ASV (DM1) showed a positive correlation had the sequence closest to S. fermentans sequences (91.5% similarity) (Table 1). One ASV (DM2) showed a negative correlation with the sequences closest to Flaviramulus ichthrvoenteri sequence (88.6% similarity).


[image: image]

FIGURE 4. Correlation between ASV abundance and host growth in Exp. 2. Same colors showed the data collected from same samples number at different time point. BW, hosts’ bodyweight; SL, hosts’ diameter. (A) BW1, (B) BW2, (C) BW3, (D) BW4, (E) BW5, (F) DM1, and (G) DM2, see Table 1 for details. Sample numbers: [image: image]1, [image: image]2, [image: image]3, [image: image]4, [image: image]5, [image: image]6, [image: image]7, and [image: image]8.



TABLE 1. ASVs correlated to growth of the sea urchin M. nudus (Exp. 2).

[image: Table 1]


Functional Analysis of Sea Urchin Gut Microbiome

Shotgun metagenome analysis of gene function subsystem level 1 (Supplementary Figure 5) and subsystem level 3 (Figure 5) between each functional genes showed significantly different proportion at both 4th and 6th week. The comparison of functional genes between bacteria with higher and lower growth rates found abundance differences in more than 34 functional genes (Supplementary Table 4). The two highest genes occupied more than 15% on the relative proportion on functional genes level were a nitrite reductase [NAD(P)H] large subunit (EC 1.7.1.4) and periplasmic nitrate reductase precursor (EC 1.7.99.4), that affiliated to “nitrate and nitrite ammonification.” We observed a rising trend in bacterial abundance between the 4th and 6th weeks (Figure 5), which correlates with the existence of potential genes involved in the growth of the sea urchin M. nudus. These potential genes were identified as belonging to the order Vibrionales.


[image: image]

FIGURE 5. Metagenome gene functions (subsystem level 3) significantly abundant at individuals showing higher lower growth rates. (A) 4 weeks and (B) 6 weeks. Blue and orange bars indicate higher and lower grown sea urchin individuals, respectively.





DISCUSSION

Landmark findings on the reproductive physiology, development, and body structure of sea urchins are available (Ernst, 1997; Sodergren et al., 2006; Lawrence, 2013), however, knowledge on the structure and function of the gut microbiome, which is likely to influence host physiology and development, is extremely limited. N2-fixation (Guerinot and Patriquin, 1981) and amino acid supply (Fong and Mann, 1980) reported in 1980s were the most recent representative findings on the functional aspects of the sea urchin microbiomes using classical feeding experiments. Gut microbial community studies of sea urchin have recently re-emerged using next-generation sequencing technology in contributing to accumulated knowledge; (1) the microbiome of purple sea urchin in European Paracentrotus lividus differs in each part of the gut tract (Meziti et al., 2007), (2) the gut microbiota of the American species of green sea urchin L. variegatus may complement host metabolism (Hakim et al., 2016), (3) the gut microbiome of the European species of purple sea urchin P. lividus inhibits the growth of microbes introduced from the environment and may play an important role in gut microbiota homeostasis (Laport et al., 2018), (4) the diversity and function of the gut microbiome of the American species of purple sea urchin may be reduced due to the increase in seawater temperature associated with global warming (Brothers et al., 2018), (5) geographical factors may have a more significant influence than diet on the formation of the symbiotic microbiome of larvae of the humpback sea urchin (Carrier et al., 2019), and 6) the possibility that sea urchin in the family Shizadteridae continue to have a symbiotic relationship with common gut bacteria even before species divergence (Ziegler et al., 2020). However, our understanding of the structure and function of the gut microbiota in sea urchin in Japan, such as M. nudus and S. intermedius, is behind other sea urchin species. It is necessary to expand our knowledge for further innovation of effective seed production technology for these sea urchin species in Japan. Even in marine invertebrates, fine-scale gut microbiome studies using individual microbiome approaches, which can monitor microbiome changes structurally and functionally without sacrificing individual animals, have revealed unexpected contributions of the gut microbiome to host growth and physiology of sea cucumber, which belong in the same phylum as sea urchin (Yamazaki et al., 2016). Therefore, for the first time we applied these individual microbiome approaches to expand our knowledge in finding new associations between the sea urchin host and its gut microbiomes.

The increase of Vibrionaceae and Campylobacteriaceae, in more detail, genus Vibrio and Arcobacter, respectively, was observed in both M. nudus and S. intermedius after rearing in running water more than 2 weeks. Increases of these taxa have been reported in studies using American green sea urchin (Hakim et al., 2015, 2016). An increase of more than 20% in Vibrionaceae and Campylobacteriaceae observed in those reared sea urchin indicates that both bacterial families may be defined as a fluctuated community in the gut microbiome of sea urchin (Hakim et al., 2015, 2016).

By comparing our findings to those of other researchers (Hakim et al., 2015, 2016; Yao et al., 2019), it was determined that seawaters had a negligible effect on the gut microbiome of sea urchins. When two distinct species of sea urchins were transferred from the farm to the laboratory settings, comparable microbiome changes were found in the sea urchin fed with the kelp S. japonicus thalli. Our research discovered that diet has a significant effect on the gut microbiota of sea urchin species. It is reasonable to conclude that the rearing environment of sea urchin and host species have minimal impact on gut microbiomes. Our study established that diet significantly influences the gut microbiota of sea urchin species. The similar phenomenon was seen in a variety of species, including humans, indicating that gut microbiota shaping mechanisms are evolutionarily conserved (e.g., Wilson et al., 2020).

Five ASVs showed strong positive correlations with body weight or test diameter in the sea urchin M. nudus. Among these ASVs, a bacterium similar to S. fermentans was affiliated. This bacterium has been reported to be capable of fermenting amygdalin, glucose, mannitol, and sucrose (Yang et al., 2014). Since the kelp, fed in these studies, contained relatively high amounts of mannitol, it may contribute to the growth of the host through fermentation of the diet ingredients. In addition, S. fermentans is also known to possess a N2-fixing ability (Inoue et al., 2015). Guerinot and Patriquin (1981) reported the possibility that N2-fixing bacteria exist in the digestive tract of sea urchins S. droebachiensis and play a role in supplying nitrogen sources to the host. Therefore, it is possible that Saccharicrinis- like bacteria also contribute to the growth of sea urchins M. nudus and S. intermedius through their N2-fixing ability.

The number of functional genes involved in “nitrate and nitrite ammonification” was significantly higher in high-growth individuals at subsystem level 3 when sea urchin reared in a circulating aquarium. “Nitrate and nitrite ammonification” is also called dissimilatory nitrate reduction to ammonification (DNRA), a reaction in which nitrate is converted to ammonium under anaerobic conditions. The genes nrfE, nrfF, and nrfG are required to activate cytochrome c nitrite reductase, NrfA, in Escherichia coli (Eaves et al., 1998). One of the functions of NrfA is to produce ammonium in the periplasm, which is transported to the cytoplasm where it is converted to glutamine by an amino acid, for assimilation (Einsle, 2011). The utilization of ammonium produced by bacteria has been reported mainly in plants. In addition to this, recent studies on nitrogen dynamics in the digestive tract of aquatic insects have shown that there may be a pathway by which gut microorganisms take up nitrate-nitrogen from the host digestive tract and convert it to ammonium through DNRA for utilization by the host (Ayayee et al., 2019). Nitrate accumulation is commonly observed in a closed aquarium system, and the concentration reaches to 10 time higher than those determined in the ocean (e.g., Kim et al., 2017). Unfortunately, we did not determine the nitrate concentrations in this study, nitrate accumulation in the circulating aquarium might trigger the dynamics of DNRA by the gut microbiome of sea urchin. We might discover a veiled nitrogen metabolism through the gut microbiome of sea urchin, which could contribute host growths under those aquaculture conditions. Fong and Mann (1980) suggested the existence of gut microorganisms that supply amino acids to sea urchins. Although many studies have shown that N2-fixing bacteria exist in the gut microbiota of sea urchin and that they may play a role in supplying nitrogen source to the host, few studies have addressed the possibility that other nitrogen cycling pathways may play a role in supplying nitrogen source to sea urchin host. The presence of DNRA-related respiratory cytochrome c nitrite reductase has been reported in several organisms, including E. coli and Vibrio fischeri, and it is likely that Vibrionales, which was found to be a candidate for the nrfEFG gene, also possesses it. Vibrionales, which were found as a candidate with the nrfEFG gene, are also likely to have the gene. In the future, it will be necessary to isolate gut microorganisms and clarify their nitrogen metabolisms that contribute to the nitrogen supply to the host, with a view to their application as probiotics in fisheries.



CONCLUSION

Overall, Psychromonadaceae and Flavobacteriaceae dominated in gut microbiomes of two species of sea urchins in Japan, M. nudus and S. intermedius. Diets rather than rearing environments and host species is the most potent factor structuring gut microbiomes of the sea urchins. S. fermentans was identified as ASV showing a positive correlation with host shell length and body weight in M. nudus, suggesting a link in the symbiotic association through nitrogen fixation. Vibrionales possessing genes responsible for nitrate and nitrite ammonification pathway also correlated to the growth of sea urchin species in Japan. Our study showed M. nudus and S. intermedius could be excellent candidates for studying marine invertebrates’ structure and function relationships. Further studies in the utilization of gut microbiomes of sea urchin could allow us to develop sustainable technology of fisheries resources in a changing world.
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There is a lot of evidence indicating pioneer microbes in early life having various effects on later host biology. Because of the influential phylogenetic position of sea cucumber, which is a deep branching clade in Deuterostomia, the attention on the microbiome in sea cucumber has been increasing. Although microbes in sea cucumber have been reported in several studies, there is a lack of knowledge regarding the pioneer microbiota in the early life stages of sea cucumber. In this study, microbiota changes during the larval development of sea cucumber were assessed using a laboratory rearing system. Microbial community structure was likely to be related to the developmental stage and significant alterations were detected in the late auricularia stage. The relative abundances of Oceanospirillales, Alteromonadales, and Rhodobacterales significantly varied after gut formation. A total of 257 strains were isolated from larval developmental stages of sea cucumber and affiliated to 124 ASVs in the metagenomic analysis. This data demonstrates for the first-time dynamic changes of sea cucumber microbiota in the developmental stages in early life.
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INTRODUCTION

Since the introduction of holobiont and hologenome concept, comprehensive studies on how holobiont assembly starts, in particular, which kinds of microorganisms first colonize when establishing the holobiont have been the subject of discussion. These first colonizers are called pioneer microbes, and have been widely studied in Deuterostomia animals with a view to investigating their composition and function in holobionts (Wopereis et al., 2014; Arrieta et al., 2015; Schokker et al., 2015; Gensollen et al., 2016). In humans, Therodor Escherich (1857–1911) was the pioneer in the progress of understanding human gut microflora, demonstrating the relationship between intestinal bacteria and physiology of digestion in infants (Escherich, 1886; Bettelheim, 1986; Shulman et al., 2007). Escherich’s observations have been strengthened by the evidence that early life microbiota plays an important role in shaping the immune system (Gomez de Agüero et al., 2016; Korpela and de Vos, 2018), and in decreasing risks in developing allergic diseases (Koenig et al., 2011; Arrieta et al., 2014; Gensollen et al., 2016), with the development of modern sequencing technology and metagenomics today. A recent study in infant gut microbiome indicated there are dynamic changes in early life microbiome during the first year after birth, and the newborns’ gut microbiome gradually develops and resembles adult-like microbiomes with Firmicutes and Bacteroidetes as the most abundant taxa, followed by Actinobacteria and Proteobacteria (Bäckhed et al., 2015).

As many studies already indicate that pioneer microbiome in early life is crucial in Deuterostomia, an increasing number of studies focus on the influence of pioneer microbes on host biology which could then be used to benefit agriculture and aquaculture. Pioneer microbes’ colonization in bird chicks showed an impact on the day of hatching through alteration of intestinal proteome which affects gastrointestinal tract immunity and cellular development (Wilson et al., 2019). The pioneer gut microbiota of tilapia larvae varied between individuals in different rearing environments (Giatsis et al., 2014). Although many previous studies have suggested the importance of early life microbiota in host biology, the structure and function of pioneer microbiota in marine Deuterostomia invertebrate has not been fully elucidated yet.

Sea cucumber (Echinodermata, Holothuroidea) is a marine invertebrate within Deuterostomia linage, and is a worldwide popular fishery and aquaculture resource, especially in Asian regions, due to its nutritive and medicinal value. In Asian region, sea cucumber has high commercial value and 200,000 tons a year in China and 6,500 tons a year in Japan are produced, which show that Apostichopus japonicus Selenka is one of the most consumed species (Ministry of Agriculture and Rural Affairs Fishery Administration, 2003-2012; MAFF, 2020). However, the fisheries of wild A. japonicus have declined worldwide and the animal has been placed on the red list of endangered species. Wild A. japonicus in China had already been reported as being overfished in the 1950s (Zhang and Liu, 1984; Hamel and Mercier, 2013). The huge demands for sea cucumber in recent decades has resulted in overfishing and over-exploitation in more than 70% of regions across the world (González-Wangüemert et al., 2018). Many studies have recommended regulation and management of sea cucumber fisheries and to develop restocking programs of overfished species in various regions including Brazil, Mexico, the Philippines, the Mediterranean, and Northeast Atlantic (González-Wangüemert et al., 2018; Jontila et al., 2018; Rogers et al., 2018; Gamboa-Álvarez et al., 2020). Due to the growing commercial demand for sea cucumber and decreasing wild stocks, aquaculture of sea cucumber has emerged and developed. A. japonicus is one of the most popular species in sea cucumber aquaculture, and artificial breeding was first attempted in 1937 and total output reached 170,830 tons in China, 2012 and 6,611 tons in Japan, 2019 (Inaba, 1937; Ministry of Agriculture and Rural Affairs Fishery Administration, 2003-2012).

In order to develop sea cucumber aquaculture, larval development of sea cucumber have been intensively studied (Chen and Chian, 1990; Sewell and McEuen, 2002; Ramofafia et al., 2003; Hu et al., 2010; Soliman et al., 2013). There are six major developmental stages in the early life of A. japonicus after the egg is fertilized; blastula, gastrula, auricularia, doliolaria, pentactula, and juvenile stages (Soliman et al., 2013; Supplementary Figure 1). Fundamental organs (buccal cavity, esophagus, intestine, cloaca, ciliary bands) appear in the auricularia stage and mature in the juvenile stage within 17 days on average after fertilization under optimal conditions. Primary tentacles and primary podium are used for attaching to habitat in the pentactula stage and then fully develop to tentacles and foot tube in the juvenile stage. Although some studies indicate food, culture conditions and bacterial control may relate to growth and survival rates of sea cucumber larvae, no certain links have been confirmed (Ramofafia et al., 2003; Hu et al., 2010).

Sea cucumber microbiome has been vigorously studied in recent decades in the aspects of diseases and host physiology. Rotting-edges syndrome caused by Vibrio lentus (Zhang et al., 2010) and stomach ulcer disease caused by Vibrio splendidus (Wang et al., 2006) occur in the auricularia to doliolaria stage. Off-plate syndrome is a serious disease caused by several bacteria that rapidly spreads and has a high mortality rate during the pentactula stage (Zhang et al., 2009). Probiotics have also been studied as potentially improving growth and stimulating the immune system in juvenile sea cucumbers (Ma et al., 2019). Intestinal microbial community composition altered by dietary supplementation benefits the growth of sea cucumber (Yang et al., 2015b). Rhodobacterales retaining PHB metabolism genes may play a key role in cultured sea cucumber growth (Yamazaki et al., 2016). Molecular ecological network analysis also indicates the stability of the intestinal community ecosystem is improved by probiotics and florfenicol has a positive impact on sea cucumber growth (Yang et al., 2017). All these studies suggest that microbiome in sea cucumber larvae development might be a crucial factor in developing seed production for sustainable aquaculture, however, there is a lack of knowledge of the structure and function of pioneer microbes of sea cucumber larvae and the dynamic changes during the larval development.

In this study, we set up a laboratory rearing system and performed Meta16S analysis in order to assess the changes to the microbiome during the larval development of sea cucumber and to detect the pioneer microbiota in the early developmental stages. Our results demonstrate that detection of pioneer microbiome in A. japonicus and stepwise changed microbiota that significantly related to organogenesis and larval development.



MATERIALS AND METHODS


Sample Collection and Rearing Conditions Under Laboratory Conditions

Fertilized eggs of the sea cucumber A. japonicus were prepared at 18.7°C at a farm in Hokkaido Aquaculture Promotion Corporation Kumaishi Branch, Japan (42.12574, 139.99966) on 11:00 am 5 August 2019. These eggs were transferred to the laboratory of Microbiology, Faculty of Fisheries Sciences, Hokkaido University whilst being kept at 18°C for 2 h, and then used immediately for experiments. Density of the fertilized eggs was set at 7,500 eggs/L in an 8 L volume aquarium after manual counting of these eggs in 0.1 mL seawater using a microscope (AxioImager Z2, Zeiss, Oberkochen, Germany) and reared at 18°C. The aquarium was prepared using a sterilized 8 L glass bottle (Ishizuka glass Co. Ltd., Aichi, Japan) set in an incubator (MLR-352-PJ, PHC Corp., Tokyo, Japan). Each bottle was filled with 7.5 L natural filtrated seawater using a 50 μm mesh cartridge filter (SWP50P10, AS One, Osaka, Tokyo) used in the Kumaishi farm. Each 80 mL (7,500 eggs) of fertilized egg suspensions, corresponding to the final egg density of around 1 egg/mL, was added to each bottle, and rearing was started with aeration (SPP-25GA, Techno Takatsuki Co., Ltd., Osaka, Japan). Feeding started at 48 h after fertilization (on 7 August 2020), when early auricularia morphogenesis was observed in over 80% of individuals. A commercially available diatom, Chaetoceros gracilis (Hakodate Fisheries Research, Japan), was fed to the sea cucumber larvae daily.



Subsampling of Sea Cucumber Larvae and Microbes in Rearing Water

Sea cucumber larvae at five major developmental stages, gastrula, early and late auricularia, doliolaria, and pentactula after being confirmed by a microscopic observation (Supplementary Figure 1) were used for characterization of microbiomes and microbial isolations. Five liters of rearing seawater including sea cucumber larvae were filtered using a sterilized 40 μm nylon mesh (Falcon Cell Strainer, Durham, NC, United States), and washed once using 0.22 μm filter-sterilized seawater. Sterivex filter (SterivexTM-GV Sterile Vented Filter Unit 0.22 μm, EMD Millipore, Billerica, MA, United States) was used to prepare this sterilized seawater. The larvae on nylon filters were immediately frozen at −80°C until DNA extraction.

To prepare microbial fractions in rearing water, five liters of rearing water after passing through nylon mesh was filtered through a 0.22 μm Sterivex filter by positive pressure using filtered (0.22 μm) N2 gas. These Sterivex filters were preserved at −80°C until DNA extraction.



Microbial DNA Extraction and 16S rRNA Gene Sequencing

Microbial DNA extraction from sea cucumber was performed using the NucleoSpin Soil Kit (MACHEREY-NAGEL, Düren, Germany), according to the manufacturer’s protocol. Microbial DNA extraction from seawater was performed using the NucleoSpin Tissue kit (MACHEREY-NAGEL), according to the modified manufacturer’s protocol. In brief, seawater samples were heated at 55°C for 1 h to add an active cell lysis process in TE buffer (10 mM Tris–HCl, 1 mM EDTA) containing 20% SDS and proteinase K (20 mg mL–1) instead of buffer T1. In the third step Lyse Sample, 1 mL buffer B3 was used instead of 200 μL amount of the buffer.

The hypervariable V1-V2 region of the 16S rRNA gene was amplified by PCR with barcoded 27Fmod and 338R primers with Illumina adaptor sequences (Yamazaki et al., 2019). PCR amplicons were purified using AMPure XP magnetic purification beads (Beckman Coulter, Brea, CA, United States), and quantified using the Quant-iT PicoGreen dsDNA Assay Kit (Life Technologies Japan). Equal amount of each PCR amplicon was mixed and then sequenced using MiSeq Reagent Kit v3 (600-cycles) with the MiSeq Illumina platform. Based on sample specific barcodes, obtained reads were assigned to each sample.



Meta16S Analysis

The paired-end sequence data with quality scores (i.e., Fastq files) was analyzed using Quantitative Insights Into Microbial Ecology 2 (QIIME 2, version 2018.11) (Bolyen et al., 2019). Quality controls (e.g., trimming primers and denoising sequences, removing chimeric sequences) and merging paired-end sequences were performed using DADA2 (Callahan et al., 2016). Reads with 100% similarity constituted an amplicon sequence variance (ASV). Unlike the method to cluster sequences into operational taxonomic units (OTUs) with fixed threshold (usually 97%), this quality control method using DADA2 allows us to detect even a single nucleotide difference. ASVs were assigned to taxonomy using the Naive Bayes classifier and Greengenes database. Using subsampled reads, unweighted UniFrac distances as beta-diversity were calculated and visualized in prinicipal coordinate analysis (PCoA) plots (Lozupone et al., 2011). Significant differences of unweighted UniFrac distance were tested by permutational multivariate analysis of variance (PERMANOVA) (FDR-corrected p < 0.05). The phylogenic tree was generated by FastTree (Price et al., 2009). Z-score was calculated by genefilter package in R (Gentleman et al., 2021). R studio software (Version 1.2.5019) was used for heatmaps construction, Z-score calculation by genefilter package (Gentleman et al., 2021) and statistical significance of t-test to pick up the key ASVs.



Isolation and Identification of Microbes From Early Life Stages

Sea cucumber larvae at each life stage were also used for microbial isolations. Larvae were filtered with 40 μm nylon mesh (Falcon Cell Strainer, Durham, NC, United States), washed once with sterilized seawater, and then homogenized in 1 mL filter-sterilized natural seawater for 60 s manually. A 10-fold serial dilution of these homogenates was prepared using a filter-sterilized natural seawater, and then the dilutions were cultured on 1/5 strength ZoBell 2216E agar plate (0.1% polypeptone, 0.02% yeast extract, 1.5% agar, 75% natural seawater collected at Kumaishi farm) at 18°C. After calculating viable bacterial counts, ca. 30 bacterial colonies per plate were purified using the same agar plate.

The16S rRNA gene sequences of each isolate was amplified by colony PCR using GoTaq Green Mater Mix (Promega, Madison, WI, United States), 27F primer (20 pmol), 1492R primer (20 pmol) with the following thermal profile; initial denaturation at 96°C for 3 min, followed by 30 cycles of denaturation at 95°C for 1 min, annealing at 50°C for 1 min and extension at 72°C for 2 min, and final extension at 72°C for 7 min. PCR products of ∼1500 bp were visualized by electrophoresis with 1% agarose gels. PCR products were purified using a Wizard SV Gel and PCR clean-up system (Promega). PCR amplicons were directly sequenced by Hokkaido System Science (Sapporo, Japan). Sequences were assembled using ChromasPro (Version 2.1.8, Technelysium Pty. Ltd., Australia). Almost complete sequences of 16S rRNA gene of 257 isolates were obtained in this study. In order to determine the phylogenetic position of isolates, the sequences were aligned using Clustal X (Version 2.1) (Larkin et al., 2007) with the top five most similar sequences indicated by megaBLAST and sequences of type strains retrieved from RDP release 11 as reference sequences (Cole et al., 2014). The phylogenetic tree was reconstructed using Maximum-Likelihood algorism with MEGA X (Version 10.1.7) after performing the best model selection, and was further edited by an online tool Interactive Tree of Life (Letunic and Bork, 2019).



Comparison of Sequences Obtained From Isolates and Meta16S Sequences

Integration of Meta16S sequences and 16S rRNA gene sequences of isolates were performed using QIIME2. Identification and taxonomic analysis of representative were also performed during the comparison. Dominate ASVs were identified and isolated and after combination with identification of isolated strains sequenced by 16S rRNA sequencing, taxonomic analysis reach to both gene and species level.




RESULTS


Microbial Community Structure Dynamics During Sea Cucumber Developmental Stages

A total of 974,753 Meta16S sequence reads were obtained from sea cucumber and seawater samples collected from fertilized eggs (FE), gastrula (GL), early auricularia (EA), late auricularia (LA), pentactula (PT), and juveniles (JN) (Supplementary Table 1). Reads passed quality control and removed eukaryotic reads (e.g., mitochondria and chloroplast) were used for microbial diversity analyses and taxonomic assignments; 106,713 and 134,940 qualified reads were generated from sea cucumber samples and seawater samples, respectively (Supplementary Table 1).

Unweighted UniFrac distance analysis revealed the dynamic changes of microbiotas associated with host development. The 2D PCoA plot based on unweighted UniFrac analysis obtained sea cucumber larvae and rearing seawater samples at each developmental stage indicates that (1) microbiotas between seawater and sea cucumber were not grouped, (2) microbiota between FE, GL, and EA juveniles were grouped but FE, GL, and EA seawater microbiotas were not, and (3) microbiota between PT and JN sea cucumber larvae were grouped and LA, PT, and JN seawater microbiota were grouped (Figure 1). Microbial community of sea cucumber samples according to the PCoA plot reveals a large variation between early and late auricularia stages, the time point before and after gut developed. The UniFrac distance matrix also showed similar tendency in microbiota grouping between sea cucumber and seawater (Figures 2B,C). A decreased alpha diversity based on Shannon index and increased beta diversity was observed after gut development (Figures 2A,D), indicating a less complex but more dissimilar microbial community after the digestive system had developed.
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FIGURE 1. Prinicipal coordinate analysis (PCoA) plot based on unweighted UniFrac distances obtained by comparison of microbiotas at each developmental stage of sea cucumber larva. Blue, fertilized egg; light blue, gastrula; cyan, early auricularia; yellow, late auricularia group; orange, pentactula group; red, juvenile. Circle and cone indicated microbiota from sea cucumber and rearing seawater, respectively.
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FIGURE 2. Alpha and beta diversity among sea cucumber and seawater samples. (A) Shannon index. Green, sea cucumber samples; blue, seawater samples. (B) Heatmap based on unweighted UniFrac distance (p < 0.05, q < 0.05). Scale represent similarity within samples. FESC, Fertilized egg; GLSC, Gastrula; EASC, Early auricularia; LASC, Late auricularia; PTSC, Pentactula; JNSC, Juvenile; FESW, Fertilized egg rearing seawater; GLSW, Gastrula rearing seawater; EASW, Early auricularia rearing seawater; LASW, Late auricularia rearing seawater; PTSW, Pentactula rearing seawater; JNSW, Juvenile rearing seawater. (C) Unweighted Unifrac distance plot between sea cucumber and seawater (p < 0.05, q < 0.05). (D) Unweighted Unifrac distance plot between samples before and post-gut developed (p < 0.05, q < 0.05).




Characterization of Microbial Community Structure at Early Life Stages of Apostichopus japonicus

A total of 1,440 ASVs were obtained and further affiliated to 75 bacterial orders using a similarity threshold of 99% sequence identity; 144, 219, 157, 120, 327, and 254 ASVs, and 29, 30, 19, 28, 39, and 35 bacterial orders, were affiliated in FE, GL, EA, LA, PT, and JN stage, respectively (Supplementary Table 2). Oceanospirillales and Alteromonadales were the most abundant in FE, GL, and EA stages with relative abundance ranging from 24.1 to 29.9% and 32.6 to 46.2%, respectively (Figure 3 and Supplementary Table 2). However, abundances of Oceanospirillales dramatically decreased to 3.2% in the LA stage and gradually increased in the PT (9.8%) and JN (49.1%) stages. Such a fluctuation in abundance was also observed in Alteromonadales, 32.5–46.2% in the FE to EA stages, but those decreased after EA (14.8, 10.6, and 6.3% in LA, PT, and JN stage, respectively) (Figure 3 and Supplementary Table 2). Vibrionales, Pseudomonadales, and Rhodobacterales were the third most abundant taxa in FE, GL, and EA stages before gut organogenesis. Vibrionales was detected in FE (7.2%), GL (13.6%), and EA (12.1%) stages than LA (4.7%), PT (1.0%), and JN (0.3%). Likewise, Pseudomonadales was at FE (7.7%), but relative lower amounts in GL (4.6%), EA (2.4%), LA (5.0%), PT (1.0%), and JN (0.3%). In contrast, Rhodobacterales was observed in LA (26.0%), PT (37.0%), and JN (22.8%) with higher fractions than in the early three stages in FE (4.9%), GL (7.0%), and EA (9.8%). Relative abundance of Flavobacteriales was much lower in early stages of FE (3.6%), GL (2.1%), and EA (1.5%) but increased in LA (25.5%), PT (14.2%), and JN (3.4%).
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FIGURE 3. Order-level taxonomic distribution among sea cucumber and seawater samples. Bars represent the relative percentage of each bacterial orders. FE, Fertilized egg; GL, Gastrula; EA, Early auricularia; LA, Late auricularia; PT, Pentactula; JN, Juvenile; FESW, Fertilized egg rearing seawater; GLSW, Gastrula rearing seawater; EASW, Early auricularia rearing seawater; LASW, Late auricularia rearing seawater; PTSW, Pentactula rearing seawater; JNSW, Juvenile rearing seawater.


On the other hand, the microbial community in seawater is significantly different from those associated with sea cucumber hosts (Figure 2B). A total of 232, 84, 139, 277, 163, and 69 features were detected in fertilized egg rearing seawater (FESW), gastrula seawater (GLSW), early auricularia seawater (EASW), late auricularia seawater (LASW), pentactula seawater (PTSW), and juvenile seawater (JNSW), respectively (Figures 3, 4). Alteromonadales and Oceanospirillales, which were dominant at early three stages of sea cucumber samples, were rarely detected at FESW (1.3%, 1.7%), but significantly increased to become the second and third most abundant at GLSW (20.3%, 7.1%), followed by rising to the first and second most abundant at EASW (50.1%, 19.0%). Similar to sea cucumber samples, the abundance of Oceanospirillales also dropped in LASW (5.3%) but increased in PTSW (46.2%) and appeared to be present in JNSW (87.7%). The abundance of Alteromonadales in LASW (21.3%) decreased below a detectable limit (0.1%) in JNSW. Vibrionales and Pseudomonadales were also abundant in GLSW (5.0%, 4.3%) and EASW (3.7%, 10.7%), but relatively low in later stage PTSW (0.2%, 0.7%) and undetectable in JNSW. Rhodobacterales increased in later stages LASW and PTSW but limited at FE, GL and EA stage, during the host development progress. Different from the host bacterial community, Flavobacteriales was rarely detected in seawater samples, ranging from 0.3 to 8.5%. SAR11 clade, belonging to class Alphaproteobacteria, was observed in all samples of seawater, in particular, rich in FE and GL seawaters with 78.2 and 48.0% frequency, but low relative abundance in sea cucumbers (0.3% in GL) (Figure 3 and Supplementary Table 2).
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FIGURE 4. Family-level taxonomic distribution among sea cucumber and seawater samples. Bars represent the relative percentage of each bacterial orders. FE, Fertilized Egg; GL, Gastrula; EA, Early Auricularia; LA, Late Auricularia; PT, Pentactula; JN, Juvenile; FESW, Kuma-shi seawater; GLSW, Gastrula rearing seawater; EASW, Early Auricularia rearing seawater; LASW, Late Auricularia rearing seawater; PTSW, Pentactula rearing seawater; JNSW, Juvenile rearing seawater.


A further family level taxonomic distribution and heatmap based on relative abundance of top 50 abundant bacterial group revealed that (1) bacterial groups such as Alteromonadaceae (Alteromonadales), Alcanivoracaceae (Oceanospirillales), Pseudoalteromonadaceae (Alteromonadales), Oleiphilaceae (Oceanospirillales) first appeared and were abundant at FE stage, (2) Rhodobacteriaceae (Rhodobacterales), Flavobacteriaceae (Flavobacteriales), and Marinobacteraceae (Alteromonadales) increased from LA stage, and (3) Colwelliaceae (Alteromonadales) and Halieaceae (Cellvibrionales) increased at PT stage (Figures 4, 5). Moreover, JN represents a unique microbiota compared to other life stages; Nitrincolaceae (Oceanospirilales), the population showed low levels in other life stages (0–7.3%), was significantly dominant in PT with 47.8% relative abundance. Rhodobacteriaceae (Rhodobacterales) was still the second most abundant family in JN, which appeared to be the most abundant family from the LA stage (22.8–37.0%) (Figures 4, 5).
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FIGURE 5. Dynamics of signature families at each stage. Scale represents relative abundance after Z-score calculation. FE, Fertilized egg; GL, Gastrula; EA, Early auricularia; LA, Late auricularia; PT, Pentactula; JN, Juvenile; FESW, Fertilized egg rearing seawater; GLSW, Gastrula rearing seawater; EASW, Early auricularia rearing seawater; LASW, Late auricularia rearing seawater; PTSW, Pentactula rearing seawater; JNSW, Juvenile rearing seawater.


Dynamics profiling based on ASVs containing more than 500 reads revealed that 14 key ASVs significantly changed at different developmental stages in sea cucumber larvae (Figures 6, 7 and Supplementary Figure 2); these were assigned into 5 bacterial families, 4, 2, 4, 2, and 2 ASVs were assigned to Nitrincolaceae (Oceanospirillales), Alcanivoracaceae (Oceanospirillales), Rhodobacteriaceae (Rhodobacterales), Flavobacteriaceae (Flavobacteriales), and Alteromonadaceae (Alteromonadales). The ASVs assigned to Nitrincolaceae and Rhodobacteraceae showed different variation trends with corresponding seawater, but the relative abundance of them changed at specific developmental stages in sea cucumber larvae (Figure 8). In addition, 2 ASVs of ASV0013 and ASV0051 belonging to Alteromonadaceae and Cellvibrionaceae, respectively, were defined as core microbiome that present in sea cucumber’s microbiome during whole developmental process, which also detected in rearing seawater (Supplementary Figure 3).


[image: image]

FIGURE 6. A phylogenetic tree based on features having >500 reads with relative abundance. Inner circles represent taxonomic analysis at order lever. Red colored heatmap represent relative abundance of features in sea cucumber samples. Blue colored heatmap showed relative abundance of features in seawater samples. Key features were labeled with black stars. FE, Fertilized egg; GL, Gastrula; EA, Early auricularia; LA, Late auricularia; PT, Pentactula; JN, Juvenile; FESW, Fertilized egg rearing seawater; GLSW, Gastrula rearing seawater; EASW, Early auricularia rearing seawater; LASW, Late auricularia rearing seawater; PTSW, Pentactula rearing seawater; JNSW, Juvenile rearing seawater.
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FIGURE 7. Dynamics of relative abundance of key ASVs based on heatmap. 14 key ASVs were shown in panels (A–E), respectively. X axis is developmental stage, and Y axis is number of reads. FE, Fertilized egg group; GL, Gastrula group; EA, Early auricularia group; LA, Late auricularia group; PT, Pentactula group; JN, Juvenile group.
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FIGURE 8. Genus-level taxonomic distribution of isolates from sea cucumber and seawater. Bars represent proportion of isolates. FE, Fertilized egg; GL, Gastrula; EA, Early auricularia; LA, Late auricularia; PT, Pentactula; JN, Juvenile; NSW, Kumaishi nature seawater.




Isolation of Key Bacterial Strains During the Larval Development of Apostichopus japonicus

A total of 257 strains were isolated from sea cucumber specimens and assigned to 45 species belonging to 32 genera, in which 89.1% of isolates were assigned to known species and 100% of isolates were assigned to known genera (Figures 8, 9 and Supplementary Table 4). A total of 42, 34, 22, 53, 37, 57, and 13 isolates were isolated from FE, GL, EA, LA, PT, JN, and fertilized egg rearing seawater (NSW), respectively, being counted up 102 to 104 CFU/g sample (Supplementary Table 4). A total of 20 of 42 isolates collected from FE specimen were identified as Pseudoalteromonas belonging to Alteromonadales, followed by Alteromonas (n = 7), Vibrio (n = 4), Idiomarina (n = 4), Pseudomonas (n = 3), Marinobacter (n = 2), Paraglaciecola (n = 1), and Shewanella (n = 1). Marinobacter (n = 14) also belonged to Alteromonadales was the most abundant genera in isolates collected from GL specimen, followed by Pseudoalteromonas (n = 9), Alteromonas (n = 4), Vibrio (n = 4), Neptunicella (n = 1), Sulfitobacter (n = 1), and Bacterioplanes (n = 1). The most abundant genera in EA isolates were Alteromonas (n = 11) and Pseudoalteromonas (n = 4), both of them belonging to Alteromonadales, subsequently Marinebacter (n = 2), Vibrio (n = 2), and Pseudomonas (n = 1) were also obtained in EA. In LA isolates, 43 of 53 isolates were assigned to Pseudoalteromonas, which is the significant dominant genera compared to other genus Marinobacter (n = 4), Alteromonas (n = 3), and Pseudomonas (n = 2).
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FIGURE 9. Maximum-Likelihood phylogenetic tree based on partial 16S rRNA gene sequences of isolates. Isolates were shown with stars in specific color. Different genera were labeled with different color. 257 isolates were assigned to 32 genera and 45 species.


The composition of isolates showed a variation between LA and PT stages, which Pseudoalteromonas, Marinobacter, and Alteromonas belonging to the order Alteromonadales were the most abundant genera in FE to LA but absent in PT (Figure 9). In addition, taxonomic diversity of isolates was richer in later stages such as PT and JN compared to earlier life stages. Likewise, Thalassobius (n = 9) and Shimia (n = 8) belonging to the order Rhodobacterales were the most abundant genera in PT, followed by Pseudomonas (n = 3), Arenibacter (n = 3), Phaeobacter (n = 3), Muricauda (n = 2), Amphritea (n = 2), and other 6 isolates assigned to 6 different genera. On the other hand, Rhodobacterales and Alteromonadales showed a higher possibility to be isolated in JN samples; a total of 20 of 57 isolates in JN were assigned to Marinobacter belonging to Alteromonadales; 7, 5, and 4 isolates were assigned to Phaeobacter, Shimia, and Thalassobius belonging to Rhodobacterales, respectively. The other isolates in JN were assigned to genera Muricauda (n = 3), Alteromonas (n = 3), Neptunicella (n = 3), Aliiroseovarius (n = 3), Arenibacter (n = 2), Tropicibacter (n = 2), Pseudoalteromonas (n = 2), Pseudophaeobacter (n = 1), Williamsia (n = 1), and Spongiispira (n = 1). Isolates from NSW were relatively unique compared to the sea cucumber samples. Genera Sphingomonas, Sulfitobacter, Labrenzia, Rhodococcus, Kangiella, and Henticiella were only isolated from NSW samples, which demonstrates a different microbial community structure.

Comparison of isolates with ASVs in Meta16S revealed a total of 124 ASVs were assigned to those sequences of isolates with 100% identity, including 51 dominant ASVs (>0.1% abundance) (Supplementary Table 3). In addition, 6 out of 14 key ASVs found in the Meta16S sequences were successfully isolated. ASV0013 and ASV0016 belonging to Alteromonadaceae, the relative abundance of these two key ASVs were 0.0090 and 0.0082, respectively. They showed a significant increase at the EA stage with the relative abundance of 0.046 and 0.037, assigning to 10 isolated strains from GL, EA, LA, and JN samples and identified as genus Alteromonas. One of them ASV0016 was absent at FE and then slightly increased in the gastrula stage. ASV0019, ASV0022, ASV0026, and ASV0030 belonging to Rhodobacteriaceae, the relative abundance of them were 0.0072, 0.0070, 0.0063, and 0.0060, respectively. They showed a significant increase at the PT stage with relative abundance of 0.033–0.040%, assigning to 13 isolated strains collected from JN and PT, which appeared from the early auricularia stage (Supplementary Table 3). Interestingly, these five key ASVs were not detected in the fertilized egg rearing seawater. In addition, although 75.8% sequences in Meta16S analysis were unassigned to known species or genera, the taxonomic level of 81 ASVs were improved to species or genus level after taxonomic analysis with isolated strains, in which one unassigned ASV1407 was affiliated to strains NSW5 identified as Kangiella geojedonens and 10 uncultured ASVs were assigned to known species (Supplementary Table 3).




DISCUSSION

Microbiotas of sea cucumber A. japonicus has been intensively studied over recent decades aiming to discover beneficial bacteria that could contribute to sea cucumber aquaculture, disease control, and bioremediation (Chi et al., 2014; Yang et al., 2015b; Zhao et al., 2016; Chen et al., 2018; Ma et al., 2019). After the recent findings of potential physiological roles in gut microbiomes of the sea cucumber A. japonicus (Yamazaki et al., 2016), dynamics of the microbiome, in particular How sea cucumbers shape their microbiomes? has been a central question (Yamazaki et al., 2020). Among a series of studies on the sea cucumber microbiome, first colonizers on the animal guts called Pioneer Microbes are worth studying in sea cucumbers as they potentially contribute to improving aquaculture technology and accumulate biological knowledge on gut microbiome evolution compared to those in humans (Wopereis et al., 2014). Using a laboratory rearing system, we succeeded in conducting Meta16S sequencing to characterize microbiotas of fertilized eggs at major developmental stages up to juvenile and key bacteria were successfully isolated. To our knowledge, this is the first study to investigate the dynamics of microbiota during the larval development of sea cucumber and the possible relationship between early life microbiota and host biology in marine invertebrates.


New Insights Into the Dynamics of Microbiota Changes During Larval Development of Sea Cucumber

The pioneer microbiome in early life has been assessed mainly on human infant gut microbiome, and environmental factors, diets, developmental stage and genetics affecting microbiota shaping have been investigated (Nayak, 2010; Sullam et al., 2012; Mercier et al., 2015). Bifidobacterium and Lactobacillus, which are lactic acid utilizers, were prevalent in later infant microbiome (4–12 months) during breast feeding but decreased in adult-like microbiota when solid food was introduced (Bäckhed et al., 2015; Hill et al., 2017). Similar to human infants, sea cucumber larvae’s gut microbiota altered after feeding, which is probably linked to the changing of gut environment and its functional shifts. Many studies have also worked on pioneer microbiome using fish eggs and larvae to improve intensive aquaculture of larvae rearing (Vadstein et al., 2018), relationships to hatchability, and contribution to the formation of adult fish microbiota (Hansen and Olafsen, 1989, 1999; Califano et al., 2017). Whole-body microbiota of aquatic animals using fertilized eggs and post-hatch larvae of sea bream suggest that microbiotas of rearing water and diet affect the shaping of early life microbiota (Nikouli et al., 2019). The Meta16S analyses of sea cucumber during early developmental stages reveals several new findings on microbiotas changes related to host development and organogenesis; (1) significant changes of microbiotas in the late auricularia stage, (2) possible first colonizers in gut assigned to Rhodobacterales and Flavobacterales appeared from auricularia stage, (3) significantly different microbiota in juveniles, and (4) significantly different microbiotas between host associated and environmental water.

Such microbiotas changes are likely to be related to organogenesis of the digestive system. Blastopore is formed in blastula and observed until the early auricularia stage. As the primitive gut-like structure in gastrula disappears, the buccal cavity, esophagus, intestine, cloaca and ciliary bands related to digestion, feeding and locomotion can be observed from the early auricularia stage and are well developed in the late auriculaira. Stomach, axohydrocoel and hyaline sphere are also clearly observed in the late auriculaira. After the pentacutula stage, sea cucumbers start a benthic lifestyle with more organogenesis of tentacles and ossicales formation, which are necessary for feeding and habitat settlement in adult individuals. Early life microbiome could be dynamically changed during the organogenesis, which allow microbes to colonize first on the tissue of host sea cucumber as they shape to a matured form.

Oceanospirillales, Rhodobacteriales, Alteromonadales, and Flavobacterales colonize sea cucumber’s microbiota at different developmental stages and show significant changes during larval development. Many researchers have analyzed microbial communities and the impact of these individual bacteria on the host microbiome in sea cucumbers (Yang et al., 2015a; Yamazaki et al., 2016; Zhao et al., 2016; Kim et al., 2017; Li et al., 2018; Pagán-Jiménez et al., 2019; Ren et al., 2019; Yamazaki et al., 2019), but pioneer colonizers in fertilized eggs and larvae of sea cucumber have hardly been reported at all. Rhodobacterales, Flavobacterales, and Alteromonadales were also abundant in adult sea cucumber A. japonicus without similar microbial diversity (Yamazaki et al., 2016). Of particular interest in this study, Rhodobacterales was detected as the dominant bacterial order and key bacteria in microbiota in early life, which colonize in the early auricularia stage and significantly increase in the pentactula stage (Figures 3, 4). Rhodobacterales is known as one of the primary surface colonizers and key players of biogeochemical cycling in marine environments, consisting of more than 350 species (Dang et al., 2008; Simon et al., 2017). Complicated taxonomic subgroups and worldwide distribution of Rhodobacterales helped increase research into the understanding the community structures and molecular roles in Rhodobacterales (Fu et al., 2013; Rasmussen et al., 2018; Tavares et al., 2018). There are studies indicating Rhodobacterales could produce tropodithietic acid (TDA) against the pathogen Vibrio (Grotkjaer et al., 2016; Dittmann et al., 2020). In sea cucumber, Yamazaki et al. (2016) compared microbiota between larger and smaller individuals, in which Rhodobacterales was more abundant in larger sea cucumber, and it contains polyhydroxybutyrate (PHB) metabolism genes which could promote host growth (Yamazaki et al., 2016). Dietary β-glucan supplementation and dietary astragalus polysaccharide (APS) in sea cucumber A. japonicus have a positive impact on immune responses and enriched relative abundance of Rhodobacterales in microbiota through the NF-κB signaling pathway (Yang et al., 2015b; Song et al., 2019). Currently, 51 isolates are assigned to Rhodobacterales and 13 of the 51 isolates are assigned to key ASVs detected in Meta16S analysis. The success of Rhodobacterales isolation opens up a way for us to perform bioassay, meta-transcriptomic analysis, molecular studies on host-microbiome association in the future.

Culture environments and supplied diets are always considered as major factors resulting in alteration of microbiota, many studies reveal the relationship of microbiotas between animal gut and environments. In some studies, microbiota of eggs shows highest similarity of 77% to that of rearing water (Nikouli et al., 2019). However, a study on sea bream discusses the potential effects of rearing water and diet on microbiota of different days post-hatch larvae, and they indicated that both rearing water and diet differ from host microbiota but somehow contribute to microbial community (Nikouli et al., 2019). According to Hansen and Olafsen (1989), there is a variation between microbiota in sea cucumber and rearing sea water. The microbiota of fertilized egg and gastrula in sea cucumber were significantly different from rearing water in our results. Only 6.3 and 15.5% ASVs in fertilized egg and gastrula were shared with rearing seawater and five key ASVs significantly changed along with developmental stages were not detected in early life rearing seawater. Nonetheless, with the development of sea cucumber larvae, the sharing ASVs increase to 42.5% at late auricularia stage but decreased to 8.3% at juvenile stage, indicating the majority of larvae microbiome were not affected by rearing seawater.



Factors Influencing Pioneer Colonizers of Sea Cucumber Gut Microbiome

Pioneer microbial colonization is related to birth process, gestational age, digestive system development and genetic factors (Benson et al., 2010; Karlsson et al., 2011; Gomez de Agüero et al., 2016; Borghi et al., 2019). In particular, genetic background of newborn individual influence gut microbial colonization, corresponding to functional development of digestive systems, were emerged in cod and chicken (Bakke et al., 2015; Schokker et al., 2015). Our results also show five key ASVs belonging to Rhodobacterales and Flavobacteriales are recognized as first colonizers in gut of sea cucumber’s microbiota at different life stages. These bacteria were not detected in rearing seawater at corresponding life stages and before the feeding process. Based on these findings, it is assumed that the process of organ formation along with larval developments impacts first colonizers in gut as an influential factor. Interestingly, another variation of early life microbiota was also observed in juvenile individuals, which possess important organ tentacles. Therefore, we assume that organogenesis occurring in sea cucumber larvae is one of the likely factors resulting in the alteration of microbiota, but more insights into the role of individual pioneer colonizer are necessary for deeper understanding.

The auricularia stage is the longest period that primary organs of the digestive system are formed during larval development of sea cucumber, and is sustained for 8–12 days as reported in another study (Soliman et al., 2013). We also observed that the larvae in the auricularia stage have been continuously detected for more than 17 days, to a maximum 19 days after fertilization. We started feeding after the early auricularia stage, and buccal cavity, mouth, esophagus, stomach, intestine, and cloaca, these digestive organs in sea cucumber were clearly observed in late auricularia individuals. The late auricularia microbiota was different from the those of individuals before and after feeding, which indicates that organogenesis accompanied with feeding are major factors impacting on early life gut microbiota. As there are many studies on sea cucumber that indicate the supplied diet could regulate intestinal microbiota and immunity (Yang et al., 2015b; Chen et al., 2018; Song et al., 2019), dietary microalgae could be considered as one of the major factors causing alteration of microbiota observed in the auricularia stage, in fact microbiotas of seawater after diet microalgae spikes were different of those before the spikes. However, even in microbiotas changes of seawater between before and after diets spikes, we still observed differences between host-associated and environmental microbiotas, which means there is still a presence of host factors selecting colonizers and shaping microbiotas.



Culturing Pioneer Microbes

The combination of culture-independent and culture-dependent methods can improve the accuracy of taxonomic assignment in metagenomics. Also, the acquisition of reference genome sequences of isolates provides the possibility of meta-transcriptomes to understand the functions of host-associated bacteria. In this study, we were able to isolate 13 strains belonging to Rhodobacterales and they were also assigned 4 key ASVs detected by Meta16S analysis, emphasizing the importance of culture dependent method. Rhodobacterales has been reported as possible bacteria for promoting A. japonicus growth (Yamazaki et al., 2016). Our study opens the way to investigating the effects of individual bacteria on host physiology and emphasizes the importance of the culture dependent method.

In this study, we analyzed dynamic changes of microbiome for the first time alongside sea cucumber developmental stages and investigated potential factors impacting on the alteration of the microbiome during host development. Our results indicate early life microbiota in sea cucumber significant changes at the auricularia stage and is distinct from environmental seawater. We also isolated crucial bacteria candidates including pioneer microbes on fertilized egg and first colonizers in gut such as Rhodobacterales and Alteromonadales showing significant difference among larval developmental stages. Further study of individual host-associated bacteria could contribute to a deeper understanding of the interaction between bacteria and host biology.
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Vibrionaceae is one of the most diverse bacterial families and is currently classified into over 50 clades, some members of which play an important role in the symbiotic relationships with humans and animals. Halioticoli clade, which currently consists of 10 species: 8 species associated with the gut of abalone (symbiotic), 1 species (V. breoganii) from bivalves, and 1 species (V. ishigakensis) from subtropical seawater (planktonic). To accelerate studies in the evolution, ecogenomics, and biotechnology of Halioticoli clade species, the genomic backbones and pangenome analyses based on complete genome sequences are needed. Genome sizes of Halioticoli clade species ranged from 3.5 Mb to 4.8 Mb, with V. ishigakensis the biggest. The evolutionary relationships using multilocus sequence analysis based on eight housekeeping genes and 125 single-copy core genes revealed a division of five sub-clades in this clade; 1) V. breoganii, V. comitans, V. inusitatus and V. superstes, 2) V. ezurae, V. neonatus, and V. halioticoli, 3) V. rarus, 4) V. gallicus, and 5) V. ishigakensis. The pan-genomic analysis combined with function and metabolism estimations showed that the planktonic group (sub-clade 5) contained the greatest number of specific genes, and more genes responsible for carbohydrate metabolisms, especially the genes encoding D-galactonate degradation. These results demonstrated that the genome expanded by acquiring more abilities for utilizing various carbohydrates during the evolution from symbiotic to a planktonic lifestyle. Moreover, according to Carbohydrate-Active enZYmes (CAZy) profiling, genes encoding alginate degrading enzymes (aly), classified into PL6, PL7, PL15, and PL17 were common in the ten genomes, but sub-clade 1 had the most. Meanwhile, sub-clade 1and 5 also possessed abundant genes related to macroalgae substrates degradation (GHs), which are also responsible for the genome expansion of sub-clade 1 and 5.




Keywords: vibrionaceae, marine invertebrate, symbiosis, planktonic, halioticoli clade, complete genome



Introduction

Currently, over 190 species consisting of 9 genera have been accurately described in the family Vibrionaceae (Parte et al., 2020), which is one of the most diverse bacterial families, play an important role in geochemistry, pathogenicity, ecology, and systematics (Thompson et al., 2004; Gomez-Gil et al., 2014; Lee and Raghunath, 2018). Vibrios were further classified into 51 clades by multilocus sequence analysis (MLSA) in the most recent description of “Vibrio clade 3.0” (Jiang et al., 2022). Members of these clades have continued to be of great interest because of their symbiotic relationships with humans and animals, which can be referred to as parasitism, mutualism or commensalism (Moya et al., 2008). Representatively, Vibrio cholerae, the causative agent of the potent diarrheal disease cholera, is one of the most notorious human pathogens (Orata et al., 2015). The pathogenicity of members in the Cholerae clade has also been discovered although they were first described as non-pathogenic environmental strains (Kirchberger et al., 2014; Guardiola-Avila et al., 2021). On the other hand, the mutualism symbiosis between Hawaiian bobtail squid Euprymna scolopes and the bioluminescent bacteria Vibrio fischeri has been studied for decades because this model is uniquely suited to the investigation of symbiosis from both host and bacterial perspectives, putting the Vibrio-squid symbiosis at the forefront of host-microbe interactions (Nyholm and McFall-Ngai, 2004; Septer, 2019). Moreover, the recent rapid expansion in bacterial genome data has provided insights into the adaptive, diversifying and reductive evolutionary processes that occur in host-microbe interactions (Toft and Andersson, 2010). It has been reported about the general feature of genome-size reduction and AT content increase in endosymbiont genomes than free-living relatives, and the degree of them was related to the age of association (Wernegreen, 2002; Moya et al., 2008).

V. halioticoli was originally isolated from the gut of abalone Haliotis discus hannai as a non-motile alginolytic vibrio in 1998 (Sawabe et al., 1998). The dominance in the gut of Japanese abalone and the acetic acid production by V. halioticoli via fermentation of alginate, which is major components of ingested kelps, suggested a mutual relationship between V. halioticoli and abalones (Tanaka et al., 2002; Sawabe, 2006). The Halioticoli clade was first proposed in 2007 (Sawabe et al., 2007b), and most of the species have been discovered associated with abalone, particular in the guts (Table 1). Currently, ten species, V. breoganii, V. comitans, V. ezurae, V. gallicus, V. halioticoli, V. inusitatus, V. ishigakensis, V. neonatus, V. rarus, and V. superstes, have been described. Halioticoli clade species were discovered not only in Japanese abalone but also major abalone species outside Japan; V. neonatus (H. discus discus), V. ezurae (H. diversicolor diversicolor), V. comitans (H. gigantea), V. rarus (H. madaka) and V. inusitatus (H. rufescens) were isolated from the gut of Japanese abalone (Sawabe et al., 2004a; Sawabe et al., 2007a). V. superstes was isolated from the gut of Australian abalone H. laevigata and H. rubra (Hayashi et al., 2003), and V. gallicus was isolated from the gut of the French abalone H. tuberculate (Sawabe et al., 2004b). In 2009, the first non-abalone associated Halioticoli clade species, V. breoganii, was discovered from Spanish clams Ruditapes philippinarum and Ruditapes decussatus (Beaz Hidalgo et al., 2009). Nevertheless, draft genomes of V. halioticoli, V. superstes, were reported in 2014, but not much genome characterization has been completed yet. Recently, a genome of a reference strain of V. breoganii was completed, and the genome was rich in genes responsible for degrading macroalgal carbohydrates, which is likely to be characterized as a vegetarian vibrio compared to V. halioticoli genome (Corzett et al., 2018).


Table 1 | Isolation information of Halioticoli clade species.



More interestingly, a first planktonic Halioticoli clade species, V. ishigakensis, was isolated from seawater taken in the Okinawa coral reef area, Japan (Gao et al., 2016). Rather different phenotypes (Table S1) of the non-motile Halioticoli species could be a key reference species to elucidate evolutionary processes from symbiotic to planktonic or vice versa in the Halioticoli clade species. However, the lack of genome sequences limits our knowledge of this clade. Here, we present the complete genome sequences of type strains of all current Halioticoli clade species and performed the first genomic analyses for this clade to evaluate their ecogenomics, evolutionary history, and possible biotechnology applications.



Materials and Methods


Genome Sequencing, Assembly, and Annotation

DNA extraction was performed using Wizard genomic DNA purification kit (Promega, USA) following the manufacturer’s instructions. The Nanopore sequencing library was prepared using the Rapid Barcoding Kit (SQK-RBK004) and sequenced using MinION device (Oxford Nanopore Technologies, Oxford, UK). Raw reads were basecalled using Guppy 1.1. The Illumina DNA library was prepared using Nextera XT DNA Library Preparation Kit (Illumina) and sequenced with the Illumina MiSeq platform. Then, the complete genome sequences of Halioticoli clade type strains were assembled by means of the hybrid assembly approach using both Nanopore and Illumina reads by Unicycler 0.4.7 (Tanaka et al., 2018; Jiang et al., 2022). Finally, the genome sequences were annotated using DDBJ Fast Annotation and Submission Tool (DFAST) (Tanizawa et al., 2018) and deposited in the DDBJ/GenBank/ENA under BioProject PRJDB11924 with accession numbers as Table 2.


Table 2 | General genomic characteristics of Halioticoli clade species.





Multilocus Sequence Analysis (MLSA)

MLSA was performed according to the previous description (Sawabe et al., 2013). Briefly, the entire nucleotide sequences of the eight housekeeping genes (ftsZ, gapA, gyrB, mreB, pyrH, recA, rpoA, and topA) were obtained after genome annotation. The sequences were aligned using MUSCLE (Edgar, 2004). Split decomposition analysis using the concatenated sequence was performed using SplitsTree 4.14.8 with a neighbor net drawing and a Jukes-Cantor correction. Phylogenetic analysis using the same concatenated sequence was constructed using Maximum Likelihood (ML), Neighbor-Joining (NJ), and Minimum-Evolution (ME) methods with 500 bootstraps by MEGA-X v10.1.8 (Kumar et al., 2018).



General Genomic Comparisons

Genomic comparisons were performed based on chromosomes. The ten genomes from the Halioticoli clade were compared with the genome of V. ishigakensis JCM 19231T by BLASTn and visualized using BRIG v.0.95 (Alikhan et al., 2011). Synteny between the same genomes was analyzed using the Artemis Comparison Tool (ACT) v.18.1.0 (Carver et al., 2005).



Core/Accessory/Specific Gene Identification in Pan-Genome Analysis

Pan-genome analysis was performed using Halioticoli clade genomes by the Anvi’o program ver. 7 (Eren et al., 2015). Firstly, each genome sequence file was converted to an anvi’o contigs database (anvi-gen-contigs-database) using Prodigal (Hyatt et al., 2010), these contigs databases were decorated with hits from HMM models (anvi-run-hmms). An anvi’o genome storage was generated (anvi-gen-genomes-storage) using prepared contigs databases, and then, the pan-genome was analyzed (anvi-pan-genome) using NCBI’s blastp for amino acid sequence similarity search and the MCL algorithm (Van Dongen and Abreu-Goodger, 2012) for cluster identification in amino acid sequence similarity search results. In addition, Average Nucleotide Identity (ANI) values were calculated using the PyANI with ANIb method (anvi-compute-genome-similarity) (Pritchard et al., 2016). Finally, it was visualized and decorated (anvi-display-pan). Core genes were filtered (anvi-get-sequences-for-gene-clusters) and extracted in fasta files (anvi-get-sequences-for-gene-clusters) for further analysis.



Function/Metabolism Estimation and Enrichment Analysis

Gene annotation was performed using Clusters of Orthologous Groups 2020 (COG20) (Galperin et al., 2021) for function estimation (anvi-run-ncbi-cogs), and Kyoto Encyclopedia of Genes and Genomes (KEGG) (Aramaki et al., 2020) for metabolism estimation (anvi-estimate-metabolism) (Muto et al., 2013). In addition, the enrichment scores of function/metabolism in different groups were identified using an R script developed by Amy Willis (anvi-compute-functional-enrichment) (Shaiber et al., 2020).



CAZy Annotation and Genomic Islands (GEIs) Prediction

Carbohydrate-Active enZYmes (CAZy) were annotated using the dbCAN2 meta server (HMMdb v9) with HMMER, DIAMOND, and eCAMI tools (Zhang et al., 2018), and domains supported by more than two tools were used in this study. Genomic islands (GEIs) predictions were calculated by IslandViewer4 with IslandPick, IslandPath-DIMOB, and SIGI-HMM methods (Bertelli et al., 2017) using the GenBank files after DFAST annotation, predictions supported by at least one method were used in this study. Results were visualized using ggplot2.




Results


General Genomic Characteristics of the Halioticoli Clade Species

Genomes of all species consisted of two chromosomes and four of them (V. comitans LMG 23416T, V. halioticoli IAM 14596T, V. inusitatus LMG 23434T, and V. rarus LMG 23674T) had one plasmid (Table 2). The genome sizes of Chromosome 1 (Chr. 1) ranged from 2,528,163 to 3,070,129 bp, and those of Chromosome 2 (Chr. 2) ranged from 989,994 to 1,816,305 bp. These genomes showed 42.9-46.2% GC content, identified 3,101-4,318 CDS, 25-31 rRNA, and 95-107 tRNA. V. ishigakensis JCM 19231T had the biggest genome with the highest GC content, the largest numbers of CDS, rRNA, and tRNA. In contrast, V. gallicus LMG 21878T had the smallest genome with the lowest GC content and the smallest numbers of CDS and tRNA. Compared to the genome size and GC content among 189 other Vibrionaceae species, Halioticoli clade species showed a relatively narrow GC content range but variable genome size (Figure 1).




Figure 1 | Genome size and GC content relationship for Halioticoli clade species in 189 Vibrionaceae species (7 genera). Data were obtained from Jiang et al. (2022). Compared to the genome size and GC content among 189 other Vibrionaceae species, Halioticoli clade species showed a relatively narrow GC content range but variable genome size. In addition, the clustering of sub-clades and the differentiation between different sub-clades species suggest that genome expansions may occur during evolution.





Evolutionary Relationships of the Halioticoli Clade

To explore the evolutionary history of Halioticoli clade species, the MLSA network and phylogenetic tree using concatenated eight house-keeping genes with V. cholerae ATCC 14035T and E. coli K-12 MG1655 as outgroups were constructed (Figures 2, S1). Both methods indicated five evolutionary directions in the Halioticoli clade: sub-clade 1) V. breoganii, V. comitans, V. inusitatus, and V. superstes, sub-clade 2) V. ezurae, V. neonatus, and V. halioticoli, sub-clade 3) V. rarus, sub-clade 4) V. gallicus, and sub-clade 5) V. ishigakensis. In which, sub-clade 1 to 4 consist of symbiotic species, and sub-clade 5 consists of the only one planktonic species. In addition, genome size and GC content relationship also showed the clustering of sub-clades and the differentiation between symbiotic and planktonic species (Figure 1), suggesting that genome expansions may occur during evolution.




Figure 2 | (A) Split network of Halioticoli clade based on concatenated sequences of eight protein coding genes (ftsZ, gapA, gyrB, mreB, pyrH, recA, rpoA, and topA). (B) Phylogenetic analysis of Halioticoli clade based on 8 eight protein coding genes (Left) and 125 single copy core genes (Right) using Maximum Likelihood (ML) method and General Time Reversible model with 500 bootstraps. Bootstrap values are shown at the branch points. All branches were both recovered in Neighbor-Joining (NJ) and Minimum-Evolution (ME) trees.





Comparative Genomics of the Halioticoli Clade

Analyses of homologous gene conservation and gene order across two or more genomes of different species play a vital role in comparative genomics since they can provide further insights into evolutionary processes that contribute to diversity, chromosomal dynamics, and interspecies rearrangement rates (Bhutkar et al., 2006; Lee et al., 2018; de la Haba et al., 2019). The nucleotide identity comparison using BLASTn of both chromosomes (Chr. 1 and Chr. 2) for Halioticoli clade species was performed using V. ishigakensis JCM 19231T as the reference genome (Figure 3A). The analysis revealed a higher nucleotide similarity in Chr. 1 but a lower similarity in Chr. 2, which indicates the genomes of Chr. 1 were highly conserved but those of Chr. 2 was relatively varied. Intra-sub-clade and inter-sub-clade genome rearrangement mappings of both chromosomes demonstrated that 1) similar gene arrangements amongst genomes of intra-subclade species in sub-clades 1 and 2, and 2) less similar of those arrangements among those of inter-subclade species (Figures 3B, S2).




Figure 3 | Genomic comparison in Halioticoli clade. (A) Circular map designed to compare the nucleotide identity of all genomes against V. ishigakensis JCM 19231T. The genomes were compared by BLASTn, and the percent identity between them was determined by the intensity of color in each ring. The rings from inner to outer are presented as follows: the GC content and CG skew of V. ishigakensis JCM 19231T, the genomes of V. ishigakensis JCM 19231T, V. gallicus LMG 21878T, V. rarus LMG 23674T, V. halioticoli IAM 14596T, V. neonatus JCM 21521T, V. ezurae JCM 21522T, V. inusitatus LMG 23434T, V. comitans LMG 23416T, V. breoganii CAIM 1829T, and V. superstes JCM 21480T, respectively. (B) Genomic synteny plots were analyzed using Artemis Comparison Tool. Gray lines indicate each genome size. Red bars indicate the conserved genomic regions, and blue bars indicate genomic inversions. A bigger and clearer plot is available in Figure S1.



Relatively more GEIs and transposase/integrase were predicted in sub-clades 2 and 3, which were likely to be shared common ancestry (Figures 2, S1, S3). The lowest number of GEIs and transposase/integrase were found in V. gallicus (sub-clade 4) and V. comitans (sub-clade 1), respectively. Interestingly, V. ishigakensis showed opposite results that much higher GEIs numbers but much lower transposase/integrase numbers.



Pangenomic Analysis of the Halioticoli Clade

Pan-genomics is capable of investigating the relationships between a given group of genomes by means of characterizing the core and accessory genes, providing a unique insight in the phylogeny and taxonomy analysis (Eren et al., 2015; Delmont and Eren, 2018). The ten genomes of Halioticoli clade species were used for pan-genome analysis using Anvi’o v7. In the Halioticoli clade pan-genome (Figure 4), a total of 8,062 gene clusters (GCs) with 36,612 genes were defined, in which 2,130 GCs with 22,123 genes (60%) were recognized in the core-genome (1,973 GCs with 19,730 genes were recognized as the single-copy core-genome), and 2,456 GCs with 10,881 genes (30%) were recognized in the accessory-genome. The remaining genes were recognized as species-specific genes as in Figure 4, among which, V. ishigakensis (sub-clade 5) possessed the most specific genes (922), 2-5 times more than other species. In addition, gene cluster analysis also showed that sub-clade 5 gained the highest number of GCs (4134), followed by sub-clade 1 (3,732 in average), sub-clade 2 (3,250 in average), sub-clade 3 (3193), and sub-clade 4 (2987). These results showed positive relationships with genome size.




Figure 4 | The pan-genome analysis of the Halioticoli clade species. Circle bars represent the occurrence of gene clusters in each genome. Gene cluster represents a group of homologues identified based on the amino acid sequence similarity. Heatmap in the upper right corner represents ANI calculation between these genomes (the barrier for species identification is 95%), and the above phylogenetic tree was constructed using amino acid sequences of 125 better single-copy genes by embedded FastTree tool. Abbreviations for the Halioticoli clade species are represented as Bre, V. breoganii CAIM 1829T; Com, V. comitans LMG 23416T; Ezu, V. ezurae JCM 21522T; Gal, V. gallicus LMG 21878T; Hal, V. halioticoli IAM 14596T; Inu, V. inusitatus LMG 23434T; Ish, V. ishigakensis JCM 19231T; Neo, V. neonatus JCM 21521T; Rar, V. rarus LMG 23674T; and Sup, V. superstes JCM 21480T. Numbers in parentheses after abbreviations represent the total numbers of gene clusters in each species.



Due to the difficulty to use a large number of single-copy genes (SCGs), a set of 125 better-SCGs was filtered using a custom setting (–min-geometric-homogeneity-index 1, –max-functional-homogeneity-index 0.9). The concatenated amino acid sequence of the 125 better-SCGs was used for constructing a more accurate phylogenetic tree, and the result showed that the topology was congruent with the one constructed by eight house-keeping genes (Figures 2B, 4), the five sub-clades could be identified as well. Moreover, the five sub-clades could also be illustrated by clustering in the ANI matrix, and sub-clade species showed at least 85.5% intra ANI similarity.



Function Estimation and Metabolism Reconstruction of the Halioticoli Clade

The Clusters of Orthologous Genes (COGs) database has been a popular tool for functional and comparative genomics of bacteria and archaea in recent decades with the newest update of COG20 (Galperin et al., 2021). COG20 function estimation for each genome of Halioticoli clade species showed that the same function structure was shared among the species, as well as in the core-genome (Figure S4A). However, the result in the species-specific genomes was diverse in some aspects (Figure 5A). Despite the poorly characterized and unknown functions, the planktonic species, V. ishigakensis-specific genome had the most diverse and abundant gene sets in each function category. Among them, V. ishigakensis showed more abundant in the metabolism functions, in particular in the “Carbohydrate transport and metabolism” function. In addition, the functions of “Transcription”, “Signal transduction mechanisms”, and “Cell wall membrane envelope biogenesis” were also abundant. It is likely that these functions were an adaptation for survival in planktonic environments. The symbiotic species-specific genomes showed poorer ability in metabolizing, with the V. superstes-specific one being the most powerful. To further investigate the metabolism functions in the Halioticoli clade, metabolism pathway modules were reconstructed using the KEGG database. As in the function structure, the Halioticoli clade species shared the common metabolism structure in complete genomes (Figure S4B), but different structures in species-specific genomes (Figure 5B). A wide range of genes responsible for diverse metabolism pathways was only detected in the V. ishigakensis-specific genome, in particular carbohydrate metabolism genes were highly detected. On the other hand, other species-specific genomes, demonstrated their advantages, such as a remarkable detection for “cofactor and vitamin metabolism” in the V. rarus-specific genome. In addition, the enrichment analyses of metabolism pathway modules indicated that the V. ishigakensis shared almost all enriched modules with other species with the exception of D-galactonate degradation (M00552), which is exclusively and most enriched in itself (Figure 6).




Figure 5 | Heatmap representation based on the number of hits in specific genes for each Halioticoli clade species, (A) COG20 function prediction, and (B) KEGG metabolism prediction. The left and right axis ticks represent different subcategories and categories, respectively. Abbreviations for the Halioticoli clade species are represented as Figure 4.






Figure 6 | Bubble plot based on enrichment of KEGG pathway modules in Halioticoli clade. Bubble size represents the enrichment score, colour represents different groups. Phylogenetic tree was constructed accordingly to Figure 2B. The italic contents of parentheses represent the module accession numbers in the KEGG database. Gray parts indicate the secondary category of the KEGG module as follows, (A) Other carbohydrate metabolism, (B) Methane metabolism, (C) Aromatic amino acid metabolism, (D) Other amino acid metabolism, (E) Lipopolysaccharide metabolism, (F) Cofactor and vitamin metabolism, (G) Polyketide sugar unit biosynthesis. Related genes were listed in Table S2.



Furthermore, the COG20 and KEGG annotations were also performed for gene clusters (GCs) of each Halioticoli clade species. Same COG20 functions were shared among the clade but with different abundance. V. ishigakensis, which has the biggest genome size, gained the highest number of GCs with a wide range of COG functions, in particular GCs classified into “Transcription (K)”, “Cell wall/membrane/envelope biogenesis (M)”, and “Carbohydrate transport and metabolism (G)”. In more detail, numbers of GCs were 1.2, 1.6, 1.7, and 1.7 folds in K, 1.1, 1.3, 1.3, and 1.4 folds in M, and 1.4, 1.9, 2.3, and 1.9 folds in G, compared with those numbers of sub-clades 1, 2, 3 and 4, respectively. On the contrary, the lowest number of GCs were observed in V. gallicus, numbers of GCs classified to “Cell cycle control, cell division, chromosome partitioning (D)”, “Posttranslational modification, protein turnover, chaperones (O)”, and “Defense mechanisms (V)” were reduced (Figure 7A). KEGG annotation of GCs which were lost or gained showed “Polyamine biosynthesis” (E6, in Figures 7B, S5) were gained in sub-clades 1, 3, and 5 but lost in sub-clades 2 and 4, and GCs encoded trans-2,3-dihydro-3-hydroxyanthranilate isomerase [EC:5.3.3.17] in “Biosynthesis of other bacterial compounds (I5)” were gained in sub-clades 1 and 5 but lost in other sub-clades. In more details, glycine/D-amino acid oxidase (deaminating) (dadA) (PDB:3AWI) and acyl-CoA reductase or other NAD-dependent aldehyde dehydrogenase (adhE) (PDB:1A4S), both of which can use putrescine to produce GABA (M00136), were gained in the sub-clades 1 and 3; and genes (rfbB, rfbC, rfbD, and rmlA1) involved in the biosynthesis of the dTDP-L-rhamnose (M00793) were lost in the sub-clade4 (Figure S6).




Figure 7 | COG and KEGG annotation of gene clusters (GCs) for each Halioticoli clade species. (A) Numbers of GCs for each COG functional category. (B) Presence and absence of each KEGG category. Numbers of GCs for each KEGG category please refer to Figure S5. Abbreviations for COG and KEGG categories are represented as Figure 5. The Abbreviations for the Halioticoli clade species are represented as Figure 4.





More Abundant CAZy Were Predicted in the Planktonic Species

Carbohydrate-Active enZYmes (CAZy) were predicted for each genome to describe the catalytic modules (enzymes) encoded in these genomes. Generally, each genome of the Halioticoli clade species contained 4 main enzymes classes: Carbohydrate Esterases (CEs), Glycoside Hydrolases (GHs), GlycosylTransferases (GTs), and Polysaccharide Lyases (PLs); and one associated module: Carbohydrate-Binding Modules (CBMs); only some of them contained few Auxiliary Activities (AAs) class enzymes (Figure 8E). Among them, Sub-clade 5 (V. ishigakensis) had the most CAZy (120), followed by sub-clade 1 (95-109), as a result of the abundance of GHs in these sub-clades (Figure 8A). Meanwhile, kinds of polysaccharide lyases (PL6, PL7, PL15, and P17) involved in alginate degradation were found enriched in the Halioticoli clade species, while V. ishigakensis had fewer numbers (15) than most symbiotic species (19-21) (Figure 8C). Compared to the planktonic sub-clade, symbiotic sub-clades showed higher ability on alginate degradation but with different advantages, which is a higher capacity of intracellular degradation (PL15 and PL17) in sub-clade 1, but a higher capacity of extracellular degradation (PL6 and PL7) in sub-clade 2 and 3.These finds indicate that V. ishigakensis obtained a powerful ability for degrading diverse glycosidic bonds but became weaker in degrading polysaccharides during the evolution from the gut environment to the planktonic environment.




Figure 8 | The numbers of Carbohydrate-active enzyme (CAZy) predicted in each Halioticoli clade species, annotated by dbCAN2 meta server. (A) Glycoside Hydrolases (GH), (B) GlycosylTransferases (GT), (C) Polysaccharide Lyases (PL), (D) Carbohydrate-Binding Modules (CBM), and (E) The total CAZy numbers. Abbreviations for the Halioticoli clade species are represented as Figure 4.






Discussion

Ten species in the Halioticoli clade, including the first described species of V. halioticoli (Sawabe et al., 1998) and the most recently described one of V. ishigakensis (Gao et al., 2016), have been found to date, making the clade robust in the family Vibrionaceae (Jiang et al., 2022). However, the evolutionary history of them remains unknown due to the lack of complete genome sequence comparisons. We succeeded in getting all complete genomes, and it showed that all of them were composed of two chromosomes while part of them with one additional plasmid, in which, the planktonic species, V. ishigakensis had the biggest genome size and highest GC content (Table 2). On the basis of the genome sequences, phylogenetic analyses using three methods all clearly showed the five evolutionary directions (Figures 2, S1). V. gallicus were deeply branched, followed to V. ishigakensis in this clade.

Comparative genomic analyses have been widely employed to explore the diversity, evolution, and chromosomal dynamics between given genomes, such as Methylophilaceae (Jimenez-Infante et al., 2016), Salinivibrio (de la Haba et al., 2019), and Erysipelothrix (Grazziotin et al., 2021). Here, we utilized the complete genomes of Halioticoli clade species to construct a circular map of nucleotide identity comparison and a linear synteny comparison for both chromosomes (Chr. 1 and Chr. 2). As with previous studies (Okada et al., 2005; Kirkup et al., 2010), the results showed that the structure of Chr. 1 was more stable and conserved than Chr. 2 during the evolution (more gaps could be found), and it was more evident in the intra-subclades species than inter-subclades species (Figure 3). This may be explained by the mutations, rearrangements or horizontal gene transfer (HGT) of genomes, in which, HGT is an important mechanism for the evolution of microbial genomes, enabling the bacteria to adapt to the environment (Dobrindt et al., 2004). A significant part of the HGT has been facilitated by genomic islands (GEIs), which plays an important role in promoting the adaptive evolution of commensal, symbiotic and environmental bacteria (Dobrindt et al., 2004; Juhas et al., 2009). Results showed that V. gallicus contained the least number of GEIs. The numbers of GEIs predicted on Chr. 2 were higher than those on Chr. 1 in most species while the opposite occurred in the sub-clade 2 species (Figure S3A). Besides, although the HGT of GEIs was predicted from accessory genes, some genes/proteins could be found shared in the same sub-clade species, such as pectin degradation protein KdgF (kdgF) in sub-clade 1 and DNA methyltransferase (hsdM) in sub-clade 2. We also searched transposase and integrase as presence of HGT events, transposase related genes were significantly abundant (Figure S3B). In which, except of the one integrase/recombinase xerC and xerD were found shared on the Chr. 1 of core-genomes, the other transposase and integrase related genes were distributed among the accessory and specific genomes.

In this study, we also estimated the COG function and reconstructed the metabolism pathway for each species genome, core/accessory genomes, and species-specific genomes. The function and metabolism structures were shared in the whole genome of each halioticoli clade species and their core-genome (Figure S4), but diverged in the accessory-genome and species-specific genomes (Figure 5). According to the reconstruction of metabolism pathways using KEGG database, most of the genes were involved in the carbohydrate and amino acid metabolisms. Moreover, there was a significant detection in the cofactor and vitamin metabolism by V. rarus-specific genomes, due to the related genes of cobalamin/B12 biosynthesis. Furthermore, the enrichment scores of metabolism pathway modules between different groups showed that almost all enriched pathway modules in the planktonic group (sub-clade 5, V. ishigakensis) were shared with other groups, except the D-galactonate degradation (M00552) was enriched exclusively in itself and was the most enriched module (Figure 6). This module has been reported involved in the catabolism of carrageenan, which is one of main components of red algal cell walls (Gobet et al., 2018; Schultz-Johansen et al., 2018). For the symbiotic group, most enriched modules were detected in the sub-clade 1, and subclade-specific enriched modules could be found as well, for example, GABA (γ-aminobutyrate) shunt (M00027) in sub-clade 1 and cobalamin biosynthesis (M00122 and M00924) in sub-clade 3 (V. rarus). The γ-aminobutyrate (GABA) shunt is a metabolic pathway that bypasses two steps of the tricarboxylic-acid (TCA) cycle to produce succinate, as an alternative route in plants and mammals, while it has not been extensively studied in bacteria but is thought to play a role in glutamate metabolism, anaplerosis, and antioxidant defense (Bouche et al., 2003; Feehily et al., 2013). In addition, GABA has also been found abundant in many algae species (Belghit et al., 2017), the enrichment of related modules could be caused by algae associations in the gut of algae-eating animals.

Prediction of Carbohydrate-Active enZYmes (CAZy) showed a subclade-based grouping as well. V. ishigakensis contained the most CAZy, which was due to the abundance of GHs (Figure 8). The significant presence (19) of GH13, which is a main α-amylase family (van der Maarel et al., 2002; Janeček and Zámocká, 2020), was likely responsible for the diversity and abundance of carbohydrate metabolisms detected above for V. ishigakensis. Sub-clade 1 and 5 species are likely capable of utilizing a variety of β-glucans, which are an important group of glucose-based polysaccharides composed of β-glycosidic bonds found primarily in algal cell walls (Corzett et al., 2018), due to the possesses of enzymes identified in GH3 and GH16. We also found other enzymes involved in algal carbohydrates (Mann et al., 2013) exclusively in these two sub-clades, including GH 36 and GH43, which is related to breaking down carrageenans/carbohydrates and cell wall-degrading, respectively (Tang et al., 2017). Furthermore, genes encoding alginate degrading enzymes (aly), classified into PL6, PL7, PL15, and PL17 were commonly found in the genomes of Halioticoli clade species, but the number in V. ishigakensis was relatively smaller. A similar signature of GH and PL CAZy has been described in V. breoganii, indicating the evolution of specialization for macroalgal substrates (Corzett et al., 2018). As a result of the above results, it appears that all species of sub-clade 1 have evolved to specialize in macroalgae, which could function as alternative sources for bioenergy production using macroalgae. In addition, chitin utilization is a conservative function in the family Vibrionaceae except for V. breoganii (Hunt et al., 2008; Corzett et al., 2018), but it has not been mentioned in other Halioticoli clade species. In our study, same as V. breoganii, members of sub-clade 1, sub-clade 3, and sub-clade 4 lacked any domain of GH18, GH19, GH116, and GH129, or motif of CBM5, CBM14, and CBM73, which are implicated in chitin utilization (Figure S7). However, two chitinase (ChiA, GH18 family), one chitodextrinase (GH19) and one motif (CBM73) were found distributed among the members of sub-clade 2. These results indicate that species of sub-clade 2 were likely to be able to utilize chitin while that of sub-clade 1, sub-clade 3, and sub-clade 4 were not.



Conclusion

In this study, the first pan-genomic analysis of the Halioticoli clade was completed thanks to the complete genomes of the type strains of this clade. The results obtained regarding the phylogenetic analysis and pan-genome analysis, as well as function and metabolism estimation, will help us to elucidate the evolutionary processes of these species from symbiotic to planktonic lifestyle. It appears that genome expansion encoding more carbohydrate metabolism occurred during symbiotic as a gut-living to free-living environments, planktonic species acquired more abilities to utilize a variety of carbohydrates for surviving in the environment while symbiotic species were evolved to specialize in macroalgae utilization. These generic backbones could contribute to developing bioenergy potential using macroalgae as biocatalysts.
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Supplementary Figure 1 | The concatenated split network based on nucleotide sequences of eight housekeeping genes retrieved from 191 Vibrionaceae species. The ftsZ, gapA, gyrB, mreB, pyrH, recA, rpoA, and topA gene sequences were concatenated and the tree was reconstructed using the SplitsTree4 ver. 4.14.8. Sequence data was obtained from Jiang et al., 2022.

Supplementary Figure 2 | Genomic synteny plots were analyzed using Artemis Comparison Tool. Gray lines indicate each genome size. Red bars indicate the conserved genomic regions, and blue bars indicate genomic inversions.

Supplementary Figure 3 | (A) The numbers of Genomic island (GEI) predicted of both chromosomes in each Halioticoli clade species, annotated by IslandViewer 4. (B) The numbers of transposase and integrase related genes predicted in each Halioticoli clade species. Abbreviations for the Halioticoli clade species are represented as Bre, V. breoganii CAIM 1829T; Com, V. comitans LMG 23416T; Ezu, V. ezurae JCM 21522T; Gal, V. gallicus LMG 21878T; Hal, V. halioticoli IAM 14596T; Inu, V. inusitatus LMG 23434T; Ish, V. ishigakensis JCM 19231T; Neo, V. neonatus JCM 21521T; Rar, V. rarus LMG 23674T; and Sup, V. superstes JCM 21480T.

Supplementary Figure 4 | Distribution of (A) COG20 function and (B) KEGG metabolism predication across the accessory-genome, core-genome, and each complete genome of Halioticoli clade species. Abbreviations for the Halioticoli clade species are represented as Bre, V. breoganii CAIM 1829T; Com, V. comitans LMG 23416T; Ezu, V. ezurae JCM 21522T; Gal, V. gallicus LMG 21878T; Hal, V. halioticoli IAM 14596T; Inu, V. inusitatus LMG 23434T; Ish, V. ishigakensis JCM 19231T; Neo, V. neonatus JCM 21521T; Rar, V. rarus LMG 23674T; and Sup, V. superstes JCM 21480T.

Supplementary Figure 5 | Numbers of gene clusters (GCs) for each KEGG category. The Abbreviations for the Halioticoli clade species are represented as Bre, V. breoganii CAIM 1829T; Com, V. comitans LMG 23416T; Ezu, V. ezurae JCM 21522T; Gal, V. gallicus LMG 21878T; Hal, V. halioticoli IAM 14596T; Inu, V. inusitatus LMG 23434T; Ish, V. ishigakensis JCM 19231T; Neo, V. neonatus JCM 21521T; Rar, V. rarus LMG 23674T; and Sup, V. superstes JCM 21480T.

Supplementary Figure 6 | Gene loci mapping of Halioticoli clade. (A) Circular map of CDS comparison between all genomes against V. ishigakensis JCM 19231T, performed by CGView Server (cgview.ca). (B) Gene loci of gained or lost gene clusters.

Supplementary Figure 7 | Prediction of chitin utilization related genes in each Halioticoli clade species. Abbreviations for the Halioticoli clade species are represented as Bre, V. breoganii CAIM 1829T; Com, V. comitans LMG 23416T; Ezu, V. ezurae JCM 21522T; Gal, V. gallicus LMG 21878T; Hal, V. halioticoli IAM 14596T; Inu, V. inusitatus LMG 23434T; Ish, V. ishigakensis JCM 19231T; Neo, V. neonatus JCM 21521T; Rar, V. rarus LMG 23674T; and Sup, V. superstes JCM 21480T. Members of sub-clade 1, sub-clade 3, and sub-clade 4 lacked any domain of GH18, GH19, GH116, and GH129, or motif of CBM5, CBM14, and CBM73, which are implicated in chitin utilization.
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Reef-building corals are invertebrate animals that associate with diverse microorganisms, including Symbiodiniaceae, bacteria, fungi, and archaea. This symbiotic consortium, called the holobiont, is a dynamic system and rapidly responds to environmental temperatures. At present, the effects of temperature on bacteria-bacteria interactions in the coral-associated bacterial community are not clear. Antagonism is considered one of the potential structuring forces in coral microbial communities. Here, we examined the antagonistic interactions among 32 coral-associated bacteria and the physiological and biochemical characteristics of these isolates at different temperatures. The results showed that the antagonism breadth (i.e. the total number of antagonistic interactions) increased but antagonism intensity (i.e. the size of the inhibition zone) decreased at 32°C. The antagonistic interaction network was nested and sender-determined both at 25°C and 32°C, suggesting that the competition networks of coral-associated bacteria were more influenced by the antagonist strains than sensitive strains. Furthermore, we found that the elevated temperature increased the complexity of the antagonistic network. By evaluating the correlations between antagonism and the phylogenetic and phenotypic distances, we demonstrated that the antagonism probability correlated with the phylogenetic distance rather than phenotypic distance. Moreover, the antagonist strains have a wider metabolic niche space, i.e., grew on more carbon sources, than the antagonized strains at 25°C, while there was no difference at 32°C, suggesting the trade-off between antagonism and resource exploitation shifted in the antagonistic interactions under the higher temperature. These findings will be helpful for understanding the bacterial interactions in coral holobionts and the assembly of bacterial community in altered environments, especially under heat stress.
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Introduction

Reef-building corals associate with dinoflagellates within Symbiodiniaceae and other groups of microorganisms, such as fungi, bacteria, archaea, and viruses, that inhabit the coral tissue, mucus, gastro-vascular cavity, and skeleton (Rohwer et al., 2002; van Oppen and Blackall, 2019). The coral-associated microbiome is highly dynamic, the structure and composition of which can rapidly change with environmental conditions, such as temperature, pH, and eutrophication (Meron et al., 2012; Jessen et al., 2013; Pootakham et al., 2018). Previous studies have shown that coral-associated bacteria play an essential role in coral health, including translocating fixed nitrogen (Olson et al., 2009), preventing infection with pathogens (Nissimov et al., 2009; Rypien et al., 2010), and inducing coral larval settlement and metamorphosis (Negri et al., 2001; Tebben et al., 2011). Coral-associated bacteria could act as a defense barrier against pathogenic microbes to facilitate homeostasis and contribute to the survival of the coral holobiont (Glasl et al., 2016) through antibiotics production, living space occupation, and nutrients competition (Rohwer and Kelley, 2004).

Global coral reef ecosystems are threatened by climate change (e.g., increasing seawater temperatures, ocean acidification, and more frequent tropical storms) and direct anthropogenic pressure (e.g., pollution, over-exploitation, and eutrophication). According to records, the scale, frequency and intensity of coral bleaching events are increased caused by anthropogenic global warming, which leads to coral morbidity and mortality and has substantially decimated coral reefs (Hughes et al., 2017; Hughes et al., 2018; Sully et al., 2019). Notably, heat stress changes the community structures of coral-associated bacteria (Ainsworth and Hoegh-Guldberg, 2009; Littman et al., 2010; Littman et al., 2011; Lee et al., 2015; Tout et al., 2015; Ziegler et al., 2017; Grottoli et al., 2018; Li et al., 2021), and the abundances of potential pathogens subsequently increase (Littman et al., 2010; Littman et al., 2011; Tout et al., 2015). In addition, coral-associated bacterial communities may contribute to the thermal resilience of the coral host (Littman et al., 2010; Ziegler et al., 2017; Grottoli et al., 2018; Epstein et al., 2019; Li et al., 2021), suggesting that adaptation through changes in bacterial communities may constitute different possible mechanisms for counteracting adverse environmental effects (Ziegler et al., 2017). However, the mechanism of coral-associated bacterial assembly has not been well elucidated (Zhang et al., 2021). Antagonism among bacteria has been considered one of the potential structuring forces in microbial communities (Vetsigian et al., 2011; Perez-Gutierrez et al., 2013; Garcia-Bayona and Comstock, 2018), while it has rarely been investigated in coral holobionts, especially through experimental tests based on pure cultures (Long et al., 2005; Rypien et al., 2010). Additionally, the correlation between antagonism and phenotypical properties of coral-associated bacteria has not been studied.

The competition-relatedness hypothesis proposed by Darwin over 150 years ago (Darwin, 1859) is that phylogenetically closely related species are more likely to compete strongly than distantly associated species due to their functional similarity. This hypothesis has been proven (e.g., in oak, trees, and bacteria) (Cavender-Bares et al., 2004; Kunstler et al., 2016; Russel et al., 2017) or denied (e.g., in vascular plants and green algae) (Cahill et al., 2008; Venail et al., 2014; Alexandrou et al., 2015) according to researches on various subjects. Case and Gilpin (1974) hypothesized a trade-off between interference competition (i.e., antagonism) and resource exploitation efficiency. Russel et al. (2017) further speculated that antagonists were generalists, and there is a trade-off between specializing in exploiting few resources efficiently or growing on many resources and antagonizing the specialists. To test whether the antagonistic interactions occurred among the coral-associated bacteria satisfy these hypotheses, we investigated the antagonisms among 30 bacteria isolated from the tissue of coral Pocillopora damicornis and two pathogenic vibrions and the physiological and biochemical characteristics of these isolates at different temperatures. On the basis of these results, we analyzed the correlations between antagonism and phenotypic and phylogenetic characteristics, the trade-off between antagonism and resource exploitation, and the effects of temperature on the antagonistic interaction network. This study will help understand the bacterial interactions in coral holobionts and the assembly of bacterial community under altered environments.



Materials and Methods


Antagonistic Interaction Assays

Bacterial strains used in this study (Table S1) were mainly isolated from the tissue of the healthy coral P. damicornis, with strains Vibrio mediterranei DSM 13774 and Vibrio coralliilyticus DSM 19607 isolated from the bleached corals Oculina patagonica (Kushmaro et al., 1996) and P. damicornis (Ben-Haim and Rosenberg, 2002), respectively. Strains DSM 13774 and DSM 19607 were provided by DSMZ (German Collection of Microorganisms and Cell Cultures). Antagonistic interactions were tested on marine agar 2216 (MA; BD; Becton, Dickinson and Company) using Burkholder diffusion assays (Burkholder et al., 1966). Each isolate was streaked from the -80°C glycerol stock on MA, and a single colony was then transferred to 6 ml of marine broth 2216 (MB; Becton, Dickinson and Co.) and shaken at 25°C for 24 h. The OD600 was measured for each isolate before starting the assay using spectrophotometer (TU-1810, Persee General Instrument co., LTD, Beijing). Ten milliliters of top lawn bacteria (1 ml of bacterial culture added to 100 ml MA with 0.6% [w/v] agar, gently mixed) was poured on a sterile MA (with 1.5% agar) petri dish plate. The lawn was allowed to cool, and then 10 μl of each producer isolate was spotted onto the agar in petri dish plates (12 cm×12 cm). Control producer spots consisted of 10 μl of marine broth. Plates were incubated at 25°C and 32°C for 48 h, respectively, and then imaged. Antagonism was considered to occur when the semidiameter of the zone of inhibition was at least 0.4 mm greater than the semidiameter of the colony formed by the potential producer. This size of inhibition was chosen because it represents a spatial scale relevant to bacterial interactions (Long and Azam, 2001). The semidiameters of the inhibition halo and colony were measured by digital imaging software (ImageJ, NIH), and the decimal places were set to 3 in Set Measurements of ImageJ software. We tested the antagonistic interactions of 32 isolates in pairs, and the experiment was 32×32 (1024) times. Each experiment was carried out in 3 replicates. There are fourteen antagonistic interactions with ambiguous results that were re-verified with 3 replicates.



Assessment of Phenotypic Fingerprint

The phenotypic fingerprint of each isolate, including 71 carbon source utilization assays and 23 chemical sensitivity assays (the detailed assays were presented in Table S2), was tested by using BIOLOG GEN III MicroPlate (Biolog Inc.). Isolates were cultured for three days on MA at 25°C, a single fresh colony was then picked and dispersed in the modified inoculating fluid A (Biolog Inc.) with increasing salinity to 30‰ for maintaining the osmotic pressure as the salinity of culture medium MA was approximately 30 ‰, and the turbidity of the suspension was 92-95%T. The cell suspension was inoculated into the GENIII MicroPlate (100 μl per well) and incubated at 25°C and 32°C respectively. Color reactions in the microplate wells were determined using the Biolog Microbial Identification System, MicroStation Reader (Biolog Inc., ELx808BLG, USA) with absorbance measured at 590 nm every 24 h for a total duration of 7 days. The “borderline” value was scored as positive if the value of absorbance was higher than that of the negative control.



Phylogenetical and Statistical Analyses

For each interaction pair of coral-associated bacteria, one antagonistic pair was defined by the inhibition value in three statuses: x=1 if isolate A inhibited B, y=1 if B inhibited A or if both x and y were 1, which means reciprocal inhibition. If both x and y were zero, which means no inhibition occurred. A phylogenetic tree was constructed based on 16S rRNA gene sequences using the neighbor-joining method with MEGA X (Kumar et al., 2018), and the best DNA model Tamura-Nei was used. Topologies of the phylogenetic trees were evaluated using the bootstrap method with 1000 resamplings. Pairwise phylogenetic distances were calculated using the Tamura-Nei model with MEGA X (Kumar et al., 2018). Phenotypic dissimilarity was quantified by calculating the Jaccard distance according to the results of the GEN III MicroPlate tests. Correlations between antagonism and the phylogenetic and phenotypic distances were evaluated with logistic regression (glm, binomial family). To infer whether the correlation between antagonism and the phenotypic distances was confounded by the correlation between the phylogenetic and phenotypic distances, linear regression for phenotypic distance with phylogenetic distance was performed. The residuals (the variation was not explained by phylogenetic distance) were then used as independent variables in the logistic regressions (Russel et al., 2017). These analyses were performed using R version 4.0.1 (R Core Team, 2020).



Network Analysis

The interaction frequency was calculated as the number of antagonistic interactions observed divided by the number of total possible antagonistic interactions determined by the number of strains tested (Vetsigian et al., 2011). Sender-receiver asymmetry, which represents whether the network is more determined by the sender or receiver strains on average, was evaluated by comparing the variance of the sender and receiver degrees (Vetsigian et al., 2011; Perez-Gutierrez et al., 2013). The sender degree of one isolate means the number of isolates it inhibits, and the receiver degree represents the number of isolates that inhibit the isolate (Perez-Gutierrez et al., 2013). The network diameter, the longest path connecting any two strains (Newman, 2003), was calculated using the network analyzer tool implemented in Cytoscape v3.8.0 (Shannon et al., 2003). Nestedness, a property of the interaction network, was calculated as defined by Bascompte and colleagues (Bascompte et al., 2003) using the algorithm implemented in BINMATNEST (binary matrix nestedness temperature calculator) (Rodriguez-Girones and Santamaria, 2006). Antagonistic interaction networks among coral-associated bacteria were visualized with yFiles, a hierarchical layout option of Cytoscape v3.8.0 (Shannon et al., 2003). The “nodes” represent strains in the networks, and the “edges” depict directed antagonistic interactions. The connectivity of a network is the total number of interactions (Landi et al., 2018), represented by the total number of edges in this study. The width of the “edges” was multiple enlarged based on the intensity value (i.e., the size of the inhibition zone) among the antagonism interactions. The size of the “nodes” was enlarged according to the total number of sender and receiver degrees.




Results


Alterations in Physiological and Biochemical Characteristics at Different Temperatures

Comparing the phenotypic fingerprints of each isolate at 25°C and 32°C, we found that the physiological and biochemical characteristics of most strains varied at different temperatures except Marimonas sp. SCSIO 12655 and Halioglobus sp. SCSIO 12614 (Figure 1). Microbacterium sp. SCSIO 12466 showed the highest number of variations with 20 tested characteristics due to increased temperature (Figure 1 and Table S1). In contrast, Erythrobacter sp. SCSIO 12564 showed only one varied characteristic (i.e. resistance to minocycline), and the tested phenotypical characteristics of strains Halioglobus sp. SCSIO 12614 and Marimonas sp. SCSIO 12655 were not affected by the increasing temperature (Figure 1 and Table S1). According to the total number of positive tests, more kinds of sugar and amino acids could be utilized at the higher temperature (Figure S1). α-D-glucose and L-glutamic acid were commonly utilized at low temperature (Figure S1), while α-D-glucose, L-alanine and L-glutamic acid were commonly utilized at high temperature (Figure S1). In addition, the resistance of five antibiotics (Troleandomycin, Rifamycin SV, Minocycline, Lincomycin, Vancomycin) had no change under the evaluated temperature (Figure S1).




Figure 1 | Phenotypic fingerprints of the coral-associated isolates at 25°C and 32°C. The pink (red) square of the heat map indicates that the phenotypic test is positive at 25°C (32°C). The white square of the heat map indicates that the phenotypic test is negative at 25°C and 32°C. Seventy-one carbon sources (A) plus 23 chemical sensitivity assays (B) were listed on the top of the heatmap. Isolates listed on the left side were ordered by taxa name. The categories of physiological and biochemical characteristics are shown at the bottom. The number of positive tests and the sum for each row were presented on the right side of the heatmap.





Variation of Antagonistic Interactions at Different Temperatures

Twenty out of the 32 isolates inhibited at least one isolate (Table 1 and Figure 2). Ten of the twelve strains belonging to Rhodobacteraceae showed antagonistic activities (Table 1). Among them, strain SCSIO 12563 presented the strongest antagonistic activity that inhibited 19 (25°C) or 18 (32°C) strains belonging to various taxonomic groups (Table 1 and Figure 2). Seven isolates (Epibacterium sp. SCSIO 12563, Bacterioplanoides sp. SCSIO 12839, Ruegeria sp. SCSIO 12669, Roseovarius sp. SCSIO 12450, Roseovarius sp. SCSIO 12626, Mycolicibacterium sp. SCSIO 12476, Gordonia sp. SCSIO 12652) were not inhibited by any isolates at either 25°C or 32°C (Figure 2). In addition, strain Microbacterium sp. SCSIO 12466 showed autoinhibition (Figure 2).


Table 1 | Inhibitory activity of coral-associated bacteria.






Figure 2 | Heat map of the antagonistic interactions among the coral-associated bacteria integrated with a phylogenetic tree. Isolates listed on the top of the heatmap are producers, and those listed on the left side are inhibited. Colors of the strains numbers represent the taxonomic information at the family level. The number of antagonistic interactions and the sum for each row were presented on the right side of the heatmap. Pink and red blocks indicate antagonism at 25°C and 32°C, respectively. The gray block represents antagonism at both temperatures.



V. mediterranei DSM 13774 was inhibited by strain Epibacterium sp. SCSIO 12563 at both 25°C and 32°C (Tables 1, S3 and Figure 2). The growth of V. coralliilyticus DSM 19607 was inhibited by strain Marimonas sp. SCSIO 12655 at 25°C (Tables 1, S4 and Figure 2). V. mediterranei DSM 13774 did not inhibit any isolate growth, while V. coralliilyticus DSM 19607 inhibited Marinobacter sp. SCSIO 12456 at both 25°C and 32°C (Tables 1, S5 and Figure 2).

The total number of antagonistic interactions at 32°C was approximately 20% higher than that at 25°C (Figure S2). Twenty-one antagonistic interactions occurred only at higher temperature (32°C), while 8 occurred only at 25°C (Figure 2 and Table S4). At the level of order or class, the mean number of inhibited isolates increased at higher temperature for producers belonging to Rhodobacterales, Sphingomonadales, Rhizobiales, and Actinobacteria (Figure S3). At the level of strain, Ruegeria sp. SCSIO 12571, Cognatiyoonia sp. SCSIO 12602, Roseovarius sp. SCSIO 12654, Marimonas sp. SCSIO 12655, Altererythrobacter sp. SCSIO 12686, and Janibacter sp. SCSIO 12652 was able to inhibit more isolates with increasing temperature (Figure 2). These results indicated that more antagonistic interactions occurred at the higher temperature. Additionally, among the antagonistic interactions that occurred at both 25 and 32°C (Tables S3 and S5), most of them (62.2%) showed compromised inhibition activities at 32°C, while three strains (Epibacterium sp. SCSIO 12563, Marimonas sp. SCSIO 12655, and Microbacterium sp. SCSIO 12466) showed significantly increased inhibition activities (Table S5).



Effects of Elevated Temperature on Antagonistic Interactions Network

We further compared the structures of the antagonistic interaction networks at different temperatures (Figure 3), and found that the number of nodes increased by 1, and the number of edges increased by 28% at higher temperature (Figure 3 and Table S6). Additionally, the interaction frequency increased at 32°C (25°C, 0.04 and 32°C, 0.06) (Table 2). The value of sender-receiver asymmetry was negative at 25°C (-0.22) and 32°C (-0.15), indicating that the interaction matrix was sender-determined and temperature independent (Table 2). The values of nestedness, a vital descriptor of ecological network architecture (Landi et al., 2018), showed that the antagonistic network was significantly nested at both temperatures (Table 2; P < 0.00001 both at 25°C and 32°C). To test the relation between sender degree and receiver degree at different temperatures, we depicted their antagonistic interaction using a heatmap (Figure S4). The nested heatmap results showed that the antagonists were highly resistant, while the inhibited strains were unlikely to antagonize other strains (Figure S4).




Figure 3 | The antagonistic interaction network included antagonistic pairs and intensity at 25°C (A) and 32°C (B). The “edges” depict directed inhibitory interactions, and the “nodes” represent strains. The size of the “edges” shows the intensity of the interactions. The size of the “nodes” represents the total number of degrees, including sender degrees and receiver degrees. The code of each isolate was included in Table S1. Colors of the nodes represent the taxonomic information of isolates at the order level.




Table 2 | Antagonism network parameters under different temperatures.





The Correlation Between Antagonism Probability and Phylogenetic and Phenotypic Distance

Among the 496 antagonistic test pairs (pairs of tested strains), we found that the antagonistic probability increased with decreasing 16S rRNA gene phylogenetic distance (Figures 4A, B). Furthermore, the correlation between antagonistic probability and phylogenetic distance was stronger at higher temperature (25°C, P = 0.028, pseudo-R2 = 0.021; 32°C, P = 0.020, pseudo-R2 = 0.021; logistic regression used throughout unless otherwise noted) (Figures 4A, B).




Figure 4 | The correlation between inhibition probability and the phylogenetic (A, B) and phenotypic distances (C, D) at 25°C (A, C) and 32°C (B, D). The probability of inhibition increased with decreasing phylogenetic distance. The red line is a logistic regression, and the gray shaded area denotes the 95% confidence interval (A, 25°C, P = 0.0284, pseudo-R2 = 0.021; B, 32°C, P = 0.020; pseudo-R2 = 0.021; C, 25°C, P = 0.891; D, 32°C, P = 0.775, n = 496).



To further assess whether the correlation between antagonism and phylogeny was driven by the metabolic niche space of individual isolates, the correlation between antagonism probability and phenotypic distance (calculated on the basis of the dissimilarity of the phenotypic fingerprints) was evaluated. There was no correlation between antagonism and phenotypic distances (25°C, P = 0.885; 32°C, P = 0.891) (Figures 4C, D). As the phylogenetic distance correlated with the phenotypic distance at both 25°C and 32°C (25°C, P < 0.01; 32°C, P < 0.05) (Figure S5), we also analyzed the correlation between antagonism probability and phenotypic distance by using the residuals from the linear regression for phenotypic distance with the phylogenetic distances. The results showed that antagonism did not correlate with phenotypic distances at either 25°C or 32°C (25°C, P = 0.510; 32°C, P = 0.908) (Figure S6).



The Trade-Off Between Antagonism and Resource Exploitation at Different Temperatures

In order to investigate the trade-off between antagonism and resource exploitation, we tested whether the antagonist had a wider metabolic niche space (growth on the 71 carbon sources of the Biolog GENIII MicroPlate) for each antagonistic interaction, and compared it to the non-antagonistic interactions. We found that the antagonists tended to have a wider metabolic niche space, i.e., grew on more carbon sources than the antagonized strains at 25°C (Fisher’s exact test, odds ratio = 2.064, P = 0.028), but not at 32°C (odds ratio = 0.825, P = 0.498) (Figure 5).




Figure 5 | Fisher test of the trade-off in antagonistic interactions at 25°C (A) and 32°C (B). The log2 ratios between the number of carbon source utilized by the antagonists compared with the antagonized are larger than 0 when antagonism was observed (P = 0.052, n = 44), but not different from 0 for the non-antagonistic interactions (P = 0.999, n = 948) at 25°C (A); however, no differences from 0 for all interactions at 32°C (B) (antagonism: P = 0.881, n = 57; no antagonism: P = 0.981, n = 935). One autoinhibition pair was removed. P values are one-tailed tests of whether medians are larger than 0 estimated from 1,000 bootstrap realizations. Points are medians, and error bars are 90% bootstrapped confidence limits of the medians (equivalent to a 5% one-tailed test of the median).






Discussion

It is generally recognized that bacterial communities associated with corals alter under heat stress (Ziegler et al., 2017; Grottoli et al., 2018; Li et al., 2021), while the biotic interactions and their role in community assembly have not been elucidated. Here, through investigating the antagonism among coral-associated bacteria under different temperatures, we uncovered the alterations of antagonistic interactions due to the increased temperature and the correlation with genetic relationships and metabolic capabilities and hypothesized an association between bacterial antagonism interactions and community assembly in the coral holobiont.


Temperature Affects Antagonistic Interactions of Coral-Associated Bacteria

The results obtained in this study and reported previously indicated that antagonism was a common phenomenon in the coral-associated bacterial community, and temperature distinctly altered the breadth and intensity of antagonistic interactions (Rypien et al., 2010; Aguirre-von-Wobeser et al., 2014; Tang et al., 2019). The intensity of most antagonistic interactions decreased at higher temperature, which is consistent with previous results (Rypien et al., 2010). In contrast to the findings of Rypien et al. (2010), more antagonistic interactions occurred at higher temperature in this study, suggesting that the breadth of antagonism increased with increasing temperature. Previous studies showed that 6% or 12% of tested isolates were able to inhibit V. mediterranei (Nissimov et al., 2009; Rypien et al., 2010), and 3% or 10% were able to inhibit V. coralliilyticus (Rypien et al., 2010; Miura et al., 2019; Tang et al., 2019). Results of this study showed that strain Epibacterium sp. SCSIO 12563 inhibited the growth of V. mediterranei DSM 13774, and Marimonas sp. SCSIO 12655 inhibited V. coralliilyticus DSM 19607. Those two isolates (SCSIO 12563 and SCSIO 12655) were affiliated to different species in comparison to the antagonists observed in the previous studies (Nissimov et al., 2009; Rypien et al., 2010; Miura et al., 2019; Tang et al., 2019). These results suggest that these two opportunistic vibrion might face a challenging growth environment due to antagonistic interactions in the coral holobiont. Moreover, the growth of V. coralliilyticus DSM 19607 was only inhibited by strain Marimonas sp. SCSIO 12655 at 25°C, while the inhibition was removed at 32°C. The removal of inhibition might contribute to the enrichment of vibrion at higher temperature (Bourne et al., 2008; Frydenborg et al., 2014; Tout et al., 2015; Rajeev et al., 2021) and allow compromising the health of coral host (Gavish et al., 2021).

The antagonistic networks of coral-associated bacteria were sender-determined both at 25 and 32°C, which means that the structures of the networks were more influenced by antagonists than sensitive strains. Furthermore, our results showed that the antagonistic interaction network was significantly nested, with nestedness scores of 0.984 (25°C) and 0.969 (32°C). The highly nested and sender-determined network suggests that the antagonistic interaction network of the coral-associated bacteria community is more determined by antagonists. The nested antagonistic interaction networks were also respectively observed among Gammaproteobacteria in the oligotrophic water environment (Aguirre-von-Wobeser et al., 2014) and Carnobacterium maltaromaticum strains isolated from diverse habitats (e.g., dairy products, diseased fish, and meat products) (Ramia et al., 2020). These results suggested that the nested network is a common feature among bacteria antagonism interactions.

Coral-associated bacterial communities are known to alter in response to increasing seawater temperature (Tout et al., 2015; McDevitt-Irwin et al., 2017; Grottoli et al., 2018; Pootakham et al., 2018; Li et al., 2021). In this study, the antagonistic interaction network was found to be more hierarchical and complex at 32°C than 25°C (Figure 3). The study of Welsh et al. (2016) showed that heat stress decreased the complexity (network edges) of the coral mucus associated bacterial network, and the number of mutual exclusion was decreased in the network at the higher temperature (29-30°C). We should mentioned that the strains used in this study were isolated from coral tissue, while Welsh et al. (2016) investigated the network of bacteria associated with corals mucus. The microbial communities in different compartments of coral holobiont might show distinct networks. Even so, the inconsistent results obtained in this and previous studies highlight the necessity of interpretation of the interactions among coral-associated bacteria on the basis of both wet lab and dry lab results. The interactions among culturable strains could be experimentally investigated, while these results may not be enough for comprehensively understanding the interactions in the whole coral-associated bacterial community. On the other side, although the co-occurrence network constructed based on the relative abundances acquired through culture-independent analyses provides information for the whole bacterial community, it needs more cautions in interpreting the interactions presented in the co-occurrence network (Blanchet et al., 2020).

Competition (including antagonism) is considered one of the factors in community assembly (Perez-Gutierrez et al., 2013; Rocha et al., 2015; Zapien-Campos et al., 2015; Garcia-Bayona and Comstock, 2018). We hypothesize accordingly that the alteration of antagonistic interactions due to increased temperature is one of the processes that governs the assembly of coral-associated bacterial community, and encourage verifying it in combination with studies on natural communities.



Antagonism Correlates With Phylogenetic Rather Than Phenotypic Distance

Our results showed that closely related bacteria have a higher probability of antagonism than more distantly related bacteria, consistent with previous reports (Russel et al., 2017; Gonzalo et al., 2020). Moreover, we found that the correlation between antagonism and phylogenetic distance was stronger at higher temperature (32°C), implying that phylogenetically similar bacteria are likely to compete more fiercely under heat stress in coral holobionts. In contrast to the results of Russel et al. (2017), antagonism did not significantly correlate with phenotypic distances among coral-associated bacteria in this study, while this was similar to the finding in isolates of Pseudomonas aeruginosa from household drains (Mojesky and Remold, 2020). In the previous studies of both Russel et al. (2017) and Mojesky and Remold (2020), the utilization of 31 carbon sources were tested. These results suggest differential associations between antagonism and physiological and biochemical properties occur in distinct habitats, and phylogenetic similarity might predict the inhibition among bacteria associated with corals. Considering that the limitation in the range of phenotypic characteristics that could be screened using BIOLOG GEN III MicroPlate, expanding the tested index is necessary in the future.



Temperature Affects the Trade-Off Strategy

We investigated whether the antagonizing strains are generalists growing on many resources, and found that antagonists were indeed generalists at 25°C (Figure 5A), growing on ~20-130% more carbon sources than the inhibited strains. This result supports the hypothesis, i.e., the antagonist is also generalist, proposed by Russel et al. (2017). Meanwhile, the findings obtained at 32°C did not support this hypothesis, as the numbers of carbon sources utilized by antagonizing and antagonized strains were similar (Figure 5B). Additionally, more antagonistic interactions occurred due to the increased temperature (Figure S2 and Table S4). These results suggest that temperature significantly affects the trade-off between antagonism and resource exploitation in the antagonistic interactions of coral-associated bacteria. We further speculated that the shift of trade-off is an adaptation to nutrient reduction in bleached coral under thermal stress (Morris et al., 2019; Rädecker et al., 2021).




Conclusion

In this study, we investigated phenotypic fingerprints and antagonistic interactions of 32 coral-associated bacteria at different temperatures. We found that most of the tested strains showed alterations in the phenotypic fingerprints. Additionally, the elevated temperature increased the breadth of antagonism but decreased antagonism intensity among coral-associated bacteria. The complexity of the antagonistic network increased at the higher temperature. Our results showed that antagonism between coral-associated bacteria correlates with their genetic relationship rather than metabolic similarity. Moreover, increased temperature shifted the trade-off between antagonism and resource exploitation in the antagonistic interactions of coral-associated bacteria. The results of this study will be helpful in understanding of coral-associated bacterial interactions, and imply that the antagonistic interactions are involved in the assembly of coral-associated bacterial community.
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Jellyfish and their associated microbes form an ecological unit called the holobiont. Changes in the composition of dominant microbial assemblages may influence the environmental resilience and function of the holobionts. Differentiating the microbial communities from diverse jellyfish is essential for characterizing the functional contributions of microorganisms but has not been fully explored. In this study, based on 16S rRNA gene sequencing, we investigated the composition of microbial communities associated with two Aurelia polyp species (Aurelia coerulea and Aurelia solida) obtained from seven locations, which were maintained under the same environmental conditions. Sequence analysis showed that the genera Sphingomonas, Phyllobacterium, and Ralstonia were the most abundant members of the Aurelia-associated microbial communities and dominated the core microbiome of the Aurelia polyps in this study. Functional prediction revealed that chemoheterotrophy and aerobic chemoheterotrophy, based on the FAPROTAX dataset, were the primary functions of the associated microbes of Aurelia polyps. In addition, the comparison of microbial communities from different Aurelia polyp populations revealed interspecific instead of intraspecific variation, indicating a correlation between the composition of the symbiotic microbiota and genetic background of Aurelia polyps.
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Introduction

Interactions between organisms are factors determining the coexistence of species and maintenance of biodiversity. It is well established that animals act as hosts for multilineage consortia of microbial communities (i.e., bacteria, archaea, eukaryotes, and viruses) (McFall-Ngai et al., 2013), and microbial assemblages are an important factor in the regulation of host biology. Host-associated microbial communities exert nonnegligible forces on physiological metabolism regulation, immune function, and complex host behaviors (Rook et al., 2017). For instance, the gut microbial communities of humans and insects assist in inhibiting the invasion and colonization of pathogenic bacteria and provide essential amino acids and vitamins for the physiological metabolism of hosts (Esser et al., 2019). The intestinal microbial communities of several insects significantly improve the environmental adaptability of hosts (Zhang and Leadbetter, 2012). Therefore, understanding the composition and structure of host-associated microbial communities is important in enabling insights into the functional contributions of microbes to hosts.

The colonization of a symbiotic consortium is influenced by many factors, such as the transmission of microbes from the external environment to hosts (Martinson et al., 2017), among-microbe interactions (Martinson et al., 2017), and ecological drift (Costello et al., 2012). Studies have found obvious dissimilarities between the microbiomes associated with aquatic animals (Stevens and Olson, 2015), amphibians (Walke et al., 2014), and terrestrial animals (Ren et al., 2017) from different regions. Additionally, the hosts act as ecological filters to selectively assemble specific species from the regional species pool based on their requirements and resources (Adair et al., 2020), causing the microbiomes of different species living in the same environment to be significantly different. Likewise, hosts of the same species often retain similarities in their microbial communities across various environmental conditions (Cheng et al., 2020). This retained microbiome, termed the “core microbiome”, may play an important role in supporting the basic physio-chemical metabolism of hosts (Dietz et al., 2020).

As bacterial life had already existed for approximately three billion years when animals first evolved, microbe-animal interactions likely coevolved with the hosts over millions of years (Knoll, 2015). Based on their early appearance on the evolutionary scene, Cnidarians were likely among the first animals to establish associations with microorganisms (Bosch, 2013). The moon jellyfish Aurelia belongs to the phylum Cnidaria (class: Scyphozoa) and is the most common scyphozoan jellyfish in global coastal waters (Dong et al., 2018). The diphasic life cycle of Aurelia alternates between free-living pelagic medusa and sessile benthic polyp phases (Lucas, 2001). The composition and structure of microbial communities associated with the jellyfish Aurelia have been well investigated. Weiland-Braüuer et al. found that the composition of the microbiota associated with Aurelia aurita changed with the compartments of the adult medusae (mucus versus gastric cavity) and the life stages, particularly during the transition from the benthic to the pelagic stages (Weiland-Bräuer et al., 2015). Kramar et al. reported that the composition of Aurelia solida-associated microbial communities changed in relation to the period of the bloom (Kramar et al., 2019). Moreover, the presence of potentially pathogenic bacteria (i.e., Vibrio and Mycoplasmataceae) in the Aurelia-associated microbiome regarded Aurelia as a vector of pathogens (Tinta et al., 2019; Peng et al., 2021).

In the present study, we focused on the polyps of two moon jellyfish species, Aurelia coerulea and A. solida, which were incubated in the same environmental conditions with the same food source for 6 months to explore the relationship between polyps and symbiotic microbes. Aurelia polyp is a suitable model organism for the interaction between microbes and animals because of its simple body construction (basic immune and nervous systems), easy culture in the laboratory, high regeneration output, and short asexual reproduction cycle (Chiaverano and Graham, 2017). Based on the genetic and evolutionary relationships of the species, we hypothesized that the microbial community structure and functional characteristics of the species would vary under the same environmental conditions. In addition, the potential ecological functions of bacterial communities associated with Aurelia polyps were also discussed in the present study.



Materials and Methods


Animal Collection and Culture

The polyps of A. coerulea and A. solida were originally obtained from the laboratory of Agustin Schiariti (Instituto Nacional de Investigación y Desarrollo Pesquero). A. coerulea were collected from the USA, China, Japan, Spain, and France and abbreviated as ACUSA, ACCHI, ACJAP, ACSPA and ACFRA, respectively. A. solida were collected from Israel and Slovenia and abbreviated as ASISR and ASSLO, respectively, as detailed in Table 1. The polyps of the different Aurelia populations were kept separately in tanks. All polyps were cultured at 15°C in ambient fresh seawater with a salinity of 30 practical salinity units and kept on a day:night lighting rhythm of 12:12 h for 6 months of incubation time. Freshly hatched Artemia salnia were fed to the Aurelia polyps as their sole food source once every two days during the incubation period. Homogenization of cultivation conditions was performed to ensure stability and monovariability (i.e., host genotypes) of the symbiotic microbial communities of polyps from different Aurelia species and populations. The polyps were incubated in sterile seawater (0.22-μm filtered) baths for 1 day to clear the digestive system before DNA extraction. Species were identified based on 16S mtRNA pairwise sequence alignment technology.


Table 1 | The native locations of Aurelia polyps.





DNA Extraction and 16S rRNA Gene Amplification Sequencing

Bacterial DNA of Aurelia polyps from 7 populations was isolated using a Wizard genomic DNA purification kit (Promega, Madison, WI, USA) according to the manufacturer’s protocols. Each Aurelia population encompassed 5 replicates (10 polyps each) to yield read libraries sufficient for analysis. PCR amplification of the V4 hypervariable region of the 16S rRNA gene was performed with the primers 515F (5’-GTGCCAGCMGCCGCGGTAA-3’) and 806R (5’-GGACTACHVGGGTWTCTAAT-3’) (Hugerth et al., 2014). All PCRs were carried out in 30 µL reactions with 15 µL of Phusion® High-Fidelity PCR Master Mix (New England Biolabs, USA), 0.2 µM forward and reverse primers, and approximately 10 ng of template DNA. Thermal cycling consisted of initial denaturation at 98°C for 1 min, followed by 30 cycles of denaturation at 98°C for 10 s, annealing at 50°C for 30 s and elongation at 72°C for 30 s, with a final elongation at 72°C for 5 min. PCR products were detected by electrophoresis in a 2% (w/v) agarose gel. PCR amplicons of each sample with bright bands were mixed in equal-density ratios and purified with a GeneJET™ Gel Extraction Kit (Thermo Scientific, USA). Sequencing libraries were generated using an Ion Plus Fragment Library Kit 48 Rxns (Thermo Scientific) following the manufacturer’s recommendations. Then, the library concentration was assessed with a Qubit@ 2.0 Fluorometer (Thermo Scientific). The amplicon libraries were sequenced on the Ion S5™ XL platform at Novogene Bioinformatics Technology Co., Ltd. (Beijing, China).



Sequence Assembly, Quality Control, and Taxonomic Assignment

Single-end reads were assigned to samples based on their unique barcode and truncated by cutting off the barcode and primer sequence. Quality filtering of the raw reads was performed under specific filtering conditions to obtain high-quality clean reads according to the Cutadapt (v1.9.1, http://cutadapt.readthedocs.io/en/stable/) quality control process (Kechin et al., 2017). The reads were compared with the reference database (Silva 132 database, https://www.arb-silva.de/) (Quast et al., 2013) using the UCHIME algorithm (UCHIME algorithm, http://www.drive5.com/usearch/manual/uchime_algo.html) (Edgar et al., 2011) to detect chimera sequences and then the chimera sequences were removed to obtain clean reads (Haas et al., 2011). The singleton and non-target sequences were removed from the analysis.

Sequence analyses were performed using UPARSE software (UPARSE v7.0.100 http://drive5.com/uparse/) (Edgar, 2013). First, sequences with ≥ 97% similarity were assigned to the same operational taxonomic unit (OTU), and a representative sequence for each OTU was screened for further annotation. Then, the Silva 132 database (https://www.arb-silva.de/) (Quast et al., 2013) was used to annotate each representative sequence with taxonomic information based on the Mothur algorithm, and a representative sequence for each OTU was assigned to a taxonomic level using the RDP classifier (Edgar, 2013). Furthermore, multiple sequence alignments were conducted using MUSCLE software (version 3.8.31, http://www.drive5.com/muscle/) (Edgar, 2004) to study the phylogenetic relationships among different OTUs and the divergence in the dominant species among different samples (groups).



Definition of Rare, Conditionally Rare, Abundant, and Core Taxa

Microbial communities normally consist of a few abundant and many rare species (Easson et al., 2020). In this study, the thresholds for rare, conditionally rare, and abundant taxa were defined based on relative sequence abundance cutoffs, with reference to recent publications (Liu et al., 2017). “Rare taxa” were defined as OTUs with a relative sequence abundance < 0.01% in all samples. “Conditionally rare taxa” were defined as OTUs that were rare (relative sequence abundance < 0.01%) in some but not all samples and were never abundant (relative sequence abundance ≥ 1%). “Abundant taxa” were defined as the OTUs that did not fall in either the rare or conditionally rare categories. “Core taxa” was defined as the OTUs present in all Aurelia polyps in this study.



Statistical Analysis and Visualization

The OTU abundance data were normalized corresponding to the sample with the fewest sequences for further analysis of alpha diversity and beta diversity. The Shannon and CHAO1 diversity indices were calculated based on the normalized OTU matrix with QIIME (version 1.7.0) and visualized with the ggplot2 package of R software (version 2.15.3). Nonparametric Kruskal–Wallis tests, nonparametric Mann–Whitney U tests, and t tests were performed to identify significant differences in functional and relative bacterial abundance between different samples. The beta diversity of samples was calculated based on Bray–Curtis dissimilarity at the OTU level and used to perform principal coordinate analysis (PCoA), which was visualized with the ggplot2 and vegan packages of R software (version 2.15.3). In addition, Wilcoxon match-pair tests and permutational analysis of molecular variance (PERMANOVA) were constructed to test for significant differences in microbial alpha and beta diversity between Aurelia polyp species using the vegan package of R software (version 2.15.3). Furthermore, the relative sequence abundance of samples at diverse classification levels was visualized by the ggplot2 and reshape2 packages of R software (version 2.15.3). The relative sequence abundance of functional bacterial communities was calculated based on the FAPROTAX database and visualized by the pheatmap package of R software (version 2.15.3).




Results


Bacterial Community Profiling

After filtering the raw data, a total of 2,456,681 clean reads from 35 Aurelia polyp samples were obtained, with an average sequence length of 372 bp. A total of 1,213 OTUs were present in the Aurelia polyp samples, clustered into 36 phyla, 49 classes, 107 orders, 190 families, and 400 genera.



Variation in Microbial Composition

A total of 159 OTUs were present in all A. coerulea polyp groups, accounting for 82.06% (ACSPA)–98.58% (ACCHI) of the total relative sequence abundance (Figure 1). In the A. coerulea polyps, 36 bacterial phyla, 48 classes, 98 orders, 179 families, and 366 genera were detected. The microbiomes of A. solida polyps contained 25 phyla, 40 classes, 84 orders, 145 families, and 257 genera. A total of 334 OTUs were shared between both groups of A. solida polyps and accounted for 96.64% and 98.97% of the total relative sequence abundance in ASISR and ASSLO, respectively (Figure 1). Each Aurelia polyp group contained unique OTUs, which all had low relative sequence abundance (< 1%, Figure 1).




Figure 1 | Upset plot showing OTU information of different Aurelia polyp groups. The horizontal column on the left represents the average number of OTUs in the microbiome of each group (n = 5). Each single point in the matrix below indicates that the vertical column above it showd the number of OTUs unique to the corresponding Aurelia polyp group, while the points on the matrix grouped by a line indicate that the vertical column shows the number of OTUs common to those groups.



At the phylum and class levels, bacterial communities associated with both Aurelia polyp species were dominated by Proteobacteria (mainly classes Alphaproteobacteria and Gammaproteobacteria), Firmicutes (mainly class Clostridia), Bacteroidetes, Acidobacteira and Actinobacteria, together comprising 97.01% (ACSPA) – 99.71% (ACJAP) of the total richness (Figure 2). The relative abundances of the other 31 phyla in each Aurelia polyp population were <1%, together comprising 0.29% (ACJAP) – 2.99% (ACSPA) of the total richness (Figure 2). At the family and genus levels, the polyp microbiomes were dominated by Sphingomonadaceae (mainly the genera Sphingomonas and Sphingobacterium), Rhizobiaceae (mainly the genus Phyllobacterium) and Burkholderiaceae (mainly the genus Ralstonia), comprising 53.2% (ACSPA)–95.5% (ACCHI) of the total bacterial abundance associated with A. coerulea and A. solida (Figure 2).




Figure 2 | Stacked bar plots of bacterial taxa with relative sequence abundance higher than 1% at the (A) phylum level, (B) class level, (C) family level, and (D) genus level in the Aurelia-associated bacterial communities. The less abundant taxa are grouped under “others”.



At the family level, unidentified Clostridiales (Mann–Whitney U test, p = 0.039) were significantly more abundant in A. solida than in A. coerulea, while Sphingomonadaceae (t test, p = 0.038) and Rhizobiaceae (t test, p = 0.024) were more abundant in A. coerulea. At the genus level, the A. coerulea polyps had significantly higher relative sequence abundance of the genera Sphingomonas (t test, p = 0.043) and Phyllobacterium (t test, p = 0.023) than A. solida polyps.



Variation in Microbial Diversity

To further reveal the inter- and intraspecific differences in the microbiomes of Aurelia polyps, the microbes of the two Aurelia polyp species were compared based on microbial alpha diversity and beta diversity, as detailed in Figure 3.




Figure 3 | Variation in microbial diversity of different polyp groups. Alpha diversity and richness are represented by Shannon indices (A) and CHAO1 (B) of Aurelia polyp microbiomes. PCoA (Principal coordinates analysis) visualization of bacterial beta - diversity of (C) all samples grouped by different types without outline, (D) A. coerulea polyps samples grouped by location without Outliers, and (E) A. solida polyp samples grouped by location. PERMANOVA tests were used to analyze significant differences between microbial diversity in different groups.



Regarding interspecific differences in microbial alpha diversity, A. coerulea polyps had a lower average Shannon index (2.998) than A. solida polyps (3.119), as well as a lower average CHAO1 index (219 and 237 in A. coerulea and A. solida polyps, respectively, Figure 3). However, no significant difference between the A. coerulea and A. solida groups was detected in either the Shannon indices or CHAO1 indices (Wilcoxon match-pairs test, p = 0.5566, Figure 3). Regarding intraspecific differences, ACCHI had the highest average Shannon indices of the A. coerulea groups (3.367), followed by ACSPA, ACFRA, ACUSA, and ACJAP had the lowest (2.635). The highest average CHAO1 index of the A. coerulea polyps was found in ACSPA (285), followed by ACUSA, ACFRA and ACJAP, and the lowest was found in ACCHI (186). Within the A. solida groups, ASISR had a higher average CHAO1 index (263) than ASSLO (212) but had a lower mean Shannon index (2.449 in ASISR and 2.831 in ASSLO). Nonetheless, no significant difference was found between the Shannon and CHAO1 indices of polyps in the A. coerulea and A. solida groups (Wilcoxon match-pairs test, p > 0.05, Figure 3).

In terms of the interspecific comparison, PCoA based on Bray–Curtis distance demonstrated a significant difference in microbial beta diversity between the microbiomes of the A. coerulea and A. solida polyps (PERMANOVA test, p = 0.016, Figure 3). Furthermore, significant differences were identified between the abundant and core microbial taxa associated with A. coerulea polyps and A. solida polyps (PERMANOVA test, p = 0.044 and p = 0.03, respectively), but there was no significant difference between the rare microbial taxa associated with the two species (PERMANOVA test, p = 0.403, Table 2). Similarity percentage analysis (Simper) illustrated that the genera Stenotrophomonas, Ralstonia, and Sphingobacterium were the main contributors to the difference in the microbial community between the two species, which contributed 26.8%, 26.1%, and 10.6% to the difference value, respectively (Figure 4). In terms of the intraspecific comparison, PCoA showed no significant intraspecific variation among the groups of A. coerulea polyps (PERMANOVA test, p = 0.60, Figure 3) or A. solida polyps (PERMANOVA test, p = 0.484, Figure 3). Furthermore, no significant difference was detected in the rare, conditionally rare, abundant taxa, or core taxa of the intraspecific groups (PERMANOVA test, p > 0.05, Table 2).


Table 2 | PERMANOVA tests of bacterial community structure of Aurelia polyps based on Bray–Curtis dissimilarities of OTU abundance.






Figure 4 | The top 10 genera contributing to the interspecific difference in the microbial community. The vertical axis represents the species. The horizontal axis represents the samples. The bubble size represents the relative sequence abundance of the species. Contribution represents the contribution of the genus in the difference between the A. coerulea and A. solida.





Core Bacterial Microbiome

In total, 20 OTUs were found in all Aurelia polyp samples. These 20 OTUs were defined as the “core microbiome” of Aurelia polyps, accounting for 57.19% (ACSPA)–96.86% (ACCHI) of the total microbial richness (Figure 5). The genera Sphingomonas, Ralstonia, and Phyllobacterium were prominent in the core microbiome of the Aurelia polyps, accounting for 79.76% (ASISR)–92.64% (ASSLO) and 57.19% (ACSPA)–96.13% (ACCHI) of the total core microbial richness in A. coerulea polyps and A. solida polyps, respectively (Figure 5). Notably, 6 OTU members of the core microbiome had significantly different abundances between A. coerulea and A. solida polyps: OTU_2 (Mann–Whitney U test, p = 0.034), OTU_1043 (Mann–Whitney U test, p = 0.026), and OTU_1244 (Mann–Whitney U test, p = 0.037) all belonging to the genus Ralstonia, were significantly more abundant in A. solida polyps than in A. coerulea polyps. However, OTU_3 (genus Phyllobacterium, t test, p = 0.026), OTU_1100 (genus Sphingomonas, t test, p = 0.026), and OTU_1287 (genus Sphingomonas, Mann–Whitney U test, p = 0.011) were significantly more abundant in A. coerulea polyps than in A. solida polyps.




Figure 5 | Bubble plot of the core microbiome of Aurelia polyps, with bubble size indicating the relative sequence abundance of bacterial taxa.





Predicted Functions of Aurelia-Associated Microbiomes

Ecological functional annotation of polyp-associated microbial communities was conducted based on the FAPROTAX database. A total of 1,247 functional assignments for 8, 326 OTUs were obtained. OTUs without any functional annotation were excluded from the analysis. Functional group abundances in each sample were calculated as the cumulative relative sequence abundance of OTUs assigned to each functional group after normalizing by the cumulative abundances of OTUs associated with at least one function. Generally, chemoheterotrophy (42.7~70.0% of total OTUs) and anaerobic chemoheterotrophy (36.8~65.5% of total OTUs) were the primary functions in both A. coerulea and A. solida polyps, followed by functions related to the N cycle, such as nitrate reduction, nitrogen respiration, and denitrification (Figure 6). Furthermore, microbial communities associated with A. coerulea polyps had significantly higher abundances of chemoheterotrophic bacterial taxa than those associated with A. solida polyps (Mann–Whitney U test, p = 0.004).




Figure 6 | Heatmap matrix on the top 20 functional groups with the highest cumulative OTU relative sequence abundance in Aurelia polyp samples based on analysis of FAPROTAX.






Discussion


Composition of Bacterial Communities Associated With Aurelia Polyps

Bacterial communities associated with hosts are shaped by host selection and environmental conditions (Gould et al., 2018). Previous researchers have highlighted environmental factors shaping the structure of microbial communities in hosts such as coral (Zhang et al., 2014; Osman et al., 2020), sponge (Zhang et al., 2014; Easson et al., 2020), and sea anemone (Mortzfeld et al., 2016; Morelan et al., 2019). In this study, despite long-term cultivation in the same environment and feed, we found interspecific variation in beta diversity among Aurelia polyps and intraspecific similarity among Aurelia polyps. Therefore, our results suggest that the genotype of Aurelia polyps is an important factor in the structure of the symbiotic bacterial communities. Weiland-Bräuer et al. concluded that there were large differences in the microbial compositions of Aurelia polyps between North Sea/Roscoff and Baltic Sea subpopulations, similar to the present study (Weiland-Bräuer et al., 2015).

Animal hosts are known to be able to modulate their associated microbiome in terms of genotype regulation, such as via genetic expression or innate immune response activation (Borges, 2017). For example, in research using hydras as model animals, the variation in antimicrobial peptide genes in different species led to variation in the microbiomes among those species (Bosch, 2013). As part of the evolutionarily ancient marine phylum Cnidaria, Aurelia jellyfish may influence the structure of their microbiomes by producing various proteins or antimicrobial peptides via gene expression, which interferes with bacterial quorum sensing (selecting microbes from the environment or promoting the colonization and enrichment of targeted microbes) and inhibits bacterial colonization (Weiland-Bräuer et al., 2019). In addition, vertical transmission of bacterial communities from parents to offspring could be another reason for the differences between the bacterial communities of A. coerulea and A. solida polyps.



The Core Microbiota of Aurelia Polyps

Hosts can conditionally shape the structure of microbial communities by interacting to maintain an overall stable state, especially cnidarians (Ainsworth et al., 2015). In the present study, the families Sphingomonadaceae (i.e., genera Sphingomonas), Rhizobiaceae (i.e., genera Phyllobacterium), and Burkholderiaceae (i.e., genera Ralstonia) were detected in all Aurelia polyp samples with high relative sequence abundances. Similarly, Weiland-Bräuer et al. proposed that the relative sequence abundance of Sphingomonadaceae was high in Aurelia collected in Roscoff, the North Sea, and the Baltic Sea throughout the life stages and decreased with the transition of Aurelia polyps to strobila to ephyra to juvenile medusae (Weiland-Bräuer et al., 2015). Peng et al. also detected a high abundance of Sphingomonadaceae and Burkholderiaceae in the associated bacterial community of wild Aurelia medusae (Peng et al., 2021). Several studies have suggested that cnidarian-associated bacterial communities are potentially involved in functional interactions and play a positive role in host-environment adaptation (Ziegler et al., 2017; Podell et al., 2020; Roach et al., 2020; Tong et al., 2020). Hence, the family Sphingomonadaceae may be a member of the core microbial communities associated with Aurelia populations worldwide. Further studies on the function of Sphingomonadaceae would help to gain insight into the impact of microorganisms on hosts.

Bacteria are functional components of most marine multicellular organisms, especially cnidarians (Morelan et al., 2019). Previous studies have agreed that the core microbiome was closely related to the health, growth, environmental adaptability, and production of the hosts (Bosch, 2013; Ainsworth et al., 2015; Brown et al., 2017; Weigel and Erwin, 2017; Weiland-Bräuer et al., 2020). In our study, a total of 20 core OTUs were identified in the bacterial communities of the scyphozoan body parts, predominantly the genera Sphingomonas, Ralstonia, and Phyllobacterium. The genus Sphingomonas (family Sphingomonadaceae), a dibenzofuran- and dibenzodioxin-degrading bacterium with potentially interesting properties for bioaugmentation of contaminated sites (Roggo et al., 2013), was the most abundant taxon in the microbiomes of all Aurelia polyps. Furthermore, Feng et al. (2017) identified that certain Sphingomonas spp. were potentially able to degrade chlorpyrifos, indicating that Sphingomonas could enhance the survival rate of Aurelia polyps in contaminated environments. The genus Phyllobacterium, which can produce exopolysaccharide (Li et al., 2017), was also dominant in Aurelia polyps. The exopolysaccharide could form protective barriers between cells and the environment, regulate cell growth and senescence, and affect cell division and differentiation (Flores-Felix et al., 2018), suggesting that the genus Phyllobacterium may be closely related to the transformation process between Aurelia life stages and host-environment adaptation.



Potential Functions of Bacterial Communities Associated With Aurelia Polyps

Functional prediction is the first step in determining how microbiome biochemical processes affect the ecological functions of hosts (Ross et al., 2018). FAPROTAX is a promising tool for predicting ecologically relevant functions of bacterial and archaeal taxa derived from 16S rRNA amplicon sequencing (Louca et al., 2016). In this study, according to the FAPROTAX database, aerobic chemoheterotrophy in relation to C cycling was the primary function of Aurelia polyp-associated bacteria associated with numerous bacteria, such as Sphingomonadaceae and Microbacteriaceae. This demonstrated that Aurelia polyps were the main foundation of essential nutrients to support the microbial growth of the associated bacterial communities. Ross et al. (2018) reported that Aurelia medusae are potential bacterial vectors and may harm aquaculture activities, as their microbiomes harbor potential fish pathogens. Similarly, in this study, some potential animal pathogens (i.e., Coxiellaceae) or parasites (i.e., Bdellovibrionaceae and Haliangiaceae) were present in both A. coerulea and A. solida polyps. Moreover, nitrification and denitrification, two functions related to the N cycle that have been reported to be involved in waste removal in host coral (Beman et al., 2007), were potential functions that were abundant in both Aurelia polyp species. Hence, these bacteria may have similar N cycle-related functions in Aurelia polyps, assisting with the adaptation of polyps to nitrate stress in the ambient environment.



Unique Microbes Associated With Aurelia Polyps

Each intraspecific group had unique bacterial taxa, which accounted for less than 1% of the relative sequence abundance. These unique bacteria are often overlooked because of their low abundance but may be critical to the functional maintenance of hosts (Shade et al., 2014). For example, Actinobacteria sp. and Ralstonia sp., located in zooxanthellae and coral intestinal epithelial cells, have low abundance and perform a vital role in the metabolism of the coral Acropora granulosa (Ainsworth et al., 2015). Unlike the relative stability of the core microbiome in Aurelia polyps (Figure 1; Table 2), the unique microbes were less controlled and more sensitive to environmental variation. We speculated that unique microbes were preserved by the hosts from the native environment and potentially contributed to the environmental resilience of Aurelia polyps. Further study on unique microbes could comprehensively elucidate the mechanism of host selection for microbes in the environment.




Conclusion

In this study, we investigated the bacterial communities associated with two moon jellyfish species (A. coerulea and A. solida) obtained from seven locations and incubated under the same environmental conditions. We found that the genera Sphingomonas, Phyllobacterium, and Ralstonia dominated the core microbial communities of the Aurelia polyps. These Aurelia-associated microbes may potentially play an important role in host’s fitness and host’s environmental adaptation by promoting nutrient uptake. Furthermore, the comparison of microbial communities from different Aurelia polyp populations revealed interspecific variation, indicating a correlation between the composition of the associated bacterial community and genetic background of Aurelia polyps.
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Symbiont relationships between corals and photosynthetic microorganisms sustain coral reef existence. However, the Great Amazon Reef System (GARS) stays under a plume layer that attenuates the entry of light, and instead of corals, sponges are the major reef epifauna, for which little is known about the function of the associated microbiome. Here, we used genome-resolved metagenomics to investigate how the sponge microbiome supports its host and overcomes the reduced light availability, recovering 205 MAGs from Agelas and Geodia sponges with completeness >70% and contamination <10%. Beta diversity estimates based on the 16S rRNA genes indicated the microbiomes of Amazon and Caribbean sponges to be distinct (P<0.01), with heterotrophic lifestyles being prevalent in Amazon sponge microbiomes (P<0.05). Nevertheless, genes indicating the carbon fixation pathways 3-Hydroxypropionate/4-Hydroxybutyrate cycle, 3-Hydroxypropionate bicycle, Reductive Tricarboxylic Acid Cycle, and Calvin-Benson-Bassham cycle could be recovered in low abundance. The presence of Cyanobacteria, represented by both 16S rRNA analyses and low-quality MAGs indicated light incidence on the reef. The metabolic profile shows that the GARS sponge microbiome had genes for sulfate reduction, sulfur oxidation, nitric oxide reduction, ammonia oxidation, nitrate reduction, nitrite ammonification, nitrite oxidation, and nitrite reduction, indicating that the microbiome might play a role in detoxification of the holobiont. We conclude, that neither the plume-limited photosynthesis of the sponge microbiome nor the primary producers sustain the organic carbon input for the sponges, which likely live off plume-associated organic carbon and their heterotrophic microbiota.




Keywords: Carbon fixation, Host-associated, Metagenome-assembled genomes (MAGs), Sponge microbiome, the Great Amazon Reef System (GARS)



Introduction

Coral reefs are one of the most diverse ecosystems on the planet (Connell, 1978). Scleractinian corals that secrete calcium carbonate layers through the epidermis of the lower half of the column and the pedal disc are principal reef-builders (Drake et al., 2020). Other organisms such as coralline algae and hexactinellid sponges can contribute to reef formation when they leave their silica and carbonate skeletons. Despite occupying about 0.2% of the seafloor, coral reefs are responsible for sheltering and feeding at least one quarter of marine life (Knowlton and Jackson, 2001).

The coral food source comes from zooxanthellae, microscopic algae that live inside of it in a symbiotic relationship, and supply 90% of the coral’s nutritional needs. Corals prefer shallow, warm, and oligotrophic waters to fix carbon by oxygenic photosynthesis using Calvin-Benson-Bassham (CBB) cycle (Stanley Jr, 2006). Muddy waters of large tropical rivers often inhibit the formation of coral reefs as sediment covers them and consequently decrease the light availability for the zooxanthella, compromising its source of nutrients. Despite the fact that tropical rivers exhibit these features, some biogenic reefs can be found at the Amazon River mouth.

Recently, scientists recognized a new biogenic reef system of 56,000 km2 in the Amazon River mouth close to offshore oil companies (i.e., BHP-Billiton, Queiroz Galvão, Ecopetrol, Total, BP, and Petrobras) - the Great Amazon Reef System (GARS) (Moura et al., 2016). A mud layer called “plume”, formed by organic and inorganic suspended material that spreads across the Atlantic Ocean, influences the formation of this reef. Instead of corals, coralline algae built the GARS foundation with small patches, platforms, and walls covered by scleractinians, sponges, octocorals, and black corals. Sponges that are adapted to this environment are the major reef epifauna. A total of 61 sponge taxa were identified in this ecosystem, with the most commonly found being Agelas spp., Aplysina spp., Callyspongia vaginalis, Clathria nicolea, Monanchora arbuscula, Oceanapia bartschi, and Geodia spp. (Moura et al., 2016). Sponges are known to filter water by choanocytes cells whose flagellar movement creates a water flux into their pores to capture dissolved organic matter (DOM), digest it (i.e., phagocytosis), and release particulate organic matter (POM) to higher trophic levels via the sponge loop (de Goeij et al., 2013).

Sponges have co-evolved with microbes for over 800 million years (Turner, 2021). The sponges’ microbiota can represent approximately 35% of the holobiont biomass (Webster and Thomas, 2016). More than 47 sponge-inhabiting phyla were described, some of which were found exclusively in these invertebrates (Reveillaud et al., 2014). Their microbiota provides the holobionts the capacity to fix carbon, metabolize nitrogen, sulfur, and phosphate (Pita et al., 2018). Moreover, sessile organisms such as sponges rely on chemical compounds produced by their microbiota to defend against predators, competitors, and invading organisms such as bacteria, viruses, and microeukaryotes. In many cases, compounds isolated from sponge’s microbiota are used as drug precursors and bioactive molecules in the pharmaceutical industry - being the most promising source for new bioactive products in the marine environment (Blunt et al., 2017). However, linking a specific microorganism from the sponge microbiota to a specific metabolic function and taxonomic group is a challenge, since many microorganisms are hard to cultivate in the laboratory, due to unknown growth requirements (Lewis and Ettema, 2019). Culture-independent techniques such as genome-resolved metagenomics allow reconstruction of draft genomes from the environment, enabling metabolic inferences for microorganisms that are little known or do not have yet cultivated representatives (Tyson et al., 2004).

In this context, the GARS sponge microbiome study provides insights into sponge microbiota’s role and provides information for ecological surveillance, and prospecting focused on biotechnological research. In this work, we used metagenome-assembled genomes (MAGs) to investigate the potential metabolic contribution of the sponges microbiome (Hügler and Sievert, 2011) to sustain this holobiont in a reduced-light environment.



Materials and Methods


Sample Collection, DNA Extraction, and Sequencing

Sponges were collected at the Amazon River mouth on September 27, 2014, latitude 1°17’59.3”N and longitude 46°46’43.9”W. The selected sponges were Agelas dispar, Agelas clathrodes, Agelas clathrodes, Geodia cf. corticostylifera, Geodia neptuni, and Geodia sp. The criterion used for sponge selection was the availability of least three individuals per genus. The collected material was placed in plastic-containers holding 20 L of seawater at approximately 24°C and transported to the laboratory. In the laboratory, sponges were transferred to a container with 250 mL of sterile seawater and left for 5 to 10 minutes to remove microorganisms from the water not associated with the sponges. The sponge tissue was then dried and dissected with a scalpel, carefully removing associated macroscopic organisms. Approximately 1 g of sponge tissue was frozen in liquid nitrogen and powdered. DNA was extracted from the powder obtained and purified using 4 M guanidine hydrochloride, 50 mM Tris-HCl pH 8.0, 0.05 M EDTA, 0.5% sodium N-lauroylsarcosine and 1% β-mercaptoethanol, followed by a phenol/chloroform step, precipitation by isopropanol, and resuspension in 50 µL of ultrapure water (Trindade-Silva et al., 2012).

Sponge-microbiome holobiont libraries were constructed for each individual sample using the TruSeq Nano DNA kit, and sequenced with Novaseq system (Illumina®) at 20 GB sequencing depth with 150 bp paired-end reads. Reads were trimmed using Sickle (https://github.com/najoshi/sickle; version 1.33) with default parameters; BBtools (https://sourceforge.net/projects/bbmap/; version 35) was to check and if present remove Illumina adaptors and phiX sequences. Each metagenome was assembled individually using MetaSpades version 3.1.3 (Nurk et al., 2017), and scaffolds smaller than 1 kb were removed.



16S Ribosomal RNA Taxonomic Composition and Beta Diversity

Metaxa2 extracted the ribosomal 16S RNA (16S rRNA) sequences from reads of the sponge-microbiome holobiont metagenomes, and compared it to the SSU default database (Bengtsson-Palme et al., 2015). We compared our data with the 16S rRNA (i.e., amplicon) microbiome associated with the sponges Agelas (SRR7068155, SRR7068157, SRR7068159, SRR7068173, SRR7068176, and SRR7068181) and Geodia (SRS9041395, SRS9041405, SRS9041416, SRS9041427, SRS9041573, and SRS9041575) from the Caribbean region (Indraningrat et al., 2019) (Supplementary Data Set S1). The Amazon plume water samples (i.e., whole metagenome sequencing) were also used for comparison (NCBI Bio-Project number PRJNA796108) (Silva et al., 2017). Those sequences were classified using Metaxa2 as described above.

To infer the influences of the Amazon plume water on the sponge microbiome, 16S rRNA classification data were normalized to their respective sequencing depth (i.e., relative abundance) and root-square transformed using the Hellinger method in the “decostand” function with R (R Core Team, 2021) (https://www.r-project.org/; version 4.1.2) package vegan (Oksanen et al., 2013). Shannon index was calculated using function “diversity”, and Bray-Curtis dissimilarities were calculated using the “vegdist” function and their first two Principal Coordinates were plotted (PCoA). To test for the presence of statistically significant differences between microbiomes associated with Amazon sponges, Caribbean sponges, and the Amazon Plume water, we used Permutational Multivariate Analysis of Variance (PERMANOVA) with the “adonis2” command in the vegan package using 10,000 permutations and α = 0.05. Kruskal-Wallis tested significant differences between three or more groups (i.e., Shannon index, MW-score functions), Wilcoxon tested for two groups comparisons (i.e., taxa differences between GARS and Caribbean microbiome), p-value adjusted with Benjamini-Hochberg method. We construct a Venn diagram using the venn package in R software (https://github.com/dusadrian/venn).



Metagenome Assemblies, Binning, and Analyses

We used MaxBin2 v2.2.4 with 40 and 107 markers (Wu et al., 2016) to recover metagenome assembled-genomes (MAGs). MAGs were aggregated using DASTOOL v1.1.2 (Sieber et al., 2018) and manually curated based on GC content, coverage and taxonomy using uBin v0.9.14 (Bornemann et al., 2020). MAGs were dereplicated with dRep v.3.2.2 (Olm et al., 2017), quality was checked with CheckM v1.0.13 (Parks et al., 2015), and coverage was calculated using CoverM v0.6.1 (https://github.com/wwood/CoverM).

MAGs with completeness >70% and contamination <10% were considered high-quality and used for further analysis (Bornemann et al., 2022). METABOLIC v4.0 (METabolic And BiogeOchemistry anaLyses In miCrobes) (Zhou et al., 2022) annotated and profiled metabolic traits, and assigned taxonomy to the selected MAGs. MW-score (metabolic weight score) was used to measure autotrophic and heterotrophic metabolism, as well as nitrogen and sulfur cycle functions on high-quality MAGs. MW-score is calculated by summing up all the coverage values of genes belonging to the function, and subsequently normalizing it to overall gene coverage.

METABOLIC determines carbon fixation pathways completeness by checking for the presence/absence of KEGG Orthology (KO) using hidden Markov model (HMM) profiles on KEGG modules. For dicarboxylate/4-hydroxybutyrate (DC/4-HB) cycles, Wood-Ljungdahl (WL) pathway, and reductive tricarboxylic acid (rTCA) pathways, we used METABOLIC 75% default cutoff. For 3-Hydroxypropionate/4-hydroxybutyrate (3HP/4HB), 3-Hydroxypropionate bicycle (3HP), and CBB we used custom cutoffs. Hmmsearch (https://hmmer.org/; HMMER 3.1b2) comparison with genomes that participate in each carbon fixation pathway determined custom E-values cutoff. We searched for the missing genes using hmmsearch on Hmm profiles described above with a less restricted cutoff. We defined 36% pathway completeness and key-enzyme 4-hydroxybutyryl-CoA dehydratase/vinylacetyl-CoA-Delta-isomerase (K14534) for 3HP/4HB. This choice was based on the comparison of 3HP/4HB genes with some high-quality Thermoproteota MAGs (>95% completeness and no contamination) and Nitrosopumilus maritimus (GCF_000018465.1), which is well known to participate in this pathway. For 3HP, we used 58% pathway completeness. For CBB, we selected MAGs with 70% pathway completeness and searched for the key-enzyme Rubisco using hmmsearch with a less restrictive cutoff (E-value, 1.3E-117) to classify the Rubisco type.

High-quality MAGs were assigned to a taxonomic group using GTDB-Tk database version 202 (Parks et al., 2018) on METABOLIC workflow. GTDB-Tk concatenates a set of 120 bacterial and 122 archaeal ubiquitous single-copy markers to build the phylogeny (Parks et al., 2017). We removed taxonomically distant reference genomes to improve visualization. Protein alignments were performed using MAFFT v7.405 (Katoh, 2002) with default parameters. A phylogenetic tree was obtained using FastTree v2.1.11 (Price et al., 2010), and visualized with Geneious Prime 2022.0.1 (https://www.geneious.com). We rooted the tree using the following genomes: for Archaea phylogeny Methanosarcina acetivorans (RS_GCF_000007345.1) was used, while for bacteria phylogeny we used Mycoplasma genitalium (RS_GCF_000027325.1). Genomic data (draft genomes and metagenomic reads) used in this study are deposited at NCBI under Bio-Project number PRJNA795684.




Results


The Plume Water Contributes to a Unique and High Diversity GARS Sponge Microbiome

A total of 1.26 billion fastq sponge microbiome reads were recovered. These belonged to Agelas dispar (16.27% of total), Agelas clathrodes (18.02% of total), Agelas clathrodes (17.06% of total), Geodia cf. corticostylifera (14.84% of total), Geodia neptuni (13.81% of total), and Geodia sp. (20% of total).

Based on 16S rRNA composition analysis (Figure 1), the GARS microbiomes of Agelas and Geodia sponges showed little differences at phylum level, and a high abundance of unclassified bacteria (25.8 ± 2.90%). Relative abundance shows that Proteobacteria (30.3 ± 5.1%) was the most abundant taxon in all samples. The dominant classes in the Proteobacteriota superphylum were Gammaproteobacteria (14.38 ± 2.79%), Alphaproteobacteria (7.46 ± 2.39%) and Deltaproteobacteria (4.54 ± 0.84%). Betaproteobacteria was also detected, but in fewer proportion. The other most abundant phyla were Firmicutes (16.5 ± 4.3%), Actinobacteriota (8.8 ± 1.2%), Chloroflexota (4.7 ± 0.9%), Acidobacteriota (4.0 ± 1.3%), Thermoproteota (3.9 ± 1.7%), Nitrospirota (2.1 ± 0.5%), and Spirochaetota (1.7 ± 0.7%).




Figure 1 | Relative abundance of 16S ribosomal RNA (16S rRNA) sequences in different microbiomes from GARS sponges, Caribbean sponges, and Amazon plume water. Amazon sponges (GARS) are highlighted with a red bar below: 1, Agelas dispar; 2, Agelas clathrodes 1; 3 Agelas clathrodes 2; 4, Geodia cf. corticostylifera; 5, Geodia neptuni; 6, Geodia sp. Caribbean sponges are highlighted with a blue bar below. Carribean Geodia sp. samples: 7, SRS9041575; 8, SRS9041573; 9, SRS9041427; 10, SRS9041416; 11, SRS9041405; 12, SRS9041395. Carribean Agelas sventres samples: 13, SRR7068181; 14, SRR7068176; 15, SRR7068173; 16, SRR7068159; 17, SRR7068157; 18, SRR7068155. Amazon plume water samples are highlighted with a brown bar below: 19, St15; 20, St11; 21, St10; 22, St6; 23, St5; 24, St4; 25, St3; and 26, St1. Relative abundance of 16S rRNA sequences are colored according to phyla. “Others” are microbiome phyla that were below 1% relative abundance. We split Proteobacteria superphylum into classes.



Shannon alpha diversity (Figure 2A) indicted higher diversity in the GARS sponge microbiome, followed by plume water and Caribbean sponge (Kruskal-Wallis test, chi-squared = 16.328, df = 2, P < 0.001). The GARS sponge microbiome showed to be the most The GARS sponge microbiome showed to be the most unique with 1476 taxa. The Amazon plume water influences the GARS sponge microbiome with 92 taxa uniquely shared. Sponge samples shared exclusively 488 taxa, and 186 were ubiquitous in all groups tested (Figure 2B).




Figure 2 | Microbiome composition comparison between GARS sponges Caribbean sponges and Amazon plume water samples. (A) Shannon Alpha diversity variation in sponge’s microbiome from the GARS (red) and the Caribbean (blue), as well as the Amazon plume water (brown) microbiome (Kruskal-Wallis test, chi-squared = 16.328, df = 2, P < 0.001). The (n) represents the number of samples in each box plot. Wilcoxon pairwise comparisons show that all groups tested were statistically different (P < 0.05). (B) Venn diagram of microbiome taxa that are unique or shared between sponges from the GARS (red) and the Caribbean (blue), as well as the Amazon plume water microbiome (brown). (C) Beta diversity of microbiomes associated with Agelas and Geodia sponges from the GARS (red) and the Caribbean (blue), as well as the Amazon plume water microbiome (brown) by principal coordinate analysis (PCoA) of Bray–Curtis dissimilarity (R2 = 0.43 P=0.0001). Each point represents a microbiome sample, Agelas are represented by circles, Geodia by rectangles, and water samples by hexagons. (D) Microbiome class level relative abundance differences between GARS and Caribbean sponges. GARS sponge’s microbiome is shown by red circles, while Caribbean sponges microbiome is shown by blue circles. Black circles are the median relative abundance for a specific taxa to the class level.



Beta diversity analysis (Figure 2C) showed that the Amazon sponge microbiome composition differed from the Caribbean and plume water samples (PERMANOVA, df = 2, F = 8.6343, R² = 0.42884, P < 0.001). On the class level, there were 32 taxa (Figure 2D) statistically different that contributed to the differences between the GARS and Caribbean sponge microbiome (Wilcoxon test, P < 0.05). The Amazon sponge microbiome is more similar to that of the Caribbean sponges, which are unimpacted by the plume, than to the plume water samples. Amazon Agelas and Geodia microbiomes grouped, while the Agelas dispar microbiome was found to be the most different among the six. We detected subgroups between Caribbean samples relative to the Agelas from Curacao and Geodia from Cayman Island and Belize locations (i.e., marked in blue). The Curacao Agelas samples are the six bottom blue circles in the cluster, while the Geodia samples near Cayman Island and Belize are the six top blue rectangles (Figure 2C).



Metagenome-Assembled Genome Classification

A total of 1,054 metagenome-assembled genomes (MAGs) were recovered from the Amazon reef sponge microbiome. Of these, 205 MAGs had completeness greater than 70%, and contamination below 10% (Supplementary Data Set S2). Within these 205 high-quality MAGs, we recovered bacterial genomes belonging to: Proteobacteria (49), Chloroflexota (47), Acidobacteriota (18), Actinobacteriota (16), Desulfobacterota (14), Bdellovibrionota (10), Poribacteria (10), Latescibacterota (8), Gemmatimonadota (5), Spirochaetota (4), Nitrospinota (3), Nitrospirota (3), Verrucomicrobiota (3), Deinococcota (2), Bacteroidota (1), and SAR324 (1). For archaea, we recovered Thermoproteota (10), and Nanoarchaeota (1). Within the 1,054 genomes, two Cyanobacteria MAGs were identified, but were not included in our analysis because they did not meet the quality cut-off. 16S rRNAs genes of Firmicutes origin were one of the most abundant in the metagenome, but they lack representatives in high-quality MAGs.



GARS Sponge Microbiome Metabolism Analysis

As shown in Figure 3, autotrophic metabolism related genes represent a small portion of the community’s genes. 3HB/4HP and 3HP were the most significant autotrophic pathways and scored higher than rTCA (Wilcoxon test, P < 0.01). CBB metabolism scored the lowest of all autotrophic networks studied. Genes related to WL and DC/4-HB profile were absent. Gene coverage and metabolic profiles revealed absence of photosynthetic capacity in the high-quality MAGs from the plume-adapted Amazon sponge microbial community. On the other hand, heterotrophic metabolism represented by fermentation, acetate oxidation, complex carbon degradation, and aromatics degradation functions were more abundant than autotrophic gene metabolism coverage in high-quality MAGs (Kruskal-Wallis test, P < 0.05).




Figure 3 | Microbiome metabolism profile based on metabolic weight score (MW-score). (A) Comparison between autotrophic and heterotrophic metabolisms. Autotrophic: 3-Hydroxypropionate/4-hydroxybutyrate (3HP/4HB), 3-Hydroxypropionate bicycle (3HP), Reductive tricarboxylic acid (rTCA), and Calvin–Benson–Bassham cycle (CBB); Heterotrophic: Fermentation, Acetate oxidation, Complex carbon degradation, and Aromatics degradation. (B) Comparison between sulfur and nitrogen metabolism. Bars with different letters indicate statistical differences at P < 0.05; those with the same letters indicate no statistical difference.



Sulfate reduction was the most abundant function identified in the plume-adapted Amazon sponge microbial community, with sulfur oxidation and nitric oxide reduction functions also being high. Sulfate reduction was a widespread function detected in 13 phyla with contribution from Chloroflexota (32), Gammaproteobacteria (14), Acidobacteriota (13), Thermoproteota (10), Poribacteria (9), Latescibacterota (6), Alphaproteobacteria (4), Gemmatimonadota (3), Verrucomicrobiota (3), Actinobacteriota (2), Deinococcota (2), Desulfobacterota (1), Nitrospinota (1), and Nitrospirota (1) MAGs. Sulfur oxidation was predicted in nine phyla, including Gammaproteobacteria (15), Alphaproteobacteria (14), Desulfobacterota (13), Thermoproteota (10), Actinobacteriota (9), Chloroflexota (8), Acidobacteriota (7), Bdellovibrionota (1), Latescibacterota (1), and Poribacteria (1) MAGs. We detected nine phyla predicted to participate in nitric oxide reduction function; associated with MAGs from Gammaproteobacteria (13), Desulfobacterota (10), Poribacteria (9), and Acidobacteriota (5), Alphaproteobacteria (3), Nitrospinota (3), Chloroflexota (2), Spirochaetota (2), Latescibacterota (1), and Nitrospirota (1) (Supplementary Data Set S3). We did not detect differences between reductive and oxidative metabolisms.

We detected the presence of other metabolic networks, although not as abundantly represented, such as thiosulfate oxidation, ammonia oxidation, nitrite reduction, nitrite oxidation, and nitrate reduction. Sulfide oxidation, sulfur reduction, sulfite reduction, nitrogen fixation, nitrous oxide reduction, and anammox functions were absent.



Metagenome-Assembled Genomes (MAGs) Autotrophic Metabolism Prediction

As shown in Figure 4, from 205 high-quality MAGs, 36 were predicted to participate in autotrophic metabolism pathways. We predicted the highest number of genomes with rTCA function belonging to Acidobacteriota (6), Actinobacteriota (4), Gammaproteobacteria (2), Chloroflexota (2), Latescibacterota (2), Bacteroidota (1), Verrucomicrobiota (1), and Spirochaetota (1). The key-enzymes succinate dehydrogenase/fumarate reductase, and 2-oxoglutarate/2-oxoacid ferredoxin oxidoreductase were detected for all selected MAGs, the exception was ATP-citrate lyase alpha-subunit, which was not identified. METABOLIC detected ATP-citrate lyase alpha-subunit gene in Nitrospirote and Desulfobacterota MAGs that had 3HP completeness between 66-41% and were not selected for analysis. METABOLIC did not detect ATP-citrate lyase alpha-subunit in selected high-quality MAGs, but they were detected with E-value between 2.00E-71 and 7.7E-68, using hmmsearch.




Figure 4 | Phylogeny of metagenome-assembled genome (MAGs) in GARS. (A) Archaea MAGs phylogeny, (B) Bacteria MAGs phylogeny. The bacterial and archaeal trees are rooted to Methanosarcina acetivorans (RS_GCF_000007345.1) and Mycoplasma genitalium (RS_GCF_000027325.1), respectively. MAGs related to carbon fixation pathways are shown with circles: Reductive tricarboxylic acid (rTCA), yellow; Calvin–Benson–Bassham cycle (CBB), green; 3-Hydroxypropionate/4-hydroxybutyrate (3HP/4HB), blue; 3-Hydroxypropionate bicycle (3HP), purple. MAGs that did not meet the chosen METABOLIC carbon fixation cut-off are marked in grey (none). The number of MAGs in each carbon fixation pathway is shown in parentheses. Phylogeny of the MAGs is shaded by phylum, Proteobacteria were split into classes. The red bars next to each MAG represents the its abundance coverage (%) in the GARS sponge microbiome.



We selected eight Thermoproteota Nitrosopumilaceae, and one Desulfobacterota with possible involvement in the 3-hydroxypropionate/4-hydroxybutyrate (3-HP/4-HB) cycle. All selected genomes presented the key enzyme 4-hydroxybutyryl-CoA dehydratase/vinylacetyl-CoA-Delta-isomerase. These genomes showed 36% maximum completeness for the 3-HP/4-HB, but considering a less restrictive E-values cutoff, Thermoproteota genomes have all missing genes. Meanwhile, malonyl-CoA/succinyl-CoA reductase (NADPH) was absent for Desulfobacterota even in these less restrictive conditions.

The CBB cycle was identified in four MAGs. The Rubisco type I prediction was assigned to one Alphaproteobacteria Rhodobacterales and one Gammaproteobacteria Arenicellales. The Rubisco type IV prediction was assigned to one Dehalococcoidia within Chloroflexota and one Rhodobacterales.

We observed the highest completeness 3-Hydroxypropionate bicycle (3-HP) genes (58.3%) in four Rhodobacteraceae. These genomes lack the key enzymes: malonyl-CoA reductase/3-hydroxypropionate dehydrogenase (NADP+) and acrylyl-CoA reductase (NADPH)/3- hydroxypropionyl-CoA dehydratase/3-hydroxypropionyl-CoA synthetase. Considering a less restrictive gene cutoff, we detected all missing genes.




Discussion

We found that the sponge’s microbiome from the Great Amazon Reef System (GARS) is a unique community. The Amazon water turbidity-related microbiome influences the GARS sponge microbiome. However, data suggest more influences due to environmental features than to the shared microbiota. Significantly, and in contrast to other Reef systems, photosynthetic microorganisms (Cyanobacteria) were only present in low proportion in both 16S rRNA and MAG community analysis. GARS microbiome’s high diversity suggests that the plume layer does not restrict or enrich the microbiota for a specific taxonomic group. Moreover, 32 taxa on the class level were statistically different between the sponge microbiomes from GARS and traditional Caribbean reefs, indicating muddy water contributes to an adapted microbiota. Microbiome comparisons between the Caribbean (i.e., Curacao, Cayman Island, and Belize) and the Amazon region using sponges from the same genera, and two different genera, show that the findings are more general than they would be if we had made this comparison using a single genus and Caribbean location. Light in the GARS floor is faint but sufficient; a study shows the presence of photosynthetically available radiation (PAR) between 0.01 and 19.3 µE m-2 s-1 (Francini-Filho et al., 2018). Such ratio can support photosynthesis, and coralline algae reef-builders have been present in the GARS for at least 4487 years before today (Moura et al., 2016). Studies suggested high sedimentation as a principal stress factor in GARS, which results in total or partial GARS coverage in sediment (Moura et al., 2016; Omachi et al., 2019).

The data indicate a predominant heterotrophic lifestyle for the GARS sponge microbiota. The large amount of organic matter carried by the Amazon River may explain the sponge’s success in this ecosystem (Medeiros et al., 2015; Moura et al., 2016). A study revealed that dissolved organic carbon in the GARS region varies from 102.3 to 165.69 µM, and particulate organic carbon from 4.1 to 6.21 µM (unpublished data). The sponges’ microbiota also recycles and benefits from DOM (Azam et al., 1983) and contribute to more than half of the sponges’ diet (Kazanidis et al., 2018; Rix et al., 2020; Bart et al., 2021). Estimates that one sponge kilogram can filter 50,000 L of water daily and remove more than 90% of microbes in the water (Hill and Hill, 2009). Studies have demonstrated that photosynthetic net reduction and heterotrophic capacity enhancement are adaptive responses to overcome extreme conditions in turbid reefs (Burt et al., 2020).

Autotrophic microorganisms have an auxiliary role in the GARS sponge microbiome. MW-score indicates Calvin–Benson–Bassham (CBB) as the least relevant carbon fixation pathway present in the plume-adapted Amazon sponge microbial community, in stark contrast to the open ocean, where Cyanobacteria and algae are the major organisms responsible for carbon fixation through the CBB pathway (Raven, 2009; Bowler et al., 2010). Our MAGs analysis predicted CBB to occur in Rhodobacterales and Arenicellales. Rubisco type IV detected in a Chloroflexota MAG are related to functions other than carbon fixation (Tabita et al., 2007a; Tabita et al., 2007b). The presence of CBB cycle genes, especially Rubisco, in Proteobacteria and Rhodobacterales, has already been described, including the sponge microbiome (Badger and Bek, 2008; Asplund-Samuelsson and Hudson, 2021).

Metabolic predictions indicated 3HP/4HB as the most relevant carbon fixation pathway in the GARS sponge’s microbiome, significantly more abundant than CBB and rTCA (Wilcoxon test, P < 0.05). We predicted 3HP/4HB to occur in Thermoproteota and one Desulfobacterota MAG. The 3HP/4HB capability for the Desulfobacterota MAG remains uncertain as one of the two marker genes, the malonyl-CoA/succinyl-CoA reductase (NADPH) gene, could not be identified in this MAG. Additionally, the bacterial 4-hydroxybutyryl-CoA dehydratase is involved in the fermentation of aminobutyrate (Buckel and Golding, 2006). These findings were based on high-quality MAGs gene content and coverage observations - not expression data. Furthermore, it is important to note that genome-resolved metagenomics recovers just a fraction of the genomes present in the microbial community. The purpose of this study was to use in silico analyses to access the microbial functional capacity of samples for which there is no experimental information available.

Thaumarchaeota’s (Thermoproteota) variation in the 3HP/4HB pathway is well-described and considered the most energy-efficient aerobic carbon fixation pathway (Walker et al., 2010; Pester et al., 2011; Konneke et al., 2014). Studies have demonstrated the presence of Thaumarchaeota in the Amazon plume water and the sponge microbiome (Engelberts et al., 2020; Pinto et al., 2020). Our data indicate that these microorganisms play multiple roles in the sponge-microbiome holobiont physiology; besides carbon fixation, we predicted ammonia oxidation, sulfur oxidation, and sulfate reduction functions. Ammonia is the sponge’s main waste product, which is toxic at high levels. Ammonia oxidation can prevent its accumulation within sponge tissues. The same happens for sulfur oxidation, which prevents hydrogen sulfide levels to become high (Taylor et al., 2007).

Another predicted carbon fixation pathway was the 3-hydroxypropionate bicycle (3HP). This pathway was first described in Chloroflexus aurantiacus, a Chloroflexaceae member able to perform anoxygenic photosynthesis (Herter et al., 2001; Zarzycki et al., 2009). In our taxonomic analysis, we identified the presence of Chloroflexota MAGs related to Anaerolineae, Dehalococcoidia, and UBA223 families, not previously described as having this pathway. The MAGs predicted to encode this pathway in our GARS sponge microbiome were classified as Rhodobacteraceae. One study suggested Dinoroseobacter shibae a member of Rhodobacteraceae with mixotrophic metabolism, assimilating glucose by Entner-Doudoroff and fixing carbon by 3-hydroxypropionate bicycle (Tomasch et al., 2011). Alternative CO2 fixation pathways may facilitate the assimilation of simple organic substances, conferring a competitive advantage over obligate autotrophs or heterotrophs (Hügler and Sievert, 2011). The genomic comparison of 3HP genes between our MAGs and D. shibae showed that they are similar.

The same uncertainty occurs for rTCA genes encoding MAGs, where hmmsearch detected the ATP-citrate lyase alpha-subunit only when a less restrictive cutoff was used. The rTCA pathway was predicted to be the most taxonomically wide-spread pathway in the GARS sponge microbiome within Acidobacteriota, Gammaproteobacteria, Latescibacterota, Bacteroidota, Chloroflexota, Actinobacteriota, Verrucomicrobiota, and Spirochaetota. An incomplete rTCA cycle was found in phylum Acidobacteriota (Fernandez et al., 2020), Bacteroidota Salinibacter ruber (Bagheri et al., 2019) and other phyla like Actinobacteriota and Chloroflexota (Vikram et al., 2016). Among our low-quality MAGs, we have recovered members of Aquificota, which like Chlorobiota and Campylobacterota are often described to participate in rTCA (Hügler and Sievert, 2011). Due to the oxygen sensibility of its enzymes, the rTCA pathway is usually found in anaerobes associated with deep-sea hydrothermal vents and dark oceans and in microorganisms found in microaerophilic conditions (Berg, 2011; Erb, 2011). These data corroborate with dissolved oxygen (i.e., 3.25-3.81 mg. L-1) values reported in the GARS (unpublished data).

Prediction of the complex metabolic pathways was the main limitation of this study. Those pathways have many promiscuous genes, which makes it difficult to establish their involvement in any specific pathway. Furthermore, database profiles are incomplete. Sometimes genes that have already been shown to participate in a pathway have not yet been included in the database. An example is the 3HP/4HB pathway that lacks genes from Thaumarchaeta on the KEGG profile – making it difficult to identify non-classic pathways. Crenarchaeal Sulfolobales genes were used to construct the 3HP/4HB pathway profile found in the database used in this study. Additionally, the metabolic characterization of organisms based on their metabolic potential can not be used to predict their in vivo metabolism. Hence, further experimental validation is necessary, either culture independently through, e.g., Meta-Transcriptomics and -Proteomics, or through cultivation followed by the characterization of the culture.

In summary, our data indicate that although the plume induces a low light stress on the GARS sponge microbiome, it does not completely prevent Cyanobacteria occurrence. Specifically, we found a predominance of heterotrophic compared to autotrophic metabolism in the plume-adapted Amazon sponge microbial community. We propose that in GARS, sponges accumulate dissolved organic matter (DOM), which is assimilated by themselves as well as its heterotrophic microbiota. In addition, the sponges’ microbiota might act in the detoxification of toxic compounds released by the sponge.

Other turbid reefs present similar conditions of restricted luminosity or sedimentation to those found by GARS sponges (Zweifler (Zvifler) et al., 2021). However, none of these environments receive such a large water flux. The Amazon River discharges 20% of global freshwater into the Atlantic Ocean (Richey et al., 1990; Dai and Trenberth, 2002). This huge water flux into the ocean drastically changes environmental parameters such as salinity, pH, luminosity, oxygenation, and sedimentation, thus creating the unique environment of GARS. This study shows a different biomass accumulation strategy for GARS sponge microbiome from that of traditional sponge microbiomes. The uniqueness of the GARS sponge microbiome is ripe for biotechnological exploration, as new genes and drug precursors may be discovered. In addition, from an ecological perspective, the GARS microbiome data may be useful for surveillance efforts of potential impacts of offshore oil and gas operations near this region.
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Environmental disturbances influence bacterial community structure and functioning. To investigate the effect of environmental disturbance caused by changes in salinity on host-protected bacterial communities, we analyzed the microbiome within the gastrointestinal tract of Ampullaceana balthica in different salinities. A. balthica is a benthic gastropod found in fresh- and mesohaline waters. Whereas the total energy reserves of A. balthica were unaffected by an increase of salinity to 3, a high mortality rate was detected after a shift from freshwater to salinity 6 suggesting a major disruption of energy homeostasis. The shift to salinity 6 also caused a change in the gastrointestinal bacterial community composition. At salinity 3, the bacterial community composition of different host individuals was related either to the freshwater or salinity 6 gastrointestinal bacterial community, indicating an ambivalent nature of salinity 3. Since salinity 3 represents the range where aquatic gastropods are able to regulate their osmolarity, this may be an important tipping point during salinization. The change in the intestinal microbiome was uncoupled from the change in the water bacterial community and unrelated to the food source microbiome. Our study shows that environmental disturbance caused by salinity acts also on the host-protected microbiome. In light of the sea-level rise, our findings indicate that salinization of the near-shore freshwater bodies will cause changes in organisms’ intestinal microbiomes if a critical salinity threshold (presumably ∼3) is exceeded.
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Introduction

Disturbances caused by changes in resources or in the physical environment lead to changes in species richness, community structure (Mackey and Currie, 2001; Svensson et al., 2009), and ecosystem functioning (Naeem et al., 1994; Hooper et al., 2005). Communities respond differently to disturbances depending on the disturbance type, length, intensity, and frequency, as well as the species tolerance capacity (Sousa, 1984; Eckert et al., 2019; Miller et al., 2021). The intestinal tract has long been recognized as an important site for host-microbe interactions. In healthy animals, gut microbial communities benefit host development, growth, homeostasis (Strasdine and Whitaker, 1963; Levy et al., 2017; Sommer et al., 2017), and nutrition by detoxifying secondary compounds in the food (Bhat et al., 1998; Dillon and Dillon, 2004). Animals, which may experience periodic compositional changes in diet or environment, have variable microbiome structures (Hooks and O’malley, 2017). Microbiome community composition can shift when disturbances are stronger than forces driving stability (Levy et al., 2017). A healthy microbiome could be replaced by those associated with dysbiosis (Hamdi et al., 2011; Levy et al., 2017). When the new microbiome community is not anymore able to support resistance to disturbances (Lozupone et al., 2012; Clark et al., 2015; Sommer et al., 2017; Ma, 2020), it can lead to changes in host health and fitness (Marasco et al., 2022). Since bacteria in the gastrointestinal microbiome are key players in host-associated microbiomes, it is crucial to understand the effect of disturbances and how bacterial communities respond to them (Allison and Martiny, 2008; Shade et al., 2011).

Salinity is an important physiological stress factor and a key variable explaining the global distribution patterns of bacteria, causing shifts in composition and affecting the functional performance of bacterial communities (Del Giorgio and Bouvier, 2002; Langenheder et al., 2003; Lozupone and Knight, 2007; Herlemann et al., 2011). Differential distribution of bacterial taxa along a salinity gradient implies that certain taxa are vulnerable to altered salinity so pulse disturbance in salinity favors habitat generalists with ecological adaptability and broad salinity tolerance (Székely and Langenheder, 2014). Salinity has been frequently used to investigate a disturbance in planktonic bacterial communities (e.g., Székely and Langenheder, 2014; Berga et al., 2017; Herlemann et al., 2017) since salinity fluctuations cause severe stress for organisms (Shetty et al., 2019) by shifting the cellular and tissue osmotic balance and negatively impacting key cellular processes (Prosser, 1991; Berger and Kharazova, 1997). Animals react to changes in salinity either by actively regulating the osmotic pressure of extracellular fluids around the physiologically optimal set-point (osmoregulator) or by adjusting the intracellular osmolarity to match the external osmolarity (osmoconformers) (Truchot, 1993). Osmoregulators have high energy demand for water and solute transport (Sokolova et al., 2012). In osmoconformers, the extra- and intracellular environment is maintained isosmotic to the external environment to prevent cell volume changes. This strategy is less energy-demanding but the organisms must cope with the shifts in osmotic homeostasis (Sokolova et al., 2012). Typically, euryhaline fresh- and brackish-water gastropods can osmoregulate at low salinities (< 100 mOsm corresponding to salinity < 3) and become osmoconformers at higher salinities (Jordan and Deaton, 1999).

Several studies have investigated the effects of disturbances on bacterial community composition and functioning (e.g., Shade et al., 2012; Berga et al., 2017); however, little is known about disturbance effects on host-associated bacterial communities. A study of salinity manipulation on osmoregulating fish showed that on each salinity level a unique set of dominating bacteria exists that rarely overlap along salinity gradients (Schmidt et al., 2015). Schmidt et al. (2015) noted that the changes in host-protected microbiomes were not correlated with corresponding changes in surrounding water bacterial communities, which suggests host-specific effects shaping the intestinal microbiome. In this study, we used a common pond snail Ampullaceana balthica (Linnaeus, 1758) to investigate the impact of disturbances on bacterial communities in a host-protected environment. A. balthica is a Palaearctic species widely distributed in Eurasia (Mandahl-Barth, 1938; Økland, 1990;Kerney, 1999) and North Africa (Van Damme, 1984; Glöer and Diercking, 2010). The snail prefers low-altitude freshwater bodies such as lakes, ponds, drainage ditches, and lentic zones of rivers, rich in nutrients and submerged vegetation (Glöer and Diercking, 2010). A. balthica feeds on detritus, periphyton, diatoms, and filamentous algae (Gordon et al., 2018) and can selectively forage for high-quality food particles (Fink and Von Elert, 2006). It is typically found in freshwater but can tolerate salinity up to 15 (Zettler et al., 2006).

Current climate change and anthropogenic activities cause coastal freshwater areas and inland freshwater bodies to become more saline, affecting the organisms living in these areas (Horton et al., 2014; Jeppesen et al., 2020). Therefore, the effect of environmental disturbance and especially salinity on bacterial communities in host-protected systems requires better understanding. Salinization can occur suddenly as a short pulse by extreme weather events or slow by sea level rise. In this study, we investigated the effect of disturbance (salinity and antibiotics) on the host gastrointestinal microbiome of A. balthica during a sudden change in experimental conditions and in situ representing conditions that have adapted over long periods. By comparing a sudden manipulation of the gastrointestinal microbiome with holobionts that have had a long exposure to increased salinity in situ we also improve the understanding of the adaptation mechanism for salinity. We hypothesized that (I) disturbance (increase in salinity/antibiotics) influences the bacterial community composition in the host environment and in the surrounding water; and (II) a long-term adaptation is necessary for the intestinal microbiome to cope with higher salinities. If salinity significantly influences the gastrointestinal microbiome, this would imply that the control of the host on its microbiome is weaker than the impact of salinity. If the response of the bacterial communities to the pulse manipulation has a negative effect compared to those observed in the holobionts adapted to different environmental salinity, we predict that a long adaptation to changes in salinity is necessary. Our alternative hypothesis was that salinity/antibiotics have no direct impact on the gastrointestinal microbiome. In this case, the host control over the microbiome is stronger than the effects of external disturbance.



Materials and methods


Sample collection and experimental setup


In vivo experiment

A. balthica snails (∼200 specimens) were collected from the freshwater Esna River (ER; Figure 1A) in Estonia on 3 September, 2018. After the collection, the snails were kept in two 50 L acclimation aquaria with freshly collected 85 μm pre-filtered lake (Võrtsjärv) water under constant air supply at a controlled temperature of 16–17°C for 24 h. After 24 h, snails were divided (15 snails to each aquarium) to reference (REF), antibiotic amended (AB), salinity 3 (SAL3), and salinity 6 (SAL6) aquaria; all aquarium groups had three parallels (Figure 1B). The reference (REF) aquaria contained freshly filtered (85 μm) lake water. In the salinity 3 (SAL3) and salinity 6 (SAL6) aquaria, the salinity of the water was increased using commercially available Reef Salt (AQUA MEDIC). In the antibiotics aquarium (AB), which was a disturbance control testing if the intestinal bacterial community responds to manipulation, freshwater was amended with ampicillin (5 mg/L) and streptomycin (5 mg/L). All aquaria contained a 2-cm layer of sandy sediment from Lake Võrtsjärv (sieved through a 0.5-mm mesh size plastic sieve) and stones and pebbles with natural biofilm as a food source. Aquaria were constantly supplied with air and held at 16.1–17.5°C for 8 days. Water conditions were monitored daily using a YSI ProDSS multisensor (Supplementary Figure 1).
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FIGURE 1
(A) Sampling sites in Estonia. Experiment snails were collected from the Esna River (ER). Coastal freshwater (in situ FW) sampling sites were: Selja pond (SP), Selja River (SR), and Kunda River (KR). Coastal brackish water sampling sites were: in situ SAL3 site was Selja Bay (SB), in situ SAL6 sites were Ristna western site (RW), Ristna eastern site (RE), and Nõva (NÕ). (B) Experimental setup scheme: REF, reference aquaria; AB, antibiotic manipulation aquaria; SAL3, salinity 3 manipulation aquaria; SAL6, salinity 6 manipulation aquaria.


At the beginning of the experiment, before any manipulation (day 0), water from each aquarium was sampled by filtering 3 × 100 mL through a 0.2-μm Durapore membrane filter (Millipore) and 14 A. balthica snails (day 0 snails - 8 for 16S rRNA gene analysis and 6 for energy reserve measurements) were shock frozen. In addition to the day 0 samples, water samples (3 × 100 mL from each aquarium) were taken on day 1 and day 8 of the experiment from each aquarium (n = 26). Snails from the aquaria were collected on day 8 for 16S rRNA gene analysis (n = 26) and energy reserve estimation measurements (n = 34). Snails for 16S rRNA gene analysis were starved for 24 h in sterile falcon tubes under conditions identical to the experiment aquaria to minimize the occurrence of transient bacteria (Van Horn et al., 2012). The feces were collected afterward from the tubes and stored at −80°C for further analysis.



In situ samples

A. balthica snails from Estonian coastal area sites with fresh- and brackish (salinity 3 and salinity 6) water conditions were collected on 17–18 June 2019 (Figure 1A). The in situ freshwater sampling sites were Selja pond (SP), Selja River (SR), and Kunda River (KR). The sampling site with salinity 3 included Selja Bay (SB) and sampling sites with salinity 6 were Nõva (NÕ), Ristna western site (RW), and Ristna eastern site (RE).

Snails collected from the freshwater and coastal brackish areas were starved for 24 h in their native water pre-filtered through 0.22 μm pore size Sterivex™ filters, to reduce the number of food-derived microbes in the transient microbiome. The Sterivex™ filters were used for water bacterial community analysis. Collected snails were divided for 16S rRNA gene analysis (n = 18) and energy reserve measurements (n = 21), shock frozen in liquid nitrogen and stored at −80°C for further analysis. Biofilm samples were collected from all studied sites by scraping the stones or pebbles, immediately shock frozen in liquid nitrogen, and stored at −80°C.




Lipid, carbohydrate, and protein measurements

To estimate the energy reserves, we measured lipid, carbohydrate, and protein content in snail tissues as described elsewhere (Haider et al., 2018). In brief, the frozen snails were thawed for 10 min at room temperature and removed from the shell with tweezers. The snails were frozen again in liquid nitrogen and powdered using a sterilized mortar. The tissue powder was placed in 2 mL microcentrifuge tubes. For lipid content analysis, approximately 30 mg of tissue powder was added to 3 mL of chloroform: methanol mixture (1:2, v:v) and incubated for 5 min with periodic vigorous mixing. The mixture was centrifuged at 3000 × g for 5 min at room temperature and the supernatants dried out at 100°C. Sunflower oil in acetone was used as a standard. The dry samples were solubilized with concentrated sulfuric acid (H2SO4) and mixed with a vanillin reagent. The absorbance of samples and standards was measured at 490 nm using a FLUOstar® Omega microplate reader. For the determination of the carbohydrate and protein content, ∼50 mg of tissue powder was mixed in 0.5 mL of distilled water with 0.1% Triton (1:10 tissue mass to volume). Cells were lysed by three rapid freeze-thaw cycles of 5 min at −80°C followed by 5 min in a 37°C water bath and centrifuged at 3000 × g for 3 min at room temperature. The supernatant was used for carbohydrate and protein measurements. Carbohydrate concentrations were measured using the phenol-sulfuric acid method with glucose as a standard (Masuko et al., 2005). To calculate the carbohydrate content (in glucose equivalents), absorbance was measured at 492 nm using a FLUOstar® Omega microplate reader. The soluble protein content was determined using the Bradford assay with bovine serum albumin (BSA) as a standard by measuring absorbance at 595 nm using the FLUOstar® Omega microplate reader.

Total energy reserve was calculated by transforming the measured protein, lipid, and carbohydrate content into energy equivalents using their respective energy of combustion: 24 kJ g–1 for proteins, 39.5 kJ g–1 for lipids, and 17.5 kJ g–1 for carbohydrates (Gnaiger, 1983).



16S rRNA gene analysis


Snail preparation for 16S rRNA gene analysis

For the 16S rRNA gene analysis, the frozen snails were allowed to thaw for 10 min at room temperature and cleaned with 90% ethanol. The soft body of the snail was removed from the shell with tweezers on a sterile Petri dish without breaking the shell, avoiding contamination from bacteria living on the shell. The gastrointestinal tract of the snail was dissected, placed into the 2 mL Eppendorf tube and frozen at −80°C for further analysis.



DNA extraction process

DNA of the snails’ gastrointestinal microbiome, biofilm, feces, and water filters was extracted using the phenol:chloroform method according to the modified protocols from Lueders et al. (2004) and (Weinbauer et al., 2002) as described in detail in Kivistik et al. (2020). In brief, to release the DNA, we used mechanical bead beating and thermal disruption (65°C for 1 h). For the precipitation, we used phenol:chloroform:isoamyl alcohol (25:24:1) at pH 8 and chloroform:isoamyl (24:1) to separate the DNA from the cell debris. The RNA was removed after chloroform/phenol extraction using RNase A (Qiagen). The subsequent purification steps included ice-cold isopropanol and 96% ethanol. The remaining pellet was resuspended in the 50 μL AE buffer (10 mM Tris-Cl, 0.5 mM EDTA; pH 9.0) (Qiagen). The amount and quality of the DNA were estimated using a NanoDrop™ UV-Vis spectrophotometer. The DNA sequences were amplified using the primers Bakt_341F and Bakt_805R according to a modified protocol of Herlemann et al. (2011) using 30 PCR cycles and processed as described in Kivistik et al. (2020).



Sequencing

Amplicons were purified using PCR Kleen (Bio-Rad). Illumina TrueSeq adapters and P5/P7primers tags were added to amplicons in the second PCR reaction and sequenced at FIMM, University of Helsinki, Finland. A total of 7,353,519 reads were generated for 66 samples by Illumina MiSeq sequencing using PE250 chemistry (MiSeq Reagent Kit v2). The resulting sequences were processed using Trimmomatic (V0.36) (Bolger et al., 2014) to remove Illumina-specific sequences and regions with low sequence quality (average quality score < Q20). PCR primers were removed using the default values in Cutadapt (V2.3) (Martin, 2011). The reads were paired (16 bp overlap, minimum length 300 bp) using the VSEARCH tool (Rognes et al., 2016). These were then taxonomically assigned using the SILVA next-generation sequencing (NGS) pipeline (Glöckner et al., 2017) using the SILVAngs analysis platform release version 138 (Pruesse et al., 2007). SILVAngs analysis platform performs additional quality checks according to SINA-based alignments (Pruesse et al., 2012) with a curated seed database in which PCR artifacts or non-SSU reads are excluded. The longest read serves as a reference for taxonomic classification using a BLAST (version 2.2.30 +) search against the SILVA SSURef dataset. The classification of the reference sequence of each cluster (98% sequence identity) is mapped to all members of the respective cluster and to their replicates. Non-bacterial sequences such as chloroplasts, mitochondria, eukaryotes, and Archaea were excluded because the primer set employed in the analysis has only limited coverage. The raw reads of the 16S rRNA genes were deposited at the NCBI SRA under bioproject PRJNA724976, accession number SAMN18865776-SAMN18865895.




Host species taxonomic identification

To verify the species’ taxonomic identification, an internal transcribed spacer 2 (ITS2) analysis of A. balthica was conducted. The DNA was amplified as described in (Kivistik et al., 2020) using the primers LT1 (Bargues et al., 2001) and ITS2-Rixo (Almeyda-Artigas et al., 2000). The PCR protocol was 94°C for 4 min for denaturation followed by 35 cycles of 94°C for 30 s, 56°C for 30 s, 72°C for 1 min, and the final extension at 72°C for 7 min. The amplicon was purified using PCR Kleen (Bio-Rad) and Sanger sequenced by the sequencing facility at Tartu University, Estonia. The sequences from the ITS2 region were quality-checked using the software Chromas (Technelysium Pty Ltd., Australia); forward and reverse reads were assembled after low-quality reads were discarded. All the sequences were imported into ARB (Ludwig et al., 2004) to calculate a maximum likelihood phylogenetic tree (PhyML). Bootstraps were calculated using the RAxML 7.0.3 (Stamatakis, 2006) rapid bootstrap analysis with 1000 runs as implemented in ARB and added to the PhyML tree. The ITS reads were deposited at EBI under accession number OA985092-OA985113.



Statistical analysis

The number of reads per sample varied between 1,004 and 86,933 reads, therefore, the data were normalized by cumulative sum scaling (CSS) using the R (Ihaka and Gentleman, 1996) package metagenomeSeq (Paulson et al., 2013). Bacterial α-diversity is represented by the Chao1 index calculated with R using the “phyloseq” package (Mcmurdie and Holmes, 2013). For testing the sample groups’ homoscedasticity, we used Levene’s test from calculated energy content and Chao1 means. A one-way ANOVA test with an additional post hoc Tukey’s Honest Significant Differences (HSD) test was used to calculate significant differences between the number of OTUs in the samples and differences in total energy reserves. For the coastal snail samples’ total energy reserve, we used Welch’s ANOVA test with an additional Games-Howell post hoc test. The mean difference in community dissimilarity among the different treatments was determined by beta-dispersion analysis in PAST software, package version 4.07 (Hammer et al., 2001). Variations in bacterial community structure were characterized in a principal coordinate analysis (PCoA) using the Bray–Curtis dissimilarity in the “vegan” community ecology package of R (Oksanen et al., 2013) and PAST software package version 4.07 (Hammer et al., 2001) for visualization. The one-way permutational multivariate analysis of variance (PERMANOVA test) with Bray-Curtis dissimilarity was used to calculate differences between bacterial community compositions among analyzed sample groups. A linear discriminant analysis effect size (LEfSe) tool (Segata et al., 2011) was used to identify bacterial groups with multi-class analysis; the “One against all” was used with default settings (α = 0.05, N permutations = 1,000). OTUs identified in the LEfSe as significantly enriched were defined as indicator OTUs.




Results


Host body energy content

The snail mortality rate in salinity 6 aquaria was 95%; therefore, surviving snails from salinity 6 (n = 3) were excluded from the energy calculations and the rapid salinity rise from freshwater to salinity 6 was considered highly stressful for the snails. For testing the experimental sample groups’ homoscedasticity, we used Levene’s test from calculated energy content means, which was not significantly different (p > 0.05). Tukey’s HSD test showed that the freshly collected (day 0) ER A. balthica samples had a lower lipid energy content (0.7 kJ g–1 SE ± 0.3, p < 0.01) compared to samples from REF (6.9 kJ g–1 SE ± 0.2), AB (6.6 kJ g–1 SE ± 0.2) and SAL3 (5.5 kJ g–1 SE ± 0.2) aquaria (Supplementary Table 1). The lipid concentration decreased in samples from manipulated SAL3 A. balthica compared to the reference samples. The protein-associated energy content was lower on day 0 A. balthica (162.6 kJ g–1 SE ± 1.3, p < 0.01, Supplementary Table 1) compared to REF (178.4 kJ g–1 SE ± 1), AB (178.4 kJ g–1 SE ± 0.9) and SAL3 snails (184 kJ g–1 SE ± 0.9). The calculated energy reserve stored in carbohydrate compounds did not show any significant difference between the studied groups of A. balthica. The average total energy reserve (calculated as the energy content of lipids, proteins, and carbohydrates per gram of tissue) was 213 kJ g–1 for day 0 A. balthica, 215 kJ g–1 for reference, 250 kJ g–1 for AB treated, and 242 kJ g–1 for salinity 3 treated samples (Figure 2). Tukey’s HSD test did not show any significant difference in the total energy reserves between the studied groups of A. balthica.
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FIGURE 2
Total energy pool (kJ g–1) of the snails from the experiment and in situ sampling sites. Total energy pool kJ g– 1 calculated from the lipid, carbohydrate, and protein content of the snail tissues. Day 0: snails from freshwater Esna River on experiment’s day 0 (n = 6); REF: reference snails from non-manipulated freshwater aquaria (n = 11); AB: snails from antibiotics manipulated aquaria (n = 11); SAL3: snails from aquaria with raised salinity to 3 (n = 12). In situ FW: snails collected from natural freshwater sites (SP, SR, KR; n = 9); in situ SAL3: snails collected from a natural site with salinity 3 (SB, n = 3); in situ SAL6: snails collected from natural sites with salinity 6 (RE, RW, NÕ; n = 9).


The total energy reserves of the snail collected from the field sites with different salinities (SP, SR, KR, SB, NÕ, RW, and RE) were higher compared to ER snails on day 0 or those exposed to different experimental treatments in the laboratory (p < 0.01). The average energy content was 604 kJ g–1 for in situ freshwater snails, 671 kJ g–1 for in situ salinity 3 samples, and 738 kJ g–1 for in situ salinity 6 samples (Figure 2). Welch’s ANOVA test with an additional Games-Howell post hoc test did not show any significant difference for the total energy content between the field-collected snails from the freshwater, salinity 3 and salinity 6 sites.



Host species taxonomic identification

Since the total energy pools between in situ snails and experimental snails differed significantly, and snails from natural sites were tolerating higher salinity with no extra energy demand, we analyzed the internal transcribed spacer 2 (ITS2) biomarker regions to test whether this physiological variation might be due to the presence of cryptic species. Our analysis confirmed that the snails used in the experiments and from coastal regions (SP, SR, KR, SB, NÕ, RW, and RW) belong to A. balthica with almost identical ITS sequences (99% identity Figure 3).
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FIGURE 3
Maximum likelihood tree of nuclear marker internal transcribed spacer 2 (ITS2) sequence based on 398 sequence columns with ITS2 sequences using Stagnicola corvus as an outgroup. Sequences OA985092-OA985113 were derived in this study from Ampullaceana balthica sampled in the Esna River and the coastal sampling sites of Estonia. Filled dots represent a bootstrap value of 100% and empty dots of a bootstrap > 75%.




Host gastrointestinal bacterial richness

Among laboratory experiments and in situ coastal site samples, SILVA NGS classified 3,435 operational taxonomic units (OTUs) from a total of 3,195,039 sequences in 75 different phyla. For testing the sample groups’ homoscedasticity, we used Levene’s test from bacterial Chao1 index means which was not significantly different (p > 0.05). Transferring snails collected from ER to the reference aquarium (REF) resulted in a decrease in the bacterial Chao1 mean (ER: 540 SE ± 48.3; REF: 290 SE ± 48.3, p < 0.01, Figure 4). Further treatment with antibiotics or elevated salinity in the laboratory caused no significant change in the Chao1 mean of the A. balthica intestinal microbiome (AB: 250 SE ± 51.6, SAL3: 323 SE ± 51.6 and SAL6: 161 SE ± 78.8; p > 0.01). Similar to the manipulation experiments, the bacterial Chao1 means of the field-collected freshwater snails (SP, SR, and KR: Chao1 = 569 SE ± 51.6), salinity 3 snails (SB: 476 SE ± 96.6), and salinity 6 snails (NÕ, RE, RW: 578 SE ± 39.4) (Figure 4) were not significantly different (Tukey’s HSD test p > 0.01).
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FIGURE 4
Bacterial α-diversity represented by the Chao1 index. Day 0: snails from freshwater Esna River on experiment’s day 0; REF: reference snails from non-manipulated freshwater aquaria; AB: snails from antibiotics manipulated aquaria; SAL3: snails from aquaria with raised salinity to 3, SAL6: snails from aquaria with raised salinity to 6. In situ FW: snails collected from natural freshwater sites; in situ SAL3: snails collected from a natural site with salinity 3; in situ SAL6: snails collected from natural sites with salinity 6.


Interestingly, the detected bacterial diversity of the experiment’s day 0 snails (Chao1 mean 540 SE ± 48.3) was comparable to the bacterial diversity of the snails collected from the freshwater coastal area in situ (569 SE ± 51.6, p > 0.01, Figure 4). Also, Chao1 mean of in situ SAL3 (578 SE ± 39.4) and experimental SAL3 aquaria snails bacterial diversity (323 SE ± 51.6) were not significantly different (p > 0.05). An exception was the Chao1 mean of in situ SAL6 snails bacterial diversity, which was higher (578 SE ± 39.4, p < 0.01) compared to laboratory experiment SAL6 aquaria snails bacterial diversity (161 SE ± 78.8).



Host gastrointestinal bacterial community composition

The bacterial community composition on phylum/class level was comparable among all analyzed samples (Figure 5A). Samples were dominated by Proteobacteria (34–71%) of which Gammaproteobacteria (69–73%) and Alphaproteobacteria (9–40%) were the dominant classes. Furthermore, Planctomycetes (2.4–28%), Bacteroidetes (3.4–15.8%), Firmicutes (1–15%), Actinobacteria (1–10%), and Cyanobacteria (1-9%) were found in high abundance.
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FIGURE 5
(A) Relative abundance (%) of most abundant operational taxonomic units (OTUs) on Phylum/Class level in all analyzed samples. (B) Relative abundance of most abundant OTUs of laboratory experiment snail samples and in situ coastal area snail samples. Day 0: snails from freshwater Esna River on experiment’s day 0; REF, reference snails from non-manipulated freshwater aquaria; AB, snails from antibiotics manipulated aquaria; SAL3, snails from aquaria with raised salinity to 3, SAL6, snails from aquaria with raised salinity to 6. In situ FW, snails collected from natural freshwater sites; in situ SAL3, snails collected from natural site with salinity 3; in situ SAL6, snails collected from natural sites with salinity 6.


At the genus level, the most abundant bacteria in all analyzed snail gastrointestinal samples were Flavobacterium, Pirellula, Mycoplasma, Aeromonas, Pseudomonas, uncultured Microscillaceae OTU, Hydrogenophaga, Luteolibacter, and unclassified Rhodobacteraceae OTU (Figure 5B). The most abundant OTUs in experiment’s day 0 snail samples were Flavobacterium (0.5–1.0%), unclassified Rhizobiales (0.5–0.9%), and Pirellula (0.5–0.9%). After transferring snails to REF aquaria, the bacterial community was still dominated by Flavobacterium (1.0–2.9%), but Acinetobacter (1.0–2.3%), and Aeromonas (0.8–5.0%) became more abundant. The snails’ microbiome from the SAL3 aquaria was dominated by similar bacteria (Flavobacterium 0.7–3.2%, Acinetobacter 0.7–3.6%, and Aeromonas 0.7–3.5%) as the REF aquaria snails’ microbiome. Snails’ microbiomes from SAL6 aquaria were dominated by Aeromonas (1.7–2.4%), and Shewanella (1.7–2.1%) along with Pseudomonas (1.4–2.0%). The antibiotic manipulation caused Mycoplasma (0.7–1.9%), Pirellula (0.8–1.8%), and Chryseobacterium (0.6–1.8%) to become more abundant. Genera that dominated the in situ freshwater snail samples (SP, SR, and KR) were Mycoplasma (0.3–1.0%), unclassified Microscillaceae (0.3–0.9%), and Flavobacterium (0.5–0.8%). The relative abundance of the dominant OTUs in in situ salinity 3 (SB) snail samples was Rhodobacter (0.5–0.9%), unclassified Rhodobacteraceae (3.8-9.9%), and Hydrogenophaga (0.4–0.8%). The relative abundance of the dominant OTUs in in situ salinity 6 (NÕ, RW, and RE) snail microbiome was Mycoplasma (0.5–2.2%), unclassified Rhizobiaceae OTU (0.4–1.7%), and Pseudomonas (0.5–1.3%). In addition to the abundant bacterial genera, we identified characteristic OTUs for snail sample groups using LEfSe (Table 1).


TABLE 1    Characteristic operational taxonomic units (OTUs) for snail sample groups using linear discriminant analysis effect size (LEfSe) tool.
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A multivariate dispersion analysis to determine the variability in species composition did not show any significant differences within the experimental snail samples nor within snails collected from in situ conditions (p = 0.194, p = 0.020, respectively, Supplementary Figure 2). To visualize the differences in the host-associated bacterial community composition between the experiment and snails collected from in situ conditions, we employed PCoA (Figure 6). The PCo analysis indicated the difference in the microbiome of the day 0 snails relative to the snails maintained in experimental aquaria (Figure 6A). PERMANOVA test confirmed the difference between microbiomes of experiment’s day 0 snails and snails from aquaria (R2 = 85%, p < 0.01). The PCo2 separated antibiotic-treated snail microbiomes from the rest (R2 = 86%, p < 0.01; Figure 6A). Furthermore, the gastrointestinal bacterial community of salinity 6 treated snails was significantly different (R2 = 89%, p < 0.01) from the rest of the experiment snails (Figure 6A). Interestingly, five SAL3 aquaria snails’ microbiomes (Figure 6A) grouped with the snails from REF (Figure 6A) and two – with SAL6 samples (Figure 6A). Similar to the experiment, the in situ SAL6 samples differed significantly from the in situ freshwater (SP, SR, and KR) and in situ SAL3 (SB) snails microbiomes (R2 = 76%, p < 0.01, Figure 6B). The difference between in situ freshwater and in situ SAL3 snails’ microbiome was minor (p > 0.01). Comparison between the in situ snail’s and laboratory experiment snail’s gastrointestinal bacterial communities revealed a separation on the PCo1 (PERMANOVA R2 = 79%, p < 0.01, Figure 6C). The experiment day 0 and in situ freshwater bacterial communities (Figure 6C) clustered together. However, the microbiome of in situ fresh- and brackish site snails differed from experiments REF, AB, SAL3, and SAL6 aquaria snails (R2 = 60%, p < 0.01).
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FIGURE 6
Principal coordinate analysis based on the Bray-Curtis dissimilarity of bacterial community composition on operational taxonomic unit (OTU) level. (A) Experiment snail samples (AB samples are surrounded with the circle to illustrate the clustering from the other samples), (B) in situ coastal area snail samples, (C) experiment, and in situ coastal area snail samples.




Bacterioplankton community composition

The aquarium water bacterial α-diversity, represented by Chao1 mean, was 906 (SE ± 45.7) on experiment day 1 and 705 (SE ± 52.1) on day 8 and did not show significant difference across all aquaria (REF, AB, SAL3, and SAL6). The Chao1 mean of day 0 water samples 865 (SE ± 33.1) did not differ from day 1 and day 8 water samples’ bacterial diversity. The Chao1 mean was 1,055 (SE ± 45.6) for in situ freshwater water samples, 993 (SE ± 69.6) for in situ SAL3 samples, and 1,143 (SE ± 69.6) for in situ SAL6 samples. According to Tukey’s HSD test, the bacterial richness of water samples was not significantly different between the coastal area sampling sites (Supplementary Figure 3).

The most abundant bacterioplankton species in aquaria water samples and in in situ water samples were Flavobacterium and Limnohabitans. However, the aquarium water was also enriched with LD29, Methylocystis, and Cyanobium PCC-6307, and water from the coastal sites was enriched with Fluviicola, Sporichthyaceae hgcI clade, and Pseudomonas. Surprisingly, even though the PCo1 separated the day 1 and day 8 water samples, the bacterial community composition was similar according to PERMANOVA test (REF: R2 = 54%, p = 0.09, n = 5; AB: R2 = 23%, p = 0.2, n = 4; SAL3: R2 = 43%, p = 0.1, n = 6), except for SAL6 aquaria day 1 and day 8 samples (R2 = 51%, p < 0.01, n = 8) (Supplementary Figure 4A). However, a larger sample size might have shown a clearer result. Water bacterial communities from the in situ fresh- and brackish sites differed from each other showing site-specific bacterial community compositions (Supplementary Figure 4B).



Impact of water and food sources on the gastrointestinal bacterial community composition

The most abundantly found bacteria in biofilm samples differed from those in the water and the snail microbiome and included uncultured Rhodobacteraceae, Flavobacterium, uncultured Saprospiraceae, Hydrogenophaga, and Porphyrobacter. The most abundant bacteria found in the snail feces were Pseudomonas, Acinetobacter, Flavobacterium, Simplicispira, and Acidovorax. PCoA (Figures 7A,B) indicated a clear difference between gastrointestinal tract microbiome and water samples for both experiments and in situ samples with no similarity between water–microbiome pairings from the same aquarium or in situ sampling site. The PERMANOVA test with the Bray–Curtis dissimilarity confirmed that the bacterial communities of snail microbiome samples were different from water samples (R2 = 70%; p < 0.01; Figures 7A,B), biofilm (R2 = 54%; p < 0.01), and feces (R2 = 5%; p < 0.01) (Figures 7C,D).
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FIGURE 7
Principal coordinate analysis of bacterial community composition based on the Bray-Curtis dissimilarity on operational taxonomic unit (OTU) level. (A) Experiment snail and aquarium water samples, (B) in situ coastal area snail and water samples, (C) experiment snail and fecal samples, (D) in situ coastal area snail and biofilm samples.





Discussion

Communities respond differently to disturbances depending on the disturbance type, length, intensity, and frequency, as well as the species tolerance capacity (Sousa, 1984). We investigated the impact of the disturbance caused by salinity upshift on the gastrointestinal microbiome of A. balthica to understand the capacity of the host to protect its microbiome. Although this investigation is based only on one species, it improves our understanding of host-microbiome interactions in a changing environment especially in view of further sea level rise, change in land use, and extreme weather events affecting coastal and inland freshwater communities.


Impact of the salinity manipulation on the hosts’ total energy pool

In this study, we used lipid, carbohydrate, and protein compound measurements from the snail tissue to estimate the total energy pool of the specimens. The experimental shift from freshwater to salinity 6 caused high mortality (95%) after 8 days of saline stress. The high mortality indicated that the freshwater population of A. balthica used for the laboratory experiments has limited capacities to osmoregulate during a sudden salinity increase. However, A. balthica can be found at a salinity of >15 in coastal areas, demonstrating its general capability to adapt to elevated salinity (Zettler et al., 2006). The high levels of energy reserves of the snails taken at salinity 6 on the coastal sites indicated that the long-term adaptation to elevated salinity is not associated with the impaired energy status (Figure 2). However, lower energy availability (such as has been observed in the laboratory-maintained snails in our present study) might impair the ability of snails to survive an acute increase of salinity to 6. Although we could not assess the energy status of the snails during the laboratory experiments with salinity 6, high mortality in this experimental group suggests a major disruption of metabolism and energy homeostasis (Sokolova, 2021). The sudden shift from freshwater to salinity 3 showed no change in the total energy reserves. Differences in the response to salinity 6 and salinity 3 may be connected with the different osmoregulation strategies employed by the snails at these salinities (Jordan and Deaton, 1999). Many euryhaline gastropods osmoregulate in the lower part of their salinity tolerance range (typically < 100 mOsm corresponding to salinity < 3) and osmoconform at higher salinities (Jordan and Deaton, 1999). Thus, the transition to the osmoconforming strategy combined with the low levels of energy reserves in the laboratory-maintained A. balthica might have overstressed the organism’s capacity to maintain intracellular homeostasis at salinity 6.

The body energy content of the snails maintained for 8 days in the aquaria was higher than in those collected from the freshwater ER (day 0 snails, Figure 2). Furthermore, the energy reserves of the day 0 snail samples were lower than in the snails collected from in situ coastal sampling sites. This suggests a stressful situation in the freshwater ER during sampling. Data from the Estonian Weather Service (www.ilmateenistus.ee) indicate that the summer of 2018 was unusually warm and dry in Estonia. This could explain the lower total energy pool measurements of day 0 snails compared to the total energy pool of the samples collected from the Estonian coastline from 2019. A. balthica has a low tolerance to increasing water temperatures (Cordellier and Pfenninger, 2009) and their optimal temperature is 16-20°C with elevated mortality and reproductive failure above 24°C (Johansson and Laurila, 2017). Therefore, a temperature rise of >20°C for an unusually long period in rivers, observed in the summer of 2018, could cause high-stress levels and may be responsible for the impaired energy status of the experiment’s day 0 snails. In the laboratory experiments, eight days of recovery under optimal temperature conditions (∼17°C) restored the energy balance and increased the deposition of energy reserves in A. balthica.



Impact of disturbance on the host gastrointestinal bacterial community


Impact of salinity on host gastrointestinal bacterial richness

Changes in salinity (freshwater or marine water becoming brackish) cause a reduction in invertebrate richness (Remane, 1934) and phytoplankton diversity (Olli et al., 2019). However, in certain cases, a peak of microbial species occurring in intermediate salinities has been described (Telesh et al., 2011; Pavloudi et al., 2017). Our results showed evidence for a similar Chao1 mean of the experiment’s day 0 snails and the field-collected snails from the coastal freshwater sites (SP, SR, and KR) (Figure 4). Furthermore, Chao1 means did not differ between the samples from different experimental conditions or between different in situ samples (Figure 4). This is consistent with the earlier findings showing that the pelagic and benthic bacterial richness is rather constant along environmental salinity gradients (Herlemann et al., 2011, 2016; Berga et al., 2017; Klier et al., 2018). Previous research in host-associated systems has shown that the freshwater-saltwater change did not affect the bacterial α-diversity in Salmo salar L. (Dehler et al., 2017) or Theodoxus fluviatilis (Kivistik et al., 2020) even with the salinity change from 0.5 to 28.

However, a reduction of Chao1 was observed by transferring day 0 snails to the REF aquarium for 8 days (Tukey’s HSD test, p < 0.01) and the Chao1 index of the aquarium snails was lower than the Chao1 mean of coastal area samples. This may indicate an experimental-driven response. A decline in bacterial richness and changes in the bacterial community composition due to an organism’s transfer from natural conditions to aquaria settings has been observed previously (Pratte et al., 2015; Kivistik et al., 2020). The changes in bacterial communities due to the transfer to closed systems have been ascribed to grazing (Jürgens and Güde, 1994), changes in the carbon quality (Herlemann et al., 2014), missing replacement of bacteria (Ionescu et al., 2015), alternative strategies to acquire carbon (Herlemann et al., 2019), and accumulation of toxic metabolites. In addition, the change in the conditions of the host due to the shift from a river environment to a pond-like environment in the aquarium could influence the bacterial richness. Overall, our results suggest that the number of bacteria observed in a host-protected environment is influenced by other factors than by the changes in salinity.



Impact of the salinity on host gastrointestinal bacterial community composition

The bacterial 16S rRNA gene profiling revealed a diverse community predominantly derived from Gammaproteobacteria, Alphaproteobacteria, Bacteroidetes, Firmicutes, Actinobacteria, Planctomycetes, and Cyanobacteria. The high abundance of Gammaproteobacteria and Alphaproteobacteria has been previously found in invertebrate gastrointestinal microbiomes including Achatina fulica (Pawar et al., 2012), Diplopoda, Cylindroiulus fulviceps (Knapp et al., 2009), and oysters (King et al., 2012). However, the analysis at a finer taxonomic resolution (OTUs) indicates that the composition of the gastrointestinal bacterial community of A. balthica changes in response to elevated salinity. A clear difference between freshwater and salinity 6 treated snails was found, but interestingly, the bacterial community composition of snails from salinity 3 seems to have the ability to develop in opposite ways to resemble either the freshwater or salinity 6 samples. This pattern was apparent in the snails from the experimental aquarium SAL3 as well as in those collected in situ at the salinity 3 (SAL3) site. In pelagic environments, gradual changes in the bacterial community composition at increasing salinities have been previously observed (Herlemann et al., 2011) similar to the changes found in the water samples in our present experiment. Our results suggest that in a host-protected environment of A. balthica, the gastrointestinal bacterial communities show distinct salinity-associated profiles, either freshwater-like or salinity 6-like. This may be due to the gastropods’ ability to maintain stable internal osmolarity below salinity 3 and transition to osmoconformity at higher salinities (Jordan and Deaton, 1999). The presence of both types of gastrointestinal bacterial communities in the snails acclimated or adapted to salinity 3 might be due to the individual variability of the hosts’ osmoregulatory capacities, so that some individuals maintain the internal osmolarity similar to that found in the freshwater, while others switch to osmoconformity. This hypothesis requires further investigation. Overall, our bacterial community composition analysis partially contradicts the first hypothesis of our present study that snails collected from freshwater habitats change their bacterial community composition in response to the salinity pulse. The response and scope of the change in the host-associated bacterial community depend strongly on the disturbance strength since only a strong change (freshwater to salinity 6) affected the bacterial community composition. Therefore, in a host-protected environment, the strength of the disturbance determines its effect. Previous studies in other environments also identified intensity as a key feature that determines how communities respond to the disturbance (Sousa, 1984; Mccabe and Gotelli, 2000; Berga et al., 2012; Shade et al., 2012; Gibbons et al., 2016).

In this study, we also used antibiotic amended aquaria for the control manipulation since the antibiotics are known to be a very strong disturbance to bacterial communities. A clear effect on the bacterial community composition of AB-treated samples was recognized, indicating that the antibiotics treatment influenced the bacterial community strongly and differently than salinity. Antibiotics have been previously shown to change the gastrointestinal bacterial community of humans (Nogueira et al., 2019) and aquatic invertebrates (Holt et al., 2021). Our experiment shows that different stressors cause distinct reactions in the bacterial community in a host-protected environment.

Our results indicate also that the water bacterial community are disconnected from the host-protected microbiome and have little influence on its composition (Figure 7). Similar to our results, Schmidt et al. (2015) found that changes in the microbiome of a euryhaline fish are not correlated with the changes in the surrounding water bacterial communities. Therefore, deterministic processes may play a main role in composing the host-associated microbiome and leave little room for stochastic impacts (Tilman, 2004). Schmidt et al. (2015) also concluded that niche-appropriation with the best competitors at each salinity level is likely driving host-associated microbiome assembly; this mechanism might also partially explain our present findings.



Permanent members of the host gastrointestinal bacterial community composition

Regardless of the manipulation with different salinity levels, specific bacteria were present in all samples, suggesting an important role of these in the symbiotic relationship with the host. For example, Mycoplasma was one of the most abundant bacterial genera found in the snails’ gastrointestinal tract regardless of the origin (aquarium or field sites). As permanent residents of the A. balthica gastrointestinal tract, Mycoplasma may support the digestion of the algal (cellulose-based) food (Fraune and Zimmer, 2008). Genome studies of Mycoplasma revealed a high number of genes involved in the degradation of glycans, proteins, and complex oligosaccharides, suggesting that Mycoplasma supplies amino sugars and simple carbohydrates to the host (Wang et al., 2016). Mycoplasma has been shown to play an important ecological role for gastropods (Cicala et al., 2018) by protecting the hosts against microbial pathogen infections through sialic acid lyases that can break down the sialic acid cell-wall “coat” used by many bacterial pathogens (Severi et al., 2007; Wang et al., 2016). Mycoplasma has been found in various host-microbe systems including Atlantic salmon (Llewellyn et al., 2016), abalone (Cicala et al., 2018), oysters (Arfken et al., 2021), and the freshwater snail Radix auricularia (Hu et al., 2018).

In addition to Mycoplasma, Flavobacterium, and Pseudomonas were very abundant in all our snail samples. These genera are among the most commonly detected bacteria in the gastrointestinal systems of aquatic animals such as fish and aquatic invertebrates (Harris, 1993; Huber et al., 2004). Several Flavobacteria play a role in the mineralization of carbohydrates, amino acids, proteins, and polysaccharides in aquatic ecosystems. Flavobacterium as well as Pseudomonas are generalists and their abundant presence may reflect their broad environmental tolerance ranges and the important role of dispersal-related mechanisms in their community assembly (Yasuda and Kitao, 1980; Dempsey et al., 1989; Liu et al., 2011; Székely and Langenheder, 2014).



Adaptation to higher salinity of the host gastrointestinal bacterial community

The studied organism, A. balthica, can tolerate a salinity level of >6 in its natural environment. However, the experimental pulse salinity increase resulted in a high mortality rate. The bacterial community composition at salinity 6 in aquaria and in situ salinity 6 sites showed significant differences. Therefore, our results support the second hypothesis that the intestinal microbiome needs a long-term adaptation to higher salinity. Unlike the changes induced by salinity 6, the gastrointestinal microbiome responses to salinity 3 were less distinct and tended to converge on the community profiles similar to either those found in the freshwater or salinity 6. Salinity 3 is near the salinity threshold where A. balthica is able to regulate the osmolarity of extracellular fluids (Jordan and Deaton, 1999) and may therefore represent a critical tipping point for the host-microbiome relationship in gastropods.

Our study shows that within a host-protected environment the salinity disturbance causes the development of distinct states that depend on the strength of the disturbance. For sea level rise scenarios this indicates that an increase in salinity will also influence the host-protected microbiome if specific thresholds (in the case of gastropods, salinity ∼3) are exceeded. However, our study also showed that long-term adaptation influences the response of the host and its bacterial communities. The influence of other factors including food source, gastrointestinal physiology, and morphology, as well as the host’s gastrointestinal unique environment are expected to have a strong influence and may be subject to further studies.
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Sample Location Country Species

ACrra Roscoff France  Aurelia
coerulea
AC,ap Shirahama Japan Aurelia
coerulea
ACchi Fenghuang Lake China Aurelia
coerulea
ACusa Monterery Bay Aquarium ~ USA Aurelia
coerulea
ACspa Catalunya Spain Aurelia
coerulea
ASisr Red sea Israel Aurelia solida

ASsio Koper port Slovenia  Aurelia solida
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Comparison group Taxa types OTU numbers df F Pr (>F)
A. coerilea vs A. solida core 20 34 2.698 0.030*
rare 627 34 1.051 0.403
conditionally rare 0 NA NA NA
abundant 586 34 2.287 0.044*
A. coerulea core 20 24 1.618 0.074
rare 250 24 1.019 0.420
conditionally rare T2 24 1.172 0.148
abundant 38 24 1.426 0.087
A. solida core 20 9 0.947 0.384
rare 193 9 0.964 0.530
conditionally rare 519 9 0.779 0.884
abundant 32 9 0.850 0.438

“NA” represented not available. The values of p < 0.05 were marked with “*”.,
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Parameter Observed Value

25°C 32°C
The interaction frequency 0.04 0.06
Sender-receiver asymmetry -0.22 -0.15
The network diameter 5.0 4.0
Nestedness 0.984 0.969
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7ad7a993096d762eea0f11b6e9b12697 BW1 Saccharicrinis fermentans 91.5 0.768726 1.14E-05
45adbed4e7caeb4864617a35df730e45 BW2 Saccharicrinis fermentans g1.2 0.668635 0.000355
Oacddd2c18bc6b015bf0f83dab2bb20b BW3 Kiritimatiellaeota bacterium S-5,007 89.7 0.66822 0.000359
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7ad7a993096d762eealf11b6e9b12697 DMA1 Saccharicrinis fermentans 91.5 0.628922 0.000995
1292¢35¢fbc3711fd999120ffa6f9a69 DM2 Flaviramulus ichthyoenteri 88.6 -0.68511 0.000221
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