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In this study, we developed an extra-uterine life-support system (artificial uterus) for viviparous elasmobranchs. Using this system, we maintained two embryonic specimens of the slendertail lantern shark (Etmopterus molleri) for approximately 5 months, the longest published record of the captive maintenance of the embryos of this species. This system is characterized by the use of a urea-containing artificial incubation fluid, of which the salinity and osmotic pressure are approximately equivalent to those of shark blood plasma. We hypothesized that this fluid reduces the salinity gradient between embryonic blood plasma and the environmental fluid, which thereby contributes to countering the low osmoregulatory capacity of viviparous shark embryos. However, the incubated specimens subsequently died during the process of seawater adaptation following “artificial birth.” Accordingly, information pertaining to uterine chemical dynamics throughout the gestation period is necessary for the design of a more effective incubation system. This technique will be relevant and may find application in conservation breeding at public aquaria in the future.
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INTRODUCTION

An extra-uterine life support system, or artificial uterus, represents a novel option for the medical treatment of premature fetuses. By supporting fetal respiration and nutrition, such systems facilitate fetal development outside the uterus. In a pilot study on this technology, Partridge et al. (2017) used a system that supplies oxygen and nutrients to fetal blood through a plastic tube connected to the umbilical cord, and succeeded in maintaining lamb fetuses in a plastic bag (“biobag”) filled with artificial amniotic fluid for a maximum of 28 days. Such artificial uteruses have applications not only for medical treatment in human hospitals, but also in public zoos and aquaria. In recent years, zoos and aquaria are expected to function as nature conservation facilities, and captive breeding in particular is probably the most direct way to contribute to increases in wild populations (Rabb and Saunders, 2005). However, captive breeding techniques are not yet well established for many vertebrate species including elasmobranchs (sharks, skates, and rays). More than 80% of the 387 species of elasmobranchs listed as threatened species by the IUCN Red List are viviparous, and the technology to maintain viviparous embryos that are born prematurely or extracted alive from the dead female is necessary to establish conservation breeding technologies.

In this paper, we report the development of an artificial uterus designed specifically for elasmobranchs, and describe its preliminary application for sustaining viviparous shark embryos. Using this system, we maintained embryos of the slendertail lantern shark (Etmopterus molleri) for longer than 5 months until “birth,” the longest reliable record of the maintenance of viviparous elasmobranch embryos in captivity. The slendertail lantern shark is a relatively small (up to 46 cm in total length) deep-water shark that is distributed in the West Pacific (Compagno, 1984). The genus Etmopterus is particularly noted for its bioluminescence capacity, which is attributed to the large number of specific photogenetic organs (photophores) distributed across the body surface that emit a blue-green light generated via biochemical reactions (e.g., Duchatelet et al., 2019). Etmopterus has several advantages in the development of an artificial uterus in elasmobranchs. First, this genus is commonly distributed around Okinawa and is available as bycatch from local fishermen. Second, embryonic development in Etmopterus is largely sustained by its own yolk, with little nutritional input from the mother to the embryo (Cotton et al., 2015). This is in contrast to some viviparous elasmobranchs, such as lamniform sharks and myliobatiform stingrays, in which large quantities of nutrients are supplied from the mother to the embryo (Musick and Ellis, 2005). Thus, the high degree of independence of embryonic nutrition in Etmopterus allows for the development of the simplest artificial uterus systems and can provide a technical basis for more complex systems involving mechanisms to supply nutrients to the embryo. In the past, the husbandry team at Okinawa Churaumi Aquarium have strived to maintain these sharks, both adults and embryos, in cold filtered seawater. However, despite more than 20 years of attempting, they have yet to succeed in maintaining these sharks in captivity for more than a week (MT, pers. obs.).



MATERIALS AND METHODS


Artificial Uterus

The core system of the newly designed artificial uterus comprises three elements, namely, the main chamber, reserve tank, and filtering system (Figure 1). The main chamber, in which the embryos are incubated, is cylindrical in shape, with a diameter and depth of 50 and 60 cm, respectively. The incubation fluid enters the chamber from bottom, flows upward at a steady rate of 10 L/min, and is expelled via the top of the chamber. Two 500-mL plastic jars, each containing a single embryo, are place at mid-depth in the chamber. The mouth of these jars is covered with a plastic net (mesh size = 1.5 mm), which facilitates free exchange of fluid between the inside and outside of the jar.
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FIGURE 1. (A) The circuits and components of the artificial uterus developed in this study, consisting of a main chamber (mc), reserve tank (rt), filtering system (fs), and supply tank (st). (B–D) Photographs of components of the artificial uterus shown in (A). Main chamber and reserve tank are placed in a water bath to maintain an internal temperature of 13°C.


The fluid that is expelled from the main chamber is channeled into the reserve tank, wherein it is aerated and pumped into the filtering system, flowing through 10.0, 2.0, and 0.65 μm-mesh filters. Having been filtered, the fluid is sterilized by exposing to UV light (UVF1000; IWAKI Co., Ltd., Tokyo) and thereafter returned to the main chamber. The temperature of the fluid in the artificial uterus is maintained at 13°C.

The supply tank functions as a peripheral system that supplies fresh incubation fluid to the core system of the artificial uterus. The fluid in this tank is maintained at a temperature of 12°C and is periodically delivered to the reserve tank at a rate of 30–50 mL/min.



Artificial Uterine Fluid

For the purposes of the present study, we used a fluid that is isotonic to shark blood plasma (herein referred to as “artificial uterine fluid”) for embryonic incubation. This fluid was prepared by dissolving 3.5 kg urea to 46 L of chlorine-free tap water, which was made up to a final volume of 100 L with filtered seawater. The salinity and osmotic pressure of this fluid (the chemical composition of which is listed in Table 1) are approximately equivalent to those in shark blood plasma. The salinity of the fluid was established based on reference to the sodium concentration in the blood plasma in Triakis scyllium (Takei, 2012). The amount of dissolved urea was determined based on the sum of the molarities of blood urea and trimethylamine N-oxide (TMAO), the primary and secondary major osmotic solutes in shark blood plasma, respectively. The molarity of blood urea was based on the value determined for T. scyllium (Takei, 2012), whereas the molarity of blood TMAO, the value of which in T. scyllium has not been determined, was based on the value in Rhincodon typus (KM, unpublished data).


TABLE 1. Chemical measurements and osmotic pressure of artificial uterine fluid (n = 17).

[image: Table 1]


The Maintenance of Embryos in Captivity

A single pregnant slendertail lantern shark (Etmopterus molleri) was obtained from local fishermen on the main island of Okinawa, Japan, who captured the specimen during hook-and-line fishing. Following capture, the shark had been maintained in a cooler box filled with seawater in the fishing boat, but died during the 6-h return trip and was donated to the Okinawa Churaumi Aquarium (Okinawa) for scientific purposes. Ultrasound examination of this specimen revealed that the uterus contained a total of six living embryos, which were recovered using a scalpel and forceps. Two randomly selected embryos (specimens 1 and 2) were subsequently placed in the aforementioned artificial uterus set up at the aquarium (day 1 of embryonic incubation) (Figure 2), whereas the remaining four embryos (specimens 3–6) were placed in small aquaria filled with 13°C filtered seawater.


[image: image]

FIGURE 2. An overview of the incubation experiment using lantern shark embryos.


Embryonic incubation in the artificial uterus was performed in two steps. In step 1, the embryos were incubated solely in the artificial uterine fluid, with 120 L of fresh incubation fluid being introduced into the artificial uterus approximately once per week to flush out the accumulated ammonia. Step 2 constitutes a preparatory phase initiated prior to birth. This step is similar to step 1, although differs with respect to the periodical exposure of embryos to seawater. For this process, 110 L of seawater was introduced into the artificial uterus once a week. On the day after each seawater addition, the same volume of fresh artificial uterine fluid was introduced into the artificial uterus to maintain the requisite sodium and urea concentrations in the main chamber.

The embryos were released from the plastic jars when the external yolk was fully retracted. This process facilitates fetal transition from a state of highly restricted movement in a confined space to a state of more free movement. We defined this process as “artificial birth” and the day on which this event occurred was defined as day 1 after birth. Immediately after this operation, specimen 1 was moved to a seawater tank located externally to the artificial uterus. This tank is cylindrical in shape, with a diameter of 100 cm and depth of 100 and 60 cm, respectively, and was filled with 1,000 L of seawater. Water temperature was maintained at 12°C. In contrast, specimen 2 was retained in the main chamber of the artificial uterus, and the fluid within the chamber was gradually replaced with seawater over the course of the 2-week period after birth.



Monitoring of Water Chemistry and Embryonic Development

The water temperature in the main chamber was measured daily using a digital thermometer. Water chemistry (sodium, urea, and ammonia) was monitored using a DRI-CHEM 7000 V automated clinical chemistry analyzer (Fujifilm Co., Tokyo, Japan). The abundance of bacteria in the artificial uterine fluid was quantified using an Uricult E culture system (Sekisui Medical Co., Tokyo, Japan).

The condition of embryos was visually assessed twice daily (at 10:00 and 17:00) by confirming the presence of respiratory behavior (e.g., rhythmical gill flap motion and opening/closing of spiracle) and reaction to red light (e.g., body undulation and head reorientation), and were also recorded using a GoPro HERO 5 camera (GoPro Inc., San Mateo, United States) once or twice weekly. To minimize potential stress to the embryos, the duration of each observation period was limited to a maximum of 5 min. To determine temporal changes in the size of the external yolk sac, we calculated the relative external yolk sac size (r) using the following equation:

[image: image]

where ysw is the maximum width of the external yolk sac and hdl is the head length (Figure 3). Both values were measured from the pixels of still images captured on GoPro video footage, using ImageJ software.
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FIGURE 3. An embryo specimen incubated in the artificial uterus. (A) Temporal changes in embryo external morphology, showing a reduction in the size of the external yolk-sac (*). (B) Changes in relative external yolk-sac size in specimen 1 (red) and specimen 2 (blue). The upper right-hand illustration in (B) represents the anterior half of the body of a lantern shark embryo, showing the locations of measurements used for calculating relative external yolk-sac size. hdl, head length; ysw, external yolk-sac width.





RESULTS


Embryonic Incubation

Until birth, embryo specimens 1 and 2 were maintained in the artificial uterus for 146 and 160 days, respectively. Throughout these periods, the total length of the specimens increased from approximately 10 to 15 cm. The specimens were initially characterized by the presence of external gill filaments; however, these filaments had completely disappeared by 60 days after the onset of incubation. The retrieved specimens also initially had an ellipsoid external yolk sac, the widths of which were approximately 1 cm (approximately 40–60% of the head length; Figure 3). During the course of incubation, the external yolk sac decreased in size and had become fully retracted at approximately 150 days after incubation onset (Figure 3). During the first month under the incubation conditions, the embryos remained relatively inactive, with activity being mainly restricted to respiratory motion. Thereafter, however, the embryos became more active, showing a strong swimming motion in response to external light stimuli. On the basis of the external morphological features of the specimens, the embryonic development observed in the present study was assessed to correspond to developmental stages 32–34 of Scyliorhinus canicula (Ballard et al., 1993).

Subsequent to birth, specimens 1 and 2 died on days 4 and 25 post-birth, respectively, which we suspect may have been attributable to a failure to adapt to the seawater environment. During the post-birth period, specimen 2 was observed to consume 0.1 g sakura shrimp (Lucensosergia lucens) meat on the 2nd day and two 0.15 g pieces of chub mackerel (Scomber japonicus) meat on the 9th day. For specimens 1 and 2, the total duration of maintenance in captivity was 150 and 184 days, respectively, which were considerably longer than that of the sibling embryos (specimens 3–6), which were maintained in seawater and survived for between 5 and 7 days (average = 6.3 days).



Changes in Water Chemistry

The changes in sodium, urea, and ammonia concentrations in the artificial uterus are shown in Figure 4. In step 1 of the incubation period, the concentrations of sodium and urea remained relatively stable at approximately 300 and 540 mmol/L, respectively. Contrastingly, during step 2, the introduction of seawater induced 10 corresponding spike-like fluctuations in the sodium and urea concentrations. Unlike the temporal patterns in sodium and urea concentrations, there was no clear difference between steps 1 and 2 with respect to ammonia concentrations. The frequent introduction of fresh artificial uterine fluid or seawater did, nevertheless, contribute to a long-term reduction in ammonia concentrations until the time of birth. The salinity of the artificial uterine fluid was calculated to be approximately 19.2‰, which was obtained based on the average value of seawater measured at the aquarium.
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FIGURE 4. Temporal change in the chemical composition (sodium, urea, and ammonia) of the incubation fluid prior to artificial “birth.” In the initial period of incubation (step 1), the specimens were maintained exclusively in the artificial uterine fluid, whereas in the latter phase of incubation (step 2), the specimens were periodically exposed to seawater (the durations of seawater exposure are shown in area denoted by gray lines).




Detection of Bacteria in the Artificial Uterus

Throughout the period of incubation, the number of bacteria in the incubation fluid within the main chamber was maintained at levels below the limit of detection.




DISCUSSION

The 160-day incubation achieved in this study is not only the longest record of maintaining embryonic lantern sharks in captivity but also among the longest periods of ex situ maintenance of viviparous elasmobranchs. To the best of our knowledge, the first documentation of the captive maintenance of embryonic viviparous elasmobranchs was that reported by Gilbert (1959), who maintained a late-term embryo of Squalus acanthias in seawater for 40 days. Similarly, Evans et al. (1982) maintained mid- to late-term embryos of S. acanthias in seawater for 7 days. More recently, Otway and Ellis (2012) have reported the maintenance of late-term embryos of Orectolobus ornatus for 18 days in seawater until ‘‘artificial parturition.’’ However, details of the longest recorded maintenance of elasmobranch embryos in captivity, albeit unpublished in the scientific literature, can be found on the webpage of the joint project between the Marine Science Museum Social Education Center, Tokai University (Shizuoka, Japan), and Aquamarine Fukushima (Fukushima, Japan), which indicate that embryonic Chlamydoselachus anguineus were sustained ex situ for 361 days (accessed on 2021.6.11).1

Given our findings that lantern shark embryos appear to be unable to survive in seawater for more than a week, it would appear likely that the artificial uterine fluid used in the present study played an essential role in prolonging embryo survival under captive conditions, although the underlying mechanisms remain to be determined. In this regard, however, we hypothesize that a small salinity gradient between blood plasma and environmental fluids is essential for maintaining a stable embryonic blood chemistry. This conjecture is based on the observations reported by Evans et al. (1982), who placed mid- and late-term embryos of viviparous Squalus acanthias in seawater and monitored the ensuing changes in blood chemistry, thereby revealing that the salinity of embryonic blood plasma was initially half the value of full-strength seawater, as in adult sharks, but shifted to a level close to that of seawater within a few days. These observations thus tend to indicate that in a high-salinity environment, the osmoregulatory capacity of viviparous shark embryos is not sufficiently strong to maintain blood salinity at an appropriate level. Our hypothesis that artificial uterine fluid contributes to maintaining embryonic osmoregulation could be further evaluated by demonstrating that the activity of potential embryonic osmoregulatory organs, such as the kidney, rectal gland, and external yolk sac, is maintained at a low level when the embryo is maintained in the artificial uterine fluid. Such information can be obtained based on immunohistochemical and gene expression analyses, as demonstrated by Takagi et al. (2014) in the case of embryos of the oviparous holocephalan Callorhinchus milii.

The remaining technical challenge is how to safely acclimate the incubated specimens to the seawater environment following “artificial birth.” We attempted to accomplish this process by periodically exposing the specimens to seawater prior to “artificial birth,” although this approach eventually proved unsuccessful. This gradual acclimation process was designed to mimic the mechanisms whereby some viviparous sharks, including Squalus acanthias and Orectolobus ornatus, periodically replace uterine fluid with external seawater during late gestation (referred to as uterine flushing by Ellis and Otway, 2011). In S. acanthias, the chemical composition of the uterine fluid is known to change through ontogeny. In early gestation, the ionic composition of the uterine fluid is similar to that of the maternal plasma, whereas in late gestation, it becomes closer to that of seawater (Evans et al., 1982; Kormanik and Evans, 1986; Kormanik, 1988, 1993). Acquisition of similar data for the uterine fluid in lantern sharks is accordingly considered essential for designing an appropriate pre-adaptation process for these species.

The development of an effective artificial uterus would be useful in the study of currently uncharacterized aspects of lantern shark ecology. In this regard, a feature of particular interest in the ecologies of this group of sharks is their ability to bioluminescence, which has been a subject of numerous studies that have focused on its mechanism. For example, it has been suggested that the bioluminescence of lantern sharks is not bacterial in origin, but is instead mediated via an inherent biochemical reaction, referred to as the luciferin–luciferase reaction (e.g., Duchatelet et al., 2019). One of the mysteries regarding this mechanism concerns the origin of luciferin. It has traditionally been assumed that lantern shark luciferin, although as yet unidentified, is an endogenous product of shark metabolism. However, Mizuno et al. (2021) have recently claimed that lantern shark luciferin is instead derived from the food they consume. This hypothesis is, nevertheless, still under debate, given that coelenterazine, a luciferin that Mizuno et al. (2021) believe to be lantern shark luciferin, has hitherto not been detected in lantern shark photophores (Renwart and Mallefet, 2013). As there is no likelihood that lantern shark specimens incubated in an artificial uterus would receive external inputs of coelenterazine, either from environmental fluid or the maternal body, we could establish the validity of Mizuno et al.’s (2021) hypothesis by (1) confirming whether or not these specimens emit light without an external input of coelenterazine and, if not, (2) confirming whether the oral administration of coelenterazine promotes the subsequent development of bioluminescence.

In summary, we developed a novel artificial uterus system for viviparous sharks and showed that lantern shark embryo development can be completed using this system. In the context of designing future zoos and aquariums, technology for animal conservation will become increasingly important (Rabb and Saunders, 2005). This technique of ex situ embryonic incubation contributes to animal conservation in the following ways: First by increasing the success rate of captive breeding programs and thereby reducing the burden on nature to maintain aquarium exhibits. Second, the technology can be applied to conservation breeding at public aquaria and aid in the recovery of wild animal populations, especially those of endangered species. Development of similar techniques applicable to a wider range of taxa and the rapid sharing of such information are vital to achieving this objective.
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Maintaining self-sustaining populations of zoo and aquarium collections can be challenged when natural reproduction fails within mixed-sex populations; however, reproductive success can sometimes be restored with the application of reproductive technologies. Among a population of three female and one male Zebra Sharks (Stegostoma tigrinum), production of young failed despite constant male presence with two of the females. To determine if assisted techniques could be used to rescue sexual reproduction, artificial insemination was performed in a singleton female twice over a three-year period using freshly collected semen. Hatching success for eggs laid by all three females was monitored to compare natural and artificial insemination modes. After the first insemination (December 15th, 2011), 143 yolked eggs resulted in no sexually produced offspring and four genetically-confirmed, parthenogenetic offspring. After the second insemination (September 24th, 2013), 62 yolked eggs resulted in two sexually produced offspring, 18 and 33 days after insemination, and three parthenogenetic offspring > 213 days post-insemination. For the two females housed with the male, no sexual offspring resulted. All females produced at least one hatched parthenote. This study successfully employed artificial insemination to circumvent barriers to natural reproduction in Zebra Sharks. With further development, artificial insemination represents a powerful tool that could be used for maintaining genetic diversity for animals housed in aquaria and conservation-based breeding programs for elasmobranchs.
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Introduction

Reproduction of animals in human care sometimes requires more than simple cohabitation of females and males as the physiological and behavioral processes involved can be complex (Ottinger and Mench, 1989). When natural reproduction fails, assisted techniques can be employed to overcome barriers. For example, artificial insemination (AI) is one of many reproductive technologies used to aid sexual reproduction in domestic and wildlife species (Malecki et al., 2008; Faigl et al., 2012). In its simplest form, AI is the process by which semen collected from a male donor is placed in the reproductive tract of a female. Thus, AI physically decouples the process of mating for species employing internal fertilization, which can offer alternatives when the barrier to reproduction is a lack of or inappropriate mating behavior (Huang et al., 2002; Zhang et al., 2004). AI also has implications for improved animal welfare as mating can present risks to one or both sexes (Ritter et al., 2019).

Many aspects of elasmobranch (sharks and rays) biology make them good candidates for implementation of artificial insemination for their care and management in zoos and aquariums. For example, copulation in elasmobranchs can be physically detrimental, especially to females (reviewed in Pratt et al., 2005). The risk of injury often leads to single-sexed populations being maintained in aquaria. While maintaining male-only or female-only collections minimizes risk of mating related injury and allows for population control, this challenges the ability to maintain genetically diverse populations across zoos and aquariums. In other wildlife species, AI has been used to overcome similar reproductive challenges, especially for species in peril (Blanco et al., 2009; Rodger et al., 2009; Howard et al., 2016), and may be an option for reproductive challenges for elasmobranchs in human care (Daly and Jones, 2017).

To date, AI has been attempted in only a handful of elasmobranch species with mixed success. A team of Japanese scientists reported successful AI of Cloudy Catsharks (Scyliorhinus torazame) in 1995 and Whitespotted Bamboo Sharks (Chiloscyllium plagiosum) in 1998, with fertility successes of ~77% and ~23%, respectively (Masuda et al., 2003). In 2005, Australian researchers attempted to synchronize AI with ovulation using sonography in Broadnose Sevengill Sharks (Notorynchus cepedianus), but failed to produce a pregnancy, despite documentation of ovulation (Daly and Jones, 2017). The cause of failure in this case was not identified but may have been due to errors in timing of insemination, semen quality, or method of insemination. More recently, Wyffels et al. (2021) reported success of AI in Whitespotted Bamboo Sharks by confirming sireship genetically rather than on fertility alone. However, in this study, a small number of offspring (1.1%) were produced by parthenogenesis, suggesting that presence of semen alone does not guarantee sexual reproduction. Parthenogenesis is the process whereby females produce viable offspring without genetic input from male conspecifics. Parthenogenesis has been documented across vertebrate species (see reviews: Booth and Schuett, 2016; Ramachandran and McDaniel, 2018), and has been observed in a number of elasmobranchs held in human care (Chapman et al., 2007; Feldheim et al., 2010; Harmon et al., 2016). In aquaria, parthenogenesis is documented when female-only populations (or individuals) give birth or lay fertile eggs; however, parthenogenesis has also been observed in the natural environment in endangered Smalltooth Sawfish (Pristis pectinata) (Fields et al., 2015). In both of these cases, parthenogenesis is hypothesized to occur due to a lack of male interaction, either by design in aquaria or due to population impacts leading to low encounter rates between males and females in the wild. Nevertheless, the co-occurrence of parthenogenesis and sexual reproduction for inseminated Whitespotted Bamboo Sharks as shown by Wyffels et al. (2021), represents a potential hurdle for implementation of AI that reliably results in sexually-produced offspring.

Development and use of AI in elasmobranchs also has conservation implications, given that many shark and ray species are imperiled (Dulvy et al., 2021), and aquariums and zoos are striving for sustainable methods of maintaining their collections. The option to breed animals in aquaria to produce genetically diverse offspring removes the need of institutions to source their collection from in situ populations and is an aim of some aquarium-driven conservation efforts (e.g. Wyffels et al., 2020a). Species like Zebra Sharks (Stegostoma tigrinum, formally Stegostoma fasciatum) that are both popular in collections and listed as endangered by the International Union for Conservation of Nature Red List of Threatened Species (Dudgeon et al., 2019) may serve as a good animal model for how AI can be used to achieve conservation goals as well as overcome reproductive hurdles as many institutions maintain individual animals or single-sex populations. Even when males and females are housed together, natural reproduction has had mixed success (Watson and Janse, 2017). In particular, successful natural reproduction of Zebra Sharks at Aquarium of the Pacific has failed to occur, despite cohabitation of a mature male with two mature females for 19 consecutive months. During this time, females laid yolked eggs, but none successfully hatched. Therefore, the goal of this study was to determine if sexual reproduction could be restored with implementation of assisted techniques. Two AI trials were conducted using freshly collected semen and the duration of fertility (i.e. length of time eggs with embryos were laid) was compared between females with physical access to the male and one isolated with access only to semen. Through these trials, we demonstrate the potential for AI to be used as an important tool for circumventing apparent barriers to natural reproduction in this species.



Materials and Methods


Husbandry

Zebra Sharks were housed in three different enclosures at Aquarium of the Pacific during the course of the study (Supplemental Table 1). All animals were obtained from Queensland, Australia, in 1992 (Fern – inseminated female), 2002 (Yin and Yang – females), and 2005 (Carlbe – male) and by the time of the study all were of adult length for females (> 169 cm total length) and males (> 147 cm total length) (Compagno, 2002) (Supplemental Table 2). The Zebra Shark male (Carlbe) was housed with two females (Yin and Yang) for the duration of the study in an approximately 1.4 million liter mixed tropical fish exhibit (Tropical Reef, “TR”), except for 5 months where he was isolated in an outdoor enclosure (0.25 million liters, “Holding 1”) between Nov 2012 and March 2013 and in 2014 from September to December (Supplemental Table 1). Tropical Reef is an indoor exhibit with artificial lighting (12 hr light:12 hr dark) and supplemented by natural light via skylights above the exhibit. He served as the semen donor for a third female (Fern) housed separately from the other Zebra Sharks in an outdoor ~0.41 million liter enclosure (Shark Lagoon, “SL”) seven months prior to the first insemination attempt and subsequently for duration of the study. All exhibits were filled with natural, filtered seawater kept at 23.8 – 25°C. Diet consisted of thawed seafood including shrimp, clam, squid and capelin fed at ~7% percent of their body weight weekly, along with a multivitamin supplement tablet (Mazuri Vita-Zu Shark/Ray; formula 5M24).



Semen Collection and Artificial Insemination

Semen collection followed by AI was conducted twice during the study. In both cases, the male was guided by divers into a vinyl stretcher at the water surface. For the first collection, the male was restrained manually after inducing tonic immobility, and for the second collection, he was chemically sedated with MS-222 (75 mg/L). In preparation for semen collection, the male was rotated into dorsal recumbency and the cloaca elevated above the water. The pelvic fins and claspers were splayed laterally to expose the urogenital papilla. External pressure was applied bilaterally to the body wall overlying the ampullae and semen was expressed (1-2 mL in 2011 and 8 mL in 2013) into a sterile vial directly from the urogenital papilla. After collection, semen was stored at room temperature (22 – 25°C), which was similar to the animal’s exhibit temperature, for ~30 min prior to insemination. Ten minutes before the first AI procedure, 1-2 mL of semen was mixed with 10 mL of sterile seawater to increase volume available for delivery. For the second AI procedure, undiluted, raw semen (8 mL) was used.

Artificial insemination was conducted on December 15th, 2011, and again 649 days later (~22 months) on September 24th, 2013, in the same female (Fern). Fern had been actively laying eggs for at least one month prior to each insemination as evidenced by egg cases collected during husbandry cleaning of the habitat. Before the first insemination procedure, eggs were observed in both uteri and during the second insemination procedure, eggs were observed in the right cervix. In preparation for AI, divers guided the female into a vinyl stretcher at the water surface. She was rotated dorsoventrally in the stretcher to induce tonic immobility and her cloaca elevated out of the water. The inseminate was placed caudal to the nidamental gland in each of the paired oviducts using a syringe and catheter (10-French 45 cm polypropylene) inserted via the cloaca and advanced approximately 30 cm past the cervix of each oviduct as determined by digital palpation. There was moderate resistance to cloacal palpation during the 2011 procedure; however, for the 2013 procedure, the cervix was easily identified due to an obstructing egg case. Placement of one gloved finger through the cervix next to the egg case allowed positioning and advancement of the catheter into the oviducts. For the first insemination (2011), 5 mL of seawater-diluted semen was deposited in each oviduct, while 5 mL and 3 mL of undiluted semen was deposited in the right and left oviduct, respectively, for the second insemination (2013). No flushing of the catheter with additional seawater was performed after the insemination. After the AI procedure (5-15 min), Fern was rotated upright and released into the husbandry pool. She was allowed access to the exhibit after demonstrating normal swimming and navigating behavior and was then subsequently observed for 15 min. Fern was visually observed by the attending veterinarian daily for 1 week after the procedure as well as twice daily over the course of the study for any behavioral or appetite changes.



Egg Collection and Monitoring

Oviposition was monitored for both the artificially inseminated female (Fern) and the presumed naturally inseminated females (Yin and Yang) from January 2012, when egg laying activities began after the first insemination attempt, until Oct 16th, 2014, 388 days after the second insemination attempt. Females laid yolked and non-yolked (wind) egg cases; however, records of wind egg cases were not kept in this study. When a yolked egg case was discovered, the date of laying was recorded and the egg was externally tagged with a unique ID number. In some cases, the date of laying could be ascribed to a particular week rather than day; in this case, date of laying was attributed to four days before (i.e. approximate half-way point between weeks). Eggs were assigned maternity by exhibit to either Tropical Reef (Yin or Yang) or Shark Lagoon (Fern). If eggs could not be confirmed to either of these locations (i.e. laying exhibit was not recorded) or the yolk status of the egg was ambiguous (i.e. no records of whether yolk deterioration occurred or not), the egg data was removed from subsequent analyses.

After tagging, egg cases were incubated in floating baskets in a 4,000 liter, closed-recirculating system kept on artificial lighting (12 hr light:12 h dark) between 23.8 – 25°C. Eggs were examined weekly by candling using an underwater flashlight to determine the presence or absence of an embryo as well as status of the yolk (intact or deteriorating). If an embryo was detected, the date of its first observance and confirmation of movement during weekly checks was recorded. Eggs with broken, deteriorating yolks were removed from the tank and the discard date recorded. During the course of embryonic development, date of eclosion (i.e. point at which respiratory slits opened to flow-through seawater), embryo outcome (hatched or died before hatch), and date of hatching were noted. For embryos that died before hatching, a sample of embryonic tissue for genetic testing (see below) was collected except in cases of advanced autolysis. For hatchlings, a whole blood sample was collected and frozen at -80°C for paternity testing.



Paternity Testing

Whole blood or fin clip samples of hatchlings and adults as well as embryonic tissue samples were sent to the Loyola Wildlife Genetics Lab for paternity testing. Blood was sampled from the caudal vein from all animals (< 1 mL). Blood (5-10 μL) and fin-clip tissue samples were incubated at 37°C overnight with 5–10 U Proteinase K and DNA extracted following the protocol for the Puregene Core Kit A (Qiagen Sciences). Seven microsatellite loci developed for Zebra Sharks were amplified (Dudgeon et al., 2006). These loci were chosen because they showed high levels of polymorphism that would help identify the sire for each offspring. All loci were amplified in 12.5 μl volumes containing 1.2 μL 10X buffer, 2 mM MgCl2, 0.2 mM dNTPs, 5 pmol of each primer, 0.5 units of Taq polymerase (Promega, Corp) and 40-60 ng of template DNA. The program parameters were 95°C for 40 s, 60°C for 45 s and 72°C for 45 s for 35 cycles, followed by a seven min extension at 72°C for Sf41, Sf72, Sfa236, and Sfa248 in a Bio-rad iCycler (Bio-rad Laboratories, Hercules, CA). The annealing temperature was decreased to 57°C for Sfa382 and Sfa454 and to 52°C for Sfa205. Forward primers were fluorescently labeled with WELLRED™ dyes for analysis on a Beckman/Coulter CEQ 8000 capillary electrophoresis system (Beckman Coulter, Fullerton, California, USA) with system software version 8.0 (Beckman Coulter, Inc.). To verify correct assignment of microsatellite alleles, 10% of the total sample set was reamplified and run to confirm genotype consistency.



Data Analysis

Where applicable, the number of days between oviposition and: yolk deterioration, first embryo detection, duration of development for expired embryos, eclosion, and/or hatching were calculated for each egg. Yolk deterioration is the loss of vitelline membrane integrity and recognizable as an irregular shaped yolk mass with non-homogeneous movement of the yolk inside of the egg case as it is rotated during candling. Since loss of yolk integrity complicated the ability to identify early-stage embryos, egg fertility was assigned using the following criteria: Fertile (visual confirmation of a moving embryo), Infertile (intact yolk and no embryo detection after 45 days post-laying), or Unknown (breakdown prior to 45 days) (Figure 1). The 45-day threshold for fertility assignments represents the average time at ~25°C to observe a developing embryo. Because fertility could not be confirmed or denied in Unknown eggs, a minimum fertility rate was calculated for each exhibit representing the percentage of eggs with embryos out of the number of yolked eggs. Hatchability represents the proportion of hatched embryos out of the number of yolked eggs. Embryo outcomes were designated as “hatched” or “died before hatch”. A clutch was defined as eggs laid on the same day and the difference between laying days was used to calculate mean and standard deviation of time between laying.




Figure 1 | Hierarchy of post-hoc egg fertility assignment and egg outcome.



The interval (days) between AI and oviposition of Fertile eggs with either sexually or unisexually produced offspring was calculated for eggs laid by the inseminated female (Fern). Minimum and maximum fertility and hatchability was compared between females housed with the male and the female artificially inseminated as well as rate of sexually-produced and unisexually-produced (parthenogenetic) offspring. Minimum and maximum rates of parthenogenesis were calculated as a proportion of genetically confirmed or both genetically confirmed and not tested embryos to total yolked eggs, respectively. In addition, rate of yolk deterioration, embryo mortality, and hatching was determined for each female (Fern) or exhibit (Yin and Yang).




Results


Welfare

After two AI procedures, no behavioral problems were observed for either the male (Carlbe) or the female (Fern) post-handling as both exhibited normal swimming behaviors and resumed feeding at station within 24 hours. Fern was examined 60 days after the second procedure and no symptoms of infection nor abnormal findings were observed.



Sperm Collection and Sample Quality

Semen was expressed when pressure was applied both laterally and ventrally to the ampulla/seminal vesicle during both collection attempts; however, under sedation, the male was easier to handle without fin clamping to collect semen. Sperm motility was confirmed for both raw ejaculates prior to insemination, but not after the addition of seawater which activates motility of shark sperm (Wyffels et al., 2020b; Wyffels et al., 2021). Motility was visually observed using a phase contrast microscope at 400x magnification; however, detailed information quantifying percent motile sperm was not recorded in this retrospective study. Most sperm were individual and motile rather than aggregated in spermatozuegmata.



Genetics

Among the seven microsatellite loci used, the adults were highly polymorphic (heterozygous for 6 or all 7 loci; Supplemental Table 3). The number of alleles per locus seen in the four adults ranged from eight alleles for three markers, five, six and seven alleles for one marker each, and only two alleles for the seventh marker. The parthenogenetic offspring were homozygous at all loci (Table 2).



Artificial Insemination Efficacy

After the December 15th 2011 AI, Fern suspended egg laying for 22 days and laid only five yolked eggs between January 6th (first egg laid post-AI) and February 28th, 2012 (Figure 2). In the year following the 2011 AI, Fern laid 77 yolked eggs with a majority Infertile (n = 36, 47%), followed by Unknowns (n = 34, 44%) and Fertile (n = 7, 9%). Considering the seven Fertile eggs, three hatched and four embryos perished before hatching. Two of the three hatchlings were from the first two yolked eggs laid post-AI and were presumed to be parthenotes, while the third hatchling was genetically confirmed to be a parthenote (Table 1 and Supplemental Table 3). The four embryos that died before hatching were unable to be tested for sireship due to advanced post-mortem autolysis. The lack of genetic evidence of sexually produced embryos or hatchlings, the 2011 AI was deemed unsuccessful.




Figure 2 | Yolked egg laying activity by month-year for Fern in Shark Lagoon (Left) and Yin and Yang in Tropical Reef (Right). Egg assignment into Infertile, Fertile and Unknown categories is based on the hierarchy shown in Figure 1. Shark residency for each exhibit is shown in solid, horizontal bars at the bottom of each plot. From February 2014 until August 2014 (gray rectangle) select eggs (Fern and Yang, open bars shown on left plot) from both exhibits were incubated together, precluding confirmation of dam, and were not included in analyses. Artificial inseminations performed in Fern (left) are show with arrows. Corresponding plots of hatched and unhatched embryos with genetic assignment are shown for each exhibit by month.




Table 1 | Paternity of embryos and hatchlings by dam with days since possible semen exposure. Egg identification numbers are listed below each dam.



By contrast, the 2013 AI was successful and resulted in two sexually-produced offspring. Fern did not suspend oviposition after AI and laid a clutch 10 days post-procedure. During the latter part of the study (February – August 2014), Yang was moved to Holding 1 located near Shark Reef. Since eggs laid by either Fern or Yang at this time were incubated in the same basket without distinguishing eggs by female, these data were not included in subsequent analyses (n = 63) and represent a modest percentage (~15%) of total eggs. Fern laid 61 eggs during the year after the 2013 AI that could be confidently assigned to her. The majority were assigned an Unknown fertility status (n = 40, 66%), followed by Infertile (n = 13, 21%) and Fertile eggs (n = 8, 13%). Five of eight Fertile eggs hatched; two hatchlings were sexually reproduced and three hatchlings were parthenotes. The sexually-produced offspring were from the second and third clutches laid 18 and 33 days post-AI. Of the two Fertile eggs in the second clutch (10 eggs), one embryo died before hatching and the second (sexually-produced) hatched. Similarly, in the third clutch (4 eggs), the only Fertile egg was also sexually produced. In addition to the sexually produced hatchlings, three parthenotes hatched from eggs laid much later, 213 and 358 days post-AI.



Ovarian Activity and Fertility

Oviposition for the three females in two exhibits was monitored continuously for 1,036 days. During that time, 204 yolked eggs were laid in Shark Lagoon (Fern) and 277 were laid in Tropical Reef (Yin and Yang). In both exhibits, egg laying occurred year-round, with no distinct season or rest periods (Figure 2). In TR, the number of yolked eggs peaked during November in 2012 (n = 22) and March in 2013 and 2014 (n = 18 and 16). For Fern in SL, the number of yolked eggs peaked during November (n = 11) and December (n = 11) in 2012, October (n = 17) in 2013, and September (n = 16) in 2014. Defining clutches was difficult since wind eggs were not recorded and exact lay date was not known for every egg. Mean clutch for yolked eggs was 4 ± 3 and 3 ± 2 with eggs laid 15 ± 17 days and 12 ± 16 days for Tropical Reef and Shark Lagoon, respectively.

In both exhibits, the fertility status of a majority of eggs was categorized as Unknown (SL: n = 110, 54%; TR: n = 194, 70%), followed by Infertile (SL: n = 75, 37%; TR: n = 49, 18%), and finally Fertile (SL: n =19, 9%; TR: n = 34, 12%) (Table 2). Because of the high number of Unknown eggs, fecundity reported herein is potentially an underestimation. While the distribution of eggs by fertility status between exhibits was significantly different ( χ2 = 22.343, df = 2, p < 0.0001), minimum fertility (confirmed embryo presence) was not (p = 0.38). A substantial number of eggs experienced loss of yolk integrity during the first months of incubation (Table 2). In particular, for Fertile eggs that died before hatching, approximately 80% lost yolk integrity after the first three months of incubation. Yolk integrity loss for Unknown eggs (23 ± 11 days) was significantly faster than either Infertile (71 ± 19 days) or Fertile eggs (72 ± 20 days; KW2 = 318.12, p <0.0001), the latter of which were not different from each other (p = 0.57; Figure 3). Among Infertile eggs, the longest incubation time where the yolk remained intact was 149 days.


Table 2 | Days until yolk deterioration for eggs categorized as Infertile, Fertile and Unknown fertility status.






Figure 3 | Distribution of days until yolk breakdown is shown for eggs of Fertile (salmon), Infertile (blue) and Unknown fertility status (gray). Yolk breakdown in Unknown eggs was significantly earlier than either confirmed Fertile or Infertile eggs.



All females were genetically confirmed to produce offspring; however, despite presence of the male in Tropical Reef, no sexually produced offspring resulted. Yin, Yang and Fern laid eggs that developed parthenogenetically over the entire course of the study (Table 1). The minimum (genetically confirmed) and maximum rate (includes untested embryos) of parthenogenesis for Fern in SL was 2.5% - 5.9% and 1.4% - 10.8% for Yin and Yang in TR. The pooled rate of parthenogenesis was 1.9% (n = 9) minimally and 8.7% (n = 42) maximally.



Incubation Characteristics

For embryos that hatched, mean time to visually detect developing embryos via candling was 45 ± 12 days. Time to eclosion did not differ between embryos that hatched (68 ± 8 days) and embryos that died before hatch (60 ± 21 days; t16.7 = 1.25, p = 0.2). Mean incubation time was 147 ± 6 days at ~25°C. Hatchability was higher for Fern (9 hatched, 4.4%) than for both females combined in TR (3 hatched, 1%).




Discussion

We demonstrate that AI can be successfully employed in the Zebra Shark and can be used as a tool to circumvent impediments to natural reproduction. At Aquarium of the Pacific, the male failed to sire sexually-produced offspring despite being housed with two reproductively active females. However, when AI was employed, his semen fertilized eggs and yielded hatchlings, suggesting the existence of other barriers to natural reproduction. Neither physical male access nor multiple AIs prevented development via parthenogenesis, indicating that sexual reproduction may be more difficult to guarantee than previously assumed in this species. The success of this work to produce sexual offspring via AI provides a baseline for future work to build upon to further refine this tool for conservation applications in this species.


Timing of Insemination

For many elasmobranch species, reproduction occurs in a distinct season (Wyffels et al., 2020b), such that semen of sufficient quantity and quality is introduced into the female reproductive tract occurs at purposeful times when she is at an appropriately receptive point to result in sexual reproduction. For oviparous species like Zebra Sharks, female ovulatory cycles can be easily tracked passively through the appearance of newly laid yolked egg cases in an animal’s enclosure, while male reproductive cycles are more difficult to monitor passively. Therefore, the challenge for successful reproduction in human care, both naturally and artificially, is to predict and promote the optimal timing and alignment of male and female cycles.

Ideally, reproductive information from natural settings can be leveraged to inform reproduction in aquariums, including appropriate timing of AI (Wyffels et al., 2020b). However, reproductive life history information is deficient for in situ Zebra Sharks (Dudgeon et al., 2019) as it is for many elasmobranch species (Simpfendorfer and Kyne, 2009; Dulvy et al., 2014). In Queensland, Australia, where the most well-studied wild population of Zebra Sharks exists, animals are known to form mixed-sex aggregations predictably and seasonally (Dudgeon et al., 2008; Dudgeon et al., 2009; Dudgeon et al., 2013). While copulation was not observed, some elasmobranch species form mixed-sex aggregations during their mating season and sexually segregate the remainder of the year (Pratt and Carrier, 2001). Thus, if one of the functions of this aggregation of Zebra Sharks is for mating, it suggests that insemination is season specific, and may not occur year-round. Data from aquarium settings corroborates this hypothesis. For example, at the Okinawa Churaumi Aquarium in Japan, Zebra Shark mating activity is observed only in the spring season with oviposition commencing shortly afterwards (Nozu et al., 2018). At Churaumi Aquarium the seawater temperature varies seasonally in this open system and likely contributes to resident female Zebra Sharks having clearly defined laying and resting periods.

In contrast, Zebra Sharks at Aquarium of the Pacific laid eggs nearly year-round with abbreviated and few “rest periods”, making determination of appropriate or optimal time to inseminate, from the female perspective, challenging. At Aquarium of the Pacific water temperature is held constant year-round for all exhibits; however, Fern was exposed to naturally varying day length (Shark Reef is located outside) while Ying, Yang and Carlbe in Tropical Reef have a more constant day:night cycle, although the exhibit has some natural lighting through large skylights. The lack of multiple different external stimuli, which may be important for keeping maintaining a cyclical reproduction (Mull et al., 2008; Wyffels et al. 2020a), may have contributed to a year-round laying cycle, making timing of insemination difficult to determine. Although Fern was actively laying prior to both inseminations, only the second attempt was successful. While it is difficult to speculate factors that led to success in one attempt but not the other, our trials combined with the limited data from in situ and aquarium populations, indicates future efforts should focus insemination trials during active laying periods.

Understanding timing of male reproductive cycling would help ensure the highest quality semen was being used for insemination and may increase the possibility of success. However, active observations of male reproductive status require physical examinations to track changes in testicular anatomy, steroid hormones and semen production (Nozu et al., 2017; Wyffels et al., 2020b). In the present study, the male was not undergoing routine physical examinations to quantify testicular activity and semen assessments were not performed regularly. While semen was assessed for sperm presence and motility prior to insemination, and both extraction attempts were successful, it is unknown whether the months sampled represented a peak in sperm productivity or if there were significant differences in semen quality between the insemination attempts that may have influenced why only the second attempt resulted in sexual reproduction. In other elasmobranch species that reproduce seasonally, semen production (and/or subsequent storage in ampullae) does not occur year-round (Maruska et al., 1996; Rossouw, 2014; Wyffels et al., 2020b). Insemination dose may also be a factor affecting AI success with the failed December 2011 AI delivering 1-2 mL of ejaculate and the successful September 2013 AI delivering 8 mL of ejaculate. Whether dose of semen (sperm number needed to achieve fertilization) or overall semen quality affected AI success is unknown for this study, but both have been shown to impact AI success (Wyffels et al., 2021). However, this study highlights the need to understand timing of both female and male reproductive cycles in order to ensure the best chance of success when employing assisted reproductive techniques.

The ability of females to store sperm could also influence AI success as well as inform the frequency by which these procedures need to be performed to ensure sexual reproduction occurs throughout a female’s laying cycle. In the current study, sexually produced offspring were produced 18 and 33 days post-insemination, suggesting that storage of sperm lasts for at least for one month in this species. In another oviparous elasmobranch species where AI has been successful, sperm storage was documented to occur up to 70 days in the Clearnose Skate Raja eglanteria with a single insemination (Luer et al., 2007) and 121 days post-insemination in the Whitespotted Bamboo Shark (Wyffels et al., 2021). Data are insufficient to evaluate how sperm concentration may have influenced results; however, this study does raise a number of interesting avenues for further research, considering that species where a lower volume of inseminate was introduced into the female reproductive tract resulted in successful hatches of sexually produced offspring. For instance, the small number of sexually produced offspring observed in this study could indicate that either Zebra Sharks have a more limited capacity of storing sperm or that volume or number of sperm inseminated was inadequate and that multiple inseminations might be needed in order for a female Zebra Shark to extend sexual reproduction beyond a month. Future AI studies should investigate timing of insemination, effect of inseminate volume and sperm concentration, and frequency of AI to determine what combination of factors yields the highest frequency of sexually produced young that can be sustained over longer periods post AI.

Furthermore, constituents of the media used to dilute or extend the ejaculate before insemination could be varied as male secretions or female uterine biochemical condition may influence sperm motility, and by extension, reproductive success (Luer et al., 2007). Artificial seawater is a common semen diluent for shark species (Minamikawa and Morisawa, 1996; Wyffels et al., 2021; this study), likely because seawater from male siphon sacs is supposed to help propel semen through the claspers during copulation (Gilbert and Heath, 1972). However, other media have also shown to be successful in AI trials such as elasmobranch modified semen extender (Luer et al., 2007). Luer and colleagues note the potential importance of male-derived fluids in extending the viability of sperm while in the female tract, some of which may be excluded from semen collected manually, depending on the method. Additionally, little is known about how the physiology of the female reproductive tract may influence sperm motility and viability, which could also play an influential role in success of AI. For instance, in the Banded Houndshark Triakis scyllium sperm motility was maintained over a longer time period in uterine fluid from conspecifics and blood plasma than in artificial seawater or artificial uterine fluid (Minamikawa and Morisawa, 1996), suggesting that the female body may play a role in sperm maintenance. The most appropriate semen diluent may be species-specific and reflect physiology and reproductive life history characteristics (García-Salinas et al., 2021; Wyffels et al., 2021). Future work should investigate if artificial seawater is the best diluent for Zebra Sharks or if other media may prove beneficial and lead to greater success in future AI trials.



Fecundity

A consistent and accurate definition of what constitutes a “fertile egg” varies depending on the user. For example, “fertile eggs” have been used to reference any egg with a yolk or eggs with confirmed embryos, despite the fact that these two definitions do not have the same, interchangeable meaning as not every yolked egg will result in embryo development. Fertility, when defined as presence of an embryo, is especially hard to determine if yolk breakdown obscures the ability to visually confirm embryo development, as was the case in this study. To circumvent this issue, the present study introduced a third category (Unknown) by which to classify egg fertility, due to the high incidence of deteriorated yolks observed within the first few weeks after laying when it was not yet possible to detect the presence of an embryo. For eggs that are truly Infertile (i.e. confirmation that no embryo development is taking place), yolks remained intact for up to 149 days (median 70 days). This is in sharp contrast to eggs categorized as Unknown, where by 30 days post-laying, 89% had deteriorated yolks. These two distinct peaks in yolk breakdown (i.e. earlier peak for Unknown eggs and later for Infertile eggs) suggest different biochemical processes may be at play. During development, embryos initiate a series of genetic programming changes as they divide and move through various stages of embryogenesis (Jukam et al., 2017), which can begin even at the one-cell stage in some species (Asami et al., 2022). As embryonic cells divide and epiboly of the yolk commences, this may put the egg on a path of “no return”, particularly once embryo-derived enzymes begin metabolizing egg nutrients (including the yolk) (Yadgary et al., 2011). If development proceeds successfully, embryos are macroscopic and identified via candling in approximately 45 days post-oviposition (this study). However, when embryo development was terminated, autolysis occurred rapidly rendering tissue unusable, and accounts for why tissue from deceased embryos was not useful for paternity testing. Therefore, we hypothesize that the rapid breakdown of yolks for eggs categorized as Unknown may be from failed embryo development. While we are unable to confirm presence of embryos for unknown eggs, future studies could test this hypothesis through thorough examinations of Unknown eggs before disposal. The yolks of Infertile eggs may able to remain relatively static for long periods of time since there are no embryo-derived signals inducing changes to the yolk (Réhault-Godbert et al., 2014; Zhu et al., 2020). Rather, natural breakdown likely is responsible and proceeds at a slower pace, which accounts for the significantly longer breakdown time than for eggs categorized as Unknown.

Females in both TR and SL were more fecund than Zebra Sharks from other aquariums (80-100 eggs per year versus to 20-50 eggs per year) (Robinson et al., 2011; Watson and Janse, 2017; Toledo and Alonso, 2021) but the increased number of eggs did not necessarily result in higher fertility. However, determining the effect this increased output may have on fertility is difficult as a consistent definition of fertility is not used across institutions. In the present study, fertility was assigned when an embryo could be visually confirmed, whereas in some reports, any egg with a yolk is defined as “fertile” (e.g. Kunze and Simmons, 2004; Watson and Janse, 2017). Considering that one-quarter of yolked eggs laid in this study did not result in embryo development, we recommend fertility to be assigned only when an embryo is confirmed (Wyffels et al. 2021). Minimum fertility in this study (12-19%) was comparable to sharks at Burj Al Arab Aquarium in Dubai (10-38% across four years; Robinson et al., 2011) and Loro Parque Aquarium in the Canary Islands (12-21% across five years; Toledo and Alonso, 2021) when this consistent definition of fertility was used. With regards to hatchability, our study fell on the lower end (1-4.4%) compared to Burj Al Arab Aquarium (3-22%) and Loro Parque Aquarium (0-13%). Notably, females from Burj Al Arab Aquarium and Loro Parque Aquarium have a defined and seasonal reproductive cycle and do not lay year-round as those at Aquarium of the Pacific. Egg quality may suffer from protracted oviposition, which may explain the lower hatchability rates if there is a cost to reproducing year round.



Parthenogenesis

In spite of female access to a male or sperm (either naturally or artificially), all females were confirmed to produce at least one parthenogenetic hatchling. In fact, the majority of hatchlings in this study were produced unisexually, indicating that parthenogenesis was the more evolutionarily-successful mode of reproduction. While parthenogenesis in Zebra Sharks has been documented previously (Robinson et al., 2011; Dudgeon et al., 2017), we demonstrate that parthenogenesis occurs despite male presence or when females are provided sperm via AI. Studies in other vertebrates hypothesize that species may “switch” to parthenogenesis during periods of isolation from male conspecifics as a last resort/last ditch effort to allow gene transfer to the next generation (Harmon et al., 2016; Dudgeon et al., 2017). Two females in our study were not isolated from a male and the third (Fern) was isolated for less than a year before AI. Nevertheless, they all continued to produce parthenotes. Fern readily switched between unisexual to sexual reproduction several times during the study. For example, the last hatched parthenogenetic egg of Fern’s before the second insemination was laid 256 days (~8.5 months) prior to the laying of the first sexually produced egg. Only 180 days (6 months) after a sexually produced egg was laid, Fern switched to begin laying parthenogenetic eggs once more. Switching from sexual to unisexual reproduction in less than one year’s time has been documented in Whitespotted Bamboo Sharks (Wyffels et al., 2021) and the Spotted Eagle Ray Aetobatus narinari (Harmon et al., 2016), the former demonstrated switching within 10, 80 and 83 days and the latter which continued to produce parthenogenically in subsequent pregnancies while isolated from mature males. Data from the present study suggests that a single insemination had only a temporary effect of halting unisexual reproduction, and suggests parthenogenesis may be the default mode of development for this species. This hypothesis raises questions about what factors or conditions are needed to override this method of reproduction.

Sireship was confirmed genetically for a majority of hatchlings (save for one deceased embryo), but a large number of developing embryos went untested due to advanced autolysis. Therefore, the maximum rate of parthenogenesis could be higher considering untested embryos from Fertile eggs and if embryo development is indeed occurring in some or all eggs categorized as Unknown fertility status (i.e. deteriorated yolks before 45 days). Parthenogenesis may be more common across species than presently assumed because it tends to be examined on a confirmatory basis when young are produced from females kept in single-sexed housing (Feldheim et al., 2010) rather than on an investigatory basis when young produced in a mixed-sex population where sexual reproduction is assumed to have occurred (Harmon et al., 2016). Compared with Whitespotted Bamboo Sharks, rate of parthenogenesis was slightly higher for the three Zebra Shark females in this study (2%) compared to the at least 6 females genetically confirmed parthenotes in Wyffels et al. (2021) (1.1%); however, if suspected parthenotes are included, the rate among these three Zebra Sharks is substantially higher (8.5%) and closer to presumed rates in parthenogenesis in this species (10-30%; Robinson et al., 2011). Further research should investigate how prevalent parthenogenesis is among elasmobranchs to determine if rates are species-specific or if the rate is more dependent on other environmental factors.



Future Directions

Artificial insemination represents an important tool for the conservation of endangered elasmobranch species. No negative effects were observed for males or females after semen extraction or insemination, although a female Zebra Shark at the Burgers’ Zoo in the Netherlands failed to lay yolked eggs for multiple years following AI (Watson and Janse, 2017). The use of this technique may enable better welfare for animals as male harassment and physical maiming is common and negatively impacts females when mixed-sex populations of Zebra Sharks are maintained (Adams, pers. observation). For animals that are relatively large, like Zebra Sharks, maintaining genetic diversity through physical movement of animals to enable natural reproduction is a logistical hurdle that AI may overcome when semen, instead of animals, is moved between institutions (Wyffels et al., 2021). While the technique requires refinement, AI paired with other reproductive technologies represents an important tool for maintaining genetic diversity of species in zoos and aquariums. In the present study, semen was administered within 30 min of extraction into the female reproductive tract. The development of cold storage protocols may extend the window by which semen is still viable for AI, allowing the opportunity for semen to be transferred between institutions nationally and internationally, thereby greatly expanding the genetic pool of founder individuals (Wyffels et al., 2021). This is especially significant for institutions that maintain female-only populations, which would enable them to genetically contribute to the Species Survival Plan for Zebra Sharks in managed care. Beyond development of cold storage protocols, cryopreservation paired with AI, represents another exciting avenue that would remove temporal barriers to reproduction if female and male reproductive cycles are not synchronous (García-Salinas et al., 2021). This has significant implications for Zebra Sharks as it represents a potential pathway where zoos and aquariums could become self-sustaining and maintain or increase the genetic diversity of their collections. For example, the possibility exists that these technologies could allow semen collected from in situ male Zebra Sharks to be cryopreserved and later used to inseminate ex situ females, obviating the need to remove animals from the wild all together. Artificial insemination as a tool also has implications for in situ conservation efforts. For example, for programs developed to reintroduce this species to areas where they have been locally extirpated, AI could promote genetic diversity in the released founder population from the ex situ brood stock. Considering that Zebra Sharks are endangered, further development of these tools has significant implications for the protection and recovery of this species.
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Fundamental characteristics of the reproductive biology of female sand tiger sharks Carcharias taurus are needed to understand the periodicity, seasonality and environmental factors essential for reproduction in this iconic species. Animals in managed care, such as aquariums, provide the unique opportunity for longitudinal study in contrast to in situ sharks that are examined opportunistically, and at a single point in time. Additionally, comparison of reproductive observations from successfully reproducing in situ sharks and aquarium sharks may help elucidate reasons for lack of reproduction among aquarium sharks and aid the development of assisted reproductive techniques for managed populations. Reproductive status of in situ and aquarium female sharks was assessed using ultrasonography and plasma hormone (17β-estradiol, testosterone, and progesterone) monitoring. The reproductive cycle was divided into eight stages based on ovarian activity and uterine contents. In situ sharks were sampled from Delaware Bay (n = 29), North Carolina (n = 39) and South Carolina (n = 11) during April-November from 2015–2020. Nineteen aquarium females from five aquaria were examined longitudinally for two or more consecutive years. Reproductive regionalization was observed among in situ females with the majority (83%) of North Carolina females in an active state of reproduction and all Delaware females in a resting reproductive state. All aquarium females had a pattern of reproductive cycling that was consistent with alternating years of activity and rest with confirmed biennial (n = 7) or triennial (n = 3) reproductive cycles with spring seasonality. In contrast to in situ females, aquarium females often retained uterine eggs for 9-20 months after ovulation in the absence of a developing embryo(s). Pre-ovulatory aquarium females had significantly higher concentrations of 17β-estradiol, testosterone and progesterone than other reproductive stages. For females in the ovulatory stage, in situ females had higher testosterone than aquarium females. Endocrine differences between successfully reproducing in situ females and aquarium females likely contribute to the limited reproductive success observed for this species in managed care and may be a reflection of diminished seasonal cues and environmental differences.




Keywords: triennial cycle, biennial cycle, progesterone, testosterone, 17β-estradiol, ultrasonography, egg retention, Grey nurse shark



Introduction

Sand tiger sharks Carcharias taurus are one of fifteen extant species belonging to the Lamniformes order of sharks. Lamnoid sharks include some of the most ancient and recognizable shark species such as basking sharks Cetorhinus maximus, megamouth sharks Megachasma pelagios, and white sharks Carcharodon carcharias (Gilmore et al., 2005). The reproductive mode for all Lamniformes is oophagy, a matrotrophic aplacental mode of reproduction where developing embryos are supplied with eggs as a supplemental form of nutrition. Detailed information about the reproductive life history of this order of sharks is deficient due to their rarity and/or protected status, with five species classified as ‘Vulnerable’, four species classified as ‘Endangered”, and the sand tiger shark classified as ‘Critically Endangered’ by the International Union for Conservation of Nature’s (IUCN) Red List of Threatened Species (Rigby et al., 2021). Among lamniform species, most is known about the reproductive life history and biology of sand tiger sharks from studies of populations in the western North Atlantic (WNA) (Springer, 1948; Gilmore et al., 1983; Castro, 2009), western South Atlantic (WSA) (Lucifora et al., 2002), Australia (Bansemer and Bennett, 2008; Bansemer and Bennett, 2009) and South Africa (Bass et al., 1975; Dicken et al., 2006; Smale et al., 2007; Smale et al., 2012).

Aquariums have included sand tiger sharks in large mixed-species exhibits for nearly a century (Koob, 2004), but they do not readily reproduce in managed care (Henningsen et al., 2017; Willson and Smith, 2017; Wyffels et al., 2020a). Sharks are observed mating, but young rarely result. Evidence that females cycle in aquariums comes from observations of uterine metritis from retained egg cases and the release of egg cases into the habitat, commonly described as egg shedding, dumping or dropping (George et al., 2017). For sharks in managed care, reproduction may be affected by environmental, social, demographic and/or physiological differences from in situ populations (Henningsen et al., 2004a; Henningsen et al., 2004b; Henningsen et al., 2017). Endocrine dysfunction and poor gamete quality for male sand tiger sharks in managed care has been demonstrated, and likely contributes to limited reproductive success for this species in aquaria (Wyffels et al., 2020b).

Sand tiger shark females mature at 8-10 years (Goldman et al., 2006) with a lifespan of up to 40 years (Passerotti et al., 2014) and have a synchronous and seasonal reproductive cycle (Gilmore et al., 1983; Lucifora et al., 2002; Smale et al., 2007). At the start of the reproductive cycle, the ovary increases in size with maturation of tens of thousands of vitellogenic follicles that are ovulated and subsequently encapsulated by the oviducal (nidamental or shell) gland over a period of about 200 days (Gilmore et al., 2005; Castro, 2009). In addition to oophagy, sand tiger sharks utilize adelphophagy or intrauterine cannibalism, a rare reproductive strategy, early in gestation (Springer, 1948; Gilmore et al., 1983). During late gestation the ovary is no longer vitellogenic and the embryo relies on internally stored yolk from its distended yolk stomach. Gestation is estimated to be 280-300 days and parturition occurs in late winter or early spring depending on location, with more northern locations lagging behind warmer southern locations (Gilmore et al., 2005; Wyffels et al., 2020a).

The periodicity of the reproductive cycle of female sand tiger sharks has been described as annual (Gilmore, 1993), biennial (Branstetter and Musick, 1994; Lucifora et al., 2002; Dicken et al., 2006; Castro, 2009) and triennial (Bansemer and Bennett, 2009). Because gestation is less than a year, biennial and triennial reproductive cycles include one or more resting years after each active reproductive year, a common strategy for many large coastal elasmobranchs. The reproductive status of sand tiger shark females can be described as active or resting, based on ovarian activity and uterine contents. During an active year, females in the WNA undergo vitellogenesis in spring, are gravid during summer, fall and winter, and give birth in late winter and early spring (Gilmore et al., 2005; Wyffels et al., 2020a). Females in a resting year are not gravid and possess an avitellogenic or quiescent ovary during the same seasons. In the wild, reproductively active and resting females have been found to segregate spatially (Branstetter and Musick, 1994; Lucifora et al., 2002; Dicken et al., 2006; Smale et al., 2007), therefore, sampling a large part of their range is required to observe all reproductive stages and to accurately describe periodicity. In the WNA, females in an active reproductive state have been observed from the North Carolina and Florida Atlantic coast but not from more northern parts of their range (Gilmore et al., 2005).

Determining reproductive cycle length is simplified if the same shark can be examined over time, but this is not feasible for in situ populations because recapture of the same individual is uncommon. In contrast, by leveraging non-lethal methods including ultrasonography and endocrine profiling, the reproductive status of sharks in aquariums can be characterized longitudinally, throughout a complete reproductive cycle, and used to confirm patterns observed for in situ sharks where each female is examined at a single point in time during her reproductive cycle. There are few studies of the reproductive endocrinology of sand tiger sharks and none include samples from in situ females throughout their reproductive cycle (Henningsen et al., 2008; Henningsen et al., 2015; Wyffels et al., 2020b). In situ data is valuable as a standard of comparison for reproductive (Mylniczenko et al., 2019; Wyffels et al., 2020b) and general health parameters (Otway, 2015) of managed sharks and rays, especially in cases where the managed population fails to produce young.

Characterizing endocrine patterns associated with reproduction for in situ female sand tiger sharks will provide basic information needed to understand if female endocrine dysfunction contributes to the lack of reproduction for sand tiger sharks in managed care. The objective of this study was to contribute to our understanding of female reproduction of this iconic species by: (1) development of non-lethal methods to assess the reproductive status; (2) investigate reproductive seasonality and periodicity, and (3) compare reproductive characteristics of successfully reproducing in situ females to aquarium females.



Materials and Methods


Sharks and Husbandry

In situ sharks were sampled from Delaware (DE) (n = 29) and South Carolina (SC) (n = 11) using longlining methods with 25-100 (16/0) circle hooks with flattened barbs baited with frozen-thawed Atlantic mackerel (Scomber scombrus). Lines were set throughout the day and soaked for 30 minutes to 2 hours before retrieval. In situ sharks sampled from North Carolina (NC) (n = 39) were caught using conventional rod and reel tackle, 25 miles offshore from Morehead City with angling time less than 10 minutes. Sharks (n = 79) were examined once during the study and fishing occurred between April-November 2015–2020. All sharks were tagged with conventional NMFS shark tags before release (Kohler and Turner, 2001). Sand tiger sharks (n = 42) housed at AZA institutions: former Georgia Aquarium affiliate Marineland Dolphin Adventure, Ripley’s Aquarium of the Smokies, Ripley’s Aquarium at Myrtle Beach, Ripley’s Aquarium of Canada and Wildlife Conservation Society’s New York Aquarium were examined 1–4 times annually for 1–5 years with a subset (n = 18) examined opportunistically and less frequently during the study. Aquarium environmental conditions for regularly monitored sharks (n = 24) are given in Table 1. The study was approved by the South-East Zoo Alliance for Reproduction & Conservation Institutional Animal Care and Use Committee (IACUC) and sharks were managed in accordance with AZA-accredited institutional husbandry guidelines.


Table 1 | Environmental characteristics for aquarium sand tiger sharks Carcharias taurus.





Physical Examinations

In situ sand tiger sharks were restrained boat-side or transferred using a stretcher to a water-filled livewell aboard the vessel for examination. Restraint of sharks examined boat-side was accomplished using the fishing leader and a tail rope to secure the shark. Aquarium sand tiger sharks were manually restrained within a nylon cargo net or stretcher. Ventilatory support was provided with a submerged pump directed towards the shark’s mouth, and respiration rate was monitored throughout restraint (Stamper, 2004). Sharks were examined using tonic immobility or they remained upright or canted to either side as necessary for procedures.

Shark examinations were limited to 30 minutes. Blood (15 ml) was collected from the ventral tail vein from a ventral or lateral approach and immediately transferred to lithium heparin coated blood collection tubes without separator gel (BD Vacutainer, Franklin Lakes, NJ). Blood samples collected from in situ sharks were held in a cooler chilled with ice packs until processing at the end of the day. Plasma was collected after centrifugation (22-25°C, 1500 x g, 5 min) and stored frozen (-20°C) for steroid hormone analysis.

For the purposes of this study, sharks < 220 cm TL were considered juveniles, 220-230 cm TL subadults and >230 cm TL adults. Ultrasonography using an Edge II with a rC60xi 5-2 MHz transducer (Fujifilm SonoSite, Inc., Bothell, WA) or Ibex Pro with a Cli3.8 2.5–5 MHz curvilinear transducer (E.I. Medical Imaging, Loveland, CO) was performed to examine the ovary and uteri of females 220cm TL and larger (n = 98). The uterus was remarked to be collapsed or empty (Figure 1A) or to contain fluid, egg cases (Figure 1B) or developing embryos (Figure 1C). The ovary was either small and quiescent or enlarged with vitellogenic follicles (Figures 2A, B). Females with a vitellogenic ovary and/or developing embryos were considered to be in an active reproductive state. Females with an avitellogenic ovary and an empty uterus were considered to be in a resting reproductive state.




Figure 1 | Ultrasonography was used to determine contents of the paired uteri. Sonographs (longitudinal) show a uterus (u) with no contents typical of resting females (A), a uterus with egg cases (*) (B), or both uteri, one with egg cases and the other with a developing embryo (dotted outline, arrow indicates snout) and egg cases (*) in early gestation (C). Each egg case (D) contains multiple eggs enclosed by a soft and pliable case secreted by the oviducal gland. Aquarium females without developing embryos were observed to release hundreds of uterine egg cases (E) up to 2 years after ovulation.






Figure 2 | Sand tiger shark females develop large vitellogenic ovaries with thousands of follicles (A) during spring of their active reproductive year. Using ultrasonography (B), with the transducer in transverse orientation on midline just caudal to the pectoral girdle, the ovary (Ov) is juxtaposed to liver (L) and extends caudal to the anterior oviduct. A cystic ovary (C) is composed of yellow yolky vitellogenic follicles and fluid filled cysts (*) that appear anechoic in sonograms (D). Scale (cm) is at the right (B) or top and left (D) edge of sonograms.



One or more measures of shark length from the tip of the nose to: the tip of the tail in a natural position as total length (TL), the fork in the tail as fork length (FL), and the precaudal pit as precaudal length (PCL) was collected as examination time and field conditions allowed. Length data for measurements not collected directly were calculated using measured lengths and the previously established relationships between TL, FL and PCL for WNA sand tiger sharks (Goldman et al., 2006). Age was calculated from TL using female specific coefficients for the Von Bertalanffy growth function (Goldman et al., 2006). Age calculations for aquarium sharks were determined from TL at time of collection and known time in managed care. Maturity was assigned to sharks using direct evidence of reproductive cycling from ultrasonography including observation of vitellogenic follicles, uterine egg cases or embryos. Without direct evidence, maturity was assigned from total length using size at maturity determined in this study and previously reported size at maturity for sand tiger sharks in the WNA (Springer, 1948; Gilmore et al., 1983; Castro et al., 1999).



Endocrine Assays

Plasma samples were analyzed using a competitive double antibody enzyme immunoassay (EIA) protocol using antibodies for 17β-estradiol (E2) (1,3,5(10)-estratrien-3, 17β-diol; R0008), testosterone (T) (testosterone-6-carboxymethyl oxime; R156/7), and progesterone (P4) (11α-hemisuccinate progesterone; R4859) and corresponding horseradish peroxidase (HRP) conjugates all sourced from C. Munro, Clinical Endocrinology Lab, University of California, Davis, CA. Antibody cross-reactivity for E2 (Amaral et al., 2013), T (Penfold et al., 2013) and P4 (Graham et al., 2001) have been reported previously. Plasma samples were extracted using diethyl ether before E2 and P4 assays and T was measured from neat plasma. Plasma was double ether-extracted by placing 1 ml into a 16 x 125 glass tube and adding 5 ml of diethyl ether (Fisher Scientific Co., LLC, Pittsburgh, PA) and vortexing for 1 min. The samples were frozen in liquid nitrogen, and the ether supernatant decanted into a second glass tube. The plasma was re-extracted, and the combined ether supernatants were air-dried, reconstituted in 1 ml of methanol (Fisher Scientific), and sonicated for 5 min. The methanol fraction was air-dried and reconstituted in 250 μl of EIA buffer (195 ml stock A (0.23 M NaH2PO4), 305 ml stock B (0.2 M Na2HPO4), 0.15 M NaCl, 1 g/L BSA; all chemicals from Sigma-Aldrich, Inc. St. Louis, MO 68178 USA). Serial dilutions of pooled plasma generated dose response curves parallel to serially-diluted standard. Assay sensitivity was 0.08 ng/ml (E2 and P4) and 0.02 ng/ml (T). Recovery of testosterone spiked plasma yielded 56% whereas recovery of unextracted plasma yielded 96%. Differences in processing techniques have previously been published, demonstrating the importance of validations for each hormone by sex (Graham et al., 2016). Recovery of known amounts of synthetic E2, T and P4 added to pools of plasma was 80% (regression equation: 1.2817x + 4.8721, r2 = 0.967), 96% (regression equation: 1.0252x + 0.003, r2 = 0.998) and 96% (regression equation: 1.0252x + 0.003, r2 = 0.998), respectively. Extracted plasma samples were assayed neat or diluted 1:2 for E2, and neat for P4. Non-extracted plasma was assayed 1:4 for T. Inter-assay coefficients of variation for high and low controls were 4.6% and 3.4% (E2), 10.3% and 6.3% (T) and 10.3% and 6.3% (P4). Mean intra-assay coefficients of variation were 2.73 ± 2.8%, 2.41 ± 0.08% and 3.42 ± 0.14% for E2, T, and P4, respectively. Hormone values were reported as ng/ml.

Antibody reactivity was investigated using reverse-phase high performance liquid chromatography mass spectrometry (HPLC/MS). Pooled serum from in situ samples previously determined in EIA assays to contain a relatively high concentration of one or more hormones (E2, T, and P4) was ether-extracted and dried as previously described. The pooled sample was desalted with a Sep-Pak Vac C-18 solid phase extraction column (WAT020805, Waters, Franklin, MA, 02038-3119 USA) and dissolved in 70% (v/v) methanol. Hormone standards (E2, T, and P4) were prepared singly at 40 ng/ml in 70% methanol and combined into one mixed standard. Separation of steroid hormones was carried out using a Waters HPLC/MS (Autopur) mass-directed preparative purification system with Waters 2767 Sample Manager and SQD2 MS using a Sunfire® Prep C18 OBD Column (19 × 100 mm, 5 μm particle size) eluted with a linear gradient of A [Millipore H2O/HPLC-grade Acetonitrile (ACN) (95:5 v/v + 0.1% formic acid)] and B [ACN (+ 0.1% formic acid)], time = 0 min A:B (95:5 v/v), time = 6 min A:B (0:100 v/v) and flow rate of 20 ml/min. Beginning 1 minute after sample loading (500 μl) and until all standards were eluted based on visual inspection of peaks at hormone specific m/z ESI pos [M+1] (273.16 E2, 289.42 T and 315.36 P4) (~6 minutes), 1ml fractions were collected for subsequent evaluation of immunoreactivity. Fractions from mixed standards and pooled plasma were dried, reconstituted in EIA assay buffer, and analyzed for E2, T, and P4 via EIA as described previously.



Data Analyses

Descriptive statistics reported include mean, range and standard deviation (SD). Baseline concentration for each hormone was calculated using samples from all in situ sharks and an iterative algorithm (Brown et al., 1999). The mean concentration of each hormone from all in situ shark samples was calculated, and samples with values greater than 2 SD above the mean were removed before recalculation of the mean. This process was repeated successively until no samples with values greater than the mean + 2 SD remained. The mean of the remaining data was designated as the baseline and hormone concentrations greater than baseline + 2 SD were considered elevated. A Kruskal-Wallis test with pairwise post-hoc Dunn test using Benjamini Hochberg alpha adjustments was used to determine the effect of reproductive stage on steroid hormone concentration for in situ sharks. Linear mixed modeling (LMM) was used to assess the significance of reproductive stage on hormone concentration for aquarium sharks. Mixed models included individual as a random factor to account for unbalanced repeated measures for aquarium sharks with reproductive stage and environment or aquarium as potential factors or explanatory variables. Model fit was compared using likelihood ratio tests (LRT). For models with a significant LRT, explanatory factors were retained if the model Bayesian Information Criteria (BIC) was reduced (Schwarz, 1978). Final models were fit by restricted maximum likelihood (REML) with error degrees of freedom calculated using the Satterthwaite method. Differences for significant factors were explored using post-hoc pairwise comparisons with Tukey adjusted p-values and Kenward-Roger adjusted degrees of freedom. Mixed models were used to compare hormone concentration between in situ and aquarium sharks for common reproductive stages (resting and ovulatory). Models included the reproductive stage, population (aquarium or in situ) and their interaction with individual as a random factor to account for unbalanced repeated measures for aquarium sharks. Kendall’s correlation coefficients between steroid hormone pairs were calculated for aquarium and in situ sharks. Statistical analyses were conducted using R Version 4.0.3 (R Core Team, 2016) with packages lme4 Version 1.1-14 (Bates et al., 2015), lmerTest Version 2.0-33 (Kuznetsova et al., 2017), emmeans Vesion 1.3.1 (Lenth, 2018) and ggplot2 Version 3.3.2 (Wickham, 2009). An alpha of P < 0.05 was considered significant.




Results


Shark Examinations

Shark length ranged from 145–299 cm TL (107-226 cm PCL) with more immature sharks sampled from DE compared to NC and SC (Table 2). The smallest female confirmed mature by ultrasonography observation of a vitellogenic ovary and uterine egg cases was 231 cm TL (175 cm PCL), and this was used as a threshold for maturity for this study (Table 3). Age calculated from TL for each size cohort indicates juveniles were up to 7.5 years old, subadults 8.2–9.2 years old and adult sharks 9.6 years or older (Table 3). Aquarium subadults were 224 ± 7 cm TL (n = 5, range 217–236 cm) and adults 264 ± 12 cm TL (n = 23, range 242–291 cm). Aquarium juveniles were not included in the study.


Table 2 | Size and sampling locations for in situ sand tiger sharks Carcharias taurus.




Table 3 | Age and size class for in situ sand tiger sharks Carcharias taurus.



During this study, aquarium sharks were examined collectively 206 times without incident. One ovulatory stage female examined at the beginning of this study died within 24 hours of handling due to gut torsion. In an effort to minimize future risk of torsion, examination procedures for sharks were modified and females remained upright with incomplete rotation as required with few exceptions. Samples from 10 females were excluded from analyses because they were collected at the time of necropsy or health complications were discovered during physical examination of the female. Handling for 30 minutes or less did not result in observable negative effects upon release for in situ sharks and aquarium sharks swam normally upon release and resumed eating at their normally scheduled feedings, 24-48 hours post-examination.



Reproductive Cycle


In Situ Sharks

The reproductive cycle of mature females was divided into active (pre-ovulatory, ovulatory, early gestation, midgestation, late gestation and postpartum) and resting (resting) stages based on ultrasonography observations of ovarian activity and uterine contents (Table 4). Females sampled from SC were observed in both active (n = 1) and resting (n = 3) reproductive states (Table 2). Females from NC (n = 23) were predominately (83%) in an active reproductive state with 3 resting females sampled, one each for the months of June – August. Females sampled in DE were either immature or in a resting reproductive state (Table 2).


Table 4 | Sand tiger shark Carcharias taurus reproductive stages.



Among sharks sampled in an active reproductive state, only one female sampled during April in SC was in the pre-ovulatory stage (Table 4). All other sharks observed in an active reproductive state were sampled from NC. Ovulatory females with uterine egg cases (Figures 1B, D) were observed in July, August, October and November (Table 2). The majority of mature sand tiger sharks sampled off the NC coast in late summer and early fall were confirmed pregnant (Figure 1C). No samples were collected from late gestation and postpartum stage females.



Aquarium Sharks

Aquarium females were examined in all months except January and September and observed in pre-ovulatory, ovulatory and resting reproductive stages. A second resting reproductive stage, designated as retaining (Table 4), describes females with an avitellogenic ovary and uterine egg cases without observable evidence of fertilization or embryonic development. Nearly half of all females were observed in the retaining stage for one or more physical examinations. Six observations of egg release (Figure 1E) were reported. Two females released egg cases in March and April, within a year of ovulation. The remaining 4 observations of egg case release were for egg cases retained in the uteri for more than a year after they were ovulated. Duration for the retaining stage calculated from the first observation of retaining at a physical examination to a reported egg shedding event was 301 ± 55 days. A single postpartum blood sample was collected in April from a female that was successfully mated and became pregnant during the study timeframe (Table 5) (Wyffels et al., 2020a).


Table 5 | Aquarium sand tiger shark Carcharias taurus reproductive stages by month.



A peak in pre-ovulatory stage females was observed April–June followed by ovulatory stage females in June and August (Table 5). Resting stage females were observed throughout the year and in nine of the ten months that females were examined. Retaining stage females were observed in six of the ten months that females were examined including spring, summer and fall. The largest percentage of females in a resting reproductive stage was observed in November with approximately half of females examined in February, March, July and August also in a resting reproductive stage (Table 5).

The minimum duration for pre-ovulatory and ovulatory stages calculated from sequential examinations where the female remained in the same reproductive stage was 70–119 days (n = 6) and 111–209 days (n = 4), respectively. Considering sequential examinations for pre-ovulatory and ovulatory stages together, the ovary contained vitellogenic follicles for 146–280 days (n = 4) during the active year of the reproductive cycle. The two oldest females in the study had a cystic ovary that resolved partially or completely when vitellogenesis commenced (Figures 2C, D).

The resting state (combining retaining and resting stages) for 8 reproductive cycles from 6 aquarium females was 327 ± 24 days. Two females moved from an institution without seasonal changes in temperature to an institution with seasonal changes in temperature had a winter ovulatory cycle before relocation followed by an abbreviated resting period of more than 105 days but less than 216 days before their next cycle in spring. Two females were observed in a resting state for longer than a year, the first for more than 546 days and less than 727 days and the second for more than 472 days and in a resting state as of the completion of the study.

Nineteen females were examined longitudinally for two or more consecutive years to determine reproductive cycle length (Table 6). Females had a pattern of reproductive cycling that was consistent with alternating years of activity and rest with confirmed biennial (n = 7) or triennial (n = 3) reproductive cycles. One of the two triennial females was newly mature (10 years old) but the second female was nearly 20 years old. The time for one complete reproductive cycle was 1084 days for one female with a triennial cycle and 747 and 722 days for 2 females with a biennial cycle. The shortest time for a complete reproductive cycle (572 days) was observed for one of the two relocated females described above with an abbreviated resting stage. No females followed an annual reproductive cycle; an active reproductive year was always followed by, and/or preceded by, a resting reproductive year. Females (n = 9) that were observed first in a resting year and followed for 3 reproductive seasons or fewer could not be confirmed as biennial or triennial before the end of the study.


Table 6 | Reproductive cycle length and demographics of longitudinally monitored aquarium sand tiger sharks Carcharias taurus.






Steroid Hormones

Plasma immunoreactivity for HPLC fractions of pooled, ether-extracted plasma occurred in the same fractions as E2, T and P4 standards.


In Situ Sharks

Hormone concentration generally increased with shark size and reproductive activity (Figures 3A, 4A, 5A). Baseline and elevated (baseline + 2 SD) hormone concentration determined from an iterative analysis of samples from all sharks was 0.124 and 0.326 ng/ml for E2, 1.12 and 2.87 ng/ml for T, and 0.173 and 0.303 ng/ml for P4. Kendall’s correlation coefficient indicates weak or no correlation between steroid hormones: P4 and T (τb = 0.003, P = .9745), E2 and T (τb = -0.01, P = 0.92), and E2 and P4 (τb = -0.25, P = 0.009). Among steroid hormones, E2 was measured in the smallest proportion of mature sharks and in the lowest concentrations. E2 was measured in plasma from 47% of immature sharks and 43% of mature sharks (Figure 3A). It was either not present or below the assay detection limit (0.08 ng/ml) for remaining samples. E2 was elevated in plasma from 24% of mature sharks in an active stage of reproduction, not elevated for mature sharks in a resting stage of reproduction and elevated for 3% of immature sharks (Table 7). Reproductive stage had a statistically significant effect on E2 concentration (H(4) = 11, P = 0.0264, n = 54). Post-hoc pairwise comparisons using a Benjamini Hochberg-adjusted alpha were significant between early gestation and midgestation stages (P = 0.0221) (Figure 3B). A trend for elevated E2 concentration for ovulatory females was observed but not significant. The highest E2 measured was from a pre-ovulatory stage female sampled in April (Figure 3C).




Figure 3 | Plasma 17β-estradiol concentration by (A) shark length, (B) reproductive stage, and (C) month for in situ sand tiger sharks. Color indicates reproductive stage and the dotted line represents the threshold for elevated hormone concentration. Early gestation and midgestation 17β-estradiol were significantly different (*P = 0.02).






Figure 4 | Plasma testosterone concentration by (A) shark length, (B) reproductive stage, and (C) month for in situ sand tiger sharks. Color indicates reproductive stage and the dotted line represents the threshold for elevated hormone concentration. There was a significant difference between immature and resting (*P = 0.0443), ovulatory (**P = 0.00107), early gestation (*P = 0.0161) and midgestation (****P <.0001) stages. Testosterone concentration was highest in the fall, associated with gestational females.






Figure 5 | Plasma progesterone concentration by (A) shark length, (B) reproductive stage, and (C) month for in situ sand tiger sharks. Color indicates reproductive stage and the dotted line represents the threshold for elevated hormone concentration.




Table 7 | Sand tiger shark Carcharias taurus plasma samples with hormone concentrations below detection or elevated by reproductive stage.



Testosterone was measured in 95% of immature sharks and 100% of mature sharks (Figure 4A). Testosterone was elevated in 95% of mature sharks in an active stage of reproduction compared with 43% of sharks in a resting stage of reproduction, and 10% of immature sharks (Table 7). Testosterone concentration was significantly affected by reproductive stage (H(4) = 39.65, P <.0001, n = 68) with increasing concentration upon maturity and for females progressing through successive stages of reproduction (Figure 4B). There was a significant difference between immature and resting (P = 0.0443), ovulatory (P = 0.00107), early gestation (P = 0.0161) and midgestation (P <.0001) stages (Figure 4B). Testosterone concentration was highest in the fall, associated with gestational females (Figure 4C).

Progesterone was measured in plasma from 97% of immature sharks and 91% of mature sharks (Figure 5A). Progesterone was elevated in plasma from 59% of mature sharks in an active stage of reproduction compared with 17% of sharks in a resting stage of reproduction and 25% of immature sharks (Table 7). Reproductive stage had a statistically significant effect on P4 concentration (H(4) = 10.6, P = 0.0308, n = 54) (Figure 5B). Post-hoc pairwise comparisons of unadjusted alpha values revealed significant differences between resting and ovulatory (P = 0.0395), resting and midgestation (P = 0.0145), ovulatory and early gestation (P = 0.0371) and early and midgestation (P = 0.0184) however, after Benjamini-Hochberg adjustments, all p-values exceeded the threshold for significance (Figure 5B). The highest P4 concentrations among mature females were measured during the ovulatory stage and all midgestation females had elevated P4. Generally, P4 concentrations rose for females in active states of reproduction from spring to summer and fall (Figure 5C).



Aquarium Sharks

Steroid hormones from 18 aquarium sharks sampled during their active and resting states revealed that the majority of females have dynamic changes in hormone concentration associated with reproductive stage. However, five females (Females 14 –18) were relatively refractory, with hormone concentrations consistently below or near baseline regardless of reproductive stage (Figure 6). Kendall’s correlation coefficient indicates weak or no correlation between steroid hormone pairs for aquarium sharks: P4 and T (τb = 0.28, P <0.001), E2 and T (τb = 0.23, P <0.001), and E2 and P4 (τb = 0.06, P = 0.32). Plasma E2 was elevated in the majority (68%) of samples from aquarium females in an active reproductive state but only a quarter (26%) of samples from sharks in a resting reproductive state and immature sharks (Table 7). Half (51%) of plasma samples from sharks in a resting reproductive state and a third (35%) of samples from immature sharks had E2 levels below the detection limit (Table 7). Testosterone was detected in nearly all mature sharks and 70% of immature sharks. More than half (54%) of mature females in an active state of reproduction had elevated T compared with 21% of resting state (resting and retaining stages) females (Table 7). Progesterone was elevated for the majority (63%) of sharks in an active stage of reproduction compared with only 10% of resting state sharks (Table 7). Environment (aquarium) was not associated with hormone concentration, but reproductive stage was significant. Pre-ovulatory stage aquarium sharks had significantly elevated E and P4 compared to immature, resting, retaining, and ovulatory stage sharks (Figure 7). Testosterone also was elevated for pre-ovulatory compared to immature, resting and retaining stages but not different from ovulatory stage sharks (Figure 7). The only aquarium female to become pregnant (Female 1) during the study had the highest overall range of hormone concentrations for samples collected during resting and active reproductive states (Wyffels et al., 2020a) (Figure 6). Two females with a cystic ovary (Females 7 and 13) had hormone concentrations within the range observed for aquarium females (Figure 6).




Figure 6 | Plasma (A)17β-estradiol (B) testosterone and (C) progesterone concentration for aquarium sharks monitored longitudinally in resting and active reproductive years. Each symbol represents a different timepoint for each female. In situ shark data were combined into gravid and non-gravid categories with each symbol representing a single point in time for different females. The shape and color of each point indicate reproductive stage.






Figure 7 | Plasma (A)17β-estradiol (B) testosterone (C) and progesterone concentration (marginal mean and 95% confidence interval) by reproductive stage for aquarium sand tiger sharks. Different letters indicate significant (P < 0.05) differences between stages within each hormone plot.






In Situ and Aquarium Comparison

The proportion of plasma samples with elevated P4 concentrations was comparable for aquarium and in situ sharks (Table 7). In contrast, T concentration for aquarium sharks was persistently lower and E2 concentration was persistently higher compared to in situ shark plasma hormone concentrations (Table 7). Statistical comparison of hormone concentration between in situ and aquarium sharks was limited to reproductive stages that were overlapping between the two populations: resting and ovulatory. Hormone concentrations for immature sharks were not compared between populations because in situ samples were predominantly from juveniles and aquarium samples entirely from subadults. There was no difference in E2, T or P4 between in situ and aquarium sharks for resting females. Similarly, E2 and P4 were not different between populations for ovulatory stage females but T was significantly higher (P < 0.001) for in situ sharks.




Discussion

Seasonal patterns of ovulation and gestation confirm that the reproductive cycle of female sand tiger sharks is biennial or triennial with a breeding season during spring and early summer for sharks in the WNA. Critical to accomplishing research with threatened and protected species, nonlethal methods, including ultrasonography and endocrine profiling, were developed and shown to be effective for reproductive monitoring. Handling and restraint of aquarium sharks allowed a unique opportunity to assess and refine examination techniques, as post-release swimming patterns and food intake could be easily monitored. Examination procedures were optimized to minimize risk of post-procedure complications observed previously for females with uterine egg cases and fragile, large vitellogenic ovaries susceptible to torsion and rupture (Daly and Jones, 2017; Penfold and Wyffels, 2019). Similar to male sand tiger sharks, endocrine profiles for female sharks under managed care were different than observed for in situ counterparts (Wyffels et al., 2020b).

The biennial or triennial reproductive cycle of female sand tiger sharks is synchronized with seasonal migrations in fall and spring associated with reproduction (Gilmore, 1993). Females in early stages of their active year of reproduction were observed in spring and early summer in the Carolinas (Gilmore et al., 1983; Castro, 2009). Because reproduction is synchronous in this species, if females reproduce annually, all females examined during the same timeframe would be in a similar stage of reproduction. However, during summer, fishing occurred in NC and DE and females were segregated by reproductive condition with active females in NC and resting females in DE. The pattern indicates one or more year of rest between active reproductive cycles as has been proposed for the WNA population (Branstetter and Musick, 1994) as well as the SWA (Lucifora et al., 2002), South African (Dicken et al., 2006) and Australian (Bansemer and Bennett, 2009) sand tiger shark populations.

A reproductive cycle that includes a minimum of one (biennial) and a maximum of two (triennial) resting years was confirmed through longitudinal monitoring of aquarium-housed sharks. Previously hormone profiles supported a biennial cycle for a longitudinally monitored aquarium female (Henningsen et al., 2008) and the addition of ultrasonography in this study corroborates endocrine data and shows unequivocally the cycle length. The majority of females in this study had a biennial cycle, similar to proportions described for a critically endangered population at Wolf Rock, southeast Queensland, Australia (Bansemer and Bennett, 2009). Biennial and triennial cycles were observed for aquarium sharks exposed to various combinations of natural, seasonal or constant photothermal regimes, suggesting the periodicity is not a function of light or temperature. Reproductive age may have a role in periodicity with newly mature and older females adopting longer cycles. The energetic demands of reproduction appear rate-limiting for sand tiger sharks and necessitate a year of rest to recuperate and replenish hepatic reserves and prepare a new cohort of ovarian follicles (Castro et al., 1999). Young are nearly half the size of mature females at parturition and the female must store enough energy to sustain her and the developing embryos during a relatively long gestation. Food consumption patterns from male and female sand tiger sharks show decreased consumption trends during the mating season, and for females, increased consumption in preparation for ovulation and again postpartum has been observed (Townsend and Gilchrist, 2017; Willson and Smith, 2017; Wyffels et al., 2020a). Plasticity in reproductive periodicity may be possible with females initiating or halting a reproductive cycle in response to poor body condition or unfavorable environmental factors (Johnson and Snelson, 1996; Bansemer and Bennett, 2009; Driggers and Hoffmayer, 2009; Furumitsu et al., 2019).

Biennial and triennial cycle plasticity has been described in other species such as the Argentinian lizards, Liolaemus pictus and Liolaemus elongatus (Ibargüengoytía and Cussac, 1996; Ibargüengoytía and Cussac, 1998). Liolaemus pictus exhibit vitellogenesis and pregnancy in alternate years, sometimes skipping a year of reproduction for a biennial to triennial cycle (Ibargüengoytía and Cussac, 1996). Similarly, L. elongatus has an annual or biennial reproductive cycle (Ibargüengoytía and Cussac, 1998). This suggests that the enormous amounts of energy required to produce the large numbers of yolky eggs must be replaced before egg laying can commence again, and so resting periods of one to two years are essential.

The reproductive cycle for seasonally reproducing sharks is annual, biennial or even triennial (Castro, 2009). Two important factors that influence timing of the reproductive cycle for seasonal aquatic species, water temperature and day length (Heupel et al., 1999; Mull et al., 2008; Mull et al., 2010; Dharmadi and White, 2015; Nozu et al., 2018; Elisio et al., 2019), also vary annually. This suggests that changing water temperature and day length may promote reproduction for sharks under managed care (Henningsen et al., 2004a; Henningsen et al., 2017). Aquarium females exposed to seasonal changes in temperature and/or day length cycled predictably and exhibited the same seasonality as their in situ counterparts. Similar to male sand tiger sharks, aquarium females that were maintained in habitats without seasonal changes sometimes cycled unpredictably (Wyffels et al., 2020b). Aquarium females shifted seasonality in response to changes in environment that resulted in predictable cycling in late spring similar to in situ females. This suggests plasticity in cycle length between biennial and triennial for in situ females may be possible, especially if linked to resource availability, which has implications for management of sand tiger sharks. Intraspecific variation in reproductive life-history characteristics within a population and between geographically distinct populations is known for several shark species and environmental factors including temperature have been proposed as potential drivers (Yamaguchi et al., 2000; Driggers and Hoffmayer, 2009; Hoffmayer et al., 2013; Trinnie et al., 2014). No aquarium female in this study cycled annually, highlighting that even with sufficient resources provided in managed care, females are not able to reproduce more frequently than every other year.

Reproductive longevity, time to maturity, and reproductive cycle length are critical parameters for estimating reproductive productivity for any species. Shark age is difficult to assess because of the nonlinear relationship between vertebral and somatic growth and the diminishing rate of growth with age (Natanson et al., 2018). Age estimates from age-length relationships are most accurate for sand tiger sharks 12 years and younger (Passerotti et al., 2014). In this study, half of the aquarium females monitored were wild-sourced when 12 years or younger so their age estimate is relatively reliable compared to the other half, 13-16 years old when wild-sourced, and whose age is likely underestimated. The youngest aquarium females were 8-9 years old at the time of their first reproductive cycle which aligns with previous estimates of age to maturity at 8-10 years based on band deposition in vertebrae (Goldman et al., 2006). In addition, two subadults monitored for 3 years were 8 years old at the end of the study, and one of the two cycled for the first time in the last year of the study.

Size at maturity for females in the WNA has been described as 220–230 cm TL (Springer, 1948; Gilmore et al., 1983; Branstetter and Musick, 1994). However, in this study, the range of lengths for in situ females confirmed mature by observation of uterine eggs or young based on antemortem, non-lethal ultrasonography was 231–299 cm TL. This overlaps with the size reported for pregnant females in the WNA (229- 312 cm TL) (Springer, 1948; Gilmore et al., 1983; Castro, 2009). This suggests that females in the WNA 220- 230 cm TL are predominately maturing subadults and not yet reproducing. In the SWA pregnant females were a similar size (n = 12, 226–252 cm TL) (Sadowsky, 1970) but pregnant females from South Africa are larger, 240-272 cm TL (Bass et al., 1975; Smale, 2002). Sand tiger sharks have a prominent precaudal pit making determination of PCL a more robust option for reporting lengths because it is not subject to differences in tail position (stretch or natural) or significant flux during measurement.

Aquarium females as old as 30 years continued to cycle and four of the oldest females (25-30 years) monitored in the study (n=2) or examined upon necropsy (n=2) had a cystic ovary. Cystic ovaries have been observed in older/larger elasmobranchs of multiple species and may be part of the aging process and reproductive senescence or be associated with disease (Mylniczenko et al., 2019). Ovarian cysts are fluid filled sacs that are distinguished from vitellogenic follicles by their generally larger size and homogeneous dark appearance during ultrasound. The difference in echogenicity between cysts and developing follicles reflects the contents, with yolky vitellogenic follicles appearing heterogeneous and hypoechoic compared to anechoic cysts that contain translucent fluid. Because the two oldest aquarium sharks in the study were older than 12 years when wild-sourced, their actual age is likely underestimated and the true lifespan is likely more than 30 years as was suggested from bomb radiocarbon dating (Passerotti et al., 2014). This suggests females are immature for a third of their lifespan and reproduce for the remaining two-thirds. If a female lives for 30 years and produces 2 young every other year (biennial) or every three years (triennial), she will produce 14-20 young during her lifetime. The low reproductive productivity (Bass et al., 1975; Gilmore et al., 1983; Branstetter and Musick, 1994) and long time to maturity (Goldman et al., 2006; Passerotti et al., 2014) are reasons for the high susceptibility of this species to anthropomorphic threats including fishing pressure (Kilfoil et al., 2017), climate change, and loss of critical habitat. Understanding and using the full range of life history characteristics, especially reproductive parameters, is critical for population assessment, which in turn informs management and conservation plans.

Like all vertebrates, elasmobranch reproduction is regulated by gonadotropin releasing hormones (GnRH) and the hypothalamic-pituitary-gonadal (HPG) axis, with hormones serving as chemical messengers. Among elasmobranchs, endocrine studies are uncommon and few of the more than 1200 species have had the endocrine component of their reproductive cycle characterized. Complicating interpretation of hormone profiles, elasmobranchs utilize a wide range of reproductive modes (Wourms, 1977). Hormone functionality among elasmobranchs may be as equally diverse as reproductive mode and somewhat species-specific, however, functional commonalities for steroid hormones have been described (Awruch, 2013).

Sand tiger sharks are matrotrophic and viviparous reproducing via oophagy and adelphophagy and as a result, have a protracted period of ovulation that overlaps with gestation. Elevated E2 was observed for pre-ovulatory females, linking it to vitellogenesis similar to other studies that have suggested estrogens in elasmobranchs may regulate vitellogenesis, oviducal gland function, and egg case progression in the oviduct (Manire et al., 1995; Tricas et al., 2000; Marina et al., 2008; Elisio et al., 2019). Early gestation showed a trend for higher E2 compared with midgestation. This also supports a link between E2 and vitellogenesis because ovulatory activity tapers during mid-gestation as embryos switch from consumption of newly ovulated egg cases to yolk from their distended yolk stomachs.

For females, testosterone may serve as a precursor for E2 and/or have its own physiological role in reproduction. Among elasmobranchs, T has been reported to stimulate mating behavior, promote sperm storage, and maintain embryonic diapause (Rasmussen and Murru, 1992; Manire et al., 1995; Koob and Callard, 1999; Tricas et al., 2000; Waltrick et al., 2012; Elisio et al., 2019). There is no evidence of sperm storage or diapause in sand tiger sharks, but because T was elevated for pre-ovulatory aquarium sharks it may serve as an E2 precursor and it may also promote pre-copulatory behavior. Testosterone remained elevated for ovulatory aquarium females supporting a link to ovulation or egg case progression in the oviduct. Testosterone was a maturity biomarker and distinguished immature in situ sharks from all reproductive stages of mature in situ sharks. Only one in situ subadult female had elevated T and based on her size (228 cm TL, 196 cm FL, 169 cm PCL) she was either mature in a resting state of reproduction or near maturity. Among in situ sharks, evidence for an association between T and ovulation comes from elevated levels for ovulatory through midgestation sharks. The large variance in T concentration observed during midgestation might be associated with in situ females concluding ovulatory activity. Additionally, although there was only one in situ pre-ovulatory female sampled, she had elevated T and E2 supporting the precursor hypothesis. Alternatively, T may have physiological roles associated with energetics and stressors related to seasonal migrations (Rankin, 1991) for sand tiger sharks as was preliminarily shown for juvenile male tiger sharks (Wosnick et al., 2018) and has been shown for birds (Ramenofsky and Wingfield, 2006; Lymburner et al., 2016) and diadromous fishes (Ueda et al., 1984; Munakata et al., 2000; Munakata et al., 2001; Crossin et al., 2009; Sudo et al., 2011).

Progestogens are thought to serve as maturational hormones (Manire et al., 1995; Snelson et al., 1997; Tricas et al., 2000; Marina et al., 2008; Fujinami and Semba, 2020). Progesterone for aquarium sharks was significantly elevated for pre-ovulatory sharks and a trend for higher concentrations was evident in ovulatory females but not in other stages. For in situ sand tiger sharks, P4 was the least diagnostic steroid hormone for assessing reproduction with concentrations from mature and immature sharks overlapping for most reproductive stages. Gonadal progesterone is secreted by post-ovulatory follicles (corpus luteum), however; progesterone also may be derived from interrenal gland secretions. Observation of elevated P4 for pre-ovulatory and ovulatory sharks supports a maturational role for this hormone but the source of P4 for pre-ovulatory aquarium sharks requires further investigation and consideration. It is possible for elasmobranch pre-ovulatory follicles to undergo atresia and become steroidogenic (Waltrick et al., 2017). Sand tiger sharks females have voluminous uteri and some aquarium females may have commenced ovulation but the few uterine egg cases present elluded detection during examination. In situ sharks afford another hypothesis. The cause for elevated P4 observed for immature females and mature females in their resting year may be due to its more broad functionality in elasmobranch reproduction and physiology through activation of interrenal mineralocorticoid receptors (Wheaton et al., 2018; Baker and Katsu, 2020). Acute physiological stressors, such as restraint during physical examinations and blood draws have been shown to alter circulating hormone concentration within minutes of handling for some species (Cooper et al., 1995; Moe and Bakken, 1996; Krause et al., 2014). The short-term stress associated with fishing and subsequent restraint may have caused ephemeral spikes in interrenal-derived progesterone, confounding potential differences associated with reproductive stage. Increasing the number of sharks sampled and minimizing stress associated with fishing may help elucidate the role of this hormone for sand tiger sharks.

Comparable endocrine data for sand tiger sharks is available for an aquarium female housed at National Aquarium (Henningsen et al., 2008). Over 16 months of monitoring (without ultrasonography), a single peak in E2 and P4 was observed during late winter and early spring, corresponding to when pre-ovulatory vitellogenic females were observed in this study. A single and delayed but temporally overlapping peak in T was observed also (Henningsen et al., 2008). Although the methodology for measuring hormones differed, the patterns observed were similar providing secondary validation to this study.

Similar to reproducing in situ sharks, all plasma samples from the aquarium female that became pregnant during the study had elevated T concentrations. Endocrine dysfunction, especially T, may be associated with the poor reproductive success observed for this species in managed care. This theory is supported by the higher T concentration for ovulating in situ females compared to aquarium females. Other comparisons between in situ and aquarium females were hampered by a lack of samples in comparable stages of reproduction and a low number of samples with high variability in hormone concentration.

Plasma from all reproductive stages except gestation was collected from aquarium females but because aquarium females are not readily reproducing, endocrine patterns may not be representative of normal reproduction for the species (Henningsen et al., 2008). The endocrinology of successfully reproducing in situ sand tiger sharks is important as a biological standard that can be used to understand reproductive dysfunction. Females in aquariums continue to cycle but their ability to become pregnant may be diminished by an improper hormone milieu. It is also possible that pregnancy fails very early in gestation and goes undetected in aquarium females. Reproduction, including gamete quality and hormone concentrations, are often disrupted for fish in managed care as a result of differences from in situ habitat, social dynamics, nutrition and photothermal regimes (Henningsen et al., 2008; Henningsen et al., 2015; Zupa et al., 2017).

Noninvasive reproductive monitoring includes observations of mating and egg release for aquarium females. Egg release is proof of reproductive cycling but egg retention for up to 2 years effectively uncouples ovulation and egg dropping events and makes the timing of reproductive cycles impossible to interpret without routine monitoring. In some instances, retained egg cases can cause egg metritis that can result in animal death that may be prevented through routine reproductive monitoring and treatment (George et al., 2017). Reproductive hormones distinguished mature females in situ and pre-ovulatory females in aquariums. For other reproductive stages, hormones must be interpreted alongside additional reproductive data to be informative. Future studies should include additional steroid hormones that may have a role in reproduction for this species. Physical examination using ultrasonography remains the best non-lethal assessment method to determine reproductive stage for sand tiger sharks. Additional research is needed to understand control of the reproductive cycle and identify alternative biomarkers of reproduction, energetic markers for instance. Understanding the drivers of reproduction for sand tiger sharks has important implications for their conservation. Spatial segregation of in situ females depending on reproductive status may be linked to environmental parameters important for either gestation or postpartum energy recovery. Identification and protection of resources critical for sand tiger shark reproduction such as migration corridors, gestation and parturition grounds, and seasonal prey will support survival and reproduction. Elucidating environmental factors associated with successful reproduction in aquarium sharks and the wild population will help advance our understanding of reproduction for this species and in turn, inform impactful conservation policy.
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Public aquaria showcase aquatic life while raising awareness and educating the public on biodiversity and the need for conservation. Recently, aquaria have followed in the footsteps of zoos by taking more directed approaches in species conservation as well as leveraging animals in their collection to fill biological knowledge gaps through research. Similar to zoos, aquaria are able to house animals that are not feasible to care for in traditional academic settings, allowing important life history information to be gained. In particular, our understanding of reproductive aspects of large migratory fishes such as elasmobranchs (sharks, skates and rays) have benefited from information gleaned in aquarium settings that would otherwise be difficult or impossible to study in the natural environment. For example, the ability of elasmobranchs to reproduce parthenogenetically was discovered through observation of sharks maintained in public aquaria. Since its discovery, parthenogenesis has been observed for many ex situ shark and ray species. Aquaria have made other important contributions to characterizing elasmobranch reproductive biology such as understanding reproductive cycling and trialing assisted reproductive techniques, among others. Here, we review the role aquaria have played in the field of elasmobranch reproductive biology and discuss how zoos and aquariums can continue to contribute to this field in the future.
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Introduction

Elasmobranchs (sharks, skates, and rays) are an important group of mostly marine organisms that comprise approximately 1,200 species (White and Last, 2012). Although they are a charismatic group of fishes, playing important predatory roles in marine food webs, research on this taxon has lagged behind that of other vertebrates. Elasmobranchs tend to be wide-ranging, cryptic animals that are challenging to sample and this likely contributes to their underrepresentation in the literature. As such, there is still much to learn regarding elasmobranch species-specific life history characteristics. In particular, certain biological aspects (such as reproduction) can only be studied in situ as single point-in-time measurements, resulting in patterns being surmised from sampling many individuals once over the course of a study. While this information is valuable, noise in the dataset due to individual variability may hamper deeper understanding of complex processes in the natural environment.

Public aquaria (herein referred to as “aquaria”) have recently followed in the footsteps of zoos by taking more directed approaches in species conservation as well as using animals in their care to fill biological knowledge gaps through research. Indeed, aquaria are able to house animals that are difficult or impossible to care for in traditional academic settings, allowing important life history information to be gained. Importantly, aquaria can study the same individual(s) over time, allowing researchers to examine both seasonal and age-related effects on physiology.

One of the more important aspects of elasmobranch life history that has benefited from aquarium collections is reproductive biology. Some of the first observations on egg laying in elasmobranchs came from the Brighton Aquarium in the late 1800s (Koob, 2004). Aquaria have also played an important role in characterizing mating behavior in elasmobranchs. Clark (1963) described premating behavior in Lemon Sharks (Negaprion brevirostris) at the Seaquarium in Miami, Florida. Other studies have described ex situ mating behavior in more detail (Uchida et al., 1990; Henningsen et al., 2004) and these behaviors have been confirmed in wild populations (Nordell, 1994; Pratt and Carrier, 2001; Whitney et al., 2004). Aquaria have played an unparalleled role in their ability to track reproductive behavior and physiology year-round for extended periods of time on the same individual(s) (Henningsen et al., 2008; Nozu et al., 2018; Sheldon et al., 2018; Murakumo et al., 2020; Wyffels et al., 2020a; Wyffels et al., 2022). For example, regular physical examinations have enabled hormone cycling fluctuations to be paired with associated changes in reproductive organs (e.g. ovaries, testes) using ultrasonography (Nau et al., 2018; Wyffels et al., 2020a; Wyffels et al., 2022). Aquaria also provide a platform for the development and in-house testing of new technologies that can then be applied in the field (Payne et al., 2015; Dove et al., 2021). Here, we focus on the contributions of research conducted in an aquarium setting to the understanding of the unique and varied reproductive biology of elasmobranchs, much of which would be nearly impossible to carry out on free-ranging in situ wild populations. Because mating behavior has been extensively reviewed, it will not be covered here in detail; rather, the discussion will be centered on reproductive physiology patterns that are now understood from studying animals ex situ.



Areas of advancement


Reproductive cycling

Traditionally, in situ reproductive biology of elasmobranch species has been studied as single points in time, either destructively (Wourms, 1977; Pratt, 1988; Natanson and Gervelis, 2013) or non-lethally (Sulikowski et al., 2007; Awruch et al., 2008; Wyffels et al., 2020a). While both approaches provide important information for describing basic biology, they cannot capture temporal changes within individuals, leading to inference being used to estimate natural reproductive cycling based on observations from the sum of individuals sampled within a natural population. This approach underrepresents natural variation among individuals, and can, at times, lead to discrepancies in accurately describing the reproductive cycle of a species. For example, in the Smalltooth Sawfish (Pristis pectinata) reproduction was estimated to occur on a biennial cycle in situ (Carlson and Simpfendorfer, 2015; Feldheim et al., 2017), but was observed to occur annually ex situ (Flowers et al., 2020), indicating that females are physiologically capable of reproducing every year. Animals held in human care have access to ample food resources and, potentially, reduced stressors, which could remove energetic obstacles that may result in animals having prolonged time between breeding cycles in situ. Importantly, Smalltooth Sawfish are critically endangered, and their biennial reproduction could be a result of resource limitation(s) such as food or mates in situ (Flowers et al., 2020), the latter of which may contribute to why parthenogenesis has been observed in this wild population of elasmobranchs (Fields et al., 2015). Nevertheless, documentation of this important life history discrepancy through information gleaned from aquaria has important implications for recovery and management of this severely impacted species. If Smalltooth Sawfish are capable of reproducing every year, instead of every other year, the ability of wild stocks to recover may be better than previously thought, assuming the obstacles preventing them from reproducing biennially are removed.

Unexpected observations of fetal habits have been documented thanks to pregnancy and parturition events in aquaria. For example, through repeated ultrasound, it was discovered that embryos of the Tawny Nurse Shark (Nebrius ferrugineus) move between uteri during gestation (Tomita et al., 2019). At parturition, the transition in respiration from in utero buccal pumping to ram ventilation was observed for the Tiger Shark (Galeocerdo cuvier; Tomita et al., 2018). These and other interesting but ephemeral characteristics of elasmobranch reproduction are only possible through cooperation and collaboration with aquaria.

Similarly, rest periods between reproductive events are nearly impossible to confirm in the wild. Data from individuals held in aquaria have allowed scientists to estimate the reproductive timing of species, which is important life history information for species management in situ. For example, Sand Tiger Sharks (Carcharias taurus) were assumed to reproduce every year using traditional lethal methods of research (Gilmore, 1993) and hypothesized to reproduce biennially or triennially based on photo-identification and residency patterns (Bansemer and Bennett, 2008; Bansemer and Bennett, 2009). However, recent examinations of female reproductive cycling in aquaria unequivocally shows reproduction every other or every two years, with resting between cycles (Wyffels et al., 2022). Similarly, embryonic development across gestation was described in a pair of ex situ Reef Manta Rays (Mobula alfredi), providing baseline information that can be used to guide gestational staging in the field (Murakumo et al., 2020). Obtaining these critical reproductive timelines would be impossible to achieve otherwise and is important to inform and guide management of protected species.

Routine examination of animals while in human care can also enable research to determine what environmental cues (e.g. changes in temperature, photoperiod, and/or salinity) may be important for reproduction (Smale et al., 2004). Considering that many aquaria hold environmental conditions constant, removing these natural cycles reveals which species are more sensitive to these cues to properly time reproductive activity and which species are more adaptable (Henningsen et al., 2004). For example, Sand Tiger Sharks have traditionally been difficult to breed in aquarium settings, but recent successes appear to be closely related to providing both seasonally fluctuating light and temperature (Wyffels et al., 2020b). Similarly, because some aquaria keep animals in different conditions, it provides a powerful platform to compare and contrast among institutions that would be difficult to do otherwise for large, charismatic megafauna. For instance, previous work by the Churaumi Aquarium has shown season-dependent cycling of female Zebra Shark (Stegostoma tigrinium) reproductive hormones and egg laying patterns with natural fluctuations in sea water temperature (Nozu et al., 2018). This approach is in contrast to many North American institutions that keep constant temperatures and have less synchronized breeding cycles (Watson and Janse, 2017; Wyffels and Lyons, pers. obs.). For example, continuous egg laying is observed year-round for some Zebra Shark females held in aquaria (Adams et al., 2022), a pattern that is likely atypical from a natural cycle where there would be a distinct reproductive period. Current research is being conducted to determine what effect (if any) the lack of environmental cues has on influencing reproductive cycling in this species. By contrast, other species appear to have no challenges breeding in managed settings regardless of environmental cues, such as Cownose Rays (Rhinoptera bonasus; Sheldon et al., 2018), Southern Stingrays (Hypanus americana; Henningsen, 2000) and carpet sharks (Chiloscyllium spp.; Wyffels et al., 2021). The variety of species held in human care provides a rich platform to understand the mechanisms underpinning species reproductive biology and the factors that drive reproductive cycling.

Mating in aquaria has also shed light on female choice in elasmobranchs (Lyons et al., 2021). For example, female Sand Tiger Sharks exhibit retaliatory biting of males that try to copulate with them (Gordon, 1993). They also practice “shielding” where they swim very close to the substrate (Gordon, 1993). Shielding has also been shown in female Epaulette Sharks (Hemiscyllium ocellatum; West and Carter, 1990). A female Sand Tiger Shark at UnderWater World SEA LIFE Mooloolaba, Australia, was observed wedging her body between rocky outcrops on or near the bottom to avoid unwanted male copulation (Willson and Smith, 2017). These behaviors have the effect of preventing mating, thus demonstrating females employing pre-copulatory mate choice. Because aquaria are able to track and dictate group composition within habitats, there are unique opportunities for aquaria to take the lead on understanding the role of female choice for elasmobranch mating systems.

Corresponding to observation of reproductive behaviors, aquaria can take more deliberate steps to genetically test offspring. This information can play a role in linking reproductive behavior with genetic outcomes to further our understanding of female choice and multiple paternity (Heist and Feldheim, 2004), a widespread phenomenon across elasmobranch species both in situ (reviewed in Bester-van der Merwe et al., 2022) and ex situ (Janse et al., 2013; Townsend et al., 2015). Performing parentage analysis will provide institutions with an indication of which individuals are genetically overcontributing or undercontributing to the regional studbook and will enable facilities to coordinate breeding efforts effectively (Janse et al., 2013; Hook, 2019). Thus, coordinated breeding efforts informed by genetic parentage can both serve to help sustainably source animals for display within the aquarium community, reducing the need to source animals from the wild, as well as lay the groundwork for possible in situ conservation work (i.e. reinforcement or reintroduction programs).



Reproductive life history parameters

Along with reproductive cycling, other important reproductive life history parameters have been described for a number of species maintained in aquarium collections, several aspects of which are only obtainable through long-term monitoring of individuals across collections. For example, some of the most basic life history parameters (e.g. age at maturity, litter size, longevity, senescence, etc.) are unknown for most shark species. By leveraging the expert husbandry provided to animals in aquaria, individuals can be tracked for many years, sometimes across multiple decades, elucidating some of these life history parameters. At times, information gathered through aquarium collections can corroborate what has been estimated in the field. For example, Zebra Sharks obtained at 6 months of age reached reproductive maturity at approximately 6 years of age for females and 7.5 years of age for the male (Watson and Janse, 2017), which corroborates what is estimated for their in situ population (Ebert et al., 2021). For other species, age/size at maturity can, in essence, only be gathered through aquarium collections because the animals are rare and/or extremely difficult to study in situ. For example, sexual maturity was recently described for a male Reef Manta Ray born at Okinawa Churaumi Aquarium and a resident Whale Shark (Rhincodon typus), where aquarists were able to monitor blood hormones and correlate increased titers with clasper morphology to confirm maturity, as well as document when sex-specific behaviors (i.e. mating) commenced (Nozu et al., 2017; Matsumoto et al., 2019). Information collected by this research group provided essential baseline biological information for species that are challenging to study in situ at the same level of detail.

One outstanding parameter that is not well understood in elasmobranchs, yet is critically important for species management, is longevity. Current methods and tools available often require lethal sampling to obtain hard structures (e.g. vertebrae, eye lens, etc.; Cailliet, 2015) in an attempt to use growth markers to estimate age. However, many of these methods are undesirable because obtaining sufficient data across a range of size classes is difficult or impossible, and many of these methods have shown to be rather inaccurate (Burke et al., 2020) or unable to be validated (Nielsen et al., 2016). For example, vertebral “growth ring” aging of Sand Tiger Sharks estimated lifespan to reach 34 years for males and 40 years for females; however, the authors state outright the inadequacy of the method to accurately age this species beyond 12 years (Passerotti et al., 2014). Individual Sand Tiger Sharks that have been mature and in aquaria collections for 30 years or more will undoubtedly provide more accurate information on the maximum potential longevity of this species (Wyffels et al., 2022). Determination of maximum lifespan in ex situ animals will allow for current and future aging methods to be validated so that in situ animals can be aged more accurately and determine if they reach similar lifespans as their ex situ counterparts.

For oviparous species, in particular, aspects of their reproductive life history (such as fecundity and embryo development time) are particularly difficult to estimate in the field but are crucially important. Despite the limitations of field samples, fecundity is a fairly reliable metric that can be estimated for viviparous species because the number of young can directly be associated with an individual female, assuming she does not spontaneously abort prior to sampling (Wosnick et al., 2018). For oviparous species, point-in-time sampling to quantify fecundity is not possible since females lay clutches of eggs over a reproductive period that can last for months (Wyffels et al., 2021; Adams et al., 2022). Furthermore, variance in fecundity is possibly more variable in oviparous species than viviparous species because the former do not have a physical limitation on available body space to carry young. For example, ex situ egg laying activity of the Barndoor Skate (Dipturus laevis) demonstrated these animals laid variable numbers of eggs in consecutive years, but also confirmed year-round laying activity as well as a longer incubation time than previously thought (Parent et al., 2008). Likewise, reproductive output of individual female Zebra Sharks has been documented from aquaria worldwide (Watson and Janse, 2017). Alongside fecundity, gestation for viviparous species and incubation period for oviparous species, are important reproductive life history parameters. Gestation time can be estimated for synchronously reproducing in situ species, but incubation time requires temporal observations of the same egg cases over time to monitor embryo development, which is easily accomplished in aquaria (Luer and Gilbert, 1985; Castro et al., 1988; Wyffels et al., 2006; Harahush et al., 2007; Rodda and Seymour, 2008). Furthermore, by observing animals in managed care, the impact of global warming and other anthropogenic environmental changes on development time can be investigated (Pistevos et al., 2015; Musa et al., 2020; Ripley et al., 2021; Wheeler et al., 2021). For oviparous species, leveraging aquarium collections to describe fundamental life history characteristics is important for proper species management, and at times, can only be obtained through observations in aquaria.



Reproductive pathologies

The ability to observe the same individuals throughout complete reproductive cycles in the controlled setting of an aquarium, versus unpredictable field conditions, in combination with the availability of advanced diagnostic tools including endoscopy, radiology and ultrasonography, has led to the discovery of reproductive pathologies among elasmobranchs in aquaria (George et al., 2017). Overall, the incidence of reproductive pathologies is relatively low (2.4%) compared to other causes of death among elasmobranchs in aquaria (Garner, 2013).

Viviparous sharks and rays that readily reproduce in aquaria sometimes suffer from dystocia, a difficult or obstructed labor, which is life threatening for the female and the fetus. The cause of dystocia is typically attributed to abnormal fetal positioning, anatomy, and/or an oversized fetus, but insufficient cervical dilation or congestion in the birth canal can also prevent a successful birth. An oversized fetus may be a consequence of delayed parturition whereby the fetus has more time to accumulate size and mass before birth. Over-conditioning (i.e. ample food provisioning) of ex situ females may lead to high birth-weights and exacerbate dystocia (Jung-Schroers et al., 2015).

Over-gestation and dystocia were suspected for a Sand Tiger Shark that gave birth (unassisted) to a female that was either stillborn or died soon after birth (Wyffels et al., 2020a). The neonate was longer in length and heavier in mass than that reported for the smallest free-swimming conspecifics in situ, suggesting the large size of the fetus may have contributed to its death (Wyffels et al., 2020a) and explain why stillborn, full-term young have been reported repeatedly for Sand Tiger Sharks in aquaria (Henningsen et al., 2017; Willson and Smith, 2017). A similar case in a Blacktip Reef Shark (Carcharhinus melanopterus) ended with negative consequences for the oversized young, which died in utero, and the female, which succumbed to infection two days after a cesarean delivery (Jung-Schroers et al., 2015). Other sharks in managed care that have been affected by dystocia include a Bonnethead Shark (Sphyrna tiburo; Stoskopf, 2017) and a Blacktip Shark (Carcharhinus limbatus; Mylniczenko et al., 2017).

Dystocia has been observed on multiple occasions for Cownose Rays in aquaria (Cavalcante et al., 2016; George et al., 2017), and it has also been suggested as a cause of mortality associated with capture for in situ rays (Leite et al., 2020). Procedures for cesarean delivery and monitoring have been developed for Cownose Rays, and, if adopted, should minimize neonate and female loss for animals in aquaria. Prevention of dystocia due to neonate size requires the gestation period of the species to be documented, and that the start of gestation be known, so that intervention can be planned for the end of gestation to ensure survival of the female and offspring (George et al., 2017). Insufficient cervical dilation and congestion in the birth canal necessitated an assisted birth for a Whitespotted Eagle Ray (Aetobatus narinari; Mahon et al., 2004). The neonate was delivered, but its tail was entangled with gills and required amputation in order for the newborn to swim and thus respire (Mahon et al., 2004). Three previous pregnancies for this female resulted in stillborn young that were fully developed and term, suggesting dystocia may have been a contributing factor.

Southern Stingrays in aquaria are prone to reproductive disease that may be related to age and/or their lack of reproduction (Mylniczenko et al., 2019). Southern Stingrays are prolific and readily reproduce in aquaria (Henningsen, 2000), and because of this, they are often maintained in aquaria as single-sex groups in an effort to limit reproduction. It is not known if the disease develops because of a lack of reproduction or other factors such as advanced age, but disease was not observed among the smaller but mature and actively reproducing in situ rays examined (Mylniczenko et al., 2019). The reproductive disease manifests in the ovary, which becomes enlarged, congested, and comprised of a large number of ovarian cysts and variably sized follicles. The uterus and vestigial right uterus of rays with severe disease is often enlarged, sometimes with cysts in the uterine wall, and filled with copious fluid, presumed to be histotroph despite their non-pregnant reproductive state (Mylniczenko et al., 2019). The increase in size of reproductive organs translates to less space for digestive organs and eventually the rays become emaciated and succumb to the disease.

Female Sand Tiger Sharks are prone to another type of reproduction-related complication known as egg-retention metritis (George et al., 2017). Females in aquaria readily ovulate during their reproductive cycle, but if they do not become pregnant, the egg cases sometimes remain in the uterus for much longer than the gestation period (Wyffels et al., 2022). Egg cases are a rich source of nutrition and if they are not spontaneously released, this can lead to bacterial metritis that may result in septicemia and death (George et al., 2017). Fortunately, with routine reproductive monitoring to follow the cycle of females and understand the possible timeframe for egg-retention, uterine lavage is an effective way to remove inspissated and degrading egg cases and prevent more serious complications (George et al., 2017; Wyffels et al., 2022).

Although not life-threatening, the reproductive cycle of male elasmobranchs may also be impacted by managed care, as evidenced by the comparatively poor quality of semen for aquarium versus in situ Sand Tiger Sharks. Low sperm number and poor motility in ejaculates from aquarium sharks may contribute to the lack of successful reproduction observed for this species in managed care (Wyffels et al., 2020a), and demonstrates the need to more thoroughly understand the sensitivity of individual species to environmental cues or other factors missing ex situ, such as nutrition.



Contraception

While the ability to have successfully breeding individuals in aquaria can provide important information about basic life history parameters, it is not always desirable because it can compromise the ability to manage populations both within and among institutions. Maintaining single-sex collections is not always possible nor are resources always available to support the young generated from indiscriminate breeding, especially for species that are relatively fecund or cycle frequently. Furthermore, there can be a need to control reproduction in certain segments of the ex situ population if a few animals are genetically overrepresented (Janse and Luten, 2019), which could lead to future inbreeding. Therefore, aquaria have been some of the first to trial modern methods to limit reproduction in elasmobranch fishes.

Three general options are available for facilities to reduce undesired procreation: physical separation, surgical, and hormonal. Physical separation of sexes may be managed within an institution as well as through relocation. Individual animals can be transferred to other institutions, ideally in coordination through species studbook managers (see below); however, availability of monetary and logistical resources may hamper this option as a reliable means of managing collection species, especially for large-bodied elasmobranchs. Therefore, employing contraception methods, with permanent or temporary sterilization, aims to achieve stable collection populations. Since little research has been performed in this arena, it leaves the field open for a number of future research pathways. For studies based in surgery, ovariectomy has been used successfully in Southern Stingrays with few complications when animals were selected at appropriate sizes for the procedure (George et al., 2017). However, it should be noted that ovariectomy as a means of birth control was an indirect result of maintaining a single-sex population where animals suffered from reproductive disease that may have been caused by or have been exacerbated by the lack of pregnancy cycles that are a part of their normal life history (see above section). To our knowledge, similar procedures to control reproduction from the male perspective have not been performed, and represents another avenue of exploration.

While limited, more work has been conducted using hormonal means to suppress reproduction, possibly due to lower risk of life-threatening complications associated with implanting or injecting hormones compared with more invasive surgical techniques (George et al., 2017). Hormonal methods have the advantage of a potential reversal to enable future reproduction, if and when desired. The hypothalamic–pituitary–gonadal axis represents the endocrine pathway that hormonally regulates reproduction (Awruch, 2013), and most studies have targeted the first step in this cascade by limiting the release of gonadotropin-releasing hormone (GnRH) in the hypothalamus. Although elasmobranchs appear to use several forms of GnRH (Lovejoy et al., 1992), one of these may be mammalian GnRH (Calvin et al., 1993), which is significant, as several agonistic and antagonistic pharmaceuticals have already been manufactured and implemented successfully in mammals to suppress reproduction (Agnew et al., 2021). Thus, employing similar pharmaceutical hormone therapies in sharks and rays may prove beneficial. The most commonly trialed form of hormonal contraception in male and female elasmobranchs has been Suprelorin® implants (deslorelin, a GnRH agonist), with mixed success. For example, pregnancy was suppressed for 22 months in a single female Eagle Ray (Aetobatus ocellatus) given a deslorelin implant, despite copulation and conspecifics reproducing successfully in the same system (Janse and Luten, 2019). By contrast, deslorelin implants were unsuccessful in male Zebra Sharks and Short-tailed Stingrays (Bathytoshia brevicaudata), as well as female Largespot River Stingrays (Potamotrygon falkneri; Daly and Jones, 2017). Antide, a GnRH antagonist, has also been trialed in male Sand Tiger Sharks and resulted in decreased, although variable, reproductive hormone levels (Henningsen et al., 2015); however, whether these reductions were associated with significantly reduced semen quality and ultimately prevented reproduction was not investigated.

Overall, contraception of elasmobranchs as a reliable method to regulate ex situ populations remains unknown. Of the few published studies, sample sizes are limited to one or a handful of individuals, which does not have the statistical power to test if these methods are effective at preventing reproduction. In addition, the longevity of implants and how frequently they need to be administered is also unclear, which is necessary in order to have effective contraception year-round, likely necessary at a species-specific level. Aquaria have the ability to leverage their diverse collections to conduct well-designed studies aimed at answering these questions.



Parthenogenesis

Parthenogenesis is the process whereby an embryo develops from a female gamete without contribution of male sperm (Lampert, 2008). The ability of elasmobranchs to reproduce unisexually was first recognized through observations in aquaria, where females were noted producing young in the absence of males (Chapman et al., 2007). Since it first being noted in a Bonnethead Shark, parthenogenesis has been documented for many elasmobranch species using a variety of reproductive modes (Table 1). The underlying mechanisms leading females to reproduce parthenogenetically are unknown; however, aquarium collections play an important role in understanding the processes behind this interesting biological phenomenon, which is extremely difficult, if not near impossible, to study in situ.


Table 1 | Cases of parthenogenesis from aquaria. Fem indicates the number of females in that study that gave birth via parthenogenesis. Offspring represents the number of parthenotes in the study. Repro Mode is the reproductive mode of the species.



Parthenogenesis has been documented across a variety of shark and ray species, and at times, independently in the same species at multiple aquaria. For example, parthenogenesis in Zebra Sharks has been observed in three different countries across the world (Australia, United Arab Emirates, and United States) and has been documented in animals producing parthenotes yearly (Robinson et al., 2011) and switching between sexual and unisexual reproduction (Dudgeon et al., 2017; Adams et al., 2022). Likewise, parthenogenesis has been observed on several, independent occasions in the Whitespotted Bamboo Shark (Chiloscyllium plagiosum; Feldheim et al., 2010; Straube et al., 2016; Wyffels et al., 2021). Reproduction by parthenogenesis across multiple years is not restricted to oviparous species. In the Whitespotted Eagle Ray, a female gave birth to parthenogenic offspring in consecutive years (Harmon et al., 2015).

Considering how often this phenomenon has been described simply as a byproduct of females laying fertile eggs in the absence of males, it raises questions about how often parthenogenesis occurs when it is explicitly studied. For instance, parthenogenesis has been documented to occur alongside sexual reproduction in the Whitespotted Bamboo Shark (Wyffels et al., 2021) and the Zebra Shark (Adams et al., 2022); however, it is likely that the only reason why parthenogenesis was detected at all in these studies is that every hatchling was genotyped to determine the success of artificial insemination techniques, not to determine rates of parthenogenesis itself. Thus, in general, the impetus for examining young born in aquaria for parthenogenesis usually only occurs when young are produced at a time when females are maintained as a single sex population and/or when they have not been housed with males for an extended period of time. However, two independent artificial insemination studies (Wyffels et al., 2021; Adams et al., 2022) demonstrate that even in the presence of semen, females still reproduced parthenogenetically. Therefore, it is likely that the known instances of parthenogenesis represent only a small portion of its true occurrence for elasmobranchs in aquaria and in situ populations.



Sperm storage

Sperm storage is a common trait in many animal taxa (Holt and Lloyd, 2010; Holt and Fazeli, 2016) and serves the purpose of uncoupling copulation from ovulation, allowing females flexibility as to when they fertilize their eggs. Some elasmobranchs store sperm in specialized tubules of the oviducal gland (Pratt, 1993; Dutilloy and Dunn, 2020; Jordan et al., 2021). Although the occurrence of sperm storage is known for some species, the duration sperm remain viable once stored by females can only be ascertained in an aquarium setting. To date, only a few studies have addressed this question. Luer et al. (2007) inseminated Clearnose Skate (Rostroraja eglanteria) females with freshly collected and extended semen and found females were able to use this sperm for insemination over the next ten weeks; however, genetic testing was not performed and sireship was only assumed based on the successful development of an embryo. In a similar study, Wyffels et al. (2021) found Whitespotted Bamboo Shark females were able to fertilize eggs (genetically confirmed paternity) up to 17 weeks after insemination.

The longest duration of sperm storage documented for an elasmobranch occurred at the Steinhart Aquarium when a female Brown-Banded Bamboo Shark (Chiloscyllium punctatum) laid an egg that resulted in a viable hatchling after 45 months of isolation from a male. Importantly, the authors genotyped the putative mothers and the hatchling and discovered the offspring had levels of heterozygosity similar to those of its mother, consistent with sexual reproduction (Bernal et al., 2014). This indicates that sperm can remain viable in a female’s reproductive tract for up to four years in this species. The duration of viable sperm storage has been speculated in wild-caught specimens (Pratt, 1993); however, ex situ monitoring is the only way to truly quantify the length of time females store sperm for future use. With the ability to definitively document when males and females were together, combined with access to subsequent reproductive products (i.e. eggs or live-birth young), aquaria are well poised to quantitatively monitor duration of sperm storage in a variety of elasmobranch species.



Artificial insemination

Despite being practiced in terrestrial mammals for more than two centuries (Foote, 2002), artificial insemination (AI) is a relatively new technology used to support elasmobranch ex situ breeding. In other taxa, AI has been used to maintain genetic diversity or introduce novel genes into threatened populations (Hildebrandt et al., 2012; Howard et al., 2016; Fox et al., 2018). In addition to maintaining genetic diversity, aquaria can also use AI in elasmobranchs to avoid logistically challenging and expensive transport of individuals between institutions. AI allows for the maintenance of female-only groups, eliminating the risk of injury from male harassment. This approach has the additional benefit of reducing the requirement to maintain extra animals on reserve for display when animals in main exhibits need to be rehabilitated behind-the-scenes, thus, decreasing husbandry costs (Wildt, 2000).

Use of AI in any species, including elasmobranchs, requires detailed knowledge of the reproductive biology of the target species, including the potential for female sperm storage, effective dose of sperm for successful insemination, whether or not the species reproduces seasonally, timing and control of ovulation, and genetic compatibility with potential mates (i.e. inbreeding avoidance). In addition, safe animal handling procedures are needed to minimize potential stress during AI. To date, AI has been successfully used to produce young in the following species: Cloudy Catshark (Scyliorhinus torazame; Masuda et al., 2003), Whitespotted Bamboo Sharks (Masuda et al., 2005; Wyffels et al., 2021), Clearnose Skate (Luer et al., 2007) and Zebra Sharks (Adams et al., 2022). In addition, there are anecdotal reports from Brown-Banded Bamboo Sharks (Daly and Jones, 2017; Lance Adams, pers. comm.) and most recently Sand Tiger Sharks (Robert George, pers. comm.). However, not all of these studies performed genetic testing of offspring to confirm paternity, which is important considering that sexual reproduction via AI can occur concurrently with parthenogenesis (see above; Wyffels et al., 2021; Adams et al., 2022). Furthermore, use of AI has been generally limited to oviparous species, with little exploration in viviparous systems, which have more complex reproductive biology. Considering the diversity of elasmobranchs across aquarium collections, AI technologies should also be applied to a broader range of species to determine the viability of this technique to maintain genetically diverse ex situ populations.



Coordinated breeding programs

Zoos and aquaria have a pivotal role to play in maintaining sustainable populations of ex situ elasmobranchs as well as contributing to in situ conservation efforts (Janse et al., 2017). In 2017, it was determined that elasmobranch species with an IUCN status of “threatened,” or greater, were overrepresented in zoo and aquarium collections with respect to the number of threatened species globally in situ compared to other vertebrate taxa (Buckley et al., 2018). In other words, zoos and aquaria demonstrate bias in their collections toward displaying elasmobranch species of conservation concern. While these animals act as ambassadors for their species (or genera), this bias raises questions about sustainable practices and ethical sourcing of animals, especially for species where removal from the wild could impact already struggling populations. Buckley et al. (2018) describe methods for evaluating species sustainability in zoos and aquaria as well as outline the need for regular assessments as part of the permitting process for collecting animals from the wild for public display. In essence, zoos and aquaria should hold themselves to a higher accountability standard when proposing to source animals from the wild to maintain their collections.

The development of ex situ breeding programs would not only enable self-sustaining managed populations, but also could help restock wild populations (Conde et al., 2011; Tlusty et al., 2017). Coordination across institutions to facilitate such efforts are required and can be aided through efforts of Taxon Advisory Groups (TAGs) and the creation and maintenance of regularly curated studbooks. Amongst the five major zoological associations throughout the world, only two, the European Association of Zoos and Aquariums (EAZA) and the American Association of Zoos and Aquariums (AZA), have actively maintained studbooks for species at risk in order to manage and inform breeding efforts (Da Silva et al., 2019). Therefore, increasing the number of advisory groups or studbooks worldwide for threatened and endangered species and expanding to include all chondrichthyans in managed care might enable more coordinated breeding efforts and possibly lead to more sustainable collections. These efforts can be aided by databases such as Zoological Information Management System (ZIMS, 2017), maintained by Species360, and the Captive Elasmobranch Census, conducted by the American Elasmobranch Society (AES, 2008), that may allow users to identify other institutions with conspecifics which may facilitate coordinated breeding efforts. Furthermore, centralized databases that help facilitate interinstitutional connections may also encourage knowledge-sharing about reproductive behaviors and observations across the industry, which will only further benefit our understanding about elasmobranch reproductive biology (Janse et al., 2017; Da Silva et al., 2019).




Future directions

Knowledge of elasmobranch reproductive biology has made great strides over the past few decades, due in part to the contribution of aquaria providing information that would be nearly impossible to glean naturally. However, there are a number of areas where ex situ research can continue to advance knowledge about mating systems and reproduction across a diverse array of elasmobranch species.

Basic knowledge of reproductive parameters remains unknown for a large number of elasmobranchs species. Important life history information such as fecundity, maturity, lifespan, among others, are all important parameters that have implications not only for ex situ management but also for management and conservation of species in situ. Aquaria have a role to play in providing this much needed data by monitoring their diverse elasmobranch populations. For example, the highly collaborative StAR project, which aims to re-wild Zebra Sharks to Indonesia where this species has been functionally extirpated, relied on biological information collected by zoos and aquaria in order to perform a Population Viability Analysis (Traylor-Holzer, 2021) that was crucial to convincing government officials that this project was worth conducting. As aquaria move towards more conservation-based efforts, leveraging basic reproductive information collected ex situ will become important for determining the success of these projects.

Parthenogenesis in the wild has only been documented once in the Smalltooth Sawfish, a critically endangered species (Fields et al., 2015). The low numbers of naturally occurring sawfish may mimic ex situ conditions where parthenogenesis has been observed in other species and where females are kept isolated from males. Aquaria have a unique role to play in understanding the triggers and factors that contribute to the occurrence of parthenogenesis that will contribute to the fundamental understanding of reproductive biology in elasmobranchs that would be impossible to study in situ.

The development of reproductive technologies is another discipline where aquaria can make a significant contribution towards understanding elasmobranch reproductive biology (Daly and Jones, 2017). While AI has been performed with some success, it is almost exclusively limited to oviparous species. Expansion of this technique to viviparous species of elasmobranchs represents a field ripe for exploration. Gamete preservation, short term via cold storage or long term using cryopreservation, is a nascent area of study in the field of elasmobranch reproductive biology that could have significant implications for both ex situ and in situ populations. Cryopreservation of sperm removes the requirement of male and female reproductive synchronization and increases the amount of time viable sperm are available for AI. Limited success (measured by survival of sperm after thawing) has been reported for several ray and shark species (Daly and Jones, 2017; García-Salinas et al., 2021). This contrasts with the majority of sperm surviving cryopreservation for the Bluntnose Sixgill Shark (Hexanchus griseus), a benthic species already adapted to survive cold temperatures, which may account for the success of cryopreservation (García-Salinas et al., 2021). The variability in cryopreservation success between elasmobranch species highlights the need for development of species-specific protocols that account for and leverage the reproductive physiology and ecology of each species. Already, transfer of semen between aquaria alongside short-term storage has proven feasible (Wyffels et al., 2021) and opens the door for longer storage and longer duration transports to take place between aquaria worldwide, including between in situ and ex situ populations. Exchange of gametes between ex situ and in situ populations has the potential to help keep smaller aquarium populations genetically diverse via introduction of new genes.

The diversity and resources of aquaria, in terms of their species collection, knowledge of husbandry, and unique ability to gather important life history data, represent a mostly untapped potential to make substantial contributions to in situ elasmobranch species conservation. For example, zoos have had a significant role in the continued recovery of wild populations of Black-Footed Ferrets (Mustela nigripes; Jachowski and Lockhart, 2009) and Whooping Cranes (Grus americana; Horwich, 2001); however, much work is required to officially “down list” conservation-dependent species that would indicate true recovery of imperiled species. Aquarium contributions to this realm have thus far been limited, despite comparable resources. In the future, aquaria should take a more substantial role in leveraging their elasmobranch populations towards understanding basic elasmobranch biology and applying that knowledge to support in situ conservation. In particular, creating new programs for collaborative breeding and reintroduction of imperiled species is an arena where aquaria can play a leading role. For example, these efforts are being trialed by the StAR project that represents a multi-institutional effort spanning aquaria, academia, government, for-profit, and non-profit institutions to re-wild this species in the Indo-Pacific. If successful, this project could lay the ground work for other critically endangered species such as the Bowmouth Guitarfish (Rhina ancylstoma; Hanna and Hazeres, 2021), and sawfish (Pritis species; Flowers et al., 2020) where breeding has occurred.
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Study of animal communication and its potential social role implies associating signals to an emitter. This has been a major limitation in the study of cetacean communication as they produce sounds underwater with no distinctive behavioral signs. Different techniques have been used to identify callers, but all proved to have ethical or practical limitations. Bio-logging technology has recently provided new hopes, but tags developed so far are costly and do not allow sufficiently reliable discrimination between calls made by the tagged individual and those made by the surrounding individuals. We propose a new device developed at reasonable cost while providing reliable recordings. We tested caller identification through recordings of vocal production of a group of captive bottlenose dolphins under controlled and spontaneous contexts. Our device proved to identify callers through visual examination of sonograms and quantitative measures of amplitudes, even if tagged emitters are 0.4 m apart (regardless of body orientations). Although this device is not able to identify emitters in an entire group when all individuals are not equipped, it enables efficient exclusion of individuals who were not the caller, suggesting that identification of a caller would be reliable if all the individuals were equipped. This is to our knowledge the first description of a promising low-cost safe recording device allowing individual identification of emitters for captive dolphins. With some improvements, this device could become an interesting tool to increase our knowledge of dolphin acoustic communication.
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Introduction

Environmental constraints imposed by turbid aquatic habitats have been a driving force for the evolution of cetaceans’ acoustic communication (Janik, 1999). In this environment with limited visibility, sounds travel quickly and can convey messages over long-distances where other sensory systems can be limited (Schusterman, 1980; Kuznetzov, 1990; Johnson et al., 2009). Hence, to cope with the need of effective communication adapted to their aquatic lifestyle, cetaceans evolved a variety of acoustic signals to convey information and coordinate their activities (Tyack, 2000; Johnson et al., 2009).

Study of animal communication and its potential social role implies associating signals with an emitter’s identity (Quick et al., 2008). Identifying emitters has been one of the major factors limiting the study of cetaceans’ acoustic communication (Nowacek et al., 2016). Specifically, it is difficult to identify callers when animals move fast and spend long period of times underwater, often in relatively dark environments (Tyack, 2000; Andreas et al., 2021). Furthermore, even when the water is clear enough, the absence of distinctive signs of sound production, such as systematic mouth opening or air exhalation, makes it almost impossible to identify callers (Thomas et al., 2002). The anatomy of cetacean vocal production is atypical among mammals, since they do not use vocal folds but vibrate “monkey lips” located in the nasal cavity (Cranford et al., 1996).

Therefore, although the interest for bioacoustics research on cetaceans keeps growing, this field remains under-explored. Both logistical and technological limitations in identifying emitters within a social group make it difficult to investigate all the aspects of cetaceans’ communication (Nowacek et al., 2016). During the past 60 years, different methodologies have been tested to solve the problem of identification and to investigate in depth cetacean bioacoustics. The first attempts involved isolating the focal animal through temporary captures (Lilly and Miller, 1961; Caldwell et al., 1990), but although this method increases the probability to identify callers, it implies stressful conditions and alteration of the animal’s spontaneous behavior (Thomas et al., 2002). A less invasive technique associated vocal emission with the production of bubble streams (McCowan, 1995; Herzing, 1996). Unfortunately, these sounds are not representative of the vocal repertoire (Fripp, 1999; Thomas et al., 2002). Therefore, passive acoustic localization was employed as a non-invasive solution. It compares the timings of arrival of a vocalization at several hydrophones to localize its source and identify the caller (i.e. triangulation) (Janik et al., 2000). This technique requires a very sensitive and expensive system consisting of several finely calibrated hydrophones positioned in the environment to record all of the sounds to be localized (Thomas et al., 2002). Despite the advantage of being noninvasive, only sounds produced when animals are clearly physically separated can be studied in this manner, otherwise it becomes impossible to identify callers. So, it needs conditions that are rarely encountered (Janik et al., 2000). Subsequent improvements in the field of passive acoustic localization have led to associating it with a machine-learning approach to automatically localize the sound source (not in real-life conditions, Woodward et al., 2020) or with video recordings to increase the probability of identification of caller (Thomas et al., 2002). Attempts to identify callers using a combination of audio-video data were also made with a human maneuverable device (Lopez-Marulanda et al., 2017). However, its use depends on the clarity of the water, a relative short distance from the subjects and needs the presence of a human, a potential source of interference for non-habituated populations (Lopez-Marulanda et al., 2017).

As the ideal scenario is to be able to identify the emitter constantly, bio-logging technology appears as the most promising method (Ropert-Coudert and Wilson, 2005). It consists in equipping animals with wearable devices (so-called tags) in order to collect data even when visual assessments are not possible (Shorter et al., 2014). The first tag version used was the vocalight, a device that produces light diodes when the tagged individual emits a vocalization (Tyack, 1985). Identification was facilitated by coupling light signals with sounds recorded by fixed hydrophones, but this association was seldom possible, even if only two individuals were tagged and several observers constantly monitored light emissions (Tyack, 1985). Tyack and Recchia (1991) tagged animals with dataloggers that collected information on the loudness of vocalizations. The purpose was to identify callers after comparison with recordings by fixed hydrophones. However, these dataloggers had several technical limitations and did not allow identification when untagged individuals were in the vicinity (Tyack and Recchia, 1991). Later, acoustic recording systems were integrated directly in a tag, but the need for pressure-resistant housing initially limited their use to non-cetacean species (Fletcher et al., 1996). Subsequent technological improvements enabled integration of both hydrophones and sensors (depth, temperature, speed) in tags to collect data from the animals’ perspective. A striking example is the D-Tag (Johnson and Tyack, 2003), a device conceived to collect audio and orientation data. Although nowadays this version is one of the most employed, its large dimensions and the difficulty to attach them to fast moving animals limit its use for small cetaceans. Also, its high cost and the complexity of the associated analysis tools make it less accessible for researchers and, consequently, it is difficult to use it simultaneously on several individuals and investigate communication aspects (Johnson et al., 2009). D-Tags are however used to investigate ecological aspects (e.g. effects of exposure to noise, Johnson and Tyack, 2003; Johnson et al., 2009). Its limited use for topics such as social behavior and communication is due to the limitation of tags’ acoustic sensors to identify whether a recorded vocalization comes from the tagged animal or from another untagged individual in the vicinity (Johnson et al., 2009). Despite important improvements in tag technology that led to advanced versions of D-Tags usable for different applications including small cetaceans (e.g. echolocation, baseline bioacoustics and diving) (Jones et al., 2013; Zhang et al., 2020), there is definitely a need for more cost effective and easy to use devices.

Therefore, there is still a crucial need for techniques that combine limited research costs and guarantee individual identification of emitters. In the present study, we describe a novel device: a commercial recorder encapsulated and fixed temporarily with a suction cup. This device was developed at a very reasonable cost while providing safe and reliable recordings of equipped bottlenose dolphins. We tested the efficiency and limits of this device in two recording contexts. One was a controlled situation with human-induced acoustic behavior of pairs of dolphins at different distances and with different body orientations (to consider the high degree of directionality of some of the acoustic emissions in these species, Branstetter et al., 2012). The other one sampled spontaneous acoustic behaviors of dolphins free to move in their pools and collected sounds associated with social interactions. Their prevalence in zoos (Wells and Scott, 2018), high sociality and extensive vocal repertoire (Janik, 2009) make bottlenose dolphins interesting for testing new methodologies. The potentiality of this device to identify callers reliably opens new exciting lines for the study of bottlenose dolphins’ acoustic communication and, possibly, that of cetaceans in general. Whereas extensive studies of dolphins’ acoustic communication have mostly provided insights into their vocal repertoire and their use of vocalizations at the group level (Janik et al., 2000; Lima et al., 2017), intra-individual acoustic variability and behavioral contexts in which calls are used require more investigation to be fully understood (Jones et al., 2020).



Materials and methods


Subjects and data collection

The study was conducted on a group of nine captive-born dolphins, housed at Planète Sauvage Animal Park (Port Saint-Père, France), composed of six males and three females. Three dolphins were born on site; the others arrived several years ago (see age and their life history track in Supplementary Figure 1). In this facility, dolphins had free access to a system of four interconnected pools of different sizes (Supplementary Figure 2). Dolphins were fed with a various amount of fish (from 4 to 18 kg) per individual each day delivered during free feedings, training (lasting 5-30min) or enrichment sessions. Data were collected for nine weeks from September to November 2020. Observations and experiments were conducted both during and outside training sessions. For experiments during training sessions dolphins were equipped only for the time necessary to conduct each test (maximum 20 min). During spontaneous observations, they were equipped for as long as possible, according to their willingness to carry the device (maximum 20 min). Since it was not possible to tag the entire group, only the four dolphins already trained to be tagged participated in this study.



Recording systems

A tag consisted in a mini acoustic recorder (KKmoon SK-892, frequency 48 kHz, recording rate 192 kbps) placed in a polylactic acid waterproof housing 3D-printed at Ethos Lab (Figure 1A). Capsules were 11cm long, weighed 20g and had a hydrodynamic shape (similar to their optimal shape in Shorter et al., 2014). They were produced in different colors to facilitate identification from above when cameras (see below) were positioned on dolphins. Tags were fixed dorsally using a non-invasive suction cup (diameter 8.5 cm, Cetacean Research Technology Ltd) widely used for tag attachments and that have proved to be efficient and harmless (Shorter et al., 2014). To standardize recordings, tags were always located in the same position behind the blowhole and with the same orientation towards the dolphin’s head. Specifically, the tag had an internal compartment created to receive the recorder and ensure that it remained fixed in the capsule (Figure 1B) (to avoid possible impact noises). The recorder was always placed so that the microphone was towards the animal (i.e. cephalic orientation, to increase the quality of the audio recordings) (Figure 1C). These positions and orientations were chosen after pilot recordings conducted to identify the most promising tag position for our purpose. From June 2018 to January 2019, the four individuals participating in the study had been trained to wear our device through operant conditioning using positive reinforcement. The method consisted in encouraging subjects through successive learning steps: 1) accepting to be touched with the suction cup, 2) accepting the pressure of the suction cup, 3) wearing the suction cup while remaining immobile, and finally 4) leaving with the attached suction cup for a progressively increasing but standardized period of time before being called back. The entire training procedure was conducted by experienced caregivers, was noninvasive and respectful of the willingness of the dolphin to participate. The following step was undertaken only when the previous one had been achieved without any sign of discomfort or unusual behavior. At the time of our observations, the subjects had reached the stage of free movement for 20-minutes sessions. Once equipped, the dolphins thus behaved as usual.




Figure 1 | (A) Devices employed for the study. They consist in small recorders housed in 3D-printed capsules placed on suction cups that fixed them on the back of a subject. Different colors facilitated identification of an equipped dolphin. (B) Schematic diagram of the capsules housing recorders. (C) Dolphin equipped with the device. To standardize the data, the device was always placed behind the blowhole with the recording part oriented towards dolphin’s head.



The fixed audio system employed consisted in two Aquarian Scientific AS-1 hydrophones (linear range 1 Hz to 100 kHz ±2dB) connected to PA-4 preamplifiers (gain 26 dB). The hydrophones were connected to a Steinberg UR44 sound card (192 kHz, USB audio interface) and to a laptop during the recording sessions. The video recording system (two cameras Jvc Quad Proof Everio R) was placed so as to have a panoramic view of the entire basin. These data aimed to follow tagged dolphins’ movements and to identify their position in the pools, thus obtaining supporting data useful for callers’ identification (Supplementary Figure 2). In order to collect data from different animals simultaneously, the entire system was synchronized prior to each session. After activating and placing recorders in their waterproof capsule, the tags were synchronized by tapping simultaneously on all the capsules. This sound was thus recorded by each device making it possible to align a posteriori their spectrograms for analyses. Similarly, tags were synchronized with hydrophones by tapping each device on the hydrophones and this sound was used to align their spectrograms. Finally, to synchronize tags with the video system, they were tapped with each other in front of the cameras.



Recordings and tests of reliability

To verify whether our tag represents an advanced tool for caller identification, we tested its capabilities under both controlled and spontaneous conditions.

First, we tagged two dolphins simultaneously to investigate whether the voice of the holder could be distinguished clearly from that of the other individual in the recordings. To control the conditions of this test and check potential limits of our device, we took advantage of dolphins’ abilities to perform behaviors upon request (learned after specific training, Lima et al., 2018). Precisely, they come to the edge of the pool to stay in designated positions and emit a vocalization in response to specific signals. In order to test our tags under as many conditions as possible, different distances and orientations among any possible pair of subjects involved were considered. Recordings were conducted for nine different inter-individual distances between 50m (maximum distance possible in the same pool in this facility) and 0.40m (minimum distance possible, dolphins being then in close contact), precisely at: 50m; 25m; 15m; 10m; 7m; 5m; 2m; 1m; 0.40m. These distances were recognizable by markers on the bottom of the pool. Each distance was tested when dolphins were facing each other or were parallel. Frequency and duration (10-20 min) of the experiments varied from day to day depending on the daily schedules of the training sessions. The vocalization considered for this test is a low-pitched intense sound (called “song”), which differs from any naturally emitted species-specific calls described to date. Trials were conducted with two dolphins at a time while the rest of the group was in other types of training sessions. Thus, interference by other dolphins or presence of vocalizations emitted by other individuals were limited and easily distinguishable acoustically. During a test, two individuals carried simultaneously a device and, after the caregivers had them stationary in every distance and orientation to be tested, they displayed the signal to ask dolphins to vocalize. Precisely, when one dolphin was asked to vocalize, the other was kept silent and vice versa. So, both individuals alternatively vocalized and remained silent during a session. A total of 51 trials were conducted, each distance and each orientation under analysis were tested at least twice. To check conditions close to real ones, we investigated the case when individuals were moving. More precisely, while one dolphin was asked to vocalize, the other approached it on request from between 0.40m and 2m. These additional recordings were conducted twice for each of the two possible orientations.

Recordings of spontaneous acoustic production were then performed to investigate whether the tag allowed us to identify the vocalizations of tagged individuals within the entire group of dolphins free to move and spontaneously emitting species-specific whistles. To increase the reliability of callers’ identification, we combined data obtained from the different devices, including the fixed hydrophones and cameras. For this condition, recordings were performed when dolphins were not involved in public presentations or training sessions (randomly scheduled) and three individuals of the possible four were tagged simultaneously (due to the limited number of devices available at that time). Precisely, hydrophones and especially cameras were used to obtain information on dolphins’ positions (Thomas et al., 2002). Seventeen sessions, averaging 16 minutes yielding 3h50 of recordings and 136 whistles, were analyzed. Dolphins’ positions were constantly monitored during the observations. Individuals were recognized due to particular distinctive marks (Würsig et al., 1990) as well as the tags which had different colors.



Data analysis

Acoustic analyses were carried out via Audacity software (version 2.4.2). Spectrograms were analyzed for qualitative and quantitative comparisons of the sounds recorded by tags and hydrophones. Video data were analyzed on Windows Media Player software and their soundtracks were imported on Audacity for alignment with acoustic data. The combination of audio-video data was useful to identify individual emitters during observations of spontaneous production. Thus, when one sound was detected on the spectrograms, the video recordings of each of both cameras were analyzed in order to have the relative position of each dolphin compared to the group members, which, combined with the measures of the sounds’ relative intensities, allowed hypotheses on the probability that one dolphin was the emitter. Supporting annotations made by the observer were also used for the same purpose. Precisely, after analysis of this array of data, and for each sound production, 5 levels of certainty about the emitter’s identity (and identity of non-emitters) were possible: i) “YES” the target individual was clearly the caller; ii) “VERY LIKELY”: the information gathered indicate the probable identity of the emitter, without excluding totally that another dolphin could be the emitter; iii) “POSSIBLE” there was no element allowing to say that the dolphin was or was not the emitter; iv) “UNLIKELY”: the information gathered suggest that the dolphin is not the emitter but cannot totally exclude it v) “NO” the target individual was clearly not the caller.

The statistical analyses were performed using R (version 3.5.3; https://www.R-project.org): To get to the bottom of possible effects of distance, orientation or interaction distance-orientation, a F-test was performed. We used the AovSum function of R package “FactoMineR” (Le et al., 2008).




Results


Controlled tests

In all the conditions tested, vocalizations were always recorded by both tags carried by the dolphins involved in a test. Both qualitative analyses of spectrograms and quantitative analyses of amplitude spectra showed that we were always able to identify which tagged individual emitted a vocalization (Figure 2A): the maximum amplitude of a signal recorded (in dB) was always higher for the vocalization emitted by the tagged dolphin than for any other vocalization recorded (Figure 2B). Such qualitative and quantitative discriminations were possible for all nine distances and for both orientations tested. However, differences in intensity varied with the distance between the tagged emitter and the other emitter, differences increasing when distance increased, especially when dolphins were oriented face to face (Figure 3). Statistical analyses revealed however (Supplementary Table 1) that only the distance (and not the orientation or the interaction orientation-distance) had a significant effect (F1,1 = 10.73, p = 0.001) on the difference of acoustic intensity registered (measured as the maximum amplitude recorded on the signal).




Figure 2 | First test: (A) Qualitative analyses of spectrograms showed that vocalizations emitted by the tagged individual were always identifiable and distinguishable from other vocalizations recorded. These two spectrograms were obtained from the tag attached on Galéo (left spectrogram) and Péos (right spectrogram) while they were at a distance of 0.4m and parallel. When Galéo vocalized, his vocalizations were recorded with higher acoustic intensity in his spectrogram (left) than in Péos’ spectrogram (right) and vice versa, when Péos’ vocalizations were analyzed. (B) Bar plots showing that the maximum amplitude (in dB) of vocalizations emitted by tagged dolphins (blue bars) were always recorded with higher acoustic intensity across the nine distances tested.






Figure 3 | Acoustic intensity recorded by devices at the nine test distances (50m; 25m; 15m; 10m; 7m; 5m; 2m; 1m; 0.40m) and two orientations (face to face, parallel) tested. The scatter plot shows that the difference in acoustic intensity (measured on the maximum amplitude recorded on the signal) increases as the distance separating individuals increases, regardless of the orientation.





Recordings of spontaneous production

Analyses of spectrograms showed that a given spontaneous whistle was recorded with a clear gradient of acoustic intensity by hydrophones and tags. The different acoustic intensities were useful to predict whether the tagged individual emitted a given whistle or not (Figure 4). By combining this comparison with data on dolphins’ positions, it was possible to formulate predictions concerning a callers’ identity. When considering the entire group, a total of 1224 predictions was formulated, with the most represented prediction being POSSIBLE (51.63%) followed, in decreasing order, by: NO (25.98%), UNLIKELY (19.93%), VERY LIKELY (2.37%) and YES (0.08%). However, when considering predictions only for tagged individuals (119 occurrences per individual), they accounted almost exclusively for predictions YES and NO (Supplementary Figure 3). Specifically, 94% of predictions NO and 100% of the predictions YES corresponded to the individuals carrying a device. Therefore, our results showed that the device allowed us to identify if a tagged dolphin had emitted or not a given vocalization thus making possible to exclude from the list of potential callers.




Figure 4 | Hydrophone spectrograms (above) and tag spectrograms (below) show that a given whistle was recorded with a clear gradient of acoustic intensity. Qualitative comparisons were useful to formulate predictions concerning a caller’s identity. In the case presented here, the individual equipped with Tag 1 was the best candidate to be the caller.






Discussion

The novel device described here is based on the same concept as the D-Tag (Johnson and Tyack, 2003), but presents the advantage of being easy to manufacture at an extremely low cost. Our findings demonstrated that it is suitable for identifying the emitter and overcome limitations characterizing the study of dolphins’ acoustic communication (Tyack, 2000; Andreas et al., 2021).

Tests of acoustic production under controlled conditions showed that it was always possible to distinguish vocalizations emitted by tagged dolphins (callers) from those of other individuals. Recognition of callers’ vocalizations was possible for both qualitative and quantitative acoustic analyses of spectrograms, even when other emitters were at very short distance (0.40m) and whatever the dolphins’ orientations (face to face/parallel). One of the main problems that limited the use of tag for cetacean acoustic communication up to now was the difficulty to distinguish between vocalizations emitted by tagged animals and those coming from conspecifics at proximity (Johnson et al., 2009). Interestingly, our device shows high potential to overcome this limitation, even for the minimum distance possible (0.40m, dolphins in body contact). Generally, the smaller the distance between sound sources, the more difficult it is to discriminate among various vocalizations recorded. Considering that we analyzed highly intense vocalizations at very short distances, such difficulty was supposedly high. Nevertheless, this discrimination always remained possible, thus demonstrating that the high capabilities endowed by our device can overcome limitations related to identification of callers (Johnson et al., 2009; Kaplan et al., 2014). We acknowledge that sound propagation may differ from one vocal type to another (Branstetter et al., 2012), and that therefore the results of our pilot study cannot be directly generalized to the whole repertoire. Nevertheless, the ability of the dolphins to emit a particular type of call on command allowed us to carry out these highly controlled and standardized experimental sessions.

Furthermore, we tested our tag also under spontaneous conditions to verify whether identification of callers was possible within an entire group of dolphins emitting species-specific vocalizations. Unfortunately, the equipment with tags was not sufficient to identify callers within the entire group free to vocalize spontaneously as it was not possible to identify callers with certainty. However, results showed that our device recorded, with discriminant intensities, whistles emitted by focal and non-focal animals, thus allowing us to conclude whether or not tagged individuals had emitted a given whistle. Concerning identification of callers within a social group, our device makes it possible to exclude with certainty individuals who have not emitted a given vocalization recorded with hydrophones in the pool. Therefore, improvement of our procedure by tagging all group members simultaneously will make their identification easily feasible.

Moreover, our device proves to overcome some difficulties encountered by some techniques developed previously. More precisely, it avoids identification of callers by procedures stressful for the animal, such as isolation (Sayigh et al., 1990), as the animals are free to move and the tag equipment is associated with a less invasive procedure respectful of the individual’s acceptance/willingness to be tagged. This process is not dangerous for the animal and the use of a single suction cup, widely employed on cetaceans, reduces the skin loading and attachment damages (Shorter et al., 2017), even if it is used for long sessions and on free-ranging cetaceans (up to one day, Akamatsu et al., 2005). Then, contrary to telemetry that requires to calibrate finely and spread out in the environment highly sensitive and expensive apparatus (Thomas et al., 2002), our technique involves cheap devices that only need to be synchronized with one another before equipping an animal. Additionally, our device does not depend on multimodal recording systems for identifying a caller. In this way, it is not necessary to use multiple systems, as required by techniques that use a combination of audio and video data, thus avoiding possible biases due to mismatch between audio recordings and video images (Thomas et al., 2002) or unclear images due to limited visibility in turbid water (Lopez-Marulanda et al., 2017). Moreover, contrary to technologies that require the direct presence of observers in the water (Lopez-Marulanda et al., 2017), our tag can leave the animal by itself and free to behave spontaneously far from possible stressors induced by human presence. Although the current version of our device is only suitable for studies on captive groups, we are confident that improvements could be considered to extend its use to certain wild populations by adding deployment and retrieval options.

In conclusion, our device is promising for identifying individual emitters and overcomes a difficulty that characterized studies on dolphins’ acoustic communication so far. By using our tag, it would be possible to explore communication aspects at the individual level thus making it possible to describe the vocal production of an individual and assess both intra- and inter-individual acoustic variability. Furthermore, it will be possible to identify vocalizations shared between group members and the behavioral contexts in which the different types of vocalizations are emitted, and thereby to improve our understanding of their possible functions.
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Active restoration or intervention programs will be required in the future to support the resilience and adaptation of coral reef ecosystems in the face of climate change. Selective propagation of corals ex situ can help conserve keystone species and the ecosystems they underpin; cross-disciplinary research and communication between science and industry are essential to this success. Zoos and aquaria have a long history of managing ex situ breed-for-release programs and have led the establishment of wildlife biobanks (collections of cryopreserved living cells) along with the development of associated reproductive technologies for their application to wildlife conservation. Taronga Conservation Society Australia’s CryoDiversity Bank includes cryopreserved coral sperm from the Great Barrier Reef, which represents the largest repository from any reef system around the globe. This paper presents results from an inventory review of the current collection. The review highlighted the skew toward five Acropora species and the necessity to increase the taxonomic diversity of the collection. It also highlighted the need to increase geographic representation, even for the most well represented species. The inventory data will inform Taronga’s future research focus and sampling strategy to maximize genetic variation and biodiversity within the biobank and provide a test case for other practitioners implementing biobanking strategies for coral conservation around the world. Through co-investment and collaboration with research partners over the next decade, Taronga will prioritize and resource critical applied research and expand biobanking efforts to assist interventions for reef recovery and restoration.
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Introduction

The effects of climate change on our oceans imperil the health and resilience of coral reef systems around the globe. Addressing drivers of global climate change, while concurrently implementing restoration interventions at a large scale, provides the best chance for the continued existence of these ecosystems and their essential function and services (Anthony et al., 2017; Hoegh-Guldberg et al., 2019; Knowlton et al., 2021; Vardi et al., 2021). In Australia, the Great Barrier Reef (GBR) has experienced an increase in the frequency of climate-change-driven mass bleaching events over the last decade, including in its previously untouched southern range (Hughes et al., 2018; Australian Institute of Marine Science, 2021; Great Barrier Reef Marine Park Authority et al., 2022). These unprecedented heat stress events have caused a decline in coral cover and have reduced reproductive output (Hagedorn et al., 2016; Howells et al., 2016; Daly et al., 2022), consequently depressing larval supply (Cheung et al., 2021) and recruitment (Hughes et al., 2019).

In addition to action on climate change and improved local management practices, active reef restoration approaches to repair and re-seed reefs will likely be required for many sites to maintain or restore biodiversity and support or accelerate adaptation (Anthony et al., 2017; van Oppen et al., 2017; Suggett and van Oppen, 2022). Current restoration efforts primarily use asexual propagation methods (colony fragmentation) to generate new material for out-planting (Young et al., 2012; Boström-Einarsson et al., 2020); however, this approach has limitations for upscaling to a system as large as the GBR and it only generates clonal material. There is increasing interest in the sexual production of coral juveniles for out-planting (e.g., Randall et al., 2020), which is more amenable to upscaling, has the added advantage of helping to maintain population genetic diversity, and has the ability to strengthen or introduce adaptive traits to populations through selective breeding (Quigley et al., 2020; Hagedorn et al., 2021).

The sexual reproduction of corals ex situ is commonly achieved either by allowing individual colonies to naturally spawn in the same system or by controlling pairwise matches by selectively mixing freshly washed oocytes with optimized concentrations of fresh sperm (commonly termed ‘in-vitro fertilization’, or IVF). The relatively recent development of sperm cryopreservation technologies for corals (Hagedorn et al., 2006) enables selective breeding to also occur using sperm samples that are spatially and temporally removed from fresh oocyte supply. Cryopreservation refers to the controlled cooling of living cells and tissues to ultra-low temperatures using techniques that maintain the structure and function of cells when samples are brought back to physiological temperatures, allowing them to be stored for decades, possibly centuries, if maintained correctly. Biobanking of cryopreserved samples, when combined with assisted reproductive technologies such as IVF, can support species conservation by preserving genetically distinct specimens over long time periods. The potential application of biobanking to wildlife conservation was recognized in the 1970s (Watson, 1978; Benirschke, 1984) and has progressed over ensuing decades with zoos emerging as global leaders in the establishment of wildlife biobanks (Comizzoli and Wildt, 2017; Hagedorn et al., 2019; Hobbs et al., 2019; Hagedorn et al., 2021).

In 2011, scientists from the Taronga Conservation Society and Zoo (Sydney, Australia) and the Smithsonian Institution (United States of America) initiated a program with collaborators from the Australian Institute of Marine Science (AIMS) to apply coral sperm cryopreservation methods to species from the Great Barrier Reef. Cryopreservation techniques proved directly transferable to Australian Acropora species (Acropora tenuis, A. millepora), leading to the establishment of Australia’s first frozen coral biorepository (Hagedorn et al., 2012a; Hagedorn et al., 2012b). Moderate upscaling of IVF methods for the generation of live offspring (larvae and juveniles) using cryopreserved material was successfully demonstrated over the first three years of the program (Hagedorn et al., 2017). Subsequent improvements to the specifically designed cryopreservation apparatus (Zuchowicz et al., 2021) have aided in the up-scaling of time-sensitive sperm sample processing. Biobanking of gametes from GBR corals by the Taronga and Smithsonian teams has continued annually during spawning, utilizing wild coral colonies held temporarily at the AIMS National Sea Simulator (Cape Ferguson, Queensland, Australia). These achievements have resulted in the integration of coral biobanking via cryopreservation as an enabling technology within the largest research and development program for coral reefs globally, the Reef Restoration and Adaptation Program (RRAP1). A decade from its conception, we conducted a review and quality assurance check of Taronga’s CryoDiversity Bank coral inventory. This review aimed to generate census data on the existing collection to understand the quantity and scope of sampling from bioregions and species, and to identify gaps in quality assessments and metadata that need to be addressed. As the Taronga CryoDiversity Bank transitions from a relatively small-scale opportunistic sperm sample collection to a more targeted approach, we will use this information to direct future resource investment, inform collection management and ensure that the collection remains relevant to the needs of the coral conservation and restoration communities. It is hoped that the information and experiences of the Taronga CryoDiversity Bank will be useful to other coral biorepositories around the world that will likely face similar considerations as they seek to support coral conservation and restoration efforts.



Methods

Data associated with Taronga’s CryoDiversity Bank, in Sydney on Cammeraigal Country and in Dubbo on Wiradjuri Country, are managed using Microsoft Excel and stored on a user-restricted server. Prior to conducting the inventory review, a quality assurance check of the metadata was performed. An example of the metrics and metadata collected from each colony, and the evolution of these data fields over the 10+ year program, are included in Supplementary Material (Figure S1). New metadata fields were added as new technologies (e.g. computer assisted sperm analysis; CASA) were incorporated into best practices and metadata needs for future restoration were refined by collaborators (e.g. GIS data).

An inventory review was conducted of the data associated with physical sperm samples collected from corals of the GBR and cryopreserved between November 2011 and February 2022.

To obtain estimates of colony numbers and quantity of material from species, reefs, and regions, data were handled as follows:

	• Colonies collected from the Far North and Cairns/Cooktown management areas (MAs) were combined into one group, referred to throughout as North MA.

	• Database entries for 30 colonies (Central MA) were missing data on specific reef of origin. These entries were allocated to a general grouping “Unidentified Location Central”.

	• During each spawning period, a colony may be sampled as an individual genetic unit and/or combined with samples from other individuals of the same species and reef to form a multi-colony pooled sperm sample. Pooled samples were created when individual sperm samples were either low in volume, or when batch spawning of corals within one container was conducted. Sperm samples were only pooled within species and source MA. When determining the number of colonies from each species, colonies were:

	a. only counted once per year even if the colony was sampled on more than one spawning night each season;

	b. counted towards the cumulative total of colonies sampled as individuals regardless of whether they also contributed to a pooled sperm sample that year, and;

	c. counted towards the cumulative total of colonies contributing to pooled sperm samples if they were identified by colony name and not also sampled as individuals.

	• If multiple pooled sperm samples were collected from the same source colonies across more than one night in the same year, but individual colonies contributing to that pool were not specifically identified, only the pool with the highest number of individuals was counted towards the pooled colony total for each species (Table 1).

	• Raw sample motility data were calculated as the average of percent total motility, whether data were collected by manual counting (2011-2017), or CASA (≥2018; Table 1). From 2019 onwards, raw motility data were derived from a sub-sample activated with a standardized concentration of caffeine and bovine serum albumen (refer to methods in Daly et al., 2022). Thus, any motility values of ⪅ 50% observed for samples collected prior to 2019 may be underestimated due to absent or incomplete activation.




Table 1 | Summary of sample quantity and type (pooled or individual), sample quality (motility and concentration), and the number and distribution of coral colonies across local management areas (origin) represented in Taronga’s CryoDiversity Bank.





Results

As of March 2022, Taronga’s CryoDiversity Bank contains 2614 cryovials of cryopreserved sperm sourced from:

	• 381 coral colonies. Of these colonies, 230 (60%) are represented by single genotypes (i.e., sampled as individuals); the remaining 151 colonies only contributed to pooled sperm samples, comprising two or more colonies.

	• 30 identified species of hard coral and one additional species of Acropora of unknown taxonomy (referred to throughout as Acropora sp.).

	• Four MAs of the GBR Marine Park; North MA (combining Far North and Cairns/Cooktown MAs), Central MA (Townsville and Whitsunday) and South MA (Mackay/Capricorn).



Between 2011 and 2014 a total of 446 cryovials from 7 species were cryopreserved and banked (Figure 1A) consisting of pooled sperm samples only (Figure 1B). In 2016, the first medium-scale cryopreservation of coral sperm specifically for conservation biobanking was undertaken at the National Sea Simulator (AIMS) adjacent to the central GBR. This single collection event increased the total number of cryovials preserved, the number of colonies from which sperm were sampled, and the number of species represented by approximately 100%, to a cumulative total of 1088 cryovials from 123 colonies across 11 species. This was also the first year that sperm samples were collected and cryopreserved from single colonies, creating samples of individual genetic units (Figure 1B). Between 2016 and 2020, an average of 415 cryovials of cryopreserved sperm from 5 species and 60 new colonies were added to the bank each year.




Figure 1 | Growth (A) and diversification of sampling strategy (B) of Taronga’s CryoDiversity Bank coral collection between 2011 and 2022.



Eleven of the 31 species represented in Taronga’s CryoDiversity Bank had sperm samples collected and cryopreserved across more than one year (Figure 2), five of which were sampled across six or more years. Eighteen species have been sampled only on one occasion.




Figure 2 | Species sampling events by year and local management area. Striped boxes indicate sampling from two MAs in a single year.




Geographic diversity

Between 2011 and 2022, sperm samples were collected and cryopreserved from corals originating from 22 reefs across the GBR Marine Park (Figure 3).




Figure 3 | Species represented within Taronga’s CryoDiversity Bank mapped by reef location sampled. The 22 reefs sampled (starting top left to right and down) were: North MA: Curd, Long Sandy, Sand Bank No.7, South Warden, Munro, Switzer, Jewell, Parke; Central MA: Trunk, Backnumbers, Palm Islands (Falcon, Esk, West Pelorus, Mundy), Davies; and South MA: Keppel Islands (Humpy, Great Keppel, Outer Rocks, Pleasant (Conical) Island, Halfway Island), Heron Island. The size of each circle represents the total number of coral colonies collected from the location; each slice represents the proportion of colonies sampled by species. See Table 1 for full species names.



The MA with the highest diversity of species represented in the bank is the Central MA surrounding Townsville, with 21 species sourced from at least seven reefs (Figure 3). Almost as diverse is representation from the South MA, where sperm have been cryopreserved from 15 species across five reefs in the Keppel Islands and around Heron Island. Ten of the 15 species from this MA have not had sperm samples preserved from any other region, and only 20% of all colonies represented within the bank are from this MA. Only three species from eight reefs of the North MAs are represented in the CryoDiversity Bank (A. tenuis, A. hyacinthus and Goniastrea retiformis).

Six species from which sperm have been sampled originated from more than one MA. Acropora tenuis and A. hyacinthus are the only species with sperm samples cryopreserved across all MAs, originating from 14 and 11 reefs, respectively. Eight species were sampled from between two and six reefs and the remaining 21 species have been sampled from one reef only.



Biodiversity and representation

The most highly represented species in the collection, based on the total number of colonies sampled, are A. tenuis (25% of all colonies sampled), A. loripes (12%), A. millepora (12%), A. hyacinthus (9%), and A. sarmentosa (6%). Combined, these five species make up 63% of all colonies sampled and 71% of all cryovials in the bank. Four species (A. divaricata, A. donei, A. vaughani, Cyphastrea microphthalma) have had sperm samples cryopreserved from only one colony. Fourteen species have had two to five colonies sampled; five species have had between five and 19 colonies sampled; and seven species have had 20 or more colonies sampled (Table 1).

The most represented species in the collection is A. tenuis with 94 colonies represented, 62 of which have been sampled as individuals. On average, sperm samples from 6.7 (median 6.0; range 3-21) A. tenuis colonies have been cryopreserved from each of the 14 source reefs. Acropora hyacinthus is the second most geographically diverse species in the collection (34 colonies), with an average of 3.1 (median 3.0; range 1-11) colonies sourced from 11 different reefs, although both A. millepora and A. loripes exceed it in number of colonies represented, at 46 colonies per species (Table 1).

Approximately half the species (15 species: 8 Central, 7 South) represented in the bank have 20 or fewer cryovials banked in total. Sperm from nine species are represented as pooled samples only (A. austera, A. digitifera, A. muricata, Astrea curta, Echinopora lamellosa, Dipsastraea matthaii, Goniastrea aspera, Montipora aequituberculata, Platygyra lamellina). Nine species were sampled only as individual genotypes and the remaining 12 species were sampled in both formats (Table 1; Figure S2).



Sample quality metadata

Assessment of sperm quality metrics is essential in biobanking, both to determine the suitability of material for banking and to select frozen samples for end-use. Fresh and post-thaw sperm metrics are collected to assess cryopreservation efficacy. Average sperm motility of fresh samples was highly variable both within and between species (Table 1) and across years. The average fresh sperm concentration in 22 of 31 species was above 1 billion sperm cells per mL. Samples from the gonochoric species Fungia fungites recorded the lowest sperm concentration, at 20 million cells/mL.




Discussion

Zoos are global leaders in the establishment of wildlife biobanks both for fundamental research and as a tool to support genetic management of ex situ breeding programs (Comizzoli and Wildt, 2017; Hagedorn et al., 2019; Hobbs et al., 2019; Traylor-Holzer et al., 2019; Holt & Comizzoli, 2021). Alongside biobanking, development of reproductive technologies across a range of taxa (Comizzoli, 2015; Herrick, 2019) has seen these tools more frequently integrated into breed-for-release programs and species recovery plans in recent years (Swanson et al., 2007; Howard et al., 2016; O'Brien et al., 2016; Della Togna et al., 2020; Hagedorn et al., 2021; Hobbs et al., 2021). Biobanking has been championed by these organisations for decades as a viable conservation tool that does not detract from, and should not be to the exclusion of, other conservation strategies.

Through collaborative programs over the last decade, Taronga’s CryoDiversity Bank coral collection has become the largest single biorepository of cryopreserved coral sperm2,3, in both number of species represented and quantity of material. Crucially, this collection includes sperm samples that pre-date the recent mass-bleaching events on the GBR (e.g., 2016, 2017, 2020 and 2022) along with samples from colonies sourced from targeted resilient populations that have the demonstrated ability to produce heat-tolerant offspring (Quigley and van Oppen, 2022). The CryoDiversity Bank therefore provides an important reservoir of genotypic and phenotypic biodiversity that could become a unique resource for reef restoration practices, especially those that incorporate adaptation and adaptive management into their strategies (Quigley et al., 2022; Shaver et al., 2022). Our recent review showed that the Bank contains sperm samples from over 380 individual colonies of 30 identified species of scleractinian corals collected from a wide geographic area of the GBR Marine Park. Over the lifetime of Taronga’s Reef Recovery Project3, most sperm samples have been collected opportunistically from colonies prioritized and sourced by our collaborators conducting their own research on a small number of coral species year-to-year. Hence, the collection is dominated (70% of samples) by five species (A. hyacinthus, A. loripes, A. millepora, A. sarmentosa and A. tenuis) and by reefs in close proximity to the National Sea Simulator on the Central GBR.

Sampling strategies have been suggested to support ex situ propagation of genetically diverse coral populations (e.g., Shearer et al., 2009; Baums et al., 2019; Quigley et al., 2019), which are directly applicable to the sampling of coral donors for sperm biobanking. One such target is the sampling of ≥30 genets per species, which captures approximately 95% of allelic diversity of an average population of unknown genetic heritage (Shearer et al., 2009). It is important to undertake genotyping of all banked samples, particularly for those species with less resolved population genetics, to confirm genetic diversity prior to potential future use of cryopreserved sperm for conservation breeding and to inform ongoing collection targets. To this end, we recommend that a fragment, or voucher sample, be taken from each coral colony and banked alongside cryopreserved sperm samples to permit future genotyping and species identification (Voolstra et al., 2021). The most highly represented species in Taronga’s biobank, A. tenuis, easily surpasses this target with sperm samples preserved from 94 colonies. However, only six colonies have been sampled from the southern GBR where A. tenuis is known to have higher genetic diversity compared to northern populations (Lukoschek et al., 2016) so future effort will be focussed on bolstering genets collected from this region. For other species with fewer samples, a target of 30 genets per species and population will prioritized. Sourcing rare and poorly represented species will remain a challenge on the GBR as the majority of its reefs are tens of kilometres from the mainland; to reach them requires significant resourcing. Engagement with Traditional Owner and other community groups to prioritize culturally significant and biodiverse sites and species will help to ensure that limited resources have the most impact for people and communities.

At present the most effective cryopreservation methodology for coral is sperm preservation, as cryopreservation technologies for other coral cell sample types are not yet sufficiently developed for biobanking. Taronga’s CryoDiversity Bank and similar groups working in Hawaii, Florida, Mexico, the Red Sea, and the Caribbean have therefore focused their acquisitions on cryopreservation of the male germline (Hagedorn et al., 2006; Grosso-Becerra et al., 2021; Zuchowicz et al., 2021). Approximately 63% of coral species surveyed are broadcast spawners (Baird et al., 2009) so the capture of sperm for most species should be possible, albeit with some notable challenges such as gonochores (e.g., Porites species) and species for which reproductive timing remains unknown (Baird et al., 2021). Coral sperm cryopreservation can help diversify shrinking populations through selective breeding, but currently relies on availability of fresh oocytes; we also need additional strategies to mitigate species extinctions by preserving whole organisms, or somatic cells. Cryopreservation and laser-warming of coral larvae (Daly et al., 2018) is a technology with promise but may be too complex for large-scale or field application. Newer, simpler cryopreservation technologies may provide additional opportunities for coral; for example, cryo-grid technology can easily be used to cryopreserve large numbers of Drosophila embryos and pancreatic cells from various species (Zhan et al., 2021; Zhan et al., 2022). Taronga’s CryoDiversity Bank coral acquisitions have only recently expanded to include experimental preservation of other cell types (e.g., embryonic cells: Hagedorn et al., 2012b), life history stages (e.g., larvae: Daly et al., 2018; Cirino et al., 2019), and the microalgal endosymbionts of corals (Symbiodiniaceae: Hagedorn et al., 2010; Hagedorn and Carter, 2015; Lin et al., 2019; Kihika et al., 2022). While cryopreservation of sperm should remain a priority in the near term, the inclusion of new sample types into existing biorepositories and restoration programs will be rapidly adopted as the technologies mature and become ready for broader application.

The most efficient and effective use of cryopreserved sperm samples for reef restoration will likely be for genetic management of brood-stock within ex situ coral aquaculture systems, where sexually produced juveniles are generated under controlled conditions (Hagedorn et al., 2017; Randall et al., 2020) and microbiome manipulations are possible (Buerger et al., 2020; Santoro et al., 2021; Maire and van Oppen, 2022) prior to deployment onto selected reefs (e.g., Quigley et al., 2021; Randall et al., 2021). The use of cryopreserved sperm is a cost-effective way to increase the effective breeding population (e.g., Howell et al., 2021), providing greater control over brood-stock and genetic management for trait selection via selective crosses among individual colonies. Alternatively, pooled samples enable “batch” multi-colony fertilisation mixtures to maximise the number and diversity of larvae produced, and fit with the planned automation of ex situ coral spawning activities to generate restoration-scale quantities of material. Although the Taronga CryoDiversity Bank has tended towards cryopreservation of sperm from individual colonies in recent years, future collections should aim to achieve a mix of both individual and pooled samples.

Cryopreserved sperm could also be used to overcome temporal differences in spawning between colonies. Importantly, cryopreserved sperm can easily be moved between institutions and populations to facilitate assisted gene flow (e.g., Hagedorn et al., 2021; Daly et al., 2022), reducing the cost and risk of disease transfer associated with moving coral colonies. An example of where this approach may be important is the Florida Coral Rescue program4, which has brought over 2300 colonies from 20 species of coral into the care of 27 facilities managed by 28 partners (including zoos and aquaria) in 15 states across the USA in response to extensive coral mortality in the wild from stony coral tissue loss disease (SCTLD). To manage population genetics within this ex situ breeding program and permit genetic crosses amongst institutions, cryopreserved sperm could be utilized to produce new corals for reef restoration and for biobanking to ensure that founder population genetics are retained (B. Firchau, pers. comm.).

Depending on the scale to which fertilization using cryopreserved sperm can be expanded, it may be possible to generate larvae directly for settlement and deployment using biobanked sperm samples. In vitro fertilization methods for some coral species are well established and typically involve a standard fertilization ratio of 10 eggs per ml exposed to 1×106 sperm/ml, corresponding to approximately 1×105 sperm per egg (Pollock et al., 2017; dela Cruz and Harrison, 2020). In the case of bulk fertilization of freshly collected gametes, fertilization volumes can reach up to 200 L for large mixed-batch cultures, generating hundreds of thousands of embryos (Negri and Heyward, 2000). Cryopreservation methods were developed to preserve 1 mL aliquots of sperm at a 1×109 sperm/mL, with a predicted efficiency of 50% sperm survival and consequently a reduction in overall motility (Hagedorn et al., 2017). Existing IVF production methods using cryopreserved coral sperm (Hagedorn et al., 2021; Daly et al., 2022) are capable of producing tens of thousands of coral larvae, suitable for the genetic maintenance of brood-stock or for small-scale restoration activities (e.g. Grosso-Becerra et al., 2021), especially if combined with advanced microfragmentation and husbandry techniques (Page et al., 2022). Current protocols for sperm cryopreservation and use may therefore already be suitable for many restoration applications; however, to support the production of millions of coral larvae, different approaches to sperm cryopreservation, sample packaging, and fertilisation methods, such as those used in the agriculture and aquaculture industries, may be required.

Reef recovery programs developing and applying reef restoration practices at the scale required to help large reef ecosystems (e.g., Bay et al., 2019; National Academies of Sciences, Engineering, and Medicine, 2019) will necessitate a prioritization of species and populations; this is especially true for the GBR, which encompasses hundreds of species across thousands of individual reefs along thousands of kilometres of coastline. Taronga’s coral cryo-collection will, in part, support the production needs of an established aquaculture program (Gibbs et al., 2019; Worley Parsons Services and Australian Institute of Marine Science, 2019) whose species priorities will be informed by restoration modelling and species selection tools (Madin et al., 2021). Large-scale aquaculture of this type will likely target a smaller number of species to produce large quantities of coral recruits for direct deployment onto reefs, potentially leading to a further increase in sampling from species that are already well represented in the bank (e.g., A. tenuis and A. hyacinthus). Of equal importance, however, will be the need to establish a more diverse collection that provides a reservoir of biodiversity from which to draw once initial coral cover is restored. This strategy will warrant continued collection from lesser represented species and regions, which will be supported by competitive funding streams and philanthropy in partnership with Traditional Owners and various community groups. Striking the balance between securing broad biodiversity and storing large volumes of prioritized species to support aquaculture will be an important logistical challenge for all coral biobanking programs going forward. Modelling efforts aimed at prioritizing the array of suggested interventions (e.g., Condie et al., 2021) will also be required before we can fully understand the scale at which cryopreservation will integrate with coral production in Australia and therefore the quantities of cryopreserved material that will be required.



Conclusions and future work

Coral reefs are complex ecosystems to conserve; ongoing applied research and modelling will be needed to improve our understanding of the necessary interventions, their scale, and their design (Sivapalan and Bowen, 2020). Based on our experience, biobanking activities should ensure that: each colony is uniquely identified and either genotyped or vouchered; collection and cryopreservation of sperm is prioritized and new sample types are introduced as technologies become available; and collections target a mix of individual and pooled samples matching production strategy and restoration goals. To achieve this will require increased resourcing for infrastructure to support the required biobanking capacity, along with continued refinement of metadata and database management to ensure that these collections can be maintained in perpetuity.

Aquaculture and biobanking on the scale required for coral conservation worldwide will require strategic partnerships between science, industry, restoration specialists, government, and community. Taronga scientists, along with scientists from other institutions utilizing coral cryopreservation strategies globally, are collaborating to refine coral cryopreservation technologies and build capacity through groups such as the Coral Restoration Consortium (CRC) Cryopreservation and Biobanking Working Group and the Coral Biobank Alliance. It is hoped that these initiatives will help to achieve the shared goal of minimizing the loss of biodiversity on coral reefs globally.

Taronga Conservation Society commits to working in a way that respects, recognizes and includes First Nations people. Taronga will consult with Traditional Owners to ensure that the proposed cryopreservation interventions are socially and culturally safe, including that: consent is obtained to collect material from sea Country; movement of cryopreserved material to Taronga’s biobank facilities is performed in collaboration with Traditional Owners of sea Country and Cammeraigal (North Sydney, NSW) and Wiradjuri (Dubbo, NSW) people; and access to biobanked material only occurs within the consent provided by the relevant Traditional Owner group. Moreover, Taronga recognizes the current and ongoing heritage and spiritual connection of Traditional Owners to their sea Country and will permanently track Traditional Custodianship within the CryoDiversity Bank electronic database. Recognition of the Traditional Custodians of living cells within the biobank into perpetuity will be vital to the long-term stewardship of these samples and harmonizes with the integrated and inclusive approach to species conservation being undertaken by Taronga and RRAP.

The prospects of the Taronga CryoDiversity Bank to support reef restoration are promising; however, the reality is that the causes of climate change progress unabated. Recent fine-scale modelling (Dixon et al., 2022; Kalmus et al., 2022) predicts that an elevated temperature of 1.5°C could see <1% of coral surviving by the mid-2030s. Securing biodiversity through continued sperm cryopreservation, and the development of simple, field-ready, technologies for coral embryo cryopreservation, will be crucial to stop-gap species loss in the coming years and decades. We hope the results of our work and efforts may give future generations options for healthier, more diverse reef ecosystems.
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1https://gbrrestoration.org/program/cryopreservation/.

2https://nationalzoo.si.edu/center-for-species-survival/coral-species-cryopreserved-global-collaborators

3https://taronga.org.au/conservation-and-science/current-research/reef-recovery
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Successful conservation efforts often require novel tactics to achieve the desired goals of protecting species and habitats. One such tactic is to develop an interdisciplinary, collaborative approach to ensure that conservation initiatives are science-based, scalable, and goal-oriented. This approach may be particularly beneficial to wildlife monitoring, as there is often a mismatch between where monitoring is required and where resources are available. We can bridge that gap by bringing together diverse partners, technologies, and global resources to expand monitoring efforts and use tools where they are needed most. Here, we describe a successful interdisciplinary, collaborative approach to long-term monitoring of beluga whales (Delphinapterus leucas) and their marine ecosystem. Our approach includes extracting images from video data collected through partnerships with other organizations who live-stream educational nature content worldwide. This video has resulted in an average of 96,000 underwater images annually. However, due to the frame extraction process, many images show only water. We have therefore incorporated an automated data filtering step using machine learning models to identify frames that include beluga, which filtered out an annual average of 67.9% of frames labelled as “empty” (no beluga) with a classification accuracy of 97%. The final image datasets were then classified by citizen scientists on the Beluga Bits project on Zooniverse (https://www.zooniverse.org). Since 2016, more than 20,000 registered users have provided nearly 5 million classifications on our Zooniverse workflows. Classified images are then used in various researcher-led projects. The benefits of this approach have been multifold. The combination of machine learning tools followed by citizen science participation has increased our analysis capabilities and the utilization of hundreds of hours of video collected each year. Our successes to date include the photo-documentation of a previously tagged beluga and of the common northern comb jellyfish (Bolinopsis infundibulum), an unreported species in Hudson Bay. Given the success of this program, we recommend other conservation initiatives adopt an interdisciplinary, collaborative approach to increase the success of their monitoring programs.
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Introduction

Modern threats to species and habitats demand multi-faceted and collaborative solutions that engage a diverse set of stakeholders and expertise. Given the complexities of many conservation challenges, several authors have proposed solutions that incorporate multiple disciplines, collaborative frameworks, and diverse perspectives to find solutions that fit each issue (Meffe and Viederman, 1995; Naiman, 1999; Dick et al., 2016). Unprecedented shifts in global climate, habitat loss, and the rapid loss of biodiversity emphasizes the need for interdisciplinary approaches now (Dick et al., 2016; Berger et al., 2019). There are a number of successful examples that integrate multiple disciplines to enhance conservation actions for habitats and land use (e.g., reducing deforestation in Amazonia, Hecht, 2011; climate change risk within land and water management, Lanier et al., 2018; interdisciplinary approach to preventing the biodiversity loss, Nakaoka et al., 2018) as well as protecting individual species (grizzly bear Ursus arctos, Rutherford et al., 2009; hippopotamus Hippopotamus amphibius Sheppard et al., 2010). The nature of interdisciplinary solutions is that many solutions may exist, therefore, documenting and sharing successful methods increases the opportunities for tailored solutions to be created for other species and habitats (Pooley et al., 2013; Dick et al., 2016).

Monitoring is an essential part of many successful conservation programs as it allows for adaptive strategies and rapid detection of changes. However, monitoring often receives limited support after the initial conservation action and can be difficult to prioritize when a species or habitat is not currently facing a threat. There is a growing emphasis on improving monitoring efforts to maximize conservation outcomes, exemplified by initiatives put forward by the International Union for Conservation of Nature (IUCN) Species Monitoring Specialist Group (Stephenson, 2018). However, conservation monitoring is difficult and often limited by high costs, lack of trained personnel, or low detectability of target species (McDonald-Madden et al., 2010; Linchant et al., 2015; Rovang et al., 2015). Remote locations pose an even greater challenge as even when resources are available, access to the study site may impede proper monitoring. Therefore, incorporating new disciplines and novel technologies into monitoring efforts can increase their effectiveness, scope, and reliability.

Citizen science has been recognized for increasing the capacity of monitoring projects (Chandler et al., 2017). Citizen science, also referred to as community science or participatory science, involves participants contributing to the scientific process through observations, indexing, and even analyzing data (Conrad and Hilchey, 2011). The benefits of citizen science are multifold for both researchers and participants. Harnessing the efforts of volunteers allows researchers to expand their data processing capabilities and can provide data resources for researching and developing machine learning tools (Swanson et al., 2015; Willi et al., 2019; Anton et al., 2021). Additionally, citizen science allows volunteers to meaningfully contribute to scientific endeavors, aiding in increasing scientific literacy and trust in scientific processes (Tulloch et al., 2013). There have been notable examples of citizen science projects resulting in effective conservation management, including detecting population declines of monarch butterflies (Danaus plexippus; Schultz et al., 2017), implementing policies to protect British breeding birds (Greenwood, 2003), and monitoring killer whale (Orcinus orca) populations (Towers et al., 2019).

Rapid improvement in passive monitoring and data storage technology have also contributed to monitoring efforts by dramatically increasing the size and quality of conservation datasets. Additionally, technological advances have expanded the variety and availability of non- or minimally invasive means of monitoring (Marvin et al., 2016; Stephenson, 2018). There are a growing number of examples where passive acoustic monitoring (Wrege et al., 2017; Wijers et al., 2019), satellite or remote sensing (Luque et al., 2018; Ashutosh and Roy, 2021), and drone monitoring (Burke et al., 2019; Lopez and Mulero-Pazmany, 2019; Harasyn et al., 2022) are used to increase monitoring effort while remaining cost-effective and minimally invasive to the study species. Large datasets collected using these methods provide conservation scientists and practitioners with opportunities to explore new research questions; however, manually processing these datasets can become extremely time-consuming, costly, and may increase the likelihood of human error. Passive monitoring systems need to be implemented in tandem with solutions that allow rapid processing to ensure these datasets can be effectively used to maximize benefit.

Machine learning, a subset of the broader term of artificial intelligence, is an emerging tool that can address the challenges of processing large datasets for conservation projects (Lamba et al., 2019). Deep learning models, a part of machine learning, and in particular convolutional neural networks (CNN), are able to automatically learn useful feature representations at various levels of pixel organization (Krizhevsky et al., 2017). As a result, CNNs have shown highly accurate results for image recognition and object detection in a variety of applications (Simonyan and Zisserman, 2015; He et al., 2016; Krizhevsky et al., 2017). Biologists and land managers have already begun to employ these models in a variety of contexts, including detecting, identifying, and counting a variety of wildlife species in camera trap images (Norouzzadeh et al., 2018; Tabak et al., 2019; Willi et al., 2019) and underwater video (Siddiqui et al., 2018; Lopez-Vazquez et al., 2020; Anton et al., 2021). Effectively applying machine learning tools like deep learning models to automate essential but time-consuming classifying tasks can greatly reduce the labor and time-costs of initial data processing. However, deep learning in conservation is still a relatively novel application and there is the opportunity to develop this discipline further.

The need for monitoring Arctic species and ecosystems is growing as northern regions are being disproportionately affected by climate change (Dunham et al., 2021). At the same time, studying Arctic species remains particularly challenging due to extreme weather, remoteness, and limited infrastructure (Høye, 2020). This is compounded when studying Arctic marine mammals as they migrate long distances, can be distributed widely across the seascape, and are submerged and out of view of researchers for most of their life (Simpkins et al., 2009). There have been successful non-invasive monitoring projects in the Arctic using developing technology, for example the use of environmental DNA (eDNA; Lacoursière-Roussel et al., 2018), acoustic monitoring (Marcoux et al., 2017), or drone surveliance (Eischeid et al., 2021); however, each of these methods used exclusively can be inhibited by cost, access to the habitat or species, and may provide limited information about the species of interest. Thus, Arctic species and ecosystems can particularly benefit from interdisciplinary, collaborative approaches to enhance monitoring efforts. In fact, an international collaborative framework for studying Arctic marine mammals specifically recognized the need for multi-disciplinary studies to enhance monitoring in these regions (Simpkins et al., 2009).

Here, we describe a successful multi-year interdisciplinary, collaborative project for monitoring beluga whales (Delphinapterus leucas) and their marine ecosystem in the Churchill River estuary near Churchill, Manitoba, Canada. We use the terms “interdisciplinary” and “collaborative” intentionally, as our study integrates multiple disciplines to reach a cohesive goal and involves contributions from several stakeholders. This interdisciplinary approach requires collaboration with environmental organizations, biologists and wildlife professionals, research scientists, educators, and community members. Key objectives for this research project include: 1) Developing a multi-year photo database of beluga within the Churchill River estuary, 2) identifying individual beluga using distinctive markings, and 3) monitoring beluga and broader ecosystem health. We will provide detail on the methods we employed as well as the numerous outcomes of this approach. We hope that this project demonstrates another example of a successful interdisciplinary, collaborative monitoring strategy, while providing a framework for other researchers to implement.



Methods


Study area and species

The Churchill River estuary (58.737138, -94.202522) is one of three major estuaries along the coastline of western Hudson Bay where large annual aggregations of the Western Hudson Bay beluga population occur (Figure 1; Matthews et al., 2017). This beluga population migrate seasonally from wintering areas in Hudson and Davis Strait to southern coastal regions and estuaries in western Hudson Bay (NAMMCO, 2018).The Churchill River estuary is approximately 13 kilometers in length and 3 km wide at high tide (Kuzyk et al., 2008). Hudson Bay experiences a complete annual freeze-thaw cycle, with ice formation in the Churchill River estuary typically beginning in October-November and break-up in May-June (Kuzyk et al., 2008). Large inputs of freshwater mix with the marine waters of Hudson Bay to produce an ecologically rich area that supports a complex food web. The diversity and abundance of animals in the area has given rise to a thriving tourism industry based in the town of Churchill that attracts over 530,000 people annually (Greenslade, 2018).




Figure 1 | Map of the Churchill River estuary in northern Manitoba, Canada. Base maps were obtained from the Government of Manitoba – Manitoba Land Initiative (Retrieved from: mli2.gov.mb.ca/mli_data/index.html).



Beluga whales are a highly social, medium-sized species of toothed whale and the only living member of their genus. They are endemic to higher latitudes within the Northern Hemisphere and found throughout the circumpolar Arctic and sub-Arctic (NAMMCO, 2018). Beluga whales are an ice-adapted species; they lack a dorsal fin, permitting them to surface between ice flows and minimizing heat loss (O’Corry-Crowe, 2008). Globally, many populations of beluga are threatened by direct and indirect effects of climate change. Indirect effects include increased human activity in the north with accompanying increases in noise (Halliday et al., 2019; Vergara et al., 2021) and pollution (Moore et al., 2020), while direct effects include changing sea ice conditions, shifting prey availability, and increased exposure to novel pathogens (Lair et al., 2016).



Field data collection

Polar Bears International, a non-profit conservation organization, and explore.org, an online multimedia platform, manages field data collection which has occurred since 2016 in the Churchill River estuary and adjacent waters of Hudson Bay. The observation platform is either a 5.8 meter aluminum hull boat or a 1.2 m inflatable hull boat with an underwater camera mounted to the stern or side, respectively. The boat operates for approximately four hours each day from two hours before high tide to two hours after high tide. Trips occur daily from early to mid-July until the first week of September, weather dependent, every year.

The vessel and camera equipment underwent several changes and upgrades since the initiation of the project; however, basic setup remains effectively the same and, anecdotally, the behavior of whales around the boat has not changed. The setup includes an underwater camera capturing video footage below the surface, a hydrophone which records beluga vocalizations, and microphones on-board for the vessel operator and onboard guests to commentate during the tour. The vessel operator’s objective is to maneuver the boat into the vicinity of whales without disturbing or altering their behavior and remain in that area either by drifting or idling to maintain position. Views of the whales on the camera are entirely reliant on whales choosing to approach and/or follow the boat and are permitted each year by Fisheries and Oceans Canada (FWI-ACC-2018-59, FWI-ACC-2019-17, FWI-ACC-2020-13, FWI-ACC-2021-23).

Live-stream video broadcast on explore.org1 occurs for the entirety of the 4-hour trip each day. Additionally, when possible the video is archived for further analysis. Remote volunteers from explore.org continually monitor the video/audio feeds, notifying the vessel operator if technical issues arise during the live-stream. The vessel operator navigates the boat in the areas of the Churchill River estuary and adjacent Hudson Bay where Wi-Fi signal strength can be maintained. During each tour the vessel operator records GPS tracks of their movements.

Our photo dataset is created by two means: 1) images taken by viewers watching the live-stream on explore.org, which we will refer to as snapshots, and 2) still frames extracted from raw video footage, hereafter referred to as frames. During the live-stream, moderators and viewers watch and collect snapshots of beluga or other objects in the water. At the end of the field season, all snapshots and video are shared with researchers from Assiniboine Park Zoo, in Winnipeg, Manitoba, Canada. Frames from the video footage are subsampled at a rate of one frame for every three seconds (2016-2020) or one frame per second (2021). Frames are extracted using the av (Ooms, 2022) package in R (R Core Team, 2021).



Data aggregation and validation

Snapshots and frames are classified as part of the Beluga Bits2 citizen science research project created and managed by Assiniboine Park Zoo researchers. The Beluga Bits project is hosted on the Zooniverse platform. Beluga Bits was developed specifically for Zooniverse to engage citizen scientists around the world in answering questions about the life history, social structure, health, and threats of beluga whales inhabiting the Churchill River estuary. We launched the project on Zooniverse in 2017 and recruited citizen scientists primarily through the platform, social media, and Zoo-based educational programs and presentations.

Image data on Beluga Bits is processed through a hierarchical series of workflows, where initial workflows are used to filter images into subsequent workflows of increasing specificity. All images are first processed as part of a “General Photo Classification” workflow, where participants annotate images by quality, whether a beluga is present, and content before being filtered into more question-driven workflows. We design our Zooniverse workflows to guide citizen scientists through the image classification process and provide the tools necessary for accurate assessment. Participants are presented with a tutorial for each workflow that provides written instructions and visual examples demonstrating how to complete the tasks asked of them. Moreover, task responses frequently include an option that participants can select if they are uncertain. Additional resources that are not workflow-specific are available as information pages, FAQs, or “talk” forum discussions.

To assess the reliability and accuracy of citizen scientist classification, we used images classified within the “General Photo Classification” workflow. We included images collected between 2016-2021 and considered each year of data collection separately to account for differences that field conditions (e.g., water color and clarity) and/or workflow structure (i.e., providing Yes/No responses vs. placing markers on individual beluga) may have had on agreement among participants. Each image was classified by a minimum of 10 participants. We evaluated the agreement among participants using a Fleiss’ kappa (Fleiss, 1971) measure implemented in the irr package (Gamer et al., 2019) in R. We then considered the accuracy of participant responses by comparing them with classifications provided by researchers. We created a subset of images that had been classified by both a researcher and participants, filtering for images where 70% or more participants agreed on whether or not a beluga was present. This resulted in a dataset of 1,936 images. We then compared classifications provided by researchers with the aggregated response from participants using a confusion matrix (caret package, Kuhn, 2022) in R.



Deep learning model development

Extracting frames from the video allows us to greatly expand our dataset; however, it produces a large number of images that do not contain species of interest. Anecdotally, this lack of beluga images reduces the level of participation of citizen scientists during the image classification steps. Therefore, to increase data processing efficiency and maintain participant interest, we developed convolutional neural networks to sort frames that contain beluga whales from empty (just water) images.

We collected images to train the deep learning model from the “General Photo Classification” workflow. Each photo was seen by 10 participants. A curated, balanced set of 12,678 images where 100% of participants agreed on presence or absence of beluga was selected to train and test the model. We used cross-validation to evaluate the generalization of our trained models. Cross-validation involves dividing the dataset into partitions (commonly referred to as folds), wherein multiple models are trained and evaluated by letting different folds assume the role of training and validation sets (Bishop, 2006). We carried out the two-fold cross validation by randomly shuffling the dataset into two subsets of equal size, designated as D0 (first fold) and D1 (second fold). We then trained deep learning models on D0 and validated it using D1, followed by training on D1 and validating on D0. To establish a deep learning baseline for classifying image frames with and without beluga, we selected three established CNN architectures for testing. We implemented our code in Python (using PyTorch framework; Paszke et al., 2019). All the models were trained on the computing platform with the following specifications: Intel Core i9 10th generation processor with 256 GB RAM, and 48 GB NVIDIA Quadro RTX 8000 GPU. For training, we used the following parameters: a stochastic gradient descent optimizer with momentum of 0.9, 50 epochs, learning rate of 0.001, and batch size of 64 (Goodfellow et al., 2016).

CNN architectures, including AlexNet (Krizhevsky et al., 2017), VGG-16 (Simonyan and Zisserman, 2015), and ResNet50 (He et al., 2016) were used. Deep neural networks can either be trained for the task from scratch or models that have been pre-trained on a large publicly available dataset, such as ImageNet, can be used to improve the training accuracy and speed of new models (Deng et al., 2009). The latter approach is referred to as transfer learning (Ribani and Marengoni, 2019). The extracted features of the images on the pre-trained network can be transferred to the new task and do not have to be learned again. In our work, we have employed transfer learning with two of the architectures, AlexNet and ResNet50. For VGG-16, we incorporated attention mechanisms to further improve the performance (Jetley et al., 2018). Attention mechanisms in deep neural networks are a class of methods through which the neural network can learn to pay attention to certain parts of the image based on the context and the task.

AlexNet (Krizhevsky et al., 2017) is composed of five convolutional layers followed by max pooling and three fully connected layers (Figure 2). It has the fewest number of layers compared to the other two architectures, VGG-16 and ResNet-50, while it uses larger receptive fields.




Figure 2 | Schematic of the AlexNet convolutional neural network architecture.



The second architecture we trained was VGG-16 combined with trainable attention modules (Figure 3). VGG architectures have deeper networks, but with smaller filters. This enhances their representational powers to implement nonlinear functions (Simonyan and Zisserman, 2015). This can assist the networks in discriminating between different classes more efficiently. Additionally, we applied an attention mechanism to help the model focus on critical and salient regions most pertinent to the object of interest (Jetley et al., 2018). We can gain insight into where the model focuses when it makes predictions by looking at the attention estimator output of the image frames, paying particular attention to images the network struggles to identify or incorrectly assigned class labels (Figure 3).




Figure 3 | Left: The architecture of VGG-16 with the attention module. Right: Panels (A–C) show correctly classified images that contain beluga and (D–F) show incorrectly classified images. The colour bar defines regions with varying attention values, where the blue and red extremes signify lower and higher attention values, respectively.



The attention estimator masks shown above demonstrate that the neural network learns to pay attention to only those regions of the image which contain beluga whales. Right: Panels A-C are the example frames that contained belugas and were predicted correctly, but were challenging for the network. Panels D-F are the example frames that were incorrectly classified by the network, in this instance, bubbles were classified as beluga. The color bar defines regions with varying attention values, where the blue and red ends of the spectrum signify lower and higher attention values, respectively.

The final architecture tested in our study was ResNet-50, a fifty-layer deep convolutional neural network known as a residual network (He et al., 2016; Figure 4). A deeper network increases the efficiency of learning a more complex function; however, as a network goes deeper, performance will eventually drop due to vanishing gradient problems. Skip connection has been introduced in residual networks to address this.




Figure 4 | Schematic of a ResNet-50 architecture with skip connections, adding the input of each convolution block to its output.



Once a final model was developed, we used it to classify whether frames did or did not contain a beluga on new image datasets. Images in which the model was at least 90% confident a beluga was present were processed and uploaded to the Beluga Bits project on Zooniverse.



Workflow development and database applications

After the initial photo processing using deep learning, our team has addressed more specific questions about belugas and their environment using curated photo datasets. Many of these questions were based on initial observations and comments made by citizen scientists and workflow testers in earlier forms of the project. In 2019, the “General Photo Classification” workflow was updated to ask participants to answer questions related to what parts of the whale are in view. For example, the question “Can you see the underside of any beluga in this photo” identified images that could later be used to determine sex by genitalia. In this workflow, users were also asked “Do any of the beluga in this photo have major wounds or identifiable marks?”, which would later be used to identify individuals based on unique markings. Additionally, after a number of observations from citizen scientists of jellyfish (Cnidaria) and jellies (Ctenophora) in the photographs, a targeted workflow called “Is that jellyfish?” was created in 2020 to assist researchers in counting and identifying jellyfish and jelly species within the estuary. Researchers initially created the workflow and provided educational materials to record three species (Lion’s Mane Cyanea capillata, moon jellyfish Aurelia aurita, and Arctic comb jelly Mertensia ovum) that had been confirmed within the estuary.




Results


Field data collection

Live-stream viewership and engagement on explore.org varied across the years of the project (Table 1). The first year of the project saw its highest number of participants with 276 unique usernames contributing snapshots for the Beluga Bits project. In 2020, poor water clarity and technical difficulties likely contributed to lower engagement, with just 30 users contributing snapshots. Participation on Beluga Bits has grown continually since its launch on Zooniverse (Figure 5).


Table 1 | Summary of field data collection and contributions by citizen scientists.






Figure 5 | Total registered users contributing to Beluga Bits since the project’s inception. Bars represent cumulative users per month per year. Beluga Bits project officially launched on Zooniverse in April, 2017.



We extracted frames from video in each year of the project; however, the amount of video available to be subsampled varied each season for logistical and technical reasons. On average, 67.9% (range: 55.1-77.4%) of frames were designated as empty (i.e., did not contain beluga) and were removed from the dataset. The remaining frames and snapshots were uploaded to the Beluga Bits project on Zooniverse.



Data aggregation and validation

Agreement among participants was stronger in more recent years of the project (Table 2). Frames collected during years which had generally higher water clarity (2016, 2019, and 2021) did not necessarily have stronger levels of agreement compared to those which had lower clarity (2017, 2018, and 2020).


Table 2 | Summary of agreement among citizen scientist responses as measured by Fleiss’ K (Fleiss, 1971).



Participants had an accuracy of 70.4% (95% CI: 68.3%, 72.4%) and moderate agreement (K = 0.396, Landis and Koch, 1977) when compared with researcher responses (Table 3). Citizen scientists were better at correctly determining when beluga were not present (74.2% accuracy) compared to when they were (65.4%).


Table 3 | Confusion matrix comparing the aggregated responses of citizen scientists with researcher responses for a subset of images.





Deep learning model development

Three CNN architectures were trained and tested for the task of classifying whether frames did or did not contain beluga whales. All the models performed well on both the training and testing datasets. We report two performance metrics: 1) the classification accuracy, with confusion matrices, and 2) the Area Under Receiver Operating Characteristics curve (ROC-AUC). The ROC-AUC did not substantially differ between the models, all with an Area Under Curve (AUC) of greater than 0.99 for the testing data and 1.00 for the training data (Table 4). Among all networks that we used, the best performance was achieved by VGG-16 architecture using attention modules with an AUC of 0.99 and the class accuracies of 97.48% (with beluga) and 98.22% (without beluga) (Figure 6).


Table 4 | Results summary for three CNN architectures: Alexnet, VGG-16, and ResNet-50.






Figure 6 | ROC curves for VGG-16 with attention model (trained on the first fold of the dataset and tested on the second fold).





Workflow development and database applications

Using remarks from citizen scientists from the “talk” forum discussions on Zooniverse, there have been a number of interesting observations noted about beluga and their environment. Often, these observations were explored further through discussions with project partners and experts in their fields. For example, citizen scientists highlighted a photo of a whale from 2016 that had a series of dots along the right side of its dorsal ridge. This same whale was later resighted by researchers in both 2019 and 2021 during boat-based observations because of this distinctive dotted lesion at the same location on its body. Likewise, in 2020 a participant commented on a photo of a beluga that had distinctive markings that they suspected was a result of an injury due to a boat propeller. After consulting with researchers studying wild beluga, it was determined that this whale’s scars were created by a previously attached satellite-tracking device and the observation subsequently published in Ryan et al. (2022).

Soon after the launch of the “Is that a Jellyfish?” workflow, citizen scientists highlighted images containing species that did not match the descriptions of those we had previously identified. These discussions, with consultation with jellyfish researchers, ultimately confirmed the presence of two jellyfish and three jelly species in the estuary that had been captured in our images. Two of these jelly species had not been noted in the original workflow materials, the first being the melon comb jelly (Beroe cucumis), a comb jelly that has been observed across northern Atlantic and Pacific coastlines. The second species, the common northern comb jelly (Bolinopsis infundibulum), has not previously been photo-documented or recorded within Hudson Bay to the best of our knowledge.

Other than these important observations from the photo database that were revealed by citizen scientists, there are a number of other observations that have been indicated to researchers that require further exploration and may dictate future research objectives such as the high incidence of curved flippers, wounding around the mouth, interesting skin and moulting patterns, and the timing and presence of calves with fetal folds.




Discussion

Our results demonstrate the value that an interdisciplinary approach has brought to this project, particularly in the integration of wildlife biology, citizen science, and computer science. In collaborating with project partners and citizen scientists, we were able to collect thousands of images each year to index and classify. Overall, citizen scientists had a classification accuracy of 70.4% (95% CI: 68.3%, 72.4%) when determining the presence or absence of beluga in frames. Agreement on presence and absence of beluga did vary from year to year, with a higher agreement in more recent years. This variation may be due in part to improvements to workflow structure over time, as well as varying water quality amoung years. Of the three deep learning architectures tested, the VGG-16 architecture had the highest class accuracy of 97.48% (with beluga) and 98.22% (without beluga). The two other architectures tested also had high class accuracies, all of which were over 96%. Our project demonstrates that large-scale image sorting of underwater images of marine life is viable through deep learning models. This could be the first of many such applications towards wildlife research, where building efficient and engaging processes allow for increased focus on research questions and monitoring. Ultimately, this will aid in supporting wildlife management and conservation.

While the CNN models were more accurate than citizen scientists in predicting whether belugas were present, this does not discredit the value of these participants in our project. For instance, although the CNN models performed well in determining the presence or absence of beluga, there are more complicated questions we are addressing on Zooniverse. This includes questions that would be challenging for machine learning models to correctly identify, such as classifying unique markings on beluga. Moreover, interactions between participants and researchers on Zooniverse through forum discussions have led to crucial discoveries and project developments (i.e., new jellyfish species, the previously tagged individual). Finally, the aggregated responses from citizen scientists were necessary for testing and training the computer models. This data integration among disciplines highlights an aspect of this approach that we consider essential to the success of our project. For our project, multiple disciplines have been integrated with each other, leading to the development of a shared framework. Citizen scientist classifications would be necessary for any further model development for this project and, in turn, the output from the models could create more engaging workflows for participants in the future. We suggest that other projects that are considering interdisciplinary methodologies consider how their disciplines and partnerships can build on each other cohesively to maximize success.

A key objective of the Beluga Bits project was to create a long-term photo database of beluga within the Churchill River estuary to identify distinctive markings that would identify individual beluga, potential threats to belugas, and changes in the ecosystem. Here we have had several successes capitalizing on observations from citizen scientists. Scars or other markings on animals can be used to identify individuals, but they have also been used to provide insights into broader ecosystem health and emerging threats (Aguirre and Lutz, 2004; LaDue et al., 2021). Identifying wounds and scars can provide information about interactions beluga have within their environment and threats they may be encountering across their range, for example vessel strikes or infectious agents. The whale that was originally sighted in 2016 was identified using a distinct dot-like scarring pattern, referred to as a “morse-code” lesion (Le Net, 2018). Similar lesions have been attributed to a pox-like viral skin infection in other beluga populations (Krasnova et al., 2015, Le Net, 2018) and can persist on the skin for several years (Krasnova et al., 2015). Epidemiological studies have not found evidence that poxvirus infections induce high mortality in affected cetacean populations; however, it has been suggested that neonates or calves could be at higher risk of mortality, potentially affecting population dynamics (Van Bressem et al., 1999). Additionally, in other beluga populations poxvirus lesions are considered indicators of various pollutants (Krasnova et al., 2015), therefore monitoring the presence and prevalence of these infections could provide insight into the environmental conditions individuals are encountering.

An additional success was sighting a previously satellite-tagged beluga whale based on a citizen scientist observation. Satellite-tagging within the Greater Hudson Bay area has occurred infrequently and resighting a tagged whale is rare. Confirming this previously tagged whale within our dataset resulted in a collaboration on a larger project examining previously tagged whales in both Western Hudson Bay and Cumberland Sound populations (Ryan et al., 2022). This resighting provided insights into tag loss, wound healing, and the long-term impacts of tagging for these animals. These become important considerations when planning monitoring activities using satellite-tags on cetaceans in the future. Ultimately, resighting individual whales over their lifespan can provide valuable insight into the process of wound healing (Krasnova et al., 2015; McGuire et al., 2021), long-term changes in health (Krasnova et al., 2015; McGuire et al., 2021), and degree of site fidelity (McGuire et al., 2020). By resighting known whales we are able to gain insight about the use of this estuary and life history.

The applications of citizen science can extend beyond single species to multi-species (Swanson et al., 2015) and broader ecosystem monitoring (Gouraguine et al., 2019). An objective that emerged from the Beluga Bits project has been to monitor the health of the Churchill River estuary ecosystem using jellyfish as an indicator species. Jellyfish have previously been considered indicators for ecosystem disturbances given their propensity to thrive in disturbed marine environments (Lynam et al., 2011; Brodeur et al., 2016). Moreover, many jellyfish species are expanding their ranges as climate change results in warmer waters (Hay, 2006). This may be of particular importance for Arctic oceans, as jellyfish species have been documented increasing in occurrence and abundance in these areas (Attrill et al., 2007; Purcell et al., 2010; Geoffroy et al., 2018). Some researchers are advocating for increased monitoring of jellyfish species, as invasive jellyfish can have significant impacts to ecosystems (Brodeur et al., 2016). Therefore, detecting new jelly and jellyfish species in the Hudson Bay ecosystem could provide critical insight into the potential population or community-level changes that may be occurring within the estuary or surrounding waters.

Despite numerous successes already in this project, there are some limitations we are hoping to address in the future, or are taking steps to address now. Viewership on explore.org does vary from year to year and can be hard to predict. However, frame sampling the live-video ensures that regardless of viewership we are capturing all frames of interest. This will likewise increase the likelihood of capturing useful images in years with poor water quality. To that effect, we are also looking to develop our image capturing technology (such as implementing a 360 degree camera) to maximize the quality of photos regardless of water quality. We have also seen participation on Beluga Bits grow every year since the project began and we believe implementing new workflows and new photo data every year will maintain engagement. Additionally, although we have established relationships with veterinarians, facilities with animals in care and researchers, we are limited in the number of parties and disciplines we work with. We would like to expand our network further, for example, local Indigenous communities and knowledge keepers hold intimate knowledge and expertise of beluga and their environment. This is an essential perspective on how we understand and conserve beluga within Hudson Bay. Additionally, although our data has led to important insights into beluga biology in the estuary, the further we develop our data capabilities, the more opportunities we have to inform conservation and management decision-making more directly. For example, linking GPS locations with underwater images may provide insights into how different groups of beluga use specific areas of the estuary. Georeferencing detections of beluga mothers and calves could inform guidelines for speed zones or temporary restrictions within the estuary to minimize impacts on vulnerable parts of the population (also suggested by Malcolm and Penner, 2011). There are numerous avenues still to explore by expanding the reach of the project into other adjacent areas and building connections with nearby communities, knowledge keepers, and researchers.

As the project grows its reach and research capabilities, there is great potential to continue expanding this network to incorporate disciplines and perspectives. For example, understanding the origins and healing processes of injuries and infections can be highly informative for conservation and management. We have established relationships with veterinarians, facilities with animals in care, and researchers to share images of distinct injuries and markings to learn more about them

We have described a successful interdisciplinary, collaborative monitoring project focusing on beluga whales and the Churchill River estuary ecosystem. This project has been built by bringing together concepts and tools from multiple disciplines with collaborations from diverse partnerships to produce a comprehensive approach. We have demonstrated the successes of applying such an approach to produce innovative applications for emerging technologies, increase data collection capabilities, provide critical insights, and engage a broad audience to participate in conservation research. As we have shown, we can bring together diverse perspectives, partners, technologies, and resources to expand monitoring efforts and deliver tools where they are needed most.
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Elasmobranchs typically display slow growth, late maturity and low fecundity life history characteristics, making them vulnerable to fishing pressures and environmental perturbations. The whitespotted eagle ray (Aetobatus narinari), a large pelagic migratory ray with an endangered status on the IUCN Red List, fits this pattern based on available literature. Historically, age and growth parameters for this ray have been reported through vertebral ageing methods. However, the periodicity of vertebrate band pair formation, which is used for ageing, has not been validated for this species, making ageing accuracy and thus the resulting growth parameters uncertain. In this study, we used both a frequentist and Bayesian method of estimating sex-specific von Bertalanffy growth parameters (DW∞, k) in wild recaptured versus aquarium-housed rays. Additionally, we estimated growth from repeated measurement data collected from aquarium-housed rays, as an alternative approach to obtain growth parameters while allowing for individual variability. Between 2009 and 2020, 589 whitespotted eagle rays were caught, measured, tagged and released along the southwest coast of Florida. Of these rays, 34 were recaptured between 5–1413 days at liberty. Nineteen additional rays were collected during the same period, transported and maintained at Georgia Aquarium, Atlanta, where they were regularly weighted and measured. Data from Association of Zoos and Aquariums accredited facilities provided prior information on maximum size for the Bayesian estimations, and size at birth, size at maturity, and maximum life span. These data were used to plot and interpret von Bertalanffy growth curves. Wild whitespotted eagle rays were found to grow faster and mature earlier than previously thought, with Bayesian estimates of k = 0.28 year-1 in females, and k = 0.30 year-1 in males. Aquarium-housed individuals seemed to grow slower and reach smaller sizes, although data provided by the aquariums showed variable growth patterns depending on the facility. Longevity was estimated at 14-15 years in wild rays while maximum lifespan observed in aquariums was 19-20+ years. Life history parameters and growth trajectories generated from this study offer valuable information to aid with future conservation management strategies of this endangered species.
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Introduction

Life history traits (e.g., growth patterns, age at maturity or longevity) determine how populations will change in time and respond to exploitation pressure, making them key aspects in species management and conservation. Many elasmobranch (shark, ray and skate) species are particularly vulnerable to overexploitation (Frisk et al., 2005; Dulvy et al., 2014) and are among the latest-maturing and longest-living vertebrates (Hoenig & Gruber, 1990; Cortés, 1998; Cortés, 2002). Estimating age at maturity or longevity requires accurate age information, which is often difficult to obtain reliably in sharks and rays. The most widely used ageing technique in elasmobranchs consists of counting growth zones in calcified structures, such as band pairs in vertebral centra, assuming periodic deposition (Cailliet & Goldman, 2004). However, only a few studies have rigorously validated this temporal periodicity for particular species and commonly only for some portion of lifespan (see review by Cailliet, 2015). To further complicate this, recent studies suggest that growth zone deposition (i.e., vertebral band pairs) in sharks and batoids is closely related to somatic growth and body shape, rather than time (Natanson et al., 2018; James & Natanson, 2020). As an alternative, theoretical ages may be obtained indirectly from length via growth models, such as the von Bertalanffy growth model, which is the most common growth model utilized for fishes. Mark-recapture data can provide information on size increments over time, which are used as inputs to these growth models. Rearing in research laboratories or public aquariums such as Association of Zoos and Aquariums (AZA) accredited institutions also provides the invaluable opportunity to advance scientific knowledge of the animals in their care and enhance the conservation of wild populations (Association of Zoos and Aquariums, 2022a). Carefully and regularly taken morphometric data from participating aquariums can help fill critical data gaps in our understanding of age and growth, especially of shark and ray species for which band pair formation periodicity has been difficult to validate.

The whitespotted eagle ray is a durophagous mesopredator feeding mainly on benthic invertebrates (Ajemian et al., 2012; Serrano-Flores et al., 2018) and is often found near coral reefs, along beaches and coastal inlets, and in estuarine seagrass habitats (Silliman & Gruber, 1999; Ajemian et al., 2012; Bassos-Hull et al., 2014; Flowers et al., 2017; Cerutti-Pereyra et al., 2018; DeGroot et al., 2020). Previously thought to be a single, globally distributed species in warm and tropical waters (Bigelow and Schroeder, 1953; Last et al., 2016) and the only species of its genus, A. narinari has been recently identified as a complex of several cryptic lineages: the genus Aetobatus (Blainville, 1816) currently comprises at least five known species, based on genetic and morphologic evidence (Richards et al., 2009; White, 2014; White & Naylor, 2016; Sales et al., 2019), with the “true” A. narinari now restricted to the tropical Atlantic Ocean (Sales et al., 2019; Fricke et al., 2022). The conservation status of each member of this species complex thus needs to be assessed accounting for their geographic range and regionalized threats. While A. narinari is protected in Florida state waters, Bermuda and the Bahamas, this protection might be insufficient as the species is capable of long-distance migrations over hundreds of kilometers (see Sellas et al., 2015, DeGroot et al., 2021 and Friess et al., 2021) and is exposed to intensive and unregulated inshore fisheries throughout most of its range, including for consumption in parts of Central and South America (Cuevas-Zimbrón et al., 2011; Tagliafico et al., 2012; Cordovés et al., 2013; Cuevas et al., 2013; Cuban Ministry of the Food Industry, 2015). Females bear one to five pups after a gestation period of approximately one year (Swider et al., 2017). Due to its low fecundity, association with near-shore coral reef, beach, and seagrass habitats, and its exposure to fishing pressure, A. narinari was recently classified as “Endangered” by the IUCN Red List (Dulvy et al., 2021).

Current knowledge on A. narinari life history (Table 1) is limited and derived from a few fisheries-dependent studies (Dubick, 2000; Yokota & Lessa, 2006; Tagliafico et al., 2012; Utrera-López, 2015; Araújo, 2020) and one tagging study (Bassos-Hull et al., 2014). Dubick (2000), Utrera-López (2015) and Araújo (2020) used calcified vertebrae to visualize band pairs and estimate growth parameters in Puerto Rico, Mexico and Brazil respectively. However, they were not able to reliably validate the band pair formation periodicity. Bassos-Hull et al. (2014) was the first tagging study on wild, free-swimming A. narinari in US coastal waters, investigating life history and seasonality of the species along the southwest Florida coast (i.e., Gulf of Mexico). Using the Fabens method (Fabens, 1965), von Bertalanffy growth parameters were estimated from recaptured rays’ disc width increments during time at liberty, but the sample size (n=22) was small and included some biologically questionable (e.g., null and negative) growth rates. As for ex situ studies, little research has been done on A. narinari in managed care due to the relatively few individuals represented in zoo and aquarium collections. Although there are only 53 A. narinari currently housed in 16 different AZA-accredited facilities (Swider et al., 2021), the species is becoming increasingly common in public aquariums due to their visually appealing spot pattern and graceful swimming motions (Swider et al., 2017).


Table 1 | Literature summary of Aetobatus narinari life history traits.



The typically small sample sizes available for both wild and aquarium populations, combined with the possibility of measurement errors and non-negligible individual growth variability, imply that simple growth estimation methods such as the (frequentist) Fabens method can yield unrealistic growth parameters (see Bassos-Hull et al., 2014). Incorporating auxiliary information on growth parameters, even basic information such as a biologically feasible range for the disc width, can help the estimation process in such situations (e.g. Dureuil et al., 2022). Building on previously published work by Bassos-Hull et al. (2014) and incorporating data from individuals housed in aquarium and zoo facilities, this study re-estimated growth parameters in this endangered ray species using both a frequentist and Bayesian modeling framework. In the latter, auxiliary information was formalized in prior distributions assigned to growth parameters. In addition, important life history parameters such as size at birth, age at maturity, growth, maximum size and longevity of wild and aquarium-housed A. narinari were examined and compared. We propose that using a combination of information obtained through in situ and ex situ studies will improve these life history and growth parameter estimates, which is critically important to stock assessments and management agencies and will help aquarium facilities enhance their husbandry methods for the species.



Materials and methods

The study area, the sampling process, and the animal captures and handling for the wild rays are exactly the same as described in Bassos-Hull et al. (2014), except only boat-based surveys are considered in this study. The following two paragraphs summarize the adopted field methodology. Please refer to the Methods section of Bassos-Hull et al. (2014) for further detailed information.


Study area and sampling surveys

A. narinari individuals were captured in the eastern Gulf of Mexico (“Gulf”) through boat-based surveys (n=321) conducted between July 2009 and November 2019 along the southwest Florida coast (Figure 1A). This area consists mostly of fringing barrier islands and shallow passes and inlets (200–2,500 m wide,< 20 m deep), which shelter various invertebrates that are potential prey for A. narinari: macrogastropods such as whelks and conch, and bivalves such as scallops and clams (Ajemian et al., 2012; Serrano-Flores et al., 2018). Sampling occurred primarily between north Longboat Key (latitude 27.4°N, longitude −82.7°W) and south Siesta Key (latitude 27.2°N, longitude −82.5°W) (Figure 1B), predominantly April through November each year.




Figure 1 | Location of (A) the study area on the southwest Florida coast and (B) the boat-based survey coverage (shaded area) in the vicinity of Sarasota Bay.





Animal captures, tagging and measurement

When rays were encountered in workable conditions of depth and current, they were captured with a nylon seine net for medium to large rays or a cast net for small rays (<80 cm disc width, DW), with in-water assistance provided by one or two snorkelers to transfer them to the vessel’s live well. Very large rays (>180 cm DW) were examined in a floating net pen (2.5 m diameter) off the side of the boat. Once a ray was restrained, a series of measurements and samples were taken. Males were identified by the presence of claspers, which were classified as noncalcified (soft and flexible claspers, immature), partially calcified (harder but partially flexible claspers, maturing), or fully calcified (large and rigid claspers, mature). DW and total length (TL) were measured to the nearest mm, and WT was measured to the nearest 0.1 kg using a hoop net attached to a calibrated digital scale on a davit. Each ray was injected with a passive integrated transponder (PIT), unless a previously applied PIT tag was detected; in this case it was used to identify the individual and the event was recorded as a recapture. All captures and recaptures were performed by trained researchers following this protocol.

A subset (n=19) of the animals captured for the wild study were retained for eventual display at Georgia Aquarium (GAI). Three of these individuals were collected in March 2009 prior to the initiation of the field research study and 16 were collected between 2012-2015 during the field research study. All animals collected and sampled for projects were conducted under Florida Protected Species permit #s SAL-(09-19)-1140-SRP approved protocols. All animal handling procedures were approved through Mote Marine Laboratory’s IACUC permits #10-03-PH1 and 13-02-PH1.



Animal housing and monitoring in the study aquarium

Current and historical morphometric data from these 19 aquarium-housed A. narinari were included in this study. All A. narinari at GAI were housed in the Ocean Voyager exhibit, in a 24-million-liter saltwater habitat containing about 8000 individuals of 60 other species of sharks, rays, and teleost fishes. Water temperature in the exhibit was maintained between 24-25°C year-round. Juvenile and adult rays were target fed a daily ration between 1.5-3% of their body weight (BW), with pups receiving higher rations (3-5% of BW/d). Current diets consist of surf clam (Spisula solidissima), hard-shell clam (Mercenaria mercenaria), Jonah crab (Cancer borealis), knobbed whelk (Busycon carica), Atlantic sea scallops (Placopecten magellanicus), whiteleg shrimp (Litopenaeus vannamei) and blue mussels (Mytilus edulis), but have varied historically. Animals were handled at least once a year for routine veterinary examination including morphometrics (DW and WT) and more frequently as veterinary or husbandry needs dictated. For these examinations, animals were captured by divers and transferred from the main exhibit into a small holding pool with oxygenated water. DW was measured to the nearest 0.1 cm using a soft measuring tape. WT was recorded to the nearest 0.1 kg using a hanging scale. After examination, A. narinari individuals were released into the main exhibit and resumed normal behavior.



Aquarium survey

Aetobatus narinari is managed in public aquariums through the Species Survival Plan® (SSP) of the Association of Zoos and Aquariums. The cooperatively-managed SSP programs oversee the population management and enhance conservation of select species in AZA member institutions. SSP programs are led by AZA member volunteers who work collaboratively with AZA committees, Scientific Advisory Groups, and AZA-accredited institutions to maintain healthy, genetically diverse, and demographically varied populations through strategic management and planning (Association of Zoos and Aquariums, 2022b). To collect data for this study, a survey was sent to the AZA A. narinari stakeholders. In the survey, institutions were asked to provide the following information, as available, regarding animals of each sex in their collection: maximum size (DW in cm) recorded with corresponding age, maximum lifespan recorded and corresponding size, all sizes at birth recorded and ages at first reproduction recorded for sexually mature rays. Participants were asked to indicate how age was determined, e.g. based on the size at capture and the time spent in the aquarium facility, or exact age if the ray was born in an ex situ setting.



Growth analysis

As basis for our growth model we considered the von Bertalanffy (vB) equation (von Bertalanffy, 1938):



where DWt is the length at age t, DW0 is the length at birth (t = 0), DW∞ is a parameter representing the (asymptotic) maximum length expressed in the same units as DWt and, DW0 and k is a parameter known as the Brody coefficient describing how fast DW gets to DW∞ as t nears ∞, expressed in the reciprocal of the time units (e.g., year-1). The original vB equation implicitly takes birth as a reference point and defines a growth increment from t = 0 to an arbitrary age t (one can subtract DW0 on both sides of Equation (1) to make this apparent). A more general form of the vB equation is given by Fabens (1965) for two arbitrary time points T1 and T2, with T1 ≤ T2, and the corresponding lengths D>WT1 and DWT2



where ΔT = T2 – T1. This formulation is therefore suitable to examine growth from the present A. narinari data. T1 then denotes the time of first capture and T2 is the time at recapture. The absolute times themselves do not matter, only the time difference ΔT (i.e., the time at liberty) enters the growth model.

Equation (2) represents merely an idealized growth trajectory. As such, it can only be expected to hold on average for growth measurements, assumed collected with some random errors. This yields the following Fabens (1965) equation formulated as a statistical model (see e.g. James, 1991), which we will simply refer to as the Fabens model:



where the i index identifies an individual among n in a given sample (n being the sample size), E[DWT2,i] denotes the mean of a random variable (mathematical expectation), and ϵi is an error term with mean 0 and a constant variance denoted by σ2. In addition, the error terms are assumed independent. This means that the way the measurement DWT2,i differs from its mean E[DWT2,i] cannot be predicted from how the length measurement of another individual measurement DWT2,j differs from its respective E[DWT2
,j] , for i ≠ j. Under these assumptions, Equation (3) closely resembles to a non-linear regression model where the lengths at recapture DWT2
,i form the response variable while the lengths at capture DWT1
,i and the times at liberty ΔTi are covariates (explanatory variables) considered fixed. The unknown parameters to estimate are DW∞, k, and the error variance σ2.

Frequentist estimation of DW∞ and k can be carried out by least squares, i.e., the estimates   and   jointly minimize the sum of squared residuals which is equivalent to maximizing a likelihood function based on assuming all ϵi’s are identically distributed as Gaussian. No closed form expressions exist (Fabens, 1965), these have to be found numerically for instance through a Newton-Raphson algorithm. Given these estimates, the error variance σ2 is typically estimated from the mean squared residuals corrected for the lost degrees of freedom:

	

The maximum likelihood estimator (MLE) for σ2 is given by  . Standard errors can then be computed from the asymptotic approximation given by the inverse Fisher information matrix. The latter also indicates that   and   are always negatively correlated.

A likelihood ratio test (LRT) was constructed to compare growth parameters between wild and aquarium rays. LRT p-values were computed two different ways, using the asymptotic χ2 distribution and through a parametric bootstrap scheme (see Supplementary Material 1 for detailed methodology).

In addition to the frequentist estimation and inference described above, we also applied a Bayesian approach. We refer to Gelman et al. (2014) for a general background on Bayesian statistics. The main addition here is that the data analyst incorporates subjective knowledge and uncertainty about the Fabens model parameters DW∞, k, σ2 and in the form of probability distributions that do not depend on the data at hand, referred to as prior distributions. Following Dureuil et al. (2022), we constructed a lognormal prior for DW∞ based on published studies (Silliman and Gruber, 1999; Dubick, 2000; Cuevas-Zimbrón et al., 2011; Ajemian et al., 2012; Tagliafico et al., 2012; Utrera-López, 2015; Briones Bell-lloch, 2016; DeGroot et al., 2021; Araújo et al., 2022) and on our aquarium survey results for the wild and aquarium populations, respectively. For both populations, we used the largest reported length DWmax, for both females and males, to set the lognormal prior mean and variance (on the natural logarithm scale) parameters: the lognormal median is set as DWmax /0.99 so that the mean parameter is log (DWmax/0.99) while, given the mean, the variance is found numerically such that the 99th lognormal percentile matches 1.2 times the median. The 1.2 coefficient ensures a reasonably wide distribution with some inherent right-skewness that is meaningful for an asymptotic parameter like DW∞ for which more uncertainty exists for higher values than for smaller ones; see Supplementary Material 2, for the lognormal prior distributions we thus specified for wild and aquarium, and for female and male, A. narinari individuals. Regarding the other two parameters, k and σ2, we had little prior information which could be directly represented by a probability distribution. We followed Dureuil et al. (2022) in specifying uniform prior distributions for both parameters, with lower and upper bounds defining a realistic range of values: [0.01, 1] for k and [10-5, 50] for σ. These bounds are the same for females and males, as well as for aquarium and wild individuals.

Based on our priors and a Gaussian distribution assumed for the ϵi error terms, i.e., a Gaussian likelihood for the data given the parameters, Bayesian estimates are based on the posterior distribution of the parameters given the data. This posterior distribution is not available in a closed form here, thus we relied on the No-U-Turn Sampling (NUTS) algorithm (Hoffman and Gelman, 2014) which can be considered as an advanced Markov chain Monte Carlo (MCMC) method. Running five chains in parallel, we retained the last 10,000 draws after a burn-in period of 10,000 iterations. This means we had 50,000 draws from the posterior distributions from which we derived summary statistics and graphical representations like histograms (see Supplementary Figures 3.1–3.4). To ease the comparison of estimates between frequentist and Bayesian estimation, we considered a Bayesian point estimate computed as the median of the posterior draws. Using a posterior median rather than, say, a posterior mean, is meaningful here due to the high right-skewness we regularly notice in the posterior distributions, notably in that of DW∞ with small sample sizes. We computed credible intervals following the highest density interval approach; a 95% credible interval consists of the narrowest interval which contains 0.95 probability around the posterior mode.

A formal comparison of growth parameters between wild versus aquarium populations was carried out by computing Bayes factors (BFs; Kass & Raftery, 1995). The exact methodology is available in Supplementary Material 4.

The wild versus aquarium population comparison requires the same model to be fitted to both samples, which is the Fabens model in Equation (3) above with lengths at a single recapture modeled given the lengths measured at the initial capture. But each individual of our aquarium population was measured multiple times, at their capture and throughout their lives at the aquarium. This extra information was leveraged in a secondary analysis: having repeated measurements for each aquarium individual allowed us to specify a random effect, say on DW∞, which represents individual growth variability. The Fabens model with random intercept on DW∞ is thus:



where j = 2,3,…,ni identifies the recapture among the ni repeated measurements for individual i, ΔTj,i = Tj – T1 for individual i, the ϵi,j error terms are independent Gaussian with mean zero and variance σ2, and the DW∞,i ‘s are now random too with a Gaussian distribution with mean μ∞ and variance  . As compared to the previous Fabens model, this model has one extra parameter: the random intercept variance   which represents how different the individual-specific vB curves are. Thus, a   value close to zero means the individuals are relatively similar to each other in terms of growth trajectories, while a large   value (relative to σ2) means the individual vB curves differ markedly from the population average vB curve parametrized by μ∞ . We fitted such a random effects model by maximizing the marginal log-likelihood of the data after having integrated out the (unobserved) DW∞,i ‘s; we again made use of the Laplace approximation for these integrals. Given parameter estimates, the random intercepts can then be predicted by the maximizers of the joint log-likelihood (equivalent to posterior modes if we were to view the random effect distribution as a Bayesian prior) as these are anyway computed in the Laplace approximation scheme.

All the model estimation and inference described above were implemented in R version 4.0.2 (R Core Team, 2022). We made use of the R package Template Model Builder (TMB; Kristensen et al., 2016) to code the joint likelihood of the Bayesian Fabens estimation and of the Fabens model with random intercept. For the former, we used the R packages tmbstan (Monnahan & Kristensen, 2018) and rstan (Stan Development Team, 2020) to link to the Stan Stan Development Team, 2022 statistical libraries which include the NUTS algorithm. We used TMB’s efficient implementation of the Laplace approximation for integrating random effects both to evaluate the marginal log-likelihood in the random effects model and to evaluate the marginal densities in the BF computations. Our code is readily available on the GitHub page of the third author (Aeberhard, 2022).



Data preparation

In the wild population, only recaptures with times at liberty longer than 90 days were included in the growth analysis because of the large variability and influence on errors for shorter time periods (Simpfendorfer, 2000; McAuley et al., 2006). Successive recaptures of the same individual were merged into a single capture-recapture event to maximize the time at liberty and thus the observed growth. Two methods were then used to identify potential outliers, the influence plot (Dureuil & Worm, 2015) and the interquartile range (Dureuil et al., 2022). Any data point identified by both of these methods was considered an outlier. To estimate growth parameters in the aquarium population, we considered the first and the last measurement of each individual in order to maximize the observed growth.



Life history characteristics

Following Equation (1), growth parameters estimated by frequentist and Bayesian approaches were used to plot von Bertalanffy growth trajectories of each population. DW0 was defined for each sex as the average size at birth based on sizes reported in the aquarium survey. Size at sexual maturity, i.e., the disc width at which 50% of the individuals are mature, was determined from clasper rigidity in males (see methodology of Bassos-Hull et al., 2014) and from literature (Tagliafico et al., 2012) in females. Longevity was calculated as the age at size corresponding to 99% of DW∞ (Dureuil et al., 2021). The disc width-weight relationship in wild versus aquarium rays was also assessed and can be reviewed in Supplementary Material 5.




Results


Morphometrics of captured and recaptured wild rays

A total of 609 individual rays (347 males, 261 females, and 1 unrecorded sex) were captured between July 2009 and January 2020. The sex ratio of our sample was significantly skewed toward males (male:female ratio = 0.75, χ² = 12.5, df = 1, p< 0.001). Although female maximum size (205 cm DW) and weight (119.2 kg) exceeded those of males (191.2 cm DW, 108.4 kg), there were no significant differences between average DW and WT of males vs. females (DW: t-test, t = 0.88, df = 536.5, p = 0.380; WT: t = −0.004, df = 443.56, p = 0.996). Of 346 males and 259 females measured, male DW ranged 42–191.2 cm while females ranged 41.4–205 cm. Male WT ranged 1.1–108.4 kg and females ranged 1.3–119.2 kg. The normalized size distribution of all captured rays was plotted in Figure 2.




Figure 2 | Normalized size histogram of wild and aquarium-housed Aetobatus narinari. Wild sample consists of 628 measurements from 589 individuals, with 1-3 measurements per individual. Aquarium sample consists of 146 measurements from 19 individuals, with 5-11 measurements per individual.



Of the 589 A. narinari individuals tagged and released during the field research study (excluding the 16 rays transferred to GAI and utilized to examine growth in the aquarium), 34 (5.8%) were recaptured on one-two occasions, including 20 males and 14 females. For recaptured rays, size at capture ranged from 51 to 159 cm DW in males and 56 to 188.4 cm DW in females. Size at recapture ranged from 59.2 to 169.5 cm DW in males and 57 to 185.2 cm DW in females. Time at liberty ranged from 5 to 1413 days (mean = 316 days) in males, and 7 to 995 days (mean = 333 days) in females.



Morphometrics and growth of aquarium-housed rays

Nineteen rays, including 13 males and six females, were monitored at GAI after being captured in the study area (Supplementary Material 6). Size at first measurement ranged 48.3-120 cm DW in males and 64-108 cm DW in females, and size at last measurement ranged 118-143 cm DW in males and 144-162 cm DW in females. Males were monitored during 3.3 to 10.9 years and grew 11 to 81 cm, while females were monitored during 4.4 to 7.4 years and grew 40 to 97 cm.



AZA - SSP survey results

Information was provided from nine institutions representing 75 individual animals (Table 2). Due to lack of regular morphometric measurements taken on many animals managed in the SSP, not all participating facilities were able to fully provide answers to all questions with accuracy. One newborn female of 35.5 cm DW considered abnormally small its whole life was not included in the average size at birth calculation.


Table 2 | Summary of the participating AZA aquariums’ data.





Estimation and comparison of growth parameters


Estimation of von Bertalanffy growth parameters in wild versus aquarium rays

In the wild group, none of the eligible data points were considered an outlier using the methods previously described (influence plot and IQR). However, a single recapture of a small male (74 cm DW) showing null growth over five months (166 days) was removed from the dataset. The selection of recaptures with times at liberty longer than 90 days resulted in a final data set of 22 recaptures (15 males and seven females) used for growth analysis (Supplementary Material 7). Size at capture ranged from 60 to 155 cm in females, and from 51 to 159 cm DW in males. Size at recapture ranged from 134 to 185.2 cm DW in females, and from 84 to 169.5 cm DW in males. Time at liberty ranged 1.1–2.72 years (403–995 days) in females and 0.37–3.87 years (134–1413 days) in males.

The frequentist and the Bayesian approaches produced consistent, plausible growth parameter estimates for all groups of rays, except an unlikely high frequentist estimate of k in the aquarium females (Table 3). We note that this large value for k implies a likely underestimated DW∞, since these two parameter estimates are negatively correlated. This explains the discrepancy between frequentist and Bayesian estimates of DW∞ for the aquarium females. Females were estimated to have a larger DW∞ than males, this sexual dimorphism being more pronounced in the wild population (ΔDW∞ ~ 39 cm) than in the aquarium population (ΔDW∞ ~ 31 cm). k estimated values ranged between 0.28 and 0.32 year-1 in the wild rays, while ranging 0.36–0.46 year-1 in the aquarium rays.


Table 3 | von Bertalanffy growth parameter estimates.





Comparison of growth parameters between groups: Varying by sex and condition



(wild/aquarium)

All the p-values computed using the asymptotic χ² distribution were well under the 0.05 threshold, meaning the growth parameters (DW∞, k) were significantly different between groups in the four comparisons (Table 4). The (more reliable) bootstrapped p-values were also under the 0.05 threshold but weaker, with some values close to 0.02–0.03.


Table 4 | Comparison of growth parameters between groups.



The Bayes factors only indicated substantial evidence for different growth parameters between wild and aquarium males (BF>>3.2). Simulations (not presented here), however, revealed that on average only 57% of BF values were >3.2 when the growth parameters were indeed different (with simulation parameters set to the Bayesian estimates in Table 3 so as to mimic the real data), suggesting a lack of test power.



Estimation of individual variability in DW ∞

Repeated measurements of aquarium rays were used to investigate the individual variability in DW∞ while keeping k constant across individuals. Each ray counted 4–10 measurements along their lifespan at the GAI, 4–6 in females and 4–10 in males. We found a high variability in DW∞ (σ∞ = 30.3 cm) for the females (Table 5). In comparison, males yielded more consistent results with a moderate variability in DW∞ (σ∞ = 11.5 cm). Individual-specific von Bertalanffy growth curves were then plotted using these parameter estimates (Figure 3).


Table 5 | Estimated growth parameters with individual variability in DW∞.






Figure 3 | Individual von Bertalanffy growth curves for aquarium males (top) and females (bottom) from repeated DW measurements of the same individual.






Growth trajectories and life history characteristics

Growth parameter estimates from Table 3 were used to plot average von Bertalanffy growth trajectories for each population (Figure 4). For plotting purposes, size at birth DW0 is required, which was determined from the average reported in the aquarium survey: 51.5 cm in females and 48.1 cm in males (Table 2).




Figure 4 | A. narinari von Bertalanffy growth curves inferred from Bayesian estimates (posterior medians). The envelope around each curve represents 95% credible intervals from posterior draws.



Size at sexual maturity (i.e., the disc width at which 50% of the males are mature) was calculated from the rigidity of claspers in the wild capture data set (Clark and von Schmidt, 1965). With 288 males examined, the logistic regression produced an estimate of 128.6 cm. The disc width at which 50% of the females are mature was estimated by Tagliafico et al. (2012) as 134.9 cm. From this, age at maturity was estimated between two and three years old in wild rays, and up to six years old in aquarium males (Table 6). Longevity estimates ranged from 10 to 15 years, with credible intervals overlapping between aquarium and wild rays.


Table 6 | Life history characteristics inferred from von Bertalanffy growth curves.






Discussion


Comparison of our results with vertebral age/growth studies

Our results suggest wild A. narinari grows considerably faster (Figure 5) than previously published (Table 1). For example, on average, a ray of 100 cm DW was previously estimated to grow 20 cm in 1.7 year (female growth in Utrera-López, 2015) to 6.4 years (male growth in Dubick, 2000), whereas such growth seems to occur in 7 to 11 months on average based on our analysis. Although inherent differences between growth curves calculated from age-length and length-increment data prevent a direct comparison from being made (Francis, 1988), growth rates estimated here substantially exceed those from previous vertebral ageing studies on the species. Only few published studies investigating age and growth in elasmobranch species have successfully validated an annual deposition periodicity in vertebral centra (reviewed by Cailliet, 2015), and while a lack of validation does not invalidate deposition periodicity in one species, unvalidated age estimates resulting from vertebral readings must be carefully considered. Recent studies have highlighted several limitations when using calcified growth zones to determine age, including systemic age underestimation in larger and older individuals (Harry, 2017), and correlation of vertebral band pairs with somatic growth rather than time (Natanson et al., 2018; James & Natanson, 2020). Further investigation is therefore needed to elucidate vertebral band pair deposition and age determination in elasmobranch species such as A. narinari, and indirect, complementary approaches such as mark-recapture and aquarium rearing combined with chemical markers (e.g., oxytetracycline) will certainly help answer this critical biology question.




Figure 5 | Von Bertalanffy growth curves generated for wild A. narinari. Parameters for female curves: DW∞ = 225.7 cm, k = 0.28 year-1 (this study); DW∞= 164.2 cm, k = 0.18 year-1 (Araújo, 2020); DW∞ = 200.0 cm, k = 0.13 year-1 (Utrera-López, 2015); DW∞ = 245.9 cm, k = 0.03 year-1 (Dubick, 2000). Parameters for male curves: DW∞ = 187.6 cm, k = 0.30 year-1 (this study); DW∞ = 153.3 cm, k = 0.25 year-1 (Araújo, 2020); DW∞ = 140.0 cm, k = 0.18 year-1 (Utrera-López, 2015); DW∞ = 146.5 cm, k = 0.09 year-1 (Dubick, 2000).





Life history profile and implications for species management

Size increments from mark-recaptured individuals produced plausible growth parameters with the Bayesian methodology adopted. DW∞ estimates for both sexes (225.7 cm in females and 187.6 cm in males) are compatible with observed maximum sizes in the region: 195.2 cm and 140 cm in the Bahamas (Silliman & Gruber, 1999) and 202 cm and 150 cm in the southern Gulf of Mexico (Cuevas-Zimbrón et al., 2011) for females and males, respectively. The largest male observed in this study (DW = 191.2 cm) is the largest male recorded in the Atlantic Ocean. In both wild and aquarium rays, females were estimated to reach larger sizes and grow faster than males. This sexual dimorphism in A. narinari was reported in fishery-dependent studies (Cuevas-Zimbrón et al., 2011; Tagliafico et al., 2012) and is typical in myliobatiform rays (Capapé et al., 2007; Schluessel et al., 2010; Setyawan et al., 2022). Larger size of females may be attributed to the accommodation of developing young, as this feature is also common for many viviparous shark species (Cortés, 2000). k estimates (0.30 year-1 in females and 0.28 year-1 in males) fall within the 0.2–0.3 range theorized for rays by Holden (1974) but are relatively high compared to other myliobatiform ray species (Table 7). However, all these studies used vertebral ageing methodology with the possible limitations mentioned previously in band pair periodicity validation; thus, the resulting growth parameters of these previous studies should be carefully considered. All other things being equal, a higher k means that on average, the individuals approach their DW∞ relatively faster, resulting in earlier age at maturity and shorter theoretical longevity. Our results suggest A. narinari matures at 2–3 years old, which is half the age previously proposed (4–6 years old) in the previous IUCN assessment (Kyne et al., 2006). However, this previous estimate was based on A. ocellatus in Australian waters (Last & Stevens, 2009) which has since been re-described as a distinct species from A. narinari (White et al., 2010) and is known to reach larger sizes (Kyne et al., 2016). Likewise, theoretical longevity appears to be shorter than previously thought, 14–15 years instead of 20–25 years estimated by Dubick (2000). Such life history parameters might be beneficial to the species’ resilience since fast-growing species are theoretically less susceptible to overfishing. Nevertheless, A. narinari is still characterized by a low reproductive potential with a long gestation and small litters (Swider et al., 2017).


Table 7 | Von Bertalanffy growth parameters estimated in Myliobatiformes using vertebral ageing.



As highlighted in the recent IUCN assessment (Dulvy et al., 2021), A. narinari population trends are inferred from limited landings data and remain uncertain in many parts of its range. Stock assessments ideally rely on both fisheries and biological data related to survival and reproduction of the species. The parameters estimated in this study (i.e., DW∞, k, size at birth, age at sexual maturity and longevity) contribute to refine our current knowledge of A. narinari life history (Table 1) and constitute helpful data to fisheries stock assessments as they can be utilized to compute essential demographic parameters, such as natural mortality (Dureuil & Froese, 2021; Dureuil et al., 2021). As regional variability may exist between distinct populations (King & McFarlane, 2010; Bradley et al., 2017), life history parameters estimated in this study are thought to be relevant at least to the Gulf of Mexico and the Caribbean Sea regions where targeted, intensive, and unregulated inshore fisheries occur (Cuevas-Zimbrón et al., 2011; Tagliafico et al., 2012; Cuevas et al., 2013).



Differences observed between aquarium and wild rays

With Bayesian estimates of DW∞ = 166.9 cm and DW∞ = 136.2 cm for females and males respectively, aquarium rays in this study were characterized by smaller asymptotic sizes than wild rays (DW∞ = 225.7 cm and DW∞ = 187.6 cm). The complementary growth analysis using multiple measurements for each ray yielded mean DW∞ estimates (μ∞  = 225.9 cm and μ∞  = 145.9 cm) falling closer to those estimated in wild rays, but indicated a substantial individual variability in growth trajectory, especially in females. However, a potential limitation in this analysis lies in the k parameter which is assumed to be constant across all rays, whereas DW∞ and k are inherently negatively correlated. Considering the high variability in the small female sample, the potential limitation of a constant k parameter with variable individual DW∞, and ease of comparison between A. narinari populations, we used the Bayesian estimates to derive the von Bertalanffy growth curves and the life history traits of the aquarium population. While these suggest a slower growth trajectory compared to wild rays, information communicated by the AZA facilities indicated growth variability across the aquariums, with some individuals demonstrating similar maximum sizes and growth rates (Swider, unpublished data) to wild rays. Data from the AZA survey and GAI rays also indicated similar sizes at maturity for both sexes compared to wild rays, suggesting A. narinari maturation is dependent on size rather than age. The same observation was made by Henningsen & Leaf (2010) who studied Hypanus americanus in captivity and found sizes at maturity similar to those reported in the wild. In the present study, this means GAI rays reach maturity later than wild rays.

It is well documented that animals managed under human care, sharks and rays included, can exhibit different life history traits compared to their wild counterparts (e.g., Cailliet et al., 1992; Kusher et al., 1992; Mollet et al., 2002; Braccini et al., 2010; Ezcurra et al., 2012). Growth rates in ectotherms are highly plastic in response to changes in temperature, resource availability, or density and life history trade-offs are expected in stable versus stochastic environments (Gotthard, 2001; Audzijonyte et al., 2016). The most likely explanation for the lower growth rates in aquarium A. narinari in this study is the year-round lower water temperatures maintained in the GAI Ocean Voyager exhibit (24-25°C). Along the Gulf coast of Florida, A. narinari has been shown to use only a portion (18-34°C) of the available thermal regime available (8-34°C), and rays were mostly observed when sea temperature was above 25°C, suggesting a preference for warm waters (DeGroot et al., 2021).

Food availability can be a limiting factor for ectotherms needing to invest energy into growth, although it should be noted that optimal growth is not the same as maximal growth (Gotthard, 2001). While consumption rates for this species are unknown in the wild, daily rations for aquarium A. narinari (1.5-5% BW/d) exceeded recommendations (0.6-0.9% BW/d for adults) based on data for other species of elasmobranchs (Janse et al., 2004). Similarly, the diets of the aquarium rays were formulated to closely approximate the nutrient composition and energy density of A. narinari prey sampled in Sarasota Bay (L. Hoopes, unpublished data). Daily, stable, year-round targeted feeding of rays at GAI suggest that food availability is not limiting adequate growth as animals are reaching maturation at similar sizes to wild cohorts. In the wild, density or animal abundance can impact resource acquisition through competition for resources, shaping growth rates among fishes (e.g., Huntsmann et al., 2021), although it is difficult to empirically identify density dependent factors as a specific drivers of growth or other life-history characteristics (Audzijonyte et al., 2016). Invertebrate prey availability in Sarasota Bay is abundant and individuals can consume up to 12 different species of gastropod and bivalve prey based on stomach content analysis (K. Bassos-Hull, unpublished data), making Sarasota Bay a productive seasonal habitat for foraging. A more comprehensive understanding of the diet, feeding ecology, and energetic requirements of A. narinari would help discern the role of food intake on growth.

Bayesian growth estimates suggest a decreased longevity for aquarium rays compared with wild animals, which is a direct result of lower asymptotic sizes. However, longevity estimates based on the von Bertalanffy parameters reflect a mean maximum age in the population, and here credible intervals considerably overlap between aquarium and wild rays (Table 6). Some studies, both in wild and aquarium contexts, have reported older rays than the longevity estimated from their von Bertalanffy parameters (Henningsen & Leaf, 2010; Vaudo et al., 2018). Likewise, several A. narinari managed under human care have lived upwards of 20 years of age (Table 2; D. Swider, personal communication), even exceeding the longevity estimated in the wild. Many animals, including elasmobranchs, have longer lifespans under human care due to readily available veterinary care, a constant supply of quality food, and freedom from predators, diseases and other pressures (Tidière et al., 2016; Grassmann et al., 2017). Conversely, elasmobranchs may also be exposed to a variety of stress-inducing variables in aquaria which may affect their health. A. narinari populations in aquarium settings have been plagued by gill parasites which can cause premature mortality (Nolan et al., 2016). As aquarium facilities perfect ideal habitat conditions and successful reproduction continues to occur in A. narinari housed in aquaria, more definitive maximum longevity for this species may be determined in the future.



Potential limitations in this study

The methods and data we used in this study have some limitations. We filtered out observations with times at liberty smaller than 90 days and one ray which displayed no growth in five months. This was out of concern of the undue impact on the estimations such zero, or even potential negative, observed growth data points can have. These would indeed bias the fitted von Bertalanffy curves downwards, especially given the small sample sizes. This filtration was a simple device to somewhat address this robustness issue. Methods which can accommodate such observations should be explored in future work.

More importantly, the estimated growth trajectories and population comparisons rely on the validity of the von Bertalanffy model itself. While we did not find any particular departures from this assumed model in our data, other more flexible models such as Gompertz or Richards growth functions (Richards, 1959; Baker et al., 1991) would be worth exploring in future analyses. Another important limitation is the Gaussian distribution assumption for all error terms (likelihood) and for the random effect on DW∞ for aquarium rays. Admittedly, such an assumption is often made out of convenience for ease of implementation, computation, and interpretation. However, we found model residuals to be roughly symmetrically distributed around 0 with no concerning values, and the Gaussian random effect on DW∞ does yield individual-specific von Bertalanffy curves which cover well the range of observed lengths (Figure 2).

Perhaps the most important limitation in this study lies in the small sample sizes. This affects both frequentist and Bayesian approaches, albeit in different ways. For the former, as noted by Dureuil et al. (2022), maximum likelihood estimates can become unreliable with extremely small samples. This is likely the case with the unrealistically large k we obtained for aquarium females (with n=6). Another direct impact of small sample sizes is a potentially low test power when comparing populations. Here, all LRTs pointed to significant differences, even when using a parametric bootstrap for computing p-values. Thus, we have some confidence that differences at the population level are strong enough to be reflected in our small samples here. For the Bayesian approach, the impact of the sample size is to be balanced with the amount of information supplied by the prior distributions. The specification of meaningful priors is always delicate, but even more so when the sample is small as there is a risk that the prior may be too concentrated relative to the likelihood and thus may contribute to estimation and inference more than intended. Even though our prior distributions are somewhat informative, we believe we avoided such a problem. The AZA-SSP survey supplied reliable information, in particular about the maximum observed lengths, on which we based our priors following Dureuil et al. (2022). The resulting lognormal distributions for DW∞ cover a realistic range of values while being adequately wide given our uncertainty. In addition, the comparison of prior densities and posterior histograms (Supplementary Figures 3.1–3.4) confirms that our priors generally do not drive estimation and inference too much. A good illustration of this sample-prior balance is the realistic k Bayesian estimate we obtained for aquarium females, where frequentist estimation seemed to break down as noted above. This sample-prior balance does however come with drawbacks, here manifested in the BF values (Table 4). With priors specified under equality of growth parameters (model M0) reasonably wide to reflect our uncertainty, for all comparisons except the wild versus aquarium males, there is likely not enough evidence in the data, with such small sample sizes, to warrant the more complex model M1. In other words, when comparing with the LRT values, the differences between populations appear not strong enough to counteract the uncertainty embedded in our priors in M0 and M1. The fact that the only large BF value happens for the wild versus aquarium males comparison, where the group sizes are largest here, hints that this is most likely an issue of low test power.



Conclusion

Globally, the spotted eagle ray species complex (White, 2014) have come under increased threats from targeted fisheries and bycatch as well as habitat loss and range reduction which resulted in upgrading their IUCN Red List status, in the case of A. narinari, to “Endangered” (Dulvy et al., 2021). The evaluation assessments to categorize the IUCN Red List threat level requires reliable life history metrics such as age at sexual maturity and longevity which we were able to present. A. narinari likely grows faster and matures earlier than previously thought when comparing mark-recapture growth to vertebral banding estimates. While this may benefit the species from a fishery take perspective, other parameters such as longevity are more complicated to measure. Longevity estimates can take decades to evaluate and highlights one benefit of long term tagging studies and monitoring animals in aquariums to arrive at these estimates. The research presented in this study highlights the positive outcomes of collaborating with aquariums and how comparing in situ and ex situ individuals benefits conservation research.
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As assisted sexual reproduction interventions continue to become embedded within coral reef restoration initiatives, it is important to understand the potential for trade-offs between key traits like reproductive output and disease resistance. Oocyte size and fecundity, quantitative measures of reproductive output and important life-history traits, can be used as proxies for coral reproductive success and health. Sexual reproduction, particularly gametogenesis, is an energetically costly process and at the physiological level, trade-offs are caused by competitive allocation of limited resources to various functions. However, resource allocation trade-offs may also have a genetic basis, and thus, different genets may differ in these aspects. Therefore, the purpose of this study was to assess the reproductive output of A. cervicornis genets with known white-band disease resistance or susceptibility by quantifying the number and size of oocytes within colonies maintained within Mote Marine Laboratory’s offshore coral spawning nursery in the Lower Florida Keys, USA. We also quantified the number of eggs and sperm packaged within gamete bundles that were collected during the August 2020 spawning event. Consistent with previous studies, we found a positive correlation between colony size and fecundity. Interestingly though, we found no evidence for a trade-off between disease resistance and reproductive output and instead found a negative correlation between disease susceptibility and oocyte size. These data are relevant for population management interventions and for managing broodstock used for active restoration where a suite of corals with different genotypes and phenotypes are continuously propagated and outplanted. Having a more comprehensive understanding of the fitness differences among candidates can help guide such efforts and ensure that a diversity of fit genets is used for restoration, which should ultimately support greater adaptive potential and population resilience.
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1 Introduction

Coral reefs are among the most biodiverse ecosystems on Earth, providing a multitude of critical environmental services and functions (Pratchett et al., 2014; Hoegh-Guldberg et al., 2019; Robinson et al., 2022). Despite their integral role in maintaining healthy marine communities, scleractinian corals continue to decline in abundance and health at unprecedented rates as a result of global and local stressors (Hoegh-Guldberg, 1999; Hughes et al., 2003; Hughes et al., 2017; Hughes et al., 2018). As such, they too are facing the biodiversity extinction crisis that our planet is currently experiencing. To prevent the complete collapse of these vital ecosystems, concerted efforts at all levels -from local to federal to international- are being made to intervene before it becomes too late to rescue them from the brink of extinction.

Active coral restoration has emerged as a promising interim strategy to promote faster population and reef recovery by rapidly increasing coral cover (Lirman et al., 2010; NMFS, 2015; Caruso et al., 2021), as well as increasing the genetic diversity and adaptive potential of restored populations (Boström-Einarsson et al., 2020), while efforts within the regulatory arena continue to address the source(s) of coral decline. Integrating basic and applied sciences is necessary to identify gaps in our knowledge, formulate strategies, test potential solutions, and apply interventions supporting coral reef restoration. Some public and/or non-profit organizations like zoos and aquariums have a unique opportunity to conduct both basic and applied research in a way that facilitates faster implementation of tested ideas. For example, Mote Marine Laboratory and Aquarium in Florida (USA) is an independent, nonprofit marine research institution that hosts more than 25 marine-related research programs focused on sustainability and conservation, as well as a public aquarium dedicated to marine science education and outreach. It is an AZA-accredited (Association of Zoos and Aquariums) institution and is home to one of the world’s most comprehensive, science-based coral reef restoration programs. This program has the ability to carry out every aspect of coral restoration, in-house, and integrates coral reef scientists and experts from a diversity of disciplines to conduct research on -or apply interventions related to- asexual coral propagation (Schopmeyer et al., 2012; Forsman et al., 2015; Page, 2015; Schopmeyer et al., 2017; Page et al., 2018; Koch et al., 2021b; Merck et al., 2022), sexual coral propagation (Koch, 2021a), disease (Klinges et al., 2020; Clark et al., 2021; Williams et al., 2021), ocean acidification (Hall et al., 2015; Page et al., 2021), thermotolerance, symbiosis (e.g., (Klepac et al., 2015)), resilience screening (Muller et al., 2018), outplanting, coral reef monitoring, gene banking, land and field nursery management (Merck et al., 2022), and the culture/distribution of benthic invertebrate grazers across the reef tract (e.g., (Spadaro and Butler, 2021)).

Since 2008, Mote scientists have planted more than 157,000 corals of multiple native species and more than 325 genetic varieties (‘genets’) to restore depleted reefs in Florida. Since 2018, it has produced (via assisted sexual reproduction) more than 10,000 new genets of various threatened stony coral species for research and active restoration. Mote scientists developed the micro-fragmentation/coral reskinning methodology for restoration purposes (Forsman et al., 2015; Page, 2015; Page et al., 2018) and documented the first outplants (created using this technique) of a slow-growing massive coral species to reach sexual maturity and spawn after being restored in nature -and in record time (Koch et al., 2021a). Mote partners with NOAA, the Florida Keys National Marine Sanctuary (FKNMS), and others to carry out Mission: Iconic Reefs, which is an unprecedented effort to restore seven ecologically and culturally significant coral reefs within the Florida Keys National Marine Sanctuary. It is also a part of the AZA-Florida Reef Tract Rescue Project, a conservation network of zoos and aquariums focused on the rescue, housing and future propagation of Florida corals affected by stony coral tissue loss disease. Integral to these missions, and to the restoration of Florida’s Coral Reef as a whole, is sexual propagation of corals, also referred to as assisted sexual reproduction (ASR) or managed breeding.

Sexual reproduction is absolutely critical to the long-term persistence of any species, including stony corals (Baums et al., 2019). It is an important source of genetic variation that can increase the adaptive potential and resilience of a population. Unfortunately, though, many of Florida’s most important reef-building or habitat-providing species are experiencing persistent recruitment failure and new generations of coral offspring are failing to show up on reefs (Hughes and Tanner, 2000; Williams et al., 2008; van Woesik et al., 2014; Miller et al., 2018). Causes are attributed to factors including Allee effects (e.g., sperm limitation) where populations of broadcast spawning species are too sparse to support successful fertilization during annual reproduction events (Levitan et al., 2004), disruption in cues used for regulating the timing of gamete release resulting in asynchronous spawning (Shlesinger and Loya, 2019), as well as reductions in the availability of suitable settlement habitat for coral larvae due to a phase shift from coral-dominated to algal-dominated benthic communities on reefs in the Caribbean region (Hughes, 1994; Pandolfi et al., 2003). As a result, scientists and practitioners are having to step in to carry out ASR in the lab to ensure the benefits of sexual reproduction are realized for restored populations. As ASR interventions continue to become embedded within coral reef restoration initiatives (Calle-Trivino et al., 2018; Randall et al., 2020), it is important to understand the potential for trade-offs between key traits like reproductive output and disease resistance.

One of the primary goals of coral restoration is to create restored populations with enough genotypic and phenotypic variation so that they can effectively respond to changing environmental conditions (Baums et al., 2019). Whether outplanting or breeding corals for restoration, it is important to consider a wide range of fitness-related traits (i.e., phenotypes) and the potential for trade-offs. Oocyte size and fecundity are quantitative measures of reproductive output and represent important life-history traits. As such, they are often used as proxies for coral reproductive success and health (Kojis and Quinn, 1985; Ward and Harrison, 2000; Graham and van Woesik, 2013; Alvarez-Noriega et al., 2016; Paxton et al., 2016; Pratchett et al., 2019; Foster and Gilmour, 2020). Sexual reproduction, particularly gametogenesis, is an energetically costly process and at the physiological level, trade-offs are caused by competitive allocation of limited resources to various functions. However, resource allocation trade-offs may also have a genetic basis, and thus, different genets may differ in these aspects. Therefore, the purpose of this study was to assess the fecundity of a number of Acropora cervicornis genets previously identified as being white-band disease resistant or susceptible (Muller et al., 2018), and which are actively being used for asexual and sexual propagation activities associated with Mote’s ongoing restoration efforts on Florida’s Coral Reef.

Once dominant on Florida’s Coral Reef (Precht et al., 2002), A. cervicornis has experienced a 95% population reduction in recent decades (Acropora Biological Review Team, 2005) as a result of concurrent local and global stressors including habitat degradation, bleaching events associated with increasing sea-surface temperatures, and incidences of infectious disease (Hemond and Vollmer, 2010; Gignoux-Wolfsohn et al., 2012; Enochs et al., 2014; Drury et al., 2016; Precht et al., 2016; Goergen et al., 2019). Outbreaks of white-band disease in late 1970’s and early 1980’s are responsible for mass mortality events (Aronson and Precht, 2001), and occurrences are still present (Williams and Miller, 2012; Miller et al., 2014), despite there being only a few wild populations remaining in Florida. Nonetheless, variability in susceptibility to the disease exists (Vollmer and Kline, 2008) and some genets appear disease resistant (Muller et al., 2018). While the mechanisms conferring this resistance (Klinges et al., 2020), and whether it is heritable, are areas of active research, these genets have been incorporated into ongoing restoration efforts to promote the survival of restored populations. Because previous research did not find evidence of a trade-off between disease resistance and temperature tolerance (Muller et al., 2018), we wanted to extend this investigation to consider other key traits, specifically reproductive output. We hypothesized that if a trade-off exists between disease resistance and reproductive output, colonies of disease resistant genets may produce fewer or smaller eggs, when controlling for colony size, which is known to positively correlate with fecundity in many cases (Sakai, 1998b; Nozawa and Lin, 2014).



2 Materials and methods


2.1 Colony morphometric and health assessments

Acropora cervicornis (Order: Scleractinia) is a hermaphroditic broadcast-spawning species with an annual reproductive event typically following the August full moon in the western Atlantic region (Szmant, 1986; Harrison and Wallace, 1990). In the weeks preceding the predicted mass spawning event, we assessed the size and health of ten replicate adult colonies of Mote genets 1, 3, 7, 13, 31, 34, 41, 44, 47, 50, 62, and 63 (Muller et al., 2018) held within Mote Marine Laboratory’s offshore spawning nursery at Sand Key (see Table 1). White-band disease resistant genets include 3 and 7, while genets 1, 13, 41, 44, 47, 50, 62 and 63 are white-band disease susceptible (Muller et al., 2018). Susceptibility was quantified as the probability of disease on a scale of 0 (resistant) to 1 (highly susceptible) (see Muller et al., 2018). We measured the size (dimensions, cm) of the 120 colonies by using a PVC ruler to obtain maximum length (L), perpendicular width (W), and height (H), measured perpendicular to the plane of the benthic substrate. To calculate colony volume (cm3), we used the following ellipsoid formula to account for the morphology of this branching species (Kiel et al., 2012; Huntington and Miller, 2014):

	


Table 1 | Mean values for all metrics.



We visually assessed the condition of every colony to ensure we were working only with apparently healthy corals (i.e., no paling, bleaching or active disease). The other purpose of these assessments was to identify a subset of colonies of sexually mature (puberty) size to be used for this study since sexual maturity is size-dependent in stony corals (Szmant, 1986; Babcock, 1991; Soong and Lang, 1992) and reproductive output (i.e., fecundity) can be negatively impacted by poor colony health (Rinkevich, 1996; Ward and Harrison, 2000; Borger and Colley, 2010; Graham and van Woesik, 2013; Paxton et al., 2016). For the primary fecundity analysis, we selected five healthy replicate colonies per genet that were above the estimated reproductive size of this species, which is approximately 25-30 cm maximum diameter or ~5,000-10,000 cm3 (Soong and Lang, 1992; Schopmeyer et al., 2017).



2.2 Sampling and fragment decalcification

After the initial assessments, we returned to the nursery to randomly sample three fragments per five replicate colonies from all 12 genets (N=60 colonies, N=180 fragments). We removed branch fragments approximately 10 cm in length from the central (oldest) region of the colony (Foster and Gilmour, 2020) using bone cutters and then transported them back to the lab where the top 2-3 cm ‘sterile zone’ (Wallace, 1985; Soong and Lang, 1992) of each fragment was removed before placing it in a 50 mL falcon tube with a 10% formalin solution that was prepared using filtered seawater. After 48 hours of fixing at room temperature, we triple rinsed each fragment and its tube with DI water and then resubmerged each fragment in its tube with a 5% hydrochloric acid (HCl) solution to initiate skeleton decalcification. After another 48 hours, we replaced the 5% HCl solution with 10% HCl and refreshed it every 2-3 days until fragments were fully decalcified. Decalcified fragments were again triple rinsed with DI water and then preserved in a 70% ethanol solution until they were dissected, which was typically within 72 hours. Before decalcification, we recorded the number of polyps per unit colony surface area (1 cm2), which was measured from the base of each sampled fragment.



2.3 Fragment dissections and fecundity measurements

Under a dissecting microscope, we used a scalpel to make a longitudinal incision along the tissue sample to expose the interior of the fragment and randomly select five polyps for extraction. From each of the five polyps (N=900 polyps), we counted the total number of late Stage III and early Stage IV oocytes (Szmant, 1986; Foster and Gilmour, 2020) to determine polyp fecundity (see Table 1). We then randomly chose five oocytes per polyp to quantify their size using a compound microscope (4x objective lens) and 10x ocular micrometer (40x total). For each oocyte, we measured its longest diameter (d1), its shortest diameter (d2), and used the formula for a prolate spheroid, including a calibration factor, to calculate oocyte volume (mm3) (Vargas-Angel et al., 2006; Okubo et al., 2007; Borger and Colley, 2010) (see Table 1). The formula is as follows:

	

Total colony fecundity was calculated as: (colony volume) x (mean number of polyps per unit area) x (mean number of oocytes per polyp) x (mean oocyte volume per polyp).



2.4 Coral spawning and gamete bundle fecundity measurements

A few days before the August full moon, we transported replicate adult colonies of Mote genets 1, 3, 7, 13, 34, 44, 47, 50, and 62 (N=53 total colonies) from the Sand Key spawning nursery to Mote’s Elizabeth Moore International Center for Coral Reef Research and Restoration on Summerland Key, FL. All colonies were healthy, of puberty size, and gravid (see Table 1). We did not bring in genet 41 for spawning because we determined from the fragment fecundity analysis that no colony of genet 41 was gravid (i.e., did not contain gametes). Furthermore, in between when colonies were sampled for the fragment fecundity analysis and brought in for spawning, the entire coral tree containing genet 31 was lost due to a failure of the line securing the tree to the seafloor anchor, presumably as a result of turbulent weather. We instead brought in five healthy, puberty-sized, gravid colonies of genet 31 from Mote’s Looe Key spawning nursery (herein referred to as ‘genet 31L’) which is approximately 30 miles northeast of Sand Key.

On land, corals were held in round fiberglass flow-through mesocosms (1,800 L volume) with aeration and filtered seawater pumped in from the adjacent canal (ambient seawater temperature of ~28°C, pH 8, and salinity ~36 ppt). Two genets were held within each mesocosm and separated by mesh barriers (110 µm) that allowed seawater -but not gamete bundles- to flow through. We monitored the corals for spawning over a 7-night period following the August 3rd full moon. On the first night a genet had a full spawn, we randomly sampled 40 intact gamete bundles at the water’s surface using a 1 mL transfer pipette. Which colonies the gamete bundles could have come from was recorded. Each gamete bundle, in approximately 0.5 mL of seawater, was placed into a 3 mL glass vial and inverted multiple times to break up the bundle and release the eggs from sperm. We then immediately added ~2 mL of a 10% formalin in seawater solution to fix the gametes. The vials were placed in a box without exposure to light and stored at room temperature until sperm concentrations could be quantified a week later. The eggs are visible with the naked eye and two independent observers counted the total number of eggs per bundle in each vial, with a third observer replicating counts if different values were obtained from the first two observers (Table 1). Replicate sperm counts (n=4) per sample were measured using a hemocytometer and compound microscope (Table 1). The total number of sperm per bundle was calculated by multiplying the sperm concentration (per mL) by the total volume of the vial.



2.5 Data analyses

We performed all statistical analyses in R v.4.0.3 (R Core Team, 2020). After sampling, it was determined that genets 44 and 47 were clones, as were 62 and 63. Thus, we combined data for each set of genets and maintained genet names 47 and 62 for the analyses herein. As previously mentioned, for genet 31, the fragment fecundity analysis is based on colonies collected from the Sand Key spawning nursery, while the gamete bundle fecundity analysis is based on colonies collected from the Looe Key spawning nursery. Data were checked for normality using the Shapiro–Wilk test and for equality of variance using Levene’s test or the Fligner-Killeen test if data were not normally distributed. Non-parametric tests were used when data violated assumptions of normality.


2.5.1 Fragment fecundity analysis

To compare across genets (a) the size of parent colonies, (b) the number of polyps per unit area, and (c) total colony fecundity, we used an omnibus test (Kruskal-Wallis) followed by Dunn’s post-hoc test with the Bonferroni correction factor to identify significant pairwise differences. To explore the direction and strength of association between the various numeric variables, we constructed a correlogram (correlation matrix) and conducted (non-parametric) pairwise correlation tests to determine Spearman’s rank correlation coefficients (rho) for each pair of variables. Conducting multiple pairwise tests can result in Type I error, so to evaluate the robustness of our results, we used regression analyses to describe the dependency of our numerical response variables (oocyte number or size) on our predictors (colony size, genet, disease susceptibility). Post-bleaching disease susceptibility values were obtained from Muller et al., 2018. We conducted model fitting and stepwise selection of predictors using model parsimony (Akaike information criterion, AIC) to select the best fit model of our data.



2.5.2 Gamete bundle fecundity analysis

We used similar statistical tests for the gamete bundle fecundity analysis except that regression analyses could not be used owing to insufficient replication at the colony level so omnibus and post-hoc tests were used to evaluate genet-specific differences for the response variables of total eggs and sperm per bundle.





3 Results


3.1 Parent colony size

Colony sizes significantly differed across genets (Kruskal-Wallis: X2 = 27.89, d.f. = 9, p-value< 0.001) with genet 41 being significantly smaller than 31, 50, and 62 (post-hoc Dunn test with Bonferroni correction factor: p-adj. = 0.00772, 0.00801, 0.01918, respectively) (Figure 1A). Initial colony size ranged from 15 to 30 cm diameter when the coral spawning nursery was assembled in August 2019 so final colony sizes are likely a reflection of the initial starting size and inherent differences in growth rates.




Figure 1 | Parent colony size and number of polyps per unit area for ten A. cervicornis genets as part of the fragment fecundity analysis. (A) Colony sizes significantly differed across genets with genet 41 being significantly smaller than 31, 50, and 62 (statistics in text). Lowercase letters (a, b) indicate the results of the post hoc test where genets with the same letter are not statistically different. The gray shaded region within the black dashed lines represents the estimated puberty size predicted for this species, which is approximately 25-30 cm in diameter, or ~5,000-10,000 cm3. (B) The number of polyps within an area of 1cm2 significantly differed across genets (statistics in text) with differences attributed to the variation observed in the size and spacing of polyps.



The number of polyps cm-2 significantly differed across genets (Kruskal-Wallis: X2 = 75.43, d.f. = 9, p-value< 0.0001) with genet 62 having significantly fewer polyps per unit area than all other genets except 13 and 50, and with genet 13 having significantly fewer polyps per unit area than genets 1, 34 and 47 (Dunn test with Bonferroni correction: p-adj. for 62:1 = 0.0; 62:3 = 0.0002; 62:7 = 0.0053; 62:31 = 0.0021; 62:34 = 0.0; 62:41 = 0.0246; 62:47 = 0.0; 13:1 = 0.0301; 13:34 = 0.0283; 13:47 = 0.0103) (Figure 1B). These differences are attributed to the variation observed in the size and spacing of polyps for the different genets. For example, genets with fewer polyps per unit area were observed to have either larger polyps or larger spaces between polyps [e.g., (Sakai, 1998b)].



3.2 Correlations

Among the numeric variables, we found multiple significant positive and negative correlations (Figure 2). Consistent with similar studies, we found a significant positive correlation between colony size and fecundity (i.e., number of oocytes per polyp) (rho = 0.55, p-value< 0.0001) indicating that larger colonies are more fecund (Figure 2B). We also found a significant positive correlation between fecundity and oocyte size (rho = 0.34, p-value< 0.05) suggesting that colonies with more eggs also had larger eggs (Figure 2H). There was a significant negative correlation between number of polyps per unit area and polyp fecundity (rho = -0.33, p-value < 0.01; Figure 2E), suggesting that the more, and potentially smaller polyps there were in a unit area, the fewer oocytes there were in each of those polyps. Finally, there was a significant negative correlation between oocyte size and disease susceptibility (rho = -0.52, p-value< 0.01) suggesting that more disease susceptible corals produced smaller eggs (Figure 2J).




Figure 2 | Correlogram (correlation matrix) displaying the relationship between each pair of numeric variables as part of the fragment fecundity analysis. (A) Colony Size & Polyps Per Unit Area; (B) Colony Size & Polyp Fecundity; (C) Colony Size & Oocyte Size; (D) Colony Size & Disease Susceptibility; (E) Polyps Per Unit Area & Polyp Fecundity; (F) Polyps Per Unit Area & Oocyte Size; (G) Polyps Per Unit Area & Disease Susceptibility; (H) Polyp Fecundity & Oocyte Size; (I) Polyp Fecundity & Disease Susceptibility; and (J) Oocyte Size & Disease Susceptibility. Disease susceptibility, quantified as the probability of disease, ranges from 0 (maximum resistance) to 1 (maximum susceptibility) (see Muller et al., 2018). Scatterplots for each pair of variables is mirrored by visualization of the correlation coefficient including the direction (color) and strength of the association (color intensity). Blue indicates a positive association/correlation while red represents a negative one. Color intensity is proportional to the correlation coefficient where dark blue or red indicates a stronger association and vice versa. For each pair of variables, we calculated rank-based correlation coefficients using Spearman’s rho (r). The significance of the correlation is indicated by the p-value. Significant correlations are bold in the correlogram.





3.3 Reproductive output and total colony fecundity

To visualize the relationship between mean oocyte number and size for each genet, as well as across genets, we plotted data from our fragment fecundity analysis (Figure 3A). For the trait of polyp fecundity, we found that it depended on genet and colony size (LM: F10,49 = 4.84, p-value< 0.0001) with genet 34 being the least fecund (p-value< 0.05). Visualization of the model revealed a positive association between colony size and fecundity, which is consistent with our correlation analysis. For the trait of oocyte size, we found that it depended on genet and disease susceptibility (LM: F5,24 = 2.77, p-value< 0.05) with genet 3 having the largest eggs (p-value< 0.05). Visualization of the model revealed a negative association between disease susceptibility and oocyte size, which again is consistent with our correlation analysis.




Figure 3 | Relationship between mean oocyte size and number, as well as total colony fecundity, for nine A. cervicornis genets. (A) Significant predictors of polyp fecundity (mean number of oocytes per polyp ± s.e.m.) included genet (LM: F = 4.89, p-value< 0.001) and colony size (LM: F = 8.63, p-value< 0.01). Significant predictors of mean oocyte size ± s.e.m. included genet (LM: F = 4.84, p-value< 0.01) and disease susceptibility (LM: F = 13.41, p-value< 0.001). Genets 3 and 7 are disease resistant. Genet 3 had significantly larger eggs while genet 47 had the smallest. Genets 31 and 62 were the most fecund while genet 34 was the least fecund. (B) Total colony fecundity did not significantly differ across genets (statistics in text), likely due to high variability in the data, but genets 3 and 31 had the highest median values relative to the other genets. Genet 41 was not gravid and therefore not included in either of these analyses.



Total colony fecundity (TCF) per replicate colony and genet was calculated by multiplying all parameters for the fragment fecundity analysis including colony size, mean polyps per unit area, mean polyp fecundity, and mean oocyte size. Genets 3 and 31 had the highest median values for TCF but there were no statistically significant differences (Kruskal-Wallis: X2 = 12.12, d.f. = 8, p-value = 0.1444) (Figure 3B).



3.4 Gamete bundle fecundity

As a secondary assessment of fecundity, we quantified the total number of eggs and sperm within replicate gamete bundles collected from each genet during spawning. The colonies used for the fragment fecundity analysis were not necessarily the same as those brought in for spawning and used for the gamete bundle fecundity analysis, so we measured the size of these parental colonies and found no significant differences among genets (Kruskal-Wallis: X2 = 11.97, d.f. = 8, p-value = 0.1526) (Figure 4A). This is likely due to the high variability among replicate colonies within genets; variances did not significantly differ either (Levene’s Test: F = 1.23, d.f. = 8, p-value = 0.3245). Nonetheless, genets 50 and 62 had the highest median values for colony size, while genet 7 had among the smallest.




Figure 4 | Gamete bundle fecundity analysis for nine A. cervicornis genets. (A) Colony size of the parents that the gamete bundles were collected from did not significantly differ across genets (statistics in text). The gray shaded region within the black dashed lines represents the estimated puberty size predicted for this species. Genet 31L refers to the colonies that came from a different nursery and which represent different colonies used in the fragment fecundity analysis (see methods). (B) Correlogram (correlation matrix) displaying the relationship between each pair of numeric variables as part of the gamete bundle fecundity analysis including mean colony size, mean total eggs per bundle, and mean total sperm per bundle. Scatterplots for each pair of variables is mirrored by visualization of the correlation coefficient including the direction (color) and strength of the association (color intensity). Blue indicates a positive association/correlation; color intensity is proportional to the correlation coefficient where darker hues represent stronger associations and vice versa. For each pair of variables, we calculated rank-based correlation coefficients using Spearman’s rho (r). The significance of the correlation is indicated by the p-value. All associations were positive, although none significantly so. (C) Mean total number of eggs per bundle (± s.e.m.) and mean total number of sperm per bundle (± s.e.m.) significantly differed across genets (statistics in text).



Correlations between each pair of variables including mean colony size, mean total number of eggs per bundle and mean total number of sperm per bundle, were positive but not significantly so (Figure 4B). Nonetheless, the general pattern is that larger colonies had more eggs and sperm within gamete bundles. However, when visualizing the mean number of eggs and sperm per bundle by genet, differences do appear (Figure 4C). The total number of eggs per bundle significantly differed across genets (Kruskal-Wallis: X2 = 124.57, d.f. = 8, p-value< 0.0001) with colonies of genet 31L being the least fecund, followed by genets 47 and then 13. The total number of sperm per bundle also significantly differed across genets (Kruskal-Wallis: X2 = 124.2, d.f. = 8, p-value< 0.0001) with colonies of genet 31L being the least fecund, followed by genets 7 and then 34. Genet 3 was mid-range for egg fecundity but amongst those that had the highest level of sperm fecundity. Genet 7 was amongst those with the highest level of egg fecundity but lowest level of sperm fecundity. Genet 50 had among the highest values for both traits, which could be expected based on the larger parental colony size.




4 Discussion

The purpose of this study was to compare the reproductive output of a number of A. cervicornis genets -previously identified as either white-band disease resistant or susceptible- in order to better understand the relationship between traits used for determining which genets should be prioritized for production and used within managed breeding programs for actively restoring Florida’s Coral Reef. To promote the survival and adaptive potential of restored coral populations, many factors need to be considered when breeding and outplanting corals, including the potential for trade-offs between key traits (e.g., growth, calcification, thermotolerance, disease resistance, and reproductive output) (Baums et al., 2019; Koch, 2021b). However, the mechanism(s) underlying disease resistance remain poorly understood in corals and the potential costs of being disease resistant on reproductive output have been explored in only one other study, to the best of our knowledge. Shore-Maggio et al. (2018) found that a disease-resistant morph of the Hawaiian reef coral, Montipora capitata, had a significantly higher growth rate than a disease-susceptible morph, and that the former’s investment in growth and disease resistance did not come at a cost to establishing lipid reserves or reproductive output. The authors speculated that this could be linked to the presence of a ‘high-performance’ clade of algal endosymbiont (Cladocopium) in the disease-resistant morph (Shore-Maggio et al., 2018). We know however that the genets tested herein have historically been dominated by the same algal symbiont, Symbiodinium ‘fitti’. Muller et al. (2018) determined that no other Symbiodiniaceae clades have been detected in A. cervicornis corals in Mote’s in-situ nursery above background levels (Parkinson et al., 2018) or in other offshore colonies of the same species in the Florida Keys (Baums et al., 2010). Furthermore, the majority of the host genets tested in their study (11/15) harbored a single S. fitti strain consistently through time (strain F421), while the other four S. fitti strains were associated with a single coral genet each (see Muller et al., 2018). In fact, disease resistant genets 3 and 7 harbored F421, as did disease susceptible genets 13, 41, 44, and 47, while genets 1 and 50 harbored F419 and F423, respectively (Muller et al., 2018). For these reasons, there are no predicted differences in the clade of algal symbiont hosted by disease resistant versus susceptible genets tested within this study.

Herein, we hypothesized that if there is a cost of being disease resistant on reproductive output, then disease resistant genets would produce fewer and/or smaller eggs compared to disease susceptible ones, while taking into consideration the prediction that colony size may positively correlate with fecundity. Taken together, our results suggest that colony size, and therefore energy availability, played a large role in influencing reproductive output with regards to polyp fecundity while oocyte size was negatively influenced by disease susceptibility. Nonetheless, one genet in particular (3) emerged as being especially fit compared to the others, even though it did not have the largest median colony size. Genet 3, which appears highly disease resistant under non-bleaching and bleaching conditions (Muller et al., 2018), also produced the largest eggs, on average, and was among those with the highest values for mean polyp fecundity and total colony fecundity, making it a clear frontrunner as a candidate for restoration (i.e., asexual and sexual propagation followed by outplanting).


4.1 Colony size and genet have significant effects on polyp fecundity

Consistent with previous studies, we found an overall positive correlation between colony size and fecundity (i.e., number of oocytes within polyps) (Figure 2B) (Rinkevich and Loya, 1979; Kojis and Quinn, 1981; Brazeau and Lasker, 1990; Harrison and Wallace, 1990; Babcock, 1991; Hall and Hughes, 1996; Tanner, 1997; Sakai, 1998a; Sakai, 1998b; Beiring and Lasker, 2000; Okubo et al., 2007; Nozawa and Lin, 2014; Foster and Gilmour, 2020). This positive relationship is hypothesized to be the result of a proportional shift of energy investment from growth to reproduction with increasing colony size (Hall and Hughes, 1996). This has been supported by findings of decreasing growth with increasing colony size (Johnson, 1992; Sakai, 1998b; Beiring and Lasker, 2000; Chadwick-Furman et al., 2000; van Woesik et al., 2011), and the accumulation of an energetic surplus in larger individuals (Elahi and Edmunds, 2007), indicating that larger individuals have more energy to allocate towards reproduction. Within the present study, we would have therefore expected -based on colony size alone- that genets with the largest median colony sizes (i.e., genets 31 and 50) would be the most fecund. While genet 31 indeed had among the highest values for mean polyp fecundity, genet 50 was only mid-range, suggesting other factor(s) are influencing this trait (Figs. 1A; 3A). Similarly, we would have expected genets with the smallest median colony size (i.e., 34 and 41) to be the least fecund, and indeed we found that to be the case for genet 34, while genet 41 contained no oocytes at all despite colonies being above the minimum predicted puberty size for this species (Figs. 1A; 3A), which again indicates that genets may differ in how they allocate resources to these traits. These findings were confirmed by our regression analysis which showed that polyp fecundity depended on genet and colony size, with genet 34 being significantly less fecund. Not significantly different than genet 31, genets 62 and 3, had the next highest mean values for polyp fecundity, which could be in part due to their somewhat larger colony sizes (see Figure 1A).



4.2 Positive association between polyp fecundity and oocyte size

We also found evidence for a positive relationship between the number and size of oocytes produced (Figure 2H), which is inconsistent with previous predictions but consistent with a more recent study investigating these traits for Pacific acroporids (Foster and Gilmour, 2020). Oogenesis -the production of eggs- requires energy to be allocated towards both the number and size of eggs created. As such, it has been hypothesized that a trade-off between these two traits may occur where corals will either produce fewer larger eggs or more smaller eggs (Harriott, 1983; Richmond, 1987; Stearns, 1992; Hall and Hughes, 1996). Earlier studies found evidence for this pattern [e.g., (Wallace, 1985; Stearns, 1992; Harriott, 1993)], but they focused primarily on between -not within- species comparisons, as was done here. A more recent investigation into the relationship between egg size and polyp fecundity found that within six of the seven Acropora species they tested, there was not a negative correlation, suggesting that energetically constrained trade-offs may not always occur between these two traits (Foster and Gilmour, 2020).

Interestingly, genet 3 had significantly larger eggs than any other genet (Figure 3A), and despite not having the largest median colony size, it still had an elevated value for mean polyp fecundity suggesting genet 3 has several fitness advantages. Larger eggs are fertilized at a greater rate, which is predicted to be a consequence of being a larger target for sperm (Levitan, 1993; Foster and Gilmour, 2020). Furthermore, larger eggs have more stored lipids (Jones and Berkelmans, 2011), which are critical for larval survival because larvae and early recruits of most broadcast spawning scleractinians are aposymbiotic. Until they acquire their algal endosymbionts, which provide more than 90% of the coral’s nutritional requirements (Muscatine et al., 1981; Falkowski et al., 1984), the larvae must rely on the lipid stores provided by the parent. Larger lipid stores translate into larger energy reserves which can extend the larval duration period (and therefore dispersal potential), as well as lead to increased post-settlement survival (Richmond, 1987; Harii et al., 2010; Foster and Gilmour, 2020). Finally, having higher fecundity (i.e., producing more eggs) increases one’s chances of passing on their genes to the next generation. Genet 7, the other disease resistant genet, had mid-range values for these traits, including colony size, so it did not appear to be any more or less fit than the other genets in general.



4.3 Negative association between oocyte size and disease susceptibility

Interestingly, we found evidence for a negative association between oocyte size and disease susceptibility suggesting that more susceptible genets produced smaller eggs (Figure 2J). Our regression analysis revealed similar results where oocyte size significantly varied across genets and was negatively associated with disease susceptibility, with genet 47 having the smallest eggs (Figure 3A). However, we suggest that further investigation into this relationship is needed, including a sample size larger than two disease resistant genets. For example, a recently published study has identified eight additional Florida Keys genets that have a microbiome profile similar to that of the disease resistant genets used herein (i.e., 3 and 7) (Williams et al., 2022), and which represent candidates for extensions of this work to further evaluate this relationship. Microbiomes can influence host stress responses and a link between disease phenotype and coral host microbiome was revealed in a study that characterized the microbiomes associated with different A. cervicornis genets previously identified as disease resistant or susceptible (Muller et al., 2018), and which are the same genets used herein. The authors found that microbiomes of disease susceptible genets (i.e., 1, 13, 41, 44, 47, and 50) had an overwhelming dominance of the bacterial species Candidatus Aquarickettsia rohweri, while disease resistant genets (i.e., 3 and 7) were characterized by a more even and diverse microbiome, and with low abundances of Ca. Aquarickettsia (Klinges et al., 2020; Klinges et al., 2022). Ca. Aquarickettsia is an obligate, intracellular bacteria shown to possess the genomic capacity to parasitize the coral holobiont for amino acids and ATP, thereby reducing overall coral health and/or growth (Klinges et al., 2019). It is therefore hypothesized that the mechanism by which Ca. Aquarickettsia may influence disease susceptibility is through the overconsumption of host and symbiont nutritional and energy resources (Klinges et al., 2019) and can thus be used as a marker of disease susceptibility in A. cervicornis (Klinges et al., 2020). A potential explanation then for the negative association between oocyte size and disease susceptibility found herein could be that genets with an increased abundance of these parasitic bacteria (i.e., disease susceptible genets) have reduced energy reserves, which may limit allocation to oogenesis and result in smaller eggs. Smaller eggs have fewer lipid stores which can limit dispersal potential and survival. This idea merits further exploration but could indicate that there is actually a cost of being disease susceptible on reproductive output and that coral host microbiomes influence reproductive output as well.



4.4 Total colony fecundity

There were no significant differences in total colony fecundity across genets, which was estimated from all measured traits. This is attributed to the high variability within and among traits across genets. Nonetheless, genets 31 and 3 had among the highest values, which is not surprising for genet 31 given its large median colony size and increased polyp fecundity. Based on these data, it could appear that genet 31, despite being disease susceptible, is still a strong candidate for restoration (e.g., asexual propagation and managed breeding) because it is a fast grower and more fecund. While differences in parent colony sizes herein are partially attributed to differences in inherent growth rates, initial colony sizes of the fragments used to start the spawning nursery were somewhat different and ranged between 15 and 30 cm in diameter. Nonetheless, and anecdotally, we know that genet 31 is a ‘fast-grower’ based on years of propagating it in Mote’s in-situ asexual propagation nursery and managing it in the spawning nurseries.

Additionally, after multiple years and repeated (as well as replicated) attempts to cross (under standardized conditions) dams (i.e., mothers/egg donors) of genet 31 with sires (i.e., fathers/sperm donors) of genets listed herein (i.e., genets 3, 7, and 50), all crosses had abnormally high levels of larval mortality and either zero or near-zero settlement and post-settlement survival rates (Koch, unpublished data). Conversely, reciprocals of all crosses had normal levels of settlement and successfully produced sexual recruits. We also observed morphological and behavioral abnormalities in larvae from all crosses with dams of genet 31. We are researching possible explanations for these observations, but our preliminary evidence highlights the need to test other factors related to reproductive output and success such as genetics (e.g., zygotic genome activation), gamete morphology/compatibility, energetics (e.g., protein and lipid content of eggs), gamete quality (e.g., sperm motility), or other phenomena such as cytoplasmic-nuclear incompatibility. However, a logical next step in this investigation would be to carry out known successful (e.g., 31sire x 3dam) and unsuccessful (e.g., 31dam x 3sire) crosses and track embryogenesis and larval development with high temporal resolution to determine where in the post-fertilization process development breaks down. Finally, the relationship between polyp fecundity and oocyte size can change in response to stress (Jones and Berkelmans, 2011; Foster and Gilmour, 2020), underlining the need to conduct tests of these traits and their interactions under both control and stressful (e.g., prevailing in-situ) conditions.



4.5. Gamete bundle fecundity

As a secondary assessment of fecundity, we quantified the total number of eggs and sperm within replicate spawned gamete bundles for each genet and found similar trends as in the fragment fecundity analysis with respect to colony size and fecundity. Because replicate colonies of each genet were held together during spawning, and gamete bundles were randomly collected from the surface, we do not know from which colony or polyp each gamete bundle originated. This led estimates to be based on the genet level, as opposed to colony level, which reduced our replication power. However, we were still able to infer the nature of the associations between colony size, and number of eggs and sperm, which were all positive (Figure 4B) and consistent with the expectation that increased colony size leads to an increase in the energy available for oogenesis and spermatogenesis.

There was high variability in colony size within and among genets, which is attributed with the finding that there were no significant differences in median colony size across genets. However, genets 50 and 62 had among the highest values for median colony size while genet 7 had among the smallest. These differences are likely contributing to the observed differences in gamete bundle fecundity where genets 50 and 62 had among the highest number of eggs and sperm per bundle. Also with increased sperm counts were genets 13 and 3, which again highlights the fitness of genet 3. Genet 7 had among the most eggs but least sperm per bundle, relative to the other genets (Figure 4C). This result could be driven by the overall small size of the colonies (Figure 4A), but also by the fact that oogenesis begins months before spermatogenesis (Szmant, 1986; Harrison and Wallace, 1990), and in some acroporids 6-10 months beforehand (Wijayanti et al., 2019). It is thus possible the reduced energetic reserves associated with the smaller colony size were initially allocated more towards oogenesis than spermatogenesis, but this idea requires testing. Furthermore, polyp position has been shown to have an effect on fecundity in some species (Nozawa and Lin, 2014), so we cannot discount the potential contribution of this factor to our findings, but since gamete bundles were randomly collected at the water’s surface, further research is necessary to understand whether or not a similar pattern can be found in this species.

There was a noticeable difference in measures of genet 31 between the two nurseries. As previously mentioned, the entire tree of genet 31 at the Sand Key nursery disappeared after a strong storm that occurred between sampling for fragment fecundity analysis and spawning. Thus, replicate colonies of genet 31 (identified as 31L) were brought in from a different nursery location, Mote’s Looe Key nursery, which is approximately 30 miles east northeast of the Sand Key nursery location. Despite the Looe Key nursery colonies being overall smaller, there was no significant difference in mean colony size between the two sub-populations (t-test: t = -1.91, d.f. = 7, p-value = 0.113). However, genet 31L had significantly fewer eggs per bundle than all other genets, as well as significantly fewer sperm per bundle (except when compared to genets 7 and 34) (Figure 4C). Possible explanations include differences in environmental conditions between the two nursery sites that influence colony growth. Reduced nutrient availability, water quality, and light levels (i.e., increased turbidity) could restrict growth and limit overall energy available for gametogenesis (Kojis and Quinn, 1985; Harrison and Wallace, 1990). These findings suggest that the traits studied herein should be evaluated across the range of reef habitats and nursery locations that these genets exist in, in order to better project future reproductive success of restored populations composed of these genets, as well as the relative fitness of these genets under optimal versus stressful conditions, including recent and/or active disease infection.

In conclusion, these data are relevant for population management interventions and for managing broodstock used for active restoration where a suite of corals with different genotypes and phenotypes are continuously propagated and outplanted. Having a more comprehensive understanding of the fitness differences among candidates can help guide such efforts and ensure that a diversity of fit genets is used for restoration, which should ultimately support greater adaptive potential and population resilience.
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Establishing marine reserves can increase biomass and diversity relative to surrounding areas. However, such changes presumably alter species compositions, interactions, and associated demographic processes such as predation. We investigated relative predation pressure by fish inside and outside of a well-established no-take reserve using standardized predation tether units: Squidpops. We deployed Squidpops (N = 990) monitored by cameras to examine predation, as estimated by consumption rates, between paired seagrass and patch reef habitat sites proximate to the Exuma Cays Land and Sea Park, a well-enforced no-take Bahamian reserve since 1986. Surprisingly, there was no significant park effect on consumption nor observed diversity. Significantly higher consumption rates were found at patch reef sites relative to seagrass sites, occurred in association with higher fish diversity and with longer soak times. Observed fish diversity was predicted by habitat and distance inshore with more species found on patch reefs and further from the deep water Exuma Sound. Recorded fish bites were positively associated with patch reef habitat, with reef dwelling fish, and increased as the species became more commonly encountered. Deployment-specific factors, including temperature, depth, and time of day had little impact on measured predation, an expected result as the experiments occurred in similar locations over a fine temporal scale. In our experiment, ecosystem-based factors outweighed the place-based management effects that we expected from being within the oldest well-enforced no-take marine reserve in the Caribbean versus the surrounding actively fished waters. Despite well-documented increases in abundances across trophic levels from primary consumers to apex predators within the reserve, predation rates were not significantly different than adjacent areas. Evaluating the efficacy of a marine reserve in protecting vital ecosystem processes requires studies beyond abundance and diversity surveys. By focusing on predation on two of the most ubiquitous habitats throughout the region and on common species, rather than on exceptional sites and charismatic species, we reveal a process that seems relatively unchanged by strict marine conservation management.




Keywords: Squidpops, consumption, MPA, habitat complexity, coral reef, seagrass



Introduction

Marine protected areas (MPAs) are established for the purposes of biodiversity conservation and the preservation of ecologically and economically important species. Globally, MPAs can increase the abundance, size, and diversity of fish relative to pre-MPA levels or nearby fished areas (Lester et al., 2009). These are vital results given worldwide dependency on fisheries for protein (Cabral et al., 2020) and the precipitous decline in biodiversity across the planet, including within coral reef ecosystems (Hughes et al., 2017). Biodiversity increases and anthropogenic impacts decrease fish biomass (Duffy et al., 2016), thus conservation management can yield direct benefits. The management components that create an overall effective MPA include good enforcement, old-age, large-size and remoteness (Edgar et al., 2014), and evidence is continually accumulating that MPAs enhance ocean conservation (Grorud-Colvert et al., 2021) making them familiar tools as the planet’s marine ecosystems are rebuilt (Duarte et al., 2020).

Determining which habitat features boost MPA benefits is an integral part of their design. Fish diversity in shallow marine habitats is associated with higher complexity (Gratwicke and Speight, 2005a). Similarly, the features of seagrass beds that provide better structure, such as canopy height and leaves per shoot, can enhance fish abundance and diversity (Jones et al., 2021). However, over the past few decades Caribbean structural complexity has been in decline (Alvarez-Filip et al., 2009) which has resulted in broad conservation concerns about phase shifts and biodiversity loss amplified by disease outbreaks and climate change (Hughes et al., 2007; but see Bruno et al., 2009). Processes by fish communities, such as grazing, can increase structure by enhancing the recruitment of ecosystem building corals, and a protected fish population can facilitate a trophic cascade towards higher ecosystem biodiversity (Mumby et al., 2006). Further, the distribution of key species responsible for herbivory on seagrass beds can guide spatial MPA planning (Henderson et al., 2019) which protects ecosystem processes in addition to biodiversity.

The effectiveness of MPAs may vary in preserving ecosystem processes that are not accounted for through standard surveys of species abundance, diversity and benthic coverage. Tropical marine ecosystems, such as coral reefs, are often a focus of marine conservation and a recent review identified eight interacting core processes that should guide management efforts (Brandl et al., 2019). Predation is one of these key processes, thus research that links predation, biodiversity, ecosystem function and conservation management is of high value (Brandl et al., 2019).

As no-take MPAs increase the biomass and diversity of marine life, they can cause trophic cascades as predator populations recover from outside fishing pressure. Top-down control is a primary driver in reef fish community structure (Terborgh and Estes, 2013), MPAs protect exploited higher-level predators, and the functional traits and trophic level of an ecosystem can track recovery better than abundance trends (Coleman et al., 2015; Hadj-Hammou et al., 2021). In areas with long-term overharvest of piscine predators, MPAs are more likely to have higher levels of predation and maintain top-down control of the ecosystem (Boada et al., 2015). Still, increases in biomass across multiple trophic levels have been observed inside MPAs (Loflen and Hovel, 2010; Soler et al., 2015) and the same species may occupy a higher trophic level within an MPA versus surrounding areas (Dell et al., 2015).

The feeding intensity and consumption by generalist fish predators is a measurable indicator of relative predation (Duffy et al., 2015) that should change with conservation management. Through a global synthesis, Cheng et al. (2019) documented an increase of consumption pressure arising from predator accumulation within marine reserves. Higher predation rates are found in healthier habitats in MPAs with a higher biomass of piscine predators (Barley et al., 2017; Rojo et al., 2021). Predator behavior may be significantly altered within marine reserves, and bold foraging behaviors are implicated in higher consumption rates (Rhoades et al., 2019). Beyond MPAs, the relative level of predation has been shown to vary across temporal (Ritter et al., 2021), seasonal (Yarnall and Fodrie, 2020), and spatial (Rodemann and Brandl, 2017; Duncan et al., 2019) scales from experiments using general piscine feeding assays.

We examined relative predation (i.e., consumption) on two common marine benthos, patch reef and seagrass, both inside and outside an MPA to determine the effects of protection and habitat type. To do so we utilized Squidpops, a method to measure the feeding intensity of generalist predators that is cost-effective, non-invasive, and easily replicable (Duffy et al., 2015). Additionally, we deployed and analyzed video surveys at each Squidpop array. These tools yielded three variables with which to test hypotheses: relative consumption, fish diversity, and fish interactions. By comparing predation intensity across protection levels and habitat types, we aimed to investigate two main hypotheses: (H1) locations within the longstanding MPA will have increased consumption rates of Squidpops, and (H2) patch reef habitats will have increased consumption rates of Squidpops relative to seagrass habitats. Video data tested a further three hypotheses: (H3) more fish species will be observed at patch reef sites relative to seagrass, (H4) the same species will be the primary consumers of Squidpops between the park and fished areas, and (H5) fish within the park will be bolder, resulting in increased investigation and consumption of Squidpops that they encounter. Our goal is to determine the efficacy of an MPA at preserving a vital ecological process: fish predation.



Methods


Squidpops

Standardized assays of generalist predator feeding intensity, Squidpops, were built and deployed following Duffy et al. (2015). A single Squidpop consisted of a 1 cm diameter disk of dried squid (i.e., bait) tied to a 1 – 2 cm length of low-test clear monofilament and attached to a 60 cm green fiberglass stake using electrical tape. A transect of 25 Squidpops was deployed with 1 – 2 m between individual units. An underwater camera was placed towards the center of the transect where it monitored several Squidpops to approximate fish communities and fish interactions. Transects were laid out in 2 – 5 m deep water via skin diving. Transects were checked after 1 and 24 hours to determine predation intensity based on squid-bait removal. The number of Squidpops that were completely missing the squid disk was tallied in each case and observer-subjective partial removals were not counted.



Study area

Squidpops were used to measure relative predation intensity inside and outside the boundaries of the Exuma Cays Land and Sea Park (ECLSP) in the Bahamas (Figure 1). The 442 km2 ECLSP was established as a no-take reserve in 1986, making it one of the oldest and largest MPAs in the Caribbean (Chiappone and Sullivan-Sealey, 2000). Prolonged exclusion from fishing pressure within the park has resulted in a higher biomass of predatory fishes, compared with other areas, for decades (Kough et al., 2022; Chiappone and Sullivan-Sealey, 2000; Mumby et al., 2007). The ECLSP is centrally located in the Exuma Cays, an island chain containing more than 365 islands and stretching for nearly 200 km in the central Bahamas. The Exuma Cays separate the deep water Exuma Sound (> 3000 m) from the shallow (< 10 m) Great Bahamas Bank. Deployment locations were within 200 m of exposed land to focus on fringing patch reef areas potentially accessible to fishers even in adverse conditions and to include two habitat types common throughout the archipelago.




Figure 1 | Study sites for Squidpop transects were in The Bahamas (A) within the Exuma Cays. The Exuma Cays Land and Sea Park (ECLSP) is a well-enforced, no-take marine reserve in the central Bahamas (B). Paired transects of 25 Squidpops were placed on seagrass (green) and patch reef (blue) sites at 10 locations within the ECLSP (C, purple) and 10 locations south of the ECLSP (D) to test the influence of management and habitat on piscine consumption.





Habitats

Predation in seagrass and patch reef habitat was assessed within the Exumas. Seagrass habitat featured stands of Thalassia testudinum as the dominant, climax biota. Occasionally, study sites included sparse specimens of Halodule wrightii and/or Syringodium filiforme. Substrate was typically sand or course gravel. To qualify as seagrass habitat, a site had living seagrass occurring within 1 m along a 25 m length of sediment that could be easily penetrated by the Squidpop stake to a depth of no less than 10 cm. Reef habitat featured live hard corals and/or gorgonians on hard bottom that fringed softer sediment that could be easily penetrated by the Squidpop stake to a depth of no less than 10 cm. Discontinuous patches adjacent to one another were focused on, rather than continuous stands of live coral. To qualify as reef habitat, a site had live coral occurring within 5 m along the 25 m transect of the benthos.



Spatial design

The experiment was divided by two scales: location and site. Locations were separated by approximately 1 km (mean 1160 m ± SD 395 m) and spanned a 40 km range (Figure 1). An equal number of locations were within the ECLSP (N = 10) and south of the ECLSP boundary (N = 10). Each location contained a pair of habitat sites, one seagrass and one patch reef, that each received a transect of 25 Squidpops. In cases where less than 25 Squidpops were recovered, likely as a result of wildlife interactions, the consumption rate was calculated relative to the number recovered (mean recovered = 24.8 ± SD 0.49). The two sites within each location were placed within approximately 50 m of each other (mean 51.4 m ± SD 40.5 m). Transects varied in length depending on the distance between subsequent Squidpops on each transect (1 – 2 m). Unsafe conditions (e.g., high winds, waves, and currents) and unique sediment and habitat configurations precluded precisely standardized transects but having transects of a constant length or shape is not critical towards Squidpop function (Duffy et al., 2015). A GPS (eTrex 10, Garmin, Switzerland) point taken midway along the transect helped relocate each site and maintain the spatial arrangement.



Fish diversity and frequency of approaches and bites

Video footage of approximately the first hour (mean 66 ± SD 28 min) of soak time during each Squidpop transect (N = 40) was viewed to determine the number of fish morphotypes passing in front of the camera. Fish were identified to the lowest taxonomic level possible. A screenshot and video time were cataloged for each unique morphotype at each site. Cataloged morphotypes were reviewed and verified by three individuals, including an author. Indistinguishable fish were given a separate category. The same video was viewed to quantify interactions between fish and Squidpops. Two fish interactions were quantified: approaches and bites. An approach was defined as a change in behavior to inspect or avoid a Squidpop that did not result in contact. A bite was defined as direct contact between the front of the fish and either the disk of squid, the tether, or the top of the stake. Approaches and bites were tallied and pooled for each morphotype observed in the video. For statistical analysis, fish diversity and interactions were standardized by the number of Squidpops clearly visible in each video and the amount of time monitored at a site (i.e., interactions/visible Squidpops/minute). The number of observed morphotypes and fish interactions yielded data on relative fish diversity and likely consumers.



Statistical analysis

The statistical approach of Duffy et al. (2015) was followed with the addition of further explanatory factors specific to the hypotheses and environment of this study. Depth and temperature were taken while doing the one-hour check using a SCUBA dive computer. Fish behavior changes over the course of the day, so Squidpop initial deployments were restricted to approximately midday but with an opportunistic range of 11:00 thru 18:12 (mean 14:10 ± 1´50῞). An evenly split categorical factor for deployment time (levels: “Early” and “Late”, N = 20 each) was used instead of a circular factor given that deployments did not occur around the clock. The distance from each location to pelagic water defined by Google Earth’s ocean layer, travelling around islands, was included (factor “inshore”) as this has been previously shown to shape benthic populations in the area (Kough et al., 2017). A within location factor was examined to account for effects of fish traveling potentially unequal distances between the patch reef and nearby seagrass among locations. This Separation factor was the distance between the two GPS points for the deployments, although the transects were variable in shape and length. The response variable, Consumption, was calculated as the proportion of Squidpops missing at a time point (i.e., after 1 or 24 hours) versus how many were recovered after 24 hours. A factor for morphotypes observed during video recordings was included after standardizing the footage by the number of Squidpops within the visible frame and the recording time.

Mixed-effect generalized linear models (GLMM) with a binomial distribution were used to examine Consumption at each site relative to continuous factors depth, temperature, inshore, and fish morphotype diversity and the categorical factors protection (levels: “MPA” and “fished”), start time (levels: “early” and “late”), soak time (levels: “1 hr” and “24 hr”) and habitat (levels: “seagrass” and “reef”). Continuous factors were centered and scaled prior to modeling. Sampling location was included as a random effect to account for the unique weather, oceanographic, and benthic characteristics at the scale of location. Categorical interactions between Habitat and Species, Habitat and Soak Time, and Species and Soak Time were also considered. The best fit GLMM from all possible combinations was determined using corrected Aikakes Information Criterion (AICc).

A set of GLMM with a Poisson distribution were used to examine variable Morphotypes relative to continuous factors monitored Squidpops, video time length, depth, temperature, and inshore, and the categorical factors protection (levels: “MPA” and “fished”), start time (levels: “early” and “late”), and habitat (levels: “seagrass” and “reef”). A Poisson distribution was used given that the response variable was non-zero counts. Continuous factors were centered and scaled prior to modeling. Categorical interactions were also considered. Sampling location was included as a random effect to account for the unique weather, oceanographic, and benthic characteristics at the scale of location. The best fit GLMM from all possible combinations was determined using AICc and the top ten models were retained to assemble a group of top candidate models.

Two sets of negative binomial generalized linear models (GLM) examined variable fish interactions (separate for Approaches and Bites) relative to continuous factors Squidpops monitored, minutes recorded and morphotype rarity, and categorical factors protection, habitat, and fish type. The factor rarity was the ratio of at how many sites a morphotype was recorded versus all sites, and the factor increased as a fish morphotype was more common. The categorical factor fish type had two levels: reef associated for morphotypes that only appeared at reef habitat sites, and generalist for morphotypes that appeared at both seagrass and reef sites. The two morphotypes that were likely seagrass specialists (Acanthostracion quadricornis and Bothidae sp.) did not have any interactions with the Squidpops and were assigned to the generalist level to enable fitting. No random effect was included so that the impact of rarity could be investigated without singularity.




Results


Squidpop consumption

The best-fit GLMM for Squidpop consumption included the fixed-effects of soak time, habitat and morphotypes (Figure 2; Table 1). Soak time explained the greatest amount of variance in the model, with a logical increase in consumption associated with the second time point attesting to the importance of using two temporal checkpoints. Habitat had a significant impact on consumption and, relative to seagrass, there was more than two orders of magnitude higher predation at reef sites. A continuous factor for the number of morphotypes observed at each site, relative to observed Squidpops and recording time, had a significant positive effect on consumption. All three terms in the best-fit model were present in all the top ten models as ranked by AICc. The random effect of Location was not significant in the top model.




Figure 2 | |Consumption and morphotypes varying by MPA, location, and habitat. The highest-ranked GLMM for predicting variable Squidpop consumption rate included soak time, habitat, and observed species with a random effect of location. Sites are ordered so that those within a well-enforced, old MPA are to the left of the dashed pink line, and fished sites are on the right. Sites are colored by habitat (blue = patch reef; green = seagrass). For each pair of Squidpop sites per location the consumption rate after 1 hour (open circle) and 24 hours (closed square) is shown (A). The observed count of unique morphotypes at each site is shown (C). The mean consumption rate after 24 hours (B) and mean number of morphotypes observed (D) are also presented with sites divided by MPA (pink) or Fished (black) and by habitat. MPA effects were not included in top-ranked models and had no discernable impact on consumption, nor morphotypes.




Table 1 | Fixed factors included in top 10 models predicting Squidpop consumption in the Exuma Cays.



In the top-ten ranked models, further terms were present and may influence Squidpop consumption (Table 1). The categorical factor for being within an MPA was a focus of the experiment, was only present in one model and had a positive but not significant effect. Distance to the deep water Exuma Sound (“inshore”) was present but not significant in three top models and had a positive effect. The time that the experiment started (early or late) was present in three models and had a not significant positive effect on consumption. Temperature was not present in any top models, although differences throughout the deployments were likely masked by unknown tidal signals as the mean temperature was 28.0˚C ± SD 1.1. Similarly, Depth was not present in any top models. No interactions were significant when present in the top-ranked models.



Observing fish diversity

Video records revealed the presence of potential piscine consumers at every site selected for a Squidpop transect. Image quality was sufficient to discern 78 different morphotypes: 15 to the level of Family, 62 to the level of Species and a remaining bin for distant fish at the level of Class (Actinopterygii). Video data was insufficient to calculate abundance but was able to confirm the presence of morphotypes at each site and estimate relative diversity (i.e., species seen on camera proximate to Squidpops). A database of 337 site-unique records of morphotypes was assembled with 6 records to the level of class, 33 to the level of family and 298 to the level of species. The majority of the morphotypes occurred multiple times (N repeats = 45) in the study and the majority of the morphotypes interacted with the Squidpops at least once (either an approach or a bite; N = 40). Green turtles, Chelonia mydas (N = 3), were considered a species of fish for statistical analysis after one investigated an arrangement of Squidpops, and the camera observing them, and thus could have had an impact upon the study.



Predicting fish diversity

The best-fit GLMM predicting the count of observed species at each site contained significant factors of habitat and distance from sound, factor “Inshore” (Table 2). Sites in seagrass habitat had fewer species relative to reef sites. As the Inshore factor increased and sites became further removed from the Exuma Sound, the number of observed morphotypes increased. The factor Park was not in the top ten GLMM (Table 2). In addition, treating each location (i.e., each pair of reef and seagrass transects grouped by location) independently, there was no significant difference in the number of species between locations inside versus outside the park (Welch Two Sample t = 0.30043, df = 18, p-value = 0.7673). Finally, the co-presence of species (i.e., the same species was seen on video at both the patch reef site and the seagrass site at the same location) was not significantly related to how far apart two sites within a location were (Kendall’s τ = -0.24, N = 20, p = 0.183).


Table 2 | Fixed factors included in top 10 models predicting observed fish morphotype diversity at monitored sites in the Exuma Cays.





Fish interactions

To examine the influence of fish rarity on Squidpop interactions, separate negative binomial GLM were run for variable Approaches and for Bites with site-unique records of morphotypes as samples. The best-fit GLM for Approaches contained an insignificant intercept and an insignificant but negative influence of the categorical factor park (Table 3). The best-fit GLM for Bites contained significant effects of Habitat, fish type, and rarity (Table 3). Fewer bites occurred in seagrass habitats relative to reef habitats. In addition, there was a positive effect associated with reef fish relative to generalist fish, but no interaction between the habitat and fish type. There was a significant, positive effect of fish rarity on Bites, and more common fish in the study were more likely to take a bite out of a Squidpop. The consumption rate of Squidpops over the first hour, when video monitoring occurred, is correlated to both Bites/Squidpop/Minute (Pearson’s r = 0.585, t = 4.448, df = 38, p = 0.733 × 10-5) and to Approaches/Squidpop/Minute (Pearson’s r = 0.463, t = 3.222, df = 38, p = 0.261 × 10-3).


Table 3 | Factors in best-fit models predicting observed fish interactions at monitored sites in the Exuma Cays.






Discussion


Habitat over MPA effects

Habitat, soak time and fish diversity determined relative predation rates. Our Squidpops experiment found higher consumption rates at patch reef sites relative to seagrass sites and higher consumption rates occurring in association with higher fish diversity. Similarly, reef-associated fish were more likely to bite Squidpops relative to generalist fish, bites were more likely at reef sites, and more bites were associated with the more common fish in the study. Finally, more fish species were found at patch reef sites and at sites further away from the Exuma Sound. Habitat type had a profound effect on all our measured variables, and we accept our hypotheses of increased consumption (H2) and increased fish diversity (H3) at patch reef sites. This agrees with other Caribbean works using the Squidpops methodology that suggested consumption rates varied the most by habitat classification and that results were consistent temporally (Ritter et al., 2021). We did not directly measure rugosity nor benthic coverage but by definition our two habitat classes contrasted in both metrics. Patch reefs sites had higher rugosity and a faunal composition including live corals while seagrass sites were flat and dominated by seagrass, thus higher abundance and biodiversity of fishes was expected at patch reef sites (Gratwicke and Speight, 2005a; Hall and Kingsford, 2021) as observed in our study.

Ecosystem-based habitat factors outweighed the place-based management effects that we expected from being within the oldest well-enforced no-take marine reserve in the Caribbean versus the surrounding and actively fished waters. We reject our primary hypothesis (H1) and conclude that there was no discernable impact of a marine reserve on a vital ecosystem process: predation. In addition, the number of unique morphotypes observed at each site was not significantly affected by the MPA, thus we accept our hypothesis (H4). Further, there was no significant effect of the MPA on fish feeding behavior, bites, and a not significant but negative effect of MPA on fish approaches, thus we reject our hypothesis (H5). These surprising results could be caused by many factors which we did not quantify. Across smaller spatial scales than our study, isotopic analysis demonstrated changes in the ecological roles of the same species of fish inside versus outside of reserves (Dell et al., 2015). Indeed, a marine reserve can influence an area’s ecological function as inferred by analysis of the functional traits associated with fish assemblages (Coleman et al., 2015) and invertebrate communities (Gillepsie and Vincent, 2019). A deeper quantification of the fish community could reveal changes in predation within the MPA especially at the higher trophic levels likely to have the most benefit from a harvest ban. It took decades for an effect of protection to emerge in a trait-based analysis of small to medium sized fish like those that dominated our experiment (Hadj-Hammou et al., 2021). However, other work suggested an increase in similar size classes as a weak compensatory response from decreased predation as larger fish are harvested over shorter timescales (Dulvy et al., 2004). Inferred changes based on fish traits may exist, but by directly measuring consumption our data strongly suggest that habitats within the reserve and outside of it are experiencing similar levels of relative predation, despite long standing changes from protection that have resulted in greater abundances of fished species (Chiappone and Sullivan-Sealey, 2000; Lipcius et al., 2001; Mumby et al., 2007; Kough et al., 2019), apex predators (Gallagher et al., 2021) and higher quality habitat (Mumby et al., 2006) inside the ECLSP.



Observed fish assemblages

Video monitoring revealed that a diverse fish assemblage visited experimental sites and interacted with Squidpops (Figure 3). Previous works have captured far fewer species as part of Squidpop experiments. For example, Ritter et al. (2021) reported a total of only 12 species at four habitat types (fore reef, patch reef, seagrass and mangroves) that bit Squidpops in Belize. Relative to this past work (Ritter et al., 2021), we recorded greater than six times as many species present in our videos and nearly four times the diversity in species that interacted with the Squidpops (Supplementary Materials). A synthetic report (Harborne, 2017) combined three databases of fishery-independent SCUBA surveys in The Bahamas and described 97 commonly identifiable species of reef fish. Therefore, the Squidpops video successfully identified the majority of the fish (N = 62 to species and 15 to family) that would have likely been observed by divers in the area using standardized methods. Further, most of the observed morphotypes that we categorized interacted with the Squidpops on video at least once, suggesting that these were not random observations but were instead animals drawn to the experiment. These results strengthen the case that Squidpops are an appropriate tool for assessing relative predation at an ecosystem level by measuring the consumption of many species.




Figure 3 | Top 24 observed species and families from Squidpop video. Stacked histograms show the number of sites within an MPA (A) and fished areas (B) where each morphotype was observed, colored by habitat (blue = reef, green = seagrass). The factor MPA was not included in the top-ranked GLMM predicting the number of morphotype observations, nor was there a significant difference between morphotype totals at locations inside and outside of the park. The full database of observed morphotypes, interactions and voucher images is available in the Supplementary Materials.



The size and feeding behavior of fish determines their interactions with Squidpops and our ability to describe them. Some families, like squirrelfish (Holocentridae spp.), never got close enough to the camera to make a positive species identification. Damselfish (Pomacentridae spp.) occasionally did, but typically remained outside of identifiable acuity except for remarkably identifiable species such as the sergeant majors (Abudefduf saxatilis) that were prevalent throughout the study. Smaller species like these may play an important ecosystem role that is not manifested in Squidpop results given that their size widely prevents their predation attempts from having success, although they did persistently bite and 18% of all recorded bites were from Pomacentridae, mainly Abudefduf saxatilis. Small wrasses were another ubiquitous Squidpop consumer, with greater bait-removal success, that often unleashed a fury of bites even after the bait was removed. As a group, Labridae spp. were responsible for 28% of all recorded bites and a school of Thalassoma bifasciatum attacked a series of three Squidpops 109 times within a 75-minute recording. It is unlikely that the larger-sized fish in the area that are prized by fishers and benefit from MPA protections and harvest restrictions (Kough et al., 2022), such as grouper (Epinephelinae spp.), would be directly impacting Squidpop consumption. Grouper, of at least two species (Mycteroperca bonaci and Epinephelus striatus), were observed in 18% of videos but never approached nor bit the Squidpops. However, snappers (Lutjanidae spp.) and grunts (Haemulidae spp.) are the most fished groups in the area (Davis, 2008) and they contributed 16% and 26% of all recorded bites, respectively, on our Squidpop videos. Bar jacks (Caranx ruber) were the most commonly observed fish in our study and occurred in 73% of the video recordings yet they accounted for less than 1% of all observed bites.


Lessons and caveats with Squidpops

Site selection was successful and approximately equivalent habitats were able to be found across a wide spatial scale. The effects of temperature, depth, distance from the sound, and time of day had little impact on measured consumption, an expected result if the experiments occurred in similar habitats, as intended, over a fine temporal scale. Within a location, shared species were either very mobile (i.e., bar jack, snappers, barracudas) or very common (i.e., slippery dick), and the separation between two sites was not related to the number of shared species.

Low-effort video monitoring increased our ability to explain consumption and replaced diver surveys. Each video captured at least one morphotype which suggests that the piscine community was present and actively feeding at the sites we selected. We did not survey biomass or independently use visual surveys to gauge community makeup, thus we relied on video to make inferences about what was consuming the Squidpops. However, previous works suggest that fish biomass is unrelated to consumption rates measured by Squidpops (Ritter et al., 2021). The majority of the site-specific records were simply of a morphotype present on video and did not contain bites or approaches to the Squidpops. However, the video recorded approximately the first hour of soak time and consumption rates increased with soak time, thus the fish may have been acclimating to the experiment while the video was active and feeding later. In addition, nocturnal predators would not have been captured on exclusively diurnal videos. For example, grunts were exclusively seen on patch reefs, but they leave structure and forage on nearby seagrass nocturnally (Beets et al., 2003). Around-the-clock monitoring using far red light and long-lasting cameras could capture a wider range of piscine behavior and better explain the communities adjacent to and responsible for Squidpop consumption.

Video monitoring suggested that Squidpops were likely capturing predominately fish consumption. Outside of a green turtle blundering through the transect, other observed genera (i.e., cephalopods, crustaceans) did not interact with the experiment. A reef squid (Sepioteuthis sepioidea) positioned itself directly on top of the camera for one deployment, and its tentacles partially obscured the lens, but this was more comedic than impactful (haiku: Oddly pulsating/This obstruction, not algae/Reef squid pass on by). It is plausible, but inconclusive from our methods, that nocturnal communities of invertebrates such as crustaceans or swimming polychaetae worms also fed on the Squidpops.




Conservation implications

Quantifying how far ecological processes extend away from a patch reef has practical considerations for conservation planning in small island systems. We found that consumption rates varied with habitat differences over a relatively small spatial scale. An average of 50 m (± 40 m SD) separated the habitat transects between our paired sites at each location, yet habitat differences exerted the strongest effect on all our measured variables. The connectivity and compositions of fish communities among these habitats can be distinct with far greater diversity and abundance in reef communities that decreases as habitat shifts to seagrasses (Campbell et al., 2011). The landscape impacts of grazing around patch reefs creates a signal visible from satellite imagery (Madin et al., 2011) which is more pronounced in MPAs (Bilodeau et al., 2022). Predation risk for smaller fish is a strong driver of movement patterns between seagrass and patch reef habitats (Rooker et al., 2018), and fish occupy and forage within different habitats across the diel cycle (Nagelkerken et al., 2000). Our results suggest that consumption rates may vary more strongly with habitat type than time of day over a similar spatial scale within a location. Estimating a gradient in predation from a reef was beyond the constrains of our experiment, but merits investigation. For example, Squidpops have shown greater predation intensity closer to a reef (Gusmao et al., 2018). However, few patch reefs can sustain larger predators, making it likely that pressure from top predators in our experiment was transitory versus localized. High-resolution habitat maps (< 4 m) are now available throughout the Caribbean (Schill et al., 2021) making informed conservation planning possible even on small islands. For example, once effect ranges are quantified, development plans for channels or docks could be adjusted on the scales of 10s of m to decrease disruptions to patch reefs and the aquatic communities they sustain.

Our study adds to long-standing evidence that habitat structure shapes tropical fish ecosystems. Structure within complex and protected reefs determines predation pressure and maintains a diverse and productive ecosystem, but this structure is under threat (Rogers et al., 2014). Ecosystem shifts that remove critical differences at patch reefs, such as the ongoing surge in stony coral tissue loss disease (Muller et al., 2020), may remove structure building species and smooth over the habitat differences. Some activities, such as scuba diving by tourists, are often focused on high quality habitat where they can increase susceptibility to disease (Lamb et al., 2014). Certain community members, such as herbivores, have been previously shown to enhance recruitment and drive community structure across the ecosystem (Mumby et al., 2006; Ruttenberg et al., 2019) yet are facing increased threats from humans (Bellwood et al., 2011; Callwood, 2021) and can be repelled by tourist disturbances (Albuquerque et al., 2014). Future work that quantifies predation across a range of habitat degradation would be useful to forecast the implications in a changing environment, and patch reefs may offer the optimal experimental set-up.

Patch reefs are a ubiquitous feature of the wider Caribbean and an easy to monitor sentinel of change. Our finding of increased diversity at patch reefs that were further removed from the deep water sound, and more continuous spur and grove reef areas, was non-intuitional yet speaks to the importance of these habitats as refuges for animals dispersed over the expansive Bahamian bank. On a local scale relative to nearby seagrass beds, the shelter offered by a patch reef determines fish abundance (Gratwicke and Speight, 2005b). A recent review shows a myriad of techniques are being applied to restore and conserve coral reefs and the majority of these efforts occur over short-temporal scales and restore areas on average of 100 m2 (Boström-Einarsson et al., 2020). The experimental tractability of patch reefs enables researchers to investigate new methods before scaling them upwards. For example, artificial enhancement of invertebrate herbivores yielded a cascade of positive impacts on patch reefs including increased fish and coral recruitment (Spadaro and Butler, 2020). Fish diversity and abundance are shaped by habitat complexity and predation, although the effects of both are modulated by the fish life-stage (Almany, 2004). Consumption rates are another simple to measure metric of ecosystem function that can be easily added to restoration work to disentangle interactions between structure and function. We suggest including process-based monitoring as an addendum to abundance and diversity surveys that is achievable by a wide range of scientists, students and amateur naturalists.




Data availability statement

The original contributions presented in the study are included in the article/Supplementary Material. Further inquiries can be directed to the corresponding author.



Author contributions

AK: conceived, collected, analyzed, wrote, coordinated; CB: conceived, collected, edited. All authors contributed to the article and approved the submitted version.



Acknowledgments

Funded by the John G. Shedd Aquarium Society. Aquarium volunteers Tim Cain and Alexandra Brainerd spent hours scrutinizing videos of fish bites. Small vessel mechanical support from Shedd Aquarium Captains Kip and James. Logistic support and encouragement provided by the Bahamas National Trust, especially Joe and Nicole Ierna. Research permitted under MAMR/FIS/17 from Bahamas Department of Marine Resources and from the Bahamas National Trust.



Conflict of interest

The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.



Supplementary material

The Supplementary Material for this article can be found online at: https://www.frontiersin.org/articles/10.3389/fmars.2022.921463/full#supplementary-material

Data Sheet 1 | Excel workbook containing the code and data used for analysis in the manuscript.

Data Sheet 2 | Excel workbook containing video times and frame vouchers for each of our morphotypes.



References

 Albuquerque, T., Loiola, M., José de Anchieta, C. C., Reis-Filho, J. A., Sampaio, C. L., and Leduc, A. O. (2014). In situ effects of human disturbances on coral reef-fish assemblage structure: temporary and persisting changes are reflected as a result of intensive tourism. Mar. Freshw. Res 66 (1), 23–32. doi: 10.1071/MF13185

 Almany, G. R. (2004). Differential effects of habitat complexity, predators and competitors on abundance of juvenile and adult coral reef fishes. Oecologia 141, 105–113. doi: 10.1007/s00442-004-1617-0

 Alvarez-Filip, L., Dulvy, N. K., Gill, J. A., Côté, I. M., and Watkinson, A. R. (2009). Flattening of Caribbean coral reefs: region-wide declines in architectural complexity. Proc. R. Soc. B. 276, 3019–3025. doi: 10.1098/rspb.2009.0339

 Barley, S. C., Meekan, M. G., and Meeuwig, J. J. (2017). Species diversity, abundance, biomass, size and trophic structure of fish on coral reefs in relation to shark abundance. Mar. Ecol. Prog. Ser. 565, 163–179. doi: 10.3354/meps11981

 Beets, J., Muehlstein, L., Haught, K., and Schmitges, H. (2003). Habitat connectivity in coastal environments: Patterns and movements of Caribbean coral reef fishes with emphasis on bluestriped grunt, Haemulon sciurus. gulf carib. Res. 14 (2), 29–42. doi: 10.18785/gcr.1402.03

 Bellwood, D. R., Hoey, A. S., and Hughes, T. P. (2011). Human activity selectively impacts the ecosystem roles of parrotfishes on coral reefs. Proc. R. Soc B. 279, 1621–1629 doi: 10.1098/rspb.2011.1906

 Bilodeau, S. M., Schwartz, A. W. H., Xu, B., Paul Pauca, V., and Silman, M. R. (2022). A low-cost, long-term underwater camera trap network coupled with deep residual learning image analysis. PloS One 17 (2), e0263377. doi: 10.1371/journal.pone.0263377

 Boada, J., Arthur, R., Farina, S., Santana, Y., Mascaro, O., Romero, J., et al. (2015). Hotspots of predation persist outside marine reserves in the historically fished Mediterranean Sea. Biol. Cons. 191, 67–74. doi: 10.1016/j.biocon.2015.06.017

 Boström-Einarsson, L., Babcock, R. C., Bayraktarov, E., Ceccarelli, D., Cook, N., Ferse, S. C. A., et al. (2020). Coral restoration – a systematic review of current methods, successes, failures and future directions. PloS One 15 (1), e0226631. doi: 10.1371/journal.pone.0226631

 Brandl, S. J., Rasher, D. B., Côté, I. M., Casey, J. M., Darling, E. S., Lefcheck, J. S., et al. (2019). Coral reef ecosystem functioning: eight core processes and the role of biodiversity. Front. Ecol. Environ. 17 (8), 445–454. doi: 10.1002/fee.2088

 Bruno, J. F., Sweatman, H., Precht, W. F., Selig, E. R., and Schutte, V. G. W. (2009). Assessing evidence of phase shifts from coral to macroalgal dominance on coral reefs. Ecology. 90 (6), 1478–1484. doi: 10.1890/08-1781.1

 Cabral, R. B., Bradley, D., Mayorga, J., Goodell, W., Friedlander, A. M., Sala, E., et al. (2020). A global network of marine protected areas for food. Proc. Nat. Acad. Sci. 117 (45), 28134–28139 doi: 10.1073/pnas.2000174117

 Callwood, K. A. (2021). Examining the development of a parrotfish fishery in the Bahamas: Social considerations & management implications. Glob. Ecol. Cons. 28, e01677. doi: 10.1016/j.gecco.2021.e01677

 Campbell, S. J., Kartawijaya, T., and Sabarini, E. K. (2011). Connectivity in reef fish assemblages between seagrass and coral reef habitats. Aquat. Biol. 13, 65–77. doi: 10.3354/ab00352

 Cheng, B. S., Altieri, A. H., Torchin, M. E., and Ruiz, G. M. (2019). Can marine reserves restore lost ecosystem functioning? A Global synthesis. Ecol. 100 (4), 1–13. doi: 10.1002/ecy.2617

 Chiappone, M., and Sullivan-Sealey, K. M. (2000). Marine reserve design criteria and measures of success: lessons learned from the exuma cays land and Sea park, Bahamas. Bull. Mar. Sci. 66 (3), 691–705.

 Coleman, M. A., Bates, A. E., Stuart-Smith, R. D., Malcolm, H. A., Harasti, D., Jordan, A., et al. (2015). Functional traits reveal early responses in marine reserves following protection from fishing. Div. Distrib. 21, 876–887. doi: 10.1111/ddi.12309

 Davis, M. (2008). Do boaters overfish and under spend? a case study in the exumas, Bahamas (UC San Diego: Center for Marine Biodiversity and Conservation). Available at: https://escholarship.org/uc/item/3b826731.

 Dell, C., Montoya, J. P., and Hay, M. E. (2015). Effect of marine protected areas (MPAs) on consumer diet: MPA fish feed higher in the food chain. Mar. Ecol. Prog. Ser. 540, 227–234. doi: 10.3354/meps11487

 Duarte, C. M., Agusti, S., Barbier, E., Britten, G.L., Castilla, J.C., and Gattuso, J.P.. (2020). Rebuilding marine life. Nature 580, 39–51. doi: 10.1038/s41586-020-2146-7

 Duffy, J. E., Lefcheck, J. S., Stuart-Smith, R. D., Navarrete, S. A., and Edgar, G. J. (2016). Biodiversity enhances reef fish biomass and resistance to climate change. Proc. Nat. Acad. Sci. 113, (22) 6230–6235. doi: 10.1073/pnas.1524465113

 Duffy, J. E., Ziegler, S. L., Campbell, J. E., Bippus, P. M., and Lefcheck, J. S. (2015). Squidpops: A simple tool to crowdsource a global map of marine predation intensity. PloS One 10 (11), e0142994. doi: 10.1371/journal.pone.0142994

 Dulvy, N., Polunin, N. V., Mill, A., and Graham, N. A. (2004). Size structural change in lightly exploited coral reef fish communities: Evidence for weak indirect effects. Can. J. Fish. Aqu. Sci. 61, 466–475. doi: 10.1139/f03-169

 Duncan, C. K., Gilby, B., Olds, A. D., Connolly, R. M., Ortodossi, N. L., Henderson, C. J., et al. (2019). Landscape context modifies the rate and distribution of predation around habitat restoration sites. Biol. Conserv. 237, 97–104. doi: 10.1016/j.biocon.2019.06.028

 Edgar, G., Stuart-Smith, R., Willis, T., Kininmonth, S., Baker, S.C., Banks, S., et al. (2014). Global conservation outcomes depend on marine protected areas with five key features. Nature 506, 216–220. doi: 10.1038/nature13022

 Gallagher, A. J., Shipley, O. N., van Zinnicq Bergmann, M. P., Brownscombe, J. W., Dahlgren, C. P., Frisk, M. G., et al. (2021). Spatial connectivity and drivers of shark habitat use within a Large marine protected area in the Caribbean, the Bahamas shark sanctuary. Front. Mar. Sci. 7 doi: 10.3389/fmars.2020.608848

 Gillepsie, K. M., and Vincent, A. C. J. (2019). Marine reserves drive both taxonomic and functional change in coral reef invertebrate communities. Biol. Conserv. 28, 921–938 doi: 10.1007/s10531-019-01702-1

 Gratwicke, B., and Speight, M. R. (2005a). The relationship between fish species richness, abundance and habitat complexity in a range of shallow tropical marine habitats. J. Fish Biol. 66 (3), 650–667. doi: 10.1111/j.0022-1112.2005.00629.x

 Gratwicke, B., and Speight, M. R. (2005b). Effects of habitat complexity on Caribbean marine fish assemblages. Mar. Ecol. Prog. Ser. 292, 301–310. doi: 10.3354/meps292301

 Grorud-Colvert, K., Sullivan-Stack, J., Roberts, C. M., and Lubchenco, J. (2021). The MPA guide: A framework to achieve global goals for the ocean. Science 373 (6560). doi: 10.1126/science.abf0861

 Gusmao, J. B., Lee, M. R., MacDonald, I., Ory, N. C., Sellanes, J., Watling, L., et al. (2018). No reef-associated gradient in the infaunal communities of rapa nui (Easter island) – are oceanic waves more important than reef predators? Estuar. Coast. Shelf Sci. 210, 123–131. doi: 10.1016/j.ecss.2018.06.019

 Hadj-Hammou, J., McClanahan, T. R., and Graham, N. A. J. (2021). Decadal shifts in traits of reef fish communities in marine reserves. Sci. Rep. 11, 23470. doi: 10.1038/s41598-021-03038-9

 Hall, A. E., and Kingsford, M. J. (2021). Habitat type and complexity drive fish assemblages in a tropical seascape. J. Fish Biol. 99 (4), 1364–1379. doi: 10.1111/jfb.14843

 Harborne, A. (2017) Modelling and mapping fishing impact and the current and potential standing stock of coral-reef fishing in the bahamas. supporting marine reserve design report to the nature conservancy. Available at: https://marineplanning.org/wp-content/uploads/2019/07/Bahamas-Protected_Mapping-Coral-Fisheries_Final-Report_2017.pdf.

 Henderson, C. J., Stevens, T., Lee, S. Y., Gilby, B.L., Schlacher, T.A., and Connolly, R.N.. (2019). Optimising seagrass conservation for ecological functions. Ecosystems 22, 1368–1380. doi: 10.1007/s10021-019-00343-3

 Hughes, T., Barnes, M., Bellwood, D., Cinner, J.E., Cumming, G.S., Jackson, J.B.C., et al. (2017). Coral reefs in the anthropocene. Nature 546, 82–90. doi: 10.1038/nature22901

 Hughes, T. P., Rodrigues, M. J., Bellwood, D. R., Ceccarelli, D., Hoegh-Guldberg, O., McCook, L., et al. (2007). Phase shifts, herbivory, and the resilience of coral reefs to climate change. Curr. Biol. 17, 360–365. doi: 10.1016/j.cub.2006.12.049

 Jones, B. L., Nordlund, L. M., Unsworth, R. K. F., Jiddawi, N. S., and Eklöf, J. S. (2021). Seagrass structural traits drive fish assemblages in small-scale fisheries. Front. Mar. Sci. 8. doi: 10.3389/fmars.2021.640528

 Kough, A. S., Belak, C. A., Paris, C. B., Lundy, A., Cronin, H., Gnanalingam, G., et al. (2019). Ecological spillover from a marine protected area replenishes an over-exploited population across an island chain. Conserv. Sci. Pract. 1 (3), e17 doi: 10.1111/csp2.17

 Kough, A. S., Cronin, H., Skubel, R., Belak, C. A., and Stoner, A. W. (2017). Efficacy of an established marine protected area at sustaining a queen conch lobatus gigas population during three decades of monitoring. Mar. Ecol. Prog. Ser. 573, 177–189. doi: 10.3354/meps12163

 Kough, A. S., Gutzler, B. C., Tuttle, J. G., Palma, N., Knowles, L. C., and Waterhouse, L. (2022)Anthropause shows differential influence of tourism and a no-take reserve on the abundance and size of two fished species. Aquat. Conserv. Mar. Freshw. Eco. 32 (10), 1693–1709. doi: 10.1002/aqc.3856

 Lamb, J. B., True, J. D., Piromvaragorn, S., and Willis, B. L. (2014). Scuba diving damage and intensity of tourist activities increases coral disease prevalence. Biol. Conserv. 178, 88–96 doi: 10.1016/j.biocon.2014.06.027

 Lester, S. E., Halpern, B. S., Grorud-Colvert, K., Lubchenco, J., Ruttenberg, B. I., Gaines, S. D., et al. (2009). Biological effects within no-take marine reserves: a global synthesis. Mar. Ecol. Prog. Ser. 384, 33–46 doi: 10.3354/meps08029

 Lipcius, R.N., Stockhausen, W.T., and Eggleston, D.B. (2001). Marine reserves for Caribbean spiny lobster: empirical evaluation and theoretical metapopulation recruitment dynamics. Mar. Freshw. Res 52 (8), 1589–98. doi: 10.1071/MF01193

 Loflen, C. L., and Hovel, K. A. (2010). Behavioral responses to variable predation risk in the California spiny lobster Panulirus interruptus. Mar. Ecol. Prog. Ser. 420, 135–144. doi: 10.3354/meps08850

 Madin, E., Madin, J., and Booth, D. (2011). Landscape of fear visible from space. Sci. Rep. 1, 14. doi: 10.1038/srep00014

 Muller, E. M., Sartor, C., Alcaraz, N. I., and van Woesik, R. (2020). Spatial epidemiology of the stony-Coral-Tissue-Loss disease in Florida. Front. Mar. Sci. 7. doi: 10.3389/fmars.2020.00163

 Mumby, P. J., Dahlgren, C. P., Harborne, A. R., Kappel, C. V., Micheli, F., Brumbaugh, D. R., et al. (2006). Fishing, trophic cascades, and the process of grazing on coral reefs. Science. 311 (5757), 98–101. doi: 10.1126/science.1121129

 Mumby, P. J., Harborne, A. R., Williams, J., Kappel, C. V., Brumbaugh, D. R., Micheli, F., et al. (2007). Trophic cascade facilitates coral recruitment in a marine reserve. Proc. Natl. Acad. Sci. 104, 8362–8367. doi: 10.1073/pnas.0702602104

 Nagelkerken, I., Dorenbosch, M., Verberk, W. C. E. P., Cocheret de la Morinière, E., and van der Velde, G. (2000). Day-night shifts of fishes between shallow-water biotopes of a Caribbean bay, with emphasis on the nocturnal feeding of haemulidae and lutjanidae. Mar. Ecol. Prog. Ser. 194, 55–64. doi: 10.3354/meps194055

 Rhoades, O. K., Lonhart, S. I., and Stachowicz, J. J. (2019). Human-induced reductions in fish predator boldness decrease their predation rates in kelp forests. Proc. R. Soc B. 286, 20182745 doi: 10.1098/rspb.2018.2745

 Ritter, C. J., Harper, L. M., Lefcheck, J. S., Paul, V. J., Whippo, R., Jones, S., et al. (2021). Patterns of consumption across a Caribbean seascape: Roles of habitat and consumer species composition through time. Front. Mar. Sci. 8. doi: 10.3389/fmars.2021.742907

 Rodemann, J. R., and Brandl, S. J. (2017). Consumption pressure in coastal marine environments decreases with latitude and in artificial vs. natural habitats. Mar. Ecol. Prog. Ser. 574, 167–179. doi: 10.3354/meps12170

 Rogers, A., Blanchard, J. L., and Mumby, P. J. (2014). Vulnerability of coral reef fisheries to a loss of structural complexity. Curr. Biol. 24, 1000–1005. doi: 10.1016/j.cub.2014.03.026

 Rojo, I., Anadón, J. D., and García-Charton, J. A. (2021). Exceptionally high but still growing predatory reef fish biomass after 23 years of protection in a marine protected area. PloS One 16 (2), e0246335. doi: 10.1371/journal.pone.0246335

 Rooker, J. R., Dance, M. A., Wells, R. J. D., Quigg, A., Hill, R. L., Appeldoorn, R. S., et al. (2018). Seascape connectivity and the influence of predation risk on the movement of fishes inhabiting a back-reef ecosystem. Ecosphere 9 (4), e02200. doi: 10.1002/ecs2.2200

 Ruttenberg, B. I., Adam, T. C., Duran, A., and Burkepile, D. E. (2019). Identity of coral reef herbivores drives variation in ecological processes over multiple spatial scales. Ecol. Appl. 29, e01893. doi: 10.1002/eap.1893

 Schill, S. R., McNulty, V. P., Pollock, F. J., Lüthje, F., Li, J., Knapp, D. E., et al. (2021). Regional high-resolution benthic habitat data from planet dove imagery for conservation decision-making and marine planning. Remote Sens. 13 (21), 4215. doi: 10.3390/rs13214215

 Soler, G. A., Edgar, G. J., Thomson, R. J., Kininmonth, S., Campbell, S. J., Dawson, T. P., et al. (2015). Reef fishes at all trophic levels respond positively to effective marine protected areas. PloS One 10 (10), e0140270. doi: 10.1371/journal.pone.0140270

 Spadaro, A. J., and Butler, M. J. I. V. (2020). Herbivorous crabs reverse the seaweed dilemma on coral reefs. Curr. Biol. 31 (4), 853–859. doi: 10.1016/j.cub.2020.10.097

 Terborgh, J., and Estes, J. A. (2013). Trophic cascades: predators, prey, and the changing dynamics of nature (Chicago: Island Press).

 Yarnall, A. H., and Fodrie, J. F. (2020). Predation patterns across states of landscape fragmentation can shift with seasonal transitions. Oecologia. 193, 403–413 doi: 10.1007/s00442-020-04675-z



Publisher’s note: All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.

Copyright © 2022 Kough and Belak. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.




ORIGINAL RESEARCH

published: 14 November 2022

doi: 10.3389/fmars.2022.961106

[image: image2]


Kinship and genetic variation in aquarium-spawned Acropora hyacinthus corals


Elora H. López-Nandam 1*, Cheyenne Y. Payne 2, J. Charles Delbeek 3, Freeland Dunker 3, Lana Krol 3, Lisa Larkin 3, Kylie Lev 3, Richard Ross 1, Ryan Schaeffer 3, Steven Yong 3 and Rebecca Albright 1


1 Institute for Biodiversity and Sustainability Science, California Academy of Sciences, San Francisco, CA, United States, 2 Biology Department, Stanford University, Stanford, CA, United States, 3 Steinhart Aquarium, California Academy of Sciences, San Francisco, CA, United States




Edited by: 

Steven T. Kessel, Shedd Aquarium, United States

Reviewed by: 

Joshua Patterson, University of Florida, United States

Yafei Mao, Shanghai Jiao Tong University, China

Yi Zhang, Shanghai Jiao Tong University, China in collaboration with reviewer YM

*Correspondence:
 Elora H. López-Nandam
 elopez-nandam@calacademy.org

Specialty section: 
 This article was submitted to Marine Conservation and Sustainability, a section of the journal Frontiers in Marine Science


Received: 03 June 2022

Accepted: 27 October 2022

Published: 14 November 2022

Citation:
López-Nandam EH, Payne CY, Delbeek JC, Dunker F, Krol L, Larkin L, Lev K, Ross R, Schaeffer R, Yong S and Albright R (2022) Kinship and genetic variation in aquarium-spawned Acropora hyacinthus corals. Front. Mar. Sci. 9:961106. doi: 10.3389/fmars.2022.961106



Recent scientific advances in ex situ system design and operation make it possible to complete gametogenic cycles of broadcast spawning corals. Breeding corals in aquaria is a critical advance for population management, particularly genetic rescue and assisted gene flow efforts. Genetic rescue projects for corals are already underway to bring threatened species into ex situ culture and propagation, thereby preserving standing genetic variation. However, while breeding corals is increasingly feasible, the consequences of the aquarium environment on the genetic and phenotypic composition of coral populations is not yet known. The aquarium environment may in itself be a selective pressures on corals, but it also presents relaxed selective pressures in other respects. In 2019 and 2020, gravid Acropora hyacinthus coral colonies were collected from Palauan reefs and shipped to the California Academy of Sciences (CAS) in San Francisco. In both years, gametes were batch-fertilized to produce larvae that were then settled and reared to recruits. As of April 2021, when they were sampled for sequencing, 23 corals produced at CAS in 2019 and 16 corals produced at CAS in 2020 had survived for two years and one year, respectively. We sequenced the full genomes of the 39 offspring corals and their 15 potential parents to a median 26x depth of coverage. We find clear differential parentage, with some parents producing the vast majority of offspring, while the majority of parents produced no surviving offspring. After scanning 12.9 million single nucleotide polymorphisms (SNPs), we found 887 SNPs that may be under selection in the aquarium environment, and we identified the genes and pathways these SNPs may affect. We present recommendations for preserving standing genetic variation in aquarium-bred corals based on the results of this pilot project.
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Introduction

Breeding animals and reintroducing their offspring to the wild as a means of bolstering a threatened population started in the 1960’s, with the successful breeding and reintroduction of the Arabian oryx (Spalton et al., 1999). By the 1980’s, a major goal of conservation breeding programs was not simply to increase the number of animals in a population or species, but to maintain genetic variation in populations (Ballou, 1984). As DNA sequencing technology improved and became less expensive, some conservation breeding programs began to incorporate genetic analyses to determine kinship among their animals, and to prevent or reduce inbreeding by selecting unrelated individuals to mate with one another (Fienieg and Galbusera, 2013).

Conservation breeding programs at zoos have now successfully bred and reintroduced several species that are threatened in the wild. The most famous of these programs have been focused on terrestrial megafauna, primarily mammals and birds, e.g. California condors (Chemnick et al., 2000) and Florida panthers (Johnson et al., 2010). Aquatic conservation breeding programs have led to reintroductions of freshwater amphibians, molluscs, and fish, e.g. hellbender salamanders (Ettling et al., 2017), Oregon spotted frogs (Howell et al., 2021), freshwater mussels (Araujo et al., 2015), and desert pupfish (Koike et al., 2008). Conservation breeding initiatives for marine animals have traditionally focused on fish hatcheries (Fisch et al., 2015) and aquaculture of invertebrates like tridacnid clams (Frias-Torres, 2017).

The decline of many marine invertebrate species, and in particular corals, highlights an urgent need for breeding programs of corals for conservation and restoration (van Oppen et al., 2015; Humanes et al., 2021). Increasing threats to coral reefs globally have sparked a need for new, scalable conservation and management solutions. The majority of coral nursery and propagation techniques are currently based on fragmentation and asexual propagation of coral clones (Henry et al., 2021). While these methods can increase coral cover in a particular region, they have the potential to decrease the genetic variation within the population because the fragments are genetic clones of each other. Standing genetic variation, which is comprised of all unfixed alleles in a population, can contribute to adaptation when a new or heightened selective pressure changes the frequency of one or more alleles in a population (Hermisson and Pennings, 2005; Barrett and Schluter, 2008). The greater the genetic variation present in the population, the greater the likelihood that one of those variants may be adaptive in the future (Hoffmann and Willi, 2008; Eizaguirre and Baltazar-Soares, 2014). Standing genetic variation allows for adaptation through weakly adaptive alleles that exist in the population at low frequency but become more advantageous in the presence of a new or heightened selective pressure. As selective pressures intensify, adaptive alleles increase the likelihood of an individual’s survival and become more common in the population as the organisms without the adaptive allele die and/or the adapted organisms reproduce more successfully (Hoffmann and Willi, 2008). Thus, as water temperatures and acidity rise in coral habitats globally, the capacity for coral populations to adapt to those changes will depend in large part on having sufficient genetic variation, such that some of these variants may confer a selective advantage to environmental change (Bay et al., 2017).

The importance of standing genetic variation for species adaptation is a major reason why conservation breeding programs seek to preserve as much standing genetic variation as possible. However, animals in a zoo, aquarium, or hatchery are exposed to different selective pressures than they would experience in their natural habitat (Frankham, 2008). While it is certainly true that the aquarium environment eliminates many potential selective pressures, such as predation, it may inadvertently introduce others. In addition to unintentional selection, there are other challenges that conservation breeding programs encounter, including reduced genetic variation due to inbreeding, which occurs when highly related organisms produce offspring, and genetic drift, the stochastic fixation of alleles that can have large effects when the population size is small (Chargé et al., 2014). Some simulations have suggested that the reduction of fitness due to loss of adaptive variation in zoo or aquarium-bred animals will result in lower population census within generations once they are reintroduced to the wild (Willoughby and Christie, 2019). Empirical studies on fisheries have shown that fish born in hatcheries have lower fitness than their wild counterparts after just a single generation (Kostow, 2004; Araki et al., 2007; Christie et al., 2012; Wakiya et al., 2022). While some studies have documented changes in fitness or selection in zoo, aquarium, or hatchery-bred populations, none have explored the biological pathways or functions that are under selection in these settings. Combating loss of fitness in conservation breeding programs will necessitate strategies that minimize the frequency of detrimental alleles and maximize retainment of adaptive and neutral alleles. In addition, conservation breeding may affect the holobiont, or the full suite of microorganisms that live in and on the host animals of interest. Some tridacnid clam conservation breeding programs incorporate measurement of the symbiotic zooxanthellae that the juvenile clams uptake (Niartiningsih et al., 2020). This aspect of conservation breeding is still underexplored, but is likely to be critical for animals like corals and clams for which symbiosis with algae and other microbes is critical for survival.

Recent advances in long-distance transport of corals, as well as improvements in system design to mimic seasonal water temperature fluctuations, solar irradiance, lunar cycles, and diel cycles ex situ, have allowed predictable coral spawning ex situ to become possible (Craggs et al., 2017; Craggs et al., 2018; O’Neil et al., 2021). Public aquaria are an ideal setting for coral spawning and breeding pilot programs, as they have the infrastructure, resources, and technical expertise in the form of personnel who know how to keep corals alive and healthy. Pairing aquarium expertise in animal husbandry with next-generation sequencing allows for new insights into how breeding corals ex situ affects the genetic composition of aquarium-born animals, and the extent to which the aquarium environment introduces novel selection pressures. The Coral Spawning Lab at the California Academy of Sciences is a collaborative endeavor between two departments within the museum: the Steinhart Aquarium and the Institute for Biodiversity and Sustainability Sciences. In 2019 and 2020, gravid corals were imported from Palau and spawned in the lab. The gametes were collected and batch-fertilized, and the aquarium-bred offspring were reared to juvenile coral colonies. In 2021, we sequenced the full genomes of the corals that spawned in 2019 and 2020 (F0 generation), as well as the offspring (F1 generation) that survived to be two years old (2019 F1s) and one year old (2020 F1s) at the time of tissue sampling. We show evidence of differential parentage, with some parents producing many F1s that lived to be at least one year old and many parents producing none. We also identify single nucleotide polymorphism (SNP) candidates that may have been under selection due to the lab environment in both 2019 and 2020, and highlight the functional pathways that these SNPs may affect. These data serve as a first indicator of how breeding corals ex situ may influence the genetic and phenotypic composition of the resulting aquarium-born population. Based on these data, we provide recommendations for minimizing inbreeding, genetic drift, and selection for the aquarium environment in aquarium-bred corals.



Materials and methods


Coral collection

Gravid Acropora hyacinthus coral colonies were collected in Palau (Bureau of Marine Resources permit number RE-19-07 and CITES permit PW19-018) in February 2019 and February 2020, in anticipation of the 2019 and 2020 spawns, respectively. Colonies were transported to the Coral Spawning Lab at the California Academy of Sciences, where they were kept on a Palauan cycle (lighting and temperature) until spawning, with methods adapted from Craggs et al. (2017). See Supplementary Methods for seasonal temperature settings and lighting regimes for 2019, 2020, and 2021.



Gamete collection, fertilization, larval rearing, and settlement

Colonies were monitored for spawning activity on nights 0 – 15 after the simulated full moons (0-15 nights after full moon, referred to as NAFM) in March 2019 and April and May 2020. Spawning occurred on 6-9 NAFM (March 27-30) in 2019 and 12-15 NAFM (April 19-22) and 10-12 NAFM (May 17-19) in 2020 (Table 1). Following release, gamete bundles were collected in 50 ml falcon tubes, labeled, and set aside for fertilization. Tubes were gently agitated to assist disaggregation of gamete bundles to release eggs and sperm. Bundles disaggregated ~60 minutes after release whereupon eggs and sperm from each colony were combined in 0.45 µm filtered seawater (FSW) and left to batch fertilize for 60 min. Following fertilization, embryos were rinsed in 0.45 µm FSW and gently transferred to continual flow larval cones maintained at 26-27°C in 0.45 µm FSW. Cultures were maintained at the recommended rearing density of ~1 larva mL-1 (Pollock et al., 2017) over the course of 4-7 days until competent to settle. Once competent, larvae were settled onto pre-conditioned (>4 months) aragonite tiles (Ocean Wonders®), inoculated with symbionts isolated from parent colonies, and reared for 1-2 years. The 2019 F1s were reared in the Coral Spawning Lab (CSL) at the California Academy of Sciences. Due to COVID-associated closures, the 2020 F1s were reared in an offsite lab to enable daily access and care during critical early life stages. Descriptions of both aquarium setups are provided below. For both systems, herbivores (urchins, snails, fishes) were included in the tanks with corals to help minimize algal growth.


Table 1 | Spawning activity relative to the night after full moon (NAFM), where X indicates that a given colony spawned on a given night.





Aquarium setup (CSL)

The Coral Spawning Lab (CSL) at the California Academy of Sciences was built in 2018 and is nested in the Academy’s Steinhart Aquarium. The laboratory aquarium system is in a dark room, consisting of an outer vestibule for a two-step entrance that protects the tank area from light pollution, and uses temperature and lighting control to manipulate coral spawning, with modifications from Craggs et al. (2017). The CSL is a closed 438-gallon (1658 L) saltwater system consisting of six 60-gallon (227 L) (36”x30”x14”) tanks and a filtration system. Parameters for the system were programmed to mimic the water temperature and light cycles of Palau (Supplementary Methods). Temperatures ranged from 26-28°C (79-83°F), and each tank was lit by two Ecotech Marine Radion XR15 G4 lights, with water motion provided by 2 Neptune Systems WAV pumps per tank. The system uses artificial seawater with the following parameters: nitrate (NO3-) 4.3 mg/l, phosphate (PO43-) 0.05 mg/l, salinity 33-36 parts per thousand (ppt), pH 8-8.4, alkalinity 2.6-3.0 mEq/L, magnesium 1400 mg/L, and calcium 380-430 mg/L (see Supplementary Methods for full artificial seawater recipe). Corals were fed once a day with a rotating mixture of live phytoplankton, live Artemia nauplii, copepods, rotifers (Live S-Rotifers, Reed Mariculture, Campbell, California, USA), and particulate reef food for filter feeders (BeneReef Reef Food, Benepets, Salt Lake City, Utah, USA). The systems are controlled by Neptune® Systems Apex controllers which automate temperature and light cycles to mimic seasonal changes in seawater temperature and lighting.



Offsite aquarium setup

The offsite aquarium used to rear the 2020 F1s consists of a central aquarium system originally established in 2003, and a satellite life support system that was established in 2006 and upgraded for coral spawning in 2018. The total system volume is approximately 450 gallons (1703 L). Two 67-gallon (254 L) tanks (34”x 24”x18”) were used to rear out the 2020 coral recruits. These two tanks had a turnover rate from the life support system of approximately five times per day. The system uses filtered natural salt water at a temperature of 25.5°C (78F), pH 8.1-8.3, nitrate (NO3-) 50 mg/l, phosphate (PO43-) 0.9 mg/l, salinity 33-36 parts per thousand (ppt), alkalinity 3.0 mEq/L, magnesium 1250 mg/L, and calcium 400 mg/L. Each larval tank was lit by a single Ecotech Marine Radion gen 4 XR30 (and later Neptune systems SKY light), with water motion provided by 2 Neptune Systems WAV pumps per tank. The systems are controlled by Neptune Systems Apex controllers.



Sample collection, preparation, and sequencing

In April 2021, one 1 cm branch was broken off of each adult spawner and stored in a 1.5 mL tube of 99% ethanol. Three of the adult spawners (CA56, CA60, CA65) had been sampled and sequenced to high depth of coverage in 2019 (López-Nandam et al., 2022), so they were not resampled at this time (Supplementary Table 1). For the 2019 F1s, smaller branch clips of 5-8 polyps were taken and for the 2020 F1s, 2-4 polyps were scraped into ethanol. Samples were stored at 4°C until extraction.

Two polyps were scraped off of each ethanol-preserved sample for each DNA extraction. Three of the spawning colonies (CA72, CA74, and CA80) died prior to tissue sampling; therefore, preserved sperm from the 2020 spawn was used for DNA extraction instead of adult polyp tissue of these colonies. Three adult spawners (CA67, CA75, and CA83) were not sequenced because they died prior to sampling and no sperm was preserved from them. DNA was extracted from sampled tissue using Qiagen DNEasy kits following the Blood and Tissue protocol with modifications specifically for genomic DNA extraction from corals (Baums and Kitchen, 2020) and a few further modifications (Supplementary Methods). Extracted DNA was sent to Texas A&M Agrilife Bioinformatics and Genomics Service (College Station, TX, USA) for whole-genome library preparation using a NEXTFLEX Rapid XP DNA-Seq Kit HT (PerkinElmer, Waltham, MA, USA). Libraries were sequenced at the Texas A&M Agrilife Bioinformatics and Genomics Service on one NovaSeq 6000 S4 lane at 26.1 ± 5.8 depth of coverage per sample across the full genome (2 s.d.) (Illumina, San Diego, CA, USA). Three of the parent libraries- CA56, CA60, and CA65- were sequenced previously at Chan-Zuckerberg Biohub (San Francisco, CA, USA) and one of the parent libraries- CA74- was sequenced previously for genome assembly at Dovetail Genomics (Scotts Valley, CA, USA) (López-Nandam et al., 2022).



Read mapping and SNP calling

Adapters were trimmed from reads using trimmomatic, version 0.39 (Bolger et al., 2014). Trimmed reads were mapped to the Acropora hyacinthus v1 reference genome (López-Nandam et al., 2022) using BWA version 0.7.17-r1188 with the bwa-mem algorithm (Li and Durbin, 2009). Duplicate reads were removed with Picardtools MarkDuplicates version 2.25.7. Depth of coverage across the genome for each sample was calculated using Genome Analysis Toolkit Version 4.2.0.0 DepthofCoverage tool (Van der Auwera et al., 2013). Haplotype calling was performed with the Genome Analysis Toolkit version 4.2.0.0 Haplotypecaller tool. Following GATK’s best practices for variant calling, we combined GVCFs from the same coral colony into a multi-sample GVCF using CombineGVCFs. Joint genotype calling was then performed on each multi-sample GVCF using GenotypeGVCFs with the option –all-sites to produce genotypes for both variant and nonvariant sites. The genotype-called multi-sample VCFs were filtered to remove all loci where one or more samples were missing a genotype call, and then further filtered so that depth of coverage was greater than 10 for every sample and GQ was greater than 30 at any sample using BCFtools (Danecek et al., 2021). We filtered for biallelic single nucleotide polymorphisms (SNPs) using BCFtools. The finalized, filtered VCF was annotated with snpEff (Cingolani et al., 2012) configured with the Acropora hyacinthus v1 genome (López-Nandam et al., 2022). All sequenced samples are listed with number of mapped and unmapped reads per sample in Supplementary Table 1. For the complete read mapping and SNP calling pipeline, including full commands with all parameters, see https://github.com/eloralopez/AquariumBreedingGenomics.



Parentage analysis

To calculate identity-by-descent (IBD) between individuals, we used Plink v2.00a2.3LM (Chang et al., 2015) to generate a pi_hat score of the proportion of sites in IBD for every pair of individuals in the population, including all wild-sourced spawners and all offspring produced in the aquarium. Using plink2, we made pairwise comparisons among every pair of individuals across the full population. For each pair, we found how many loci were state 0 (no shared alleles), state 1 (one shared allele), or state 2 (two shared alleles), and the proportion of alleles estimated to be in identity by descent, pi_hat = P(IBD=2) + 0.5*P(IBD=1) (Supplementary Table 2). Two clones would yield a pi_hat score of ~1, full siblings and parent-offspring pairs have a pi_hat of ~0.5, and half siblings have a pi_hat of ~0.25. To identify parent-offspring pairs, we filtered offspring-spawner pairs for pi_hatscores approximately equal to 0.5. We then checked putative parent-parent-offspring trios against the spawning date matrix (Table 1) to determine whether putative parent pairs spawned on the same day. All identified trios were validated as viable based on the spawning date matrix. Two offspring, CA2019-24 and CA2020-10, each had a pi_hat of ~0.5 with just one of the sequenced parent colonies. Using the spawning date matrix (Table 1), we determined that the second parent for each of these offspring was one of the two spawners that were not sequenced (CA67 was the second parent of CA2019-24, CA58 was the second parent of CA2020-10).



FST outlier identification

To identify SNPs with outlier FST values, we calculated FST between spawners and offspring for each year using VCFtools –weir-fst-pop version 0.1.16 (Danecek et al., 2011). We used a custom R script to identify SNPs with FST values in the 99th percentile in each cohort, and then identified the SNPs that were in the 99th percentile for both cohorts. We further filtered this subset to only include SNPs for which allele frequency, calculated in plink2 with the –freq option, changed in the same direction from F0 to F1 in both cohorts, i.e. the allele frequency increased in both cohorts or decreased from both cohorts. We refer to these SNPs as the “shared outliers” (Supplementary Table 3). See https://github.com/eloralopez/AquariumBreedingGenomics for scripts.



Allele and genotype frequencies

In addition to calculating allele frequencies in full cohorts, we also calculated allele frequencies in subsets of the cohorts to compare observed allele frequencies with those expected under Mendelian inheritance. We calculated allele frequencies in the 22 full siblings produced in 2019, the six full siblings produced in 2020, and the two sets of respective parents for these offspring in plink2 with the –freq option (Supplementary Tables 4, 5).

To compare observed genotype frequencies to those expected under Hardy-Weinberg equilibrium, we calculated genotype frequencies in plink2 with the –geno-counts option. Autosomal Hardy-Weinberg equilibrium exact test statistics were calculated in plink2 with the –hardy option (Supplementary Table 6). For custom R and python scripts used in these analyses see https://github.com/eloralopez/AquariumBreedingGenomics.



GO enrichment of outliers

To determine whether specific biological pathways were enriched in the set of shared outliers, we performed a Gene Ontology (GO) term enrichment analysis. We pulled the Acropora hyacinthus transcripts that either overlapped outlier coordinates or that were closest to an outlier in a noncoding region. Given that there are currently no functional annotations or mapped GO terms for predicted A. hyacinthus transcripts, we performed a nucleotide BLAST search of the outlier-associated A. hyacinthus transcript sequences against a local database of starlet sea anemone (Nematostella vectensis) cDNA sequences downloaded from EnsemblMetazoa (genome assembly ASM20922v1; see command line used in Appendix 1). N. vectensis is the closest cnidarian species supported in the extended Ensembl database with annotated GO terms. For each transcript, we chose the top N. vectensis BLAST hit by selecting the hit with the highest bit score and with the lowest e-value, which measure sequence similarity and the number of expected hits with the same quality by chance, respectively (see Appendix 1). We used the corresponding N. vectensis transcript IDs as the target subset for GO enrichment.

We generated a gene universe with all 20,4681 N. vectensis genes with annotated GO terms, and matched Ensembl transcript IDs with GO terms using the R packages “biomaRt” v2.50.3 (Durinck et al., 2009) and “GSEABase” v1.56.0 (Morgan et al., 2022). We note that the N. vectensis gene set is not perfectly representative of the A. hyacinthus gene set; however, we expect the majority of the genome to be conserved between these species. We used the GSEAbase implementation of a hypergeometric test to test for overrepresented GO biological pathways, molecular functions, and cellular compartments in the set of outlier-associated genes.




Results


2019 and 2020 spawns in the aquarium

Four of fourteen Acropora hyacinthus colonies that were imported in 2019 spawned in March 2019. Eleven of thirteen colonies that were imported in 2020 spawned in 2020 - seven in April and four in May. Additionally, four of the colonies that were imported in 2019 spawned in 2020, for a total of 15 spawners in 2020 (eleven 2020 imports and four 2019 imports). Spawning activity for all 2019 and 2020 corals is presented in Table 1. By April 2021, there were 23 surviving offspring from the 2019 spawn and 16 surviving offspring from the 2020 spawn (Figure 1).




Figure 1 | Photo of the F1s produced in 2019. This photo was taken shortly after tissue samples were collected from these individuals, in June 2021 when the F1s were two years old.





Identity by descent

We determined kinship among the corals in the system with an identity-by-descent approach. Imported spawners collected from the wild had low identity-by-descent probabilities (pi_hat<0.15), indicating that we collected unrelated individuals as the founders in the system (Supplementary Table 1). Identity-by-descent of parent-parent-offspring trios was consistent with spawn dates of parent corals (Table 1; Figure 2). There was no instance where an offspring appeared to have two parents that spawned on different days.




Figure 2 | Heatmap of identity-by-descent (IBD) probabilities (pi_hat). Each square shows the probability of IBD for each pair of corals. Theoretical values of IBD indicate that values of ~1 indicates clones, ~0.5 indicates full siblings or parent-offspring, and ~0.25 indicates half siblings.



Based on information from the pi_hat scores we were able to construct pedigrees (Figure 3). Two of the four colonies that spawned in 2019 parented 22 out of the 23 offspring that survived to two years old, meaning that all 22 of these offspring are full siblings (Figure 3A). The other two 2019 spawners produced just one offspring (CA2019-24) that survived to be two years old. CA2019-24 appears to have been parented by CA60 and CA67. We were not able to sequence CA67, but it spawned on the same day as CA60 and CA2019-24 did not have high pi_hat scores with any other individual but CA60, so we infer that CA67 was the second parent.




Figure 3 | Inferred pedigrees of the parents (red) and offspring (blue) for (A) the 2019 cohort and (B) the 2020 cohort, based on identity-by-descent probabilities (Supplementary Table 2) and spawn dates (Table 1). Colonies with an asterisk were not sequenced, but were inferred to be the parent based on their spawn date and an offspring’s lack of IBD probability of ~0.5 to more than one parent.



For the 2020 spawn, CA74 and CA80 produced six offspring together, and CA74 and CA80 each produced one additional offspring with CA71 (Figure 3B). These two additional offspring, CA2020-1 and CA2020-5, are half siblings of the other four offspring. In addition, CA2020-10 and CA2020-11 appear to have been parented by CA58 and CA83, and CA70 and CA72 parented CA2020-14. We were not able to sequence CA83, but it spawned on the same day as CA58, and CA2020-10 and CA2020-11 did not have high pi_hat scores with any other individual but CA58, so we infer that CA83 must have been the second parent.

There were four offspring from 2020 that had improbably high pi_hat values (i.e., those associated with half- or full siblingship) with nearly every other coral in the dataset, including the 2019 offspring (Figure 2). To check that this was not a result of human error or contamination, we re-extracted DNA from CA2020-7 and CA2020-8, and sequenced an additional high-coverage full genome library for each of these samples. The new libraries also yielded extremely high pi_hat values with the other corals. These four offspring also display much higher heterozygosity than expected, or than observed in the other corals sequenced (mean percent of sites that were heterozygous in an individual across all samples: 22.4 ± 5.7%; percent heterozygous for the four corals with IBD scores: CA2020-7: 27.3%; CA2020-8: 28.8%; CA2020-13: 30.1%; CA2020-16: 30.2%).



FST outliers

We identified SNPs where the aquarium-bred offspring population significantly deviated from the wild-sourced spawning population by calculating FST as well as difference in allele frequencies between the spawners and the F1s at each SNP for each cohort. Across all 12,994,408 SNPs, the mean FST between the 2019 spawners and offspring is 0.02 ± 0.28 (2 s.d.) and the mean FST between the 2020 spawners and offspring is 0.01 ± 0.11 (2 s.d.) (Figure 4). Of these SNPs, 88,856 were at or above the 99th percentile of FST values for the 2019 cohort (FST ≥ 0.47), and 121,419 were at or above the 99th percentile (FST ≥ 0.20) for the 2020 cohort (Figures 5A, B), and therefore considered outlier SNPs. Of the outlier SNPs for each cohort, 1,442 were shared between both cohorts (Figure 5C). Of the 1,442 SNPs that were outliers in both cohorts, 887 showed a shift in allele frequency in the same direction in both cohorts, where alternate allele frequency either increased from spawners to offspring in both years or decreased from spawners to offspring in both years (Figure 5C). We designated these 887 SNPs as candidate loci potentially undergoing selection in our captive-bred and lab-reared coral. Across all SNPs the mean absolute value change in allele frequency from parents to offspring was 0.06 ± 0.15 (2 s.d.) in the 2019 cohort and 0.08 ± 0.14 in the 2020 cohort (Figure 5D). By comparison, for the 887 shared outlier SNPs, the mean absolute value change in allele frequency from parents to offspring was 0.32 ± 0.09 (2 s.d.) in the 2019 cohort and 0.29 ± 0.13 in the 2020 cohort.




Figure 4 | Distributions of FST at 12.9 million SNPs between spawners and offspring for (A) the 2019 cohort and (B) the 2020 cohort. Vertical lines indicate values of the mean and the 99th percentile for each cohort.






Figure 5 | The allele frequency difference between the F1 and F0 in 2019 compared to that in 2020. Gray dots are SNPs that fell outside the 99th percentile of FST values of all SNPs, red dots are SNPs that fell in the 99th percentile in the 2019 cohort alone, blue dots are SNPs that fell in the 99th percentile in the 2020 cohort alone, and purple dots are SNPs that fell in the 99th percentile in both cohorts. (A) Displays all SNPs in the dataset, (B) displays the 99th percentile SNPs in the dataset, and (C) displays the 99th percentile SNPs that were shared between the 2019 and 2020 cohorts. The purple dots circled in the first and third quadrants in (C) are the 887 outlier SNPs used in the rest of the analyses. (D) Comparison of the mean absolute change in allele frequency for all SNPs (red) and for the 887 outliers (black) between the spawners and the surviving offspring in each year. The dots represent the mean, with the vertical bars representing ± 2 s.d.





Inheritance in the multi-sibling families

We compared the allele frequency of the 887 outlier SNPs with the allele frequencies of all SNPs for both the 2019 22-sibling family and the 2020 6-sibling family when the alternate allele frequency of the two parents was equal to 0.25, 0.5, and 0.75 (i.e., when the two parents did not share the same homozygous genotype at a SNP; Figure 6). Under Mendelian inheritance, if there is no selection acting on a particular allele, then the allele frequency in the offspring is expected to approximately equal the allele frequency of their parents. For instance, if the parent genotypes are AA and Aa, the allele frequency of a is 0.25, and the expected genotype ratios of the offspring of these two parents would be ½ AA and ½ Aa, resulting in an expected offspring allele frequency of a equal to 0.25.




Figure 6 | The probability density of allele frequencies for the 22 full siblings produced in 2019 (A–C) and the six full siblings produced in 2020 (D–F). The probability densities are shown for the SNPs where the two parents had alternate allele frequency of 0.25 (A, D), 0.5 (B, E), and 0.75 (C, F).



We tested the goodness-of-fit for alternate and reference allele counts for each SNP where the expected offspring alternate allele frequency was 0.25, 0.5, or 0.75, based on the parent alternate allele frequency. Cases where both parents have the same homozygous genotype for either the reference or alternate allele result in parent alternate allele frequency of 0 or 1, so these sites were disregarded for these analyses. P-values for the goodness-of-fit X2 test at each SNP are reported in Supplementary Tables 3, 4. Across all SNPs where parent alternate allele frequency was equal to 0.25, 0.5, or 0.75 (5,106,603 SNPs for the 2019 family and 4,596,732 SNPs for the 2020 family), 55.6% are significantly different (p < 0.05) from the expected allele frequency in the 2019 siblings and 10.8% are significantly different from the expected allele frequency in the 2020 siblings. Across the shared outlier SNPs where parent allele frequency was equal to 0.25, 0.5, or 0.75 (873 SNPs for the 2019 family and 129 SNPs for the 2020 family), 100% are significantly different from the expected allele frequency in the 2019 siblings and 37.2% are significantly different from the expected allele frequency in the 2020 siblings.

In the 2019 siblings, for SNPs where the parent allele frequency is 0.25 and 0.5, the offspring allele frequencies are bimodally distributed around 0 and 1, indicating little heterozygosity in offspring at these sites (Figures 6A, B). When the parent allele frequency is 0.75, the offspring allele frequency is bimodally distributed around 0 and 0.25 (Figure 6C). For the six full siblings produced in 2020, the 887 outlier SNPs fit expected allele frequency distributions more closely (Figures 6D–F).



Hardy-Weinberg equilibrium

To test whether the aquarium corals fit Hardy-Weinberg equilibrium expectations, we compared the alternate allele frequency with genotype frequency for the three possible genotypes (homozygous reference, heterozygous, and homozygous alternate) at all SNPs and the 887 shared outlier SNPs (Figure 7). We calculated Hardy-Weinberg equilibrium exact test statistics using plink2 to identify SNPs whose observed heterozygosity was significantly different from what would be expected under Hardy-Weinberg equilibrium (Supplementary Tables 5-8). Under Hardy-Weinberg equilibrium, the relationships between allele frequency and genotype frequency are expected to be:




Figure 7 | Relationships between the alternate allele frequency and genotype frequency for three genotypes: homozygous reference (blue), heterozygous (gold), and homozygous alternate (red). Equations describing the relationship between alternate allele frequency and genotype frequency expected under Hardy-Weinberg equilibrium for each genotype are represented by lines, while the points are the observed values seen in individual SNPs in each dataset. The observed relationships are shown for (A) all spawners at all SNPs, (B) all spawners at the 887 shared outlier SNPs, (C) all F1s at all SNPs, (D) all F1s at the shared outlier SNPs, (E) the 2019 F1s at all SNPs, (F) the 2019 F1s at the 887 outliers, (G) the 2020 F1s at all SNPs, and (H) the 2020 F1s at the 887 outliers.



Homozygous alternate genotype frequency = p2

Heterozygous genotype frequency = 2p(1-p)

Homozygous reference genotype frequency = (1-p)2

where p = the alternate allele frequency and 1-p = the reference allele frequency

For the complete set of wild-sourced spawners, across all 12,994,408 SNPs, 4.3% had a significantly different observed heterozygosity (p < 0.05) than would be expected under Hardy-Weinberg equilibrium (Figure 7A). In comparison, 20.2% of the 887 shared outlier SNPs had a significantly different observed heterozygosity than would be expected under Hardy-Weinberg equilibrium (Figure 7B). Across all F1s produced in 2019 and 2020, across all SNPs, 13.1% had a significantly different observed heterozygosity than expected under Hardy-Weinberg equilibrium (Figure 7C) compared to 8.9% in the shared outliers (Figure 7D). Across the 23 F1s produced in 2019, across all SNPs, 8.2% have heterozygosity that violates Hardy-Weinberg equilibrium (Figure 7E). Most of the shared outliers are at or near fixation, however, just one of the 887 SNPs (0.001%) has a heterozygosity that violates Hardy-Weinberg equilibrium (Figure 7F). Across all SNPs for the 2020 F1s, 5.7% violate Hardy-Weinberg equilibrium (Figure 7G), and 8.1% of the shared outliers violate Hardy-Weinberg equilibrium (Figure 7H).



GO enrichment of outliers

To explore gene networks that may have been under selection across cohorts, we tested for an enrichment of GO biological functions and pathways in the set of shared outlier SNPs. A total of 42 molecular function and 189 biological pathway GO terms were enriched in the set of genes associated with the shared outlier SNPs (p < 0.05; see full list in Supplementary Table 7). Notably, the functions syntaxin/SNARE binding and GTPase activator/regulator activity and several vesicle-mediated transport pathways were among the top enriched terms (Supplementary Table 7).




Discussion

The 2019 and 2020 coral spawns at the California Academy of Sciences were among the first in the United States to successfully produce aquarium-born offspring that have survived to over three years old (at the time of this publication). Unlike clonal propagation, successful sexual reproduction allows corals to maintain standing genetic variation and produce new genotypes through recombination. This genetic diversity will be essential for coral populations’ capacity to adapt to environmental change. By sequencing the spawners as well as the offspring that lived to be at least one year old, we are able to describe the genome-wide variation of aquarium-bred corals for the first time. With this information, we are equipped to make recommendations about how to maximize genetic variation and minimize the effects of genetic drift and adaptation to the aquarium environment in future coral breeding efforts.


Spawning and juvenile coral rearing methods

Given the importance of a genetically diverse broodstock, captive breeding programs should maximize the number of genetically distinct individuals that synchronously spawn on the same day and time (as opposed to segmented spawning, where individuals spawn on consecutive days) to produce the most heterogeneous starting population possible. Further work is needed to develop spawning cues that operate on fine scales (i.e., days, hours, or minutes) to facilitate the most synchronous spawns possible. Higher synchronicity in spawning of Acropora hyacinthus colonies has been achieved in an aquarium than was observed in this study (Craggs et al., 2018). Interestingly, ex situ corals have been observed to spawn a few days after their in situ counterparts across a variety of species, including Pacific corals and Caribbean corals (Craggs et al., 2017; Neely et al., 2020). To inform best practices for restoration fertilization, genetic heterogeneity of embryos yielded from batch fertilization (as in this study) versus controlled crosses of pairs of individuals (e.g Humanes et al., 2021) should be compared to determine the method that maximizes genetic variation. The development of standard husbandry protocols for grow-out may also help optimize genetic diversity of broodstock by maximizing survivorship, and therefore minimizing bottlenecks, at each life stage. This may include species-specific protocols for settlement, symbiont inoculations, feeding regimes, and cleaning/grazing regimens (Levenstein et al., 2021; O’Neil et al., 2021; Rahnke et al., 2022).



Parentage of aquarium-bred corals

Differential parentage is apparent in our system. In the 2019 cohort, 22 out of 23 offspring that survived to be two years old are full siblings that share the same two parents. Skewed contributions of spawners to surviving offspring have also been found in other conservation breeding programs, including perch (Attard et al., 2016) and another coral species, Acropora palmata (Hagedorn et al., 2021). The 2020 cohort represented a more even contribution of spawner genotypes. The eleven offspring for which parents could be identified came from seven of the thirteen colonies that spawned. There were also four 2020 offspring for whom parents could not be readily assigned, and which showed implausibly high pi_hat values with nearly all other spawners and offspring in the dataset, as well as anomalously high heterozygosity across the genome. This suggests that these are chimeras, or colonies made up of more than one sexually produced genotype. While the prevalence of chimerism in wild Acropora hyacinthus is only 3% (Schweinsberg et al., 2015), it is likely that chimerism occurs more frequently in aquarium-bred corals due to limited dispersal and settlement area (Puill-Stephan et al., 2012). Some studies indicate that chimeras may be more resilient to thermal stress (Huffmyer et al., 2021) and disease (Williamson et al., 2022), so their increased prevalence in aquarium populations may be adaptive.



Allele frequency comparisons between spawners and offspring

Allele frequencies did not differ significantly between spawners and offspring across the full genome. This is likely because one generation and a small population size is not sufficient to observe drastic changes, particularly as the starting population was highly heterozygous. However, there was a subset of SNPs for which allele frequency differences were anomalously high in both the 2019 and 2020 cohorts. Follow-up studies in other systems, and in later generations if the current F1s later produce F2s, may help to indicate their importance, or lack thereof. So far just one F2 generation has been produced in an aquarium (Craggs et al., 2020), but with expanding resources and knowledge in coral breeding and husbandry, this will soon become more common and allow for further study of allele frequency changes over generations.



Mendelian inheritance anomalies in the outlier SNPs

It is not clear from our data which phenomenon is the largest contributor to differential parentage in the surviving F1 corals. Possible causes include certain spawners producing a disproportionate quantity of gametes in the batch fertilization pool, certain spawners producing more vigorous sperm, certain spawners being more genetically compatible with others in the population, or differential survival of certain genotypes at early (embryonic, larval, young recruit) life stages. The strongest evidence that this bias is at least in part explained by differential survival of certain genotypes comes from the deviation from Mendelian expectations in the outlier SNPs for the 22 full siblings from two highly successful 2019 parents (Figures 5A–C) and the six full siblings produced in 2020 (Figures 5D–F). If there was no selection acting on the shared outlier SNPs, then the allele frequency of the F1s in both families should have matched that of their parents. Instead, we see fixation for one allele among full siblings at most of the shared outlier SNPs. 100% and 37.2% of shared outlier SNPs deviate significantly from the allele frequency expected given their parents’ allele frequency at that SNP in the 2019 and 2020 full siblings, respectively. This is more consistent with directional selection than with genetic drift, as it is unlikely that alleles would fix or become nearly fixed at the same locus for two independent sets of siblings spawned in two different years from different parents. In contrast, the SNPs that fell in the 99th percentile of FST values in just one cohort or the other (i.e., the red and blue points in Figures 4A, B) are more likely to be outliers due to genetic drift, because the stochastic nature of drift makes it unlikely to act on the same SNPs in two independent populations.

This phenomenon, in which certain sites become fixed or nearly fixed in a single generation while the majority of SNPs genome-wide maintain expected levels of heterozygosity, may be unique to broadcast spawners and other animals that produce many offspring each time they reproduce. Each spawning event results in millions of embryos, and that embryo pool is highly heterogenous (Kitanobo et al., 2022). In the wild and in the aquarium, the vast majority of coral embryos do not survive to maturity, so genetic drift and selection during the earliest life stages may be very strong. One way to test this hypothesis would be to model the starting heterogeneity found in an initial embryo pool, then simulating different outcomes by changing stochastic drift and selection coefficient parameters in the model.



Hardy-Weinberg equilibrium in aquarium-bred corals

Hardy-Weinberg equilibrium is a mathematical description of the expected relationships between allele and genotype frequency in a population in the absence of migration, mutation, selection, and assortative mating (Hardy, 1908; Weinberg, 1908). When populations deviate from Hardy-Weinberg equilibrium, it can indicate that inbreeding, population stratification, or other evolutionary forces are acting on the population (Wigginton et al., 2005). We tested how many sites across the genome had a significantly different heterozygosity than would be expected under Hardy-Weinberg equilibrium for the spawner and offspring populations. Overall, the vast majority of sites in both the wild and aquarium-raised corals were in Hardy-Weinberg equilibrium, and the F1 cohorts maintained high heterozygosity across the genome. Within the 887 shared outlier SNPs, the 2019 F1s show much lower heterozygosity and higher fixation than their parents, while the 2020 F1s maintain much higher heterozygosity. The difference between the two cohorts is likely due to the fact that all but one of the 2019 offspring came from the same two parents, whereas there was a higher diversity of parentage in the 2020 offspring.

The fact that the 2020 F1s are still largely in Hardy-Weinberg equilibrium and maintain high heterozygosity, even at the 887 outlier SNPs indicates that, for corals that are highly heterozygous to begin with, just seven successful parents can produce a genetically diverse set of aquarium-bred offspring. In addition, the minimal increase in the number of SNPs that deviate from Hardy-Weinberg expectations may suggest that overall there has not been a great deal of selection or allele frequency changes due to other factors in one generation. This may bode well for out planting aquarium-bred corals into the wild, and indeed it has been shown that aquarium-bred corals can survive and grow successfully in the wild (Henry et al., 2021), in contrast with studies that have demonstrated fitness and phenotype changes in hatchery-raised fish within one generation (Kostow, 2004; Wakiya et al., 2022).



Genes affected by the shared outlier SNPs

Though we are cautious not to overinterpret our Gene Ontology enrichment results (see Methods for limitations), we highlight the most prominent enriched functions here. We do not suggest that these functions are definitively under selection in aquaria, but SNPs related to these functions were significant Fst outliers in the aquarium-bred offspring, and therefore merit further consideration and study to determine whether the aquarium environment affects these functions in a manner that is different from what juvenile corals would experience in the wild. Several vesicle transport, and particularly exocytosis, functions are enriched in the shared outliers, suggesting that genes involved in expelling vesicle contents may be important for the success of aquarium-bred corals. Syntaxin binding with synaptotagmin (a gene that lies directly upstream of a shared outlier SNP) is well established as a critical activator of vesicle exocytosis; transmembrane transport of vesicles occurs when an influx of calcium ions bind to synaptotagmin-syntaxin complexes (Jena, 2009; Ohya et al., 2009). Previous work has demonstrated that synaptotagmin-like protein is activated during light-induced bleaching in Acropora micropthalma (Starcevic et al., 2010). Additionally, Rab GTPases regulate membrane and vesicle transport (Deneka et al., 2003) and have been shown to play a key role in the establishment and maintenance of endosymbiosis in the model anemone Exaiptasia (Chen et al., 2003). Given that endosymbionts are encapsulated in vesicles within coral host cells, one possibility is that selection may be acting on vesicle transport as it relates to endosymbiont uptake and expulsion. An exciting future direction that may provide additional clues is to determine when in development outlier-associated genes are relevant, which could be evaluated with gene and protein expression data of larvae across developmental stages. Future research is required to elucidate how and why the coral-algal relationship may be different in the lab environment than in the wild environment.



Recommendations

In any conservation breeding program, maximizing genetic variation and minimizing detrimental effects due to inbreeding or selection for the zoo or aquarium environment are crucial for facilitating good outcomes once the conservation-bred individuals are released into the wild (Frankham, 2008; Lacy et al., 2018). Based on our results from the 2019 and 2020 spawns at the California Academy of Sciences, we recommend the following guidelines for maximizing standing genetic variation in an aquarium-bred coral population.

	Choose a highly heterozygous breeding stock if possible.

	Start with at least 10 individuals in the breeding stock- not all will spawn, and often they will not spawn on the same night. Aiming for at least seven spawners that give rise to surviving offspring can ensure a F1 population that is highly heterozygous and in Hardy-Weinberg equilibrium (Figures 7G, H).

	Equalize the size of families, so that no one or two parents is excessively successful compared to the others. One way to control this in corals and other broadcast spawners is to do fertilization through reciprocal crosses rather than batch fertilization, using known volumes of sperm at equal concentrations.

	Maximize survivorship at every step- through symbiont inoculations, introduction of grazing invertebrates like snails and urchins, etc.- to reduce bottleneck effects and consequent genetic drift at certain life stages.

	Introduce aquarium-bred F1s back out onto the reef each generation, rather than keeping aquarium-bred lines going for multiple generations, to reduce the effects of lab selection.

	Introduce a few new wild breeders each generation, as in Sahashi and Morita (2022), preferably in the form of cryopreserved sperm so that colonies do not have to be taken off of the reef each year (as in Hagedorn et al., 2021; Howell et al., 2021).





Next steps

There are still many unresolved questions about best practices in breeding corals for conservation purposes, especially with the express aim of maximizing standing genetic variation in aquarium-bred offspring. Future research to determine which life stage is most subject to selection pressures will be crucial to our understanding of where the most resources for maximizing survivorship should go. Monitoring allele frequency changes throughout the first few days of embryo and larval development may elucidate where the major bottlenecks occur, and which genetic variants are most detrimental and beneficial in getting a given embryo through to the juvenile coral colony life stage.

Another avenue of research, one that may come at odds with the principles of maximizing standing genetic variation, is to experimentally select for desired traits in aquarium-bred corals. There is a lot of appeal in assisted evolution, or artificially selecting for animals that are best at surviving higher temperature, lower pH, or other environmental factors predicted to change in the ocean in the coming decades. Whether this can be done in a way that does not also eliminate too much variation across the genome at other loci unrelated to a given trait of interest remains to be tested.

Further, our results hint that specific genes and biological pathways may be under selection in the aquarium environment. The implication of this is two-fold; it may be possible to predict genetic variants and associated traits that underlie embryo and larval success in the aquarium, and genetic variants selected for in the aquarium may or may not be well-suited for success in the wild. In both cases it will be beneficial to evaluate functional traits in lab strains, such as response to environmental stressors and characteristics of endosymbiont uptake.
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Appendix 1 Key commands used in analysis

BLAST outlier-associated A. hyacinthus transcripts against local N. vectensis cDNA database for GO term matchup

blastn -db Nematostella_vectensis.ASM20922v1.cdna -query trulyshared_tx_all.fasta -task blastn -word_size 11 -outfmt 6 -out trulyshared_tx_all.Nv-cdna-blastn.out

Choose top hit per transcript based on bit score (1st) and e-value (2nd)

sort -k1,1 -k12,12nr -k11,11n trulyshared_tx_all.Nv-cdna-blastn.out | sort -u -k1,1 –merge > top_hits.trulyshared_tx_all.Nv-cdna-blastn.out
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Given the rapid, global decline in the health and abundance of coral reefs, increased investments in restoration-based interventions -including asexual and sexual propagation- are being made by coral reef scientists at research institutions, but also at zoos and aquariums. Mote Marine Laboratory & Aquarium is an independent, non-profit marine science organization dedicated to the conservation and restoration of Florida’s Coral Reef, and does so, using science-based strategies. In order to promote the long-term persistence, resilience, and adaptive potential of restored coral populations on Florida’s Coral Reef, Mote scientists are performing critical research and restoration activities related to assisted sexual reproduction (ASR). The objective of this study was to optimize ASR of Acropora cervicornis by (1) evaluating broodstock compatibility for genets actively used within Mote’s restoration gene pool, (2) optimizing larval settlement by testing spectral cues, (3) and optimizing the grow-out of sexual recruits by testing the impact of light on growth, survival, and algal symbiont uptake in the presence of adult corals or not. Overall, we found that corals and genets spawned with high synchrony, both within and across years, and in terms of predicted spawning times related to nights after the full moon and minutes after sunset. Across two years, overall fertilization success was high (~95%), but we did find one pair of genets that was not compatible. During settlement, larvae preferred pink and purple-colored substrates, which was consistent with our expectation that they would select substrates similar in color to crustose coralline algae (CCA). Interestingly though, they only did so when a matching chemical cue from CCA was also present, indicating that larvae integrate multiple cues simultaneously to determine the most appropriate place to settle. Growth and symbiont uptake were faster in recruits reared in the presence of adult corals and additional lighting, but survivorship was not different through the first ten weeks post-settlement between treatments. A subset of corals was outplanted using two different techniques based on single or clustered corals. We report the initial 1-month survival results. We also provide a detailed protocol and general recommendations for ASR based on years of coral sexual propagation experience.
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1 Introduction

Over the last four decades, Florida’s Coral Reef has suffered dramatic declines in the health and abundance of its most valuable stony coral species as a result of local and global stressors (Williams et al., 2008; Eakin et al., 2010; Colella et al., 2012; van Woesik et al., 2014; Kuffner et al., 2015; Precht et al., 2016; NCCOS, 2018; Walton et al., 2018). Almost 90% of the live corals that once dominated this reef system have been lost and coral cover is now estimated to be as low as 2-6% (Donovan et al., 2020). As such, increased investments are being made to conserve what is left while actively restoring what has been lost (Boström-Einarsson et al., 2020). For example, the National Oceanic and Atmospheric Association (NOAA) is leading a large-scale, multi-million-dollar collaborative effort to restore scleractinian corals at seven ecologically and culturally significant reef sites in the Florida Keys, an initiative called Mission: Iconic Reefs (NOAA, 2020).

Contributing to this effort, and to the restoration of the entire reef tract, are zoos and aquariums, which have become key players in the holding, propagation, and outplanting of threatened coral species, as well as locations where science-based restoration strategies are being developed and applied. For example, at Mote Marine Laboratory and Aquarium’s facility in the Florida Keys, The Elizabeth Moore International Center for Coral Reef Research and Restoration (IC2R3), scientists are conducting research on coral health and disease, stress tolerance, ocean acidification, restoration science, and reproduction science. At IC2R3, the Coral Restoration Program carries out a comprehensive framework for active restoration of Florida’s Coral Reef, which includes interventions related to resilience/resistance screening, asexual propagation, assisted sexual reproduction (ASR), outplanting, population and ecosystem monitoring, gene banking, and field- and land-based coral nursery management. This multi-faceted approach works to promote rapid population and reef recovery by integrating asexual and sexual propagation techniques to quickly upscale the number and diversity of stress-tolerant corals that can be used for restoration. The ultimate goals are to rapidly increase coral cover and get restored populations to a sexually mature self-sustaining state as quickly as possible, and with enough genotypic and phenotypic variation, so that they can effectively respond to changing environmental conditions (Baums et al., 2019).

Assisted sexual reproduction (ASR) of corals is a rapidly growing field within coral restoration science (Marhaver et al., 2017b; Calle-Trivino et al., 2018; Randall et al., 2020), and especially in Florida where natural sexual cycles appear to be failing for some species (Baums et al., 2019). Sexual reproduction is necessary for the long-term persistence of species and can increase the adaptive potential and resilience of populations by promoting genetic diversity (Baums et al., 2019). Generally, sexual reproduction in stony corals involves the following processes: gametogenesis, spawning, fertilization, embryogenesis, planulation (formation of planulae larvae), settlement, and recruitment where metamorphosed individuals become established within the reef community (Harrison, 2011). However, persistent recruitment failure has been reported for several species in Florida (Hughes and Tanner, 2000; Williams et al., 2008; van Woesik et al., 2014; Miller et al., 2018; Baums et al., 2019). It is hypothesized that wild populations are too small or not dense enough to support successful fertilization (e.g., sperm limitation and Allee effects) (Levitan et al., 2004; Levitan et al., 2011). This could be one explanation for why we are failing to see new generations of sexual recruits show up on Florida reefs. If populations are no longer self-sustaining through natural sexual cycles, the benefits of sexual reproduction may be lost (e.g., replenishment of depleted adult populations, population recovery post-disturbance, gene flow, and increased genetic variation).

As such, scientists and practitioners are stepping in to carry out coral sexual cycles in the laboratory to ensure the benefits of sexual reproduction are realized for restored populations. However, ASR and its associated processes can be somewhat species-specific. Thus, these processes require optimization in order to upscale and promote coral growth and survival, while at the same time reducing the time from production to restoration, which can take anywhere from months to years depending on the species and how soon sexually produced corals are put back out onto reefs. Therefore, the purpose of this study was to carry out ASR of A. cervicornis (Figure 1), while optimizing upscaled processes related to spawning, fertilization, settlement and grow-out with the overall intention to effectively generate a large number of diverse corals to be used for active restoration.




Figure 1 | Assisted sexual reproduction of A. cervicornis. (A) Offshore coral spawning nursery; each coral tree holds replicate colonies of a single genet. (B) Sexual maturity assessment; in the weeks preceding the predicted annual reproduction event, corals were sampled to confirm they were gravid (i.e., contain eggs (pink-orange spheres) and sperm (cream-colored packets)). (C) Ex-situ spawning setup; a few days before the full moon, corals were transferred from the in-situ nursery to the laboratory where they were held in large outdoor mesocosms that had access to sunset and lunar cues. (D) Coral setting; gamete bundles appeared in the polyps’ mouths indicating spawning was imminent. (E) Coral spawning; buoyant gamete bundles float to the surface. (F) Gamete bundle collection; bundles were collected using red lights to prevent light pollution from disrupting spawning. Source: (A) Sarah Hamlyn; (B-E) Hanna Koch; (F) Haley Burleson.



For this study, we used A. cervicornis because it was once a dominant species in Florida, but has since experienced a greater than 95% population reduction (Acropora Biological Review Team, 2005). Major losses are attributed to bleaching, disease, storms, cold snaps, and direct anthropogenic impacts (Gardner et al., 2005; Hemond and Vollmer, 2010; Gignoux-Wolfsohn et al., 2012; Enochs et al., 2014; Drury et al., 2016; Kemp et al., 2016; NCCOS, 2018; Gignoux-Wolfsohn et al., 2019; Goergen et al., 2019). Historically, this species has been the target of large-scale asexual restoration efforts owing to the critical ecosystem services it provides in terms of habitat and shelter to other reef organisms (Levy et al., 2010; Lirman et al., 2010; NMFS, 2015; Lohr and Patterson, 2017; Schopmeyer et al., 2017). Only more recently has it become a target for ASR. Furthermore, several genetic varieties (‘genets’) within Mote’s restoration gene pool have already been screened for increased resilience to heat stress and/or resistance to disease (Muller et al., 2018). This information is being fed into breeding designs based on controlled, two-parent crosses for evaluating the potential to conduct selective breeding based on certain desirable phenotypes (van Oppen et al., 2015; Koch, 2021b). These evaluations are beyond the scope of the present study, but the production of these families (i.e., crosses) was conducted herein as part of the ASR optimization process.

Specific ASR research aims herein were based on (1) evaluating broodstock compatibility in terms of spawning synchrony and fertilization success across multiple genets and years, (2) testing spectral cues associated with substrate color for optimizing settlement, and (3) optimizing the grow-out of sexual recruits by evaluating the impact of additional light and the presence of adult corals during early post-settlement months. To bolster our results and demonstrate reproducibility for certain aspects of the ASR process, we targeted two annual reproduction events corresponding to 2020 and 2021. Our hypotheses are as follows.

In terms of broodstock compatibility and spawning synchrony, we predicted that A. cervicornis would spawn within 1-15 nights after the August full moon, and have a peak spawning window where the most corals/genets would release gametes around nights 3-6 and 125-200 minutes after sunset (Jordan, 2018). We also expected to observe the same colonies spawn over multiple consecutive nights (Jordan, 2018). In terms of broodstock compatibility and fertilization, we hypothesized that gametic or genotypic incompatibilities may occur since such observations, including for acroporids, have previously been reported (Fogarty et al., 2012; Baums et al., 2013; Miller et al., 2018).

Regarding settlement, it is well documented that chemical cues given off by certain species of crustose coralline algae (CCA) act as an inducing mechanism for coral larval settlement and metamorphosis (Erwin et al., 2008; Tebben et al., 2015; Elmer et al., 2018; Whitman et al., 2020; Jorissen et al., 2021). Less studied is the role spectral cues (e.g., color) may play in coral settlement (Mason et al., 2011; Foster and Gilmour, 2016). We hypothesized that coral larvae would prefer to settle on substrates similar in color to CCA (i.e., pink and purple). If this were the case, we may be able to increase settlement rates, and thus, upscale the number of offspring produced simply by replacing standard white substrates with CCA-colored ones.

Finally, we predicted that sexual recruits would uptake algal symbionts (‘zooxanthellae’) faster, grow faster, and have greater survivorship when reared in the presence of adult corals and additional lighting. Typically, broadcast spawning species have aposymbiotic larvae; zooxanthellae are acquired early post-settlement via horizontal transmission from the surrounding seawater (Coffroth et al., 2006; Baird et al., 2009). While this process happens naturally in a land-based nursery with a flow-through system utilizing natural seawater, it can be slow and take weeks to months to achieve full uptake. Because algal symbionts (Family: Symbiodiniaceae) provide more than 90% of the coral’s daily metabolic energy requirements via photosynthetic activity (Muscatine et al., 1981), establishing this symbiosis early and rapidly is important for survival and growth. One strategy predicted to promote faster symbiont uptake is to rear settlers with adult corals (Nitschke et al., 2016; Quigley et al., 2018; Ali et al., 2019; Randall et al., 2020) that naturally shed algal symbionts in their epidermal mucocyte cells (Brown and Bythell, 2005). Once symbiosis is established, host energetic demands increase, and corals require more light to grow and survive. However, sensitive early life stages are oftentimes reared in indoor laboratories where conditions are more stable and controlled, but ambient light levels may be naturally low and necessitate the use of artificial lights to meet the coral’s increased energetic needs. If additional lighting supports faster growth, then recruit grow-out time could be reduced, along with effort, resources, time and monies.

How long corals are maintained in a nursery before outplanting, as well as how corals are outplanted, depends on many factors including project goals and availability of time, skilled personnel, space, and resources. Putting corals out sooner is faster and cheaper, but survival may be lower because mortality rates of sexual recruits reduce with size (Vermeij and Sandin, 2008; Speare et al., 2022). For this reason, Mote’s strategy is to grow corals (sexual recruits or microfragments) to a larger size (~2 ½ cm) before outplanting them to promote survival and retention of diversity. Herein, we used the 2020 cohort for active restoration in the Lower Florida Keys and did so utilizing two different outplanting strategies (i.e., outplanted genets either as single plugs or clusters of clonal fragments). While reporting on the long-term differences between these two strategies is beyond the scope of this study, we discuss preliminary 1-month post-outplant survival results and potential costs/benefits associated with the different strategies.



2 Methods and materials


2.1 Coral spawning nurseries

Two offshore A. cervicornis spawning nurseries (Figure 1A), ~48 km apart in the Lower Florida Keys, were created in 2019 and within Mote’s existing coral nurseries at Looe Key and Sand Key. Our nursery consisted of coral trees, which are mid-water floating structures tethered to the seafloor by a duckbill anchor, buoyed via sub-surface floats, and composed of a 183 cm vertical PVC trunk with five 91 cm horizontal fiberglass arms. Trees held up to ten replicate colonies of large size (up to ~60 cm diameter) that were hung from each arm by two attachment points using 136 kg capacity monofilament and aluminum sleeves (Figure 1A). Sexual maturity in scleractinian corals is size-dependent (Szmant, 1986; Babcock, 1991; Soong and Lang, 1992), with the predicted puberty size of this species to be ~25-30 cm diameter (Schopmeyer et al., 2017; Foster and Gilmour, 2020), or ~5,000-10,000 cm3 if ellipsoid volume is used as a size metric (Kiel et al., 2012; Huntington and Miller, 2014). The formula to convert from linear dimensions to colony volume is as follows:

	

Because larger corals tend to be more fecund (Hall and Hughes, 1996; Sakai, 1998; Beiring and Lasker, 2000; Elahi and Edmunds, 2007; Nozawa and Lin, 2014; Foster and Gilmour, 2020), we let the colonies grow to 2-3x the size needed for sexual maturity in order to maximize access to as many propagules as possible for upscaling ASR. Colonies began as asexual fragments, ~15 cm in diameter, that were harvested from the existing coral nursery at each location, which are used for asexual restoration. The spawning nursery was maintained as needed throughout the year by manually cleaning the trees and removing fouling organisms. The genets held within each spawning nursery were as follows: Looe Key (1, 3, 7, 13, 31, 34, 41, 44, 50, 62); Sand Key (1, 3, 7, 13, 31, 34, 41, 44, 47, 50, 62). All genets were originally sourced from the wild (i.e., natural populations in the Lower Florida Keys).



2.2 Morphometric and sexual maturity assessments

A. cervicornis has an annual reproductive event that typically follows the August full moon in Florida (Jordan, 2018). Gametogenesis in acroporids begins shortly after each annual reproduction event, with oogenesis typically beginning in November and spermatogenesis in January (Vargas-Angel et al., 2006). In the months preceding the spawning event, oocytes become visible by eye, but are relatively small and unpigmented (i.e., Stages II/III). However, within the last lunar cycle leading up to gamete release, oocyte size and pigmentation dramatically increase (i.e., Stages III/IV) (Vargas-Angel et al., 2006), and male gametes become visible as the sperm cells are assembled into discrete packets (i.e., Stage IV). It is then straightforward to identify gravid (pregnant) corals in-situ simply by breaking off a branch of the colony and looking inside the fragment to see if eggs and sperm are visible (Figure 1B). Thus, the size and pigmentation of gametes are strong indicators of whether the coral is expected to spawn in the upcoming lunar cycle.

Herein, we assessed the reproductive status of all genets present in each of Mote’s spawning nurseries before each predicted spawning event by sampling up to three replicate branches per replicate colony per genet (Figure 1B). Not every branch in a colony may develop gametes so replicate sampling may be necessary to confirm a gravid state. However, once a gravid branch was obtained, we stopped sampling to prevent unnecessary oversampling. The most recent growth typically does not develop gametes [i.e., sterile zones; (Wallace, 1985; Soong and Lang, 1992)], so we sampled branches ~10-12 cm in length and from the central portion of the colony (Foster and Gilmour, 2020). Colony morphometric data were collected for every sampled coral (Table S1). For obtaining samples, we targeted corals that were apparently healthy and above the predicted puberty size. Fragments were visually inspected for the presence of gametes and results recorded (Table S1).



2.3 Ex-situ spawning and gamete collections

Corals were brought to IC2R3 a few days before the August (2020) and July (2021) full moon for ASR. In 2020, we transported corals (52 colonies, 10 genets) from the Sand Key spawning nursery to the laboratory in large bins filled with seawater. In 2021, we transported corals (17 colonies, 9 genets) from the Looe Key spawning nursery to the laboratory without being in seawater (Figure S1). If done properly (see Figure S1 for description), corals can be transported for short durations (e.g., 30-45 minutes) without being submerged in seawater, and without any negative impacts to coral health or reproduction.

Back at the laboratory, corals were placed into fiberglass, flow-through, 1,800 L circular (183 cm diameter) mesocosms (Figure 1C) filled with ambient (~28°C) seawater pumped in from the adjacent canal. All seawater on site was treated with mechanical filtration and UV sterilization. Air wands maintained the pH of the seawater around 8 and pumps (Maxspect Xf350 Gyre Pump) were used to maintain circulation. Flow rates were ~6 L/min. Each mesocosm held replicate colonies of two genets. During spawning, we used mesh barriers to prevent gamete bundle mixing between the two genets held within a single mesocosm (Figure S2). Mesocosms were outside so corals had access to sunset and lunar cues. To prevent light pollution from disrupting spawning, all external building lights were shut off at sunset each night. Water and air in the mesocosms were turned off ~1hr before the predicted spawning time.

In 2020 and 2021, we monitored the corals for the first seven and nine nights after the full moon, respectively. Starting at 9pm each night, (~1hr after sunset) we monitored the corals at 30-min intervals to check for gamete bundle setting where the bundles are moved into the polyps’ mouths, become visible by eye, and indicate spawning is imminent (Figure 1D). Once this happened, we monitored the corals continuously until spawning commenced (Figure 1E). We used red headlamps (Figure 1F) until all colonies that had set started spawning, at which time we switched to white lights. For every spawned colony, we recorded the time setting started, the time spawning started/ended, as well as the percentage of total colonies that spawned (Table 1). We collected gamete bundles at the water’s surface using transfer pipettes and placed them into 50 mL centrifuge tubes. We collected gamete bundles for ~30 minutes and stopped before bundle dissolution.


Table 1 | Spawn timing data for 2020 and 2021 A. cervicornis broadcast spawning events.





2.4 In-vitro fertilization and controlled two-parent crosses

Gamete bundles were taken into the laboratory, which was previously cleaned, sterilized (using 70% EtOH) and ventilated. Equipment/supplies were also previously acid washed (10% muriatic acid) or bleached (10% bleach). All plastics used were made of polystyrene. Gamete bundles sat at room temperature (28°C) for 30-60 min to allow dissolution (Figure S3A), after which time we poured each collection over a sieve (~50 µm) to separate sperm and eggs. Sperm flowed through the sieve into a fertilization container (Norpro 4-Cup Gravy Fat Separator), while the eggs remained on the sieve (Figure S3B). We washed the eggs by submerging the sieve in ultra-filtered seawater (U-FSW) (0.7µm Whatman 1825-047 Glass Filter) in a 600 mL glass beaker. We did this four times, or until the water was no longer cloudy. Using a 500 mL squeeze bottle filled with U-FSW, we washed the eggs into a collection cup (4 oz. sterile specimen cup) that also had a very thin layer of U-FSW at the bottom. We did this to create separate sperm and egg stocks for every genet (Figure S3C).

In 2020 and 2021, we conducted 29 and 20 unique two-parent controlled crosses, respectively. Some failed crosses in 2020 were repeated in 2021 to test for reproducibility (see Results). We carried out replicate fertilization assays under standardized, controlled conditions including ambient temperature (28°C), U-FSW, sperm concentration of ~106 cells/mL (Oliver and Babcock, 1992; Nozawa et al., 2015), no more than a single layer of eggs on the surface of each container, and for a duration of ~60min (Marhaver et al., 2017b) (Figure S3D). We used a hemocytometer and compound microscope to obtain replicate cell counts of sperm stocks. The target concentration was achieved by diluting the sperm stocks with U-FSW. Fertilization was initiated by gently pouring the eggs down the inside of the fertilization containers with the diluted sperm. Assays were stirred using a transfer pipet at 0 and 30min. After 60min, the seawater in the fertilization container was slowly poured out, making sure to keep the buoyant eggs on the surface. This was followed by re-filling the container with U-FSW through the spout and letting it sit for ~30sec to allow the eggs to float to the surface. We repeated the rinsing process at least four times, or until the water was no longer cloudy (Figure S3E). Afterwards, we transferred the eggs to plastic deli containers (20 x 20 x 8 cm) with ~1 L of U-FSW. Each container held a few thousand eggs (Figure S4A) and was left on the bench at room temperature overnight.

The next morning, we scored fertilization success of each culture by using a dissecting microscope to enumerate the number of fertilized and unfertilized eggs in replicate sub-samples. Fertilized eggs were distinguished from unfertilized eggs by their morphology, whereby 11-13 hpf (hours post-fertilization), developing embryos had reached the ‘prawn chip’ stage, which has a very distinct irregular shape (Figures S4C, D). Unfertilized eggs remained spherical (Figure S4C, D). Within a day, the unfertilized eggs had degraded and were manually removed using transfer pipettes (Figure S4B). We maintained clean cultures by transferring embryos to new bins with fresh seawater every other day (Marhaver et al., 2017a).

In 2021, we conducted two types of selfing controls. For every genet, we conducted replicate (n=3) ‘No Sperm’ and ‘Sperm + Egg’ assays. For the No Sperm assays, we placed 50 gamete bundles in a 50 mL centrifuge tube, allowed bundle dissolution, and then separated eggs and sperm as previously described. The remaining rinsed eggs were transferred to large petri dishes with U-FSW and sat at room temperature overnight. For the Sperm + Egg assays, we processed 100 gamete bundles in the same way and after separation, the gametes were combined together in a large petri dish with the same target sperm concentration. After 60min, we rinsed the eggs and transferred them to a large petri dish with U-FSW. We scored fertilization success the next morning. Any fertilized eggs were transferred to new petri dishes with U-FSW and maintained daily as previously described. For one genet, embryos developed into larvae, so we prepared a settlement assay in the same manner as was done in 2020 (see below).

Thirty-six to fifty-four hpf, embryos were transferred to clean 4 L plastic buckets filled with filtered seawater and ~10,000 larvae per bucket (Figure S5). We maintained cultures over the next 7-8d by conducting daily 75% water changes using siphons and sieves. Buckets were held within flow-through (183L x 91W x 61H, cm) fiberglass mesocosms ‘raceways’ for temperature regulation. We monitored larval development and behavior until they achieved settlement competency. At first, larvae floated on the surface of the water, followed by elongation and spinning movements. This was then followed by surface swimming. Soon after, larvae dropped down into the water column and once they sank to the bottom of the container and began searching, they were ready to settle. For acroporids in this setting, we have observed time to competency to be 4-10 days post-fertilization.



2.5 Larval settlement


2.5.1 Optimizing set-up

We carried out settlement assays using different techniques in 2020 and 2021. In 2020, we used closed containers (4 L glass aquaria, Aqueon) (Figure 2A) held within partially filled raceways to maintain a stable temperature of ~27-28°C (Figure 2B). We used flat ceramic plugs (~3 cm, white, Boston Aqua Farms) as settlement substrates and covered the entire surface area of the bottom of the tanks (n=72/tank). Plugs were pre-soaked for a few hours before use and maintained on plastic racks (styrene lighting panel) in the tanks. Tanks were filled ~90% with filtered seawater.




Figure 2 | Coral larval settlement in closed containers. (A) 4 L glass tanks used for settlement. (B) Settlement tanks are held within partially filled raceways for temperature stability. (C) Naturally occurring crustose coralline algae (CCA) is cultivated within a raceway for using as a settlement cue. (D) Freshly harvested CCA flakes are sprinkled onto a settlement substrate (ceramic plug) to provide chemical cues to larvae. Source: Hanna Koch.



CCA is a known settlement and metamorphosis inducer for coral larvae (Tebben et al., 2015; Elmer et al., 2018; Whitman et al., 2020). As such, it is widely used as a chemical cue in coral settlement studies. Mote’s facility uses natural seawater and thus CCA spp. naturally occur within our system (Figure 2C). Identification of our CCA spp. is currently underway. In 2020, we harvested fresh CCA from an outside raceway, crushed it up using a mortar and pestle, and then sprinkled ~0.04 g of CCA flakes onto each plug (Figure 2D).

In 2021, we optimized our settlement set-up by switching to flow-through containers (Figure 3A). We used 47 L flat-bottomed bins and cut out two 5 cm holes in each of the four sides. The holes were covered with ~100 µm mesh that was affixed using silicone sealant (Dowsil 795). To allow for replicate settlement assays within each bin, we divided them into four quadrants using waterproof corrugated plastic sheets that were secured in place using a hot glue gun. The bins had lips which allowed them to sit in custom-made, collapsible PCV frames. The bins sat in raceways, which were filled with filtered seawater with a flow rate of ~6 L/min (Figure 3B).




Figure 3 | Flow-through settlement containers. (A) To allow seawater to flow through the container, multiple holes are cut out and covered with mesh. To allow for replicate settlement assays, containers were divided into quadrants. (B) Settlement bins are stabilized using a PVC frame and held in a raceway with a continuous flow of fresh seawater. Source: Hanna Koch.





2.5.2 Testing spectral cues

To evaluate larval responses to spectral cues during settlement in 2021, we tested preference for substrate color and used the same type (i.e., shape, material, size) of plugs as previously described but had them made into eight colors (applied/tested by the manufacturer): indigo, white, orange, black, pink, green, purple, and blue. The bins were lined with plugs (n=16/quadrant) (Figure 4A) and held within raceways (Figure 4B). To provide the necessary chemical cue for settlement, we added a standardized amount of CCA to each plug (Figure 4C). To disentangle the response of larvae to the chemical + spectral cues versus the spectral cue alone, we set up replicate control assays (without CCA), which had the same stocking density and settlement duration. For each family (i.e., cross), we conducted replicate (n=2) experimental and control assays. Every plug was labeled using a permanent marker to record the cross on the bottom of the plug, which was then sealed with extra thick gel super glue (Bulk Reef Supply).




Figure 4 | Coral larval settlement in flow-through containers and testing larval preferences associated with spectral cues. (A) Indigo, white, orange, black, pink, green, purple, and blue ceramic substrates (plugs) were used to test which color coral larvae were attracted to during settlement. (B) Settlement assays were conducted in flow-through bins held within raceways with a continuous influx of fresh seawater. (C) CCA flakes were dusted onto each plug to provide a chemical cue for settlement. Source: Hanna Koch.





2.5.3 Settlement

We standardized larval stocking density (1 larva/5mL) (but see below) and settlement duration (3d), which were parameters tested and optimized in previous years (data not included). When we used closed settlement containers in 2020, we conducted daily 75% water changes to maintain optimal water quality. Water changes were not necessary in 2021. After 3d, we removed the plugs, and gently pipetted off any free-standing CCA flakes, which helped to prevent CCA overgrowth of settlers. Plugs were transferred to a new raceway with filtered, aerated ambient seawater (7.8-8 pH, 38 ppt salinity, ~27°C), and received ambient irradiance levels (~10-15 PAR, µmol photons m-2 s-1). The following day, settlers were enumerated using a dissecting microscope and blue light technology (Stereo-Microscope Fluorescence Adapter, RB, Nightsea), which allowed us to use the corals’ natural fluorescence for distinguishing individuals (Figure S6). We also measured settlement densities (number of settlers per plug) and rates (number of settled larvae out of total larvae).

In 2020, during larval rearing, there was a bacterial outbreak in some buckets, which was attributed to overstocking. While we did not observe an increase in mortality, we did notice a reduction in motility which made it difficult to estimate larval stocking densities for such a high volume of larvae during settlement. Therefore, we were not able to standardize stocking densities across the assays or estimate settlement rates. However, settlement still occurred for the majority of families, and in many cases in very high numbers, so we were still able to compare relative settlement success across the different crosses (see Results and Discussion).

In 2021, during larval rearing, we noticed abnormally high larval mortality in all crosses with genet 31 as the dam (i.e., mother/egg donor/’e’). We were thus not able to use the standardized stocking density for the following crosses: 3s x 31e, 7s x 31e, and 31e x 50s. Instead, we settled all available larvae across replicate assays (N=230, 242, and 120, respectively). For this reason, settlement rates of those crosses cannot be directly compared to others (see Results and Discussion).




2.6 Optimizing post-settlement grow-out

After quantifying settlers, empty plugs were removed, and the remaining plugs of each cross were split in half and randomized into two treatments across two raceways based on the presence (‘With’ treatment) -or not (‘Without’ treatment)- of additional lighting and adults (With treatment: 2977 settlers across 465 plugs; Without treatment: 2893 settlers across 464 plugs). For the With treatment, we added 3 Radion XR30 Pro lights (Ecotech Marine) (Figure 5A). Our light regime was based on previous research showing higher early recruit survival under reduced irradiance (Kreh, 2019). Herein, light was measured as the radiant energy between 400 and 700 nm wavelength (i.e., PAR, µmol photons m-2 s-1) as photosynthetic photon flux density (PPFD) (Edmunds et al., 2018), and using a PAR meter (Underwater Quantum Flux, Model MQ-510, Apogee Instruments). Baseline ambient irradiance in the laboratory with only overhead room lights on, was ~14 µmol photons m-2 s-1. Our light regime over the 10-wk post-settlement period was as follows (with changes done incrementally): (1) irradiance increased from ~14 to ~100 µmol photons m-2 s-1; (2) Radion intensity (peak sun) increased from ~25% to ~30%; (3) Point intensity (peak sun) increased from ~75% to ~90%; (4) % blue light increased from 0 to 10; (5) % violet, green, red, warm, cool and UV light remained consistent at 37, 61, 61, 66, 71, and 73, respectively. The Without treatment only received overhead laboratory lighting (Figure 5A), which had a stable irradiance of ~14 µmol photons m-2 s-1. All lights were on a similar 12hr day/night schedule.




Figure 5 | Optimizing grow-out of sexual recruits. (A) Crosses were equally divided into two treatments based on additional lighting (With treatment, left) or only ambient laboratory lighting (Without treatment, right). (B) Every rack of corals in the With treatment also received one adult coral to encourage faster uptake of algal symbionts. Source: Hanna Koch.



Every rack of corals in the With treatment received 1 adult A. cervicornis coral (Figure 5B), which was given a short Lugol’s bath (Lugol’s Iodine) prior to addition. Adult corals were 2-yr old plugs that had remained in Mote’s ex-situ nursery for the duration of their life. To monitor survivorship and zooxanthellae acquisition over time, every plug with sexual recruits was inspected under a dissecting microscope on a weekly basis, for 10 weeks, to record if there were living recruits present and if so, if any had symbionts. The plug was the unit of measure and given a 0 or 1 for both metrics. At the end of the 10-wk study, ten plugs per family and treatment were chosen at random for the final growth comparison. Images of plugs were taken in a standardized manner using a camera (Olympus TG-6) to capture images from a fixed distance. A ruler was used for scale. Using ImageJ, the outline of every recruit on each plug was traced to extract surface area measurements. Corals and raceways were maintained throughout the study using the same husbandry regime (see below).



2.7 Coral husbandry

We developed a standardized raceway maintenance and coral husbandry protocol that was utilized for both studies in 2020 and 2021, and which promotes coral growth and survival by providing a healthy environment with stable, optimal conditions. The elements of this regime included biological control (i.e., herbivorous invertebrate grazers), daily feeding, daily siphoning and basting, bi-weekly raceway cleaning, optimal flow rates and water quality. To mitigate algal fouling, we deployed to each raceway ~1000 Batillaria spp., which are small intertidal snails that are effective grazers and do not irritate small, delicate recruits. We have never observed recruit mortality as a result of snail grazing using this species. All snails were quarantined for one week and washed using a 3% H2O2solution prior to use. We fed recruits a daily diet of 57 g of Golden Pearls (5-50 µm, Aquatic Foods Inc.), 57 g Reef-Roids (Polyp Lab), and a 10 mL solution of Microvore, Microblast and Zooplankton-S (Brightwell Aquatics). We turned the air and water pumps off before broadcast feeding across the raceway, making sure to target each rack of corals. They were allowed to feed for 30min, after which time, we turned the pumps back on. Also on a daily basis, we siphoned every raceway to remove snail detritus and prevent algal blooms. We also gently basted every plug using a turkey baster to remove nuisance microorganisms. Over time, more algae grew in raceways than snails could control, so we acid washed raceways on a bi-weekly basis. We used 50% muriatic acid and a non-scratch sponge to clean them, followed by freshwater and seawater rinses. Immediately after, we filled it back up again. Corals were temporarily (<1hr) moved to another raceway with identical conditions, and then moved back. Flow rates were maintained around 6L/min, and optimal water quality parameters included: ~25-27°C, 7.8-8 pH, and 36-38 ppt salinity.



2.8 Statistical analyses

We performed all statistical analyses in R v.4.0.3 (R Core Team, 2020). Data were checked for normality using the Shapiro–Wilk test and for equality of variance using Levene’s test or the Fligner-Killeen test if data were non-normal. To test for significant differences among groups, non-parametric tests (e.g., Kruskall-Wallis, Wilcoxon) or mixed-effects models (e.g., LMM) were used when data violated assumptions of normality. Following the use of omnibus tests, we then ran matching post-hoc tests (e.g., Dunn test, non-parametric) to look for significant pairwise differences. All post-hoc tests were run with a Bonferroni correction factor to account for multiple testing. These were the set of tests used for testing for significant differences in: (1) fertilization rates, (2) settlement rates, (3) settlement densities, and (4) recruit size. For optimizing grow-out of sexual recruits and comparing treatments, survivorship was analyzed using a Kaplan-Meier survival curve and median survival times of treatments were compared using a log rank test (X2). To test the effects of treatment, time and their interaction on zooxanthellae acquisition, we used a linear mixed-effects model (LMM: lme4 package) with treatment and time as fixed effects and time nested within replicate plug nested within treatment as random effects to account for temporal pseudo-replication. We conducted model fitting and used Akaike information criterion (AIC) to select the best fit model of our data.



2.9 Active restoration

Once recruits from the 2020 cohort reached ~2 ½ cm in diameter, we carried out two different strategies for outplanting on degraded reefs in the Lower Florida Keys. For the first strategy, we outplanted subsets of single plugs where each plug represented a novel genet. The second strategy involved fragmenting each novel genet into replicate clonal fragments, and then outplanting them as a cluster (Figure 6A). For outplanting singles, we removed the plug stems using a bone cutter, and then epoxied each plug to bare reef using 2-part epoxy and in a 10x10m grid fashion for monitoring purposes (5 corals per 2m2). For the clusters, we used a wet C40 diamond band saw (Gryphon Corporation, Sylmar, CA, US) to cut corals into five similarly sized fragments. Fragments were grown out for another few months in an outdoor raceway in Mote’s land-based nursery under standardized conditions (i.e., ~25-27°C, 7.8-8 pH, and 36-38 ppt salinity) and with natural light cycles. The daily husbandry regime was the same as previously described. Once fragments were full-grown, the clonal sets were outplanted in small clusters and affixed to the reef using the same attachment method as the single plugs. Each cluster represented a single genet and was tagged for monitoring purposes (Figure 6B). Each genet was fragmented and outplanted only once. For both strategies, corals from the different families were randomized to ensure a diversity of genets and families at each outplant site. We also targeted a diversity of reefs and habitat types (see Table 2), making sure to only outplant in this species’ natural habitat. All corals were healthy and required to pass a certified vet check prior to outplanting. We conducted 1-month monitoring of outplants on SCUBA to record coral and genet survivorship.




Figure 6 | Active restoration using sexual recruits produced via ASR. (A) Outplant event where each cluster of corals represents a different genet from the same or different family. (B) One method of outplanting involves fragmenting a single genet into five clonal replicates, which are then outplanted as a cluster in order to form (via fusion) a larger colony faster; every outplant or cluster is tagged for monitoring purposes. Source: Erich Bartels.




Table 2 | Outplant and survival data for A. cervicornis sexual recruits produced via ASR in 2020 for active restoration purposes on Florida’s Coral Reef.






3 Results


3.1 Spawning nurseries

The use of offshore spawning nurseries worked well for creating reliable access to sexually mature corals that could be easily transported between the field and laboratory for annual ex-situ ASR efforts. A couple of minor complications arose from the occurrence of storms. In 2020, the genet 31 tree in the Sand Key nursery went missing after a tropical storm. In 2021, colonies of genet 13 in the Looe Key nursery also went missing after turbulent weather. In order to maintain colony and nursery health, some colonies, or portions of colonies, were culled if tissue loss or excessive fouling was observed. Having nursery redundancy was helpful. It prevented the loss of genotypic diversity, especially in cases where entire trees in one nursery were lost due to inclement weather.



3.2 Morphometric and sexual maturity assessments

Having sampled colonies that were above the predicted puberty size (~50-100 x102 cm3) and apparently healthy, the results are as follows (Table S1). In 2020, the mean colony size (volume) of Sand Key corals (N=129) and genets (N=11) was ~266 x102 cm3, and 49/61 sampled corals (80%) were gravid. Every genet had gravid colonies except 41. For genet 41, colony sizes ranged from 68 to 234 x102 cm3, with a mean volume ± SEM (standard error of the mean) of 139.77 ± 15.39 x102 cm3, which was the smallest relative to all other genets. Because not every branch may develop gametes -and smaller colonies may have fewer large branches- it is possible a colony is indeed gravid, but our sampling did not capture it. Nonetheless, one does not want to sample in a way that compromises the integrity of the entire colony. Furthermore, we were only permitted to sample up to three branches per colony. In 2021, the mean colony size of Looe Key corals (N=39) and genets (N=9) was ~684 x102 cm3 and 39/39 (100%) were gravid.



3.3 Ex-situ spawning

Across years, genets, and ramets (clonal colonies) -and in terms of nights after the full moon (NAFM) and minutes after sunset (MAS)- corals spawned synchronously overall (Figure 7; Table 1). In both years, every colony and genet spawned, with nearly all colonies spawning across multiple nights, often consecutively. These data are consistent with predicted spawning times based on historical observations for this species, which is 1-15 NAFM with peak spawning activity around 3-6 NAFM (Jordan, 2018). Peaks refer to periods when the highest degree of spawning activity is observed, which was night 6 in 2020 (33/52 colonies and 8/10 genets) and night 7 in 2021 (17/17 colonies and 9/9 genets). Fewer ramets were brought in for ex-situ spawning in 2021 as a result of their increased size, which limited the number of colonies that could fit in the mesocosms. 2021 was considered a split spawn year as corals spawned a month earlier than predicted (i.e., after the July full moon).




Figure 7 | Ex-situ broadcast spawning timing data for A. cervicornis genets used for managed breeding and active restoration. Timing is relative to the (A) August 3, 2020 full moon (52 colonies; 10 genets) and (B) July 23, 2021 full moon (17 colonies; 9 genets). In both years, every colony and genet spawned, with nearly all colonies spawning across multiple nights, often consecutively. Across both years, corals spawned during the predicted window for this species and region (i.e., 1-15 NAFM), with peak spawning activity observed on night 6 in 2020 and on night 7 in 2021.



Some genet-specific spawning patterns in terms of NAFM emerged from this data (Figure 7). For example, across both years, genets 1 and 50 spawned in the middle of the observed window, genet 3 spawned early, and genet 62 spawned late in the window. Alternatively, differences between the two years were observed for certain genets. For example, genet 31 spawned in the first half of the window in 2020 and then in the last half of the window in 2021. Similarly, genet 7 spawned later in 2020 and then earlier in 2021. Interestingly, in 2020, genet 31 was held in the same mesocosm as genet 3, while in 2021, genet 7 was held with genet 3.

According to historical observations from the field of broadcast spawning times for this species and region (Marhaver et al., 2017a; Jordan, 2018), the predicted spawning window in terms of minutes after sunset (MAS) is 125-200. Across seven consecutive nights (1-7 NAFM) in 2020, all corals started spawning within 42 min of each other (154-196 MAS) and ended spawning within 50 min of each other (189-239 MAS) (Table 1). Across 7 consecutive nights (3-9 NAFM) in 2021, all corals started spawning within 48 min of each other (157-205 MAS) and ended spawning within 45 min of each other (184-229 MAS) (Table 1). Across both years, all corals started spawning within 51 min of each other (154-205 MAS), stopped spawning within 55 min of each other (184-239 MAS), and had a full spawning window of 154-239 MAS. Thus, comparing the predicted full window (125-200 MAS) to the observed full window (154-239 MAS), we can say our corals spawned within minutes of the predictions, indicating high spawning synchrony and predictability for our nursery corals.



3.4 Assisted fertilization


3.4.1 Experimental crosses

Across both years, overall fertilization success was ~95% (Figure 8). In 2020, there were significant differences in fertilization success across the 29 two-parent crosses (Kruskal-Wallis: X2 = 177.3, d.f. = 28, p< 0.0001), but no significant differences were found between the 12 pairs of direct and reciprocal crosses (p-adj. > 0.05, post-hoc Dunn test with Bonferroni correction factor) (Figure 8A). Only one pair of crosses was not compatible (34 x 47), which was incompatible in both directions and reproducible across multiple nights (34e x 47s: 0.04% on 8/8/20 and 0.01% on 8/9/20; 34s x 47e: 0.05% on 8/8/2020 and 0.02% on 8/9/2020). Excluding this cross, overall fertilization success was ~96% in 2020. Similarly in 2021, there were significant differences in fertilization success across the 20 two-parent crosses (Kruskal-Wallis: X2 = 83.14, d.f. = 19, p< 0.0001), but no significant differences were found between the 8 pairs of direct and reciprocal crosses (p-adj > 0.05, post-hoc Dunn test with Bonferroni correction factor) (Figure 8B). Overall fertilization success was ~95% in 2021.




Figure 8 | Fertilization success of two-parent A. cervicornis controlled crosses across two years. Dams (mothers) and sires (fathers) are indicated by ‘e’ (egg donor) and ‘s’ (sperm donor), respectively. (A) In 2020, there were significant differences in fertilization success (mean % ± SEM) across the 29 two-parent crosses (statistics in text), but no significant differences (‘N.S.’) were found between the 12 pairs of direct and reciprocal crosses. Excluding 34 x 47, overall fertilization success was ~96%. (B) In 2021, there were significant differences in fertilization success (mean % ± SEM) across the 20 two-parent crosses (statistics in text), but no significant differences (‘N.S.’) were found between the 8 pairs of direct and reciprocal crosses. Overall fertilization success was ~95%. In both plots, direct and reciprocal crosses are paired by color, uni-directional crosses are white, and the 2020 crosses repeated in 2021 have the same color scheme.





3.4.2 Selfing controls

We observed a small degree of selfing for some genets (Figure S7). For the No Sperm controls, fertilized eggs were observed for genets 31, 44, and 50 (Figure S7A). There were significant differences in mean fertilization success across genets (Kruskal-Wallis: X2 = 42.5, d.f. = 8, p< 0.0001), with genet 44 having the most embryos, followed by genets 50 and 31. Within one week, all embryos had perished. For the Sperm + Egg controls, fertilized eggs were observed for all genets except 1, 7, and 50 (Figure S7B). There were no significant differences in mean fertilization success across genets (Kruskal-Wallis: X2 = 8.46, d.f. = 8, p = 0.4). Within one week, all embryos had perished, except for genet 44, which had three larvae develop. We prepared a settlement assay for these few larvae, using standardized conditions, but none of them settled and they too perished shortly thereafter.




3.5 Larval settlement


3.5.1 Settlement by family

Overall, we observed differences in settlement success by cross (Figure 9). In 2020, some crosses yielded no settlers, and in some cases, settlement only occurred in one direction of the cross (Figure 9A). For example, crosses 13e x 47s and 47s x 50e yielded no settlers. Crosses 1e x 47s, 1s x 50e, 1e x 62s, 3s x 31e, 13s x 50e, and 31e x 50s also produced no settlers but settlers were produced in the reciprocal of those crosses. Furthermore, 3e x 50s and 7s x 44e produced almost no settlers (1 and 5, respectively) while the reciprocals had hundreds of settlers. Fertilization success was near zero for 34 x 47, and no larvae or settlers were produced from either direction of the cross, indicating complete incompatibility. Crosses 1e x 3s and 7e x 44s produced the most settlers (>800). The disparate outcome of 13e x 50s compared to 13s x 50e was a reproducible result. In 2019, genets 13 and 50 were fertilized and settled under previously described standardized conditions. Fertilization and settlement results across the two years were as follows. Fertilization (2019/2020: 13e x 50s = 80%/99%; 13s x 50e: 50%/94%); Number of settlers produced (2019/2020: 13e x 50s = 195/198; 13s x 50e: 4/0); Number of surviving recruits 3-mo post-settlement (2019/2020: 13e x 50s = 152/194; 13s x 50e: 0/0).




Figure 9 | Settlement by year and cross. (A) Total number of settlers for each cross conducted in 2020 (N=5247 settlers). (B) Total number of settlers for each cross conducted in 2021 (N=8680 settlers). (C) Mean settlement rates (± SEM) for each cross in 2021. There were significant differences in settlement rates across families (statistics in text). All settlement assays had the same larval stocking density, except those with 31e (black underlined, see Methods & Results), so they cannot be directly compared. In all plots, direct and reciprocal crosses are paired by color, uni-directional crosses are white, and the 2020 crosses repeated in 2021 have the same color scheme.



In 2021, when larval stocking densities were standardized, we found more consistent results, in general, in terms of total number of settlers between direct and reciprocal crosses (Figure 9B). For example, 1 x 62, 3 x 7, 3 x 50, and 7 x 41 all yielded a similar number of settlers in both directions of the cross. However, we did find four cases where one direction of the cross was more successful than its reciprocal (i.e., 3 x 31, 7 x 31, 7 x 50, and 31 x 50). Although, in the case of 7 x 50, while one direction of the cross yielded nearly twice as many settlers as its reciprocal, the reciprocal still had the second highest number of settlers overall. Thus, the most successful crosses were 7 x 50, followed by 3 x 7, while the least successful crosses were 7 x 44, and any cross with 31e.

We compared settlement rates across families for the 2021 cohort (Figure 9C), and found signficant differences (Kruskal-Wallis: X2 = 33.07, d.f. = 19, p< 0.05). However, high variability in the data and low replication likely attributed to not being able to detect significant pairwise differences between direct and reciprocal crosses (p-adj. > 0.05, post hoc Dunn test with Bonferonni correction factor). Nonetheless, the most successful cross with the highest mean settlement rate of ~45% was 7e x 50s. Its reciprocal (7s x 50e) had the next highest mean settlement rate (~25%). Eight crosses had mean settlement rates of ~10-20%, while another seven had less than 10%. Settlement rates for crosses with 31e cannot be directly compared as they were settled with different densities (see Methods and paragraghs below).

To test the reproducibility of our results, we repeated certain failed 2020 crosses in 2021. These included 1e x 62s, 3s x 31e, 3e x 50s, 7s x 44e, and 31e x 50s (Figures 9A, B). Contrary to our 2020 results, we achieved settlement for 1e x 62s and 3e x 50s in 2021 (Figure 9B). In 2021, 7s x 44e had among the lowest mean settlement rates, but ~100 total settlers were produced from this cross, which suggests this cross is indeed viable. However, similar to our 2020 results, all crosses with 31e were the least successful (Figure 9B). In 2020, all crosses with 31e failed to produce settlers, while in 2021 the total number of settlers of such crosses were as follows: 3s x 31e (n=3); 7s x 31e (n=7); 31e x 50s (n=53). By three months post-settlement, the number of surviving recruits of each cross were as follows: 3s x 31e (n=0); 7s x 31e (n=1); 31e x 50s (n=19).

During larval rearing, we observed anomalously high larval mortality in cultures containing 31e. When it came time for settlement, we enumerated only ~200 remaining larvae for each cross (Figure 10A). The number of larvae produced is a product of many factors including how many gamete bundles are collected, and eggs fertilized, which are not necessarily standardized during mass production, but we would expect that if a cross had high fertilization -and was viable- then we would retain at least as many larvae as embryos were counted when scoring fertilization success, which is only a small subset of total embryos produced. However, when comparing the ratio of larvae produced to embryos counted for each cross, we found that crosses with 31e had anywhere from 4 to 9 times more embryos than larvae (Figure 10B), indicating that most of the fertilized eggs had perished. To assess the general developmental state, morphology and behavior of the remaining larvae for each cross, we investigated a subsample under a dissecting microscope and found that many of them did not have the typical shape (Figure 10C) and swimming behavior as expected, but instead were mal/deformed, stunted, and spinning in place (Figure 10D).




Figure 10 | Unsuccessful crosses with genet 31 as the dam (egg donor). (A) Total number of larvae produced for each cross. Crosses with 31e had high larval mortality and low final yield. (B) Ratio of enumerated fertilized eggs to total larvae produced for each cross. Crosses with 31e had anywhere from 4-9x more embryos than larvae, again indicating high larval mortality. (C) The typical bowling pin shape of a competent planula larva. (D) Abnormal morphology observed for subsamples of larvae from crosses with 31e.





3.5.2 Testing spectral cues

We evaluated larval responses to spectral cues to test whether substrate color could be used to increase settlement (Figure 11). While larvae settled on plugs of all colors, we found significant differences in settlement density (Kruskal-Wallis: X2 = 165.2, d.f. = 7, p< 0.0001), with larvae preferring pink and purple plugs significantly more (p-adj.< 0.05; Dunn test with Bonferroni correction factor) (Figure 11A), which was consistent with our prediction that larvae would prefer substrates similar in color to CCA. The least preferred color was green, followed by blue and orange. To disentangle responses to chemical versus spectral cues of CCA, we conducted control assays without CCA and found significant differences across groups (Kruskal-Wallis: X2 = 43, d.f. = 7, p< 0.0001), with larvae settling in significantly higher densities on white plugs (p-adj.< 0.05; Dunn test with Bonferroni correction factor) (Figure 11B). The colors with the next highest values for median settlement density in the controls were pink and purple.




Figure 11 | Larval settlement preferences and spectral cues. (A) Settlement density on eight different colored substrates with CCA. Larvae settled on all colors, but in significantly higher densities on pink and purple substrates (statistics in text). Green was the least popular, followed by blue and orange. (B) Settlement density on differently colored substrates without CCA. There were significant differences across groups (statistics in text), but larvae preferred white substrates. Letters denote significant differences between groups (Dunn test with Bonferroni correction factor).






3.6 Optimizing post-settlement grow-out

To test the impact of additional lighting and the presence of adult corals with established algal symbiosis on the survival, growth and uptake of zooxanthellae of recruits, we reared them with and without these two factors for nearly three months (Figure 12). Overall, survivorship in both treatments remained high by the end of the study (>96%, Kaplan-Meier Survival Curve), and although median survival time was slightly higher in the With treatment, it was not significantly so (Log-rank test: X2 = 0.6, d.f. = 1, p = 0.4) (Figure 12A). However, when comparing the proportion of plugs with recruits infected with zooxanthellae, we found a significant interaction between treatment and time (LMM: X2 = 289.45, d.f. = 10, p<0.0001) indicating that there are significant differences between our treatments and over time (Figure 12B). It therefore appears that the uptake of algal symbionts occurred faster in the presence of additional lighting and adult corals (With treatment). This finding is corroborated by our photo-tracking of a subset of recruits in the different treatments over time where it appears that symbionts can be seen occurring earlier in the recruit in the With treatment (Figure S8). Although, this is only one example. We also found a significant difference in the median surface area of recruits in the With treatment (Wilcoxon: W=44514, p< 0.0001), indicating that under additional lighting, recruits grew faster and were larger by the end of the study (Figure 12C).




Figure 12 | Grow-out of recruits in the absence (Without treatment) or presence (With treatment) of additional lighting and adult corals. (A) Survival probability curve for the two treatments showing no significant difference in median survival times (statistics in text). While survival in the With treatment was slightly higher, it remained high in both treatments (>96%) by the end of the study. (B) Proportion of plugs with recruits infected with algal symbionts over time in the different treatments. There was a significant interaction between treatment and time indicating symbiont uptake occurred more quickly over time in the With treatment (statistics in text). (C) Size (median surface area) of a subset of recruits from both treatments. Recruits in the With treatment were significantly larger (indicated by asterisks) by the end of the study (statistics in text).





3.7 Active restoration

To increase the adaptive potential of restored populations, one strategy is to outplant a diversity of sexually produced corals, which we did here using the 2020 cohort. Overall, we outplanted 1,359 corals representing 19 different families and 985 novel genets across ten different reefs (Table 2). Overall mean coral and genet survival was 94% and 95%, respectively (Table 2). For single plugs, coral survival equates to genet survival, which was 91% on average (Table 2). Mean coral and genet survival for the clusters was ~97% and 99%, respectively (Table 2). Even without knowing the source(s) of mortality, these initial results show that with single plug outplants, coral loss equates to genet loss, whereas with the clusters, even if some replicate fragments within a cluster perish, the genet is not necessarily lost.




4 Discussion

The purpose of this study was to combine basic and applied research questions for optimizing ASR techniques to upscale the number and diversity of corals used for actively restoring Florida’s Coral Reef. There are several components to the ASR process and herein we focused on better understanding broodstock compatibility in terms of spawning synchrony and fertilization success, testing spectral cues associated with substrate color to enhance settlement, and optimizing the grow-out of sexual recruits to reduce the time from production to restoration. We provide a discussion of our results as well as recommendations for those interested in conducting ASR.


4.1 Spawning

Having reliable and easy access to sexually mature corals is important for ASR but not always attainable, especially in areas where natural populations are severely degraded (e.g., Florida). The use of in-situ spawning nurseries has several advantages and can be created for any coral species (Amar and Rinkevich, 2007). Depending on site location, conditions can promote growth which can increase the number of propagules harvested for ASR since fecundity is often positively correlated with colony size (Nozawa and Lin, 2014; Foster and Gilmour, 2020). Special aquaria can be used to induce corals to spawn ex-situ (Craggs et al., 2017), but their capacity to hold many and large corals is limited, so maintaining corals in a field nursery allows for upscaling and ensuring access to environmental cues required for gametogenesis. Field nurseries are more likely to be shielded from light pollution as well, which can disrupt the sexual cycle (Ayalon et al., 2020). Corals in a mid-water floating nursery may also be more protected from impacts like predation, sedimentation, and destructive human activities. It is possible to harvest gametes from within the spawning nursery, but fieldwork logistics are more complicated at night, especially if weather conditions are not ideal and nurseries are not located close to the laboratory. Thus, we find it is easier and safer to bring the corals to the laboratory a few days before the full moon (Figure 1).

This strategy does not appear to negatively impact the corals’ spawning timing as all corals and genets spawned within predicted timeframes regarding NAFM and MAS (Figure 8; Table 1). Ultimately, predictability and synchronicity are important because gametes are only viable for a few hours post-release and sperm dilution rapidly degrades fertilization potential in ocean conditions (Oliver and Babcock, 1992; Levitan and Petersen, 1995; Miller et al., 2016). The only observed timing anomaly was that the 2021 reproduction event occurred a month earlier than expected, which likely represents a case of split spawning. Split spawning in coral populations occurs when gamete maturation and mass spawning are split over two consecutive months and has been observed to occur if the full moon in the primary spawning month occurs either very early or very late in the month (Bastidas et al., 2005; Marhaver et al., 2015; Gilmour et al., 2016; Glynn et al., 2017; Foster et al., 2018). It is hypothesized to help realign reproduction events to favorable environmental conditions (van Woesik et al., 2006; Foster et al., 2018; Hock et al., 2019), increase robustness of coral larval supply and inter-reef connectivity (Hock et al., 2019), and possibly be an evolutionary mechanism that allows corals functioning on a 12-month lunar-driven reproductive cycle to reset their reproductive clocks (Foster et al., 2018). Nonetheless, the 2021 cohort herein still spawned within the predicted NAFM and MAS timeframe. This finding highlights the importance of conducting sexual maturity assessments -and early enough- to catch such events. Missing such events means waiting another year, which can have severe impacts on research and restoration progress. Similar assessments of gravid state can be done for bouldering species by extracting small cores (~1 cm diameter) from a central region of the colony using an underwater drill and then using epoxy to either plug the hole or replace the core after inspection (Koch et al., 2021). Cores can be examined in-situ or brought back to the laboratory for decalcification and dissection.

Consistent with previous work (Miller et al., 2016), we found evidence of genet-specific spawning patterns where some genets spawned earlier and others on the later lunar nights within the predicted window across both years (Figure 7). Genet 62 consistently spawned later, genet 3 spawned earlier, and genet 50 spawned during the three peak nights. However, we also found some genets had more plasticity in spawning timing where in 2020, genet 7 spawned later in the window but earlier in the window in 2021. Similarly, genet 31 spawned earlier in the window in 2020 but later in the window in 2021. Interestingly, both 31 and 7 were held together in the same tank as genet 3 (in 2020 and 2021, respectively), which consistently spawned earlier. This could be evidence of corals using pheromones (endogenous sexual cues) to regulate gamete release (Twan et al., 2006; Caballes and Pratchett, 2017; Koch, 2021a). At the population level, night 6 in 2020 and night 7 in 2021, had the greatest number and diversity of corals that spawned, indicating greater fertilization potential (Levitan et al., 2004; Baums et al., 2013; Miller et al., 2016). In 2021, however, there appeared to be tighter synchronization, and all corals (17/17) and genets (9/9), spawned on night 7, whereas only 33/52 corals and 8/10 genets spawned on night 6 in 2020, indicating that even if the corals split and spawn a month earlier, the synchronization within the window after the full moon can be maintained. The mechanism(s) underlying genet-based versus more plastic responses warrants further investigation. If certain genets never overlap during the spawning window, alternative techniques, such as sperm cryopreservation (Hagedorn et al., 2019), would be necessary to cross them. However, understanding what factors may be driving more plastic responses could potentially be harnessed and manipulated for influencing the timing of gamete release.



4.2 Fertilization

Overall, fertilization was high for crosses and years (~95%) (Figure 8). There was one pair of genets however with no fertilization in either direction (i.e., 34 x 47) (Figure 8A). Gametic incompatibilities can occur, including for two-parent acroporid crosses (Fogarty et al., 2012; Baums et al., 2013; Miller et al., 2018; Chan et al., 2019), indicating the presence of prezygotic isolating mechanisms. Spawning in temporal isolation can be a prezygotic barrier but that does not appear to be the case here since both genets spawned on 5-6 NAFM in 2020 (Figure 7). Other prezygotic barriers could include gamete age (Levitan et al., 2004), or morphological differences between gametes (Baums et al., 2013). Fertilization dynamics in some marine invertebrates are based on protein-mediated egg–sperm interactions (Summers et al., 1975; Vacquier and Moy 1977; Glabe 1985; Galindo et al., 2003; Afonin et al., 2004; Baums et al., 2013). We cannot discount morphological disparities between gametes since those traits were not studied herein, but age is likely not a factor as other crosses conducted on the same night under the same conditions and timeframe did not have failed fertilization. Furthermore, the same set of crosses was repeated two nights in a row to test the reproducibility of our results, and fertilization was still zero on the second attempt.

To test the robustness of our crosses, we conducted selfing controls where eggs were washed of sperm and held in isolation, or were combined with sperm from the same parental genet to see if embryos formed (Figure S7). Self-fertilization (‘selfing’) is an extreme case of inbreeding but is widespread, especially among plants and hermaphroditic invertebrates (Barrett, 2002; Jarne and Auld, 2006). It involves the fusion of male and female gametes from a single genetic individual and represents an evolutionary and reproductive mechanism for isolated individuals to create local populations (Jarne and Charlesworth, 1993). However, a negative consequence of this can be reduced genetic variation and, thus, limited potential for adaptation to environmental change. Selfing may be a viable reproductive strategy for some scleractinian species (Kojis and Quinn, 1981; Brazeau et al., 1998; Gleason et al., 2001; Sherman, 2008), but most, including the major Caribbean reef builders, are partially or entirely reproductively self-incompatible (Heyward and Babcock, 1986; Wallace and Willis, 1994). However, low background levels of selfing have been reported for acroporids (Baums et al., 2005), which we also observed herein where the presence of fertilized eggs was documented for three genets in the No Sperm controls and for six genets in the Sperm + Egg controls (Figure S7). Regardless, mean fertilization success was very low (<5%) in all cases. The presence of fertilized eggs in the No Sperm controls could be attributed to sperm contamination if the washing process was not thorough enough, but rare cases of cell division occurring without sperm fertilization has been reported for another acroporid species (Hagedorn et al., 2019). Even though selfing between sperm and egg occurred for more genets, none of the embryos or larvae proved to be viable. Taken together, these results lead us to be confident in the pedigree of our crosses.

Overall, our spawning and fertilization results provide hope for our restored populations comprised of these same genets where high spawning synchrony and fertilization rates may translate to greater chances of future reproductive success. This idea needs to be corroborated however with in-situ observations of Mote’s restored populations during spawning, which is a goal for extensions of this work. Furthermore, it would be beneficial to test fertilization under prevailing environmental conditions using natural seawater from reefs targeted for restoration. Water quality can impact fertilization (Gilmour, 1999; Omori et al., 2001), and likely differs over spatial and temporal scales, as well as compared to the ultra-filtered sweater used herein. Regardless, our results demonstrate that corals within Mote’s restoration gene pool are highly compatible. Finally, although evaluating broodstock compatibility (via 2-parent crosses) was a specific aim herein, another recommended strategy for maximizing diversity is to conduct batch fertilization among several genets (e.g., 5-10), which may result in more putative sibling groups (i.e., families) (Baums et al., 2019; Koch, 2021b, Koch, 2021c.



4.3 Settlement


4.3.1 Optimizing set-up

Compared to closed containers, we found flow-through settlement bins to be more efficient in terms of maintenance and more effective in terms of settlement (Figures 2-4). Daily water changes in closed tanks require more time and increase the risk of losing larvae, as well as disturbing the CCA dust or larval attachment process. Furthermore, while not tested herein, we surmise that water quality is more stable when larvae are exposed to a continuous influx of fresh seawater during settlement. However, moving forward, we would increase the space between the bins in the raceway, as well as increase the hole and mesh size to ~200um to allow for greater circulation within the settlement bins. Finally, we observed no settlement on the walls or surfaces of the flow-through bins, which can happen in glass tanks. This is not ideal as larvae that settle on surfaces other than the substrates are often not recoverable.

Coral settlement research has shown that larvae also respond to physical cues and may prefer textured substrates with small niches and grooves (presumably for protective reasons) (Whalan et al., 2015; Randall et al., 2021). However, for our restoration purposes, we try to maintain as many single genets as possible, which requires separating out and remounting individual recruits. Non-flat surfaces make this virtually impossible. Hence, if high settlement -without the need to separate out recruits later- is the primary goal, we suggest using textured substrates, but if maintaining as many unique genets as possible is the goal, we recommend using flat surfaces. We have also noticed that fouling mitigation, whether by manual removal or grazers, is less effective on textured surfaces.



4.3.2 Settlement by family

Our settlement results revealed a number of different patterns (Figure 9). First, while we could not statistically compare settlement rates for our 2020 cohort, we could compare relative success across the families and identify ones that needed to be repeated to confirm our results. For a number of 2020 crosses that had no or nominal settlers, we repeated them in 2021 and found that three of the five repeated crosses produced viable settlers and recruits, suggesting other confounding factors that impacted settlement in 2020. As previously mentioned, a bacterial outbreak (spp. unknown) occurred in some of our larval rearing containers which impacted motility. Even though we still achieved settlement across the majority of families, we cannot discount the potential impact this bacterium had on larval fitness, settlement, or post-settlement survival. We surmise overstocked cultures could be a possible explanation, which highlights the importance of larval rearing containers with a high water to air surface ratio to promote gas exchange. We therefore recommend using larval cones to rear larvae which have a large surface area, continuous drip line from above, and aeration from below that gently bubbles and keeps larvae on the surface (Pollock et al., 2017). This method allows for upscaling and more easily rearing large quantities of larvae, with less maintenance than larval cultures in closed containers. Other factors that could have led to failed settlement for some crosses in 2020 include polyspermy, genotypic incompatibilities and postzygotic isolating mechanisms. However, our broodstock was largely compatible in general.

We found several cases where a cross was more -or only- successful in one direction, which has been observed elsewhere (Levitan et al., 2004; Baums et al., 2013). Genets 13 and 50 were crossed in both directions in 2019 and 2020, and we achieved the same result where 13s x 50e produced no or almost no settlers, and the settlers that did occur, perished within months. More striking however was the observation that, in general, any cross with 31 as the dam was largely unsuccessful, which was reproducible across crosses and years (Figures 9, 10). Because fertilization occurred for all crosses and unviability was most noticeable during the process of rearing embryos to larvae, potential explanations include maternal (egg) issues, breakdown in zygotic genome activation, or differences in gene complexes that lead to developmental breakdown depending on when it occurred in relation to blastulation and gastrulation. With limited genotypic diversity remaining in natural populations and restored populations being created largely via asexual -but now sexual- restoration methods, understanding potential constraints on future reproductive potential of restored populations comprised of these genets is important. Especially because genet 31 is known to be a top-performing genet in terms of growth (Bartels, personal obs.), as it consistently has to be fragmented more frequently than other genets in the in-situ asexual propagation nursery because it grows so fast. Furthermore, preliminary results from heat stress experiments indicate genet 31 to be more thermally tolerant (Klepac, unpublished data), but disease resistance research has shown it to be white-band disease susceptible (Foster and Gilmour, 2016; Muller et al., 2018). These findings highlight the importance of considering trade-offs and evaluating a wide range of phenotypic traits when selecting genets to propagate asexually and sexually, but also the importance of producing and outplanting unique genets so that genetic diversity can support more effective selection and adaptive evolution. Moving forward, we will further investigate the viability of genet 31’s eggs by (1) assessing gamete quality (e.g., protein and lipid content), (2) finely tracking embryo and larval development to determine when exactly the breakdown occurs, and (3) conducting more crosses using different genets to see how widespread the issue is.



4.3.3 Settlement by color

Consistent with our prediction, larvae preferentially settled on pink and purple substrates, which we hypothesize is a response to the spectral cues that mimic CCA (Mason et al., 2011; Foster and Gilmour, 2016). CCA is a well-known chemical inducer of larval settlement/metamorphosis (Ritson-Williams et al., 2010; Ritson-Williams et al., 2016; Gomez-Lemos et al., 2018; Jorissen et al., 2021), but it appears larvae are simultaneously integrating different cue types to choose the most appropriate place to settle. This is supported by our finding that larvae settled more on pink and purple substrates when the matching chemical cue of CCA was present but chose white more often when CCA was not present (Figure 11). The use of multiple cue types likely helps to prevent settlement on other objects/organisms that are similar in color to CCA but not actually CCA, such as soft corals (e.g., purple sea fan, Gorgonia ventalina). Furthermore, settlement and sensory biology studies indicate the presence of opsins and olfactory receptors in coral larvae (Mason et al., 2011; Spies et al., 2016; Mason et al., 2021), further supporting the idea that larvae use multiple cue types during settlement. Ultimately, mimicking or replicating the various cues coral larvae use during settlement can help to increase settlement rates and upscale the number of sexually produced corals for restoration.

In the absence of a matching chemical cue, larvae chose white substrates, possibly as they perceived them to be ‘bare’ reef. One study found that coral larvae altered their settlement preferences depending on the age of the benthic community and availability of bare space (Elmer et al., 2018). Bare space may be perceived as the ‘next best’ option where interspecific competition -especially with macro and turf algae- is reduced, which has been shown to negatively impact coral settlement and post-settlement survival (Vermeij et al., 2009; Leong et al., 2018).

Another widely used technique in ASR, that would provide both the chemical and spectral cues associated with CCA -and preclude the need for colored substrates- is conditioning substrates for 1-3 months before settlement so that they are partially or wholly colonized by CCA (Figure S9). This method has been shown to increase settlement and post-settlement survival during ASR of Orbicella faveolata (Koch, unpublished data) and other species (Erwin et al., 2008; Randall et al., 2020). However, there can be trade-offs with this strategy. For example, the CCA that naturally occurs at our facility is quite competitive and can easily overgrow recruits, or slow their growth, as a result of interspecific competition. We noticed that as acroporid recruits grow, they often produce a ‘halo’ of bare space around them, which could indicate a chemical defense. There is evidence that reef corals have the ability to employ offensive or defensive chemicals (e.g., physiochemical barriers) (Sutherland et al., 2004; Ben-Ari et al., 2018). The production of a defensive compound is energetically costly and could therefore take away energy for growth. Further research is needed to test these ideas. Nonetheless, to promote the fastest growth possible, we use CCA for its cues during settlement, and then gently brush it off after metamorphosis to prevent competitive overgrowth.




4.4 Optimizing post-settlement grow-out

We optimized coral grow-out by comparing zooxanthellae acquisition, growth, and survival for recruits reared with -or without- adult corals and additional lighting. With algal symbionts providing most of the coral’s nutritional requirements (Muscatine et al., 1981; Falkowski et al., 1984), the sooner symbiosis is established, the better chances the coral has for survival (Suzuki et al., 2013). While there are different strategies to facilitate the uptake of these critical organisms [e.g., the use of symbiont cultures (Pollock et al., 2017)], we tested whether this process could be accelerated by adding adult corals to our tanks, which naturally shed symbionts in their surface mucus layer (Brown and Bythell, 2005). However, the naturally low light conditions in our indoor laboratory (~14 µmol photons m-2 s-1) are not conducive to maintaining adult corals over the long-term, which can receive in-situ PAR levels of 200-500 (Edmunds et al., 2018). Furthermore, even though too much light too soon can be stressful for early recruits (McMahon, 2018; Kreh, 2019), once symbiosis is established, the coral’s energetic demands increase. Therefore, our light regime was based on previous studies that developed an irradiance regime that slowly increased over time (McMahon, 2018; Kreh, 2019).

Consistent with our predictions, we found recruits reared in the presence of adult corals and under an increasing irradiance regime, had faster zooxanthellae uptake over time and increased growth compared to recruits reared without those two factors (Figure 12). However, there was no difference in median survival time between treatments. The conditions adult corals require for survival and growth are not necessarily going to be the same that early settlers/young recruits need, so further research is necessary to continue to optimize the grow-out process for accelerating restoration-based interventions. Nonetheless, our results highlight the importance of an appropriate lighting scheme and the benefit of facilitating early zooxanthellae uptake. Importantly, budgets may differ across laboratories and while top-of-the-line lights may have more settings and customizable programs, more affordable options exist, which can still provide basic lighting needs that will benefit corals. Ultimately though, faster growth translates to reduced grow-out time, which can save time, money, supplies and effort.



4.5 Active restoration

To promote survival, adaptive potential, and future reproductive success of restored populations, we outplant in a way that takes into consideration density, diversity/genetics (Baums, 2008; Baums et al., 2019; Koch, 2021c), sexual maturation, and recommendations from NOAA’s “Recovery Plan for Elkhorn Coral (Acropora palmata) and Staghorn Coral (A. cervicornis)” (NMFS, 2015). For example, to promote future fertilization success, we outplant dense populations using NOAA’s guidelines (NMFS, 2015). To promote genetic restoration, we outplant a diversity of corals with each outplant representing a different genet, family, or cohort (Figure 6A). On average, a typical restoration-based outplant event comprised of sexual recruits has ~100 novel genets (Table 2). To reduce the time to the onset of sexual reproduction, we outplant multiple clonal fragments of each genet close to one another in a cluster, so that over time, they may fuse to form a larger colony faster and reproduce sooner (Figure 6B) (Koch et al., 2021). This strategy requires more time, space, and resources to fragment and grow the replicate corals, so a parallel strategy we implement is to outplant individual plugs as single genets across different sites. The trade-off with this strategy however appears to be that there may be a higher likelihood of reduced genet diversity over time as the loss of a single plug equates to the loss of that genet (Table 2). Furthermore, we expect sexual maturation of single outplants is slower than clusters, but we still need to confirm this. Thus, we will monitor these outplants over the long-term to effectively compare coral/genet/family survival, as well as timing of sexual maturation, for the different strategies. Nonetheless, which strategy used will also likely depend on specific project goals and availability of personnel, space, time and resources. We estimated the average monthly cost of maintaining ~1,000 corals in a single raceway to be ~$200. This includes items like grazers, food, cleaning supplies, circulation pumps, substrates, and supplies for pest mitigation, inventory management and water quality monitoring. This estimate does not include costs associated with raceway purchase, fragmentation equipment, utilities, seawater treatment, or staff salary.
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Acoustic parameters of spotted seals (Phoca largha), including the duration, peak frequency, and peak-to-peak source level, are reported to vary between different ages and sexes; however, to our knowledge, the vocal ontogeny of the spotted seal from newborn to 1 year old is yet to be studied. In the present study, we recorded and analyzed vocalizations of human-cared spotted seals from the Liaodong Bay colony from newborn to 1 year old, aiming to document the first-year development of seal vocalizations. We divided the spotted seal pups into four age groups (i.e., 1–3-month, 4–6-month, 7–9-month, and 10–12-month groups) for both sexes. The results show significant differences in sex patterns in sound parameters in terms of duration, peak frequency, and peak-to-peak source level. The vocalizations of female seal pups were longer in duration but lower in peak frequency and peak-to-peak source level than those of male pups. All three sound parameters were significantly different across different age groups. Specifically, the 1–3-month group had significantly lower values in duration, peak frequency, and peak-to-peak source level than the three other age groups. The 10–12-month group had significantly higher values in duration and peak-to-peak source level than the three other age groups. Our results also indicate a sex-specific development pattern of seal vocalizations from 1 year old until sexual maturity. Our findings will benefit the evaluation of anthropogenic noise impacts on spotted seal pups and further conservation of the seal population.
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Introduction

The spotted seal (Phoca largha) is a small polar phocid that breeds on pack ice. It adopts the maternal strategy of a typical phocid, with mothers fasting during lactation time in winter (Atkinson, 1997; Jefferson et al., 2015). Spotted seals reach their sexual maturity at 4 years old; breeding takes place from January to mid-April, with pups being weaned in about 3–4 weeks (Zhang et al., 2014; Jefferson et al., 2015). Spotted seals inhabit eight separate colonies worldwide, with the Liaodong Bay colony in China being the southernmost one (38°43′–40°58′N, 119°50′–122°18′E) (Rugh et al., 1997). Liaodong Bay has recently become an important ocean shipping access to the Northeast Asian Economic Zone in China due to huge strides in the Chinese economy (Wang and Yu, 1997; Gao and Zhang, 2012). Thus, disturbance caused by the potential overlap of spotted seal habitats with human activities, including heavy ocean traffic, coastal development, raw oil exploitation, and aquaculture, is thought to be one of the most important risk factors for the wild seal populations in Liaodong Bay (Xu et al., 2019; Liu et al., 2021; Yang et al., 2022). Noise pollution—a potential environmental factor affecting the survival of spotted seals, especially those who are growing up—in Liaodong Bay has become an important concern.

Acoustic communications are widely used in pinnipeds and play important roles in various aspects of their behaviors, especially for reproduction purposes (Van Opzeeland et al., 2008). For spotted seals, their acoustic behaviors are reported to play an important role in mating (Beier and Wartzok, 1979; Gailey-Phipps, 1984). A recent study also shows that vocalizations of spotted seals are produced predominantly during breeding time, both underwater and in the air, and seals at different ages emitted significantly different sounds (Zhang et al., 2016; Yang et al., 2017). For example, in-air vocalizations from pre-weaning pups are defined as pup calls, and the acoustic parameters are high in frequency and medial in duration; in-air vocalizations from yearlings (ca. 1 year old) are defined as yearling calls and are high in frequency and long. Adult seals have several kinds of call types; the overall acoustic parameters for males are low in frequency and short, whereas those for females are medial in both frequency and duration (Zhang et al., 2016). Therefore, the acoustic parameters of spotted seal vocalizations change alongside their body development. However, to our knowledge, the vocal ontogeny of the spotted seal from newborn to 1 year old has not yet been studied. This research gap directly limits the evaluation of anthropogenic noise impacts on spotted seal pups and further conservation of the seal population in the Liaodong Bay colony.

Dalian Sun Asia Aquarium (DSAA; 38°52′N, 121°34′E), located beside the Liaodong Bay colony, is an important rescue center for wild spotted seals in China. There is a fairly large population of seals rescued from the Liaodong Bay colony in DSAA, and approximately 10 pups are born and subsequently grow up under human care every year. In the present study, we recorded the sounds of spotted seal pups in DSAA consecutively from birth to 1 year old and documented how their acoustic characteristics varied with age and sex factors to reveal the vocal repertoire ontogeny of seal pups.



Materials and methods


Animals and housing condition

Nine spotted seal pups at DSAA were investigated in this study. Four males and four females were born under human care and nursed by their respective mothers. The remaining male was rescued from the wild just after weaning with a body mass of 19.5 kg. All seals were first kept in a 400-m2 indoor enclosure for nursing. After lactation, pups were separated from their mothers and transferred to another 100-m2 indoor enclosure. Harmless microchip bio-tags were subdermally injected for individual identification when they were 1 month old.



Data collection

Recordings of in-air sounds were collected every 15–35 days post-parturition, from 4 February 2013 to 28 February 2014. Sounds were recorded for approximately 3 h between 1900 and 2200 h when there were no public visitors. The in-air sounds were recorded using a self-designed sound collection platform, mainly including a USB-4431 data acquisition card (National Instruments, Austin, TX, USA), 46AE 1/2″ Free-field Microphone Set (GRAS, Holte, Denmark; frequency response of 3.5 Hz–20 kHz, within ±1 dB at 5 Hz–10 kHz) and laptop. The sampling rate for sound recording was 16 kHz, which covered the frequencies of spotted seal in-air vocalizations (Zhang et al., 2016). The distance between the microphone and vocalizing seal pups was 3 to 5 m. The precise distances were marked before sound recordings.



Data analysis

All sound data were first scanned using spectrograms (Hanning Windows, FFT size 1,024 points and 50% overlap for a spectral resolution of 16 Hz and a time resolution of 64 ms) in Adobe Audition (version 3.0, Adobe Systems Inc., San Jose, CA, USA). Sound files were filtered in Audition with a 10-pole Butterworth high-pass filter with a cutoff frequency of 50 Hz. Only the sound signals with distinct and clear vocal contours, which typically had a signal-to-noise ratio of more than 20 dB, were extracted for further analysis. The selected vocalizations for each individual were separated by at least 5-min intervals to minimize data non-independence.

Three sound parameters, i.e., duration (DUR), peak frequency (FP), and peak-to-peak source level (SLPP), were measured from each vocalization using custom-written codes in MATLAB (version 2012b, MathWorks, Natick, MA, USA). The DUR (ms) was determined by the length of a window containing 95% of the total signal energy (Madsen and Wahlberg, 2007). The FP (Hz) was defined as the center frequency of the band with the highest amplitude of the spectrum, which was calculated from a 1,024-point FFT on Hanning windowed data symmetrical around the envelope peak (Madsen and Wahlberg, 2007). The received level was calculated from the peak-to-peak sound pressure values on a dB scale over a 95% energy window and the sensitivity of the microphone. The SLPP (dB re 20 μPa at 1 m) of each vocalization was calculated from the sum of the received level and spherical spreading, i.e., 20log10(DISTANCEseal-microphone) (Rogers, 2014). The three sound parameters were chosen for consistency with a previous study (Zhang et al., 2016).

Statistical analyses were performed using IBM SPSS Statistics 22. To examine age differences in seal pup call characteristics, four age groups were created: 1–3, 4–6, 7–9, and 10–12 months old. Data normality and homogeneity for each age and sex group were examined using the Kolmogorov–Smirnov and Levene’s tests, respectively. Given that not all data satisfied equal variance or normality assumptions, a series of generalized linear models (GLMs) were conducted to examine the age and sex effects on the three sound parameters of seal pup in-air vocalizations. A p-value < 0.05 was considered statistically significant.




Results

In total, 1,115 high-quality vocalizations from nine spotted seal pups were used in the analyses. Sample sizes of seal pup vocalizations for different sex and age groups are summarized in Table 1. Amplitude charts and spectrograms of the vocalizations for each age group are shown in Supplementary Figures 1, 2. Overall, the in-air vocalizations of the nine spotted seal pups had a DUR of 858 ± 361 ms (mean ± SD), an FP of 991 ± 368 Hz, and an SLPP of 103 ± 8 dB re 20 μPa.


Table 1 | Sample sizes of spotted seal pup vocalizations for different sex and age groups.



The results of the GLMs indicated significant differences in sex patterns in all three sound parameters, i.e., DUR, FP, and SLPP values (Table 2). Specifically, the vocalizations of female pups were longer in DUR (Figure 1A) but lower in FP (Figure 1B) and SLPP (Figure 1C) compared to those of male pups.


Table 2 | Results of a generalized linear model analysis on the sound parameters of duration (DUR), peak frequency (FP), and peak-to-peak source level (SLPP) for different spotted seal pup groups.






Figure 1 | Sex and age effects on the sound parameters of spotted seal pups. (A) Duration (DUR). (B) Peak frequency (FP). (C) Peak-to-peak source level (SLPP). Different lowercase letters (i.e., a, b, c, and d) on each bar indicate significant statistical differences between groups, whereas groups with the same letter indicate no statistical difference. A p-value < 0.05 is considered statistically significant.



Similarly, the results of the GLMs showed that all three sound parameters were significantly different across the four age groups (Table 2). Specifically, the 1–3-month group had significantly lower values in all three sound parameters than the three other age groups (Figure 1). The 10–12-month group had significantly higher values in DUR (Figure 1A) and SLPP (Figure 1C) than the remaining three age groups. No significant differences existed in DUR (Figure 1A) between the 4–6-month and 7–9-month groups; however, the 7–9-month group had significantly higher values in SLPP (Figure 1C) as compared to the 4–6-month groups. The highest FP was observed in the 4–6-month group among the four age groups (Figure 1B). There were no significant differences in FP between the 7–9-month and 10–12-month groups (Figure 1B).

The interaction effect results of GLMs are shown in Figure 2. The vocalizations of female pups were significantly longer in DUR than those of male pups 10–12 months old. However, no significant difference in DUR was observed between female and male pups between 1–3 and 7–9 months old (Figure 2A). Regarding the FP (Figure 2B) and SLPP (Figure 2C) parameters, the males had significantly higher values in all the age groups as compared to the females, except that in the 1–3-month group, the SLPP values of males were significantly lower than those of females (Figure 2C). Additionally, the DUR (Figure 2A) and SLPP (Figure 2C) values of both female and male vocalizations gradually increased from newborn to 1 year old. This was also the case for the FP values of male vocalizations (Figure 2B). However, this was not the case for female vocalizations in FP values. The FP for female vocalizations first increased at 1–3 and 4–6 months old and then decreased at 7–9 and 10–12 months old (Figure 2B).




Figure 2 | Interaction effects on the sound parameters of spotted seal pups. (A) Duration (DUR). (B) Peak frequency (FP). (C) Peak-to-peak source level (SLPP). The dark lines and circles represent the results for females, while the gray lines and squares represent the results for males. Lowercase letters in the parentheses indicate the comparison results of each sound parameter of female seals among four age groups (i.e., 1–3, 4–6, 7–9, and 10–12 months old). Groups with different lowercase letters indicate a significant statistical difference between them, while those with the same letter indicate no statistical difference. Similarly, uppercase letters in the parentheses indicate the comparison results for male seals. NS denotes no significance between sexes in that age group, while * denotes significance. A p-value < 0.05 is considered statistically significant.





Discussion

Our study, for the first time, documents the detailed process of the ontogeny of spotted seal vocalizations from newborn to 1 year old. The results reveal that the spotted seal pups significantly increased the FP of their vocalizations at first (from 1 to 6 months old) for both sexes. Additionally, the FP for female pups decreased to the same level at 1–3 months, whereas male pups retained their FP at about 1,200 Hz. As to DUR and SLPP, spotted seal pups increased both values with their ages regardless of sex.

Based on our age-stage classifications, the results of our study can probably be explained when considering the development of pups’ ecological behaviors in the wild. In late spring, when spotted seals in the Liaodong Bay colony finish their annual nursing and mating before sea ice melting, they haul themselves out on the shores of the mainland and islands and spend a significant part of the open-water period on their annual bask and molt cycle and then begin their forage migration after the middle of May (Beier and Wartzok, 1979; Won and Yoo, 2004; Han et al., 2005; Boveng et al., 2009; Ma et al., 2018) Seafood in the Bohai Sea is normally poor in winter and spring (Barman et al., 2020), and hence pups have a limited food supply between weaning and first forage migration (March to May), which constrains their body development. We supposed that acoustic characteristics in the 1–3-month seals reflect an innate physiological difference between male and female neonates. We also examined the body mass of male and female pups when they were approximately 1 month old and found that the body mass of female pups (21.1 ± 1.7 kg) was slightly lower than that of males (26.2 ± 6.8 kg), but with no statistical difference (Student’s t-test, p > 0.05), implying that body mass was not a potential factor affecting the intersex vocalization variation at that time.

Stages of 4–6- and 7–9-month-old pups correspond to the summer and autumn, when fishery resources are high in the wild (Barman et al., 2020) and when pups are supposed to be in their foraging ground (Trukhin et al., 2021). Fast body growth may also happen at that time, which explains the fast development of the vocal characteristics of seals at those stages. The 10–12-month group corresponds to seals’ breeding-ground migration in winter. In the northern Yellow Sea, spotted seals finish their sea-ice habitat occupancy in Liaodong Bay in December, i.e., roughly 10 months old for newborn seals (Won and Yoo, 2004; Trukhin et al., 2021). When comparing sound parameters between yearlings (i.e., 10–12-month group) and adults, we can see that there are significant differences in FP and DUR between them (Zhang et al., 2016), implying still inadequate vocal development in yearlings (Figure 3). As we currently have little or no vocal information from elder juvenile seals (i.e., 1–3 years old), more research on the vocalizations of seals of those ages should be conducted in the future.




Figure 3 | Interaction effects on the sound parameters of spotted seals. (A) Duration (DUR). (B) Peak frequency (FP). The dark lines/dotted lines and circles represent the results for females, while the gray lines/dotted lines and squares represent the results for males. Lowercase letters in the parentheses indicate the comparison results of each sound parameter of female seals among five age groups (i.e., 1–3, 4–6, 7–9, and 10–12 months old and adults). Groups with different lowercase letters indicate a significant statistical difference between them, while those with the same letter indicate no statistical difference. Similarly, uppercase letters in the parentheses indicate the comparison results for male seals. NS denotes no significance between sexes in that age group, while * denotes significance. A p-value < 0.05 is considered statistically significant.



In the present 1-year recording, the sampling sizes for 4–6-month-old pups for both sexes were relatively small as compared to those of the other three age groups. The seal pups were generally quiet at 4–6 months, resulting in a limited sample size. The wild seal pups at the age of 4–6 months migrate out of Liaodong Bay for foraging (Han et al., 2005; Ma et al., 2018). It is possible that they keep silent to save energy for swimming and to reduce potential detection by prey and predators.

A previous study found that vocalizations between pups and yearling spotted seals were significantly different (Zhang et al., 2016), and the present study further provided strong evidence that pups of different ages showed different acoustic parameters. Specifically, the suckling pups had shorter vocalizations than yearling pups (Zhang et al., 2016); the present study further confirmed that the age-based variation in DUR occurred at 4 months old. We also confirmed that sex-based DUR variation occurred at 10 months old.

Regarding the FP, a significant difference was found between the male and female pups, with the FP of male pups constantly higher than in females, from neonates to 1 year old. This result was surprising because this was not the case for yearling and adult spotted seals, with a lower FP for males than females (Zhang et al., 2016). This indicated a continued large change in the FP in seals from 1 year old onward. Overall, our results indicated a clear intersex divergence in sound parameters in spotted seals from 1 year old until sexual maturity (i.e., 4 years old).

The spotted seal is a sibling species of the harbor seal but adopts quite a different nursing strategy. Spotted seals fast completely during nursing, whereas harbor seals forage, similar to otariids (Atkinson, 1997; Jefferson et al., 2015). Acoustic studies on pinnipeds are popular, with a focus on nursing strategy and mother–pup recognition, as a species (i.e., otariids) that can achieve individual vocal recognition is more likely to be studied (e.g., Insley, 1992; Insley, 2000; Insley et al., 2003; Tripovich et al., 2005; Collins et al., 2006; Pitcher et al., 2009; Opzeeland et al., 2012; Reichmuth and Casey, 2014; Sauve et al., 2015), and the same is true for harbor seals (Van Parijs and Kovacs, 2002; Khan et al., 2006; Sauve et al., 2015). Seals that cannot achieve individual vocal recognition, such as spotted seals, have received little attention. The current study adds to the body of knowledge about the vocal development of completely fasting seals during nursing.

There are also some limitations to our study. Firstly, the studied seals were mostly born under human care and originated from the Liaodong Bay colony. Our results reflect the case for captive-born Liaodong Bay seals; further studies are warranted to determine if there is variation between captive-born and wild-born seals or between seals from different colonies. Secondly, after lactation, in the 4–6-month group, pups gradually became silent; as a result, sounds from this group were mainly recorded during feeding and enclosure-cleaning times, when the seals were more vocal due to external disturbance. Regardless, we still collected relatively few sound signals, which had the potential to affect the analysis results. For example, the male pups first increased their sound frequency and then remained steady; but this was not the case for females, possibly due to the sample size limitation. Nonetheless, our findings contribute to our understanding of the vocal development of spotted seal pups in the wild, but they should be interpreted with caution.
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Introduction

As long-lived top predators inhabiting the Arctic and subarctic, belugas are under threat of anthropogenic stressors including climate change, pollution, noise, and habitat degradation, which in turn can negatively affect their health and viability. There is currently a need for health indicators that can be easily collected and used to assess and monitor the response to stressors in whales. Comparative transcriptomics using skin tissue can be used to provide understanding of organismal responses to stressors at the cellular level.





Methods

For this study, intra- and inter-population comparisons were performed using the skin transcriptomes obtained from Bristol Bay (BB) belugas sampled in spring and late summer, and Eastern Chukchi Sea (ECS) belugas sampled in early summer in Alaska to investigate significantly differentially expressed genes over 2-fold change (padj<0.05).





Results

Both principal component and hierarchical clustering analysis showed separate clustering of ECS whales, with further clustering of BB whales based on season. Intra-population comparisons carried out between different sexes and age groups did not result in any significant changes. However, the samples collected in spring versus summer within BB stock resulted in 541 significantly regulated genes, with significant activation (z-score≥|2|) predictions in pathways related with extracellular matrix organization, collagen biosynthesis and degradation, wound healing and cytokine signaling, potentially suggesting epidermal changes occurring in preparation for the seasonal molt in BB whales. The inter-population comparisons performed separately for BB-Spring versus ECS and BB-Summer versus ECS resulted in 574 and 938 significantly regulated genes, respectively. The significantly enriched canonical pathways common to both comparisons suggest increased cell survival and host defense responses along with increased cellular maintenance and growth in BB whales, and increased inflammation in ECS whales.





Discussion

These changes observed could potentially be due to differences in molting, bias in hunting preferences and/or differences in environmental conditions during the time of sampling. Findings from this study suggest comparative skin transcriptomics as a useful tool towards understanding biologically relevant gene expression differences at different temporal and spatial scales among beluga stocks with potential to inform and contribute to conservation and recovery of endangered beluga stocks.
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1 Introduction

As an ice-associated species mainly inhabiting Arctic and subarctic regions, belugas are increasingly exposed to multiple stressors potentially exacerbated by changes in sea ice conditions and ocean temperature (i.e., climate change). Even though the adaptive capacity of belugas to respond to these changes is currently unknown (Moore and Huntington, 2008; Gulland et al., 2022), some of the factors potentially affecting their distribution, behavior, reproduction and health, directly or indirectly, include contaminants, anthropogenic noise (e.g., offshore energy development, commercial shipping), changing prey populations, increased predation pressures, and emerging pathogens (Burek et al., 2008; Simmonds and Eliott, 2009; Gulland et al., 2022). There is a growing body of evidence about the effects of some of these stressors on the neuroendocrine and immune systems, reproduction, metabolism, as well as cellular DNA integrity and gene expression (Kight and Swaddle, 2011). Belugas are also an integral part of Alaska Native communities and are traditionally hunted for subsistence (Breton-Honeyman et al., 2021). As such, belugas are not only vitally important for meeting nutritional needs of many communities in Alaska, but they are also crucial for their medicinal, spiritual, economic and social network. Therefore, any changes in their distribution and health will in turn have negative consequences for the indigenous communities that depend on them.

There are six confirmed genetically distinct beluga stocks in Alaska (O’Corry-Crowe et al., 1997; O’Corry-Crowe, 2018; O’Corry-Crowe et al., 2021). Among these, the northerly located Eastern Chukchi Sea (ECS) stock is currently stable with a negatively biased estimate of 6,456 – 16,598 individuals observed during the months of July and August between 2012-2017 (Givens et al., 2020). Inhabiting both shallow nearshore and deepwater offshore habitats, the ECS whales mostly consume bottom invertebrates including shrimp along with some cod (Quakenbush et al., 2015). This stock is migratory, performing long-range seasonal migrations from oceanic wintering areas in the Bering Sea to ice-free estuaries in Chukchi Sea and western Beaufort Sea in late spring and early summer, and offshore habitats in the Beaufort Sea during summer, returning to the Bering Sea in the fall (Frost and Lowry, 1990; Suydam et al., 2005). The ECS whales are thought to perform these long-range migrations for several reasons, including their need for warmer water temperatures and appropriate substrate for rubbing off old skin for their seasonal summer molt which occurs during late June to late July (St. Aubin et al., 1990; Frost et al., 1993; Boily, 1995), and food sources, particularly in the Beaufort Sea and northeastern Chukchi Sea. The southern Bristol Bay (BB) stock remains in the bay the entire year, showing only small seasonal shifts in distribution (Citta et al., 2016), with an estimated average population size of ~2,040 individuals (Citta et al., 2019). Typically inhabiting shallow estuarine bays with strong tidal influences, BB whales mostly consume Pacific salmon as prey (Quakenbush et al., 2015). When salmon return to the bay in summer, BB whales are found at the river entrances, and in coastal areas, moving into deeper water when ice begins to form within BB in the autumn and early winter (Citta et al., 2016).

Cetacean skin has evolved for adaptation to life in the aquatic environment acting as a metabolically active barrier without the presence of a fully cornified layer of epidermis as observed in terrestrial mammals (Ehrlich et al., 2019; Espregueira Themudo et al., 2020; Menon et al., 2022). Cetacean epidermal skin is composed of lipokeratinocytes which are responsible for the production of keratin and lipid droplets, enhancing the capability to act as a physical barrier within a hypertonic environment, also providing buoyancy and an energy reserve (Elias et al., 1987; Elias, 1988; Mouton and Botha, 2012)). It is also an active immune organ providing essential protection from injury and infection, composed of structural proteins and inflammatory mediators (Zabka and Romano, 2003; Wang et al., 2021; Menon et al., 2022). Moreover, skin is a rich source of expressed genes with diverse functions in several physiological processes such as inflammatory, immune and stress responses (Ierardi et al., 2009; Van Dolah et al., 2015; Neely et al., 2018; Unal et al., 2018). Skin is also an abundant source of contaminants for cetaceans due to direct exposure or bioaccumulation, and skin gene expression profiling has successfully been utilized in cetaceans to assess long-term environmental and anthropogenic influences including contaminant exposure and toxicological responses, general physiological responses to stressors, immunosuppression, and seasonal differences (Trego et al., 2019a, b; Menon et al., 2022; Buckman et al., 2011; Fossi and Marsili, 2011; Panti et al., 2011; Van Dolah et al., 2015; Lunardi et al., 2016; Neely et al., 2018). Moreover, skin more likely represents chronic health status and/or seasonal changes as compared to blood, since the acute changes are almost immediately reflected in blood but not in skin (Unal et al., 2018; Menon et al., 2022), potentially due to the slow rates of epidermal cell turnover estimated to be between 45 – 75 days in cetaceans (Hicks et al., 1985; St. Aubin et al., 1990; Bechshoft et al., 2020). Due to these reasons and easy accessibility, cetacean skin is an ideal organ to study and to monitor the impact of anthropogenic stressors and environmental change (Menon et al., 2022), and can be obtained as a part of health-assessment studies and subsistence hunts, or through remote biopsy darts.

The seasonal molt in belugas occurs through shedding of the outer layer of degenerative epidermal skin cells to maintain skin health which appears to be facilitated by relatively warm and brackish waters in estuaries and lagoons in summer months (St. Aubin et al., 1990; Frost et al., 1993; Boily, 1995). Due to their continuous exposure to subfreezing temperatures in their wintering grounds, belugas conserve body heat by diverting blood flow away from the skin, which in turn inhibits continuous skin regeneration (St. Aubin et al., 1990; Pitman et al., 2020). Their movement to warmer waters is thought to facilitate this process as warmer temperatures can help with skin turnover by resuming the blood supply without losing heat (Boily, 1995; Pitman et al., 2020).

Functional genomics is frequently used in conservation biology to provide an understanding of organismal responses to environmental stressors at the cellular level. Gene expression studies have previously been carried out for dolphins (Panti et al., 2011; Van Dolah et al., 2015; Lunardi et al., 2016; Neely et al., 2018; Trego et al., 2019a), sperm whales (Wang et al., 2021) and belugas (Unal et al., 2018; Simond et al., 2019) by using skin samples to investigate transcriptomic resources and responses to various factors. However, to date, high-throughput skin transcriptome studies from belugas have not been reported, providing us with a unique opportunity to identify the physiological changes occurring in these populations. Transcriptome analysis through RNA sequencing allows the entire transcriptome to be surveyed in a quantitative manner (Wang et al., 2009) and has the potential to identify genes and pathways associated with immune/endocrine dysfunction, toxic exposure, reproductive disorders, and issues related to malnutrition and metabolism or other stressors, such as the warming environment.

The major goals of this study are to investigate population level gene expression differences in signaling pathways, biological functions and potential disease associated gene markers between the BB and ECS beluga stocks by carrying out differential gene expression analysis of transcriptomes. Not only will this study represent the first skin transcriptome analysis of belugas, but it will also provide an invaluable source of information for identification of new markers to monitor important biological activity essential for health and the stress response. In the long term, the data generated may potentially be utilized for comparative analysis with other beluga stocks in order to help inform management decisions for conservation success, especially for those stocks that are at risk.




2 Methods



2.1 Sample collection

For this study, epidermal skin samples of up to 5mm thickness collected from 24 BB belugas (14 males, 10 females), and 10 ECS belugas (7 males, 3 females) were utilized (Table 1). The BB skin samples were collected during spring (May, 6 samples) and late summer (August-September, 18 samples) in 2008, 2012, 2013 and 2014 during wild live-capture release beluga health assessment studies, coordinated by the National Marine Fisheries Service (NMFS), Alaska Department of Fish and Game, and Alaska SeaLife Center (Norman et al., 2012; Goertz et al., 2019) (NMFS Scientific Research Permits #782-1719 and #14245). These health assessments included capture, physical examination, morphological measurements, biological sampling, and satellite tagging followed by release in less than 2 hours (Goertz et al., 2019). ECS skin samples were collected in late June to early July 2010, 2012, 2014 and 2017 from 7 subsistence-hunted belugas (NMFS Permit #17350 by the Department of Wildlife Management, North Slope Borough, Utqiaġvik, AK), and 3 live-captured released belugas in association with satellite tagging and health assessment and preserved in 5-10 volumes of RNAlater® solution. All samples were then kept frozen at -80°C until further processing.


Table 1 | Skin samples utilized for the current study from wild live-captured released (Live-capture, LC) belugas from Bristol Bay (BBN, DLBB) and Eastern Chukchi Sea (LC), and from subsistence-hunted (Subs. hunt) belugas from Eastern Chukchi Sea (LDL).






2.2 RNA extraction

The skin samples were processed utilizing a two-step tissue disruption protocol with a sterile mortar and pestle filled with liquid nitrogen, followed by homogenization in PureZOL™ RNA isolation reagent (Bio-Rad, Hercules, CA) and an Omni Tissue Homogenizer (Omni International, Inc., Kennesaw, GA) as previously described (Unal et al., 2018). Sterile hard tissue probes were used for homogenization, and both the mortar/pestle and the probes were changed in between samples to prevent cross-contamination. Total RNA extractions were then performed using Aurum™ Total RNA Fatty and Fibrous Kit (Bio-Rad, Hercules, CA) following the manufacturer’s protocol.




2.3 RNA sequencing and mapping

Total RNA samples were quantified, and the samples were submitted for RNA Sequencing at the University of Connecticut, Center for Genome Innovation. Quality control analyses for RNA samples were carried out using the Agilent TapeStation Automated Electrophoresis System (Agilent, Santa Clara, CA). Following strand-specific library generation using the Illumina TruSeq® stranded mRNA library preparation kit (Illumina, Inc., San Diego, CA), RNA sequencing was carried out using Illumina NovaSeq S4 instrument to generate paired-end reads for differential expression analysis.

Raw reads were trimmed with Trimmomatic (version 0.39) (Bolger et al., 2014), with a quality threshold of 25 and length threshold of 45. The quality of the reads was accessed using FastQC and MultiQC (Andrews, 2010; Ewels et al., 2016). A taxonomic classification analysis was then carried out to identify the sequences that are of non-mammalian origin using Kraken2 (Wood et al., 2019), utilizing a database built from the reference sequence libraries of bacteria, viruses, and archaea. The small percentage (<3%) of contaminating reads were filtered out. The remaining reads were mapped against the previously published Delphinapterus leucas genome (Jones et al., 2017) (NCBI Genome Assembly No: ASM228892v3) using HISAT2 (version 2.1.0) (Kim et al., 2015). The resulting SAM files were converted into BAM format using samtools (version 1.9) (Li et al., 2009), and gene expression was estimated by generating a count matrix with htseq-count (Anders et al., 2015).




2.4 Differential gene expression analysis and data visualization

For initial data visualization, Principal Component Analysis (PCA) was carried out based on the variance stabilized transformation of the count data for 500 genes that showed the largest variability across all the samples. The differential expression of genes between conditions were evaluated using DESeq2 (Love et al., 2014) installed within RStudio (Rstudio PBC, 2021.09.1). Sex and age group (adults or subadults based on observations) were included as covariates in the DESeq2 analysis to account for any potential effects. Shrunken log2 fold changes were utilized for DESeq2 to reduce the noise due to the genes with low counts and high dispersion values (Zhu et al., 2019).

Intra-population variability was assessed by carrying out differential gene expression analysis of different sexes (females versus males) and life stages (subadults versus adults) for both stocks. Differential gene expression analysis was also carried out between live-captured and hunted whales from ECS stock, and between different seasons (spring versus summer) in BB stock. Sea surface temperature (SST) data for BB was obtained from seatemperature.info website. Correlation and linear regression analysis were carried out for the top differentially expressed genes for seasonal comparison. Comparisons between ECS and BB stocks were then performed separately for spring and summer BB samples. The analysis was carried out with a false discovery rate-controlled (Benjamini and Hochberg, 1995) significance value (padj<0.05), and log2 fold-change cutoff value (log2FC ≥ |1|). Genes which did not have any counts in at least half of the samples for each comparison were removed from the analysis based on published recommendations (Deyneko et al., 2022).

For each comparison, a Bland-Altman plot (MA plot) was generated to display the magnitude of change as log2FC versus the mean expression using the normalized counts in order to visualize the gene expression differences between two stocks. A volcano plot was generated to show the statistical significance (-log10(padj)) versus the magnitude of change (log2FC). Heatmap analysis was carried out using regularized log transformation of counts and the shrunken log2 fold changes of the top 200 differentially regulated genes in order to visualize the hierarchical clustering of the data for samples and genes. The top significantly (padj<0.05) regulated genes among the pairwise comparisons were then inspected to see if their normalized counts seem consistent with expectations using the plotCounts function in RStudio, and were reported along with their fold change values, significance and putative functions.




2.5 Pathway analysis

Canonical pathway analysis was carried out using the QIAGEN Ingenuity Pathway Analysis (IPA, Version 84978992) platform incorporating the algorithms developed for QIAGEN IPA (Krämer et al., 2013). QIAGEN IPA software utilizes extensive and manually curated content maintained in the Ingenuity Knowledge Base to investigate the activation status of the pathways based on the differentially expressed genes between comparisons (Krämer et al., 2013). The index of cell signaling and metabolic canonical pathways are defined in Pathways Knowledge Library of the Ingenuity Knowledge Base which are utilized by QIAGEN IPA software (https://geneglobe.qiagen.com/us/knowledge/pathways). The pathways related to cancer and cardiovascular signaling were excluded from the analysis due to irrelevance with skin tissue. Human orthologs of the gene names were used as gene identifiers. Upregulated and downregulated genes were analyzed separately and genes that were significantly associated with a canonical pathway were identified. A right-tailed Fisher’s Exact Test was used to calculate a Benjamini-Hochberg corrected p-value (FDR) determining the probability that the association between the genes in the dataset and the canonical pathway is explained by chance alone with FDR<0.05 cutoff for significant associations. Among the significantly enriched pathways, only those with an activation z-score value of ≥ |2| were reported. The z-score ≥2 was defined as the threshold of significant activation, whereas z-score ≤−2 was defined as the threshold of significant inhibition. Intra-population pathway analysis was performed between two different seasons for BB samples only (BB-Spring versus BB-Summer). Seasonal data was not available for the ECS population. Inter-population analyses were then performed by utilizing separate comparisons of BB-Spring versus ECS and BB-Summer versus ECS. The canonical pathways showing significant differences common to both comparisons were then identified using the comparison analysis heatmap functionality of IPA. This comparison analysis enables visualization of the paired canonical pathways common to both comparisons as a heatmap. The canonical pathways that are predicted to be activated or inhibited in the same way in both comparisons were reported as a means to minimize the effect of differences between spring and summer seasons on gene expression.





3 Results



3.1 Transcriptome generation and data visualization

RNA sequencing was carried out for a total of 34 beluga skin samples obtained from two different stocks (BB and ECS), including samples collected from two different seasons within the BB stock generating an average of 20 million reads per sample. The taxonomic classification analysis (Kraken2) resulted in an average of 2.9% of the reads being represented by microorganisms. These reads were then removed from the downstream analysis. Following trimming for sequencing adapters and filtering of low-quality reads, the samples had an average of 12.2 million reads with a mean read size of 140bp and per base quality (Phred) scores of over 36 out of 40. Upon mapping of these reads to the beluga genome, the average alignment rate was 82.32%, resulting in a total of 12,350 genes available for differential expression analysis (Supplementary Table S1) out of a total of 15,002 genes identified in beluga skin.

Principal Component Analysis (PCA) of the top 500 genes that displayed the largest variability in gene expression resulted in separate clustering of the two stocks with the first principal component (PC1) explaining 60% and the second principal component (PC2) explaining 11% of the variance observed (Figure 1). Within the BB stock, the samples collected from spring and summer seasons also displayed separation (Figure 1). Live-captured ECS belugas clustered with the hunted ECS belugas, except for one individual (LC108778-12) which did not cluster with either group displaying a very different gene expression profile than the rest of the individuals. This individual, which might potentially have a different health status, was then removed from the dataset for the downstream analysis.




Figure 1 | Principal Component Analysis (PCA) of top 500 genes that display the largest variability among the two beluga stocks for the first principal component (PC1) explaining 60% of the variance, and the second principal component (PC2) explaining 11% of the variance. Bristol Bay live-captured whales sampled during September are shown in red circles (BB-Summer) and those sampled during May are shown in blue circles (BB-Spring). Eastern Chukchi Sea subsistence-hunted whales (ECS-H) are shown in green triangles and Eastern Chukchi Sea live-captured whales (ECS–LC) are shown in purple triangles. The single individual circled indicates the outlier sample (LC108778-12) which was removed from the differential expression analysis.



Hierarchical cluster (heatmap) analysis of the top 200 genes that are significantly differentially expressed (FDR<0.05, log2FC ≥1) in ECS vs BB beluga stocks displayed distinct clustering of the individuals consistent with their stock assignments (Figure 2). Clustering by individuals (i.e. columns) displayed two main clusters representing each stock (ECS or BB), with further sub-clustering of the BB stock based on season. Clustering by rows (i.e. genes) displayed two main clusters of genes. While the top gene cluster showed upregulation in ECS whales, the bottom cluster showed downregulation when compared to BB belugas (Figure 2).




Figure 2 | Hierarchical clustering (heatmap) analysis of the top 200 significantly differentially expressed genes between BB and ECS beluga stocks based on -log(FDR) values of shrunken log2 fold-changes. BB samples showed clustering based on the two seasons (BB-Summer and BB-Spring). The expression data is scaled by row, and clustered by rows and columns. The colors in the heatmap represent the gene expression level in terms of log2 fold change from the mean. Mean expression across the whole dataset is set to 0 indicated by yellow in the color scale. Red indicates upregulation and blue indicates downregulation in ECS vs BB stocks.






3.2 Differential gene expression and pathway analyses



3.2.1 Intra-population variability

Differential expression analysis performed between females versus males, subadults versus adults, or hunted versus live-captured ECS whales did not result in any significant gene expression differences. Year was not included in the analyses because of small sample sizes. However, differential expression analysis performed between the samples collected in spring (May) versus summer (September) seasons within the BB stock resulted in 3.6% of the entire transcriptome exhibiting significant changes between spring and summer, resulting in a total of 541 significantly (padj<0.05) regulated genes with a log2FC range from -3.78 to 3.42 (Figure 3). Out of these, 391 genes were successfully mapped with 75% of the mapped genes (293 total) showing higher expression in summer, and 25% of the genes (98 total) showing higher expression in spring (Supplementary Table S2).




Figure 3 | Differential expression analysis overview for seasonal (spring versus summer) comparison within the BB stock (A) Bland-Altman (MA plot) displaying shrunken log2 fold change (y-axis) versus mean of normalized counts (x-axis). The horizontal (x = 0) line represents the mean expression value, and the gray dots represent the genes that did not pass the significance criteria. The blue dots above the line represent upregulation in spring vs summer, and the blue dots below the line represent downregulation in spring vs summer (i.e. upregulation in summer vs spring) (B) Volcano plot displaying the statistical significance (-log10(padj), y-axis) versus magnitude of change (log2FoldChange, x-axis). The horizontal dashed line represents the significance cutoff value of padj = 0.05, and the vertical dashed lines represent log2 fold change cutoff value of |1|. Black and gray dots represent the genes that did not pass the significance criteria. Significantly downregulated genes are shown in green on the left (log2FoldChange ≤ -1), and significantly upregulated genes are shown in red on the right (log2FoldChange ≥ 1).



The most significantly upregulated genes in spring vs summer were mostly related with mitotic cell cycle, signal transduction, and cellular growth, proliferation and development. The most significantly (padj = 9.12E-10) upregulated gene in spring vs late summer within the BB stock was tubulin beta 2A class IIa (TUBB2A) which takes part in cytoskeleton organization and the mitotic cell cycle (Table 2; Figure 4A). The additional genes that were consistently upregulated in spring samples included those that take part in mitotic cell cycle (CENPT), cellular proliferation and skin aging (LMNB1), mitochondrial maintenance (MTFR2), mitochondrial respiration (PHB1), and oxidative stress response (GPX2) (Table 2; Figure 4A).


Table 2 | Top significantly (padj < 0.05) differentially regulated genes in spring vs late summer within the Bristol Bay stock.






Figure 4 | Variance normalized counts for the top five significant genes (with lowest padj values) that are differentially expressed in spring vs summer samples collected from the BB stock. (A) Genes with higher expression in spring (B) Genes with higher expression in summer. Blue color represents spring samples, and orange color represents summer samples.



The most significantly upregulated genes in summer vs spring were mostly related with skin structural maintenance, sensory perception and circadian rhythm. The most significantly (padj =3.24E-17) upregulated gene in late summer vs spring was tectorin alpha (TECTA), an extracellular matrix constituent important in sound perception and mechanotransduction. Additional genes that were consistently upregulated in summer included those that take part in sensory perception and circadian rhythm (GUCY2D, RORC), skin homeostasis, skin barrier function and phospholipid metabolism (GRB14, NPM2, SMIM2, MTMR4), and calcium regulation and neurotransmitter release (OBSCN, RIMS3) (Table 2; Figure 4B).

Pathway analysis resulted in a total of 24 canonical pathways that were predicted to be significantly activated using the upregulated genes in spring versus late summer within BB population (Table 3; Figure 5). These pathways were mostly represented in the general categories of extracellular matrix organization involving collagen metabolism, cellular stress and injury, wound healing, mitotic cell cycle and other intracellular signaling, cytokine signaling, and metabolism of proteins with 4 to 11 genes involved per pathway (Figure 5; Table 3). The canonical pathway that was the most significantly enriched was “Collagen Biosynthesis and Modifying Enzymes” with a z-score of 3.32 (FDR=1.58E-12). This pathway also had the greatest number of genes involved (11 genes) (Table 3). The upregulated genes in the summer samples, however, did not result in any significant pathway enrichment based on the cutoff criteria.


Table 3 | The canonical pathways that are significantly enriched (FDR < 0.05) among upregulated genes in spring (May) versus summer (September) within Bristol Bay stock (see Figure 5).






Figure 5 | Canonical pathways that are significantly enriched (FDR < 0.05) among the upregulated genes in BB-Spring versus BB-Summer comparison. All the enriched pathways were also predicted to be activated in BB-Spring whales (z-score ≥ 2). The enriched canonical pathway names are shown on the y-axis, and the pathway categories are shown on the x-axis. The size of the circles corresponds to the number of significantly upregulated genes that overlap the pathway, as indicated in the legend. The color intensity represents the degree of z-score activity predictions with darker colors indicating larger z-scores and higher activation. The pathways are ordered based on their ascending significance values, with those at the bottom showing the most significant predictions.






3.2.2 Inter-population variability

Differential expression analysis performed between BB-Spring versus ECS samples yielded in 3.8% of the transcriptome (574 total) exhibiting significant changes between them (padj<0.05, log2FC of -4.01 to 4.93) (Figures 6A, B). Out of these, 489 were mapped, with 77.5% of the mapped genes (379 total) showing higher expression in BB-Spring, and 22.5% (110 total) showing higher expression in ECS (Supplementary Table S3). Differential expression analysis performed between BB-Summer vs ECS samples yielded in 6.2% of the transcriptome (938 total) being significantly regulated (padj<0.05, log2FC of -3.96 to 7.82) (Figures 6C, D). Out of these, 702 genes were mapped with 79.2% of the mapped genes (556 total) showing higher expression in BB-Summer samples, and the remaining 20.8% (146 total) showing higher expression in ECS samples (Supplementary Table S4).




Figure 6 | Differential expression analysis overview for population level comparisons of Bristol Bay (BB) and Eastern Chukchi Sea (ECS) belugas. Relative gene expression values for BB-Spring versus ECS comparison are shown on the top panels, and those of BB-Summer versus ECS comparison are shown on the bottom panels. (A, C) Bland-Altman (MA) plot displaying shrunken log2 fold change (y-axis) versus mean of normalized counts (x-axis). The horizontal (x = 0) line represents the mean expression value, and the gray dots represent the genes that did not pass the significance criteria. The blue dots above the line represent upregulation in spring vs summer, and the blue dots below the line represent downregulation in spring vs summer (i.e. upregulation in summer vs spring). (B, D) Volcano plots displaying the statistical significance (-log10(padj), y-axis) versus magnitude of change (log2FoldChange, x-axis). The horizontal dashed line represents the significance cutoff value of padj = 0.05, and the vertical dashed lines represent log2 fold change cutoff value of |1|. Black and gray dots represent the genes that did not pass the significance criteria. Significantly downregulated genes are shown in green on the left (log2FoldChange ≤ -1), and significantly upregulated genes are shown in red on the right (log2FoldChange ≥ 1).



The canonical pathway comparison of the core analysis results that are common to both BB-Spring and BB-Summer samples relative to ECS showed significant activity predictions for a total of 13 pathways (Figure 7; Table 4). While 12 of these pathways were significantly activated in BB with z-scores ranging from 2.45 to 5.20, only one pathway was significantly activated in ECS with a z-score of -2.45 with 1-acylglycerol-3-phosphate-O-acyltransferase 2 (AGPAT2) being the single shared gene in both comparisons (Table 4). The number of genes associated with these pathways ranged between 5 and 30, with the highest numbers observed for cellular immune response related “S100 Family Signaling Pathway” which also had the highest z-score (Table 4). The activity z-scores were higher, and significance values were much lower for the BB-Spring vs ECS than BB-Summer vs ECS comparison, especially for extracellular matrix organization related pathways.




Figure 7 | Heatmap of significantly (p < 0.05) enriched canonical pathways common to both comparisons between Bristol Bay (BB) and Eastern Chukchi Sea (ECS) belugas. The significantly enriched canonical pathways are listed for BB-Spring versus ECS (the first column of heatmap) and BB-Summer versus ECS (the second column of heatmap). The color scale represents the pathway activation z-score range across the comparisons. Orange color represents activation in BB and blue color represents inhibition in BB (i.e. activation in ECS). The darker the colors are, the higher the activation or inhibition in that pathway.




Table 4 | Significantly activated canonical pathways (p-value < 0.05, z-score ≥ 2) common to both BB-Spring and BB-Summer versus ECS comparison (see Figure 7).



The most significantly activated pathways in BB whales included “S100 Family Signaling Pathway” involving 27-30 differentially regulated genes that broadly took part in cellular immune and inflammatory response and cell proliferation (Table 4). The other immune response related pathways that were activated in BB whales were “Pathogen Induced Cytokine Storm Signaling”, “Complement Cascade” and “Role of Pattern Recognition Receptors in Bacteria and Viruses” taking part in antimicrobial and inflammatory responses, and skin barrier protection. The remaining activated pathways in BB whales were mostly related with skin structural maintenance, cell differentiation and growth, and tissue repair including “Extracellular Matrix Organization” “Collagen Biosynthesis and Modifying Enzymes”, “Elastic Fibre Formation” and “Wound Healing Signaling” (Table 4). The only significantly activated pathway in ECS whales was “Neutrophil Degranulation”, taking part in inflammation and infection involving 6-10 genes (Table 4).






4 Discussion

Skin is a relatively accessible and a very informative tissue matrix for investigation and health monitoring of marine mammals with potential to measure multiple parameters (i.e. hormones/proteins, contaminants, lipids, gene expression, age, sex) to maximize the information gained. Skin samples obtained from beluga whales utilized in this study proved to be a robust source of gene expression, in agreement with the previous studies (Ierardi et al., 2009; Lunardi et al., 2016; Neely et al., 2018; Unal et al., 2018). Skin closely reflects the characteristics of the environment the animal is living in, its physiological status (e.g., molting), or life stage with potential to identify population-level differences in their health and physiology.

In this study, differential expression analyses of skin transcriptomes generated from the two beluga stocks in Alaska (ECS and BB) displayed a clear separation based on PCA and heatmap analyses for both seasonal and population-level variability. The differences observed between the two stocks were consistent with the previous finding utilizing differentially regulated target genes obtained from the same individuals showing similar separation (Unal et al., 2018). However, there was also a large amount of variability among individuals within each stock, potentially due to differences in life history parameters such as age, interannual changes, phenotype and physiology, or due to differences in tissue handling such as time passed until tissue preservation. Additionally, the differences in sample sizes between the two stocks and biased sampling based on hunter’s preferences might have affected the results.

The inclusion of post-mortem skin samples following subsistence-hunts, particularly with the ECS animals being chased for hours before being harvested, can potentially raise some concerns. Even though preliminary analysis indicated that there were no significant gene expression differences between live-captured (n=3) versus subsistence-hunted (n=7) whales from the ECS stock, the results might change with the inclusion of more samples. However, this finding may not be surprising as both the harvested and live-captured whales were chased the same way until they were driven to a lagoon for the hunt or tagging. Furthermore, it has previously been shown that the effect of hormonal response to an acute stressor in cetacean skin could not be detected before 46 days (Bechshoft et al., 2020). These findings all together seem to indicate the usefulness of post-mortem skin collection to assess skin gene expression provided that the animal is considerably fresh which occurs in cold water conditions such as the Arctic.



4.1 Variability within stocks: seasonal effects

The lack of gene expression differences based on sex observed in this study is consistent with findings from Van Dolah et al. (2015), but not with Trego et al. (2019b). However, the differences likely resulted from variable cut-off criteria for significant expression. Even though Trego et al. (2019b) reports the presence of subtle but significant differences based on sex, only six genes had a minimum of 2-fold difference in expression levels between males and females, four of which were non-coding RNAs. Even though the current study did not find any significant differences between sexes in epidermal skin transcriptome in belugas, it remains to be determined if gene expression in other layers of skin might be affected by sex. Additionally, even though no significant changes were observed between the two age categories (adult and sub-adult) in this analysis, these categories are too broad to accurately reflect differences during maturation.

Significant seasonal variability observed among the beluga skin samples collected from the BB stock was consistent with other studies using cetacean skin (Van Dolah et al., 2015; Trego et al., 2019b). This study identified 3.6% of the transcriptome (541 genes) differentially expressed between spring and summer in beluga skin using the cutoff criteria of minimum log2FC of 1 (corresponding to fold change of 2) and padj<0.05. Previously reported values for a similar comparison in dolphin skin was 1.5% using the cutoff criteria of minimum fold change of 1.5 and padj<0.01 (Van Dolah et al., 2015). This reported value was significantly lower than the proportion of the differentially expressed genes identified in this study for belugas using the same criteria (5,4%). The proportion of the significantly expressed genes potentially reflects the presence of a greater response to seasonal changes between these two species. The thickness and structure of cetacean epidermis, as well as epidermal proliferation rates, vary considerably among species based on their aquatic adaptations to different ocean environments (Menon et al., 2022 and references therein). As an Arctic species, belugas are routinely exposed to a wide range of temperature and salinity changes during the process of migration associated with seasonal epidermal molt in spring/summer months. The molting process in cetaceans involves dramatic changes in skin involving proteolysis and inflammation in the earlier stages followed by protein synthesis and tissue regeneration, somewhat similar to wound healing (Keith, 2021; Su et al., 2022). On the other hand, as a temperate water species, dolphins are known to carry out continuous epidermal regeneration (Hicks et al., 1985). The more dramatic gene expression changes between spring and fall seasons observed in belugas versus dolphins could potentially be indicative of the molting process in belugas, in addition to other environmental or species-specific differences.

The effect of sea surface temperature on cetacean skin transcriptome has been previously documented for dolphins with 4279 genes (23.7% of the transcriptome) significantly differentially expressed with respect to mean sea surface temperature based on their geographic location (Trego et al., 2019b). The mean sea surface temperature in BB varied from 38.3°C in May to 51.9°C in September during the sampling period (https://seatemperature.info). Even though the temperature data was not included in this analysis, the seasonal gene expression changes observed could potentially be influenced by this exogenous variation, in addition to other oceanographic parameters. Additional analysis incorporating a variety of exogenous parameters may help tease apart the source of this seasonal variation.



4.1.1 Upregulation in spring

The upregulation and the pathway activation observed in spring samples were indicative of active re-organization of skin structural constituents in aging epidermal skin, along with increased energy production and inflammation, consistent with the initial stages of a seasonal molt.

Among the first group of genes with higher expression in spring, TUBB2A was the most significantly regulated gene, having a major role in microtubule formation for maintenance of cellular architecture and function in a wide range of cellular processes, including those vital for skin health and development. In the skin, it may also play a role in sensory nerve endings or other neuronal components (Uhlén et al., 2015). Centromere protein T (CENPT) also plays a fundamental role in cell division for accurate chromosome segregation during mitosis (Uhlén et al., 2015). Lamin B1 (LMNB1) is crucial in maintaining the structural integrity of the cell nucleus, and its expression levels impact cellular senescence and aging in skin tissue (Dreesen et al., 2013). The activation of these genes in spring is therefore indicative of increased cellular regeneration and cytoskeletal rearrangements (Hodge and Ridley, 2016).

The other group of genes that show higher expression in spring were mostly related with increased energy production through mitochondrial regulation. For example, MTFR2 is a mitochondrial fission regulator essential for maintaining mitochondrial health in aged keratinocytes in humans by breaking them apart (Sreedhar et al., 2020). Since mitochondrial dynamics is mainly manipulated by the balance between mitochondrial fission and fusion, increased expression in MTFR2 indicates elevated mitochondrial fragmentation. PHB1 is another gene with mitochondrial maintenance function by regulating mitochondrial respiration, and RRM2 is a part of the ribonucleotide reductase enzyme that takes part in DNA synthesis and repair showing increased expression associated with increased DNA damage response (Uhlén et al., 2015). The activation of these genes is potentially indicative of increased cellular energy demands to support drastic changes in the cellular architecture as expected from a molting skin.




4.1.2 Upregulation in summer

Even though the most consistently upregulated genes in summer samples (i.e. downregulated in spring) did not result in significant pathway enrichment based on the cutoff criteria, the genes with significantly higher expression in summer were mostly related with skin homeostasis, skin barrier, cellular immune system, circadian rhythm and sensory functions. Interestingly, the gene that showed the most significant increase in summer samples was tectorin alpha (TECTA), which has been well studied for its role in tectorial membrane that is critical for normal hearing in humans (Kim et al., 2019). Likewise, another sensory perception gene, retinal guanylate cyclase 2D (GUCY2D), also showed increased expression in summer. GUCY2D is mainly known for its role in visual phototransduction in humans, however, is also known to encode for an olfactory sensory protein in mice and rats (Fulle, 1995). Therefore, the function of the protein coded by GUCY2D gene varies across species and is currently unknown for cetaceans. Both GUCY2D and TECTA protein expression have been detected in human skin tissue (Uhlén et al., 2015). In addition, retinoic acid related orphan receptor gamma (RORC) gene is known to be expressed in all skin cell types, including epidermal keratinocytes and melanocytes. RORC plays a crucial role in circadian rhythms regulating several clock genes, while taking part in modulation of lipid/glucose metabolism (Fan et al., 2018). The increased expression of these sensory genes observed in summer samples in belugas might be indicative of increased levels of sensory stimulation, in addition to metabolic and/or immune challenges in their environment. Cetacean skin is a part of a complex somatosensory system allowing the perception of external stimuli unique to their marine environment through a variety of neuroanatomical innervations, however, the functions of this system have not yet been fully clarified (Eldridge et al., 2022; De Vreese et al., 2023). The cetacean skin has been shown to have exceptionally dense low threshold mechanosensory system innervation (Eldridge et al., 2022). It has also previously been suggested that skin receptors of toothed whales are extremely sensitive to vibrations, and dolphins can detect changes in hydrodynamic and hydrostatic pressure through their skin, including low frequency sound (Ridgway and Carder, 1990; Simmonds et al., 2004). However, the exact functions of these sensory genes in beluga skin warrants further investigation.

The genes related to the immune system that were activated in summer samples included myotubularin MTMR4 which regulates macrophage phagocytosis for immune control of infection and selective pathogen clearance of invading microorganisms and apoptotic bodies (Sheffield et al., 2019). In addition to its other roles, RORC is also an important regulator of the immune response as it is expressed in natural killer T cells in skin (Fan et al., 2018). Nucleophosmin NPM2 is shown to be uniquely expressed in pigment producing melanocytes in humans (Reemann et al., 2014), and pigmented parts of the beluga skin is known to contain large and well-developed melanocytes with abundant melanosomes (Menon et al., 2022). The genes related with metabolism included growth factor receptor protein GRB14, which is known to modulate insulin signaling which is crucial for maintaining glucose homeostasis, influencing cellular responses related to growth and metabolism. Increased GRB14 expression is shown to result in inhibition of insulin signaling and increased lipid storage in humans (Sun et al., 2022). SMIM2 is also predicted to be an integral component of the cell membrane, act as a receptor capable of mediating phospholipid uptake (Conrad et al., 2017). Overall, the results suggest an activation in immune response, growth and lipid/glucose metabolism in summer samples when compared to spring.





4.2 Variability between stocks

The skin samples included in this study were a subset of samples analyzed within the framework of another study reporting significantly lower cytokine gene expression in ECS whales in comparison to BB whales using real-time PCR (Unal et al., 2018), which corresponds to a higher expression in BB belugas. Results of our current study agree with the former study displaying increased expression in a number of cytokine genes in BB belugas. Cytokines are regularly produced by keratinocytes and other skin resident cells to maintain the barrier function of skin through cell proliferation and differentiation modulated by a complex network of signaling molecules (Hänel et al., 2013). The higher cytokine transcription observed in BB whale skin could in part be indicative of differences in skin condition and barrier function in between these two stocks potentially as a result of additional seasonal differences and/or molting. Moreover, the majority of the enriched canonical pathways predicted to be activated in the BB stock in relation to the ECS stock were related with cellular immune response, and neurotransmitter & other nervous system signaling. These results could be indicative of metabolically active skin in BB whales with increased exposure to pathogens, or higher level of immune system functioning in BB whales as explained in detail below.

Some of the differentially expressed genes identified were common to multiple canonical pathways indicating involvement in several biological processes. In skin, S100 proteins participate in innate and adaptive immune responses, and tissue development & repair (Halawi et al., 2014). Among the top regulated genes in this pathway highly conserved WNT11 plays an important role in fibrogenesis in skin including the last stages of cutaneous wound healing involving tissue remodeling and extracellular matrix maturation (Bukowska et al., 2021). Additionally, several G-protein coupled receptors including the prostaglandin receptor PTGDR2 are known to have regulatory roles in skin homeostasis controlling epithelial cell renewal and keratinocyte proliferation (Pedro et al., 2020), and the membrane-bound matrix metalloproteinase MMP24 is known to be involved in tissue remodeling (Verma and Hansch, 2007). The upregulation of these genes in BB whales might be indicative of increased tissue regeneration as well as increased immune functions. On the other hand, the only common gene that was upregulated in ECS versus both seasons of BB stock was AGPAT2 which is known to be involved in triglyceride synthesis and adipogenesis playing a crucial role in synthesis of phospholipids and development of adipocytes as the cells that store lipids for energy (Gale et al., 2006; Agarwal, 2012). The increased expression of AGPAT2 in ECS whales might be indicative of increased fat storage in these whales.

Among other significantly enriched pathways “Complement Cascade” and “Role of Pattern Recognition Receptors in Bacteria and Viruses”, which were predicted to be activated in BB whales, provide evidence of the active immune system in this stock. Even though the BB stock is considered to be stable, the population growth has slowed down or ceased based on the most recent estimates (Citta et al., 2019; Lowry et al., 2019). In addition, some concerns have been raised about increases in infectious disease outbreaks as a result of warming oceans and increased ship traffic (Gulland et al., 2022). Prevalence of alphaherpesvirus has also been reported in a high proportion of animals in this stock causing skin lesions (Nielsen et al., 2017). More recently, prevalence of marine-origin Brucella sp. exposure has also been reported in both BB and ECS stocks which has the potential to cause skin lesions among other clinical symptoms (Thompson et al., 2022). All these factors might have potentially contributed to the differences observed in these two stocks. Expression of immune response-related genes in both stocks may suggest that many animals are exposed to and/or experiencing skin infection. Therefore, measuring expression of immune markers in different populations could be a way to assess exposure to pathogens and animals’ immune capacity in responding to those pathogens.

The differences in gene expression between beluga stocks might also have been influenced by different levels of contaminant exposure (i.e. POP/PFAS) between the populations. Belugas, being top predators, are known to bioaccumulate contaminants which can potentially have adverse effects on the development of immune, nervous and reproductive systems as well as causing cancer (Wilson et al., 2005; Lair et al., 2016). Cook Inlet is located by the increasingly industrialized waters of Anchorage as Alaska’s most populated and fastest-growing city. Being geographically close to BB, Cook Inlet belugas generally have higher levels of contaminants compared to Bristol Bay belugas. Recent studies have shown that Cook Inlet belugas are exposed to various pollutants, including persistent organic pollutants (POPs), per- and polyfluoroalkyl substances (PFAS), and mercury (Burek-Huntington et al., 2022). Even though blubber is known to serve as storage organ for most of the listed contaminants, an unfortunate consequence of utilization of blubber as an energy source is the mobilization of lipophilic contaminants (i.e., POPs) closely associated with these lipid reserves into the blood and surrounding internal tissues (Yordy et al., 2010; Hoguet et al., 2013). Moreover, associations of POPs in blubber with thyroid- and steroid-related gene expression in skin has previously been identified in St Lawrence belugas (Simond et al., 2019). Gene expression in skin has also been previously investigated for the role of vitamin D3 pathway in innate immunity including proliferation, differentiation, apoptosis, immunomodulation, stress response and antimicrobicity, similar to what has been reported in humans and other terrestrial mammals (Ellis et al., 2009; Mancia, 2018 and the references therein). These studies provide evidence for the utilization of gene expression in skin for assessing the health of cetaceans.

Even though it is not possible to identify the exact causes for the differences observed between ECS and BB belugas, the increased expression of genes associated with the functions of cellular movement, cellular growth and proliferation and immune system in BB whales could potentially be indicative of the presence of increased number of pathogens or differences in environmental conditions, and/or increased exposure to these changes due to a thinner skin. A decrease in skin thickness in fall has previously been documented in belugas based on observations of Inuit hunters. This traditional ecological knowledge indicated obvious physiological changes occurring in beluga skin during annual molt, reporting that the outer layer of dorsal body surface is thick and yellow in spring migration, of intermediate thickness in summer when molting occurs, and thin and white in fall after the molt is completed (St. Aubin et al., 1990). ECS belugas were sampled in late June to early July when they were just arriving at the inlet in Point Lay, AK most likely still going through their seasonal molt with dead epidermal skin creating a barrier with the newly regenerating skin underneath. On the other hand, BB belugas were sampled in August to September, when they had already completed their molt two or three months ago. It is also likely that different environmental conditions might have resulted in different cutaneous structure of the skin between these populations. Cutaneous lesions in cetaceans including belugas have previously been suggested as indicators of ecosystem status (Mouton and Botha, 2012), however, an in-depth investigation of differences in structural components and lesions is needed before drawing a solid conclusion.




4.3 Limitations

Major limitations of this study include small sample sizes especially for ECS stock, biased sampling of the hunted whales as the hunters tend to primarily focus on larger (and potentially older) animals, and the potential effects of interannual and seasonal changes. Even though two age categories (adult and sub-adult) were accounted for in this analysis, they are too broad to accurately reflect differences during maturation. The results might have been affected not only by the small sample sizes and age differences, but also by the time period of chasing and harvesting or tagging of the ECS belugas by hunters, and the differences in molting status between the two stocks. Inclusion of additional samples from both populations representing different age and size classes, and inclusion of samples collected from different times of the year from the same population to investigate seasonal differences will be necessary to characterize gene expression changes more comprehensively in these stocks.

Another limitation for this study is the low availability of live-captured skin samples from ECS stock, therefore, the limitation of including skin samples collected post-mortem from subsistence-hunted whales for ECS stock is recognized. Even though it appears that the gene expression changes in skin due to death within this time period is unlikely, it is not a definitive conclusion without experimental validation. Additionally, the results of the pathway analyses should be interpreted with caution as these are not causations but rather predictions based on statistically significant gene expression differences between the two stocks. Moreover, pathway databases are known to be mostly human/rodent-biased and many genes have multiple, different functions, some of which may not be well-represented in pathway databases (e.g., see comment about AGPAT2). Even though most differences observed can potentially be explained by differences in molting, this is also not a definitive conclusion as the molt status for the majority of the whales had not been determined. The differences between these two stocks could also be explained by differences in environmental parameters between these two regions, exposure to contaminants and/or pathogens, prey preferences, resulting in differences in physiology and metabolism represented in skin morphology.

Even with potential limitations, the comparative skin transcriptomics technique utilized here provides physiological data on differences in skin function between these two stocks. Importantly, this methodology can be incorporated in future analyses with larger datasets involving the endangered Cook Inlet stock to reveal the key gene activity differences, and to provide health data to inform the conservation and recovery efforts of Cook Inlet belugas.





5 Conclusions

This study compared transcriptomic profiles of ECS versus BB beluga stocks in Alaska investigating canonical pathways and diseases & functions that showed significant differences based on their gene expression profiles. In total, BB belugas were predicted to have higher cellular immune response along with higher skin structural maintenance functions. On the other hand, ECS belugas were predicted to have higher levels of inflammation most likely due to the differences in molting status. Top differentially regulated genes associated with these pathways and functions that showed the most consistent differences were identified for future development of hypotheses and studies. The utilization of in-depth functional analysis of skin transcriptomes as shown in this study has the potential to provide valuable insights on the physiology of beluga whales, especially if combined with better controlled samples (i.e. samples from individuals of known age, sex, and molt status) along with other types of analysis that can readily be applied to skin samples such as proteomics, metabolomics, and lipidomics, and other biological information such as age, reproductive status, diet and contaminant levels. Overall, the methodology and data analysis steps outlined in this study have the potential to identify the biologically relevant gene expression differences within or between beluga populations in the wild, which can also be applied to other marine mammal species to infer population level differences, and/or to understand gene expression changes at the individual level in relation to phenotypic differences. Moreover, if meaningful differences are found to persist when the aforementioned sample biases can be controlled, then the results can potentially be utilized to inform management decisions to enhance conservation efforts for recovery of the beluga stocks at risk.
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Intercept 1
Sex 1
Age 3
Sex*Age 3

* means interaction effect.

DUR (ms)

Wald P

7,860.6 <0.001
11.1 0.001
368.2 <0.001
23.1 <0.001

FP (Hz)
Wald P
8,178.6 <0.001
933 <0.001
46.2 <0.001
16.2 0.001

SLPP (dB re 20 pPa)

Wald P
215,183.1 <0.001
514 <0.001
324.7 <0.001
792 <0.001
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7-9 months
10-12 months
Total
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581

Total

412
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1115





OPS/images/fmars.2022.943030/fmars-09-943030-g003.jpg
A 1300

DUR (ms)

FP (Hz)

1100 A

900

700

500

300

1200

1000

800

600

400

—e—Female
—=—Male o, 346 (b, BC, NS) \\
\
SO
[N
\ \
PR
(a, A, NS) <
v @b
\ AY
A )
\
AY
\
-
(b,B,*) (a8,
(a,B,*)
@A) %
\
¢ .
\
\;"_—’_5~ . ©C %
¢ i T
\
‘\
.
\
.
\\
| ]
1-3-month  4-6-month ~ 7-9-month 10-12-month  Adults

Age





OPS/images/fmars.2022.943030/fmars-09-943030-g002.jpg
A 1300 7 _e—Female (e C")

—a—Male
1100 A (b, B, NS) (b, BC, NS)

900 -

DUR (ms)

(a, A, NS)
700 -
500 4

B 115 -
(b,C,*) (c,C,*)

[uy

=

o
1

(a,8,%)

105 4
(@A)
100 -

SLPP (dB re 20 uPa)

95 4

C 1300 -
(b, B, *) (a, B, *)

1200 (a,B,%)

(@A)

FP (Hz)

900 -

800 T T T |
1-3-month 4-6-month 7-9-month  10-12-month

Age





OPS/images/fmars.2022.943030/fmars-09-943030-g001.jpg
A 1200

1100

1000

DUR (ms)

900

800

700

600

B 1200

1100

FP (Hz)

SLPP (dB re 20 uPa)

1000

900

800

110

105

100

o
v

o
o

c
b b
i b
7 a
Female Male 1-3-month 4-6-month 7-9-month  10-12-month
b b
c
c
| | I I '
< - . . . .
Female Male 1-3-month 4-6-month 7-9-month 10-12-month
d
b c
a b I
| | I
. . ; ‘ , ;
Female Male 1-3-month 4-6-month 7-9-month 10-12-month
Gender Age





OPS/images/fmars.2022.958500/table1.jpg
Disease susceptibility (Muller
et al., 2018)*

Fragment Analysis

Mean colony size + s.e.m., om’ x
10* (n=colonies)

Mean no. polyps per unit area
(lem?) + s.em. (n=fragments)

Mean oocyte diameter (d,) +
s.e.m., pm (n=o0ocytes)

Mean oocyte volume + s.e.m.,
mm® x 107 (n=oocytes)

Mean no. oocytes per polyp +
s.e.m. (n=polyps)

Mean total colony fecundity +
s.e.m., x10° (n=colonies)

Gamete Bundle Analysis

Mean colony size + s.e.m., cm® x
10> (n=colonies)

Mean total no. eggs per bundle
+ s.e.m. (n=bundles)

Mean total no. sperm per bundle
+ s.e.m., x10° (n=bundles)

*Probability of disease post-bleaching on a scale from 0 to 1 where ‘0" is considered disease resistant and ‘1 is considered highly susceptible.
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Outplant date Reef Habitat type Outplant type # Genets # Corals 1-mo Coral Survival 1-mo Genet

survival

10/5/2021 Site AF Offshore Patch Reef Singles 125 125 96% 96%

10/14/2021 Am. Shoals Reef Margin Singles 125 125 72% 72%

10/26/2021 Wonderland Mid-channel Patch Reef Singles 125 125 100% 100%
11/3/2021 Site V Reef Margin Singles 125 125 89.6% 89.6%
4/6/2022 Site C Reef Margin Singles 112 112 98.2% 98.2%
4/7/2022 Hasluns Offshore Patch Reef Singles 112 112 92.9% 92.9%
4/7/2022 Site U Reef Margin Cluster 47 67 92.4% 100%
5/5/2022 Cook Island  Inshore Hardbottom/Patch Reef  Cluster 64 96 100% 100%
5/7/2022 Cat’s Paw Inshore Hardbottom/Patch Reef ~ Cluster 64 96 99% 100%
6/16/2022 Rock Key Reef Margin Cluster 86 376 95.3% 97.1%

‘Outplant Type’ denotes whether sexually produced genets were outplanted as a single plug (with one plug representing one genet) or fragmented to produce five clonal replicates and then
outplanted as a cluster.
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Year NAFM Sunset % Time of setting  Difference Spawn start time Difference Spawn end time Difference

Corals (MAS) (min) (MAS) (min) (MAS) (min)
2020 1 8:08pm  7.69 147-152 5 174-184 10 230-239 9
2 807pm 192 nd nd 174 0 195 0
3 807pm 1154 115 0 167-176 9 191-218 27
4 8:06pm  23.08 84 0 176-190 14 204-226 2
5 8:05pm  46.15 55-80 25 173-190 17 202-215 13
6 8:04pm  63.46 71-96 25 154-184 30 189-206 17
7 8:04pm  19.23 125-206 81 185-196 11 210-220 10
overall  100% 55-206 151 154-196 42 189-239 50
2021 3 &13pm 1176 54 0 166 0 188 0
4 &12pm 1765 51 0 170-178 8 205-208 3
5 8:12pm 4118 4893 45 157-198 41 190-228 38
6 8:llpm  64.71 49-139 90 157-194 37 194-229 35
7 8:10pm  100.00 50-140 90 168-193 25 193-215 2
8 8:10pm  64.71 50-140 90 163-205 42 186-217 31
9 8:09pm  47.06 58-114 56 163-184 21 184-208 24
overall  100% 51-140 89 157-205 48 184-229 45
OVERALL 100% 51-206 155 154-205 51 184-239 55

Data is presented in terms of Nights After the Full Moon (NAFM) and Minutes After Sunset (MAS) for all corals and genets that spawned each night of the monitored window in 2020 and
2021. ‘% Corals’ refers to the proportion of total corals (2020: n=52; 2021: n=17) that spawned that night, with ‘overall’ representing the fact that every coral spawned each year (100%). ‘nd”
refers to no data.





OPS/images/fmars.2022.959520/M1.jpg
EV = (4/3) x (x) x (L/2) x (W/2) x (H/2)





OPS/images/fmars.2022.959520/fmars-09-959520-g012.jpg
Survival Probability

o
©
<
v

o
o
w

o
o
N
n

0.0

0

Treatment:
Wwith
Without ¥

5 10 15 20 25 30 35 40 45 50 55 60 65 70 75
Time (days)

Infection Rate

10

30 40
Time (days)

Treatment:
With
Without

50 60

70

Surface Area (mm?)

With Without
Treatment





OPS/images/fmars.2022.959520/fmars-09-959520-g011.jpg
Number of Settlers per Plug

1001 A With CCA 8B Without CCA
75 26 o
[
e )
g
50 . Z4
5 H . . . . [}
. . =
. 4 o
b 2 . H 0 E o
1]
[ . s s . H : g
25 ] H . i l z2 .
N ] : .
i i M 2 . . . . ! 4 . 2
bc I b be
cd 4 cd
o = ﬁ ol b b b b b b
black  blue green indigo orange pink purple white black blue green indigo orange pink purple white

Substrate Color Substrate Color





OPS/images/fmars.2022.959520/fmars-09-959520-g010.jpg
© < ~

aenJeq 0} soAiquig jo onjey

905 XL
apy XSL
ay XS,

- algxSL
SQG X 3L
SLyXaL
SLEX DL
SQG X aLY
/X sg
905 X s
opy X 5§
oLexsg |
S/ X 0g
S0G X 9
Siyxog
SLEXag

- 90G XSIE

|- sogxaig |

| I azgxsy

| - szoxaL

Malformed/stunted 31e larvae

o

205 XSL
opy XS,
91y XSL
*. Sl XS,
S0GXaL
SiyxaL
SLEXaL
S0 X oLy
9L XSg
906 X S¢
‘wviﬁ.tmml
|- a1gxsg
SLX0og
S0G X 9¢
Siyxag
SIEXag
905 XSIE
|- sosxaie |

Normal larvae

| EZEET
| $29X 9}
T

o

50s x 31e






OPS/images/fmars.2022.959520/fmars-09-959520-g009.jpg
980G X sy
S0G X oE
9/ X SpE
S/y X ove
830G X sLE
SOS X alg
930G X sgi
S0S X 9€|
A2
app xS/
Spy X9/
Spg X9/
890G X S§
SOG X 9¢
aLg xsg
s|gxag
8z9 X s|
szgx ol
830G X S|
SOG X 9}
a/p xs|
s/yxal
opp X S|
spyx ol
apE X S|
9/ Xxs|

s/ X9}

ag X S|

sgx ol

S0S X aly
830G XsLE
S0S X alE
890G XS/
SQG X/
appy X s/
8Ly XS/
Slyx 9/
alg XS/
slexay
890G X s¢
SOG X o¢
app X s¢
S|y xog
alg xsg
sLg x ag
9/ Xsg

s/ Xog

2z9 xs|
sz9x el

Cross

SOG X oLy
206 X S1¢
S0GX9lE
905 X S/
S0G X8/
app XS/
aly xS/
siyxay
JIEXSL
slexay
906 X ¢
S0G X 9¢
app X sg
siyxag
SIEXSE
siexag
9/ X sg

s/ X 8¢

azZ9 X S|
sz9x ol

(2021)

T T T T =T
(=} (=] o o o
< 3o} N -

NS —/+ 8leyY Juswa|}}eg ues|\

Cross





OPS/images/fmars.2022.959520/fmars-09-959520-g008.jpg
W3S -/+ (%) ss200Nng uonezinso4 uesyy

o0 x sz

S0G X Opg
oLy X Spg
siyxopg
205 X S1E
SQG X 9L¢
905 X Sl
S0G X og}
sLy X o€l
apy X s/
spy X oL
SpE X9/
906 X ¢
S0G X o¢
algxsg
sigxog
az9 X S|
sz9x ol
905 X S|
S0G X 9}
oLy X S|
siyx ol
apy X S|
spyx ol
apg X S|
9L XS)

S/ X8|

ag xs|

sgxal

Cross

1
n
~

W3S -/+ (%) sse2ong uonezi|a4 ueay

S0G X oLy

90G X SLE

SQG X9l¢

306 X S/

SOG X 9L

apy X S

Ay xXsL

Sy X9,

e XS,

SIE X9,

806 X Sg

SQG X 8¢

app X S¢

Sip xog

9lg X S¢

sigxag

9/ xsg

s/ xog

azax s

SZ9 X9l

Cross





OPS/images/fmars.2022.959520/fmars-09-959520-g007.jpg
Number of Spawned Colonies

O=2NWHAONONO

A (2020)

= N n e

Genet Sample size (n) |
S

1 2 3 4 5 6
Nights After Full Moon

ik .k ek s S sk = =S
O =~ N W & O O N

N W A~ O O N 00 O

—_

1 2

B (2021)

Genet Sample size (n)

0 III

1

N N N NN N NN

3 4 5 6 7
Nights After Full Moon

8

9





OPS/images/fmars.2022.925749/fmars-09-925749-g003.jpg
17p-Estradiol (ng/ml)

17p-Estradiol (ng/ml)

17p-Estradiol (ng/ml)

0.2 ° e o ° o ®
o1y ® o A% e 0%e0 0% °LHewmee®oe

125 150 175 200
Precaudal Length (cm)

1.1
1.01
0.91

0.81 ® Immature

® Resting

0.71 Pre-Ovulatory
@ Ovulatory
0.61 @ Early Gestation
® Midgestation

0.51 .

0.41

0.31 N

0.21 . .
01 mmmm ===

0.01

Imm'ature Res'ling Ovul'alory Early Gbstation Midge'station






OPS/images/fmars.2022.925749/fmars-09-925749-g004.jpg
55
50

45

Testosterone (ng/ml)
N N w w »
o w o (3] o

-
(%)

10

o]l ® e®

TRV ees

125 150 175 200
Precaudal Length (cm)

2 40

Immature

Testosterone (ng/ml) o
- = N N W W » PR Al o
o [9)] o (92 o (3] o (9,2 o (92

Immature
Resting
Pre-Ovulatory
Ovulatory

Early Gestation
Midgestation

Resting Ovulatory Early Gestation Midgestation






OPS/images/fmars.2022.925749/fmars-09-925749-g005.jpg
@
e e e o 9 = =S
o o N o © o =
2 " A A . : "

Progesterone (ng/ml)
o
=

0.21

0.11

0.01

Immature

125 150 175 200
Precaudal Length (cm)

® Immature

® Resting
Pre-Ovulatory
Ovulatory
Early Gestation
Midgestation

Resting Ovulatory Early Gestation Midgestation






OPS/images/fmars.2022.886616/table2.jpg
Infertile Fertile (died before Unknown
hatch)

Number of eggs 124 41 304
Mean days + SD 7119 72 £20 22.6 £ 10.5
Range days 47 - 149 (70) 31-118(71) 0-45 (23)
(Median)
Days before Cumulative Cumulative percentage Cumulative
breakdown percentage (# of eggs) percentage

(# of eggs) (# of eggs)
15 0% 0% 25% (76)
30 0% 0% 72% (219)
60 35% (43) 24% (41) 100%
90 85% (105) 80% (33) 100%
120 98% (122) 100% 100%
150 100% 100% 100%
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Date laid Exposure to male Outcome Genotype
Fern
277 6-Jan-12 22 days post-15' Al Hatched Homozygous all loci
357 11-Dec-12 362 days post-1% Al Hatched Not tested
385 13-Feb-13 426 days post-1%' Al Hatched Homozygous all loci
440 12-Oct-13 18 days post-2"9 Al Hatched Heterozygous at 6 of 7 loci
442 27-Oct-13 33 days post-2" Al Hatched Heterozygous at 5 of 7 loci
503 25-April-14 213 days post-2™ Al Hatched Homozygous all loci
505 25-April-14 213 days post-2™ Al Hatched Homozygous all loci
542 17-Sept-14 358 days post-2™ Al Hatched Homozygous all loci
Yang
113 24-Jan-13 Isolated from male for 79 days prior Hatched Homozygous all loci
200 18-Sept-13 With male for prior 176 days Hatched Homozygous all loci
549 17-Sept-14 Isolated from male for 231 days prior Died before hatch Homozygous all loci
Yin
255 19-April-14 With male for prior 389 days Hatched Homozygous all loci
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Factor Response

(intercept) Approaches 335
Protection - MPA Approaches

(intercept) Bites 333
Habitat - reef Bites

Rarity (more common) Bites

Fish Type - reef Bites

Coetficient

0.2979
-0.4672
0.3127
1.3256
0.6212
1.1646

Z

1434
-1.559
0.871
2228
2.857
2449

P

0.152

0.119
0.3836
0.0259*
0.0043*
0.0143*

Separate models were fit to predict response variables of fish approaches (fish investigates but does not bite a Squidpop) and fish bites (fish interacts with Squidpop with its head). Fish
morphotypes and interactions were quantified from video of the first hour of fish activity proximate to 40 Squidpop deployments. Models were ranked by AICc from all possible
combinations of factors using a GLM with a negative binomial distribution. Continuous factors included Squidpops monitored, minutes recorded and morphotype rarity, and categorical
factors included protection, habitat, and fish type. No factors were significant for fish approaches. Categorical factors reef habitat relative to seagrass and reef fish relative to generalist fish

were significantly associated with increased bites. More commonly observed fish morphotypes were significantly more likely to bite Squidpops.

* denotes statistical significance at p < 0.05.
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Factor Top 10 Models Highest ranked model

Effect (+]-) Coefficient Z P
Soak time - 24 hrs 100 3613 3.20 0.0014*
Depth 0lo
Habitat - reef 10[0 3013 2.64 0.0083*
Protection - MPA 110
Observed morphotypes 100 1.139 223 0.0261*
Distance inshore 30
Start time - Late 30
Temperature 0l0
Soak time : Habitat 30
Soak time : Species 1j0
Habitat : Protection 0lo
Habitat : Species oo
Protection : Species 0lo

Selected predictors are listed as either positive (+) or negative (-) effects. Models were ranked by AICc from all possible combinations of GLMM with a binomial distribution. Coefficients are
included for predictors selected in the highest-rank GLMM: soak time, habitat, and observed fish morphotypes. The highest-ranked model also included a non-significant random effect
of location.

* denotes statistical significance at p < 0.05.
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Factor Top 10 Models Highest Ranked Model

Effect (+]-) Coefficient 7 P

Habitat - reef 10]0 1.45329 10.51 < 1x107
Distance inshore 6|0 0.16505 2.046 0.0408*
Squidpops monitored 02

Protection - MPA 1l0

Start Time - Late 02

Video Timelength 2|0

Habitat : Inshore of1

Habitat : Protection ofo

Selected predictors are listed as either positive (+) or negative (-) effects. Models were ranked by AICc from all possible combinations of GLMM with a Poisson distribution. Coefficients are
included for predictors selected in the highest-rank GLMM. The highest-ranked model also included a significant random effect of location. Increased distance from Exuma Sound was
associated with an increased number of morphotypes, while sites located within patch reef habitats exhibited a significantly greater number of morphotypes than sites located within
seagrass habitats.

* denotes statistical significance at p < 0.05.
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Measure

Sodium (Na)
Potassium (K)
Chlorine (Cl)
Ammonia (NHz)
Urea (CH4N2O)
Osmotic pressure

Unit

mmol/L
mmol/L
mmol/L
pmol/L
mmol/L
mmol/kg

Average

291.5
5.7
263.8
30.3
540.2
1085.4

SD

6.2
0.2
6.0
18.0
15.6
32.2
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Ingenuity Spring vs ECS BB-Summer vs ECS

Canonical Pathway Function in Skin
Pathways p-value z-score #genes p-value z-score #genes

Activated in BB

WNTI11, Pro-inflammatory function, cytokine
$100 SMAD9, ESRI, production, cell proliferation and
Family Signaling 134804 520 a 416503 sl 20 PTGER2, differentiation, calcium homeostasis,

GPR173 antimicrobial activity

COLI12A1,

Pathogen Induced COL21AL Activation of immune cell
Cytokine 1.83E-07 469 2 6.54E-03 412 17 CXCL14, incﬂm"tn:’at; . :“;C S
Storm Signaling CXCL9, VIS

IL21R, TLR5

GPRI73, Regulation of gene expression,
CREB Signaling 9.41E-03 4.00 18 4.48E-02 4.15 21 PTGER£ response to UV radiation, wound
healing, inflammatory response

Extracellular DCN, Structural support, wound healing,
2.75E-18 4. 2 4.15E-02 24

Matrix Organization s 69 SEO ° 6 EMOD, TNXB  barrier function, tissue homeostasis

Wound . i - i 35 - COLI2Al, Re-epithelilization, angiogenesis,

Healing Signaling COL21Al collagen production, remodeling

Collagen COLI2Al,

Maintenance of skin integity, skin

Biosynthesis and 7.05E-19 436 19 2.04E-02 224 5 COL21AL o '
A strength and elasticity functions
Modifying Enzymes PCOLCE2
Elastic I 2 . 579801 s . BMP4, FBN3, | Maintenance of skin integrity, skin
Fibre Formation : : : g LOX, LTBP2 elasticity and recoil functions
- BMEL, Regulation of cell differentiation,
HEY1 Signaling 3.15E-04 316 10 3.68E-02 283 8 PRKAB2, i e il
SiAD wound healing, angiogenesis in s|
2, CFH,
Complement 5.81E-03 265 7 3.97E-03 3.00 9 EEREINGI’ Slj:mfclz:f Paxthoge“ss :ndedamagm
Cascade 3 X . . C1Qa, ; , inflammatory response,
108, CI0C issue repair

Role of Patt
ole of Pattern Antimicrobial response, inflammatory

Recogaition | 427E-05 3.00 11 2.83E-02 200 8 IIRSCIOA: | epsies, sk bammier piotaction,
Receptors of Bacteria CIQB, C1QC i oroinciions e onnd Teddly
and Viruses o P ’ g
Regulation of the
Epithelial
Mesenchymal 2.97E-03 245 6 4.43E-03 245 7 WNT11, LOX ‘Wound healing; skin development
Transition
in Development
APOE, Maintaining fluid balance and immune
Reelin Signaling 4.76E-04 245 9 5.85E-03 224 9 MAPKSIP2, function; regulation of lymphatic
MAPKSIP3 vessel formation
Activated in ECS
Neutrophil 040504 s . 5 68502 6 0 AGPAT2 Increased inflammation and infection,
Degranulation production of reactive oxygen species

For each pathway, significance of overlap (p-value), activity predictions (z-score), the total number of genes that are involved in each pathway (#genes), the genes that are common to both
comparisons, and putative pathway functions in skin tissue are listed (see Supplementary Table S for gene names).
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Ingenuity Canonical Pathways FDR Ratio z-score Gene ID

Extracellular Matrix Organization

ADAMTS2, COL11A2, COL1A1, COL1A2, COL3A1, COL5A1,

Collagen Biosynthesis and Modifying Enzymes | 1.58E-12 0.17 3.32 COL6AL, COLSAS, COLSAT. PAHAL SERPINHL
Assembly of Collagen Fibrils and other 851E-10 015 3.00 COL11A2, COL1A1, COL1A2, COL3A1, COL5A1, COL6A1, COL6A3,
Multimeric Structures o : ’ COL8AL, LOXL2
N R COL11A2, COL1A1, COL1A2, COL3Al, COL5A1, COL6AL,

Collagen Chain Trimerization 1.29E-09 0.19 2.83 COLG6A3, COL8AL

" s COL11A2, COL1A1, COL1A2, COL3Al, COL5A1, COL6A1, COL6A3,
Extracellular Matrix Organization 2.45E-09 0.09 3.16 SPARC, TGFB3, VCAN

: COL11A2, COL1AL, COL1A2, COL3Al, COL5A1, COL6AL,
Collagen Degradation 1.23E-08 0.13 2.83 COLG6A3, COL8AL

s < COL1AL, COL1A2, COL3A1, COL5AL, COL6A1, COL6A3,

Integrin Cell Surface Interactions 1.58E-07 0.09 2.83 COLSAL FBNI
Syndecan Interactions 1.05E-04 0.15 2.00 COLIAL, COL1A2, COL3AL, COL5A1
Elastic Fibre Formation 6.03E-04 0.09 2.00 ELN, FBN1, LOXL2, TGFB3

Cellular Stress and Injury

COL11A2, COL1AI, COL1A2, COL3Al1, COL5A1, COL6AI,

GP6 Signaling Pathway 2.57E-06 0.06 2.83 COL6A3, COLSAL
" PO COL11A2, COL1A1, COL1A2, COL3Al, COL5A1, COL6A1, COL6A3,
Wound Healing Signaling Pathway 2.69E-05 0.04 3.00 COLSAL TGEB3
Cell Cycle
- BIRC5, CDCAS, CENPT, FBXO5, LMNB1, PTTGI1, TUBB2A,
Mitotic Metaphase and Anaphase 2.04E-05 0.04 3.00 TUBB6, ZWINT
Mitotic Prometaphase 5.62E-05 0.04 2.83 BIRCS5, CDCAS, CENPT, NCAPG, SMC2, TUBB2A, TUBB6, ZWINT

Cytokine Signaling
IL-17A Signaling in Fibroblasts 4.27E-05 0.07 245 COL11A2, COL1A1, COL1A2, COL3Al, PAHAL, SERPINH1

COL11A2, COL1AlL, COL1A2, COL3Al, COL5A1, COL6AL, COL6A3,

IL-4 Signaling 1.10E-03 0.02 %o COL8A1, CREB3L1, TGEB3

Signal Transduction

Signaling by MET 3.98E-04 0.06 2.24 COL11A2, COL1AI, COL1A2, COL3Al1, COL5A1
Signaling by PDGF 1.48E-03 0.07 2.00 COL3A1, COL5A1, COL6AL, COL6A3
RHO GTPases Activate Formins 3.89E-03 0.04 224 BIRC5, CENPT, TUBB2A, TUBB6, ZWINT

Metabolism of Proteins

O-linked Glycosylation 1.48E-03 0.05 2.24 ADAMTS2, ADAMTS8, ADAMTSL2, GALNT16, SPON1
Regulation of Insulin-like Growth Factor (IGF)
Transport and Uptake by IGEBPs 2.34E-03 0.04 2.24 FBNI, IGF1, IGFBP5, RCN1, VCAN
Post-translational Protein Phosphorylation 1.20E-02 0.04 2.00 FBNI, IGFBP5, RCN1, VCAN
Vesicle Mediated Transport
Bindigiand Uptaketof Ligaunde by 1.20E-02 0.04 2,00 COLIAL, COL1A2, COL3AL, SPARC
Scavenger Receptors
Organismal Growth and Development
Activin Inhibin Signaling Pathway 1.95E-02 0.02 2.24 COL11A2, COL1A1, COL1A2, COL3A1, TGFB3

Intracellular and Second Messenger Signaling
NAD Signaling Pathway 295E-02 0.03 2.00 H1-4, IGF1, SLC29A1, SLC7AS
Cellular Growth, Proliferation and Development

Ribonucleotide Reductase Signaling Pathway 4.17E-02 0.02 2.00 BIRCS5, CREB3L1, E2F7, RRM2

The pathways are listed under prospective pathway categories shown in bold in each section. All the enriched pathways were predicted to be activated in BB-Spring whales (z-score > 2). For each
pathway, multiple test-controlled significance of overlap (FDR), overlap ratio statistics (Ratio), activity predictions (z-score), and the genes that are involved (Gene ID) are listed (see
Supplementary Table S1 for gene names).
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ID Gene Name

Upregulated in spring (May)

TUBB2A

GPX2

CENPT

LMNBI1

MTFR2

RRM2

PHBI1

tubulin beta 2A class Ila
glutathione peroxidase 2
centromere protein T

lamin B1

mitochondrial fission regulator 2

ribonucleotide reductase regulatory
subunit M2

prohibitin 1

Upregulated in late summer (September)

TECTA

GUCY2D

GRBI14

RORC

NPM2

SMIM2

MTMR4

OBSCN

RIMS3

tectorin alpha

guanylate cyclase 2D

growth factor receptor bound protein 14
Retinoid acid related orphan receptor C
nucleophosmin/nucleoplasmin 2

small integral membrane protein 2
myotubularin related protein 4
obscurin, cytoskeletal calmodulin

regulating synaptic membrane exocytosis 3

Log2FC padj

1.466 9.12E-10
1.377 1.81E-09
1.448 3.19E-06
1.135 8.89E-06
1.337 2.62E-05
1.874 3.26E-05
1.068 4.83E-05
-1.644 3.24E-17
-2.187 7.04E-12
-1.205 7.92E-12
-1.597 8.05E-12
-2.070 3.62E-09
-3.246 4.04E-09
-1.421 1.45E-08
-1.410 233E-08
-1.140 2.85E-08

Function

Cytoskeleton organization, microtubule formation, mitotic cell cycle
Antioxidant defense, oxidative damage/stress response

Centromere assembly, kinetochore formation, chromosome segregation
Intracellular structural support, DNA replication, gene expression
Mitochondrial maintenance, aging

DNA synthesis and repair, cell cycle regulation

Maintenance of mitochondrial respiration, cell signaling, glucose homeostasis

Auditory receptor cell organization, mechanotransduction, cell-
matrix adhesion

Phototransduction, photoreceptor functioning in light/dark cycle, response
to stimulus

Inhibition of insulin receptor signaling skin health and metabolism
Circadian rhythm signaling, inflammation, autoimmune function
Expressed in melanocytes in pigmented skin

Barrier function, phospholipid metabolism, maintenance of skin integrity
Macrophage phagocytosis, pathogen removal

Calcium regulation, organization of myofibrils, cell adhesion

Regulation of synaptic function, neurotransmitter release

Log2 fold-change values (Log2FC), adjusted significance value (padj) and putative gene functions in skin are indicated.
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Date
05/17/2008
05/18/2008
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09/21/2008
09/21/2008
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Group 1 (1) / Group 2 (n)

Wild females (7) / Wild males (15)
Aquarium females (6) / Aquarium males (13)
Wild females (7) / Aquarium females (6)
Wild males (15) / Aquarium males (13)

x? p-value

0.0062

0.0002

0.0059
4.67E-07

Likelihood Ratio Test
Bootstrapped p-value

0.024
0.0015
0.0172

< 1E-04

Bayes Factor

0.19

1.97

0.29
3258.67
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Group (n) Ko (cm) © . (cm) k (year‘l) o (cm)

Aquarium females (6) 225.9 30.3 0.11 4.9
Aquarium males (13) 145.9 11.5 0.24 5.5
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Group (n)

Wild females (7)
Wild males (15)
Aquarium females (6)

Aquarium males (13)

Frequentist Estimation

Age at maturity (years) Longevity (years)

23 15.0
2.8 134
0.4* 1.0*
6.0 9.0

For Bayesian estimations, 95% (highest density) credible intervals from posterior draws are in brackets.
*These very small values come from the unlikely high k estimate (see Table 3).

Bayesian Estimation

Age at maturity (years)

23[1.8-2.8]
29 [2.3-3.5]
35 [1.5-6.2]
6.0 [3.3-8.2]

Longevity (years)

15.3 [9.6-22.2]
14.3 [9.3-20.4]
11.6 [4.2-28.6]
10.3 [4.1-18.3]
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Family Species
Aetobatidae Aetobatus ocellatus
Aetobatus flagellum
Myliobatidae  Aetomylaeus bovinus
Myliobatis
californicus
Rhinopteridae ~ Rhinoptera bonasus
Rhinoptera bonasus
Rhinoptera bonasus
Mobulidae Mobula japanica

Reference

Schluessel (2008)

Yamaguchi et al. (2005)

Basusta & Aslan (2018)

Martin & Cailliet (1988)

Fisher et al. (2013)

Neer & Thompson (2005)
Smith & Merriner (1987)

Cuevas-Zimbron, 2012; Pardo et al.

(2016)

Area

Queensland (AUS) & Taiwan

southwestern Japan

eastern Mediterranean
(Turkey)

Monterey Bay, California

Chesapeake Bay, Virginia

northern Gulf of Mexico

Chesapeake Bay, Virginia

southeastern
Baja California Peninsula,
Mexico

Growth model by default is the von Bertalanffy. Successive rows of parameters correspond to females and males.

111

281

47

132

537

227
115

55

DW.,, (cm)

(Gompertz) 365.6
(Gompertz) 274.9
152.7
131.8
242.6
238.4
(Gompertz, sexes combined)
162.14
158.7
100.4
106.3
97.1

(Gompertz, sexes combined) 110

125
119.2

(sexes combined) 233.8
(Bayesian VB, sexes combined)
299.5

k (year™)

0.026
0.037

0.111
0.133

0.056
0.044
0.171

0.100
0.229

0.193
0.274

0.133

0.119
0.126

0.28
0.12
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Lifespan Unknown, > 20-25 years (Dubick, 2000)

Maximum size 190 cm DW for males (190 cm in Tagliafico et al., 2012; 185 cm in Bassos-Hull et al., 2014)

(DW = disc width) 226 cm DW for females (231.1 cm in Bigelow & Schroeder, 1953; 226 cm in Tagliafico et al., 2012)

Size at birth ~ 40-45 cm DW (41.4-44.7 cm in Dubick, 2000; 30-40 cm (exact measurements unknown) in Yokota & Lessa, 2006; 44.5 cm in
Tagliafico et al., 2012)

von Bertalanffy growth  DW,, ~ 165-245 cm and k ~ 0.05-0.2 for females (DW., = 245.9 cm, k = 0.03 yezlr'l in Dubick, 2000; DW,, = 200.0 cm, k = 0.13 year" in

parameters Utrera-Lopez, 2015; DW.,, = 164.2 cm, k = 0.18 year™" in Aratjo, 2020)
DW., ~140-155 cm and k ~ 0.1-0.25 for males (DW... = 146.5 cm, k = 0.09 year in Dubick, 2000; DW.. = 140.0 cm, k = 0.18 year”" in
Utrera-Lopez, 2015; DW., = 153.3 cm, k = 0.25 year™ in Aratijo, 2020)

Size at maturity 115-130 cm DW for males (122 cm in Dubick, 2000; 129 cm in Tagliafico et al, 2012; 127 cm in Bassos-Hull et al,, 2014; 115.6 cm in
Aratjo et al,, 2022)
125-135 cm DW for females (124 cm in Dubick, 2000; 135 ¢m in Tagliafico et al., 2012; 129.4 cm in Aratjo et al., 2022)

Age at maturity Unknown, 14.2 years for males/15.4 years for females in Dubick, 2000
Litter size 1-5 pups (2-4 pups in Dubick, 2000; 1-5 pups in Tagliafico et al., 2012)

Bold values are the summary values for each life history parameter.
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DW at birth(cm) DW at sexual maturity(cm)

Males 39-55 (48.1 + 4.4) 119-144

(n=13) (first successful mating)
Females 41-584 (51.5 £ 6.1) 135.3-160

(n=8) (first parturition)

*Four different individuals, still alive as of 2021.

Maximum DW (cm)
150*

186.7*

Maximum observed longevity (years)

19*

(time spent in the facility)
20*

(time spent in the facility)





OPS/images/fmars.2022.960822/table3.jpg
Frequentist Estimation

Group (n) DW,, (cm)
Wild females (7) 222.6
Wild males (15) 183.7
Aquarium females (6) 153.8
Aquarium males (13) 134.1

For Bayesian estimations, 95% credible intervals (highest density) from posterior draws are in brackets.

k (year™)

0.29
0.32
5.00
0.46

o (cm)

8.1
7.1
8.1
69

DW,, (cm)

225.7 [196.0-258.4]
187.6 (169.7-209.3]
166.9 [150.7-197.8]
136.2 (128.4-148.5]

Bayesian Estimation
k (year™)

028 (0.18-0.42]
030 [0.20-0.42]
036 (0.12-0.92]
041 [0.18-0.87)

o (cm)

8.0 [4.2-14.7)
7.1 [48-10.4]
109 [43-23.6]
7.1 [45-10.8]
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Year
Snapshots

2016 7372
2017+ 9645
2018 5488
2019* 14,883
2020 412
2021 11,390
Total 49,190

Snapshots

explore.org contributors

276
177
117
163
30
126

*Beluga Bits project officially launched on Zooniverse in April, 2017.
** Entire 2019 dataset was uploaded to Beluga Bits and provided the classifications used in training the deep learning model.
Image classifications are provided by the Beluga Bits project by users on Zooniverse. Summaries are presented as annual totals.

Extracted frames

122,851
16,875
56,248
108,802
76,824
146,541

528,141

Image classifications

10,997*

147,628

106,306
2,220,907
2,505,119
4,990,957
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Year

2016
2017
2018
2019
2020
2021

Sample size

37,537
11,055
13,935
111,086
23,285
22,084

Fleiss kappa (K)

0.542
0.446
0.422
0.825
0.829
0.757

p-value

<0.0001
<0.0001
<0.0001
<0.0001
<0.0001
<0.0001





OPS/images/fmars.2022.961095/fmars-09-961095-g001.jpg
Hudson

Bay

r“/
( > Chitchiladiia
/ 'Churchill

l,/ River .fj

0 5 10
eesssssm————— Kilometers






OPS/images/fmars.2022.961095/fmars-09-961095-g002.jpg
960 '¢-O4

9601 "L-04

Buljood
XeN

9GC ‘AUOD €XE

9GC 'AUOD EX¢

8¢ ‘AUOD E€XE

Buljood
XeN

Z61 'AUOD GXG

Buljood
XeN
79 'AUOD LLX||






OPS/images/fmars.2022.961095/fmars-09-961095-g003.jpg
P—

A 2, 2
Attention Attention Attention
Estimator-3 Estimator-2 Estimator-1

' v
Att. Att.
Welghled Weighted Weighted
Comblnatlon Combination Combination
23 92 91

FC-2,1

3x3 Conv, 64
P m—

3x3 Conv, 64

3x3 Conv, 128
p———

3x3 Conv, 128

3x3 Conv, 256
—_—
3x3 Conv, 256

—_— P
3x3 Conv, 256/2
_Zl

3x3 Convy, 512
——

3x3 Cony, 512

3x3 Conv, 512/2
2

3x3 Cony, 512
——
3x3 Convy, 512
——T————
3x3 Conv, 512/2

3

3x3 Conv, 512/2
—————————
3x3 Conv, 512/2
o - - 77)

FC-1, 512






OPS/images/fmars.2022.961095/fmars-09-961095-g004.jpg
ebnjag 1noyjim
Jo ebnjag yum

XBWYOS ‘0 p-]

|o0d abelany

€-GAUOD

¢-GAUOD
| -GAUOD

®
8v0z * 1X|
LS ‘exe
LS ‘X1

X-G AUOD

©
720l “ 1X]
9GZ ‘ €X€
9GZ ‘ IX|

X~ AUOD

O-7AUOD

G-yAUOD

p-yAUOD

€-$AU0D
¢ ¥AUOD

L-7AUOD

L-EAUOD

o
€-CAU0D ,
8¢l €XE
¢-¢AU0D
8cl ‘XL

X-€ AUOD

€-gAu0D
¢"CAUOD

lL-¢AU0D

Z/ ‘lood xew ‘gx¢

Z/ ‘%9 "LAUOD X/
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Species Total # colonies per MA Median # tubes Raw sperm Raw sperm
sum (pooled/individually sampled) per colony concentration % total motility
individually sampled (x10° sperm /ml) mean + S.D.*
North Central South median [range] mean * S.D.
Acropora aspera 4(1/3) 9.5 [8-14] 1.61 + 0.30 57 + 15%
Acropora austera 5 (5/0) 0.36 12%
Acropora cytherea 5 (0/5) 85 [7-19] 332+125 68+ 13%
Acropora digitifera 7(710) 18 15%
Acropora divaricata 1(0/1) 0.58 77%
Acropora donei 1(0/1) 1.88 92%
Acropora florida 1(2/9) 8 [3-11 2,15+ 1.01 70 + 24%
Acropora glauca 4(2/2) 6 [2-9] 2.19 + 141 67 + 7%
Acropora hyacinthus 7 (0/7) 21 (9/12) 6 (3/3) 8 [1-11 221+ 143 74 £ 21%
Acropora loripes 46 (19/27) 8 [3-18 2.69 + 1.55 67 + 24%
Acropora millepora 35 (14/21) 1(5/6) 5 [3-17 140 £ 1.22 69 +27%
Acropora muricata 10 (10/0) 0.45 0.51
Acropora nobilis 4 (0/4) 3(2/1) 10 [9-10] 2.08 + 1.08 57 + 18%
Acropora sarmentosa 21 (4/17) 9[3-15 2471172 79 £ 16%
Acropora spathulata 4(0/4) 14 [6-16] 1.82 £ 1.00 49 +3%
Acropora sp. 8 (0/8) 8 [39] 224+ 101 50+ 11%
Acropora tenuis 0 (4/26) 58 (28/30) 6(0/6) 5 [1-14 2.16 +227 54+ 29%
Acropora valida 3/ 3.70 87%
Acropora vaughani 1.(0/1) 0.90 66%
Astrea curta 3 (3/10) 2.56 0
Cyphastrea microphthalma 1(0/1) 0.43 45%
Echinopora lamellosa 5 (5/0) 041 +0.32 61+7%
Disastraea matthaii 3 (3/0) 1.40 53%
Fungia fungites 1(**/1) 0.02 32%
Galaxea fascicularis (aspera) 2(0/2) 7 [4-10] 422+394 94 +2%
Goniastrea aspera 6(6/0) 5.44 +291 81+ 2%
Goniastrea retiformis 3(6/7) 8 (0/8) 2 [1-10] 1.64 £ 131 88+ 12%
Montipora aequituberculata 4 (4/0) 0.68 89%
Mycedium elephantotus 4(0/4) 6[3-8] 117 £ 055 89 + 9%
Platygyra daedalea 16 (8/8) 4(0/4) 8 [2-10] 1.91+123 78 £ 21%
Platygyra lamellina 2 (2/0) 0.40 N/A

“Raw data from both pooled and individually sampled corals are assessed together. The majority of samples were assessed for raw motility without activation using a refined protocol
implemented from 2019 onwards (caffeine + BSA). Therefore motility may be an underestimate for samples <50%.
“*pooled sample of unknown number of contributing colonies.

The number of colonies represented as “pooled” or “individual” are identified as these samples may have different use strategies for genetic management and research.

N/A, not assessed.
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Researcher response

Yes
Total

Aggregated response

No Yes
542 (65.4%) 287 (34.6%)
286 (25.8%) 821 (74.2%)
828 1,108
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Architecture Training fold AUC Class accuracy with Class accuracy without Average accuracy (%)

Beluga (%) Beluga (%)
Pre-trained Alexnet D, 0.99 96.44 98.56 97.49
Pre-trained Alexnet D, 0.99 98.40 96.81 97.60
VGG-16 with Attention D, 0.99 98.22 97.48 97.85
VGG-16 with Attention D, 0.99 98.11 97.37 97.74
Pretrained Resnet-50 D, 0.99 97.12 98.05 97.58
Pretrained Resnet-50 D, 0.99 97.12 97.03 97.08

The dataset is divided into two folds where the training process is performed on one of the folds and tested on the other fold. Reported are the Area Under the Curve (AUC), class accuracy
(%) of both classification labels (with and without beluga), and the average accuracy (%).
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Coral (Year of NAFM 6 NAFM 7 NAFM 8 NAFM 9 NAFM 10 NAFM 11 NAFM 12 NAFM 13 NAFM 14 NAFM 15
Importation)

56 (2019) X* X X
57 (2019)

58 (2019)

60 (2019) X X

62 (2019)

65 (2019) X
B 209 X

70 (2020)

71 (2020)

72 (2020)

73 (2020) X
74 (2020)

B 2020 X

76 (2020)
77 (2020)
79 (2020)

LI ]

30 (2020)
B 2020)

Yellow is March 2019, light blue is April 2020, dark blue is May 2020. Spawners that were not sequenced are highlighted in red. Asterisks represent days on which colonies dribbled, or
released just a few bundles.
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n Age* Total Length (cm) Fork Length (cm)

Precaudal Length (cm)

mean = SD min-max mean + SD min-max mean + SD min-max mean + SD min-max
Adult 36" 142+25 9.6—19.9 257 138 231—-299 216 £12 196—253 192+£10 1756226
Subadult 10 8.6+0.3 82—92 224+ 3 220—230 188+5 180—195 165+5 168—171
Juvenile 30 50+15 19-76 186 + 17 145—-213 165 + 14 122—-178 186+ 13 107—158

*Calculated using Vion Bertalanffy coefficients from Goldman et al., 2006 ** Age not estimated for 299 cm total length shark.
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State Stage In situ (n) Aquarium (n) Ovary Uterus

Active
Pre-Ovulatory 1 19 vitellogenic empty
Ovulatory 6 20 vitellogenic egg cases
Early Gestation 3 - vitellogenic egg cases & embryo(s)
Midgestation 11 - vitellogenic embryo
Late Gestation - = avitellogenic embryo
Postpartum - 1 avitellogenic empty
Resting
Resting 8 22 avitellogenic empty

Retaining - 13 avitellogenic egg cases
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Reproductive Stage Jan Feb Mar Apr May Jun Jul Aug Sept Oct Nov

Exams 2 19 17 12 30 20 8 21 2 8 19
Females 2 14 13 10 14 16 7 " 2 7 13
Active State (% Exams) 32% 35% 58% 63% 65% 50% 43% 625% 16%
Pre-Ovulatory - 3 5 6 17 10 2 - - - 1
Ovulatory ] 3 1 = 2 3 2 9 =3 5 2
Postpartum = - & 1 = = = = s = =
Resting State (% Exams) 68% 65% 42% 37% 35% 50% 57% 100%  37.5% 84%
Resting 2 9 8 2 3 5 3 7 1 3 8

Retaining - 4 3 3 8 2 A 5 1 - 8
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Female ID Observed Cycle Length Aquarium Residency Age Population Population

(Years) Males Females
! biennial 4 15 2 5
5 biennial 6 18 5-6 5-7
6 biennial 4 9 2 6-8
" biennial 3 9 2 6-8
12 biennial 10 20 5-6 57
14 biennial 5 18 2 5
19 biennial 1 14 5-6 5-7
3 bi/tri-ennial 2 9 2 8
4 bi/tri-ennial 20 26 5-6 5-7
7 bi/tri-ennial 16 28 2 6-8
8 bi/tri-ennial 16 23 2 6-8
10 bi/tri-ennial 7 8 3 3
13 bi/tri-ennial 13 25 5-6 5-7
15 bi/tri-ennial 9 17 3 2-3
16 bi/tri-ennial 9 22 3 2-3
17 bi/tri-ennial 19 30 2 6-8
2 triennial 6 11 2 5
9 triennial 11 18 2 5
18 triennial 25 25 2 3
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Institution Sharks Seawater Light & Temperature Temperature Enclosure
mature (immature) Photoperiod Range °C Change °C
Marineland Dolphin Adventure 7(1) natural natural & 16-26 10 320 ki
natural 3 m deep
12.2 m round
Ripley’s Aquarium of Canada 4 artificial artificial & 17-25 8 208 ki
13L: 11D 1.7 m deep
12.2 m round
Ripley’s Aquarium of Myrtle Beach 22 artificial artificial & 22-23 <2 208 ki
18L: 11D 1.7 m deep
12.2 m round
Ripley’s Aquarium of the Smokies 5 artificial artificial & 21-23 <2 2081 ki
13L: 11D 3.6 m deep
irregular
Wildlife Conservation Society’s 1) natural artificial with 23+1 <2 357 ki
New York Aquarium natural influence 3 m deep

12.2 m round
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Precaudal Length (cm)  Immature Mature Reproductive Status

<175 >175
Unknown Resting Pre-Ovulatory ~ Ovulatory Early Gestation Midgestation

South Carolina

April 3 5 2 2 1

May - 3 2 1
Delaware

June 5 1 1

July 10 3 3 g!

August 8 2 2
North Carolina

June 7 1 1

July 2 4 1 il 2

August 6 6 1 2 3

October = 7 1

November - 6 1
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Parity = Species

Oviparity
Cephaloscyllium

ventriosum

Chiloscyllium
Pplagiosum

Stegostoma
tigrinum

Viviparity
Rhynchobatus

australiae*

Rhina
ancylostoma

Aetobatus
narinari

Himantura
uarnak

Sphyrna tiburo

Carcharhinus
limbatus
Triaenodon
obesus

* Parthenogenesis inferred from female isolation. Genetic confirmation pending.

** 6 from F1; 2 from F2.

 this is an ongoing study and there is at least one female and one parthenote.

* 8 from F1; 1 from F2.

Classification

Carcharhiniformes,
Scyliorhinidae
Orectolobiformes,
Hemiscyllidae

Orectolobiformes,
Stegostomatidae

Rhinopristiformes,
Rhinidae
Rhinopristiformes,
Rhinidae

Myliobatiformes,
Myliobatidae

Myliobatiformes,
Dasyatidae
Carcharhiniformes,
Sphyrnidae
Carcharhiniformes,
Carcharhinidae
Carcharhiniformes,
Carcharhinidae

Fem Oftspring

9t

Repro
Mode

Short Single
Oviparity
Short Single
Oviparity

Short Single
Oviparity

Yolk-sac
Lecithotrophy

Yolk-sac
Lecithotrophy
Histotrophy
Histotrophy
Placentotrophy

Placentotrophy

Placentotrophy

Aquarium

National Aquarium, Baltimore, MD, USA

Belle Isle Aquarium, Detroit, MI, USA
Vivarium of the State Museum of Natural History,

Karlsruhe, Germany

Ripley’s Aquarium of the Smokies, TN, USA &
Aquarium of the Pacific, Long Beach, CA, USA
Aquarium and Shark Lab by Team ECCO,
Hendersonville, NC, USA

Aquarium of the Pacific, Long Beach, CA, USA

Burj Al Arab Aquarium, Dubai, UAE
Reef HQ Aquarium, Townsville, Queensland, Australia
Shedd Aquarium, Chicago, IL, USA

Aquarium of the Pacific, Long Beach, CA, USA

Shedd Aquarium, Chicago, TL, USA

Epcot’s The Seas, Orlando, FL, USA

Epcot’s The Seas, Orlando, Florida, USA

Pittsburgh Zoo & PPG Aquarium, Pittsburgh, PA, USA
Henry Doorly Zoo, Omaha, NE, USA

Virginia Aquarium & Marine Science Center, Virginia

Beach, VA, USA
BioPark Aquarium, Albuquerque, NM, USA
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