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Editorial on the Research Topic 
Genetics and mechanism of ciliopathies

Cilium is a microtubule-based hair-like organelle found on almost every type of cells in human body. These cilia can be motile (as in the cilia on respiratory tract epithelial cells) or non-motile (as in the cilia in nephrons of kidneys and photoreceptors on the retina of eyes). Meanwhile, single cilium (e.g., nephrons) or multiple copies of the cilia (e.g., epithelial cells in respiratory tract) are possible and observed in human cells. Despite of their highly complex structure, ciliary structure is conserved in vertebrate and consist of over 600 proteins (Fliegauf et al., 2007) orchestrating in a coordinated manner for its proper functions in development, signaling, homeostasis and sensory functions. Despite of its complicated structure, various signaling pathways were found to be involved in cilia formation, assembly and growth. For instance, hedgehog signaling (Huangfu et al., 2003), Wnt signaling (Clevers and Nusse, 2012), G-protein-coupled receptor signaling (Mykytyn and Askwith, 2017) etc. Were the well-known pathways involved in ciliopathies (Waters and Beales, 2011; Reiter and Leroux, 2017).
Since cilia are almost ubiquitously presence in all cell types in human body, it is not surprising that ciliopathies, which refers to any disorders that affects the ciliary function, cilia itself or its sub-structures, exhibit a large spectrum of anomalies in multiple organs and systems, for instance, brain, kidneys, liver, bone and eyes etc. Because of the complexity of proteins and signaling pathways involved in ciliopathies, the exact molecular mechanism is yet to be elucidated but it is certain that genetic variation like single nucleotide polymorphisms (SNPs), missense or nonsense mutations on cilia and/or related genes etc. played a major role in the pathogenesis. Thanks to the technology advancement in biotechnology and genetics on genome-editing, as well as the prevalence and readily available of next generation sequencing technique on exome and genome, the manuscripts included in this Research Topic can facilitate researchers to have a deeper understanding on the genetic variations in ciliopathies and provide ways for further verification of these changes with genome-editing and thus, test on the signaling pathways and molecular mechanism.
This Research Topic is dedicated to including works that explore any novel identification or characterization of genes, signaling pathways, transcriptomic analyses, and mechanisms on ciliary gene(s) and/or protein(s) involved in ciliopathies. Moreover, recent advancement in diagnosis of ciliary and/or cilia-related diseases, integrative analysis of publicly available data on ciliary genes and/or proteins, articles that summarize the existing data on ciliary pathologies were also included. A total of 13 manuscripts were included in this Research Topic.
Among these works, a number of novel studies revealing the causes and potential mechanisms of ciliopathies has been included. For instance, four reports described the novel variants identifications contributing to various manifestation of ciliopathies, such as nephronophthisis and kidney failure (by novel deletion of Glis2:c.560_574delACCATGTCAACGATT, p. H188_Y192del)) (Al Alawi et al.), asthenoteratozoospermia (by missense variant RSPH4A:c.2T>C, p. (Met1Thr) and nonsense variant RSPH4A:c.1774_1775del, p. (Leu592Aspfs*5) (Wang et al.), dynein axonemal assembly factor (DNAAF) -4 [by DNAAF4:c.733C>T, p.(Arg245*)] (Guo et al.), Meckel Gruber Syndrome (by splice site variant RPGRIP1L:c.776 + 1G > A/IVS6 + 1G > A) (Moreno-Leon et al.). These novel findings expanded the variants spectrum related to ciliopathies and provide some reference for others subjects who share the same variants in future.
While there are another three reports on variants that affect the renal and hepatic fibrocystic disease (by missense variant TULP3: c.1144C>T, p. (Arg382Trp)) (Jafari Khamirani et al.), showing skeletal ciliopathies (by missense variant IFT140 (NM_014,714.4) r.2765_2768del; p. (Tyr923Leufs*28)) (Walczak-Sztulpa et al.) and primary ciliary dyskinesia (PCD) in respiratory cilia [by missense variant DNAI2:c.740G>A; p. (Arg247Gln)] (Al-Mutairi et al.). All these case reports in this Research Topic, together with other previously published reports in the literatures, enhance our current understanding on the genetics variants contributed to ciliopathies.
Apart from the variant case reports, another three papers illustrated the vital tasks of cilia proteins in cilia assembly and functions were also included. For instance, Lennon et al. focused on the function of Dnaaf-4 and Dnaaf-6 in outer dynein arm (ODA) and a subset of inner dynein arm (IDA) assembly using drosophila model. While Schultz et al. studied the role of CFAP300 in dynein complex transport in motile cilia and in dynein arm assembly. Moreover, Nazlamova et al. showed in the CRISPR mutated PRPF6 and PRPF31 cell lines, patient-derived retinal organoid cultures and siRNA-treated retinal organotypic cultures that, mutation in the pre-mRNA splicing factor would resulted in defected microtubule and centrosome, ultimately leading to retinal degeneration. These works shed light on the potential mechanisms and signaling pathways for the pathogenesis of ciliopathies.
Furthermore, two articles in this Research Topic have highlighted the importance of genetic testing in the diagnosis of ciliopathies. The work of Chau et al. has demonstrated that genetic testing is essential in the diagnosis of early-onset bronchiectasis. While the project of Antony et al. indicated the significance of genetic diagnosis in a cohort of 37 cases laterality defect with defected left-right patterning. Their efforts have demonstrated that genetic diagnosis is key for the proper diagnosis of ciliopathies and would provide a valuable reference for the clinician.
In addition, it was delighted to have Rusterholz et al. to contribute an insightful review focusing on Joubert Syndrome, which is a rare cilia-related disorder characterized by cerebellar and brain stem malformation with other renal, retinal and skeletal manifestations. Their work has summarized and featured on what have been learnt in understanding Joubert Syndrome from different zebrafish models in the literatures.
In conclusion, despite many unknown and challenges in delineating the exact cause and molecular mechanism of ciliopathies, these studies in this Research Topic have greatly extended our current understanding on the genetic of ciliopathies and shed light on potential signaling pathway down to molecular level. A better understanding of the genetic and molecular mechanism of the disease is crucial for early diagnosis, appropriate treatment and improving the prognosis of patients, thus, this Research Topic would be valuable for further research and beneficial to the patients in future.
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Variants in the GLIS family zinc finger protein 2 (GLIS2) are a rare cause of nephronophthisis-related ciliopathies (NPHP-RC). A reduction in urinary concentration and a progressive chronic tubulointerstitial nephropathy with corticomedullary cysts are the major characteristic features of NPHP. NPHP demonstrates phenotypic and genetic heterogeneity with at least 25 different recessive genes associated with the disease. We report a female, from a consanguineous family, who presented age 9 years with echogenic kidneys with loss of cortico-medullary differentiation and progressive chronic kidney disease reaching kidney failure by 10 years of age. A novel homozygous in-frame deletion (NM_032,575.3: c.560_574delACCATGTCAACGATT, p.H188_Y192del) in GLIS2 was identified using whole exome sequencing (WES) that segregated from each parent. The five amino acid deletion disrupts the alpha-helix of GLIS2 zinc-finger motif with predicted misfolding of the protein leading to its predicted pathogenicity. This study broadens the variant spectrum of GLIS2 variants leading to NPHP-RC. WES is a suitable molecular tool for children with kidney failure suggestive of NPHP-RC and should be part of routine diagnostics in kidney failure of unknown cause, especially in consanguineous families.
Keywords: nephronophthisis (NPHP), whole exome sequencing, end stage kidney disease (ESKD), consanguinity, ciliopathies
INTRODUCTION
Nephronophthisis (NPHP) is an autosomal recessive inherited kidney disease that constitutes the most prevalent monogenic causes of kidney failure in the first 3 decades of life and is responsible for 2.4–15% of pediatric patients with kidney failure (Hildebrandt et al., 2009; Luo and Tao 2018). Urine analysis of NPHP patients generally does not illustrate any characteristic urinary abnormalities, as proteinuria and hematuria are often not found until late stages of chronic kidney disease (CKD) (Luo and Tao 2018). A clue to the underlying diagnosis may be finding a loss of urinary concentration ability (Simms et al., 2009) and kidney ultrasound scan findings of corticomedullary cysts and a loss of corticomedullary differentiation (Srivastava et al., 2017); however, these findings are non-specific.
Therefore, it is difficult to detect NPHP using simple laboratory testing and often the diagnosis is delayed until the advanced stages of CKD. A kidney biopsy may show features which include tubular atrophy, tubular basement defects, and interstitial fibrosis but often do not lead to a precise diagnosis, especially if the patient is approaching kidney failure (Simms et al., 2009). Extra-renal manifestations occur in 15% of cases of NPHP, consistent with it being a ciliopathy syndrome and may include retinal defects, liver fibrosis, skeletal defects, and brain developmental disorders (Srivastava et al., 2017).
Recent advances in genetic analysis show excessive phenotypic and genetic heterogeneity of this disorder (Chaki et al., 2011; Tang et al., 2020) with at least 25 different genes having been linked (Luo and Tao 2018; McConnachie et al., 2021). However, pathogenic variants in known NPHP genes can explain only up to one-third of cases of clinically diagnosed nephronophthisis, suggesting further genes may underlie this phenotype (König et al., 2017; Luo and Tao 2018). Here, we report a case of NPHP associated with early kidney failure caused by a homozygous in-frame deletion of GLIS2 diagnosed using WES. Pathogenic variants in GLIS2 remain very rare with only two families previously reported (Attanasio et al., 2007; Halbritter et al., 2013). This case is unique, as it is the first in-frame deletion within GLIS2 to be reported in association with NPHP and the predicted loss of a motif within the zinc finger domain suggests strongly its pathogenicity.
Case Description
The proband initially presented at 9 years of age to an orthopedic surgeon following a right hip injury. At this stage she was noted to be hypertensive and had evidence of kidney failure, chronic kidney disease (CKD) stage 4 (Table 1). Urine analysis was bland. She was commenced on amlodipine and oral sodium bicarbonate to correct a metabolic acidosis. An ophthalmology assessment revealed no evidence of uveitis or retinitis pigmentosa, and hearing was normal. Parental consanguinity was reported (Figure 1A).
TABLE 1 | Timeline of patient’s journey.
[image: Table 1][image: Figure 1]FIGURE 1 | Identification and in silico analysis of novel GLIS2 variant leading to nephronophthisis. (A) Pedigree diagram showing proband (arrowed) and known family consanguinity. (B) Kidney biopsy histology from proband showing dilated tubules and thickening and duplication of tubular basement membranes (hematoxylin and eosin, x40). (C) Sequence chromatograms demonstrating homozygous in-frame deletion in GLIS2 (NM 032575, c.562_576delCATGTCAACGATTAC; p.His188_Tyr192del) which was heterozygous in both parents. (D–G). In-frame deletion of GLIS2 is predicted to destroy the terminal motif sequence within the first zinc finger. (D) Protein model of human GLIS2 (green) bound to DNA (yellow and red) using structural homology to human GLI protein (PDB accession 2GLI). The predicted binding positions of Zn ions to each of the five zinc-finger (ZF) domains (labelled ZF1-5) are indicated by orange circles. (E) The predicted structure of GLIS2 ZF1 showing the classical ββα fold. The C2H2 residues Cys170, Cys175, His188, and His193 are labelled, and side chains are displayed. The five amino acid residues deleted in the His188_Tyr192 deletion are highlighted in magenta. (F) Zoomed in images from (D) of ZF1, showing the predicted wild-type structure (left) and predicted structure in the mutated protein (right). Left, the C2H2 residues are labelled and side chains creating the zinc binding pocket are shown. The region deleted in the mutated protein is highlighted in magenta. Right, His193 replaces His188 in the zinc binding pocket, however, the classical ZF motif is lost in the His199_Tyr192del variant. (G) Multiple sequence alignment of GLIS2. The C2H2 motifs of ZF1 and ZF2 are highlighted in green. The deleted sequence in the mutated protein is highlighted in magenta. *, completely conserved residue.
Kidney ultrasound scanning showed normal sized but echogenic kidneys with loss of cortico-medullary differentiation. A 24-h urine collection did not show significant proteinuria. To intimately investigate the cause of progressive kidney failure, a kidney biopsy was performed which demonstrated tubular injury, tubulointerstitial nephritis, interstitial fibrosis, and tubular atrophy suggesting NPHP (Figure 1B). Immunofluorescence studies were negative. Kidney function deteriorated and she reached ESRD by the age of 10 years. We proceeded to investigate the family, following informed consent for genetic studies.
MATERIALS AND METHODS
Patients
The affected patient, her parents and the eldest of the unaffected siblings were recruited from an Omani cohort of patients within the Royal Hospital, Ministry of Health Hospital, Muscat, Oman with suspected inherited renal ciliopathy syndrome. This study was approved by the North-East Newcastle and North Tyneside 1 Research Ethics Committee (18/NE/350). Whole blood (1.5–2.5 ml in EDTA) samples were collected specifically for this study and used for extraction of genomic DNA. DNA samples from affected and other family members were given a pseudo-anonymized sample number. Written and informed consent was obtained from the parents/guardians of each patient, and any family members (including parents and siblings) involved in this study.
Genetic Studies
Genetic analysis using whole exome sequencing (WES) was carried out after obtaining consent from the family. Whole-exome sequencing was performed in the proband and was outsourced to Novogene Co., Ltd. (China) as previously described (Al Alawi et al., 2021). Exomes were captured by SureSelect Human All Exon V6 Enrichment Kit (Agilent Technologies, CA, United States), and high-throughput sequencing was conducted with an Illumina HiSeq platform (Illumina, San Diego, CA). Analyses of raw data (FASTQ format) were achieved together with sequence reads mapping to the human reference genome hg19 using BWA (Li and Durbin 2009), removal of PCR duplicates using Picard (http://broadinstitute.github.io/picard/), alignment refinement using GATK, and coverage analysis and SNP and INDEL calling using GATK’s Haplotype Caller (McKenna et al., 2010). SNP and INDEL VCF files were examined using Qiagen QCI Interpret Translational tool for variants filtration and annotation. The approach of data filtering was as follows: (1) non-synonymous SNPs and frameshift/in-frame INDELs with an alternative allele frequency >0.01 in the NHLBI Exome Sequencing Project, Single Nucleotide Polymorphism database (dbSNP), 1000 Genomes Project (1000G), the Genome Aggregation Database (gnomAD) were excluded; (2) filtered SNVs and INDELs, predicted by in-silico algorithms to be damaging, were maintained; (3) variants classified as pathogenic and likely pathogenic according to American College of Medical Genetics (ACMG) guidelines remained (Richards, Aziz et al., 2015); and (4) co-segregation analysis was performed in the family using Sanger sequencing. Genetic variants were submitted to ClinVar (www.ncbi.nlm.nih.gov/clinvar).
RESULTS
Whole exome sequencing of the proband’s genomic DNA was performed with 96.4% of the exome being covered at least 20-fold. Variants were filtered and analyzed as described, followed by Sanger sequencing validation. Within a large region of homozygosity on chromosome 16, a homozygous novel in-frame deletion variant (NM_032,575.3:c.560_574delACCATGTCAACGATT, p.H188_Y192del) in GLIS2 was identified in the patient and was present in its heterozygous form in both parents but absent in the eldest unaffected sibling from whom DNA was available (Figure 1C). We did not find any other potential pathogenic variants associated with a ciliopathy-related phenotype. Variants in GLIS2 have been previously identified in patients with NPHP (OMIM: 611498) who developed kidney failure in early childhood (Attanasio et al., 2007). This novel deletion variant that leads to a shortened protein missing 5 amino acids (H188, V189, N190, D191, Y192) located in exon 4 of the GLIS2 gene was absent in the public database including 1000G and genomAD. Bioinformatics programs including PROVEAN (deleterious), SIFT (deleterious), and MutPredIndel (score: 0.45615) predicted that this variant (NM_032,575.3:c.560_574delACCATGTCAACGATT, p.H188_Y192del) is deleterious and located at evolutionarily conserved site of the GLIS2 protein close to the zinc-finger C2H2-type DNA-binding domain (Figure 1D). According to ACMG guidelines (Richards et al., 2015), this allele is classified as a variant of uncertain significance (VUS). The variant has been submitted to ClinVar (https://www.ncbi.nlm.nih.gov/clinvar/variation/1299703/).
Gli-similar 2 (GLIS2) is a member of the Krüppel-like family of transcription factors consisting of five contiguous zinc-finger motifs (Figure 1D) (Zhang et al., 2002). Classical zinc-finger domains (C2H2) are among the most common eukaryotic protein domains and often have the consensus sequence Cys-X2–4-Cys-X12-His-X2–6-His (where X is any amino acid) (Pavletich and Pabo 1993). Metalloproteins, such as GLIS2 have been shown to co-assemble with Zn2+ ions during protein folding into the ββα zinc finger domains (Figure 1E). The His188_Tyr192 variant identified in this study removes 5 amino acids from the α helix of GLIS2 ZF1 (Figure 1D, magenta), removing the terminal sequence of the zinc-finger motif, even though His193 replaces His188 as H1 (Figures 1E–G). The loss of this motif through an in-frame deletion could potentially result in misfolding of GLIS2. However, there is evidence to show that the individual zinc-finger domains fold independently of the bulk protein structure (Cox and McLendon 2000), and therefore an observed loss of function could be due to altered DNA-binding capacity of the GLIS2 mutant. Downstream functional analyses are required to determine the loss-of-function mechanism.
DISCUSSION
Making a clinical diagnosis of NPHP is difficult given its non-specific features and therefore many patients with NPHP may be misdiagnosed with another nephropathy or diagnosed as CKD of unknown etiology (Srivastava and Sayer 2014; Snoek et al., 2018). Although clinical findings, kidney ultrasound examination, and kidney biopsy histology in our patient were suggestive of NPHP, a definitive diagnosis was only made following molecular genetic testing. In fact, as many causes of kidney failure may mimic the NPHP phenotype, molecular genetic testing is critical to distinguish NPHP from other inherited forms of kidney diseases.
NPHP is a rare disorder (Levy and Feingold 2000; Hildebrandt 2010) that illustrates genetic heterogeneity with at least 25 different recessive genes having been linked with the disease (Luo and Tao 2018). Almost all NPHP genes encode nephrocystins that localize to primary cilia, except for NPHP-like genes such as XPNPEP3 and SLC41A1 and GLIS2 genes, with protein products located to mitochondria and nucleus, respectively (O'Toole et al., 2010; Srivastava and Sayer 2014; Luo and Tao 2018). Pathogenic variants in these genes can explain only up to one-third of cases and around 60% of cases remain genetically unsolved, suggesting additional genetic causes that have yet to be revealed (König et al., 2017; Luo and Tao 2018). The most common genetic cause of NPHP is variants in NPHP1, associated with 20% of cases (Hildebrandt et al., 2009), while variants in each of the remaining genes possibly contribute up to 1% of cases (Srivastava and Sayer 2014; Luo and Tao 2018).
The human GLIS2, encoding a member of the Kruppel-like zinc-finger protein family named GLIS family zinc-finger two or alternatively nephrocystin-7, is located on chromosome 16p13.3, and it contains 6 exons spanning ∼3.7 kilobases. GLIS2 is located in the nucleus and cytoplasm and is mainly expressed in the kidney and weakly in the heart, lung, placenta, and colon (Zhang et al., 2002). Based on the cell context, GLIS2 can function as activator or repressor of gene transcription. For instance, it works as a repressor of the Hedgehog (Hh) signaling pathway by repressing Hh-dependent expression of Wnt4 as well as repressing transcriptional activation mediated by CTNNB1 in the Wnt signaling pathway. In addition, GLIS2 is required to retain the differentiated epithelial phenotype in kidney cells and in neuron differentiation (Zhang et al., 2002).
In 2007, a homozygous splice-site variant in GLIS2 (c.755+1G > T) was identified in three affected Canadian Oji-Cree children with an autosomal recessive pattern of NPHP (Attanasio et al., 2007). Later, in 2013, a homozygous missense GLIS2 variant (c.523T > C, p.C175R) was identified in a Turkish patient with isolated NPHP who reached kidney failure aged 15 years, as part of a worldwide cohort screen of patients with NPHP-RC (Halbritter et al., 2013). Variants in GLIS2 have been classified as NPHP7 (OMIM 611498) and within the variation database of ClinVar, there are 34 pathogenic variants, of which 31 are copy number variants (CNVs) while three are SNVs (two missense and one splicing) and there are 92 variants of uncertain significance (VUS). Here, we identified in GLIS2 an in-frame deletion variant (NM_032,575.3: c.560_574delACCATGTCAACGATT, p.H188_Y192del) in Omani family with NPHP and early onset kidney failure. As far as we know, this variant is novel and expands the variant spectrum of GLIS2 variants associated with NPHP.
The deletion affects the zinc-finger C2H2-type DNA-binding domain of GLIS2, which plays a role in the recognizing and binding to target DNA as well as mRNA and protein targets (Brayer and Segal 2008). This deletion leads to a change in protein length and feature as the position of the stop-codon in mutated protein will be 520 compared to 525 in the wild-type protein. Further functional studies may be performed in the future to examine the consequences of such deletion in GLIS2 expression level.
In summary, by employing WES, we detected a novel in-frame deletion (NM_032,575.3: c.560_574delACCATGTCAACGATT, p.H188_Y192del) in GLIS2 in an Omani family with NPHP and kidney failure. Therefore, this study has not only broadened the spectrum of variants within GLIS2, but also extended the molecular pathogenesis spectrum of kidney disease in Oman (Al Alawi et al., 2021) and allowed the confirmation of the clinical diagnosis of NPHP leading to kidney failure.
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Laterality defects are defined by the perturbed left–right arrangement of organs in the body, occurring in a syndromal or isolated fashion. In humans, primary ciliary dyskinesia (PCD) is a frequent underlying condition of defective left–right patterning, where ciliary motility defects also result in reduced airway clearance, frequent respiratory infections, and infertility. Non-motile cilia dysfunction and dysfunction of non-ciliary genes can also result in disturbances of the left–right body axis. Despite long-lasting genetic research, identification of gene mutations responsible for left–right patterning has remained surprisingly low. Here, we used whole-exome sequencing with Copy Number Variation (CNV) analysis to delineate the underlying molecular cause in 35 mainly consanguineous families with laterality defects. We identified causative gene variants in 14 families with a majority of mutations detected in genes previously associated with PCD, including two small homozygous CNVs. None of the patients were previously clinically diagnosed with PCD, underlining the importance of genetic diagnostics for PCD diagnosis and adequate clinical management. Identified variants in non-PCD-associated genes included variants in PKD1L1 and PIFO, suggesting that dysfunction of these genes results in laterality defects in humans. Furthermore, we detected candidate variants in GJA1 and ACVR2B possibly associated with situs inversus. The low mutation detection rate of this study, in line with other previously published studies, points toward the possibility of non-coding genetic variants, putative genetic mosaicism, epigenetic, or environmental effects promoting laterality defects.
Keywords: laterality defect, situs inversus, exome, cilium, primary ciliary dyskinesia, dynein, PIFO, PKD1L1
INTRODUCTION
Laterality defects in humans occur with a frequency of about 1:10,000 (Lin et al., 2014). Situs inversus totalis presents with a complete mirror image of normal organ asymmetry throughout the body. In contrast, in situs inversus thoracalis or abdominalis (heterotaxy), only a subset of organs is affected. While situs inversus usually does not impair organ function, this is different in left or right isomerism or situs ambiguous, accounting for up to 5% of all laterality defect cases. Heterotaxy is commonly associated with complex heart defects such as transposition of the great arteries can significantly affect the quality of life and life expectancy (Lin et al., 2014). Furthermore, polysplenia can be observed with left isomerism, while right isomerism is associated with asplenia and increased risk for serious infections (Fliegauf et al., 2007) (Figure 1)
[image: Figure 1]FIGURE 1 | Organ arrangement patterns in humans. While situs solitus represents the most frequent left–right organ arrangement, situs inversus represents the corresponding mirror image. In situs inversus thoracalis and situs inversus abdominalis, left–right patterning is inversed solely above or below the diaphragm. Left isomerism often results in polysplenia while accordingly, right isomerism can cause asplenia. Isomerism often also causes severe structural heart defects including defective arrangement of the great blood vessels, adapted from Fliegauf et al. (2007).
Left–right body asymmetry in vertebrates is determined very early in embryonic development, such as embryonic day 7.5 in mice (Marszalek et al., 1999) and 6–12 somite stage in zebrafish (Kawakami et al., 2005). In mammals, the so-called embryonic node is a transiently present structure which exhibits motile 9 + 0 monocilia and non-motile 9 + 0 monocilia (Figures 2A,B). Both types of cilia are considered essential for left–right patterning as functional defects of both motile and non-motile cilia can result in laterality defects in vertebrates (Pennekamp et al., 2015). Dysfunction of genes encoding for proteins essential for the ciliary motility apparatus such as dynein arm components results in left–right patterning defects in humans (Leigh et al., 2019) and mice (Tan et al., 2007), most often combined with recurrent respiratory tract infections due to impaired mucociliary clearance and often infertility (Fliegauf et al., 2007). This combination of laterality defects, bronchiectasis, and sinusitis is also referred to as Kartagener syndrome, observed in approximately 50% of all primary ciliary dyskinesia (PCD) cases (Knowles et al., 2016) (Supplementary Table S1). Of note, mutations in genes encoding for proteins associated with the central pair microtubules and radial spokes result in PCD but do not cause situs abnormalities due to the 9 + 0 ciliary ultrastructure in the node compared to a 9 + 2 ultrastructure of motile airway cilia (Knowles et al., 2016). This includes mutations in RSPH4A, HYDIN, MCIDAS, RSPH9, RPGR, CCDC65, RSPH1, CCDC164, and STK36 (Edelbusch et al., 2017). Further, mutations in CCNO (Wallmeier et al., 2014) and MCIDAS (Boon et al., 2014) cause mucociliary clearance disorders without laterality disturbances. Likewise, mutations in genes encoding for ciliary proteins unrelated to motility in humans and mice can also result in a disturbed left–right body axis, including PKD2 (Pennekamp et al., 2002; Bataille et al., 2011), INVERSIN (Simons et al., 2005), NPHP3 (Olbrich et al., 2003), and PKD1L1 (Field et al., 2011; Vetrini et al., 2016). These mutations are usually combined with additional developmental defects such as renal-hepatic dysplasia, polycystic kidney disease, nephronophthisis, chondrodysplasias, brain malformation, or retinal degeneration (Fliegauf et al., 2007; Deng et al., 2015) (Supplementary Table S1).
[image: Figure 2]FIGURE 2 | Left–right asymmetry in mammals. (A) Simplified representation of left–right patterning initiation in mammals. Breaking of left–right asymmetry is initiated by motile cilia in the embryonic node generating a leftward fluid flow followed by signal propagation by non-motile cilia. Here, PKD2 and PKD1L1 channels at the ciliary membrane enable calcium currents, resulting in elevated Ca2+ concentrations on the left side of the node. Node asymmetry is then propgated to the lateral plate mesoderm, which in turn causes NODAL expression in the left lateral plate mesoderm, followed by PITX2 expression. LEFTY2 acts as a feedback inhibitor restricting the range of nodal signaling. LEFTY1 helps in maintaining the midline barrier. (B) Examples of left–right organizing centers in vertebrates. (i) In situ hybridization visualizing the embryonic node (Shh, purple), e7.5 mouse embryo; (ii) Nodal.LacZ reporter expression (blue) marking the embryonic node and the lateral left plate mesoderm in an E8.5 mouse embryo; (iii) Xenopus embryo stage 17 archenteron roof in ventral perspective (pseudocolored in blue) where cilia-mediated leftward flow initiates left–right asymmetry; (iiii) Xenopus embryo stage 17 with nodal expression marked in purple (in situ hybridization).
Normal motile cilia function is crucial for generating a leftward flow within the embryonic node in mammals (Nonaka et al., 1998), initiating cell signaling pathways driving the establishment of body laterality. The “two-cilia hypothesis” proposes that a leftward flow generated by motile node pit cell cilia is sensed by non-motile node crown cell cilia which causes calcium influx determining the left side of the embryonic node (McGrath et al., 2003). A second model proposes that the leftward nodal flow results in a morphogen gradient, including vesicular particles being transported toward the left side of the node where they release their content, creating a morphogen gradient (Tanaka et al., 2005) (Figure 2A). The definition of the left side of the embryonic node subsequently leads to the activation of the TGFβ-superfamily components, namely, NODAL and LEFTY2. The nodal antagonist LEFTY2 prevents the activation of NODAL on the right side of the lateral plate mesoderm (Juan and Hamada, 2001; Shiratori and Hamada, 2006). On the left side, NODAL consecutively induces PITX2 expression on the left side of the lateral plate mesoderm, enabling asymmetric heart, lung, and spleen development (Norris, 2012). Midline LEFTY1 expression confines NODAL, LEFTY2, and PITX2 expression to the left side as LEFTY1 null mice display bilateral expression of NODAL, LEFTY2, and PITX2 (Meno et al., 1998; Capdevila et al., 2000), (Grimes and Burdine, 2017) (Figure 2A). It is therefore not surprising that nodal dysfunction in mammals causes laterality defects (Mohapatra et al., 2009).
In addition to nodal signaling, Bmp, Notch, Hedgehog, and Fgf signaling also play important roles for left–right establishment (Sempou and Khokha, 2019). In humans, mutations in ZIC3 (Gebbia et al., 1997), the TGF-beta signaling molecule GDF1 (Karkera et al., 2007) or ACVR2B (Kosaki et al., 1999; Ma et al., 2012), and the metalloprotease MMP21 (Guimier et al., 2015) have been associated with left–right patterning defects. However, past genetic studies investigating laterality defects in humans have had a surprisingly low yield of causative mutations, leaving up to 90% of cases genetically unexplained (Table 1). As progress has since been made with the identification of novel laterality defect genes and some of the previous studies did not use exome sequencing but targeted Sanger sequencing or gene panel sequencing, we performed an exome-based study in a cohort of 37 Turkish individuals with laterality defects to determine the rate of mutations in known disease genes and to identify novel disease-causing alleles.
TABLE 1 | Summary of previously published studies describing genetic screening in cohorts with laterality defects. Search terms included “laterality defect,” “heterotaxy,” “situs inversus,” “primary ciliary dyskinesia,” and “genetic” or “mutation.” Success rates were stated as presented in the manuscripts or calculated from the results presented in the publications.
[image: Table 1]MATERIALS AND METHODS
DNA Samples
Inclusion criteria were the presence of situs inversus totalis, thoracalis or abdominalis, or left or right isomerism with or without the presence of structural heart defects. The majority of cases were children younger than 10 years, presenting to the local genetics clinic after a referral from local pediatricians or pediatric cardiologists, while the remaining cases were fetal cases diagnosed by prenatal ultrasound. None of the included children was reported by the parents to present with daily wet cough or chronic rhinitis. Informed consent was obtained from all the participants or their legal guardians. Ethical approval was obtained from the local ethics committee and samples were processed at Radboudumc in Nijmegen under the diagnostic innovation program to establish a genetic diagnosis (CMO-2006/048). Genomic DNA extraction was performed from EDTA blood samples using the standard salting out method (Miller et al., 1988) or commercially available kits such as Qiagen genomic DNA extraction kit (Germantown, MD, United States). The concentration of DNA was determined using the Nanodrop (Thermo Fisher Scientific, Waltham, MA, United States) or by Qubit 2.0 (Life Technologies, Carlsbad, CA, United States).
Whole-Exome Sequencing
Exome sequencing was performed as previously described (Loges et al., 2018). In brief, 2–5 micrograms of DNA from index cases were subjected to whole-exome sequencing (WES) at Novogene, Hong Kong. Exome capture was performed using the Agilent SureSelect Human All Exon V5 Kit; sequencing was performed using an Illumina HiSeq 2500 machine. Paired-end sequencing was performed resulting in sequences of 150 bases from each end of the fragments. UCSC hg19 was used as a reference genome. VarScan version 2.2.5 and MuTec and GATK Somatic Indel Detector were used to detect single-nucleotide variants (SNV) and InDels. Data were then filtered in-house using a minor allele frequency (MAF) < 1% in public control databases including dbSNP, ExAc, and gnomAD, and remaining variants were first filtered for known disease-causing genes with an emphasis on diseases compatible with the patient phenotype (laterality disorder) and genes causing laterality defects in animal models. We then filtered genes encoding for proteins present in the cilia proteome and subsequently used a list of genes expressed highly in the mouse embryonic node (S. J. Arnold, unpublished data) for further gene prioritization. A complete list of genes used for filtering is shown in Supplementary Table S1. Open exome analysis was subsequently performed for cases where no likely causative allele could be detected. We prioritized homozygous variants in known consanguineous families; however, compound heterozygosity or dominant inheritance was likewise considered. Additionally, visual BAM file inspection was performed for homozygous CNVs in genes previously associated with laterality defects, and exome data files were further analyzed for the presence of CNVs using ExomeDepth (Plagnol et al., 2012).
PCR and Sanger Sequencing
To confirm deletions identified by CNV analysis, respective exons (DNAI2 exons 8–13 and CCDC40 exons 1–3) were amplified using the one taq master mix following the manufacturer’s instructions (New England Biolabs, Massachusetts, United States). Primers were designed using the primer blast tool, and sequences of the primers are available on request.
RESULTS
We performed genetic diagnostics using exome sequencing in 37 individuals, from 35 unrelated Turkish families, presenting with laterality defects to local genetics clinics. The included cases neither had a clinical history of PCD nor had an official diagnosis of PCD; however, airway ciliary motility assessment or nasal nitric oxide (NO) measurement was not performed prior to genetic investigations. Exome sequencing and CNV analysis identified likely causative variants in 14 families and candidate variants of unknown significance in 3 families, with the majority of mutations found in genes encoding for ciliary proteins of which in turn most encode for components of the ciliary motility apparatus such as dynein arms (DNAH5, DNAI1, DNAI2, DNAH9, and DNAH6), dynein arm-docking complex components (CCDC114), dynein assembly complex components (DNAAF3) or 96 nm ruler components (CCDC39 and CCDC40), and MNS1, a protein interacting with CCDC114 in vitro (Table 2). The vast majority of identified variants were found in a homozygous state which reflects the mainly autosomal recessive inheritance pattern seen in ciliopathies and the consanguineous nature of our subject population. In accordance with previous findings in mucociliary clearance disorders, we identified mainly nonsense, frameshift, or splice site variants (Fassad et al., 2020a). Of all causative variants identified, 8 variants have not been previously reported as disease-causing. In three additional families, we identified potential candidate disease variants in GJA1 in SI-18, in DNAH6 in SI-15, and in CCDC39 and ACVR2B in SI-47 (Table 2).
TABLE 2 | Genetic variants identified by exome sequencing in 35 laterality defect families.
[image: Table 2]Variants Identified in Genes Encoding for Ciliary Motility Component-Related Genes
In total, 12 out of 15 likely disease-causing variants were identified in genes encoding for ciliary motility related proteins associated with axonemal dynein motor, including two nonsense DNAH5 variants in SI-17 and SI-45: p.Arg 2013* previously published by Hornef et al. (2006) and p.Arg3116* not previously reported as disease-causing. In SI-46, we identified a homozygous frameshift variant in DNAH9, p.Leu3376Phefs*57 (case and mutation meanwhile reported by Loges et al. (2018).
We further found three families to carry variants in genes encoding for dynein intermediate chains: DNAI1 c.1333_1334insC, p.Met445Thrfs*6 not previously reported as disease-causing or in gnomAD for SI-44 and DNAI2 p.Arg263* previously identified by Loges et al. in SI-9 (Loges et al., 2008) and a homozygous CNV encompassing DNAI2 exons 10–13 (c.1212_1818del) in SI-16 not previously reported and confirmed by PCR (Supplementary Figures S1, S2). Our analysis further revealed 3 homozygous variants in the outer dynein arm-docking complex (ODA-DC) component CCDC114: in SI-3, we identified c.1004-1005del, p.Phe335Cysfs*2 not previously reported, while in SI-21, we detected the previously reported splicing variant, c.1502+5G > A (Knowles et al., 2013) and a not previously reported homozygous missense, p.Ile415Asn in SI-27. Knowles et al. found that the splice site change in intron 12 results in a frameshift and introduces a stop codon (p.Ser469Argfs*7). The homozygous missense change p.Ile415Asn in SI-27 is not reported in ClinVar, predicted deleterious by SIFT, probably damaging (0.997) by PolyPhen and polymorphism by mutation taster. The mutant residue is bigger, and this will change the 3D structure and might lead to bumps. The different hydrophobicity of the wild-type and mutant residues could cause a loss of protein–protein interactions (mutation prediction program used: HOPE; https://www3.cmbi.umcn.nl/hope/). Segregation analysis revealed the mother to be a heterozygous carrier; however, the variant was not detected in the father. This could be due to a heterozygous not detected deletion on the other allele, non-paternity, de novo occurrence of the mutation in the child or maternal uniparental disomy. In SI-2, we identified a homozygous nonsense change (p.Arg242*) in MNS1 (case and variant reported in Ta-Shma et al., 2018 (Ta-Shma et al., 2018). Interestingly, this variant was identified in several unrelated individuals with laterality defects and perturbed male fertility but no respiratory symptoms (Ta-Shma et al., 2018). MNS1 interacts with CCDC114, suggesting likewise a role for outer dynein arm docking (Ta-Shma et al., 2018). In SI-7, we identified a not previously reported homozygous missense variant, p.Phe451Ser in DNAAF3. The variant is probably damaged (0.998) by PolyPhen prediction and polymorphism using mutation taster analysis. The wild-type and mutant amino acids differ in size with the mutant residue being smaller, and this might influence the protein structure and protein–protein interactions. Furthermore, due to differences in hydrophobicity of the wild-type and mutant residue, hydrophobic interactions, either in the core of the protein or on the surface, could be lost (https://www3.cmbi.umcn.nl/hope/).
CNV analysis revealed a novel homozygous deletion encompassing c.1_93 of CCDC40 in SI-19 conformed by PCR Supplementary Figures S3, S4. We could not identify the intronic breakpoints of the CNVs identified in this study.
Variants Identified in Other Ciliary Genes
We identified mutations in two genes encoding for ciliary proteins not related to ciliary motility, PIFO and PKD1L1. PIFO p.Arg80Lys was identified heterozygously in SI-41, previously reported by Kinzel et al. in two cases in a heterozygous state (Kinzel et al., 2010). One previously reported case represented a deceased neonate with thoracic–abdominal situs inversus, cystic kidneys, and liver fibrosis, and a second case suffered from isolated double-outlet right ventricle (Kinzel et al., 2010). PIFO has been previously identified as a gene expressed in the node by Tamplin et al. using microarray analysis in Foxa2 mutant mouse embryos (Tamplin et al., 2008). Parental DNA was not available to confirm de novo occurrence of the variant in our case. PKD1L1 p.Arg2555* and p.Ser2646* were identified as compound heterozygosity in SI-8, both not reported in ClinVar to date. Biallelic variants in PKD1L1 have been previously reported in individuals with laterality defects and congenital heart malformations (Vetrini et al., 2016; Postema et al., 2020; Bolkier et al., 2021; Correa et al., 2021). The variant p.Ser2646* identified in our study was also reported by Berauer et al. in a case with polysplenia, biliary atresia, abdominal heterotaxy, congenital heart disease, and vascular anomalies (Berauer et al., 2019). PKD1L1 seems to form a ciliary protein complex with PKD2 in primary crown cell cilia in the node, and it thought to play a role in flow sensing (Field et al., 2011).
Candidate Variants Identified
Candidate variants were identified in three families (SI-18, SI-15 and SI-47). SI-18 carries a heterozygous de novo missense variant in GJA1 (p.Pro334Leu). The mutant residue is bigger, and this might lead to bumps. The mutation is located within a stretch of residues annotated in UniProt as a special protein–protein interaction region. The wild-type residue is a proline. Prolines are known to be very rigid and therefore induce a special backbone conformation which might be required at this position. The mutation can disturb this special conformation (https://www3.cmbi.umcn.nl/hope/). This variant is not reported in ClinVar and has a frequency of 0.000007962 in gnomad. The variant is predicted to be benign (0.020) by PolyPhen, disease-causing by mutation taster (score 98), and tolerated by SIFT prediction. The amino acid position is conserved in mammals including mice, chicken, and Xenopus while zebrafish carries an alanine instead here.
In SI-15, we identified a heterozygous stop variant, c.1020C > A, p.Tyr340* and a heterozygous deep-intronic substitution, c.8229+208C>T in DNAH6. While the Alamut program predicted only minimal splice site probabilities for the mutant allele compared to the wild-type sequence, ESE finder predicted a slightly changed pattern of ESE binding (Supplementary Figures S5, S6).
In SI-47, we identified variants in two genes, CCDC39 and ACVR2B: a homozygous missense variant in CCDC39 (p.Asp117Gly), not reported in gnomAD but in ClinVar as a variant of uncertain significance (VUS). The variant is predicted as polymorphism by mutation taster and PolyPhen benign with a score of 0.351. The variant is located at the first coiled–coil domain (16–122 amino acids; UniProt). Additionally, we identified a heterozygous variant in ACVR2B, p.Arg309Cys, predicted damaging by SIFT, probably damaging (1.000) by PolyPhen, and disease-causing by mutation taster, likewise reported as VUS in ClinVar. The variant is located in the protein kinase-binding domain (190–480 amino acids). Segregation analysis could not be performed to establish if the variant is de novo. Several previous studies have reported heterozygous ACVR2B variants in individuals with heterotaxy (Kosaki et al., 1999; Ma et al., 2012; Li et al., 2019). ACVR2B functions in the NODAL/TGF-beta signaling pathway (Li et al., 2019). A summary of all genetic findings is shown in Table 2 and Figures 3, 4.
[image: Figure 3]FIGURE 3 | Motile cilia ultrastructure. Motile cilia are microtubule based structures, dynein arms powers the sliding motion of microtubules which in turn generates ciliary movement. Outer dynein arm-docking complex helps in the attachment of dynein arms to A-microtubule. Dynein assembly factor is important for the assembly of both outer and inner dynein arms. Mutations in central pair and radial spoke genes does not cause laterality defect, adapted from (Antony et al., 2021). Proteins encoded by genes identified in this study are indicated in red.
[image: Figure 4]FIGURE 4 | Summary of genetic variants identified. Causative mutations were identified in 14 families and candidate variants in 3 families. The majority of identified variants were in ciliary genes, mainly encoding motility apparatus components, of which the majority represents dynein complex related factors.
DISCUSSION
Over the last 2 decades, genetic analyses of individuals with laterality defects have greatly advanced our understanding of establishment of left–right asymmetry. Eight variants reported here have not been previously reported as disease-causing, two of which are CNVs. This provides useful information for human genetic diagnostics and underlines the importance of CNV analysis.
Given the fact that none of the cases included in this study had a formal diagnosis of PCD nor was suspected with PCD clinically, we identified pathogenic or likely pathogenic variants in a rather large number of genes known to cause PCD when dysfunctional, including DNAH5, DNAH9, CCDC114, DNAI1, DNAI2, CCDC39, and CCDC40. DNAH5 encodes an outer dynein arm γ—heavy chain distributed panaxonemally in respiratory cilia, and biallelic loss of function mutations are a frequent cause of PCD (Hornef et al., 2006). DNAH9 encodes an outer dynein arm (ODA) heavy chain only present in one of 2 ODA subtypes, subtype 2. ODA2 localization is restricted to the distal half of the cilium and accordingly, and DNAH9 dysfunction results in a very subtle respiratory phenotype with perturbed distal ciliary movements (Loges et al., 2018). CCDC114 mutation causes the absence of the outer dynein arm in affected individuals, and majority of the cilia are static with few showing some stiff movements (Knowles et al., 2013; Onoufriadis et al., 2013). DNAAF3 encodes a cytoplasmic dynein preassembly factor. Dynein preassembly factors play a crucial role for the assembly of both outer and inner dynein arms and dysfunction results in cilia lacking dynein arms, causing ciliary immotility (Mitchison et al., 2012). DNAI1 and DNAI2 encode outer dynein arm intermediate chains and dysfunction of these genes results in the absence of outer dynein arms causing immotile cilia or cilia with minimum residual motility (Guichard et al., 2001; Loges et al., 2008). CCDC40 encodes a 96-nm ruler protein, and CCDC40 loss of function results in a disorganized microtubule arrangement and radial spokes and nexin link defects and absence of inner dynein arms. The respiratory cilia of the individuals carrying biallelic CCDC40 loss of function variants show defective ciliary beat regulation and ciliary movements with a reduced amplitude (Becker-Heck et al., 2011). CCDC39 likewise encodes a 96-nm ruler protein in motile cilia and dysfunction results in disorganized microtubules, defects in radial spokes, inner dynein arms, and nexin links, similar to what is observed with dysfunction of CCDC40 (Merveille et al., 2011). Our findings confirm genetic PCD studies showing that DNAH5 and CCDC40 mutations represent common underlying causes (Fassad et al., 2020a).
We further identified candidate variants in DNAH6 in SI-15. In humans, DNAH6 encodes a heavy chain of the inner dynein arm (Hom et al., 2011). Li et al. suggested that DNAH6 mutations play a role in laterality defects (Li et al., 2016) when they reported an individual with heterotaxy carrying a heterozygous DNAH6 mutation and a heterozygous DNAI1 mutation, suggesting digenic inheritance/genetic interaction. Moreover, 5/6 patients in their study with heterozygous DNAH6 mutations also harbored heterozygous DNAH5 mutations. The subthreshold double-morpholino knockdown of DNAH6/DNAH5 and DNAH6/DNAI1 in zebrafish resulted in likewise heterotaxy. Re-analyzing the exome data for potentially causative heterozygous mutations in DNAI1 and DNAH5 in SI-15 did not yield any new causative variants. Compound heterozygous mutations in DNAH6 are also reported in patients with sperm flagella defects (Li et al., 2018; Tu et al., 2019).
The PIFO heterozygous variant we identified was previously reported to cause laterality defects in a single individual of Northern European descent (Kinzel et al., 2010). PIFO plays an important role in primary cilia disassembly through AuraA activation and it is localized at the basal body (Kinzel et al., 2010). The p.Arf80Lys variant seemed to inhibit AurA activation. Furthermore, overexpression caused cilia disassembly defects (Kinzel et al., 2010). In contrast to the previously described case, no liver or kidney cysts have been observed in our case to date; however, later development in life cannot be excluded and appropriate clinical monitoring has been initiated. Our study confirms that the identified PIFO variant is a rare cause of left–right pattern defects in humans, and it seems likely that future studies will reveal more disease-causing PIFO alleles.
PKD1L1 is a subunit of the heterodimeric TRP channel thought to regulate calcium currents (Delling et al., 2013) and is important for confining the NODAL expression to the left side during the left–right axis determination (Grimes et al., 2016). The PKD1L1 p.Arg2555* and p.Ser2646* variants we identified in this study are located at the extracellular domains before the trans-membrane domains 8 and 10 respectively (Rodriguez et al., 2019; Correa et al., 2021). These two compound heterozygous changes identified in this study could affect the function of trans-membrane domains 8–10, extracellular domains between them, and an intracellular coiled–coil domain, which interacts with PKD2. The PKD1L1 variants are similarly identified in other laterality defect cases at N-terminal extracellular domains preceding immunoglobulin-like PKD, REJ (receptor egg jelly), GPR (G-protein-coupled receptor proteolytic site), trans-membrane, and extracellular domains in the middle of the trans-membrane domains and intracellular C-terminal coiled–coil domain (Berauer et al., 2019; Rodriguez et al., 2019; Correa et al., 2021).
The association of GJA1 with laterality defects or congenital heart disease remains unsure. GJA1 encodes connexion 43 and is important for the formation of gap junction and inter cellular channels (Britz-Cunningham et al., 1995). Gap junctions could play an important role in the transfer of signals from the node to the lateral plate mesoderm in vertebrates (Saund et al., 2012). Britz-Cunningham et al. reported potentially disease-causing missense variants in GJA1 in 6 patients with complex cardiac malformations and laterality defects (Britz-Cunningham et al., 1995). However, two later studies were not able to replicate these findings (Casey and Ballabio, 1995; Splitt et al., 1995). In 2001, Dasgupta et al. suggested that the inability to replicate the findings of the initial study could be caused by a PCR amplification bias toward the wild-type allele. Dasgupta et al. therefore used denaturing gradient gel electrophoresis (DGGE), followed by separate sequencing of two alleles and detected two heterozygous missense variants and 2 synonymous variants in eight individuals with hypoplastic left heart syndrome and one individual with atrioventricular canal defect. However, the four variants identified were identical to the pseudogene sequence at the nucleotide level (97% homology) (Dasgupta et al., 2001). Mutations in GJA1 have further been identified in cases with autosomal recessive and dominant oculodentodigital dysplasia, where cardiac anomalies are rare (OMIM: 257850, 164200). Clinically, our cases did not exhibit features of oculodentodigital dysplasia, where about 50% of all cases represent de novo alleles.
Huang et al. could not confirm that GJA1 dysfunction causes heart defects or left–right patterning defects in mice nor did they identify GJA1 disease-causing variants in a cohort of 300 patients with congenital heart disease (Britz-Cunningham et al., 1995; Dasgupta et al., 2001; Huang et al., 2011). However, in a sudden infant death case, a de novo mutation in GJA1 was detected and the patient tissue also demonstrated a mosaic expression of connexin43 (GJA1) (Van Norstrand et al., 2012). To our knowledge, no human cases with a laterality defect and a dominant GJA1 de novo variant have been described in the literature. The novel GJA1 variant we identified (p.Pro334Leu) was located in the UBQLN4 (ubiquilin 4)-binding region. The interaction of GJA1 with this ubiquitin-like and ubiquitin-associated domain-containing protein is important for its homeostasis and function (Su et al., 2010). Putatively, the mutation could influence the GJA1–UBQLN4 interaction.
The variant of unknown significance in ACVR2B we identified in SI-47 represents the only variant we identified in a gene encoding for a nodal signaling pathway component. To date, less than ten cases with ACVR2B dominant variants have been reported (Kosaki et al., 1999; Ma et al., 2012; Li et al., 2019). Among those, the same variant (p.Arg40His) has been identified in four cases. Generally, mutations in ACRV2B seem to represent a rare cause of laterality defects (Ma et al., 2012). As we also identified a VUS in CCDC39 in SI-47, the role of the ACRV2B variant we identified remains unclear.
To date, only few studies investigating cohorts of cases with laterality defects have been published and those have generally exhibited low mutation detection rates (Table 1), including a large study identifying pathogenic variants in just 25/323 cases (Li et al., 2019). Among non-PCD cases, mutations in ZIC3 and NODAL appear to be the most common genetic causes (Li et al., 2019). In our cohort, the rate of detected likely disease-causing variants was somewhat higher (17 of 35 families (49%), potentially reflecting the large proportion of not previously clinically identified PCD cases and a high rate of consanguineous families in our series. The patients in our study were neither selected for the presence of additional symptoms indicating PCD nor tested for motile cilia dysfunction, but still we identified the majority of causative mutations in genes associated with the ciliary motility apparatus. This is in line with previous studies where 42% of congenital heart disease patients with heterotaxy defects that had a genetic cause were found to carry mutations in mucociliary clearance disorder genes (Nakhleh et al., 2012) as well as with a mouse recessive forward genetics screen for congenital heart defects (Li et al., 2015). Furthermore, mutation detection rates are higher among human PCD cases than isolated laterality defect cases (Table 1). Overall, dysfunction of proteins associated with ciliary motility seems to be responsible for the majority of human laterality defects where a monogenetic cause can be identified with the currently used genetic diagnostics methods (Table 1). Confirming previous studies, we find that mutations in genes encoding for dynein motor complex components make up a large proportion of identified genetic variants in genes associated with ciliary motility. None of the cases in our study carrying mutations in genes associated with PCD had previously been diagnosed with PCD underlines the importance of genetics for PCD diagnostics, especially when specialized PCD diagnostics are unavailable locally, as the diagnosis of PCD allows appropriate clinical management which can significantly alter the disease course (Storm van’s Gravesande and Omran, 2005; Davis et al., 2019).
CONCLUSION
Our study provides a comprehensive list of laterality defect candidate genes based on human and animal studies. Future studies are needed to further validate candidate genes in regulating laterality patterning. In light of our findings, motile ciliary genes could be prioritized in laterality defect genetic screening studies. The overall low mutation detection rate in our laterality defect cohort (49%) and previous reports (Table 1) suggests the existence of non-coding monogenetic variants, genetic mosaicism within embryonic tissues or presence of epigenetic or environmental and non-genetic factors playing a significant role(s) in defective left-right patterning.
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Background: The radial spoke head component 4A (RSPH4A) is involved in the assembly of radial spokes, which is essential for motile cilia function. Asthenoteratozoospermia in primary ciliary dyskinesia (PCD) related to RSPH4A variants has not been reported.
Materials and Methods: RSPH4A variants were identified and validated using whole-exome and Sanger sequencing in three unrelated Chinese families. High-speed video microscopy analysis (HSVA) was performed to measure the beating frequency and pattern of nasal cilia of the patients and healthy control. Papanicolaou staining and computer-aided sperm analysis were performed to analyze the morphology and motility of the sperm in patient 1. Immunofluorescence was adopted to confirm the structure deficiency of sperm and nasal cilia.
Results: Patient 1 from family 1 is a 22-year-old unmarried male presented with bronchiectasis. Semen analysis and sperm Papanicolaou staining confirmed asthenoteratozoospermia. Novel compound heterozygous RSPH4A variants c.2T>C, p.(Met1Thr) and c.1774_1775del, p.(Leu592Aspfs*5) were detected in this patient. Patients 2 and 3 are from two unrelated consanguineous families; they are both females and exhibited bronchiectasis and infertility. Two homozygous RSPH4A variants c.2T>C, p.(Met1Thr) and c.351dupT, p.(Pro118Serfs*2) were detected, respectively. HSVA showed that most of the cilia in patients 1 and 3 were with abnormal rotational movement. The absence of RSPH4A and RSPH1 in patient 1’s sperm and patient 3’s respiratory cilia was indicated by immunofluorescence. Patient 2 died of pulmonary infection and respiratory failure at the age of 35 during follow-up.
Conclusion: Dysfunctional sperm flagellum and motile cilia in the respiratory tract and the fallopian tube were found in patients with RSPH4A variants. Our study enriches the genetic spectrum and clinical phenotypes of RSPH4A variants in PCD, and c.2T>C, p.(Met1Thr) detected in our patients may be a hotspot RSPH4A variant in Chinese.
Keywords: primary ciliary dyskinesia, RSPH4A, infertility, asthenoteratozoospermia, MMAF, bronchiectasis
INTRODUCTION
Primary ciliary dyskinesia (PCD) is an autosomal recessive inherited disease, characterized by motile ciliary dysfunction (Mirra et al., 2017). The clinical manifestations of primary ciliary dyskinesia are varied including chronic upper and lower respiratory tract disease, left-right laterality defects, and infertility (Goutaki et al., 2016). Until now, more than 50 PCD-related pathogenic genes have been identified (Wallmeier et al., 2020).
Each radial spoke dimer contains at least 23 proteins and plays roles in controlling the activity of the dynein arm (Yang et al., 2006). As dynein serves as a molecular motor and the radial spoke complex functions as a mechanochemical senor underpinning the flagellar motility, the disruption of these axonemal components can therefore compromise the motility-related signal transmission and cause asthenospermia (Zhang et al., 2021). The radial spoke head component 4A (RSPH4A) is involved in the assembly of radial spokes, which is essential for motile cilia function. The genes belong to the radial spoke complex which is related to PCD including DNAJB13, RSPH1, RSPH9, RSPH3, and RSPH4A (Castleman et al., 2009; Wallmeier et al., 2020). Variants in RSPH1, RSPH3, and RSPH9 genes have been reported to cause male infertility in humans (Reish et al., 2010; Knowles et al., 2014; Jeanson et al., 2015). However, the phenotype of the spermatozoa in patients with RSPH4A variants has not been reported.
In this study, we identified three novel RSPH4A variants in patients. We first demonstrated asthenoteratozoospermia was related to RSPH4A variants and reported two infertile female patients caused by RSPH4A variants.
CASE PRESENTATION
Three patients with RSPH4A variants were presented in our study. Patient 1 was a 22-year-old male from a non-consanguineous family I (Figure 1A). Patient 2 was a 34-year-old female from a consanguineous family II. Patient 3 was a 45-year-old female from a consanguineous family III. They all presented over 10 years of history of chronic cough, daily nasal congestion, and yellowish purulent (Table 1). High-resolution computed tomography (HRCT) showed bronchiectasis in all patients (Figure 1B). The nasal nitric oxide level was markedly reduced both in patient 1 (24.6 nl/min) and patient 2 (6.6 nl/min). Patient 1 was unmarried, but the semen analysis showed asthenoteratozoospermia. Both patients 2 and 3 exhibited infertility. Because of the failure to achieve pregnancy, their husbands had completed the fertility examination, and the semen test results were both reported to be normal. Patient 2 died of pulmonary infection and respiratory failure at 35 years of age during follow-up. Two sisters of patient 3 died when they were 1 year old due to repeated pulmonary infection and respiratory failure. One of the older brothers of patient 3 also presented over 10 years of history of chronic cough, daily nasal congestion, and yellowish purulent and died at 37 years of age for the same reason. All family members had no situs inversus reported.
[image: Figure 1]FIGURE 1 | Pedigrees, variants, and clinical features of these patients. (A) Pedigrees of three families (F1, F2, and F3) with RSPH4A variants and the segregation analysis by Sanger sequencing. The filled symbol represents the affected member, the empty symbol represents unaffected members, and the slashed symbols represent deceased members. Squares, males; circles, females. The patients (patient 1, patient 2, and patient 3) included in this study are indicated by a black arrow. (B) Chest high-resolution computed tomography showed bronchiectasis (red arrows) in these patients.
TABLE 1 | Summary of the clinical features of three patients with PCD.
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Ethical Compliance
This study was approved by the Review Board of the Second Xiangya Hospital of Central South University in China. Written informed consent was obtained from all participants.
DNA Extraction, Whole-Exome Sequencing, and Variant Calling
We collected blood samples from the patients and their family members, which were obtained with informed consent. According to the manufacturer’s instructions, we used the QIAamp DNA Blood Mini Kit (250) (Cat #51106; QIAGEN, Valencia, CA, United States) to extract genomic DNA. As previously described, whole-exome capture and high-throughput sequencing were performed (Guo et al., 2017). Briefly, the genomic DNA of the patient was captured with the Agilent SureSelect Human All Exon V6 Kit (Agilent, CA, United States) and sequenced on Illumina Hiseq 4000 (Illumina Inc., San Diego, United States). After quality control, the sequencing reads were aligned to the NCBI human reference genome (GRCh37/hg19) by the bwa v7.1.0-r789 (RRID: SCR_010910) (Li and Durbin, 2010). GATK4.0.3.0 (RRID: SCR_001876) was used to call variants, and the variants were annotated with ANNOVAR (RRID: SCR_012821) (Wang et al., 2010; Van der Auwera et al., 2013).
Variant Filtering and In Silico Analysis
We filtered single-nucleotide variants (SNVs) and short insertions and deletions (InDels) as follows: 1) we ruled out high-frequency variants (minor allele frequency >0.01) in the 1000 Genomes Project data set (RRID: SCR_008801), NHLBI Exome Sequencing Project Exome Variant Server (RRID: SCR_012761), Genome Aggregation Database (all datasets and East Asian population datasets of gnomAD v2.1.1 RRID: SCR_014964 genome database), and the inhouse database of Novogene. 2) Noncoding and intronic variants were filtered. 3) Synonymous missense variants were excluded. 4) Homozygous or compound heterozygous variants were retained 5) Disease-related variants were identified by a PCD or PCD-candidate gene list collected from the literature (Lei et al., 2022).
Sanger Sequencing
We adopted Sanger sequencing to validate the variants in the patients. An online tool (PrimerQuest, IDT, https://sg.idtdna.com/PrimerQuest) was used to design primers. The primer sequences used for Sanger sequencing are listed in Supplementary Table S1. PCR products were sequenced by using the ABI PRISM 3730 DNA Analyzer (RIDD: SCR_021899) using the BigDye Terminator v3.1 Cycle Sequencing Kit (Cat #4337454; Thermo Scientific).
Semen Analysis and Immunostaining of the Sperm and Cilia
Semen sample was collected via masturbation from patient 1 after 5 days of sexual abstinence. To obtain the sperm smears, we used a saline solution to wash, centrifuge, and smear spermatozoa from patient 1 and the fertile control individual and fixed in 4% paraformaldehyde. We performed semen evaluation with semen parameters, according to the World Health Organization guideline (Cooper et al., 2010). On the basis of Papanicolaou staining, morphological abnormalities of the flagella were classified as absent, short, bent, coiled, or irregular width (Ben Khelifa et al., 2014). The percentages of morphologically normal and abnormal spermatozoa were assessed according to the WHO guidelines (Sánchez-Álvarez et al., 2010). Immunostaining of the slides was performed, as described previously (Dai et al., 2019). Sperm smears were incubated with primary antibodies: RSPH4A (Cat# HPA031196, RRID: AB_10601612; 1:25; Sigma-Aldrich), RSPH1 (Cat# HPA017382, RRID: AB_1858392; 1:25; Sigma-Aldrich), and anti-acetylated tubulin monoclonal antibody (Cat# T7451, RRID: AB_609894; 1:500; Sigma-Aldrich) for 2 h at 37°C. The binding of the antibodies was detected by incubating with Alexa Fluor 488 anti-mouse IgG (Cat# A-21121, RRID: AB_2535764; 1:400; Molecular Probes) and Alexa Fluor 555 anti-rabbit IgG (Cat# A-31572, RRID: AB_162543; 1:500; Molecular Probes) for 1 h at 37°C. Subsequently, the sperm smears were stained with 4’,6-diamidino-2-phenylindole (DAPI) for 5 min. Finally, they were viewed using an Olympus BX53 microscope (Olympus, Tokyo, Japan) and a scientific complementary metal-oxide semiconductor (sCMOS) camera (Prime BSI; Teledyne Photometrics Inc., United States). Nasal brushing samples from patient 3 were suspended in Gibco Medium 199 (12350039; Gibco). We used an anti-acetylated tubulin monoclonal antibody (Cat# T7451, RRID: AB_609894; 1:500; Sigma-Aldrich) to mark the ciliary axoneme, RSPH4A (Cat# HPA031196, RRID: AB_10601612; 1:100; Sigma-Aldrich) and RSPH1 (Cat# HPA017382, RRID: AB_1858392; 1:100; Sigma-Aldrich) to label the radial spoke in the ciliary axoneme and DAPI to label the nuclei. Immunofluorescence was employed to profile the ciliary structure of patients with RSPH4A variants.
High-Speed Microscopy Analysis
Nasal brush biopsy samples from patients 1 and 3 were suspended in Gibco Medium 199 (12350039 Gibco). An Upright Olympus BX53 microscope (Olympus, Tokyo, Japan) with a ×40 objective lens was used to image strips of the ciliated epithelium. We recorded videos by using a scientific complementary metal-oxide semiconductor (sCMOS) camera (Prime BSI; Teledyne Photometrics Inc., United States) at a rate of 500 frames per second (fps) at room temperature and reviewed at 50 fps to perform an analysis of the ciliary beat pattern, as described previously (Lei et al., 2022). Six separate ciliated epithelium strips (five sideway edges and one from above) with mucus-free regions from the subject were analyzed. The ciliary beat frequency was calculated using the validated automated open-source software CiliarMove (Sampaio et al., 2021).
RESULTS
Identification of the RSPH4A Variants
Novel compound heterozygous variants c.2T>C, p.(Met1Thr) and c.1774_1775del, p.(Leu592Aspfs*5), a homozygous stat loss variant c.2T>C, p.(Met1Thr), and a novel frame-shift variant c.351dupT, p.(Pro118Serfs*2) in RSPH4A (NM_001010892.3) were identified in Proband 1, 2, and 3 through whole-exome sequencing. We did not identify these variants in the 1000 Genomes Project data set and NHLBI Exome Sequencing Project Exome Variant Server, gnomAD v2.1.1 database, and the Human Gene Mutation Database. Sanger sequencing validated the variants in this patient (Figure 1A). These variants were classified into pathogenic or likely pathogenic (Table 2), according to the ACMG guidelines.
TABLE 2 | RSPH4A variants identified by exome sequencing for the three families.
[image: Table 2]Motile Cilia Analysis and Immunofluorescence of Nasal Epithelial Cilia
Rotational movement of the cilia was observed in patients 1 and 3 (Figure 2A and Supplementary Videos S1 and S2), while planar beating was observed in the healthy control (Supplementary Video S3). High-speed video microscopy analysis of nasal brush biopsy samples indicated that the nasal epithelial ciliary beat frequency of patients 1 and 3 with RSPH4A variants was not significantly different from the healthy control (Table1). Immunofluorescence of the nasal epithelial ciliary in patient 3 with RSPH4A variants showed both RSPH4A and RSPH1 were absent (Figure 2B).
[image: Figure 2]FIGURE 2 | (A) Ciliary beating patterns of healthy cilia and our patients with RSPH4A variants. (B) Immunofluorescence of nasal ciliated cells revealed the absence of RSPH4A and RSPH1 in patient 3 (red). An anti-acetylated tubulin monoclonal antibody was used to mark the ciliary axoneme (green), and DAPI was used to label the nuclei (blue).
Sperm Morphology and Immunofluorescence Analysis
The abnormalities of sperm morphology were revealed by Papanicolaou staining. Although there were also some spermatozoa with seemingly normal morphology, Papanicolaou staining showed morphological abnormalities in patient 1’s sperm, including absent, bent, coiled, and short flagella, compared with the control individual (Figure 3A). The absent, bent, coiled, and short flagella, respectively, accounted for 11.5, 16.8, 49, and 9.5% in patient 1’s sperm (n = 200; Table 3). We conducted semen analysis according to the WHO guidelines (Table 3) and concluded that the patient had asthenoteratospermia given the abnormal morphology of the sperm (Auger et al., 2016). To confirm abnormalities in the axonemal or peri-axonemal structures of the sperm flagella of patient 1, we performed immunostaining. In patient 1’s spermatozoa, the staining signal of RSPH4A was undetectable compared with the normal control (Figure 3B). Moreover, we also could not detect the staining signal of RSPH1 in the sperm of patient 1 (Figure 3B).
[image: Figure 3]FIGURE 3 | Phenotypic features of the RSPH4A mutant sperm and RSPH4A immunostaining in human spermatozoa. (A) Papanicolaou staining of spermatozoa from patient 1 and a healthy control. (A-I) Normal morphology of spermatozoa from a healthy control male. (A-II) Observed normal length of the sperm from patient 1 with RSPH4A variants. In addition, multiple malformations can be observed, including (A-III) absent, (A-IV) short, (A-V) coiled, (A-VI) bent, and (A-VII) irregular caliber flagella. (B) RSPH4A and RSPH1 are expressed in the whole length of the sperm flagella in the normal control but absent in patient 1.
TABLE 3 | Semen parameters and sperm flagella morphology in patient 1 carrying RSPH4A variants.
[image: Table 3]Summary of Clinical and Functional Phenotypes of Patients With RSPH4A Variants
After a comprehensive literature search, 45 patients with RSPH4A biallelic pathogenic variants were identified (Ziętkiewicz et al., 2012; Daniels et al., 2013; Casey et al., 2015; Frommer et al., 2015; Emiralioğlu et al., 2020; De Jesús-Rojas et al., 2021) (Figure 4, Supplementary Table S2). About half of the 45 patients with RSPH4A variants are Hispanic (21/45), and 15 patients are from consanguineous families. There are 31 females (31/45) and 13 adult patients (≥18 years old, 13/45). Situs inversus is not present in all patients. Only one female patient reported infertility. The nasal nitric oxide production rate was markedly reduced in all 15 patients. A stiff and rotatory beating pattern of HSVA was presented in 11 patients with RSPH4A deficiency. Central apparatus abnormalities or normal ciliary ultrastructure were shown in the TEM analysis of respiratory cilia.
[image: Figure 4]FIGURE 4 | RSPH4A gene and protein structure and the reported disease-causing variants of RSPH4A. Domains and their relative exons were filled using the same colors. Variants in our study were highlighted using red.
DISCUSSION
This study describes one male and two females with PCD that carried biallelic disease-causing variants in the RSPH4A gene. Our cases enrich the variant spectrum and clinical phenotypes of RSPH4A variants in PCD.
According to our summary, no situs inversus was reported in patients with RSPH4A variants, and the nasal nitric oxide level was low. This is consistent with the clinical manifestations of the three patients in our study. In the rsph4a knock-out zebrafish model, there is no situs inversus, which may be related to the “9+0” structure of embryonic nodes without radial spokes, while other motile cilia are of the “9+2” structure (Han et al., 2018). Among the spoke head-related genes, variants of RSPH4A lead to the most severe phenotype on the cilia ultrastructure in the PCD patients (Daniels et al., 2013; Knowles et al., 2014). The absence of RSPH4A results in the deficient axonemal assembly of radial spoke head components RSPH1 and RSPH9 (Frommer et al., 2015). Therefore, it is probable that patients with RSPH4A variants presented the most serious clinical manifestations among the patients with radial spoke family deficiency. As previously reported, a male patient with the RSPH4A variant died at the age of 27 because of respiratory failure caused by pulmonary infection (Bian et al., 2021). In this study, patient 2 also died at the age of 35 because of respiratory failure.
The nasal cilia HSVA of patients with RSPH4A variants presented a reduced amplitude and rotatory beating pattern. The HSVA of motile cilia in the airway of the Rsph4a knock-out mouse presented rotational movement, which may be caused by the deficiency of radial spokes (Shinohara et al., 2015). The HSVA of our patients 1 and 3 showed rotational movement, and the nasal epithelial ciliary beat frequency was in the normal range. Among previously reported patients, the transmission electron microscope examination of respiratory cilia presented with central apparatus abnormalities and a normal structure. However, because of the COVID-19 epidemic situation, these patients are not able to finish the transmission electron microscope examination. According to European Respiratory Society guidelines (Lucas et al., 2017), we confirmed the diagnosis of PCD by the detection of biallelic variants or a low nasal nitric oxide level combined with the characteristic HSVA presentation of the nasal cilia.
One splicing variant, seven missense variants, two frame-shift variants, and two nonsense variants have been reported (Supplementary Table S2). The most reported variant was c.921+3_921+6del from the Hispanic family, which has been reported in 17 patients. There were two reported RSPH4A variants from the Chinese family including c.730+1G>A and c.1454C>G. In our study, three novel variants were identified. Two patients from two unrelated families carried the same variant c.2T>C, which may be the hotspot variant in Chinese patients with RSPH4A variants.
Infertility is defined as the failure to achieve pregnancy after 12 months of regular unprotected sexual intercourse (Carson and Kallen, 2021). PCD is a rare inherited disease in which genetic variants impair motile cilia function (Afzelius, 1976). Female and male infertility can be caused by defects in the cilia in the fallopian tubes or in sperm flagella, respectively (Wallmeier et al., 2020). The central apparatus and radial spokes play roles in mechano-chemical sensors to control motility in 9+2 cilia and flagella (Smith and Yang, 2004). The RPSH4A gene belongs to the radial spoke family. Therefore, it is persuasive to assume that male patients with RSPH4A variants present infertility such as RSPH1, RSPH3, and RSPH9 (Castleman et al., 2009; Reish et al., 2010; Knowles et al., 2014).
According to a previous report, three male patients with RSPH4A variants were likely to be fertile (Vanaken, 2017). But there was no detailed clinical information, variant descriptions, and phenotype of motile cilia of those patients, and it is still unclear about the fertility status of the male patients with RSPH4A variants. Patient 1 in this study presented asthenozoospermia which is one of the main factors contributing to male infertility (Shahrokhi et al., 2020). Male infertility caused by the RSPH1 or RSPH9 variant has been clarified (Reish et al., 2010; Knowles et al., 2014). The absence of RSPH4A due to variants in RSPH4A results in deficient axonemal assembly of radial spoke head components RSPH1 and RSPH9 (Frommer et al., 2015). Therefore, we have reason to assume that RSPH4A variants cause male infertility. Moreover, in a previous report, the sperm of a 21-year-old male with the RSPH4A variant was immotile (Bian et al., 2021). According to the semen analysis and sperm morphology, it is probable that the RSPH4A variants cause male infertility.
As previously reported, two female patients with RSPH4A variants presented infertility, which is consistent with the two female patients in our study. In a previous study, in the Rsph4a knock-out mice, the oviduct cilia showed two types of abnormal motion patterns: anti-clockwise rotation and beating with small amplitude, which may cause the failure of oocyte pickup (Yuan et al., 2021) and led to female mouse infertility (Yoke et al., 2020). The reason that female patients with RSPH4A variants presented infertility is probably because of the change in the beating pattern of the oviduct cilia. However, because of the difficulty to obtain the clinical sample, we cannot confirm the beating pattern of oviduct cilia in our patients.
In conclusion, our study reported three novel RSPH4A variants and first demonstrated asthenoteratozoospermia related to RSPH4A variants, which revealed the relationship between RSPH4A variants and male infertility. Moreover, we also described the detailed information of two infertile female patients with RSPH4A variants. Our study enriches the genetic spectrum and clinical phenotypes of RSPH4A variants in PCD and provides more evidence for future genetic counseling and gene-targeted therapy for this disease.
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Cilia are quasi-ubiquitous microtubule-based sensory organelles, which play vital roles in signal transduction during development and cell homeostasis. Dysfunction of cilia leads to a group of Mendelian disorders called ciliopathies, divided into different diagnoses according to clinical phenotype constellation and genetic causes. Joubert syndrome (JBTS) is a prototypical ciliopathy defined by a diagnostic cerebellar and brain stem malformation termed the “Molar Tooth Sign” (MTS), in addition to which patients display variable combinations of typical ciliopathy phenotypes such as retinal dystrophy, fibrocystic renal disease, polydactyly or skeletal dystrophy. Like most ciliopathies, JBTS is genetically highly heterogeneous with ∼40 associated genes. Zebrafish are widely used to model ciliopathies given the high conservation of ciliary genes and the variety of specialized cilia types similar to humans. In this review, we compare different existing JBTS zebrafish models with each other and describe their contributions to our understanding of JBTS pathomechanism. We find that retinal dystrophy, which is the most investigated ciliopathy phenotype in zebrafish ciliopathy models, is caused by distinct mechanisms according to the affected gene. Beyond this, differences in phenotypes in other organs observed between different JBTS-mutant models suggest tissue-specific roles for proteins implicated in JBTS. Unfortunately, the lack of systematic assessment of ciliopathy phenotypes in the mutants described in the literature currently limits the conclusions that can be drawn from these comparisons. In the future, the numerous existing JBTS zebrafish models represent a valuable resource that can be leveraged in order to gain further insights into ciliary function, pathomechanisms underlying ciliopathy phenotypes and to develop treatment strategies using small molecules.
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INTRODUCTION
Ciliopathies are a group of human Mendelian disorders caused by dysfunction of primary cilia. Cilia are evolutionarily conserved hair-like organelles that protrude from virtually every vertebrate cell. The basic structure of a primary cilium consists of nine microtubule doublets (A- and B-tubules) arranged in a circular array. This microtubule scaffold is ensheathed by a membrane harboring specific components important for signal transduction (Emmer et al., 2010; Rohatgi and Snell, 2010), which is the main function of this organelle. Primary cilia are structurally divided into three compartments: 1) The basal body (BB) is derived from the centriole apparatus and is the starting point of cilium formation (Keeling et al., 2016). 2) The transition zone (TZ) is apical to the basal body and has a gatekeeper function for the cilium, controlling entry and exit of ciliary proteins (Szymanska and Johnson, 2012). 3) The axoneme protrudes from the basal body and defines the shape of the primary cilium (Singla and Reiter, 2006; Goetz and Anderson, 2010).
While the main role of primary cilia is signal transduction, these organelles have adopted diverse tissue-specific biological functions. Sensory signals for example are perceived in specialized cilia: In the retina, the outer segment of photoreceptors is a highly modified cilium which is required for light sensation (Kennedy and Malicki, 2009; Bachmann-Gagescu and Neuhauss, 2019), while olfaction is transduced by primary cilia on olfactory neurons (Singla and Reiter, 2006). Beyond such specialized sensory signals, primary cilia are equally important for sensing the environment and for transducing signals for crucial developmental pathways such as Hedgehog (Hh) signaling (Ishikawa and Marshall, 2011). Components of this pathway, which control key aspects of development such as patterning of the central nervous system (CNS) or limb buds, proliferation and differentiation of multiple cell types, localize to the cilium in a Hh-ligand dependent manner (Bangs and Anderson, 2017). Other developmental signaling pathways such as Wnt are also associated with primary cilia function, whereby the precise link is less well defined than for Hh signaling (Wheway et al., 2018).
To ensure their signaling function, primary cilia exert a tight control on the protein and lipid composition of their membrane, in order to concentrate receptors and channels required to perceive and regulate external stimuli. Since primary cilia lack protein translation machinery, all ciliary components need to be transported from the cytosol into the primary cilium, which is achieved through a combination of controlled vesicle trafficking and the conserved intraflagellar transport (IFT) system (Nachury et al., 2010).
In contrast to the single primary non-motile cilium present on most cells, motile cilia are usually present in multiple copies on one cell and beat in a synchronized manner to generate directed fluid flow. In humans, motile cilia are found only on a few specialized cell types such as the ependymal cells lining the ventricular surface in the brain, epithelial cells in the airways and in the reproductive tract (Goetz and Anderson, 2010). Different to primary cilia, motile cilia have an additional central microtubule pair, as well as dynein arms on the A-tubule to enable movement (Mitchell, 2007; Yamaguchi et al., 2018). Intermediates between primary and motile cilia are the motile cilia on cells of the embryonic node, important for left/right organization, which are single on a given cell and which lack the central microtubule pair (Babu and Roy, 2013).
Dysfunction of cilia leads to a group of disorders called ciliopathies. Dysfunction of cilium motility causes primary ciliary dyskinesia (PCD), which affects only organs where motile cilia are present, leading to recurrent respiratory infections, laterality defects and infertility. The larger group of “primary ciliopathies” includes disorders which can affect almost every organ system (Mitchison and Valente, 2017). Typical phenotypes include CNS malformations or dysfunction, retinal degeneration, liver fibrosis, fibrocystic kidney disease, hearing loss, anosmia, obesity, polydactyly and skeletal dysplasia. The precise clinical diagnosis, which depends on the constellation of phenotypes occurring in a given patient (Badano et al., 2006; Hildebrandt et al., 2011; Waters and Beales, 2011), can be challenging to establish given the important genetic and phenotypic overlap between individual disorders and the prominent phenotypic variability between individuals.
Ciliopathies are genetically heterogeneous disorders, typically inherited in a recessive manner, where bi-allelic mutations in one of many different genes can cause each disorder (Tobin and Beales, 2009). On the other hand, many ciliary genes can cause more than one ciliopathy disorder when mutated. Given this high genetic heterogeneity and the prominent phenotypic variability, it remains very challenging to predict the clinical outcome for a given individual and only very few genotype-phenotype correlations have been established in patients with ciliopathies (Mougou-Zerelli et al., 2009; Bachmann-Gagescu et al., 2015a), underscoring our still limited understanding of the mechanisms leading from mutations in ciliary genes to human disease phenotypes.
Joubert syndrome (JBTS) is a prototypical ciliopathy defined by a pathognomonic cerebellar and brainstem malformation called the “Molar Tooth Sign” (MTS), which is visible on axial brain magnetic resonance imaging (MRI). Clinically, the disorder is characterized by cerebellar ataxia, hypotonia, abnormal eye movements, and respiratory rhythm regulation disturbance (Romani et al., 2013). About 60% of JBTS patients display additional extra-CNS phenotypes such as retinal degeneration, kidney cysts, coloboma, polydactyly, liver fibrosis or encephalocele with high variability (Bachmann-Gagescu et al., 2015a). To date, 39 JBTS-associated genes, whose protein products localize to various compartments of the primary cilium, have been identified and are summarized in Table 1 and Figure 1 (Parisi, 2019; Bachmann-Gagescu et al., 2020). Mutations in several of these genes can also cause the more severe Meckel syndrome, which is characterized by encephalocele, polydactyly, cystic kidneys, hepatic fibrosis and other malformations, generally leading to fetal lethality (Hartill et al., 2017). In fact, based on the high degree of allelism, the two disorders are thought to represent extremes of the same disease spectrum.
TABLE 1 | Phenotypes of JBTS zebrafish morphant (MO) and mutant models.
[image: Table 1][image: Figure 1]FIGURE 1 | Schematic of a primary cilium showing the localization of JBTS proteins. Underlined proteins have at least one zebrafish mutant model available. While in this schematic only the main localization for each protein is indicated, it has been shown that many of these proteins can localize to several distinct ciliary subcompartments, which could be explained by dynamic localization and/or tissue-specific functions. In the ciliary shaft, IFT172 is part of the IFT-B complex, whereas ARL13B and INPP5E associate with the ciliary membrane. The subciliary localization of FAM149B1 is not known. BB: basal body; TZ: transition zone.
Many JBTS proteins collaborate in multiprotein complexes at the ciliary transition zone (Garcia-Gonzalo et al., 2011; Sang et al., 2011; Williams et al., 2011), and JBTS has been proposed to be caused specifically by transition zone dysfunction (Shi et al., 2017). However many of the more recently identified JBTS-associated genes encode proteins that don’t localize to the transition zone but to other ciliary subcompartments, with normal transition zone integrity (Kobayashi et al., 2014; Schwarz et al., 2017; Van De Weghe et al., 2017; Latour et al., 2020) (Figure 1). Thus, it remains elusive what distinguishes JBTS from other ciliopathies. Moreover, despite progress in understanding the function of primary cilia, the pathomechanism underlying ciliopathies remains partly unsolved. Given the well-established link between primary cilia and Hh signaling, aberrant regulation of this pathway is a likely mechanism explaining certain phenotypes such as polydactyly, skeletal abnormalities or craniofacial phenotypes. In contrast, the retinal phenotypes are unlikely to be explained by aberrant Hh signaling regulation and the cause for the CNS, kidney or liver phenotypes remains controversial, with multiple lines of evidence pointing towards a variety of pathomechanisms. Generating robust and well-characterized models for ciliopathies and JBTS therefore remains crucial, in order to elucidate the link leading from mutations in ciliary genes to the various ciliopathy-associated phenotypes.
ZEBRAFISH AS A MODEL ORGANISM FOR CILIOPATHIES AND JOUBERT SYNDROME
In the past two decades, the zebrafish (Danio rerio) has become a popular model to study human disease and gene function due to its practical advantages, including large numbers of externally developing transparent embryos. Rapid development leads to free swimming and behaving larvae with fully functioning organ systems within 5 days post fertilization (dpf). Transparency of embryos allows for unique imaging conditions, including in live animals, and the available genetic toolbox allows for efficient generation of transgenic and mutant lines (Kawakami, 2007; Santoriello and Zon, 2012; Howe et al., 2013). The zebrafish genome has a size of ∼1,412 gigabases (Gb) distributed among 25 chromosomes with 26,206 protein-coding genes (Howe et al., 2013). About 71% of the ∼20,500 human protein-coding genes have orthologues in the zebrafish genome, with 82% of human disease genes having a zebrafish orthologue (Howe et al., 2013). The higher number of genes in zebrafish compared to humans is explained by the teleost-specific whole genome duplication event that occurred about 320–350 million years ago (Glasauer and Neuhauss, 2014). While some of the resulting zebrafish paralogues were maintained, many duplicated genes were lost shortly after the duplication event (Sassen and Köster, 2015). Interestingly, genes that are involved in neuronal function often retained both paralogues (Glasauer and Neuhauss, 2014). In contrast, ciliary genes tend to not have more than one zebrafish orthologue. Specifically, of 39 JBTS-associated genes, only three (TMEM237, CSPP1 and ARL3) have two paralogues in zebrafish (Table 1). All JBTS-genes apart from CPLANE1, TCTN3, HYLS1 and TOGARAM1 have an annotated zebrafish orthologue in the current genome assembly (GRCz11). However, this genome annotation remains incomplete to date and it is possible that zebrafish orthologues for these genes do exist. In fact, the zebrafish togaram1 gene for instance was present in earlier annotations and has vanished in the most recent genome annotation. However, we have cloned this gene from zebrafish larvae and shown by synteny analysis that it is the true orthologue of human TOGARAM1. On average, JBTS zebrafish orthologues show a similarity of 71% and an identity of 57% (Table 1) with the human proteins, making the zebrafish an excellent model system to study Joubert syndrome (Howe et al., 2013).
One strength of the zebrafish as a model for human ciliopathies (including JBTS) is the variety of specialized cilia types present in this animal, similar to the human situation. Indeed, various types of cilia are found on virtually all zebrafish cells, including among others cells lining the Kupffer’s vesicle (equivalent of the embryonic node), neuroephithelial cells in the developing brain and those lining the brain ventricles and the central canal, cells of the olfactory placode, in the otic placode and later in the ear, neuromasts from the lateral line organ (sensing fluid flow), epithelial cells in kidney tubules or photoreceptors in the retina (Figure 2). In both human and zebrafish retinal photoreceptors, primary cilia have become highly specialized, forming what are called “outer segments” to perceive incoming light signals (Kennedy and Malicki, 2009; Bachmann-Gagescu and Neuhauss, 2019). These outer segments are composed of multiple stacks of membrane disks or folds, arranged around a typical microtubule-based axoneme. The transition zone is called connecting cilium in photoreceptors and links the large outer segment ciliary compartment to the inner segment, which is part of the cell body of the photoreceptor. This arrangement is perfectly conserved between zebrafish and humans. However, the distinction between primary immotile and motile cilia is somewhat blurred in the zebrafish compared to human in other organ systems, since some cilia which are immotile in humans (such as those present on renal tubular cells) are single but motile in the corresponding cell type in zebrafish larvae (Kramer-Zucker et al., 2005). The olfactory placode of zebrafish larvae contains both motile cilia on the periphery and immotile cilia in the center (Reiten et al., 2017). Likewise, the Kupffer’s vesicle contains a mix of motile and immotile cilia. The cilia most frequently analyzed in currently existing ciliopathy models are those present on cells lining the brain ventricles, the olfactory placode, the kidney tubules, the central canal, the ear and the Kupffer’s vesicle, which are single but mostly motile cilia. In fact, variation between cilia in different tissues has been little analyzed so far in the zebrafish. Typically used ciliary markers for which reliable antibodies exist in this model system are anti-Arl13b [zebrafish-specific antibody generated by Z. Sun (Duldulao et al., 2009)] and anti-acetylated tubulin (commercially available). When staining a range of primary and motile cilia in various zebrafish larval tissues, important variations of the relative intensities of these two signals are observed (Figure 2). A comprehensive analysis of tissue-specific differences in Arl13b, acetylated tubulin, polyglutamylated tubulin and other available ciliary markers remains to be performed.
[image: Figure 2]FIGURE 2 | Various types of motile and immotile cilia in zebrafish show distinct acetylated tubulin or Arl13b signal patterns. (A,B) Cilia in the pronephros are all motile, but multiple (A) or single (B) on tubular cells in the different portions of the nephron. (C) Long strongly acetylated α-tubulin positive motile kidney cilia (C’) and shorter primary somite cilia (C’’) with weaker acetylated α-tubulin signal. (D) Primary cilia on the finfold with very weak Arl13b signal. (E) Short primary neuronal cilia without visible acetylated α-tubulin signal (at least with these imaging settings) (E’) and longer motile midbrain cilia strongly positive for acetylated α-tubulin at the same imaging conditions (E’’). (F) Short primary cilia in the central canal (F’) with weak acetylated α-tubulin signal and longer acetylated α-tubulin positive motile floor plate cilia (F’’). (G) Immotile neuromast sensory cilia. (H) Long motile cilia at the border of the olfactory placode and shorter Arl13b-poor primary cilia in the center. Dotted lines mark the olfactory placode for orientation. (I) The outer segment of retinal photoreceptors (marked in magenta with bodipy) is a highly modified primary cilium; note the presence of the axoneme on the side of the outer segment, marked in green by acetylated α-tubulin. (J) Schematic overview of a zebrafish larva showing localization of the various cilia types. All images [except (I)] are whole mount immunofluorescence using anti-acetylated α-tubulin (green), anti-Arl13b (magenta) and anti-γ-tubulin (cyan), imaged using a spinning disk microscope at the following stages: 24 hpf (A–C,F) and 3 dpf (D–H). Lateral views in (A–D,F,G); dorsal view in (E,H). (I) Immunofluorescence on a retinal cryosection at 10 dpf with anti-acetylated α-tubulin (green), bodipy (magenta) and DAPI (cyan) imaged by confocal microscopy. Scale bars are 5 μm in the overview pictures and 1 μm in the insets.
Beyond the high conservation of ciliary genes between zebrafish and human and the variety of cilia types, the strong morphological conservation between tissues and/or functional conservation of various organs validate the use of this model system to study human ciliopathies. This conservation is particularly well illustrated in the retina, which has very similar tissular morphology and displays similar cell types, including rod and cone photoreceptors (Bibliowicz et al., 2011; Angueyra and Kindt, 2018), as in humans. The larval zebrafish pronephros represents a simplified version of the human nephron, the functional unit of a human kidney: the larval pronephros is formed by a single fused glomerulus with two symmetrical tubule systems converging in the cloaca and displays the same cell types in its glomerulus and the same specific segments in its tubular system as in human nephrons (Wingert and Davidson, 2008; Morales and Wingert, 2017). Being a vertebrate, the zebrafish is also an excellent model for scoliosis and other spinal anomalies (Boswell and Ciruna, 2017). Consequently, zebrafish harboring mutations in ciliopathy genes display typical ciliopathy phenotypes such as cystic kidneys or retinal dystrophy and degeneration, often accompanied by spinal curvature (Figures 3, 4). A further advantage of the zebrafish system is the possibility to perform functional assays at the organismal level to quantify the function of various organs. For example, electroretinograms or the oculo-kinetic response (OKR) are well-established assays to evaluate the visual function of zebrafish (Fleisch and Neuhauss, 2006).
[image: Figure 3]FIGURE 3 | Examples of typical ciliopathy phenotypes in various zebrafish JBTS mutants. (A,B) 5 dpf old wildtype larva with straight body (A). Curved body shape and kidney cysts (black arrow) in cc2d2a−/− (B). (C,D) Transgenic tg(wt1b:GFP) line highlighting the pronephros of 3 dpf wildtype (C) and togaram1−/− (D) larvae showing an enlargement of the proximal tubules close to the glomerular region (=kidney cysts) marked by asterisks in the mutant. Dorsal view, rostral to the top. (E,F) Adult wildtype zebrafish (E) with a straight body axis compared to scoliosis in togaram1−/− (F). (G,H) Whole mount immunohistochemistry of forebrain ventricular cilia in 3 dpf old wildtype (G) and togaram1−/− (H) larvae showing shorter and fewer cilia in mutants with decreased acetylation (green, acetylated α-tubulin). Dotted lines mark the border of the ventricular space for orientation. Note that green signal outside of the ventricle stems from axons which are rich in acetylated α-tubulin. (I,J) Scanning electron microscopy (SEM) image of the olfactory placode cilia in 5 dpf old wildtype (I) and armc9−/− (J) larvae showing almost absent cilia in the olfactory placode of the mutant. (K,L) Immunohistochemistry of kidney cilia in 3 dpf old wildtype (K) and togaram1−/− (L) larvae showing shorter cilia in mutants. Dotted lines mark border of the pronephric tubule for orientation (lateral view with rostral to the left). (M,N) Immunohistochemistry on cryosections of 5 dpf wt (M) and cc2d2a−/− (N) larvae showing normal retinal lamination but shortened and dysmorphic outer segments (marked by bodipy in magenta) and mislocalization of opsins to the photoreceptor cell body (4D2 antibody in green, arrows) in mutants. Scale bars are 500 μm (A,B), 50 μm (C,D), 5 mm (E,F), 10 μm (G–J) and 5 μm (K–N).
[image: Figure 4]FIGURE 4 | JBTS phenotypes in humans and zebrafish. The most common JBTS phenotypes seen in humans have analogous phenotypes in zebrafish, although these are sometimes caused by motile cilia dysfunction rather than defects in primary cilia. Blue lines: immotile/primary cilia, red lines: motile cilia, gray lines with question mark (?): not clear yet whether zebrafish JBTS models display a phenotype in these organs (and which types of cilia would be involved).
The genetic toolbox available in zebrafish to model human disorders, in this case ciliopathies, includes efficient mutagenesis and transgenesis (Kawakami, 2007; Sassen and Köster, 2015). Currently available zebrafish models for ciliopathies (including JBTS) were identified either in forward genetic screens (e.g., cc2d2aw38 and arl13bhi459) or, more recently, were generated using reverse genetics approaches. The latter include TILLING (e.g., cep290fh297), where a DNA library from ENU-mutagenized male zebrafish is screened for mutations in genes of interest (Moens et al., 2008), or directed mutagenesis of the gene of interest using Zinc-finger (kif7i271/i272 and talpid3i262/i263/i264), TALEN (ahi1iri46, cep290fh378 and tmem67e3) or most recently CRISPR-Cas mediated nucleases (e.g., armc9zh505, togaram1zh510 and kif7mw406) (Urnov et al., 2010; Huang P. et al., 2011; Zhang et al., 2014). The efficiency of CRISPR mutagenesis is such that phenotypes are often already observed in the F0 injected fish, which are mosaic for various induced mutations (and unmutated cells) (Shah et al., 2015). In parallel to knocking out genes of interest at the genomic level, a commonly used technique in the zebrafish is the transient oligonucleotide-based knockdown using morpholinos (MOs). The advantage of MOs lies in their rapid application as the phenotypes can be studied directly in the injected embryo (Nasevicius and Ekker, 2000). This represents an important advantage over generating stable mutants given the long (3-month) generation time for zebrafish. A further advantage of using MOs is that they avoid the potential problem of phenotypic rescue through maternally deposited mRNA in the egg (Abrams and Mullins, 2009). This can be circumvented in mutants by generating maternal zygotic mutants (offspring of a homozygous mutant mother) which is however a time-consuming endeavor. In addition, the level of gene knockdown can be titrated using morpholinos, which can represent another advantage in case complete loss-of-function is lethal, for example. On the other hand, the limitation of using MOs lies in the frequent off-target effects, which need to be carefully controlled for, and in the limited duration of the knockdown effect, making it impossible to study adult phenotypes (Stainier et al., 2017). Transgenesis approaches, in which a fluorophore-tag is added to a protein of interest such as the ciliary protein Arl13b or the centrosomal protein Centrin, allow visualization of cilia or centrosomes (Borovina et al., 2010; Malicki et al., 2011).
The ubiquitous presence of specialized cilia on a variety of zebrafish cells, together with the strong conservation of organs and genes between human and zebrafish, and the technical toolbox available make the zebrafish a powerful model to study ciliopathies such as JBTS. Here, we review the various zebrafish models for JBTS published to date, comparing morphants with mutants for the same genes, as well as different mutants in various JBTS genes with each other, in an attempt to identify commonalities and discrepancies. By summarizing the insights gained from zebrafish models, we hope to reach a deeper understanding of the function of JBTS genes in ciliary biology and of the pathomechanism underlying this disorder.
COMPARISON BETWEEN ZEBRAFISH MODELS FOR JOUBERT SYNDROME
Currently, 39 genes have been identified to cause JBTS when mutated (Table 1), of which 29 (74%) have at least one zebrafish model available (morphant or mutant model). For 16 genes (41%), a stable mutant model has been published (Figure 1), with several alleles generated for eight of these: ahi1, armc9, cc2d2a, cep290, kif7, kiaa0586/talpid3, tmem216 and togaram1 (Table 1). Since identification of JBTS-causing genes and subsequent generation of zebrafish models occurred in parallel to the evolution of genome editing tools, this explains the broad variety of methods used to generate zebrafish models: ENU (n = 3), TILLING (n = 1), retroviral insertion (n = 1), ZFN (n = 2), TALEN (n = 3), CRISPR (n = 11), MO (n = 24) (Table 1). MOs have been used most commonly to generate JBTS zebrafish models given the advantages explained above (ease of use and short time to results). On the other hand, the CRISPR/Cas9 system has been used most frequently for permanent genome editing, despite the fact that it is the most recent technique, underscoring its efficiency to generate stable zebrafish mutant lines.
Phenotypes Observed in Zebrafish Morphant and/or Mutant Models of Joubert Syndrome
We first sought to compare MO models to the corresponding mutant models for the same genes, in order to investigate consistency and potential discrepancies of occurring phenotypes (Robu et al., 2007; Eisen and Smith, 2008). We found nine JBTS-causing genes that have both a MO and a mutant model with sufficient phenotypic characterization (Table 1; Supplementary Table S1). In general, MO models tend to exhibit more phenotypes than their corresponding mutant models (Figure 5). In particular, phenotypes such as laterality defects, hydrocephalus, otolith defects, small eyes, conversion-extension (CE) defects or Kupffer’s vesicle (KV) cilia defects were described only in MO zebrafish models but not in mutant JBTS models (Figures 5A,B). Such phenotypes may represent off-target toxicity effects and may not be specific to downregulation of the targeted gene. Alternatively, the additional phenotypes seen only in morphants could be explained by compensation mechanisms occurring only in mutants (Rossi et al., 2015; El-Brolosy et al., 2019; Cardenas-Rodriguez et al., 2021) and/or by rescue of the phenotype in zygotic mutants through presence of maternally deposited mRNA and/or protein in the egg. However, for a small number of mutants, maternal zygotic mutants were generated and these still did not present with CE defects, laterality defects, smaller eyes or hydrocephalus (e.g., cc2d2a, kif7, talpid3 and cep290). Unfortunately, control experiments are lacking for a number of morphants, such that non-specific off-target toxicity defects cannot be ruled out. On the other hand, some phenotypes including retinal defects, kidney cysts or body curvature are present in both MO and mutant models, supporting specificity of these phenotypes caused by ciliary dysfunction (Figure 5). However, a lack of systematic description of all possible phenotypic features in most models somewhat limits the comparison between MO and mutant models.
[image: Figure 5]FIGURE 5 | Phenotypic comparison between JBTS zebrafish models. (A,B) Comparison of morphant and mutant models for nine different JBTS genes (ahi1, arl13b, cep290, ift172, inpp5e, kif7, rpgrip1l, tmem67 and tmem216) where sufficient phenotypic information was available: Histogram plot illustrating the number of models displaying a given organ phenotype (A) or a given ciliary defect (B). Red: MO models, blue: mutant models. Note how some phenotypes such as laterality defects, hydrocephalus or convergence-extension defects are often described in morphant models but not in mutant models. (C) Comparison of mutant zebrafish models for 13 JBTS genes with sufficient phenotypic information [as indicated in Table 1; the 13 mutant lines analyzed here include the nine lines analyzed in (A,B) plus armc9, cc2d2a, talpid3 and togaram1, for which no morphant phenotype has been described]. Pie chart plots showing the proportion of mutant models displaying each of the four most common ciliopathy phenotypes seen in zebrafish (body curvature, kidney cysts, retinal dystrophy and adult scoliosis). YES: model has the phenotype, NO: model does not have the phenotype, NA: not available/not described. Note that some mutants are included in both sets of comparisons in (A) and (B) (Table 1). CC: central canal; CE: conversion-extension; KV: Kupffer’s vesicle; MO: morphant; OS: outer segment.
Comparison Between Zebrafish Mutants in Joubert Syndrome Genes
Focusing only on stable mutant lines described, we next compared the phenotypes present in the various JBTS mutants with each other. Since all these genes cause the same human disorder, we were expecting to find similar zebrafish phenotypes between the different mutants. Unfortunately, in most cases, a systematic analysis of all possible cilia-related phenotypes is lacking for the described JBTS zebrafish models (Table 1; Supplementary Table S1), which somewhat limits this analysis. Indeed, often only a specific phenotype of interest was investigated and described. Phenotypic characterization was mostly conducted on zygotic mutant zebrafish since adult zebrafish harboring mutations in JBTS-genes often exhibit reduced viability, scoliosis and reduced fertility (Mytlis et al., 2022), making the generation of maternal zygotic mutants via natural matings challenging (requires in vitro fertilization and/or generation of germline mosaic fish) (Ben et al., 2011).
We identified a total of 13 mutant zebrafish models with sufficient phenotypic characterization to be included in the following analysis (Table 1; Figure 5; Supplementary Table S1). For several genes, more than one stable mutant line has been generated using various genome editing tools. While in most cases the different alleles for a JBTS given gene were indistinguishable from each other, distinct phenotypes were occasionally described. For example, for cep290, the fh297 allele exceptionally displays pronephric cysts while these are not observed in the fh378 and fb208 alleles, and for kif7, i271/i272 mutants do not display scoliosis as adults, while co63 mutants do. Phenotypes seen most commonly in zebrafish JBTS mutants included larval body curvature, kidney cysts, retinal defects and scoliosis in adults (Figure 5). Notably, retinal and renal defects are also most common in individuals with JBTS in addition to the characteristic CNS malformation (Romani et al., 2013; Bachmann-Gagescu et al., 2015a). A cerebellar defect has been described in a single JBTS zebrafish model so far, namely for arl13b (Zhu et al., 2019). This work found that in arl13b morphant (and mutant) larvae, the number of cerebellar granule cells was reduced and the development of Purkinje cells was also affected, anomalies that were linked to defective WNT signaling. Of note, the described central nervous system phenotypes were relatively mild compared to the anomalies found in mouse models for Arl13b (Higginbotham et al., 2012; Suciu et al., 2021) or in human patients harboring ARL13B mutations (Cantagrel et al., 2008; Thomas et al., 2015). No other studies have described cerebellar anomalies in zebrafish JBTS models yet, whereby it remains unclear how thoroughly the central nervous system has been analyzed in the published zebrafish JBTS models to date. Morphological anomalies of cilia described most commonly in JBTS zebrafish models included shortened/lack of renal cilia and defective outer segments (OSs) (Supplementary Table S1).
DISCUSSION: INSIGHTS INTO CILIARY FUNCTION AND JOUBERT SYNDROME PATHOMECHANISMS GAINED FROM ZEBRAFISH MODELS
One puzzling question in JBTS disease mechanism is how dysfunction of so many genes, whose protein products localize to different subcompartments of the primary cilium, results in the same disorder characterized by a pathognomonic hallmark, the distinctive “Molar Tooth Sign” (MTS). Given the large number of other non-JBTS associated ciliopathy genes, another way of putting this question is to ask what sets JBTS-associated genes apart from other ciliary genes. On the other hand, despite the unifying brain malformation of JBTS, the prominent phenotypic variability among individuals with JBTS, in particular with respect to associated non-CNS phenoytpes, suggests distinct roles in ciliary biology, possibly explained by the specific subciliary localization of the proteins, and/or by tissue-specific functions for different JBTS-genes. By comparing the phenotypes of the different zebrafish mutants for JBTS we aimed at identifying commonalities and differences between JBTS genes.
Given the strong conservation of the retina between human and zebrafish and the almost constant retinal involvement in zebrafish ciliopathy mutants, most data are available on this organ system, with thoroughly studied mutants for cc2d2a, talpid3, ift172 and ahi1. Interestingly, even though these four mutants all display some degree of retinal dystrophy, which in patients would be considered as “the same phenotype,” the underlying mechanism appears to be radically different. In the case of the cc2d2aw38 mutant, the retinal dystrophy is caused by deficient fusion of incoming opsin-carrier vesicles at the ciliary base, leading to massive accumulation of vesiculo-tubular structures in the inner segment of photoreceptors and dysmorphic outer segments. The proposed model suggests that Cc2d2a, localizing at the connecting cilium (the equivalent of the transition zone in photoreceptors), plays a dual role in the last steps of Rab8-controlled opsin carrier vesicle trafficking (Bachmann-Gagescu et al., 2011; Ojeda Naharros et al., 2017): On the one hand, the vesicle fusion machinery at the periciliary membrane, including SNAREs SNAP25 and Syntaxin3, is disorganized in the absence of Cc2d2a; on the other hand, Cc2d2a provides a docking point for incoming vesicles through a chain of interactions involving Cc2d2a-Ninl-Mical3-Rab8 (Bachmann-Gagescu et al., 2015b). The centrosomal protein Ninl also binds to the cytoplasmic dynein motors that move vesicles along microtubules towards the ciliary base. In contrast to Cc2d2a, Talpid3 deficiency causes retinal dystrophy through a radically different mechanism. talpid3i262-264 zebrafish mutants demonstrate retinal degeneration with photoreceptors entirely lacking outer segments, which is secondary to defects in basal body positioning and docking at the apical cell surface (Ojeda Naharros et al., 2018). The very first step of ciliogenesis, which involves Rab8-dependent fusion of the ciliary vesicle onto the mother centriole, appears to be disrupted by loss of Talpid3. Interestingly, the deficient outer segment formation in talpid3 mutant zebrafish could be rescued by overexpression of a constitutively active form of Rab8. While the ciliogenesis and loss of basal body docking had been previously described in other model systems (Davey et al., 2006; Bangs et al., 2011), and the link to Rab8 had already been identified in cell culture (Kobayashi et al., 2014), the zebrafish experiments allowed to place Talpid3 upstream of Rab8 activation. As a third mechanism underlying photoreceptor dysfunction, studies of an ift172 zebrafish mutant revealed a distinct function in outer segment formation. Mutant photoreceptors failed to complete extension of the cilium, after successful basal body docking and formation of the connecting cilium. Additionally, large accumulation of membranous material was found within the inner segment, suggesting that photoreceptors try to assemble outer segment material, but fail to extend the ciliary structure (Sukumaran and Perkins, 2009). Finally, the mechanism underlying the retinal dystrophy in ahi1 mutants is not definitely determined, but the described dysmorphic outer segments, aberrant disk stacking/orientation and accumulation of vesicular material with normal connecting cilium morphology could indicate a similar role in vesicular fusion as for Cc2d2a (Lessieur et al., 2017). These studies of zebrafish retina revealed different molecular mechanisms leading to the same ciliopathy phenotype, namely retinal dystrophy. Whereas Talpid3 and Ift172 play a role in ciliogenesis, either in proper BB docking at the onset of ciliogenesis or later in outer segment extension, the role of Cc2d2a lies downstream of ciliogenesis, in organizing the last steps of opsin vesicle trafficking and fusion. In fact, the distinct ciliary defects observed in the different mutants are consistent with the localization of the respective proteins: Talpid3 localizes to the BB, which can explain defects in early ciliogenesis steps, Ift172 is part of the IFT machinery, required to transport the building blocks for the extension of the ciliary axoneme and Cc2d2a at the ciliary transition zone organizes the periciliary membrane and provides a docking point for incoming vesicles. Whether these specific roles for each of the proteins are conserved in other cell types than photoreceptors remains open for investigation. Indeed, photoreceptors display such highly specialized cilia, that a cell-type specific role for JBTS proteins is plausible here.
To investigate another aspect of ciliary function, the talpid3i262-264 mutants were initially generated to evaluate the role of this protein in Hh signaling (Ben et al., 2011). Indeed, despite the solid body of evidence linking primary cilia to Hh signaling in mammalian cells, this link appeared less clear in zebrafish, probably in part because major CNS anomalies which are typically present in mouse mutants for ciliary genes, appear to be absent or too subtle to notice without in depth characterization in the corresponding zebrafish mutants, judging by the lack of such mentions in the literature (including for talpid3 mutants). In contrast, the chick talpid3 mutant was originally identified as a Hh-mutant, based on the characteristic phenotype including limb patterning defects and craniofacial anomalies (Davey et al., 2006). The talpid3i262-264 zebrafish mutants lack cilia in all organs, consistent with the absent photoreceptor outer segments and with results from mouse and chick studies (Davey et al., 2006; Yin et al., 2009; Bangs et al., 2011). This absence of cilia was shown to result also in zebrafish in aberrant Hh signaling, as shown by expansion of the Hh-dependent muscle pioneer cells in the somites (Ben et al., 2011). Further confirming the involvement of cilia in zebrafish Hh signaling, the same group showed that zebrafish Kif7 directly interacts with Gli1 and Gli2a suggesting a function in sequestering Gli proteins in the cytoplasm (Maurya et al., 2013).
Interestingly, the kif7 mutant generated in this study had no CNS patterning abnormality, which raises the possibility that this signaling pathway does not require cilia for CNS-patterning in zebrafish. Alternatively, functional redundancy between ciliary proteins may be more prominent in the zebrafish than in mammals, such that knock-out of more than one ciliary gene might be required to generate an obvious CNS phenotype, similar to what is observed in C. elegans, where double mutants are often required to observe strong ciliary anomalies (Williams et al., 2011). However, considering specifically the cerebellum, which is predominantly affected in individuals with JBTS, the importance of Hh signaling per se in zebrafish cerebellar development is still under debate (McFarland et al., 2008). Indeed, the Purkinje cells, which are an important source of SHH during mammalian and avian cerebellar development, appear not to secrete this morphogen in zebrafish. Since SHH is required for proliferation of cerebellar granule cells in mammals, this important difference may explain why no strong cerebellar phenotype has been published yet in zebrafish kif7, talpid3 or other zebrafish JBTS-models. Nevertheless, a recent study did identify cerebellar eurydendroid cells as a source for SHH in the zebrafish cerebellum, such that a role for this pathway is still possible during cerebellar development in this organism (Biechl et al., 2016). Its link to primary cilia in development of the zebrafish cerebellum/CNS remains however an open question. An in-depth analysis of the CNS and specifically of the cerebellum in the available zebrafish mutants will be required to further tease apart the role of Hh signaling in cerebellar development in zebrafish and the role of primary cilia in regulating Hh signaling in the developing zebrafish cerebellum. To our knowledge, a single study has described some cerebellar anomalies in a zebrafish arl13b morphant (and mutant) model with a decrease in granule cells in the corpus cerebelli and alteration of expression levels of various cerebellar markers (Zhu et al., 2020). Interestingly, this phenotype was found to be linked to dysregulation of another key developmental signaling pathway, namely Wnt signaling, while Hh signaling was not investigated in this model. Further studies will be required to investigate the CNS phenotype of zebrafish JBTS mutants and to determine the role of primary cilia in developmental signaling in cerebellar/CNS development in this model system.
Such work would be of importance for understanding the pathomechanism underlying JBTS. Indeed, aberrant Hh signaling appears to be a possible common downstream consequence of dysfunction of many (if not all) JBTS-genes. Hh defects could explain many phenotypes associated with this disorder, whereby the retinal dystrophy may represent an exception. Indeed, retinal photoreceptors have such highly specialized cilia that cell-type specific roles of ciliary proteins are likely. Beyond that however, alterations in ciliary length, presence of cilia, or protein composition of the ciliary compartment may all result in aberrant Hh signaling, which in turn could explain patterning/differentiation/proliferation defects leading to signs such as polydactyly (patterning of the limb bud) or the MTS [for example, through deficient proliferation and premature differentiation of granule cell progenitors as shown in talpid3 conditional knock-out mice (Bashford and Subramanian, 2019)]. Supporting the link between deficient Hh signaling and JBTS, is the fact that two of the more recently identified JBTS genes, namely ARMC9 and TOGARAM1, were identified in a screen for Hh signaling. Zebrafish mutants in these genes display shortened cilia that have significantly decreased posttranslational tubulin modifications (acetylation and glutamylation), suggesting a stability defect for cilia lacking these proteins (Latour et al., 2020). This is associated with shorter cilia, which may affect signal transduction for morphological reasons. Moreover, tubulin posttranslational modifications are thought to alter protein interactions (e.g., motor proteins among others), which could also lead to defective Hh signaling component delivery (Breslow et al., 2018). While the ciliary localization of Armc9 and Togaram1 in zebrafish is still under investigation, work in other organisms has found these proteins, which function in a common module with JBTS proteins CSPP1 and CEP104, at the ciliary base and tip. Further work will be required to determine the role of JBTS-proteins in Hh signaling in zebrafish and the impact of their dysfunction in causing the observed phenotypes. The large number of zebrafish mutants now available in the community should allow to investigate this question conclusively.
One phenotype shared by virtually all zebrafish JBTS mutant models published to date is the body curvature in larvae and scoliosis in adults. The role of the Reissner fiber, a large aggregation of the glycoprotein SCO-spondin present in the central canal from head to tail tip, in maintaining a straight body axis has been clearly demonstrated (Vesque et al., 2019; Troutwine et al., 2020). Work on mutants in several ciliary genes has suggested a key role for motile ventricular cilia in the formation of this fiber (Cantaut-Belarif et al., 2018). Whether mutants in JBTS-genes display lack or immotility of these ventricular cilia, and whether the Reissner fiber is affected in these mutants remains open to investigation.
Another very consistent phenotype found in zebrafish JBTS models are the pronephric (kidney) cysts. Despite this frequently present feature, the pathomechanism leading from mutations in the respective JBTS gene to these cysts has been little investigated in JBTS zebrafish models. It may well be, that the motile cilia present in the zebrafish larval pronephric tubules play a different physiological role than the immotile primary cilia found on human renal tubular cells. In the zebrafish, it has been shown that lack of ciliary motility will cause kidney cysts (Kramer-Zucker et al., 2005; Sullivan-Brown et al., 2008; Zhao et al., 2013) (whereas cystic kidneys are not typically found in patients with ciliary motility dysfunction in primary ciliary dyskinesia). Moreover, the renal phenotype in individuals with JBTS consists not only of cysts but also of fibrosis, while fibrosis is unlikely to be present in the larval zebrafish pronephros, where the cysts are really formed by a very proximal dilatation of the tubules right after the glomerulus. So while the presence of pronephric cysts in zebrafish harboring mutations in JBTS genes appears to be a good indicator of ciliary dysfunction, it remains to be proven if the pathomechanism leading to kidney cysts is comparable between human and zebrafish larvae.
Finally, one major open question in the field of JBTS research, is the prominent variability observed between patients, in particular with respect to the non-CNS phenotypes. Indeed, even intra-familial variability is very frequently observed, suggesting the presence of genetic modifiers (Phelps et al., 2018). Whether these modifiers are present among JBTS genes themselves can now be tested thanks to the available zebrafish mutants, where double mutants or various combinations of heterozygous/homozygous alleles can be easily generated and studied. Moreover, the comparison between morphant and mutant phenotypes for a given gene can allow the identification of transcriptional adaptations, which can rescue or ameliorate a phenotype. Recent work based on the very mild cep290fb208 mutant showed for example that arl3, arl13b and unc119b, which are important for cilia membrane transport, were upregulated in mutants but not in morphants to compensate for Cep290 loss (Cardenas-Rodriguez et al., 2021), thereby explaining the milder mutant than morphant phenotype. Another possible explanation for the observed phenotypic variability in individuals with JBTS is putative tissue-specific functions for JBTS proteins and/or cell-type specific protein isoforms. The variety of ciliated tissues in zebrafish allows to address the question of tissue-specificity by comparing ciliary phenotypes in different tissues of a given mutant. Indeed, among the JBTS mutants published to date, the severity of ciliary shortening appears to be variable in different tissues in the togaram1 mutant for example (more severe in brain ventricles and less severe in olfactory placode cilia). Unfortunately, most studies so far have only focused on one given organ system such that a systematic analysis of all possible ciliopathy phenotypes is lacking (or has not been published) for most zebrafish JBTS mutant models, also limiting the conclusions that we can draw from the comparisons performed in this review. Future work based on comparisons of systematic analyses of the generated mutants could yield important insights, both into the question of tissue-specificity and to link dysfunction of the different subciliary compartments or protein modules to the distinct pathomechanisms.
FUTURE DIRECTIONS
The long-term goal of disease modeling in general, including of ciliary research, is to improve clinical management and to develop therapeutic strategies for patients. The existing zebrafish mutant models for JBTS have helped to gain more insights into ciliary biology and JBTS pathomechanism. Unfortunately, the published phenotypic characterization of these models is largely incomplete. In the future, a systematic analysis of the generated mutants will certainly yield more insights into tissue-specific ciliary functions underlying JBTS pathomechanism. This knowledge should generate models to test, for example, linking ciliary localization of an affected protein to a specific pathomechanism in a given tissue or identifying which combinations of gene alleles modify the phenotype. Such models should in turn improve our ability to predict the clinical outcome for affected individuals.
One powerful advantage of the zebrafish model is its transparency at larval stages and the external development of the embryos. This enables live imaging of developing larvae in an intact whole-tissue context using transgenic lines in which the ciliary membrane, axoneme and/or basal body are fluorescently labeled. To fully understand the dynamic life of a cilium, it is key to observe it in its natural environment. So far, the few studies performing live imaging on cilia were mostly conducted on in vitro cell systems, in which ciliogenesis or ciliary resorption are artificially induced by removal or addition of serum (Ott and Lippincott-Schwartz, 2012; Ijaz and Ikegami, 2019; Mirvis et al., 2019). Using the zebrafish, these key events in the life of a cilium can be studied in a physiological context. Given the ease of transgenesis in zebrafish and combined with modern techniques such as optogenetics or chemogenetics, the mechanisms underlying other aspects of ciliary function, including signaling, can now be elucidated. As an example, recent work showed how cAMP is interpreted in the cilia of whole zebrafish embryos (Truong et al., 2021).
Another strength of the zebrafish model is the possibility of conducting large-scale chemical screens. Larvae can be placed in 96-well plates and exposed to chemical compounds in the medium. Many such high-throughput chemical screens have been performed using zebrafish (Cassar et al., 2020; Zhang and Peterson, 2020), including drug screenings in kidney disease (Gehrig et al., 2018) and retinal degeneration (Ganzen et al., 2021), yielding interesting candidate molecules. Given the large number of JBTS zebrafish models available, these can now be used for identifying compounds that improve ciliopathy phenotypes as a first step for developing therapeutic strategies for JBTS patients.
In conclusion, zebrafish JBTS models have already played an important role in shaping our understanding of ciliary biology and disease pathomechanism. A systematic assessment of the large number of zebrafish models generated by the community will allow to gain further insights into the role of JBTS proteins, to advance our knowledge on disease mechanisms and to identify therapeutic approaches, harnessing the strengths of this model system.
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Axonemal dynein motors are large multi-subunit complexes that drive ciliary movement. Cytoplasmic assembly of these motor complexes involves several co-chaperones, some of which are related to the R2TP co-chaperone complex. Mutations of these genes in humans cause the motile ciliopathy, Primary Ciliary Dyskinesia (PCD), but their different roles are not completely known. Two such dynein (axonemal) assembly factors (DNAAFs) that are thought to function together in an R2TP-like complex are DNAAF4 (DYX1C1) and DNAAF6 (PIH1D3). Here we investigate the Drosophila homologues, CG14921/Dnaaf4 and CG5048/Dnaaf6. Surprisingly, Drosophila Dnaaf4 is truncated such that it completely lacks a TPR domain, which in human DNAAF4 is likely required to recruit HSP90. Despite this, we provide evidence that Drosophila Dnaaf4 and Dnaaf6 proteins can associate in an R2TP-like complex that has a conserved role in dynein assembly. Both are specifically expressed and required during the development of the two Drosophila cell types with motile cilia: mechanosensory chordotonal neurons and sperm. Flies that lack Dnaaf4 or Dnaaf6 genes are viable but with impaired chordotonal neuron function and lack motile sperm. We provide molecular evidence that Dnaaf4 and Dnaaf6 are required for assembly of outer dynein arms (ODAs) and a subset of inner dynein arms (IDAs).
Keywords: cilium, flagellum, Drosophila, ciliopathies, chaperone, dynein
1 INTRODUCTION
Ciliary motility is driven by a highly conserved family of axonemal dynein motors, which are large multi-subunit complexes (King, 2016). Those that comprise the Outer Dynein Arms (ODA) are the main drivers of motility, whereas those of the Inner Dynein Arms (IDA) modulate ciliary movement. During ciliogenesis, the assembly of the motors into the cilium or flagellum is highly regulated. After subunit synthesis, complex assembly occurs within the cytoplasm (known as pre-assembly) prior to transport and docking within the cilium (Fok et al., 1994; Fowkes and Mitchell, 1998). This pre-assembly is facilitated by a series of regulators called dynein pre-assembly factors (DNAAFs) (King, 2016). Many of these factors were originally identified as causative genes of human Primary Ciliary Dyskinesia (PCD), but they are highly conserved among eukaryotes that have motile ciliated cells (Omran et al., 2008). This conservation was recently shown to be true for Drosophila melanogaster, which has an almost full complement of homologous genes for the axonemal dynein complexes and for dynein assembly factors (zur Lage et al., 2019). In the case of Drosophila, ciliary motility is confined to the sensory cilium of mechanosensory neurons (chordotonal neurons) and the sperm flagellum. Flies with dysfunctional dyneins are therefore deaf, uncoordinated and have immotile sperm, which makes the fly a convenient model for analysis of motile ciliogenesis (Diggle et al., 2014; Moore et al., 2013; zur Lage et al., 2018; zur Lage et al., 2021).
The specific functions of DNAAFs are beginning to be unravelled, and in many cases they are thought to function as co-chaperones that regulate HSP70/90 to facilitate correct folding of the dynein heavy chains as well as subunit assembly (Fabczak and Osinka, 2019). Chaperones are important for many cellular functions including the assembly of large multi-subunit complexes like axonemal dynein motors. For several DNAAFs, such a function is strongly indicated by DNAAF sequence relationships with a known HSP90 co-chaperone, the R2TP complex (Maurizy et al., 2018). This co-chaperone was discovered in S. cerevisiae as facilitating RNA polymerase II assembly (Zhao et al., 2005). In humans, R2TP comprises the ATPases RUVBL1 and RUVBL2, a TPR (tetratricopeptide repeat) protein RPAP3, and a Pih domain protein PIH1D1 (Table 1). R2TP facilitates the assembly/stabilisation of several multi-subunit complexes, including RNA polymerase II and PIKKs (Kakihara and Houry, 2012; Houry et al., 2018). Much is known of the structural features of R2TP: for RPAP3, the TPR domains directly recruit HSP70 and HSP90 while the RPAP3_C domain binds to RUVBL2 (Martino et al., 2018). For PIH1D1, the PIH domain recruits client proteins, while the CS domain binds to a region of RPAP3 C-terminal to the TPR domain (Kakihara and Houry, 2012; Martino et al., 2018; Maurizy et al., 2018).
TABLE 1 | Genes referred to in this study.
[image: Table 1]There is evidence that mutation of Ruvbl1/2 also causes ciliary dynein defects (Zhao et al., 2013; Li et al., 2017). While this may partly be due to involvement of R2TP in dynein pre-assembly as has been demonstrated in Chlamydomonas, zebrafish and Drosophila (Yamaguchi et al., 2018; zur Lage et al., 2018; Liu et al., 2019), it is thought that Ruvbl1/2 may also function with DNAAFs to form ‘R2TP-like’ complexes specifically required for dynein assembly (Figure 1A) (Pal et al., 2014; Vaughan, 2014; Olcese et al., 2017). Among the DNAAFs, SPAG1 has both TPR and RPAP3_C domains, while DNAAF4 (DYX1C1) has TPR and CS domains. Similarly, the CS and PIH domains of PIH1D1 are also present in several other PIH proteins: PIH1D2, DNAAF2 (KTU), and DNAAF6 (PIH1D3) (Dong et al., 2014). There is biochemical evidence that SPAG1 complexes with PIH1D2 and DNAAF2 (Maurizy et al., 2018; Smith et al., 2022). Different isoforms of DNAAF4 complex with DNAAF2 and DNAAF6 (Tarkar et al., 2013; Olcese et al., 2017; Paff et al., 2017; Maurizy et al., 2018). However, while these are also referred to as R2TP-like complexes (Olcese et al., 2017), it is not clear whether Ruvbl1/2 (i.e., R2) are involved, particularly as DNAAF4 lacks an RPAP3_C domain. Whether these putative complexes function in vivo and their precise role during dynein assembly are not fully established, but they may be required for different steps in the process or for the assembly of different dynein subtypes.
[image: Figure 1]FIGURE 1 | Drosophila and mammalian Dnaaf4/Dnaaf6 proteins. (A) Schematic showing the composition of R2TP and putative DNAAF4/6-containing R2TP-like complexes. Note that association of DNAAF4/6 with RUVBL1 and RUVBL2 is speculative. (B) Schematic showing the protein domains of human DNAAF4, DNAAF6 and their Drosophila orthologues. Human isoforms and protein structures are based on Maurizy et al. (2018). (C) Phylogenetic tree of DNAAF4 sequences from selected species including vertebrates, arthropods and the unicellular green alga, Chlamydomonas reinhardtii (established ciliary motility model organism). Higher dipterans (Brachycera) form a distinct group that correlates with gene truncation (blue bar). (D) When comparing CS domains alone, the tree structure remains similar, with Brachycera distinct from other taxa. Organisms included in this tree: Drosophila sechellia, D. melanogaster, D. yakuba, D. ananassae, D. pseudoobscura, D. mojavensis, D. grimshawi, Musca domestica, Glossina morsitans, Culex quinquefasciatus, Aedes aegypti, Tribolium castaneum, Apis mellifera, Chlamydomonas reinhardtii, Limulus polyphemus, Mus musculus and Homo sapiens.
For the PIH proteins, the possibility of different roles during dynein assembly has been raised by experiments in zebrafish and Chlamydomonas (Yamamoto et al., 2010; Yamaguchi et al., 2018; Yamamoto et al., 2020). In zebrafish, pih1d1, pih1d2 and ktu and twister (DNAAF6 homologue) have overlapping functions in the assembly of ODAs and IDA subsets based on analyses of mutant spermatozoa (Yamaguchi et al., 2018). Similarly, in a proteomic profiling of Chlamydomonas mutants, mot48 (PIH1D1) pf13 (DNAAF2) and twi (DNAAF6) have overlapping but distinct roles in assembly of dynein complex subsets (Yamamoto et al., 2010; Yamamoto et al., 2020).
Of the TPR-containing DNAAFs, DNAAF4 is a cause of PCD in humans, with motile cilia showing reduction in subsets of ODAs and IDAs (Tarkar et al., 2013). In Chlamydomonas the DNAAF4 homologue also shows a partial reduction in ODAs and some IDAs (Yamamoto et al., 2017). In addition to this ciliary motility role, DNAAF4 was originally identified (as DYX1C1) as being affected by a chromosomal translocation associated with susceptibility to developmental dyslexia (Taipale et al., 2003), and subsequently a role for this gene in cortical neuron migration was proposed (Wang et al., 2006). Neither function has an obvious direct link to ciliary motility, suggesting that DNAAF4 may have wider roles beyond dynein pre-assembly. Similarly, SPAG1 may have roles in addition to dynein pre-assembly: R2SP complexes with PIH1D2 were characterised in cells that lack motile cilia (Maurizy et al., 2018; Chagot et al., 2019), and a constitutively expressed isoform exists (Horani et al., 2018). Interestingly, mice homozygous for a null allele of Dnaaf2 do not progress beyond stage E9.5, and have multiple pathologies that are difficult to ascribe to failure of ciliary motility alone (Cheong et al., 2019).
Thus, the roles of TPR- and PIH-domain containing DNAAFs in assembling subsets of dynein complexes remain to be fully disentangled, as do the identities of the R2TP-like complexes that function in vivo. Moreover, the question of functions for TPR subunits (and by extension the complexes) beyond dynein assembly also remains open.
We have previously shown that Drosophila has homologues of SPAG1 and DNAAF4 (zur Lage et al., 2019) (Table 1), and that Drosophila Spag1 is required for dynein assembly and is able to form a complex with Ruvbl1/2 and Pih1d1 (zur Lage et al., 2018). However, the predicted Dnaaf4 protein is truncated such that it lacks any TPR domain, bringing into question its ability to function in a co-chaperone complex. Drosophila has homologues of all the PIH proteins (zur Lage et al., 2019). Most Drosophila PIH genes appear widely expressed, but Dnaaf6 expression appears to be restricted to motile cilia cells. Here we characterise the function of Drosophila Dnaaf4 and Dnaaf6 as potential R2TP-like partners. Despite the truncation of Dnaaf4, we show that Dnaaf4 and Dnaaf6 proteins can form an R2TP-like complex, and that each is required for assembly of ODAs and a subset of IDAs. Moreover, there is no indication of functions other than dynein assembly.
2 MATERIALS AND METHODS
2.1 Fly Stocks
Fly stocks were maintained on standard media at 25°C. The following UAS RNAi stocks were obtained from the Vienna Drosophila Resource Center (Dietzl et al., 2007): KK60100 (genetic background stock used as negative control) KK111069 (Dnaaf4), KK108561 (Dnaaf6) and KK100470 (Spag1). The following were obtained from the Bloomington Drosophila Stock Centre: Or-R as wild-type control (#2376), UAS-Dcr2 (#24644), w1118 y1 M{vas-Cas9} ZH-2A/FM7c (#51323), y1 w* P{yt7.7 = nos-phiC31\int.NLS}X; P{yt7.7 = CaryP}attP40 (#79604) and w*; P{UASp-Venus.GAP43}7 (#30897). Dnali1-mVenus, Dnal1-mVenus are described in Xiang et al. (2022). Flies with UAS-int attp40 landing site were obtained from the Cambridge Microinjection facility. The sca-Gal4 line used for sensory neuron knockdown was a gift from M. Mlodzik (Baker et al., 1996) and was used in conjunction with UAS-Dcr2. For male germline knockdown, w; Tft/CyO; Bam-Gal4-VP16 was a gift from Helen White-Cooper.
2.2 Sequence Analyses
For detecting orthology, DIOPT was used (Hu et al., 2011). For phylogenetic analysis, protein sequences were obtained from BLAST, Uniprot (Bateman et al., 2021) and Flybase (Larkin et al., 2021). Sequences were aligned using CLUSTALW/MUSCLE within MEGA7 (Kumar et al., 2016). Tree analysis was conducted using the Maximum Likelihood method within MEGA7.
2.3 In situ Hybridisation on Whole-Mount Embryos
Primers were designed to give a probe of around 420-bp with the reverse primer containing the T7 RNA polymerase promoter at its 5’ end (all primers are in Supplementary Table S1). DNA was amplified from genomic DNA by PCR and then DIG-labelled RNA generated (DIG RNA Labelling Mix, Roche Cat. No.11277073910) using T7 RNA polymerase (Roche Cat. No. 10881767001). RNA in situ hybridisation was carried out according to zur Lage et al. (2019). In the case of RNA in situ/antibody staining double labelling, antibody staining was carried out after the ISH had been developed. Images were taken on an Olympus AX70 upright microscope with DIC optics.
2.4 Immunofluorescence
Immunohistochemistry on embryos and pupal antenna was described in zur Lage et al. (2018). Drosophila testis fixing and staining was carried out according to Sitaram et al. (2014). The following primary antibodies were used: goat anti-GFP antibody (1:500, ab6673), rabbit anti-GFP antibody (1:500, Life Technologies, A11122), mouse anti-Futsch antibody (1:200, Developmental Studies Hybridoma Bank, 22C10), mouse anti-pan polyglycylated tubulin (1:100, Merck, MABS276), rabbit anti-Sas-4 (1:350, gift from Jordan Raff) and rabbit anti-Dnah5 antibody [1:2000, (zur Lage et al., 2021)]. The following secondary antibodies were used: goat anti-Rabbit antibody (1:500, Alexa Fluor 488, Life Technologies, A11008) and goat anti-Mouse antibody (1:500, Alexa Fluor 568, Life Technologies, A11019), donkey anti-goat antibody (1:500, Alexa Fluor 488, Life Technologies, A11055), donkey anti-mouse antibody (1:500, Alexa Fluor 568, Life Technologies, A10037), and donkey anti-rabbit antibody (1:500, Alexa Fluor 647, Life Technologies, A31573). Phalloidin was used 1:2000 (Life Technologies, A12380). DNA in adult testes was stained with To-Pro-3 (1:1000, Life Technologies, T3605) or DAPI (14.3mM, Life Technologies) solution in the dark for 15 min. After several washes, the samples were mounted on slides with 85% glycerol and 2.5% propyl gallate (Sigma, P3130). Images were captured using a Zeiss LSM-5 PASCAL/Axioskop 2 and a Leica TCS SP8 confocal microscope and processed with Fiji.
2.5 mVenus Fusion Gene Construction
mVenus fusion genes were constructed for Dnaaf4 and Dnaaf6 by amplifying gene segments from genomic DNA and cloning into pDONR221 using the BP clonase II from Gateway technology (Thermo Fisher Scientific). The segment included introns, 5’ UTR, TSS, and additional upstream flanking DNA of approximately 1 kb, but lacked the stop codon. The insert was subsequently transferred to the destination vector pBID-GV (modified from pBID-UASC-GV vector (Wang et al., 2012) where the UASC had been deleted) with the help of LR clonase II (Gateway technology, Thermo Fisher Scientific). This put the ORF in-frame with the mVenus coding sequence. Transformant fly lines were generated by microinjection into syncytial blastoderm embryos of the attP40 landing site line.
2.6 Dnaaf4 and Dnaaf6 CRISPR/Cas9 Mutant Construction
The CRISPR/Cas9 mutant lines were designed by substituting the coding regions of the gene with the mini-white gene. CRISPR primers were designed using the flyCRISPR OptimalTarget finder programme. The cloning was performed according to Vieillard et al. (2016) and injection into the Cas9 line was carried out by the Drosophila Microinjection Services (Department of Genetics, Cambridge, United Kingdom).
2.7 Fertility, Hearing and Climbing Assays
These assays were carried out as described in zur Lage et al. (2021). In the fertility assay, individual males were crossed to pairs of virgin OrR females and resulting progeny counted. For climbing assays, 2–5 day-old adult females were tested in batches of 15. For the larval hearing assay, batches of 5 third instar larvae on an agar plate placed on a speaker were tested for response to a 1000-Hz tone. n for each genotype = 5 batches of 5 larvae, each exposed to 3 tones 30 s apart. For visual analysis of spermatogenesis, testes were dissected, mounted in PBS, and then observed immediately by DIC optics.
2.8 Protein Expression Analysis of Testes by MS
Knockdown males were generated by crossing UAS-RNAi males from Dnaaf4, Spag1, and the KK control line to Bam-Gal4 at 25°C. 1–3 days post-eclosion male progeny were dissected in ice-cold PBS and 30 pairs of testes with four replicates per genotype were snap-frozen in liquid nitrogen before subsequently being processed and analysed for label-free mass-spectrometry as described in zur Lage et al. (2018). The mass spectrometry proteomics data have been deposited in the ProteomeXchange Consortium via the PRIDE (Perez-Riverol et al., 2019) partner repository with the dataset identifier PXD033608.
2.9 Transmission Electron Microscopy
Adult heads were cut off and the proboscis was removed to facilitate infiltration of the solution. The head were rinsed in 0.1 M phosphate buffer before fixing overnight at 4°C in freshly made 2.5% glutaraldehyde, 2% paraformaldehyde in 0.1 M phosphate buffer (pH 7.4) solution. Subsequently the samples were rinsed four times and then washed three times for 20min in 0.1 M phosphate buffer at room temperature. Further processing for TEM, post-fixing and imaging was carried by Tracey Davey at the Electron Microscopy Research Services, Newcastle University Medical School, using a Philips CM100 CompuStage (FEI) microscope and an AMT CCD camera.
2.10 Transfection and coIP of S2 Cells
RNA was prepared from Drosophila antennae or testes and mouse testes with the RNeasy Mini kit (Qiagen 74106). cDNA was synthesised, the open reading frames were PCR amplified and initially cloned into the pDONR221 plasmid using the BP clonase II of the Gateway system (Life Technology) before transferring the fragments using the LR clonase II to the C-terminal site of the destination plasmids pAWH (3xHA epitopes) and pAWF (3x FLAG epitopes) of the Drosophila Gateway Vector collection (Carnegie Institution for Science). Primers for synthesis are listed in Supplementary Table S1. The truncated mouse Dyx1c1DTPR protein contains the first 227 amino acids of the wildtype 420 amino acid protein, therefore omitting the whole of the C-terminal TPR domain and replacing it with a stop codon. Transfection into S2 cells was performed according to the X-TREME GENE HP DNA transfection reagent (Merck) protocol. After 48–72 h cells were harvested and coIP was carried out according to the FLAG Immunoprecipitation kit (Sigma-Aldrich). Samples were run on pre-cast gels (Bio-Rad) followed by Western blotting. The blots were then probed with mouse anti-FlagM2 (1:1,000; F1804; Sigma-Aldrich) and rabbit anti-HA (1:4,000; ab9110; Abcam) antibodies, followed by Li-COR secondary antibodies (IR Dye 680RD and IR Dye 800CW), before protein detection on a Li-COR Odyssey scanner using Image Studio v5.2 software.
2.11 GFP Trap Affinity Purification and Mass Spectrometry
150 pairs of testes in 3 replicates were dissected in ice-cold PBS for Dnaaf4-mVenus and control line UAS-GAP43-mVenus x Bam-Gal4). The samples were snap-frozen in liquid nitrogen. Lysis buffer (Tris-HCl pH7.5 50 mM, NaCl 100 mM, Glycerol 10%, EDTA 5mM, sodium deoxycholate 0.5%, Complete Mini protease inhibitor) was added to samples before they were homogenised on ice for 2 min. Samples were subsequently rotated, incubated in a lysis buffer for 30 min at 4°C, and then centrifuged, before being processed and analysed as described in zur Lage et al. (2018) with following alterations: the data was acquired using a Fusion Lumos mass spectrometer (Thermo Fisher) that was operated in an OT-IT configuration. 1-s cycle time, 120 k resolution in the orbitrap for MS and rapid scanning MS/MS in the ion-trap. Collision energy was set to 30.
3 RESULTS
3.1 Drosophila has Orthologues of DNAAF4 and DNAAF6, but the Former is Strongly Truncated Thereby Lacking a TPR Domain
Of the PIH genes in Drosophila, the orthology prediction tool DIOPT (Hu et al., 2011) identifies the orthologue of DNAAF6 as CG5048 (hereafter named Dnaaf6). Predicted Drosophila Dnaaf6 protein retains PIH and CS domains, and has 45% similarity and 30% identity with the human protein (Figure 1B). For DNAAF4, DIOPT identifies the gene CG14921 as the Drosophila orthologue. However, the encoded protein of this gene (named Dnaaf4) is severely truncated relative to the human protein such that it lacks the C-terminal TPR domain (Figure 1B). Despite this, DIOPT predicts clear orthology with human DNAAF4 for the remaining protein, with 40% similarity and 25% identity. Moreover, the region of alignment is not limited to the CS domain (Supplementary Figure S1). Phylogenetic analysis indicates that this truncation occurred during dipteran evolution, as the truncation is shared by other higher dipterans (Brachycera) but not lower dipterans or other insects (Figure 1C). Interestingly, the DNAAF4 sequences of brachyceran flies form a distinct group in a phylogenetic tree, even if just the CS domains are compared (Figure 1D). This suggests significant sequence divergence occurred in these truncated Dnaaf4 genes compared with the archetypal full-length genes present from single celled algae to vertebrates.
Human DNAAF4 binds to HSP90 (Tarkar et al., 2013) and this is predicted to occur via its TPR domain (Haslbeck et al., 2013). The loss of this domain in Drosophila Dnaaf4 may therefore be expected to have profound consequences for the conservation of Drosophila Dnaaf4 function as an R2TP-like chaperone in dynein assembly. Below, this is explored by examining expression, protein interactions and gene function.
3.2 Drosophila Dnaaf4 and Dnaaf6 are Expressed Exclusively in Differentiating Motile Ciliated Cells
Transcription of both Dnaaf4 and Dnaaf6 is highly specific to tissues with motile ciliated cells. Examination of FlyAtlas 2 transcriptome data (Krause et al., 2022) indicates that Dnaaf4 is expressed specifically in adult testis. In addition, Dnaaf4 is 5.2-fold enriched in the transcriptome of developing embryonic chordotonal cells (zur Lage et al., 2019). Dnaaf6 is also very highly expressed in testis, and found to be enriched in chordotonal cells (55.4-fold). RNA in situ hybridisation confirms that embryonic expression of each gene is confined to differentiating chordotonal neurons (Figures 2A,C,E). In Dnaaf4 (but not Dnaaf6) this expression becomes restricted to a subset of lch5 neurons late in differentiation (Figure 2B). Expression of Dnaaf6 was abolished in embryos homozygous for a mutation in fd3F, which encodes a transcription factor that regulates motile ciliary genes (Newton et al., 2012) (Figure 2D).
[image: Figure 2]FIGURE 2 | Dnaaf4 and Dnaaf6 are both expressed in Drosophila motile cilia cells. (A–D) RNA in situ hybridisation (dark blue) conducted on late-stage whole-mount embryos. (A) Dnaaf4 probe, Dnaaf4 is expressed specifically in the chordotonal neurons. (B) Higher magnification indicates that this expression becomes restricted at a late stage to a subset of chordotonal neurons (lch5). Here the embryo has been counterstained with antibodies against Futsch (brown), which labels all sensory neurons. (C) Dnaaf6 shows expression in developing chordotonal neurons. (D) In an embryo homozygous mutant for fd3F, expression of Dnaaf6 is abolished. (E) Schematic of the arrangement of chordotonal neurons in embryonic abdominal segments. (F) Schematic illustrating mVenus fusion transgenes. Each includes 5’ flanking DNA containing potential binding sites for the transcription factors fd3f (F) and Rfx (X) (Dnaaf4: CTGTTCACTTG, GTTCACTTGCAGC; Dnaaf6: ACTAAATAAACAA, GTTGCCAGGAAA). (G–L) Expression of Dnaaf4-mVenus detected by anti-GFP antibodies. (G,H) Late embryos counterstained with anti-Futsch (magenta) show expression of both fusion genes in chordotonal neurons. In the case of Dnaaf4-mVenus, some expression is observed in some external sensory (ES) neurons. As this is not observed for the mRNA, it is likely an artefact of the expression construct. (I,J) In pupal antennae, both fusion genes are expressed in the cell bodies of chordotonal neurons that form Johnston’s Organ. A schematic of approximate neuronal location is shown. The counterstain (magenta) is the basal body marker Sas4. (I) or phalloidin (J), which marks the actin basket (scolopale) that surrounds the cilia. (K,L) In adult testes, both fusion genes are expressed in differentiating germline cells (spermatocytes and spermatids). Counterstains (magenta) are polyglycylated tubulin (K) or To-Pro (L). Scale bars are: (A,C,D,K,L) 50 µm (B,G,H) 10 µm (I,J) 5 µm. Number of samples imaged: (G) n = 7 (I) n = 9 (K) n = 8.
Expression was confirmed in flies with mVenus fusion transgenes, each including about 1-kb of upstream flanking sequence to drive expression under endogenous regulation (Figure 2F). In each reporter, there are predicted binding sites very close to the transcription start site for the cilia-associated transcription factors fd3F and Rfx (marked F and X in the schematic, Figure 2F), an arrangement that has been noted for many other motile cilia genes (Newton et al., 2012; Moore et al., 2013; Diggle et al., 2014; zur Lage et al., 2018). For both Dnaaf4 and Dnaaf6, fusion protein was detected in embryonic chordotonal neurons (Figures 2G,H), the differentiating chordotonal neurons of Johnston’s organ (JO) in the pupal antenna (Figures 2I,J), and also in developing spermatocytes (Figure 2K,L). The fusion protein was located in the cytoplasm of these cells, consistent with a dynein pre-assembly role.
In conclusion, despite the truncated nature of Dnaaf4, both proteins are expressed exclusively in motile ciliated cells, consistent with a conserved function in motile ciliogenesis.
3.3 Drosophila Dnaaf4 and Dnaaf6 can Associate in an R2TP-Like Complex
Protein interactions were explored by heterologous expression of tagged proteins in S2 cultured cells. Firstly, for comparison we investigated the interactions of mouse Dnaaf4 and Dnaaf6 with each other and with the Drosophila homologues of Hsp90, Ruvbl1, and Ruvbl2 (known as Pontin and Reptin in Drosophila). The mouse homologues have an almost identical length and domain structure to the human proteins shown in Figure 1B. Coimmunoprecipitation confirmed that full-length mouse Dnaaf4 and Dnaaf6 can participate in an R2TP-like complex that also includes Hsp90 (Figures 3A,B). Interestingly, these results suggest that Pontin and Reptin can form part of such Dnaaf4/6 complexes despite Dnaaf4’s lack of RPAP3_C domain. We cannot exclude, however, that endogenous (untagged) proteins participate in the detected complexes, thereby facilitating or bridging these interactions.
[image: Figure 3]FIGURE 3 | Drosophila and mouse Dnaaf4/Dnaaf6 complexes. Coimmunoprecipitations of tagged proteins expressed in S2 cells. In each case, the bait protein is FLAG-tagged (blue) and the prey protein is HA-tagged (green). Proteins are from Drosophila unless indicated. “Input” represents Western blot of whole cell extracts with bait/prey simultaneously detected (anti-FLAG + anti-HA). “coIP” represents FLAG-mediated coIP followed by simultaneous detection of FLAG- and HA-tagged proteins on Western blot. *indicates non-specific bands. (A) Mouse FLAG-Dnaaf6 protein associates with mouse HA-Dnaaf4 and Drosophila HA-Hsp90. (B) Mouse FLAG-Dnaaf6 protein binds Drosophila HA-Reptin/HA-Pontin. (C) Drosophila FLAG-Dnaaf6 and HA-Dnaaf4 associate. (D) Mouse FLAG-Dnaaf6 binds both mouse HA-Dnaaf4 and Drosophila HA-Dnaaf4, but is unable to bind the mouse Dnaaf4 protein with TPR domain deleted (HA-Dnaaf4ΔTPR). (E) Drosophila FLAG-Dnaaf6 and FLAG-Dnaaf4 are each capable of binding HA-Reptin/HA-Pontin. (F) Drosophila FLAG-Hsp90 is able to bind mouse HA-Dnaaf4 but not Drosophila HA-Dnaaf4.
We then investigated the Drosophila orthologues. Drosophila Dnaaf4 is able to complex with Drosophila Dnaaf6, although this interaction appears to be weaker than that between the equivalent mouse proteins (Figure 3C). Given this association, we asked whether a truncated version of mouse Dnaaf4 retains binding potential. However, this version (mDnaaf4ΔTPR) showed very poor ability to bind to mouse Dnaaf6 (Figure 3D). Interestingly each Drosophila protein is also able to complex with Reptin/Pontin (Figure 3E). As above, this could indicate a direct protein interaction, but it is also possible that endogenous proteins facilitate these interactions. Either way, Drosophila Dnaaf4 and Dnaaf6 can participate in complexes with Pontin and Reptin.
The lack of TPR domain in Drosophila Dnaaf4 implies that it is not able to recruit Hsp90. Indeed, we found that Drosophila Dnaaf4 could not complex with Hsp90, whereas mouse Dnaaf4 was able to do so (Figure 3F).
Given the lack of TPR domain in Drosophila Dnaaf4 and its consequent inability to recruit Hsp90, we searched for protein partners that may provide TPR functionality. A GFP-trap affinity purification was carried out on testes expressing the Dnaaf4-mVenus fusion protein. The associated proteins included Pontin (Figure 4A), which partially corroborates our findings in S2 cells above. However, of the other associated proteins identified, none appeared to have TPR domains or other features that would help clarify Dnaaf4 function. Filtering the data for proteins associated with motile cilia (zur Lage et al., 2021), we found two proteins of interest to be associated but at a p value that is below the threshold for significance (Figure 4B). Heatr2 (Dnaaf5) is a known dynein assembly factor (Diggle et al., 2014), while CG13901 is the Drosophila orthologue of mouse Dpcd, a gene previously linked to ciliary motility and that associates with R2TP (Dafinger et al., 2018). Although these proteins lack TPR domains for direct Hsp90 association, we note that Heatr2/Dnaaf5 has been shown to interact with Dnaaf2 and is proposed to scaffold the formation of a multi-subunit early dynein pre-assembly complex, which could potentially include Hsp90 (Horani et al., 2018).
[image: Figure 4]FIGURE 4 | Proteins preferentially associated with Dnaaf4 in Drosophila testes. Volcano plots of proteins detected by MS after affinity purification of Dnaaf4-mVenus, shown as relative abundance (fold change) compared with proteins associated with unrelated control protein (GAP43-mVenus). (A) All proteins, with those above threshold significance (-log10 (p-value)>1.3) labelled. Pontin of R2TP is significantly associated (arrow). (B) The same dataset filtered to extract proteins associated with motile cilia (zur Lage et al., 2021). Pontin is the only associated protein to reach statistical significance. However, two other proteins of interest are just below significance threshold: Dpcd and Heatr2 (Dnaaf5). Significance was determined using the Empirical Bayes method. n = 150 pairs of testes per replicate; 3 replicates per genotype.
3.4 Dnaaf4 and Dnaaf6 are Required for Motile Ciliated Cell Function
To determine the functions of Dnaaf4 and Dnaaf6, we initially examined the effects of knockdown using genetically supplied RNA interference. Knockdown of each gene in the male germline (using BamGal4 driver) resulted in males that produced significantly fewer progeny than controls (Figure 5A). A climbing assay was used to test the proprioceptive ability and coordination of adult flies. Knockdown of Dnaaf4 in sensory neurons (UAS-Dcr2, scaGal4, UAS-Dnaaf4 RNAiKK111069) resulted in a significant reduction in climbing ability, consistent with defective chordotonal neuron function (Figure 6A). Similar reduction was seen for Dnaaf6 (UAS-Dcr2, scaGal4, UAS-Dnaaf6 RNAiKK108561) (Figure 6B).
[image: Figure 5]FIGURE 5 | Knockdown and Null mutants of Dnaaf4 and Dnaaf6 are male infertile. (A) Dnaaf4 and Dnaaf6 RNAi knockdown males (BamGal4) produce fewer progeny than control males. Progeny from individual males and median progeny value are shown. Knockdown of either gene significantly reduces progeny per male (p < 0.0001, One-way ANOVA followed by Sidak’s Test for multiple comparisons). (B,C) Fertility of Dnaaf4 null mutant males. (B) Proportion of males that are fully infertile. Most Dnaaf4 mutant males are infertile but this is rescued by the Dnaaf4-mVenus transgene (p = 0.001, Fisher’s exact test) (C) Number of progeny per male, showing that rescued homozygous males are fully fertile compared with heterozygotes (p > 0.9999, Kruskal–Wallis analysis followed by Dunn’s test for multiple comparisons). n = 10 males for each genotype. (C) Data for males in (B) plotted as number of progeny per male. A single Dnaaf4 homozygote gave progeny, perhaps due to being non-virgin at collection—40 progeny compared with a mean of 96.9 for heterozygotes. (D) Fertility assay results showing a decrease in the number of fertile males in the Dnaaf6 null mutant when compared to control groups (0.0001). Dnaaf6 rescue did not produce progeny (p < 0.0001) like that of the homozygous null mutants. n = 10 males per genotype. (E–I) Testes and associated male reproductive structures dissected from adult males and observed by light microscopy. Scale bars, 50 μm. (E) Dnaaf4 heterozygote testis showing S-shaped motile sperm emerging from large (sperm-filled) seminal vesicle (black arrow). (F) Dnaaf4 homozygote testis showing small (empty) seminal vesicle (black arrow) and absence of motile sperm. (G) Testis from Dnaaf4 homozygote with Dnaaf4-mVenus transgene showing rescue of motile sperm production. (H) Dnaaf6 heterozygote showing S-shaped motile sperm emerging from large (sperm-filled) seminal vesicle (black arrow). (I) Dnaaf6 homozygote testes homozygote testis showing absence of motile sperm.
[image: Figure 6]FIGURE 6 | Knockdown and Null mutants of Dnaaf4 and Dnaaf6 have defective chordotonal sensory function. (A–F) Adult climbing assays for proprioceptive ability. Plots (with median and individual values), each point is a batch of 8–12 females, n = 10 batches. (A,B) RNAi knockdown of Dnaaf4 and Dnaaf6 in sensory neurons (scaGal4) results in significant decrease in climbing ability. (C,D) Homozygote null adults for Dnaaf4 and Dnaaf6 have significantly decreased climbing ability compared with heterozygotes. (E,F) Rescue of null mutants. (E) Dnaaf4-mVenus transgene rescued the climbing ability of Dnaaf4 null mutant flies, showing a significant increase in climbing performance when compared to null (p = 0.0012), restoring climbing ability to the same level as the heterozygotes (p = 0.8130). (F) Dnaaf6-mVenus transgene partial restores climbing ability of Dnaaf6 null mutants (p = 0.0103), but not to levels seen in the heterozygote, although the latter difference does not reach significance (p = 0.1282). (G,H) Plots (with individual and median values) showing hearing assay performances for Dnaaf4−/− and Dnaaf6−/− larvae in comparison to heterozygote and wild-type (OrR) controls. Number of larvae contracting before and during a 1000-Hz tone was measured. Individual points are batches of 5 larvae, n = 5 batches. There is a significant difference between the number of larvae contracting before and during the tone (p < 0.0001) for control groups of both genotypes. There is no significant difference between the number of contractions occurring before and during the tone for Dnaaf4 or Dnaaf6 null mutants, indicating no behavioural response to stimulus. For climbing assays, significance was determined by Kruskal–Wallis followed by Dunn’s test for multiple comparisons. For hearing assay, significance was determined by two-way RM ANOVA and Sidak’s multiple comparisons test. Statistical significance on plots is indicated by asterisks: *, p ≤ 0.05; **, p ≤ 0.01; ***, p ≤ 0.001; ****, p ≤ 0.0001.
To confirm these phenotypes, CRISPR/Cas9 null mutants for Dnaaf4 and Dnaaf6 were generated, in which the open reading frame of each gene was replaced with the mini-white gene through homology-directed repair. For both Dnaaf4 and Dnaaf6, homozygous null mutant flies are viable with no morphological defects, supporting the hypothesis that they are not required for general cellular functions. However, both Dnaaf4 and Dnaaf6 null males are infertile (Figures 5B–D). Dissection of testes showed normal anatomy but a complete lack of motile sperm (Figures 5E–I). In Dnaaf4 null males, the development of motile sperm was rescued by the Dnaaf4-mVenus transgene (Figures 5C,G). However, the Dnaaf6-mVenus transgene did not rescue the fertility of Dnaaf6 males (Figure 5D).
In a climbing assay, Dnaaf4 and Dnaaf6 homozygous null flies showed significant impairment compared to controls, consistent with defective chordotonal neuron function in proprioception (Figures 6C,D). Climbing ability of null flies was restored fully or partially by Dnaaf4-mVenus and Dnaaf6-mVenus transgenes respectively (Figures 6E,F).
To assess the auditory function of chordotonal neurons, a larval hearing assay was performed. Third-instar larvae normally respond to a 1000-Hz sine wave tone by momentarily contracting, a behaviour that requires functional dynein motors for mechanotransduction within chordotonal neuron cilia (zur Lage et al., 2021). Larvae homozygous for Dnaaf4 or Dnaaf6 mutations did not respond to a tone stimulus, consistent with functionally impaired chordotonal neurons in vibration sensing (Figures 6G,H).
3.5 Axonemal Dyneins are Defective in Dnaaf4 and Dnaaf6 Mutant Cilia
Overall, the phenotypes for Dnaaf4 and Dnaaf6 null flies are consistent with loss of dynein-driven motility in chordotonal neurons and sperm. To examine this further, TEM was performed on the chordotonal neuron array in the adult antenna (Johnston’s Organ) of Dnaaf4 null mutant flies. This revealed largely normal neuronal structures including well-formed cilia, suggesting that there is no disruption of neuronal differentiation or general ciliogenesis. However, ODA and IDA were strongly reduced or absent (Figures 7A,B). In antennae from Dnaaf6 knockdown flies, TEM showed a strong reduction of IDAs and to a lesser extent ODAs (Figures 7C,D).
[image: Figure 7]FIGURE 7 | Defective dynein motor localisation in mutants. (A–D) TEM of chordotonal neurons in adult antennae, transverse sections of cilia showing 9 + 0 axonemal arrangement. (A) Control (Dnaaf4+/− heterozygote) with ODAs and IDAs (red lines) on each microtubule doublet. (B) Dnaaf4−/− homozygote showing severe loss of ODA and IDA structures from the microtubule doublets. (C) RNAi control (scaGal4, UAS-Dcr2, KK line) and (D) Dnaaf6 knockdown (scaGal4, UAS-Dcr2, UAS-Dnaaf6RNAi). The latter shows a reduction of ODA and IDA. (E–P) Immunofluorescence of ODA/IDA markers (green) in differentiating chordotonal neurons of pupal antennae. All are counterstained with phalloidin, detecting the scolopale structures surrounding the cilia (magenta). (E–H) ODA heavy chain Dnah5 localisation in cilia is lost from Dnaaf4−/− and Dnaaf6−/− homozygote mutants (F,H) compared to controls (E,G), despite presence of protein in the cell bodies. (I,J) ODA marker, Dnal1-mVenus shows a similar loss of ciliary localisation in Dnaaf4−/− homozygote (J) relative to w- control (I). (K–N) IDA marker, Dnali1-mVenus shows a partial loss of ciliary localisation in Dnaaf4−/− and Dnaaf6−/− homozygotes (L,N) relative to heterozygote controls (K,M). (O,P) TRPV channel subunit Iav shows no difference in ciliary localisation between Dnaaf4−/− homozygote (P) and w- control (O). Scale bars: (A–D) 100 nm, (E–P) 10 mm. Number of antennae imaged for IF: (E) n = 7; (F) 7; (G) 6; (H) 5; (I) 5; (J) 10; (K) 5; (L) 9; (M) 8; (N) 9; (O) 6; (P) 7.
We extended these observations by examining the localisation of dynein markers in chordotonal neurons of pupal antennae. The ODA heavy chain, Dnah5, showed a complete loss of ciliary localisation in both Dnaaf4 and Dnaaf6 mutants (Figures 7E–H). For Dnaaf4, similar loss was observed for the ODA light chain marker, Dnal1-mVenus (Figures 7I,J). A marker of IDA subsets a,c,d, Dnali1-mVenus (light-intermediate chain 1), showed partial loss in ciliary localisation, which was more pronounced in Dnaaf4 than Dnaaf6 mutants (Figure 7K–N). In contrast, the cilium localised TRPV channel subunit, Iav, was not altered in Dnaaf4 mutants (Figure 7O,P), suggesting that disruption of ciliary protein localisation is restricted to dynein complexes. Together, these observations suggest that both genes are required specifically for ciliary localisation of axonemal dyneins.
To investigate further, we assessed changes in protein abundance in Dnaaf4 knock-down testes by label free quantitative mass spectrometry. In such experiments, a reduction in dynein chains has been considered consistent with instability resulting from defective cytoplasmic pre-assembly (zur Lage et al., 2018; zur Lage et al., 2021). Proteins detected in Dnaaf4 knock-down testes were compared with control testes, and then filtered to concentrate on those associated with ciliary motility (dynein motors, nexin-dynein regulatory complex, radial spokes, etc., (zur Lage et al., 2019). As expected, Dnaaf4 protein is strongly depleted in knockdown testes [log2(FC) = −8.69] (Figure 8A). Of the other ciliary proteins detected, we found a small reduction in several ODA and IDA heavy chains, including kl-3 (orthologue: DNAH8, ODA), Dnah3 (DNAH3, IDA subsets a,b,c,e) and Dhc16 F (DNAH6, IDA subset g). Also reduced were CG15128 (paralogue of TTC25, ODA docking complex), CG10750 (CCDC43B, MIA complex) and CG13168 (IQCD, Nexin-DRC). This may reflect a reduction in axonemal stability that appears to be characteristic of dynein loss in spermiogenesis (zur Lage et al., 2021). Interestingly, there is a small increase in Dnaaf2, which is one of the potential partners of Dnaaf4. To compare with the phenotype of another DNAAF, we also determined protein changes upon knockdown of TPR-containing Spag1 (zur Lage et al., 2018). After filtering for motile ciliary proteins, we found very little difference in protein abundances between Dnaaf4 and Spag1 knockdown testes, suggesting that the roles of these DNAAFs are similar, or at least not distinguishable by this technique (Figure 8B).
[image: Figure 8]FIGURE 8 | Proteomic changes in Dnaaf4 mutant testes. (A) Volcano plot of motile cilia-associated proteins detected by MS in testes. To the left of the Y axis are proteins that are more less abundant in Dnaaf4RNAi KD (BamGal4, UAS-Dnaaf4RNAi) testes compared with BamGal4 control (depleted); to the right are proteins that are more abundant than in the control. Dnaaf4 protein itself is strongly depleted as expected (log2(FC) = −8.69, -log10 (p value) = 4.39) but for clarity it is not shown on plot. Proteins with -log10 (p value) > 1.3 (green points) are labelled with names of human homologues. The Drosophila gene names are shown to the right. n = 30 pairs of testes/replicate; 4 replicates per genotype. (B) Volcano plot comparing motile cilia-associated proteins detected in testes from Dnaaf4 knockdown testes compared with Spag1 knockdown testes (BamGal4, UAS-Spag1RNAi). The only proteins showing significant difference in abundance are Dnaaf4 and Spag1 themselves. Significance was determined using the Empirical Bayes method. n = 30 pairs of testes/replicate; 4 replicates per genotype.
4 DISCUSSION
Drosophila Dnaaf4 and Dnaaf6 are both required for axonemal dynein localisation within cilia, showing that despite the truncated nature of Dnaaf4, there is conservation of the roles assigned to homologues in other organisms. Physical evidence supports the possibility that they perform this role together in Drosophila as part of an R2TP-like complex that may include Pontin and Reptin (Ruvbl1 and 2). On the other hand, for neither gene do we find evidence of function beyond the differentiation of motile cilia, suggesting that in Drosophila at least, the role of these genes is specific to axonemal dynein assembly.
Vertebrate DNAAF4 is predicted to recruit HSP90 via its TPR domain, and we show that mouse Dnaaf4 is able to bind Hsp90. It is remarkable, therefore, that despite apparent conservation of function as an Hsp90 co-chaperone, Drosophila Dnaaf4 protein lacks the TPR domain and does not bind Hsp90. Perhaps an accessory TPR-containing protein works with Drosophila Dnaaf4. Interestingly, Drosophila Spag1 is also strongly truncated, but in this case the truncation retains the TPR domain and not much else (zur Lage et al., 2019). Does Spag1 work in partnership with Dnaaf4? Our proteomic analysis of knockdown testes suggests that Dnaaf4 and Spag1 have similar phenotypes. However, affinity purification analysis did not detect Spag1 as a Dnaaf4-interacting protein. On the other hand, this analysis also did not detect interaction with Dnaaf6, and so the conditions of the assay may not be conducive to identifying Dnaaf4 protein interactors efficiently.
There are questions regarding the role of the DNAAF4 TPR domain in humans too, since the protein exists in several isoforms with varying numbers of repeats in its TPR domain (Figure 1B). While isoform-a (which associates with DNAAF2) has a full 3-repeat TPR domain that is likely to be essential for HSP90 binding (Tarkar et al., 2013; Maurizy et al., 2018), isoform-c (which associates with DNAAF6) has only a single repeat (Paff et al., 2017; Maurizy et al., 2018). It seems unlikely that the limited TPR domain of isoform-c can bind HSP90 directly, and so it may not differ functionally from the Drosophila protein so strongly after all.
Interestingly, Drosophila truncated Dnaaf4 resembles the protein that would potentially be synthesised from the human gene bearing the pathogenic mutation detected in PCD: in the original report, 7 out of 9 DNAAF4 variants in PCD patients were nonsense mutations predicted to encode a truncated protein lacking TPR domains (Tarkar et al., 2013). However, as nonsense-mediated decay (NMD) of the transcript is thought to occur, it is likely that no protein is produced. The finding that Drosophila truncated Dnaaf4 is functional without a TPR domain raises the possibility that inhibition of NMD could restore some function to PCD patients with DNAAF truncating mutations, even if the protein produced lacks the TPR domain. On the other hand, we found in our heterologous expression system that the full TPR domain of mouse Dnaaf4 was required for strong interaction with Dnaaf6.
We find that Drosophila mutants of Dnaaf4 and Dnaaf6 show similar loss of dynein markers. While the markers available in Drosophila are limited, this finding supports them working in the same complex. There is a strong loss of ODA markers (Dnal1 and Dnah5 homologues) but a partial loss of IDA marker, Dnali1. This chain is predicted to be a subunit of single-headed IDA subsets a, c, and d, although it is not certain that d exists in Drosophila (zur Lage et al., 2019). In comparison, electron tomography analysis of human PIH1D3-mutant respiratory cilia showed a loss of subset g but no effect on subsets a or c (Olcese et al., 2017). Mutations of the Dnaaf4 homologue in Chlamydomonas resulted in strong reduction of most IDA subsets but a weak reduction of subset a (Yamamoto et al., 2017). In other organisms, homologues of these DNAAFs have also been proposed to have a role in the assembly of subset g. For further precision on the subsets affected in Drosophila, it would be desirable to generate heavy chain markers for IDA subsets such as antibodies raised against the IDA heavy chain DNAH6 homologue, Dhc16. Dnaaf4 is proposed to function with Dnaaf2 in addition to Dnaaf6, and it is not known whether this would be responsible for the assembly of other dynein complexes. Given that Dnali1 expression appears lower in the Dnaaf4 mutant than the Dnaaf6 mutant, this may also suggest a role for Dnaaf4 partners with proteins in addition to Dnaaf6.
Several DNAAFs are suspected of having additional non-ciliary functions. For example, mice DNAAF2 homozygotes are reported to be embryonic lethal (Cheong et al., 2019) consistent with wider roles, and it may be significant that only a small number of PCD patients have been identified with mutations in DNAAF2 (Omran et al., 2008). In Drosophila, Dnaaf2 (nop17l) appears to be widely expressed in embryos (zur Lage et al., 2019), supporting the possibility of widespread roles for this DNAAF. In contrast, Drosophila Dnaaf4 is specifically expressed in motile ciliated cells supporting the hypothesis that has no other roles than facilitating axonemal dynein assembly. In this light it is interesting to consider the roles proposed for vertebrate DNAAF4. Truncating mutations of DNAAF4 were first identified as a candidate causative gene for dyslexia through a role in brain development and maturation (Taipale et al., 2003). Based on rodent models, it has been proposed that DNAAF4 mutation affects neuronal migration in the developing neocortex (Wang et al., 2006) The link between DNAAF4 and dyslexia requires further confirmation since this gene did not associate with dyslexia in follow-up studies on other populations (Scerri, 2004; Marino et al., 2005). It is not immediately clear how such a phenotype depends on ciliary motility, raising the possibility that DNAAF4 may have additional non-ciliary roles. Alternatively, a potential role in neuronal migration/dyslexia could also be an indirect effect of a motile cilia defect, since ciliary motility is required for CSF flow (Kumar et al., 2021). Another intriguing possibility arises from the observation that neuropsychiatric disorders such as schizophrenia, autism and dyslexia have been connected to left-right asymmetry (Valente et al., 2014; Trulioff et al., 2017), which is determined via motile cilia in the embryonic node. Indeed, a recent case report of mutations in the dynein heavy chain genes, DNAH5 and DNAH11 has raised the possibility of a link between situs inversus and developmental dyslexia (Bieder et al., 2020).
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Ciliopathies are rare congenital disorders, caused by defects in the cilium, that cover a broad clinical spectrum. A subgroup of ciliopathies showing significant phenotypic overlap are known as skeletal ciliopathies and include Jeune asphyxiating thoracic dysplasia (JATD), Mainzer-Saldino syndrome (MZSDS), cranioectodermal dysplasia (CED), and short-rib polydactyly (SRP). Ciliopathies are heterogeneous disorders with >187 associated genes, of which some genes are described to cause more than one ciliopathy phenotype. Both the clinical and molecular overlap make accurate diagnosing of these disorders challenging. We describe two unrelated Polish patients presenting with a skeletal ciliopathy who share the same compound heterozygous variants in IFT140 (NM_014,714.4) r.2765_2768del; p.(Tyr923Leufs*28) and exon 27–30 duplication; p.(Tyr1152_Thr1394dup). Apart from overlapping clinical symptoms the patients also show phenotypic differences; patient 1 showed more resemblance to a Mainzer-Saldino syndrome (MZSDS) phenotype, while patient 2 was more similar to the phenotype of cranioectodermal dysplasia (CED). In addition, functional testing in patient-derived fibroblasts revealed a distinct cilium phenotyps for each patient, and strikingly, the cilium phenotype of CED-like patient 2 resembled that of known CED patients. Besides two variants in IFT140, in depth exome analysis of ciliopathy associated genes revealed a likely-pathogenic heterozygous variant in INTU for patient 2 that possibly affects the same IFT-A complex to which IFT140 belongs and thereby could add to the phenotype of patient 2. Taken together, by combining genetic data, functional test results, and clinical findings we were able to accurately diagnose patient 1 with “IFT140-related ciliopathy with MZSDS-like features” and patient 2 with “IFT140-related ciliopathy with CED-like features”. This study emphasizes that identical variants in one ciliopathy associated gene can lead to a variable ciliopathy phenotype and that an in depth and integrated analysis of clinical, molecular and functional data is necessary to accurately diagnose ciliopathy patients.
Keywords: IFT140, skeletal ciliopathy, cilium phenotype, MZSDS-like features, CED-like features
1 INTRODUCTION
Ciliopathies are a group of rare disorders that show clinical and genetic heterogeneity. The majority of ciliopathies are recessively inherited, however, few autosomal dominant forms (e.g. polycystic kidney disease, ADPKD) and X-linked inheritance patterns (e.g. retinitis pigmentosa, RP) have been reported (Tsang and Sharma, 2018; Ma, 2021). To date 35 ciliopathies and >187 associated disease genes have been described in literature (Reiter and Leroux, 2017). Those ciliopathies presenting with significant skeletal abnormalities are collectively called skeletal ciliopathies, i.e. Jeune asphyxiating thoracic dystrophy (JATD), short-rib polydactyly syndrome (SRPS), Mainzer-Saldino syndrome (MZSDS) and cranioectodermal dysplasia (CED). The skeletal ciliopathy cluster of CED (also called Sensenbrenner syndrome, MIM#218330, MIM#613610, MIM#614099, MIM#614378), MZSDS (MIM#266920, MIM#615630) and JATD (MIM#611263, MIM#613091, MIM#613819, MIM#614376, MIM%208,500) share significant genetic and phenotypic overlap. All three syndromes are characterized by skeletal features; short stature, rhizomelic limb shortening, and narrowing of the thorax to a variable degree where JATD shows the most severe form. A defining feature of JATD and MZSDS is pelvic abnormalities, which distinguishes the two syndromes from CED. While ectodermal abnormalities (i.e. nail, teeth and hair abnormalities) and dysmorphic craniofacial features such as frontal bossing and craniosynostosis are typical for CED and moderately common for MZSDS. The combination of renal and retinal abnormalities is typical for MZSDS, but can also occur in CED and to a much lesser extent in JATD. The major cause of skeletal ciliopathies are defects in genes that encode components of the intraflagellar transport complex A (IFT-A) and complex B (IFT-B). IFT is an evolutionarily conserved bidirectional trafficking machinery that is driven by kinesin- and dynein motor complexes and is essential for proper cilia function and structure. The IFT-B complex is composed of 16 proteins and is responsible for the anterograde transport, while the much smaller IFT-A complex is associated with retrograde transport. The IFT-A complex can be divided into a three core proteins; IFT122, IFT140 and WDR19, and three peripheral proteins; IFT43, WDR35, TTC21B. Dysfunctional IFT140 results in an accumulation of IFT proteins at the ciliary tip and in cilium shortening (Piperno et al., 1998; Miller et al., 2013). Cilia play an important role in diverse signaling pathways including Hedgehog (Hh),Wingless (Wnt), platelet-derived growth factor receptors (PDGFR), mammalian target of rapamycin (mTOR), G-protein coupled receptors (GPCR), Hippo and Notch. These pathways are crucial for normal embryonic development and for tissue homeostasis after birth (Wheway et al., 2019).
Variants in IFT140 are implicated in the pathogenesis of CED and MZSDS, but also in JATD, Bardet-Biedl syndrome (BBS), Optiz trigonocephaly C syndrome (OTCS), and isolated retinitis pigmentosa (RP) displaying the complexity of ciliopathies (Cole and Snell, 2009; Schmidts et al., 2013; Bifari et al., 2016; Schaefer et al., 2016; Pena-Padilla et al., 2017). Here, we present a clinical, molecular and functional study of two unrelated patients with identical compound heterozygous variants in IFT140 and show that the observed clinical differences were supported by distinctive cilium phenotypes of the two patients. Moreover, we suggest an alternative description of MZSDS to better resemble the variability seen between patients within this cohort, i.e. “IFT140-related ciliopathy with MZSDS- or CED-like features”.
2 MATERIALS AND METHODS
2.1 Ethical Considerations
The study was conducted to the ethical tenets of the Declaration of Helsinki and in agreement with the “Code of Conduct for responsible use of patient-derived material”. This study was approved by the Bioethics Committee at Poznan University of Medical Sciences in compliance with The Good Clinical Practice (GCP) and Polish law. Written informed consent was obtained from the patients and their parents.
2.2 Collection of Samples
Genomic DNA from both patients and their parents was extracted from whole blood and used for exome sequencing (ES) using a standard method. Skin-derived fibroblasts from both patients were obtained and used for immunofluorescent imaging.
2.3 Exome Sequencing
Genomic DNA from the affected patients and the unaffected parents of patient 2 were used for ES . Prior to sequencing, samples were prepared with the Twist library preparation kit (TWIST Bioscience, San Francisco, CA, United States) followed by sequencing on an Illumina Novaseq sequencer (Illumina, San Diego, CA, United States). Reads were aligned to the human genome assembly GRCh37(HG19) using the Burrows-Wheeler aligner version 0.7.13. Variant calling was performed for SNV with GATK HaplotypeCaller version 3.4–46, and for CNV with ExomeDepth version 1.1.12.
2.4 IFT140 Transcript Analysis
RNA was isolated from skin-derived cultured fibroblasts using a standard method. Samples were prepared using the Illumina Stranded mRNA Prep kit according to the manufacturer’s instructions. A total of 18 samples were pooled, equimolar, and sequenced on a SP flowcell using the Illumina NovaSeq6000 (Illumina, San Diego, CA, United States). Demultiplexing and sample analysis with DRAGEN RNA Pipeline 3.7.5 was performed on the Illumina BaseSpace platform.
2.5 Cilium Phenotyping Using the Automated ALPACA Tool
The cilium phenotype for both patients was determined using a standardized immunofluorescent assay in skin-derived fibroblasts as described by Doornbos et al. (Doornbos et al., 2021). In brief, the fibroblasts were cultured under standard cell culture conditions on glass coverslips. Cilia formation was stimulated by replacement of the culture medium containing 20% fetal calf serum (FCS) to medium containing 0.2% FCS for 48 h prior to staining. Upon fixation, permeabilization and blocking, the cells were stained with antibodies to visualize different cilium parameters, i.e. ciliogenesis, cilium length, and retrograde IFT. The ciliogenesis parameter represents the percentage of ciliated cells and is visualized by acetylated-α-tubulin + ARL13B + PCNT. The cilium length was measured using the ALPACA tool, described in detail by Doornbos et al., based on the length of the combined acetylated-α-tubulin and ARL13B signal. The ALPACA tool was also used to measure the surface area of IFT88 and an increased surface area of IFT88 indicates defective retrograde transport. The cilium length and the IFT88 measurement data were combined and plotted into a previously generated reference graph containing data from six control fibroblast lines and ten skeletal ciliopathy patient fibroblast lines (Doornbos et al., 2021).
3 CLINICAL REPORT
Detailed clinical characteristics of two unrelated male patients, showing clinical overlap but diagnosed with a different ciliopathy based on differences in the clinical phenotype, presented in Table 1 and Figures 1A–J.
TABLE 1 | Clinical features of patients with compound heterozygous variants in IFT140 described in this study and in literature.
[image: Table 1][image: Figure 1]FIGURE 1 | Phenotype and genotype of patients 1 and 2. Proximal limb shortening, narrow thorax, frontal bossing, high forehead, low set and simple ears is present in both patients (A,F,G,H). (A–E) Clinical features of patient 1: dolichocephalic head shape, full cheeks, micrognathia (A) obesity and hyperlordosis (B,C), brachydactyly and sandal gap (D,E). (F–J) Clinical features of patient 2: pectus excavatum (F), epicanthal folds and telecanthus, broad nasal bridge, everted lower lip (G), brachydactyly and sandal gap (I,J). (K) Sanger sequence of heterozygous variant r.2765_2768del in IFT140 (NM_014714.3: c.2767_2768+2del, p.(Tyr923Leufs*28)), representative for patient 1 and 2. (L) Schematic representation of the splicing effect caused by IFT140 r.2765_2768del. The coloured lines indicate the splicing between exons, in green the wildtype splicing between exon 21 and 22 and in red the aberrant splicing seen in patients 1 and 2. (M) Schematic overview of the heterozygous exon 27–30 duplication (p. (Tyr1152_Thr1394dup)) detected in patients 1 and 2. Orange bars indicate an increase in coverage and blue bars indicate a decrease in coverage.
In summary, patient 1, a 10-year old boy was referred to a clinical geneticist due to severe retinal degradation, facial dysmorphisms, bone dysplasia, skeletal abnormalities and chronic renal failure (after kidney transplantation at 4.5 years of age). Patient 2, a 16-year old boy, presented with facial dysmorphisms, global developmental delay, epilepsy (from 14 years old), abnormal body proportions, skeletal abnormalities, ESRD and congenital CMV infection. The skeletal abnormalities in both patients include narrowing of the chest, short stature, rhizomelic limb shortening, brachydactyly, and cone-shaped epiphyses of phalanges. Besides the significant clinical overlap between patients 1 and 2 there are also typical phenotypic differences, including the presence of dolichocephaly, micrognathia and thin hair in patient 1 but not in patient 2, and, the presence of a broad nasal bridge, everted lower lip, nail abnormalities and joint laxity only in patient 2. In addition, there were striking differences in the development of both patients. Patient 1 showed normal psychomotor development and intelligence, while patient 2 showed developmental delay with intellectual disability and epilepsy. Even though both patients developed early-onset end-stage renal disease (ESRD) the development of the disease was different. Patient 1 developed ESRD at the age of 3 years, while patient 2 was diagnosed with rapid end-stage renal failure due to diffuse glomerulosclerosis and fibrosis at the age of 9 months. Moreover, patient 2 presented with a bilateral vesicoureteral reflux (VUR) grade II.
4 RESULTS
4.1 ES Revealed Identical Causative Variants in IFT140
A targeted analysis was performed selecting exonic and intronic position -20 to +8 variants in 170 ciliopathy associated genes (Radboudumc ciliopathy gene panel version DG3.00 (Radboudumc)) with a frequency <1% in dbSNP151, <5% in in-house db (containing data from >22.000 exomes), and <1% in gnomAD (version 2.1.1). This resulted in 16 variants for patient 1 and 19 variants for patient 2 (Supplementary Tables S1 and S2). CNV analysis was performed by selecting for segments containing any of the 170 ciliopathy associated genes and a frequency <1% in the in-house db. This resulted in two duplications for patient 1 and one duplication for patient 2 (Supplementary Table S3). Subsequently, the combined variants from SNV and CNV were filtered for a recessive inheritance model and a matching phenotype, resulting in a single gene, IFT140, in both patients. Both probands carry the same variants in IFT140 Chr16 (GRCh37):g.1575886_1575889del; NM_014,714.4: r.2765_2768del; p.(Tyr923Leufs*28) and exon 27–30 duplication; p.(Tyr1152_Thr1349dup) (Figure 1K-M). Segregation analysis in both families fit with a recessive inheritance pattern. The deletion variant in IFT140 r.2765_2768 has previously been reported as a likely pathogenic variant in ClinVar (VCV000863072.3) in a patient with retinal dystrophy, as well as, a patient with MZSDS. The duplication variant in IFT140 NC_000016.9:g.1568118(NM_014714.4):c (4182 + 99)_(3558)dup is absent from ClinVar, but has been detected in two Polish skeletal ciliopathy patients and in eight families reported by Geoffroy (Geoffroy et al., 2018; Walczak-Sztulpa et al., 2020). These include six families (seven patients) diagnosed with MZSDS, one patient with JATD and one affected individual with features of CED.
A larger duplication, including the variant detected in patients 1 and 2, has been reported once in a patient with a skeletal ciliopathy (VCV000523177.1). In addition to the variants in IFT140, a heterozygous variant c.1354G > A; p.Ala452Thr in INTU (NM_015693.3) was detected in ES data from patient 2. The minor allele frequency of INTU variant c.1354G > A is 0.246% in GnomAD v2.1. 1 (accessed on 19 May 2022). The detected variant was previously described as likely pathogenic in a patient with nephronophthisis and growth retardation by Toriyama et al. (Toriyama et al., 2016). Furthermore, the molecular data from patient 2 was analyzed for rare variants (same filters applied as described above) in genes associated with intellectual disability (ID) (Radboudumc ID gene panel version DG3.00 (Radboudumc, 2021)) and analyzed for ID-associated CNVs. The resulting variant list was filtered for both autosomal recessive and autosomal dominant inheritance models and subsequently checked for phenotypic overlap. This approach did not lead to candidate variants that could explain the ID phenotype seen in patient 2.
4.2 Aberrant Splicing of IFT140 Transcript
RNA isolated from skin-derived fibroblasts from patients 1 and 2 was used for IFT140 transcript analysis. Compared to the reference fibroblast sample both patient samples showed aberrant splicing at the splice donor site of exon 21 where ES revealed a 4bp deletion (Figure 1L). Approximately half of the reads originated from position r.2764 indicating a 4bp deletion r.2765_2768del and would result in a frameshift.
4.3 Different Cilium Phenotype Between Patients 1 and 2
Skin-derived fibroblasts from patients 1 and 2 were used to determine the cilium phenotype based on three parameters; ciliogenesis, cilium length, and retrograde IFT (Supplementary Figure S1). The results were compared to the “healthy cilium phenotype” and that of two distinct skeletal ciliopathy cohorts, ATD and CED, described by Doornbos et al. (Table 2) (Doornbos et al., 2021). Fibroblasts from both patients showed normal ciliogenesis >90% and a significantly increased IFT88 measurement of 0.99 ± 0.08µm2 for patient 1 and 0.79 ± 0.08µm2 for patient 2. While the cilium length for patient 1 was, although slightly increased, within normal range (3.71 ± 0.07 µm), the cilia of patient 2 were significantly shorter (3.04 ± 0.15 µm) (Figure 2). Based on these cilium length and IFT88 measurements, the cilium phenotype of patient 2 resembles that seen in CED patients whereas, the results of patient 1 are clearly abnormal, the cilium phenotype does not cluster with ATD nor CED.
TABLE 2 | Cilium phenotypes. The cilium phenotypes of three clusters; control, Jeune asphyxiating thoracic dysplasia and cranioectodermal dysplasia published by Doornbos et al. (Doornbos et al., 2021). Followed by the measurements from this study, a control line, patient 1 and patient 2. The cilium phenotypes are represented by the ciliogenesis, cilium length and IFT-A (the IFT88 measurement along the ciliary axoneme).
[image: Table 2][image: Figure 2]FIGURE 2 | Ciliopathy cilium phenotype clusters. The cilium phenotype clusters are based on two cilium parameters; cilium length (Y-axis) and IFT88 measurement (X-axis) published in Doornbos et al. (Doornbos et al., 2021). The confidence intervals (CI) of 0.5 and 0.9 are indicated per identifiable group, i.e. the control, ATD, and CED cohorts. The cilium phenotype of patient 1 showed a normal cilium length (3.71 ± 0.07 µm) and an increased IFT88 measurement (0.99 ± 0.08µm2), therefore it does not fit in any cluster. Patient 2 showed a decreased cilium length (3.04 ± 0.15 µm) and an increased IFT88 measurement (0.79 ± 0.08µm2), therefore it is positioned on the border of the CED cluster.
5 DISCUSSION
The two patients described in this report share identical compound heterozygous variants in IFT140. Despite the large phenotypic overlap, the observed clinical differences between patients 1 and 2 led to the suspicion of two different diagnoses. Functional experiments were requested to further investigate the clinical variability, and indeed, the different cilium phenotypes of each patient emphasized the observed clinical variability. The cilium phenotyping data placed patient 2 (decreased cilium length and increased IFT88 measurement) on the border of the established CED cluster, whereas patient 1 (normal cilium length and increased IFT88 measurement) did not fit in any previously defined cluster. Additional experiments are required to further elucidate the exact underlying mechanism that caused this difference in cilium phenotype.
One explanation for the cilium phenotypic difference could be the effect of the likely pathogenic variant found in INTU in the ES of patient 2, which was not present in patient 1. Interestingly, INTU has been described to interact with the IFT-A protein complex (Toriyama et al., 2016). Protein interaction studies showed that the ciliogenesis and planar polarity effector (CPLANE) complex proteins, consisting of INTU, FUZ, and WDPCP, interact with all six components of the retrograde IFT complex. The absence of CPLANE inhibits peripheral IFT proteins (IFT43, WDR35, and TTC21B) to localize to the basal body of the cilium and therefore do not assemble onto the IFT core proteins (IFT122, IFT140, WDR19). These data show that there is a connection between INTU and IFT-A components. Therefore, we can speculate that the detected INTU variant adds to the burden of the IFT140 variants on proper functioning of the IFT-A complex. Recent literature has shown that mutations in INTU are causative for a short-rib polydactyly syndrome phenotype (Toriyama et al., 2016; Bruel et al., 2018). The INTU variant c.1354G > A that was detected in patient 2 has previously been described to be causative in a 13-year old female with nephronophthisis, ESRD at 10 years of age and growth retardation. The authors suggest that the variant may be hypomorphic since the affected residue is poorly conserved and the patient has a milder phenotype compared to other INTU patients. It is possible that the likely pathogenic INTU variant contributes to the more severe phenotype seen in patient 2 presented in this study, however, further functional studies are required to provide more evidence.
The heterogeneity of ciliopathies is well known. With over 187 associated genes and a pleiotropy of ciliopathy genes for which one gene can cause different phenotypes (Reiter and Leroux, 2017). One example is WDR19 which is associated with JATD, CED, NPHP, RP, and Senior Løken syndrome (Bredrup et al., 2011; Coussa et al., 2013). In this report, we present two patients with identical compound heterozygous variants and a variable clinical phenotype. A similar case to what we found with the INTU variant, was presented by Maglic et al. who described two families with variants in TMEM231 (Maglic et al., 2016). In these two families, of whom the fathers are identical twins, both had children affected with a ciliopathy caused by compound heterozygous variants in TMEM231. The mothers carried two different missense variants in TMEM231 and the fathers carried the same variant. Family 1 had four children with Joubert syndrome (MIM#614970) of which three of the children had an identical phenotype whereas the fourth child was more severely affected. They suggest that an additional variant in the ciliopathy gene BBS10, only present in the fourth child, could explain the more severe phenotype. Moreover, the child in the second family presented with Meckel-Gruber syndrome (MIM#615397). Although the compound heterozygous variants between the two families are not identical, it is intriguing to find two different diagnoses in these two closely related families.
We cannot exclude that the developmental delay, ID and epilepsy are a result of the congenital CMV infection that patient 2 had. Recent literature showed that younger children (age 0–2) have an increased risk of developing epilepsy upon experiencing a congenital CMV infection (Lin et al., 2021).
While JATD and CED have cardinal features distinguishing one from the other, this is less clear for MZSDS as we showed in this study. Both presented patients, as well as, published patients with causative variants in IFT140 display a variable phenotype sharing features with both JATD and CED. This may indicate that the classic description of the skeletal ciliopathy cluster, CED, MZSDS and JATD, does not adequately cover the observed variability within each cohort. Instead “IFT140-related ciliopathy with MZSDS- and/or CED-like features” could be considered to better represent the phenotype of the patient. In our study, the CED-like features such as the ectodermal- and craniofacial dysmorphisms were more prominent in patient 2 compared to patient 1, and together with the suggestive cilium phenotype results we would consider two different diagnoses for each patient. Patient 1 was diagnosed with “IFT140-related ciliopathy with MZSDS-like features” and patient 2 with “IFT140-related ciliopathy with CED-like features”. The intra- and interfamilial clinical variability in patients with identical casual variants has been reported in ciliopathy patients. It is of note that the presence of modifying alleles, environmental factors, and other mechanisms such as epigenetics may play a role in the phenotypic variability. However, it is difficult to precisely define the impact of these factors on the clinical manifestation (Mitchison and Valente, 2017; Walczak-Sztulpa et al., 2021).
The definition of a diagnosis is not set in stone and calls for careful consideration of different facets of the disease. The initial clinical examination, often the guideline for ES analysis, will determine the course of the care path followed by the patient. In our experience the clinical symptoms are leading in defining the differential diagnosis for a patient, but we strongly believe that the addition and integration of molecular genetics data and functional work to the clinical phenotype is crucial to come to an accurate diagnosis for each patient. We showed that the observed clinical differences between two skeletal ciliopathy patients carrying identical causative variants were supported by different cilium phenotypes. Moreover, we suggest to describe the presented phenotypes as “IFT140-related ciliopathies with MZSDS- or CED-like features” to better represent a variable disease cohort. We advocate the necessity of combining clinical, molecular, and functional data to accurately diagnose ciliopathy patients.
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Background: Primary ciliary dyskinesia (PCD) is a rare genetic disorder, predominantly autosomal recessive. The dynein axonemal assembly factor 4 (DNAAF4) is mainly involved in the preassembly of multisubunit dynein protein, which is fundamental to the proper functioning of cilia and flagella. There are few reports of PCD-related pathogenic variants of DNAAF4, and almost no DNAAF4-related articles focused on sperm phenotype. Moreover, the association between DNAAF4 and scoliosis has never been reported, to the best of our knowledge.
Materials and Methods: We recruited two patients with a clinical diagnosis of PCD. One came from a consanguineous and another from a non-consanguineous family. Clinical data, laboratory test results, and imaging data were analyzed. Through whole exome sequencing, immunofluorescence, electron microscopy, high-speed video microscopy analysis, and hematoxylin–eosin (HE) staining, we identified the disease-associated variants and validated the pathogenicity.
Results: Proband 1 (P1, F1: II-1), a 19-year-old man, comes from a non-consanguineous family-I, and proband 2 (P2, F2: II-1), a 37-year-old woman, comes from a consanguineous family-II. Both had sinusitis, bronchiectasis, situs inversus, and scoliosis. P1 also had asthenoteratozoospermia, and P2 had an immature uterus. Two homozygous pathogenic variants in DNAAF4 (NM_130810.4), c.988C > T, p.(Arg330Trp), and DNAAF4 (NM_130810.4), c.733 C > T, p.(Arg245*), were identified through whole exome sequencing. High-speed microscopy analysis showed that most of the cilia were static in P1, with complete static of the respiratory cilia in P2. Immunofluorescence showed that the outer dynein arms (ODA) and inner dynein arms (IDA) were absent in the respiratory cilia of both probands, as well as in the sperm flagellum of P1. Transmission electron microscopy revealed the absence of ODA and IDA of respiratory cilia of P2, and HE staining showed irregular, short, absent, coiled, and bent flagella.
Conclusion: Our study identified a novel variant c.733C > T, which expanded the spectrum of DNAAF4 variants. Furthermore, we linked DNAAF4 to asthenoteratozoospermia and likely scoliosis in patients with PCD. This study will contribute to a better understanding of PCD.
Keywords: primary ciliary dyskinesia, scoliosis, DNAAF4, bronchiectasis, situs inversus, asthenoteratozoospermia
INTRODUCTION
Primary ciliary dyskinesia (PCD, MIM:244400) is a rare genetic disorder caused by motile cilia dysfunction (Mirra et al., 2017). It has diverse clinical manifestations involving multiple systems, such as recurrent respiratory infections, sinusitis, situs inversus, and infertility (Knowles et al., 2016). To date, there have been no diagnostic tests that could be completely relied upon to confirm this disease (Shapiro et al., 2016). About 50 genes have been reported as causative for PCD, of which those reported to be associated with asthenoteratozoospermia (reduced sperm motility and abnormal sperm morphology) and scoliosis are even rarer (Coutton et al., 2015; Aprea et al., 2021; Lu et al., 2021). Asthenoteratozoospermia is an important cause of male infertility, which affects approximately 7% of the male population. In addition, genetic factors account for at least 15% of the causes of male infertility (Krausz and Riera-Escamilla, 2018). Hence, finding novel genetic factors for idiopathic infertility is crucial for PCD and male infertility. In addition, scoliosis is another PCD-related phenotype reported in this article, which was defined as a spinal malformation in a patient who has skeletal maturation with a Cobb angle in the coronal plane >10° (Aebi, 2005). Scoliosis can be observed in mice with some PCD causative gene variants, but it requires more attention in patients with PCD (Baschal et al., 2015; Gao et al., 2015; Zhou et al., 2015; Lu et al., 2021).
Dynein axonemal assembly factor 4 (DNAAF4, OMIM: 608706), also called DYX1C1, encodes a 420-aa protein with a tetratricopeptide repeat domains (Taipale et al., 2003). Previous studies of DNAAF4 focused on neuroscience and showed that it was involved in the migration of nerve cells (Taipale et al., 2003; Tapia-Páez et al., 2008). In recent years, with the in-depth research of the DNAAF family, the correlation between DNAAF4 and motile cilia gradually emerged. DNAAF4 is localized in the cytoplasm and it was mainly involved in the preassembly of cilia multi-subunit dynein protein (Aprea et al., 2021). Variants in DNAAF4 have been reported to be associated with bronchiectasis, situs inversus, female infertility, and abnormal ultrastructure of sperm (Guo et al., 2017; Aprea et al., 2021).
This study analyzed clinical data and whole exome sequencing data from two PCD patients, and two pathogenic variants of DNAAF4 were identified. Thereafter, we validated the pathogenicity of the variants by high-speed microscopy, immunofluorescence, hematoxylin-eosin (HE) staining, and transmission electron microscopy (TEM). We provide the detailed report of the association of DNAAF4 with asthenoteratozoospermia and scoliosis.
MATERIALS AND METHODS
Patients and Clinical Materials
The study protocol was approved by the review board of the Second Xiangya Hospital of Central South University in China. Informed consent was obtained from all subjects. All experiments were performed in accordance with the relevant guidelines and regulations. Two patients diagnosed with PCD and their families were recruited, in which one patient was from a consanguineous family and the other from a non-consanguineous family. The medical records of the subjects, including pulmonary, paranasal sinuses, abdominal computed tomography (CT) (Figure 1), X-ray of the spine, and nasal nitric oxide (nNO) levels results (Supplementary Table S1) were documented and reviewed.
[image: Figure 1]FIGURE 1 | Clinical features of the two patients. The chest high-resolution computed tomography (HRCT) scan of P1 (F1:Ⅱ-1) showed bronchiectasis, rhinosinusitis, and situs inversus. Radiographic image of P1 (F1:Ⅱ-1) showed scoliosis with a Cobb’s angle of 14°. The HRCT scan of P2 (F2:Ⅱ-1) showed bronchiectasis, rhinosinusitis, situs inversus, and immature uterus. Radiographic image of P2 (F2:Ⅱ-1) showed scoliosis with a Cobb’s angle of 11°.
Whole Exome Sequencing, Sanger Sequencing, and Bioinformatic Analysis
Blood samples from the patients and their family members were obtained with informed consent. Genomic DNA was extracted using the QIAamp DNA Blood MiniKit (250) (Qiagen, Valencia, CA) according to the manufacturer’s instructions. Whole exome capture and high-throughput sequencing were performed as previously described. In brief, genomic DNA of the patient was captured using the Agilent SureSelect Human All Exon V6 Kit (Agilent, California, United States) and sequenced on Illumina Hiseq 4000 (Illumina Inc., San Diego, United States). Following quality control, the sequencing reads were aligned to the NCBI human reference genome (GRCh37/hg19) by the Burrows Wheeler Aligner. ANNOVAR was employed to annotate the variant call format file.
Single-nucleotide variants (SNVs) and short insertions and deletions (indels) were filtered as follows: 1) Retain rare variants (minor allele frequency <0.01) in 1,000 Genomes Project (1,000G), NHLBI-ESP project, Exome Aggregation Consortium (ExAC4), and in-house database of Novogene. 2) Noncoding and intronic variants were filtered. 3) Synonymous missense variants were excluded. 4) Bioinformatics analyses (SIFT, Polyphen-2, MutationTaster, MutationAssessor, and CADD) were used for the remaining variants. 5) A PCD or PCD-candidate gene list derived from literatures was used to identify the disease-associated variant, as described in our previous study (Lei et al., 2022).
Sanger sequencing was used to validate the variant in the individuals. Primers were designed using an online tool (PrimerQuest, IDT, https://sg.idtdna.com/PrimerQuest). The primer sequences were as follows: proband 1, forward 5′- GCC​CAT​CCC​TGA​GTC​AAT​TA -3′, reverse 5′-GAG​ACC​TGC​CTG​TGC​AAT​A-3’; proband 2, forward 5′-GTG​ACT​TGT​TTG​CTA​CCA​TTG​TT-3′, reverse 5′-AGT​CGG​TAT​TCT​CTT​ATC​ACT​ATT​CTG-3′. PCR products were sequenced by the ABI PRISM 3730 DNA Analyzer using the BigDye Terminator v3.1 Cycle Sequencing Kit.
Evolutionary conservation analysis was performed by aligning the amino acid sequences of DNAAF4 proteins from different vertebrate species obtained from the GenBank database (https://www.ncbi.nlm.nih.gov/homologene/).
Transmission Electron Microscopy
To understand the abnormalities in the ultrastructure of the respiratory cilia, cilia were examined by means of electron microscopy. Samples of nasal mucosa (F2: II-1 and control) were fixed in 2.5% glutaraldehyde in 0.1 M sodium cacodylate buffer at 4°C, washed overnight, and postfixed in 1% osmium tetroxide. Following dehydration, the samples were embedded in epoxy resin. Following polymerization, several sections were picked out onto copper grids. The sections were stained with aqueous 1% uranyl acetate and Reynold’s lead citrate. An AHT7700 Hitachi electron microscope (Hitachi, Tokyo, Japan) and a MegaView Iii digital camera (Olympus Soft Imaging Solutions GmbH, Münster, Germany) were used to capture images.
Immunofluorescence Analysis
Nasal brushing biopsy samples (F1: II-1, F2: II-1, and control) and sperm specimens (F1: II-1 and control) were collected. For immunofluorescence analysis, the slides were incubated with primary antibodies (DNAH5, DNALI1, DNAI1, and anti-acetylated tubulin monoclonal antibody, respectively) for 2.5 h at 37°C. The slides were then incubated with secondary antibodies [Alexa Fluor® 488 antimouse IgG (A-21121) and Alexa Fluor® 555 anti-rabbit IgG (A31572)] for 1.5 h at 37°C. We used anti-acetylated tubulin monoclonal antibody (T7451, 1:500, Sigma-Aldrich, Missouri, United States) to mark the ciliary axonemal, DNAH5 (HPA037470, 1:25, Sigma-Aldrich, Missouri, United States) to label the outer dynein arm (ODA), DNALI1 (HPA028305, 1:25, Sigma-Aldrich, Missouri, United States) to label the inner dynein arm (IDA) of respiratory mucosa, DNAI1 (ab171964,1:25, Abcam, Cambridgeshire, United Kingdom) to outer dynein arm (ODA) of sperm, and DAPI to label the nuclei. An upright Olympus BX53 microscope (Olympus, Tokyo, Japan) and cellSens Dimension software (Olympus, Tokyo, Japan) were utilized to photograph fluorescence signals.
High-Speed Video Microscopy Analysis
Nasal brush biopsy samples (F1: II-1, F2: II-1, and control) were suspended in Gibco Medium 199 (12350039 Gibco). Strips of ciliated epithelium were imaged using an upright Olympus BX53 microscope (Olympus, Tokyo, Japan) with a 40x objective lens. Videos were recorded using a scientific complementary metal oxide semiconductor camera (Prime BSI, Teledyne Photometrics Inc., United States) at a rate of 500 frames per second (fps) at room temperature. Intact ciliated edge >50 μm was used for functional analysis only.
RESULTS
Clinical Summary
Proband 1 (P1, F1: II-1), a 19-year-old man, comes from a nonconsanguineous family-1. He had typical PCD symptoms, such as chronic cough and sputum production, dyspnea, hemoptysis, sinusitis, etc. In addition, he complained of abnormalities in his sense of smell and hearing. However, his fertility was unknown because he was not married. He denied any history of asthma, tuberculosis, measles pneumonia, or drowning. No relevant family history was reported. High-resolution CT (HRCT) showed sinusitis, bronchiectasis, and situs inversus. Upright radiograph revealed scoliosis with a Cobb’s angle of 14° (Figure 1). Furthermore, the semen routine test showed that the percentage of motile sperm was 0. Proband 2 (P2, F2: II-1), a 37-year-old woman, comes from a consanguineous family-2. She had chronic cough and sputum, dyspnea, and sinusitis. She also had abnormalities in the sense of smell and hearing. In addition, she suffered from infertility. HRCT findings were similar to P1, and upright radiograph revealed scoliosis with a Cobb’s angle of 11° (Figure1). The HRCT also indicated an immature uterus. Her forced expiratory volume in 1 second (FEV1)%prediction, forced vital capacity (FVC)%prediction, FEV1/FVC, and nasal NO were 36%, 50%, 60%, and 8.4 nL/min, respectively (Supplementary Tables S1–S3; Figure1).
Whole Exome Sequencing Identified the DNAAF4 Variants
We used the patient’s peripheral blood to extract DNA for Whole exome sequencing (WES). After WES, 12.02 and 6.8 GB data were used for subsequent analysis. The percentages of bases with a coverage depth of more than 10× were 99.6% and 98.1%, respectively. Two variants, DNAAF4 (NM_130810.4): c.988C > T (p.Arg330Trp) in P1 and a novel variant DNAAF4 (NM_130810.4): c.733C > T (p.Arg245Ter) in P2, were identified. We classified the pathogenicity of the two variants according to ACMG (Richards et al., 2015). The results showed the variant in P1 was consistent with PM2+PM3+PP3+PP5 (likely pathogenic), and the variant in P2 met the criteria PVS1+PM2+PP5 (pathogenic). These two disease-causing variants were validated by Sanger sequencing (Supplementary Table S2; Figure2).
[image: Figure 2]FIGURE 2 | DNAAF4 variants were identified in two patients with PCD. (A) pedigree analysis of the two patients from two Han Chinese families, where family 2 is a consanguineous family. Circles indicate women. Squares indicate men. Solid symbols indicate patients. Crossed-out symbols mean that subjects had passed away. The arrows indicate the probands. (B) the two variants were validated by Sanger sequencing. Red arrows indicate the variant sites; (C) conservative analysis of the missense variant (C) 988C > T (p.Arg330Trp). Red box indicates mutant amino acid sites. (D) 3D mock structure of DNAAF4. The purple region is the CS domain, while green, yellow, and brick red indicate the three tetratricopeptide repeats, respectively. The variant p.(Arg330Trp) is indicated by red color. (E) DNAAF4 protein structure and the reported disease-causing variants of DNAAF4. Variants reported in this study are highlighted in red.
Experimental Validation of the Pathogenicity of Variants
High-speed microscopy showed complete static of sperm flagella and a few residual beating of respiratory cilia in P1 and complete static of the respiratory cilia in P2 compared with normal control (Supplementary Videos S1–S3). Immunofluorescence showed the deficiency of DNAH5 and DNALI1, which labelled ODA and IDA, respectively, in the respiratory cilia of both probands. In addition, the DNALI1 and DNAI1 which respectively labelled the ODA and IDA in the sperm flagellum of P1 were also absent. TEM revealed the absence of ODA and IDA of P2 respiratory cilia. HE staining showed irregular flagella, short, absent, coiled, and bent, indicating asthenoteratozoospermia (Figure3).
[image: Figure 3]FIGURE 3 | TEM, HE staining, and immunofluorescence analysis of the nasal ciliated cells and sperm. (A) TEM analysis indicated loss of IDAs and ODAs of P2 (F1:Ⅱ-1) compared with the normal control. Scale bars, 100 nm; (B,C) immunofluorescence of nasal ciliated cells revealed the absence of DNAH5 and DNALI1 (red) of the two patients compared with normal control. Anti-acetylated tubulin monoclonal antibody was used to mark the ciliary axoneme. DNAH5 was used to label the outer dynein arm (ODA), DNALI1 was used to label the inner dynein arm (IDA), and DAPI was used to label the nuclei. Scale bars, 20 μm; (D) HE staining of sperm. Compared to normal controls, the patient’s sperm had significant short, coiled, and irregular tails. (E) immunofluorescence analysis showed the absence of DNALI1 and DNAI1 (red) in the mutant sperm from P1 (F1: II-1) compared with the normal control. Scale bars, 10 μm.
DISCUSSION
In this study, whole exome sequencing and Sanger sequencing were used to identify and confirm homozygous variants in DNAAF4. The pathogenicity of the variants was validated by high-speed microscopy, immunofluorescence, HE staining, and TEM. Both patients were infertile, one of whom was diagnosed with asthenoteratozoospermia. In addition, the upright radiograph suggested scoliosis in both cases.
PCD is a genetic disorder caused by motile cilia dysfunction (Lucas et al., 2020). Motile cilia are hair-like structures. The ultrastructure of most motile cilia shows that they are composed of nine peripheral duplex microtubules, two central single microtubules and corresponding spokes (9 + 2 structure) (Fliegauf et al., 2007). Flagella have a similar structure. In addition, there are many multisubunit motor protein complexes within the cilia and flagella, such as outer dynein arms (ODA) and inner dynein arms (IDA) that attach to the peripheral microtubules. They are essential for the generation, and the regulation of cilia and flagella beating (Fliegauf et al., 2007; Aprea et al., 2021).
DNAAF4 is located on Chromosome 15 with 10 exons encoding a 420 aa protein. It is associated with the preassembly of axonemal arms and is involved in the integration and stabilization of the intermediate chain, which is an integral component of both the ODA and IDA (Tarkar et al., 2013; Aprea et al., 2021). Here, we have reviewed the literature and summarized the 15 PCD-associated variants in DNAAF4 (Figure 2E; Supplementary Table S4) (Tarkar et al., 2013; Marshall et al., 2015; Guo et al., 2017; Ceyhan-Birsoy et al., 2019; Olm et al., 2019; Blanchon et al., 2020; Aprea et al., 2021). Most studies focused on the respiratory phenotype of patients, and a small number of studies reported situs inversus. Moreover, few DNAAF4-related studies reported the details of the sperm phenotype (Tarkar et al., 2013; Guo et al., 2017; Aprea et al., 2021). Both our patients with DNAAF4 variants had situs inversus, and the male patient had asthenoteratozoospermia. In these two cases, two homozygous DNAAF4 variants were reported in this study, and the pathogenicity of the variants was validated by high-speed microscopy, immunofluorescence, HE staining, and TEM. DNAAF4 c.988C > T leads to immotility of most respiratory cilia and complete static of sperm flagella. HE staining indicated typical teratozoospermic. Although this variant has been reported before, only electron microscopic findings of respiratory cilia have been described. No observations were made on sperm phenotype. Furthermore, previously reported patient did not have situs inversus (Marshall et al., 2015). DNAAF4 c.733 C > T results in completely respiratory cilia static. In both cases, the respiratory cilia showed the absence of ODA and IDA. Furthermore, in the male patient, both ODA and IDA of the sperm flagellum were absent.
Although asthenoteratozoospermia has been proposed for a long time, it is only recently that the research has focused on the contribution of abnormal sperm ultrastructure to pathogenesis (Sandler, 1952). Abnormalities in the development of the axoneme and its accessory structures are thought to be the main cause of asthenoteratozoospermia (Jiao et al., 2021). Asthenoteratozoospermia was previously described separately as asthenozoospermia and teratozoospermia. When the percentage of motile sperm in the semen is <40%, it is called asthenozoospermia. Teratozoospermia means that the spermatozoa of patients with deformed spermatozoa including defects in the head, midpiece, and/or tail (tend to be short, coiled, absent, or irregular flagella) (Ben Khelifa et al., 2014). Teratozoospermia is currently diagnosed by light microscopic staining or scanning electron microscopy of sperm morphology and asthenozoospermia by high-speed microscope (WHO, 2021). They can severely reduce male fertility, but have received less attention in previous PCD studies (Dávila Garza and Patrizio, 2013; Sironen et al., 2020). Although >50 PCD-associated pathogenic genes have been reported, a few have been reported to be associated with asthenoteratozoospermia, such as DNAH9, DNAH1, ARMC4, BRWD1, CCDC39, CCDC40, DRC1, CFAP74, and SPEF2 (Neesen et al., 2001; Sha et al., 2020; Tu et al., 2020; Chen et al., 2021; Gao et al., 2021; Guo et al., 2021; Lei et al., 2022; Xu et al., 2022). In most other cases, researchers have not analyzed the semen of male patients. Despite advances in male infertility testing, in 40% of patients, it was not possible to identify the cause. Given that the sperm flagellum has a similar structure to the respiratory cilia, semen analysis in men with PCD can help identify the cause of male infertility and thus provide a reference for assisted reproduction (Krausz and Riera-Escamilla, 2018).
In addition, both patients had the classic PCD phenotype as well as the more commonly overlooked scoliosis. Although scoliosis is currently reported less commonly in patients with PCD, this phenotype is more frequently observed in model organisms carrying the causative gene for PCD, including CCDC40, DNAAF4, ODAD3, and ZMYND10 (Grimes et al., 2016; Kobayashi et al., 2017; Lu et al., 2021). A previous study evaluated chest radiographs in 198 patients with PCD and found a Cobb angle >10° in 8% of patients, but that study did not perform genetic analysis (Schlösser et al., 2017). The etiology of idiopathic scoliosis is not well understood, and different hypotheses have been proposed (Aebi, 2005; Cheng et al., 2015; Oliazadeh et al., 2017). Of these, abnormal cilia function has been suggested as a possible cause. Researchers believed that “sensory organs,” including motor cilia, neurons in contact with the cerebrospinal fluid, Reissner fibers, and Urotensin neuropeptide signals, were essential for the proper development of the perceptual axis (Bearce and Grimes, 2021). An alternative hypothesis is that scoliosis in patients with PCD is because of situs inversus (Schlösser et al., 2017). However, scoliosis is often overlooked in patients with PCD as anteroposterior and lateral radiographs of the spine are not a routine examination. Although there are few reports linking scoliosis to PCD, some genes have been reported to be associated with abnormal cilia beating and scoliosis in previous research (Fei et al., 2010; Makrythanasis et al., 2014; Baschal et al., 2015; Zhou et al., 2015; Lu et al., 2021; Nita et al., 2021). As an increasing number of PCD model organisms are observed with scoliosis, the spinal examination of the patient needs to be taken seriously.
It should be noted that the female patient reported here also had an infantile uterus. Therefore, the effect of the variant on female fertility caused by dysfunctional cilia in fallopian tubes cannot be determined. Furthermore, as scoliosis is currently less commonly reported in PCD-related human genetic studies, the effect of DNAAF4 variants on the human spine needs further validation (Muñoz-Montecinos et al., 2021).
Overall, we identified two homozygous variants in the PCD-associated gene DNAAF4, c.988C > T and c.733 C > T, which expand the genetic spectrum of PCD. In particular, we provide additional references for asthenoteratozoospermia and scoliosis in patients with PCD, which has previously received less attention.
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Bronchiectasis is the abnormal dilation of the airway which may be caused by various etiologies in children. Beyond the more recognized cause of bacterial and viral infections and primary immunodeficiencies, other genetic conditions such as cystic fibrosis and primary ciliary dyskinesia (PCD) can also contribute to the disease. Currently, there is still debate on whether genome sequencing (GS) or exome sequencing reanalysis (rES) would be beneficial if the initial targeted testing results returned negative. This study aims to provide a back-to-back comparison between rES and GS to explore the best integrated approach for the functional and genetics evaluation for patients referred for assessment of bronchiectasis. In phase 1, an initial 60 patients were analyzed by exome sequencing (ES) with one additional individual recruited later as an affected sibling for ES. Functional evaluation of the nasal nitric oxide test, transmission electron microscopy, and high-speed video microscopy were also conducted when possible. In phase 2, GS was performed on 30 selected cases with trio samples available. To provide a back-to-back comparison, two teams of genome analysts were alternatively allocated to GS or rES and were blinded to each other’s analysis. The time for bioinformatics, analysis, and diagnostic utility was recorded for evaluation. ES revealed five positive diagnoses (5/60, 8.3%) in phase 1, and four additional diagnoses were made by rES and GS (4/30, 13%) during phase 2. Subsequently, one additional positive diagnosis was identified in a sibling by ES and an overall diagnostic yield of 10/61 (16.4%) was reached. Among those patients with a clinical suspicion of PCD (n = 31/61), the diagnostic yield was 26% (n = 8/31). While GS did not increase the diagnostic yield, we showed that a variant of uncertain significance could only be detected by GS due to improved coverage over ES and hence is a potential benefit for GS in the future. We show that genetic testing is an essential component for the diagnosis of early-onset bronchiectasis and is most effective when used in combination with functional tools such as TEM or HSVM. Our comparison of rES vs. GS suggests that rES and GS are comparable in clinical diagnosis.
Keywords: exome sequencing, genome sequencing, early-onset bronchiectasis, transmission electron microscopy, high-speed video microscopy, primary ciliary dyskinesia
INTRODUCTION
Bronchiectasis is the abnormal dilation of the airway causing clinical symptoms such as persistent or recurrent bronchial infection, inflamed airways, and airway obstruction. It is responsible for the significant loss of lung function, significant morbidity, and early mortality if not treated correctly (Metersky et al., 2022). Bronchiectasis is a common phenotype for various diseases and has the potential to be the starting point for functional and genetic investigation for the underlying pathological diseases. Beyond bacterial and viral infections or primary immunodeficiencies, bronchiectasis could also be caused by genetic conditions such as cystic fibrosis (CF) and primary ciliary dyskinesia (PCD). CF is an inherited disorder that causes sticky mucus to build up in the respiratory airway and digestive system caused by mutations in the CFTR gene (Southern et al., 2007), and PCD is a rare genetic condition characterized by ciliary defects, causing ineffective ciliary movement that causes impaired mucociliary clearance. The prevalence of PCD is currently estimated to be approximately 1 in 10,000 to 1 in 15,000 in European ethnicity with an increased prevalence of approximately 1 in 2,200 births for a highly consanguineous population (Afzelius and Stenram, 2006; O'Callaghan et al., 2010). Persistent symptoms typically arise during early infancy for PCD, but it is often diagnosed in late childhood or adulthood (Kuehni et al., 2010). A major contributing factor to the missed or late diagnosis is the lack of a “one-size-fit-all” diagnostic test.
Current approaches to the clinical diagnosis of PCD involve multiple diagnostic investigations. International diagnostic guidelines published by the European Respiratory Society (ERS) in 2017 and American Thoracic Society (ATS) in 2018 recognize a combination of several examinations required for diagnosis including nasal nitric oxide concentration (nNO), transmission electron microscopy (TEM), high-speed video microscopy analysis (HSVM), and genetic testing (Lucas et al., 2017; Shapiro et al., 2018). The genetic etiology of PCD follows a monogenic rare Mendelian disease pattern typically inherited in an autosomal recessive manner. Between 1999 and 2010, PCD-causing mutations were only described in 11 genes (Knowles et al., 2013). Currently, over 50 genes have been reported as disease-causing for PCD (Wheway et al., 2021). Approximately 85% of disease-causing mutations identified are loss-of-function mutations including nonsense, frameshift insertion or deletions, canonical splice-site variants, and copy number variants (CNV). Multiple studies have identified CNV in PCD-related genes which contribute to a genetic diagnosis. Furthermore, a 27,748-bp large CNV deletion in DRC1 and a 3,549-bp large deletion in DNAAF4 were reported as founder mutations in East Asian and Irish populations, respectively (Zariwala et al., 1993; Keicho et al., 2020). At this time, there is no consensus by the ERS and ATS guidelines on which genes should be evaluated for PCD, and current commercial panels are not inclusive of all genes associated with PCD (Shoemark et al., 2019). Each diagnostic test is predicted to miss a proportion of cases; for example, standard electron microscopy may miss up to 30%, hence the importance of utilizing multiple diagnostic tests during investigations (Fassad et al., 2020). This is mainly due to the high genetic heterogeneity nature and the varying presentation of PCD.
Exome sequencing (ES) is more widely used than genome sequencing (GS) in the current genetic practice of Hong Kong due to the lower cost while covering the majority of pathogenic variants in the exonic regions (Tsang et al., 2019; Chung et al., 2020). Even though ES is a strong diagnostic tool, a large proportion of individuals persist as genetically undiagnosed. Negative ES results can be explained by several reasons including mosaicism, poor coverage of the exonic region, poor understanding of the genetic heterogeneity of the rare disease, lack of pathogenic evidence for detected variants, and variants that remain undetectable via ES such as CNVs, SVs, and deep intronic mutations (Frésard and Montgomery, 2018). Multiple strategies have been suggested to tackle situations where exome-negative results arise including exome sequencing reanalysis (rES), GS, long-read sequencing, transcriptome, metabolome, RNA sequencing, or investigate other cell types.
Among the several strategies suggested, rES is the most accessible and inexpensive method to use because there is no additional sequencing cost required. Studies have shown that rES is an effective measure of increasing diagnostic yield ranging from 6 to 47% (Stark et al., 2019; Fung et al., 2020). An intrinsic limitation to rES as a strategy is that rES can only analyze the variants already detected within the protein-coding region. Moreover, owing to the performance variations in the library capturing kit and sequencing instrument, there will be regions with poor uniform coverage. GS provides the capability to detect variants in regions poorly captured by ES. Approximately 30,000 rare variants can be observed in each individual with possible important impacts on gene expressions or altering conventional splicing patterns (Li et al., 2017). However, while in theory, GS is the complete sequencing strategy with the ability to detect deep non-coding variants, utilizing GS as a second-tier test for a negative ES is not as well-studied.
Since a comprehensive assessment of suspected early-onset bronchiectasis is not available in Hong Kong, we examined and evaluated the functional investigations and genetic results of 61 patients referred for assessment of bronchiectasis. Additionally, a back-to-back utility comparison between GS and rES was explored to determine the optimal strategy following an initial exome-negative result.
MATERIALS AND METHODS
Patient Recruitment
From 2015 to 2020, a total of 61 individuals with suspected bronchiectasis evaluated according to the pediatrics respirology team in Queen Mary Hospital (QMH) were recruited into the study, which included one additional patient recruited during phase 2 as a potentially affected sibling. Participants were selected based on one of the following symptoms: 1) early-onset bronchiectasis confirmed by high-resolution computed tomography (HRCT) thorax with suggestive clinical features; 2) chronic suppurative lung disease, defined by a prolonged (>6 weeks) moist or productive cough, features of reactive airway disease, growth failure, recurrent chest infections, adventitious sound, or lung hyperinflation; and 3) “difficult to control” asthma as it has been shown that symptoms attributed to childhood asthma that are atypical or which respond poorly to conventional treatment. Specifically, school-aged children requiring step 4 or above management and step 3 or above management in pre-school age children according to the British Guideline on Management of Asthma, after excluding causes such as faulty inhaler technique, poor compliance, and environmental factors. Written informed consent was obtained from the patient’s parent or guardian to participate in the study. All eligible families were invited for next-generation sequencing. Functional investigations were offered when possible. Ethics approvals were granted by the Institutional Review Board, the University of Hong Kong (HKU)/Hospital Authority Hong Kong West Cluster (UW12-211; UW18-520).
Functional Investigation
Functional investigation of nNO, TEM, and HSVM was performed at the Department of Paediatrics and Adolescent Medicine, at HKU and QMH as previously published (Lam et al., 2021). Sweat test and immune function workup including immunoglobulin levels were performed for all cases, and other appropriate investigations were performed if indicated. Nasal NO concentrations were measured utilizing the non-velum closure techniques in parts per billion (ppb). The nNO results were compared against the ranges previously published for healthy and PCD patients (Marthin and Nielsen, 2013). Two measurements of TEM and HSVM of the intact ciliary axoneme were targeted for this study. TEM and HSVM results were compared against the normal age-related reference range established in healthy children and adults in Hong Kong (Lee et al., 2020). Measurements and data analysis for both TEM and HSVM were performed by a trained laboratory technician.
Next-Generation Sequencing
Exome sequencing was performed either in-house at the Department of Paediatrics and Adolescent Medicine, HKU, or performed at the Centre of PanorOmic Sciences (CPOS), HKU. In-house library preparation was prepared using either Illumina’s TruSeq™ Exome Library Prep Kit or Nextera™ Exome Kit Illumina according to manufacturer instructions. DNA libraries were then sequenced by the in-house NextSeq500 with a targeted ES depth coverage of 100×. Library preparation for ES samples sent to CPOS was prepared based on xGen Exome Research Panel v1.0 and sequenced using the Illumina NovaSeq 6000. Family-based ES was performed whenever possible. An average of 90 × depth coverage was targeted for ES sequenced at CPOS. Library preparation and sequencing for GS were performed at the Centre of PanorOmics Service, HKU. All of the libraries were prepared based on the KAPA Hyper Prep Kit (KR0961-V1.14) according to manufacturer instructions. An average of 30× coverage was targeted for GS.
Back-to-Back Utility Comparison Between Exome Reanalysis and Genome Sequencing
After the phase 1 study, which included an initial round of 60 exome analyses, 30 exome-negative samples were recruited for genome sequencing in phase 2, to perform a back-to-back comparison investigating the diagnostic utility between rES and GS. The back-to-back comparison methodology was modified from Tan et al. (2019). NGS data were analyzed separately by two teams comprising a pair of genome analysts. Each team was blinded to each other’s analyses. The genome analysts discussed within their teams and provided a consensus result for the analysis. Consensus results were then used to calculate the diagnostic utility. Alternating rES and GS were given to each team to remove potential bias arising from different exome sequencing library kits and differing levels of variant pathogenicity assessment experience. Results including coverage comparison, number of variants detected, bioinformatics pipeline time taken, genomic analysis time taken, and overall diagnostic yield change were evaluated.
Bioinformatics Pipeline
An in-house developed bioinformatics pipeline was used for the processing of raw ES and GS FASTQ files following the Genome Analysis ToolKit’s (GATK) best practices for germline single nucleotide polymorphisms and insertions/deletions in whole genome and exomes as previously reported (McKenna et al., 2010; Tsang et al., 2020). Raw reads were mapped to the hg19 reference human genome using the Burrows–Wheeler Aligner (BWA v.0.7.15) (Li and Durbin, 2009). Variant calling was performed using the GATK v.3.4-46 HaplotypeCaller. The same variant calling pipeline was used for the initial ES, GS, and rES cases. The analysis-ready variants for the initial ES with raw SNPs and Indels VCF file were annotated using Annotation Variation (ANNOVAR Build 20180708) (Wang et al., 2010). The variants from rES and GS were annotated using ANNOVAR Build 20200223. Variant annotation included allelic frequency from 1000 genome project, Exome Aggregation Consortium (ExAC), and Genome Aggregate Database (gnomAD v.2.1.1); in-silico prediction scores Sorting Intolerant from Tolerant (SIFT), PolyPhen2, Combined Annotation Dependent Depletion (CADD), and Rare Exome Variant Ensemble Learner (REVEL). Peddy were performed for quality control validating family inheritance and removal of duplicated samples (Pedersen and Quinlan, 2017). A virtual gene panel was used for the evaluation of genetic mutations in PCD patients from Genomics England PanelApp Primary Ciliary Dyskinesia v1.29 containing 139 genes (Martin et al., 2019).
For genome sequencing data, an additional bioinformatics pipeline was used to call CNV or SV variants. Variant calling of CNV followed the recommendations from Trost et al. (2018). The generation of CNV variants was performed using ERDS v.1.1 and CNVnator v.0.4.1 (Abyzov et al., 2011; Zhu et al., 2012). A concordant CNV VCF file was generated by merging the ERDS VCF file with the CNVnator VCF file using BEDTools v.2.27.1 set at 50% reciprocal overlap (Quinlan and Hall, 2010). Variant calling of SV was performed as previously described, if only one pathogenic/likely pathogenic variant or variant of uncertain significance (VUS) was identified (Yu et al., 2020). SV variants were called using MANTA v.1.6.0 and LUMPY v.0.2.13 (Layer et al., 2014; Chen et al., 2016). Anomalous read-pairs defined as paired ends reads that map to two different chromosomes with an abnormal insert-size or unexpected strand orientation were selected for breakpoint analysis. SpliceAI, a neural network machine learning–based algorithm to predict splicing variants, was performed on samples when one pathogenic/likely pathogenic variant or VUS was identified in a gene (Jaganathan et al., 2019). CNV and SV variant annotation was performed using Annotation and Ranking of Human Structural Variations (AnnotSV v.2.2). Manual inspection of the CNV and SV identified by the bioinformatics pipeline was performed on Integrative Genomics Viewer (IGV).
The pathogenicity interpretation of rare SNP and Indel genetic variants was performed following the American College of Medical Genetics (ACMG) Variant Interpretation guidelines (Richards et al., 2015). In addition, loss-of-function variants were classified utilizing the modified recommendations from the ClinGen Sequence Variant Interpretation Working Group (Abou Tayoun et al., 2018). The ACMG guideline modifications utilizing a Bayesian framework were also used in this study to evaluate the likelihood of pathogenicity in VUS cases (Tavtigian et al., 2018). Pathogenicity interpretation of CNVs was classified according to the ACMG/ClinGen guidelines (Riggs et al., 2020). The full study workflow can be seen in Figure 1.
[image: Figure 1]FIGURE 1 | Diagnostic workflow. The diagram shows this study design and workflow. In phase 1, 61 patients were recruited into the study for genetic and functional analysis. In phase 2, 30 exome-negative probands were recruited for GS and rES back-to-back comparison analysis. HSVM = high-speed video microscopy; HPO = human phenotype ontology; nNO test = nasal NO test; TEM = transmission electron microscopy.
RESULTS
Cohort Characteristics: A total of 61 participants were recruited into the study for exome sequencing, which constituted 33 males and 28 females. Twelve participants previously had gene panel genetic testing (CCDC103, CCDC114, CCDC39, CCDC40, CFTR, DNAAF1, DNAAF2, DNAAF3, DNAH11, DNAH5, DNAI1, DNAI2, DNAL1, HEATR2, INVS, LRRC6, NME8, OFD1, RPGR, RSPH4A, and RSPH9) with negative results. Age at recruitment ranged from 1 to 32 years old (median: 11 years old). Fifty-two patients (85.2%) were below 18 years at the recruitment. Cases were recruited as trios (50.8%) if available. The remaining families were sequenced as singleton (13.1%), duos (27.9%), and quadruple (8.2%). Three cases were recruited into the study with a possible affected sibling due to the similar clinical features and positive familial genetic results. Two families recruited in this study were consanguineous (Case 5 and 12). All samples passed sample-level quality control, that is, with correct familial inheritance pattern and sexes within each family and no duplicated samples were found in the cohort. Thirty cases from phase 1 were recruited for GS in phase 2. Participants with trio-based sequencing data available and relevant functional results including low nNO, TEM defects, low ciliary beat frequency, or abnormal ciliary beat pattern by HSVM, were prioritized for GS. The majority of patients (n = 28; 93.3%) recruited were below 18 years at the initial age of recruitment with 13 males and 17 females. Two duos (6.7%) cases were recruited into GS due a clinical history strongly suggestive of PCD. Supplementary Table S1 lists all the PCD participant characteristics for both initial ES and GS. Supplementary Table S2 lists the clinical features and molecular diagnosis for all 61 patients. Supplementary Table S3 lists the number of SNP and indels variants generated by rES and GS annotated and grouped by ANNOVAR.
Phase 1 and Phase 2 Analyses
Phase 1 Exome Sequencing
Sixty participants underwent ES as the first-tier diagnostic test in phase 1 of this study. ES analysis was performed from 2019 to 2020. A total of five individuals received a positive genetic diagnosis which corresponds to an exome sequencing diagnostic yield of 5/60 (8.3%), and none of them have been diagnosed by other tests.
Phase 2 Back-to-Back rES and GS Analysis
Phase 2 which included the back-to-back rES and GS analysis was performed from January to June 2021. Four individuals received a positive genetic diagnosis during phase 2 of the study (DNAI1, DNAH11, and DNAH5 x2). These four positive genetic diagnoses could only be made during phase 2 by both rES and GS due to updated literature. While the back-to-back analysis comparison was taking place, case 69 (sibling of the case 59) was recruited into the ES study. An additional positive diagnosis was made for case 69 (DNAH11) by ES, which at the same time led to an additional diagnosis for case 59.
Diagnostic Yield
Diagnostic yield for phase 1 was 8.3% (n = 5/60) and diagnostic yield for phase 2 was 13.3% (n = 4/30). Combining all diagnoses, a diagnostic yield of 10/61 (16.4%) was obtained. The ten participants with a positive genetic diagnosis had a total of 12 unique mutations in seven genes that met the pathogenic or likely pathogenic criteria according to the ACMG classification. No clinically relevant CNVs/SVs were detected in this study. Table 1 lists the full details with patient’s clinical history, genetic mutation, pathogenic classification, and functional results.
TABLE 1 | Comprehensive functional and genetic landscape of early-onset bronchiectasis patients in Hong Kong.
[image: Table 1]In addition, we retrospectively classified 31/61 patients in our cohort of suspected bronchiectasis into those with clinically suspicious of PCD, based on the ERS guidelines (Lucas et al.). Limited by the lack of nNO for majority of patients, only clinical features were being investigated. Patients with two or more of the recommended six clinical features from the ERS guidelines were classified as those clinically suspicious of PCD. The six clinical features included 1) persistent wet cough, 2) situs anomalies, 3) congenital cardiac defects, 4) persistent rhinitis, 5) chronic middle ear disease with or without hearing loss, and 6) a history in term infants of neonatal upper and lower respiratory symptoms or neonatal intensive care admittance. We also included any patients with a confirmed PCD diagnosis in a sibling prior to the study. Among the 31 patients with clinical suspicion of PCD, the diagnostic yield was 26% (n = 8/31). In contrast, for patients who did not fulfill the clinical criteria of PCD, no PCD-related molecular diagnosis was obtained, and CF was diagnosed in two patients by the presence of biallelic CFTR mutations.
Integrated Approach in a Cohort of Suspected Bronchiectasis
In addition to the main findings, we report cases that illustrate the need for an integrated approach to a cohort of suspected bronchiectasis, which is demonstrated by 1) a case of CF bronchiectasis, 2) a case of normal ciliary ultrastructure that would have been missed if genetic testing was not done, as well as 3) two cases where VUS may highlight the genotype-phenotype correlation between the genetic and functional results, and 4) one case to illustrate the advantage of increased coverage in GS.
CF Bronchiectasis
Case 12: A 4-year-old South Asian male from a consanguineous family presented with clinical symptoms of bronchiolitis, bilateral bronchiectasis, and history of Pseudomonas aeruginosa infection. Singleton-ES showed a homozygous splice-site mutation, NM_000492.4(CFTR):c.274-1G>C. Subsequent Sanger sequencing showed both parents were heterozygous for the variant. The CFTR gene is a well-known gene with a strong genotype–phenotype correlation with cystic fibrosis (OMIM #219700). This splice mutation was previously reported as pathogenic on ClinVar (accession: VCV000048680.12) and the following two positive sweat tests of 91.2 and 107.1 mmol/L confirmed the cystic fibrosis diagnosis. Functional examination confirms our understanding of the diagnosis as cystic fibrosis patients are not presented with any changes in ciliary ultrastructure or beat pattern and frequency. Figure 2A shows normal ciliary ultrastructure from the TEM examination. The reduced nNO test of 91 ppb is concurrent with the current understanding of nitric oxide levels in cystic fibrosis patients (Michl et al., 2013).
[image: Figure 2]FIGURE 2 | Transmission electron microscopy results of suspected early-onset bronchiectasis patients in Hong Kong. (A) Case 12—Confirmed CF case showed a normal ciliary ultrastructure. (B) Case 5—A homozygous recessive DNAAF3 c 493G>C variant was identified. TEM results showed an outer and inner dynein arm (arrows) defect which is similar to previously reported cases (C). Case 25 cilia proximal arm—A compound heterozygous variants could be seen in DNAH9. The literature has shown that subtle outer dynein arm defect can be seen in TEM. The ciliary ultrastructure analysis in the proximal arm shows a normal ultrastructure (D). Case 25 cilia distal arm shows a subtle outer dynein arm (arrow) defect. (E) Case 63—TEM results showed a normal ciliary ultrastructure. A pathogenic homozygous recessive DNAH11 c.11749_11752delGTTA was identified and confirmed the clinical diagnosis despite the normal ultrastructure. HSVM showed a static beat pattern in 50% of cilia samples (F). Case 6—TEM results showed that 47% of cilia were in a disarranged pattern (arrows). This matches the literature of loss-of-function mutations in the CCDC40 gene. The frameshift deletion detected was CCDC40 c.626_627del. (G). Case 36—A trio-based ES revealed a frameshift deletion mutation on the RSPH4A gene, c.1774_1775del. Two separate TEM results showed 43 and 35% of ciliary samples with missing/extra-central microtubules (arrows). Previously reported literature has shown that patients with RSPH4A mutations are also presented with circular beating patterns and cilia without central microtubules (H). Case 2—A compound heterozygous of two variants detected in trans within the DNAI1 gene was seen in both trio-based rES and GS. ODA (arrows) defect was also detected in the TEM investigation which showed an average of 3.4 outer dynein arms detected per cilia (arrowheads, inner dynein arm). (bar = 100 nm).
PCD with Normal Ciliary Ultrastructure
Case 59: A 17-year-old East Asian female presented with recurrent sinopulmonary infections, recurrent right middle lobes consolidation and collapse, persistent Haemophilus influenzae infection, and bronchiectasis. This case was recruited into phase 2 because phase 1 was inconclusive. A compound heterozygous of maternally inherited pathogenic canonical splice-site variant NM_001277115.2 (DNAH11):c.3426-1G>A and paternally inherited likely pathogenic missense variant NM_001277115.2 (DNAH11):c.10264G>A: p. (Gly3422Arg) was detected using both rES and GS. DNAH11 is also a heavy-chain protein that encodes the outer dynein arm (ODA) in the anemone and is typically associated with PCD with an autosomal recessive inheritance pattern. Case 63 also had compound heterozygous pathogenic mutations in DNAH11. The nNO test was not performed due to COVID-19 restrictions, and TEM investigations showed a normal ciliary ultrastructure. Functional investigations for HSVM results returned confirming a functional diagnosis of PCD. The HSVM investigations further supports the diagnosis of PCD and showed a static ciliary beat pattern in 50% of cilia samples. For the remaining cilia, 46% showed normal beating and 4% showed stiff beating. Overall beat frequency is at 10.77 Hz.
To further strengthen the pathogenicity of the DNAH11 variants, case 69, a 12-year-old younger sister of case 59, who presented with clinical symptoms of sinusitis, mild bronchiectasis, suspected diffuse pan bronchiolitis, suggestive of mucus impaction, and endobronchial spread of infection, was recruited during phase 2 of our study. Although no functional assessments were performed due to the emergence of COVID-19, genetic results showed that the same segregation of c.3426-1G>A and p.(Gly3422Arg) variants were detected in case 69. This further increases the pathogenicity classification of the mutations due to the familial segregation of the disease-causing variants.
Functionally Relevant PCD Cases in Cases with Variant of Unknown Significance
Case 25: A 21-year-old East Asian female with clinical symptoms of bilateral bronchiectasis, severe necrotizing pneumonia, mixed obstructive and restrictive lung disease with insignificant bronchodilator response, pneumothorax, and recurrent chest infection was recruited into the study. Initial ES detected a compound heterozygous mutation in the DNAH9 gene including a paternally inherited frameshift NM_001372.4 (DNAH9):c.3649del: p. (Ala1217GlnfsTer4) and a maternally inherited missense NM_001372.4 (DNAH9):c.5093G>A: p. (Gly1698Asp) variant. Both rES and GS were able to detect the two variants. DNAH9 is a gene recently discovered in 2018 with a genotype–phenotype correlation with PCD, and is inherited in an autosomal recessive manner. The frameshift p.(Ala1217GlnfsTer4) and missense p.(Gly1698Asp) variants were classified as likely pathogenic and VUS, respectively, according to the ACMG guidelines. There were no changes in ACMG classification since the initial ES analysis.
Functional investigations were performed for this case and showed a strong genotype–phenotype correlation. TEM results showed an average of 7.7 outer and 7.8 inner dynein arm count which suggests a normal ciliary ultrastructure (Figure 2C). However, TEM photos of the distal axoneme showed ciliary ultrastructure lacking in the outer dynein arm (Figure 2D). The HSVM investigations showed slow-moving cilia beat frequency at 6.5 Hz. A total of 98% of the cilia showed normal beating, while 2% were immotile cilia. There was no obvious stiffness at the base of the cilia. Despite the functional investigations matching the genetic findings, the variant was not upgraded to likely pathogenic due to the stringent nature of ACMG criteria.
Case 54: An 18-year-old East Asian female presented with bronchiectasis, suspected small airway disease, bronchiolitis, complicated with cystic bronchiectasis, right upper lobes and right lower lobes medial segment collapse, pneumothorax, and recurrent wet cough was recruited into the study. Initial ES results were negative, and this case was subsequently recruited into the back-to-back comparison. A homozygous missense mutation was detected in both rES and GS, NM_021147.5(CCNO):c.788G>C: p.(Arg263Pro). This variant was inherited from both parents. Cyclin O, also known as CCNO, plays an important role in the function of deuterostome-dependent amplification of basal bodies and their docking mechanism (Wallmeier et al., 2014). CCNO is known to have a genotype–phenotype correlation with PCD and is inherited in an autosomal recessive manner. The missense variant is considered rare with an allelic frequency of 0.00001423 in the gnomAD v2.1.1 database but was not predicted pathogenic by most bioinformatics prediction tools. Based on the current evidence, the p.(Arg263Pro) variant was classified as a VUS.
This variant was reported due to the strong genotype–phenotype correlation with the TEM and HSVM functional results. Both functional investigations showed there were a limited number of epithelial cilia that can be observed in the patient’s live ciliary sample. Current understanding of the reduced generation of motile cilia can only be seen in two genes, MCIDAS and CCNO (Boon et al., 2014). Further investigation into MCIDAS yielded no relevant mutations in both rES and GS. Despite the genetic result matching with the functional findings, the mutation lacked further evidence to be upgraded according to the ACMG guidelines. Further experimental methodologies would be required to upgrade the pathogenicity of this variant.
Benefit of GS over ES Demonstrated by Differences in Coverage of a VUS Variant
Case 5: A 5-year-old South Asian male from a consanguineous family who was recruited into the study presented with clinical symptoms of biliary atresia, dextrocardia, situs inversus with normal heart structure, and chronic lung disease. Initial ES did not detect any genetic findings in any clinically relevant genes. GS was pursued for this case, and a homozygous missense variant NM_178837.4 (DNAAF3):c.493G>C p. (Gly165Arg) was discovered. This variant was not detected during the initial exome sequencing due to the low coverage of the region. Mutations in DNAAF3 cause defects in the cytoplasmic preassembly of the dynein arms and are associated with the phenotype primary ciliary dyskinesia with an autosomal recessive inheritance pattern. The variant was classified as VUS according to the ACMG guidelines as there is limited information about the effects of this mutation.
Functional investigations were performed for this case and showed a strong genotype–phenotype correlation. The TEM results for case 5 showed an ODA + inner dynein arm (IDA) defect (Figure 2B). The HSVM investigations showed completely immotile cilia beat frequency that was confirmed on retesting. Literature has shown that PCD patients with DNAAF3 mutations present with similar phenotypes (Mitchison et al., 2012). Despite the functional investigations matching the genetic findings, the variant was not upgraded to likely pathogenic due to the stringent ACMG criteria and the scarcity of medical literature on the gene and the functional investigations.
DISCUSSION
In this study, we performed ES on 61 patients referred for assessment of bronchiectasis, which included patients with suspected early-onset bronchiectasis, recurrent chest infections, and difficult-to-control asthma in Hong Kong. Cases with trio samples available, strong clinical phenotypes, or functionally relevant investigations were recruited for GS. A back-to-back comparison between rES and GS was performed on 30 initially negative exome cases. There is an increase in diagnostic yield with rES but with minimal additional increase over rES with GS.
The virtual gene panel used for the evaluation of genetic mutations in PCD patients was obtained from Genomics England PanelApp Primary Ciliary Dyskinesia v1.29 containing 139 genes. Within the 139–virtual-gene panel screened, 135 genes screened had at least 10 × read depth across the exonic region in over 90% of the PCD rES results (Supplementary Figure S1). Notable exceptions included BBS5, CLRN1, CRX, and GDF1. With the exception of the RPGR gene, 138 genes met 10 × read depth across the exonic region in over 90% of the GS samples requirement. RPGR is notably a gene that is listed as a diagnostic-grade green (strong confidence) genotype–phenotype correlation with PCD.
An overall diagnostic yield of 10/61 (16.4%) was made by ES or rES and GS combined. The additional yield of rES and GS beyond the initial ES analysis was 4/30 (13.3%). The diagnostic yield of this study is not comparable to other PCD cohorts due to the different nature of the recruitment process. In our study, patients with either bronchiectasis, chronic suppurative lung disease, or “difficult to control” asthma were recruited into the study. Functional investigations were performed parallel to genetic investigations. This differs from other studies highlighted by ERS and ATS, which performs genetic investigations only on patients with strong clinical phenotypes of PCD or functionally confirmed to be PCD (Lucas et al., 2017; Shapiro et al., 2018). By performing functional investigations prior to the genetic testing, this would exclude samples with weak phenotypes. Another reason for the lower yield in ES is that 12 cases were negative from a previous gene panel analysis which included 20 PCD genes and CFTR. Moreover, the genetic basis of PCD is still unknown in 20–30% of confirmed cases. As a result, a lower diagnostic yield compared to other reported PCD studies is expected.
In this study, a back-to-back clinical utility comparison between rES and GS was performed. Other analysis points were also analyzed including bioinformatics pipeline time taken, HPO terms used for analysis, and genomic analysis time taken (Supplementary Tables S4, S5, S6). Both rES and GS were able to find the same genetic variants identified in phase 2; however, only GS was able to detect the VUS DNAAF3 c.493G>C variant due to non-uniform coverage of the exons in ES. Changes in pathogenicity classification in rES cases were mainly due to updated literature, correlation with functional investigations, and improvements in in-silico bioinformatics predictions for splicing variants. Despite the added benefits of detecting deep intronic variants, intergenic variants, and CNV by GS, no functionally relevant CNV mutations were detected in this study. As CNV mutations were detected in PCD patients from other studies, the lack of detection could be attributed to the small sample size or differences in genetic etiology (Morimoto et al., 2019; Keicho et al., 2020; Wheway et al., 2021). This reduced the added benefits of GS in comparison to rES. This also demonstrated a limited benefit in proceeding to GS instead of performing rES.
Further examination into the ES coverage data showed uneven coverage across exons in different ES library preparation kits which explained the detection of DNAAF3 c.493G>C exclusively in GS (Figure 3). Case 5 used the TruSeq Exome Library Prep Kit, which showed poor coverage over exon 5 in the DNAAF3 gene. Across 30 exome samples that used TruSeq, a 0× average read depth was seen across exon 5 of DNAAF3. The low coverage of exon 5 of DNAAF3 is not limited to TruSeq. In gnomAD exome coverage with 141,456 samples, the average coverage over this nucleotide is 1.7×. Newer exome library preparation kits such as xGen and Nextera have fixed the issue of low coverage in this exon and have sufficient coverage of exon 5. This case shows that despite the great utility of rES, resequencing samples should be considered if the initial sequencing was performed a few years ago, preferably with a new exome capture kit. Improvements in ES library preparation can reduce concerns such as uneven coverage.
[image: Figure 3]FIGURE 3 | Nucleotide by nucleotide coverage of DNAAF3 in ES and GS. The line plot shows the average coverage of each nucleotide in the DNAAF3 gene. (A) Coverage of ES split across library preparation kits. Across 30 ES samples that used Truseq, an average of 0× read depth was seen for exon 5 of DNAAF3. (B) Coverage of GS across the DNAAF3 gene.
One of the major advantages of utilizing genetic testing as a diagnostic tool in suspected early-onset bronchiectasis is the lack of a “one-size-fit-all” diagnostic test. Genetic testing was able to identify pathogenic mutations in the DNAH11 gene in cases 59, 63, and 69. As previously mentioned, pathogenic mutations within the DNAH11 gene do not cause structural defects identifiable from TEM investigations. For case 59, a compound heterozygous variant including a maternally inherited splicing variant c.3426-1G>A and paternally inherited missense variant p.(Gly3422Arg) were detected. The variants were both previously detected during the initial round of exome sequencing, but a genetic diagnosis was not completed due to insufficient evidence as the p.(Gly3422Arg) missense variant was classified as a VUS. The previous combination of ACMG criteria used included absent from controls (PM2), detected in trans with a pathogenic variant (PM3), and multiple lines of computational evidence support a deleterious effect on the gene or gene product (PP3). In phase 2, functional TEM and HSVM results confirmed a functional diagnosis of PCD. Similar to case 63, the TEM results returned a normal ciliary ultrastructure consistent with DNAH11 findings and HSVM results showed a static ciliary beat pattern. The added combination of TEM and HSVM results allowed the usage of PP4 criteria, the patient’s phenotype or family history is highly specific for a disease with a single genetic etiology. The new combination of PM2, PM3, PP3, and PP4 satisfies the ACMG combination criteria of a likely pathogenic variant, thereby reaching a genetic diagnosis. The usage of combining functional and genetic results could also be seen in other cases too. Both TEM and HSVM were also useful tools to confirm the genetic diagnosis in case 63, 6, 36, and 2 (Figures 2E–H). This shows that the combination of functional examination and genetic testing is useful in the diagnosis of early-onset bronchiectasis due to the complex functional presentation of PCD.
With the rate of growth in discovering new genes for a genetically heterogeneous condition such as PCD, reanalysis is expected to be useful in helping patients reach a genetic diagnosis for their condition. Initial ES detected a compound heterozygous mutation in the DNAH9 gene including a paternally inherited loss-of-function p.(Ala1217GlnfsTer4) and a maternally inherited missense p.(Gly1698Asp) variant. Both rES and GS were able to detect the two variants. DNAH9 is a gene recently discovered in 2018 with an autosomal recessive inheritance pattern (Fassad et al., 2018; Shoemark et al., 2018). Due to the recent discovery of DNAH9, there is currently limited evidence for functional investigations and genotype–phenotype correlation. The gene is currently listed in the PanelApp gene panel under the category of “No List,” suggesting curation for this gene is yet to be completed. Patients with DNAH9 mutations have been reported to have relatively mild or no respiratory phenotypes which contradicts the severe clinical phenotype identified in case 25 (Loges et al., 2018; Lucas et al., 2020). Furthermore, TEM results showed no ciliary ultrastructure defect which is possibly compatible with the subtle ODA defect observed in DNAH9 cases. The lack of cases and understanding of missense variants within the DNAH9 gene greatly restricts the pathogenicity classification. Without an abundance of cases or experimental evidence of the p.(Gly1698Asp) variant, it remains a VUS variant under the ACMG recommendations. This highlights the importance of performing genetic analysis in combination with functional tests for better genotype–phenotype correlation. In order for genes to be rated green on PanelApp, pathogenic variants need to be identified in ≥3 independent families. This emphasizes the importance of identifying and investigating early-onset bronchiectasis to increase evidence level for amber/red/no list genes. Further investigations will need to be performed and ensure the genetic diagnosis.
Limitations
The study design focuses on suspected early-onset bronchiectasis cases which has potential non-genetic causes. While this study has effectively shown the mutational spectrum and genetic landscape of early-onset bronchiectasis patients in Hong Kong, more patients will need to be recruited to effectively show the genetic diagnosis. Genetic analysis will also need to be frequently reanalyzed due to the growing list of genes associated with PCD.
The back-to-back comparison of rES and GS in this study was limited by resources. Ideally, all exome-negative samples would have also undergone GS for a larger cohort and thus better comparison. The remaining 25 cases with negative ES result would be subject to GS when resources become available to see if there is any confounding effect. Additionally, the patient’s phenotype was not evaluated by a standardized HPO terms approach which would have utilized clinical geneticists and clinicians in standardizing the patient’s phenotype and cohort phenotype characteristics. Furthermore, a better comparison between rES and GS would ideally include patients with a wider spectrum of disease conditions. Different inheritance patterns and disease mechanism could potentially show the added benefits of detecting intronic variants, repeat expansion, CNV, and SV variants in GS over rES.
Lastly, this study was also affected by the COVID-19 pandemic. As suspected, bronchiectasis and PCD is a respiratory disease, so further patient recruitment and functional investigations were halted for safety concerns. Some samples did not undergo typical functional investigations despite reaching a genetic diagnosis. This limited the ability to correlate genetic findings with functional results.
CONCLUSION
In this cohort of early-onset bronchiectasis, recurrent chest infections, and difficult-to-control asthma patients suspected of primary ciliary dyskinesia, an overall diagnostic yield of 16.4% was achieved. This study has shown that utilizing genetic testing in combination with functional investigations has increased diagnostic yield for patients with pathogenic mutations in PCD genes due to the lack of a “one-size-fit-all” diagnostic test. A back-to-back comparison between rES and GS has shown that rES and GS are comparable in clinical diagnosis. It may appear there was a little added benefit that could be seen from proceeding to GS in this study; this is due to the lack of effective means to evaluate intronic mutations and the lack of clinically relevant CNV detected in this study. While resequencing samples is recommended if the initial sequencing was performed more than a few years ago, the issue of uneven gene coverage in ES may not be completely resolved by either resequencing or reanalysis of ES. This study has shown that further investigation is required to evaluate other complementary approaches after an exome-negative result.
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Ciliopathies are a class of inherited severe human disorders that occur due to defective formation or function of cilia. The RPGRIP1L (retinitis pigmentosa GTPase regulator-interacting protein1-like) gene encodes for a ciliary protein involved in regulating cilia formation and function. Mutations in RPGRIP1L cause ciliopathies associated with severe embryonic defects, such as Meckel-Gruber Syndrome (MKS). Here we report RPGRIP1L mutation analysis in a family diagnosed with MKS. The clinical manifestations of the fetus included thoraco-lumbar open neural tube defect with associated Chiari type II malformation and hydrocephalus, bilateral club feet, and single right kidney/ureter. Analysis of the parental DNA samples revealed that the father carried a previously reported mutation R1236C/+ whereas the mother had a novel splice site mutation IVS6+1 G > A/+ in RPGRIP1L. The splice site mutation resulted in the exclusion of in-frame exon 6 of RPGRIP1L (RPGRIP1L-∆Ex6) but expressed a stable protein in fibroblasts derived from the parents’ skin biopsies. The GFP-RPGRIP1L-∆Ex6 mutant protein exhibited relatively reduced ciliary localization in transiently-transfected cultured RPE-1 cells. Taken together, this study identifies a novel RPGRIP1L variant RPGRIP1L-∆Ex6, which in combination with RPGRIP1L-R1236C is associated with MKS. We also suggest that the deletion of exon 6 of RPGRIP1L leads to reduced ciliary localization of RPGRIP1L, indicating a plausible mechanism of associated disease.
Keywords: cilia, ciliopathies, RPGRIP1L, meckel-gruber syndrome, ciliary defects
INTRODUCTION
Cilia are extracellular membrane extensions, which function primarily as sensors to mediate communication between the cell and the extracellular environment (Satir and Christensen, 2007). Disruptions to cilia or cilia anchoring structures leads to a group of pleiotropic genetic disorders called ciliopathies (Hildebrandt et al., 2011). These disorders are characterized by extreme genetic heterogeneity and phenotypic variety. Many of the phenotypic characteristics of these disorders are caused by the disruption of normal cilia function in the process of embryonic development (Eggenschwiler and Anderson, 2007). Despite the identification of numerous genes involved in ciliopathies the role of these genes in disease is still being delineated.
Meckel syndrome (MKS) and Joubert syndrome (JBTS) are severe, recessive neurodevelopmental disorders caused by mutations in a variety of genes leading to defective primary cilia which disrupts the process of embryonic development (Brancati et al., 2010; Parelkar et al., 2013). Although they are clinically distinct syndromes, there is large genetic/allelic overlap between MKS and JBTS, as well as between these disorders and other ciliopathies such as Bardet-Biedl syndrome (BBS) (Baker and Beales, 2009; Szymanska et al., 2014). The most common clinical features of these disorders are rod-cone dystrophy, post axial polydactyly, neural tube defects (NTD) and renal/genitourinary malformations. The most severe, MKS, is the most common form of syndromic NTD and is neonatally lethal (Logan et al., 2011).
Mutations in 13 genes can account for 75% of all cases of MKS. Among these genes, the most strongly associated with MKS include CEP290, MKS1 and RPGRIP1L. Retinitis pigmentosa GTPase regulator-interacting protein-1 like (RPGRIP1L), also known as MKS-5 and NPHP8, is a ciliary protein that localizes to the base of the cilium and interacts with retinitis pigmentosa GTPase regulator (RPGR) (Arts et al., 2007; Khanna et al., 2009). Essential to the function of RPGRIP1L is its ability to localize to the base of the cilium where it controls ciliary gating by maintaining the amount of CEP290 at the transition zone (TZ) (Wiegering et al., 2021). Disruption of these properties can lead to phenotypes encompassed by MKS and JBTS (Delous et al., 2007; Chen et al., 2011).
Here, we characterize a Canadian family of U.K (paternal) and presumed European descent (maternal) with a history of MKS carrying compound heterozygous variants in RPGRIP1L. Identification and characterization of these variations allows for an increased understanding of the pathophysiological processes leading to ciliary dysfunction in MKS and retinal degeneration.
RESULTS
Clinical examination
Routine fetal anatomy ultrasound at 19 weeks revealed a large neural tube defect involving the thoracic spine, ventriculomegaly (measuring 11–15 mm), Chiari malformation, bilateral club feet and two vessel cord/single umbilical artery. Fetal kidneys, cavum septi pellcuidi and cisterna magna were unable to be visualized. Amniocentesis was pursued for genetic testing by way of QF-PCR for chromosomes 13, 18, 21 (normal) and sex chromosomes (consistent with a male fetus). Fetal chromosomal microarray analysis did not reveal any clinically significant copy number changes. Fetal whole exome sequencing (including submission of parental samples to perform trio analysis) revealed a paternally inherited RPGRIP1L variant c.706C > T/p.R1236C and a maternally inherited RPGRIP1L variant c.776 + 1G > A/IVS6 + 1G > A. No additional variants were reported including no American College of Medical Genetics and Genomics secondary findings. The pregnancy was terminated at 20 weeks 3 days gestation due to the presence of multiple fetal anomalies.
External physical examination of the fetus by geneticist was consistent with an open neural tube defect; mild 5th finger clinodactyly was also present. Fetal autopsy showed thoracolumbar region open neural tube defect, cerebellar tonsillar herniation/Chiari type II malformation, bilateral club feet, imperforate anus, single right kidney/ureter, single or fused midline adrenal gland and two umbilical vessels. Radiologial skeletal survey showed multiple formation/segmentation defects evident throughout the spine with widening/dysraphic change apparent within the lower thoracic lumbar and sacral regions. Neuropathological examination showed extensive thoraco-lumbar open neural tube defect with associated Chiari type II malformation and hydrocephalus. We specifically asked about the possibility of molar tooth sign given that this is often a finding in Joubert syndrome and related disorders; neuropathology was unable to confirm or rule out molar tooth sign upon further examination.
Genomic analysis of the RPGRIP1L gene in the family
Whole genome sequence analysis of the miscarried fetus identified two potentially disease-associated variants in RPGRIP1L (Supplementary Figure S1). The asymptomatic mother carried a heterozygous variant RPGRIP1L (NM_015272.2):IVS6+1G > A and the asymptomatic father was heterozygous for RPGRIP1L (NM_015272.2):c.3706C > T (R1236C). The fetus, on the other hand had compound heterozygous mutations possessing both variants (Figure 1A). While IVS6+1G > A is located at the donor splice-site between exon 6 (encoding a coiled-coil domain) and intron 6, c.3706C > T (R1236C) is located within the RPGR-interacting domain-like region of RPGRIP1L (Figure 1B).
[image: Figure 1]FIGURE 1 | Novel RPGRIP1L mutation identified in an unborn fetus. (A) Pedigree of the family carrying RPGRIP1L mutations. (B) Schematic representation or the RPGRIP1L mutations reported in RPGRIP1L patients.
RPGRIP1L expression analysis in fibroblasts
Point mutations in the 5′ donor (GT) or 3′ acceptor (AG) splice-sites can lead to either exon skipping or intron retention (Baralle, 2005). IVS6+1G > A is located at the exon-intron boundary between exon 6 and intron 6. Splice site prediction analysis revealed that the IVS6+1G > A mutation leads to the loss of the donor splice-site sequence motif by replacing the Guanine residue in the GT consensus sequence with an Adenosine residue (Supplementary Figure S2A). We hypothesized that loss of the 5′ donor splice-site at the 5′-end of intron 6 would lead to skipping of exon 6 (Figure 2A). To test this hypothesis, we generated fibroblasts from skin biopsy specimens of the IVS6+1G > A/+ (mother) as well as control fibroblasts and examined the expression of RPGRIP1L mRNA using primer combinations encompassing the splice-site region (Supplementary Table S1 and Figure 2A). RT-PCR analysis using primer pair P1-P3 showed the expression of a shorter PCR product (160 bp) in addition to the expected WT–RPGRIP1L (wild type; ∼304 bp) product. Sequence analysis of the shorter product revealed a deletion of exon 6 (RPGRIP1L-∆Ex 6) (Figure 2B). No change in the PCR profile of RPGRIP1L was observed in the R1236C/+ parent fibroblasts.
[image: Figure 2]FIGURE 2 | Molecular characterization of the novel RPGRIP1L IVG6+1G > A mutation in a Canadian family with frequent birth miscarriage. (A) Structure of the RPGRIP1L gene flanking the IVG6+1G > A mutation with exons size drawn to scale and predicted alternative splicing. Lower panel illustrates the anticipated exon 6 skipping. (B) RT-PCR analysis using the indicated primer combinations was performed using fibroblasts derived from the mother and father samples as well as two unrelated controls (CTL-1 and CTL-2) A shorter transcript (∼160 bp; red box) was detected in the mother carrying the splice site variant. Sanger sequencing of the aberrant product confirmed the exclusion of exon 6. (C) Quantification of the exon 6-skipped RPGRIP1L isoform was performed by qRT-PCR analysis. The results are analyzed from three independent experiments. nd, non detectable. (D) Immunoblotting using RPGRIP1L antibody (green) and γ-tubulin (red) showing skipping of exon 6 (RPGRIP1L-ΔEx6) leads to the expression of an aberrant shorter polypeptide in the fibroblasts derived from the mother.
We next performed quantitative RT—PCR (qRT-PCR) analysis to ask whether the identified variants affect the mRNA levels of RPGRIP1L in parents’ fibroblasts (Figure 2C). As predicted, mRNA was undetectable for the P5-P3 primer combination (encompassing the mutant transcript without exon 6) in the control and R1236C/+ fibroblasts. The wild-type and the mutant transcripts with primer pairs P5-P3 (mutant transcript) and P4-P3 (wild-type) were detected at 50% levels in the IVS6+1G > A/+ fibroblasts (p ≤ 0.0001).
We then performed immunoblotting of protein extracts of parents’ fibroblasts using an anti-RPGRIP1L antibody (Figure 2D). Bands corresponding to RPGRIP1L-∆Ex6 and RPGRIP1L were observed in the IVS6+1G > A/+ fibroblasts indicating the production of an aberrant shorter polypeptide. A single band, corresponding to the full-length RPGRIP1L protein was observed in the R1236C/+ fibroblasts. The specificity of the RPGRIP1L antibody was validated by immunoblotting using the HEK293 cells transiently transfected with plasmids encoding the GFP-fused RPGRIP1L WT and mutant proteins (Supplementary Figures S2B,C).
Ciliary localization of RPGRIP1L
RPGRIP1L has previously been shown to localize to the BB of cilia and function as a ciliary gatekeeper allowing only certain proteins to cross the TZ (Lin et al., 2018; Wiegering et al., 2021). To test if the observed variations in RPGRIP1L alter its ability to localize to the BB, we transiently transfected hTERT-RPE1 cells with plasmid DNA encoding GFP-fused RPGRIP1L-WT, RPGRIP1L-∆Ex6 or RPGRIP1L-R1236C followed by cilia growth and immunofluorescent staining using acetylated tubulin (AcTub; cilia marker), γ-tubulin (γ-Tub; BB marker), and GFP antibodies (Figure 3A). Consistent with previous reports (Arts et al., 2007), RPGRIP1L-WT and RPGRIP1L-R1236C co-localized with γ-Tub to the BB of the cilia in ∼70% of the cells (arrows in Figure 3A). In contrast, BB localization of RPGRIP1L-∆Ex6 was detectable only in ∼40% of the cells (Figure 3B; p ≤ 0.001). Quantification of the BB/cytoplasm intensity ratio of RPGRIP1L showed ∼80% reduction in the localization of RPGRIP1L-∆Ex6 at the BB (p ≤ 0.0001) (Figure 3C). A statistically significant reduction (p ≤ 0.01) in relative intensity ratio was also observed for RPGRIP1L-R1236C compared to RPGRIP1L-WT (Figure 3C).
[image: Figure 3]FIGURE 3 | Ciliary distribution of the RPGRIP1L-WT-GFP, RPGRIP1L-ΔEx6-GFP and RPGRIP1L-R1236C-GFP in hTERT-RPE1 cells. (A) Immunostaining of the ciliary markers acetylated-tubulin (red) and γ-tubulin (magenta) showing the absence (RPGRIP1L-ΔEx6-GFP, green) or reduction (RPGRIP1L-R1236C-GFP, green) of the mutant RPGRIP1L localization at the cilia. Insets show the localization of RPGRIP1L to the proximal transition zone region of the cilium. Scale: 2 μm (B) Quantification of the ciliated cells with RPGRIP1 localization either to the basal body or to the transition zone showed significant reduction of RPGRIP1L-ΔEx6 at the cilia. (C) Quantification of RPGRIP1L intensity at the basal body compared to the cytoplasm showing a reduction of RPGRIP1L ciliary localization of both RPGRIP1L-ΔEx6 and RPGRIP1L-R1236C mutants.
DISCUSSION
Several of the known ciliopathy-causing genes either contribute to a recessive form of the disease (such as in MKS) or modulate the penetrance and expressivity of other causative genes. The significant pleiotropy of RPGRIP1L is reflected by the multiple names (MKS5, NPHP8, JBTS7) by which it is referred to when involved in distinct disease processes of varying severity (Andreu-Cervera et al., 2021). Even within the spectrum of MKS, pleiotropy exists between different types of mutations; for example, while homozygous truncating mutations of RPGRIP1L typically produce MKS it has been shown that the presence of at least one missense mutation can modify the disease severity and lead to less severe and later onset disease (Reiter and Leroux, 2017). Homozygous missense mutations, frameshift, and splice-site mutations in RPGRIP1L have been reported in individuals with JBTS, another severe ciliopathy (Devuyst and Arnould, 2008). Additionally, polymorphic variation in RPGRIP1L has been shown to be a modifier of retinal degeneration in ciliopathies (Khanna et al., 2009). Understanding the molecular basis for the varying severity of these mutations is essential for the accurate prediction of phenotypes via genetic screenings in the future.
Exon 6 of RPGRIP1L encodes a coiled-coil domain. Coiled-coil domains have previously been shown to act as “tags” for oligomerization, notably, of the BBS2 and BBS7 subunits of the BBSome, which is an octameric protein complex involved in regulating protein trafficking at the basal body (BB) of primary cilia (Chou et al., 2019). The BBSome is thusly named because 7 of the eight proteins involved are known causes of Bardet-Biedl syndrome (BBS), another ciliopathy characterized by rod-cone dystrophy, polydactyly, and kidney dysfunction. In addition to this, the coiled-coil domain of exon 6 in RPGRIP1L has been shown to be necessary for the proper localization of CEP290 to the transition zone (Li et al., 2016).
Our results show that exon 6 is necessary for proper localization of RPGRIP1L to the TZ. There are 7 coiled-coil domains in the protein all of which may engage in oligomerization at the TZ. In C. elegans, it has been shown that MKS-5 (mammalian RPGRIP1L/RPGRIP1 orthologue) is crucial for the assembly of a ciliary transition zone and is required for the correct localization of all known C. elegans transition zone proteins (Jensen et al., 2015). Jensen et al. were able to demonstrate that the coiled-coil domains of C. elegans MKS-5 were, in fact, sufficient for transition zone localization of the protein through truncation studies. This suggests a similar role of the coiled-coil domain of exon 6 in human RPGRIP1L.
MKS displays an autosomal recessive (AR) inheritance pattern and parents are usually not aware that they are carriers until after they have an affected child. Once pathogenic variants have been identified in a family, it is possible to prenatally diagnose the disorder using chorionic villus sampling or amniocentesis (Watson et al., 2016). Alternatively, some families may proceed with assisted reproductive technologies such as in vitro fertilization with pre-implantation genetic testing for monogenic disease (IVF with PGT-M) to avoid having an affected pregnancy. However, the identification of pathogenic variants is often hindered by an incomplete understanding of the role of different alleles within previously identified causative MKS genes. Currently, the genetic and molecular mechanisms which lead to MKS are known in only ∼60% of cases (Szymanska et al., 2012). It has been documented that in some cases, multiple allelism at a single locus or within a single gene can account for some of this phenotypic variability (Chang et al., 2006; Chen, 2007). Recently novel compound variants have been reported in CEP290 (Peng et al., 1935), and aggregating results regarding mutations in MKS1 have resulted in a proposed genotype-phenotype correlation linking the severity of mutations and the domains affected to diagnoses of either MKS, JBTS or BBS (Leitch et al., 2008; Luo et al., 2020; Lin et al., 2022). Further studies are needed to not only understand the genotype-phenotype correlation in ciliopathies but also formulate efficient genetic testing so that counseling can be provided to families predisposed to developing debilitating ciliopathies. Based on these results, the family was offered assisted reproductive technologies for future pregnancies. They are currently pursuing in vitro fertilization with egg donor. The family was counselled regarding all options, including PGT-M.
METHODS
Study approval
The skin biopsies were obtained from RPGRIP1L patients and previously published unaffected individuals after written informed consent. Written consent was obtained from the family for publication. All procedures followed the Declaration of Helsinki and approved by the Institutional Review Board of the University of Toronto and UMass Chan Medical School.
Plasmid DNA constructs
Plasmids encoding human WT or mutated RPGRIP1Ls were obtained with cDNA synthesized from parental skin biopsies using SuperScript™ First-Strand Synthesis System for RT-PCR (Life Technologies). The RPGRIP1L coding region was amplified with PrimerSTAR GXL polymerase (Takara) and directly cloned into pMiniT vector (New England Biolabs). The thermal cycle setting was: 98°C for 2 min (activation), 98°C for 10 s and 68°C for 6 min (annealing/extension), for a total 40 cycles. Subsequenlty, RPGRIP1L was subcloned into pEGFP-C1 to express N-terminal GFP-tagged proteins under the control of CMV promoter. Primer details are provided in Supplementary Table S1.
Fibroblast isolation, cell culture and transient transfection
The skin biopsies were dissociated as previously described to obtain primary fibroblasts (Shimada et al., 2017; Moreno-Leon et al., 2020). Briefly, biopsies were washed in iodine followed by three washes in phosphate-buffered saline (Invitrogen). The sample was minced with a sharp scalpel in a culture plate and incubated with Dulbecco’s-modified Eagle’s medium (DMEM)/F12 (Gibco) supplemented with 20% fetal bovine serum (FBS) (Sigma-Aldrich, Saint-Louis, MO, United States), penicillin and streptomycin at 37°C in a humidified 5% CO2 incubator. Ten days after harvesting, the skin was removed, and fibroblasts were passaged for storage and analysis.
Dissociated primary fibroblasts and hTERT-RPE1 cells (ATCC, CRL-4000) were grown in DMEM/F12 media (Gibco) while HEK293 cells were grown in DMEM media (Gibco), 1% Sodium Pyruvate. All cells were supplemented with 10% FBS (Sigma-Aldrich, Saint-Louis, MO, United States) and grown at 37°C and 5% CO2 incubator. All analyses were done in the fibroblasts at the same passage stages.
Plasmid DNA transfections were performed using Lipofectamine 2000 (Invitrogen) in HEK293 cells and FuGENE 6 (Promega) in hTERT-RPE1 cells at a 3:1 Transfection Reagent: DNA ratio according to the manufacturer’s protocol.
RNA extraction and quantitative reverse transcriptase-polymerase chain reaction analysis
Total RNAs were isolated from primary fibroblasts with QIAzol Lysis Reagent (Qiagen) and precipitated according to the manufacturer’s instructions. Reverse transcription was performed with 1 μg of total RNAs using the SuperScript™ First-Strand Synthesis System for RT-PCR (Invitrogen). The resulting cDNA was used to perform DNA amplification using PrimeStar GXL DNA polymerase (Takara) according to manufacturer’s instruction. Alternative splicing defects were analyzed by agarose gel electrophoresis. Gene expression analysis was performed using the BioRad CFX96 qPCR instrument and Power SYBR Green PCR Master Mix (Thermo Fisher Scientific). All RT-PCR and RT-qPCR primers are described in Supplementary Table S1.
Immunoblotting
The cells were lyzed on ice in Pierce RIPA Buffer (Thermo Scientific) containing Halt™ Protease Inhibitor Cocktail (100X, Thermo Fisher). Lysates were sonicated and centrifugated at 12 000 g for 15 min. Supernatants were quantified and 20 μg of total protein lysate was incubated for 5 min at 95°C with Laemmli sample buffer. Proteins were separated on a 4–20% Mini-PROTEAN® TGX™ Precast Protein Gel (BioRad) and transferred to a nitrocellulose membrane (BioRad). The blots were processed using LI-COR western blotting instructions and blocking, and primary and secondary antibodies solutions were prepared in Intercept Blocking buffer (LI-COR). Primary antibodies were incubated overnight at 4°C and secondary antibodies were incubated at room temperature for 2 h (Supplementary Table S2 for antibodies details and dilution information). Protein expression was detected using LI-COR Odyssey Fc detection system.
Immunofluorescence, microscopy and co-localization analysis
The primary fibroblasts and hTERT-RPE1 cells were plated at 90% confluency on coverslips (AmScope CS-R18-100). Primary fibroblasts were serum-starved for 48 h, 24 h after plating. hTERT-RPE1 cells were serum-starved 24 h post-transfection for 24 h. Cells were fixed in 4% paraformaldehyde/1X Dulbecco’s phosphate-buffered saline (DPBS; potassium chloride 0.2 g/L, potassium dihydrogen phosphate 0.2 g/L, sodium chloride 8 g/L and disodium hydrogen phosphate 1.15 g/L) for 10 min, washed three times in DPBS and blocked in DPBS containing 5% normal goat serum and 0.5% Triton X-100 for 1 h. Primary antibody solution was prepared in blocking solution and incubated overnight at 4°C. After washing in DPBS, cells were incubated in blocking solution containing Alexa-488-conjugated and Alexa-546-conjugated (Invitrogen) for 1 h. Finally, cells were washed in DPBS and incubated for 5 min with DAPI for nuclear staining. Coverslips were mounted with Antifade Mounting Media (Vectashield) and all images were visualized over ×63 objective using a Leica DM6 Thunder microscope with a 16-bit monochrome camera.
The IMARIS platform was used to process the two channel intensities simultaneously and to measure the degree of overlap of the two channels. After setting intensity threshold, the basal body marker γ-tubulin was used to define a region of interest and a co-localization channel was built on different z-stacks to obtain the percentage of co-localized signal and intensity. When needed, adjacent optical sections were merged in the z-axis to form a projected image (ImageJ). Signal intensity and Co-localization values were plotted using the GraphPad Prism software.
Statistics
All data are presented as means ± standard derivation from the mean. Two groups comparison was analyzed by Student’s t-tests using the Prism GraphPad software. Multiple groups comparison was performed with one-way analysis of variance. Differences between groups were considered statistically significant if p < 0.05. The statistical significance is denoted with asterisks (*p < 0.05; **p < 0.01; ***p < 0.005; ****p < 0.001).
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Retinitis pigmentosa (RP) is the most common cause of hereditary blindness, and may occur in isolation as a non-syndromic condition or alongside other features in a syndromic presentation. Biallelic or monoallelic mutations in one of eight genes encoding pre-mRNA splicing factors are associated with non-syndromic RP. The molecular mechanism of disease remains incompletely understood, limiting opportunities for targeted treatment. Here we use CRISPR and base edited PRPF6 and PRPF31 mutant cell lines, and publicly-available data from human PRPF31+/− patient derived retinal organoids and PRPF31 siRNA-treated organotypic retinal cultures to confirm an enrichment of differential splicing of microtubule, centrosomal, cilium and DNA damage response pathway genes in these cells. We show that genes with microtubule/centrosome/centriole/cilium gene ontology terms are enriched for weak 3′ and 5′ splice sites, and that subtle defects in spliceosome activity predominantly affect efficiency of splicing of these exons. We suggest that the primary defect in PRPF6 or PRPF31 mutant cells is microtubule and centrosomal defects, leading to defects in cilium and mitotic spindle stability, with the latter leading to DNA damage, triggering differential splicing of DNA damage response genes to activate this pathway. Finally, we expand understanding of “splicing factor RP” by investigating the function of TTLL3, one of the most statistically differentially expressed genes in PRPF6 and PRPF31 mutant cells. We identify that TTLL3 is the only tubulin glycylase expressed in the human retina, essential for monoglycylation of microtubules of the cilium, including the retinal photoreceptor cilium, to prevent cilium degeneration and retinal degeneration. Our preliminary data suggest that rescue of tubulin glycylation through overexpression of TTLL3 is sufficient to rescue cilium number in PRPF6 and PRPF31 mutant cells, suggesting that this defect underlies the cellular defect and may represent a potential target for therapeutic intervention in this group of disorders.
Keywords: cilia, ciliopathies, retinitis pigmentosa, pre-mRNA splicing, photoreceptor
1 INTRODUCTION
Retinitis pigmentosa (RP) (OMIM#268000) is the most common cause of hereditary blindness, affecting 1:2000 to 1:5000 people worldwide (Sharon and Banin, 2015; Verbakel et al., 2018). It is a progressive retinal dystrophy which is characterised by night blindness with restriction of peripheral vision developing into tunnel vision due to dysfunction of the rod photoreceptors of the retina. Later in the disease cones are also affected leading to loss of central and colour vision. Symptoms generally begin to develop in early adulthood, although age and rate of onset is variable, linked to some extent to the genetic lesion associated with the disease. It is inherited in a recessive, dominant and X-linked pattern, depending on the gene mutated in the affected individual.
RP occurs in isolation as a non-syndromic condition, or in combination with other clinical features as part of syndromes such as Usher’s syndrome (USH), Bardet-Biedl syndrome (BBS) and Joubert syndrome (JS). More than 70 genes are known to cause non-syndromic RP and around 200 genes have been associated with the syndromic and non-syndromic forms of the disease collectively. Around one third of genetic subtypes of RP are associated with defects in primary cilia, the cells’ signalling organelle (Estrada-Cuzcano et al., 2012; Bujakowska et al., 2017), and retinal dystrophies are a common feature of syndromic ciliopathies, diseases associated with defects in cilia. This is due to the presence of highly specialised ciliated cells in the retina; the photoreceptors. The outer segment of the rod and cone photoreceptor is considered to be a highly modified primary cilium (Oud et al., 2017). This structure is anchored at the base by a gamma tubulin basal body, from which extends the backbone of the cilium, the alpha- and beta-tubulin axoneme. Unlike the microtubules of the dynamic cytoskeleton, the axonemal microtubules are stable, and this stability is achieved through multiple post-translational modifications including acetylation, tyrosination, glutamylation and glycylation.
Non syndromic RP can also be caused by biallelic or monoallelic mutations in one of eight pre-mRNA splicing factors; PRPF3 (Chakarova et al., 2002), PRPF4 (Chen et al., 2014; Linder et al., 2014), PRPF6 (Tanackovic et al., 2011), PRPF8 (McKie et al., 2001), PRPF31 (Vithana et al., 2001), SNRNP200 (Zhao et al., 2009), RP9 (PAP1) (Keen et al., 2002), DHX38 (PRPF16) (Ajmal et al., 2014). Mutations in PRPF8 and PRPF31 each account for roughly 2% of cases of RP, PRPF3 mutations account for around 1% of cases (Sullivan et al., 2006), and SNRNP200 mutations are found in 1.6% of autosomal dominant RP patients (Bowne et al., 2013). PRPF4, PRPF6, RP9 and DHX38 mutations are rarer causes of RP. Collectively mutations in pre-mRNA splicing factor proteins are the second most common cause of autosomal dominant RP (Wheway et al., 2020). These proteins are all components of, or associated with, the U4/U6.U5 small nuclear ribonucleoprotein (tri-snRNP), a core component of the spliceosome, the huge molecular machine which catalyses splicing (Will and Luhrmann, 2011). Nearly all eukaryotic genes are spliced, and this process occurs in all cells which transcribe and express proteins. As a result it was a very unexpected discovery that mutations in these genes should cause a phenotype restricted to the retina, and for many years the molecular disease mechanism has remained poorly understood. Early work suggested that mutations in splicing factors cause spliceosome assembly or activity defects (Wilkie et al., 2006; Frio et al., 2008; Wilkie et al., 2008; Huranova et al., 2009; Yin et al., 2011), and higher demand for splicing, with concomitant higher expression of splicing factors, in the retina explains why only this tissue manifests disease in patients (Cao et al., 2011). However, studies of cells from human patients with PRPF mutations showed variable effects on splicing (Ivings et al., 2008; Wilkie et al., 2008). An alternative theory proposed was that transcripts of retinal-specific genes are more severely affected by splicing factor mutations than other groups of genes (Yuan et al., 2005; Mordes et al., 2007; Linder et al., 2011; Yin et al., 2011; Liu et al., 2015). This was supported by findings that different gene-specific splicing defects result from mutation of different core spliceosomal proteins (Pleiss et al., 2007; Papasaikas et al., 2015; Wickramasinghe et al., 2015). Another alternative model proposed that there are no splicing-related defects in this form of RP, and that the disease manifests due to the protein-folding response as mutant proteins aggregate in cells, which is more pronounced in retina due to UV-induced photooxidative damage (Comitato et al., 2007; Shinde et al., 2016). Oxidative stress has been shown in photoreceptor cultures derived from induced pluripotent stem cells (iPSCs) from RP patients with mutations in RP9 (Jin et al., 2011) and other work links the ischaemia-hypoxia response proteins to splicing factors (Schmidt-Kastner et al., 2008). Modelling retinal disease has advanced with the ability to culture retinal organoids from human patient-derived iPSCs. Prior to this the lack of clarity of disease mechanism in splicing factor RP was complicated by a lack of good mammalian models. Some Prpf knock-in and knock-out mice show no RP phenotype (Graziotto et al., 2008; Bujakowska et al., 2009; Graziotto et al., 2011), others show very late onset RPE defects, which could be confused with general age-related retinal defects (Graziotto et al., 2011; Farkas et al., 2014).
In 2015 a hypothesis-neutral high-throughput high-content siRNA knockdown screen designed to identify all proteins required for normal primary cilium structure and function revealed a major unexpected insight into pre-mRNA splicing factors and primary cilia. This work showed that a significant number of proteins involved in splicing including pre-mRNA splicing factors PRPF6, 8 and 31, are required for normal cilium growth and function, and that when these proteins are lost, there are profound effects on ciliogenesis (Wheway et al., 2015). Immunofluorescence imaging showed that PRPF6, PRPF8 and PRPF31 localise to the base of the cilium in mouse- and human-derived ciliated cell lines, consistent with earlier findings that a range of splicing factors, including PRPF8, interact with 32 known centrosomal proteins in a large-scale centrosomal proteomics study (Jakobsen et al., 2011). Immunoelectron microscopy showed that PRPF6 and PRPF8 localize to the apical inner segment, basal body complex, apical connecting cilium of photoreceptor cells and postsynapse of secondary retinal neurons. Fibroblasts from human patients with frame-shift deletion mutation in PRPF31 exhibited cilia defects, with shorter and/or fewer cilia than controls. A C. elegans prpf8 null mutant had a partial ciliogenesis defect, with truncated or fewer microtubules in the amphid channel sensory cilia. Collectively, these data suggest that these forms of RP associated with PRPF6, 8 and 31 mutations are retinal ciliopathies (Wheway et al., 2015). The observation of pre-mRNA splicing factor at the base of the cilium led some investigators to speculate whether these proteins have specific roles in RNA metabolism at this subcellular localisation, independent of their role in splicing, and that defects in these specific cilia functions underlie disease (Johnson and Malicki, 2019). This hypothesis has been strengthened by the recent findings that mRNAs are localised to the base of the cilium for localised translation of ciliary mRNAs into protein (Iaconis et al., 2017; Hao et al., 2021). Nucleo-cytoplasmic shuttling of an accessory splicing factor is required for development and cilia function, further suggesting that core pre-mRNA splicing factors may be involved in a similar process, moving between the nucleus and base of the cilium to control which mRNAs are expressed in the cilium in a highly time-dependent manner (Haward et al., 2021). In a further publication, protein interaction data showed that PRPF6, 8 and 31 interact with many proteins involved in processes beyond splicing, including translation, mRNA stability, mRNA export and DNA damage response (Boldt et al., 2016), further suggestion that these proteins have roles in addition to splicing and that it may be dysregulation of these functions which underlie RP. Indeed, PRPF31 has subsequently been shown to play a direct role in mitotic chromosome segregation, through binding to kinetochore and centromere components (Pellacani et al., 2018), which has impacts on mitotic progression and differentiation of retinal progenitor cells in zebrafish (Li et al., 2021). This stall in mitotic progression leads to accumulation of DNA damage in Prpf31 crispant zebrafish retinal progenitors, exacerbated by enrichment of mis-splicing of DNA damage repair pathway transcripts (particularly those with weak 5′ splice sites) in these mutants, leading to apoptosis (Li et al., 2021). Depletion of PRPF8 has similarly been shown to lead to defects in mitotic progression, with specific defects in splicing of transcripts involved in mitotic progression, especially those with weak 5′ splice sites (Wickramasinghe et al., 2015).
Further study in human iPSC-derived retinal organoids and retinal pigment epithelium (RPE) from patients with PRPF31 mutations showed decreased efficiency of splicing in an E1A minigene reporter assay (Buskin et al., 2018). RPE from patient iPSCs also showed a substantial downregulation of SART1, a U5 snRNP protein important for the formation of the pre-catalytic spliceosomal B complex, but no changes in the expression of PRPF8 or PRPF4. Retinal organoids from patients showed differential expression of actin cytoskeleton, ciliary membrane, primary cilium, photoreceptor inner and outer segment, axon terminal and phototransduction proteins. Retinal organoids from patients with PRPF31 mutations showed an enrichment of mis-spliced centriole and microtubule organisation genes, with skipped exons, retained introns, alternative 5′ and 3′ splice sites, and mutually exclusive exons. In both RPE and retinal organoids derived from PRPF31−/− patients, the most significantly mis-spliced genes were genes involved in pre-mRNA and alternative mRNA splicing via the spliceosome. This suggests that ciliogenesis, cilium function, and pre-mRNA splicing are all regulated by alternative splicing in the retina, and this is defective in patients carrying PRPF31 mutations (Buskin et al., 2018).
To further resolve the function of pre-mRNA splicing factors in regulating ciliogenesis and cilium stability in the retina we generated clonal CRISPR and base edited cell lines for study of cilia, protein and splicing in these cell models of human disease.
2 MATERIALS AND METHODS
2.1 Cell culture
Wild-type and PRPF31+/− (heterozygous NC_000019.10:g.54123455_54123456insA (NM_015629.4:c.422_423insA) (p.Glu141fs)) (Nazlamova et al., 2020) hTERT-RPE1 cells (ATCC CRL-4000) were cultured in DMEM/F12 (50:50 mix) + 10% FCS at 37°C, 5% CO2, and split at a ratio of 1:8 once per week. Wild-type and PRPF6+/c.2185C>T (described below) HEK293 cells (ATCC CRL-1573) were cultured in high glucose DMEM) + 10% FCS at 37°C, 5% CO2, and split at a ratio of 1:8 once per week. Cells were routinely tested for mycoplasma infection using a PCR-based method.
2.2 Base editing
We removed cas9/GFP from PX461 (Addgene #48140) (Ran et al., 2013) and replaced with GFP/Zeocin from pTRACER-EF/V5-His A (Life Technologies). GFP/Zeocin expression was controlled by the CMV promoter on PX461.s gRNA GGC​GCG​GGA​AGC​CTA​TAA​CC (PAM AGG) to target PRPF6 c.2185C > T p.Arg729Trp was cloned into the BbsI sites, for expression from the U6 promoter. This was co-transfected with pCMV-BE3 (Addgene #73021) (Komor et al., 2016) which contains the BE3 gene (Base Editor; cytidine deaminase) under the control of a CMV promoter, into HEK293 cells using PEI. Cells were selected with zeocin.
2.3 Analysis of on-target changes
A proportion of bulk edited cells were harvested for DNA extraction and PCR amplification of the relevant targeted region of PRPF6 using OneTaq polymerase (NEB). PCR products were cleaned using ExoSAP-IT (Thermo Fisher) and Sanger sequencing was performed by Source Biosciences. Traces from base edited cell lines were analysed visually to identify C > T changes at the predicted mutation site. Base editing efficiency of PRPF6 c.2185C > T in HEK293 cells was around 50%. Although we tried multiple times to replicate this in hTERT-RPE1 cells and 661W cells we were unsuccessful. We took the edited HEK293 cells forward for single cell isolation.
2.4 Single cell cloning
Cells were dissociated using Accutase at room temperature, counted and transferred to a conical tube. Cells were collected by centrifugation at 200 g and washed with sterile sort buffer (Ca & Mg free PBS, 25 mM HEPES pH 7.0, 1–2.5 mM EDTA and 0.5% BSA or 1%–2% FCS). Cells were collected again and resuspended at a concentration of 5–8×106 cells/ml. Untransfected cells were used for gating cell size on the FACS Aria cell sorter (BD) and edited cells then sorted into 150 μL DMEM/F12 + 20% FCS + 10% antibiotic and antimycotic + 10 μM Y-27632 ROCK inhibitor (STEMCELL Technologies) into each well of a 96 well plate.
2.5 Cell fractionation
Cells were fractionated into nuclear and cytoplasmic fractions. Cells were collected by scraping into fractionation buffer (20 mM HEPES pH7.4, 10 mM KCl, 2 mM MgCl2, 1 mM EDTA, 1 mM EGTA) on ice, lysed through a 27 gauge needle, on ice. The nuclear pellet was collected by centrifugation at 720 × g, washed and dispersed through a 25 gauge needle. The supernatant containing cytoplasm was centrifuged at 10,000 g to remove mitochondria and any cell debris. The dispersed nuclear pellet was collected again by centrifugation at 720 × g, resuspended in TBS with 0.1% SDS and sonicated to shear genomic DNA and homogenize the lysate.
2.6 RNA extraction
RNA was extracted from fractionated samples using TRIzol Reagent (Thermo Fisher). RNA quality and concentration was measured using an RNA Nano chip on the Agilent Bioanalyser 2100. Samples with total RNA concentration ≥20 ng/μl, RIN ≥ 6.8 and OD 260/280 were taken forward for cDNA library preparation and sequencing.
2.7 cDNA library preparation and sequencing
cDNA libraries were prepared using Ribo-Zero Magnetic Kit for rRNA depletion and NEBNext Ultra Directional RNA Library Prep Kit library prep kit by Novogene Inc. Library quality was assessed using a broad range DNA chip on the Agilent Bioanalyser 2100. Library concentration was assessed using Qubit and q-PCR. Libraries were pooled, and paired-end 150 bp sequencing to a depth of 20 M reads per fraction (40M reads per sample) was performed on an Illumina HiSeq2500 by Novogene Inc.
2.8 Data processing
2.8.1 Raw data quality control
Raw FASTQ reads were subjected to adapter trimming and quality filtering (reads containing N > 10%, reads where >50% of read has Qscore ≤ 5) by Novogene Inc.
Quality of sequence was assessed using FastQC v0.11.5 (https://www.bioinformatics.babraham.ac.uk/projects/fastqc/). No further data filtering or trimming was applied.
2.9 Data deposition
Raw FASTQ reads after adapter trimming and quality filtering (reads containing N > 10%, reads where > 50% of read has Qscore ≤ 5) were deposited on the Sequence Read Archive, SRA accession PRJNA622794.
2.10 Alignment to reference genome
Paired FASTQ files were aligned to GRCh38 human genome reference using GENCODE v29 gene annotations (Frankish et al., 2019) and STAR v2.6.0a splice aware aligner (Dobin et al., 2013), using ENCODE recommend options (3.2.2 in the STAR manual (https://github.com/alexdobin/STAR/blob/master/doc/STARmanual.pdf). The two-pass alignment method was used, with soft clipping activated.
2.11 Alignment quality control
BAM files sorted by chromosomal coordinates were assessed for saturation of known splice junctions were using RSeqQC v3.0.1 (Wang et al., 2012).
2.12 Differential gene expression analysis
Reads were counted using HTSeq (Anders et al., 2015) and differential gene expression analysis was performed with edgeR v3.24.1 (Robinson et al., 2010; McCarthy et al., 2012) with statistical significance expressed as a p value adjusted for a false discovery rate of 0.05 using Benjamini-Hochberg correction.
2.13 Alignment to reference transcriptome and transcript level abundance estimates
The tool Salmon was used to perform transcript abundance estimates from raw FASTQ files using selective alignment with a decoy-aware transcriptome built from GRCh38 (Patro et al., 2017).
2.14 Differential splicing analysis
rMATs v4.0.2 (rMATS turbo) (Shen et al., 2014) was used to statistically measure differences in splicing between replicates of wild-type and mutant sequence. BAM files aligned with STAR v2.6.0a two-pass method with soft clipping suppressed were used as input.
Pathway enrichment was carried out using Enrichr (Chen et al., 2013; Kuleshov et al., 2016).
2.15 Differental exon usage analysis
DEXSeq-Count v1.28.1.0 was used to count exons in sorted bam files, using GENCODE v29 gene annotations. The differential exon usage was then determined between the control sample and the PRPF31 siRNA samples, using the DEXSeq (R version 3.5.1), again using GENCODE v29 gene annotations.
2.16 Splice site strength measurement
Using splice site coordinates from STAR splice junction output files and rMATS output files, splice site sequences were extracted from GRCh38 using bedtools, and splice strength calculated using MaxEntScan (Yeo and Burge, 2004).
2.17 Protein extraction
Total protein was extracted from cells using 1% NP40 lysis buffer and scraping. Insoluble material was pelleted by centrifugation at 10,000 × g. Cell fractionation was carried out by scraping cells into fractionation buffer containing 1 mM DTT and passed through a syringe 10 times. Nuclei were pelleted at 720 × g for 5 min and separated from the cytoplasmic supernatant. Insoluble cytoplasmic material was pelleted using centrifugation at 10,000 × g for 5 min. Nuclei were washed, and lysed with 0.1% SDS and sonication. Insoluble nuclear material was pelleted using centrifugation at 10,000 × g for 5 min.
2.18 SDS-PAGE and western blotting
20 μg of total protein per sample with 2 × SDS loading buffer was loaded onto pre-cast 4%–12% Bis-Tris gels (Life Technologies) alongside Spectra Multicolor Broad range Protein ladder (Thermo Fisher). Samples were separated by electrophoresis. Protein was transferred to PVDF membrane. Membranes were incubated with blocking solution (5% (w/v) non-fat milk/PBS), and incubated with primary antibody overnight at 4°C. After washing, membranes were incubated with secondary antibody for 1 h at room temperature and exposed using 680 nm and/or 780 nm laser (LiCor Odyssey, Ferrante, Giorgio et al.), or incubated with SuperSignal West Femto reagent (Pierce) and exposed using Chemiluminescence settings on ChemiDoc MP imaging system (Bio-Rad)
2.19 Primary antibodies for WB
Mouse anti ß actin clone AC-15 (Sigma-Aldrich A1978) 1:4000
Rabbit anti-PRPF6 primary antibody (Proteintech) 1:1000
Mouse anti-PCNA-HRP (BioRad MCA1558P) 1:1000
Mouse anti-monoglycylated tubulin (TAP952) (Sigma Aldrich MABS277) 1:100
2.20 Secondary antibodies for WB
Donkey anti mouse 680 (LiCor) 1:20,000
Donkey anti rabbit 800 (LiCor) (Ferrante et al., 2001) 1:20,000
Donkey anti mouse HRP (Dako) 1:10,000
Donkey anti rabbit HRP (Dako) 1:10,000
2.21 Immunocytochemistry of cells grown on cover slips for regular confocal imaging
HEK293s were plated on Poly-D-Lysine and laminin double-coated glass cover slips then serum starved for 6 days to induce ciliogenesis. hTERT RPE1 cells were grown on glass coverslips and serum starved for 48 h to induce ciliogenesis. Cells were rinsed in warm DPBS and fixed in ice-cold methanol at −20°C for 5 min. Cells were then immediately washed with PBS, and incubated with blocking solution (1% w/v non-fat milk powder/PBS) for 15 min at room temperature. Coverslips were inverted onto primary antibodies in blocking solution in a humidity chamber and incubated at 4°C overnight. After 3 washes with PBS, cells were incubated with secondary antibodies and DAPI for 1 h at room temperature in the dark. After 3 PBS washes and 1 dH2O wash, cells were mounted onto slides with Mowiol.
When staining with anti acetylated alpha tubulin, cells were incubated on ice for 15 min prior to fixation to reduce background staining of cell body microtubules.
2.22 Immunocytochemistry of cells grown on cover slips for STED confocal imaging
HEK293s were plated on Poly-D-Lysine and laminin double-coated high performance (high tolerance) #1.5 glass cover slips (Zeiss) then serum starved for 6 days to induce ciliogenesis. Cells were rinsed in warm DPBS and fixed in ice-cold methanol at −20°C for 5 min. Cells were then immediately washed with PBS, and incubated with blocking solution (1% w/v non-fat milk powder/PBS) for 15 min at room temperature. Coverslips were inverted onto primary antibodies at 5x higher concentration than the normal concentration optimsed for regular confocal imaging, in blocking solution in a humidity chamber and incubated at 4°C overnight. After 3 washes with PBS, cells were incubated with secondary antibodies at 10x higher concentration than the normal concentration optimsed for regular confocal imaging without DAPI for 1 h at room temperature in the dark. After 3 PBS washes and 1 dH2O wash, cells were mounted onto slides with Prolong Gold.
2.23 Manual confocal image capture and analysis
Confocal images were obtained at the Centre for Research in Biosciences Imaging Facility at UWE Bristol, using a HC PL APO 63x/1.40 oil objective CS2 lens on a Leica DMi8 inverted epifluorescence microscope, attached to a Leica SP8 AOBS laser scanning confocal microscope. Images were captured using LASX software and deconvolution of selected images was carried out using Hyvolution (Leica/Huygens). Images were assembled in Image J, Adobe Photoshop and Illustrator. Percentage of ciliated cells was measured by counting cilia and counting nuclei in 5 fields of view. 50 random cilia from 5 fields of view were measured manually using the scale bar as reference.
2.24 STED confocal image capture
STED images were obtained at Wolfson Bioimaging Facility at the University of Bristol Image using a 592 nm STED laser and 660 nm STED laser sequentially using a 100x APO oil immersion lens on a Leica DMi8 inverted epifluorescence microscope, attached to a Leica SP8 AOBS laser scanning confocal microscope with STED module. Images were captured using LASX software, and assembled in Image J, Adobe Photoshop and Illustrator.
2.25 Imaging plate setup
Cells were plated at a density of 1 × 105 cells ml−1 into 100 μl complete media per well in 96 well optical bottom Perkin Elmer ViewPlates. The outer wells were filled with media without cells to reduce edge effects. Cells were cultured for 48 h before media was changed to serum-free media. Cells were fixed 24 h later.
2.26 UV treatment
Media was removed from each well and replaced with 10 μl DPBS to ensure the cells did not dry out, but not so much that the UV wasn’t able to penetrate. The plate lid was removed, mock-treated wells covered with foil, and a total dose of 25 J/m2 UV delivered to exposed wells in a UVP CL-1000 Ultraviolet crosslinker. Media was immediately replaced and plates returned to the incubator.
2.27 Nucleofection of PRPF31 and TTLL3 constructs
1 μg PRPF31 construct or TTLL3 construct was nucleofected into 200,000 hTERT-RPE1 cells using 20 μl P3 + supplement and programme EA104 in strip cuvettes on the Lonza Nucleofector 4D. 80 μl complete pre-warmed media was immediately added to each cuvette in the strip and cell suspension was returned to the incubator to recover for 15 min before adding 25 μl from each cuvette to 4 wells of a 96 well optical bottom Perkin Elmer ViewPlate containing 100 μl pre-warmed complete media per well.
2.28 Immunocytochemistry and imaging of 96 well plates
Wells were emptied by inversion of plates, and washed with warm Dulbecco’s PBS (Sigma). DPBS was removed by plate inversion and cells were fixed with ice cold methanol for 5 min at −80°C. Methanol was removed by plate inversion and cells were washed twice with PBS and non-specific antibody binding sites blocked with 1% non-fat milk powder/PBS (w/v) for 15 min at room temperature. Cells were incubated with primary antibodies in blocking solution for 1 h at room temperature and secondary antibodies + DAPI for 1 h at room temperature in the dark. Mowiol was added to wells, and plates stored until imaging. Imaging was carried out on a Perkin Elmer Opera LX with 20x and 60x water immersion lenses at Wolfson Bioimaging Centre, University of Bristol.
2.29 Automated image analysis
Image analysis was performed using custom scripts optimized on CellProfiler (Carpenter et al., 2006). Analysis included nuclear recognition and counting, cell recognition, exclusion of border objects and counting of whole cells, cilia recognition and counting, and quantification of the percentage of whole cells with a single cilium. Median and median absolute deviation of untransfected cells were used to calculate robust z scores (Zhang, 2007; Chung et al., 2008; Birmingham et al., 2009) of cell number and percentage of whole cells with a single cilium in transfected cells.
2.30 Retinal organoid culture
The Mastershef7 hESC line was differentiated into retinal organoids using a previously published protocol. Cells were seeded on LN521 in Nutristem hESC XF media (Biological Industries, #05-100-1A) and allowed to reach near confluence. Once confluent differentiation was initiated by culture in embryoid body media [EB media; DMEM/F12 (Gibco), Knockout serum replacement (Gibco), 1x MEM non-essential amino acids (Gibco), 1x Glutamax (Gibco)] for 72 h in the presence of WNT inhibitor 3 μM IWR1e (Merck). On day 4, the media was changed to Neural Induction Medium [NIM; DMEM/F12 (Gibco), 1x MEM non-essential amino acids (Gibco), N2 supplement (Gibco), Heparin (Sigma), 1x Glutamax (Gibco)] and feeding continued three times a week to stimulate forebrain development. On day 12 cultures were transitioned to Retinal Differentiation Medium (RDM; DMEM (Gibco), F12 (Gibco), B27 supplement (Gibco), 1x Glutamax (Gibco) and 10% Fetal Bovine Serum (LifeTech) and cultures fed on alternating days. After 18 days of differentiation, RDM was supplemented with Taurine (100 μM, Sigma), T3 (20 nM, Sigma), IGF-1 (5 ng/ml, Sigma). Cultures were supplemented with Retinoic Acid (0.5 μM, Sigma) after 100 days. After 3 weeks, Optic Vesicles (OVs) begin to form which appeared as rounded neuroepithelial structures growing adjacent to a patch of cells that form retinal pigment epithelium (RPE). The OVs were manually excised between day 25–35 and cultured in RDM in low attachment 10 cm plates until analysis.
2.31 Retinal organoid immunocytochemistry and imaging
Samples comprised of 10–20 OVs were fixed in 4% PFA/PBS for 10 min at room temperature and subsequently washed three times in PBS for 10 min each. The OVs were then cryopreserved by soaking in a PBS/30% sucrose solution overnight at 4°C. Embedding was carried out using OCT compound and frozen samples stored at −80°C. Frozen blocks were sliced into 18 μm cryosections and transferred on glass slides. OCT compound was removed by a 15 min incubation in PBS at 37°C. Sections were then blocked for 1 h (PBS/0.1% Triton-x, 10% FBS, 1% BSA) and then incubated with the primary antibodies overnight at 4°C. The next day, primary antibodies were washed off and the samples were incubated with secondary antibodies for 1 h at room temperature. Slides were then mounted and sealed with nail polish. Images were produced, from independent samples with a Leica SP8 Confocal microscope and processed using ImageJ software.
2.32 Primary antibodies for immunocytochemistry
Rabbit anti-PRPF6 (Proteintech 23929-1-AP) 1:100
Mouse anti-PRPF6 (Santa Cruz sc-166889) 1:100/1:50 for STED imaging
Rabbit anti-ARL13B (Proteintech 17711-1-AP) 1:200
Rabbit anti-gamma tubulin (Abcam ab11317) 1:50 (for STED imaging)
Mouse anti-polyglutamylated tubulin (GT335) (Adipogen Life Sciences AG-20B-0020) 1:1000
Rabbit anti-XPA (Abcam ab85914) 1:200
Mouse anti-monoglycylated tubulin (TAP952) (Sigma Aldrich MABS277) 1:100
Rabbit anti-recoverin (Millipore AB5585) 1:1000
Mouse anti-CRX (M02) clone 4G11 (Sigma H00001406-M02)
2.33 Secondary antibodies for immunocytochemistry
Donkey anti mouse IgG AlexaFluor 488 (ThermoFisher) 1:500
Donkey anti rabbit IgG AlexaFluor 568 (ThermoFisher) 1:500
Goat anti rabbit IgG AlexaFluor 488 (ThermoFisher) 1:1000/1:100 for STED imaging
Goat anti mouse IgG AlexaFluor 568 (ThermoFisher) 1:1000
Goat anti mouse IgG Highly cross-absorbed AlexaFluor 555 (ThermoFisher) 1:100 (for STED imaging)
2.34 Statistical analysis
Data were tabulated, graphs were produced and statistical analyses were performed in GraphPad Prism v9.0.1 (GraphPad Software Inc., San Diego, CA, United States) unless otherwise indicated. Normality of data was assessed using Shapiro-Wilk test to inform whether to apply parametric or non-parametric statistical tests. Statistical analyses of single comparisons of two groups utilized Student’s t-test or Mann-Whitney U test for parametric and non-parametric data respectively. Results were considered significant if p ≤ 0.05, where *p ≤ 0.05, **p ≤ 0.005, ***p ≤ 0.001, ****p ≤ 0.0001.
3 RESULTS
Using third generation base editing (BE3) (Komor et al., 2016) vectors and a specific sgRNA (Figure 1A) we produced multiple clones of HEK293 cells with heterozygous knock-in point mutations in PRPF6 [NC_000020.11:g.64027138C > T NM_012469.4(PRPF6):c.2185C > T (p.Arg729Trp)] previously reported in human autosomal dominant RP patients (Tanackovic et al., 2011), which we confirmed by Sanger sequencing (Figure 1B). We analysed the phenotype of 4 different mutant clones compared to 4 different wild-type clones which had undergone the same transfection and cloning process but not been edited. Immunofluorescence confocal imaging showed that, as has been shown in PRPF6 siRNA knockdown-treated cells (Wheway et al., 2015), PRPF6+/c.2185C>T mutant clones tended to lack cilia and PRPF6 staining could not be seen at the base of the cilium, whereas it could be seen in the wild-type sister clones (Figure 1C). PRPF6 staining in the nucleus appeared the same in mutants and wild-type cells (Figure 1C). To gain higher resolution images of the base of the cilium we immunostained cells with PRPF6 antibody and an antibody to gamma tubulin to label the basal body. This more clearly showed colocalization of PRPF6 with the basal body in the WT cells, and loss of this colocalization in the PRPF6+/c.2185C>T mutant clones (Figure 1D). Some faint PRPF6 staining could be seen to be loosely associated with the basal body in the mutant clones (Figure 1D) but when we fractionated cell lysates into cytoplasmic and nuclear fractions and analysed these by western blotting we could not detect PRPF6 in the cytoplasm in PRPF6+/c.2185C>T mutant clones (Figure 1E). We proceeded to quantify the cell defect seen in the PRPF6+/c.2185C>T mutant clones using deconvolution confocal imaging and manual counting of cilia and measurement of cilium length. This showed that PRPF6+/c.2185C>T mutant clones had statistically significantly lower percentage of cells with a single cilium (Figure 2A) and statistically significantly shorter cilia (Figure 2B), although with a small population of cells with long cilia (Figures 2B,C).
[image: Figure 1]FIGURE 1 | Generation and characterisation of PRPF6+/c.2185C>T base edited HEK293 cells. (A) Illustration of location and sequence of PRPF6 guide RNA in green, with PAM sequencing in bold. (B) Electropherogram of PRPF6 sequence from of PRPF6+/c.2185C>T base edited HEK293 cells to confirm the heterozygous change. (C) Confocal microscopy images of WT and PRPF6+/c.2185C>T base edited HEK293 cells immunostained with anti PRPF6 (red) and ARL13B (green) antibodies, showing the ARL13B-stained cilium in wild-type (WT) cells (white arrowhead), lost in PRPF6+/c.2185C>T cells, and the loss of PRPF6 from the base of the cilium (yellow arrowhead). Scale bar 10 μm. (D) Stimulated emission depletion (STED) microscopy images of wild-type (WT) and PRPF6+/c.2185C>T base edited HEK293 cells immunostained with anti PRPF6 (red) and gamma tubulin (green) antibodies, showing colocalization of PRPF6 with the gamma tubulin-stained basal body in WT cells and loss of this colocalisation in PRPF6+/c.2185C>T cells. Scale bar 2 μm. (E) Western blot image showing presence of PRPF6 protein in the nucleus of WT and PRPF6+/c.2185C>T cells, but absence of PRPF6 protein from the cytoplasm of PRPF6+/c.2185C>T cells, beta actin is shown as a cytoplasmic loading control, and PCNA is shown as a nuclear loading control.
[image: Figure 2]FIGURE 2 | Quantification of ciliary phenotype in PRPF6+/c.2185C>T base edited HEK293 cells. (A) Dot plot of the percentage of cells with a single cilium in WT and PRPF6+/c.2185C>T cells, showing a statistically significant reduction in the percentage of cells with a single cilium in PRPF6+/c.2185C>T cells. Two-tailed unpaired t test, p value 0.0070, ** = p < 0.005, t, df t = 3.596, df = 8. One data point represents data from one cover slip (average from 6 fields of view per coverslip, 5 coverslips, each coverslip is one independent experiment). (B) Dot plot of single cilium length in WT and PRPF6+/c.2185C>T cells, showing a statistically significant reduction in cilium length in PRPF6+/c.2185C>T cells. Two-tailed Mann Whitney test, p value <0.0001 (exact), **** = p < 0.0001, Sum of ranks in column A, B 3095, 1955, Mann-Whitney U 680. One data point represents measurement of one cilium (measurements taken from individual cilia across 6 fields of view per coverslip, each coverslip is one independent experiment). (C) Confocal image of PRPF6+/c.2185C>T base edited HEK293 cells immunostained with anti ARL13B (red) and anti polyglutamylated tubulin (green) antibodies, showing the an example of a lengthened cilium in PRPF6+/c.2185C>T cells. Scale bar 5 μm.
We extracted RNA from 3 independent PRPF6+/c.2185C>T mutant clones and 3 wild-type sister clones, prepared stranded cDNA libraries and performed paired-end RNA sequencing. We first carried out differential gene expression analysis, and defined a statistically significantly differentially expressed gene as one with a false discovery rate (FDR) adjusted p-value of <0.05 and a log2 fold change of greater than 1 or less than -1. This showed that 8 genes were statistically significantly differentially expressed in PRPF6+/c.2185C>T mutant clones compared to wild-type sister clones; 5 downregulated and 3 upregulated (Supplementary Table S1). Gene ontology (GO) term enrichment analysis using Enrichr (Chen et al., 2013; Kuleshov et al., 2016) showed statistically significant (adjusted p-value >0.05) enrichment of GO molecular function terms microtubule binding (GO:0008017; p = 0.003), tubulin binding (GO:0015631; p = 0.004), dynein complex binding (GO:0070840) and GO cellular component terms axon (GO:0030424; p = 0.001) and cytoskeleton (GO:0005856; 0.017) and GO biological process terms intermediate filament bundle assembly (GO:0045110; p = 2.098 × 10−6) and axon development (GO:0061564; p = 6.008 × 10–4).
To investigate differential splicing in our RNAseq dataset we used rMATS programme (Shen et al., 2014) to perform differential splicing analysis in our 3 independent PRPF6+/c.2185C>T mutant clones and 3 wild-type sister clones. We supplemented this analysis with differential splicing analysis of RNAseq data from 3 independent mutant PRPF31+/− hTERT-RPE1 clones and 3 independent wild-type sister hTERT-RPE1 clones, which we previously described (Nazlamova et al., 2020), and publicly available RNAseq data from day 150 retinal organoids derived from induced pluripotent stem cells (iPSCs) from 7 PRPF31 patients severely affected with RP, compared to 6 unaffected controls (Buskin et al., 2018). Analysis included differential alternative 3′ splice site usage (A3′SS), alternative 5′ splice site usage (A5′SS), retention of introns (RI) and skipping of exons (SE). We accepted any event with FDR p < 0.05 as a significantly different splicing event. In PRPF6 and PRPF31 mutant cell lines and organoids the predominant differential splicing event was exon skipping (Figure 3A). To further investigate exon skipping we used DEXSeq to study differential exon usage in publicly available RNAseq data from 3 human organotypic retinal cultures treated with PRPF31 siRNA compared to 1 non-targeting siRNA control (PRJNA509001) (Azizzadeh Pormehr et al., 2019). In these samples rMATS could not be used as only 1 control sample was available and rMATS requires replicate data.
[image: Figure 3]FIGURE 3 | Analysis of differentially spliced transcripts and splice sites in PRPF6+/c.2185C>T cells, PRPF31+/− cells and retinal organoids derived from PRPF31+/− patients severely affected with RP. (A) Bar chart showing the number of cases of statistically significant (FDR p < 0.05) alternative 3′ splice site usage, alternative 5′ splice site usage, mutually exclusive exon usage, intron retention and exon skipping in PRPF6+/c.2185C>T cells, PRPF31+/− cells and retinal organoids derived from PRPF31+/− patients severely affected with RP compared to relevant controls, showing the abundance of exon skipping in all 3 cell/organoid types. (B) Dot plots showing MaxEntScan 3′ splice site score for every wild-type exon and every skipped exon identified in (A), showing that skipped exons have lower 3′ splice site scores, i.e., weaker 3′ splice sites are skipped in PRPF6 and PRPF31 mutant cells. Individual data points plus median and interquartile range are shown ****p < 0.0001 Mann-Whitney in all cases. PRPF6 3′ WT median 8.680, SE media 8.150 n = 1039, PRPF31 3′ WT median 8.670, SE media 8.110 n = 1419, PRPF31 retinal organoids 3′ WT median 8.680, SE media 7.900 n = 2866. (C) Dot plots showing MaxEntScan 5′ splice site score for every wild-type exon (red) and every skipped exon (blue) identified in (A), showing that skipped exons have lower 5′ splice site scores, ie weaker 5′ splice sites are skipped in PRPF6 and PRPF31 mutant cells. Individual data points plus median and interquartile range are shown ****p < 0.0001 Mann-Whitney in all cases. PRPF6 5′ WT median 8.700, SE median 8.345 n = 2866, PRPF31 5′ WT median 8.680, SE median 8.100 n = 1419, PRPF31 retinal organoids 5′ WT median 8.690, SE median 8.310 n = 2866.
Pathway and ontology enrichment analysis using Enrichr (Chen et al., 2013; Kuleshov et al., 2016) of differentially spliced genes in PRPF6 and PRPF31 mutant cell lines and organoids and PRPF31 siRNA-treated organotypic retinal cultures showed an enrichment of gene ontology cellular component terms “centrosome”, “microtubule organising center”, “centriole” (Table 1) and an enrichment of pathways related to primary cilium development and DNA damage response (Table 2) across all PRPF6 and PRPF31 cells or retina. This is consistent with previous reports that centrosome and cilium transcript are differentially spliced in PRPF31 mutants (Buskin et al., 2018; Azizzadeh Pormehr et al., 2020; Li et al., 2021).
TABLE 1 | FDR adjusted p values from gene ontology enrichment analysis of differentially spliced exons in PRPF6 base edited cells, PRPF31 edited cells, PRPF31+/−patient-derived retinal organoids and PRPF31 siRNA-treated retinal cultures. Statistically significantly enriched GO terms and their FDR-adjusted p values are highlighted in bold.
[image: Table 1]TABLE 2 | FDR-adjusted p values from Wikipathway pathway enrichment analysis of differentially spliced exons in PRPF6 base edited cells, PRPF31 edited cells, PRPF31+/−patient-derived retinal organoids and PRPF31 siRNA-treated retinal cultures. Statistically significantly enriched pathways and their FDR-adjusted p values are highlighted in bold.
[image: Table 2]Analysis of Sashimi plots showed that this differential exon usage included skipping of single and multiple constitutive exons, skipping of novel unannotated exons which are included in wild-type cells, and skipping of constitutive exons alongside differential 3′ and 5’ splice site usage (Supplementary Figure S1).
It has been reported that regulation of splicing by PRPF8 is determined by 5′ splice site strength (Wickramasinghe et al., 2015), and that exons which are differentially spliced in the developing retina of prpf31 mutant zebrafish have weaker 5′ splice sites (Li et al., 2021). To investigate the strength of 3′ and 5′ splice sites of exons skipped we extracted sequences of all splice sites used in control cells (>5 uniquely mapped reads per sample) and the splice sites of the exons skipped in mutant samples, and calculated splice site scores using MaxEntScan (Yeo and Burge, 2004). This showed a small but highly statistically significant difference in both 3′ and 5′ splice site strength of skipped exons in mutant samples compared to controls (Figures 3B,C). This suggests that subtle defects in spliceosome activity due to mutations in PRPF6 or PRPF31 predominantly affect efficiency of splicing of exons with weak splice sites. To investigate this further we performed enrichment analysis of genes with skipped exons with the weakest splice site scores (MaxEntScan < 1). Although there were no statistically significant (FDR p > 0.05) enrichments of pathways or ontologies we did observe consistent enrichment of genes with cellular component gene ontology term microtubule/centrosome/centriole/cilium. This suggests that exons in particular genes encoding microtubule/centrosome/centriole/cilium proteins may be particularly weak and susceptible to mis-splicing in cells with defects in pre-mRNA splicing. We hypothesised that the primary defect in cells was defective microtubule and centrosomal defects, and that this leads to defects in cilium stability and mitotic spindle stability, and the latter leads to DNA damage, triggering a secondary differential splicing of DNA damage response proteins. It has been well documented that differential splicing of DNA damage proteins is a central cellular response to DNA damage (Paulsen et al., 2009; Dutertre et al., 2010; Adamson et al., 2012; Shkreta and Chabot, 2015; Tresini et al., 2015).
To test this hypothesis we used our cell models to investigate DNA damage using high-content imaging. We assayed micronuclei number 24 h after treating cells with with 25J/m2 UV or giving a mock treatment. We found statistically significantly higher percentage of cells with micronuclei and lower cell number in mock treated PRPF6+/c.2185C>T mutants (Figure 4A) and PRPF31+/− cells (Figure 4B) than their respective wild-type sister clones, but the size and significance of this difference was reduced after UV exposure (Figures 4C,D). We also assayed intensity of XPA nuclear staining in PRPF31+/− cells and wild-type sister clones and found no statistical difference in mutants compared to wild type cells (Figure 4E). We conclude that mutant cells are more prone to genomic instability, but the DNA damage response is intact.
[image: Figure 4]FIGURE 4 | Analysis of micronucleus and cell number in PRPF6+/c.2185C>T cells and PRPF31+/− cells before and after UV exposure, and analysis of XPA nuclear staining in PRPF31+/− cells after UV exposure. (A) Dot plots showing percentage of cells with a micronucleus (left) and number of cells per field of view (right) in untreated WT cells and PRPF6+/c.2185C>T cells. PRPF6+/c.2185C>T cells have statistically significantly more micronuclei and statistically significantly fewer cells. (B) Dot plots showing percentage of cells with a micronucleus (left) and number of cells per field of view (right) in WT cells and PRPF31+/− cells. PRPF31+/− cells have statistically significantly more micronuclei and statistically significantly fewer cells. (C) Dot plots showing percentage of cells with a micronucleus (left) and number of cells per field of view (right) in WT cells and PRPF6+/c.2185C>T cells 24 h after 25 J/m2 UV. PRPF6+/c.2185C>T cells have statistically significantly more micronuclei and statistically significantly fewer cells, but these differences are less statistically significant than in untreated cells. (D) Dot plots showing percentage of cells with a micronucleus (left) and number of cells per field of view (right) in WT cells and PRPF31+/− cells 24 h after 25 J/m2 UV. PRPF31+/− cells do not have statistically significantly more or fewer micronuclei, nor statistically significantly more or fewer cells. (E) Confocal image (left) of WT and PRPF31+/− cells immunostained with XPA (green) and DAPI nuclear stain (blue) and dot plot (right) of XPA staining intensity in nucleus 2 h after 25 J/m2 UV exposure. No statistical difference is seen in mutants compared to WT cells.
To further investigate the effect of differential splicing of microtubule regulating proteins on PRPF6 and PRPF31 mutant cells we focussed on one particular gene of interest, TTLL3, which was one of the most statistically differentially spliced genes in all mutants, and has some of the weakest splice sites of any gene identified. rMATS analysis identified multiple significant splicing defects in TTLL3, including intron retention, exon skipping and alternative 3′ and 5′ splice site usage. Most of these affected exons 5–7. The most significant intron retention in PRPF6+/c.2185C>T mutant cells was in TTLL3. Exon skipping in multiple transcripts of TTLL3 was highly significant in PRPF6+/c.2185C>T mutants. Exon skipping and A5′SS usage in TTLL3 was also highly significant. TTLL3 undergoes complex alternative splicing to produce 33 transcripts, including 18 protein coding transcripts which encode tubulin glycylase type 3, TTLL3. Glycylation is one of several post-translational modifications of tubulin in cilium axonemal tubulins which stabilise these structures. Whilst cell body microtubules undergo a range of post-translational modifications, glycylation is a modification unique to axonemal microtubules of both motile and primary cilia (Bosch Grau et al., 2013; Gadadhar et al., 2017). TTLL3 catalyses monoglycylation of the cilium microtubules and is required for ciliogenesis (Wloga et al., 2009; Rocha et al., 2014). Both mono- and polyglycylation coexist on axonemal MTs in most mammals, with three TTLL glycylases working together to generate polyglycylation of tubulins; TTLL3 and TTLL8 are initiating glycylases, TTLL10 elongates the polyglycylated chain (Rogowski et al., 2009). However, in humans polyglycylation is absent (Rogowski et al., 2009). GTEx expression data (GTEx Consortium, 2013; GTEx Consortium, 2015) suggests that TTLL3 is the only glycylase which is expressed in humans. Ttll3−/− mice lack glycylation in photoreceptors, which results in shortening of connecting cilia and slow retinal degeneration (Bosch Grau et al., 2017). Alterations in the balance of tubulin glycylation and glutamylation in photoreceptors has been shown to lead to retinal degeneration (Bosch Grau et al., 2017); absence of glycylation results in increased levels of tubulin glutamylation in photoreceptor cilia which leads to cilium degeneration. Furthermore, human mutations in CCP5 (also known as AGBL5), a tubulin deglutamylase are associated with RP, presumably due to an increase in polyglutamylation (Kastner et al., 2015; Astuti et al., 2016; Branham et al., 2016; Patel et al., 2016). Another tubulin-modifying enzyme, TTLL5, a tubulin polyglutamylase, is also associated with cone-rod dystrophy type 9 (CORD9) and RP (Sergouniotis et al., 2014; Astuti et al., 2016; Bedoni et al., 2016) although it is thought that this is due to defective glutamylation of RPGR (Sun et al., 2016).
With the emerging role of enzymes involved in tubulin glycylation and glutamylation in retinal degeneration, the clinical and cellular phenotype associated with PRPF6 and PRPF31 mutations, TTLL3 is an extremely interesting candidate for further investigation.
We analysed publicly available RNAseq datasets from human retina to study expression of all tubulin tyrosine ligases (TTLLs) in different stages of human retinal development. Single cell sequence data from retinal organoids at day 60, 90 and 200 of differentiation (Collin et al., 2019) showed that TTLL7 is the tubulin tyrosine ligase expressed by the largest proportion of cells across all time points (around half of all cells), with TTLL4 and TTLL5 also expressed by more than 20% of cells (Figure 5A). TTLL3, 12 and 1 are expressed by around 10% of cells, TTLL6, 9, 11 and 13P by a small number of cells and, consistent with GTex data, TTLL8 and TTLL10 not expressed at all (Figure 5A). There is an increase in level of expression of most TTLL genes at day 200 (except TTLL9, TTLL6, TTLL13P) which correlates with development of mature outer segments at day 200 (Figure 5A). There was no obvious pattern of co-expression of any TTLL genes at any time point. Similar findings were observed in single cell RNAseq data from foetal human retina from week 5–week 24 (day 29–day 168) of development (Hu et al., 2019). The TTLL gene most commonly expressed in cells across all time points is TTLL7 (expressed in around half of the cells of the retina) (Figure 5B). TTLL4, 5, 3, 12 and 1 are expressed by one fifth to one third of cells of the retina (Figure 5B). TTLL8 and 10 are not expressed at all. It is difficult to assess relative levels of expression across timepoints without normalisation but they would seem to be fairly consistent across TTLLs and timepoints, although expression of TTLL7 and TTLL3 was high in week 5, suggesting these genes may have a role in early retinal development (Figure 5B). Transcript-level analysis of TTLL3 in publicly available bulk RNAseq data from 13 whole human fetal retina samples spanning 12 time points (D52/54, D53, D57, D67, D80, D94 (2 samples), D105, D107, D115, D125, D132 and D136) (Hoshino et al., 2017), showed that 4 main protein coding transcripts of TTLL3 (Ensembl transcript TTLL3-202, TTLL3-212, TTLL3-208 and TTLL3-221) are expressed across all timepoints of differentiation, with TTLL3-202 being the main protein coding transcript expressed. However, the highest level of expression of any transcript is of TTLL3-232, a retained intron transcript (Figure 5C). Together, the expression pattern of TTLL3 and other TTLLs suggests that TTLL3 is the only tubulin glycylase expressed in the human retina, it is expressed by around 10%–25% of retinal cells throughout week 5 to week 24 of differentiation, and that the predominant expressed transcripts are 4834 bp TTLL-202 which encodes a 352 amino acid protein (the consensus coding sequence encodes a 915 amino acid protein) and a 5282bp transcript with a retained intron. RNAseq data does not give insight into when TTLL3 may play a functional role in tubulin monoglycylation in the retina, so we carried out immunostaining of monoglycylated tubulins in day 120 human embryonic stem cell derived retinal organoids; monoglycylation was seen specifically seen in RECOVERIN positive cells in D120 organoids in puncta reminiscent of basal bodies of connecting cilia (Figure 6).
[image: Figure 5]FIGURE 5 | Analysis of retinal gene and TTLL gene expression in developing retinal organoids and foetal retina. (A) Line graphs plotting % of cells expressing genes (left) and mean expression level in raw reads of genes (right) in single cell expression datasets from retinal organoids. Data are shown from genes related to specific functions of different retinal cells (top) and TTLL genes (bottom) at different stages of retinal organoid differentiation. (B) Line graphs plotting % of cells expressing genes (left) and mean expression level in raw reads of genes (right) in single cell expression datasets from human foetal retinal. Data are shown from genes related to specific functions of different retinal cells (top) and TTLL genes (bottom) at different stages of retinal development. (C) Line graphs plotting mean expression level in raw reads of genes in bulk expression datasets from human foetal retinal. Data are shown for TTLL genes at different stages of retinal development.
[image: Figure 6]FIGURE 6 | Confocal microscopy image of immunostaining of day 120 human embryonic stem cell derived retinal organoids. Recoverin is stained in red, monoglycylated tubulin is stained with TAP952 antibody in green, nuclei are stained with DAPI in blue. Monoglycylated tubulin staining is seen in recoverin positive cells in puncta reminiscent of basal bodies of connecting cilia (white arrows). The lower panel shows a magnified insert of the top panel (left) and a panel at the same magnification of the same D120 organoid stained with ARL13B (red) as a marker for cilia and CRX (green) photoreceptor cell marker.
With data suggesting that TTLL3 is required for monoglycylation in the retina photoreceptor cells, and evidence that differential splicing of this transcript is associated with PRPF6 and PRPF31 mutations and cilium defects, we investigated whether tubulin glycylation underlies cilium instability in PRPF6 and PRPF31 mutant cells. We immunostained cilia in our mutant cells and carried out western blotting with an antibody to monoglycylated tubulin. This showed lower levels of tubulin monoglycylation in PRPF6+/c.2185C>T and PRPF31+/− mutant cells compared to wild-type sister clones (Figures 7A–D). We next attempted rescue experiments in our PRPF31+/− mutant cells in which we transfected and expressed either an empty vector, a positive control rescue vector (PRPF31) or a TTLL3 expression vector and assayed the effect on cilia using high content imaging and automated image analysis. This showed a rescue of cilium number in mutant cells transfected with either PRPF31 and TTLL3 (Figure 5C) suggesting that replacement of TTLL3 is sufficient to rescue cilium stability in PRPF31 mutant cells.
[image: Figure 7]FIGURE 7 | Analysis of monoglycylation in PRPF6+/c.2185C>T cells and PRPF31+/− cells, and rescue of ciliation in PRPF31+/− cells. (A) Confocal image of WT cells and PRPF6+/c.2185C>T cells immunostained with cilia marker anti ARL13B (red) and anti monoglycylated tubulin (green) antibody showing loss of monoglycylated tubulin from the cilium of mutant cells. (B) Western blot image showing reduction in levels of total monoglycylated tubulin in PRPF6+/c.2185C>T cells compared to WT sister clones. (C) Confocal image of WT cells and PRPF31+/− cells immunostained with cilia marker anti ARL13B (red) and anti monoglycylated tubulin (green) antibody showing loss of cilia from PRPF31+/− cells, but retention of monoglycylated tubulin at the basal body. (D) Western blot image showing reduction in levels of total monoglycylated tubulin in PRPF31+/− cells compared to WT sister clones. (E) Dot plot showing percentage of cells with a single cilium in untreated PRPF31+/− cells, and in PRPF31+/− transfected with an empty vector, a positive control rescue vector (PRPF31) or a TTLL3 expression vector, showing statistically significant increase in percentage of cells with a single cilium in mutant cells transfected with either PRPF31 or TTLL3 construct.
4 DISCUSSION
It has been more than twenty years since mutations in pre-mRNA splicing factor genes were first identified as a cause of RP. Since then, considerable efforts have been made to understand why defects in proteins with constitutive functions in splicing in all cells only cause disease in the retina. In this study we used data from four complementary culture models; PRPF6 and PRPF31 mutant cell lines (Figures 1, 2), PRPF31 patient-derived retinal organoids and PRPF31 siRNA treated organotypic retinal cultures to corroborate a number of previous research findings, and provide new data to offer new insights into “splicing factor RP”. Consistent with previous studies, we show an enrichment of differentially spliced cilium and centrosomal genes in PRPF6 and PRPF31 mutant cells, organoids and organotypic cultures (Tables 1, 2; Supplementary Figure S1), and that these splicing differences are associated with weaker 5′ splice sites but for the first time we also show that these splicing changes are associated with weaker 3′ splice sites (Figure 3). No explanation for the specific mis-splicing of cilium and centrosomal genes in PRPF6 and PRPF31 mutant cells has ever been posited; our data provides a possible explanation, as it suggests that cilium and centrosomal genes are particularly enriched for weak splice sites, and are thus more prone to mis-splicing in cells carrying mutant pre-mRNA splicing factors. We hypothesise that this leads to cilium and centrosomal defects which are more pronounced in the retina due to the highly specialised structure and function of the retinal photoreceptor cilium. Our data is also consistent with previously published studies in identifying significant differential splicing of DNA damage response genes in PRPF6 and PRPF31 mutant cells and tissues (Figure 4, Tables 1, 2). Again, little explanation for this observation has been offered in the past. Our data suggests that, as is widely reported, differential splicing of DNA damage response genes is simply a marker of activation of the DNA damage response pathway in these cells, rather than symptomatic of a defect in the DNA damage response pathway. Our data suggests that the DNA damage response pathway is more highly activated in PRPF6 and PRPF31 mutant cells because of underlying microtubule and microtubule organising centre (centrosome) defects in these cells (Figure 4; Tables 1, 2). However, UV exposure is unlikely to play a role in RP disease progression in vivo, as little UV penetrates through the vitreous humor in the eye to reach the retina. In this study UV exposure is used as a research tool to investigate the effect of DNA damage on PRPF6 and PRPF31 mutant cells, but oxidative stress, from the high level of reactive oxygen species in the RPE cells, plays more of a role in retinal degeneration in vivo (Perdices et al., 2018; Murakami et al., 2020; Vingolo et al., 2022). It will be important to study the effects of reactive oxygen species on the rates of DNA damage response pathway in these model cell lines to further understand the likely disease mechanism of PRPF6 and PRPF31-associated RP.
We further add to the existing literature by investigating the expression of one gene which is particularly significantly differentially spliced gene in PRPF6 and PRPF31 mutant cells; TTLL3, a tubulin glycylase. TTLL3 contains a number of very weak splice sites, and undergoes complex splicing to produce a diverse array of transcripts, many of which were differentially expressed in PRPF6 and PRPF31 mutant cells. TTLL3 catalyses monoglycylation of the cilium microtubules and is required for ciliogenesis; alterations in the balance of tubulin glycylation and glutamylation in photoreceptors has been shown to lead to retinal degeneration; absence of glycylation results in increased levels of tubulin glutamylation in photoreceptor cilia which leads to cilium degeneration. Ttll3−/− mice develop retinal degeneration. Thus, the mis-splicing of TTLL3 is highly interesting in the context of RP associated with PRPF6 and PRPF31 mutations. TTLL3 RNA expression data in the human retina suggests that TTLL3 is the only tubulin glycylase expressed in the human retina, expressed by around 10%–25% of retinal cells from week 5 to week 24 of differentiation (Figure 5). We also note that this timing of TTLL3 RNA expression correlates with when we observe monoglycylated tubulins in RECOVERIN positive cells in human embryonic stem cell derived retinal organoids (day 120), further suggesting that this TTLL3 RNA is translated into protein and plays a role in tubulin monoglycylation in the retina (Figure 6). However, RNA expression does not always correlate with protein expression, and the absence of TTLL3 protein expression data, in the form of western blot or immunofluorescence, is a notable gap in our paper, in the Ttll3−/− mouse study (Bosch Grau et al., 2017) and in the literature in general. It will be important to follow up this paper with studies of TTLL3 protein expression, if specific antibodies are available. We observe a reduction in monoglycylation in PRPF6 and PRPF31 mutant cells accompanied by a general loss of cilia (Figures 7A–D), although PRPF6 mutant cells do retain some long cilia which exhibit glutamylation (Figure 2C), consistent with previously published literature showing an inverse relationship between glycylation and glutamylation levels in the Ttll3−/− mouse and pcd mouse (Bosch Grau et al., 2017). Our experiments with expression of exogenous TTLL3 from a plasmid expression construct further suggest a functional role for TTLL3 in ciliated retinal cells in vitro as this expression was able to rescue tubulin glycylation and ciliogenesis in PRPF mutant cells (Figure 7). This preliminary data demonstrating the rescue of tubulin glycylation and cilium number through exogenous TTLL3 expression suggests that changes in TTLL3 splicing and expression underlies the cilium defect in these cell models and may represent a potential target for therapeutic intervention in this group of disorders. It will be important to continue this work in human derived retinal organoids to investigate whether this is the disease mechanism in vivo and whether targeting of TTLL3 will be a useful therapeutic intervention for patients with this form of RP.
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Primary ciliary dyskinesia (PCD) is a rare genetic condition characterized by chronic respiratory tract infections and in some cases laterality defects and infertility. The symptoms of PCD are caused by malfunction of motile cilia, hair-like organelles protruding out of the cell that are responsible for removal of mucus from the airways and organizing internal organ positioning during embryonic development. PCD is caused by mutations in genes coding for structural or assembly proteins in motile cilia. Thus far mutations in over 50 genes have been identified and these variants explain around 70% of all known cases. Population specific genetics underlying PCD has been reported, thus highlighting the importance of characterizing gene variants in different populations for development of gene-based diagnostics. In this study, we identified a recurrent loss-of-function mutation c.198_200delinsCC in CFAP300 causing lack of the protein product. PCD patients homozygous for the identified CFAP300 mutation have immotile airway epithelial cilia associated with missing dynein arms in their ciliary axonemes. Furthermore, using super resolution microscopy we demonstrate that CFAP300 is transported along cilia in normal human airway epithelial cells suggesting a role for CFAP300 in dynein complex transport in addition to preassembly in the cytoplasm. Our results highlight the importance of CFAP300 in dynein arm assembly and improve diagnostics of PCD in Finland.
Keywords: motile cilia, primary ciliary dyskinesia, CFAP300, dynein arm preassembly, diagnostics
INTRODUCTION
Primary ciliary dyskinesia (PCD) is an inherited, genetically and clinically heterogenous disorder caused by mutations in genes encoding proteins crucial for cilia motility. Motile cilia line the respiratory tract and are required for efficient mucus removal from the airways. Children with PCD suffer from early onset chronic airway infections and congestion leading to a distinctive, chronic wet cough (Lucas et al., 2020; Shoemark and Harman, 2021). If untreated, the condition may progress towards bronchiectasis in later life. During embryonic development, motile cilia determine the left-right positioning of body organs and nearly half of PCD patients have laterality problems. The brain ventricles are also lined with motile ependymal cilia, which are required for the flow of cerebrospinal fluid. However, hydrocephalus caused by defective ependymal cilia is rare in PCD patients. Motile cilia of the airways have a 9 + 2 axonemal core structure with a central pair of microtubules surrounded by nine peripheral doublet microtubules, which have outer and inner dynein arms (ODA and IDA, respectively) attached along their length. These ODA and IDA are motors that power cilia motility and are preassembled in the cytoplasm then transported via intraflagellar transport (IFT) to the cilium (Horani et al., 2018). Mutations in many preassembly factors have been identified as a cause for PCD in addition to mutations in structural genes of cilia components. Dynein arm preassembly factors DNAAF1 (Duquesnoy et al., 2009; Loges et al., 2009), DNAAF2 (Omran et al., 2008), DNAAF3 (Mitchison et al., 2012), DNAAF4 (Tarkar et al., 2013), DNAAF5 (Horani et al., 2012; Diggle et al., 2014), DNAAF11 (Kott et al., 2012; Horani et al., 2013; Inaba et al., 2016) and DNAAF6 (Olcese et al., 2017; Paff et al., 2017) are strictly localized in the cytoplasm, but interestingly ZMYND10 (Moore et al., 2013; Zariwala et al., 2013), CFAP298 (Austin-Tse et al., 2013; Jaffe et al., 2016) and CFAP300 (Fassad et al., 2018) are also found in the ciliary compartment, suggesting a combined role in assembly and transport. The core structure of the sperm flagellum is very similar to that of motile cilia, although some differences exist. Furthermore, male specific motile cilia are present in the efferent duct of the male reproductive tract and female specific motile cilia in the oviduct. Therefore, PCD is also associated with infertility, especially in men (Sironen et al., 2019), However, genotype/phenotype correlation between PCD and fertility is poorly understood and requires further studies.
PCD is inherited as an autosomal-recessive or rarely as X-linked disease. Thus far mutations in over 50 genes have been identified to cause PCD, explaining approximately 70% of cases. Over 300 genes encode essential components of the motile ciliary machinery and a large number of patients are still without a genetic diagnosis (Lucas et al., 2020). The aim of this study was to identify disease causing variants in the Finnish PCD population, where until now only two variants in DNAH11 have been previously reported (Schultz et al., 2020). It is important to increase the understanding of genetic causes for PCD, which can be most effectively traced in a genetically isolated population such as the Finns. This study contributes to the understanding of genetic causes of PCD by identification of a causative loss of function (LoF) mutation in CFAP300 in Finnish PCD patients. Population specific mutations play an important role in PCD and thus it is important to investigate the genetic variability in different populations (Fassad et al., 2020; Mitchison and Smedley, 2022). We also show that additional to a role in the cytoplasmic preassembly of dynein arms, human CFAP300 is involved in protein transport to motile cilia, which was previously only suggested in model organisms.
METHODS
Subject
Blood samples were collected from thirteen PCD patients, recruited at the University Hospitals of Turku, Kuopio and Tampere after written informed consent was given. For variant segregation analysis saliva samples were collected from families (healthy parents and siblings when possible). Patients were interviewed and scored using the PICADAR questionnaire (Behan et al., 2016). The study was ethically approved by the University of Turku Ethics Committee (ETMK 69–2017), London Bloomsbury Research Ethics Committee approved by the Health Research Authority (08/H0713/82), and the referring hospitals.
Nasal nitric oxide analysis
For nasal nitric oxide (nNO) analysis a CLD 88sp analyser equipped with a Denox 88 module for flow control was used (Eco Physics, Dürnten, Switzerland). If cooperativity was established, three consecutive trials were taken, from which the highest value was recorded. Nasal nitric oxide analysis was repeated on two different occasions.
High-speed video microscopy analysis
Nasal epithelial cells were suspended in DMEM medium and evaluated under a differential-interference microscope (Zeiss, Oberkochen, Germany) at ×1,000 magnification and cilia beat was recorded with a digital high-speed video (DHSV) camera (Hamamatsu Orca Flash 4.0, Hamamatsu Japan) with a frame rate of 256 Hz. The detailed protocol for HSVM can be found in Schultz et al., 2022. DHSV video sequences were played back frame by frame and cilia beat frequency (CBF) was determined by calculating the mean of all recorded cilia beat cycles and the cilia beating pattern (CBP) was determined by two independent expert operators. HSVM was repeated on two different occasions.
Whole exome sequencing
The Nonacus Cell3 Exome panel was used for whole exome sequencing of patient samples (https://nonacus.com/cell3tm-target). Unmapped reads were aligned to the current Human reference genome (GRCh38 build) by Burrows-Wheeler Aligner tool (Bwa-mem2 version) (Li and Durbin, 2010), SAM files were produced and indexed and converted to BAM format previous to marking and removing duplicates using Picard (https://broadinstitute.github.io/picard/). Subsequent analysis was executed following best practices guidelines for GATK from the Broad Institute (https://gatk.broadinstitute.org/hc/en-us). Firstly, base quality score recalibration (BQSR) was done to numerically correct individual base calls. Variant discovery was carried out in a two-step pipeline: variant calling with HaplotypeCaller followed by joint genotyping with GenotypeGVCFs. Once obtained a multi-sample VCF file containing all definitive variant records, VariantRecalibrator was operated to fulfil Variant Quality Score Recalibration (VQSR) and refinement of the obtained variant callset.
Variants were individually selected for each sample. The called variants, including both single nucleotide variants (SNVs) and indels, were then annotated using ANNOVAR (http://www.openbioinformatics.org/annovar/). Such tool enables functional annotation, and thus obtaining final VCF files that contain detailed information for each variant site in the sample, such as their impact within a gene, predicted pathogenicity scores, minor allele frequency (MAF), zygosity status or reporting whether they have been recorded in large-scale databases like dbSNP.
Variant prioritization
Variants were filtered for MAF <1%, their predicted functional impact on the encoded protein (missense, splicing, frameshift or nonsense) and frequency (<0.001) in the Genome Aggregation Database (gnomAD, broadinstitute.org). A list of genes with high expression during motile cilia development (n = 652, reanalyzed gene list based on data in Marcet et al., 2011) was used to further filter variants in genes with potential roles in motile cilia. Finally, the pathogenicity of the identified variants was estimated with Combined Annotation Dependent Depletion tool (CADD, https://cadd.gs.washington.edu/snv) and a CADD score >20 was considered significant pathogenicity score. Due to the known inheritance pattern of PCD homozygous variants were prioritized, but output files were also analyzed for the presence of compound heterozygous variants.
Sanger sequencing
The identified NM_032930.3 CFAP300 variant was confirmed in the probands and segregation within family members by Sanger sequencing. Primers flanking the mutation were designed using the NCBI Primer-BLAST tool, forward GTA​TGT​CAG​TTG​TTA​CGA​AGG​CAA​T, reverse TGC​TCT​TAT​GTG​TTA​AGC​CAG​C. The genomic sequence was amplified using standard PCR conditions and predicted primer annealing temperature. The specificity of the PCR product was confirmed on agarose gel and purified using Exosap for Sanger sequencing.
Electron microscopy
Samples were fixed in 2.5% glutaraldehyde in cacodylate buffer and processed for electron microscopy. Defects were quantified using the method described by Shoemark et al. (2012). Briefly, cells were washed in sodium cacodylate buffer, post-fixed with 1% osmium tetroxide and centrifuged in agar or agarose to generate a pellet. Using a series of increasing concentrations of methanol followed by propylene oxide, cells were dehydrated before embedding in resin then 70–90 nm sections were cut using an ultramicrotome, mounted onto copper grids. Heavy metal staining was performed with uranyl acetate and lead citrate. Assessment of the respiratory epithelium and ciliary ultrastructure was made on a Jeol 1500 transmission electron microscope (TEM). Quantification of cells, microtubular arrangement in the axoneme and the presence of dynein arms was performed by a clinical electron microscopist blinded to the case information. Care was taken to assess cilia from a number of healthy cells from locations proximal and distal to the epithelial cell surface. Transverse sections of cilia were methodically quantified until either the entire section or >200 cilia had been counted.
Immunofluoresence
Nasal ciliated cells from nasal brushing of a PCD patient with CFAP300 mutations and a control sample were stained after blocking (10% BSA, in PBS) using DNAH5 (HPA037470, Cambridge Bioscience), DNAH7 (HPA037724, Atlas Antibodies), DNAI1 (HPA021649, Atlas Antibodies), RSPH4A (HPA031196, Sigma-Aldrich) and CFAP300 (c11orf70, HPA038585, Sigma-Aldrich) antibodies and colocalized with cilia marker alpha-tubulin (322588, Invitrogen). After washes with PBST the slides were incubated with secondary antibodies Alexa Fluor 488 anti-mouse and Alexa Fluor 594 anti-rabbit (1:500). Slides were imaged using Zeiss Axio Observer seven and deconvoluted using Huygens Deconvolution software (https://svi.nl/Huygens-Deconvolution). High resolution images were taken using a Zeiss LSM 880 upright confocal multiphoton microscope with AiryscanFast using ×63 objective and excitation lasers for 488 and 594. Images were processed using Zen software.
Statistical analysis
Unpaired t-test was used for statistical analysis between patient and control samples. p-value < 0.05 was considered statistically significant.
RESULTS
Clinical identification of PCD patients
Patients were diagnosed based on low nasal NO, altered ciliary beating pattern in HSVM and clinical patient data (Table 1). Cystic fibrosis was excluded for all patients using a sweat test. All patients showed classic PCD symptoms early in life including chronic wet cough and otitis media, but to date no bronchiectasis has been observed (Table 1). Pneumonia was detected in one patient later in life, who had a low Picadar score (4/12, patient III-1). The low Picadar score was probably due to lack of situs defects in this patient. Defective beating of airway cilia was observed by HSVM showing stiff or static cilia in all patients. Some residual unsyncronized movement was detected in patient III-1. This variation in ciliary beating might be due to variable levels of dynein arms, however no samples for electron microscopy or immunofluorescence were available from patient III-1 preventing more detailed examination.
TABLE 1 | PCD patient characteristics for patients with LoF mutations in CFAP300.
[image: Table 1]Whole exome sequencing identified patients carrying variants in CFAP300
We conducted whole exome sequencing of 13 Finnish PCD patients, which identified a homozygous LoF mutation in exon 3 of the CFAP300 gene. The variant was present in homozygous state in three unrelated Finnish patients with typical symptoms of PCD including chronic respiratory infections and static/stiff cilia in HSVM and two of the patients had situs inversus (Table 1). No other candidate homozygous or compound heterozygous variants were detected in these patients. The presence of the mutations was confirmed by Sanger sequencing and it also segregated consistently in two of the families where familial samples were available (Figure 1, samples unavailable for the third family). Sanger sequencing confirmed a 3bp deletion and insertion of CC at chr11:102058886-102058888, causing a frameshift c.198_200delinsCC predicted to cause a premature stop codon at position 76 in the protein sequence, p. Phe67fs (Figure 2A). The variant is not present in gnomAD and it seems to be specific to PCD patients as it has previously been reported in German, Israeli and Slavic populations (Höben et al., 2018; Zietkiewicz et al., 2019), providing strong evidence that the variant is disease causing based on American College of Medical Genetics and Genomics (ACMG) guidelines (Richards et al., 2015). Protein alignment showed the premature stop codon position after 75 aa (Figure 2B). The effect of the frameshift on protein structure was predicted by Phyre2 (PHYRE2 Protein Fold Recognition Server (ic.ac.uk)), which showed lack of helical structures in the patient protein prediction (Figure 2C). Based on the in silico analysis, it can be predicted that the identified frameshift mutation in CFAP300 is disease causing.
[image: Figure 1]FIGURE 1 | Segregation of CFAP300 mutations. Patients I-1 and II-1 were homozygous for the mutation while parents were heterozygous. (A). Patient I-1 family with carrier parents and one carrier brother and two unaffected siblings. The mutation site is indicated in carrier and unaffected siblings and in patient I-1. (B). Patient II-1 family with carrier parents and brother. (C). Sanger sequencing result for patient III-1.
[image: Figure 2]FIGURE 2 | The effect of the CFAP300 variant on protein function. (A). The CFAP300 variant (C).198_200delinsCC results in premature stop codon at 76 aa and protein product. (B). Clustal Omega alignment of the control and PCD patient CFAP300 protein sequence. (C). Structural changes in the CFAP300 protein folding based on Phyre2. (D). Cytoplasmic localization of the CFAP300 protein product appears missing in the PCD patient (patient II-1). αTubulin was used as a marker for cilia and Dapi as a nuclear stain. Scale bar is 10 µm.
CFAP300 is missing in the PCD patient with a frameshift mutation resulting in a lack of dynein arms
To confirm the functional effect of the identified frameshift variant in CFAP300, we investigated the localization of the protein product in control and patient ciliated airway epithelial cells. In control ciliated airway epithelial cells CFAP300 localized in the cytoplasm, which is consistent with its predicted function as a dynein arm preassembly factor (Figure 2D). CFAP300 staining was not detected or extremely weak in cells from patients homozygous for the c.198_200delinsCC variant compared to the control, consistent with likely nonsense mediated decay of the defective mRNA transcripts (Figure 2D). The peptide sequence for CFAP300 antibody corresponds to 113-188 aa in the CFAP300 protein sequence (ENSP00000414390), which is expected to be affected by the predicted premature stop codon at position 75 aa. The weak staining detected in patient cells could potentially originate from a short protein isoform of CFAP300 containing 109-262 aa (ENST00000529204). TEM analysis showed a high number of ciliated cells and normal arrangement of microtubules in the PCD patient with CFAP300 LoF mutations. However, the orientations of the basal feet were disorganized (Figure 3A). For a synchronized beating pattern the basal feet at the motile cilia base all have to be organized to the same directions in all cilia (Nguyen et al., 2020). This defect may be secondary, due to the lack of cilia motility in the patient and additional studies are needed to confirm the order of events of basal foot orientation in the presence of the CFAP300 frameshift variant. The main structural change in cilia cross sections was the lack of dynein arms (Figure 3B). The cross-sectional morphology of cilia appeared abnormal with a partial to total absence of ODA and IDA. Both dynein arms were occasionally present as complete structures or truncated ‘horns’ in the case of ODA. Ciliary cross sections with majority of arms absent were counted as both arms absent. In the patient with CFAP300 mutation no cross sections with normal dynein arms were detected, which was statistically significant compared to control (>97% cross sections with normal dynein arms). No significant microtubular disorganization was detected in TEM. The lack of dynein arms was confirmed by immunofluorescence using antibodies against IDA protein DNAH7 and ODA proteins DNAI1 and DNAH5. These proteins appeared completely missing in patient cilia with strong staining retained in the cytoplasm (Figure 3C). In the control sample, DNAH7, DNAH5 and DNAI1 were specifically localized along the cilia. Furthermore, radial spoke protein RSPH4A was present in the patient cilia, although staining was also detected in the cytoplasm (Figure 3C). This may be due to inhibited transport of proteins to the cilium in patients with the CFAP300 mutation, but the mutational mechanism requires additional studies.
[image: Figure 3]FIGURE 3 | Localization of axonemal proteins in airway cilia of a control and PCD patient (patient II-1) with CFAP300 mutations. (A). High number of cilia cross sections were present in the nasal brushing sample of a PCD patient with CFAP300 c.198_200delinsCC mutations, but the orientation of the basal foot (red arrows) was disorganized compared to control. (B). The main finding in TEM of cilia cross sections in a patient with the CFAP300 variant was lack of dynein arms (black arrows). (C). ODA (DNAH5 and DNAI1) and IDA (DNAH7) proteins were missing from cilia in the patient airway epithelial cilia, while strong staining is present in the control sample. Radial spoke protein RSPH4A is present in the patient cilia. αTubulin was used as a marker for cilia and Dapi as a nuclear stain. Scale bar is 10 µm.
CFAP300 is transported to cilia in airway epithelial cells
Using Airyscan super resolution imaging we characterized the strong cytoplasmic staining of CFAP300 across the cytoplasm, which was present as granular spots in control ciliated airway epithelial cells. Previously, it has been shown in model species (Paramecium and Chlamydomonas) that a small amount of CFAP300 is also transported to the cilium (Fassad et al., 2018). To investigate the potential localization of CFAP300 in human cilia in addition to its strong staining in the cytoplasm (Figure 2D), we focused on imaging of CFAP300 along the cilium. We found that CFAP300 was present along the ciliary axoneme indicating that it is also transported to the cilium (Figure 4). Both cytoplasmic and cilia CFAP300 staining was depleted in the PCD patient sample with LoF mutations in CFAP300 (Figure 2D).
[image: Figure 4]FIGURE 4 | CFAP300 is transported along the motile airway epithelial cilium. (A). In normal airway epithelial cells most of the CFAP300 protein is localized in the cytoplasm, but some of the protein appears to be transported into the cilium. (B). No CFAP300 staining was detected in the patient airway epithelial cells.
DISCUSSION
In this study we have identified a mutation in CFAP300 causative for PCD in Finland and analysed the effect of the mutation on motile cilia formation and function. The main defect in axonemal cross-sections was the lack of dynein arms as described in previous studies (Fassad et al., 2018; Höben et al., 2018; Zietkiewicz et al., 2019; Aprea et al., 2021; Bolkier et al., 2021; Yiallouros et al., 2021). Furthermore, we detected misorientation of the basal feet of the airway cilia, which we believe is most likely to be a secondary defect due to the lack of cilia motility and is also seen in PCD cases due to mutations in other genes. Previously it has been shown that cilia motility is required for correct polarization of basal bodies (Mitchell et al., 2007). However, it cannot be ruled out that CFAP300 has a more direct role in basal body polarization, as has been suggested for another dynein arm preassembly factor CFAP298 (Jaffe et al., 2016). We have demonstrated the main localization of CFAP300 to be in the cytoplasm of normal ciliated airway epithelial cells, but we find in addition the presence of small amount of CFAP300 along the ciliary length (Figure 4) suggesting that CFAP300 has a potential role in transport of dynein complexes into the cilium. These results are consistent with previous studies in model organisms Paramecium and Chlamydomonas, where CFAP300 orthologs have been shown to be mainly present in the cytoplasm with small amount along the cilia (Fassad et al., 2018). Gene silencing experiments indicated that localization of CFAP300 along the axoneme is IFT dependent (Fassad et al., 2018). These studies suggest that CFAP300 is involved in chaperone-mediated preassembly of dynein arms and transporting these complexes to motile cilia, which is supported by our results in human cells.
Previously children with CFAP300 mutations have been shown to share a consistent PCD phenotype from early life with laterality defects and immotile respiratory cilia displaying combined loss of IDA and ODA (Fassad et al., 2018). Finnish PCD patients with CFAP300 LoF mutations showed a similar phenotype with laterality defects in two of the patients and consistent chronic wet cough. The respiratory distress was already evident in the neonatal care unit and HSVM showed static or stiff cilia with loss of dynein arms as described previously. The variant identified in this study has also been previously reported in one German and Israeli case (Höben et al., 2018) and 14 PCD patients in the Slavic population (Zietkiewicz et al., 2019), which along with this study indicates that it is a reasonably common cause of CFAP300 PCD that could arise from an ancient European founder mutation. ODA loss was reported in 67–95% and IDA loss in 75–95% of axonemal cross sections in patients with homozygous missense mutations at c.776A>G (p.His259Arg) and compound heterozygous stop gain mutations at c.154C>T and c.361C>T (p.Gln52*, p. Arg121*), respectively (Fassad et al., 2018). DNAH5 and DNALI1 staining was missing in patient cilia, but RSPH4A and GAS8 staining was comparable to controls (Fassad et al., 2018). In a patient with a homozygous stop gain mutation c.361C>T (p.Arg121*) in CFAP300, DNAI1, DNAI2 and DNALI1 were reported to be missing in cilia and TEM reported only ODA defect (Aprea et al., 2021). In frame deletion c.98_106del (p.Arg33_Arg35del) in six patients of Greek-Cypriot population was associated with IDA and ODA loss in most cilia cross-sections based on TEM and there was an extremely stiff CBP (Yiallouros et al., 2021). The c.198_200delinsCC frameshift variant identified in this study caused lack or truncation of IDA or ODA in all axonemal cross sections based on TEM of patient II-1 and lack of DNAH5, DNAI1 and DNAH7 suggesting a severe defect in dynein arm assembly. Patient III-1 showed stiff cilia movement with a beat frequency of 12 Hz. Although we were unable to confirm the axonemal defects in this patient, the residual movement could be due to different levels of dynein arm formation as has been shown in previous studies (Fassad et al., 2018; Aprea et al., 2021; Yiallouros et al., 2021). Variable cilia beat frequency has also been reported for variant c.98_106del (0–9.1 Hz, Yiallouros et al., 2021). All the CFAP300 mutations reported to date are listed in Table 2.
TABLE 2 | CFAP300 mutations identified in PCD patients.
[image: Table 2]In the Finnish population two novel mutations in DNAH11 have been previously reported, suggesting a distinct genetic pool for PCD in Finland. The CFAP300 mutation reported here in contrast appears to be common with Slavic, German and Israeli populations, suggesting a common genetic origin. It is important to establish the genetic causes of PCD in different populations including Finland to improve the genetic diagnosis of PCD. This can lead to development of a population specific gene panel for the diagnostic pipeline and the opportunity for targeted specific personalised medicines in future.
Our results and previously reported studies in model organisms and PCD patients underline the crucial role of CFAP300 in dynein arm preassembly and transport to motile cilia. The exact role of CFAP300 requires additional studies in mammalian species to establish the molecular mechanisms behind the preassembly and transport of dynein arm complexes. Interestingly, CFAP300 seems to be involved in transporting the complexes along the cilia possibly acting as a linker between the IFT machinery and dynein motor complexes.
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A pathogenic variant of TULP3 causes renal and hepatic fibrocystic disease
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Patient variants in Tubby Like Protein-3 (TULP3) have recently been associated with progressive fibrocystic disease in tissues and organs. TULP3 is a ciliary trafficking protein that links membrane-associated proteins to the intraflagellar transport complex A. In mice, mutations in Tulp3 drive phenotypes consistent with ciliary dysfunction which include renal cystic disease, as part of a ciliopathic spectrum. Here we report two sisters from consanguineous parents with fibrocystic renal and hepatic disease harboring a homozygous missense mutation in TULP3 (NM_003324.5: c.1144C>T, p.Arg382Trp). The R382W patient mutation resides within the C-terminal Tubby domain, a conserved domain required for TULP3 to associate with phosphoinositides. We show that inner medullary collecting duct-3 cells expressing the TULP3 R382W patient variant have a severely reduced ability to localize the membrane-associated proteins ARL13b, INPP5E, and GPR161 to the cilium, consistent with a loss of TULP3 function. These studies establish Arginine 382 as a critical residue in the Tubby domain, which is essential for TULP3-mediated protein trafficking within the cilium, and expand the phenotypic spectrum known to result from recessive deleterious mutations in TULP3.
Keywords: cilia, tubby domain, cyst, fibrosis, PKD, liver, ciliopathy, kidney
INTRODUCTION
Primary cilia are small signaling organelles that project from the surface of nearly all cells of the human body. Mutations in genes that affect cilia are at the origin of a group of human genetic diseases referred to as “ciliopathies.” Disease phenotypes caused by mutations in cilia-related genes are characterized by an overlapping spectrum of multisystem disorders which include renal cystic disease, skeletal malformations, neural developmental defects and retinal degeneration, among others (Goetz and Anderson, 2010; Reiter and Leroux, 2017). Many genes are involved with building a functional cilium and the severity and nature of the disease resulting from their mutations depend on the individual gene affected and the nature of the mutation.
Recently, variants in the Tubby like protein-3 (TULP3) have been associated with multisystem fibrotic disease in patients (Devane et al., 2022). TULP3 (Tubby like protein-3; MIM: 604730) encodes a member of the Tubby domain family of proteins (Mukhopadhyay and Jackson, 2011) which contain a signature carboxy-terminal Tubby domain that functions to bind selectively to membrane phosphoinositides (Santagata et al., 2001; Mukhopadhyay et al., 2010). In addition, the TULP3 amino terminus contains a short, conserved domain that strongly binds proteins of the Intraflagellar transport complex A (IFT-A) (Mukhopadhyay et al., 2010), an essential protein complex required for the trafficking proteins in and out of the cilium (Liem et al., 2012). In the mouse, deletion or strong loss of function alleles of Tulp3 are associated with embryonic lethality, neural tube defects, and limb patterning defects (Ikeda et al., 2002; Cameron et al., 2009; Norman et al., 2009; Patterson et al., 2009). Unlike most ciliary mutations, Tulp3 mutations do not cause major structural defects in cilia (Norman et al., 2009; Hwang et al., 2019; Legue and Liem, 2019; Legue and Liem, 2020). Tulp3 phenotypes have been shown to cause a gain of function in the Sonic Hedgehog (Shh) pathway in mutant mice, which has been shown to be Gli dependent (Norman et al., 2009; Legue and Liem, 2020). Changes in Shh signaling pathways affect multiple developmental pathways and underlie a subset of the phenotypes of the ciliopathic spectrum.
Here we present two sibling patients from a consanguineous Iranian family presenting with fibrocystic renal and hepatic disease and harboring a homozygous R382W TULP3 mutation. We have modeled the effect of the mutation on TULP3 function in vitro and show that the amino acid substitution acts to disrupt protein trafficking to the primary cilium. Our results show that the mutation causes a loss of function consistent with a disruption of the conserved Tubby domain. These results identify R382 as a critical residue for TULP3 function and expand our knowledge of recessive fibrosis-associated disease mutations in patients.
MATERIALS AND METHODS
Patient identification
The proband (VI-4) is a 12-year-old female with a suspected inherited hepatic renal syndrome. The proband is from an Iranian family with four affected children born to first-degree consanguineous parents (Figure 1A). Following clinical and genetic investigation, the family consented to written informed approval for participation in this study and publication of the results.
[image: Figure 1]FIGURE 1 | Pedigrees and imaging studies of TULP3 patients. (A). Pedigree of the family. The pedigree of the family illustrates the recessive inheritance of the pathogenic variant in the family. Double lines in pedigrees indicate consanguinity. Filled and unfilled circles/squares represent affected and unaffected individuals respectively, while circle/squares with diagonal lines indicate deceased individuals. Proband is VI-4 (arrow). (B) Electropherogram of the family. The homozygous variant in the proband (individual VI-4) and her sister (individual VI-3). The heterozygous variant in their parents (individual V-3 and V-4). Missense variant c.1144C>T results in alteration of Arginine to Tryptophan in position 382 of the TULP3 protein. (C) Abdominopelvic Sonography of patient VI-4. Kidney ultrasonography of the patient shows enlarged kidneys and several small cysts. (D) Abdominopelvic Sonography of patient VI-3. There is a simple cortical cyst measuring 45 × 59 mm in the mid pole of the left kidney. (E) Kidney core needle biopsy of patient VI-4. Histology shows diffuse global glomerulosclerosis, tubular atrophy and moderate interstitial infiltration of mononuclear inflammatory cells (H&E stain, magnification ×40). (F) Kidney core needle biopsy of patient VI-4. PAS stain, magnification ×100. (G) Kidney core needle biopsy of patient VI-4. Jones silver stain, magnification ×100. (H) Section from liver needle biopsy of patient VI-4. Masson-Trichrome stain shows bridging fibrosis and nodule formation and distorted lobular and vascular architecture with micronodule formation. Individual hepatocytes show ballooning degeneration. (I) Section from liver needle biopsy of patient VI-3. Masson-Trichrome stain shows distorted lobular and vascular architecture with micronodule formation. Individual hepatocytes show ballooning degeneration. Marked bridging fibrosis is present with occasional nodules portal spaces.
Genetic studies
DNA from peripheral blood samples were collected from the subjects for Whole Exome Sequencing (WES) and Sanger Sequencing using QIAamp DNA Blood Mini Kit (Qiagen). WES identified a homozygous variant (NM_003324.5:c.1144C>T, p.Arg382Trp) of TULP3 in the proband. The missense variant (NM_003324.5:c.1144C>T, p. Arg382Trp) detected by WES in TULP3 is classified as “ Likely Pathogenic” based on the PM2, PP3, and PS3 criteria of the ACMG/AMP guidelines (Richards et al., 2015). It has a minor allele frequency of 1.6 × 10-5 in gnomAD (Karczewski et al., 2020). The variant was classified as a “disease-causing,” “pathogenic,” or “damaging” based on pathogenicity prediction tools including MetaLR, MetaSVM, MetaRNN, REVEL, BayesDel addAF, BayesDel noAF, CADD, DEOGEN2, EIGEN, FATHMM, LIST-S2, LRT, M-CAP, MutPred, MVP, Mutation Assessor, MutationTaster, PROVEAN, Polyphen, PrimateAI and SIFT.
PCR amplification and Sanger Sequencing
The primers were designed using Oligo Primer Designer (Rychlik, 2007). Forward primer (5′- CTT​CTG​GTT​TAC​CCT​TTC​TG), reverse primer (5′- ATG​ATT​ATC​TGC​TGA​CTG​TC). The presence of the variant in the tenth exon of the TULP3 gene was confirmed by Sanger sequencing.
Protein structure
Using AlphaFold Protein Structure Database, the predicted three-dimensional structure of TULP3 protein based on amino acid sequence and the position of the pathogenic variant in this study was modeled. Domains of Tubby-Like Protein 3 in the two-dimensional structure were collected from InterPro. The two-dimensional and three-dimensional structures of TULP3 protein illustrate the position of the variant identified in this study.
Expression constructs
pENTR221-INPP5E construct was from Life technologies (IOH40212). Retroviral constructs of HA-INPP5E were generated by cloning into pQXIN-HA vector. pG-LAP1 (pCDNA5/FRT/TO-EGFP-TEV-Stag-X) was from Addgene (Torres et al., 2009). N-terminal LAP-tagged retroviral constructs of full length and mutant TULP3 were generated by Gateway cloning into a gateway LAP1 version of pBABE. Retroviral constructs of HA-INPP5E were generated by cloning into pQXIN vector. TULP3 R382W was generated by Q5 site-directed mutagenesis (New England Biolabs).
Cell culture and generation of Tulp3 knock out and stable cell lines
CRISPR/Cas9 knockout lines for Tulp3 were generated in IMCD3 Flp-In (Invitrogen) cells by cloning targeting sequences in exon 3 of mouse Tulp3 (ACG​TCG​CTG​CGA​GGC​ATC​TG and TGG​CTT​TAA​CCT​TCG​CAG​CC) into pLentiCRISPR backbone. Single clones were isolated using serial dilution method. Clonal lines were tested for knockout by Sanger sequencing and immunoblotting for Tulp3 (Palicharla et al., 2021). Stable lines expressing N-terminal LAP-tagged full length or mutant TULP3 and HA-INPP5E were generated by retroviral infection and antibiotic selection. IMCD3 cells were cultured in DMEM high glucose (Sigma-Aldrich; supplemented with 10% cosmic serum, 0.05 mg/ml penicillin, 0.05 mg/ml streptomycin, and 4.5 mM glutamine).
Immunofluorescence of cultured cells and microscopy
Cells were cultured on coverslips until confluent and starved for indicated periods. Cells were fixed with 4% PFA. After blocking with 5% normal donkey serum, application of primary antibody was for 1 h, and secondary antibodies for 30 min with Hoechst 33,342 (Invitrogen). Primary antibodies used were Acetylated tubulin (T6793); ARL13B (Caspary et al., 2007), HA-tag (3F10, Roche), and GPR161 (Pal et al., 2016). Secondary antibodies were from the Jackson Immuno. Coverslips were mounted using Fluoromount G (SouthernBiotech). Images were acquired on a microscope (AxioImager.Z1; ZEISS), sCMOS camera (PCO Edge; BioVision Technologies), and Plan Apochromat objectives (×40/1.3 NA oil; and 63×/1.4 NA oil) controlled using Micro-Manager software (UCSF). Between 8 and 20 z sections at 0.5–0.8-µm intervals were acquired. For quantitative analysis of ciliary localization, stacks of images were acquired from three to eight consecutive fields and percentages of protein-positive ciliated cells were counted. Maximal projections from stacks were exported from ImageJ/Fiji (NIH) using a custom-written macro (M. Mettlen, UT Southwestern) using similar parameters for image files from the same experiment. For measuring ciliary pixel intensities, image stacks were acquired with z sections at 0.8-µm intervals. An image interval with maximal intensity was chosen, and cilia were demarcated with a region of interest using the fluorescence signal for acetylated α-tubulin. The mean pixel intensities for the corresponding protein were exported from ImageJ/Fiji.
Statistical analyses
Statistical analyses were performed using ANOVA and Tukey’s post hoc multiple comparisons between all possible pairs using GraphPad Prism.
RESULTS
The proband in this study is a twelve-year old female, the fourth child from a healthy consanguineous Iranian couple (Figures 1A,B, individual VI-4, arrow). The couple reported that their first two children died at the age of 2 years (VI-1) and at 3 months (VI-2) and they were told that the cause of death was kidney failure, but they knew no further information, and no specimen was available for subsequent genetic investigation. She (VI-4) was born following full-term pregnancy, however given her sibling history, she had an abdominal ultrasound within days after her birth. This revealed enlarged kidneys with many small cysts. Subsequent ultrasounds over the first 4 years of her life showed more prominent size of cystic kidneys and increased corticomedullary echogenicity, with reference to grade 1 hydronephrosis in some studies (Figure 1C). Polyuria was reported. Serum Creatinine was 1.8 mg/dl by age 4. A kidney core needle biopsy at age 5 showed diffuse global glomerulosclerosis and tubular atrophy with tubular dilations (Figures 1E–G). The patient underwent a kidney transplantation at age 5, which continues to function well.
Ultrasonography initially described a normal appearing liver, however concern was raised about the liver at age 4 based on elevated SGOT and SGPT, low ferritin, and abnormal coagulation parameters. Subsequent liver ultrasounds from age 5 to age 11 showed initially a mildly enlarged liver with heterogeneous echogenicity, but subsequently smaller in size with lobulated border suggestive of cirrhosis, and with persistent splenomegaly (19.9 cm). A needle biopsy of the liver showed distorted lobular and vascular architecture with micronodule formation with individual hepatocytes showing ballooning degeneration. Masson-Trichrome showed bridging fibrosis and nodule formation (Figure 1H).
The proband’s older sister was also evaluated for fibrocystic kidney and liver disease (Figure 1A, individual VI-3). Ultrasonography revealed a simple kidney cyst that has grown to 4.5 cm × 5.9 cm (Figure 1D). She has urine volumes in the range of 2 L per day. Her liver function and appearance have been abnormal similar to that of the proband. At age ten years, a liver needle biopsy revealed distorted lobular and vascular architecture with micronodule formation with individual hepatocytes showing ballooning degeneration (Figure 1I).
Whole exome sequencing of the proband’s genomic DNA was performed and a novel homozygous variant in TULP3 was identified and verified by Sanger sequencing. The identified homozygous missense mutation (NM_003324.5: c.1144C>T, p. Arg382Trp) in TULP3 was present as a heterozygous variant in both unaffected parents (Figures 1A,B). Both the proband and her affected sibling harbored this homozygous mutation while their unaffected sibling did not carry the mutation. Two additional deceased siblings who had hepatorenal disease were not analyzed in this study (Figure 1A). See Supplementary Material S1 for a homozygosity plot of the proband and Supplementary Material S2 for additional variant information.
Variants in TULP3 have recently been identified in patients with variable and progressive organ fibrosis (Devane et al., 2022). The TULP3 locus contains 11 exons and encodes a 442 amino acid protein with a N-terminal IFT-A binding domain and a C-terminal Tubby domain (Figure 2A). The mutation affects a highly conserved residue within the Tubby domain substituting the invariant basic arginine to a polar neutral tryptophan, resulting in a change of charge (Figure 2B). This mutation was predicted damaging as assessed by multiple bioinformatics programs. The R382W mutation lies within the Tubby domain which has been shown to be required for the binding of TULP3 to phosphoinositides as well as for the proper trafficking of a subset of membrane-associated proteins into the primary cilium (Santagata et al., 2001; Mukhopadhyay et al., 2010; Badgandi et al., 2017).
[image: Figure 2]FIGURE 2 | The schematic depiction of TULP3 mutation. (A) Schematic depiction of the human TULP3 locus with 11 exons (top) and Tubby-like protein 3 (bottom). The red dash line represents the variant in the present study. (B) Three-dimensional structure of TULP3 protein and illustration of the conservation scores. The position of the pathogenic variant in this study (pink) are shown on the Protein Structure and illustration of the conservation scores (consurf). * represents the site of lysine to isoleucine missense mutation in the mouse Tulp3 associated with cystic kidneys (Legue and Liem, 2019).
In mice, Tulp3 mutations disrupt ciliary trafficking leading to abnormal ciliary protein composition, defects in cellular signaling and renal cystic disease (Hwang et al., 2019; Legue and Liem, 2019). To determine how the patient variant R382W affected TULP3 protein function, we analyzed its effect on ciliary trafficking in vitro. We generated Tulp3 knock out (ko) inner medullary collecting duct-3 (IMCD3) cells using CRISPR/Cas9 gene editing methods. We transfected Tulp3 ko IMCD3 cells with constructs encoding either GFP-tagged TULP3 WT or TULP3 R382W mutant proteins. TULP3 has been shown to facilitate the transport of specific membrane associated proteins into the cilia and IMCD3 cells are routinely used to analyze ciliary trafficking phenotypes. Arl13b, Gpr161, or Inpp5e proteins have all been previously shown to localize to the cilium in a TULP3-dependent manner (Badgandi et al., 2017; Hwang et al., 2019; Legue and Liem, 2019). We first tested the ability of R382W TULP3 to facilitate the ciliary transport of Arl13b, a small G-protein associated with Joubert’s Syndrome that requires Tulp3 for transport into the cilium in kidney cells (Hwang et al., 2019; Legue and Liem, 2019). As expected, Arl13b did not localize to the cilium in Tulp3 ko IMCD3 cells (Figure 3A). However, transfection of Tulp3 ko IMCD3 cells with a WT TULP3 construct rescued ciliary transport, as endogenous Arl13b was robustly detected in cilia by immunofluorescence staining (Figure 3A). In contrast, transfection of Tulp3 ko IMCD3 cells with a R382W TULP3 construct failed to rescue ciliary transport of Arl13b, which was not detected in cilia (Figures 3A,D). This result indicated that the mutant R382W form of TULP3 lacked the ability to facilitate the transport of Arl13b to the cilium.
[image: Figure 3]FIGURE 3 | Analysis of the TULP3 R382W variant in ciliary trafficking. (A)-C. Tulp3 ko IMCD3 parental line or lines stably expressing HA-INPP5E and LAP-tagged wild type TULP3 or R382W mutant were grown to confluence, serum starved for 36 h before fixation and immune-stained for Arl13B (A), HA (B) or Gpr161 (C) and GFP, acetylated tubulin (AcTub) and counterstained for DNA. Arrows and arrowheads indicate cilia positive or negative for the indicated proteins, respectively. Scale = 5 μm. (D). Cilia in GFP(TULP3) expressing cells counted from at least 2 experiments, n > 200/condition. Data represents mean ± SD. ****p < 0.0001, two-way ANOVA followed by Tukey multiple comparison test. (E). Cilia lengths (n = 30 cilia/condition). ****p < 0.0001; ns, not significant by using one-way ANOVA followed by Tukey multiple comparison test.
We next tested the ability of R382W TULP3 to facilitate the transport of Inpp5e into the cilium using Tulp3 ko IMCD3 cells expressing HA-INPP5E. INPP5E is a ciliary phosphoinositide phosphatase that localizes to cilia where it regulates PI(4)P levels (Kisseleva et al., 2000; Chavez et al., 2015; Garcia-Gonzalo et al., 2015; Jacoby et al., 2009; Bielas et al., 2009) and INPP5E localization into cilia has been shown to be dependent on TULP3 function (Badgandi et al., 2017). Tulp3 ko IMCD3 cells did not transport HA-tagged INPP5E into the cilium (Figure 3B). However, Tulp3 ko IMCD3 cells expressing the WT TULP3-GFP rescued transport of HA-tagged INPP5E into cilia as detected by immunofluorescence staining with an antibody to HA (Figure 3B). In contrast, Tulp3 ko IMCD3 cells expressing R382W mutant TULP3 failed to restore ciliary transport of HA-INPP5E as ciliary levels of HA-INPP5E were significantly reduced compared to WT TULP3 (Figures 3B,D), indicating the mutant form had diminished function.
In addition, we tested the ability of R382W TULP3 to transport the receptor Gpr161 into the cilium. Tulp3 has been previously shown to be required for the transport of numerous G-protein coupled receptors into the cilium, including Gpr161 (Mukhopadhyay et al., 2010; Mukhopadhyay et al., 2013). Tulp3 ko IMCD3 cells did not transport Gpr161 into the cilium (Figure 3C), however cells expressing WT TULP3 rescued ciliary transport with endogenous Gpr161 localized to cilia as detected by immunofluorescence (Figure 3C). In contrast, Tulp3 ko IMCD3 cells expressing R382W TULP3 had diminished levels of Gpr161 into the cilium, as cilia contained significantly less Gpr161 (Figures 3C,D). These results again indicated that R382W is a loss of functional allele with a compromised ability to facilitate the transport of membrane-associated proteins into the cilium (Figure 3D).
Finally, we tested the effect of expressing the patient variant R382W form of TULP3 on cilia formation. Cilia in Tulp3 ko IMCD3 cilia expressing either WT TULP3 or R382W TULP3 were examined by immunofluorescence staining using an anti-acetylated alpha tubulin antibody, which labels the ciliary axonemes. Tulp3 ko IMCD3 cells expressing the R382W variant form of TULP3 did not affect ciliogenesis but showed a mild reduction in cilia length compared with the same cells expressing WT TULP3, similar to the cilia length reduction in the un-transfected Tulp3 ko IMCD3 cells (Figure 3E). Taken together, these results indicated that the R382W TULP3 variant identified in patients with fibrocystic renal and hepatic disease caused a loss of function of TULP3 by disrupting protein transport to the primary cilium.
DISCUSSION
Hepatorenal fibrocystic diseases are inherited disorders that involve developmental and degenerative abnormalities of the liver and kidneys (Gunay-Aygun, 2009). Many of the identified genes that are associated with renal or hepatic cystic and fibrotic diseases encode proteins that are localized to the primary cilium, strongly implicating these signaling organelles in regulating fibrocystic and cystic pathways (Tobin and Beales, 2009; Hildebrandt et al., 2011; Walker et al., 2022). Here we present two sisters with inherited fibrocystic kidney and liver disease attributable to a rare homozygous mutation in the ciliary protein TULP3. The spectrum of phenotypes is consistent with that reported by (Devane et al., 2022), however, our proband had earlier kidney failure than any previously reported case. It is also possible that her deceased siblings had the same genotype and kidney failure even sooner, however insufficient data is available to draw conclusions. Variants in TULP3 have a variable disease presentation (Devane et al., 2022) and R382W appears to cause relatively severe disease within this spectrum based on the early disease phenotype observed in the proband, although clear phenotypic variability exists among the siblings. Hypertrophic cardiomyopathy in the 6th and 7th decade of life has also been associated with TULP3 patient variants (Devane et al., 2022). However, the younger patients presented here have an unremarkable clinical cardiac exam and have yet to undergo echocardiography. The recessive inheritance of TULP3 mutations is also consistent with our genetic studies in the mouse where the conditional knockout of both copies of Tulp3 in renal epithelial cells drive kidney cysts, while deletion of a single copy of Tulp3 failed to show phenotypes (Hwang et al., 2019; Legue and Liem, 2019). The results did not support the association of a heterozygous R382W variant in TULP3 with anencephaly (Kuang et al., 2022). Taken together, these findings strongly support the idea the R382W disrupts a key region required for Tubby domain function.
The R382W mutation resides in the Tubby domain of TULP3, a protein motif that binds to phosphoinositides. The Tubby domain has been shown to be required for Tulp3 function to facilitate the trafficking of proteins to the ciliary membrane (Badgandi et al., 2017). The human Tubby domain proteins include TUB, TULP1, TULP2, and TULP3, and are characterized by a conserved C-terminal Tubby domain structurally characterized by a ß-barrel surrounding a central alpha helix (Boggon et al., 1999). The Arginine at position 382 is highly conserved in the family of Tubby domain-containing proteins and is present in human as well as S. cerevisiae and Arabidopsis (Boggon et al., 1999). The expression of R382W mutant form of TULP3 was unable to rescue ciliary trafficking of Arl13b, INPP5E and Gpr161 in Tulp3 knockout IMCD3 cells, indicating that the mutation disrupts TULP3 function. This phenotype is reminiscent of earlier studies showing that mutations or deletions of the Tubby domain strongly affected the trafficking of proteins into the cilium (Mukhopadhyay et al., 2010). The R382W amino acid substitution disrupts a similar region of the Tubby domain as the N-ethyl-N-nitrosourea (ENU)-induced missense mutation K407I in the mouse Tulp3 (position 389 in the human protein, Figure 2) (Legue and Liem, 2019). This recessive hypomorphic allele was identified in a forward genetic screen in the mouse that caused rapid cystic renal disease (Legue and Liem, 2019) and the analogous mutation in human TULP3, K389I, disrupted ciliary trafficking of ARL13B, GPR161, and INPP5E (Palicharla et al., 2021).
Patient sequencing studies have also helped to identify critical residues within the Tubby domain that are essential for protein function. Amino acid substitutions within the beta strands have been linked to TULP3-associated disease, including variants C204W and R408H (Devane et al., 2022). Homozygous mutant R408H urine-derived epithelial cells (UREC) also showed ciliary trafficking defects in ARL13B, GPR161 and INPP5E (Devane et al., 2022). In our study, we identified the R382W variant in TULP3 that changes a highly conserved positively charged amino acid with a neutral residue (Figure 2). Interestingly, amino acid substitutions of this conserved arginine within the Tubby domain in the related gene TULP1 have also been identified in retinitis pigmentosa patients (den Hollander et al., 2007; Ajmal et al., 2012). The substitution of this key arginine with a residue that results in a change of charge could alter putative interactions of the Tubby domain or disrupt the 3-dimensional protein structure in this critical region, causing loss of Tubby domain function and disease.
The mechanisms by which mutations in TULP3 drive hepatorenal fibrocystic disease are not understood. However, there is clear evidence that TULP3 facilitates the transport of a critical subset of membrane associated proteins into the primary cilium and that the proper localization of these proteins are thought to be essential for their function (Badgandi et al., 2017). Multiple integral membrane and lipidated proteins are preferentially localized to the cilium (Hilgendorf et al., 2016). These proteins include Arl13b, a Joubert syndrome associated protein which causes cystic renal disease when conditionally deleted in renal epithelial cells in the mouse (Seixas et al., 2016; Li et al., 2016). Deletion of Inpp5e in renal epithelial cells also results in strong cystic phenotypes while changing the composition of the ciliary membrane (Bielas et al., 2009). Moreover, Tulp3 has also been shown to regulate the trafficking of other critical disease-associated proteins to cilia such as Polycystins 1 and 2 (mutated in ADPKD) and fibrocystin (mutated in ARPKD) (Badgandi et al., 2017). Therefore, a mutation in the Tubby domain of TULP3 may result in fibrocystic disease in patients by disrupting the transport of multiple signaling proteins regulated by the cilium. A missense mutation in the Tubby domain also results in Sonic Hedgehog dependent phenotypes, a cilia dependent pathway that could also contribute to the disease (Legue and Liem, 2020). However other mechanisms not involving ciliary trafficking, such as TULP3 functions in the nucleus have also been proposed and could regulate fibrocystic pathways (Devane et al., 2022).
In sum, we identified a missense mutation in the gene TULP3 by WES in two Iranian sisters from a consanguineous family presenting with fibrocystic renal and hepatic disease. The identification of the TULP3 variant (NM_003324.5: c.1144C>T, p. Arg382Trp) broadens our knowledge of pathogenic mutations in patients and identifies a critical residue within the C-terminal Tubby domain of TULP3 required for proper trafficking of membrane associated proteins to cilia.
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Introduction: Primary ciliary dyskinesia (PCD) is caused by dysfunction of motile cilia resulting in insufficient mucociliary clearance of the lungs. The overall aim of this study is to identify disease causing genetic variants for PCD patients in the Kuwaiti population.
Methods: A cohort of multiple consanguineous PCD families was identified from Kuwaiti patients and genomic DNA from the family members was analysed for variant screening. Transmission electron microscopy (TEM) and immunofluorescent (IF) analyses were performed on nasal brushings to detect specific structural abnormalities within ciliated cells.
Results: All the patients inherited the same founder variant in DNAI2 and exhibited PCD symptoms. TEM analysis demonstrated lack of outer dynein arms (ODA) in all analysed samples. IF analysis confirmed absence of DNAI1, DNAI2, and DNAH5 from the ciliary axoneme. Whole exome sequencing, autozygosity mapping and segregation analysis confirmed that seven patients carry the same homozygous missense variant (DNAI2:c.740G>A; p.Arg247Gln; rs755060592).
Conclusion: DNAI2:c.740G>A is the founder variant causing PCD in patients belonging to a particular Arabian tribe which practices consanguineous marriages.
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INTRODUCTION
Primary ciliary dyskinesia (PCD; OMIM: 244400) is a genetically and clinically heterogeneous group of disorders affecting motile cilia. PCD individuals usually have a history of neonatal respiratory distress and suffer from lifelong symptoms of wet cough, rhinosinusitis and otitis media. Recurrent chest infections eventually lead to bronchiectasis and a progressive decline in pulmonary function (Ratjen et al., 2016; Davis et al., 2019). Nearly one-half of PCD patients display laterality defects, mainly situs inversus totalis and other situs abnormalities, due to dysmotility of the embryonic motile node monocilia. Male infertility and female subfertility are also associated with PCD (Zariwala et al., 2007; Leigh et al., 2009; Zariwala et al., 2011). The estimated prevalence of PCD worldwide is around 1:16,000, nevertheless it increases to 1:2,265 in the United Kingdom South Asian inbred population (Lucas et al., 2014; O'Callaghan et al., 2010). A similar high incidence is also seen in a highly inbred Kuwaiti population due to practising consanguinity over multiple generations. Early diagnosis is essential for reducing the morbidity of PCD (Shah et al., 2016). The best diagnostic approach includes genetic testing along with determining the ultrastructural defects of the cilia (Shapiro et al., 2018; Dalrymple and Kenia, 2019). Radiological findings of the chest for PCD individuals mainly show atelectasis in the lingua or right middle lobe (Magnin et al., 2012).
PCD is characterized by dysfunction of multiple motile cilia resulting in abnormal mucociliary clearance. Currently, more than 50 PCD genes are identified, mainly encoding for components of the complex structures of axonemes of motile cilia and sperm flagella. The most common PCD gene that is defective in most of PCD individuals of mainly European origin is Dynein Axonemal Heavy Chain 5 (DNAH5) (MIM: 603335), associated with the absence of outer dynein arms (ODA) (Failly et al., 2009). The second most frequent PCD gene associated with the absence of ODA is Dynein Axonemal Intermediate Chain 1 (DNAI1) (Zariwala et al., 2006; Lucas et al., 2014). In general, there are six dynein structural genes associated with PCD and ODA defects. Three genes encode for axonemal ODA heavy chains DNAH5 (Olbrich et al., 2002; Hornef et al., 2006; Failly et al., 2009), DNAH9 (Loges et al., 2018), and DNAH11 (Schwabe et al., 2008; Pifferi et al., 2010; Knowles et al., 2012). Two genes encode for axonemal ODA intermediate chains DNAI1 (Zariwala et al., 2006) and DNAI2 (Loges et al., 2008). One gene encodes for axonemal ODA light chains DNAL1 (Mazor et al., 2011).
The evolutionarily conserved role for DNAI2 in the assembly of ODA was previously studied in Chlamydomonas oda6 mutant strain; pathogenic variants in IC2 (IC69) orthologous to DNAI2 lead to disrupted ODA complexes (Fowkes and Mitchell, 1998). Another study shown pathogenic variants in the Chlamydomonas ortholog (IC69) caused reduction in motility of mutant strain (oda6) compared to the wild type parent and loss of ODA (Pennarun et al., 2000). The same phenotype was also seen in the pf28 (oda2) mutant strain harbouring pathogenic variants in the γ-dynein heavy chain orthologous to DNAH5, indicating the role of the DNAI2 and DNAH5 orthologs in the assembly of ODA in both human and Chlamydomonas reinhardtii (Mitchell and Rosenbaum, 1985).
Dynein Axonemal Intermediate Chain 2 (DNAI2) located in human on chromosome 17q25 (MIM no. 605483) is a component of the ODA complex and is essential for the assembly of this multimeric complex. DNAI2 was initially cloned and characterized as a PCD gene using the candidate gene approach (Loges et al., 2008). Pathogenic variants in DNAI2 are a rare cause of PCD. Early studies did not show disease-causing variants of this gene in 16 PCD families, analysed with microsatellite marker alleles concordant for loci on chromosome 17q25 (DNAI2 locus) (Pennarun et al., 2000; Loges et al., 2008). Homozygosity mapping performed in other studies identified linkage to the DNAI2 locus and a homozygous splice variant (DNAI2:IVS11+1G<A) in all affected individuals of a Jewish Iranian family (Loges et al., 2008). Moreover, in the same study sequence analysis of additional 105 unrelated patients (48 presenting with ODA defects) identified a homozygous nonsense variant (DNAI2:c.787C>T; R263X) in a German PCD individual and a homozygous splice variant (DNAI2:IVS3-3T<G) in a Hungarian PCD family (Pennarun et al., 2000). Overall, DNAI2 variants were found in ∼2% of all PCD families and 4% of PCD families with documented ODA defects (Loges et al., 2008). In this study, a founder variant in DNAI2 was identified in seven patients belonging to the same Arabian tribe.
METHODS
Human subjects
Ethical approval for this project was obtained from Ministry of Health Research Ethics Committee (Ethics ID: 62/2013). This study was carried out with the permission of all participating family members; informed written consent was obtained from adult participants and from the parents of children for collection of blood samples from the patients and non-affected parents as well as the nasal biopsy. Pedigrees for the families were constructed using Cyrillic version 2.1 (http://www.cyrillicsoftware.com/) according to the Supplier’s guidelines. Radiological data were collected for most of the patients under study to correlate the genotype with the clinical phenotype.
Genomic DNA and exome sequencing
Genomic DNA was extracted from whole blood using the QIAamp mini-isolation kit (Qiagen); concentrations were determined by UV spectrophotometry using a Nanodrop N1000 (Nanodrop Technologies Inc.). Exome sequencing of genomic DNA was performed for six individuals highlighted with asterisks (Figure 1) by the Cologne Centre for Genomics, Germany. Target enrichment was performed, following manufacturer’s protocols, using SureSelect hybridization capture reagents with V6 (Agilent Technologies). Enriched library preparations were sequenced on HiSeq 2500 platform (Illumina). Linkage analysis using exome data was performed using pipeline-produced variant call format (VCF) files.
[image: Figure 1]FIGURE 1 | Pedigrees and the chest X-rays for the PCD individuals. (A) shows the five pedigrees of families under study. The DNA samples and nasal biopsies were taken from the affected individuals (highlighted with asterisks). For KU-1.IV2 patient, only DNA samples were taken later for Sanger sequencing. (B) shows selected chest X-rays for three of the patients. The three patients have dextrocardia and a right-sided gastric shadow (arrow), in keeping with situs inversus. Patient KU-1.IV2 has a small patch of consolidation seen in the paracardiac region of the left lung (arrowhead). Patient KU-8.IV2 has diffuse bronchiectasis as seen in the medial left lower zone (arrowheads). Patient KU-36.IV1 shows dextrocardia (arrow) consistent with situs inversus.
Autozygosity mapping and variant screening
Genetic screening using autozygosity mapping was performed using software written at the University of Leeds, United Kingdom (Carr et al., 2009; Carr et al., 2011a; Carr et al., 2011b; Carr et al., 2013; Watson et al., 2015). Initially, AgileMultiIdeogram software was used to visualize the homozygous intervals using exome data for linkage in which all the homozygous intervals are displayed against a circular ideogram for the 22-autosomal chromosomes for the relative patients (Carr et al., 2013). The reference of genome annotation used was Human Genome Build hg19 (UCSC genome browser).
Primers for variant confirmation and segregation analyses were designed using Primer3 software (http://frodo.wi.mit.edu/primer3/). The exon sequences were obtained from the University of California, Santa Cruz Genome Browser (http://genome.ucsc.edu/) for exon 7 of DNAI2 gene. For the founder variant rs755060592, the sequence of the forward primer used was “GAT​TTG​AAC​CAA​GCC​CTG​AT” and the sequence of the reverse primer used “GCC​AAC​ATA​GTG​AAG​CAC​CA”.
All targets were amplified using a commercial PCR master mix (Promega, Southampton, United Kingdom). PCR was performed in a total reaction volume of 20 µl. The master mix contained 4 µl of 5x Flexi buffer, 1.2 µl of 25 mM MgCl2, 0.4 µl of 10 mM dNTP that contained a mixture of dATP, dCTP, dGTP, and dTTP nucleotides and 1.2 units of TaqFlexi DNA polymerase. The amount of DNA amplified using that master mix was 40 ng of genomic DNA. For all amplicons initial denaturation was at 95°C for 30 s, followed by 30 cycles of 95°C for 15 s, 58°C for 15 s, 72°C for 30 s and a final 300 s extension at 72°C. Amplicons were purified by using ExoSAP-IT exonuclease (USB Corporation, Cleveland, United States) according to the manufacturer’s instructions. PCR products were stained by ethidium bromide and analysed by separation on a 1.5% agarose gel. Sequencing was performed using the BigDye 3.1 kit (Applied Biosystems, Foster City, United States). Sequencing reactions were ethanol-precipitated and re-suspended in HiDi formamide (Applied Biosystems) before analysis on a 3130xl genetic analyzer with a 36 cm capillary array. The Sanger sequencing results were analysed using a GeneScreen software (Carr et al., 2011b).
Immunofluorescent analyses of nasal biopsies
Respiratory epithelial cells were obtained by nasal brush biopsy and suspended in cell culture medium. Samples were spread onto glass slides, air dried and stored at −80°C until use. The respiratory epithelial cells from healthy control and six PCD-affected individuals highlighted with asterisks (Figure 1) were dual labelled for IF analysis with antibodies against axonemal components (visualized with red fluorescent secondary antibody) and antibodies to acetylated anti-Tubulin (visualized with green fluorescent secondary antibody) as ciliary marker. Nuclei were stained with Hoechst 33342 (blue fluorescent) (Wallmeier et al., 2014). Immunofluorescence images were taken with a Zeiss LSM 800 confocal microscope and processed with ZEN and ImageJ software.
The panel of primary antibodies used for initial screening included mouse monoclonal anti-tubulin (acetylated) antibody (Sigma Aldrich, T6793) to stain ciliary microtubules and rabbit polyclonal antibodies as follows: anti-DNAI2 (1:300) (HPA050565, Atlas Antibodies), anti-DNAH5 (1:300) (HPA037470, Atlas Antibodies), anti-DNAI1 (1:300) (HPA021649, Atlas Antibodies). The secondary antibodies used were highly cross absorbed secondary antibodies, including Alexa Fluor 488-conjugated goat antibodies to mouse (1:1000) (A11029, Molecular Probes, Invitrogen) and Alexa Fluor 546-conjugated goat antibodies to rabbit (1:1000) (A11035, Molecular Probes, Invitrogen).
Transmission electron microscopy analysis of nasal biopsies
For transmission electron microscopy (TEM), nasal biopsies were taken from the middle turbinate. The ciliated cells were fixed with glutaraldehyde (2.5%) in Sorensen’s phosphate buffered (pH 7.4). After post-fixation, the samples were treated with osmium tetroxide (1.3%), dehydrated through graded ethanol series and immersed in hexamethyldisilazane, a chemical drying reagent. The samples were embedded in 1,2-Epoxypropan-Epon- mixture (1:1) at 4°C overnight. After polymerisation, several sections were picked out onto copper grids. The sections were stained with Reynold’s lead citrate. TEM was performed with the Philips CM10 (Wallmeier et al., 2014).
Validating the DNAI2 founder variant in Arab population
The allele frequency of the identified variant was validated using real time PCR by performing the allelic discrimination test using the same primers designed for Sanger sequencing as described above (Applied Biosystems). Briefly, PCR reactions were carried out using 25 µl reaction mixture containing 25 ng DNA, 1X Taqman primer/probe mix (Applied Biosystems), 1X genotyping Taqman master mix (Applied Biosystems) and sterile DNA/RNA free water. In each experiment, positive (cases for which genotype was confirmed by Sanger sequencing) and negative (water) controls were included. A batch of an ethnically matched Arab control DNA panel collected from 100 normal subjects that belong to different Arabian tribes was run in parallel. Genotyping steps were performed in a 7500 Fast Real-Time PCR System according to the manufacturer’s instruction (Applied Biosystems).
RESULTS
Autozygosity mapping reveals a founder homozygous variant in DNAI2
Patients were referred for genetic assessment to clinics run by the Ministry of Health in Kuwait. Most patients were suspected to carry disease causing hereditary variants as more than one individual in their families exhibited the same phenotype. Five unrelated families were independently ascertained with PCD diagnosis in a cohort of 50 multiplex families recruited from different hospitals in Kuwait; affected family members showed clinical features typical of the hallmark disease of PCD (MIM: PS244400), mainly neonatal respiratory distress, chronic respiratory disease with symptoms of chronic airway infections, rhinosinusitis, otitis media, bronchiectasis, and situs inversus totalis. The ethnic background of all the patients under this study are Asian Arabs belonging to the same tribe from Arabian Peninsula.
This report summarizes the overall genetic analyses for these five families KU-1, KU-7, KU-8, KU-14, and KU-36 with a total number of seven PCD individuals, all members of the same tribe, which is the largest tribe in Kuwait. As seen in pedigrees (Figure 1A), there are two multiplex families that have more than one affected individual. In addition, the informed consent and the questionnaire indicated that there are many other potential PCD individuals belonging to the same tribe that could not be included on the pedigrees as we faced difficulty in reaching them since they live in isolated areas in the more remote regions of Kuwait.
All seven patients were diagnosed with PCD via both genetic studies and structural analysis of the respiratory cilia. The paediatric pulmonologist performed a differential diagnosis for six of the patients and excluded other conditions including cystic fibrosis, asthma, anatomic anomalies and immunodeficiencies. The median age at diagnoses was 2 years, with range 1–12 years. All patients included in this study started showing symptoms during early infancy. The patients were hospitalized during infancy for mild respiratory distress and required oxygen administration. All of the patients reported the following symptoms: wheeze, dyspnea, recurrent pneumonias, a chronic productive cough, and constant nasal mucopurulent secretions. These symptoms gradually became more progressive with age. All individuals participating in our study were asked to undergo serial spirometries in the period following up. Three individuals showed only an obstructive pattern; the other four individuals showed a decline in the respiratory function with both an obstructive and restrictive (mixed) pattern. Infertility was reported in the adult PCD male KU-36. IV-1, but no sperm analysis was available. The most commonly reported specific presentations of PCD was situs inversus totalis, which was found in all patients in this study. Previous studies have shown truncated variants in DNAI2 result in randomization of left/right body asymmetry and develop situs inversus totalis due to altered motility of nodal cilia (Nonaka et al., 1998; Loges et al., 2008).
It is important when managing these patients to have a considerate approach. This includes administrating intermittent antibiotic therapy for patients presenting with acute chest exacerbations, and preventive antibiotic therapy (macrolides) for the patients who presented with recurrent chest exacerbations. Chest physiotherapy is also strongly advised, and annual vaccinations against influenza and pneumococcus. None of the patients required surgical intervention for bronchiectasis. According to their radiographic images, three cases underwent high-resolution computed tomography (HRCT). They showed clear evidence of bronchiectasis, including thickened bronchial wall with mucoid impaction (data not shown). The chest X-ray images for three PCD individuals confirm a clinical diagnosis of PCD including situs inversus totalis, consolidation and bronchiectasis (Figure 1B).
Linkage analysis using autozygosity mapping approach has been performed for all the available affected individuals belonging to the same family, such as family KU-1 in one setting together. This was also performed for the two patients belonging to families KU-7 and KU-8 since the mothers of the affected children are distant relatives. Linkage analysis was performed for families KU-14 and KU-36 separately. The linkage analysis was performed for all the subjects using the lowest level of allele read frequency 10% instead of 25%, which is the default setting for obtaining VCF format for linkage using the exome data. Decreasing the allele frequency was done for the purpose of increasing the resolution of linkage especially for the cases that had a minimal shared interval of Identical by Descent (IBD) across the disease gene locus, as typically seen in families KU-7, KU-8, and KU-36 (Figure 2A). In addition, the resolution of linkage analysis using exome data was further increased by using higher capture-V6 that covers bigger regions of non-coding sequence (61 Mb) compared with the standard capture V7 (37 Mb).
[image: Figure 2]FIGURE 2 | Linkage analyses using exome data. (A) summarizes the linkage analysis using AgileMultiIdeogram software and presented in such a way that each ideogram shows the overall linkage for the patients belonging to the same family and each lane accounts for one patient. The density of IBD is represented by the bulk of navy-blue bars for the shared regions of homozygosity (autozygous intervals). The light blue bars specify the unshared ROH regions in multiplex families. In singleton families, having one affected individual, all the detected ROH are displayed as navy blue bars, since there is no shared ROH to be prioritized by the software as seen for families KU-14 and KU-36. Linkage results show the two affected siblings belonging to the KU-1 family have an exclusive autozygous interval across the DNAI2 locus highlighted by a red arrow. Linkage analysis was performed for the two patients from families KU-7 and KU-8 together since they are distantly relatives and the results show a minute IBD interval across the gene locus that indicated by the red arrowhead. The same results were seen for KU-36, although this patient has another significant ROH interval upstream of the DNAI2 locus suggesting that the founder variant in DNAI2 has a very high penetrance. (B) shows the linkage scan for the six patients inheriting a founder variant in DNAI2 using AgileVCFMapper software. Linkage scan highlighted a unique autozygous interval indicated by two black lines at chromosome 17 across the DNAI2 locus that emphasised by red asterisk. In this figure, each row represents the genotypes for chromosome 17 for one patient as illustrated in the figure. In mapped autozygous regions, the blue bars indicate the extent of autozygous regions. The black vertical lines represent concordant “common homozygous variants” that are shared among patients with the same founder variant. The yellow vertical lines indicate the positions of nonconcordant “rare homozygous variants”. White bars indicate the “no-calls” and that predominantly seen in autozygosity mapping using exome data.
The IBD intervals were determined for each patient at the beginning of the study to estimate the shared IBD intervals, especially for either closely or distantly affected relatives. Mapping the shared IBD intervals is the key for disease-gene identification in patients belonging to multiplex families, or in a group of patients belonging to singleton families derived from the same tribe, as presented in this study. The thickness of the IBD interval represents the extent of the autozygous regions (Carr et al., 2012; Carr et al., 2013). The estimated homozygous intervals in each chromosome were precisely determined using AgileVCFMapper software (Watson et al., 2015).
After that, multiple linkage analysis was performed for six PCD individuals using AgileVCFMapper software, which is an Autozygous Variant Viewer application that analyse each chromosome separately (Watson et al., 2015). This analysis enables mapping of the haplotype for shared regions of autozygosity. This was used successfully to determine the autozygous intervals that harbour founder variants shared across several families by estimating the overlapping homozygous and concordant variants shared among unrelated affected individuals, as seen in Figure 2B.
Screening for deleterious variants in the known PCD genes, in a total of 50 PCD genes to date, was performed in parallel with filtering of the variants at the IBD segments that were determined for all affected individuals in the cohort by estimating all regions of homozygosity (ROH); shared ROH was also estimated between the affected siblings for each family (data not shown).
Initial linkage analyses showed that patients belonging to families KU-1, KU-14 and KU-36 have a detectable ROH segment across the DNAI2 locus at Chr:17 (Figure 2A). Multiple linkage analysis results showed a unique autozygous interval (blue bar) at chromosome 17 across the DNAI2 locus shared among the six PCD individuals (Figure 2B). Interestingly, this unique autozygous interval can only be detected using a high resolution of linkage SNP-genotyping. As seen in our data, a shared IBD interval that cannot be clearly visualized with AgileMultiIdeogram software in three patients in Figure 2A (KU-7, KU-8, and KU-36) was detected using AgileVCFMapper software (Figure 2B). Multiple linkage results suggested that a pathogenic variant in DNAI2 is likely disease causing in these families under study. After that, analysis of exome data at the shared IBD interval revealed a homozygous variant (c.740G>A; p.Arg247Gln) at DNAI2 locus inherited in the six PCD individuals. Sequencing chromatograms for all seven PCD individuals confirm that all the patients are harbouring the same homozygous missense variant detected in DNAI2.
The variant was checked using different algorithms and statistical measurements that predict the pathogenicity of the variants. We used VarSome in initial in silico analysis to predict pathogenicity of the DNAI2:c.740G>A variant. Here, six metatools that each determine a pathogenicity based on the combined evidence from multiple other in silico predictors predict this variant to be damaging (MetaLR, MetaSVM, MetaRNN, BayesDel noAF, BayesDel addAF) or pathogenic (REVEL), 16 out of 18 individual prediction programs that largely use dbNSFP version 4.2 database developed for functional prediction and annotation of all potential non-synonymous single-nucleotide variants (nsSNVs) in the human genome predict the DNAI2:c.740G>A variant as pathogenic/damaging/deleterious and/or disease causing, including widely used prediction programs such as: DANN, MutPred, Mutation assessor, MutationTaster, Provean or Polyphen-2 (Loges et al., 2008; Mazor et al., 2011; Knowles et al., 2012).
The results of other algorithms are described in more detail: Firstly, Rejected Substitutions (RS), defined as the number of substitutions expected under a neutral model minus the number “observed” (estimated) for a particular alignment (Pazour et al., 2006). Secondly, Polymorphism Phenotyping (PolyPhen), a tool that predicts possible impact of an amino acid substitution on the structure and function of a human protein (Adzhubei et al., 2013). Thirdly, Residual Variation Intolerance Score (RVIS), a gene score based module intended to help in the interpretation of human sequence data (Petrovski et al., 2013). The missense variant in DNAI2 (c.740G>A) resulting in an amino acid exchange (p.Arg247Gln) has RS = 5.2, PPH = 3 and RVIS = 0.01, all of which indicate that the variant is highly damaging.
Additional in silico analyses on protein level showed that this variant is located between WD40 domains 2 (aa208-246) and 3 (aa253-294), essentially right at the end of WD40 2 (UniProt). However, no specific motifs were found in that area by using EMBL-ELM (eukaryotic linear motif) that could help to explain the impact of this variant on DNAI2 protein function.
In the initial stage of the investigation this variant was mapped in Families KU-1, KU-7 and KU-8 and was not validated on Ensembl database. Recently, it has been given a RefSNPs (rs) number (rs755060592). Remarkably, the allele frequency of the normal allele (G) is 100% in all ethnic backgrounds according to the Ensembl genome browser. In this study, it has very high penetrance as it was found to be inherited in patients with low ROH score that belong to families KU-7, KU-8, and KU-36.
This indicates that the missense variant in DNAI2 is likely a founder variant causing PCD this tribe (Figure 3). Following the linkage and sequencing analyses, segregation analysis was performed to confirm that the identified variant in seven patients segregates with the disease phenotype. The results of segregation analysis confirmed that all the parents are heterozygous carriers for the founder variant, which indicates that the variant segregates with the disease phenotype and is the pathogenic PCD variant, as seen in Figure 4.
[image: Figure 3]FIGURE 3 | Sequencing chromatographs for the seven PCD individuals. All the patients having homozygous missense variant (DNAI2:c.740 G>A; p.Arg247Gln) rs755060592 in exon 7 as illustrated vs. heathy individual as control.
[image: Figure 4]FIGURE 4 | Segregation analysis for the parents of the five families. As seen in this figure the chromatographs for the sequencing results for the five parents, which demonstrate that all the parents are carriers for the missense variant (DNAI2:c.740 G>A; p.Arg247Gln) rs755060592 in exon 7. This confirms that the variant is segregated along with the disease phenotype in the seven PCD individuals.
After that, allelic discrimination assay for the DNAI2 founder variant was performed using RT-PCR. It was performed in order to estimate the carrier rate frequency of the founder variant (DNAI2:c.740G>A) using an Arab control panel composed of 100 DNA samples for normal individuals belonging to different Arabian tribes. As shown in Supplementary Figure S3, the genotype for the six PCD individuals is homozygous for the missense variant (A), and all their parents are heterozygous carriers for the wild type allele (G) and the defective allele (A) which is consistent with Sanger sequencing data. Interestingly, the genotypes for the Arab control DNA panel show that all the healthy individuals have the two wild type allele (G). This indicates that the variant is very rare and the carriers are rarely existing in Arab populations.
Detection of ultrastructural defects of the cilia
TEM and IF analyses were performed on nasal biopsies derived from five PCD individuals that carry the homozygous missense variant DNAI2:c.740G>A to identify any structural abnormalities of the ciliary axoneme of respiratory epithelia. IF results showed negative staining for DNAI2, DNAI1 and DNAH5 proteins in the cilia indicating the absence of outer dynein arm components in all PCD individuals, as seen in Figure 5, Supplementary Figures S1, S2. However, results of IF staining showed a normal localization of GAS8 and RSPH9 that are routinely checked in PCD individuals with dynein arm genes defect (data not shown). This indicates that these proteins are localized normally in the cilia of the affected individuals, as in control cells. TEM analysis also demonstrated lack of ODAs (Figure 6), consistent with previously published report (Loges et al., 2008).
[image: Figure 5]FIGURE 5 | Immunofluorescence images of primary respiratory epithelial cells for PCD individuals. The IF was performed using monoclonal anti-acetylated α tubulin: panel (A) and polyclonal anti-DNAI2: panel (B) antibody for selected PCD individuals vs. healthy controls. As seen in the control, the merged images: panel (C) show a yellow co-staining within the ciliary axoneme which indicates that both proteins co-localized within respiratory cilia compared with the images for PCD individuals that demonstrate an absence of anti-DNAI2 staining. Scale bar is 10 µm. (D) shows differential interference contrast figures (DIC) for analyzed cells.
[image: Figure 6]FIGURE 6 | TEM sections of the ciliary axoneme for PCD individuals versus control. TEM results for ciliary axoneme of the ciliated epithelial cells of respiratory system indicate that the PCD patients have an absence of ODAs compared with control, which is mainly seen in patients with defects in genes encoding dynein arm components, consistent with their genotypes.
DISCUSSION
Autozygosity mapping is a powerful technique for determining the disease-causing founder variants in related patients. Practically, it is more successfully used for investigating the pathogenic variants in distantly related individuals than in closely related individuals, such as affected siblings or cousins, especially in an inbred population, such as the Kuwaiti population. Since patients in multiplex families have multiple IBD intervals, sometimes in multiple chromosomes as frequently seen in our patients, mapping of the disease-gene can be challenging, especially considering the huge volume of sequence variant data generated from next generation sequencing experiments (Williams and Hegde, 2013; Johansen Taber et al., 2014). Autozygosity mapping is also the most efficient strategy for mapping the deleterious founder variants in patients with rare autosomal recessive disorders (Lander and Botstein, 1987; Abecasis et al., 2002; Carr et al., 2011a). Here, we successfully applied AgileMultiIdeogram and AgileVCFMapper software, the latter enabling to visualize small ROH intervals that could not be visualized with other software solutions, to identify a founder variant in DNAI2 inherited within a single Arabic tribe in Kuwait. This strategy was previously successful in the identification of two novel PCD-loci CCDC103 and LRRC6 genes in UK-Pakistani populations (Panizzi et al., 2012; Zariwala et al., 2013) and CCNO causing oligocilia with situs solitus in a multiplex Kuwaiti family having four PCD individuals (Wallmeier et al., 2014).
Using this strategy we identified novel homozygous missense variant (DNAI2:c.740G>A; p.Arg247Gln)) in exon 7 of DNAI2. We mapped this DNAI2 variant in five unrelated consanguineous Arab families, most of them having a family history of the disease. Although this variant is annotated with rs755060592, it is still considered to be a novel variant since the allele frequency of G (normal allele) is 100% in all ethnic backgrounds. All patients harbouring this variant in DNAI2 (DNAI2:c.740G>A) belong to the same tribe, despite samples of these families have been obtained from different hospitals in Kuwait. This suggests that the abovementioned variant in DNAI2 is a founder hereditary variant running in one tribe that has practiced consanguineous marriages among the members of the tribe over generations and is considered to be particularly isolated, i.e., never married outside the tribe due to historical issues. Immunofluorescence analyses indicates that axonemal assembly of both proximal and distal localized ODA types 1 and 2 does not take place, demonstrated by complete absence of DNAI2, DNAH5, and DNAI1 in ciliary axonemes of affected individuals. TEM analysis on cilia cross-sections confirms lack of ODAs as ultrastructural defect in these individuals.
Previously published data about DNAI2 function characterized DNAI2 as relevant component of ODA type 1 and ODA type 2 in human (Fowkes and Mitchell, 1998): ODAs are the driving force for generation of the ciliary beats. ODAs and IDAs are composed of multimeric protein complexes that are pre-assembled in the cytoplasm prior to transport into and docking onto the axonemes (Fowkes and Mitchell, 1998). The human respiratory cilia have two different ODA heavy chains (HCs): ODA type 1 in the proximal part of the axoneme, composed of γ-HC DNAH5 and β-HC DNAH11, and ODA type 2 in the distal part of the axoneme, composed of β-HC DNAH9 and γ-HC DNAH5 (Loges et al., 2018). IF studies on respiratory cilia show subcellular localization of DNAI2 throughout the entire length of ciliary axonemes, demonstrating that DNAI2 is a component of both ODA type 1 and ODA type 2 complexes. In addition, previous IF analyses of respiratory cilia of PCD individuals with bi-allelic pathogenic nonsense and frameshift DNAI2 variants showed a complete absence of not only DNAI2, but also of DNAH5, component of both ODA type 1 and ODA type 2 and of DNAH9, component of ODA type 2, demonstrating that DNAI2 is necessary for the correct ODA assembly of both ODA types. In contrast to DNAI2, the Dynein Axonemal Intermediate Chain 1 (DNAI1) is relevant for the assembly of especially ODA type 2 as shown by restriction of both DNAH5 and DNAI2 to the proximal part of the axoneme and lack of DNAH5 and DNAI2 in the distal part of the axoneme in DNAI1 mutant respiratory epithelial cells (Fliegauf et al., 2005; Loges et al., 2008). Thus, DNAI2 is only partially dependent on DNAI1 as it can be assembled in proximal ODAs.
Here, we showed by immunofluorescence analysis complete absence of DNAI2, DNAH5. and DNAI1 in axonemes of affected DNAI2 individuals identified in this study, demonstrating that this missense variant completely abrogates preassembly of both ODA type 1 and ODA type 2. Electron microscopy analyses confirmed loss of ODAs in these affected individuals. According to ACMG criteria, the DNAI2 missense variant identified in this study (DNAI2:c.740G>A; p.Arg247Gln) has so far been classified as Variant of Uncertain Significance despite high pathogenicity scores. Using these two well-established in vitro functional tests, immunofluorescence analysis and electron microscopy, we now provide functional evidence, that this missense variant is pathogenic according to ACMG criteria and cause of PCD in the families presented here.
The identification of this founder variant (DNAI2:c.740G>A; p.Arg247Gln) in this Arabic tribe and functional evidence of pathogenicity presented in this manuscript will impact and improve genetic analysis of the Kuwaiti population suspected for PCD, especially from this Arabic tribe.
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Supplementary Figure S1 | Immunofluorescence images of primary respiratory epithelial cells for PCD patients. The IF was performed using monoclonal anti-acetylated α tubulin: panel (A) and polyclonal anti- DNAI1: panel (B) antibody for selected PCD patients versus healthy controls. As seen in the control, the merged images: panel (C) show a yellow co-staining within the ciliary axoneme which indicates that both proteins co-localized within respiratory cilia compared with the images for PCD patients that demonstrate an absence of anti-DNAI2 staining. Scale bar is 10 µm: panel (D).
Supplementary Figure S2 | Immunofluorescence images of primary respiratory epithelial cells for PCD patients. The IF was performed using monoclonal anti-acetylated α tubulin: panel (A) and polyclonal anti- DNAH5: panel (B) antibody for selected PCD patients versus healthy controls. As seen in the control, the merged images: panel (C) show a yellow co-staining within the ciliary axoneme which indicates that both proteins co-localized within respiratory cilia compared with the images for PCD patients that demonstrate an absence of anti-DNAI2 staining. Scale bar is 10 µm: panel (D).
Supplementary Figure S3 | Allelic discrimination Plot for DNAI2 Mutation. The six patients showed homozygous mutant type pattern (AA; red dots) while their parents showed heterozygous mutant and normal alleles pattern (GA; green dots) consistent with Sanger sequencing data. A control DNA panel composed of 100 DNA samples collected randomly from healthy Arab individuals from different areas in Kuwait were run in the assay and the results showed all the control samples carry the wild type allele in homozygous pattern (GG; blue dots). This indicates that this mutation is very rare and even the carriers are not existing in Arabs.
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Characteristic Patient 1 Patient 2 Patient 3

Sex Male Female Female
Age at diagnoss (years) 22 34 45

Onset Chiidhood Chidhood Childhood
Consanguinity No Yes Yes
Inbreeding coefficient NA 1/16 116

Lung high-resolution CT Bronchiectasis Bronchiectasis Bronchiectasis
Fertiity problems Asthenoteratozoospermia Yes Yes

Sinuses CT Sinusitis NA Sinusitis

Smell problem No No Yes

Hearing problems No No No

FEV1% prediction (%) 740 NA 450
FEV1/FVC (%) 750 NA 606

Nasal nitric oxide (a/min)* 246 66 NA

Ciiary beat frequency (Hz)’ 722193 NA 11.44 £1.21

NA, not available.
*The nasal nitric oxide of the normal control is greater than 77 ni/min (Collins et al,, 2014).
bThe cillary beat frequency of the normal control is 10.08 + 1.60 Hz.
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Family ~ Gene HGVS Amino GnomAD  MutationTaster ~ SIFT  PolyPhen- CADD AcMG ACMG
acid frequency ¥ criterion classification
change

1 RSPHAA N p. 0 NA NA NA NA PVS1+PM2+PP5  Pathogenic
M_001010892.3:  (Leu592Aspfs*5)
¢.1774_1775del

1 RSPH4A  NM_001010892.3:  p.(Met1Thr) 0 Disease-causing Damaging Probably ~ 240  PVST+PM2+PM3  Pathogenic
¢2T>C damaging
2 RSPH4A  NM_001010892.3:  p.(Met1Thr) 0 Disease-causing Damaging Probably ~ 240  PVS1+PM2+PM3  Pathogenic
c2T>C damaging
3 RSPH4A  NM_001010892.3:  p. 0 NA NA NA NA PVS1+PM2 Likely
c.351dupT (Pro118Serfs*2) pathogenic

The variant ¢.2T>C was found both in patient 1 and patient 2. NA, not availeble; HGVS, human genome variation society; SIFT, Sorting Intolerant from Tolerant; GADD, Combined
Anvioiation Dapendent Depletion score: ACMG, American College of Medical Genetics.





OPS/images/fgene-13-922287/fgene-13-922287-t003.jpg
Patient  Normal control Reference value

Semen parameters

Sperm count (108/m)) 15.2 548 >15.0
Semen volume (mi) 3.0 34 >1.5
Motility (%) 491 701 >40.0
Progressive motity (%) 14.9 401 >320
Sperm morphology
Normal flagela (%) 12 50 52380
Absent flagela (%) 15 75 <60
Short flagela (%) 95 10 <10
Colled flagela (%) 49 15 <17.0
Bent flagella (%) 168 75 <130

Iregular caliber (%) 12 10 <20
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Cohort phenotype Ethnicity Variant identification methods Success rate Publication
used
Congenital heart disease European 2,063, African American  Whole-exome sequencing of 10.1% of 2871 cases. Jin etal. (2017)
189, East Asian 36, South Asian 136, probands (2,871 cases)
and Mexican 280, Other 167
Fetuses with congenital heart Ethricity information not available,  Targeted NGS panel 10/80 fetuses (12.5%) Liu etal. (2020)
defects and/or heterotaxy and no  two parents were consanguineous
oytogenetic anomalies
Abriormal atrial situs (atrial Arabic Whole-exome sequencing 17/30 cases (56.6%) Bolkier et al.
isomerism or atrial situs inversus) (2021)
Transposition of the great arteries  ltalian Coding sequence analysis of ZIC3, ~ 2/7 families (28.5%) De Luca etal.
not associated with other situs ACVR2B, LEFTYA, GFC1, NODAL, (2010)
anomalies NKX2.5, CRELD1, GATA4, GDFT,
and FOXH1
Heterotaxy patients with cardiac ~ Caucasian 21, Hispanic 11, Afican  Coding sequence analysis of ZIC3,  4/47 cases (8.5%) Maetal. (2012)
manifestations American 9, Asian and Southeast  LEFTYA, ACVR2B, and CFC1
Asian 3, and other 3
Congenital heart disease and Clinical Genetics, Maastricht Soreened only for ZIC3 variant 6/348 cases (1.7%) Paulussen
heterotaxy University Medical Center, Maastricht, et al. (2016)
Netherlands
Ethricity not mentioned
Sporadic heterotaxy patients with  Chinese Affymetrix CytoScan HD microarray 19 rare CNVS in 63 cases (30.1%)  Liu etal. (2018)
congenital heart defects and real-time polymerase chain
reaction
Heterotaxy and heterotaxy- Arabic 2, Asian 2, Black or African  Array-based genotyping methods  CNVs identified in 20% of cases, ~ Cowan et al.
spectrum congenital heart disease  American 13, Caucasian 90, mixed 8, total 225 patients were included in ~ (2016)
unknown 42, and Hispanic/Latino 68 the study
Heterotaxy patients European ancestry 120, Hispanic  Genotyping using, llumina 610Quad 45 previously unrecorded CNVs i Fakhro et al.
104, African Americans 19, and all  Bead chip platform 39 different subjects, totel 262 (2011)
other ancestries 19 cases were included in the
study (14.8%)
Situs inversus totalis, heterotaxy, ~ Chinese Whole-exome and genome 4/61 families (6.5%) Chen et al.
and congenital heart disease sequencing of family trios (2019)
Laterality defects White non-Hispanic 158, Hispanic  Whole-exome sequencing 25/323 cases (7.7%) Li et al. (2019)
109, African American 22, East Asian
10, Mediterranean 2, mixed 6, and
unknown*16
15 situs inversus patients (6 with  Ethnicity information not available  Genome sequencing of 15 situs 10/15 cases (66.6%) Postema et al
PCD and 9 without PCD) inversus cases and 15 controls to (2020)
identify rare, highly penetrant
variants in non-PCD situs inversus
group
Primary ciliary dyskinesia Dutch Targeted-exome panel of 310 genes  50/74 cases (67.5%) Paff et al.
(2018)
Primary ciliary dyskinesia Mixed (White, Sri Lankan, Sanger sequencing of 12 PCD- 34/45 families (75.5%) Marshall et al.
Portuguese, Hispanic, Pakistani, and  associated genes, followed by (2015)
Somali) analysis of negative and single
variant cases by targeted Copy
Number Variation (CNV) and/or
whole-exome sequencing
Suspected primary ciiary dyskinesia  Egyptian Targeted-exome panel of 321 genes  23/33 families (69.6%) Fassad et al.
(20200)
Primary ciliary dyskinesia Chinese Whole-exome sequencing 51/75 cases (68%) Guan et al.
(2021)
36 cases primary ciliary dyskinesia, Jewish 13, Arabic 35 Whole-exome sequencing 34/36 PCD cases (94.4%); 4/8  Gileles-Hillel
8 cases without PCD (not (650%) cases without PCDand et al. (2020)
diagnosed as PCD), and 4 cases none of the 4 cases with
with inconclusive diagnosis inconclusive diagnosis was solved
Primary ciliary dyskinesia European 74, South Asian 35, Arabic  Targeted NGS panel 132/161 families (82%) Fassad etal.
29, and all other ancestries 23 (20208)
Primary ciliary dyskinesia Turkish Whole-exome sequencing 46/265 cases (17.3%) Emiralioglu
et al. (2020)
Primary ciliary dyskinesia Unknown Candidate gene screening or whole-  68/75 cases (90.6%) Blanchon et a
exome sequencing (2020)
Suspected primary ciliary dyskinesia  Serbian Clinical exome panel of 29 genes  9/21 cases (42.8%) Andjelkovic
et al. (2018)
Suspected primary ciliary dyskinesia  Arabic Clinical exome sequencing 38/56 families (67.8%) Shamseldin
et al. (2020)
Suspected primaryciliary dyskinesia  Tunisian Targeted NGS panel of 40 PCD 28/34 families (82.3%) Mani et al.
genes (2020)
Primary ciliary dyskinesia Samples collected from the Czech  Targeted NGS panel and Sanger ~ 22/33 families (66.6%) Diakow et al.
Republic, ethnicity not mentioned  sequencing (2016)
Suspected primary ciliary dyskinesia  Japanese Targeted NGS panel of 32 genes  10/46 cases (21.7%) Takeuchi et al.

(2018)
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Case Phenotype Consanguinity Gene CcDNA Protein ClinVar/ gnomAD Protein
position; position published allele function
dbSNP frequency

sk2  Situs Yes MNST ©724C > T, p.Arg242" Pathogenic 0.0002366  Outer dynein arm
inversus rs185005213 (Ta-Shma docking complex
totalis NM_018365.4 Case previously Homozygous etal, 2018)

published in Ta-Shma
etal. (2018)

S-3  Situs Yes ceoct 4 .1004-1005 del p.Phe335Cysfs'2 Not reported  Not reported  Outer dynein arm
inversus NM_001364171.2 Homozygous docking complex
totalis

Sk7  Situs Yes DNAAF3 ©.1352T>C p.Phed51Ser Not reported  Not reported  Dynein arm
inversus NM_001256715.2 Homozygous assembly factor
totalis

S-8  Situs No PKDILT . 7663C > T P.Arg2555, Not reported  0.00005907  Gillary caloium
inversus 13200853469 heterozygous channel
totalis NM_138296.5 ©.7937C > G, p.Ser2646, Not reported  0.000003977

15752673990 heterozygous (Berauer et al,,
(compound 2019)
heterozygous)

S Situs Yes DNA2 c.787C> T pAg263* Pathogenic 0.00001774  Outer dynein arm
inversus NM_023036.6 15137852998 Homozygous (Loges et al., intermediate chain
totalis 2008)

S-16  Situs Yes DNAR2 CNV, Homozygous Not reported  Not reported ~ Outer dynein arm
inversus NM_023036.6 .1212_1818del"", intermediate chain
totalis Exon10-13 deletion

SH7  Situs Yes DNAHS ©.6037C > T, pArg 2013 Pathogenic/  NA Outer dynein arm
inversus NM_001369.3 151273352530 Homozygous likely heavy chain
totalis pathogenic

(Homef et al,
2006)

S-19  Situs Yes ©CDC40 ONV: 6.1_93del"* Homozygous Not reported  Not reported ~ Gila 96-nm
inversus NM_017950.4 Exont-2 deletion Axonemal ruler
totalis

S-21  Situs Yes ceoct 4 ©.150245G > A, p.Ser469Argfs'7 Pathogenic/  0.00007827  Outer dynein arm
inversus NM_001364171.2  rs201133219 homozygous likely docking complex
totalis pathogenic

(Knowles etal.,
2013)

S-27  Situs ccDC114 . 1244T > A, p.lle415Asn Not reported  0.000003986  Outer dynein arm
inversus NM_001364171.2  rs748335075 Homozygous docking complex
totalis

Sk41  Situs No PIFO . 239G > A", p.ArgBOLYs, Notreported ~ 0.0002820  Regulates primary
inversus NM_181643.6 r$150508940 heterozygous (Kinzel et al., cilia disassembly,
totalis 2010) localized at basal

body and ciliary
necklace

Sk44  Situs Yes DNAIT ©.1333_1334insC *  p.Metdd5Thris'6 Not reported  Not reported  Outer dynein arm
inversus NM_012144.4 Homozygous intermediate chain
totalis

SI_45  Situs Yes DNAHS ©.9346C > T" pArg3116* Pathogenic 0.00001992  Outer dynein arm
inversus NM_001369.3 151264701182 Homozygous heavy chain
totalis

S-46  Situs Yes DNAHO ©.10127dupT plLeu3d76Phefs's7  Pathogenic Not reported ~ Outer dynein arm
inversus NM_001372.4 13867177356 homozygous (Loges et al., heavy chain
totalis Case previously 2018)

published in Loges
et al. (2018)

S-18  Situs No GuAT ¢.1001C > T, p.Pro33dLeu, Not reported ~ 0.000007962  Gap junctions
inversus NM_000165.5 151460872904, heterozygous, de novo
totalis

S-15  Situs ? DNAHE ©.1020C > A p.Tyr340" Not reported  Not reported  Inner dynein arm
inversus heterozygous heavy chain
totalis NM_001370.2,  .8820+208 C>T p.? heterozygous Not reported  Not reported

S-47  Situs Yes ccDes9 c.350A>G " p.Asp117Gly Uncertain Not reported ~ Cilia 96-nm
inversus NM_181426 1$1560002712 Homozygous significance Axonemal ruler
totalis ACVR2B c.925C>T* p.Arg309Cys Uncertain 0.00001770  Gonadal

NM_001106 Heterozygous significance polypeptide
hormones

#no segregation analysis performed: + intronic breakpoints not defined.
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Population Variant Protein Zygosity Number of Cilia Functionality References
patients motility
Israel €.198_200 delinsCC PpPhe67Profs*10 Homozygous 1 na Frameshift > stop gain ~ Hoben et al.
(2018)
Germany €.198_200 delinsCC, p-Phe67Profs*10, Homozygous 2 immotile/na  Stop gain Hoben et al.
cA33A>T p-Argl4s* (2018)
Turkey €361C>T pArgl21* Homozygous 1 immotile  Stop gain Hoben et al.
(2018)
Italy €361C>T pArgl21* Homozygous 1 immotile  Stop gain Hoben et al.
(2018)
Pakistan CT76ASG pHis259Arg Homozygous 2 immotile  Missense Fassad et al.
(2018)
India C154C5T, €361C5T pGIns2%, p.Argl21%  Compound 1 immotile  Stop gain Fassad et al
heterozygous (2018)
not known <361C>T pArgl21* Homozygous 1 immotile  Stop gain Aprea et al.
(2021)
Poland .198_200 delinsCC p.Phe67Profs*10 Homozygous 14 na Frameshift > stop gain  Zietkiewicz et al.
(2019)
Poland €198_200 delinsCC, p-Phe67Profs*10, Compound 1 na Frameshift > stop gain,  Zietkiewicz et al.
C353A > G Pp-Asp118Gly heterozygous exonic splice site (2019)
Poland €.198_200 delinsCC, ¢.675 +  pPhe67Profs*10,na  Compound 1 na Frameshift > stop gain, ~ Zietkiewicz et al.
3_6 delAAGT heterozygous intronic splice site (2019)
Greece- €.95_103delGCCGGCTCC pArg33_Argd5del  Homozygous 6 immotile,  Inframe deletion Yiallouros et al.
Cyprus stiff (2021)
Arab-Muslim  ¢.693_694insGA pCys231fs Homozygous 2 na Frameshift Bolkier et al.
(2021)
Finland €.198_200 delinsCC P.Phe67Profs*10 Homozygous 3 immotile, ~ Frameshift > stop gain ~ This study

stiff.
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Patient  Year

ID of
birth
-1 2014
111 2016
11i-1 1998

Sex

F

M

F

Cilia
beating

frequency
(Hz)

122

Beating
pattern
in HSVM

static with weak residual
‘movement

; nearly static

stiff, unsynchronized

NO

na

21

Situs
inversus

Yes

Yes

No

Picadar
score

na

1012

412

Clinical
symptoms

Chronic wet cough, otitis media
Chronic wet cough, oitis media

Cronic wet cough, recurrent
otitis media and pneumonia

TEM

na

lack of ODA
and IDA

na

T n T
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Clinical Features

Initial clinical diagnosis

Variant protein
IFT140 NM_014,714.3
Family history

Time of delivery
Birth measurements

- weight

- length

- OFC
Age at examination/
urrent age
Sex
Dolichocephaly
Craniosynostosis
Frontal bossing
High forehead
Full cheeks
Telecanthus/epicanthus
Broad nasal bridge
Micrognathia
Everted lower lip
Low set/simple ears
Narrow chest, pectus
excavatum
Short stature
Rhizomelic limb shortening
Short ribs
Joint laxity
Brachydactyly of fingers and
toes
Cone-shaped epiphyses of
phalanges
Abnormality of proximal femur
Slender, thin bones
Dental abnormalities

- malformed

- widely spaced

- hypodontia
Nail abnormalities
Thin and/or sparse hair
Skin laxity
Inguinal hernias
Kidney disease

- chronic renal failure

- nephronophthisis

- renal cysts

- sclerosing
glomerulopathy
Kidney transplantation
Ophthaimological problems

- nystagmus

- retinal dystrophy

- optic nerve atrophy
Liver disease

- hepatic fiorosis

- cirrhosis

- hepatomegaly
Heart defects/cardiac
malformations
Recurrent respiratory
infections
Developmental milestones

- sitting
- walking
- speech development
Inteligence

Cerebelar ataxia

Other findings (CT, MR,

X-rays, EEG etc)

Patient 1

Mainzer-Saldino syndrome
(MZSDS)
p.(Tyr923Leufs'28) ™ +
p.(Tyr1152_Thr1349dup) M=
Patient bon from the 1°*

pregnancy
40WG

- 3720 g (>50" percentile)

- 56 om (>97" percentile)

- 36 om (<97" percentile)
10 years/13.5 years

Male
+

=4+

+,

+/at 4.5 years of age

- 12 months (99" percentie)
- 16 months (97" percentile)
- 24 months
Normal
+

mzsbs® Patient 2

Cranioectodermal dysplasia (CED)

p.(Tyro23Leufs'28) °* +
p.(Tyr1152_Thr1349dup) M2
Patient born from the 1% pregnancy. In the 2" pregnancy the couple
had a spontaneous miscarriage at 7" WG. A healthy female was born
from the 3" pregnancy
39WG

- 3410 g (50" percentie)
- 56 cm (>97" percentile)
- 37 cm (97" percentile)
3 months - 13 years/16 years

Male
o6 -
36 -
33 +
4/4 +
36 -
NA ++
7 +
NA -
n +
22 4
7/12, NA o+
16/21 +
1777 +
2/2 +
NA +
13/15 +
1718 +
17 NA
o2 NA
o8 +
+
+
NA +
NA /-
NA =
NA -
17/23 +
+
o
+
5/5 +/at 3 years of age
21/22 + progressive visual loss (at present time blindness)
+
+
+
613 a
NA -/-
2/4 -
M4
delayed
- 36 months (>99™ percentie)
- 6 years (>99" percentie)
- absent speech
NA D
NA +

- Congenital CMV infection
- Epllepsy (absence attacks) from the age of 13 years, treated with
Valproate
- MR - normal

CED" CED®

2/2;7/8
1/2; 4/5
3/3; 4/5
1/1; NA
3/3; 11
NA; 3/4
2/2;NA
NA; 2/4
1/2; 3/4
3/8; 2/2
3/3, 1/2; 10110,
4/6
3/3; 4/4
2/2;8/8
22,11
2/2; 5/5
3/3; 11/11

3/3; NA
NA; NA

NA; NA
33111

2/2; 3/4
3/3; 6/9
NA; 7/8
NA; 2/2
3/3; 1011

1/1;3/3
3/3; 17

0/1; 4110

0/3; 1/4
3/3; 25

2/3 delayed; 0/4
delayed

1/31D; 0/2 ID
NA

*— IFT140-related MZSDS, phenotype based on literature (Perrault et al., 2012; Schmicits et al,, 2013; Geoffroy et al,, 2018; Oud et al., 2018); °—IFT140-related CED, phenotype based
on lterature (Bayat et al., 2017; Walczak-Sztulpa et al., 2020); °— CED, phenotype based on literature, excluding IFT140 (Giissen et al., 2010; Walczak-Sztulpa et al., 2010; Arts et al,,
2011; Bredrup et al., 2011); CT, computed tomography; EEG, electroencephalography; ID, intellectual disability; Mat, matemally inherited variant; MR, magnetic resonance imaging; NA,
datanot available; Pat, patenally inherited variant; WG, weeks of gestation. + feature present; —feature absent; “presence, number of renal cysts, revealed by repeated ultrasonography

not seen at baseline, has increased over time of follow-up; # unclear.
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“Following nomenclature recommendations in Braschi et al. (2022).

Human*

RUVBL1

RUVBL2

RPAP3

SPAGT

DNAAF4 (DYX1CT)
PIH1D1

PIH1D2

DNAAF6 (PIH1D3)
DNAAF2/KTU
DNAAFS/HEATR2

C. reinhardtii

CrRwBL1
CrRwBL2
1029084900
Spag!
PI3/DYXICI
motdg?

na

twi(?)

pf13

htr2

Danio rerio

rwbl1
rwbi2
1pap3
spagla/b
dnaatd
pihd1
pihid2
twister
Ktu
heatr2





OPS/images/fgene-13-931822/crossmark.jpg
©

|





OPS/images/fgene-13-931822/fgene-13-931822-g001.gif





OPS/images/fgene-13-943197/fgene-13-943197-g004.gif





OPS/images/fgene-13-943197/fgene-13-943197-g005.gif





OPS/images/fgene-13-943197/fgene-13-943197-g006.gif





OPS/images/fgene-13-943197/fgene-13-943197-g007.gif
s s B

(3
£

&y






OPS/images/fgene-13-943197/fgene-13-943197-g003.gif
A MopseDnaaksinds Dmabt and Hipl g Mouse Dnaaft Sins PepinfPoeitn.

c D Mouse Dnsas binds mOnaafd st
FlyOnaaf and Dnafd s @Dnaad bt not mOnaafdATP:
i | v ey

3 £

Fy Daaf an st eoch bind Reptn/Pontn Fly Hsp30 binds mouse Dnsfd bt oty Omaal






