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Myocardium has evolved to contract in a rhythmic fashion to provide blood from the heart to the body. The mechanical activities of myocardium originate in sarcomeres, composed of three filaments [i.e., thick and thin filaments, and the giant elastic protein titin (connectin)]. Cardiac researchers have developed and applied various new technologies to elucidate the in-depth mechanisms of sarcomeric functions in the heart (Fukuda et al., 2021 and related articles therein). It is now becoming clear that sarcomeres play critical roles in the processes regulating the dynamics, growth and remodeling of the heart. These exceptional technologies have provided new prospects to facilitate the development of novel drugs for intractable heart diseases. This Research Topic of Frontiers in Physiology is a collection of ten original research and review papers, showing the state-of-the-art research and future directions in the physiology and pathophysiology of myocardium.
Early on, contraction of cardiac myofilaments was thought to be regulated only via thin filament structural changes. Namely, under the relaxing condition, the troponin (Tn) and tropomyosin (Tm) complex blocks myosin binding to actin (“off” state). Following an increase in the intracellular Ca2+ concentration ([Ca2+]i), the binding of Ca2+ to TnC (one of the three subunits of Tn) causes displacement of Tm on thin filaments (“on” state), allowing myosin to interact with actin, and as a result, active force is generated (see Kobirumaki-Shimozawa et al., 2014 and references therein). Here, it is important that strongly bound cross-bridges, such as the actomyosin-ADP complex, desuppress the inhibition of Tn-Tm, synergistically with Ca2+, and further activate thin filaments (Kobirumaki-Shimozawa et al., 2014 and references therein). In 2010, the group of Roger Cooke made a ground-breaking discovery showing that myosin molecues can be in a state with extremely low ATP turnover rate (Stewart et al., 2010). This novel relaxed state is widely known as the “super-relaxed state” (SRX) (e.g., Cooke, 2011; Irving, 2017; Craig and Padrón, 2022). SRX is in equilibrium with the “disordered-relaxed state” (DRX) in which myosin heads are in closer proximity to thin filaments, and can readily bind to actin (e.g., Cooke, 2011; Fusi et al., 2015). Decreasing the number of myosin molecules in SRX results in an increase in the number of the heads available to produce active force (e.g., Schmid and Toepfer, 2021). It is considered that mechanical stress on thick filaments, such as myosin binding to thin filaments (Linari et al., 2015) or titin-based passive strain (Irving et al., 2011; Hessel et al., 2022), shifts the SRX-DRX equilibrium towards DRX. SRX is a biochemical and structural state, in which myosin heads interact with, and are folded back on, the thick filament backbone, thus unavailable for interacting with thin filaments. Currently, the thick filament-based regulation is the foremost Research Topic of myofilament research.
Hypertrophic cardiomyopathy (HCM) affects more than one in 500 people worldwide with high morbidity due mostly to arrhythmia, heart failure and sudden death. Kawana et al. reviewed HCM, from mutations to mechanisms and therapies. Based on rapid advances of biochemical and biophysical techniques, they have studied the molecular effects of HCM mutations on human β-cardiac myosin heavy chain, combining insights from clinical genetics and structural analyses of cardiac myosin. Accordingly, they concluded that HCM-causing mutations in sarcomere proteins cause hypercontractility, and that the increase in the number of myosin molecules available for interacting with actin is the primary driver. While β-blockers and Ca2+ channel blockers have been widely used to alleviate the heart’s hyperdynamic contraction for decades, their effectiveness is often poorly tolerated in the clinical setting, especially for young patients. Recently, two small molecule cardiac myosin inhibitors that shift the SRX-DRX equilibrium to SRX have been developed. One of these, mavacamten, showed improvement in the composite endpoint of exercise capacity and symptom severity in the phase III study of HCM patients, and it has recently been approved by the US Food and Drug Administration. Mavacamten is the first compound that showed a benefit for HCM in a randomized controlled trial. The other small molecule cardiac myosin inhibitor is aficamten; it is currently under evaluation in a phase III trial, and the results are awaited.
On another front, omecamtive mecarbil (OM) was developed as a first-in-class myosin activator for the treatment of heart failure in patients with reduced ejection fraction (HFrEF). Several lines of evidence suggest that OM is effective in the treatment of HFrEF by improving cardiac function without increasing [Ca2+]i. This is a favorable property as an inotropic agent because an increase in [Ca2+]i often causes arrhythmias due to membrane depolarization coupled with Na+ entry via the Na+/Ca2+ exchanger. Nakanishi et al. demonstrated by using skinned porcine venticular and atrial muscles that OM increases Ca2+ sensitivity in a concentration-dependent manner in a clinically relevant range (i.e., 0.5 and 1 μM), with the effect more pronounced in ventricular muscle. The Ca2+-sensitizing effect of OM became less following thin filament reconstitution with fast skeletal Tn complex, and the ensuing decrease in the number of “recruitable” cross-bridges. Therefore, they concluded that OM’s Ca2+ sensitizing effect results from the strongly bound cross-bridge-dependent allosteric activation of thin filaments. Also, as pointed out by Kampourakis et al. (2018), OM may modulate the thick filament structure and destabilize SRX, resulting in an increase in the number of myosin molecules that can readily bind to thin filaments and produce active force.
Yet further efforts are needed from various angles to fully uncover how the myosin state in SRX or DRX regulates contraction and relaxation of myocardium in living conditions, especially in the beating heart in vivo; myosin targeted drugs will open the door to new treatments for intractable heart diseases.
Three papers have added to the recent advances in the understanding of thin filament regulations. Accumulating evidence indicates that mutations in thin filament proteins cause genetic heart diseases such as HCM, dilated cardiomyopathy (DCM) and restictive cardiomyopathy (RCM) (e.g., Ohtsuki and Morimoto, 2008). Due to the lack of accurate information on the structural properties of proteins, our knowledge on the molecular mechanisms of thin filament regulation is still insufficient, especially in the presence of mutations. Just in the last decade, cryogenic electron microscopy (cryoEM) has emerged as the most powerful technique in biological sciences to reveal atomic structures, and this technology has been used in our research field as well. By taking advantage of computational analyses (i.e., structure prediction, protein-protein docking, molecular dynamics flexible fitting and molecular dynamics simulations), Rynkiewicz et al. analyzed the TnT domain spanning the head-to-tail overlap domain of tropomyosin, and refined the published cryoEM modeled structures. They also reinterpreted the interactions between Tm and TnI showing key features that hold Tm in its sterically blocking position at low [Ca2+]i. This refined understanding of thin filament structures will provide us with many opportunities such as designing molecular interventions for genetic heart diseases.
Chalovich et al. reviewed thin filament regulations with a focus on Tn mutants, in particular the HCM-causing mutation of Δ14 of TnT that is missing the last 14C-terminal residues of cardiac TnT. It is important that removal of the basic residues in this region eliminates the inactive Ca2+-free state. Indeed, cardiac muscle fibers containing Δ14-TnT shows increased Ca2+ sensitivity by ∼0.23 pCa units with no change in maximal Ca2+-activated force (Nakaura et al., 1999), a finding that demonstrates that elimination of the inactive Ca2+-free state results in increased basal activity. It is therefore likely that the C-terminal region of TnT limits Ca2+ activation in myocardium. As pointed out by Chalovich et al., systematic analyses of Tn mutants, occurring naturally or post-translationally, provide us with opportunities to fully elucidate details of actin-based regulations of myocardial contraction.
Mahmud et al. designed the novel small molecule Tn activator RPI-194 that targets Tn to increase Ca2+ sensitivity in myocardium. By using nuclear magnetic resonance, they determined that RPI-194 binds to cardiac Tn, and stabilizes the activated complex between TnC and the switch region of TnI. RPI-194 acts as a so-called “Ca2+ sensitizer” in that the compound at 100 μM shifts the mid-point of the force-pCa curve by ∼0.28 and ∼0.71 pCa units, respectively, in skinned rat cardiac trabeculae and slow skeletal muscle fibers. It shows cross-reactivity with skinned rat fast skeletal muscle fibers by shifting pCa50 by ∼0.25 pCa units. It is to be noted that RPI-194 decreases the velocity of contraction in living unloaded cardiomyocytes from mice. RPI-194 represents a new class of non-specific Tn activators that could potentially be used either to enhance cardiac muscle contractility in the setting of systolic heart failure or to enhance skeletal muscle contraction in neuromuscular disorders.
Relaxation of myocardium is the key process for effective ventricular filling, and the duration of isovolumic relaxation depends on the rate of the transition from late-systole to early-diastole. There are two important contributors to this transition; i.e., the fall of [Ca2+]i and the detachment of cross-bridges. The increased rate of cross-bridge detachment leads to faster ventricular relaxation. Wakefield et al. investigated the effects of the hydrolytic product inorganic phosphate (Pi) on the myocardial relaxation rate when sarcomere lengthening (1%) was applied. Accordingly, they found that Pi enhanced the stretch-dependent increase in the cross-bridge detachment rate, with the magnitude becoming greater with faster stretching. Considering that Pi exists in the mM range in cardiomyocytes under physiological conditions, their finding will promote our understanding of the molecular mechanism of sarcomeric relaxation during the transition from late-systole to early-diastole.
Sarcomeres repeatedly shorten and lengthen in response to a change in [Ca2+]i in myocytes under physiological conditions. In 2015, Shintani and colleagues found that when warmed to 37–43°C, sarcomeres exhibit rapid spontaneous sarcomeric auto-oscillations independent of [Ca2+]i changes in neonatal rat cardiomyocytes (Shintani et al., 2015). They termed this phenomenon “Hyperthermal Sarcomeric Oscillations (HSOs).” HSOs are similar in characteristics to “Spontaneous Oscillatory Contractions (SPOCs)” that occur at partial activation of pCa ∼6.0 in both neonatal and adult myocardium (e.g., Ishiwata et al., 2011; Shintani et al., 2014; Kagemoto et al., 2018); however, the frequency of HSOs is higher than that of SPOCs. Yet it is unknown whether or not HSOs (or SPOCs) occur under physiological conditions, Shintani provides a unique idea that sarcomeric spontaneous re-lengthening mechanisms may operate in the beating heart, allowing for rapid and effective relaxation of myocardium.
Haftbaradaran Esfahani et al. provide a novel hypothesis that dynamic changes in the geometry of cardiomyocytes play a role in their plasticity and signaling, with the magnitude of the effects being greater with increased beating frequency. This hypothesis was tested experimentally by fluorescence resonance energy transfer-based imaging of the activity of Src kinase and mathematically by assuming the constant volume behavior of cardiomyocyte contraction, i.e., the length shortening is compensated by Z-disk myofilament lattice expansion and dynamic deformation of the membrane between two adjacent Z-disks. Their experiments demonstrated higher concentrations of phospho-Src at higher beat frequencies. Yet future studies need to be systematically performed; their concept of locality of the surface-to-volume ratio may advance our understanding of the membrane-mediated signaling and plasticity of myocardium in response to biomechanical stress in the heart.
Kötter and Krüger review the roles of the giant elastic protein titin, with an emphasis on the relationship between the molecule and protein quality control. Titin, the largest molecule in biology, is well known for its multiple functions such as serving as a molecular spring in the sarcomere and a molecular ruler during embryonic development (e.g., Granzier and Labeit, 2004; Fukuda et al., 2008). In myocardium, titin is involved in length-dependent activation by decreasing the distance between the thick and thin filaments via its passive force, thereby forming the basis of the Frank-Starling law of the heart (e.g., Granzier and Labeit, 2004; Fukuda et al., 2008). Aside from these traditional roles, recent evidence indicates that titin plays a critical role in cellular signaling (e.g., Krüger and Linke, 2011; Linke and Hamdani, 2014; van der Pijl et al., 2018). In this review article, they discuss how proteasome, autophagy, heat shock proteins and proteases are involved in the protection and degradation of titin in myocardium, as well as in skeletal muscle. Although future studies are needed to fully uncover the fine-tuned sarcomere turnover processes, the comprehensive work by Kötter and Krüger will be useful for researchers in the field to understand the physiological roles of titin, and various muscular disease states due to the imbalance of the quality control of protein.
One paper introduces a technological advancement of the non-invasive analysis of in vivo cardiac function. In some areas of cardiac research, clinical approaches have surpassed research methods, allowing for in-depth analysis of the various tiers of heart function. Sturgill et al. reviewed the clinical usefulness of speckle tracking echocardiography (STE) for the quantification of cardiac function. STE uses B-mode imaging which records a video clip of the entire heart wall. Therefore, as an average measurement, STE provides data points along the entire heart wall rather than merely two from M-mode imaging. STE allows us to obtain displacement, velocity, strain and strain rate in radial, longitudinal and circumferential axes of the heart. STE is useful in basic research; in particular, further improvement of spatial and temporal resolutions will allow for more accurate analyses of the in vivo assessment of all tiers of cardiovascular performance in small rodents like mice, including left ventricular systolic and diastolic function and contractility.
In summary, this Research Topic highlights the considerable advancements cardiac researchers have made since the turn of the 21st century. We must move forward to further elucidate the physiology and pathophysiology of myocardium not only by taking advantage of the current technologies but also by developing newer advanced technologies. In doing so, all the contributions made by the authors in the Research Topic will be integrated for the prevention, diagnosis and treatment of disorders of the heart.
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The heart transforms the chemical-mechanical reaction of myosin molecules, which move only stochastically by itself, into a robust heartbeat rhythm by its hierarchical structure (Figure 1A, Ishiwata et al., 2017). Myocardial pulsation is thought to be regulated by changes in calcium concentration in cardiomyocytes triggered by electrical excitement from cardiac pacemaker cells (Eisner et al., 2017). However, on the other hand, it has also been found that the heartbeat frequency is too high to sufficiently reduce the calcium concentration in cardiomyocytes that has increased due to muscle contraction (Eisner et al., 2017). The myocardium is known to be contracted when the intracellular calcium concentration is high (Eisner et al., 2017). So why can the heart relax quickly in the early diastole of each heartbeat, even though the calcium concentration in cardiomyocytes is high and the left ventricular pressure is low? Since the left ventricular pressure is low, there is little force to pull and lengthen the sarcomere. And since the calcium concentration in cardiomyocytes is still high, sarcomere generates force. Despite this, the reason why rapid relaxation to fill the ventricle with blood throughout diastole is possible may be that sarcomere has the property of periodically and rapidly relaxing and dilating even if the calcium concentration is still high.
[image: Figure 1]FIGURE 1 | (A) Schematic diagram of the hierarchical structure from the myosin molecule, which can move only stochastically by itself, to the heart, which has a strong heartbeat. (B) Schematic diagram of the features of HSOs revealed in 2015 (Shintani et al., 2015). Fluorescence microscope image of cardiomyocytes that expresses α-actinin-AcGFP fusion protein in Z-line and enables measurement of sarcomere length (left panel). The cardiomyocytes were reversibly warmed by irradiating the vicinity of the cardiomyocytes with infrared rays having a wavelength that water absorbs well (left panel). Time-series changes in sarcomere length and intracellular calcium concentration before and after heating (right panel). By warming, HSOs with a higher frequency than the change in calcium concentration were discovered (right panel). (C) Schematic diagram of the characteristics of HSOs revealed in 2020 (Shintani et al., 2020). When the time resolution of sarcomere length measurement was improved from 30 fps to 500 fps, it became clear that the period of a sarcomeric oscillation cycle was kept constant even though the waveform of the sarcomeric oscillation changed significantly with the change in calcium concentration (left panel). The frequency of HSOs was close to the heart rate (right panel). (D) Schematic diagram of a non-invasive real-time measurement of the movement of myocardial contractile protein molecules from the beating heart by synchrotron radiation X-ray diffraction (Pearson et al., 2007). When the sarcomere contracts, the [image: image] value decreases, and when the sarcomere relaxes, the [image: image] value increases.
In recent years, we have discovered that sarcomere in cardiomyocytes warmed to body temperature becomes an oscillation state that repeats contraction and relaxation (Figure 1B, Shintani et al., 2015). We named the sarcomere oscillations manifested by the heat of this body temperature HSOs (Hyperthermal Sarcomeric Oscillations). We believe that HSOs are the key to answering the previous question. Experiments with isolated cardiomyocytes have shown that HSOs enable rapid lengthening of sarcomere even at high intracellular calcium concentrations, and that the HSOs cycle is close to the heartbeat cycle (Figure 1C, Shintani et al., 2020). Given the rapid lengthening seen in HSOs during diastole of the heart, it explains the rapid lengthening of the heart despite high cardiomyocyte calcium levels and low left ventricular pressure.
HSOs are observed at 37°C–43°C in cardiomyocytes where calcium concentration fluctuates at about 1 Hz (Shintani et al., 2015; Shintani et al., 2020). Inhibiting calcium concentration fluctuations narrowed the temperature at which HSOs can be observed to 38°C–43°C (Shintani et al., 2015). To put it very simply, this may be due to a decrease in base calcium concentration. Conversely, when calcium concentration fluctuations higher than 1 Hz, such as heartbeat, occur, the base calcium concentration increases (Eisner et al., 2017), and the minimum temperature required to induce HSOs is likely to be lower than 37°C. The core body temperature of the working heart is higher than other parts of the body. Since even a mere core body temperature is measured at 37–38°C (Yoda et al., 2000), it is highly possible that the HSOs characteristics of sarcomere are manifested at the core body temperature of the working heart, which is considered to be higher.
It has been reported that sarcomere becomes an oscillation state that repeats contraction and relaxation under a solution with intermediate conditions between contraction and relaxation (Fabiato and Fabiato, 1978; Okamura and Ishiwata, 1988; Linke et al., 1993; Sasaki et al., 2006; Shintani et al., 2014; Shintani, 2021). Details are given in the cited paper, but “intermediate conditions between contraction and relaxation” are solution conditions in which sarcomere can exert a contractile force of about half of the maximum contractile force. In previous studies of sarcomeric oscillations, sarcomere was observed in a solution with a fixed calcium concentration (Ishiwata et al., 2017). The discovery of HSOs revealed that by warming cardiomyocyte sarcomere, it responds to changes in calcium concentration and at the same time performs sarcomeric oscillations with a cycle different from that of changes in calcium concentration (Shintani et al., 2015; Shintani et al., 2020). Moreover, sarcomere in the HSOs state has a CRH (Contraction Rhythm Homeostasis) that keeps the period constant, although the amplitude and waveform of the sarcomeric oscillation change significantly with changes in calcium concentration (Shintani et al., 2020). We named CRH the property of the contractile rhythm of HSOs that keeps the period constant even though the waveform changes in response to changes in calcium concentration. As mentioned above, sarcomere in the HSOs state, which repeats contraction and relaxation in a cycle close to the heartbeat, has a calcium concentration change responsiveness (Shintani et al., 2015; Shintani et al., 2020). Therefore, it is thought to synchronize in response to changes in calcium concentration in the heart cycle derived from the periodic excitement of cardiac pacemaker cells. We suspect that this synchronization of calcium concentration changes and mechanical sarcomeric oscillations is the basic state of the myocardial contractile system that supports the heartbeat.
In fact, in a mathematical model that reproduces HSOs, both sarcomere elongation and cardiac diastolic elongation of HSOs were movements based on the chained reversal stroke of myosin within the sarcomere (Washio et al., 2017; Washio et al., 2019; Shintani et al., 2020; Yoneda et al., 2021). It was a mathematical model-predicted expectation that myosin’s chained reversal strokes would cause sarcomeric oscillations (Washio et al., 2017). However, after that, it was experimentally confirmed that the reverse swing motion of myosin II existed (Fujita et al., 2019; Hwang et al., 2021).
Synchrotron radiation X-ray diffraction is a method that can measure the movement of myocardial contractile protein molecules from the beating heart in real time non-invasively (Pearson et al., 2007). In the measurement results by this synchrotron radiation X-ray diffraction method, it has been confirmed that the degree to which the myosin head moves and binds to actin with the heartbeat changes in a triangular waveform (Figure 1D, Pearson et al., 2007). Previously known sarcomeric oscillations at constant calcium concentrations were saw waveforms with slow contraction and rapid extension, but HSOs can also be oscillated in triangular waveforms with similar contraction and extension (Figure 1C, Shintani et al., 2020). The degree to which the myosin head migrates and binds to actin correlates with changes in sarcomere length. Therefore, the measurement results of the synchrotron radiation X-ray diffraction method suggest that the sarcomere in the heart continuously contracts and relaxes in a triangular waveform. Since HSOs can also continuously contract and relax with a triangular waveform of the same cycle, it is highly possible that the heartbeat utilizes the HSOs characteristics (Figures 1C,D).
From the above experimental facts, we believe that the beating heart uses HSOs to enable rapid relaxation to fill the ventricle with blood throughout diastole with each beating. And I think that the synchronization of HSOs with CRH and calcium fluctuation supports the robustness of the heartbeat.
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Striated muscle contraction is inhibited by the actin associated proteins tropomyosin, troponin T, troponin I and troponin C. Binding of Ca2+ to troponin C relieves this inhibition by changing contacts among the regulatory components and ultimately repositioning tropomyosin on the actin filament creating a state that is permissive for contraction. Several lines of evidence suggest that there are three possible positions of tropomyosin on actin commonly called Blocked, Closed/Calcium and Open or Myosin states. These states are thought to correlate with different functional states of the contractile system: inactive-Ca2+-free, inactive-Ca2+-bound and active. The inactive-Ca2+-free state is highly occupied at low free Ca2+ levels. However, saturating Ca2+ produces a mixture of inactive and active states making study of the individual states difficult. Disease causing mutations of troponin, as well as phosphomimetic mutations change the stabilities of the states of the regulatory complex thus providing tools for studying individual states. Mutants of troponin are available to stabilize each of three structural states. Particular attention is given to the hypertrophic cardiomyopathy causing mutation, Δ14 of TnT, that is missing the last 14 C-terminal residues of cardiac troponin T. Removal of the basic residues in this region eliminates the inactive-Ca2+-free state. The major state occupied with Δ14 TnT at inactivating Ca2+ levels resembles the inactive-Ca2+-bound state in function and in displacement of TnI from actin-tropomyosin. Addition of Ca2+, with Δ14TnT, shifts the equilibrium between the inactive-Ca2+-bound and the active state to favor that latter state. These mutants suggest a unique role for the C-terminal region of Troponin T as a brake to limit Ca2+ activation.
Keywords: cardiomyopathy, troponin, striated muscle, states of actin, troponin T, troponin I, acrylodan tropomyosin, muscle contraction regulation
THE SCOPE OF TROPONIN MUTANTS
Naturally occurring mutants of troponin have been identified that stabilize each of the states of regulated actin. Those states of actin have different abilities to stimulate myosin ATPase activity. In addition to giving insight into muscle disorders, these mutants have provided tools to study normal muscle function and regulation. The use of troponin mutants as tools will be apparent in the first part of this document as we review concepts of regulation, the states of regulated actin and quantitation of those states. These concepts are essential as the mutants of troponin that we studied function by changing the distribution of those actin states.
REGULATION OF CONTRACTION
Muscle movement occurs as two filamentous protein complexes (myosin and actin) slide past each other in a process that is driven by the concentration gradient of ATP and the free energy of ATP hydrolysis. Actin binding to myosin greatly increases the rate of ATP hydrolysis by myosin; the conformational changes that occur during the cycle of ATP hydrolysis are coupled to force production. Cardiac and skeletal muscles are regulated primarily through modulation of the cofactor activity of actin through tropomyosin and troponin. This modulation may be fine-tuned by post translational modification such as phosphorylation of sites in TnI and TnT (Noland et al., 1989; Kobayashi and Solaro, 2005) and tropomyosin (Rao et al., 2009). Additional regulation may occur via C protein (Harris et al., 2004) or nebulin (Root and Wang, 2001). Phosphorylation of myosin light chains plays a modulatory role even in striated muscle (Sweeney and Stull, 1990). Here we limit our comments to regulation that occurs through the actin binding proteins tropomyosin and troponin.
Actin Based Regulation
Actin filaments from striated mammalian muscle have tropomyosin bound along the length of both sides of the double actin helix (Figure 1). Each tropomyosin molecule covers seven actin protomers. A troponin complex is bound to each tropomyosin. The troponin complex contains 3 subunits: TnT (tropomyosin binding), TnI (inhibitory) and TnC (calcium binding). The inhibitory region of TnI and the C-terminal region of TnI remain bound to actin, in the relaxed state, resulting in positioning tropomyosin on the outer edge of the actin helical groove (intersection of the white and grey actin strands). Ca2+ binding to TnC opens a hydrophobic patch to which the switch region of TnI can bind (Herzberg and James, 1985) thus moving TnI away from actin (see the light blue region in Figure 1) and permitting tropomyosin to exist in an equilibrium between an inactive state and an active state that can support high ATPase activity and movement.
[image: Figure 1]FIGURE 1 | View of actin (grey and white), tropomyosin (orange), TnT (green), TnC (yellow) and TnI (blue) with the inhibitory region of TnI (light blue). Also shown are Cys 190 of tropomyosin (pink) and Cys 374 of actin (black). The coordinates for this figure were taken from PDB deposition 6kn7 (low calcium) and 6kn8 (high calcium) (Yamada et al., 2020). Superimposed on this figure is a possible location of the C-terminal basic region of TnT (green dashed ribbon). This ribbon extends from the end of the IT helix. Both the inhibitory region of TnI and the C-terminal basic region of TnT move away from actin-tropomyosin in the Ca2+-bound state. Actin filaments containing HAHA TnT at low free Ca2+ would resemble the wild type at high Ca2+ in some respects (see text). Note that the tropomyosin and troponin on the opposite face of the actin filament are not shown for clarity.
The Role of Calcium and Force Producing Crossbridge Attachment
Calcium alone increases the kcat for ATPase activity by about 18-fold and decreases the KM for actin by about 2-fold, giving about a 36-fold activation at low actin concentrations (Chalovich and Eisenberg, 1982; El-Saleh and Potter, 1985). Full activation occurs when force producing myosin crossbridges accumulate and bind to actin and fix tropomyosin in the active state. The ATPase rate can be increased a further 4-fold or more by allowing binding of “activating” or force producing-like myosin subfragments to actin such as occurs when myosin subfragment-1 has bound ADP. We will describe this in more detail in the following section.
Initial observations of the activating effects of force producing crossbridges were at low ATP levels where myosin-ADP levels could rise and stabilize the active state of regulated actin filaments. Limiting experimentation to very low ATP concentrations precluded some questions of physiological significance as physiological levels of ATP are high relative to ADP. For example, determining the effects of the regulatory proteins on the binding of myosin to actin or on the kinetic constants that define actin activated ATP hydrolysis during contraction must be measured at saturating concentrations of ATP.
Activation With N-Ethylmaleimide Labeled S1 (NEM-S1)
One way to study the role of both Ca2+ and “force producing” crossbridges, under saturating ATP conditions, is to dope the system with myosin or myosin subfragments that were treated with the sulfhydryl alkylating reagent N-ethylmaleimide (NEM). S1 that is extensively modified with NEM binds with high affinity to regulated actin even at saturating ATP levels and is able to activate regulated actin under those conditions (Pemrick and Weber, 1976; Meeusen and Cande, 1979; Heeley et al., 2006).
The activating effect of NEM-S1 does not stem directly from its high affinity but results from a change in the way that some chemical forms of S1, like NEM-S1, bind to actin as the free Ca2+ level increases. NEM-S1 binds more tightly to regulated actin at high free Ca2+ levels whereas S1-ATP binds with about the same affinity irrespective of the free Ca2+ level (Chalovich and Eisenberg, 1982; Kraft et al., 1995). Furthermore, increasing saturation of regulated actin with the stable S1-ATP analogue, pPDM-S1-ATP, at low ionic strength is not cooperative (Chalovich et al., 1983). However, S1-AMP-PNP binding to regulated actin is cooperative over the same level of saturation of actin sites even with the affinity of binding adjusted to the same level by using a higher salt concentration (Chalovich et al., 1983). Cooperativity occurs because of a transition from a low affinity state to a high affinity state of the regulated actin. S1-ATP and pPDM-S1-ATP bind with a similar affinity to both actin states so no stabilization of the high affinity state of actin occurs. Thus, we often distinguish chemical and nucleotide states of myosin as either being “activating” or “non-activating.” S1-AMP-PNP, S1-ADP, NEM-S1 and rigor S1 are activating while S1-ATP, S1-ADP-Pi and pPDM-S1-ATP are non-activating states. More will be said about this cooperative transition in the discussion of mutations that increase activation at all Ca2+ levels.
The additional activation that NEM-S1 provides over activation by Ca2+ occurs largely because of a decrease in the KM for actin (Williams et al., 1988). Note that the KM is the actin concentration required to reach ½ of the Vmax and should not be confused with binding affinity. The affinity of unmodified S1-ATP for regulated actin was not appreciably increased by the presence of activating levels of NEM-S1.
It is interesting that the combination of two cardiomyopathy associated mutants, Δ14-TnT and A8V-TnC, together yield full activation by Ca2+ without the need of high affinity attachment of myosin to actin (Baxley et al., 2017). This is a clue that activation by force producing crossbridge binding and by mutations of troponin may share a common mechanism. The C-terminal region of TnT is essential for the ability of activating crossbridges to increase contractile activity.
DISORDERS OF SKELETAL AND CARDIAC MUSCLE REGULATIORY PROTEINS
Many naturally occurring mutants of tropomyosin and troponin produce defects in regulation that lead to contractile dysfunction. Some mutations affect protein folding or binding affinity leaving some actin units unregulated. Other mutations create regulatory complexes that have: 1) decreased activation at all Ca2+ levels 2) decreased activation at saturating Ca2+ but increased activation at low free Ca2+ or 3) increased activation at all Ca2+ levels. Several examples of these three classes have altered equilibrium constants among the inactive and active states of regulated actin (Chalovich, 2012; Lehrer and Geeves, 2014). Altering the distribution among the states of regulated actin is reasonable as it is troponin that stabilizes tropomyosin into the various positions on actin that define the states.
Our survey of mutations of TnT and TnI showed that five TnT mutants, associated with dilated cardiomyopathy, have decreased Ca2+ sensitivity. It is likely that these mutations stabilize the inactive states of regulated actin. Fifteen mutants of TnT and six mutants of TnI, associated with hypertrophic cardiomyopathy, have increased Ca2+ sensitivity; those mutants likely stabilize the active state. The association between the effect of mutations on Ca2+-sensitivity and the type of disorder has been previously noted (Robinson et al., 2002), (Robinson et al., 2007). Several mutations of TnI had a mixed effect on Ca2+ sensitivity that could be explained by stabilization of an inactive intermediate state. Before exploring these cases in detail, it is necessary to discuss the states of regulated actin and how they are measured.
States of Regulated Actin
Many studies support the idea that troponin controls the ability of actin to accelerate myosin ATPase activity by changing the position of tropomyosin on actin (Huxley, 1972; Haselgrove, 1972); Parry and Squire, 1973; Wakabayashi et al., 1975; Pirani et al., 2005). Although the regulation of ATPase activity can be described by two states (inactive and active) (Hill et al., 1981), there appear to be three structurally distinct positions of tropomyosin on actin separated by relatively low energy barriers (Poole et al., 2006; Risi et al., 2017). Two of these three structural states are degenerate in terms of their inability to support rapid ATP hydrolysis by myosin (Johnson et al., 2016). The merits of two state (Heeley et al., 2019) vs. 3 state (Geeves et al., 2019) models have recently been discussed.
A 1981 model described two classes of states: 1 (inactive) and 2 (active). State 1 had two substates: one without Ca2+ and the other with bound Ca2+. A later model (McKillop and Geeves, 1993) described three states: blocked (B), closed or calcium (C) and either O (open) or M (myosin stabilized). Although the models differ in some fundamental respects, the states appear to be equivalent. Others make a further distinction between the active state stabilized by Ca2+ or by rigor myosin binding (Lehrer and Geeves, 2014). The ATPase activity of myosin is proportional to the fraction of actin in the active state. When myosin-linked regulation is present, the rate is also proportional to the fraction of myosin in the active state. We will not deal with myosin-linked regulation here.
Determining the Fraction of Each Actin State
Quantitation of the active state is most confidently done by measuring a relative activity such as ATPase activity. The fraction of actin in the active state, FA, is then given by (vobs—vmin)/(vmax—vmin) where vobs is the measured ATPase rate, vmin is 0.67* the rate with zero calcium added and in the presence of EGTA, vmax is the rate measured at saturating Ca2+ and NEM-S1 and at the same actin concentration used in the other measurements. The term 0.67 comes from the rate of ATPase activity with a phosphomimetic mutant of TnI having Glu replacing the 3 phosphorylatable residues (Mathur et al., 2008). This lower rate may better reflect the inactive state. The value of vmax can be estimated by stabilizing the active state with both Ca2+ and activating or force-producing type crossbridges. The use of NEM-S1 to stabilize the active state (mentioned earlier) may involve rather large corrections (Baxley et al., 2017). By using Δ14-TnT, FA is increased from 0.25 to 0.7 with Ca2+ alone. Thus, small amounts of NEM-S1 are sufficient to reach full activation and the corrections are minimized. The combination of Δ14-TnT and A8V-TnC gives FA = 1 without the need of NEM-S1 at all (Baxley et al., 2017).
Actin filaments in the two inactive states can be distinguished based on differences in the rate of non-ATP containing myosin S1 binding to regulated actin in the presence and absence of Ca2+ (Trybus and Taylor, 1980; McKillop and Geeves, 1993), by the use of environmentally sensitive probes on tropomyosin (Ishii and Lehrer, 1993; Gafurov and Chalovich, 2007; Borrego-Diaz and Chalovich, 2010) and by FRET between different proteins of the thin filament (Shitaka et al., 2004; Shitaka et al., 2005; Johnson et al., 2019). However, there is uncertainty in quantitating the relative populations of the two inactive states because we do not know the values of these parameters when actin is 100% in each of the two inactive states. That is, at low Ca2+ there is a mixture of the two inactive states while at saturating Ca2+ there is a mixture of the two Ca2+-bound states, one inactive and one active.
One approach to determining the fraction of each of the inactive states is to use a model of regulation to calculate the values based on a series of assumptions. This approach was taken for estimating the state distribution based on the kinetics of ATP-free S1 binding to regulated actin (McKillop and Geeves, 1993). In that study, the values of the parameters Kb, K2 and n were fixed at what were seen to be reasonable values, the rate of binding to the inactive-Ca2+-free state (B state) was set to zero and the rate of binding to actin in the presence of saturating Ca2+ (a mixture of the C and O states) was assumed to be at its maximum value. Although useful, such estimates are model dependent. Relaxing the restrictions led to different estimates of the actin distributions (Gafurov et al., 2004a). Furthermore, the assumption that Ca2+ is sufficient to produce the maximum rate of binding does not appear to be true with cardiac regulatory proteins (Gafurov et al., 2004a).
While current measurements of actin state distributions are imperfect, these methods accurately report changes in the distribution of states. These methods are also invaluable for measuring the kinetics of state transitions (Shitaka et al., 2005; McKillop and Geeves, 1993; Borrego-Diaz and Chalovich, 2010; Johnson et al., 2019).
TROPONIN MUTANTS SERVE AS BENCHMARKS OF ACTIN STATES AND DEMONSTRATE ADDITIONAL COMPLEXITIES OF REGULATION
Because some troponin mutants stabilize a particular state of actin, they can be used to calibrate measurements of actin state distributions. The S45E mutation of TnI gives a better estimate of the inactive amplitude as it gives a signal for acrylodan tropomyosin fluorescence 1.3x the wild type amplitude (Franklin et al., 2012). It is yet unclear if this represents 100% occupancy of the inactive-Ca2+-free state. Stabilization of a state that is functionally similar to the inactive-Ca2+-bound state can be achieved using Δ14-TnT mutant at low Ca2+ levels. The fully active state can be stabilized with the combination of A8V TnC and Δ14 TnT. A description of these and other mutants is given below.
Mutations That Decrease Activation at all Ca2+ Levels
The example that we give here is not that of a disease-causing mutation but of the simulation of a normal regulatory event. PKC pseudo-phosphorylation of TnI at Ser-43, Ser-45 and Thr-144 (mouse sequence) reduces Ca2+ sensitivity and ATPase activity (Burkart et al., 2003). Actin filaments containing TnI with Glu inserted at positions 45, 43 and 45 or 43, 45 and 144 all had reduced ATPase activities which were especially pronounced at saturating Ca2+ (Mathur et al., 2008). The rates at saturating Ca2+ approached the same maximum limit as wild type upon activation with NEM-S1. Thus, the decreased rate was likely due to stabilization of the inactive state of regulated actin. The S45E mutant had a rate 0.89 times wild type while the 43/45/144 mutant was even lower at 0.67 times the wild type rate. Our working assumption is that the minimum value of ATPase activity, at low free Ca2+ is 0.67x the wild type rate. As already stated, the amplitude of acrylodan-tropomyosin fluorescence of S45E-TnI was 1.3x that of wild type actin filaments. Together with the lower ATPase activity observed with S45E-TnI, it is clear that wild type troponin does not fully stabilize the inactive-Ca2+-free state.
The idea that these phosphomimetic mutants stabilize the inactive-Ca2+-free state was reinforced by comparing the equilibrium binding of S1-ADP to actin filaments containing wild type and mutant TnI. Binding to actin filaments containing mutant TnI had a more sigmoidal cooperative binding curve than did wild type actin filaments. Increasing the fraction of actin filaments in the low affinity state has the effect of exaggerating the cooperative transition. The affinity of regulated actin containing the 45 and 43/45/144 mutants for Ca2+ was also decreased as expected for stabilization of the inactive state. Thus, it appeared that these phosphomimetic mutants of TnI shifted the equilibrium constants among the states to favor the inactive state.
Mutations That Decrease Activation at Saturating Ca2+ but Increase Activation at Low Free Ca2+: Stabilization of an Inactive Intermediate State
Several missense mutations of TnI are associated with hypertrophic cardiomyopathy (Kimura et al., 1997). The R146G mutations were shown to reduce regulation with an elevated fiber force at low free Ca2+ levels and a depressed force at saturating Ca2+ (Lang et al., 2002). These TnI mutants increased Ca2+ sensitivity. The D191H, R146G and R146W mutations of mouse TnI stabilized the active state at low free Ca2+ and the inactive state at saturating Ca2+ (Mathur et al., 2009). The effects of R146G-TnI could not be attributed to a change in affinity for actin-tropomyosin. We proposed that these mutations of TnI stabilized a form of regulated actin that was between the inactive and active states (Mathur et al., 2009).
The intermediate state of regulated actin that was stabilized by R146G-TnI was inactive toward stimulating myosin catalyzed ATPase activity (Mathur et al., 2009). This state had been assumed to be inactive in models of regulation of ATPase activity (Hill et al., 1981) and of myosin S1 binding to regulated actin (McKillop and Geeves, 1993).
R146G and R146W occur within the inhibitory region of TnI that is essential for forming the inactive-Ca2+-free state. The inhibitory region (Tao et al., 1990) and the COOH terminal mobile region of TnI (Tripet et al., 1997) are bound to actin in the inactive-Ca2+-free state and are released at saturating Ca2+ levels. Other residues within the inhibitory region of TnI are likely to have an equal or greater effect on activity than the R146 mutations (Van Eyk and Hodges, 1988). Elimination of the inhibitory region of TnI is sufficient to eliminate the inactive-Ca2+-free state. However, the inhibitory and COOH regions of TnI are insufficient to form the inactive- Ca2+-free state of regulated actin. Rather, the C-terminal basic region of TnT is also required as shown later in this document.
Mutations That Increase Activation at all Ca2+ Levels
Hypertrophic cardiomyopathy is most often associated with those mutations of troponin that cause an increase in Ca2+ activation (Robinson et al., 2007). These mutants are characterized by increased sensitivity to Ca2+ in muscle fiber preparations and an increase in actin-activated ATPase activity in solution studies. We have focused our attention on one TnT mutation that gives the largest increase in activity that we are aware of, that is Δ14-TnT.
Two splice variants of TnT were identified in a family that resulted in a deletion of the last 14 amino acids of TnT (Δ14-TnT) in one case and that replaced the last 28 amino acids with a novel stretch of 7 amino acids in the other case (Thierfelder et al., 1994). Muscle fibers having Δ14-TnT had an increased activity (Nakaura et al., 1999) and had an increased response to both Ca2+ and to high affinity, ATP-free myosin binding (Stelzer et al., 2004). The actin activated ATPase activity produced with actin filaments containing Δ14-TnT was higher than that with wild type filaments at both low and high Ca2+ concentrations (Gafurov et al., 2004b; Baxley et al., 2017) provided that the actin concentration was sub-saturating. The rates of wild type filaments and those containing Δ14-TnT were also the same when maximum activation was achieved by the addition of NEM-S1 (Gafurov et al., 2004b; Baxley et al., 2017).
Some hypertrophic cardiomyopathy mutations of TnC also moderately enhance Ca2+ activation of ATPase activity and sensitize fibers to Ca2+ (Landstrom et al., 2008). Whereas Δ14-TnT increased the actin activated ATPase activity by 2.2-fold, A8V-TnC increased the rate by 1.8-fold (Baxley et al., 2017). The combined effects of A8V-TnC and Δ14-TnT increased the ATPase activity 3.2-fold giving a rate identical to that of wild type filaments that were fully activated with Ca2+ and NEM-S1 (Baxley et al., 2017). These results suggest that troponin has the inherent ability to stabilize the active state of actin (Baxley et al., 2017) as well as the more well-known ability to stabilize the inactive state at low Ca2+ levels. The basic C-terminal region of TnT attenuates the stabilization of the active state that would otherwise occur at saturating Ca2+. Higher animals having the CB region have gained a dual activation system requiring Ca2+ and force producing crossbridges (Johnson et al., 2020).
The ATPase rates used to estimate the activation by Ca2+ were measured at low actin concentrations so that the values obtained were proportional to kcat/KM. When ATPase rates were measured with increasing concentrations of regulated actin, the values with Δ14-TnT-A8V-TnC and with actin in the absence of tropomyosin or troponin approached the same maximum rate. Troponin-tropomyosin increases the effectiveness of actin as a cofactor in accelerating ATPase activity by decreasing the KM, that is the concentration of regulated actin required to reach half of the maximum rate. This agrees with an earlier study that used NEM-S1 to fully activate the system (Williams et al., 1988). That study showed that the decrease in KM occurred without a change in the affinity of S1-ATP for regulated actin.
This brings up a point that is incompletely understood. Ca2+ increases the ATPase activity of regulated actin primarily by increasing the kcat, with little change in KM or in affinity of S1-ATP for actin (Chalovich and Eisenberg, 1982). Reaching full activation by using NEM-S1 or Δ14-TnT and A8V-TnC increases the rate another 3-4-fold and that increase occurs primarily with a decrease in KM with a smaller change in kcat and no appreciable change in S1-ATP affinity for actin (Williams et al., 1988). If these increases in rate are due only to the increase in the population of actin in the active state, then one would have expected full activation to also be driven primarily by an increase in kcat.
Further evidence that the Δ14 mutant of TnT stabilizes the active state of regulated actin came from studies of equilibrium binding of myosin S1 to regulated actin. The affinity and shape of the binding curves are dependent on the free Ca2+ level, ionic strength and nucleotide bound to S1 (Greene and Eisenberg, 1980), (Chalovich et al., 1983). At low free Ca2+ levels, binding of species such as S1-AMPPNP, S1-ADP and rigor S1 increases in a sigmoidal fashion as the free concentration of S1 increases. This occurs, as was stated earlier, because the regulated actin exists in an equilibrium between a lower affinity form and a higher affinity form for binding of non-ATP containing species of S1 with the lower affinity form being favored at low free Ca2+ (Hill et al., 1980). The binding of activating species of S1 stabilizes the higher affinity form of regulated actin in a cooperative manner. Binding is characterized by the equilibrium constant between the two binding configurations of regulated actin, the cooperativity of the transition and the affinities of the low and high affinity states for actin (Hill et al., 1980).
Replacing Δ14-TnT for wild type TnT made the binding in the virtual absence of Ca2+ become more similar to that observed at saturating Ca2+ (Gafurov et al., 2004b). Removing the C-terminal 14 amino acid residues from human cardiac TnT stabilized the high affinity configuration of actin over a range of ionic strengths (L’ increased in the Hill model). That is, the C-terminal region of TnT stabilized the low affinity binding state of regulated actin.
HAHA-TnT and Other Constructs of Troponin T for the Study of Regulation
Just as NEM-S1 was created as a tool for studying activation by “activating” myosin species, HAHA-TnT was designed to permit study of the involvement of TnT in that activation. HAHA stands for High Ala, High Activity. HAHA-TnT was created by replacing the Lys and Arg residues in the CB region of cardiac or skeletal TnT (in bold in Table 1) with Ala. This produces a TnT that has effects on regulation much like those of Δ14-TnT without eliminating the entire C-terminal region (Johnson et al., 2019). We also produced 289C-HAHA-TnT that has an added C-terminal Cys residue that can incorporate reporter groups. The wild type control for the 289C-HAHA-TnT is 289C-TnT. Reporter groups have also been placed on 275C of both HAHA and wild type TnT.
TABLE 1 | Mammalian C-terminal troponin T sequences compared with the C-terminal TnI sequence.
[image: Table 1]Actin Filaments Containing Δ14-TnT or HAHA-TnT do Not Occupy the Inactive-Ca2+-free State in the Virtual Absence of Ca2+
Wild type regulated actin filaments containing acrylodan-labeled tropomyosin show an increase in fluorescence when they progress to the inactive-Ca2+-free state. There was no such fluorescence change with regulated actin containing either Δ14-TnT (Franklin et al., 2012), or 289C-HAHA-TnT (Johnson et al., 2019) indicating that the inactive-Ca2+-free state (or B state) was not formed.
The S45E mutant of TnI that stabilizes the inactive-Ca2+-free state and gives a 30% enhancement of the acrylodan-tropomyosin signal did not rescue the total absence of signal with Δ14-TnT (Franklin et al., 2012). The lack of additivity suggests that the C-terminal region of TnT is essential for forming the inactive-Ca2+-free state. We predict from these observations that the CB region of TnT stabilizes the binding of the switch and C-terminal regions of TnI to the actin filament. That hypothesis is supported by FRET measurements between these regions of TnI and both actin-374 and tropomyosin-190 (Zhu et al., 2022).
DETERMINATION OF FUNCTIONAL REGIONS WITHIN THE C-TERMINUS OF TNT
Both the N- and C-terminal regions of TnT have regulatory roles. The N-terminal region of TnT is isoform specific and alters the properties, such as Ca2+ sensitivity, to specific muscle types (Jin, 2016). The constancy of the C-terminal region suggests that it functions on a more basic level to maintain normal regulation. The CB region of TnT does vary among animal species and that may give clues to its function.
The C-terminal region of TnT from mammals shows a preponderance of basic residues and a terminal sequence of GRWK (Table 1). The inhibitory region of TnI is also highly basic and there is a suggestion of an evolutionary link between these regions (Brunet et al., 2014). Such patches of basic residues may indicate that electrostatic interactions involving the C-terminal region of TnT may be important in its observed functions.
Figure 2 shows that the CB region of TnT is highly conserved in cardiac muscle of mammals. Reptiles, birds, amphibians, and fish have different C-terminal sequences but maintain a large number of basic residues. Based on the results of stepwise truncation of residues from the C-terminal of cardiac TnT, the limitation of Ca2+ activation is proportional to the fraction of basic residues conserved (Johnson et al., 2018). Some fish TnT have a C-terminus that is highly basic while lacking the terminal GRWK.
[image: Figure 2]FIGURE 2 | Cladogram of the last 17 residues of cardiac TnT. The mammalian sequences are all identical. They contain seven basic residues within this 17 residue stretch and have a terminal GRWK. Sauria have 65% sequence conservation with 6 basic residues and a terminal GRWK. Amphibia are 41% conserved with five basic residues and a terminal GRWK. Actinopterygii have 18% sequence conservation but have seven basic residues with the terminal sequence GLRK. Protostomia lack the C-terminal basic region altogether. Note that the Protostomia have the same type of TnT in all striated muscles.
The basic C-terminal region is absent in Protostomia. Some members of Protostomia have a long stretch of Glu residues at their C-terminal. There is evidence that this acidic region is a Ca2+ buffer that assists the high frequency oscillations of insect flight muscle (Cao et al., 2020). It is interesting, in this regard, that the flight muscle of some birds also has a long stretch of Glu residues but at the N-terminal region (Jin et al., 2008). It will be interesting to see how the regulatory properties of avian and mammalian TnT compare.
Mutants of TnT Demonstrate the Importance of Overall Positive Charge of the CB Region
To identify key residues within the CB region of TnT, we made a series of C-terminal truncation mutants. Figure 3 shows the approximate fraction of regulated actin in the active state and in the inactive-Ca2+-free state as a function of the number of deleted positive charges. At saturating Ca2+, the fraction of regulated actin in the active state increased in roughly a linear fashion as the CB region was shortened. Likewise, the fraction of regulated actin in the inactive-Ca2+-free state decreased in a linear manner as the number of positive charges was reduced. These data show that the basic residues are responsible for stabilizing the inactive state at low Ca2+ and for destabilizing the active state at saturating Ca2+. That the loss of positive charges from the C-terminal region of TnT can produce an activating effect has also been shown with the R278C mutation (Morimoto et al., 1999), (Szczesna et al., 2000), the K273E mutation (Venkatraman et al., 2003), (Messer et al., 2016) and the K280N mutation (Messer et al., 2016).
[image: Figure 3]FIGURE 3 | C-Terminal TnT Charge Effects on Actin Filament States. The fraction of actin in the active state at saturating Ca2+ was determined by ATPase assays (green circles). The fraction of actin in the inactive state in the virtual absence of Ca2+ was determined by acrylodan tropomyosin fluorescence (red squares). Data were obtained from earlier publications (Johnson et al., 2018), (Johnson et al., 2019) with linear least square fits (solid lines) and 95% confidence limits (broken lines).
The rate of rigor S1 binding to regulated actin containing wild type cardiac troponin was about 4-fold faster at high Ca2+ than at low free Ca2+ indicating that the C and M states (inactive-Ca2+-bound and active states) permit faster binding (Trybus and Taylor, 1980), (McKillop and Geeves, 1993). The rate of binding of rigor S1 to actin filaments containing 289C-HAHA at low Ca2+ was similar to that observed with wild type regulated actin at saturating Ca2+. That is, removal of the C-terminal basic residues of TnT increased the occupancy of these faster binding states. It was also interesting that the rate of binding of rigor S1 to 289C-HAHA containing actin filaments at saturating Ca2+ was 1.8x that of wild type at saturating Ca2+. That is, with cardiac troponin, the rate of binding to actin in the active state (M state) is faster than to actin in the inactive-Ca2+-bound state (C state) (Johnson et al., 2019). That difference was not observed in the case of skeletal troponin (Lopez Davila et al., 2020).
The HAHA mutant of TnT had other similarities to Δ14 TnT. For example, the acrylodan-tropomyosin fluorescence assay failed to detect evidence of the B state in the virtual absence of Ca2+ (Johnson et al., 2019). However, the ATPase activity remained very low indicating that the active state was not populated. We concluded that actin filaments containing HAHA TnT exist in a state that is functionally like the C (inactive-Ca2+-bound) state even at low free Ca2+.
HAHA TnT increased the ATPase activity at saturating Ca2+ over values obtained with wild type actin filaments. Placing 289C-HAHA TnT into a cardiac fiber preparation increased the Ca2+ sensitivity by 0.24 pCa units. Overall, HAHA TnT behaved similarly to Δ14 TnT.
The Cys residues engineered into the CB region of TnT made it possible to follow changes in this region. The transition from the inactive-Ca2+-bound state of wild type actin filaments to the inactive-Ca2+-free state was accompanied by movement of TnT-289 toward tropomyosin-190 (Johnson et al., 2019). Furthermore, the apparent rate constant of this transition was similar to the rate constant for acrylodan tropomyosin fluorescence over a range of temperatures. When the same study was done with 289C-HAHA-TnT there was no change in FRET as removal of the basic residues made it virtually impossible to occupy the inactive-Ca2+-free state.
Muscle Fiber Studies Confirm the Role of Positively Charged Residues Within the CB Region of TnT
The previous solution studies raise an interesting question of how muscle contraction would change if there were no B state and if Ca2+ gave ≥ 3-fold greater activation of ATPase activity than normally observed. This question was examined with the in vitro motility assay and with a cardiac fiber preparation (Johnson et al., 2020).
Actin filaments containing Δ14-TnT had an enhanced rate of movement at both low and high Ca2+ levels (Johnson et al., 2020). The maximum speed of movement was about 1.8x faster than wild type at saturating Ca2+. There was no movement of wild type filaments at low Ca2+ but Δ14-TnT-containing filaments moved at 13% of the maximum observed rate. No change in Ca2+ sensitivity was observed.
Cardiac muscle fiber preparations containing Δ14-TnT produced the same maximum force as fibers with wild type troponin and had an increased Ca2+ sensitivity by 0.2 pCa units (Gafurov et al., 2004b). Fibers containing both Δ14-TnT and A8V-TnC produced about 18% more force than fibers with wild type troponin (Johnson et al., 2020). Both Δ14-TnT and the combination of Δ14-TnT & A8V-TnC increased the basal activity by about 3-fold and increased the Ca2+ sensitivity by 0.3–0.34 pCa units.
Taken together, these results show that eliminating the inactive-Ca2+-free state results in increased basal activity. The force produced by fiber preparations increased at all Ca2+ levels. The results of the solution assays and the in vitro motility assay were very similar; in both cases the loads were small as were the number of attached myosin molecules. Muscle fiber preparations had greater activation at low Ca2+ levels but did not have large increases, over wild type, in maximally activated force.
Many of these results were recapitulated in skeletal troponin-tropomyosin using a skeletal version 251C-HAHA-TnT or Δ16 skeletal TnT (Lopez Davila et al., 2020). Effects of the loss of charges at the C-terminal region of skeletal TnT included increased ATPase activity at low and high Ca2+, loss of the acrylodan tropomyosin fluorescence increase in transitioning to the B state, and an increase in Ca2+ sensitivity by 0.8–1.2 pCa units. Skeletal fibers containing the mutant TnT varieties produced force even at pCa 7.5 where fibers are normally relaxed. The C-terminal basic region of skeletal TnT, like that of cardiac TnT, is required for forming the inactive-Ca2+-free state and for limiting the activation by Ca2+.
TROPONIN STRUCTURE ALTERATION BY MUTATIONS
Regulation of mammalian striated muscle contraction involves alterations in protein-protein contacts among TnC, TnI, TnT, tropomyosin and actin. Because the CB region of TnT causes large changes in the response to Ca2+, it seems likely that substantial changes in these protein-protein associations also occur. We investigated Ca2+-dependent changes in the CB region of TnT and the effect that the CB region has on the well documented changes in TnI contacts that occur during activation. The CB region is natively unstructured and is invisible in high resolution structures of troponin. We utilized Förster Resonance Energy Transfer (FRET) to monitor changes in the CB region of TnT and to map the changes that the CB region of TnT produces in other key regions of troponin.
Readers may wish to consult more detailed descriptions of troponin structure than are present in this manuscript. A detailed description of the structure of a large part of the troponin complex is available (Takeda et al., 2003). Most recently, the structure of much of regulated actin complex has been published (Yamada et al., 2020) along with a helpful commentary on that structure (Tobacman, 2021). Several reviews, while predating the most recent findings, are useful for understanding the key regions of the components (Marston and Zamora, 2020; Cheng and Regnier, 2016). The latter paper includes a useful diagram of the troponin components showing the position of many mutations along the primary structure.
The CB Region of TnT is Localized Near Actin-Tropomyosin in the Inactive State
FRET measurements showed that in forming the inactive-Ca2+-free state from the inactive-Ca2+-bound state, CB residues 275 and 289 approach tropomyosin-190 (Johnson et al., 2019; Zhu et al., 2022). Residue 275 was closer to tropomyosin-190 than residue 289 of TnT.
These FRET results as well as the effects of truncating residues from the C-terminal region of TnT suggest that the C-terminal 14 amino acids of human cardiac TnT are important for positioning tropomyosin in the inactive state. The C-terminal region of TnT likely binds to actin or tropomyosin in order to hold tropomyosin in the inactive state (or bind to a position that blocks tropomyosin movement into the active states). Other data suggests that a site in the C-terminal region of TnT binds to tropomyosin near Cys 190 under conditions of very low free Ca2+ (Morris and Lehrer, 1984). That second tropomyosin binding site of TnT was reported to be between residues 197 and 239 of human cardiac TnT (Jin and Chong, 2010), or within the terminal 31 residues (Pearlstone and Smillie, 1981), or within the terminal 17 residues (Tanokura et al., 1983).
Further FRET studies showed that Ca2+ binding to TnC caused the CB region of TnT to move away from actin as well as from tropomyosin (Zhu et al., 2022). That is, there appears to be a coordinated movement of regions of TnT and TnI away from actin-tropomyosin upon Ca2+ binding. The extent of movement of the CB region away from actin-tropomyosin increased when Ala replaced the basic residues within the CB region of TnT. This further movement reflects the shift from about 30% occupancy of the active state to 70% occupancy under these conditions.
The Location of the CB Region of TnT in the Active State
Ca2+ binding to the regulatory site(s) of TnC opens a hydrophobic pocket to which the switch region of TnI can bind (Herzberg and James, 1985) but it was unclear whether this was sufficient to release the inhibitory region of TnI from actin. There is an indication that the N-lobe of TnC is able to nudge the inhibitory region of TnI off of actin (Tobacman, 2021) allowing the switch region of TnI to bind to the hydrophobic pocket of TnC.
The CB region of TnT might also bind near the N-lobe of TnC in the active state (Johnston et al., 2019). However, FRET measurements show that the CB region of TnT remains far from TNC at both low and high free Ca2+ levels (Zhu et al., 2022). Because of the potential importance of the CB region in regulation, this discrepancy must be resolved.
The CB Region of TnT is Critical for Normal Changes in TnI Interactions
Removal of the basic residues of the CB region of TnT caused the switch and inhibitory regions of TnI to move away from actin-tropomyosin in the same manner observed with Ca2+ binding to wild type regulated actin filaments. Formation of the inactive-Ca2+-bound state requires both the inhibitory region on TnI (Van Eyk and Hodges, 1988) and the long C-terminal region of TnI (residues 164–210), known as the mobile region (Ramos, 1999), (Wong et al., 2019). Now it appears that the CB region of TnT is also required to position tropomyosin into the inhibitory position. The ribbon diagram of the CB region of TnT in Figure 1 illustrates the possible change in position of the CB region of TnT in going from the relaxed to the active, high Ca2+-state.
The basic amino acid residues in the C-terminal region of TnI also appear to be critical for forming the inactive-Ca2+-free state. Charge replacements near the end of the IT helix (TnI-R145G and TnT-R278C) increased the resting force and increased the Ca2+ sensitivity of fibers (Brunet et al., 2014). Furthermore, these effects of the I and T mutations on the inactive state were additive.
We mentioned earlier that an inactive-Ca2+-bound state forms even in the virtual absence of Ca2+ when wild type TnT is replaced with Δ14 TnT or HAHA TnT. Although that seems to be a contradiction of terms that idea is clarified by FRET studies. Actin filaments containing HAHA TnT at low free Ca2+, would have the inhibitory region of TnI (light blue in Figure 1) and the CB region of TnT (blue and black dashed curve) positioned away from actin tropomyosin as they are for wild type filaments at saturating Ca2+. The switch region of TnI is also detached from actin but is not bound to the hydrophobic pocket of TnC as opening of the hydrophobic pocket of TnC is a rare event in the absence of bound Ca2+.
FURURE PROSPECTS
Investigations of mutations of troponin have shown that having a population of regulated actin filaments with too little Ca2+ activation, too much Ca2+ activation or with too little difference between the inactive and active states (stabilization of the intermediate state) all result in cardiomyopathies. This observation complicates treatment of cardiomyopathies as it is critical to establish the natural balance. For example, the Ca2+-sensitizer Bepridil does increase activity at low free Ca2+ levels but it inhibits activity at high Ca2+ levels and seems to stabilize the inactive intermediate state of the actin filament (Varughese et al., 2011).
The many naturally occurring mutants of troponin as well as post-translationally modified forms of troponin provide opportunities to uncover additional details of actin-based regulation of contraction. The C-terminal region of TnT is an added region of TnT that limits Ca2+ activation providing additional activation possibilities upon binding of activating or force producing states of myosin. This region may be a future target for therapies. The function of the CB region of TnT is not entirely understood. Although this region is closer to actin-tropomyosin in the relaxed state than in the active state, we do not know if it is bound to either actin or tropomyosin. Even more uncertainty exists over the location of the CB region of TnT in the Ca2+ active state and in the fully active state.
The CB region of TnT reduces basal activity of regulated actin and limits Ca2+ activation in solution and decreases Ca2+ sensitivity in muscle fibers. Binding of force producing myosin crossbridges to actin restores full activation. This CB region is common in higher animal forms and its preservation suggests that this dual regulation by Ca2+ and binding of “activating” forms of myosin to actin is an advantage to the striated muscles of these organisms. It is unclear, at present, what that advantage is. A full understanding of this question requires knowledge of how all of the other modulators of contraction (phosphorylation, C protein etc.) operate together. Fortunately, troponin mutants may contribute to answering these and other questions.
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Small Molecule RPI-194 Stabilizes Activated Troponin to Increase the Calcium Sensitivity of Striated Muscle Contraction
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Small molecule cardiac troponin activators could potentially enhance cardiac muscle contraction in the treatment of systolic heart failure. We designed a small molecule, RPI-194, to bind cardiac/slow skeletal muscle troponin (Cardiac muscle and slow skeletal muscle share a common isoform of the troponin C subunit.) Using solution NMR and stopped flow fluorescence spectroscopy, we determined that RPI-194 binds to cardiac troponin with a dissociation constant KD of 6–24 μM, stabilizing the activated complex between troponin C and the switch region of troponin I. The interaction between RPI-194 and troponin C is weak (KD 311 μM) in the absence of the switch region. RPI-194 acts as a calcium sensitizer, shifting the pCa50 of isometric contraction from 6.28 to 6.99 in mouse slow skeletal muscle fibers and from 5.68 to 5.96 in skinned cardiac trabeculae at 100 μM concentration. There is also some cross-reactivity with fast skeletal muscle fibers (pCa50 increases from 6.27 to 6.52). In the slack test performed on the same skinned skeletal muscle fibers, RPI-194 slowed the velocity of unloaded shortening at saturating calcium concentrations, suggesting that it slows the rate of actin-myosin cross-bridge cycling under these conditions. However, RPI-194 had no effect on the ATPase activity of purified actin-myosin. In isolated unloaded mouse cardiomyocytes, RPI-194 markedly decreased the velocity and amplitude of contractions. In contrast, cardiac function was preserved in mouse isolated perfused working hearts. In summary, the novel troponin activator RPI-194 acts as a calcium sensitizer in all striated muscle types. Surprisingly, it also slows the velocity of unloaded contraction, but the cause and significance of this is uncertain at this time. RPI-194 represents a new class of non-specific troponin activator that could potentially be used either to enhance cardiac muscle contractility in the setting of systolic heart failure or to enhance skeletal muscle contraction in neuromuscular disorders.
Keywords: cardiac troponin activator, calcium sensitizer, inotrope, systolic heart failure, striated muscle, thin filament
INTRODUCTION
Heart failure is a common disease condition in which the heart is unable to pump enough blood to satisfy the metabolic demands of the body. Systolic heart failure, also known as heart failure with reduced ejection fraction (HFrEF), occurs when inadequate contraction results in an ejection fraction of less than 40% (Murphy et al., 2020). Over time, the heart becomes increasingly thinned and dilated, which further exacerbates muscle wall tension to impair contraction. Atherosclerotic ischemic heart disease is the most common etiology causing HFrEF (Curtis et al., 2003). In decompensated heart failure, blood pressure is often low, the perfusion of vital organs is barely adequate, and fluid accumulates throughout the body due to maladaptive sodium retention by the kidneys. The most well-established drug therapies in heart failure are diuretics to reverse volume overload and blood pressure medications that attenuate long term pathologic remodeling of the heart. What is missing from the therapeutic arsenal is an effective positive inotrope, a drug that increases the contractility of the heart, because to date no existing positive inotrope has been shown to improve survival.
The oldest therapy for heart failure, digoxin, inhibits cellular Na, K-ATPase function and increases cardiac muscle contraction through an increase in cytoplasmic calcium concentration. Digoxin therapy improves symptoms and reduces hospitalization rates for heart failure (Bourge et al., 2013), but a narrow therapeutic index has limited its use so that it is no longer a recommended therapy. The most commonly used positive inotropes in the intensive care unit, β1-agonists like dobutamine and downstream type 3/4-phosphodiesterase (PDE3/PDE4) inhibitors like milrinone increase cardiac output, but they also confer a risk of tachyarrhythmias and promote peripheral vasodilation and hypotension. Due to adverse side effects, these agents do not provide a survival benefit in chronic or acute decompensated heart failure (Tacon et al., 2012).
In theory, directly targeting the sarcomeric proteins that generate cardiac muscle contraction could enhance cardiac output with fewer side effects (Kitada et al., 1989; Wolska et al., 1996; Brixius et al., 2000; Li et al., 2000; Tikunova et al., 2010; Hwang and Sykes, 2015; Shettigar et al., 2016). Omecamtiv mecarbil is a compound that binds to cardiac myosin to stabilize its pre-powerstroke conformation (Planelles-Herrero et al., 2017). This increases the number of strong actin-myosin cross-bridges, enhancing cooperative activation of the cardiac thin filament. Though omecamtiv enhances actin-myosin interactions, it was also found to suppress the myosin working stroke (Woody et al., 2018) and to decrease actin sliding velocity in in vitro motility assay (Swenson et al., 2017), giving it a mixed activation/inhibition mechanism of action. Omecamtiv mecarbil prolongs the systolic phase of the cardiac cycle and increases the ejection fraction of the left ventricle, though it does not enhance the speed or force of contraction (Malik et al., 2011). Phase III clinical trials of omecamtiv mecarbil have not shown a statistically significant survival benefit in chronic (Teerlink et al., 2021) or acute decompensated heart failure (Teerlink et al., 2016).
It may be more advantageous to enhance activation of the thin filament without modulating the force-generating ATPase cycle of myosin (Shettigar et al., 2016). Thin filaments in cardiac sarcomeres are activated by cardiac troponin (cTn) (Li et al., 2004; Metzger and Westfall, 2004; Shettigar et al., 2016), which consists of three protein subunits: calcium-binding cTnC, actin binding inhibitory cTnI, and tropomyosin binding cTnT (Ebashi and Ebashi, 1964; Ebashi et al., 1967; Greaser and Gergely, 1973). X-ray crystallography (Takeda et al., 2003) and NMR (Sia et al., 1997) studies revealed that the cTnC subunit is a dumbbell-shaped protein with two globular domains, the N-terminal regulatory domain (cNTnC) and the C-terminal structural domain (cCTnC). The cNTnC domain has two EF-hand motifs, EF-I and EF-II, but only EF-II is active and binds calcium with micromolar affinity, attuned to sense the increase in free cytoplasmic calcium concentration during systole (the contractile phase of the cardiac cycle). Calcium ions come on and off cNTnC very rapidly (rate of exchange, kex > 5,000 s−1) (Li et al., 2002), with the calcium-bound state experiencing a rapid equilibrium between closed and partially open conformations (Sia et al., 1997; Spyracopoulos et al., 1997). Binding of the switch region of cTnI (cTnI148-158) to cNTnC stabilizes its calcium-bound open state, substantially slowing calcium dissociation (Li et al., 2002; Siddiqui et al., 2016). Cryo-EM structures of cTn (Oda et al., 2020; Yamada et al., 2020) showed that residues 135–209 of cTnI bind to actin to maintain the thin filament in a blocked state, but binding of cNTnC to cTnI148-158 relieves the inhibition of the thin filament, shifting tropomyosin from its blocked position and facilitating strong actin-myosin interaction.
Troponin exists in three different isoforms found in fast skeletal, slow skeletal, and cardiac muscle. For troponin I and troponin T, there are three different isoforms which are specific for each muscle type, but cardiac muscle and slow skeletal muscle share the same isoform of for troponin C (i.e., cTnC = ssTnC) (Li and Hwang, 2015). The fast skeletal isoform of TnC (fsTnC) has been specifically targeted by the drugs tirasemtiv and reldesemtiv, which completed clinical trials for the treatment of amyotrophic lateral sclerosis, though benefit was limited (Shefner et al., 2019; Shefner et al., 2021). Reldesemtiv is currently undergoing clinical trials for the treatment of spinal muscular atrophy (Rudnicki et al., 2021). These fsTnC-targeting drugs bind to a hydrophobic cavity in fsTnC that lies beneath the binding site for the fsTnI switch region (Li et al., 2021). In theory, it should be possible to develop a compound that targets the homologous binding cavity in cTnC/ssTnC, though it would likely be active for both cardiac and slow skeletal muscle. Cytokinetics has developed a cardio-selective troponin activator, CK-136, formerly known as AMG 594, which appears to be selective for cardiac muscle, though a structure of its binding site on cardiac troponin is not yet available (He et al., 2021).
Previous attempts to design positive inotropes appeared to target cardiac troponin but in fact resulted in compounds that also bind to other targets in cardiomyocytes. Such compounds include levosimendan, pimobendan, MCI-154, and EMD 57033. Of these, levosimendan (Orstavik et al., 2015), pimobendan (Bohm et al., 1991), and MCI-154 (Bethke et al., 1993; Li et al., 2018) were found to have potent PDE3-inhibitory activity, whereas EMD 57033 was found to interact with cardiac myosin (Brixius et al., 2000). These compounds have lower affinity for cTnC than for these other proteins.
We, therefore, designed and screened compounds for binding to the cTn complex using a unique cNTnC-cTnI chimeric construct, which we named “gChimera” (Cai et al., 2018). We synthesized a novel small molecule cardiac troponin modulator, RPI-194, and measured its binding to both gChimera and to the isolated cNTnC domain, as well as its activity in skinned cardiac muscle trabeculae, individual cardiomyocytes, and isolated perfused working mouse hearts. Since cardiac muscle shares the same TnC isoform as slow skeletal muscle, we have also examined its activity in skinned skeletal muscle fibers. Slow skeletal muscle has a distinct isoform of troponin I [ssTnI], but the switch region of ssTnI that binds cNTnC is very similar to the corresponding region in cTnI. Our goal was to develop a compound that can be used as a positive inotropic agent in the treatment of systolic heart failure, but it turns out that our compound interacts with troponin from all striated muscle types.
MATERIALS AND METHODS
Preparation of Proteins for NMR Studies
Three human protein constructs were used in the NMR study: 1) recombinant human aCys-cNTnC (C35S, C84S double mutant), 2) chimeric construct (gChimera) of the cNTnC-cTnI switch peptide complex, aCys-cNTnC1-85—SSGGSSGGSSGG linker - cTnI145-167 and 3) slow skeletal troponin I switch peptide (ssTnI). The protocol used to express and purify both cNTnC and gChimera in Escherichia coli was previously described (Cai et al., 2016). The ssTnI peptide was synthesized and purified by GL Biochem Ltd. (Shanghai).
NMR Titration of RPI-194 Against gChimera and cNTnC
RPI-194 was synthesized by Rane Pharmaceuticals, Inc. in Edmonton, Alberta, Canada. Chemical structure was confirmed by NMR. For each NMR titration experiment, recombinant 15N-labeled gChimera or cNTnC was dissolved in 500 µL NMR buffer (90% H2O/10% D2O) consisting of 100 mM KCl, 10 mM imidazole, and 0.5 mM 4, 4-dimethyl-4-silapentane-1-sulfonic acid as a chemical shift reference. Purified lyophilized forms of gChimera or cNTnC were dissolved in NMR buffer. Protein quantitation by acid hydrolysis followed by amino acid quantitation showed the lyophilized form was 54% pure protein by weight. The pH of each NMR sample was maintained at a slightly acidic pH ∼ 6.7 by adjusting with microliter quantities of either 1 M NaOH or 1 M HCl. An acidic pH is typically employed in NMR to slow down base-catalyzed solvent-amide exchange, improving the signal intensity for rapidly exchanging amide groups in the protein. Since the proteins of interest are not known to have native side chains that become ionized near pH 6.7 (typically histidine), the use of a slightly acidic pH should not impact the electrostatic surface of the protein at all.
RPI-194 compound was dissolved into d6-DMSO to make a 68 mM stock solution, which was then diluted ten-fold in d6-DMSO to perform titrations. For both cNTnC and gChimera, the starting concentration was 115 µM. RPI-194 was titrated to 0.1, 0.2, 0.3, 0.4, 0.6, 0.8, 1, 1.5, 2, 2.5, 3, 3.5, 4, 5, 6 and 8 equivalents of cNTnC. For gChimera-RPI-194 titration, RPI-194 was titrated to 0.2, 0.4, 0.6, 0.8, 1, 1.2 and 1.4 equivalents of gChimera. Each titration point was monitored by recording a two dimensional 1H, 15N heteronuclear single quantum coherence (HSQC) spectrum. Dilution factors were applied at each titration point to calculate the final concentration of cNTnC and RPI-194 in the calculation of binding affinities.
NMR Titration of ssTnI Against cNTnC and cNTnC·RPI-194 Complex
Titration of ssTnI was performed against free cNTnC and against cNTnC complexed with RPI-194. A 10 mM stock concentration of ssTnI was made by dissolving it into d6-DMSO. ssTnI was titrated to 0.5, 1, 1.5, 2, 2.5, 3, 3.5, 4, 5, 6, 8, 10, 13, 16, 20, 25 and 30 equivalents of cNTnC. For titrating ssTnI into cNTnC·RPI-194 complex, RPI-194 was first titrated into free cTnC (115 µM) until both protein and drug were 1:1 equivalent. Then ssTnI was titrated with 0.1, 0.2, 0.4, 0.6, 0.8, 1, 1.5, 2, 2.5, and 3 equivalents of cNTnC·RPI-194 complex (115 µM).
NMR Spectroscopy
All titrations were performed on a Varian Inova 500 MHz NMR spectrometer equipped with triple resonance 1H, 13C, 15N probe. 2D 1H, 15N HSQC spectra were collected for each titration point at 30°C. All titration data were processed using NMRPipe (Delaglio et al., 1995). A MATLAB runtime-based two dimensional lineshape analysis program called TITAN was used to calculate the dissociation constant (KD) from titration experiments (Waudby et al., 2016). First, the protein and ligand concentration of each titration point were specified in the program. Individual NMR spectra for each titration point were uploaded into TITAN, and a specific region of interest (ROI) was selected for peaks we selected for large chemical shift perturbations. TITAN only considers chemical shift changes within the selected ROI for fitting and calculating dissociation constants. Simplified two-state binding models were used to calculate binding dissociation constants and on/off rate constants.
Determination of Binding Affinities by Steady State Fluorescence
All steady-state fluorescence measurements were obtained on a SpectraMax i3x multi-mode microplate reader at 15°C. RPI-194 has intrinsic fluorescence with peak excitation and emission wavelengths at 335 and 470 nm, respectively. The same cNTnC and gChimera proteins (0–297 µM) used for NMR were titrated into a solution containing 5 µM RPI-194, 50 mM HEPES, 150 mM KCl, 5 mM MgCl2, 1 mM DTT and 10 mM CaCl2, and the intrinsic fluorescence spectrum of RPI-194 was monitored for changes. Binding affinities were calculated using GraphPad Prism version 9.0.2 (San Diego, California, United States).
Determination of Ca2+ Dissociation Rates by Stopped-Flow Fluorescence
Recombinant human cTnC (T53C, C35S, and C84S), cTnI and cTnT were used to reconstitute the cardiac troponin complex for stopped flow fluorescence studies. Expression, purification, production, and labeling of cTnC T53C with 2-(4′-(iodoacetamido) anilino) naphthalene-6-sulfonic acid (IAANS) were previously published (Davis et al., 2007). Expression and purification of recombinant cTnI, cTnT and reconstitution of the cardiac troponin complex (cTnC cTnI·cTnT) were as previously described (Davis et al., 2007).
Calcium release rates of IAANS-labeled, reconstituted cardiac troponin complex as a function of RPI-194 concentration were measured in a stopped-flow spectrometer (Applied Photophysics model SX.18 MV). IAANS excitation and emission were monitored at 330 nm and 420–470 nm, respectively. The calcium release rate was monitored by mixing calcium saturated (500 μM Ca2+) cardiac troponin complex with a stopped flow buffer containing calcium chelating solution (EGTA 10 mM, 10 mM MOPS and 150 mM KCl, pH 7.0) with a dead mixing time ∼ 1.24 ms. EGTA (10 mM) was used to sequester calcium from reconstituted cardiac troponin complex (0.3 µM) in the absence or presence of RPI-194. Increasing concentrations of RPI-194 were used in this reaction. P.J. King data analysis software, developed by Applied Photophysics (Leatherhead, Surrey, UK), was used to analyze stopped flow data. It uses a nonlinear Levenberg–Marquardt algorithm for data fitting.
Analysis of Force Versus pCa Relationship in Skinned Ventricular Trabeculae and Skeletal Muscle Fibers
Heart, soleus, and tibialis anterior muscles were isolated from each of 8 male Sprague-Dawley rats, ranging in age from 6–9 months. The rats were euthanized (anesthesia induced by isoflurane, followed by rapid cardiectomy) in accordance with a protocol approved by Institutional Animal Care and Use Committee of Ohio State University. The soleus and anterior tibialis muscles were immediately placed in cold relaxing solution, and fiber bundles were prepared and stored in relaxing solution containing 50% glycerol (v/v) at −20°C (Reiser et al., 2013). A single large cut was made through the free wall of both ventricles of the heart, which was then placed in ice-cold relaxing solution with 1% Triton X-100 for 30 min (Tikunova et al., 2019). The heart was removed from this solution, gently compressed, and blotted and transferred to cold glycerinating solution (Reiser et al., 2013).
Single trabeculae were isolated and studied as previously described (Tikunova et al., 2019). Briefly, a trabecula was mounted in the experimental chamber that was controlled at 15°C (Tikunova et al., 2019). In the chamber, one end of the trabecula was attached to a motor and another end was attached to a transducer. The trabecula was set to the resting striation spacing, the equivalent of sarcomere length. Striation spacing was determined using a camera mounted on the microscope and the SPOT image analysis software (https://www.spotimaging.com) (Tikunova et al., 2019). The distance spanned by ∼ 20 striations was measured to calculate resting sarcomere length. Fiber width and depth were measured, and fiber cross-sectional area (CSA) was calculated, assuming an ellipsoidal cross section. The average resting sarcomere length of the twenty-four trabeculae that were studied was set to 2.07 ± 0.02 μm. Each trabecula was then subjected to two series, A and B, of activations. Series A was always without RPI-194. Series B was with 0, 20, 50 or 100 µM RPI-194.
The force versus pCa relationship was measured in six trabeculae for each concentration of RPI-194, first without (series A), then with (series B) RPI-194 (100 mM stock dissolved in DMSO) (Tikunova et al., 2019). RPI-194 was added to all of the solutions to which the trabeculae were exposed during the measurements of the force/pCa relationship: pCa 9.0 solution, HDTA pre-activating solution and each of the maximal (pCa 4.0) and submaximal activating solutions. The trabeculae were soaked in pCa 9.0 solution with RPI-194 at 15°C for 30 min before initiating the second series of force measurements. We reported previously that DMSO had no effect on the force/pCa relationship (Reiser et al., 2013). We initially determined, in three skeletal muscle fibers, that the control (no added compound) force/pCa relationship is essentially identical when measured twice in a given preparation. The trabecula was treated with series of pCa solutions as previously described (Reiser et al., 2013). The force versus pCa data were fit as previously described (Black et al., 2000; Tikunova et al., 2002; Tikunova et al., 2019).
The sarcomere length in slow and fast fibers was measured using the Fast Fourier Transform in ImageJ (https://imagej.nih.gov/ij/). The fiber type (slow or fast) of each studied skeletal muscle fiber was determined from an analysis of the myosin heavy chain isoform composition using SDS-PAGE, as described (Tikunova et al., 2018). The maximal velocity of shortening (Vo) was measured, using the slack test (Edman, 1979), in slow and fast fibers when activated in pCa 4.0 solution (every third activation in the force/pCa measurements series). Thus, two Vo determinations were made in each slow and fast fiber, first without, then with, RPI-194 (series A and B).
A total of 24 slow fibers, 24 fast fibers and 24 trabeculae were studied. The group size for each concentration of RPI-194 was six and each preparation was studied at one concentration. An analysis of variance (ANOVA) Tukey’s post-hoc test was used when comparing the effects of all four concentrations (0, 20, 50 and 100 µM) of RPI-194 in each preparation (slow fibers, fast fibers or trabeculae) or when comparing effects of a given concentration of RPI-194 in all three preparations (slow fibers, fast fibers and trabeculae). Student’s t-test was used to assess the significance of differences in maximal shortening velocity in fast and slow fibers at a given concentration of RPI-194. Pearson’s correlation was used to test for a relationship between the shift in pCa50 and the change in Vo induced by RPI-194.
Isolation of Mouse Ventricular Myocytes, Contractility Assays and cAMP Measurements
Adult ventricular cardiomyocytes were isolated and perfused as previously described (Sah et al., 2002). Contractility assays from isolated cardiomyocytes were conducted as previously described (Crackower et al., 2002). Briefly, a Grass S44 stimulator with a pulse duration of 3 milliseconds at 1 Hz was used to stimulate cardiomyocytes. Myocyte contraction was tracked at 240 Hz using a video edge detector. In addition, myocyte steady state contractions at 1 Hz and a subsequent equilibrium period for 4 min at 240 Hz were recorded. We determined fractional shortening, shortening rate (+dL/dT) and relaxation rate (dl/dT) in the isolated cardiomyocytes.
Isolated Mouse Working Heart Perfusion and Measurement of Metabolic Rates
All animals used in isolated working heart perfusion experiments were treated in accordance with the guidelines of the Canadian Council of Animal Care and approved by the University of Alberta Health Sciences Animal Welfare Committee. All animal experiments were conducted on male C57BL/6 mice (7–10 weeks) obtained from Charles River Laboratories (Wilmington, MA, United States) and regularly fed with chow diet (Harlan Teklad, Madison, WI, United States). Animals were anesthetized with 60 mg kg−1 isoflurane administered through the peritoneum. Isolated working heart perfusions were performed as previously described (Kuang et al., 2004). Rapidly excised hearts were immediately placed on an ice-cold Krebs-Henseleit solution. A recirculating perfusate solution was used for the isolation of working hearts. It consisted of a modified Krebs-Henseleit solution (100 ml) which was a mixture of 1.2 mM KH2PO4, 1.2 mM MgSO4, 2.5 mM CaCl2, 4.7 mM KCl, 25 mM NaHCO3 and 118 mM NaCl. The perfusate was supplemented with 1.2 mM palmitate prebound to 3% bovine serum albumin and 5 mM glucose as energy substrates. Glycolysis and glucose oxidation rates were calculated from the perfused heart by adding a small amount of radiolabeled [5-3H] glucose and [U-14C] glucose in the Krebs-Henseleit solution (Kovacic et al., 2003; Kuang et al., 2004). The perfusate was continuously supplied with a gas mixture of 95% O2, 5% CO2. Cardiac output, cardiac work, heart rate and peak systolic pressure were also assessed from the perfused hearts.
Impact of RPI-194 on Cardiac Myosin ATPase Activity
The ATPase activity of human beta-cardiac myosin subfragment 1 (amino acids 1–843) containing a C-terminal green fluorescent protein tag (M2β-S1 GFP) was examined using the NADH coupled assay (Swenson et al., 2017; Tang et al., 2019). M2β-S1 GFP was produced using the C2C12 cell expression system and purified as previously described (Swenson et al., 2017; Tang et al., 2019). The ATPase activity was examined in the presence of 40 µM actin and varying RPI-194 concentrations with 1% DMSO present.
RESULTS
RPI-194 Binds Ca2+ Saturated cNTnC-cTnI Chimera
During systole, cardiac muscle contraction is triggered by the calcium dependent binding of the cTnI switch region to the regulatory cNTnC. A cardiac troponin activator drug promotes and stabilizes formation of this activated complex. We previously produced multiple variations of the cNTnC-cTnI chimera with different linkers (Pineda-Sanabria et al., 2014; Cai et al., 2016). In the current study we used a further refined version that we call “gChimera”, which utilizes a linker containing multiple Ser and Gly residues for maximum flexibility and solubility while maintaining charge neutrality (amino acid sequence shown in Figure 1A).
[image: Figure 1]FIGURE 1 | (A) Titration of RPI-194 compound into 15N-labeled gChimera tracked by 2D 15N-HSQC NMR spectra (left). Start and end points colored as red and green, respectively. Direction of chemical shift perturbation is marked with arrows. The gChimera structure with its amino acid sequence is shown on the right (B) RPI-194 titration into 15N-labeled cNTnC domain causes signal broadening and disappearance in some residues (left).
Based on our previous work, 3-chlorodiphenylamine was a promising starting compound to develop a cardiac troponin activator (Cai et al., 2016). Addition of hydrophobic substituents to the aryl rings of 3-chlorodiphenylamine tends to improve binding affinity but greatly reduces solubility, whereas more polar substituents are not well tolerated. We aimed to add at least one hydrophilic group to enhance solubility and specificity of binding. We designed a total of 54 3-chlorodiphenylamine-based compounds that were synthesized by Rane Pharmaceutical Inc., Edmonton, AB, Canada. The compounds were assessed for binding to gChimera by NMR, and we identified a compound, RPI-194, which has an additional p-benzoic acid in the ortho position of the aniline group, with a measured dissociation constant, KD, of 24 µM (see Figure 1A). Linear migration of the NMR signals suggests 1:1 binding kinetics in the fast exchange regime. (“Fast” exchange means fast relative to the frequency differences between NMR signals in the two different states.) We also calculated the binding affinity by titrating gChimera into RPI-194, monitoring the steady state intrinsic fluorescence of the RPI-194 compound to yield a measured dissociation constant, KD, of 14 µM (see Supplementary Figure S1).
RPI-194 Binds Weakly to Ca2+-Saturated cNTnC in the Absence of cTnI Switch Peptide
RPI-194 binds to the isolated cNTnC domain with a lower affinity than gChimera (KD = 300 µM), as measured by steady state fluorescence (see Supplementary Figure S1). Compared with gChimera, the isolated cNTnC domain lacks the cTnI switch region, which shifts it to an open conformation and binds to small molecules like RPI-194 via the side chains of residues Ile148 and Met153.
NMR titration experiments show a complex equilibrium when RPI-194 is titrated into the cNTnC domain, precluding binding affinity determination by NMR, as was done for gChimera. Prior to addition of RPI-194, the NMR spectrum of isolated cNTnC domain demonstrates signal broadening due to fast timescale conformational exchange between closed and open states (Sia et al., 1997; Spyracopoulos et al., 1997), undergoing a closed-to-open transition with a kex of about 30,000 s−1 (Eichmuller and Skrynnikov, 2005), with the more open conformation representing a minor population of about 5% (Mckay et al., 2000; Paakkonen et al., 2000). Peaks shift and then rapidly disappear upon addition of RPI-194, indicating intermediate timescale binding, consistent with selective binding of RPI-194 to the less populated open state (see Figure 1B). As more RPI-194 is added, new NMR signals corresponding to RPI-194-cNTnC complex abruptly re-appear, but in some cases (for example, for residues G30 and G42) they appear in a different position than one would expect based on the start of the titration. This suggests a new conformational process occurring different from the initial 1:1 binding of cNTnC to RPI-194. Other peaks in the spectrum that do not shift become visibly reduced in intensity, suggesting a large increase in molecular weight consistent with dimerization.
Similar changes occur when the drug trifluoperazine is titrated into calmodulin, a protein homologous to troponin C (Feldkamp et al., 2010; Waudby et al., 2016). Each homologous domain of calmodulin binds two molecules of trifluoperazine, and this promotes association of the N-terminal domain with the C-terminal domain through hydrophobic interactions. We propose that at high concentrations of RPI-194, one or two molecules of RPI-194 bind and stabilize the open conformation of the cNTnC domain, which then has a tendency to dimerize. Physiologically, the cNTnC domain does not dimerize because cTnC is tethered to fixed positions along the thin filament. Moreover, the cNTnC domain is predominantly in the closed state unless the cTnI switch region is bound. Thus, while the behaviour of free cNTnC domain in the presence of RPI-194 (and many other compounds) is interesting in terms of its tendency to dimerize, it is not physiologically relevant, except to note that RPI-194 does bind to calcium-saturated cNTnC domain in the absence of cTnI switch region, though binding is substantially more effective once the cTnI switch region is bound. This suggests that RPI-194 is more effective at stabilizing the activated troponin complex once it is formed, rather than promoting the formation of the activated complex.
RPI-194 Enhances Binding of ssTnI Switch Peptide to cNTnC
To examine the impact of RPI-194 on binding of TnI switch peptide to cNTnC, we titrated TnI switch peptide into isolated cNTnC domain. Cardiac muscle troponin C (cTnC) is the same isoform as slow skeletal muscle troponin C (ssTnC), though slow skeletal muscle possesses different isoforms of troponin I (ssTnI) and troponin T (ssTnT). We used the ssTnI switch peptide instead of the cardiac isoform because of its superior solubility. The cTnI switch peptide readily precipitates out of solution when titrated into solutions containing cTnC and RPI-194, making determination of binding constants unreliable.
When ssTnI switch peptide (as opposed to small molecule RPI-194) is titrated into cNTnC, signals that were broad at the start of the titration progressively become narrower as the switch peptide shifts the cNTnC conformational equilibrium to a fully open state (see Figure 2A), indicating fast kinetics of binding. This is in marked contrast to when RPI-194 is titrated into cNTnC, in which peaks that were broad at the beginning of the titration become broadened beyond detection as RPI-194 is added. Thus, the ssTnI switch peptide appears able to bind cNTnC via a rapid induced fit mechanism, whereby it stimulates the transition of cNTnC from a closed to an open state, whereas RPI-194 binds via conformational selection, requiring a stochastic transition to the open state prior to binding. Using a two-dimensional lineshape analysis tool, TITAN, we calculated the ssTnI switch peptide binding affinity for cNTnC (KD 652 µM) that is weaker than that previously determined for the corresponding cTnI switch peptide (KD 154 µM) (Li et al., 2002).
[image: Figure 2]FIGURE 2 | (A) 2D 15N-HSQC spectra of ssTnI titration into 15N-labeled cNTnC (left). Titration start and end points are colored as red and green, respectively. The direction of chemical shift perturbation is indicated with arrows (B) The 2D 15N-HSQC spectra of ssTnI titration into 15N-labeled cNTnC and unlabeled RPI-194 complex (left). cNTnC·RPI-194 titration start and end points are colored as red and blue, respectively. End of cNTnC·RPI-194·ssTnI titration is colored green.
We then titrated ssTnI switch peptide into cNTnC domain in the presence of RPI-194 (Figure 2B). The presence of one equivalent of RPI-194 significantly enhances the binding of ssTnI switch peptide to cNTnC. The binding affinity of ssTnI switch peptide for the cNTnC: RPI-194 complex is KD 22 µM as calculated by TITAN, which is significantly tighter than the value of 652 µM determined for cNTnC-ssTnI binding in the absence RPI-194, over an order of magnitude change. Improved binding of the TnI switch peptide is consistent with previous NMR studies of the cardiac troponin activator dfbp-o (Robertson et al., 2010; Lindert et al., 2015).
RPI-194 Slows Calcium Release From the Trimeric Cardiac Troponin Complex
We used stopped-flow fluorescence of IAANS-labeled troponin C to measure the impact of RPI-194 on calcium release rates in troponin. RPI-194 binding to reconstituted heterotrimeric cardiac troponin complex slowed the rate of calcium release from 38 s−1 to 13 s−1 (Figure 3), with an apparent dissociation constant, KD, of 6 μM, in agreement with NMR and steady state fluorescence measurements. This is consistent with our NMR studies demonstrating that RPI-194 stabilizes the calcium-saturated activated troponin complex.
[image: Figure 3]FIGURE 3 | Stopped flow fluorescence experiments. Rate of calcium release from IAANS-labeled reconstituted troponin complex as a function of RPI-194 concentration. N = 10 for all measurements.
RPI-194 Activates Cardiac, Slow Skeletal, and Fast Skeletal Muscle in Isometric Contraction, but Slows the Velocity of Unloaded Contraction in Skeletal Muscle
At baseline and in the absence of drug, the intrinsic calcium sensitivity of skeletal muscle fibers is about the same for limb slow (pCa50 6.28 ± 0.03) and fast (6.27 ± 0.03) muscle fibers (see Figure 4 and Table 1). The calcium sensitivity of cardiac trabeculae is significantly lower (5.68 ± 0.02). Slow skeletal muscle has a higher calcium affinity than cardiac muscle, even though both muscle types utilize the same cTnC/ssTnC isoform.
[image: Figure 4]FIGURE 4 | Normalized force (P/Po) versus pCa curves for rat skinned cardiac trabeculae, fast skeletal, and slow skeletal muscle fibers in the presence of 50 µM RPI-194. Representative number of experiments, N = 6 fibers or trabeculae for all measurements.
TABLE 1 | Fundamental properties of slow and fast fibers and of cardiac trabeculae, in the absence or presence of 20, 50 and 100 µM RPI-194.
[image: Table 1]RPI-194 has a greater effect on slow skeletal muscle than cardiac muscle. The effects of RPI-194 were tested at 20, 50 and 100 µM concentrations. Six cardiac trabeculae, six slow fibers and six fast fibers were studied at each concentration, and each trabecula/fiber was used to study one concentration of the compound. The shift in the pCa50 (i.e., ∆pCa50) is significant between each tested concentration of RPI-194 within each muscle group. At 50 μM RPI-194, the pCa50 of slow fibers shifted +0.35 units, while the fast fibers and cardiac trabeculae shifted +0.14 and +0.16, respectively (Figure 4 and Table 1). Therefore, there is a larger calcium sensitizing effect of RPI-194 on limb slow fibers, compared to cardiac trabeculae and limb fast fibers. Although RPI-194 was designed and tested to bind to the cardiac/slow skeletal troponin complex, there is some cross-reactivity with fast skeletal muscle, but the effect is not nearly as large as that observed with tirasemtiv (+0.89) (Russell et al., 2012), which was designed specifically for fast skeletal muscle.
RPI-194 did not increase the maximum isometric force (Po) generated under saturating calcium concentrations in any of the muscle types (Supplementary Table S1). In fact, upon addition of 20, 50, or 100 μM RPI-194, there was an initial 15% decrease in Po for the slow muscle fibers and a 10% decrease for fast muscle fibers and cardiac trabeculae, with no apparent concentration dependence at the concentrations tested. There was a trend towards recovery in Po with time seen at higher concentrations of RPI-194 in cardiac trabeculae. The reasons behind these phenomena are not known. The skinned muscle fiber experiments are described in more detail in the Supplementary Material.
There was a marked effect of RPI-194 on maximal shortening velocity in unloaded slow and fast skeletal muscle fibers, with velocity generally decreasing with higher concentrations of RPI-194. The overall slowing effect of RPI-194 was similar in slow and fast fibers, with the velocity Vo being reduced to about half in the presence of 100 μM RPI-194 (Table 1).
Shortening velocity is determined by the load-dependent rate of actin-myosin cycling. It is possible that RPI-194 slows the velocity of unloaded contraction, V0, via a direct interaction with actin-myosin. We therefore proceeded to examine the effect of RPI-194 on human beta-cardiac myosin S1 ATPase activity in the presence of 40 µM actin. We found no effect whatsoever (see Supplementary Figure S2), suggesting that the reduction in V0 by RPI-194 seen in slow and fast skeletal muscle is not due to direct binding to actin-myosin S1, but rather, an effect on another myosin domain or light chain, troponin, or some other unknown off-target effect.
RPI-194 Decreases Velocity and Amplitude of Contraction in Unloaded Individual Mouse Cardiomyocytes
The addition of RPI-194 to individual unloaded cardiomyocytes caused a decrease in observed contractility. 10 μM RPI-194 significantly increased resting sarcomere length, decreased fractional shortening, and decreased the velocity of contraction and relaxation (Figure 5). At a concentration of 100 μM, cardiomyocyte contractions ceased completely, with sarcomere lengths suggestive of a relaxed state (rather than a contracted state). The inhibition of contractility observed in cardiomyocytes contrasts with the increased calcium sensitivity of isometric contraction seen in skinned cardiac trabeculae. This raises the possibility that RPI-194 interferes with excitation-contraction coupling in living cells, for example, the inhibition of ion channels. When we attempted to measure calcium transients in cardiomyocytes using calcium-sensitive fluorophores, the strong intrinsic fluorescence of RPI-194 created too much background signal. It is therefore necessary to assess cardiac contractility in another system that includes intact cells.
[image: Figure 5]FIGURE 5 | Top panel shows measurement of resting sarcomere length (SL), fractional shortening (FS), rate of contraction (-dL/dt) and rate of relaxation (+dL/dt) of isolated single cardiomyocytes. Open boxes represent baseline and filled boxes represent addition of either 0 or 10 µM RPI-194 (10). Bottom panel shows absolute changes of measurements from wild type values. N = 6 for all measurements. *p < 0.05 compared between placebo (0) or 10 µM RPI-194 (10) with Tukey post-hoc test.
Cardiac Work is Maintained in Mouse Isolated Perfused Working Hearts
We studied the impact of RPI-194 in a mouse isolated perfused working heart model, which was maintained at constant pressure. There was no consistent trend in heart rate or heart rate times peak systolic pressure product as RPI-194 was added to the system up to a maximum of 100 µM (Figure 6). Cardiac output and cardiac work increased with increasing RPI-194 levels, but the trend was not statistically significant, and similar changes could also be observed in controls over the course of 60 min (see Supplementary Figure S3). As RPI-194 was added, the observed increase in cardiac work was accompanied by higher rates of glucose utilization and oxygen consumption. Thus, it appears that metabolic pathways are generally intact in the presence of RPI-194. The severe inhibitory effect of RPI-194 observed in individual unloaded cardiomyocytes was not observed in isolated perfused working hearts, making it less likely that the inhibitory effect observed in cardiomyocytes is due to modulation of ion channels.
[image: Figure 6]FIGURE 6 | Effects of RPI-194 on heart rate (HR), heart rate×peak systolic pressure (HR×PSP), cardiac work, cardiac output, glucose oxidation, and oxygen consumption in isolated, perfused working mouse hearts. N = 4 for all measurements.
DISCUSSION
Perhaps the most unexpected result in the current study is the effect of RPI-194 in slowing the velocity of unloaded shortening, both in skinned skeletal muscle fibers and in isolated cardiomyocytes. This could be due to an unknown off-target effect, although it is reassuring that cardiac function was preserved in mouse isolated perfused working hearts. It is possible that the decreased velocity of unloaded shortening seen with RPI-194 is a consequence of troponin activation itself. The ideal duty ratio (proportion of myosin heads strongly bound to actin) is dependent on load, with more myosin-actin interactions needed for higher loads, while for smaller loads excessive interactions might only contribute to drag. In isometric muscle contraction, actin-myosin interaction is maximal, with a duty ratio of about 0.25 (Land and Niederer, 2015). This value decreases to <0.05 in unloaded shortening, and it could be that excessive formation of actin-myosin cross-bridges beyond this lower duty ratio slows unloaded contraction (O’connell et al., 2007; Brizendine et al., 2015).
The effect of RPI-194 on unloaded cardiomyocytes is similar to that observed with mutations in cTnI or cTnT associated with hypertrophic cardiomyopathy (HCM) (Willott et al., 2010). Such mutations increase calcium sensitivity and shift the thin filament towards the activated state (Ren et al., 2018), much like the effect of RPI-194. Feline cardiomyocytes showed decreased amplitude and velocity of shortening after being transfected with R92Q-cTnT versus wildtype cTnT (Marian et al., 1997). A similar effect was observed in R92Q-cTnT transgenic mouse cardiomyocytes (Tardiff et al., 1999). Slowed contractility was also observed in isolated guinea pig cardiomyocytes transfected with R145G-cTnI. Thus, decreased and slowed contractions in unloaded cardiomyocytes appears to be a feature of HCM mutations, so it is possible that cardiac troponin activation by RPI-194 has a similar effect. Nevertheless, an off-target effect remains a possibility.
RPI-194 was designed to bind and stabilize the calcium-bound activated complex between cardiac TnC and TnI. The structure of RPI-194 can be further engineered to improve its specificity by adding aromatic ring substituents or restricting its degrees of freedom. This would help to resolve whether the observed slowing of unloaded shortening seen with RPI-194 is due to its impact on troponin or an off-target effect.
It is unlikely that any modifications of RPI-194 would enhance its specificity for cardiac troponin with respect to slow skeletal muscle troponin. Both use the same troponin C isoform, and the residues in the switch region binding the RPI-194 molecule are highly homologous in the troponin I isoforms (compare Ile148 and Met153, cTnI, in Figure 1A versus Val118 and Met123, ssTnI, in Figure 2A). It is possible that RPI-194 could be modified to decrease cross-reactivity with fast skeletal troponin, for which there are selective activators, tirasemtiv and reldesemtiv (Russell et al., 2012; Hwee et al., 2014; Hwee et al., 2015; Calder et al., 2016). Whether or not cross-reactivity with skeletal muscle, particularly slow skeletal muscle, would limit potential use of a cardiac troponin activator, remains to be seen. On the other hand, it is also unknown whether the cardiac effects of a general troponin activator would limit its use as slow skeletal muscle activator. Whole animal models examining the impact of compounds like RPI-194 are needed.
Finally, we note that our cardiac troponin activator RPI-194 likely has a different mechanism of activity from the recently published cardiac troponin activator TA1, a closely related analog of the drug AMG-594/CK-136, which has undergone Phase 1 clinical trials (https://cytokinetics.com/ck-136/). TA1/AMG-594/CK-136 is highly selective for cardiac muscle over slow skeletal muscle, which would not be possible if it were targeting the same binding site as RPI-194. Moreover, TA1 is more potent, not only causing a greater leftward shift for pCa50 in cardiac trabeculae, but also markedly increasing the maximum force generated at saturating calcium concentrations, unlike RPI-194 (He et al., 2021). Increased force was also observed at resting calcium concentrations, along with increased myosin ATP consumption in cardiac myofibrils. The behaviour of RPI-194 is more in keeping with what was observed for fast skeletal troponin activator tirasemtiv, with a leftward pCa50 but no significant change in force generated at low or saturating calcium concentrations (Russell et al., 2012), which is not surprising given that they both target the same homologous binding pocket (Li et al., 2021). It is possible that TA1 is able to activate the thin filament through cTnI/cTnT, independent of the calcium binding activity of cTnC, unlike RPI-194 and tirasemtiv. Further comparative studies are needed to delineate the differences between RPI-194 and TA1/AMG-594/CK-136 in terms of mechanism of action and physiologic impact.
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Striated muscle contraction is regulated in a calcium-dependent manner through dynamic motions of the tropomyosin/troponin polymer, a multicomponent complex wrapped around actin-containing thin filaments. Tropomyosin/troponin sterically blocks myosin-binding at low-calcium concentrations but moves to expose myosin-binding sites at high-calcium concentrations leading to force development. Understanding the key intermolecular interactions that define these dynamic motions will promote our understanding of mutation-induced contractile dysfunction that eventually leads to hypertrophic cardiomyopathy, dilated cardiomyopathy, and skeletal myopathies. Advancements in cryoelectron microscopy (cryoEM) have resulted in a partial elucidation of structures of the thin filament, revealing many atomic-level interactions between the component proteins and critical calcium-dependent conformational alterations. However, building models at the resolutions achieved can be challenging since landmarks in the maps are often missing or ambiguous. Therefore, current computational analyses including de novo structure prediction, protein-protein docking, molecular dynamics flexible fitting, and molecular dynamics simulations are needed to ensure good quality models. We review here our efforts to model the troponin T domain spanning the head-to-tail overlap domain of tropomyosin, improving previous models. Next, we refined the published cryoEM modeled structures, which had mistakenly compressed alpha helices, with a model that has expected helical parameters while matching densities in the cryoEM volume. Lastly, we used this model to reinterpret the interactions between tropomyosin and troponin I showing key features that hold the tropomyosin cable in its low-calcium, sterically blocking position. These revised thin filament models show improved intermolecular interactions in the key low- and high-calcium regulatory states, providing novel insights into function.
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INTRODUCTION
The improvements in methodology of cryoelectron microscopy (cryoEM) have pushed the limit of resolution achievable by this technique to unprecedented levels, allowing visualization of previously unseen structural details in the thin filament of the sarcomere in striated muscle (Doran et al., 2020; Yamada et al., 2020; Risi et al., 2021a; Risi et al., 2021b; Wang et al., 2021; Wang et al., 2022). These thin filaments consist of actin, tropomyosin, and the troponin complex whose structural transitions regulate contraction in a calcium-dependent manner (reviewed in Lehman, 2016). Tropomyosin is an alpha-helical, coiled-coil protein that forms a head-to-tail polymeric cable wrapped helically around the central actin core of the filament (Hitchcock-DeGregori, 2008; Holmes and Lehman, 2008). The head-to-tail region stabilizing the polymer is formed by an overlap between adjacent tropomyosin dimers of about 11 amino acids where the coiled coil becomes a 4-helix bundle (Greenfield et al., 2006; Frye et al., 2010). The troponin complex consists of three proteins—troponin C (TnC), troponin I (TnI), and troponin T (TnT) (Gordon et al., 2000). TnC along with the N-terminal domains of TnI and the C-terminal domains of TnT form a central core (Takeda et al., 2003; Yamada et al., 2020; also reviewed in Tobacman, 2021). The N-terminal domains of TnT extend from the core to anchor the troponin complex to tropomyosin. Under low calcium conditions, the C-terminus of TnI extends outward from the core where it binds actin and tropomyosin, thus locking the cable in a blocked state position that sterically inhibits myosin access to the thin filament leading to relaxation of the muscle. Higher calcium concentrations lead to conformational changes in calcium-bound TnC that recruit TnI back to the core, releasing the steric block and forming a closed state. Myosin binding to the closed state then results in a further shift of the cable to an open state leading to contraction of the muscle. Thus, the thin filament accesses three structural states—B-state (blocked), C-state (closed), and M-state (open) in its regulatory transitions, as originally proposed by McKillop and Geeves (1993) and by Vibert et al. (1997). All three of these states have now been elucidated by cryoEM (Doran et al., 2020; Yamada et al., 2020) using cardiac muscle filaments (Figure 1).
[image: Figure 1]FIGURE 1 | Superposition of the three structural states of tropomyosin during thin filament activation of the M-state (green), C-state (yellow), and B-state (blue) showing the movement of tropomyosin over actin (white surface, pointed end up). Note the steric blocking of the myosin binding site (red) is relieved as tropomyosin moves from B- to M-state.
The development of inherited cardiomyopathies starts with an insult to the contractile machinery that alters the force characteristics of the heart and eventually leads to pathological remodeling (Deranek et al., 2019). Therefore, these cryo-EM structures offer vast potential to increase our understanding of the genesis of cardiomyopathies or to develop novel therapeutics. However, it is critical that accurate atomic-level details are incorporated into the models of the thin filament being used. Otherwise, errors in the structure will propagate into the predictions, leading to misleading or incorrect data, and impeding efforts to develop therapeutics. As will be shown, some regions of the thin filament structure require extra consideration to achieve this needed accuracy.
MODELING CARDIAC THIN FILAMENT STRUCTURES FROM CRYOELECTRON MICROSCOPY ELECTRON DENSITY MAPS
Challenges of Interpreting Electron Density Maps
A quality structure should not only fit the cryoEM density map well but have good chemical parameters, including optimized interactions between proteins or domains, and ideally representing the global energy minimum structure. Unfortunately, the resolutions achieved in the current cryoEM structures may be insufficient to unambiguously build a model in some sections of the electron density map. While programs such as MolProbity (Chen et al., 2010) can be used to check the bonds, angles, and backbone/side chain dihedrals of a structure, they do not check the reasonableness of the tertiary or quaternary structures. The register of the protein side chains to the map may be difficult to determine due to lack of visible landmarks such as large side chains. Additionally, starting models based on x-ray crystal structures of isolated domains or fragments may have errors, such as packing artefacts, that may not be resolved to the global energy minimum during refinement, instead getting trapped in a local energy minimum. Thus, a search method that quickly tests a large number of possible structures is needed. In our group, we have been using protein-protein docking to search billions of possible binding poses for a low-energy structure that fits the density map using ClusPro2.0 (Kozakov et al., 2017). These initial poses are ranked by an energy function containing terms such as attractive and repulsive van der Waals’ energy, electrostatic energy, and the desolvation energy. The representative structures from the largest clusters using the top 1,000 poses are then side-chain minimized to optimize the final energies in the output rankings. The top scoring poses, which can be calculated with a number of different weighting schemes, are then analyzed by the experimentalist to incorporate any available outside data (fit to an electron density map, mutational analysis, and known close residue-residue contacts) and the highest scoring pose(s) that satisfy the data are selected. As a check of the quality of the docked models, molecular dynamics simulations are performed to check the stability of model as well as fine tune structural interfaces by exploring conformations not tested during the rigid-body docking calculations.
Of particular interest here, the coiled-coil structure of tropomyosin appears in the maps as two intertwined tubes and the TnT domain (TnT1) that extends over the polymeric overlap domain of tropomyosin is also a simple tube (Figure 2A). By translating and/or rotating the helices in the tropomyosin or TnT1 models, a large number of models that satisfy the electron density map can be generated, and selection of the final model requires careful consideration. Using ideal models, secondary structure prediction, and protein-protein docking, we were able to refine the models of the TnT1/tropomyosin overlap domain (Pavadai et al., 2019) and the coiled coil of tropomyosin in thin filaments solved in calcium-free and calcium-bound conditions (Pavadai et al., 2020; Lehman et al., 2021).
[image: Figure 2]FIGURE 2 | (A) Electron density map of the cardiac thin filament solved in calcium-free conditions. Note the tubular density for both tropomyosin (red, yellow, blue, and purple ribbon) and TnT1 (green ribbon), which could be fit by a number of potential structures. The only landmark here for the modeler is the N- and C-termini of tropomyosin (arrow). (B) Ca2+-bound model (Yamada et al., 2020) showing poor alignment of positive (blue sticks) and negative residues (red sticks) between actin (gray ribbon) and tropomyosin (blue and purple ribbons). (C) Ca2+-bound model (Pavadai et al., 2020) in a similar orientation as (B). Note the improved alignment of charged residues after rebuilding.
Tropomyosin Contacts With Actin in Cryoelectron Microscopy Structures
The solution of the cryoEM structure of the cardiac thin filament in calcium-free and calcium-bound states by Yamada et al. revealed many key relationships between tropomyosin, actin, and troponin. Analysis of the structure by our group, however, revealed unfavorable interactions between tropomyosin and actin in the Yamada modeling. The authors had started with a homology model of tropomyosin based on a low resolution (7 Å) crystal structure (Whitby and Phillips, 2000) whose coiled-coil pitch was longer than that present in the electron density maps [147 Å vs. 138 Å, as measured by the program Twister (Strelkov and Burkhard, 2002)]. In the final structure, both the end-to-end length of tropomyosin and the alpha helical rise were smaller than the expected values (see Table 4 in Pavadai et al., 2020). This may have been a result of compression of the helices during refinement as the coiled-coil pitch was reduced to match the maps. The result is that the tropomyosin present in these structures makes poor interactions with actin and cannot be extended into a polymeric cable.
We took two approaches to fitting tropomyosin into the electron density maps. First, we generated ideal, computer generated coiled-coil structures (Lorenz et al., 1995) with different rotations around their super-helical axis. Side chains in these models were derived from high resolution crystal structures of tropomyosin fragments (Li et al., 2010; Li et al., 2011; Rynkiewicz et al., 2015). After rigid body fitting of these models into the electron density maps in Chimera (Pettersen et al., 2004), the model that most closely matched the observed position of the C-terminus in the maps was selected for further fitting with molecular dynamics flexible fitting (MDFF) (Trabuco et al., 2008). The fitted coiled coil then had the previously published overlap domain/TnT1 model (Pavadai et al., 2019) grafted on to create the model used for molecular dynamics.
The above method does not account for any localized twisting, which can optimize tropomyosin/actin interactions (Lehman et al., 2018). Therefore, we used protein-protein docking to sample tropomyosin-actin interactions over a broader range of conformational space. We used a “divide and conquer” strategy whereby tropomyosin was divided into four pieces of about 60 amino acids in the middle of the molecule and an overlap domain of about 100 amino acids, each having about 20 amino acids overlapping with their neighboring segments. The list of poses docked to a model comprising two actin subunits was analyzed for fit to the electron density map, proper polarity, and overlap with neighboring poses. Through fusion of the overlapping regions in the various docked poses, the entire tropomyosin cable was built out and further fit into the cryo-EM density using MDFF, yielding a structure that has locally optimized interactions with actin. The models from the two methods are very similar, with both showing improved electrostatic interactions with actin (compare Figures 2B,C; see also Table 1 in Pavadai et al., 2020).
We also used this approach to model tropomyosin in the calcium-free (B-state) structure (Pavadai et al., 2020; Lehman et al., 2021), which shows similar compression in the tropomyosin helices as observed in the calcium-bound (C-state) structure. Again, we built models from ideal coiled coils and docking of smaller fragments of tropomyosin. Here, the docking models were key to guiding the building process, since the twist of tropomyosin is not equal across the entire molecule in the calcium-free maps, thus an ideal coiled coil structure does not fit in the map well without real space refinements. Analysis of the resulting models showed improvements to the interactions with actin, showing key salt bridges between actin residues Lys326, Lys328, and Asp311 and oppositely charged amino acids along the entire tropomyosin chain.
Lastly, the docking method was used to model tropomyosin in the M-state by fitting to the nucleotide-free rigor actomyosin-tropomyosin complex cryoEM map (Doran et al., 2020). This map also shows tropomyosin as two, intertwined tubes with no landmarks to guide positioning. Thus, assignment of the tropomyosin residues required the above approaches. The resulting model shows that tropomyosin movement from C-state to M-state is mostly a rotation around the actin helical axis, with little longitudinal movement or rotation around its own axis. The model also showed interactions between tropomyosin and loop four of myosin, notably between Arg369 and oppositely charged residues on tropomyosin.
Tropomyosin Contacts With Troponin T and Troponin I in Cryoelectron Microscopy Structures
In addition to actin, tropomyosin also makes key interactions with TnT and TnI. TnT contains a TnT1 domain (residues 89–151 in cardiac TnT isoform 6) that is bound to the tropomyosin overlap domain in the cryoEM structure (Yamada et al., 2020), where it anchors the troponin complex to the thin filament, stabilizes the tropomyosin overlap domain, and maintains the 1:1 stoichiometry of troponin with tropomyosin in the thin filament (Flicker et al., 1982). Previously, a complex of peptides of TnT1 and the tropomyosin overlap domain had been solved in an x-ray crystal structure (Murakami et al., 2008). However, this crystal structure has poor density for the TnT and N-terminal tropomyosin peptides as well as a stoichiometry inconsistent with the thin filament. This crystal structure was used to guide the placement of the TnT1 domain by several groups (Manning et al., 2011; Gangadharan et al., 2017; Williams et al., 2018; Yamada et al., 2020) resulting in models that show poor contacts between TnT1 and tropomyosin. Thus, a method such as protein-protein docking, with a much larger exploration of conformational space and therefore a lower potential bias, seemed ideal for this system.
We started by docking alpha helical segments of TnT1 [residues 70–170 of cardiac TnT are ∼90% alpha helix as measured by circular dichroism (Palm et al., 2001)] to a model of the tropomyosin overlap domain based on the NMR solution structure and extended to a full filament (Greenfield et al., 2006; Orzechowski et al., 2014). The docking poses were analyzed to select poses that span the overlap in the expected antiparallel orientation to tropomyosin (Flicker et al., 1982; Cabral-Lilly et al., 1997; Jin and Chong, 2010). We used small, helical fragments with overlapping residues to extend TnT1 across the curved overlap domain of tropomyosin using multiple docking runs. The docking studies were terminated when high-scoring poses that could be reasonably added to the growing chain were predicted to make major clashes with actin.
In this way, cardiac TnT1 residues 89–151 and skeletal muscle TnT1 residues 79–141 were docked onto the tropomyosin overlap domain. The structures were similar with the exception of a pocket in the protein-protein interface of the cardiac TnT1/tropomyosin model not found in the skeletal muscle model. The models were stable in molecular dynamics simulations, with small fluctuations of the TnT1 termini. Consistent with the approximately 20 nM dissociation constant for TnT1/tropomyosin (Tobacman et al., 2002; Jin and Chong, 2010; Gangadharan et al., 2017), the cardiac TnT1 model showed a large, buried solvent-accessible surface area between the two proteins (an average of 2,295 Å2 during molecular dynamics) and many strong electrostatic interactions—representing an improvement over the previous models (Pavadai et al., 2020). After publication of the cryoEM maps from Yamada et al. (2020), we found that our TnT1/tropomyosin model had an excellent fit to the electron density map, thus cross-validating the two models.
The final part of the tropomyosin model to analyze was its interaction with the C-terminus of TnI. The C-terminus of TnI consists of several domains—the inhibitory peptide (residues 137–148 in cardiac TnI) which binds to actin, then the switch peptide (residues 149–163) which binds either actin or TnC in a calcium-dependent manner, and finally a H4-helix (residues 164–184) and C-terminal tail domain (residues 185–210) that bind actin in the calcium-free structure locking it in the sterically blocking position, but are unresolved and presumably disordered in the calcium-bound maps (Yamada et al., 2020). The latter three domains make potential calcium-dependent interactions with tropomyosin in the Yamada et al. structure; however, as discussed above, they were refined against a compressed tropomyosin. For example, analysis of the deposited coordinates show several charged tropomyosin residues (Arg133, Lys136, Glu138, Lys140 and Glu145) interacting with hydrophobic patch on TnI formed by residues 155–173, thus suggesting a modeling error.
After docking and refitting of the tropomyosin model, the TnI C-terminus was also docked to the model to check the proper placement of this domain. The refined structure shows hydrophobic residues on tropomyosin (Ala155, Ile154, Ala151, Leu148, Ile146, and Ile143) now in contact with TnI residues 155–173 (see Figure 3 in Lehman et al., 2021). Energy analysis of the tropomyosin/TnI contacts showed that most of the binding energy comes from association of the helix H4 and C-terminal domains with tropomyosin. On the other hand, most of the actin/TnI binding energy is contained in the inhibitory peptide.
DISCUSSION
As stated in the Introduction, accurate models of the thin filament are essential for understanding regulation of muscle contraction and early events in the development of inherited cardiomyopathies. Here, our group has used protein-protein docking methods along with molecular dynamics to refine cryoEM-derived models (Yamada et al., 2020). The regulatory function of the thin filament requires dynamic motions of tropomyosin/troponin and it is essential that the models accurately represent the key interactions of these proteins in their various structural states. The cooperative nature of the regulatory transitions suggests that long-range effects could be common for cardiomyopathy-causing mutations, therefore a globally accurate model of the thin filament is crucial for formation of mechanistic hypotheses. For example, in the hypertrophic cardiomyopathy tropomyosin mutant E192K (Sewanan et al., 2021), residue 192 was found to pass over a charged patch on actin that would be unfavorable for the mutant, potentially impairing tropomyosin’s ability to return to a sterically-blocking state. In the case of the dilated cardiomyopathy tropomyosin mutant M8R (Racca et al., 2020), the mutational effects in molecular dynamics simulations are local on the structure of the overlap domain, but there are also long-range shifts in the middle residues of tropomyosin to azimuthal positions predicted to enhance steric-blocking in low calcium conditions leading to hypocontractility. In this case, since the mutation is in the head-to-tail overlap domain, having proper helical structure in the tropomyosin model and coiled-coil helical symmetry matching that of actin was critical to accurately propagate mutational effects in the simulation both within and across tropomyosin dimers in the thin filament cable. Most recently, we have used the docking techniques discussed here to model the cardiac-specific N-terminus on TnI (Pavadai et al., 2022) which is the target of protein kinase A phosphorylation at serine residues 23 and 24. The model proposes that positively charged residues on tropomyosin, notably Arg 160, can interact with the phosphoserines, potentially biasing tropomyosin to a sterically blocking state and contributing to the observed increased relaxation rate found during adrenergic stimulation in the heart. Interestingly, E40K, E54K, and D230N mutations in cardiac tropomyosin have been shown to abolish cardiac TnI phosphorylation-dependent effects on calcium sensitivity in vitro assays of tissue-purified proteins (Memo et al., 2013), and the new model will help to understand the molecular basis of these observations. In the above examples, the derived mechanistic hypotheses critically rely on accurate representations of the thin filament proteins and their interactions along the entire length of the filament.
There are still some unresolved portions of the thin filament which may contribute to thin filament energetics, and these need to be accurately modeled to fully unlock the predictive power of the thin filament models. These include the linker region of TnT, which connects the TnT1 domain to the troponin core and the hypervariable N-terminus of TnT, an intriguing part of the thin filament, which may act as a calcium reservoir in insect muscle (Cao et al., 2020). These regions show weak or no density in the maps so they are presumably disordered, making modeling challenging. They could be represented by a small ensemble of structures generated using the computational techniques discussed here using biochemical data to guide the selection of the docking poses included in the final structure. The structures presented here could also be used as templates to make homology models of skeletal muscle thin filaments to propose mechanistic hypotheses explaining mutations that lead to skeletal myopathies. However, one must always inspect the intra- and intermolecular interactions formed by the proteins in the filament to ensure that these interactions are chemically reasonable and the resulting models are of the highest quality achievable.
AUTHOR CONTRIBUTIONS
MJR wrote the manuscript and made the figures. WL and EP edited the manuscript. All authors contributed to the formulation of the models of the thin filament discussed in the article.
FUNDING
This work was funded by National Institutes of Health grants R01HL036153 (to WL).
PUBLISHER’S NOTE
All claims expressed in this article are solely those of the authors and do not necessarily represent those of their affiliated organizations, or those of the publisher, the editors and the reviewers. Any product that may be evaluated in this article, or claim that may be made by its manufacturer, is not guaranteed or endorsed by the publisher.
REFERENCES
 Cabral-Lilly D., Tobacman L. S., Mehegan J. P., Cohen C. (1997). Molecular Polarity in Tropomyosin-Troponin T Co-crystals. Biophysical J. 73, 1763–1770. doi:10.1016/s0006-3495(97)78206-7
 Cao T., Sujkowski A., Cobb T., Wessells R. J., Jin J.-P. (2020). The Glutamic Acid-Rich-Long C-Terminal Extension of Troponin T Has a Critical Role in Insect Muscle Functions. J. Biol. Chem. 295, 3794–3807. doi:10.1074/jbc.ra119.012014
 Chen V. B., Arendall W. B., Headd J. J., Keedy D. A., Immormino R. M. Kapral G. J., et al. (2010). MolProbity: All-Atom Structure Validation for Macromolecular Crystallography. Acta Crystallogr. D. Biol. Cryst. 66, 12–21. doi:10.1107/s0907444909042073
 Deranek A. E., Klass M. M., Tardiff J. C. (2019). Moving beyond Simple Answers to Complex Disorders in Sarcomeric Cardiomyopathies: the Role of Integrated Systems. Pflugers Arch. - Eur. J. Physiol. 471, 661–671. doi:10.1007/s00424-019-02269-0
 Doran M. H., Pavadai E., Rynkiewicz M. J., Walklate J., Bullitt E. Moore J. R., et al. (2020). Cryo-EM and Molecular Docking Shows Myosin Loop 4 Contacts Actin and Tropomyosin on Thin Filaments. Biophysical J. 119, 821–830. doi:10.1016/j.bpj.2020.07.006
 Flicker P. F., Phillips G. N., Cohen C. (1982). Troponin and its Interactions with Tropomyosin. J. Mol. Biol. 162, 495–501. doi:10.1016/0022-2836(82)90540-x
 Frye J., Klenchin V. A., Rayment I. (2010). Structure of the Tropomyosin Overlap Complex from Chicken Smooth Muscle: Insight into the Diversity of N-Terminal Recognition,Biochemistry 49, 4908–4920. doi:10.1021/bi100349a
 Gangadharan B., Sunitha M. S., Mukherjee S., Chowdhury R. R., Haque F. Sekar N., et al. (2017). Molecular Mechanisms and Structural Features of Cardiomyopathy-Causing Troponin T Mutants in the Tropomyosin Overlap Region. Proc. Natl. Acad. Sci. U.S.A. 114, 11115–11120. doi:10.1073/pnas.1710354114
 Gordon A. M., Homsher E., Regnier M. (2000). Regulation of Contraction in Striated Muscle. Physiol. Rev. 80, 853–924. doi:10.1152/physrev.2000.80.2.853
 Greenfield N. J., Huang Y. J., Swapna G. V. T., Bhattacharya A., Rapp B. Singh A., et al. (2006). Solution NMR Structure of the Junction between Tropomyosin Molecules: Implications for Actin Binding and Regulation. J. Mol. Biol. 364, 80–96. doi:10.1016/j.jmb.2006.08.033
 Hitchcock-DeGregori S. E. (2008). Tropomyosin: Function Follows Structure. Adv. Exp. Med. Biol. 644, 60–72. doi:10.1007/978-0-387-85766-4_5
 Holmes K. C., Lehman W. (2008). Gestalt-binding of Tropomyosin to Actin Filaments. J. Muscle Res. Cell Motil. 29, 213–219. doi:10.1007/s10974-008-9157-6
 Jin J.-P., Chong S. M. (2010). Localization of the Two Tropomyosin-Binding Sites of Troponin T. Archives Biochem. Biophysics 500, 144–150. doi:10.1016/j.abb.2010.06.001
 Kozakov D., Hall D. R., Xia B., Porter K. A., Padhorny D. Yueh C., et al. (2017). The ClusPro Web Server for Protein-Protein Docking. Nat. Protoc. 12, 255–278. doi:10.1038/nprot.2016.169
 Lehman W., Li X., Kiani F. A., Moore J. R., Campbell S. G. Fischer S., et al. (2018). Precise Binding of Tropomyosin on Actin Involves Sequence-dependent Variance in Coiled-Coil Twisting. Biophysical J. 115, 1082–1092. doi:10.1016/j.bpj.2018.08.017
 Lehman W., Pavadai E., Rynkiewicz M. J. (2021). C-terminal Troponin-I Residues Trap Tropomyosin in the Muscle Thin Filament Blocked-State. Biochem. Biophysical Res. Commun. 551, 27–32. doi:10.1016/j.bbrc.2021.03.010
 Lehman W. (2016). Thin Filament Structure and the Steric Blocking Model. Compr. Physiol. 6, 1043–1069. doi:10.1002/cphy.c150030
 Li X., Holmes K. C., Lehman W., Jung H., Fischer S. (2010). The Shape and Flexibility of Tropomyosin Coiled Coils: Implications for Actin Filament Assembly and Regulation. J. Mol. Biol. 395, 327–339. doi:10.1016/j.jmb.2009.10.060
 Li X., Tobacman L. S., Mun J. Y., Craig R., Fischer S., Lehman W. (2011). Tropomyosin Position on F-Actin Revealed by EM Reconstruction and Computational Chemistry. Biophysical J. 100, 1005–1013. doi:10.1016/j.bpj.2010.12.3697
 Lorenz M., Poole K. J. V., Popp D., Rosenbaum G., Holmes K. C. (1995). An Atomic Model of the Unregulated Thin Filament Obtained by X-Ray Fiber Diffraction on Oriented Actin-Tropomyosin Gels. J. Mol. Biol. 246, 108–119. doi:10.1006/jmbi.1994.0070
 Manning E. P., Tardiff J. C., Schwartz S. D. (2011). A Model of Calcium Activation of the Cardiac Thin Filament. Biochemistry 50, 7405–7413. doi:10.1021/bi200506k
 McKillop D. F., Geeves M. A. (1993). Regulation of the Interaction between Actin and Myosin Subfragment 1: Evidence for Three States of the Thin Filament. Biophysical J. 65, 693–701. doi:10.1016/s0006-3495(93)81110-x
 Memo M., Leung M.-C., Ward D. G., dos Remedios C., Morimoto S. Zhang L., et al. (2013). Familial Dilated Cardiomyopathy Mutations Uncouple Troponin I Phosphorylation from Changes in Myofibrillar Ca2+ Sensitivity. Cardiovasc Res. 99, 65–73. doi:10.1093/cvr/cvt071
 Murakami K., Stewart M., Nozawa K., Tomii K., Kudou N. Igarashi N., et al. (2008). Structural Basis for Tropomyosin Overlap in Thin (Actin) Filaments and the Generation of a Molecular Swivel by Troponin-T. Proc. Natl. Acad. Sci. U.S.A. 105, 7200–7205. doi:10.1073/pnas.0801950105
 Orzechowski M., Li X., Fischer S., Lehman W. (2014). An Atomic Model of the Tropomyosin Cable on F-Actin. Biophysical J. 107, 694–699. doi:10.1016/j.bpj.2014.06.034
 Palm T., Graboski S., Hitchcock-DeGregori S. E., Greenfield N. J. (2001). Disease-causing Mutations in Cardiac Troponin T: Identification of a Critical Tropomyosin-Binding Region. Biophysical J. 81, 2827–2837. doi:10.1016/s0006-3495(01)75924-3
 Pavadai E., Rynkiewicz M. J., Ghosh A., Lehman W. (2019). Docking Troponin T onto the Tropomyosin Overlapping Domain of Thin Filaments. Biophys. J. 118, 325–336. doi:10.1016/j.bpj.2019.11.3393
 Pavadai E., Lehman W., Rynkiewicz M. J. (2020). Protein-Protein Docking Reveals Dynamic Interactions of Tropomyosin on Actin Filaments. Biophysical J. 119, 75–86. doi:10.1016/j.bpj.2020.05.017
 Pavadai E., Rynkiewicz M. J., Yang Z., Gould I. R., Marston S. B., Lehman W. (2022). Modulation of Cardiac Thin Filament Structure by Phosphorylated Troponin-I Analyzed by Protein-Protein Docking and Molecular Dynamics Simulation. Archives Biochem. Biophysics 725, 109282. In press. doi:10.1016/j.abb.2022.109282
 Pettersen E. F., Goddard T. D., Huang C. C., Couch G. S., Greenblatt D. M. Meng E. C., et al. (2004). UCSF Chimera?A Visualization System for Exploratory Research and Analysis. J. Comput. Chem. 25, 1605–1612. doi:10.1002/jcc.20084
 Racca A. W., Rynkiewicz M. J., LaFave N., Ghosh A., Lehman W., Moore J. R. (2020). M8R Tropomyosin Mutation Disrupts Actin Binding and Filament Regulation: The Beginning Affects the Middle and End. J. Biol. Chem. 295, 17128–17137. doi:10.1074/jbc.ra120.014713
 Risi C. M., Pepper I., Belknap B., Landim-Vieira M., White H. D. Dryden K., et al. (2021a). The Structure of the Native Cardiac Thin Filament at Systolic Ca2+ Levels. Proc. Natl. Acad. Sci. U. S. A. 118, e2024288118. doi:10.1073/pnas.2024288118
 Risi C., Schäfer L. U., Belknap B., Pepper I., White H. D. Schröder G. F., et al. (2021b). High-Resolution Cryo-EM Structure of the Cardiac Actomyosin Complex. Structure 29, 50–60. doi:10.1016/j.str.2020.09.013
 Rynkiewicz M. J., Schott V., Orzechowski M., Lehman W., Fischer S. (2015). Electrostatic Interaction Map Reveals a New Binding Position for Tropomyosin on F-Actin. J. Muscle Res. Cell Motil. 36, 525–533. doi:10.1007/s10974-015-9419-z
 Sewanan L. R., Park J., Rynkiewicz M. J., Racca A. W., Papoutsidakis N. Schwan J., et al. (2021). Loss of Crossbridge Inhibition Drives Pathological Cardiac Hypertrophy in Patients Harboring the TPM1 E192K Mutation. J. Gen. Physiol. 153, e202012640. doi:10.1085/jgp.202012640
 Strelkov S. V., Burkhard P. (2002). Analysis of α-Helical Coiled Coils with the Program TWISTER Reveals a Structural Mechanism for Stutter Compensation. J. Struct. Biol. 137, 54–64. doi:10.1006/jsbi.2002.4454
 Takeda S., Yamashita A., Maeda K., Maéda Y. (2003). Structure of the Core Domain of Human Cardiac Troponin in the Ca2+-Saturated Form. Nature 424, 35–41. doi:10.1038/nature01780
 Tobacman L. S., Nihli M., Butters C., Heller M., Hatch V. Craig R., et al. (2002). The Troponin Tail Domain Promotes a Conformational State of the Thin Filament that Suppresses Myosin Activity. J. Biol. Chem. 277, 27636–27642. doi:10.1074/jbc.m201768200
 Tobacman L. S. (2021). Troponin Revealed: Uncovering the Structure of the Thin Filament On-Off Switch in Striated Muscle. Biophysical J. 120, 1–9. doi:10.1016/j.bpj.2020.11.014
 Trabuco L. G., Villa E., Mitra K., Frank J., Schulten K. (2008). Flexible Fitting of Atomic Structures into Electron Microscopy Maps Using Molecular Dynamics. Structure 16, 673–683. doi:10.1016/j.str.2008.03.005
 Vibert P., Craig R., Lehman W. (1997). Steric-model for Activation of Muscle Thin Filaments. J. Mol. Biol. 266, 8–14. doi:10.1006/jmbi.1996.0800
 Wang Z., Grange M., Pospich S., Wagner T., Kho A. L. Gautel M., et al. (2022). Structures from Intact Myofibrils Reveal Mechanism of Thin Filament Regulation through Nebulin. Science 375, eabn1934. doi:10.1126/science.abn1934
 Wang Z., Grange M., Wagner T., Kho A. L., Gautel M., Raunser S. (2021). The Molecular Basis for Sarcomere Organization in Vertebrate Skeletal Muscle. Cell 184, 2135–2150. e13. doi:10.1016/j.cell.2021.02.047
 Whitby F. G., Phillips G. N. (2000). Crystal Structure of Tropomyosin at 7 Ångstroms Resolution. Proteins 38, 49–59. doi:10.1002/(sici)1097-0134(20000101)38:1<49:aid-prot6>3.0.co;2-b
 Williams M. R., Tardiff J. C., Schwartz S. D. (2018). Mechanism of Cardiac Tropomyosin Transitions on Filamentous Actin as Revealed by All-Atom Steered Molecular Dynamics Simulations. J. Phys. Chem. Lett. 9, 3301–3306. doi:10.1021/acs.jpclett.8b00958
 Yamada Y., Namba K., Fujii T. (2020). Cardiac Muscle Thin Filament Structures Reveal Calcium Regulatory Mechanism. Nat. Commun. 11, 153. doi:10.1038/s41467-019-14008-1
Conflict of Interest: The authors declare that the research was conducted in the absence of any commercial or financial relationships that could be construed as a potential conflict of interest.
Copyright © 2022 Rynkiewicz, Pavadai and Lehman. This is an open-access article distributed under the terms of the Creative Commons Attribution License (CC BY). The use, distribution or reproduction in other forums is permitted, provided the original author(s) and the copyright owner(s) are credited and that the original publication in this journal is cited, in accordance with accepted academic practice. No use, distribution or reproduction is permitted which does not comply with these terms.
		REVIEW
published: 30 June 2022
doi: 10.3389/fphys.2022.914296


[image: image2]
Protein Quality Control at the Sarcomere: Titin Protection and Turnover and Implications for Disease Development
Sebastian Kötter* and Martina Krüger
Department of Cardiovascular Physiology, Medical Faculty and University Hospital Düsseldorf, Heinrich-Heine-University Düsseldorf, Düsseldorf, Germany
Edited by:
Norio Fukuda, Jikei University School of Medicine, Japan
Reviewed by:
Charles S. Chung, Wayne State University, United States
Mathias Gautel, King’s College London, United Kingdom
* Correspondence: Sebastian Kötter, sebastian.koetter@uni-duesseldorf.de
Specialty section: This article was submitted to Striated Muscle Physiology, a section of the journal Frontiers in Physiology
Received: 06 April 2022
Accepted: 10 June 2022
Published: 30 June 2022
Citation: Kötter S and Krüger M (2022) Protein Quality Control at the Sarcomere: Titin Protection and Turnover and Implications for Disease Development. Front. Physiol. 13:914296. doi: 10.3389/fphys.2022.914296

Sarcomeres are mainly composed of filament and signaling proteins and are the smallest molecular units of muscle contraction and relaxation. The sarcomere protein titin serves as a molecular spring whose stiffness mediates myofilament extensibility in skeletal and cardiac muscle. Due to the enormous size of titin and its tight integration into the sarcomere, the incorporation and degradation of the titin filament is a highly complex task. The details of the molecular processes involved in titin turnover are not fully understood, but the involvement of different intracellular degradation mechanisms has recently been described. This review summarizes the current state of research with particular emphasis on the relationship between titin and protein quality control. We highlight the involvement of the proteasome, autophagy, heat shock proteins, and proteases in the protection and degradation of titin in heart and skeletal muscle. Because the fine-tuned balance of degradation and protein expression can be disrupted under pathological conditions, the review also provides an overview of previously known perturbations in protein quality control and discusses how these affect sarcomeric proteins, and titin in particular, in various disease states.
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1 INTRODUCTION
The sarcomere scaffold of striated muscle cells is formed by three filaments: The thick filament consisting of myosin, the thin filament formed by actin, and the titin filament. While myosin and actin are mainly responsible for the Ca2+-dependent force development of the sarcomere, several different functions are attributed to the titin filament. Due to its very specific structure and position in the sarcomere, titin plays a particularly important role in shaping the viscoelastic properties of myofilaments. In this role, titin acts as a molecular spring and, along with collagen, is the main determinant of passive elastic force in muscle cells (Granzier and Irving, 1995; Linke, 2008; Tskhovrebova and Trinick, 2010; Gautel, 2011b). In addition, titin participates in the complex mechanisms determining length-dependent activation, is responsible for keeping thick filaments in the center of the sarcomere, assists in sarcomere assembly, and is a hotspot for various processes of mechano-chemical signal transduction (Krüger and Linke, 2011). The elastic properties of cardiac titin change dynamically during cardiac development and may also be pathologically altered during the course of cardiac disease (Linke and Hamdani, 2014). These changes in the titin molecule have a strong impact on diastolic function of the myocardium (Koser et al., 2019). The central position of titin in the sarcomere, coupled with its role as a signaling node allows it to function as an important mechanosensor (Krüger and Linke, 2011). Because the protein is subjected to high mechanical stress in the working sarcomere, the titin filament must be subject to tightly regulated quality control. However, in a sarcomere that is constantly contracting and relaxing, quality control of a giant protein like titin is a huge challenge. In this review, we provide a brief overview on the mechanisms of protein quality control (PQC) in the sarcomere with a particular focus on the mechanisms of titin degradation known to date. In addition, we compile some well-characterized pathologies in which PQC mechanisms are impaired, leading to a significant loss of myocyte function.
2 TITIN—A BRIEF OVERVIEW ON STRUCTURE AND FUNCTION
The giant protein titin is encoded by a single gene with 364 exons resulting in a theoretical (maximum) size of 4.2 MDa (Bang et al., 2001). A single titin molecule spans the distance of 1 µm from the Z-disk to the M-line. Titin consists mainly of serially linked immunoglobulin-like domains (Ig domains), fibronectin type III domains (FN3 domains), and some unique sequences (us) (Bang et al., 2001). The NH2 terminus of titin is anchored to the sarcomeric Z-disk by interaction with nebulin or the cardiac isoform nebulette (Witt et al., 2006), α-actinin 2 (Sorimachi et al., 1997; Labeit et al., 2006), and telethonin (Mues et al., 1998; Granzier and Labeit, 2004; Miller et al., 2004; Lange et al., 2006). Telethonin connects the NH2-terminal parts of two titin molecules from one sarcomere in a palindromic manner (Zou et al., 2006). In a complex with the Z-disk component actinin and the muscle LIM protein (MLP), titin and telethonin form a mechanical stretch-sensing complex (Knöll et al., 2002). The I-band part of titin is not firmly attached to the adjacent filaments and can thus act like an elastic molecular spring that contributes to the passive stiffness of cardiac and skeletal muscles. It is composed of the proximal Ig domains, a heart-specific N2B domain (including the unique N2-B sequence, N2-bus), the middle Ig domains, the N2A domain (N2BA isoform), the PEVK domain [named for the high abundance of proline (P), glutamic acid (E), valine (V), and lysine (K) residues], and finally the distal Ig domains. With a size of ∼ 2 MDa, the A-band part of titin is the largest part of the molecule (Bang et al., 2001) and mainly consists of fibronectin type III and Ig-domains, organized in 7-domain and 11-domain super repeats, respectively (Labeit et al., 1992). Titin is tightly connected to myosin and myosin-binding protein C (Tskhovrebova and Trinick, 2004; Lange et al., 2006). The M-band portion of titin contains several inserted sequences and the titin-kinase-domain in the M-band periphery (Bang et al., 2001; Gautel, 2011a).
In cardiac muscle cells, titin occurs in two isoforms: the longer and more compliant N2BA isoform (∼3.2–3.3 MDa) and the shorter and more rigid N2B isoform (∼3.0 MDa). Skeletal muscle cells contain a third isoform type, the N2A isoform with the slightly longer muscle-specific splice variants (3.3–3.7 MDa) (Freiburg et al., 2000; Neagoe et al., 2003; Prado et al., 2005). In cardiac muscle cells the ratio of N2BA and N2B largely determines titin based passive stiffness (Krüger and Linke, 2011).
The composition of titin isoforms can be dynamically adjusted. For example, the composition of titin isoforms changes from a predominant fetal N2BA isoform to adult N2BA and N2B isoforms during cardiac development, which is enhanced by stimulation with thyroid hormone 3 or insulin through triggering the PI3-K/AKT/mTOR pathway (Krüger et al., 2008; Krüger et al., 2010). The ratio of N2BA:N2B in human cardiomyocytes is about 30%:70% (Neagoe, 2002). All titin isoforms are transcribed and translated from a single gene by alternative splicing, which is strongly regulated by the splicing factor RNA-binding motif 20 (RBM20) Silencing of RBM20 leads to the formation of a giant titin isoform (N2BA-G, 3.9 MDa) (Guo et al., 2012; Zhu et al., 2017). Splicing events occur mainly within the I-band portion of titin but can also involve the Z-disk and M-band (Krüger and Linke, 2011). In heart failure, severe deviations in the composition of titin isoforms may occur due to altered splicing behaviour. In this context, a shift towards an either elevated or decreased N2BA:N2B ratio has been observed in several systolic or diastolic heart failure models (Linke and Hamdani, 2014).
While changing isoform composition is a long-term mechanism, posttranslational modification of elastic I-band domains can affect titin-based stiffness more dynamically. The most intensively studied posttranslational modification is phosphorylation of elastic spring elements in the I-band part of titin (Linke and Hamdani, 2014). Phosphorylation of the cardiac N2-B-domain by Protein Kinase A (PKA) (Yamasaki, 2002), Protein Kinase G (PKG) (Krüger et al., 2009), Cam-Kinase IIδ and Extracellular regulated Kinase 1/2 (ERK1/2) lowers titin-based passive stiffness whereas phosphorylation of the PEVK domain by PKCα increases titin-based passive stiffness (Hidalgo et al., 2009). Alterations of the phosphorylation levels have been demonstrated for different human pathologies with elevation of PEVK and reduced N2B phosphorylation in DCM, HCM and diabetes type 2 (van Heerebeek et al., 2012; Hamdani et al., 2013; Kötter et al., 2013; Hopf et al., 2018) resulting in higher stiffness compared to healthy controls. Higher PEVK and lower N2B phosphorylation has also been observed in the remote myocardium of mice after 3 days of permanent LAD ligature (Kötter et al., 2016). Acute and chronic elevation of titin-based passive stiffness could be tantamount with higher mechanical strain, increased working load and subsequent abrasion potentially lowering titin filament lifetime. This could lead to the necessity of faster replacement and degradation of titin filaments.
Oxidative stress due to higher levels of reactive oxygen species (ROS) can result in oxidative modification of myofilament components, thereby affecting myocyte contractility. Oxidative modification of sarcomere proteins and especially titin has been reported for several conditions like ischemia/reperfusion, in heart failure or muscular dystrophies (Beckendorf and Linke, 2015). S-glutathionylation lowers titin-based passive stiffness, disulphide bonding increases it (Grützner et al., 2009; Alegre-Cebollada et al., 2014). Unfolded domain oxidation within Ig-domains of the I-band also affects titin elasticity (Loescher et al., 2020). Although most cysteines are buried within folded Ig-domains and can only be oxidatively modified in an unfolded state, Ig-domain unfolding occurs already at physiological sarcomere lengths (Rivas-Pardo et al., 2016). Another effect of oxidative stress is a reduced activity of NOS, resulting in lower amounts of NO (De Pascali et al., 2014). Since PKG activity depends on NO availability, oxidative stress can cause hypo-phosphorylation of the N2-Bus (Beckendorf and Linke, 2015) (Section 5.1).
Within the PEVK domain a ubiquitination site (K11877) is directly neighbouring the well-established PKCα phosphorylation site S11878, according to the full-length human titin sequence (UniProtKB accession number, Q8WZ42) (Wagner et al., 2012). Crosstalk between ubiquitination and phosphorylation events have become a regularly discussed topic especially in cell signaling regulation (Hunter, 2007; Nguyen et al., 2013). The PEVK domain has been described as an unstructured, random-coiled region (Watanabe et al., 2002) and, therefore, potential conformational changes caused by incorporation of polyubiquitin chains can hardly be predicted. Nevertheless, it seems likely that posttranslational modifications adjacent to ubiquitination motifs influence not only local signaling events but also ubiquitin-mediated degradation, and vice versa (Section 4.1.1).
3 MECHANISMS OF PROTEIN QUALITY CONTROL
Intracellular PQC is essential for maintaining the balance between protein degradation and synthesis. In long-lived striated muscle cells, maintaining proteome balance is demanding. A large number of components must be correctly synthesized, folded and incorporated into the sarcomere (Hnia et al., 2019). Imbalance of protein homeostasis leads to accumulation of misfolded proteins and cytosolic aggregation with severe proteotoxicity (Wang and Hill, 2015). Dysregulated PQC has been implicated in various diseases such as cardiovascular diseases (Wang and Hill, 2015; Sciarretta et al., 2018), skeletal muscle myopathies (Kley et al., 2016) and diabetes (Sciarretta et al., 2015). In post-mitotic cardiomyocytes with low regenerative capacity and permanent mechanical stress, it becomes even more complicated as components have to be incorporated into the working sarcomere. Therefore, integration into the Z-disk, the A-band and the M-line or excision of the giant protein titin from the sarcomere to allow further degradation seems to be the ultimate challenge. To date, the exact mechanisms of PQC for titin are not fully understood.
The following sections provide an overview of the central processes of PQC and summarize the current state of knowledge on the degradation and remodeling of the protein giant titin. Major components of PQC are the ubiquitin-proteasome-system (UPS), the autophagosomal-lysosomal system (autophagy), proteases such as calpains and matrix metalloproteinase 2 and heat shock proteins (Figures 1, 2).
[image: Figure 1]FIGURE 1 | Main components of protein quality control. (A) Ubiquitination of a substrate protein by E1-, E2- and E3-ligases. (B) Structure of the 26S-proteasome. (C) Schematic overview of macroautophagy including autophagy initiation complexes, autophagosome maturation and fusion with a lysosome. Abbreviations: AMPK, AMP activated protein kinase; Atg, autophagy-related (gene); FIP200, focal adhesion kinase family-interacting protein of 200 kD; LAMP2a, lysosomal-associated membrane protein 2a; LC3, microtubule-associated protein 1 light chain 3; mTOR, mammalian target of rapamycin; PI3P, phosphatidylinositol 3-phosphate; ULK1, unc-51–like autophagy-activating kinase 1; Vps34, class III phosphoinositide 3-kinase; Vps15, serine-threonine kinase Vps15/ird1.
Degradation usually begins with the labeling of target proteins by polyubiquitin chains (Section 3.1), which specifically direct the proteins to the respective degradation machinery of the proteasome (Section 3.2) or autophagosome (Section 3.3). Depending on the substrate, additional pre-digestion by proteases is required to make the substrates accessible for further degradation (Section 3.4). In the sarcomere, calpains have been shown to be involved in the disassembly of myofilament complexes so that they can be degraded by the proteasome (Kramerova et al., 2005; Galvez et al., 2007). Heat shock proteins (HSPs) take on the role of protective chaperones, primarily to prevent misfolding and premature degradation (Section 3.5). In the following section, the individual stations will be discussed in more detail.
3.1 E3-Ligases
Ubiquitination of proteins is a three-step reaction performed by E1 (ubiquitin-activating), E2 (ubiquitin-conjugating) or E3 ligases (ubiquitin-ligating) (Figure 1A). Substrate specificity is based on the diversity and large number of E3 ligases performing the final step (Wang et al., 2011). To date, 2 E1-ligases and 38 E2 ligases have been identified within human tissues (Gundogdu and Walden, 2019). In contrast, hundreds of E3-ligases are known that can be classified into different types. The Really Interesting New Gene (RING) family is the largest type of E3 ubiquitin ligases with more than 600 members in humans alone (Morreale and Walden, 2016). Other families are the Homologous to E6AP C-terminus (HECT) E3 ubiquitin ligases (Lorenz, 2018), the Cullin-RING ubiquitin ligases (CRLs) and the U-box containing E3 ligases, also named E4 ligases (Morreale and Walden, 2016) and Ring Between Ring (RBR) E3-ubiquitin ligases (Dove and Klevit, 2017). Several muscle specific E3-ligases have already been identified in the past including the members of the muscle specific ring finger (MuRF) family members MuRF-1, -2, -3, also called tripartite motif containing (TRIM), and F-box protein 32 (Fbx32) also called atrogin-1 or MAFbx (Willis et al., 2008). In cardiomyocytes MuRF-1 negatively regulates cardiac hypertrophy through proteasomal degradation of calcineurin. Mutations in the gene encoding MuRF-1 have been found in patients with cardiac hypertrophy (Chen et al., 2012). Fbx32 is another muscle specific E3-ligase that, like MuRF-1, promotes protein degradation and is thought to inhibit cardiac hypertrophy. In contrast, inhibition of Fbx32 supresses hypertrophy through subsequent activation of nuclear factor kappa B signaling (Usui et al., 2011). MuRF-2 plays an important role in myofibril assembly in neonatal cardiomyocytes (Perera et al., 2011). MuRF-1 and Fbx32 are known to be key regulators of skeletal muscle atrophy and are involved in proteasomal degradation of myosin and myosin binding protein C (Gomes et al., 2001; Clarke et al., 2007; Cohen et al., 2009).
Carboxy terminus of HSP70 interacting protein CHIP (also named STUB1) is expressed in several tissues, but shows highest expression levels in cardiac and skeletal muscle. CHIP is capable of forming both K48 as well as K63 polyubiquitin chains (Zhang et al., 2005; Shaid et al., 2012) suggesting a role in proteasomal and autophagosomal degradation of substrate proteins or organelles. CHIP is critical for quality control processes and ubiquitinates misfolded proteins when correct folding cannot be achieved (Demand et al., 2001). It plays a cardioprotective role during ischemia and reperfusion by increasing PQC in a PKG-dependent manner (Ranek et al., 2020). In a complex with Bcl2-associated anthanogene 3 (BAG3), HSPB8, HSC70 and p62, CHIP is involved in the degradation of Z-disk components including filamin c (Figure 3) (Arndt et al., 2010). It has been reported that BAG3/CHIP dependent sarcomere protein turnover is essential for maintenance of myofilament function (Martin et al., 2021).
In skeletal muscle, MuRF-1 and 2 are reported to ubiquitinate titin fragments from the M-line-A-band transition zone (Witt et al., 2005; Higashikuse et al., 2019). Inhibition of MuRF-1 by small molecules improves diastolic function in heart failure with preserved ejection fraction (HFpEF) and attenuates skeletal muscle wasting in cardiac cachexia (Bowen et al., 2017; Adams et al., 2022). Recently, the involvement of MuRF-1, -2, -3, Fbx32 and CHIP in proteasome- and autophagosome dependent titin filament ubiquitination has been demonstrated (Section 4.1 and Figure 2) (Müller et al., 2021).
[image: Figure 2]FIGURE 2 | Schematic overview of the interaction of the titin filament with components of the protein quality control and suggested domain specific degradation of titin by the proteasome and autophagy. MMP2, matrix metalloproteinase-2; T-CAP, titin cap/telethonin; N2-B, cardiac specific domain; PEVK, Prolin, glutamate, valine and lysine rich domain.
3.2 Ubiquitin-Proteasome System
The ubiquitin-proteasome system (UPS) is a large, multi-subunit protease complex that functions in an ATP-dependent manner and is responsible for the regulated non-lysosomal degradation of most misfolded or defective cytoplasmic proteins (Livneh et al., 2016). Proteins degraded by the proteasome must be tagged with a poly-ubiquitin chain (Lander et al., 2012), however, mono-ubiquitination of some substrates has also been reported to lead to proteasomal degradation (Braten et al., 2016). Ubiquitin is a small, highly conserved protein composed of 76 amino acids. Via the N-terminal methionine, ubiquitin molecules are bound to lysine residues of substrate proteins. Polyubiquitin chains consist of at least four ubiquitin molecules that are linked to each other via different lysine residues within the ubiquitin molecule (K6, K11, K27, K29, K33, K48, K63) (Swatek and Komander, 2016). In proteasomal degradation, the linkage occurs via K48 (Thrower et al., 2000).
A catalytic 20S core and one or two regulatory 19S subunits form the 26S proteasome (Bard et al., 2018) (Figure 1B). The 20S core is arranged in a stack of four rings, each with 7 subunits, two α-rings (α1-α7) and two β-rings (β1-β7) (Lander et al., 2012). Degradation of substrate proteins occurs through three key protease activities: caspase-like activity (β1-subunit), trypsin-like (β2-subunit) and chymotrypsin-like activity (β5-subunit). These subunits can be replaced by the inducible β1i, β2i and β5i subunits under different physiological and pathophysiological conditions (Scruggs et al., 2011). The 19S regulatory subunit consists of 19 subunits that can be divided into the lid and the base. The base consists of six regulatory particle AAA ATPase subunits (Rpt1-Rpt6) building a ring structure and four non-ATPase subunits (Rpn1, Rpn2, Rpn10 and Rpn13) (Díaz-Villanueva et al., 2015). The lid contains nine different subunits (Rpn3, Rpn5-9, Rpn11, Rpn12 and Rpn15). Ubiquitinated proteins are recognized by the ubiquitin binding proteins Rpn1, 10 and 13 within the 19S lid and ubiquitin chains are partially removed and rescued from degradation primarily by the Rpn11 subunit (Verma et al., 2002; Yao and Cohen, 2002). The substrates are unfolded and transported through a narrow central pore into the catalytic core where they are degraded (Lander et al., 2012). This central pore is formed by the N-termini of a subgroup of α-subunits that blocks the unregulated entry of substrates into the catalytic core (Groll et al., 2000).
3.3 Autophagy
The autophagosomal-lysosomal system processes individual proteins, larger protein complexes, aggregates and complete organelles (Shaid et al., 2012). It is regulated by specific autophagy-related genes (Atg) that control the initiation, maturation and fusion of autophagosomes with lysosomes to form autolysosomes (Sciarretta et al., 2018). To date, more than 35 Atg genes have been identified, most of which are conserved between yeast and mammals (Ravikumar et al., 2010). Autophagy is activated by various stresses such as nutrient/glucose deprivation or oxidative stress (Sciarretta et al., 2018). In recent years, autophagy has gained attention as an important regulator of cardiac protein homeostasis and function. By eliminating misfolded proteins and damaged organelles, autophagy is central to maintaining cardiac structure and function (Nakai et al., 2007; Ikeda et al., 2015). There are three different types of autophagy: macroautophagy, chaperone-mediated autophagy (CMA or CASA for chaperone assisted selective autophagy) and microautophagy. In CMA, soluble substrates containing a KFERQ sequence are bound to the chaperone heat shock cognate protein 70 (HSC70/HSPA8), and the proteins are delivered directly to the lysosome by binding to lysosome-associated membrane protein 2a (LAMP2a) (Arndt et al., 2010). In the process of microautophagy, a small portion of the cytosol is directly engulfed by the lysosomal membrane. Macroautophagy describes the degradation process of proteins, protein aggregates, macromolecules or cellular organelles, which involves encapsulation in a double-membraned vesicle, the autophagosome (Shaid et al., 2012). In a first step, small endoplasmatic/sarcoplasmatic reticulum-derived vesicular sacs form around the target proteins, the autophagophore. Substrates are anchored to the membrane by autophagy-related proteins such as microtubule-associated light chain 3 (LC3/Atg8) and the ubiquitin binding protein p62/SQSTM1 (Shaid et al., 2012). Once the membrane closes around the target substrates, it is called autophagosome. Eventually, the autophagosome is fused to a lysosome and the substrates are degraded by lysosomal proteases (Levine and Kroemer, 2008; Gatica et al., 2015). In the following macroautophagy is referred to as autophagy. For autolysosomal degradation, unfolded protein substrates and protein aggregates are also labelled by polyubiquitin chains. In this case the ubiquitin molecules are typically linked via lysine residue 63 (K63) (Ji and Kwon, 2017).
A key element of autophagy initiation is the autophagy-initiating kinase Ulk1 (mammalian homologue of yeast ATG1) as part of the ULK1-ATG13-FIP200 protein complex (Mizushima, 2010). ULK1 contains multiple phosphorylation sites that regulate their activity when targeted e.g., by AMP activated protein kinase (AMPK) or mammalian target of rapamycin (mTOR) (Kim et al., 2011). Under glucose starvation, AMPK-mediated phosphorylation of ULK1 (e.g., at S317, S777 and S555) activates autophagy (Egan et al., 2011; Kim et al., 2011). In contrast, mTOR, a cell growth regulator, associates with the ULK1-ATG13-FIP200 complex, leading to phosphorylation of ULK1 at S757, thereby disrupting the AMPK-ULK1 interaction and inhibiting autophagy (Egan et al., 2011). Activated ULK1 phosphorylates and recruits a class III phosphoinositide-3-kinase (PI3-K) complex to the site of formation of the isolation membrane to start phagophore assembly (Feng et al., 2014) (Figure 1C).
3.4 Calpains and MMP2
The calpain family in humans consists of 15 members and all are Ca2+-dependent, non-lysosomal cysteine proteases (Chen et al., 2021). Unlike other proteases that catalyse the degradation of their substrates, calpains recognize and proteolyze their substrates, but do not degrade them (Ono and Sorimachi, 2012). Three members have been identified in muscle tissues, calpain-1 (µ-calpain) and -2 (m-calpain) are ubiquitously expressed whereas calpain-3 is predominantly found in skeletal muscle (Portbury et al., 2011; Letavernier et al., 2012). The inhibitory protein calpastatin serves as the primary negative allosteric modifier of calpain activity by interaction between calpain and inhibitory domains of calpastatin (Hyatt and Powers, 2020). All three calpains have been associated with the degradation of sarcomere proteins including titin (Lim et al., 2004; Portbury et al., 2011).
Matrix metalloproteinase 2 (MMP2) is a zinc-dependent protease that degrades components of the extracellular matrix. Although normally localized in the extracellular matrix, MMP2 does not exclusively degrade matrix components and intracellular and particularly sarcomeric localization of MMPs has been demonstrated (Ali et al., 2010). Under increased oxidative stress, MMP-2 has been shown to degrade various sarcomere proteins such as troponin, myosin-light chain and α -actinin (Wang et al., 2002; Gao et al., 2003; Sawicki et al., 2005; Sung et al., 2007). In cardiomyocytes intracellular MMP2 can be found in the Z-disc region where it has been suggested to degrade the titin filament, particularly after experimental ischemia/reperfusion. (Ali et al., 2010).
3.5 Heat Shock Proteins
Another important element of PQC are the heat shock proteins that help other proteins fold or maintain their secondary structure under extreme conditions. They are produced in increased amounts after cells have been exposed to heat or other types of stressful environmental influences such as ultraviolet radiation, heavy metals or ethanol. In these situations of cellular stress, heat shock proteins stabilise cellular proteins to protect them from denaturation or accelerate the degradation of non-functional proteins via the proteasome. There are several different types of heat shock proteins, including the ATP-dependent HSP90 and HSP70, chaperonin containing TCP1 [CCT; also called TCP1-ring complex (TRiC)] and the non-ATP-dependent small heat shock proteins (sHSP) (Willis and Patterson, 2010). sHSPs, a family of molecular chaperones with 10 members in humans (HSPB1-10) (Kappé et al., 2010) and a molecular weight of 12–43 kDa, play a central role the PQC machinery. Despite their low molecular weight, sHSPs can form huge oligomers of up to several hundred kilo Dalton (Vos et al., 2008). As non ATP-dependent chaperones, sHSPs are not able to refold, but bind damaged or partially unfolded client proteins to keep them in a folding-prone state and protect them from aggregation (Mymrikov et al., 2011). Under several stress conditions like oxidative stress or energy depletion expression levels of sHSPs are increased in order to protect the cell (Mymrikov et al., 2011). Overexpression of HSP20 (HSPB6) protects against ischemia/reperfusion injury by activating autophagy (Fan et al., 2005; Qian et al., 2009). HSP22 (HSPB8) and HSP27 (HSPB1) have also been shown to have a protective effect after ischemia/reperfusion (Vander Heide, 2002; Depre et al., 2006). HSP27 and αB-crystallin (HSPB5) are ubiquitously expressed in mammalian tissues (Klemenz et al., 1993). The chaperone activity of HSP27 and αB-crystallin is regulated by their oligomeric structure and the phosphorylation status (Ahmad et al., 2008; Jovcevski et al., 2015). αB-crystallin interacts with the 20S core of the proteasome and phosphorylation-independent with Fbx4, a subunit of the ubiquitin ligase complex SCF, suggesting the degradation of bound substrates by the proteasome (Boelens et al., 2001; den Engelsman et al., 2003). HSP27 has been shown to interact with the 19S unit of the proteasome and with ubiquitin, suggesting a role in substrate degradation by the proteasome also for this heat shock protein (Garrido et al., 2006). Both, HSP27 and αB-crystallin can translocate from the cytosol to the sarcomere under different stimuli and pathological conditions (Kötter et al., 2014; Unger et al., 2017).
The ATP-dependent chaperone HSP90 is ubiquitously expressed and has been reported to be a chaperone for myosin in the sarcomere (Smith et al., 2014). HSP90 does not directly interact with titin, but it can associate to the N2A domain of titin in a complex with the titin binding partner SET and MYND domain containing protein 2 (SMYD2) thereby exerting a protective effect on the Z-disc/I-band structure. For this interaction, HSP90 has to be methylated by SMYD2 at lysine K616 (Donlin et al., 2012). Following glutathionylation or oxidation of SMYD2, the complex dissociates and titin/N2A can be degraded by calpain-1 and/or MMP2 pointing to a positive role of SMYD2 and HSP90 in regulation of titin stability (Donlin et al., 2012; Munkanatta Godage et al., 2018).
4 PROTEIN QUALITY CONTROL OF SARCOMERE PROTEINS
4.1 Protection and Degradation of Titin
As mentioned earlier, controlling the protein quality of the titin filament is particularly challenging because the filament consists of a single protein and replacing a defective titin molecule in a functioning sarcomere is a difficult task. The reported half-life of a titin molecule under baseline conditions is about 3–5 days (Isaacs et al., 1989), but exchange of titin filaments in the sarcomere can occur within hours (da Silva Lopes et al., 2011). During neonatal development titin isoforms switching from foetal isoforms to the adult isoforms occurs within in days in small mammals (Opitz et al., 2004; Krüger et al., 2008) and weeks to months in larger animals (Lahmers et al., 2004). In adult heart, interventions such as pharmacologically induced hypothyroidism (Wu et al., 2007) and transverse aortic constriction (Han et al., 2020) have been reported to alter titin isoform composition within weeks. This process includes incorporation of newly synthesised titin filaments into growing sarcomeres as well as turnover of the foetal isoforms.
It was shown that translation of titin mRNA occurs predominantly at the Z-disk and the I-band of the sarcomere, i.e., in close proximity to the subsequent site of incorporation (Rudolph et al., 2019). The study by Rudolph et al. also partially refutes the long-discussed hypothesis of gradual integration of the titin filament into the Z-disc and subsequently into the M-lineage, by showing the placement of fluorescently labelled full-length titin filaments in the sarcomere. According to the study, integrated titin filaments originate primarily from a soluble cytosolic pool that represents approximately 10–15% of total titin (Rudolph et al., 2019). The exact mechanisms of titin filament integration into the sarcomere are not resolved yet, however, it is likely impeded by ongoing contraction of the sarcomeres.
Similarly, only little information is available on the mechanisms involved in titin PQC and turnover. Its gigantic size makes titin highly susceptible to fragmentation and degradation, suggesting that a continuous, well-functioning mechanism for protein turnover is required.
The sHSPs αB-crystallin and HSP27 as well as HSP90 have been identified as direct or indirect binding partners of titin I-band domains and likely play an important role in the PQC of the giant molecule (Bullard et al., 2004; Kötter et al., 2014). Under ischemic conditions and mechanical stretch of cardiac myocytes, conditions that occur during high mechanical stress, titin domain unfolding and subsequent interfilament aggregation can occur, leading to increased passive stiffness of muscle cells. It could be shown in vitro, that the presence of the small heat shock proteins HSP27 or αB-crystallin titin aggregation is blocked and an increase in passive stiffness is prevented (Kötter et al., 2014). HSP27 and αB-crystallin also showed translocation from the Z-disk to I-band domains e.g., in failing hearts and skeletal muscle dystrophies indicating a protective effect on these domains under pathological conditions. HSP27 and αB-crystallin have been shown to interact with the proximal Ig-region, the N2B and the N2A domain but not the PEVK, indicating a translocation to and a protection for these domains (Bullard et al., 2004; Kötter et al., 2014). In vitro experiments in human cardiomyocytes from failing hearts showed that treatment with αB-crystallin can decrease pathologically increased titin-based passive stiffness (Franssen et al., 2017). Thus, one might speculate that αB-crystallin not only prevents the formation of titin aggregates, but can also dissolve them. which would be a finding with significant potential for novel therapeutic strategies. However, caution is required here, because there is no reported evidence at the molecular level that sHSPs alone are capable of refolding proteins or even dissolving aggregates.
Due to the size of a titin filament, its degradation is an extremely complex and probably energy-consuming task for the cell. A first sign of elevated titin degradation is a higher abundance of the T2 fragment with a size of approximately 2–2.5 MDa, a specific degradation intermediate mainly existing of the A-band part of titin (Linke and Hamdani, 2014). The recently identified titin cronos isoform (∼2 MDa) (Zou et al., 2015; Zaunbrecher et al., 2019) appears in the same molecular weight range than the T2 band and cannot be easily distinguished by electrophoresis alone. Gelelectrophoretic separation of full-length titin and the T2 revealed 2, 3 or more separate T2 bands (Neagoe, 2002; Lahmers et al., 2004; Kruger and Linke, 2006; Krüger et al., 2008). Since the A-band portion of titin is identical in most isoforms, the different molecular weights of the T2 product indicate a different composition of the I-band domain of the degradation intermediate, similar to variable I-band length in the N2BA isoforms. This could also imply that multiple excision sites exist within the titin I-band resulting in different degradation products.
Current evidence suggests that both the proteasome (Kötter et al., 2016; Higashikuse et al., 2019) and autophagy (Lange et al., 2005; Bogomolovas et al., 2021; Müller et al., 2021), are involved in the degradation of titin and that the degradation of the different titin domains might occur specifically via one or the other system. This hypothesis was lately supported by experimental in vitro inhibition of the proteasome, which lead to increased proteasome-dependent K48 polyubiquitination, and inhibition of autophagy, causing increased autophagy-dependent K63 polyubiquitination of titin (Kötter et al., 2016; Müller et al., 2021).
The observed titin ubiquitination is at least in part performed by the muscle specific E3-ligases MuRF-1, -2, -3, CHIP and Fbx32/atrogin-1. Importantly, polyubiquitination occurs at full-length titin indicating is fully accessible for ubiquitination while still incorporated into the sarcomere (Müller et al., 2021). This is in accordance with other studies showing ubiquitination of other sarcomere proteins within the sarcomere (Martin et al., 2021). It can therefore be concluded that also for a giant protein like titin, a predigest is not necessarily needed for the ubiquitination reaction itself (Müller et al., 2021). Nevertheless, predigest of titin is important for further processing by autophagy or the proteasome and could be performed by the proteases calpain 1 and/or 3 as well as MMP2 (Barta et al., 2005; Hayashi et al., 2008; Azevedo et al., 2014). Calpain-1 has been identified as a binding partner of the N2A domain and the proximal Ig-domains of titin (Raynaud et al., 2005; Coulis et al., 2008). In vitro experiments have demonstrated that calpain-1 proteolyzes recombinant titin N2A constructs, suggesting that N2A is one of the titin subdomains susceptible to proteolysis by calpain-1 (Hayashi et al., 2008). The sequences within N2A that are degraded by calpain-1 were analyzed and mapped to two sites at the N- and C-terminal borders of N2A’s unique insertion (uN2A). Calpain-3 also interacts with the N2A domain of titin (Hayashi et al., 2008). The release of calpain-3 from the N2A domain seems to be necessary for the activation and proteolysis of titin (Adewale and Ahn, 2021). Calpain-3 additionally binds to the C-terminal part of titin in the M-line region and leads to its proteolysis (Sorimachi and Ono, 2012; Charton et al., 2015).
MMP2 has been shown to associate to titin in Z-disk proximity at regions that share >60% sequence identity with MMP2 cleavage sites (Ali et al., 2010). The Z-disk proximity of MMP2 binding makes it highly likely that MMP2 is preferentially involved in the degradation of the readily accessible I-band region of titin. Calpains and MMP2 digest I-band titin into smaller fragments that can be readily recognized and degraded by the proteasome. This supports the idea that the accessible I-band part of titin could be preferentially degraded via the proteasome. Of note, the specific titin degradation band T2 was increased after inhibition of autophagy or the proteasome suggesting that under these conditions the titin degradation is stalled after proteolytic pre-digest, resulting in accumulation of the pre-digest product T2 containing titins A-band (Müller et al., 2021). The A-band portion of titin, which is tightly linked to myosin and myosin-binding protein C (Linke and Hamdani, 2014) is thought to be embedded in an autophagosome and degraded after fusion with a lysosome. The hypothesis of domain dependent degradation is supported by recent studies demonstrating localization of proteasome subunits of the 20S core at the Z-disk/I-band region of the sarcomere in adult cardiomyocytes (Rudolph et al., 2019) and localization of the autophagy-related Nbr1/p62/MuRF-1 complex at the titin kinase region upon MuRF-1 mediated ubiquitination of titin (Lange et al., 2005; Bogomolovas et al., 2021). Figure 2 summarizes recent findings supporting the hypothesis of a domain specific degradation of titin by the proteasome and autophagy.
4.1.1 Potential Degradation-independent Effects of Titin Ubiquitination
Given the important role of titin as a mechanosensitive protein and its function as a molecular spring excessive modification of the protein may also have significant effects on its biomechanical properties. A polyubiquitin chain of 5 molecules has a molecular weight of about 40 kDa, so the size in itself could lead to steric hindrance of other posttranslational modifications. Whether titin ubiquitination directly or indirectly affects titin mechanical properties remains to be investigated. In mice, a previous study reported ubiquitination of titin within the PEVK domain at lysine residue K11877 (Wagner et al., 2012). This site is adjacent to a well-described PKCα phosphorylation site (S11878) that regulates titin-based passive tension. It can be speculated that mono- and/or poly-ubiquitination of K11877 alters the accessibility of the phosphorylation site, thereby preventing phosphorylation or de-phosphorylation of the S11878 residue. Such changes in the phosphorylation status of titin may in turn affect its elastic properties and cardiomyocyte function. Monoubiquitination of titin, e.g., within the N2-B domain, may also have implications for titin-based signal transduction by altering hypertrophic signaling via the N2B/four and a half LIM domain protein 1 and 2 (FHL1, FHL2)/MAPK complex.
4.2 Degradation of Other Sarcomere Proteins
Several studies have shown that the E3 ligase MuRF-1 plays a key role in the degradation of sarcomere proteins. MuRF-1 ubiquitinates myofibrillar proteins such as troponin I (Kedar et al., 2004), myosin heavy chains (Clarke et al., 2007; Fielitz et al., 2007), actin (Polge et al., 2011), myosin binding protein C and myosin light chain 1 and 2 (Cohen et al., 2009). Subsequently, all of these substrates are degraded by the proteasome (Figure 3).
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The giant protein obscurin, binding partner of titin and myomesin (Fukuzawa et al., 2008), is localized in the M-band of the sarcomere. Small ankyrin-1 isoform 5 (sAnk1.5) is localized at the membrane of the sarcoplasmatic reticulum (SR) from where it interacts with the C-terminus of obscurin in cardiac and skeletal muscle (Lange et al., 2009) (Figure 3). This structural interaction of sarcomeric obscurin and sAnk1.5 in the membrane of the SR is necessary to anchor the SR in close proximity to the myofibrils. In the absence of sAnk1.5 longitudinal SR architecture is disrupted (Giacomello et al., 2015). In addition, interaction with obscurin prevents the degradation of sAnk1.5. Disruption of thi obscurin-sAnk1.5 interaction leads to dislocation of sAnk1.5 to the sarcomeric Z-disc and cullin-3-mediated degradation (Lange et al., 2012).
The chaperone UNC-45 promotes folding and formation of myosin molecules (Gaiser et al., 2011; Melkani et al., 2011). Together with HSP70 and HSP90, UNC-45 builds a multisite docking platform for the assembly of myosin filaments (Gazda et al., 2013). Mutations in conserved regions of UNC-45 leading to reduced protein levels and/or chaperone activity results in paralysis and dysregulated thick filaments in Caenorhabditis elegans (Moncrief et al., 2021).
Another important mediator of sarcomere protein degradation is the co-chaperone BAG3 (Ulbricht et al., 2013; Behl, 2016). In skeletal muscle, BAG3 induces the formation of a protein complex that includes HSC70, the small heat shock protein HSP22 (HSPB8) and the carboxy-terminus of HSP70 interacting protein CHIP (Arndt et al., 2010). CHIP ubiquitinates the chaperone-bound substrate proteins and BAG3, facilitating interaction of the complex with p62 and potentially resulting in co-degradation of the ubiquitinated substrate and BAG3. The complex induces the degradation of Z-disk components, such as filamin-C by chaperone assisted selective autophagy (CASA, Figure 3) (Arndt et al., 2010). The exact function of filamin-C has not yet been elucidated. Filamin-C is found in subsarcolemmal regions as well as at Z-disks, so it is likely that the function of filamin-C is to act as a communication pathway between the membrane and the sarcomere. Alterations in the subcellular localization of filamin-C have been noted in limb-girdle muscular dystrophy and Duchenne muscular dystrophy (Mao and Nakamura, 2020). Filamin C is necessary for muscle formation and in the absence of FLNC mice develop a severe muscle phenotype including defects in embryonic myogenesis with decreased number of primary fibers, massive fiber size variation, and a disturbed sarcomere architecture (Dalkilic et al., 2006). The importance of the BAG3-dependent CASA mechanism has also been demonstrated in cardiac muscle, for which 8 proteins have been identified to date whose degradation is dependent on BAG3, including the sarcomere proteins α-actinin and the myosin-binding protein C. Insufficient turnover of sarcomere proteins as a result of impaired BAG3/CHIP-mediated degradation has been suggested to lead to impaired contractility of the myocardium (Martin et al., 2021).
5 PATHOLOGICAL CHANGES OF PROTEIN QUALITY CONTROL IN HEART AND SKELETAL MUSCLE
Striated muscle is a tissue with very high metabolic activity and is subject to strong mechanical stress. For this reason, highly effective and precisely regulated protein homeostasis is critical for cardiac and skeletal muscle function. As described in the previous sections, the UPS and autophagy play a central role in protein homeostasis. While the proteasome is already constantly active under normal conditions, autophagic activity is usually low in the heart (Levine and Kroemer, 2008). Dysregulation of proteasome and autophagosomal activity occurs in response to stress situations and diseases like ischemia/reperfusion, cardiac hypertrophy, heart failure and skeletal muscle atrophy (Gustafsson and Gottlieb, 2008; Portbury et al., 2011; Schlossarek and Carrier, 2011; Schiaffino et al., 2013) In addition, metabolic diseases such as diabetes are associated to alterations in proteasomal and autophagosomal activity (Queisser et al., 2010; Xu et al., 2013). The accumulation of ubiquitinated proteins may indicate impaired or overloaded UPS and/or autophagy, and is commonly observed in various muscle diseases. Accumulation of misfolded protein is an age-related symptom in mammals caused, at least partially, by downregulation of the activity of the UPS (Tomaru et al., 2012) and the autophagosomal system (Shirakabe et al., 2016). Aging affects several cellular targets. Titin isoform composition or titin based passive stiffness do not seem to be altered during aging but proteasomal activity and calpain-1 activity declines during aging leading to an accumulation of aggregated proteins (Salcan et al., 2020). According to various studies, autophagic activity also appears to generally decrease during aging (Aman et al., 2021) Only for aged primary human fibroblast cells an increased autophagic activity for the turnover of ubiquitinated proteins has been reported (Gamerdinger et al., 2009). For this reason, it has to be considered that in some pathological situations, especially in heart diseases, PQC could also be affected by aging alone. The following sections will briefly review a selection of pathological changes observed in the context of striated muscle diseases, again with a specific focus on their impact on protein homeostasis and function of the sarcomere protein titin.
5.1 Altered Protein Quality Control in Response to Cardiac Ischemic Injury
Myocardial ischemia is characterized by a brief interruption of blood supply to the working myocardium, resulting in a greater or lesser degree of myocardial tissue death depending on the duration of ischemia. Additional tissue damage occurs during the reperfusion phase and is a result of complex processes such as increased production of reactive oxygen species (ROS), impaired Ca2+ handling, and altered cellular metabolism (Kalogeris et al., 2012). During ischemia/reperfusion the UPS becomes dysfunctional by oxidative modification of 20S core subunits and loses the ability to process ubiquitinated substrate proteins (Bulteau et al., 2001; Powell et al., 2005). In contrast, autophagosomal activity is increased during ischemia/reperfusion by activation of the AMPK pathway and inhibition of the Rheb/mTOR pathway (Matsui et al., 2007; Sciarretta et al., 2012), apparently to compensate for the greater amount of damaged and ubiquitinated proteins due to an impaired or overloaded UPS. In turn, experimental activation of autophagy during ischemia has been shown to be cardioprotective and to reduce infarct size (Mizushima and Komatsu, 2011; Choi et al., 2013; Kroemer, 2015; Mo et al., 2016). However, during reperfusion, the massive activation of autophagy through beclin-1-dependent but AMPK-independent pathways could be maladaptive (Shi et al., 2019). One explanation for the deleterious effect of hyperactivated autophagy could be the induction of autosis leading to death of cardiomyocytes and further contractile impairment of the affected ventricle (Liu et al., 2013).
Oxidative stress plays an important role in cardiac damage of infarcted hearts and is known to induce modifications of sarcomeric and Ca2+-handling proteins, thereby altering their function, expression and activity. This oxidative stress can be mediated by increased production of ROS, such as superoxide radical (O2•-) hydroxyl radical (OH•-) and the non-radical reactive species hydrogen peroxide (H2O2).
It is suggested that oxidative stress may be increased beyond physiological levels not only in the infarcted but also in the non-ischemic regions of the heart (remote myocardium) after myocardial infarction (Cave et al., 2006; Sun, 2009). Oxidative stress strongly affects myofibrillar proteins, e.g., by increasing proteolysis of myofilament proteins by ROS-activated proteases (Steinberg, 2013). Oxidative changes in actin and myosin have also been observed during reperfusion of ischemic rat hearts (Eaton et al., 2002; Prochniewicz et al., 2008). Myosin Ca2+-ATPase activity was decreased after experimental induction of myocardial infarction (MI) (Avner et al., 2012). Moreover, glutathionylation levels in the myofibrillar protein fraction of the remote myocardium were greatly increased after infarction.
In vitro analyses have shown that S-glutathionylation and disulfide bonding of titin fragments could alter the elastic properties of titin in response to oxidative stress (Grützner et al., 2009; Alegre-Cebollada et al., 2014). The authors demonstrated that under conditions of high mechanical strain titin Ig-domains are unfolded and become S-glutathionylated in the presence of oxidized glutathione (GSSG), which then prevents the re-folding of the domain and lowers titin-based stiffness. However, after myocardial infarction S-glutathionylation of unfolded I-band Ig-domains of titin was increased only in the infarcted area, but not in the remote region. (Loescher et al., 2020).
During ischemia-induced sarcomere breakdown titin is among the first proteins to be degraded (Hein et al., 1994). In response to ischemic injury, MMP2 translocates to the Z-disk/I-band region and contributes to titin degradation (Ali et al., 2010). Cardiac Ischemia is associated with both hypoxia and acidosis due to increased glycolysis and lactic acid production of the ischemic myocytes (Webster et al., 2000). The resulting acidic conditions in combination with the increased mechanical load of the sarcomeres are likely to induce Ig-domain unfolding and aggregation of titin filaments as recently demonstrated in vitro (Kötter et al., 2014). Such aggregation leads to increased titin-based passive tension. This is in partial conflict with the reported elevated S-glutathionylation of unfolded Ig-domains having the opposite effect (Loescher et al., 2020). Nevertheless, the presence of αB-crystallin or HSP27 could prevent aggregation of unfolded titin domains and the increase in passive stiffness in this setting.
Titin phosphorylation and titin-based stiffness was also increased within the viable remote myocardium of mice 3 days after permanent ligature of the LAD. This is thought to be a protective mechanism to stabilize and promote the function of the vital myocardium after massive loss of cardiomyocytes in the infarcted region. As long as the scar within the infarct region is not formed, rapidly increased titin stiffness in the non-ischemic region may prevent load-induced overstretching and disruption of non-ischemic cardiac myocytes and thereby reduce sarcomeric and cellular damage in the first hours and days after myocardial injury (Kötter et al., 2016). It cannot be excluded that aggregation contributes to the observed increase in passive stiffness and the stability of the remote myocardium. While titin aggregation could possibly help stabilizing the sarcomere under conditions of high mechanical stress, aggregation cannot be easily reversed to retrieve functional filaments, and aggregated titin filaments eventually lose their elastic properties. In addition, titin aggregation has been reported to occur in the area of the N2A domain, a region of calpain-1 interaction in heart muscle (Barta et al., 2005). This interaction is potentially affected by aggregation leading to higher calpain activity and proteolysis of titin and other substrates. The increased mechanical stress on the remaining vital myocardium results in greatly increased proteasomal activity. However, despite the higher proteasomal activity in remote myocardium, erosion and ubiquitination of titin appeared to be too high to be compensated by increased proteasomal turnover, and thus led to the accumulation of K48-dependent poly-ubiquitinated titin (Kötter et al., 2016). In the end partially damaged and ubiquitinated titin filaments may remain within the sarcomere and could negatively affect cardiomyocyte function.
Taken together, the exact interplay of the described mechanisms and their role in the functional adaptation of sarcomere function after myocardial infarction or ischemia/reperfusion injury requires further investigation.
5.2 Muscle Atrophy and Skeletal Muscle Myopathies
Muscular atrophy occurs when the rate of muscle protein breakdown/turnover exceeds muscle protein synthesis. It is a predominant symptom of several pathologies including muscle myopathies or cardiac and cancer cachexia (Bonaldo and Sandri, 2013). A hallmark of muscle atrophy is a massive loss of skeletal muscle triggered by activation of the UPS and autophagy (Schiaffino et al., 2013). High muscle loss apparently includes increased sarcomere protein turnover.
Lang et al. reported changes in titin ubiquitination, particularly within the C-terminal region, after sciatic nerve section in mouse gastrocnemius muscle, indicating elevated titin turnover during atrophy (Lang et al., 2017). The E3-ligases MuRF-1, that targets several sarcomeric proteins like myosin or MyBP-C for degradation by the UPS (Section 4.2), and Fbx32/atrogin-1 are strongly upregulated during muscle atrophy (Bodine et al., 2001; Gomes et al., 2001). Since titin has been shown to be a polyubiquitination target of both these E3-ligases, significant degradation of titin during atrophy/cachexia development is likely (Müller et al., 2021).
Hereditary myopathies are a heterogeneous group of disorders with a highly variable age at onset. These myopathies are due to mutations in several genes, including dystrophin (Duchenne muscular dystrophy, DMD), calpain-3 (Limb girdle muscular dystrophies, LGMD2A), or titin [muscular dystrophy with myositis (MDM); tibial muscular dystrophy (TMD) and limb-girdle muscular dystrophy 2J (LGMD2J)] (Hackman et al., 2002; Huebsch et al., 2005; Udd et al., 2005). DMD is an X-linked inherited muscular dystrophy based on mutations in the dystrophin gene and is the most common form of dystrophy in childhood (Koenig et al., 1987). Typically, the muscles of the thighs and pelvis affected first. In later stages of the disease, the heart is also concerned, leading to the development of cardiomyopathy (Ryder et al., 2017). Autophagic activity is decreased in DMD patients and in mdx mice by constitutive activation of mTOR, which leads to downregulation of Atg proteins and inhibition of autophagy function (De Palma et al., 2012). In the urine of DMD patients and in mdx mice N-terminal titin fragments have been identified, which may have the potential to serve as non-invasive biomarkers of DMD (Robertson et al., 2017).
LGMD2A is an autosomal recessive human muscular dystrophy characterized by muscle wasting, cell death and decreased calpain-3 activity and expression (Nishino and Ozawa, 2002). MDM is caused by a deletion mutation of 83 amino acids that includes part of the titin N2A domain responsible for the interaction with calpain-3 (Huebsch et al., 2005; Nishikawa et al., 2020). Deletion of this fragment in skeletal muscle of mdm mice results in reduced association of calpain-3 to titin N2A (Huebsch et al., 2005). The lack of interaction between calpain-3 and N2A leads to increased activity of calpain-3 and increased substrate digestion (Huebsch et al., 2005; Nishikawa et al., 2020). Patients with missense or truncating mutation in either of the two last exons of TTN, Mex5 and Mex6, encoding the is7 region and the M10 domain in the M-band proximity, respectively, develop TMD and LGMD2J (Hackman et al., 2008; Evilä et al., 2014).
Myofibrillar myopathies (MFMs) are characterized by histological alterations such as focal disintegration of myofibrils predominantly at the Z-disk and protein aggregation in myofibers (Kley et al., 2016). Overexpression of HSPs significantly reduces aberrant protein aggregation in various models of MFMs (Chávez Zobel et al., 2003; Sanbe et al., 2007; Sanbe et al., 2009). A common feature in hereditary myopathies is the translocation of the small heat shock proteins HSP27 and αB-crystallin and the ATP-dependent chaperone HSP90 from the z-disk region or the cytosol to the elastic titin I-band increasing the passive tension of skeletal muscle fibers (Unger et al., 2017). This suggests a protective mechanism that prevents aggregation of unfolded titin domains as well as other affected sarcomeric proteins.
Hereditary myopathy with early respiratory failure (HMERF, MFM-Titinopathy) is a slowly progressive myopathy with onset in adulthood. In addition to the limb girdle and leg muscles, it typically affects the diaphragm muscle, resulting in a severe reduction in forced vital capacity. However, cardiac involvement in the disease has not yet been observed to date (Tasca and Udd, 2018). All HMERF-associated pathogenic titin variants are located in the 119th FN3 domain of titin resulting in misfolding of the FN3 domain in vitro (Hedberg et al., 2014; Pfeffer et al., 2014; Tasca and Udd, 2018). In contrast to disease-causing proteins in many other myopathies, the mutant titin protein could not be found in cytoplasmic bodies but in other myofibrillar proteins (Palmio et al., 2014). One possible explanation is the loss of dynamic interaction of the FN3 119-domain with neighbouring proteins, which alters autophagy processes and subsequently leads to aggregation of other proteins (Edström et al., 1990; Tasca and Udd, 2018).
5.3 Protein Quality Control in Diabetes Mellitus
Another condition associated with altered PQC is diabetes mellitus (DM). DM describes metabolic diseases that lead to elevated blood glucose levels due to a lack of insulin or a reduced effectiveness of insulin. The pathology of diabetes mellitus is associated with increased morbidity and mortality due to coronary artery disease, peripheral artery disease, stroke, cardiomyopathy and congestive heart failure (King et al., 1998; Plutzky, 2011). Diabetes patients have a 2 fold higher case fatality rate during acute phase of myocardial infarction and long term follow up (Milazzo et al., 2021). Patients with type 2 diabetes mellitus (T2DM) often show a very early manifestation of left ventricular dysfunction due to increased diastolic passive stiffness of the left ventricle. This increased passive ventricular stiffness is associated with cellular and systemic abnormalities often leading to the progression of heart failure (Boyer et al., 2004).
Hyperglycemia has been shown to inhibit autophagy-mediated degradation of cellular components and alter proteasomal activity (Queisser et al., 2010; Kobayashi et al., 2012). It is suggested that perturbations of PQC may be important factors in the development of diabetic cardiac failure. Indeed, therapeutic activation of autophagy in experimental diabetes type 1 and 2 models lead to improved cardiac function and reduced the incidence of cardiac abnormalities (Sciarretta et al., 2015). Both type 1 and type 2 diabetes mellitus have been shown to affect cellular mechanisms of PQC. Type 1 diabetes has been reported to decrease proteasomal activity but also increase the expression of proteasomal subunits (Powell et al., 2008; Li et al., 2017). In type 2 diabetes skeletal muscle showed increased expression of selected proteasomal subunits (Hwang et al., 2010). Whether autolysosomal activity is generally increased or impaired in type-1 and type-2 diabetes is still under debate (Mellor et al., 2011; Kobayashi et al., 2012; Xu et al., 2013). It was recently (Kanamori et al., 2015) reported that autophagy is increased in diabetic cardiomyopathy in type 1 diabetes, whereas it is reduced in hearts of patients with type 2 diabetes. Their conclusion of increased autophagy was partially based on findings of increased LC3-II and p62/sequestosome-1 level in a type 1 diabetes model. This observation was challenged by recent findings, showing elevated LC3-II and p62 protein levels also after pharmacological inhibition of autophagy in cultured cardiomyocytes (Müller et al., 2021). Apart from disunity concerning elevated or reduced autophagy, modification of PQC seems to be a general phenomenon in the setting of diabetes. However, the specific effects on sarcomere protein turnover particularly of titin and cardiomyocyte function have not been studied, to date. Diverging alterations in PQC in type -1 and type- 2 diabetes are likely to differentially affect the sarcomere and the titin filament and should be elucidated in future studies.
5.4 Mutations in Sarcomeric/Myofibrillar Proteins
Emerging evidence suggests that not only sarcomeric proteins but also non-filament proteins play an essential role in the development of various muscle diseases. A substantial overview of disease causing mutations in myofibrillar myopathy associated proteins has recently been given in a series of reviews [e.g., (Kley et al., 2016; Dorsch et al., 2019; Kellermayer et al., 2019; Rees et al., 2021)]. Therefore, we briefly highlight selected disease causing mutation in the titin sequence and other filamentous proteins.
5.4.1 Titin Truncating and Missense Variants
Whole genome sequencing studies have revealed titin as an important human disease gene (Bang et al., 2001; Begay et al., 2015; Kellermayer et al., 2019). Due to the enormous size of the titin gene, diverse missense mutations have been observed at extremely high frequency (Karczewski et al., 2020). Because many of the missense mutations have also been found in control subjects and not only in cardiomyopathy patients, it was assumed that most of the mutations do not cause the disease (Thomson et al., 2019). Nonetheless, about 130 pathogenic TTN coding mutations were reported in relation to skeletal and/or cardiac myopathies (Chauveau et al., 2014; Savarese et al., 2016). Recessive truncation mutations adjacent to the C-terminal M-band were related to Salih myopathy that affects skeletal and cardiac muscle (Carmignac et al., 2007), while recessive mutations in centronuclear myopathy with potential cardiac involvement (Ceyhan-Birsoy et al., 2013) and other neuromuscular phenotypes were identified within the N-terminal region, and comprise compound heterozygosity of either two truncating mutations or a truncation and a missense mutation (Chauveau et al., 2013; Palmio et al., 2014).
The titin missense variant A178D was identified as the most likely cause of cardiac disease in a family affected by the uncommon autosomal dominant left ventricular non-compaction (LVNC) and dilated cardiomyopathy (DCM) (Hastings et al., 2016). In a mouse model carrying this mutation, the variant was sufficient to cause a mild phenotype of DCM (Jiang et al., 2021). The missense variant A178D causes disruption of the interaction between titin and telethonin (T-cap), leading to dissociation of telethonin from the Z-disc and cytosolic telethonin accumulation (Jiang et al., 2021). Subsequent depletion of cytosolic telethonin by the UPS leads to proteasome overload and functional impairment (Hastings et al., 2016).
The most common form of cardiomyopathy is dilated Cardiomyopathy (DCM) with a prevalence of ∼1:250 (Hershberger et al., 2013; Schafer et al., 2017). Up to 25% of familial DCM cases are associated with heterozygous titin mutations, and many are titin truncating variants (TTNtv) (Herman et al., 2012; Roberts et al., 2015). Truncations in the constitutively expressed A-band region of titin, which stabilizes myosin filaments in the A-band, show the most obvious pathogenicity of TTNtv (Herman et al., 2012; Roberts et al., 2015; Schafer et al., 2017). Correction of truncated titin proteins using CRISPR/CAS technique results in functional recovery and appears to be a promising therapeutic target for the treatment of titin mutation-based cardiomyopathy (Fomin et al., 2021). Figure 4 summarizes alterations of PQC and titin in different disease settings.
5.4.2 Mutations in Other Sarcomeric Proteins
Mutations in the MYBPC3 gene coding for MyBP-C are the most common cause of familial hypertrophic cardiomyopathy (HCM) (Ho et al., 2018). Most MYBPC3 variants are frameshift, nonsense or splice variants resulting in premature stop codons. Truncated transcripts are targeted for degradation by nonsense mediated RNA decay and result in reduced levels of MyBP-C protein (Helms et al., 2020). In heart tissues of HCM patients MyBP-C protein level was reduced by approximately 40% and lower synthesis rates are compensated by diminished MyBP-C degradation (Marston et al., 2009; O'Leary et al., 2019; Helms et al., 2020). Non-truncating variants account for up to 15% and a subset of domain specific variants causes loss of function due to failure of myofilament incorporation (Helms et al., 2020). Heat shock cognate 70 kDa (HSC70) was identified as a central player in the turnover of the wild type as well as the mutated MyBP-C (Glazier et al., 2018).
Mutations in FLNC, the gene coding for filamin C, causes myofibrillar myopathy (filaminopathy) characterized by disintegration of myofibrils predominantly at the Z-disc and massive protein aggregates in cytosolic deposits within the muscle fibers (Kley et al., 2013). Components of the CASA complex HSPA8, HSPB8 and SQSTM1/p62, were accumulated in the aggregates while BAG3 and STUB1 localizes around the deposits. These results indicate that abnormal muscle fibers compensate the massive protein aggregation with a strongly increased expression of proteins involved in proteasomal and autophagic degradation (Kley et al., 2013).
The scientific community is just beginning to recognize the absolute number of involved proteins and disease causing mutations, triggered by new RNA and DNA sequencing technologies. More research is required to uncover the pathomechanisms by which mutations in myofibrillar and non-myofibrillar proteins induce myopathies. Future studies will uncover new exciting insights with potentials for therapeutic interventions.
6 CONCLUSION
In summary, the turnover of titin filaments and other sarcomere proteins depends on a whole range of PQC mechanisms. Loss of the physiological balance of synthesis and degradation under pathological conditions could lead to either insufficient or even excessive turnover of sarcomere proteins and titin. Decreased titin turnover due to impaired autophagy or reduced proteasomal activity results in partially damaged titin filaments within the sarcomere, which then compromise the contractile and elastic properties of the sarcomere (Figure 4). In contrast, abnormally increased degradation possibly leads to turnover of the still functional and not only the heavily stressed and worn titin filaments. More detailed knowledge of the finely tuned ubiquitination and turnover process of sarcomere proteins is necessary to understand how pathological changes in these processes affect sarcomere function and cardiac and skeletal muscle properties. In the future, the targeted use/modification of PQC components may represent a promising option for therapeutic intervention.
[image: Figure 4]FIGURE 4 | Titin and protein quality control in different disease settings. The figure summarizes currently discussed mechanisms of disturbed PQC affecting titin in cardiac and skeletal muscle diseases. TCAP, telethonin/titin-cap.
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Effects of omecamtiv mecarbil on the contractile properties of skinned porcine left atrial and ventricular muscles
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Omecamtiv mecarbil (OM) is a novel inotropic agent for heart failure with systolic dysfunction. OM prolongs the actomyosin attachment duration, which enhances thin filament cooperative activation and accordingly promotes the binding of neighboring myosin to actin. In the present study, we investigated the effects of OM on the steady-state contractile properties in skinned porcine left ventricular (PLV) and atrial (PLA) muscles. OM increased Ca2+ sensitivity in a concentration-dependent manner in PLV, by left shifting the mid-point (pCa50) of the force-pCa curve (ΔpCa50) by ∼0.16 and ∼0.33 pCa units at 0.5 and 1.0 μM, respectively. The Ca2+-sensitizing effect was likewise observed in PLA, but less pronounced with ΔpCa50 values of ∼0.08 and ∼0.22 pCa units at 0.5 and 1.0 μM, respectively. The Ca2+-sensitizing effect of OM (1.0 μM) was attenuated under enhanced thin filament cooperative activation in both PLV and PLA; this attenuation occurred directly via treatment with fast skeletal troponin (ΔpCa50: ∼0.16 and ∼0.10 pCa units in PLV and PLA, respectively) and indirectly by increasing the number of strongly bound cross-bridges in the presence of 3 mM MgADP (ΔpCa50: ∼0.21 and ∼0.08 pCa units in PLV and PLA, respectively). It is likely that this attenuation of the Ca2+-sensitizing effect of OM is due to a decrease in the number of “recruitable” cross-bridges that can potentially produce active force. When cross-bridge detachment was accelerated in the presence of 20 mM inorganic phosphate, the Ca2+-sensitizing effect of OM (1.0 μM) was markedly decreased in both types of preparations (ΔpCa50: ∼0.09 and ∼0.03 pCa units in PLV and PLA, respectively). The present findings suggest that the positive inotropy of OM is more markedly exerted in the ventricle than in the atrium, which results from the strongly bound cross-bridge-dependent allosteric activation of thin filaments.
Keywords: Ca2+ sensitivity, contractility, myocardium, sarcomere, thin filament
INTRODUCTION
Heart failure (HF) is a syndrome characterized by symptoms or signs caused by structural or functional abnormalities of the heart, which results in reduced cardiac output (Metra and Teerlink, 2017). The complex clinical syndrome of HF with reduced ejection fraction (HFrEF) requires specifically established medications, such as angiotensin receptor-neprilysin inhibitors, angiotensin-converting enzyme inhibitors, angiotensin receptor blockers, β-blockers, loop diuretics, aldosterone antagonists, hydralazine/isosorbide dinitrate, ivabradine [If (funny current) channel blocker], and sodium-glucose cotransporter 2 inhibitors (Maddox et al., 2021; McDonagh et al., 2021). In contrast, traditional positive inotropic drugs are known to cause untoward effects (Teerlink et al., 2009); these drugs increase the intracellular Ca2+ concentration in myocardial cells, and can cause arrhythmias (Francis et al., 2014).
Omecamtiv mecarbil (OM) was developed as a first-in-class “myosin activator” for the treatment of heart failure in patients with HFrEF (Malik and Morgan, 2011). Several lines of evidence indicate that OM is effective in the treatment of HF by improving cardiac function (Shen et al., 2010; Malik et al., 2011; Teerlink et al., 2016). A recent study in heart failure patients showed that those that were treated with OM had a lower incidence of a composite event of HF hospitalization or death than in those who received placebo (Teerlink et al., 2021). It was originally considered that OM increases cardiac contractility by prolonging the duration of ejection with no influence on the intracellular Ca2+ concentration, and that the augmented contractility is the result of the increased transition rate of the OM-bound myosin into the strongly bound, force-generating state (Malik et al., 2011; Nagy et al., 2015). Consistent with this view, Mamidi et al. (2015) proposed that OM lowers the cross-bridge detachment rate, and the resultant strongly bound cross-bridges proceed to activate thin filaments (i.e., thin filament “on-off” equilibrium shifting from the “off” state towards the “on” state; cf. Kobirumaki-Shimozawa et al., 2014). It has likewise been shown that OM increases the release rate of inorganic phosphate (Pi) during the actomyosin ATPase cycle (Liu et al., 2015), promoting the formation of strongly bound cross-bridges, with no change in the ADP dissociation rate (Winkelmann et al., 2015). Subsequently, Rohde et al. (2017) provided evidence that OM stabilizes the pre-powerstroke of myosin; therefore, the compound suppresses myosin’s working stroke and prolongs the time of myosin binding to actin (see Woody et al., 2018 for details). Taken together, these findings support the above interpretation that the compound’s inotropic effect is primarily coupled with cooperative thin filament activation as a result of OM-bound cross-bridges. It can therefore be summarized that OM primarily exerts its positive inotropy as follows: it binds to myosin, increasing the number of strongly bound cross-bridges, and these cross-bridges cooperatively activate thin filaments, thereby recruiting OM-free “recruitable” cross-bridges that can potentially generate active force upon attachment to actin (Lindqvist et al., 2019; Governali et al., 2020; Snoberger et al., 2021) (see Terui et al., 2008, Terui et al., 2010; Kobirumaki-Shimozawa et al., 2014 for “recruitable” cross-bridges).
In porcine hearts, ventricular muscle contains ∼20% α- and ∼80% β-myosin, and atrial muscle ∼90% α- and ∼10% β-myosin (Shchepkin et al., 2020). Shchepkin et al. (2020) likewise showed that OM prolongs the actomyosin attachment duration in ventricular and atrial myosin, with a higher sensitivity in ventricular myosin. However, it has not been investigated whether the cardiotonic effect of OM is greater in the ventricle than in the atrium. In the present study, we investigated the effects of OM in the clinically relevant concentration range (i.e., 0.5 and 1.0 μM; see Teerlink et al., 2011, 2016) on steady-state contractile properties in skinned porcine left ventricular (PLV) and atrial (PLA) muscles. We found that OM increased Ca2+ sensitivity by a greater magnitude in PLV than in PLA, and that the Ca2+-sensitizing effect of OM was less pronounced under enhanced thin filament cooperative activation. Mechanistic implications are discussed based on the thin filament “on-off” regulation and the recently proposed thick filament regulation. Likewise, we discuss the clinical relevance of the present findings focusing on the possible effects of OM on HFrEF.
MATERIALS AND METHODS
All muscle mechanical experiments were performed at The Jikei University School of Medicine in accordance with the guidelines outlined by the university's Institutional Animal Care and Use Committee. Troponin (Tn) extraction was performed at Hokkaido University. All experiments performed in the present study conform to the Guidelines for Proper Conduct of Animal Experiments of the Science Council of Japan (2006).
Preparations of skinned muscles
Skinned porcine ventricular (PLV) and atrial (PLA) muscles were prepared based on previously described procedures (Terui et al., 2008, 2010; Matsuba et al., 2009). In brief, porcine hearts (animals, ∼1.0 years) were obtained at a local slaughterhouse. Muscle strips (1–2 mm in diameter and ∼10 mm in length) were dissected from the left ventricle and atrium (as performed on bovine hearts; see Fukuda et al., 2003; 2005a), and were skinned in relaxing solution [5 mM MgATP, 40 mM BES, 1 mM Mg2+, 10 mM EGTA, 1 mM dithiothreitol (DTT), 15 mM phosphocreatine (CP), 15 U/ml creatine phosphokinase (CPK), and 180 mM ionic strength (adjusted by K-propionate), pH 7.0, containing 1% (wt/vol) Triton X-100 and 10 mM 2,3-butanedione 2-monoxime (BDM)] overnight at ∼3°C (Terui et al., 2008, 2010; Matsuba et al., 2009). Muscles were stored for up to 3 weeks at −20°C in relaxing solution containing 50% (vol/vol) glycerol. All solutions contained protease inhibitors (0.5 mM PMSF, 0.04 mM leupeptin and 0.01 mM E64) to avoid protein degradation (as in Fukuda et al., 2003, 2005a,b; Terui et al., 2008, 2010; Matsuba et al., 2009).
Skinned muscle mechanics: Force-pCa protocol
Isometric force was measured using our previously described procedure with PLV (Terui et al., 2008, 2010; Matsuba et al., 2009). Experiments were all conducted at the relatively low temperature of 15°C to minimize rundowns of active force during the time required to perform force-pCa protocols (cf. Fukuda et al., 2003, 2005b). In brief, small thin preparations (∼100 µm in diameter and ∼2 mm in length) were dissected from the PLV and PLA strips for isometric force measurement. Sarcomere length (SL) was measured by laser diffraction during relaxation (as in Fukuda et al., 2003, 2005a,b; Terui et al., 2008, 2010; Matsuba et al., 2009; Inoue et al., 2013), and set at 2.1 µm prior to contraction at each pCa. Passive force was not detected at this SL in either PLV or PLA. pCa was obtained by adjusting the ratio of Ca/EGTA (Fukuda et al., 2003, 2005b; Terui et al., 2008, 2010; Matsuba et al., 2009; Inoue et al., 2013). OM was purchased from ChemScene LLC (Monmouth Junction, NJ, United States). OM was initially dissolved in DMSO, and diluted with individual solutions. The final concentration of DMSO of 0.1% had no effect on Ca2+ sensitivity or maximal Ca2+-activated force (cf. Fukuda et al., 2000; Terui et al., 2010).
For both PLV and PLA, the muscle preparation was first immersed in high-EGTA (10 mM) relaxing solution. Just before contraction, the preparation was immersed in low-EGTA (0.5 mM) relaxing solution to avoid slowing of contraction and the ensuing damage on sarcomere structures (Terui et al., 2008, 2010; Matsuba et al., 2009; Inoue et al., 2013). The preparation was first activated at pCa 4.5 to obtain maximal Ca2+-activated force, followed by relaxation. The preparation was then activated at various pCa’s (from high to low pCa, and lastly at pCa 4.5) to construct the force-pCa curve (i.e., force-pCa protocol). The effect of OM was tested at 0.5 and 1.0 µM, in this order.
Force-pCa curves were fitted to the Hill equation, and the value of the midpoint of the force-pCa curve (i.e., pCa50) was used as an index of Ca2+ sensitivity (as in Fukuda et al., 2003, 2005b; Terui et al., 2008, 2010; Matsuba et al., 2009; Inoue et al., 2013; Kobirumaki-Shimozawa et al., 2014). We likewise obtained the Hill coefficient (nH). Active forces at submaximal Ca2+ levels were normalized to maximal force (pCa 4.5) obtained at the beginning or the end of the force-pCa protocol (the rundown in active force during the protocol was less than 10% under all conditions tested). The OM-induced increase in Ca2+ sensitivity was quantified by the difference in pCa50 obtained in the absence and presence of OM, and expressed as ΔpCa50 (in pCa units).
Measurement of MgADP-induced contraction
Ca2+-independent, MgADP-induced active force (ADP-contraction) was measured in PLV and PLA as described previously by us (Fukuda et al., 1998), but at the lower temperature of 15°C. In brief, isometric force was measured in solutions containing 2 mM MgATP, 10 mM MOPS, 2 mM Mg2+, 2 mM EGTA, 1 mM DTT, and 150 mM ionic strength (adjusted by K-propionate), pH 7.0. In order to inhibit the rephosphorylation of ADP to ATP by myokinase (Lienhard and Secemski, 1973; Fukuda et al., 1996, 1998), 0.1 mM P1,P5-di(adenosine-5′)pentaphosphate was added. The maximal concentration of MgADP was set at 20 mM for both PLV and PLA, and submaximal active forces were measured at 0.5, 1, 2 and 3 mM and at 1, 3, 5, 8, 10, and 15 mM for PLV and PLA, respectively. Active forces at submaximal Ca2+ levels were normalized to maximal force obtained at the beginning or the end of the force-MgADP protocol (the rundown in active force during the protocol was less than 10% under all conditions tested).
Treatment with protein kinase A
Protein kinase A (PKA) treatment was performed for PLV and PLA based on our previously published protocol (Fukuda et al., 2005a; Matsuba et al., 2009; Inoue et al., 2013). In brief, after the force-pCa protocol was performed in the absence of OM, the preparation was incubated for 50 min at room temperature in relaxing solution containing purified PKA (catalytic subunit from bovine heart; Sigma-Aldrich Co., St. Louis, MO, United States) at a concentration of 1 U/µl. We previously reported that this protocol effectively phosphorylates TnI and myosin-binding protein C (MyBP-C) in skinned myocardial preparations (Inoue et al., 2013). Then, the force-pCa protocol was repeated two times, in the absence and presence of 1.0 µM OM in this order.
Treatment with the Tn complex from rabbit fast skeletal muscle
Tn exchange was performed for PLV and PLA based on our previously published procedure (Terui et al., 2008, 2010; Matsuba et al., 2009; Inoue et al., 2013). In brief, the fast skeletal Tn complex (sTn) was extracted from rabbit fast skeletal muscles (based on Ebashi et al., 1971; Eisenberg and Kielley, 1974). sTn extraction was performed at Hokkaido University, and approved by the Animal Care and Use Committee of Hokkaido University (#09-0134). sTn was transported to The Jikei University School of Medicine by air, and stored at −80°C before use. After the force-pCa protocol was performed in the absence of OM, the preparation was bathed in rigor solution (10 mM BES, 150 mM K-propionate, 2.5 mM EGTA, and 5 mM MgCl2, pH 7.0) containing 2 mg/ml sTn and 80 mM BDM for 60 min at 25°C. Then, the preparation was washed with normal relaxing solution at 15°C for 10 min with gentle agitation to remove excess sTn. We reported that Tn subunits are almost completely replaced by those from rabbit fast skeletal muscle in skinned cardiac preparations with a diameter of ∼100 µm (Terui et al., 2008; Matsuba et al., 2009; Inoue et al., 2013). The force-pCa protocol was repeated two times, in the absence and presence of 1.0 µM OM in this order.
Force-pCa protocol in the presence of MgADP or inorganic phosphate
In both PLV and PLA, after the force-pCa protocol was performed, the same procedure in the presence of 3 mM MgADP or 20 mM Pi was repeated (see Terui et al., 2010 for details). Subsequently, the force-pCa protocol was performed with 1.0 µM OM in the presence of 3 mM MgADP or 20 mM Pi. Only when MgADP was present, 0.1 mM P1,P5-di(adenosine-5′)pentaphosphate was added to both activating and relaxing solutions, with no CP-CPK to maintain the ADP/ATP ratio (see above).
Statistics
Significant difference was assigned using paired or unpaired Student’s t test, or Tukey-Kramer test, as appropriate. As part of the statistical processing, we used EZR (Kanda, 2013), which is a graphical user interface for R (version 4.1.2: The R Foundation for Statistical Computing, Vienna, Austria). Data were expressed as means ± SEM, with n representing the number of muscles. Statistical significance was assumed to be p < 0.05, p < 0.01 and p < 0.001. “n.s.” indicates p > 0.05 (not significant).
RESULTS
Effects of OM on Ca2+ sensitivity in PLV and PLA
First, we investigated the effects of OM on Ca2+ sensitivity in PLV and PLA under the condition with no perturbation (SL 2.1 μm; see Materials and Methods). We tested these effects in a paired manner, i.e., one skinned muscle preparation, either PLV or PLA, at no OM, and then at 0.5 and 1.0 μM in this order. In PLV, under the control condition without OM, isometric force started to rise at pCa 6.0 (8%), and became 32% and 76% at pCa 5.75 and 5.5, respectively (Figure 1A: percentages compared to maximal force). OM increased submaximal forces; i.e., the force levels were 28% and 62%, respectively, at pCa 6.0 and 5.75 in the presence of 0.5 μM OM, and 49% and 79%, respectively, in the presence of 1.0 μM OM. Figure 1B shows force-pCa curves in the absence and presence of OM (Table 1). The mid-point of the force-pCa curve (pCa50) was 5.67 ± 0.01 in the absence of OM, which was slightly greater than that obtained in our previous reports using PLV at SL 1.9 μm (Terui et al., 2008, 2010; Matsuba et al., 2009); presumably this was coupled with the SL-dependent increase in Ca2+ sensitivity (see Kobirumaki-Shimozawa et al., 2014 and references therein). OM increased Ca2+ sensitivity in a concentration-dependent manner, left shifting pCa50 by 0.16 ± 0.01 and 0.33 ± 0.01 pCa units (ΔpCa50) at 0.5 and 1.0 μM (p < 0.001), respectively (Table 1). Maximal force was not significantly affected by either concentration of OM in PLV (Table 1).
[image: Figure 1]FIGURE 1 | Effects of OM on Ca2+ sensitivity in PLV and PLA. (A) Typical chart recording showing force-pCa protocols in PLV in the absence and presence of OM at 0.5 and 1.0 μM (in this order). Arrows indicate the percentage of active force at pCa 5.75 compared with the maximum obtained at the end of experiment (pCa 4.5). Note that OM increased submaximal force (i.e., at pCa 6.25, 6.0, 5.75 and 5.5). SL was set at 2.1 μm. Control, without OM. (B) Force-pCa curves showing the effects of OM at 0.5 and 1.0 μM on Ca2+ sensitivity in PLV. Black circles and solid lines, control (without OM); light red triangles and dotted lines, 0.5 μM OM; red squares and solid lines, 1.0 μM OM. Inset, pCa50 values in the absence and presence of OM. C, control (without OM); 0.5, 0.5 μM OM; 1.0, 1.0 μM OM. ***p < 0.001 (Tukey-Kramer test). n = 6 for all groups. (C) Same as in (A) for PLA in the absence and presence of OM at 0.5 and 1.0 μM (in this order). Arrows indicate the percentage at pCa 5.75 compared with the maximum obtained at the end of experiment (pCa 4.5). Note that OM increased submaximal force (i.e., at pCa 6.25, 6.0, 5.75 and 5.5) [as in PLV; see (A)]. SL was set at 2.1 μm. Control, without OM. (D) Same as in (B) for PLA showing the effects of OM at 0.5 and 1.0 μM on Ca2+ sensitivity. Black circles and solid lines, control (without OM); light blue triangles and dotted lines, 0.5 μM OM; blue squares and solid lines, 1.0 μM OM. Inset, pCa50 values in the absence and presence of OM. C, control (without OM); 0.5, 0.5 μM OM; 1.0, 1.0 μM OM. **p < 0.01; ***p < 0.001 (Tukey-Kramer test). n = 5 for all groups. (E) Graph comparing the Ca2+-sensitizing effect of OM (ΔpCa50) between PLV and PLA at 0.5 and 1.0 μM. At both concentrations, ΔpCa50 was greater for PLV than PLA. *p < 0.05; **p < 0.01 (unpaired Student’s t test).
TABLE 1 | Summary of the effects of OM on maximal force, Ca2+ sensitivity and nH in PLV and PLA.
[image: Table 1]In PLA, under the control condition without OM, active force increased in a manner similar to that in PLV, i.e., 32% and 74% at pCa 5.75 and 5.5, respectively (Figure 1C: percentages compared to maximal force). OM increased submaximal forces; i.e., the force levels were 16% and 42%, respectively, at pCa 6.0 and 5.75 in the presence of 0.5 μM OM, and 37% and 60%, respectively, in the presence of 1.0 μM OM. Figure 1D shows force-pCa curves in the absence and presence of OM (Table 1). OM increased Ca2+ sensitivity by left shifting pCa50 in a concentration-dependent manner; however, the magnitude was less than that in PLV, i.e., ΔpCa50 0.08 ± 0.02 and 0.22 ± 0.02 pCa units at 0.5 and 1.0 μM OM (p < 0.001), respectively (Table 1). Unlike in PLV, OM significantly increased maximal force in PLA by ∼20% at both concentrations (p < 0.05; Table 1).
Figure 1E compares the ΔpCa50 values in PLV vs. PLA at 0.5 and 1.0 μM. The compound’s Ca2+-sensitizing effect was significantly more pronounced in PLV than in PLA at both concentrations. It can therefore be said that OM increases Ca2+ sensitivity in a concentration-dependent manner in both PLV and PLA, with the effect more pronounced in PLV.
Effects of OM on Ca2+ sensitivity in PLV and PLA following PKA treatment
PKA treatment decreases Ca2+ sensitivity in cardiac muscle, due to phosphorylation of TnI and the ensuing reduction of the TnC-TnI interaction (see Solaro and Rarick, 1998; Matsuba et al., 2009; Inoue et al., 2013 and references therein). It has likewise been reported that PKA phosphorylates MyBP-C and accelerates cross-bridge cycling (Jeacocke and England, 1980; Harris et al., 2002; Tong et al., 2008). Considering that the mammalian heart is constantly under the influence of β-adrenergic stimulation, we next investigated whether or not the Ca2+-sensitizing effect of OM is altered in PLV and PLA following PKA treatment. Consistent with our previous study (Matsuba et al., 2009), PKA decreased Ca2+ sensitivity in PLV by right shifting pCa50 by 0.12 ± 0.02 pCa units (Figure 2A; Table 2). OM at 1.0 μM increased Ca2+ sensitivity following PKA treatment by 0.26 ± 0.01 pCa units. The magnitude of increase in Ca2+ sensitivity was ∼20% (p < 0.01) less than that obtained with no PKA treatment (Tables 1, 2). In PLA, PKA decreased Ca2+ sensitivity by right shifting pCa50 by 0.06 ± 0.01 pCa units, i.e., ∼50% less compared with PLV (Figure 2B; Table 2). As found in PLV, OM at 1.0 μM increased Ca2+ sensitivity following PKA treatment by 0.13 ± 0.02 pCa units, i.e., ∼43% (p < 0.01) less than that obtained with no PKA treatment (Tables 1, 2). Following PKA treatment, therefore, OM increases Ca2+ sensitivity in both PLV and PLA, with a greater increase in PLV (Figure 2C); compared with no PKA treatment, however, the effect is less in both preparations. OM did not significantly alter maximal force in PLV or PLA following PKA treatment (Table 2).
[image: Figure 2]FIGURE 2 | Effects of OM on Ca2+ sensitivity in PLV and PLA following PKA treatment. (A) Force-pCa curves showing the effect of 1.0 μM OM on Ca2+ sensitivity following PKA treatment in PLV. Black circles and solid lines, control (before PKA treatment); light red triangles and dotted lines, after PKA treatment; red squares and solid lines, 1.0 μM OM after PKA treatment. Inset, pCa50 values under varying conditions. C, control (without OM); K, PKA treatment; K + O, 1.0 μM OM after PKA treatment. ***p < 0.001 (Tukey-Kramer test). n = 6 for all groups. (B) Same as in (A) for PLA showing the effect of 1.0 μM OM on Ca2+ sensitivity following PKA treatment. Black circles and solid lines, control (before PKA treatment); light blue triangles and dotted lines, after PKA treatment; blue squares and solid lines, 1.0 μM OM after PKA treatment. Inset, pCa50 values under varying conditions. C, control (without OM); K, PKA treatment; K + O, 1.0 μM OM after PKA treatment. **p < 0.01; ***p < 0.001 (Tukey-Kramer test). n = 5 for all groups. (C) Graph comparing the Ca2+-sensitizing effect of 1.0 μM OM (ΔpCa50) following PKA treatment between PLV and PLA. ***p < 0.001 (unpaired Student’s t test).
TABLE 2 | Summary of the effects of OM on maximal force, Ca2+ sensitivity and nH in PLV and PLA following PKA treatment.
[image: Table 2]Effects of OM on ADP-contraction in PLV and PLA
We previously reported that increasing the MgADP concentration generates active force in the absence of Ca2+ (+ATP and +EGTA); this is a phenomenon known as ADP-induced contraction or “ADP-contraction” which occurs via thin filament cooperative activation by the strongly bound, actomyosin-ADP complex (see e.g., Shimizu et al., 1992; Fukuda et al., 1996, 1998). To confirm whether or not OM increases active force by modulating the processes downstream of Ca2+-binding to TnC in the cross-bridge cycle, we investigated the effects of OM on ADP-contraction in PLV and PLA.
In PLV, ADP-induced active force increased in a concentration-dependent manner, i.e., 9.1% ± 1.5%, 27.4% ± 2.2% and 61.4% ± 3.2% at 1, 2 and 3 mM MgADP (compared to the maximum at 20 mM MgADP), respectively, in the presence of 2 mM MgATP (Figure 3A). This is similar to our earlier finding using bovine left ventricular muscle (Fukuda et al., 1998), but slightly less sensitive to MgADP, due presumably to a decrease in the apparent binding affinity for MgADP at the lower temperature of 15°C in the present study compared to 25°C in Fukuda et al. (1998). OM at 1.0 μM significantly augmented submaximal forces of ADP-contraction, resulting in 15.6% ± 1.5%, 45.4% ± 2.3% and 72.7% ± 2.5% at 1, 2 and 3 mM MgADP. In PLA, MgADP sensitivity was markedly less than that in PLV; submaximal forces were 11.4% ± 2.1%, 33.1% ± 3.6%, 53.0% ± 5.8% and 74.9% ± 4.6% at 5, 8, 10, and 15 mM MgADP, respectively (compared to the maximum at 20 mM MgADP) (Figure 3B). Unlike in PLV, submaximal forces were not significantly affected by 1.0 μM OM at all MgADP concentrations tested. Therefore, OM enhanced Ca2+-independent, strongly bound cross-bridge-dependent contraction in PLV, but not in PLA. It should likewise be noted that OM significantly decreased maximal force of ADP-contraction at 20 mM in PLV (by ∼23%), but not in PLA (Figure 3C).
[image: Figure 3]FIGURE 3 | Effects of OM on ADP-contraction in PLV and PLA. (A) Graph showing the effect of 1.0 μM OM on Ca2+-independent active force in PLV upon increasing the MgADP concentration at 2 mM MgATP. Note that submaximal forces at 1, 2, and 3 mM MgADP were increased in the presence of 1.0 μM OM. *p < 0.05; **p < 0.01 (unpaired Student’s t test). Submaximal forces were normalized compared with that at 20 mM MgADP with or without OM [see (C)]. White and red, in the absence (Control) and presence of OM. n = 5 for both groups. (B) Same as in (A) for PLA. Unlike in PLV, submaximal forces were unaffected by 1.0 μM OM. Submaximal forces were normalized compared with that at 20 mM MgADP with or without OM [see (C)]. White and blue, in the absence (Control) and presence of OM. n = 5 for both groups. (C) Comparison of maximal force values at 20 mM MgADP with and without 1.0 μM OM in PLV (red) and PLA (blue). Maximal force was obtained by activating muscle at 20 mM MgADP prior to investigation of submaximal forces. **p < 0.01 (unpaired Student’s t test).
Effects of OM on Ca2+ sensitivity in PLV and PLA under enhanced activation condition
We previously reported that sTn treatment enhances thin filament cooperative activation and accordingly increases Ca2+ sensitivity in PLV (Terui et al., 2008, 2010). We then investigated the Ca2+-sensitizing effect of OM under a condition where thin filament cooperative activation is enhanced following sTn treatment. Consistent with our previous results (Terui et al., 2008, 2010), sTn treatment increased Ca2+ sensitivity in PLV by left shifting pCa50 by 0.14 ± 0.03 pCa units (Figure 4A; Table 3). OM at 1.0 μM further increased Ca2+ sensitivity, but ΔpCa50 was only 0.16 ± 0.02 pCa units (p < 0.001 compared with the value under the control condition; i.e., 0.33 ± 0.01 pCa units in Figure 1B). In PLA, sTn treatment increased Ca2+ sensitivity by left shifting pCa50 by 0.10 ± 0.02 pCa units (Figure 4B; Table 3). As in the PLV finding, ΔpCa50 was less following sTn reconstitution with a value of 0.10 ± 0.01 pCa units when compared with that under the control condition (0.22 ± 0.02 pCa units in Figure 1D; p < 0.001).
[image: Figure 4]FIGURE 4 | Effects of OM on Ca2+ sensitivity in PLV and PLA under enhanced activation condition. (A) Force-pCa curves showing the effect of 1.0 μM OM on Ca2+ sensitivity in PLV following sTn treatment. Black circles and solid lines, control (before sTn treatment); light red triangles and dotted lines, after sTn treatment; red squares and solid lines, 1.0 μM OM after sTn treatment. Inset, pCa50 values indicating Ca2+ sensitivity under varying conditions. C, control (without OM); T, sTn treatment; T + O, 1.0 μM OM after sTn treatment. ***p < 0.001 (Tukey-Kramer test). n = 6 for all groups. (B) Same as in (A) for PLA showing the effect of 1.0 μM OM on Ca2+ sensitivity following sTn treatment. Black circles and solid lines, control (before sTn treatment); light blue triangles and dotted lines, after sTn treatment; blue squares and solid lines, 1.0 μM OM after sTn treatment. Inset, pCa50 values under varying conditions. C, control (without OM); T, sTn treatment; T + O, 1.0 μM OM after sTn treatment. ***p < 0.001 (Tukey-Kramer test). n = 5 for all groups. (C) Force-pCa curves showing the effect of 1.0 μM OM on Ca2+ sensitivity in PLV following 3 mM MgADP application. Black circles and solid lines, control (before MgADP application); light red triangles and dotted lines, after MgADP application; red squares and solid lines, 1.0 μM OM after MgADP application. Inset, pCa50 values under varying conditions. C, control (without OM); A, MgADP application; A + O, 1.0 μM OM after MgADP application. ***p < 0.001 (Tukey-Kramer test). n = 4 for all groups. (D) Same as in (A) for PLA showing the effect of 1.0 μM OM on Ca2+ sensitivity following 3 mM MgADP application. Black circles and solid lines, control (before MgADP application); light blue triangles and dotted lines, after MgADP application; blue squares and solid lines, 1.0 μM OM after MgADP application. Inset, pCa50 under varying conditions. C, control (without OM); A, MgADP application; A + O, 1.0 μM OM after MgADP application. **p < 0.01; ***p < 0.001 (Tukey-Kramer test). n = 5 for all groups. (E) Graph showing the increased Ca2+ sensitivity (ΔpCa50) following sTn treatment (sTn) vs. MgADP application (ADP) in PLV and PLA. *p < 0.05 (unpaired Student’s t test). Data obtained from (A–D). (F) Graph showing the Ca2+-sensitizing effect of 1.0 μM OM [ΔpCa50 (OM)] following sTn treatment (sTn) vs. MgADP application (ADP) in PLV and PLA. *p < 0.05 (unpaired Student’s t test). Data obtained from (A–D).
TABLE 3 | Summary of the effects of OM on maximal force, Ca2+ sensitivity and nH in PLV and PLA under enhanced activation condition.
[image: Table 3]MgADP is known to augment myocardial contraction by increasing Ca2+ sensitivity via formation of strongly bound cross-bridges (actomyosin-ADP complex) and the ensuing enhancement of thin filament cooperative activation (see e.g., Fukuda et al., 1998, 2000; Terui et al., 2010). We then investigated whether or not the Ca2+-sensitizing effect of OM is diminished in the presence of MgADP in PLV and PLA, as with sTn treatment. Consistent with our previous results (Terui et al., 2010), 3 mM MgADP increased Ca2+ sensitivity in PLV by left shifting pCa50 by 0.24 ± 0.03 pCa units (Figure 4C; Table 3). Ca2+ sensitivity was further increased by 1.0 μM OM, but ΔpCa50 was significantly (p < 0.05) less with 0.21 ± 0.03 pCa units when compared with that under the control condition (i.e., 0.33 ± 0.01 pCa units in Figure 1B). In PLA, 3 mM MgADP increased Ca2+ sensitivity by left shifting pCa50 by 0.06 ± 0.01 pCa units, significantly less than that in PLV (Figure 4D; Table 3). As in the PLV finding, the Ca2+-sensitizing effect of OM was significantly (p < 0.001) less in the presence of MgADP with ΔpCa50 0.08 ± 0.01 pCa units [compared with the value (0.22 ± 0.02 pCa units) under the control condition; cf. Figure 1D].
The Ca2+ sensitization by sTn treatment vs. 3 mM MgADP application in PLV and PLA (expressed in ΔpCa50) is compared in Figure 4E. We found that ΔpCa50 was statistically insignificant between sTn treatment and MgADP application in PLV and PLA, suggesting that a similar magnitude of thin filament cooperative activation is attained by the two different procedures in both types of preparations (cf. Terui et al., 2010; Kobirumaki-Shimozawa et al., 2014). The magnitude of the OM-induced increase in Ca2+ sensitivity (ΔpCa50) was likewise insignificant following sTn treatment and in the presence of 3 mM MgADP in both PLV and PLA (Figure 4F). The greater Ca2+-sensitizing effect of OM in PLV than in PLA was retained in the presence of 3 mM MgADP; however, the effect between PLV and PLA was insignificant following sTn treatment (Figure 4F). OM did not affect maximal force following sTn treatment or MgADP application in both PLV and PLA (Table 3).
Effects of OM on Ca2+ sensitivity in PLV and PLA under depressed activation condition
Pi decreases Ca2+ sensitivity in cardiac muscle, by accelerating the detachment of bound cross-bridges (see e.g., Fukuda et al., 1996, 1998; Terui et al., 2010). Finally, we investigated whether or not the Ca2+-sensitizing effect of OM is altered in PLV and PLA under the depressed condition in the presence of 20 mM Pi. Consistent with our previous results (Terui et al., 2010), 20 mM Pi decreased Ca2+ sensitivity in PLV by right shifting pCa50 by 0.24 ± 0.04 pCa units (Figure 5A; Table 4). OM at 1.0 μM increased Ca2+ sensitivity by 0.09 ± 0.03 pCa units, which was markedly smaller than that obtained under the control condition (i.e., p < 0.01 compared with 0.33 ± 0.01 pCa units obtained under the control condition in Figure 1B). In PLA, 20 mM Pi decreased Ca2+ sensitivity by right shifting pCa50 by 0.10 ± 0.01 pCa units (Figure 5B; Table 4). As in the PLV finding, ΔpCa50 in PLA was less in the presence of Pi with merely 0.03 ± 0.01 pCa units (p < 0.001 compared with 0.22 ± 0.02 pCa units obtained under the control condition in Figure 1D). The difference between PLV and PLA in the Ca2+-sensitizing effect of OM in the presence of Pi was insignificant (p > 0.05) (Figure 5C). It should be noted in the presence of Pi that maximal force was significantly augmented by OM in PLA, but not in PLV (Table 4).
[image: Figure 5]FIGURE 5 | Effects of OM on Ca2+ sensitivity in PLV and PLA under depressed activation condition. (A) Force-pCa curves showing the effect of 1.0 μM OM on Ca2+ sensitivity in PLV following 20 mM Pi application. Black circles and solid lines, control (before Pi application); light red triangles and dotted lines, after Pi application; red squares and solid lines, 1.0 μM OM after Pi application. Inset, pCa50 values indicating Ca2+ sensitivity under varying conditions. C, control (without OM); P, Pi; P + O, 1.0 μM OM after Pi application. *p < 0.05; ***p < 0.001 (Tukey-Kramer test). n = 5 for all groups. (B) Same as in (A) showing the effect of 1.0 μM OM on Ca2+ sensitivity in PLA following 20 mM Pi application. Black circles and solid lines, control (before Pi application); light blue triangles and dotted lines, after Pi application; blue squares and solid lines, 1.0 μM OM after Pi application. Inset, pCa50 values indicating Ca2+ sensitivity under varying conditions. C, control (without OM); P, Pi; P + O, 1.0 μM OM after Pi application. ***p < 0.001 (Tukey-Kramer test). n = 5 for all groups. (C) Graph comparing the Ca2+-sensitizing effect of 1.0 μM OM (ΔpCa50) between PLV and PLA following 20 mM Pi application.
TABLE 4 | Summary of the effects of OM on maximal force, Ca2+ sensitivity and nH in PLV and PLA under depressed activation condition.
[image: Table 4]DISCUSSION
The findings of the present study are four-fold: 1) OM at clinically relevant concentrations increased submaximal forces in a concentration-dependent manner in PLV and PLA, with a greater magnitude in PLV, 2) OM augmented Ca2+-independent, strongly bound cross-bridge-dependent submaximal forces in PLV, but not in PLA, 3) OM’s Ca2+-sensitizing effect was attenuated in both PLV and PLA upon enhanced thin filament cooperative activation, directly by sTn treatment and indirectly by MgADP application, and 4) Pi markedly decreased the Ca2+-sensitizing effect of OM.
First, OM increased Ca2+ sensitivity at 0.5 and 1.0 μM in a concentration-dependent manner in PLV (Figure 1). The magnitude of the increase in Ca2+ sensitivity is largely consistent with the findings of previous reports by others using ventricular muscles of various animal species [i.e., rat (Nagy et al., 2015; Kieu et al., 2019), mouse (Mamidi et al., 2015; Utter et al., 2015), guinea pig (Gollapudi et al., 2017) and human (Mamidi et al., 2017)]. Notably, Mamidi et al. (2017) showed that OM at 0.5 and 1.0 μM enhances active force at submaximal Ca2+ levels in a concentration-dependent manner in skinned human left ventricular muscle. To the knowledge of the authors, the present study is the first to demonstrate that OM increases Ca2+ sensitivity in atrial muscle (PLA) (Figure 1). Considering the previous report by Shchepkin et al. (2020) which demonstrated that OM prolongs the actomyosin attachment duration in ventricular and atrial myosin, with a higher sensitivity in ventricular myosin, the differential Ca2+-sensitizing effect of OM in PLV vs. PLA is likely to reflect the varying sensitivity of OM in the prolongation of the actomyosin attachment duration. Given the possible mechanism of action of OM in that it allosterically promotes the formation of force-generating cross-bridges via thin filament cooperative activation (see Introduction), the following mechanism can likewise be proposed to account for the differential effect of OM in PLV vs. PLA: namely, the actomyosin attachment duration in the presence of OM is longer for ventricular than atrial myosin in the porcine heart (at 0.5 and 1.0 μM; see Shchepkin et al., 2020), presumably because the attachment duration is intrinsically longer for the former than the latter. It is therefore likely that in PLV, the thin filament “on-off” equilibrium is more easily shifted towards the “on” state by OM-bound cross-bridges, and, accordingly, a substantial number of force-generating cross-bridges are formed (i.e., causing increased Ca2+ sensitivity). This scenario may be supported by the result that maximal force was significantly higher in PLV than in PLA (by ∼1.5-fold; Table 1) (see a similar tendency on ventricular vs. atrial muscles from bovine hearts; Fukuda et al., 2003). And maximal force was increased by ∼20% upon application of OM at 0.5 and 1.0 μM in PLA, but not in PLV (Table 1), reflecting, presumably, the transition of “recruitable” cross-bridges to force-generating cross-bridges via enhanced thin filament cooperative activation. Indeed, it is widely regarded that in both cardiac and skeletal muscles, Ca2+ alone cannot fully activate thin filaments; it is the strongly bound cross-bridges, such as rigor cross-bridges (e.g., Bremel and Weber, 1972), N-ethylmaleimide-treated myosin subfragment 1 (e.g., Nagashima and Asakura, 1982) and the actomyosin-ADP complex (e.g., Cooke and Pate, 1985; Shimizu et al., 1992; Fukuda et al., 1998), that augment maximal force, cooperatively with Ca2+.
In mammals, the heart is consistently under the influence of β-adrenergic stimulation in vivo. As discussed in our earlier papers (e.g., Matsuba et al., 2009; Kobirumaki-Shimozawa et al., 2014), a decrease in the Ca2+-binding affinity to TnC following PKA-dependent phosphorylation of TnI results from the reduced TnC-TnI interaction. We found that OM increased Ca2+ sensitivity in both PLV and PLA following PKA treatment, but the effect was significantly less pronounced in both preparations compared with no PKA treatment (by ∼20% and ∼43% in PLV and PLA, respectively; cf. Figure 1) (Figure 2). Because OM directly binds to myosin (e.g., Winkelmann et al., 2015), it is unlikely that the attenuation of the effect of OM is coupled with a decrease in the Ca2+-binding affinity of TnC. It is important that PKA phosphorylates MyBP-C (e.g., Jeacocke and England, 1980) and titin (e.g., Yamasaki et al., 2002; Fukuda et al., 2005a), other than TnI; phosphorylation of MyBP-C may loosen its constraint on the thick filament backbone and allow myosin heads to interact with thin filaments (Colson et al., 2008; Kensler et al., 2017; McNamara et al., 2019). Therefore, OM’s effect may be blunted in both PLV and PLA following PKA treatment because fewer myosin heads would be recruited to thin filaments due to a change in the thick filament-based regulation (see below). Because various types of kinases operate in living myocardium (as discussed in Matsuba et al., 2009), future studies need to be systematically conducted to investigate whether and how these kinases affect the Ca2+-sensitizing effect of OM.
OM at 1.0 μM increased MgADP-induced submaximal forces in PLV, but not in PLA (+ATP and +EGTA; Figure 3). The finding in PLV supports the notion that OM apparently increases Ca2+ sensitivity in normal Ca2+-dependent contraction, independent from Ca2+-binding to TnC (see previous papers by others; e.g., Malik et al., 2011). There could be two reasons for the absence of the effect of OM in PLA. First, the binding affinity of OM for PLA is too low to augment submaximal forces of ADP-contraction. Second, while the OM-myosin complex effectively activates thin filaments and promotes the binding of neighboring myosin in PLV during ADP-contraction, this allosteric effect would be less in PLA due to the short attachment duration of atrial myosin. The effectiveness of MgADP in the generation of active force in ADP-contraction was consistently markedly less pronounced in PLA than in PLV (Figure 3), indicating a lesser magnitude of the effect of strongly bound cross-bridges in PLA “turning on” thin filaments. It is to be noted that OM decreased maximal force of ADP-contraction in PLV but not in PLA (Figure 3). It can be considered that due to the long attachment duration of ventricular myosin, the application of OM in the bathing solution containing 20 mM MgADP excessively promotes the formation of the non-force producing, actomyosin-ADP complex (i.e., AM.ADP2 in Fukuda et al., 1998), similar to the characteristics of rigor cross-bridges, and thereby decreases the number of force-generating, working cross-bridges.
We previously reported that the magnitude of the shift of pCa50 following sTn treatment depends on SL in PLV; it becomes less pronounced as SL is elongated (i.e., ∼0.23 and ∼0.12 pCa units at SL 1.9 and 2.3 μm, respectively; Terui et al., 2008). Given, therefore, that throughout the present study SL was set at 2.1 μm in both PLV and PLA, we consider that the present sTn treatment suitably increased Ca2+ sensitivity in both types of preparation via enhanced thin filament cooperative activation (Figure 4; cf. Terui et al., 2008). Similarly, we previously reported that pCa50 was shifted leftward in a SL-dependent manner in PLV upon application of 3 mM MgADP, by ∼0.26 and ∼0.13 pCa units at SL 1.9 and 2.3 μm, respectively (Terui et al., 2010). As with the case for sTn treatment, this is because the number of “recruitable” cross-bridges is decreased at a longer SL, resulting in the attenuation of further formation of force-generating cross-bridges via thin filament cooperative activation by strongly bound cross-bridges (i.e., actomyosin-ADP complex; see Fukuda et al., 1998, 2000). We therefore consider that the present finding on the MgADP-induced increase in Ca2+ sensitivity in PLV obtained at SL 2.1 μm (i.e., 0.24 ± 0.03 pCa units) is consistent with our previous data (Figure 4; cf. Terui et al., 2010). It should be noted that, despite the same concentration of 3 mM used, the effect of MgADP was markedly less in PLA with a leftward shift magnitude of only 0.06 ± 0.01 pCa units. We consider that the differential effect of MgADP on the leftward shift of pCa50 between PLV and PLA results from a difference in the apparent binding affinity of MgADP to ventricular myosin vs. atrial myosin. It has indeed been reported that the equilibrium constant of the ADP-release during the cross-bridge cycling is higher for atrial myosin than ventricular myosin (Wang et al., 2013; Walklate et al., 2021), thereby decreasing the apparent affinity of exogenously added MgADP.
Here, we discuss the possible mechanisms by which the Ca2+-sensitizing effect of OM was attenuated in PLV and PLA following sTn treatment and in the presence of MgADP. It should be noted that despite different approaches used, both sTn treatment and MgADP application enhance thin filament cooperative activation, as reflected by increased Ca2+ sensitivity, the former and latter of which act in a direct and indirect manner, respectively (see Terui et al., 2010). Recent studies have proposed a possible primary mechanism of the cardiotonic action of OM based on the prolongation of the actomyosin attachment duration and the ensuing enhancement of thin filament cooperative activation (see Introduction). In the present study, the magnitude of the leftward shift of pCa50 between sTn treatment and MgADP application was insignificant (Figure 4), suggesting that a similar magnitude of enhanced thin filament cooperative activation was attained. Likewise, the Ca2+-sensitizing effect of OM was insignificant between the two procedures in both PLV and PLA (Figure 4). These findings suggest that the number of “recruitable” cross-bridges is decreased by a similar magnitude following sTn treatment and MgADP application, thereby attenuating the effect of OM to recruit neighboring myosin into the force-generating state via enhancement of thin filament cooperative activation.
The depressant effect of Pi on the OM-induced increase in Ca2+ sensitivity was evident in both PLV and PLA (Figure 5). The present finding on PLV is consistent with our previous result in that pCa50 was shifted rightward in a SL-dependent manner, by ∼0.27 and ∼0.20 pCa units at SL 1.9 and 2.3 μm, respectively (cf. Terui et al., 2010). We found in the present study that the Ca2+-sensitizing effect of OM was markedly decreased in the presence of 20 mM Pi in both PLV and PLA (Figure 5). It has been reported that Pi binds to the actomyosin-ADP complex after the power stroke in the cross-bridge cycle and causes reversal of the stroke (Woody et al., 2019), and accordingly, Ca2+ sensitivity is apparently decreased (see Fukuda et al., 1998 and references therein). We therefore consider that although the number of “recruitable” cross-bridges is increased in the presence of Pi (Terui et al., 2010), regardless of the type of preparation (PLV or PLA), due to the acceleration of detachment of OM-bound myosin from thin filaments, thin filament cooperative activation is depressed; consequently, the number of cross-bridges recruited to thin filaments will be limited. Nevertheless, the cardiotonic action of OM was seen under this depressed condition to increase maximal force in PLA (Table 4), which was not the case under enhanced thin filament activation conditions, regardless of the type of preparations (Table 3).
It should be noted that the Ca2+-sensitizing effects of OM may be coupled with a change in the thick filament state, independent of the thin filament “on-off” regulation. Stewart et al. (2010) discovered a myosin state in skinned rabbit psoas muscle fibers that has an extremely slow ATP turnover rate. This unique relaxed state has come to be widely known as the “super-relaxed state” (SRX) (see reviews and references therein: e.g., Cooke, 2011; McNamara et al., 2015; Irving, 2017; Spudich, 2019; Craig and Padrón, 2022). SRX is reportedly in equilibrium with the disordered-relaxed state (DRX) in which myosin heads are in closer proximity to thin filaments (e.g., Anderson et al., 2018; Gollapudi et al., 2021; Yuan et al., 2022), and ready to produce force. A decrease in the number of myosin molecules in SRX would increase the proportion of the heads available to form force-generating cross-bridges (e.g., Schmid and Toepfer, 2021). It is possible that mechanical stress on thick filaments, presumably via myosin binding to thin filaments, shifts the SRX-DRX equilibrium towards DRX (Linari et al., 2015). It is considered that SRX is a biochemical and presumably a structural state, in which myosin heads interact with, and are folded back on, the thick filament backbone, and are consequently unavailable for binding thin filaments (e.g., Hooijman et al., 2011; Alamo et al., 2016). Hooijman et al. (2011) reported that in cardiac muscle, a significant proportion of myosin in thick filaments is in SRX, and these myosin molecules in SRX are rather modulatory, providing more graded recruitment of the heads and the ensuing active force production, compared with skeletal muscle. Therefore, OM may modulate the thick filament structure and thereby destabilize SRX, resulting in an increase in the number of myosin heads that can readily bind to thin filaments and produce active force in a graded manner (Kampourakis et al., 2018). We consider that this thick filament-based mechanism may at least in part account for the observed Ca2+-sensitizing effects of OM in both PLV and PLA (Figure 1). It is likewise possible that OM’s effect is synergistically brought about via the thick filament-based regulation and the ensuing thin filament “on-off” regulation (Spudich, 2019; Nag and Trivedi, 2021). Namely, myosin in the pre-pre-powerstroke state, a state similar to SRX, is stabilized by OM, but not sufficiently compliant to fit into the folded-back thick-filament state and therefore it is able to bind to actin. Ca2+ sensitivity would consequently be increased via formation of myosin in the pre-pre-powerstroke state and the ensuing thin filament cooperative activation, as well as by a reduction in the number of myosin heads in the folded-back state.
Likewise, it is important to discuss the possible contribution of the thick filament-based SRX-DRX regulation to the attenuation of the Ca2+-sensitizing effect of OM. First, PKA-dependent phosphorylation of cardiac MyBP-C has been reported to shift the SRX-DRX equilibrium to DRX (McNamara et al., 2019; Harris, 2021). Therefore, fewer cross-bridges would be recruited by OM when MyBP-C is phosphorylated, resulting in the attenuation of OM’s Ca2+-sensitizing effect in both PLV and PLA (Figure 2). Along this line, it is possible that MgADP shifts the SRX-DRX equilibrium to DRX, via structural changes in thick filaments (see Nag and Trivedi, 2021 and references therein), reduces the number of “recruitable” cross-bridges, and thereby attenuates OM’s effect (Figure 4). Future studies are needed from the perspective of thick filaments by using various techniques to determine whether and how OM’s effect varies in ventricular and atrial muscles under various perturbations.
Ovejero et al. (2022), by taking advantage of X-ray diffraction, reported that upon a decrease in temperature from 39°C to 7°C, myosin heads leave the helical folded state of thick filaments, and the periodicity of the thick filament backbone increases in intact rat ventricular trabeculae. They likewise demonstrated that myosin filament structure and motor conformation of intact trabeculae at 39°C are largely preserved in skinned trabeculae at 27°C or above in the presence of osmotic compression. However, when active force levels are high at high temperatures (e.g., 27°C), or at longer sarcomere length, rundowns easily occur during force measurements in mechanical experimentations with skinned muscle preparations, which would lead to an underestimation of maximal active force and could therefore impact the deduced Ca2+ sensitivity (as discussed in Fukuda et al., 2005b). The results of the present study obtained at a low temperature of 15°C might therefore lead to an underestimation of the Ca2+-sensitizing effect of OM because of a loss of cross-bridges in SRX in the relaxing condition that can potentially be activated by OM and form into force-generating cross-bridges.
Finally, we discuss the clinical relevance obtained from the present findings. First, OM increased Ca2+ sensitivity at clinically relevant concentrations in PLV and PLA, with the effect more pronounced in PLV. Careful studies are needed to investigate whether OM increases ventricular contraction to a greater magnitude than atrial contraction in vivo, especially in patients with HFrEF, thereby effectively increasing cardiac output without causing congestion. Second, the greater Ca2+-sensitizing effect in PLV was retained following PKA treatment, suggesting that OM may be a useful cardiotonic compound under the various PKA-dependent phosphorylation states of myofibrillar proteins. Third, given that OM’s Ca2+-sensitizing effect became diminished following sTn treatment in both types of preparations, its cardiotonic effect may be less in patients with HFrEF associated with Tn mutations. Fourth and finally, the marked attenuation of OM’s Ca2+-sensitizing effect in the presence of Pi in both PLV and PLA suggests that the compound’s cardiotonic effect may be limited in the ischemic heart or under hypoxia. Future basic and clinical studies are warranted to systematically investigate whether and how the inotropic effect of OM is altered in the ventricle and atrium under various disease conditions of the heart.
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Background: Recent experimental data support the view that signaling activity at the membrane depends on its geometric parameters such as surface area and curvature. However, a mathematical, biophysical concept linking shape to receptor signaling is missing. The membranes of cardiomyocytes are constantly reshaped due to cycles of contraction and relaxation. According to constant-volume behavior of cardiomyocyte contraction, the length shortening is compensated by Z-disc myofilament lattice expansion and dynamic deformation of membrane between two adjacent Z-discs. Both morphological changes are strongly dependent on the frequency of contraction. Here, we developed the hypothesis that dynamic geometry of cardiomyocytes could be important for their plasticity and signaling. This effect may depend on the frequency of the beating heart and may represent a novel concept to explain how changes in frequency affect cardiac signaling.
Methods: This hypothesis is almost impossible to answer with experiments, as the in-vitro cardiomyocytes are almost two-dimensional and flattened rather than being in their real in-vivo shape. Therefore, we designed a COMSOL multiphysics program to mathematically model the dynamic geometry of a human cardiomyocyte and explore whether the beating frequency can modulate membrane signal transduction. Src kinase is an important component of cardiac mechanotransduction. We first presented that Src mainly localizes at costameres. Then, the frequency-dependent signaling effect was studied mathematically by numerical simulation of Src-mediated PDGFR signaling pathway. The reaction-convection-diffusion partial differential equation was formulated to simulate PDGFR pathway in a contracting sarcomeric disc for a range of frequencies from 1 to 4 Hz. Results: Simulations exhibits higher concentration of phospho-Src when a cardiomyocyte beats with higher rates. The calculated phospho-Src concentration at 4, 2, and 1 Hz beat rates, comparing to 0 Hz, was 21.5%, 9.4%, and 4.7% higher, respectively.
Conclusion: Here we provide mathematical evidence for a novel concept in biology. Cell shape directly translates into signaling, an effect of importance particularly for the myocardium, where cells continuously reshape their membranes. The concept of locality of surface-to-volume ratios is demonstrated to lead to changes in membrane-mediated signaling and may help to explain the remarkable plasticity of the myocardium in response to biomechanical stress.
Keywords: cell geometry, contraction frequency, cardiac myocyte, cardiomyocyte, sarcomere, signaling, mathematical modeling, simulation
INTRODUCTION
Cells are constantly exposed to mechanical stress by forces that are generated by gravity, organ motion, blood flow, extracellular cell-to-cell and cell-to-matrix interactions, and intracellular traction. These mechanical forces have been shown to influence a broad spectrum of cellular behaviors, from proliferation and differentiation to transcriptional responses and gene expression.
Mechanotransduction is a fundamental biological process, by which cells sense mechanical stimuli, integrate them, and convert them into biochemical signals, inducing downstream cellular responses (Martino et al., 2018). Because biomechanical force can be transmitted through the cytoskeleton, microtubules, and actin stress fibers, its propagation time is much shorter than the diffusion of molecules in signaling pathways. This means that the cells respond rapidly to their dynamic environment. Defective mechanotransduction has been associated with numerous diseases from all fields of medicine, including cardiology, dermatology, gastroenterology, nephrology, neurology, oncology, ophthalmology, orthopedics, pediatrics, pulmonary medicine, reproductive medicine, and urology. Abnormal mechanotransduction can be caused by alterations in, or malfunctions of, one or more of the entities involved in the force sensing and conversion process, namely, the extracellular matrix (ECM), cell surface receptors, the cell cytoskeleton, and the various molecules associated with the signaling cascade that occurs in the cytoplasm or nucleus.
Signaling activity at the membranes depends on global cell geometry parameters, such as the cellular aspect ratio (Haftbaradaran Esfahani et al., 2019), size (Nowak et al., 2021), membrane surface area, and membrane curvature (Haftbaradaran Esfahani and Knoll, 2020b). A recent paper by Rangamani et al. (2013) has presented a “curvature-dependent mechanism of transient receptor activity enhancement,” but its relevance for biology and medicine remains unclear. The authors showed how the enhancement of kinase activity in downstream signaling pathways could be mediated by transient enhancement of receptor activity, following increased ligand binding in the curved plasma membrane areas of elliptic cells with increasing eccentricity. They demonstrated that information contained in the cell’s shape could be transformed into measurably different MAPK phosphorylation levels in the nucleus. Matter exchange by lateral diffusion, between areas of high and low curvature at the plasma membrane, will eventually equilibrate the ligand-induced inhomogeneity of receptor activity. However, when fission of membrane areas with high curvature occurs, this matter exchange cannot take place. This could lead to stabilization of the enhanced interaction with cytoplasmic effectors at the membrane interface of the endocytosed vesicle.
It has been well documented that the effects of global cell geometry influence signaling activity and differentiation (Haftbaradaran Esfahani and Knoll, 2020b), but the local effects are still poorly understood. Cells use various local membrane curves to perform cellular functions, such as filopodia to form adhesions, endosomes for intracellular signaling, and caveolae to moderate membrane tension. Invagination or protrusion of local membranes has been shown to respond differently to stimulus, by increasing cell eccentricity. This is due to the transient assembly of the activated receptors in microdomains with higher curvature. This transient inhomogeneity in the distribution of activated receptors arises from a local imbalance between reactions and the diffusion of soluble ligands and receptors in the plane of the membrane (Rangamani et al., 2013).
When protrusion occurs, there is higher accessibility to external ligands, since the reactive volume to surface ratio is higher for ligand-receptor binding. On the other hand, when invagination occurs, the volume to surface ratio for the ligand-receptor binding is limited, although the release of the intracellular receptor-bound signaling molecule is easier.
It has recently been shown by Lou et al. (2018) that curvature sensing proteins were engaged upon manipulating the membrane by nanostructures. In addition to membrane curvatures, they showed that gene expression was dysregulated after nano-structural deformation of nuclear envelope. In another study, Elliott et al. (2015) investigated the closed loop relation between regulation of myosin II and fluctuation of local membrane curvature in endothelial cells.
In heart, cardiac myocytes (CMs) beats with cycles of contraction and relaxation. In each beating cycle, sarcomeres, the contractile unit of CM between two adjacent Z-discs, shorten and elongate. Since the cytosol is incompressible, the cytosol is isovolumetric and the cell volume is constant during a cycle of contraction-relaxation. Therefore, when the sarcomere shortens, the Z-disc lattice spacing expands. Correspondingly, when the sarcomere relaxes (i.e., elongates), the Z-disc lattice spacing compresses [for a review please see (Knoll et al., 2011)]. In the transverse sections, Z-discs show two distinct structural states: the “small square” form and the “basket weave” form. In the classical studies of fixed muscle tissues, it has been proposed that the small square and the basket-weave forms represent the relaxed and the active contracted states, respectively (Williams et al., 2013; Malingen et al., 2020), but this view has recently been challenged (Oda and Yanagisawa, 2020; Burbaum et al., 2021). Interestingly, it has been shown that in the contracted state, the lattice was not expanded that much, leading to a decrease in Z-line lattice volume (Irving et al., 2000; Toh et al., 2006). Thus, the membrane needs to be stretched (Kamkin et al., 2000; Samarel, 2005) to sustain the normally constant cytosolic volume during contraction by pushing the cytosol towards the cell membrane (Malingen and Daniel, 2020; Cass et al., 2021; Powers et al., 2021).
Since the cell volume is constant, the periodic relative motion of neighboring Z-discs leads to the advection of cytosol molecules. Moreover, the curvature of CM membrane fluctuates periodically with a constraint to isovolumetric cytosol (Knoll, 2015). Accordingly, we developed the hypothesis that dynamic geometry of CMs could be important for CM plasticity and signaling. This effect may depend on the frequency of the beating heart and may represent a novel concept to explain how changes in frequency affect cardiac signaling. This hypothesis is almost impossible to answer with experiments, as the in-vitro cultured CMs are nearly two-dimensional and flattened rather than being in their real in-vivo shape. Moreover, it is very demanding to prove the hypothesis by culturing adult human CMs for several days, transduce and pace them (Wright et al., 2020). Therefore, comprehensive mathematical models are critical for predicting geometry-dependent cellular signaling. These models could be implemented on platforms that have been specifically designed for modeling cell biological systems, such as VCell (virtual cell) software or on general multi-physics platforms like COMSOL Multiphysics.
In our case, we designed a COMSOL program (COMSOL, 2021) to mathematically model and numerically simulate the dynamic geometry of CM and explore whether the frequency of contraction can modulate membrane signal transduction.
Src kinase is an important component of cardiac mechanotransduction (Schlaepfer and Hunter, 1996; de Cavanagh et al., 2009). In this paper, we first presented that Src kinase mainly localizes at costameres, a crucial site for CM survival and growth (Samarel, 2005). In addition, costameres have substantial roles in mechanically-induced signaling in CMs (Martino et al., 2018). It has been previously demonstrated that Platelet-Derived Growth Factor (PDGF) induces Src activation (Thomas and Brugge, 1997; Rangamani et al., 2013; Lu et al., 2017; Fan et al., 2022). We visualized the spatio-temporal activation characteristics of Src kinase upon PDGF stimulation, by introducing a fluorescent Src activation biosensor into the cultured neonatal rat CMs (NRCMs). The Src biosensor, named KRas-Src, works based on the FRET technique to report Src activation (Liu et al., 2014). We introduced the KRas-Src FRET reporter into the NRCMs through adenoviral delivery. We then stimulate the NRCMs by PDGF and acquire the FRET images using a confocal microscope at 5 s and 5, 10, and 20 min after PDGF treatment. The FRET image analyses were performed afterwards to measure the spatio-temporal Src activity in NRCMs.
We call each bunch of laterally-registered sarcomeres as a “Sarcomeric Disc” (SD) (see Figures 1A,B) and assume signaling is the same for all SDs. Therefore, we mathematically modeled a SD and investigated our central hypothesis by simulating the effect of frequency of contraction on the activation of Src kinase through PDGF signaling in the COMSOL-modeled SD of an adult human CM. In order to monitor the concentration of activated Src at different locations in the SD at different times, transport of all the included substances in combination with reactions were simulated numerically.
[image: Figure 1]FIGURE 1 | (A) The adult human CM was assumed to have cylindrical shape, consisting of several symmetric Sarcomeric Discs (SDs). (B) One contracting SD of an adult human CM was assumed to be disk-shaped with 30 µm diameter and 2.2 µm thickness in relaxed state. (C) One SD was presumed to have axial symmetry to simplify the simulations to two-dimensional longitudinal section.
To create a dynamic multiphysics model of membrane signaling, we assumed that a CM is like a cylinder, consisting of several symmetric SDs. Since SDs are similar repeating units, we can simply model this membrane signaling at the membrane of one SD instead of modeling a whole CM. During a contraction-relaxation cycle of an adult human CM, the sarcomere length (SL) is shortened from 2.2 μm at the relaxed state to 1.6 μm at the contracted state, widening the Z-disc radially. Although, the SL-lattice spacing relationship has been investigated in in-vivo (Toh et al., 2006) and in-vitro (Irving et al., 2000) animal models, the amount of lattice expansion in an in-vivo adult human CM has not been studied yet. However, if one assumes a similar relationship, this would indicate that Z-disc lattice of a SD would be expanded about 2 μm at the contracted state in an in-vivo adult human CM.
MATERIALS AND METHODS
Src activation biosensor
We used the FRET technique to monitor the activity of Src kinase experimentally. The FRET-based Src activation biosensor (Wang et al., 2005) consists of ECFP (Enhanced Cyan Fluorescent Protein) and YPet, an improved version of YFP (Yellow Fluorescent Protein), linked together by the SH2 domain (from c-Src), a flexible linker and the Src-specific substrate peptide, derived from c-Src substrate p130Cas. The KRas-Src biosensor was constructed by fusing 14 KRas-prenylation sequences (KKKKKKSKTKCVIM) to the C-termini of Src biosensor (Pan et al., 2019). The donor:acceptor (ECFP:YPet) stoichiometry is fixed to 1:1. The activity of Src kinase causes a conformational change which modifies the distance between donor and acceptor, resulting a FRET change. When Src is at the resting state, the conformation of the Src construct is such that ECFP and YPet are juxtaposed, leading to a high FRET. When Src is active, it phosphorylates the substrate domain at tyrosine sites; therefore, the Src reporter is unfolded, inducing the separation of ECFP and YPet, reducing the FRET emission. To increase the delivery efficiency of KRas-Src biosensor, we used an E1-defective adenoviral vector of KRas-Src FRET reporter.
Cell isolation, cell culture and adenoviral transduction
NRCMs were isolated and purified as previously described (Haftbaradaran Esfahani and Knoll, 2020a). Hearts were rapidly excised from two-day-old Sprague-Dawley rats and tissue samples were collected from the dorsal of the apex of the left ventricle. NRCMs were isolated from the tissue using the Neonatal Heart Dissociation Kit (Miltenyi Biotec, Bergisch Gladbach, Germany). Isolated cells were resuspended in DMEM:M199 (4:1), supplemented with 10% horse serum, 5% fetal bovine serum and 1% penicillin/streptomycin (10,000 U/ml) (Thermo Fisher Scientific, Waltham, MA, United States). The suspension was pre-plated for 2 h in 10 cm2 uncoated cell culture flasks (Nunc, Thermo Fisher Scientific) to remove the fibroblast and endothelial cells, by allowing non-CMs to attach to the surface of the culture flask. Enriched NRCMs were seeded at a density of 7 × 103 cells/mm2 on 35 mm MatTek glass bottom dishes (Part No. P35G-1.5), pre-coated with 2 µg/cm2 fibronectin. 24 h after plating, the plating medium were replaced with serum-free maintenance medium. Then, the cultured NRCMs were incubated at 37°C with 10 MOI KRas‐Src adenovirus for 48 h.
FRET imaging of Src activity
After 72 h in culture, we carried out the FRET imaging of Src activity upon PDGF stimulation of serum-starved NRCMs. To avoid autofluorescence of the culture medium containing phenol red, maintenance medium was washed and replaced with 1 ml HBSS (Hank’s Balanced Salt Solution), supplemented with 20 mM HEPES and 2 g.l-1 D-glucose. Then, we placed the culture dish on the stage of a Leica SP5 inverted confocal microscope. We saved the coordinate of a well-transduced, spontaneously contracting NRCM. However, the frequency of contraction should be less than 0.25 Hz to assure the bias from contraction is negligible. Then, we immediately treated NRCMs with 30 ng/ml PDGF. In a temperature-controlled imaging chamber, the selected NRCMs were imaged with a 63X/1.4 oil-immersion objective. Fluorophores were excited with a 457 nm laser. The ECFP and FRET channels were recorded simultaneously at 5 s and 5, 10, and 20 min after PDGF treatment and the fluorescence intensity ratios for ECFP/FRET were plotted as a function of time.
Image processing and FRET analysis
To quantify the spatio-temporal FRET changes of the Src reporter, we used two-channel ratiometric approach (i.e., ECFP/FRET ratio) for time series analysis. Therefore, we acquired a pair of ECFP and FRET images for each time course (i.e., 5 s, 5, 10 and 20 min) of the experiment. The intensity values of the acquired images range from 0 to 255. The image processing procedure for FRET analysis was performed using Fiji ImageJ (Schindelin et al., 2012). We first deducted the image noise average from all pixels of the image. Then, we subtracted the background, surrounding the cell of interest from both ECFP and FRET images. We analyzed Src kinase activity upon PDGF stimulation solely at costameres, since we found that Src kinase mainly concentrated at the costameres in CMs (i.e., pixels belong to costameres have higher fluorescence intensity). Additionally, by just considering the costameres, the bias from cytosolic autofluorescence is reduced drastically. Then, we generated a binary mask by using an intensity threshold of 90 on FRET images, since we found that most of the costamere pixels could be picked out by this threshold. As some pixels which do not belong to costameres could pass the threshold, we used a median filter, called “Despeckle,” on the binary thresholding mask to remove these undesired pixels. Despeckle replaces each pixel with the median value of its 3 × 3 surrounding pixels. We then performed the “AND” operation of the tailored binary mask and the original image to generate the masked image. We calculated the FRET ratio of each time course by dividing the masked ECFP image by masked FRET image, pixel by pixel. The obtained FRET ratios of time series were finally normalized by the value of the first time course (i.e., at t = 5 s).
Mathematical model for membrane and intracellular gradients in a beating sarcomeric disc
The adult human CM was assumed to have cylindrical shape, consisting of several symmetric SDs (Figure 1A). Since sarcomeres are similar repeating units, we modeled one contracting SD (Figure 1B). We presumed axial symmetry of one SD to simplify the simulations to two-dimensional longitudinal section (Figure 1C).
The shape of the SD changes with time when the Z-discs are moved towards each other to contract the sarcomere and consequently the entire cell. As the SD shortens and in order to maintain the constant intracellular volume, the Z-discs expand to a bigger diameter and the cell membrane stretches. We let the model to compute the amount of membrane stretch at each time point, constrained to isovolumetric cytosol. The SD radius is a function of the z coordinate and time and is denoted [image: image] (Figure 1C). The time dependence is modelled as a cosine function with T being the period of the contraction.
[image: image]
Note that the location of the Z-discs varies with time. The maximum radius is found at [image: image] and the minimum radius at the Z-discs where [image: image].
[image: image]
The shape change of the SD is shown in (Figure 2). As a simplification, there are no organelles or other obstacles inside the sarcomere, so the cytosol can flow freely. The shape change causes cytosol flow back and forth towards the cell membrane. Given the membrane shape changes in Eq. 2, the velocity field [image: image] of the cytosol was calculated using Navier-Stokes equations. No-slip boundary conditions are applied. Thus the velocity of the cytosol at the domain wall are zero relative to the surface. The stretching of the Z-discs was uniform in radial direction.
[image: Figure 2]FIGURE 2 | Dynamic evolution of SD geometry at 0, [image: image], [image: image], [image: image], [image: image] of each contraction period. The black contours represent velocity fields of cytosol. The color code shows the magnitude of velocity from dark blue, equals to 0, to dark red as maximum value.
The finite-element mesh was generated to divide the model into small elements, over which the Navier-Stokes equations were solved. The velocity field of cytosol at different times is shown in (Figure 2).
The motion of the different substances in the cytosol is governed by diffusion and advection according to the diffusion-advection equation
[image: image]
where [image: image] is the concentration of a specific substance, [image: image] is its diffusivity and [image: image] is the time-dependent velocity field of cytosol. The [image: image] is the Laplace operator and [image: image] is the Del operator. The membrane receptors are free to move at the membrane by two-dimensional diffusion,
[image: image]
where [image: image] is the concentration with respect to the area and [image: image] is a two-dimensional diffusivity. The boundary constraint at the membrane—Z-disc interface is [image: image] for all substances. In addition, it is assumed that there is no resultant cytosolic flow through the Z-disc during the contraction-relaxation period.
Reactions that take place in the cytosol only add an extra reaction term to Eq. 3.
[image: image]
and analogously for reactions that take place in the membrane only, an extra term is added to Eq. 4.
[image: image]
Reactions involving substances both in the membrane and in the cytosol are written as a flux from the membrane (production) or towards the membrane (consumption). Thus, these reactions are described by boundary conditions where the normal flux towards the membrane is
[image: image]
where [image: image] is the normal vector from the membrane into the SD. This flux equals the reaction rate, i.e., [image: image]. For the rest of the boundaries, i.e., the Z-discs, the transport of the all substances are zero. The differential equations are solved with the Finite Element Method (FEM) using the software COMSOL. The time-dependent solver used is the Backward Differentiation Formula (BDF).
A schematic of reaction-diffusion-advection system for the concentration of Src, is shown in (Figure 3). The lists of reactions and kinetic parameters of the simulated PDGF signaling are reported in Table 1 and Appendix 1. Moreover, the initial concentrations and diffusion coefficients of the molecules interacting in simulated PDGF signaling are provided in Tables 2, 3. In addition, it is presented in Table 3 whether 2D or 3D equations were applied to each molecules. In our numerical model, extracellular PDGF binds PDGF receptor (PDGFR), forming PDGF-PDGFR complex which reacts with inactive form of Src in cytosol and activates Src.
[image: Figure 3]FIGURE 3 | Schematic of reaction-diffusion-advection model in the upper half of two-dimensional longitudinal section of one SD. Shortening of SD causes strain. Extracellular PDGF can bind to membrane receptors, PDGFR. The intracellular inactive form of Src can bind to PDGFR. The inactive and activated forms of Src are free to diffuse in any direction, whereas [image: image] is limited to diffuse along the membrane plane, with the diffusion coefficients of [image: image] and [image: image] respectively. The concentration of inactive and activated Src vary due to diffusion and reaction, but also vary due to advection (shown by velocity vector field v). Advection is a consequence of strain, which is due to SD contraction.
TABLE 1 | Reactions and kinetic parameters for modeling Src activation upon PDGF stimulation (Rangamani et al., 2013).
[image: Table 1]TABLE 2 | Initial concentrations for modeling Src activation upon PDGF stimulation (Rangamani et al., 2013).
[image: Table 2]TABLE 3 | Diffusion coefficient, compartment and dimension of equation that applied to the molecules, interacting in the PDGF signaling (Rangamani et al., 2013).
[image: Table 3]RESULTS
Experimental exploration of spatio-temporal activation of Src in neonatal rat CMs
We first studied the spatio-temporal activation of Src kinase upon PDGF stimulation in NRCMs. Src kinase is normally present in its inactive conformation. Upon PDGF treatment of CMs, the extracellular PDGF binds to the membrane-bound receptor, PDGFR, and activates it. The activated transmembrane PDGFR phosphorylates (i.e., activates) the intracellular inactive-Src by recruiting PTP (Protein Tyrosine Phosphatase). The activated Src (phospho-Src) can again be inactivated by a non-receptor tyrosine kinase Csk (C-terminal Src Kinase) (Matsuoka et al., 2004; Okada, 2012).
As described in the Methods section, we studied the characteristics of Src activation in NRCMs using ECFP/FRET ratiometric analysis. Since ECFP is very prone to bleaching, it has to be exposed by the least possible laser exposure in order that we can neglect photobleaching in FRET analysis. Therefore, the intensities of ECFP and FRET channels were recorded at four time courses that are 0+, 5, 10, and 20 min after PDGF treatment.
ECFP and FRET images of some NRCMs were shown in (Figure 4A). The figure illustrates the highest fluorescence intensities emitted from costamere sites, suggesting that Src kinase is mainly localized at the costameres in CMs. Although, lower fluorescence was detected from other regions of the cell, we analyzed Src kinase activity solely at costameres, according to importance of the costameres in CM signaling. In addition, the autofluorescence bias is predominant when analyzing lower fluorescence signal, detected from non-costamere regions.
[image: Figure 4]FIGURE 4 | (A) Fluorescent signal images of ECFP and FRET emission channels acquired from three ECFP-YPet transduced NRCMs at t = 0+ of PDGF stimulation. (B) Normalized ECFP/FRET intensity ratios at t = 0+, 5, 10 and 20 min after PDGF treatment. Although, the ECFP/FRET values of time points t = 5, 10, and 20 min were not significantly different (unpaired two-tailed t-test), compared to each other, the ECFP/FRET values of these time points were significantly higher, compared to t = 0+. The ECFP/FRET measurement was performed at the costameres pixels, using the approach described in the materials and methods section.
We then calculated the fluorescence intensity ratios of ECFP/FRET for each time course and plotted the normalized ratio as a function of time in (Figure 4B). Although, the ECFP/FRET values of time points t = 5, 10 and 20 min were not significantly different (unpaired two-tailed t-test), compared to each other, the ECFP/FRET values of these time points were significantly higher, compared to t = 0+. This indicates Src activation upon PDGF stimulation, consistent with previous reports in different cell types (Thomas and Brugge, 1997; Rangamani et al., 2013; Fan et al., 2022). The ECFP/FRET measurement was performed at the costameres pixels, using the approach described in the materials and methods section. Accordingly, we probed costamere to mathematically examine our hypothesis.
Mathematical examination of the hypothesis
Frequency-dependent Src activation in adult human cardiac myocytes
Different frequencies of heart beating and various patterns of contraction and relaxation are common in almost all heart diseases. Variations in pattern of CM beating lead to dynamic geometry of SDs. Accordingly, we hypothesized that changes in the contraction frequency of CM lead to dynamic geometry of SDs. The dynamic geometry of SD generates concentration gradient for membrane and intracellular molecules, which modulate membrane signal transduction. As it is almost impossible to examine our hypothesis using in-vivo and in-vitro systems, we mathematically simulate Src-mediated PDGF signaling by a finite-element COMSOL model, as described in methods section.
In a simulation, first one cycle of motion is simulated using computational fluid dynamics with moving boundaries. As a result, the velocity field of the cytosol is obtained during this cycle. In a second step, this motion is repeatedly coupled with the transport of the substances both in the cytosol and in the membrane. The changes in concentration due to chemical reactions throughout the cell are simultaneously calculated. As an example, the concentration of phospho-Src in the cytosol of one SD in the 4 Hz case at 25 s after PDGF stimulation is shown in (Figure 5A). The further from the membrane, the lower the concentration.
[image: Figure 5]FIGURE 5 | (A) The concentration of phospho-Src in the cytosol of one SD in the 4 Hz case at 25 s after PDGF stimulation. The SD is shown in horizontal view. (B) Contraction profiles of the modeled SD for 1, 2, and 4 Hz contraction frequency. (C) Simulation of a contracting SD, by modeling the lattice expansion together with membrane stretch, exhibits higher concentration of phospho-Src when SD beats with higher rates. Simulations show 21.5%, 9.4%, and 4.7% higher concentration of phospho-Src, respectively at 4, 2, and 1 Hz contraction frequencies, comparing to 0 Hz. (D) The dashed-red curve represents a case in which the lattice expansion completely compensates the cytosol displacement and there is no membrane stretch. In this case the peak value of the phospho-Src concentration is only 2.2% higher than the peak value of the 0 Hz case. Simulations demonstrate that membrane stretch has higher impact than lattice expansion in increasing the phospho-Src concentration. The lattice expansion with membrane stretch study are presented in dashed curves. The solid curves show the lattice expansion without membrane stretch.
The contraction-relaxation profiles of the modeled SD are represented in (Figure 5B) for 1, 2, and 4 Hz contraction frequencies. The case of 0 Hz is also drawn as a reference curve. The FRET microscopy (Figure 4A), in combination with our hypothesis, allowed us to focus on the Src activity at costameres, specifically. As demonstrated in (Figure 4A), Src kinase is mainly localized at the costameres in CMs. Therefore, in the modeled SD, we probed the evolution of phospho-Src concentration underneath the membrane at the costamere site (Figure 5C). All four curves show almost similar trajectories to our experimental results (Figure 4B). Simulations exhibit higher concentration of phospho-Src when sarcomere beats with higher rates. The maximum concentration of phospho-Src at 4, 2, and 1 Hz contraction frequencies, was 21.5%, 9.4%, and 4.7% higher, respectively, comparing to 0 Hz.
To distinguish the impact of membrane stretch from the impact of lattice expansion, we compared the reported SD model with an unrealistic model in which we assumed that the membrane is not elastic and cannot be stretched. This causes the Z-line lattice to be expanded more, to sustain the cytosolic volume constant. At the 4 Hz contraction of this assumed case, the peak value of the phospho-Src concentration was just 2.2% higher than the peak value of the 0 Hz case (Figure 5D). Thus, the membrane stretch has higher impact than lattice expansion in increasing the phospho-Src concentration.
DISCUSSION
The idea of cell shape having effects on cell physiology and pathology is probably not new and dates back to at least 1880s and 1890s, when Pflüger, Driesch and Hertwig reported about the manipulation of amphibian and invertebrate embryos and found that the regulation of mitotic orientations play a role in embryonic patterning (Pflüger, 1884; Driesch, 1891; Hertwig, 1893). This work eventually culminated in Hertwig’s Rule: the mitotic spindle bisects the cell perpendicular to its longest axis [for a recent review: (Cadart et al., 2014)].
In contrast, frequency dependent signaling has been proposed and detected in neurons [for a review (Ito and Schuman, 2008)]. While frequency dependent changes in calcium transients in cardiomyocytes are well known (Sipido et al., 1998), with calcium being an important intracellular mediator of contraction, frequency dependent effects on cell signaling did not receive much attention. Inspired by the work of Rangamani et al. and Kuo et al., we developed the concept of frequency dependent signaling in cardiomyocytes [please see for review: (Haftbaradaran Esfahani and Knoll, 2020b)].
Here we elaborate and provide mathematical evidence for the existence of a novel concept in physiology, namely that membrane shape translates into biochemical signaling, as suggested by a previous report (Rangamani et al., 2013), where cell signaling has been put in the context of membrane shape. Convex membranes foster ligand/receptor interaction and hence are expected to increase signaling, as long as the ligand remains extracellular. Elongated, elliptical cells are expected to increase their signaling activity via decreasing local membrane to volume ratios.
Our data whereby an increase in frequency increases the activation of Src kinase and where we show that Src kinase also plays an essential role in cardiomyocyte signaling provides evidence for the existence of membrane curvature related molecular mechanisms and that this mechanism displays relevance in biology and medicine.
The myocardium, where contracting myocytes periodically elongate and minimize non-cardiac cells such as cardiac fibroblasts and hence increase their sensitivity to receptor mediated effects, can lead to hypertrophy of these cells.
The situation in cardiac myocytes probably is more complex: cycles of contraction and relaxation will expose and de-expose costameres and the connecting membranes to the surrounding extracellular fluid and hence activate and de-activate this type of signaling (for example integrin mediated signaling such as Src kinase, focal adhesion kinase and integrin linked kinase) (Knoll et al., 2007). The membrane parts between costameres probably are bulging outwards which will increase membrane to cytosol ratios and hence increase signaling.
The frequency of beating hearts is expected to initiate very specific types of hypertrophic or atrophic signaling and as such affect cardiac metabolism, depending on whether costamere or membrane related signaling overweighs (Dixon and Spinale, 2009). This will also give rise to the differentiation of different types of cardiac hypertrophy initiated via different signal transduction cascades. For example, very low frequencies likely foster the development of different types of heart failure than very high frequencies (Alboni et al., 2001).
The development of heart failure in other models, such as the ones whereby an increase in cardiac preload or volume stretches cardiac myocytes and non-cardiac myocytes, and which cause eccentric hypertrophy, probably can be better explained by using the concept of local membrane in-homogeneities.
Every hypertrophy will lead to a decrease of surface to volume ratios but membrane ligand/receptor mediated signaling activity can be modified via frequency and hence cell shape. In the heart this is expected to lead to modifications of costamere related hypertrophic or atrophic stimuli. Thus hypertrophy can be regarded as part of a negative feedback loop aimed to equilibrate various membrane-mediated signaling pathways. The effects of local membrane in-homogeneities offer a novel molecular mechanism to explain various types of cardiac hypertrophy, which so far largely has been seen as a response to normalize wall stress.
LIMITATIONS
Although the concept of locality of surface to volume ratios is attractive, it is still very general and to a large extent based on theoretical considerations which depend on specific reaction kinetics and diffusion probabilities, and which may differ from receptor to receptor, ligand to ligand and cell-type to cell-type. In addition, we primarily focused on Src kinase signaling, but did not take into consideration hundreds of other signal transduction cascades affecting cell survival or performance. Moreover, calcium is well known to be linked to the frequency of the beating cardiomyocyte and hence should be analyzed in the context of signaling as well.
Moreover, for reasons of simplicity, we assumed membrane changes underlie sinusoidal functions but in reality, this type of movement is very unlikely to occur in CMs.
Additional experimental proof is needed, particularly in the cardiovascular system. Nevertheless, this effect could be important for the heart.
SUMMARY
Mechanosensation, mechanotransduction and mechano-conversion are fundamental processes and are present in every living cell. These effects are particularly significant in dynamic cells such as cardiomyocytes and dynamic organs such as hearts. The addition of membrane curvature—and hence frequency-dependent, dynamic processes which differentially affect signaling and hence connect various types of information processing to cellular phenotypes is completely new and provides novel opportunities for basic science, translational medicine, drug development and therapy.
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Inorganic phosphate accelerates cardiac myofilament relaxation in response to lengthening
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Myocardial relaxation in late systole is enhanced by increasing velocities of lengthening. Given that inorganic phosphate (Pi) can rebind to the force-producing myosin enzyme prior to MgADP release and hasten crossbridge detachment, we hypothesized that myocardial relaxation in late systole would be further enhanced by lengthening in the presence of Pi. Wistar rat left ventricular papillary muscles were attached to platinum clips, placed between a force transducer and a length motor at room temperature, and bathed in Krebs solution with 1.8 mM Ca2+ and varying Pi of 0, 1, 2, and 5 mM. Tension transients were elicited by electrical stimulation at 1 Hz. Peak tension was significantly enhanced by Pi: 0.593 ± 0.088 mN mm−2 at 0 mM Pi and 0.817 ± 0.159 mN mm−2 at 5 mM Pi (mean ± SEM, p < 0.01 by ANCOVA). All temporal characteristics of the force transient were significantly shortened with increasing Pi, e.g., time-to-50% recovery was shortened from 305 ± 14 ms at 0 mM Pi to 256 ± 10 ms at 5 mM Pi (p < 0.01). A 1% lengthening stretch with varying duration of 10–200 ms was applied at time-to-50% recovery during the descending phase of the force transient. Matching lengthening stretches were also applied when the muscle was not stimulated, thus providing a control for the passive viscoelastic response. After subtracting the passive from the active force response, the resulting myofilament response demonstrated features of faster myofilament relaxation in response to the stretch. For example, time-to-70% relaxation with 100 ms lengthening duration was shortened by 8.8 ± 6.8 ms at 0 Pi, 19.6 ± 4.8* ms at 1 mM Pi, 31.0 ± 5.6* ms at 2 Pi, and 25.6 ± 5.3* ms at 5 mM Pi (*p < 0.01 compared to no change). Using skinned myocardium, half maximally calcium-activated myofilaments underwent a 1% quick stretch, and the tension response was subjected to analysis for sensitivity of myosin detachment rate to stretch, g1, at various Pi concentrations. The parameter g1 was enhanced from 15.39 ± 0.35 at 0 Pi to 22.74 ± 1.31 s−1/nm at 8 Pi (p < 0.01). Our findings suggest that increasing Pi at the myofilaments enhances lengthening-induced relaxation by elevating the sensitivity of myosin crossbridge detachment due to lengthening and thus speed the transition from late-systole to early-diastole.
Keywords: cardiac, myosin, crossbridge, phosphate, diastole
INTRODUCTION
The duration of the isovolumic relaxation phase of the cardiac cycle depends upon the rate at which LV contractile force subsides during the transition from late-systole to early-diastole. The decline of intracellular Ca2+ is an important contributor to this transition, because Ca2+ decline deactivates the thin filament and inhibits the formation of new force-producing myosin crossbridges (Bers, 2002). The detachment rate of myosin crossbridges is another important component. A faster rate of crossbridge detachment translates to faster LV relaxation (Kass et al., 2004). Under normal physiological conditions, which includes saturating MgATP concentrations, further enhancing of crossbridge detachment rate can be achieved via post-translational modification of key myofilament proteins, such as by phosphorylation of myosin binding protein-C (Stelzer et al., 2006).
Using force-clamp experiments, Chung et al. (2017) showed that stretching the myocardium at end-systole also enhances the rate of LV myocardial relaxation. This enhancement of LV relaxation by stretch was greatest with the fastest rates of stretch, which suggests that myosin crossbridge detachment is sensitive to stretch. This and similar findings at the whole heart level (Zile et al., 2015) are relevant to the clinical treatment of heart failure with preserved ejected fraction (Dunlay et al., 2017), as they support the idea that myocardial stretch can enhance LV relaxation during the transition from late-systole to early-diastole.
Knowing that Pi can facilitate myosin detachment due to stretch at the molecular level (Dantzig et al., 1992; Smith and Geeves, 1995), we hypothesized that stretch-induced myocardial relaxation would be enhanced by increasing Pi concentrations. In the current study, we examined isometric excitable myocardium over various extracellular Pi concentrations and imposed a lengthening stretch in late-systole to demonstrate the effects of Pi in hastening the transition to early-diastole.
METHODS
Solutions
Chemicals and reagents were obtained from Sigma-Aldrich Corp. (St. Louis, MO) unless otherwise noted. Krebs-Ringer Pi-free bathing solution concentrations (mmol/L) were 115 NaCl, 4.5 KCl, 1.8 CaCl2, 1 MgCl2, 25 NaHCO3, 10 glucose, pH 7.35–7.40. Pi-containing bathing solutions (1, 2, and 5 mM), which cover the physiological range of 0.8–1.3 mM extracellular Pi (Manghat et al., 2014; Jacquillet and Unwin, 2019), were produced by replacing the same concentrations of NaCl with NaH2PO4. Propranolol was included in all bathing solutions at 1 μM.
Relaxing solution: pCa 8.0, 5 EGTA, 5 MgATP, 1 Mg2+, 35 phosphocreatine (PCr), 300 U/ml creatine kinase (CK), ionic strength 200, pH 7.0; activating solution: same as relaxing with pCa 4.0 and 0–8 mM Pi; skinning solution: same as relaxing without CK, with 1% Triton-X100 wt/vol, 30 mM 2,3-butanedione 2-monoxime (BDM), 10 uL/ml E-64, 1.25 uL/ml Phenylmethylsulfonyl fluoride (PMSF), 1 tablet/10 ml PhosSTOP phosphatase inhibitor cocktail and 50% glycerol wt/vol; storage solution: same as skinning without Triton-X100. The pH of all solutions was adjusted at the temperature used.
Animal model
All procedures were reviewed and approved by the Institutional Animal Care and Use Committee of The University of Vermont Larner College of Medicine and complied with the Guide for the Use and Care of Laboratory Animals published by the National Institutes of Health. Adult female Wistar rats aged 4–5 months were acquired from Charles River. Animals were anesthetized with 2%–4% isoflurane and hearts removed.
Excitable papillary muscle
Hearts were submerged immediately into a Ca2+-free Krebs-Ringer + 30 mM BDM solution bubbled with 95%O2-5%CO2 to pH 7.35–7.40 and maintained at 4°C. The large blood vessels, atria, and valves were removed from the base of the ventricles. The right ventricle free wall was removed, and an incision made from the base to the apex along the interventricular septum, therefore exposing the anterior and posterior papillary muscles. Both papillary muscles were excised, trimmed to 0.8–1.4 mm diameter, placed between two platinum omega-shaped clips, and tied with 6-O suture (Selby et al., 2011; Runte et al., 2017). Relative fiber dimensions of top width and side width were measured for later calculation of cross-sectional area.
Clipped muscle was placed between a force transducer (TR6S, Myotronic, Heidelberg, Germany) and voice coil length motor with ±2.5 mm travel (V-522, Physik Instrumente, Auburn, MA) part of a small intact muscle chamber (IonOptix, Westwood, MA) maintained at room temperature. A biphasic electrical stimulus of 1.5 × threshold voltage and 5 ms pulse width was passed through the muscle via the platinum hooks on which the clips rested.
Muscles were slowly stretched to an optimal length that achieved maximal peak force. Muscle length (ML) was then measured between sutures and cross-sectional area calculated from the measured major diameter and inferred minor diameter. Force (F) transients were recorded in response to electrical stimuli and were stabilized for 5 min prior to characterizing the transient with peak force, +dF/dtmax, −dF/dtmin, time to peak, time to 50% peak, and times to 40%, 50%, 60%, 70% and 80% recovery to baseline. Tension (P) was calculated by normalizing force to cross-sectional area.
Length changes were applied at time to 50% recovery and followed the shape of a raised cosine: 0.5 × Amp × [1 − cos (πt/T)], where Amp = ending extent of stretch calculated as 1% muscle length, t = time, and T = lengthening period ranging from 10 to 200 ms. The stretch was held for 240–50 ms, and the muscle then shortened over 50 ms back to the original muscle length. The lengthening protocol was also applied when the electrical stimulus was absent, which served as a measure of the force response of the passive components, i.e., excluding myofilaments. The force response to the stretch attributable to active myofilaments was calculated as active response minus passive response.
Demembranated papillary muscle
A portion of papillary muscle not used in excitable strip experiments were demembranated overnight at 4°C in skinning solution then stored at −20°C in storage solution. Strips were trimmed to 150–220 μm diameter before attaching aluminum T-clips and then mounted between a piezoelectric motor (P841.60, Physik Instrumente, Auburn, MA) and a strain gauge (AE801, Kronex, Walnut Creek, CA), lowered into a 30 μl droplet of relaxing solution maintained at room temperature, and stretched to 2.2 μm sarcomere length (IonOptix, Westwood, MA).
Muscles were maximally activated with pCa 5 and then approximately half-maximally activated with pCa 5.75. Force responses were recorded after step length changes of 1% resting muscle length (ML) during exposure to 0, 2, 4, and 8 mM Pi, which covers the physiological range of cytosolic Pi 4–8 mM (Tian et al., 1997; Valkovič et al., 2019). The stress response at pCa 8, P8(t), was subtracted from the stress response at pCa 5.75, P5.75(t), and the result was used as the response of the myofilaments. Analysis of this myofilament-dependent stress response, Pm(t), resulted in values for peak tension of phase 1 (P1), minimum tension of phase 2 (P2), maximum redeveloped tension of phase 3 (P3), and rates of force release (krel) and force redevelopment (kredev) (Palmer et al., 2020).
Modeling stretch-induced relaxation
The myofilament-dependent stress response, Pm(t), was further subjected to a non-linear, least-squares fit to the following equation, which describes the mechanical consequences of enhanced myosin crossbridge detachment in a two-state model of myosin kinetics when the half sarcomere undergoes strain, ε, due to a quick stretch (Palmer et al., 2020):
[image: image]
The meanings of the terms and parameters are comprehensively explained in Palmer et al. (2020). Briefly, the first term of Eq. 1 refers to the passive power-law relaxation that characterizes the slow decline in stress that occurs after the active force generating mechanisms have completed their response. The second term describes the transient drop in isometric force that results from the temporarily enhanced detachment rate caused by the stretch. Because this second term is modeled to arise from the reversal of the myosin power-stroke caused by stretch, we will refer to the magnitude of this term as R for reversal. The third term describes the transient elevation in stress that results from those crossbridges that are initially stretched by the length change but eventually detach with a rate constant of g0. We will refer to the magnitude of this term as D for drag.
The parameters in Eq. 1 are defined as follows: Gp and kp refer to the magnitude and time characteristic, respectively, of the passive power-law relaxation, Lhs = length of half sarcomere such that εLhs is the length change in nm applied to the myosin crossbridges, Nhs = total number of available myosin crossbridges within a half sarcomere of the muscle under investigation, Funi = unitary force generated by a single crossbridge in pN, kstiff = stiffness of a single attached crossbridge in pN/nm, CSA = cross-sectional area in mm2, g1 = the change in the myosin crossbridge detachment rate that occurs with strain on the crossbridge in units of s−1/nm, [image: image] = stead-state fraction of myosin crossbridges attached, f0 = rate of myosin crossbridge attachment, and g0 = rate of myosin crossbridge detachment under steady-state conditions. It should be noted that, as written, the conventional rates krel and kredev are related to the attachment and detachment rates of a model presented in Eq. 1 as krel = (f0 + g0) and kredev = g0.
The constant g1 refers to the enhancement of myosin crossbridge detachment rate caused by stretch and therefore was used as an index of stretch-induced relaxation. The magnitudes of the second and third terms in Eq. 1, R and D, were used to estimate g1 as follows:
[image: image]
The values for R, D, and f0 were estimated from the fit of Eq. 1 to the data. The unitary force Funi is related to the crossbridge stiffness kstiff by the myosin power stroke unitary displacement duni as Funi = kstiff duni, where duni is ∼10 nm (Tyska and Warshaw, 2002). We estimated the ratio kstiff/Funi with a constant value of 0.1 nm−1.
Statistical analysis
Statistical analyses to demonstrate the Pi-sensitivity of parameters describing stimulated isometric force transients was performed using ANCOVA with the Pi condition used as the covariate. Differences in isometric force parameters prior to and post the stretch protocol were examined by paired t-test.
Analysis to demonstrate duration-sensitivity of parameters affected by the stretch protocol was performed using ANCOVA with 20 transition durations (10–200 ms duration) and four Pi conditions (0, 1, 2, and 5 mM Pi) used as covariates. The effects of transition duration were demonstrated by duration main effects and of extracellular Pi by Pi main effects, and the differential Pi-sensitivity of transition durations were tested with Duration × Pi interactions. Statistical analyses to demonstrate the Pi-sensitivity of parameters describing the force response to a quick stretch was performed by ANCOVA with four Pi conditions (0, 2, 4, and 8 mM Pi) used as covariates. Statistical significance was reported at p < 0.05 and p < 0.01 levels.
RESULTS
Isometric force transients
Increasing extracellular Pi led to enhanced systolic and diastolic function in isometric rat papillary muscle (Figure 1A). Pi-enhanced systolic function was observed as higher developed peak tension, faster rate of contraction normalized to developed peak, shorter time to 50% peak, and shorter time to peak (Figures 1B–E) detected by ANCOVA. Enhanced diastolic function was reflected in a shorter time to peak and shorter time to 50% return (Figures 1E,F), which were significantly affected by Pi.
[image: Figure 1]FIGURE 1 | Effects of extracellular Pi on isometric myocardial force transients. (A) Examples of isometric force transients recorded at 0, 1, 2, and 5 mM extracellular Pi demonstrate a Pi-induced enhancement of systolic and diastolic function. (B) Developed peak tension was enhanced with increasing Pi. (C) Maximum rate of force increase normalized to peak force was also enhanced with increasing Pi. (D,E) Temporal characteristics of systolic function, time to 50% peak and time to peak, were shortened significantly by increasing Pi. (F) Time to 50% return was significantly shortened by increasing Pi thus indicating Pi-enhanced diastolic function. n = 8 rat papillary muscles.
The results in Figures 1B–F also demonstrate that the stretching protocol, which is described in the next section, did not appreciably affect the isometric force transients. Transient parameters recorded after the stretch, i.e., post-stretch, were not different compared to pre-stretch parameters as demonstrated by non-significant ANCOVA.
Stretch protocol
After establishing at least 5 min steady state contractile dynamics at each Pi condition, the time to 50% return was noted (Figure 2A). A series of 20 stretches from 10 to 200 ms in duration was then applied at the time to 50% return (Figure 2B). The strain of each stress was 1% muscle length and followed a smooth half-cosine transition. The 20 stretched transients, including a pre- and post-stretch transient, are shown in Figure 2C. The same stretch protocol was applied without stimulation to provide the response of the passive components of the muscle (Figure 2D).
[image: Figure 2]FIGURE 2 | Stretch protocol. (A) The time to 50% return was noted for the isometric force transient. (B) A series of 20 stretches from 10 to 200 ms in duration were generated to apply a 1% strain on the muscle at the time of 50% return, i.e., 461 ms in this case. (C) Example stretch protocol applied to stimulated isometric force transients. (D) The same stretch protocol was also applied without stimulation to record the expected force response of passive components. n = 8 rat papillary muscles.
Two example force transients recorded with 20 and 200 ms stretch responses are shown overlayed in Figure 3A. Responses such as these was considered due to the force-producing myofilaments plus the passive components of the myocardium. The corresponding stretch responses without stimulated transients are shown in Figure 3B and was considered due to passive components only. The passive responses were subtracted from the myofilament plus passive responses to produce the myofilament only responses. Figures 3C,D illustrate examples of the responses to 20 and 200 ms duration stretches, respectively.
[image: Figure 3]FIGURE 3 | Analysis of myofilament response to stretch. (A) Two of the 20 force responses recorded during stimulation are overlayed here and represent the force responses of the myofilaments and the passive components during the 20 and 200 ms stretches. (B) The corresponding two force responses recorded without stimulation represent the passive components. These responses without stimulation were subtracted from those with stimulation to provide the myofilament response to stretch. (C) An example myofilament response to a 20 ms duration stretch to 1% muscle length. Times to 40%, 60%, 70%, and 80% return were detected. The effects of stretch on shortening of these times (red arrow) and on the loss of force at these times (green arrow) relative to the pre-stretch transient were detected. (D) An example myofilament response to a 200 ms duration stretch to 1% muscle length.
The times to 40%, 60%, 70%, and 80% returns in these myofilament-only responses were detected and compared to the same time points recorded in the pre-stretch isometric force transient (dashed line in Figures 3C,D). The differences in these time points were used to demonstrate the effects of stretch and extracellular Pi on enhancing relaxation during the transition from late-systole to early-diastole.
Effects of Pi on stretch response in late-systole
The difference in times to 40% return were not affected by stretch or by Pi (Figure 4A). This result demonstrates that the stimulated isometric force transients up to the point of time to 50% return were consistent in their dynamics.
[image: Figure 4]FIGURE 4 | Effects of stretch on times to return. (A) The time to 40% return was not affected by lengthening imposed at time to 50% return. This result indicates that the stimulated transients were repeatable and comparable throughout the lengthening protocol by this measure. (B) When no extracellular Pi was available (0 mM Pi), the time to 60% return was abbreviated by those 1% stretches imposed over less than 110 ms. Faster stretches resulted in shorter times to 60% return, as indicated by the highly significant duration (Dur) main effect. This abbreviation was amplified with increasing extracellular Pi as indicated by a highly significant Pi main effect. (C) With no extracellular Pi, the time to 70% return was abbreviated by stretches imposed over less than 170 ms. This effect was amplified by extracellular Pi. (D) The time to 80% return was also abbreviated by all stretches under all conditions but was especially abbreviated by faster stretches and increasing extracellular Pi.
The times to 60%, 70%, and 80% return (Figures 4B–D) for the myofilaments-only transients were shortened by stretch. Shortening was greatest with the fastest stretches as indicated by a significant duration main effect (p < 0.01) for these variables. Furthermore, increasing extracellular Pi amplified the effects of stretch as indicated by the significant Pi main effect (p < 0.01). There was no significant duration × Pi interaction.
The drop in force at time to 40% return was not affected by stretch or by Pi (Figure 5A) demonstrating again the consistency in the transient characteristics throughout the stretch protocol. The drop in force at times to 60%, 70%, and 80% return (Figure 5B–D) were sensitive to stretch duration (p < 0.01) and to Pi (p < 0.01 for 60% and p < 0.05 for 70%, but not significant for 80%). There were no significant duration × Pi interactions for the measured drop in force at these time points.
[image: Figure 5]FIGURE 5 | Effects of stretch on force drop. (A) The force drop at the 40% return time point was not affected by the lengthening protocol at any Pi concentration. The stimulated transients were therefore not affected by lengthening by this measure. (B) When no extracellular Pi (0 mM Pi) was available, the drop in force at 60% return timepoint was significant with the 10 ms stretch but was not significant for the more prolonged stretches. This dependence on duration (Dur) was highly significant. The drop in force at the 60% return timepoint was significantly enhanced by Pi. (C) With no extracellular Pi, force drop at the 70% return timepoint was significant for stretches of 80 ms duration or shorter. Force drop was significant at all stretch durations when extracellular Pi was available. (D) Force drop at the 80% return timepoint was significant for stretches of 170 ms or shorter and for all durations when extracellular Pi was available.
Effects of Pi on stretch response in skinned myocardium
To demonstrate the Pi-dependent sensitivity of the force-producing myofilaments in response to stretch, we applied a 1% quick stretch (Figure 6A) to approximately half-activated myofilaments at pCa 5.75. Responses were recorded during exposure to 0, 2, 4, and 8 mM Pi (Figure 6B). The response under relaxed conditions at pCa 8 was subtracted from the responses at pCa 5.75 to produce the stretch response attributable to the myofilaments (Figure 6C). The stress response relative to the isometric stress prior to stretch (Figure 6D) represented the Pi-sensitivity of the myofilament-dependent stress response to quick stretch.
[image: Figure 6]FIGURE 6 | Stress response to stretch of demembranated myocardium. (A) Muscle was stretched with a quick stretch of 1% muscle length (ML). (B) The stress response was recorded under relaxed conditions, pCa 8, and at approximately half-activation, pCa 5.75, with 0, 2, 4, and 8 mM Pi. (C) The activated response attributable to the force-producing myofilaments was determined by subtracting the pCa 8 response from the pCa 5.75 responses. (D) The stretch response of the myofilaments above the myofilament isometric stress was then determined. This response represents the stress change due to the myofilaments after a quick stretch. (E) Peak tension (P1), lowest tension at nadir (P2), and recovered tension (P3) were recorded in response to Pi concentration. P1 and P3 were significantly reduced with increasing Pi, p < 0.05. P2 was not found sensitive to Pi. (F) Rates of tension release (krel) and redevelopment (kredev) were significantly enhanced with increasing Pi as indicated by p < 0.01.
The characteristic stresses (P1, P2, and P3) and rates of release and redevelopment (krel and kredev) are presented in Figures 6E,F, respectively. Increasing concentrations of Pi induced a reduction in P1 and P3 (p < 0.05) which suggests that fewer myosin crossbridges are formed in the presence of Pi. Increasing Pi also led to enhancement of the rates krel and kredev (p < 0.01 for both rate parameters) as reported previously by others (Straight et al., 2019).
Modeling stretch response in skinned myocardium
The skinned myocardial response to quick stretch permitted use of previous modeling efforts to interpret the effects of Pi on the stretch-induced detachment rate of myosin. The parameter g1 represents the change in myosin detachment rate per change in length experienced by the myosin crossbridge while attached. Through the parameters calculated by fitting Eq. 1 to the recorded stress responses, we expected to estimate g1 using Eq. 2 and then test for its sensitivity to Pi.
An example myofilament-dependent stress response is presented in Figure 7A, and the fit of Eq. 1 to this response demonstrated no more than 3% error relative to the stress at 1 s after the stretch (Palmer et al., 2020). The three terms that make up the model are plotted in Figure 7B. The power-law relaxation term represents the long term elevation in stress that persists after the stretch. The reversal term describes the transient reduction in myofilament-dependent stress and therefore the transient drop in the number of myosin crossbridges producing force. And the drag term is responsible for the initial peak stress immediately after the stretch.
[image: Figure 7]FIGURE 7 | Modeled response of myofilaments to quick stretch. (A) Eq. 1 was fit to the myofilament response to a quick stretch. (B) The three terms of Eq. 1 demonstrate how each term contributes to the response. Power-law relaxation term constitutes the resultant “stretch activated” stress. The reversal term is responsible for the transient drop in the stress. The drag term constitutes the initial brief rise in stress after the stretch. (C) The magnitudes of the reversal and drag terms were sensitive to Pi. The magnitude of reversal, R, was significantly enhanced with increasing Pi, p < 0.05. The magnitude of drag, D, was significantly reduced with increasing Pi, p < 0.05. (D) The ratio of R/D was significantly enhanced with increasing Pi, p < 0.01. (E) According to Eq. 1, the attachment rate, f0, can be determined by subtracting the kredev, equivalent to g0 in the model, from krel, equivalent to f0 + g0 in the model. This attachment rate was not found to be significantly influenced by Pi. (F) The sensitivity of the detachment rate to stretch, g1 in the model and calculated using Eq. 2, was found to be significantly enhanced with increasing Pi, p < 0.01.
The magnitude for the reversal term, R, was statistically significantly elevated with increasing Pi (Figure 7C, p < 0.05), but the relative change was only on the order of 5%–10% across the range of Pi concentrations investigated. The magnitude of the drag term, D, was significantly reduced with increasing Pi (Figure 7C, p < 0.05). The ratio R/D, which is required to apply in Eq. 2, was found to be highly significantly enhanced with Pi (Figure 7D, p < 0.01).
The myosin attachment rate, f0, is also necessary for the application of Eq. 2 and calculation of g1. The value of f0 was calculated by subtracting kredev from krel, which according to the model represent (f0 + g0) and g0, respectively (Palmer et al., 2020). This attachment rate was not found to be significantly affected by Pi (Figure 7E, p > 0.05).
The resulting values for g1 were found to be significantly enhanced with increasing Pi concentrations (Figure 7F, p < 0.01). This result suggests that Pi enhances the increase in myosin detachment rate that occurs with stretch imposed on the crossbridge.
DISCUSSION
This study demonstrated the significance of Pi in stretch-dependent relaxation function of excitable rat myocardium. We confirmed that increasing extracellular Pi enhanced both systolic and diastolic function as reported previously at the whole heart level (Onwochei, 1995; Onwochei et al., 1998). We also found that the rate of relaxation during the transition from late-systole to early-diastole is enhanced by stretch and more so with the higher rates of stretch imposed upon the myocardium, which is consistent with the findings of Chung et al. (2017). The novel result of this study was the demonstration that this increase in relaxation rate by stretch is further enhanced by the presence of Pi. Using skinned myocardium, we were able to demonstrate that Pi enhances the stretch sensitivity of the myosin crossbridge detachment rate, thus providing the underlying mechanism by which stretch enhances relaxation rate at the whole heart (Zile et al., 2015) and myocardial levels (Chung et al., 2017, present work).
The rate of myosin detachment is typically dictated by the rate of MgADP release, which occurs as the myosin crossbridge produces force (Tyska and Warshaw, 2002; Nyitrai and Geeves, 2004). Importantly, the rate of MgADP release is slowed by a resistive load, i.e., an external force that resists the force produce by the crossbridge, which would be experienced by any force-producing myosin being pulled back as would occur during muscle relengthening (Smith and Geeves, 1995; Nyitrai and Geeves, 2004; Veigel et al., 2005; Kad et al., 2007; Liu et al., 2018). If the rate of MgADP release is slowed by lengthening, then the myosin crossbridge lifetime would be prolonged and relaxation would be hindered. The results of the current study and of others (Zile et al., 2015; Chung et al., 2017) do not reflect a slowing of MgADP release from the myosin crossbridge due to sarcomere lengthening. It appears that some other mechanism or some other set of enzymatic steps independent of MgADP release hasten myosin detachment when the sarcomere is lengthened.
One alternative enzymatic pathway to myosin crossbridge force cessation is via rebinding of Pi thus prompting reversal of the myosin power stroke (Dantzig et al., 1992; Smith and Geeves, 1995; Woody et al., 2019) or crossbridge detachment (Debold et al., 2013). Cytosolic Pi concentration is expected in the range 2–8 mM in cardiac muscle (Tian et al., 1997; Valkovič et al., 2019). This range of Pi concentrations is known to enhance myosin kinetics and the frequency characteristics of dynamic stiffness of demembranated cardiac muscle (Kawai et al., 2016) as well as skeletal muscle (Ranatunga, 1999). The possibility of reversal of the myosin power stroke is consistent with the findings of reduced Pi release rate during muscle lengthening (Mansfield et al., 2012) in demembranated cardiac muscle. The specific mechanism affected by Pi in excitable myocardial contractile-relaxation function is difficult to study directly, in part because monitoring cytosolic Pi while also measuring myocardial function is not yet technically feasible.
Using demembranated myocardium and applying previous modeling results (Palmer et al., 2020), we were able to demonstrate that Pi enhanced the sensitivity of the rate of myosin crossbridge detachment to stretch of the crossbridge as reflected in the parameter g1. We were able to estimate g1 after fitting Eq. 1 to the recorded stress response to a quick stretch and applying the resulting parameter values according to Eq. 2. The current set of results lends some credibility to the model as the expected enhancement of myosin detachment rate by Pi was demonstrated for the relevant model parameters, i.e., R, D, and g1.
Limitations
While the demembranated myocardium preparation provided some insights into the effects of Pi on cardiac myosin, it did not mimic the results found with excitable muscle. Specifically, the stretch response in the activated demembranated myocardium was significantly greater in magnitude than that of the relaxed demembranated myocardium. The stretch response of the myofilaments was therefore positively valued even if reduced with increasing Pi. In the excitable muscle, on the other hand, stretches applied during the stimulated tension transient were lower than those under relaxed conditions. The stretch response of the myofilaments was negatively valued.
One difference between the two preparations is the activation status of the thin filament. The thin filament is deactivated during the imposed stretch in the excitable myocardium and activated during stretch in the demembranated myocardium. It appears that the enhancement of relaxation function observed with stretch and further enhanced by Pi reflects the consequences of Pi on myosin detachment and most evident when attachment of myosin crossbridges is inhibited.
Another difference between the two preparations is the presence of Ca2+-regulatory mechanisms in the excitable myocardium. Currently, we are not aware of and do not expect any influence of extracellular Pi on Ca2+ handling. Because cytosolic Pi is controlled through the Na+/Pi cotransporter Pit2 (Jobbagy et al., 1999), any elevation in cytosolic Pi would be expected to be accompanied by an elevation in cytosolic Na+, which would diminish sodium-calcium exchanger (NCX) activity and raise intracellular Ca2+ (Bers, 2002). This hypothetical scenario represents an attractive explanation for the enhanced systolic function with increasing extracellular Pi, but it would be contrary to the enhanced diastolic function also observed with extracellular Pi. We would also not attribute the Pi-enhancement of isometric contraction to an increase in calcium-sensitivity of the myofilaments, because Pi is known to reduce the calcium-sensitivity of myofilament force production (Kentish, 1986; Millar and Homsher, 1990).
We would instead attribute the Pi-enhancement of isometric contraction to the enhanced velocity of contraction that accompanies increasing Pi despite the reduction in crossbridge number (Tesi et al., 2000; Hinken and McDonald, 2004). The enhanced velocity of contraction with increasing Pi would have to make up for the loss of isometric force with increasing Pi. At this point, this is conjecture, and further studies into the mechanism underlying enhanced systolic function by extracellular Pi are warranted.
One final limitation to the current study is the lack of control for sarcomere length in the excitable myocardium. It is notoriously difficult to visualize and control for sarcomere length in myocardial preparations greater than 0.2 mm in diameter, but we would expect the sarcomere length of the excitable myocardium to be near the top of the force-length relatation between 2.1 and 2.3 μm (ter Keurs et al., 1980). In addition, the preparation was held isometric. Working myocardium would be expected to shorten during systole and sarcomere lengths at end-systole would be less than 1.9 μm (Gordon and Pollack, 1980). The effects of Pi on lengthening-induced relaxation, as we have examined in the current work, may be most relevant at these shorter sarcomere lengths.
CONCLUSION
Our findings suggest that Pi enhances the stretch-dependent increase in cardiac myosin crossbridge detachment rate. Importantly, we found that this effect of Pi is most prominent with faster stretches, which is consistent with the findings of previously investigators (Chung et al., 2017). While these findings were observed by adjusting extracellular Pi, they are reflective of cytosolic Pi maintained by the Na+/Pi cotransporter Pit2, whose activity can be influenced by certain isoforms of protein kinase-C (Onwochei, 1995; Onwochei et al., 1998; Jobbagy et al., 1999). The modulation of cytosolic Pi via protein kinase control of Pit2 activity therefore represents a possible pathway for adjusting myocardial relaxation function.
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Hypertrophic cardiomyopathy (HCM) affects more than 1 in 500 people in the general population with an extensive burden of morbidity in the form of arrhythmia, heart failure, and sudden death. More than 25 years since the discovery of the genetic underpinnings of HCM, the field has unveiled significant insights into the primary effects of these genetic mutations, especially for the myosin heavy chain gene, which is one of the most commonly mutated genes. Our group has studied the molecular effects of HCM mutations on human β-cardiac myosin heavy chain using state-of-the-art biochemical and biophysical tools for the past 10 years, combining insights from clinical genetics and structural analyses of cardiac myosin. The overarching hypothesis is that HCM-causing mutations in sarcomere proteins cause hypercontractility at the sarcomere level, and we have shown that an increase in the number of myosin molecules available for interaction with actin is a primary driver. Recently, two pharmaceutical companies have developed small molecule inhibitors of human cardiac myosin to counteract the molecular consequences of HCM pathogenesis. One of these inhibitors (mavacamten) has recently been approved by the FDA after completing a successful phase III trial in HCM patients, and the other (aficamten) is currently being evaluated in a phase III trial. Myosin inhibitors will be the first class of medication used to treat HCM that has both robust clinical trial evidence of efficacy and that targets the fundamental mechanism of HCM pathogenesis. The success of myosin inhibitors in HCM opens the door to finding other new drugs that target the sarcomere directly, as we learn more about the genetics and fundamental mechanisms of this disease.
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INTRODUCTION
Hypertrophic cardiomyopathy (HCM) is the most common form of inherited heart disease, affecting more than 1 in 500 people in the general population (Semsarian et al., 2015). It is characterized by left ventricular hypertrophy (LVH) without an alternative etiology such as aortic stenosis or systemic hypertension, loss of left ventricular cavity size, and is associated with significant comorbidities including heart failure and arrhythmia. The earliest manifestation of the disease is impaired diastolic function and generally hypercontractile left ventricular systolic function by echocardiography. Except for the rare early-onset cases, left ventricular wall thickness is typically normal at first and becomes thicker during adolescence and early adulthood. As wall thickness increases, the size of the LV cavity decreases, and diastolic dysfunction also progresses (Figure 1A). The clinical manifestations are driven by increased pressure in the ventricle from these alterations in the systolic and diastolic function that are fundamentally based on increased myosin-actin crossbridge formation. The increase in left ventricular and atrial pressures leads to elevated pulmonary pressure and congestion which are hallmarks of congestive heart failure, along with an increased risk of both ventricular and atrial arrhythmias. Moreover, patients are at higher risk of sudden cardiac death due to ventricular arrhythmias that are thought to be due to an increased burden of myocardial fibrosis in the hypertrophied ventricle (Seidman and Seidman, 2001).
[image: Figure 1]FIGURE 1 | (A) Schematic representation of a normal heart and a heart with obstructive hypertrophic cardiomyopathy. The obstruction to blood flow occurs when the septal hypertrophy impedes blood flow from the left ventricular cavity to the aorta via the left ventricular outflow tract or LVOT, and a pressure gradient from the left ventricle to the aorta occurs. (B) A closeup schematic drawing of a sarcomere, showing the myosin containing thick filaments interdigitating with the actin containing thin filaments. The myosin heads highlighted in red are folded back onto the thick filament and are unavailable to interact with actin. Myosin heads bound to actin are shown in green, and heads that are released from the thick filament but not bound to actin are shown in grey. The number of available myosin heads (Na) is the sum of green and grey heads within each sarcomere. The duty ratio is defined as the proportion of the total cycle time (tc) an available myosin head spends strongly bound to actin (ts). This ratio (ts/tc) determines the proportion of available heads that are strongly bound to actin in the sarcomere during systole. LA, left atrium; LV, left ventricle; RA, right atrium; RV, right ventricle; Ao, aorta; LVOT, left ventricular outflow tract. Figure 1A was created using BioRender.
Until recently, the fundamental mechanism underlying these pathophysiological changes was poorly understood, and hence the available therapies for HCM rely on targeting the secondary physiological changes seen at the organ level. Betablockers and calcium channel blockers are used to suppress the observed hyperdynamic systolic function and arrhythmias. While these agents have been used for decades, there is only anecdotal evidence to support their use in HCM patients and they are often poorly tolerated in young patients. When the LVH primarily involves the septum and obstructs blood flow into the left ventricular outflow tract (LVOT) (Figure 1A), the pressure in the LV further increases, leading to worsening symptoms. Mechanical solutions to this obstruction include either surgically resecting the myocardial tissue that is obstructing the flow (myectomy) or injecting alcohol into the coronary artery that supplies the septum to induce a controlled myocardial infarction to remove excess tissue (alcohol septal ablation). These procedures are invasive and require technical expertise in performing adequate reduction of the obstruction. Hence, a medical therapy that targets the fundamental pathogenesis of HCM and can inhibit and potentially reverse the hypertrophic process, especially hypertrophy that causes the obstruction, has been desired for many decades.
The contractility of the heart is central to cardiovascular physiology and is determined by loading conditions (i.e. preload and afterload) and intrinsic properties of the contractile apparatus of the cardiac myocyte. The sarcomere–comprised of interdigitating myosin-containing thick filaments and actin-containing thin filaments–is the fundamental unit of the contractile apparatus (Figure 1B). Myosin is the motor protein that uses the energy produced by hydrolysis of ATP to undergo a power stroke when bound to actin to create force and sarcomere shortening, which is the basis of cardiac contraction. Other proteins in the sarcomere, such as cardiac myosin binding protein C (MyBP-C) and titin, modulate the effect and efficiency of this actin-myosin interaction in response to physiological stimulation and pharmacological intervention. As discussed below, many genetic variants in sarcomere proteins are known to cause hypertrophic and dilated cardiomyopathies, suggesting that subtle changes in sarcomere function can lead to a significant change in myocardial morphology and function. Thus, understanding the mechanism of disease pathogenesis requires a molecular analysis of this actin-myosin interaction.
In this review, we summarize our current understanding of the molecular basis of contractility, our strategy for assessing molecular determinants of contractility, progress in understanding the effect of mutations in cardiac myosin that cause hypertrophic cardiomyopathy, and the recent development of novel sarcomere modulators. Given the space limitation and the importance of using human proteins (described below) in assessing the mechanism of HCM, this review focuses primarily on studies that utilized a reconstituted system of expressed and purified human proteins, as well as some studies of human-induced pluripotent stem cell-derived cardiomyocytes (hiPSC-CM).
UNDERSTANDING THE ENSEMBLE FORCE OF THE SARCOMERE
Biochemical and biophysical determinants of myosin function
We begin by defining the molecular determinants of contractility. By the mid-20th century, biochemists and physiologists had determined the basic components of the contractile elements of muscle to be myosin and actin (Huxley and Hanson, 1959), as well as regulatory units of actomyosin crossbridge interactions including tropomyosin and the troponin complex. Myosin is a hexamer comprised of two heavy chains and two pairs of light chains. The heavy chains form a coiled-coil rod to form an elongated tail, and globular heads which interact with actin. Myosin and myosin binding protein C (MyBP-C) comprise the major components of the thick filament, whereas actin, troponin and tropomyosin form regulated thin filaments (RTF) (Bailey et al., 1946). Hugh Huxley provided compelling evidence for a sliding filament model of muscle contraction based on observations of thin and thick filaments by electron microscopy and on X-ray diffraction patterns in the 1950s, and further proposed a swinging cross-bridge hypothesis of muscle contraction in 1969 (Huxley, 1969), which has been supported over the years as we have learned details of how myosin works as a molecular motor.
Myosin is the first protein to be identified as a mechanoenzyme–an enzyme that uses the chemical energy from hydrolysis of ATP and converts it to mechanical movement–in this case the displacement of actin filaments within the sarcomere (Figure 2A). Upon ATP binding, myosin detaches from actin and hydrolyzes the bound ATP to ADP*Pi, which remain bound to the active site. With this binding and hydrolysis, the motor exhibits significant structural changes from a post-stroke to a pre-powerstroke (PPS) state. Myosin in the PPS state then binds to actin, which triggers release of the Pi associated with a major part of the power stroke. ADP is then released, accompanied by a small further stroke to complete the power stroke. This post-stroke state myosin is released from actin when ATP binds to the nucleotide binding pocket.
[image: Figure 2]FIGURE 2 | (A) Chemomechanical cycle of myosin interacting with actin. Only one head (S1 motor) is being depicted in the cycle for clarity. 1) S1 hydrolyzes ATP to ADP and phosphate (Pi), which remain bound in the active site, stabilizing the pre-powerstroke state (PPS, white arrow is tilted to the right). 2) The PPS S1-ADP-Pi binds strongly (grey to green) to actin (blue). 3) Pi is released while S1 is bound to actin and the lever arm swings to the left (black dashed arrow) about a fulcrum point (black star), moving the actin filament to the right (yellow arrow) with respect to the myosin thick filament (power stroke). 4) ADP release allows a further small stroke to the poststroke position (white arrow to the left) and frees the active site for binding of ATP. 5) ATP binds and weakens the interaction of S1 and actin, releasing S1 from the actin filament. S1 undergoes a recovery stroke to the PPS state (dotted arrow; white arrow moves from the left to the right). S1 in the pre-powerstroke configuration can be pulled into the folded IHM state (red). Mavacamten (Mava) affects the equilibrium of these heads as shown, and stabilizes the IHM form, whereas HCM mutations destabilize the IHM in many cases and shift more myosin into the cycle. In the cycle, weakly bound and detached S1 motors are shown in gray, and strongly bound motors are shown in green. (B) Structural homology models of cardiac myosin showing the effect of HCM mutations shifting the equilibrium toward the open state (ON), and mavacamten treatment shifting the equilibrium toward the folded state (OFF).
We focus experimentally on key parameters of the above described chemomechanical cycle as follows: First, in cardiac myocytes where ATP concentration is saturating and the myosin motor has a low duty ratio (described below), the rate-limiting step of the whole cycle is the phosphate release rate (kcat), and the inverse of kcat equals the total cycle time (tc) of the whole reaction cycle. Within this cycle, particular interest is paid to how long the myosin stays strongly bound to actin (the duration is termed the strongly bound state time, or ts). The ratio of ts and tc (= ts/tc) is termed the “duty ratio” of the actin-myosin interaction in the sarcomere (Figure 2A). Na is the number of myosin heads that are accessible to interact with actin, and this is related to the conformation of myosin in the thick filament (Figure 2B). The power stroke produced by the myosin produces force against the actin filament and displaces the actin filament. The distance by which actin is displaced by the myosin power stroke is termed stroke size (d), and the force generated by an individual myosin power stroke is termed intrinsic force (Fintrinsic). These parameters are related to the physical properties of the myosin motor (Uyeda et al., 1990). As every myosin head acts as an independent force generator, we define the net contractile force of the sarcomere, or ensemble force (Fensemble, Figure 1B), using the above fundamental parameters of actin-myosin crossbridge formation as follows (Spudich, 2014):
[image: image]
Various experimental methods have been developed to study each parameter in detail. First, biochemical and structural analysis of the actin-myosin ATPase cycle has been vital to our understanding of sarcomere function (De La Cruz and Ostap, 2004; Sweeney and Houdusse, 2010; Walklate et al., 2016). Measurements of the rate and equilibrium constants of each step in the cycle, including actin-myosin binding and dissociation, ATP binding, ATP hydrolysis, phosphate release, and ADP release and binding have been extensively performed (see review by De La Cruz and Ostap (De La Cruz and Michael Ostap, 2009)). As the rate-limiting step of the cardiac myosin cycle is the release of phosphate from the actin-myosin-ADP*Pi complex, its ATPase activity is determined by an actin-activated ATPase assay measuring the rate of phosphate release (De La Cruz and Michael Ostap, 2009; Sommese et al., 2013a; Nag et al., 2015; Adhikari et al., 2016; Kawana et al., 2017). To interrogate the biophysical aspects of the actin-myosin interaction, in vitro motility assays were developed by Kron and Spudich (Kron and Spudich, 1986) and Yanagida et al. (Yanagida et al., 1984) in the 1980s. In the Kron and Spudich assay fluorescently-labeled actin filaments are observed sliding over a glass surface coated with myosin (Figure 3A), enabling the visualization of the displacement of actin filaments by the motor protein under a microscope. The velocity of a sliding actin filament is proportional to the distance moved divided by time (Uyeda et al., 1990; Uyeda et al., 1996); in this case the myosin stroke size divided by the time that myosin spends strongly bound to actin. Hence, v ∝ d/ts. In vitro motility assays have been used to characterize the function of different isoforms of myosin, including the cardiac isoforms (UP et al., 2004; Debold et al., 2007; Lowey et al., 2008). When myosin is the only protein on the surface capable of interacting with actin and bovine serum albumin is used to block non-specific interactions between the actin filament and the surface, the assay is assumed to represent an unloaded state of actomyosin interaction. As muscle is always operating under some load in vivo, modification of the in vitro motility assay was done to simulate more physiological conditions by adding an actin-binding protein on the surface (Greenberg et al., 2010; Greenberg and Moore, 2010; Aksel et al., 2015) to create a “loaded in vitro motility assay” (Figure 3B). Further spatial optimization of the in vitro motility assay has been carried out using a DNA nanotube scaffold that allows precise spacing of a defined number of myosin motors on a track along which actin filaments can be propelled, more closely mimicking the natural organization of the myosin and actin in the muscle sarcomere (Hariadi et al., 2015).
[image: Figure 3]FIGURE 3 | (A) Schematic of an in vitro motility assay. Myosin is anchored with its C-terminus bound via an anchoring peptide to a PDZ protein on a glass surface. Fluorescently labeled actin is added, and in the presence of ATP the actin filament is propelled by the myosin head powerstrokes. The unloaded gliding velocity is proportional to the powerstroke (d) divided by the strongly bound state time (ts). (B) Schematic of a loaded in vitro motility assay. Myosin and an actin-binding protein (such as utrophin) are anchored on the surface, and fluorescent actin filaments are added in the presence of ATP. The actin-binding protein impedes (puts a load on) the actin filament movement. The velocity of the gliding filament is plotted against the concentration of the actin-binding protein to obtain a force-velocity curve. (C) Schematic of the unloaded single molecule optical trap assay. Two beads coated with neutravidin are trapped by an infrared laser beam, and a biotinylated actin filament is attached at its ends to the two optically trapped beads to form an actin dumbbell. The position of each of the trapped beads is determined accurately by two position-sensitive detectors (PSD) located in the optical path above the trapped beads. Myosin is attached to the platform bead at a very low concentration to ensure only one myosin is attached to the platform bead to measure single molecule behavior. As the myosin interacts with the actin dumbbell, the myosin produces a stroke (the single head is seen to stroke to the right). At low trap force compared to the force produced by the myosin, the distance of the stroke (d) is measured by the displacement of the trapped bead’s positions. Intrinsic force is measured by applying an instantaneous counter force by increasing the trap strength to match the myosin force, bringing the beads to the original position. The matching trap force can be read out. (D) Schematic of the harmonic force spectroscopy optical trap. Oscillations of the piezo stage on which myosin (orange) is attached in the three-bead optical trap system (top) apply a sinusoidal load (force) to myosin upon attachment to actin (bottom). The time myosin is bound to actin (ts) is recorded and analyzed against the applied load on the myosin molecule to obtain detachment rates and force sensitivity. Figures adapted from Aksel et al. (Aksel et al., 2015) and Liu et al. (Liu et al., 2018).
In the 1990s, Finer et al. (Finer et al., 1994) built a dual-beam laser trap for single-molecule analysis that allowed them to measure fundamental aspects of the actomyosin interaction including the distance by which myosin moves actin during a single ATPase cycle (stroke size d ≈ 10 nm) and the intrinsic force a single myosin exerts on an actin filament (Fintrinsic ≈ 5 pN) (Figure 3C). In the past several decades, the laser trap system has been used by many other laboratories, and it has undergone continuous upgrading to allow increasingly precise measurements of d, Fintrinsic and ts (Sung et al., 2010). Furthermore, the use of dual-beam laser traps with either a high-speed feedback system or harmonic force spectroscopy (HFS) (Veigel et al., 2003; Veigel et al., 2005; Sung et al., 2015) allowed the measurement of load-dependent changes in myosin function at the single molecule level. In HFS, the durations of binding events between a single myosin and an actin filament under different load forces are measured at ATP concentrations (2 mM) approaching physiological (Figure 3D). The sample stage oscillates sinusoidally so that by the randomness of where myosin initially attaches to actin, a range of mean forces are automatically applied over the course of many binding events (Sung et al., 2015; Vander Roest et al., 2021). This technique has been used to quantify changes in the load-dependent detachment of myosin from actin filaments.
Both the in vitro motility assay and the single molecule assay have been used to study a wide variety of muscle and non-muscle myosin motors. However, in vitro studies of mutated forms of human striated muscle myosins were limited to biopsy samples due to the difficulty in expressing functional recombinant cardiac or skeletal muscle myosins. With the demonstration that striated muscle motors expressed in a mouse myoblast cell line containing muscle-specific chaperone proteins are fully functional, a new era was ushered in in which recombinant human cardiac myosin (Srikakulam and Winkelmann, 2004; Liu et al., 2008; Resnicow et al., 2010) can be highly purified and studied using these and other assays, as detailed below.
Myosin conformation determines the number of myosin heads functionally accessible to interact with actin in the sarcomere
The above-described enzymatic and biophysical assays have been the main tools used to study the function of myosin as a motor protein. However, while we studied the effects of HCM-causing mutations on β-cardiac myosin motor function as described below, it became apparent that in order to have a full understanding of sarcomere function using the Fensemble calculation, we needed to understand what determines Na. It was already well understood that the troponin-tropomyosin containing thin filament regulates the interaction between myosin heads and actin by blocking the ability of myosin to bind to the thin filament when Ca2+ concentrations are low (i.e. diastole, see part 3 below). Over the last several years, it has become increasingly clear that the actomyosin interaction is also regulated at the level of the thick filament.
Structural evidence for thick filament-mediated regulation of Na was first provided by Wendt and others who determined a cryo-electron microscopic structure of unphosphorylated smooth muscle myosin (Wendt et al., 1999) in which the motor domains are folded-back asymmetrically onto the proximal portion of the coiled-coil tail. This folded-back state of myosin, later termed the “interacting heads motif” or IHM, was postulated to represent a sequestered state of smooth muscle myosin in which the motor domains were positioned such that one or both heads were unavailable to interact with actin. Subsequently, similar folded structures were reported for other myosins including skeletal (Woodhead et al., 2005) and cardiac myosin (Zoghbi et al., 2008), and an electron microscopy study showed that the proximal S2 region of the myosin tail is involved in stabilizing the IHM structure (Lee et al., 2018). When myosin forms the IHM, these myosin heads appear to be sequestered onto the thick filament backbone (Craig and Woodhead, 2006; Brunello et al., 2020), further making them functionally unavailable for actin interaction and thus reducing Na (red motors in Figures 1B, 2B).
This potential mechanism for switching on/off myosin in muscle and non-muscle cells by IHM formation has been observed in a variety of species (Craig and Woodhead, 2006; Jung et al., 2008; Lowey and Trybus, 2010) and the potential effects of HCM-causing mutations on IHM formation were proposed by Moore, Leinwand and Warshaw (Moore et al., 2012). Given that the folded state of myosin was thought to conserve energy utilization (discussed in more detail below), the dysregulation of structural stability in cardiac myosin was thought to be an attractive explanation for altered energetics seen in HCM patients (Ashrafian et al., 2003; Moore et al., 2012; van der Velden et al., 2018). Our laboratory was the first to test this hypothesis using purified recombinant human β-cardiac myosin containing HCM mutations. It was noted that a relatively flat surface of the myosin motor domain, termed the “myosin mesa,” contained highly conserved residues from mouse to human and was enriched for residues mutated in patients with HCM (Spudich, 2015; Homburger et al., 2016). This myosin mesa appeared to work as a docking platform for another protein to bind, thereby sequestering these heads into an inactive state (Spudich, 2015; Homburger et al., 2016). Nag et al. (Nag et al., 2017) tested whether the S2 tail or MyBP-C might act as this sequestering protein. They created recombinant human cardiac HMM constructs with either 25 heptad repeats of the proximal S2 tail (long tail - able to form a structure in which the heads fold back against the tail) or two heptad repeats (short tail - head cannot stably fold back) and showed that the presence of the long tail, but not the short tail, inhibits the actin-activated ATPase activity of the myosin (Nag et al., 2017). They further showed that this inhibition is reduced by phosphorylating the myosin regulatory light chain. They then assessed the binding affinity of the head and tail domain using microscale thermophoresis (MST), which follows the diffusion of a fluorescent probe along a temperature gradient and is used to measure bi-molecular interactions (Wienken et al., 2010; Ponnam and Kampourakis, 2022). This technique has been used to measure binding affinity of protein-protein or protein-small molecule interactions over a broad range of affinities, including Kd values in the double-digit μM range, suitable for characterization of protein interactions in the sarcomere (Nag et al., 2017; Adhikari et al., 2019). Similar to previous analytical centrifugation studies that assayed the binding between MyBP-C and S2 or the regulatory light chain (RLC) of myosin (Starr and Offer, 1978; Gruen and Gautel, 1999; Harris et al., 2011), Nag et al. (Nag et al., 2017) showed binding between MyBP-C and actin, MyBP-C and a proximal S2 fragment, S1 and S2, and S1 and either full-length MyBP-C or its N-terminal C0-C2 domains. Taken together, this experimental evidence supports the idea that human cardiac myosin exists in an equilibrium between open and sequestered states, where sequestered heads are functionally unavailable to interact with actin. The myosin motor domain can bind its proximal S2 tail leading to a sequestered conformation with decreased actin-activated ATPase activity, and this interaction can be regulated by post-translational modification such as phosphorylation (Trivedi et al., 2018; Nag et al., 2021). Furthermore, the MST data suggests that this equilibrium may also be governed by interactions between myosin and surrounding thick filament proteins.
In parallel with the development of structural evidence for a folded-back closed state of myosin, functional studies were also pointing to the existence of sequestered myosin heads in muscle. Using skinned skeletal muscle fibers, Cooke and his colleagues showed that there are three functional states of myosin in thick filaments, termed active, “disordered relaxed (DRX)” and “super relaxed (SRX)” states that have different ATP turnover lifetimes (Stewart et al., 2010; Cooke, 2011; Hooijman et al., 2011; McNamara et al., 2015). The active cycling state of myosin interacts with the thin filament and has a rapid ATP turnover of <1 s. The DRX state, in which myosin is detached from the actin and cycles ATP at a basal rate, turns over ATP in ∼30 s. Lastly, the SRX state has an ATP turnover time 10X slower than the normal basal rate, ∼300 s. This SRX state is found in both skeletal (Stewart et al., 2010) and cardiac (Hooijman et al., 2011) muscle; however, there is a key difference between the two. In skeletal muscle, upon activation by Ca2+ the SRX state is completely abolished, leading to maximal instantaneous force upon activation. In cardiac muscle, where there is a cyclical flux of Ca2+ with each heartbeat, the population of SRX myosin heads remains stable with Ca2+ activation. It was postulated that the SRX state in skeletal muscle serves to decrease the energy consumption of resting muscle while allowing rapid recruitment of myosin heads upon muscle activation, whereas the more stable cardiac myosin SRX population likely serves as a reserve pool of sequestered heads which conserves energy expenditure at rest but can be recruited when increased cardiac contractility is required (eg exercise).
In the original experiments done by the Cooke group, the relaxed skinned myofibers were initially incubated with a fluorescent ATP (mant-ATP), followed by a rapid chase with dark ATP (Stewart et al., 2010). The mant-ATP has increased fluorescence when bound to myosin, and a signal decay is observed as mant-ADP gets replaced by dark ATP. This is a single turnover experiment, the rate of which is limited by the phosphate release rate, which is slower than the mant-ADP release rate. The signal decay is fit to a double exponential, and the rate and proportion of the two different populations (DRX and SRX) are obtained. These populations had only been described in skinned striated muscle fibers where other sarcomeric proteins and other ATPase enzymes could potentially affect either the observed proportions or turnover rates. To determine whether these populations could be identified using purified myosin, the Spudich group developed a plate-based assay to study mant-ATP turnover using purified recombinant human cardiac protein (Anderson et al., 2018). Using the same HMM constructs with either 25-hep or 2-hep repeats of the proximal S2 tail, single nucleotide turnover assays of 2-hep HMM showed predominantly the DRX myosin population (∼80%) while 25-hep construct showed a majority of the population (60%) in the SRX state (Anderson et al., 2018). As this assay is done using purified myosin only, this observation is consistent with the notion that when the myosin cannot form a folded back (IHM-like) conformation (2-hep HMM), the majority of myosin is in the DRX state, while the myosin construct containing a long tail which presumably can form a folded back state will have a greater proportion of myosin heads in the SRX state. While this observation supports the correlation between the SRX functional state and the IHM structural state, it does not equate the two. Additional experimental perturbations that correlate the SRX and IHM (described below) strengthen the case that there is a causative association. However, it is worth emphasizing that in single turnover experiments the short S1 fragment of myosin, which has no proximal S2 to fold back onto, showed a small (10%) population of molecules in an SRX state, with a low ATP turnover rate (Anderson et al., 2018). As such, the SRX state of myosin cannot be exclusively defined as a folded-back state. Future (technically challenging) experiments combining single molecule FRET and simultaneous visualization of single molecule ATP turnover may provide information about both the structural and enzymatic state of myosin and thus lead to a better understanding of the relationship between SRX and IHM.
Regulation of thick and thin filament activation
The myosin-actin interaction is the fundamental unit of force generation in the sarcomere, and other regulatory proteins modulate this process. MyBP-C is an important sarcomeric thick filament protein which binds to the myosin thick filament through MyBP-C’s C-terminal domains and to actin as well as the myosin head domain through MyBP-C’s N-terminal domains (Harris, 2021). MyBP-C has long been thought to work as either a “brake” for the sliding filament or an activator of the tropomyosin-troponin, reducing Ca2+ sensitivity of force and rates of force development (Flashman et al., 2004; Harris et al., 2011; Harris, 2021). Phosphorylation of MyBP-C by cAMP-dependent protein kinase (PKA) is thought to be a key element in regulating force production of the sarcomere (Kuster et al., 2012). As discussed earlier, MyBP-C has been known to interact with not just myosin, but also actin (Craig et al., 2014), myosin’s regulatory light chain (RLC) (Ratti et al., 2011), S1 without the RLC (Nag et al., 2017) and the proximal part of the S2 tail (Gruen and Gautel, 1999), and is an important determinant of sarcomere function. The thick filament is tied to the Z-disc by titin. Titin is the largest protein known in human cells, contains binding sites for many muscle-associated proteins, and is thought to sense the tension generated by the sarcomere (LeWinter and Granzier, 2013). Titin modulates the stiffness of the muscle, with its extensible I-band region acting as a molecular spring that develops passive force when the sarcomere is stretched during diastolic filling. As discussed later, myosin and MyBP-C comprise the vast majority of mutations responsible for HCM (Maron et al., 2012; Semsarian et al., 2015), while titin is now recognized as the gene most frequently mutated in patients with idiopathic DCM, but is rarely associated with HCM (Herman et al., 2012; LeWinter and Granzier, 2013; McNally et al., 2013).
On the thin filament side, the troponin complex, along with tropomyosin, has been identified to be the key regulator of actin-myosin crossbridge formation. In the heart, this regulatory unit converts increases in cytosolic Ca2+ concentration due to cardiac excitation into increased contractility of cardiac muscle by increasing the availability of the actin filament for myosin heads to bind and undergo a power stroke (so-called excitation-contraction coupling) (Kobayashi and Solaro, 2005). Troponin has three subunits, namely TnT, TnC and TnI. TnT interacts with tropomyosin, TnC binds to Ca2+ and TnI exerts an inhibitory effect on crossbridge formation by occupying the myosin-binding domain of actin (Parmacek and Solaro, 2004; de Tombe et al., 2010). There is one troponin complex to every seven actin monomers (Parmacek and Solaro, 2004). When Ca2+ binds to TnC, the whole troponin complex undergoes a conformational change, releasing TnI from the myosin-binding domain and allowing myosin heads access to the actin filament.
Ca2+ is the key regulator of thin filament activity, and its concentration is tightly regulated by Ca2+ release and reuptake in the sarcoplasmic reticulum (SR) by ryanodine receptor 2 (RyR2) and the sarco/endoplasmic reticulum-Ca2+-ATPase (SERCA2a), and by various voltage gated Ca2+ channels (Bers, 2002; Bers and Guo, 2005). Cytosolic Ca2+ concentrations oscillate between ∼10–7 M in diastole and up to 10–5 M during systole (Fearnley et al., 2011), and shift on the order of milliseconds (Bers, 2002), which allows appropriate cellular response to instantaneous changes in load. There is evidence for positive cooperativity in Ca2+ binding to TnC, which is part of the length-dependent thin filament activation seen in striated muscle (Bers, 2002; Bers and Guo, 2005; de Tombe et al., 2010). It has also been observed that the rate of force production continues to rise even after Ca2+ concentrations reach their peak. This may be ascribed to strong binding of myosin heads to the regulated thin filament, facilitating the movement of tropomyosin on nearby actin monomers away from the myosin binding site on actin, thus allowing the binding of heads in adjacent regions of the thin filament in a cooperative manner (Moss et al., 2004; Moss and Fitzsimons, 2010).
Thin filament activation can be controlled by phosphorylation of TnI, which decreases the affinity of TnC for Ca2+ and increases the off rate of Ca2+ from TnC (de Tombe et al., 2010). Phosphorylation of Ca2+ handling proteins, including phospholamban and RyR2, controls Ca2+ homeostasis in the myocyte, and can be disturbed in failing hearts which are under hyper-adrenergic stimulation (Wehrens and Marks, 2004). A recent report also suggests that the structure of the troponin complex in the thin filament is altered by increasing sarcomere length and is the main contributor to the increased Ca2+ sensitivity at low Ca2+ concentrations that is seen with length-dependent activation (Zhang et al., 2017). In contrast, the bulk of evidence suggests that conformational changes of myosin in the thick filament are responsible for increased force production in length-dependent activation (Zhang et al., 2017). There is also a report by Ait-Mou et al. (Ait-Mou et al., 2016) showing that titin strain mediates length-dependent activation via stretching of the sarcomere that causes structural rearrangements within both thick and thin filaments. Length-dependent activation of the sarcomere has been an active area of research for decades, and ongoing studies suggest that it involves important crosstalk between the thin and thick filaments (de Tombe et al., 2010)
Ca2+ sensitivity is an intrinsic property of the troponin complex, and it can be assessed, for example, by determining the pCa50 (−log [Ca2+] at half-maximal activation) of an enzymatic or motility assay over a range of Ca2+ concentrations (Kreutziger et al., 2007). A typical pCa curve involving regulated thin filaments is sigmoidal, with low activity on the left side of the curve at low Ca2+ concentrations (i.e. at high pCa value), followed by a steep increase in activity within a physiological Ca2+ concentration (pCa of 5–7), and plateauing of activity at high Ca2+ concentrations (i.e. at low pCa value). The pCa50 is the Ca2+ concentration that gives half-maximal activity. If the system is Ca2+ sensitized, the sigmoidal curve will shift to the left, and the pCa50 will increase (i.e. the system will show half-maximal activity at lower Ca2+ concentration). Functional assays incorporating these regulatory proteins that modulate the actin-myosin interaction are therefore extremely useful (Kobayashi and Solaro, 2005; Willott et al., 2010; Tardiff et al., 2011). The actin filament can be assembled with troponin-tropomyosin complexes to form a regulated thin filament in vitro, and can be used to perform all the in vitro assays used for actin-myosin analysis (Nag et al., 2015; Kawana et al., 2017). By using recombinant protein expression, functional human troponin and tropomyosin containing various disease-causing mutations can be expressed in bacteria (Sommese et al., 2013b; Gupte et al., 2015; Pan et al., 2015). Higher pCa50 values are seen in assays using regulated thin filaments comprised of tropomyosin or one of the troponin subunits containing an HCM-causing mutation, suggesting that the sarcomere is active at lower Ca2+ concentration and thus has higher Ca2+ sensitivity in these HCM patients (Sommese et al., 2013b; Gupte et al., 2015).
In addition to thin filament activation, there has been growing interest in the mechanism of activation of the thick filament through Ca2+ mediated processes (Ma et al., 2022). Ma et al. (Ma et al., 2022) used a small molecule inhibitor of the thin filament that enhances the Ca2+ off rate from troponin, and small-angle X-ray diffraction to show that Ca2+ progressively moves the myosin heads from an ordered “off” state on the thick filament backbone to a disordered “on” state closer to the thin filament. When reconstituted cardiac synthetic thick filaments were used to assess the SRX population with either a single turnover assay or a basal ATPase activity assay under varying Ca2+ concentrations, there was a Ca2+-dependent decrease in SRX proportion and increase in basal activity (Ma et al., 2022). This Ca2+-dependent activation was not seen in purified HMM with varying tail lengths (all lacked the filament-forming light meromyosin: LMM), and it is speculated that the presence of LMM and assembly into bipolar thick filaments is necessary for this property. The authors also tested adding saturating amounts of free Mg2+, which would bind to the Ca2+/Mg2+ binding site of RLC, and saw no change in activation suggesting that the RLC motif is not the primary Ca2+ transducer responsible for the off-to on-transition in the thick filament (Ma et al., 2022).
Myocytes containing mutated sarcomeric proteins or treated with small molecules that shift the pCa50 curve to the left contract at lower Ca2+ concentrations and do not fully relax at physiological diastolic Ca2+ levels (Fraysse et al., 2012; Marston, 2016). While it is not clear whether the changes seen at the protein level using in vitro assays always translate into similar findings at the cell or tissue level, activation of the sarcomere at lower Ca2+ levels may have important implications for the pathophysiology of hypertrophic cardiomyopathy, which is characterized by the development of diastolic dysfunction in the early stages of the disease. Ho et al. reported that patients who were carriers of HCM mutations in sarcomere genes, but who were yet to develop significant hypertrophy, still had echocardiographic evidence of diastolic dysfunction as well as increased systolic function (Ho et al., 2002). The diastolic dysfunction in this cohort cannot be attributed to either hypertrophy or to the myocardial fibrosis that typically accompanies it, suggesting that the primary factor driving this early diastolic dysfunction is likely found at the sarcomere level where actin-myosin crossbridges are being formed.
GENETIC ALTERATION OF FENSEMBLE PARAMETERS LEADS TO HCM
We now consider the effect of mutations in sarcomeric proteins that cause cardiovascular disease. Since the discovery of the R403Q mutation in MYH7 as the first HCM-causing mutation by the Seidman group (Geisterfer-Lowrance et al., 1990), it has been well established that HCM is largely a disease of the sarcomere, except for a few phenocopies such as glycogen storage disease and amyloidosis (Seidman et al., 2011). Linkage analysis and candidate gene screening in families and sporadic cases have led to the discovery of disease-causing mutations in genes encoding many other sarcomeric proteins, including MyBP-C, the troponin complex and tropomyosin (Marston, 2011; Moore et al., 2012; Fatkin et al., 2014). Functional characterization of the effects of these HCM mutations has been a long-time challenge in the field, especially for myosin mutations: for example, earlier studies of cardiac myosin purified from human cardiac biopsy samples have shown conflicting results in in vitro motility assays (CUDA et al., 1997; Palmiter et al., 2000). Biopsy material suffers from limited availability, typically comes from patients with late stage disease, is a mix of wildtype and mutant protein as virtually all patients are heterozygous for their disease-causing mutations (Helms et al., 2014), and requires careful handling to preserve enzymatic function. Therefore, a number of animal models harboring HCM mutations in their corresponding genes have been generated and studied.
The best-characterized model is the transgenic mouse carrying the R403Q mutation in α-cardiac myosin (Geisterfer-Lowrance et al., 1996), which is the predominant ventricular isoform in small rodents. At age 30-week the mouse recapitulated human HCM pathophysiology and histopathology (Geisterfer-Lowrance et al., 1996; Georgakopoulos et al., 1999). Mutant α-cardiac myosin purified from ventricular tissue showed increased ATPase activity and actin filament gliding velocity by in vitro motility assays (Tyska et al., 2000), and increased ensemble force, but no change in intrinsic force (Tyska et al., 2000; Debold et al., 2007). However, seminal work by Susan Lowey and others showed that when the same mutation was introduced into the mouse β-cardiac myosin backbone, there was no significant change seen in actin velocity, and there was a slight decrease in ATPase activity (Lowey et al., 2008). In keeping with the in vitro motility results, the ADP release rate was 20% higher for α-cardiac myosin with the R403Q mutation while there was no change with the same mutation in the β-cardiac myosin background (Fatkin et al., 2014). There are over 80 amino acid residue differences between mouse α-cardiac myosin and human β-cardiac myosin (Weiss et al., 1999), and there are considerable functional differences between α- and β-cardiac myosin in ATPase activity and motility (Deacon et al., 2012; Aksel et al., 2015). In other words, while the R403Q mutation in α-cardiac myosin likely shows hypertrophy in mouse models due to increased ATPase activity and ensemble force leading to hypercontractility, the R403Q mutation in human β-cardiac myosin may cause hypertrophy through entirely different changes to myosin biomechanics. Taken together, these observations highlight the difficulty in using mouse models to study disease-causing mutations in MYH7 and the importance of using the appropriate myosin backbone to accurately determine the effects of these mutations on myosin function.
Functional assessment of HCM mutations using purified recombinant human cardiac myosin in vitro
For many years there has been a gap in knowledge between the identification of disease-causing mutations and how these mutations lead to the secondary cellular events that cause hypertrophic signaling (Sivaramakrishnan et al., 2009). Model systems such as transgenic mice that recapitulate HCM morphology have been important in understanding the cell biology of hypertrophy, while the exact mechanism of the index signal that triggers the hypertrophic signaling has been lacking. In vitro expression of enzymatically active recombinant cardiac myosin had been challenging until an expression system was developed using the C2C12 mouse myoblast cell line (Srikakulam and Winkelmann, 2004; Liu et al., 2008; Resnicow et al., 2010). Using this approach, we and others are now able to obtain highly purified, functional recombinant human β-cardiac myosin with engineered disease-causing mutations.
The overarching hypothesis here is that HCM mutations result in increased power output (Anan et al., 1994) by altering the contractility parameters discussed in part 1 above. As mentioned earlier, power is the product of force and velocity, and is also represented by the area under the curve of the force vs. velocity relationship of muscle contraction. This hypothesis is based on the clinical observation that HCM patients often present with hyperdynamic physiology (Klein et al., 1965; Wilson et al., 1967; Seidman et al., 2019), and the earliest signs of HCM pathology are abnormal diastolic function and supranormal ejection fractions suggestive of a hypercontractile left ventricle (Ho et al., 2002).
The first reported biomechanical analyses of recombinant human β-cardiac myosin containing HCM-causing mutations led to confusing and inconclusive results. The first experiments focused on R453C (Sommese et al., 2013a), which is one of the earliest identified mutations known to cause a severe clinical phenotype (Watkins et al., 1992). Similar to prior mouse work (Palmer et al., 2004; Debold et al., 2007), the R453C mutation in human β-cardiac myosin caused a 50% increase in Fintrinsic, ∼30% decrease in both ATPase activity and actin gliding velocity, and thus no significant change in duty ratio (Sommese et al., 2013a). By simple calculations, the overall ensemble force is expected to be increased, and the power output also increased despite a 30% decrease in velocity. This finding was consistent with the hypothesis that an increase in power output leads to HCM. However, in contrast to the steady-state experiments, transient kinetic studies of the R453C mutant protein by Michael Geeves’ group revealed that surprisingly few parameters were altered by the mutation, with the exceptions being a 35% reduction in ATP binding to the motor domain and a three-fold slowing of the ATP hydrolysis step/recovery stroke, which could become the rate-limiting step for the ATPase cycle in place of the phosphate release step (Bloemink et al., 2014).
Next, the R403Q mutation was rigorously characterized (Nag et al., 2015). When assayed using actin filaments, the R403Q myosin resulted in an ∼15% reduction in Fintrinsic, two-fold reduction in actin-binding affinity, and ∼10% increase in unloaded actin gliding velocity compared to wildtype (WT) (Nag et al., 2015). There was no significant change in ATPase activity (= 1/tc), step size (d), or ADP release rate (which affects ts). The loaded in vitro motility assay showed characteristics of lower contractility at higher external loads. With RTFs, however, there was no increase in the unloaded velocity of gliding filaments, and an ∼30% lower ATPase activity (Nag et al., 2015). In addition to the interesting differences between actin-based vs. RTF-based assays, it was quite surprising to see an overall decrease of contractile parameters with the R403Q mutation.
Further investigations were performed on well-known HCM mutations in the converter region of myosin, which has been known as a hot-spot for HCM mutagenesis (Colegrave and Peckham, 2014; García-Giustiniani et al., 2015; Homburger et al., 2016). We chose three mutations that were known to be severely pathogenic, namely R719W (Anan et al., 1994), R723G (Enjuto et al., 2000) and G741R (Fananapazir et al., 1993). Given that converter movement is coupled to major mechanical changes including the power stroke, as well as biochemical events including load-dependent ADP release, ATP hydrolysis and phosphate release, we expected major alteration in these parameters for these HCM mutations. In contrast to our prediction, we did not see significant increases in either enzymatic or biophysical properties: R719W and R723G resulted in 15–30% reductions in Fintrinsic and ∼15% increases in velocity, while ATPase activity was unchanged. Loaded in vitro motility showed characteristics of a trend toward lower contractility. Meanwhile, G741R did not show significant changes compared to WT in any of the parameters tested. Unlike the R403Q mutation, which sits near the actin-binding domain, there was no difference in the results between actin-based or RTF-based assays.
In summary, the biochemical and biophysical effects of these HCM mutations at the molecular level did not support the clinically observed hypercontractility, leading us to suspect an alternative mechanism as discussed below.
Myosin availability as a primary mechanism for hypercontractility in HCM
As mentioned earlier, a relatively flat surface of the myosin motor domain termed the “myosin mesa” was noted for its high proportion of highly conserved residues across different species. In addition, this surface turned out to be enriched in HCM mutations (Spudich, 2015; Homburger et al., 2016). The myosin mesa has a cluster of positively charged (predominantly arginine) residues, most of which, when mutated, cause HCM. Homburger and others searched a large HCM patient registry database and mapped the location of mutations in cardiac myosin (Homburger et al., 2016) and found that the myosin mesa, converter domain and proximal S2 tail domain are three hot spots for HCM mutations in the myosin molecule. The converter domain and proximal S2 tail domain have been previously implicated in the stability of the IHM folded back state (Wendt et al., 1999; Blankenfeldt et al., 2006) and the positively-charged myosin mesa is an attractive site for binding other protein surfaces, either intramolecularly or intermolecularly (for example with MyBP-C) (Trivedi et al., 2018). Therefore, it was hypothesized that any mutations in these areas might be expected to weaken either inter- or intra-molecular interactions important for forming the folded back state, thereby pushing the equilibrium to more myosin heads in an “on state” and increasing the number of myosin heads functionally accessible (Na) for interaction with actin (Trivedi et al., 2018; Spudich, 2019; Nag et al., 2021).
Nag et al. (Nag et al., 2017) first tested this hypothesis by studying three mutations that lie on the myosin mesa surface (R249Q, H251N and R453C) and one in proximal S2 (D906G), which were hypothesized to disrupt head-tail interactions as described above. Strikingly, all four mutants significantly weakened the affinity of proximal S2 for short S115,48. In contrast, three HCM mutations lying outside of these areas (R403Q, D239N and R870H) did not have any effect on proximal S2 binding affinity, as studied using MST (Adhikari et al., 2016; Nag et al., 2017). The four mutations that showed weakened affinity for S2 are predicted to open folded-back heads to become functionally available, hence increasing Na.
As mentioned above, HMM constructs were developed with both long and short proximal tail domains (Nag et al., 2017) which show differing abilities to form the sequestered state. Utilizing these 2-hep and 25-hep HMM constructs, Adhikari et al. (Adhikari et al., 2019) studied the R249Q and H251N mutations, which are thought to affect residues involved in the S1-S2 interface of the folded-back state, along with the converter domain mutation R719W and a mutation (D382Y), both of which are located at the S1-S1 interface in homology models of folded back β-cardiac myosin. The mant ATP single nucleotide turnover experiment using H251N or R249Q mutant 25-hep HMM resulted in significant decreases (41% and 59%, respectively) in the number of SRX heads as compared to WT. The increase in the DRX/SRX ratio also corresponded to an increase in actin-activated ATPase activity of the mutant 25-hep HMMs, suggesting that the mutations cause more heads to be functionally accessible to actin and thus increased the ensemble enzymatic activity. R719W and D382Y also increased the percentage of DRX heads in the context of 25-HMM constructs, and increased actin-activated ATPase activity (kcat) as well. In particular, the kcat of R719W 25-hep HMM was essentially the same as R719W 2-hep HMM, suggesting that the R719W mutation had a strong effect on opening up the heads of folded-back 25-hep HMM molecules and made these heads accessible for interaction with actin. This significant increase in Na would likely dominate the minor decreases in Fintrinsic and duty ratio parameters measured previously to drive an increase in ensemble force (Kawana et al., 2017). Indeed, all four HCM-causing mutations affecting residues located at putative interfaces in the folded back state appeared to cause an increase in Na as the primary driver of hypercontractility.
Interestingly, Adhikari et al. (Adhikari et al., 2019) also tested an HCM-causing mutation, I457T, that affects a residue in the transducer region of the motor that is remote from putative head-head or head-tail interfaces. They found that the mutated 25-hep HMM had an SRX/DRX ratio indistinguishable from WT 25-hep HMM in single turnover experiments and a similar ratio of 2-hep:25-hep actin-activated ATPase activity as WT, suggesting that this mutation did not affect Na. Instead, I457T caused a ∼75% increase in the kcat and a greater than 2-fold increase in the in vitro sliding velocity compared to WT controls. This mutation illustrates that increases in myosin motor function alone can drive hypercontractility without affecting Na. However, I457T is unique in not increasing Na among the >20 HCM-causing mutations we have studied in the context of the 2-hep and 25-hep HMM constructs, and may well be the exception that proves the rule.
Sarkar et al. (Sarkar et al., 2020) studied the R403Q and R663H mutations using the 2-hep and 25-hep HMM constructs. The R663H mutation is a well-known HCM-causing mutation and the initial clinical report of it showed a strong correlation between the mutation and the development of atrial fibrillation (Gruver et al., 1999). Interestingly, a short S1 construct with the R663H mutation showed no difference compared to WT in terms of ATPase, in vitro motility, or single molecule force measurements. There was no difference in the binding affinity of short S1 and proximal S2 between WT and R663H or R403Q using MST, which might be expected given that neither R663 nor R403 are predicted to be in direct contact with proximal S2 in the folded back state. However, when R663H 25-hep and 2-hep HMM were analyzed with single nucleotide turnover and actin-activated ATPase assays, R403Q 25-hep HMM and R663H 25-hep HMM showed significantly higher DRX percentages and higher ATPase activity than WT 25-hep HMM, suggesting that these mutations destabilize the folded back state and provide more myosin heads for interaction with actin. Sarkar et al. (Sarkar et al., 2020) also evaluated the effect of adding the large N-terminal fragment of MyBP-C (C0C7 domain) and showed that binding of the purified C0C7 fragment to WT 25-hep HMM led to an increase in the percentage of myosin heads in the SRX. The R403Q mutation, however, abolished the binding of 25-hep HMM to the C0C7 fragment, and the ratio of SRX/DRX in single turnover assay was similar with or without the addition of C0C7. In contrast, the R663H 25-hep HMM did bind C0C7 with an affinity similar to that of WT; despite that, the SRX/DRX ratio of R663H 25-hep HMM was unaltered by the presence of C0C7. Taken together, these observations suggest that while MyBP-C can bind to heads that are not in the auto-inhibited SRX state, such binding does not necessarily cause those heads to adopt the SRX state. Therefore, some MYH7 mutations like R663H may increase Na despite binding to MyBPC, thus escaping this mechanism of thick filament regulation (Sarkar et al., 2020).
Finally, Morck et al. (Morck et al., 2022) reported the effect of five HCM-causing mutations in the myosin lever arm. These included mutations in the pliant region (D778V, L781P, and S782N), the bent region between the light chains (A797T), and the hook joint (F834L). Using the actin-activated ATPase assay, they found that 2-hep HMM with any of these five mutations had a similar kcat to WT 2-hep, while 25-hep HMM containing any of these mutations showed a relative increase in kcat compared to WT 25-hep, demonstrating that these mutations caused more heads to be available to interact with actin. Interestingly, the three pliant region mutations did not lead to a decrease in the SRX population in the single turnover assay, emphasizing that the IHM state and the SRX state cannot always be equated. In this case, it’s possible that the autoinhibition of the myosin is disrupted only in the presence of actin. These three mutations also caused a variable impact on duty ratio, ensemble force and power output at the single molecule level. On the other hand, the light chain binding region mutations (A797T and F834L) led to both an increase in kcat of the actin-activated myosin ATPase compared to 25-hep WT HMM and a significantly reduced SRX population in the single turnover assay (and had no effects on basic biomechanical parameters). Specific light chain positioning is likely required to access the folded state, and these mutations may act primarily by disrupting that positioning. The lever arm mutations highlight the importance of assessing all aspects of myosin function using multimodal assay systems.
Early vs. late onset HCM mutations
All of the above MYH7 mutations are observed predominantly in patients with adult-onset HCM. Adhikari et al. (Adhikari et al., 2016) studied mutations that are found predominantly in the pediatric population and thus termed “early-onset” HCM (Kaski et al., 2009). Two mutations were chosen - H251N on the “myosin mesa” and D239N within the Switch-1 (nucleotide-binding) domain, and both were studied in the context of short S1. Both mutations significantly increased ATPase activity, 24% for H251N and 50% for D239N compared to WT (Adhikari et al., 2016). Fintrinsic was increased 46% for H251N and 23% for D239N, and significant increases in actin gliding velocity were seen as well (94% for D239N and 40% for H251N) (Adhikari et al., 2016). Loaded in vitro motility assay experiments showed an upward shift in the load-velocity curve suggestive of increased ensemble force compared to WT (Adhikari et al., 2016). These striking changes contrast significantly compared to five mutations seen predominantly in adult patients (R403Q, R663H, R719W, R723G, G741R) and may be the basis for the early-onset, more severe phenotype compared to the more typical adult-onset disease.
However, when Vera et al. (Vera et al., 2019) compared short S1 constructs containing either early (H251N, D382Y, P710R and V763M) or adult onset (R719W, R723G and G741R) HCM mutations by measuring steady-state and transient kinetics, there was no clear difference in the degree of changes in these parameters. There was also no unifying direction of changes in any of the kinetic parameters. The H251N mutation had significant increases in the above parameters, while the other mutations showed only modest changes (Vera et al., 2019). Interestingly, one of the HCM mutations, P710R, shared properties with the DCM-causing mutations (Ujfalusi et al., 2018), including reduced ATPase activity (kcat), lower occupancy of the force holding actin-myosin-ADP state, a lower duty ratio and a more economical use of ATP for both rapid movement and force generation (Ujfalusi et al., 2018).
Given the seemingly inconsistent findings for the kinetics of the P710R myosin, this mutation was studied further (Vander Roest et al., 2021). Using optical trapping with harmonic force spectroscopy (HFS), the single molecule properties of P710R short S1 showed reduced load sensitivity and a decrease in the step size. The velocity of actin filament gliding was also reduced. Based on actin-activated ATPase rates and load-dependent actin detachment rates, it was calculated that P710R reduced the duty ratio especially at higher loads. Similar to the results from the kinetic studies, these findings using the short S1 construct suggested that the P710R mutation should result in hypocontractility. However, when P710R 2-hep HMM and 25-hep HMM were studied using the actin-activated ATPase assay, the P710R mutation did not result in the ∼40% decrease in kcat between 2-hep and 25-hep HMM which is seen with the WT constructs. The single turnover assay showed that P710R significantly reduced the proportion of myosin in the SRX state down to 27%, close to the SRX proportion for the 2-hep HMM, which is around 20%. These findings suggest that the P710R mutation results in a significant disruption of the SRX state, leading to more myosin heads functionally available. As for R403Q and R719W, this significant increase in Na may compensate for the hypocontractile features seen in other assays, resulting in a net increase in ensemble force leading to hypercontractility.
Multiscale effects of HCM mutations
In order to understand which effects (hypercontractile vs. hypocontractile) of the P710R mutation on myosin function predominate in an ensemble, an induced pluripotent stem cell-derived cardiomyocyte (iPSC-CM) line carrying the P710R mutation in one allele of MYH7 was generated using CRISPR/Cas9 gene editing and the resultant cells were micropatterned on substrates of appropriate physiological stiffness to obtain cardiomyocytes containing well-aligned myofibrils (Ribeiro et al., 2015; Vander Roest et al., 2021). Traction force microscopy showed that the iPSC-CM with P710R β-cardiac myosin had significantly higher contractile force, with increased peak force and contraction time. The transmission electron microscopy image of also showed significantly disrupted myofibril organization when compared to isogenic controls. The cell size was also increased, and ERK and Akt pathways were activated more than in control cells. Further computational modeling integrating the biochemical and biophysical parameters predicted the measured increase in traction forces, highlighting the effect of myosin availability (Na) as a major molecular determinant of hypercontractility in HCM.
The effect of other HCM mutations in myosin on Na have also been studied using iPSC-CMs. Toepfer et al. (Toepfer et al., 2019) reported the effect of pathogenic MYH7 variants (R403Q, V606M and R719W), which resulted in decreased SRX fractions and enhanced cardiomyocyte contractility. They also showed that HCM-causing mutations in MYBPC3 (the gene encoding MyBP-C), as well as stepwise loss of MYBPC, resulted in decreases in the SRX population and increases in cardiomyocyte contractility. The effect of MyBP-C loss was attenuated by introducing a DCM variant (F764L) of MYH7 or a myosin inhibitor (MYK-461) (Toepfer et al., 2019). The effect of loss of MyBP-C on myosin function observed in the cellular model highlights the key role MyBP-C plays in the modulation of myosin function and overall sarcomere activity. It is also a proof of principle that a myosin inhibitor is capable of attenuating the overall cellular contractility in HCM due to non-MYH7 variants (Toepfer et al., 2019).
MYOSIN MODULATION AS A THERAPEUTIC TOOL FOR TREATING CARDIOMYOPATHY
Myosin inhibitors for HCM
Based on the hypothesis that HCM is fundamentally due to hypercontractile function at the sarcomere level, a small molecule to inhibit myosin activity was developed as a proof of principle to treat HCM. Mavacamten (MYK-461) was developed (Green et al., 2016) and tested in three different HCM mouse models (R403Q (Geisterfer-Lowrance et al., 1996), R453C (Palmer et al., 2004) and R719W (Teekakirikul et al., 2010)). Early treatment of pre-hypertrophic mice with MYK-461 prevented development of hypertrophy, and treatment of older mice with existing hypertrophy reversed the increased wall thickness (Green et al., 2016). The molecular mechanism of mavacamten was reported by Anderson et al. (Anderson et al., 2018). They used negative stain EM to show that mavacamten stabilized a folded back state of 25-hep human β-cardiac HMM, and used the single nucleotide turnover assays to show in parallel that it also increased the fraction of heads in the SRX state (Anderson et al., 2018). The ability of mavacamten treatment to increase the SRX population was also seen in skinned cardiac fibers from an R403Q heterozygous pig model and a biopsy sample from a patient carrying the R663H mutation. At baseline, the skinned cardiac fiber from the R403Q pig had reduced SRX population (16% vs. 26% in WT pig), and mavacamten treatment restored the SRX population up to 30%. In addition, the maximum tension in the skinned pig fiber was reduced after treatment with mavacamten (Anderson et al., 2018). Mavacamten also caused an increase in the ordering of myosin heads along the backbone of the thick filament, as observed by the substantial increase in the myosin-based helical layer line reflections in low-angle X-ray diffraction images (Anderson et al., 2018). Taken together, mavacamten reduced the population of functionally available myosin motors (Na) in the sarcomere by stabilizing a folded back state of myosin, and the resultant reduction in Fensemble led to prevention and/or reversal of hypertrophy in HCM mouse models. Mavacamten was subsequently tested in a series of clinical trials with HCM patients.
The phase I study was completed and showed good safety and tolerability in healthy volunteers and a small number of patients (Maron et al., 2016). The phase II study was conducted in patients with obstructive HCM who had significant LVOT gradients due to the hypertrophied septum with resultant heart failure symptoms such as exertional dyspnea (Heitner et al., 2019) (see Introduction and Figure 1). The mavacamten treatment resulted in a dramatic decrease in LVOT gradient down to the normal range, and after the treatment period concluded, the LVOT gradients returned to pre-treatment baselines (Heitner et al., 2019). In the phase III study of obstructive HCM patient (EXPLORER-HCM), mavacamten showed improvement in the composite endpoint of exercise capacity and symptom severity (using the New York Heart Association (NYHA) functional classification) (Olivotto et al., 2020). This is the first medication for HCM that showed a benefit in a randomized controlled trial. Mavacamten was also studied in a phase II study for non-obstructive HCM patients (MAVERICK-HCM). This trial showed no significant change in the above composite endpoint, while the biomarker for ventricular stretch was significantly reduced (Ho et al., 2020). It is worth noting that the participants in these trials did not necessarily carry MYH7 variants, and thus the effect of mavacamten is exerted by bringing down the net Fensemble which leads to normalization of sarcomere function.
Currently a long-term extension study for EXPLORER-HCM and MAVERICK-HCM participants is under way (MAVA-LTE), to study the long-term effects of this medication (Rader et al., 2021). For the former EXPLORER-HCM participants, mavacamten showed durable improvement in reduction of LVOT gradients, diastolic function, NT-proBNP (biomarker for ventricular stretch) and NYHA functional class (assessment of subjective symptoms) (Rader et al., 2021). The imaging study of the EXPLORER-HCM participants also showed significant changes in HCM morphology. The MRI study showed reductions in cardiac mass and wall thickness (Saberi et al., 2021), and the echocardiographic analysis also showed improvement in left ventricular diastolic function parameters and left atrial size (Hegde et al., 2021). The participants in these trials have already developed hypertrophy, and thus these imaging studies suggest that the effect of myosin inhibition to reduce hypercontractility at the sarcomere level has a downstream effect on hypertrophic processes resulting in at least partial remodeling of existing hypertrophied myocardium. Based on the result of EXPLORER-HCM, mavacamten was recently approved by the FDA for the treatment of patients with obstructive HCM.
A newer generation myosin inhibitor was developed by Cytokinetics and has been studied in obstructive HCM patients (Chuang et al., 2021). Aficamten has a shorter half-life and less drug interactions than mavacamten. A phase II study was reported last year, and showed significant reductions in LVOT gradient with a return to the pre-treatment baseline when the therapy was stopped (Maron, 2021). Currently, a phase III study is being conducted, mainly focusing on exercise capacity assessed by cardiopulmonary exercise testing.
Myosin activators for systolic heart failure
Although this review is primarily focused on HCM molecular pathophysiology and the pharmacotherapy for HCM that has been developed under the hypothesis that HCM is fundamentally a hyperactive sarcomeric disease, the opposite end of the spectrum - systolic heart failure where the contractile function of the heart is compromised due to various underlying etiologies, is worthy of mention. Malik and others performed a small molecule screen using thin-filament activated ATPase activity of β-cardiac myosin, and developed omecamtiv mecarbil (OM) as the first cardiac myosin activator (Malik et al., 2011). OM showed increases in cell length shortening without changing Ca2+ transients in isolated rat cardiac myocytes. OM also improved echocardiographic and hemodynamic parameters using a dog heart failure model, primarily through increases in systolic ejection time, without changes in the rate of LV pressure development (dP/dt). Interestingly, OM seems to increase RTF-activated cardiac myosin ATPase activity at lower Ca2+ concentrations up to pCa 6, at which point a crossover occurs and at higher concentration it actually reduces the ATPase activity (Malik et al., 2011). Subsequent reports of RTF-activated porcine cardiac myosin ATPase activity (Marston, 2011) and actin-activated human cardiac myosin ATPase activity (Fatkin et al., 2014) both showed decreased ATPase activity at OM concentration of 10 and 100 μM, respectively. From this work, the binding site for OM was speculated to be a cleft in a region where the relay helix and the converter domain converge at the base of the lever arm (Malik et al., 2011).
OM was studied in a series of clinical trials (Cleland et al., 2011; Teerlink et al., 2011; Teerlink et al., 2016a; Teerlink et al., 2016b), and showed increases in systolic ejection time, ejection fraction and stroke volume on echocardiographic assessment (Cleland et al., 2011; Teerlink et al., 2011; Teerlink et al., 2016a). OM recently completed a phase III randomized, double-blind, placebo-controlled clinical trial in 8,000 systolic heart failure patients (Teerlink et al., 2021). The primary endpoint of the study was a composite of cardiovascular death and heart failure hospitalization, and OM met the primary endpoint, though the effect was small (8% relative risk reduction). Interestingly, subgroup analysis showed that the sicker patients (more advanced symptoms or lower LVEF) had more benefits from OM therapy.
There have been many investigations on the exact mechanism of sarcomere activation by OM. Using recombinant human cardiac myosin motor domain fused to GFP, Winkelmann et al. (Winkelmann et al., 2015) reported that OM binds in a narrow cleft that separates the N-terminal 25-K domain from the lower portion of the 50-K domain of the motor domain, which is involved in coupling structural elements that are linked to the rotation of the lever arm into the PPS conformation. Rohde et al. (Rohde et al., 2017) investigated the effect of OM on the kinetics of the myosin powerstroke using a combination of transient time-resolved FRET and transient biochemical assays. By measuring the FRET signal between a fluorescent donor on the RLC domain and fluorescent nucleotide, the group dissected the steps of actin binding, the powerstroke, and phosphate release. They concluded that in the absence of OM, myosin binds to actin, undergoes the powerstroke, and then releases phosphate, which is the rate-limiting step of the ATPase cycle. However, whether phosphate release occurs before or after the stroke is still a matter of debate (Houdusse and Sweeney, 2016; Planelles-Herrero et al., 2017) In the presence of OM, the phosphate release rate is increased; however the overall ATP turnover rate was slowed, owing to even greater slowing of the actin-induced rotation of the myosin light chain binding domain (Rohde et al., 2017). There was no change in ADP release rate from a post-stroke state (Liu et al., 2015), and the rate-limiting step for the steady-state ATPase cycle now became the actin-induced rotation of myosin in the presence of OM. This results in the accumulation of a prolonged actin-bound state of the myosin which might act as a load in the contracting sarcomere (Rohde et al., 2017), but might also serve to induce cooperative binding of more myosin heads to actin by its effect on the tropomyosin-troponin system, thus activating the sarcomere.
A similar conclusion was reached by Swenson et al. (Swenson et al., 2017) using recombinant human cardiac myosin and transient kinetic assays that showed a slow product release pathway, resulting in the accumulation of non-force generating heads (Swenson et al., 2017). The accumulation of a state of myosin that undergoes prolonged binding to actin is likely the reason for significant slowing of gliding actin filament velocities in in vitro motility assays in previous reports (Aksel et al., 2015; Liu et al., 2015; Winkelmann et al., 2015; Swenson et al., 2017). Liu et al. (Liu et al., 2018) used HFS technology to study the load-dependent detachment of myosin from the actin filament. In the presence of OM, myosin’s detachment rate at zero load (k0), the distance to the transition state (a measure of force sensitivity, δ), and the myosin stroke size were all reduced. Woody et al. (Woody et al., 2018) used a feedback-controlled laser trap and observed a similar effect of OM causing the detachment rate to become independent of both applied load and ATP concentration (Woody et al., 2018). The decrease in detachment rate was manifest as slowing of actin gliding velocity using in vitro motility assays (Aksel et al., 2015; Liu et al., 2018) and as reduced cardiomyocyte contractility (Kampourakis et al., 2018). Taken together, these findings suggest that OM binding to myosin results in a myosin head that attaches to the actin filament but does not produce a full functional stroke (Spudich, 2019).
The effect of OM at the cellular and organ level was rather surprising, given that OM appears to inhibit the individual myosin from stroking and hence should reduce contractility (Liu et al., 2018). The activation effect of OM is seen at the whole sarcomere level when only a fraction of the myosin heads are bound to OM. As discussed above, activation of the myocyte is likely due to activation of the thin filament by the OM-bound myosin, which has a prolonged binding to the thin filament, promoting more non-OM-bound myosin heads to interact with actin, leading to myocyte activation (Malik et al., 2011). This is a distinct way of increasing the ensemble force. This type of activation has been seen in HCM mutations affecting thin filament components, including the troponin complex (Sommese et al., 2013b), which resulted in an increase in Ca2+ sensitivity and activation of the thin filament at lower [Ca2+]. It is notable that OM had a similar effect on thin filament activation via interaction with myosin and not the thin filament components. Overall, the mechanism of OM highlights the complexity of myosin function in the sarcomere and the potential for pharmacological modulation.
FUTURE PERSPECTIVES AND CONCLUSION
The fundamental mechanisms underlying HCM pathogenesis have long been studied using a variety of approaches, but it is only in the last 10–15 years that the field has advanced to using engineerable human proteins and cells to accurately study the effects of HCM-causing mutations. Using expressed and purified human β-cardiac myosin containing the ventricular human cardiac light chains, extensive work has led to the conclusion that a majority of HCM mutations cause hypercontractility of the heart by shifting myosin molecules from an off-state to an on-state, which results in an increase in Na, the number of heads functionally available for interacting with actin (Table 1).
TABLE 1 | Summary of the functional effect of HCM mutations in cardiac myosin.
[image: Table 1]In 2018, Robert-Paganin, Auguin and Houdusse (Robert-Paganin et al., 2018) reported important structural data using an optimized quasi-atomic model of the folded back IHM state of bovine cardiac myosin, coupled to in silico analysis of the effects of 178 HCM mutations previously described (Robert-Paganin et al., 2018). They suggested that the formation of the IHM requires that both heads adopt an asymmetric conformation while the two motor domains position the lever arm up as in the PPS state. According to their prediction, a majority of the mutations, about two-thirds, would lead to destabilization of the IHM, increasing Na. Out of these mutations, roughly half were not located at the interfaces of the IHM (head-head, or head-tail), but are predicted to alter the stability of the PPS conformation that is necessary to form the IHM (Robert-Paganin et al., 2018). The fraction of HCM mutations that are primarily increasing Na could be higher than this. The homology model is unlikely to fully recapitulate the true human β-cardiac myosin IHM structure, and an actual high-resolution structure has been desperately needed. This structure has now been obtained and reported by Robert-Paganin et al. at the 2022 Gordon Research Conference (Cytoskeletal Motors) meeting. We will soon have the true structural information to properly assess the destabilizing effects of HCM mutations on the IHM off-state. But even with the true human β-cardiac myosin IHM structure, for such an allosteric molecule, it is difficult to predict in silico which mutations will increase Na. Functional tests described in this review using purified human β-cardiac myosin containing the ventricular human cardiac light chains are required to biochemically assess the effects of any particular HCM mutation (Table 1). Nonetheless, the mesa hypothesis (Spudich, 2015), which states that increasing Na is a unifying hypothesis for the cause of hypercontractility by HCM mutations, now has a good deal of support experimentally.
The stability of the IHM is likely regulated by other proteins in the sarcomere, including MyBPC. Mutations in MyBPC are known to cause about one-third of genetically defined HCM cases, with many cases thought to be caused by haploinsufficiency due to frameshift, nonsense or splice site mutations that result in premature termination codons (Helms et al., 2020). This fits well with the mesa hypothesis, since a stabilizing effect of MyBP-C on the IHM state would be relieved by loss of some MyBP-C in the sarcomere. There are, however, also MyBP-C missense mutations that cause HCM and their mechanisms of action are not well defined (Harris et al., 2011). Decades of studies on MyBPC has revealed binding interactions with actin to activate the thin filament, and binding to myosin to control myosin head availability through the thick filament (Heling et al., 2020). Its ability to bind to both actin and myosin with similar affinities, and unique spatial localization within the sarcomere makes MyBPC a particularly interesting and challenging molecule to study. Titin is also an important player in sarcomere function and will likely have direct effects on thick filament activity by interacting with MyBP-C and either the HMM portion of the myosin or the LMM core of the thick filament which is involved in the sequestering of myosin heads (Spudich, 2019). It is important to note that, while titin mutations are the most commonly identified genetic etiology of DCM (∼30%), it is rarely associated with HCM (Herman et al., 2012; LeWinter and Granzier, 2013). The reason for this skewed phenotypic effect is unclear, and the function of titin requires further investigation.
The recent development of pharmacotherapy with myosin modulators sheds further light on the regulation of sarcomere function (Trivedi et al., 2018; Spudich, 2019; Nag et al., 2021). Increasing the ensemble force of the sarcomere can be achieved through three different mechanisms: 1) thick filament activation that leads to more myosin heads released and available to bind to actin, 2) enhanced thin filament activation that allows more myosin heads to bind to actin, which in turn cooperatively opens more myosin binding sites and promotes more crossbridge formation, and 3) enhanced biochemical/biophysical properties of the myosin motor. It should be noted that these three mechanisms are not mutually exclusive, and in fact there are likely many crossover effects. For example, OM stabilizes the PPS state, which pulls more myosin out of the IHM state, but OM also causes slowing of the actin-induced rotation of the myosin light chain binding domain during the actin-myosin cycle, and this myosin state enters a prolonged actin-bound state that likely activates the RTF by moving tropomyosin away from the myosin binding site on actin (Rohde et al., 2017). Further drug development targeting sarcomere function will require attention to the impact on overall ensemble force from all three mechanisms.
The characterization of the primary effects of HCM mutations on human cardiac myosin has revealed many aspects of sarcomere function that can be altered by a single amino acid change. As discussed above, there is growing evidence that these HCM mutations cause hypercontractility which leads over time to hypertrophy. These effects have been recapitulated at the cellular level, demonstrating the usefulness of induced pluripotent stem cell-derived cardiac myocytes as a system for assessing the effect of mutations in either a patient-derived or isogenic background (Vander Roest et al., 2021). How the increased contractility is perceived by the cardiac myocyte is as yet unclear, and will be critical to understand the mechanism of cellular hypertrophy, myocyte disarray and the development of fibrosis. Increases in contractility could increase overall ATP utilization, resulting in energy imbalance (Abel and Doenst, 2011; Ashrafian et al., 2011), Ca2+ dysregulation and changes in wall tension that can trigger hypertrophic signaling (van Berlo et al., 2013; Davis et al., 2016). Therapeutic interventions to either reduce or augment myosin function hold promise for unmet clinical needs in cardiomyopathy and heart failure of various etiologies, respectively, as shown in the multiple clinical trials described above. Increasingly precise understanding of the alterations in contractility in disease states like HCM will continue to yield more sophisticated therapeutic interventions.
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Antiquated ejection fraction: Basic research applications for speckle tracking echocardiography
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For years, ejection fraction has been an essentially ubiquitous measurement for assessing the cardiovascular function of animal models in research labs. Despite technological advances, it remains the top choice among research labs for reporting heart function to this day, and is often overstated in applications. This unfortunately may lead to misinterpretation of data. Clinical approaches have now surpassed research methods, allowing for deeper analysis of the tiers of cardiovascular performance (cardiovascular performance, heart performance, systolic and diastolic function, and contractility). Analysis of each tier is crucial for understanding heart performance, mechanism of action, and disease diagnosis, classification, and progression. This review will elucidate the differences between the tiers of cardiovascular function and discuss the benefits of measuring each tier via speckle tracking echocardiography for basic scientists.
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1 INTRODUCTION
Proper heart function is mandatory for the quintessential operation of the cardiovascular system. Thus, for proper evaluation of cardiovascular performance, all constituents of heart performance (systolic function, diastolic function, and contractility) must be assessed. An increase in metabolic demand from the body (in situations such as exercise) mandates an increase in cardiac output to meet this demand. The heart increases cardiac output in vivo via three mechanisms: by the Bowditch effect (i.e., increasing heart rate), Starling’s Law of the heart (i.e., increasing end diastolic volume), and through sympathetic (i.e., β-adrenergic) stimulation (Klabunde, 2012). These influences on the heart utilize the cardiac reserve, augmenting systolic and diastolic function. Contractility is a key contributor to systolic function and cardiac reserve. Unfortunately, cardiovascular disease is the leading cause of death in the world and proper evaluation of all aspects of heart performance is crucial in determining the development and progression of heart disease (Tan, 1986). Thus, the in vivo assessment of all tiers of cardiovascular performance, including left ventricular systolic and diastolic function and contractility, is significant to understand how well the heart is performing and its role in the development and progression of heart disease.
1.1 The tiers of cardiovascular performance
The overall health of cardiovascular performance (definition can be found in Table 1) can be deduced by ejection fraction (EF) and mean arterial pressure (MAP) (Eqs 1, 2). Indices of cardiovascular performance are highly dependent upon preload, afterload, and heart rate. Preload is measured by End Diastolic Volume (EDV) and afterload, or the systemic pressure to overcome for the heart to eject blood, is correlated to MAP. A major contributor to poor cardiovascular performance is heart disease (e.g, heart failure, HF).
TABLE 1 | Definitions and measurements of the different tiers.
[image: Table 1]The performance of the heart is complex and can be broken down into systolic and diastolic function and contractility. Heart performance is a subset of cardiovascular performance, and thus is dependent upon preload, afterload, heart rate, and contractility. Heart performance (definition can be found in Table 1) is measured by cardiac output (CO), which takes into account the electrical and mechanical function, or by stroke volume, which takes into account only the mechanical function (Eqs 3, 4).
Systolic function (definition can be found in Table 1) can be measured by fractional shortening, which is dependent upon preload, afterload, heart rate, and contractility (Eqs 5, 6). Diastolic function (definition can be found in Table 1) can be measured by E/A ratio (measured by Doppler ultrasound) or E’/A’ ratio (measured by left ventricular wall velocity), which measures the ratio of early to late ventricular filling via mitral valve flow. E/A ratio is dependent upon preload, ventricular compliance, and heart rate.
The definition of contractility is heavily debated. The definition can be as complicated as “the preload, afterload and length-independent intrinsic kinetically controlled, chemo-mechanical processes responsible for the development of force and velocity” (Muir and Hamlin, 2020). For this discussion, contractility is considered an intrinsic property of the cardiomyocyte and is inherently preload-, afterload-, and heart rate-independent. Hence, contractility contributes to systolic function, which, along with diastolic function, contribute to heart performance, which in turn contributes to cardiovascular performance.
Shown in Figure 1 are the different tiers (or factors) that determine cardiovascular performance. Contractility is on top of the pyramid since it is an independent variable (not affected by load and heart rate independent) (Muir and Hamlin, 2020). Contractility contributes to systolic function. Systolic and diastolic function (both of which are load and heart rate dependent) contribute to heart performance. Heart performance contributes to cardiovascular performance. Proper functioning of each tier is necessary for health. Hence, as each tier is interconnected, to understand cardiovascular performance and to be able to truly understand mechanisms, classifications, and prognosis of disease it is vital that one measures in vivo systolic and diastolic function and contractility and not just cardiovascular performance (i.e., EF).
[image: Figure 1]FIGURE 1 | The Pyramid of Cardiovascular Performance. Affecting all tiers except for contractility are heart rate and loading parameters (preload and afterload). Cardiovascular performance encompasses the function of all tiers and is thus the bottom of the pyramid. Heart performance is a component of cardiovascular performance. Systolic and diastolic function and contractility are components of heart performance. However, AS contractility is by definition an inherent, load and heart rate independent characteristic of the myocyte, it sits at the top of the pyramid, unaffected by heart rate or load like the other tiers.
1.1.1 Tiers of cardiovascular performance in the clinics
While there are multiple means to diagnose heart disease in patients (physical exam, blood tests, noninvasive such as cardiac imaging (echocardiography, CT scan, MRI, etc.), stress test, electrocardiogram, and invasive such as angiography and cardiac catheterization), a common choice for diagnosis is echocardiography due to cost and ease. Typically, a special emphasis is placed on EF, which can be calculated through a multitude of techniques ranging in accuracy.
EF can be measured by short or long-axis M-mode, which follows the displacement of the walls of the heart along a user-drawn line, which has user-dependent error and is highly variable. The most accurate method of measuring EF is 3D echocardiography to measure full LV chamber volume at systole and diastole (Lang et al., 2015). Alternatively, the most accurate 2D method to calculate EF is Modified Simpson’s method, also known as the Biplane of Discs model recommended by the American Society of Echocardiography (Lang et al., 2015). While this method does allow for an accurate calculation of EF compared to traditional M-mode measurements, it is rarely applied in basic research despite increased accuracy. While EF varies in accuracy of quantification, it still is dependent on loading parameters and heart rate.
EF is antiquated and often misstated as an assessment of systolic function or contractility. This is incorrect as EF is highly preload- and heart rate-dependent and thus cannot be a measure of contractility (Kass et al., 1987). In vivo modulators of heart function (Bowditch, Starling’s Law, and sympathetic) result in changes to preload, a greater SV, and thus increased CO (Ricci et al., 1979; Sequeira and van der Velden, 2015). These resultant changes in ventricular volume are associated with corresponding changes in EF, since these volumes are used in the calculation of EF (please see Section 5- Equations). For example, with Starling’s Law, this is usually associated with a decrease in EF (due to increased EDV even though SV increases), while sympathetic stimulation will increase EF (Mangano et al., 1980; Stratton et al., 1987). Also, changes in EDV (i.e., Starling’s Law) will result in changes in left ventricular end diastolic dimension and thus, fractional shortening (FS). There is also a misconception in the field that EF equates to systolic function. For example, a high EF is not necessarily indicative of healthy or superior heart function and must be interpreted in conjunction with SV. A high EF but with low SV (due to low EDV) likely suggests a hypertrophic heart. Preservation or improvement of EF is a common occurrence in models of concentric hypertrophy, and often presents with comorbidities such as hypertension, obesity, diabetes, renal dysfunction, etc (Hieda et al., 2020; Mouton et al., 2020). Conversely, a low EF is not necessarily indicative of worsened heart function, as the heart can remodel both pathologically and physiologically to increase preload. Physiological remodeling through exercise can cause decreased baseline EF, but increased cardiac reserve (Roof et al., 2013). EF is also highly afterload dependent (Kolh et al., 2003). Thus, there may be changes in EF that may not be due to altered heart performance (i.e., hypertension). Further, a normal EF does not preclude changes to heart performance, as there may be corresponding changes to volumes. This can clearly be observed in HF, a syndrome in which the heart cannot pump enough blood to meet the body’s requirements. There are two classifications of HF: reduced (HFrEF) or preserved EF (HFpEF). Since EF has been presumed to be a measure of systolic function and/or contractility, HFrEF is also known as systolic HF, while HFpEF is also known as diastolic HF. However, there is both systolic and diastolic dysfunction in both types of HF (Daubert Melissa, 2019; Pfeffer et al., 2019). Thus, cardiologists realized that a better understanding of heart performance (ventricular systolic function, diastolic function, and contractility) was needed for better diagnosis and treatment for cardiac patients as EF is insufficient.
Clinicians have implemented quantitative methods that assess all tiers of cardiovascular function since the early 2000s (Konstam and Abboud, 2017). Since its clinical implementation, speckle tracking echocardiography (STE) has been used on a day-to-day basis, resulting in earlier diagnosis and therefore better treatment options for patients (Pérez et al., 1992; Inaba et al., 2005; Ciarka et al., 2021; Pastore et al., 2021). Clinicians have established proper assessment of the tiers of cardiovascular function in determining their treatment of human patients. This has ultimately improved the understanding of cardiovascular health and treatment.
1.1.2 Tiers of cardiovascular performance in research
Researchers commonly perform standard methods of echocardiography (M-mode measurements) and with good reason. This method remains the simplest and cheapest method to assess cardiovascular function over multiple time points throughout an experiment, allowing for assessment of progression of disease. However, this method falls short of assessing all tiers of cardiovascular performance. Specifically, standard echocardiography cannot assess diastolic function or cardiac contractility. Researchers often revert to alternative methods of assessing cardiovascular function, such as intra-left ventricular catheterization for pressure-volume analysis (PV loops) (Peterson et al., 2018). Although this method does provide indices for all tiers of cardiovascular performance (cardiovascular performance, heart performance, systolic and diastolic function, and contractility) with the added benefit of decreased load dependence, it is unfortunately a terminal procedure.
Contractility is a difficult, yet necessary index to measure in research settings. There is an abundance of wide-ranging reasons that scientists need to properly measure contractility. Clinicians have learned that in order to determine how the heart is impacted through various treatments, proper characterization of the cardiovascular system at all tiers is essential. Inherently, contractility is an intrinsic property of the myocyte. Excitation-contraction coupling (ECC) is the process by which the cardiac myocyte contracts and changes in myocyte contraction will alter contractility (Bers, 2002). Hence to examine the in vivo effects of alterations to ECC proteins (Wang et al., 2012; Nixon et al., 2013; Nixon et al., 2014), signaling pathways targeting ECC proteins (Traynham et al., 2012), etc. as potential therapeutic strategies for heart disease, one should measure contractility to correctly understand the resultant effects on systolic function, diastolic function, heart performance, and cardiovascular performance. Measuring in vivo contractility (and the effects of Bowditch, Starling’s law, and sympathetic) is also important in helping to ascertain disease mechanisms, testing if new treatment strategies (i.e., drugs, devices, regenerative medicine, etc.) will be beneficial, etc. Another traditional in vivo measurement of contractility is performed via intra-left ventricular catheterization to measure pressure-volume changes in the heart. Indices such as dP/dtmax and dP/dtmin (normalized to volume) reflect isovolumetric contraction and relaxation and can be obtained from PV loops (Rhodes et al., 1997). Unfortunately, as previously mentioned, this is a terminal procedure.
Although this review is focused on contractility, with the recent explosion of HFpEF, it is also vitally important to measure diastolic function. Unfortunately M-mode echocardiography, unlike STE, does not provide any measures of diastolic function.
2 USE AND INTERPRETATION OF PARAMETERS OF CARDIOVASCULAR FUNCTION IN RESEARCH
Due to the small heart size and fast heart rate, there are a lack of techniques to measure true parameters of heart performance in mice. Thus researchers, all too frequently, misuse parameters of cardiovascular performance, heart performance, systolic function, diastolic function, and contractility. Often researchers revert to using EF as a measure of systolic function or contractility. Other commonly misused parameters include SV, MAP, CO, and FS (Eqs 2–5) which all are dependent upon contractility, but also on preload, afterload, and heart rate, and thus, cannot be considered indices of contractility (Lipshultz et al., 1994). Contemporary standards in the field compel these measurements to be performed in vivo to enhance the reliability, relevance, and translational aspects.
Thus, researchers should explore nonterminal procedures that can properly evaluate of all aspects of heart function. Parameters of cardiovascular performance, heart performance, systolic function, diastolic function, and contractility with their proper corresponding accurate measurement are listed in Table 1. Precise measurements of all tiers individually are needed to fully evaluate cardiovascular function. Technology has advanced to tools in which this can now be performed by using speckle tracking echocardiography. In fact, speckle tracking is already widely used in the clinics. With technological advancement, these tools are now available for measurements in the most commonly used animal model in research: the mouse. Thus, researchers should recognize that EF is an antiquated measurement that poorly assesses heart function because of its reliance on physiological parameters and instead explore speckle tracking echocardiography.
3 SPECKLE TRACKING ECHOCARDIOGRAPHY
For basic research application, echocardiography has the advantage of longitudinal measurements for changes in heart function over time, rather than being the endpoint of an experiment. Traditional methods of echocardiography acquisition are often performed in M-mode, which traces the movement of the heart walls that occurs on a line drawn through the left ventricle. Besides misusing parameters obtained, this technique also introduces many sources of error and variation between measurements (i.e., the angle of the line drawn, the position of the probe in acquisition, the consistency of the placement by the user between animals, etc.) as well as sources of variation in analysis (Chukwu et al., 2008). Despite being well utilized in clinics, echocardiography has only recently been utilized to the full extent of its capabilities in basic research labs. STE has quantitative capabilities to truly measure systolic and diastolic function and contractility (Marwick et al., 2009; Morris et al., 2012; Oleynikov et al., 2018). STE uses B-mode, which is often the same imaging modality as an M-mode, but records a video clip of the entire heart wall rather than movement along one line. Therefore, as an average measurement, STE provides data points along the entire heart wall rather than only two from M-mode, which increases its accuracy as an indicator of heart function (Wang et al., 2018).
STE has only in recent years infiltrated basic cardiovascular sciences as a means of measuring heart function in research models (de Lucia et al., 2019). STE analysis performed on B-mode images traces the naturally occurring acoustic markers in a cine loop of the heart. Calculated from STE is displacement, velocity, strain, and strain rate in radial, longitudinal, and circumferential axes (see Figure 2). The axes of cardiac strain are dependent upon directionalities of the vector in the wall movement (Eq. 6). Cardiac strain delineates the deformation of the myocardium from diastole to systole, thus indicating systolic function. Strain rate is the derivative of strain with respect to time, and thus has distinct systolic and diastolic peaks (Eq. 7). Relative to EF, cardiac strain exhibits less load dependence, and strain rate is the least load dependent measurement of cardiac function thus far. Systolic strain is preload and heart rate dependent while systolic and diastolic strain rate have little preload dependence and no heart rate dependence (Sutherland et al., 2004; Hoit, 2011; Salvo et al., 2015). Comparisons between longitudinal, circumferential, and radial strain (and their corresponding strain rates) with EF and pressure-volume derived data reveal that strain and strain rate were weakly associated with load (arterial elastance and EDV). Strain and strain rate are more strongly associated with chamber elastance and contractility as compared to EF, which has a modest correlation with arterial elastance yet no correlation with chamber elastance (Zhang et al., 2014). Other studies have correlated strain and strain rate with pressure-volume loop- derived contractility indices, ESPVR (or End Systolic Elastance- Ees) and diastolic indices, EDPVR, specifically longitudinal strain and strain rate as well as circumferential strain and strain rate (Park et al., 2016). Strain has been shown to be less load dependent than EF, as well as have correlations with previously established indices of load-independent function (Zhang et al., 2014). Thus, unlike the variable effects of Bowditch effect, Starling’s Law and sympathetic stimulation on EF (dependent on which effect is larger- the increase in EDV or SV), the Bowditch effect and sympathetic stimulation will increase strain, while there will be little effect of Starling’s Law since strain measurements are virtually load-independent (Boettler et al., 2005; Ferferieva et al., 2013). Thus, STE has numerous benefits, with the major benefit being that a truer measurement of the heart performance, systolic function, diastolic function, and contractility. This method gives researchers the ability to fully characterize the heart without performing a fatal procedure and thus introduces the possibility for longitudinal studies. Contrary to all other methods of measuring cardiac function, STE also has the least user-dependent variability for image acquisition (Muraru D et al., 2018).
[image: Figure 2]FIGURE 2 | Directional vectors of Cardiac Strain. Cardiac strain is measured in parasternal long axis and short axis. Long axis cine loops provide long axis radial (in yellow arrows) and longitudinal strain (in green arrows). Short axis cine loops provide short axis radial (in yellow arrows) and circumferential strain (in red arrows). Cartoon and anatomical views are provided.
Monitoring and maintaining a close to physiological heart rate during measurements of heart function is incredibly important for accurate recordings (Lindsey et al., 2018). Variability in heart rate results in inconsistent measurements and difficulty comparing experimental variables. Additionally, an increased heart rate changes functional parameters (i.e., heart rate positively correlates with SV) (Lindsey et al., 2018). The resting physiological heart rate of a mouse averages around 600 BPM and frame rates on most current echocardiography equipment struggle to meet frame rates to obtain accurate measurements. A frame rate of >100 fps is required for speckle tracking analysis which improves with increasing frame rate (D'Hooge et al., 2000). Frame rates can be improved by reducing image width which decreases scan size and improves tracing (Voigt et al., 2015). Additionally, recent improvements in technology in the basic sciences field (i.e., VevoF2, Visual Sonics) allows for frame rate acquisition of up to 400 fps, making it easier to obtain and analyze speckle tracking echocardiography at higher heart rates.
STE and its subsequent measurements also have the distinct advantage of deciphering early onset of disease, specifically in certain axes of strain. Circumferential strain and strain rate have been shown to be sensitive enough to detect early onset of disease. Strain and strain rate decrease earlier than EF, and thus can be used as earlier indicators of onset of disease. Circumferential strain has also been indicated as an independent predictor of negative outcomes and ventricular remodeling after myocardial infarction (Hung et al., 2010). Longitudinal strain also exhibits similar sensitivity to early onset of disease and is an indicator of negative outcomes after MI. Thus another major advantages of STE in both humans and animal models is the ability to decipher early onset of disease (Pastore et al., 2021).
STE can also elucidate regional functional measurements (Pastore et al., 2021). Regional data is not only unavailable through every other method of analysis, but can provide quantification of models of heart disease, such as myocardial infarction (i.e., infarct size) (Munk et al., 2010). For example, global longitudinal strain has been shown to be more effective at quantifying infarct size compared to standard echocardiographic indices, such as EF and end systolic volume (Munk et al., 2010). STE also provides indices of diastolic function from one data acquisition and analysis, compared to the need for multiple methods of measurement such as Power Doppler and M-mode. STE can measure diastolic strain rate, which has been shown to be advantageous over myocardial velocity and blood flow velocity for assessment of diastolic function (Rivas-Gotz et al., 2003; Wang et al., 2007). Additionally, analysis of diastolic function through STE removes Doppler-associated angulation errors and tethering artifacts of other diastolic measurement techniques (Choudhury A et al., 2017).
In summary, STE is the superior method of in vivo analysis of the tiers of heart performance, providing indices that measure not only heart structure, but cardiovascular performance and heart performance. Most importantly, STE is a nonterminal procedure that can provide indices of contractility not previously been accessible to basic research via echocardiography.
4 CONCLUSION
The purpose of the heart is to pump blood to meet the metabolic demands of the body. In order to meet these demands, the heart needs healthy components of all aspects of function, including proper systolic and diastolic function and contractility. Proper evaluation of all the tiers are essential for the determining mechanism of action, the development, and progression of heart disease. A critical hallmark and determining factor of heart disease is a blunted contractility (Houser and Margulies, 2003), which significantly contributes to systolic function, heart performance, and cardiovascular performance. Thus, elucidating all contributing factors to heart function (i.e., systolic and diastolic function and contractility) is significant to understand how well the heart is performing, mechanistic studies, and the possibility to develop heart disease in animal models. STE is an accurate and reliable method to measure all facets of cardiac performance with one all-encompassing measurement. Most importantly, STE is a noninvasive and nonterminal procedure that can be repeated at multiple time points to provide indices of contractility through longitudinal studies.
5 EQUATIONS
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Methodology
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R719W ! T NC 1 Kawana et al. (2017), Adhikari et al. (2019)
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R663H NC NC NC 1 Sarkar et al. (2020)
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V763M - 1 NC - Vera et al. (2019)
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D778V I 1 1 1 Morck et al. (2022)
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S782N i NC NC 1 Morck et al. (2022)
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F834L - NC NC T Morck et al. (2022)

Summary of HCM mutations that have been studied using purified human B-cardiac myosin heavy chain containing human ventricular cardiac light chains. While Fiingio v and .y values
showed no consistent trends among the HCM variants, the N, was increased in all tested variants except one. NC, no change; dash, not determined. * The intrinsic force has not been
measured, while optical trapping using harmonic force spectroscopy assay showed reduced step size of the myosin motor and reduced load sensitivity of the actin detachment rate at the
single molecule level. ** The int
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Maximal force was obtained by activating muscle at pCa 4.5 prior to or at the end of construction of the force-pCa curve. ApCasy, shift of pCasy upon sTn treatment (sTn), 3 mM MgADP
application (ADP) or 1.0 uM OM application after sTn treatment or MgADP application. n, number of experiments. *, vs. control (no T treatment or MgADP application) (Tukey-
Kramer test); *,vs.sTn treatment (without OM) (Tukey-Kramer test); , vs. MgADP application (without OM) (Tukey-Kramer test); ", vs. PLV (unpaired Student’s ¢ test);, vs. 1.0 gM OM
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Maximal force was obtained by activating muscle at pCa 4.5 prior to or at the end of construction of the force-pCa curve. ApCaso,shift of pCaso upon 20 mM Pi application () or 1.0 M

OM application after Pi application. n, number of experiments. *, vs. control (without OM) (Tukey-Kramer test);, vs. Pi application

Student’s I test)

out OM (Tukey-Kramer test); ', vs. PLV (unpaired

. vs. 1.0 uM OM in Table 1 (unpaired Student’s ¢ test). Single, double and triple symbols denote significant difference at p < 0.05, 0.01 and 0.001, respectively.
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Maximal force was obtained by activating muscle at pCa 4.5 prior to or at the end of construction of the force-pCa curve. ApCaso, shift of pCaso upon application of OM. i, number of

experiments. The effects of OM were tested at 0.5 and 1.0 M, in this order. *, vs. control (without OM) (Tukey-Kramer test);*, vs. 0.5 1M OM (pCaso, Tukey-Kramer test; ApCaso, paired

Student’s £ test); ", vs. PLV (unpaired Student’s ¢ test). Single, double and triple symbols denote significant difference at p < 0.05, 0.01 and 0.001, respectively.
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Maximal force was obtained by activating muscle at pCa 4.5 prior to or at the end of construction of the force-pCa curve. ApCasy, shift of pCaso upon PKA treatment (PKA) or 1.0 M OM
application following PKA treatment. n, number of experiments. *, vs. control (without OM) (Tukey-Kramer test); *, vs. PKA treatment without OM (Tukey-Kramer test); ', vs. PLV
(unpaired Student’s ¢ test); ”, vs. 1.0 uM OM in Table 1 (unpaired Student’s  test). Single, double and triple symbols denote significant difference at p < 0.05, 0.01 and 0.001, respectively.
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