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This review focuses upon the implications of the Notch signaling pathway in muscular dystrophies, particularly Duchenne muscular dystrophy (DMD): a pervasive and catastrophic condition concerned with skeletal muscle degeneration. Prior work has defined the pathogenesis of DMD, and several therapeutic approaches have been undertaken in order to regenerate skeletal muscle tissue and ameliorate the phenotype. There is presently no cure for DMD, but a promising avenue for novel therapies is inducing muscle regeneration via satellite cells (muscle stem cells). One specific target using this approach is the Notch signaling pathway. The canonical Notch signaling pathway has been well-characterized and it ultimately governs cell fate decision, cell proliferation, and induction of differentiation. Additionally, inhibition of the Notch signaling pathway has been directly implicated in the deficits seen with muscular dystrophies. Here, we explore the connection between the Notch signaling pathway and DMD, as well as how Notch signaling may be targeted to improve the muscle degeneration seen in muscular dystrophies.
Keywords: notch, muscular dystrophy, muscle regeneration, satellite cell, muscle stem cell
INTRODUCTION
Muscular dystrophies are a group of inherited disorders that involve progressive muscle weakness and degeneration of skeletal muscle (Lovering et al., 2005). Duchenne muscular dystrophy (DMD) is one of the most severe forms of inherited muscular dystrophy, proving to be lethal in 100% of cases, and is also the most prevalent, with an incidence of one per 5,136 male births (Crisafulli et al., 2020; Yao et al., 2021). This qualifies it as one of the most widespread recessive disorders among the human population (Mah, 2016). Becker muscular dystrophy (BMD) is also prevalent, but somewhat less common and less severe (Duan et al., 2021). Since there is currently no cure for DMD, it is crucial that further research be done in order to identify and optimize potential treatments and therapies (Guiraud et al., 2015).
DMD is caused by mutations of the dystrophin/DMD gene, which is located at the Xp21 locus on the X chromosome (Venugopal and Pavlakis, 2022). Because DMD is an X-linked disorder, it almost exclusively affects males, with females acting as asymptomatic carriers (Crisafulli et al., 2020). The dystrophin gene is the largest known human gene, containing 79 exons and spanning >2,200 kb (Gao and McNally, 2015). Secondary to its large size is its complex mutational spectrum; it has a high spontaneous mutation rate and there are >7,000 known mutations of the gene, with 1/3 of DMD cases resulting from sporadic mutations (Mah, 2016; Venugopal and Pavlakis, 2022). In current research, mutation rate is the probability that a unit length of DNA will mutate over time. Thus, the dystrophin gene has a high mutation rate, in part due to its huge gene size (Balin and Cascalho, 2010).
Deletion mutations account for 60%–70% of DMD cases, and point mutations and exonic duplications are also common (Gao and McNally, 2015; Duan et al., 2021). Dystrophin codes for the protein dystrophin, whose production can be limited and even eliminated by dystrophin mutation (Duan et al., 2021; Yao et al., 2021). Out-of-frame dystrophin mutations or premature stop-codon mutations typically lead to complete loss of the dystrophin protein and are more severe, while in-frame mutations that lead to the synthesis of a partially functional truncated protein produce milder forms of muscular dystrophy, such as BMD (Mah, 2016; Duan et al., 2021).
Dystrophin is located at the sarcolemma (cell membrane) of skeletal muscle cells and cardiomyocytes, interacting with a group of peripheral membrane and transmembrane proteins to form the dystrophin-associated glycoprotein complex (DGC) (Jiang et al., 2014). In healthy muscle, the DGC provides structural stability to skeletal and heart muscle, participates in transmembrane signaling, and plays a role in the vasomotor response to physical activity (Mah, 2016). In dystrophic muscle, however, loss of dystrophin diminishes the DGC, leading to weakness of the cytoskeleton, sarcolemmal lesions, and increased membrane fluidity (Wilschut et al., 2012; Venugopal and Pavlakis, 2022). This causes abnormal calcium influx and inflammation, which has catastrophic ramifications including the altered composition of structural glycoproteins in the extracellular matrix, activation of proteases and proinflammatory cytokines, ischemic injury, oxidative and nitrosative stress, and mitochondrial dysfunction (Duan et al., 2021). As a result of this loss in myofiber integrity, resident muscle stem cells undergo fibrogenesis rather than myogenesis, causing aberrant collagen deposition and subsequent necrosis (Wilschut et al., 2012; Kornegay, 2017). Through repeated cycles of necrosis and regeneration, muscle is gradually replaced with fibrous connective tissue and fat, producing the phenotypic characteristics of DMD (Venugopal and Pavlakis, 2022).
Skeletal muscle regeneration is carried out by the proliferation of quiescent muscle satellite cells (muscle stem cells) and the differentiation of myofibers. Activation of the Notch pathway is required to maintain the quiescent state of muscle satellite cells, and disruption of the Notch pathway leads to disruption of muscle satellite cell maintenance, thereby impairing muscle regeneration. Hence, disruption of the Notch pathway is one of the mechanisms of skeletal muscle disease. Currently, three muscle disease genes that interact with the Notch pathway have recently been identified—Jag2, MEGF10, and POGLUT1—whose mutation has been noted in muscular dystrophies. This review introduces the pathogenesis and treatment strategies for DMD, and discusses the biology of the Notch pathway and genetics in muscular dystrophies.
Pathology of DMD
DMD symptoms occur as early as 2–3 years of age and the disorder causes death prior to the third or fourth decade of life, usually around ages 19–25 (Mah, 2016; Duan et al., 2021; Iftikhar et al., 2021). DMD initially presents with symptoms of difficulties climbing stairs, a waddling gait, toe walking, Gowers’ sign, and frequent falls (Birnkrant et al., 2018b; Duan et al., 2021). The physiological presentation of DMD goes on to primarily include progressive muscle degeneration, proximal weakness, and joint contractures (Mah, 2016; Coppens et al., 2021). Due to this, DMD patients are typically wheelchair-dependent by 10–12 years of age (Duan et al., 2021). DMD eventually brings about numerous secondary complications, including scoliosis, respiratory insufficiency, and cardiac issues (Mah, 2016). Dilated cardiomyopathy, myocardial necrosis, conduction defects, and arrhythmias are very common as well, with cardiorespiratory failure being the leading cause of mortality in DMD patients (Mah, 2016; Yao et al., 2021). This can be attributed to the absence of dystrophin in cardiomyocytes, which causes a loss of contractile function (Yucel et al., 2018). Additionally, though most DMD patients do not fit the criteria for intellectual disability, most do have some degree of cognitive impairment (Yucel et al., 2018). Many DMD patients do have a below-average IQ, as studies have reported that 20% of DMD patients have an IQ lower than 70 and 44% of DMD patients have learning disabilities (Yucel et al., 2018; Mohamadian et al., 2022). DMD patients also have been shown to be at increased risk for neurobehavioral comorbidities, such as attention-deficit/hyperactivity disorder, autism spectrum disorder, epilepsy, and anxiety (Mohamadian et al., 2022). There has been a suggestion of genotype-phenotype association with regards to dystrophin mutation and neurodevelopmental manifestations, as Ricotti et al. found that patients with distal mutations in the dystrophin gene were more likely to have neurodevelopmental problems, intellectual disability, memory deficits, and decreased grey matter volume. However, this study also demonstrated that emotional and behavioral problems were equally distributed among patients with proximal versus distal dystrophin mutations, calling into question this genotype-phenotype association (Ricotti et al., 2016). Cognitive impairments seen in DMD patients have typically been thought of as non-progressive, though recent studies have suggested otherwise (Bagdatlioglu et al., 2020). Studies in a mouse model of DMD have demonstrated that long-term memory and anxiety behaviors do worsen with age, which indicates that dystrophin deficiency causes progressive cognitive impairment greater than that naturally seen with aging, and furthermore that the reduced life expectancy of human DMD patients may mask their potential for progressive cognitive impairment (Bagdatlioglu et al., 2020).
DMD is medically evaluated in several manners, including via laboratory work, muscle biopsy, gene analysis, electromyography, and cardiac testing (Venugopal and Pavlakis, 2022). The possibility of newborn screening has been extensively discussed, and a recent survey revealed that most DMD physicians would see a benefit in newborn screening and feel that the DMD care community is ready for this (Armstrong et al., 2022). This may be of greatly advantageous, as the majority of DMD physicians also indicated that they would recommend initiating therapies much earlier than the typical age at which DMD is currently diagnosed (Armstrong et al., 2022). However, this has not yet become standard (Birnkrant et al., 2018b). The diagnosis of DMD is usually confirmed after symptoms are present via a laboratory test for serum creatine kinase (CK), a muscle enzyme that, when elevated, reflects ongoing muscle damage (Duan et al., 2021). Serum CK is often elevated in DMD patients before the development of clinical symptoms, as levels peak by age two and its level is typically 10–20x greater than the upper limit of normal (Venugopal and Pavlakis, 2022). Other muscle enzymes, including aldolase, alanine transaminase (ALT), and aspartate aminotransferase (AST), are often elevated as well, though not used as a diagnostic measure (Duan et al., 2021). Though serial muscle biopsies from DMD patients are not usually necessary for diagnosis, they do reveal multiple dystrophic changes, which include disorganization, scattered degeneration, connective tissue proliferation, inflammation, muscle fiber necrosis, and extensive deposits of adipose tissue in place of muscle (Guiraud et al., 2015; Coppens et al., 2021; Venugopal and Pavlakis, 2022). Gene analysis of DMD patients shows a complete absence of the dystrophin gene, and dystrophin immunoblotting may be utilized in order to predict the severity of the disease (Venugopal and Pavlakis, 2022). In examining muscles, electromyography can detect nonspecific myopathic features associated with muscular dystrophy (Venugopal and Pavlakis, 2022). Finally, cardiac testing is used to evaluate for complications frequently seen with DMD; electrocardiogram reveals characteristic changes, telemetry identifies conduction abnormalities, and echocardiogram shows evidence of dilated cardiomyopathy, which is present in nearly all DMD patients by the time they reach their twenties (Venugopal and Pavlakis, 2022).
CURRENT TREATMENT FOR DMD
Despite its prevalence and severity, there is currently no cure for DMD and most available therapies simply act to manage symptoms and prolong ambulation and lifespan (Birnkrant et al., 2018b; Yao et al., 2021). As laid out clearly in a multi-part review by Birnkrant et al., a multidisciplinary approach to treatment is critical, typically led by a neuromuscular specialist. Corticosteroids and supportive measures have remained the standard of care over the past 30 years, since the molecular basis of DMD was defined (Motohashi et al., 2019). Corticosteroids, usually prednisone or deflazacort, are typically initiated around 4–5 years of age and provide numerous benefits for DMD patients, including deceleration of myofiber necrosis, improved pulmonary function, delayed development of scoliosis, prolonged independent ambulation, reduced progression of cardiomyopathy, improved mortality, and stabilization of muscle strength and function (Mah, 2016; Birnkrant et al., 2018b; Iftikhar et al., 2021; Venugopal and Pavlakis, 2022). That said, there is a slew of adverse side effects associated with corticosteroid use, including short stature, obesity, and cataracts, deeming it a suboptimal treatment (Mah, 2016). Corticosteroids also greatly increase the probability that DMD patients develop osteoporosis and skeletal fractures, including vertebral compression fractures, for which they are already at an elevated risk (Birnkrant et al., 2018a). Corticosteroid treatment is typically supplemented by supportive interventions that act to prolong survival and lessen symptom severity. To account for cardiac troubles, DMD patients are typically treated with angiotensin-converting enzyme (ACE) inhibitors and beta-blockers in order to slow the progression of cardiomyopathy and attempt to prevent heart failure (Venugopal and Pavlakis, 2022). It is recommended that spirometry be initiated when the patient is 5–6 years old, and noninvasive positive pressure ventilation and effective airway clearance are used to manage respiratory issues (Mah, 2016; Birnkrant et al., 2018a). Orthopedic management and physiotherapy are employed with the primary goals of minimizing joint contractures, maintaining a straight spine, and promoting bone health (Birnkrant et al., 2018a). Finally, endocrine and gastrointestinal management are also crucial to the appropriate treatment of DMD patients (Birnkrant et al., 2018b).
Recent scientific advances have garnered the potential for novel therapies to fight numerous neuromuscular diseases, including DMD. Currently, many therapeutic approaches aim to rescue dystrophin expression in skeletal muscle with hopes of improving function in dystrophic muscle, promoting muscle hypertrophy, and reducing muscle wasting (Cossu and Sampaolesi, 2007; Vieira et al., 2015). The goal of these therapies is not to cure DMD, but rather to improve severe DMD phenotypes to mimic more mild phenotypes, similar to BMD (Tominari and Aoki, 2022). A common limitation in the quest for effective DMD therapies is that there is no specific set of recommended or required outcome measures, making goals ambiguous (Shimizu-Motohashi et al., 2019). With regard to rescuing dystrophin expression, the level of dystrophin required for clinical efficacy has remained unclear; while restoring 15%–20% of normal dystrophin levels in mouse models has shown improvement, 33%–40% has been reported as necessary for improvement in dog models (Sun et al., 2020). In humans, restoring 30% of normal dystrophin levels has been suggested as the standard for notable improvement (Sun et al., 2020). However, the relevance of this is still unknown, as some patients with low levels of dystrophin have been shown to maintain relatively normal muscle function, and studies in DMD patients that have extremely low but still detectable levels of dystrophin have suggested that even a small amount of dystrophin protein can mitigate skeletal muscle deficits (Nakamura et al., 2016; Waldrop et al., 2018).
Leading approaches in novel DMD therapies thus far have been gene-based, including gene replacement, endogenous gene repair, exon skipping, and read-through therapies (Yao et al., 2021). Multiple issues with these techniques have arisen, including immune response to the vector, difficulty delivering genes to post-mitotic muscle fibers, and the fact that many of these techniques only have potential for treating DMD patients with particular genetic mutations, of which there are several (Cossu and Sampaolesi, 2007; Iftikhar et al., 2021). Other methods being explored include upregulation of utrophin, inhibition of histone deacetylase, antagonization of the myostatin pathway, and increased angiogenesis (Cossu and Sampaolesi, 2007; Verma et al., 2018; Sun et al., 2020). Agents have also been explored in order to target downstream pathological changes seen in DMD, such as fibrosis, inflammation, ischemia, oxidative stress, loss of calcium homeostasis, and muscle atrophy (Yao et al., 2021). Though exon-skipping and read-through therapies in particular have shown promise, they have their drawbacks and other approaches have shown limited success in preclinical and clinical trials thus far; therefore, there is a distinct need for further research and development.
Of note, several model organisms have been used to study DMD and potential therapies, the most common of which is the mdx mouse. The mdx mouse has a mutation in the dystrophin gene itself, similar to human DMD patients (Yucel et al., 2018). However, mdx mice do not exhibit a shortened lifespan, severe muscle degeneration, or other key features of DMD, such as cardiomyopathy (Yucel et al., 2018; Gao et al., 2019). Their milder phenotype is likely attributable to the high regenerative capacity of mouse muscle, as well as the fact that utrophin is still active, whose expression may compensate for the lack of dystrophin (Plantié et al., 2015; Gao et al., 2019). The utrophin protein has a remarkably similar structure and function to dystrophin in linking the sarcolemma to the cytoskeleton, but is primarily expressed in skeletal muscle during fetal development and, in healthy muscle, is downregulated prior to birth (Yucel et al., 2018). Utrophin is usually upregulated in skeletal muscle when dystrophin is absent and has even been proposed as an alternative target protein to dystrophin, due to their similarities (Yao et al., 2021). However, due to key functional differences in the protein structure, utrophin cannot fully compensate for the loss of dystrophin in human DMD patients (Yucel et al., 2018). In order to account for this in murine models, double knockout (dKO) mice models have been utilized, which, in addition to knocking out dystrophin, also knock out one of a variety of genes that play important roles in myogenesis and muscle function (Yucel et al., 2018). Namely, dystrophin/utrophin dKO mice have been employed in studies, as they more closely resemble the clinical manifestations of DMD and have been deemed more suitable for gene therapy testing (Gao et al., 2019). Furthermore, a golden retriever muscular dystrophy (GRMD) dog model has come into use, as it better aligns with the progressive course of human DMD than most mouse models (Kornegay, 2017). GRMD studies have not always substantiated findings in mdx mouse studies, and have also illuminated various side effects of potential treatments that are not seen in mdx mice (Kornegay, 2017). GRMD has also been crucial in investigating the speed of disease progression, as RNA sequencing has been employed to identify biomarkers for this (Brinkmeyer-Langford et al., 2018). Despite their utility, practical considerations do limit the use of GRMD models, especially dog availability and expense (Kornegay, 2017). Finally, drosophila and zebrafish models of DMD have been studied, as these organisms have modeled many human diseases over the last several decades and comparative genomic studies have demonstrated sequence conservation of dystrophin in both organisms (Plantié et al., 2015). In particular, zebrafish sapje mutants have been useful, as they contain a mutation at dystrophin and do not express compensatory utrophin, so they exhibit features more similar to human DMD pathology (Plantié et al., 2015).
SKELETAL MUSCLE REGENERATION
Because muscular dystrophies, including DMD, are characterized by progressive degeneration of skeletal muscle, the structure and function of skeletal muscle must be understood in order to develop effective therapeutic strategies. In humans, skeletal muscle comprises approximately 40% of total body weight (Frontera and Ochala, 2015). It is responsible for converting chemical energy into mechanical energy, hence generating force and power to produce movement and perform voluntary functions (Frontera and Ochala, 2015). Skeletal muscle is necessary for the maintenance of homeostasis and other bodily functions as well, including respiration and metabolic function (Joanisse et al., 2017; Sousa-Victor et al., 2022).
Skeletal muscle is heterogeneous tissue, composed of different types of muscle fibers (Joanisse et al., 2017). Its architecture involves a specific arrangement of these muscle fibers, along with surrounding connective tissue (Frontera and Ochala, 2015). Skeletal muscle fibers are formed through the fusion of single cells and contain several hundred post-mitotic nuclei in their mature form (Tedesco et al., 2010). This multinucleation presents a hurdle to the treatment of deficient skeletal muscle, as therapies face the task of restoring proper gene expression in hundreds of millions of post-mitotic nuclei (Tedesco et al., 2010).
Skeletal muscle tissue has the ability to regenerate new muscle fibers upon indication by homeostatic demand, hypertrophy, or need for repair secondary to injury, exercise, or disease (Tedesco et al., 2010; Sato et al., 2012). The regenerative capacity of skeletal muscle declines with aging (Sousa-Victor et al., 2022). The stem cells of postnatal muscle, known as satellite cells, are responsible for >99% of the regenerative potential of adult skeletal muscle (Conboy et al., 2003; Bröhl et al., 2012; Joanisse et al., 2017). Other progenitors, including pericytes, endothelial cells, and interstitial cells, have a limited amount of regenerative potential as well (Tedesco et al., 2010; Verma et al., 2018).
SATELLITE CELLS
Satellite cells are crucial to the regenerative capacity of skeletal muscle tissue; when they dysfunction, the skeletal muscle loses its regenerative ability, leading to the degeneration reminiscent of DMD (Asakura et al., 2002; Bröhl et al., 2012; Sato et al., 2012; Fuchs and Blau, 2020). During prenatal development, some muscle progenitor cells migrate into position as mononuclear cells between the basal lamina of the muscle fiber and its sarcolemma; these cells ultimately constitute the satellite cell pool and are defined by their unique molecular location (Tedesco et al., 2010; Wilschut et al., 2012). Satellite cells are mononuclear and comprise 2.5%–6% of all nuclei for any given skeletal muscle fiber (Tedesco et al., 2010). They play important roles both in establishing and growing muscle during development and in maintaining muscle in adults via regeneration (Bröhl et al., 2012). Satellite cells are distinct from other types of progenitors in that they are limited to myogenesis, rather than possessing a broader multilineage differentiation potential (Asakura et al., 2001; 2002; Wilschut et al., 2012).
Satellite cells can adopt several different states, including quiescence, activation, proliferation, and differentiation (Li et al., 2021). Initially, during the perinatal and postnatal periods, satellite cells are proliferative (Bröhl et al., 2012). Then, in healthy adult muscle, satellite cells maintain the essential feature of quiescence under homeostatic conditions (Bröhl et al., 2012). Quiescence is common to stem cells and is defined by reversible mitotic arrest: quiescent cells do not divide, but rather are still able to re-enter the cell cycle and proliferate upon stimulation (Bjornson et al., 2011). Quiescence permits self-renewal, allowing for the maintenance of stem cell populations throughout the lifetime of an animal (Bjornson et al., 2011). Furthermore, quiescence involves reduced metabolic activity, so that satellite cells are protected against endogenous stress from DNA replication and cellular respiration (Bjornson et al., 2011). On a genetic level, quiescent cells highly express the paired box 7 (Pax7) gene, which has been shown to be the most reliable marker for satellite cells (Mourikis et al., 2012; Fuchs and Blau, 2020; Starosta and Konieczny, 2021; Sousa-Victor et al., 2022). Mice null for Pax7 are notably deficient in satellite cells, and misregulation of Pax7 has been implicated in DMD (Gayraud-Morel et al., 2012; Coppens et al., 2021). Aside from satellite cells, Pax7 is not expressed by any other cell type in muscle tissue (Fuchs and Blau, 2020).
Upon injury or due to homeostatic demand, satellite cells leave their quiescent state, re-entering the cell cycle and downregulating Pax7 (Dumont et al., 2015; Kann et al., 2021). At this point, they instead express myogenic regulatory factors (MRFs), including Myf5 and MyoD, which promote cell activation and the cells become myoblasts, poised to regenerate muscle tissue (Mourikis et al., 2012; Wilschut et al., 2012; Sousa-Victor et al., 2022). MRFs are specifically expressed in skeletal muscle lineage, and when transfected into certain other cell types, MRFs can induce them to adopt a myogenic fate (Biressi et al., 2013). Cell ablation studies have demonstrated that Myf5 and MyoD can independently initiate myogenic differentiation, thus deeming them myogenic determination genes (Biressi et al., 2013). Myf5 is the first MRF to be expressed during mammalian development (Biressi et al., 2013). Though MyoD is only expressed in a small percentage of quiescent satellite cells, all progenitors of satellite cells transcribe MyoD prenatally and express it prior to the first cell division (Kanisicak et al., 2009; Gayraud-Morel et al., 2012). Other MRFs include Mrf4, which only acts as a determination gene during embryonic development, and myogenin, which is never co-expressed with Pax7 and acts as a differentiation factor downstream of MyoD and Myf5 (Kottlors and Kirschner, 2010; Gayraud-Morel et al., 2012; Biressi et al., 2013).
Importantly, the satellite cell population is heterogenous, and subpopulations serve distinct functions (Dumont et al., 2015). Some primarily perform asymmetric divisions, which are more prevalent during homeostasis in order to generate myogenic progenitors while maintaining the satellite cell pool (Dumont et al., 2015; Sousa-Victor et al., 2022). Others predominantly perform symmetric divisions, which are more common after indication by injury or breakdown, as they act to expand the satellite cell pool (Dumont et al., 2015; Sousa-Victor et al., 2022). Satellite cells maintain a dynamic balance between symmetric and asymmetric division in accordance with the present needs of the muscle, and which type of division that satellite cells undergo is primarily governed by two factors: polarity and orientation (Dumont et al., 2015). Asymmetric division is driven by unequal distribution of polarity proteins, specifically members of the Partitioning-defective protein (PAR) family, which establish cell polarity in several different cell types (Dumont et al., 2015). With regard to orientation, symmetric divisions typically occur in a planar orientation, while asymmetric divisions usually occur in an apical-basal orientation (Kuang et al., 2007). Furthermore, different subpopulations of satellite cells express genes associated with quiescence and myogenesis to varying degrees (Dumont et al., 2015). Though MyoD is consistently expressed in all activated satellite cells, there are populations of Myf5-positive and Myf5-negative satellite cells present in adult muscle; studies using fluorescent protein tagging have revealed that approximately 10% of satellite cells constitute a subpopulation that never expresses Myf5 during development (Kuang et al., 2007; Dumont et al., 2015; Sousa-Victor et al., 2022). Interestingly, these Myf5-negative cells have shown a greater ability to self-renew and are more stem-like as compared to their Myf5-positive counterparts (Kuang et al., 2007; Sousa-Victor et al., 2022). Also, satellite cells demonstrate Pax7 at different levels, and subpopulations of satellite cells that express higher levels of Pax7 are less prone to differentiation (Rocheteau et al., 2012). This is not surprising since Pax7 is so intimately associated with quiescence and proliferation.
The intrinsic regulatory mechanisms that govern quiescence, cell cycle progression, and cell fate determination of satellite cells are influenced by extrinsic cues (Mourikis et al., 2012; Dumont et al., 2015; Verma et al., 2018). These cues involve proximity to endothelial cells, as well as the specialized local niche between the myofiber sarcolemma and basal lamina in which satellite cells reside (Dumont et al., 2015; Verma et al., 2018). During quiescence, the basal lamina physically separates satellite cells from other local niche cells (Kann et al., 2021). Muscular injury induces changes in this niche, namely disruption of the basal lamina, which exposes satellite cells to the growth factors and signaling molecules that they are normally sequestered from (Kann et al., 2021). This external cue subsequently promotes satellite cell activation and proliferation.
SATELLITE CELLS AS A THERAPEUTIC TOOL FOR DMD
Though it has been established that satellite cells drive muscle regeneration and that impaired regeneration drives the phenotype of DMD, the specific role of satellite cells in this impaired regeneration has been disputed (Dumont and Rudnicki, 2016).
Some studies have reported that satellite cell number remains the same or is even elevated in dystrophic muscle as compared with age-matched controls (Kottlors and Kirschner, 2010; Jiang et al., 2014). Further, some studies have suggested that impaired regeneration occurs secondary to the surrounding pathogenic environment rather than intrinsic issues with the regenerative capacity of satellite cells (Boldrin et al., 2015). This would indicate that lack of satellite cells is not the culprit for impaired regeneration. Similarly, other studies have suggested that insufficient regeneration may be caused by failure of differentiation rather than a lack of self-renewal and proliferation (Kottlors and Kirschner, 2010). This presents a direct link between dystrophin deficiency and impaired regeneration, as dystrophin is crucial for defining cell polarity, which strongly influences whether satellite cell division is asymmetric or symmetric and subsequently whether differentiation and myogenesis occur (Chang et al., 2016; Dumont and Rudnicki, 2016). Dystrophin influences polarity by interacting with MARK2, a cell polarity-regulating kinase (Chang et al., 2016). When dystrophin is deficient in DMD muscle, there is reduced expression of MARK2, which leads to loss of PARD3 polarization, a member of the PAR family (Chang et al., 2016). Consequently, asymmetric satellite cell divisions wither, so fewer myogenic progenitors are produced and muscle regeneration is impaired (Chang et al., 2016; Dumont and Rudnicki, 2016). This link between dystrophin and polarity demonstrates a direct role for dystrophin in the loss of regenerative capacity seen in DMD, and supports the idea that exhaustion of the satellite pool may not be the cause for impaired regeneration.
On the contrary, several studies have indicated that satellite cell pool exhaustion precipitates loss of regenerative capacity, and satellite cells do remain a key target for therapies combatting DMD (Wilschut et al., 2012). Due to their constant activation in an attempt to compensate for the unrelenting muscle degeneration of DMD, the satellite cell pool becomes depleted in dystrophic tissue, leading to failure of muscle repair and accelerated disease progression (Morgan and Zammit, 2010; Sacco et al., 2010; Wilschut et al., 2012; Jiang et al., 2014; Mu et al., 2015). Hence, rescuing satellite cell functionality has been a key target for DMD therapies (Liu et al., 2021).
The year 1990 saw the first successful satellite cell transplant into a boy with DMD, which achieved dystrophin production (Law et al., 1990). Though clinical trials throughout the 1990s demonstrated safety, no significant functional benefit was identified (Cossu and Sampaolesi, 2007). Approaches to satellite cell transplantation are still being explored in order to account for their drawbacks. For example, the heterogeneity of cultured satellite cells makes them somewhat unreliable in transfer therapies, so they have been cultured in various systems or on different mediums in order to select satellite cells that can best survive, engraft, and repopulate (Sun et al., 2020). Due to the lack of adequate success with satellite cell transfer thus far, the quest for optimization of this approach persists.
Though satellite cells have been looked to as a superior option, as they have self-renewal capacity and differentiation potential, myoblast-transfer therapies have been explored as well, as they have a high ability to generate muscle fibers (Shimizu-Motohashi et al., 2019). Pioneer myoblast-transfer studies demonstrated that intramuscular injection of healthy myoblasts into mdx mice resulted in fusion with host fibers and extensive dystrophin production (Tedesco et al., 2010). These early suggestions of success led to several clinical trials in the early 1990s–2000s that unfortunately failed for various reasons, including poor survival, limited migration of donor cells after transplantation, and immune responses that caused the rejection of the donor cells (Tedesco et al., 2010; Shimizu-Motohashi et al., 2019). In the interim, numerous approaches with different transplantation techniques have been attempted to sidestep these concerns, including employing conditional proliferation-dependent suicide agents in order to combat the oncogenic potential of immortalized cells (Sun et al., 2020). However, ample success has not yet been achieved with myoblasts (Sakai et al., 2017).
In addition to satellite cells and myoblasts, several different myogenic progenitors have been investigated as potential candidates in transfer therapies as well, including mesenchymal stem cells, CD133+ cells, mesangioblasts, embryonic stem cells, and induced pluripotent stem cells (Sakai et al., 2017; Shimizu-Motohashi et al., 2019; Tominari and Aoki, 2022). Despite the established efficacy of exon-skipping and read-through therapies, cell transplantation therapies are applicable to more patients, as they are not specific to patients with certain types of mutations (Tominari and Aoki, 2022). Cell transfer therapies have both explored using genetically unmodified cells from healthy donors, which are mutation-free but carry a greater risk of immune reaction, and using autologous genetically-corrected cells, which require gene manipulation prior to transplantation but carry a much lower risk of immune reaction (Shimizu-Motohashi et al., 2019; Duan et al., 2021). Clinical trials in human patients thus far have primarily focused on cells from healthy donors, while preclinical trials in animals have employed the autologous genetically-corrected cell approach (Shimizu-Motohashi et al., 2019). As discussed with regards to satellite cell- and myoblast-transfer therapies, promise for these approaches has been demonstrated but they have not been overwhelmingly successful thus far.
NOTCH SIGNALING SYSTEM
Satellite cells are an important target to consider in novel therapies since their depletion is a strong potential cause for DMD progression. Therefore, it is essential that we deepen our understanding of the various pathways that regulate their function. One of these regulators is the Notch signaling system, whose dysfunction has been shown to specifically deplete satellite cells, as is seen in DMD (Jiang et al., 2014). The Notch signaling pathway is highly conserved in both vertebrates and invertebrates and regulates cell proliferation, cell fate decisions, and induction of differentiation (Bröhl et al., 2012; Sato et al., 2012; Starosta and Konieczny, 2021). The Notch pathway serves important roles in both embryonic development and in adults (Luo et al., 2005). During development, Notch signaling is crucial for formation of healthy muscle, as elimination of the pathway has been shown to lead to premature differentiation of myogenic progenitors and ultimately to the development of small and weak muscle groups (Bröhl et al., 2012; Mourikis et al., 2012). Furthermore, embryonic knockouts of various components of the Notch pathway genes have been shown to be lethal in mice, deeming it essential for embryonic development (McIntyre et al., 2020). In adults, Notch signaling is crucial for tissue renewal and maintenance in multiple organ systems, with one of its primary roles being regulation of myogenesis and the regeneration of skeletal muscle tissue (Conboy and Rando, 2002; Sato et al., 2012; Coppens et al., 2021). With old age, Notch signaling decreases in skeletal muscle, leading to an age-related decline in the proliferative ability of satellite cells and subsequently to lower regenerative potential (Conboy et al., 2003). The pathway is context-dependent, altering based on factors such as cell type, timing, and mode of signaling, so that it can respond to the current needs of the organism (Kuroda et al., 1999).
In order to promote the regeneration of skeletal muscle in the adult, Notch signaling regulates satellite cells by suppressing myogenic differentiation (Mourikis et al., 2012). When Notch is inactivated, MyoD activates satellite cells causing their differentiation. However, activated Notch promotes the expression of Hes and Hey family genes, particularly Hes1, Hey1, and HeyL (Sakai et al., 2017; D’Souza et al., 2008). These genes suppress MyoD, and therefore suppress differentiation while promoting satellite cell proliferation and self-renewal in order to maintain the satellite cell pool, as depicted in Figure 1 (Gioftsidi et al., 2022). Maintenance of the satellite cell pool then augments the regenerative ability of the skeletal muscle. Unsurprisingly, active Notch signaling is associated with the maintenance of quiescence; in quiescent satellite cells, Notch signaling is high and Notch target genes are more highly expressed to promote self-renewal and proliferation, whilst MyoD and differentiation are suppressed (Fukada et al., 2007; Bjornson et al., 2011; Baghdadi et al., 2018; Kann et al., 2021; Sousa-Victor et al., 2022). Several studies in both mdx mice and in satellite cell-derived myoblasts have also demonstrated that constitutive Notch activation upregulates Pax7, which is associated with satellite cell quiescence and self-renewal (Wen et al., 2012; Jiang et al., 2014).
[image: Figure 1]FIGURE 1 | Notch signaling induces proliferation of satellite cells. Expression of MyoD causes activation, cell the proliferation and differentiation of satellite cells, so they ultimately cease cell division and differentiate into myocytes. Activated Notch signaling results in the expression of Notch target genes Hes1, Hey 1, and HeyL, which inhibit the transcription of MyoD. Without MyoD, satellite cells predominately proliferate rather than differentiate, and ultimately self-renew to return to quiescent cells.
It should be noted that Notch signaling plays a role in muscle cells beyond just satellite cells, as well. Importantly, Notch1 may be activated in myotubes, which serves to upregulate the expression of Notch ligands and enhance the regenerative capacity of adjacent satellite cells (Bi et al., 2016). This aspect enhances the ability of myotubes as a stem cell niche. Furthermore, it has been shown that in disuse and diabetes, multinucleated myofibers express Notch2 via activation by the Notch ligand Dll4 from the microvascular endothelium (Fujimaki et al., 2022). This ultimately leads to the progression of muscle atrophy seen in these conditions, making it a therapeutic target (Fujimaki et al., 2022).
NOTCH SIGNALING SCHEME
A molecular scheme for the Notch signaling pathway has been established, lending insight into ways in which it can be targeted in therapies. Notch receptors are large type I transmembrane proteins comprised of an extracellular domain, a single transmembrane domain, and an intracellular region (Figure 2; Sato et al., 2012). There are four different Notch receptors in humans, Notch1-4, which are structurally distinct. Their extracellular domain includes a signal peptide, 29–36 epidermal growth factor (EGF) repeats, three conserved cysteine-rich Lin12-Notch repeats (LNR), and a heterodimerization domain (HD); together, the LNR and HD constitute the negative regulatory region (NRR), which keeps the receptor “off” when there are no ligands present (Sato et al., 2012). The Notch intracellular domain (NICD) consists of a recombining binding protein - J (RBPJ) association module domain (RAM), nuclear localization signals (NLS), seven ankyrin repeats (ANK), a transcriptional activation domain (TAD), and a C-terminal proline-glutamic acid/serine threonine-rich motif (PEST) (Sato et al., 2012). Importantly, Notch3 and Notch4 lack a TAD (Fujimaki et al., 2017).
[image: Figure 2]FIGURE 2 | Structures of the four Notch receptors. The four Notch receptors identified in humans are depicted with their structural components: SP, signal peptide; EGF, repeats indicated by the number below; LNR, LIN12-Notch repeats; HD, heterodimerization domain; NRR, negative regulatory region; TMD, transmembrane domain; RAM, RBPJ-associated module; NLS, nuclear localization signal; ANK, ankyrin repeats; TAD, transcriptional activation domain; PEST (proline/glutamic acid/serine threonine-rich motif), and NICD, Notch intracellular domain. Purple dumbbells represent surrounding membrane phospholipids.
Like Notch receptors, Notch ligands are also type 1 cell surface proteins with multiple tandem EGF repeats in their extracellular domains (Figure 3; D’Souza et al., 2008). There are five Notch ligands in humans, Jagged1, 2 (Jag1, 2) and Delta-like 1, 3, and 4 (Dll1, 3, 4), which each have unique structures. Notch ligands are presented on neighboring niche cells and activate Notch receptors through a juxtracrine pathway (Coppens et al., 2021; Kann et al., 2021). Of note, there has been evidence to demonstrate cis-inhibitory interactions between Notch ligands and receptors located on the same cell (Coppens et al., 2021).
[image: Figure 3]FIGURE 3 | Structures of the five Notch ligand proteins. The five Notch ligands identified in humans are depicted with their structural components: SP, signal peptide; MNNL, modular N-terminal Notch ligand; DSL, Delta, Serrate, and LAG-2 domains; EGF, repeats indicated by number below; and CR, cysteine-rich domain. Purple dumbbells represent surrounding membrane phospholipids.
After the ligand binds to the extracellular domain of the Notch receptor, a signal transduction cascade is initiated, known as the canonical Notch signaling pathway, depicted in Figure 4 (McIntyre et al., 2020). Initially, the receptor undergoes a series of proteolytic cleavages, first by an ADAM-family metalloproteinase in the extracellular domain and then by γ-secretase in the transmembrane region, in order to ultimately liberate the Notch intracellular domain (NICD) (McIntyre et al., 2020). This step presents an opportunity for regulation of the Notch pathway; if cells are treated with DAPT, γ-secretase is inhibited, NICD will therefore not be liberated, and transcription of target genes will not be activated (Dong et al., 2021). Once liberated under normal conditions, NICD translocates to the nucleus and associates with a DNA-binding protein that includes RBPJ (Nandagopal et al., 2018; Kann et al., 2021). Of note, RBPJ is also known as the CSL (CBF1/Suppressor of Hairless/LAG-1) (McIntyre et al., 2020). Without NICD, RBPJ binds transcriptional corepressors to inhibit the transcription of target genes (Bjornson et al., 2011). When NICD is present, it binds RBPJ, displaces the corepressors, and recruits coactivators, including Mastermind (Mastermind-like in mammals) and histone acetyltransferases to assemble a transcriptional complex and activate transcription of Notch target genes, including Hes1, Hey1, and HeyL (Figure 1, 2; McIntyre et al., 2020; D’Souza et al., 2008; Bröhl et al., 2012; Sato et al., 2012; Baghdadi et al., 2018). Intracellular Notch activity is regulated by protein turnover that occurs at the PEST at the C-terminal domain of the NICD, as the NICD rapidly degrades when targeted by ubiquitylation (Andersson et al., 2011).
[image: Figure 4]FIGURE 4 | Activation of Notch signaling in satellite cells by neighboring niche cells. Notch receptors expressed in satellite cells are activated by interaction with Notch ligands, such as Dll4, on neighboring niche cells. The Notch receptor is cleaved by ADAM17 and γ-secretase, liberating the Notch Intracellular Domain (NICD). The NICD translocates into the nucleus, associates with RBPJ, and recruits transcriptional coactivators, including Mastermind (MAML) and histone acetyltransferases (HAT). This complex promotes the activation of Notch target genes Hes1, Hey1, and HeyL.
VARIOUS NOTCH RECEPTORS AND LIGANDS
Multiple studies have demonstrated that the Notch receptors and ligands are not functionally equivalent, having varied downstream effects on self-renewal, proliferation, and differentiation of satellite cells (Preuße et al., 2015; Nandagopal et al., 2018). These differences are important to understand, especially when considering how to optimally target Notch in novel therapies.
With regards to receptors, prior studies have demonstrated that Notch1 and Notch3 have different and even contradictory roles, with Notch3 acting as a repressor for Notch1 (Low et al., 2018). Whereas activity of the canonical Notch signaling pathway typically leads to an increase in proliferation of satellite cells, experiments have shown that cells only expressing Notch3 proliferate less than controls and, similarly, that deficiency of Notch3 even leads to increased muscle regeneration and higher numbers of satellite cells (Kitamoto and Hanaoka, 2010). Additionally, Fujimaki et al. demonstrated that knockout of either Notch1 or Notch2 in satellite cells in mice prevents proliferation and self-renewal, indicating that they are necessary for the maintenance of the satellite cell pool and adult muscle regeneration (Fujimaki et al., 2017). On the contrary, mice deficient in Notch3 were viable and fertile, and even exhibited elevated numbers of quiescent satellite cells and greater proliferative ability, again suggesting that Notch3 acts to negatively regulate satellite cell proliferation (Fujimaki et al., 2017).
Numerous studies have specifically evaluated the ability of ligands Dll1, Dll4, Jag1, and Jag2 to induce Notch signaling, with results proving to be somewhat contradictory (Sakai et al., 2017). In human cells, in vitro studies have shown that Dll4 and Jag1 more strongly induce Notch signaling than does Dll1 (Sakai et al., 2017). Moreover, differences between Dll1 and Dll4 have been identified with respect to both the manner in which they activate Notch1 and their downstream effects, and it has been established that they are unable to replace the function of one another in many tissues (Preuße et al., 2015). First, Dll4 is presented to satellite cells by adjacent myofibers during quiescence, whereas Dll1 is expressed by differentiating cells that provide a self-renewing signal during regeneration (Yartseva et al., 2020; Kann et al., 2021). Second, Dll1 and Dll4 activate Notch1 in distinct manners: Dll1 activates Notch1 in discrete, frequency-modulated pulses, while Dll4 activates Notch1 in a sustained, amplitude-modulated manner (Nandagopal et al., 2018). Satellite cells are able to discriminate between these two types of signals using dynamics, with the Dll1 signal primarily upregulating Hes1 and the Dll4 signal primarily upregulating Hey1 and HeyL (Nandagopal et al., 2018; Zhang et al., 2021). Different ligands also affect satellite cell activity differently in distinct environments as a stem cell niche. Recent work has demonstrated that proximity to blood vessels is associated with satellite cell self-renewal as a vascular niche, specifically when Dll4 induces quiescence, therefore creating a vascular niche for satellite cell maintenance (Verma et al., 2018).
NOTCH SIGNALING IN DMD
The absence of Notch signaling precipitates impaired muscle regeneration and phenotypic characteristics reminiscent of DMD (Siebel and Lendahl, 2017). Lin et al. showed that conditional knockout mice whose endogenous Notch signaling was blocked in the satellite cell compartment acquired several features of muscular dystrophy, namely impaired muscle regeneration (Lin et al., 2013). Furthermore, inhibition of Notch signaling in satellite cells led to reduced self-renewal capacity and proliferation as well as increased differentiation of myoblasts, which together exhaust the satellite cell pool (Lin et al., 2013; Verma et al., 2018; Fiore et al., 2020). Together, these results suggest that Notch signaling promotes processes necessary for muscle tissue regeneration, and it is thus likely that impaired Notch signaling contributes to the pathogenic mechanisms of DMD (Tables 1, 2). On that note, insufficient Notch signaling has been directly implicated in DMD, as recent works demonstrated that DMD muscle tissue contains decreased Notch signaling (Table 1; Church et al., 2014; Starosta and Konieczny, 2021), although an earlier work showed upregulation of Notch signaling genes in mdx mice (Table 1; Turk et al., 2005). Jiang et al. showed that satellite cells in the skeletal muscle of mdx mice exhibit reduced expression of multiple Notch receptors, ligands, and target genes such as Hes1, Hey1 and HeyL (Table 1; Jiang et al., 2014). Matrix metalloproteinase-9 (MMP9) is an extracellular protease involved in tissue remodeling, inflammation, and development of interstitials in skeletal muscle (Hindi et al., 2013). Gene knockout of Mmp9 increases the expression of Notch ligands and receptors, and Notch target genes in skeletal muscle of mdx mice, and dramatically improves myopathy and augments myofiber regeneration in mdx mice (Table 1; Hindi et al., 2013).
TABLE 1 | Aberrant expression of Notch signaling genes in muscular dystropjy.
[image: Table 1]TABLE 2 | Phenotypical changes of muscular dystrophy via modulation of Notch signaling.
[image: Table 2]Fiore et al. demonstrated that loss of or pharmacological inhibition of protein kinase C-θ (PKCθ), which modulates various signaling pathways in muscle, led to increased Notch signaling in mdx mice, and consequently improved muscle regeneration and reduced muscle wasting. This study also noted that inhibition of PKCθ acted to upregulate the expression level of Pax7 and Notch1; together, these results demonstrate an avenue for increasing Notch pathway activity to ameliorate the DMD phenotype (Table 1; Fiore et al., 2020).
Specific components of the Notch pathway, namely ligands Jag1 and Jag2, have been implicated in the dysfunction seen in muscular dystrophy. One large study identified the over-representation of pathogenic Jag2 variants in patients with genetically-unsolved muscular dystrophy (Table 2; Coppens et al., 2021). Also, the downregulation of Jag2 in murine myoblasts has been connected with the downregulation of other components of the Notch pathway, suggesting its importance (Coppens et al., 2021). Jag1 has been closely tied to DMD, especially in a GRMD DMD model dog (Table 2; Vieira et al., 2015). Whole genome studies have uncovered an SNP in the promoter region of GRMD Jag1 that creates a novel myogenin binding site (Vieira et al., 2015; Gioftsidi et al., 2022). This allows for greater expression of Jag1 via myogenin, a transcription factor in the MyoD family, which leads to greater proliferative potential (Vieira et al., 2015; Gioftsidi et al., 2022). Not only has greater proliferative capacity been observed with overexpression of Jag1, but this intervention can even ameliorate the DMD phenotype in GRMD, marking it as a potential therapeutic target and indicating that Jag1 may act as a genetic modifier of DMD (Vieira et al., 2015; Gioftsidi et al., 2022). Similarly, overexpression of Jag1 in the sapje, a zebrafish model of DMD, produced a fiber organization resembling the wild-type phenotype (Vieira et al., 2015; Gioftsidi et al., 2022).
Despite promising evidence for restoration of Notch signaling or upregulation of components of the Notch pathway to benefit DMD, other reports have been inconsistent. In one study, genes for Notch signaling were downregulated in mdx satellite cells and Notch1 activation was sufficient to rescue the self-renewal deficiencies of mdx satellite cells, but failed to improve muscle pathology (Tables 1, 2; Jiang et al., 2014). Another study concluded that though Notch inhibition does produce slight functional defects in dystrophic muscle, Notch activation does not significantly improve muscle regeneration in mouse models (Table 2; Church et al., 2014). So, despite some promising experiments, further research is needed to clearly elucidate the link between muscular dystrophy and Notch signaling and set the stage for effective therapies.
To add to these contradictory findings, some studies have found overexpression of Notch signaling to actually be associated with the DMD phenotype, whereas deficiency of Notch signaling is usually thought to precede the satellite cell pool depletion implicated in DMD (Mu et al., 2015). Studies in dystrophin/utrophin dKO mice have exhibited sustained inflammation, impaired muscle regeneration, and rapid depletion and senescence of satellite cells associated with overactivation of Notch signaling genes (Table 1; Mu et al., 2015). The reasoning for this is that Notch signaling may repress myogenesis, which causes it to adversely affect muscle regeneration (Mu et al., 2015). Subsequent experiments showed that intramuscular injection of DAPT, a γ-secretase inhibitor, acted to inhibit Notch signaling and consequently upregulated expression of Pax7 and MyoD, and also improved the histopathology of dystrophic muscle (Table 2; Mu et al., 2015). This suggests that activated Notch signaling may participate in the pathology of DMD, and that downregulation of Notch may be an effective therapeutic approach (Mu et al., 2015). Importantly, these experiments utilized dKO mice, rather than the mdx mouse model that has been more frequently employed. It has been suggested that findings in dKO mice may more accurately reflect phenomena in human DMD, as these models more accurately mimic DMD pathology (Gao et al., 2019).
Notably, overexpression of Notch exhibits context-dependent effects, depending upon whether it is induced in satellite cells or in differentiated cells (Table 2; Bi et al., 2016). For example, Bi et al. found that overexpression of Notch signaling in satellite cells causes dedifferentiation into quiescent satellite cells, which causes defects in muscle growth and regeneration. However, myotube-specific constitutive Notch activation actually improves regeneration in aged and dystrophic muscles (Table 2; Bi et al., 2016).
With regards to DMD treatment development, Notch signaling has been targeted in prior attempts at transplant-based therapeutic approaches. For instance, for engraftment to be successful, cells must be expanded ex vivo since a single donor muscle biopsy does not provide enough cells to meaningfully affect the muscle mass of a DMD patient (Parker et al., 2012). The way in which satellite cells are cultured meaningfully affects their effectiveness after transplant for the repair of dystrophic muscle (Parker et al., 2012; Parker and Tapscott, 2013). Studies have demonstrated that ex vivo expansion on tissue culture plates coated with Dll1-IgG fusion protein inhibits differentiation and increases levels of genes normally expressed in satellite cells, which leads to more effective engraftment and regeneration (Parker et al., 2012; Parker and Tapscott, 2013). Therefore, approaches incorporating components of the Notch pathway may be beneficial in transplant-based therapies.
Furthermore, therapeutic applications of the Notch pathway have been explored with regard to other topics in developmental and cancer biology (Zohorsky and Mequanint, 2021). Some studies have tried delivering soluble ligands in an attempt to activate Notch signaling, though these attempts have been largely unsuccessful (Zohorsky and Mequanint, 2021). Hence, the focus is being directed to the embedded and immobilized delivery of Notch ligands in order to facilitate activation of the endogenous pathway (Zohorsky and Mequanint, 2021). Thus far, Notch ligands have been immobilized to two-dimensional surfaces to examine the behavior of various cell types, including satellite cells (Parker et al., 2012; Safaee et al., 2017; Zohorsky and Mequanint, 2021). This idea has been employed in practice to respond to several maladies. For instance, one study found that the delivery of Jag1 to wounds was able to enhance wound healing (Chigurupati et al., 2007). Another found that delivery of Jag1-containing hydrogels inhibited myofibroblast differentiation in order to counteract cardiac fibrosis and expedite cardiac repair (Boopathy et al., 2015). Utilizing a different approach, another group found that implementing soluble Jag1 via stents could inhibit Notch signaling and subsequently prevent restenosis in vein grafts (Zhou et al., 2015). Hence, research thus far has demonstrated success in targeting the Notch pathway via multiple approaches in order to achieve varied goals, suggesting promise for targeting the Notch pathway in DMD treatments. It should be noted that the Notch pathway has been successfully targeted in cancer therapies as well, given the wealth of Notch research done through the lens of cancer biology and the implication of abnormal activation and expression of the Notch pathway in cancers, especially breast cancer and liver cancer (Zhang et al., 2019; Jia et al., 2021). Over the past 10 years, several new classes of drugs have emerged to therapeutically target Notch in cancer, acting to limit Notch signaling to reduce the pathway’s pro-oncogenic effects (Moore et al., 2020). Delivery of γ-secretase inhibitors such as DAPT has been effective, as well as receptor/ligand antibodies and Notch transcription complex inhibitors (Moore et al., 2020; Jia et al., 2021). A pro-inflammatory cytokine, IL-1β, is known to promote cell cycle progression of non-dystrophic myogenic cells but not DMD myogenic cells. Jag1, which is induced by IL-1β in DMD but not by normal cells, reduces the proliferation and differentiation of myogenic cells. Therefore, up-regulation of Jag1 by IL-1β plays a crucial role in the loss of muscle regeneration capacity of DMD muscles (Table 2; Nagata et al., 2017). Finally, inhibition of Notch and TGF-β promotes myogenic differentiation of human DMD-derived induced Pluripotent Stem Cells (iPSCs) (Table 2; Choi et al., 2012). With respect to muscular dystrophy treatment, the opposite approach would likely be taken, attempting to increase Notch activity rather than decrease it as is done in cancer treatments.
Finally, mutations in several components of the Notch pathway have been implicated in other various hereditary disorders, in addition to muscular dystrophies (Table 2). Missense mutations in Notch ligands Jag1, Dll1, and Dll4 have been linked to Alagille syndrome I (ALGS), nonspecific neurodevelopmental disorders, and Adams-Oliver Syndrome 6 (AOS6), respectively (Coppens et al., 2021). CGG repeat expansions in the noncoding region of the NOTCH2NLC gene, a Notch inhibitor (Fiddes et al., 2018), can enhance Notch signaling. These expansions have been associated with several diseases, including multiple system atrophy (MSA), leukoencephalopathy, and forms of dementia including Alzheimer’s disease and frontotemporal dementia (Fiddes et al., 2018; Ogasawara et al., 2020). CGG repeats of NOTCH2NLC have also been implicated as a causative factor in neuronal intranuclear inclusion disease (NIID) and oculopharyngodistal myopathy (OPDM), both neurodegenerative diseases that involve progressive muscle weakness (Table 2; Ogasawara et al., 2020). Moreover, mutations at splice sites in different Notch receptors and ligands have also been shown to influence Notch signaling and have been implied in various pathologic phenotypes (Vargas-Franco et al., 2022). The splicing mechanism is somewhat unclear, though one study linked hnRNPL, a splicing regulator, to the Notch signaling pathway in several ways; overexpression of a partner of hnRNPL in zebrafish has been shown to destabilize the NICD and inhibit Notch signaling, studies in mice demonstrated that hnRNPL level is increased when Dll3 (a Notch inhibitory ligand) is lost, the fly homolog of hnRNPL (smooth) genetically modifies Notch, and hnRNPL downstream RNA targets include multiple components of the Notch pathway, including receptors Notch2 and Notch3 (Vargas-Franco et al., 2022). Though the specific mechanism remains unknown, possible splicing defects in Notch pathway components have been associated with many specific diseases. ALGS is normally caused by mutations in the Jag1, and heterozygous mutation at a splicing site just before exon 11 has been identified as a culprit (Zhu et al., 2021). Though much less frequently, ALGS is also caused by mutations in the Notch2, and a splice site mutation within the ankyrin repeats leads to decreased Notch signaling, playing a role in the pathology (Kamath et al., 2012). A variant in Notch4 has been associated with schizophrenia, and recent analyses suggested that polymorphisms affecting the alternative splicing of Notch4 may increase schizophrenia susceptibility (Shayevitz et al., 2012). Splice site mutations in Notch3 have been linked to CASADIL (Cerebral Autosomal Dominant Arteriopathy with Subcortical Infarcts and Leukoencephalopathy) as a potential source of pathology (Lundkvist et al., 2005). A splice site variant of Dll4, which includes an in-frame insertion of 12 bp, has been associated with a variable neurodevelopmental phenotype (Fischer-Zirnsak et al., 2019). Lastly, studies in zebrafish have demonstrated that different splice variants of deltaC, a Notch ligand, cannot replace the function of one another during midline formation and somitogenesis (Mara et al., 2008).
OTHER PROTEINS ASSOCIATED WITH THE NOTCH PATHWAY: MEGF10 AND POGLUT1
It should be noted that there are several interactions between the Notch pathway and other components in satellite cells, which work together to govern satellite cell proliferation. Multiple EGF-like domains 10 (MEGF10) is a transmembrane receptor expressed in both developing muscle satellite cells and myoblasts, which has exhibited marked similarity to Notch (Saha et al., 2017; Draper et al., 2019; Li et al., 2021). MEGF10 regulates myogenesis in conjunction with the Notch pathway, and MEGF10 deficiency displays several characteristics similar to Notch deficiency (Draper et al., 2019; Li et al., 2021). Biallelic loss of function of MEGF10 causes MEGF10 myopathy or Early-onset myopathy, areflexia, respiratory distress and dysphagia (EMARDD), which involves areflexia, respiratory distress, and dysphagia (Table 2; Logan et al., 2011; Saha et al., 2017). A suggested cellular mechanism for disease in MEGF10 myopathy is slower proliferation and migration of satellite cells (Li et al., 2021). This leads to reduced MyoD expression and subsequent defects in myogenesis, which contributes to impaired skeletal muscle regeneration after injury seen in MEGF10 myopathy (Li et al., 2021). Several similarities and relationships have been identified between MEGF10 and the Notch pathway. First, sequence alignment of mammalian MEGF10 and its drosophila homolog, Drpr, have highlighted the conservation of domains that are characteristic of the Notch ligands (Draper et al., 2019). Drpr deficiency has been shown to lead to muscle abnormalities in flies. In addition, flies that overexpress mouse MEGF10 or fly Drpr display developmental arrest (Draper et al., 2019). In mice, there has been a suggestion for interaction between MEGF10 and the Notch pathway in regulating myogenesis (Table 2; Saha et al., 2017). Further, it has been shown that knockdown of Megf10 results in downregulation of Notch1, Notch2, Notch3, and Hes1, hence suggesting that the extracellular domain of MEGF10 may act as a ligand to activate Notch signaling (Holterman et al., 2007). Also, MEGF10 myopathy involves impaired tyrosine phosphorylation, which causes impaired interaction between MEGF10 and the Notch signaling pathway (Li et al., 2021). Similarly to Notch, deficits seen with MEGF10 myopathy have suggested MEGF10 as a target for potential therapies for muscle diseases; rescuing MEGF10 may have therapeutic implications with regard to ameliorating impaired muscle regeneration (Li et al., 2021).
Protein glycosylation is one of the major regulatory mechanisms of the signaling pathway (Pandey et al., 2021). The extracellular domain of the Notch receptor is modified with O-fucose and O-glucose glycans, and this glycosylation is crucial for the activity of the pathway (Takeuchi et al., 2018). POGLUT1 is involved in the post-translational modification and function of Notch receptors and ligands by reducing O-glucosyltransferase activity on Notch, receptors and ligands and missense mutations in POGLUT1 were identified in a family with autosomal recessive limb-girdle muscular dystrophy (LGMD) (Table 2; Servián-Morilla et al., 2016). Primary myoblasts from patients with POGLUT1 mutations demonstrate slow proliferation, a decreased pool of quiescent satellite cells and a decreased Notch signaling in their muscle tissues (Table 1; Servián-Morilla et al., 2016). Studies have also identified potential interactions between POGLUT1 and Jag1, though the biological relevance is still unclear (Pandey et al., 2021).
α-Dystroglycan is a glycosylated protein and a key component of the dystrophin-glycoprotein complex (DCG), as it is essential for normal basement membrane development and muscle maintenance (Servián-Morilla et al., 2016). Its extracellular subunit is modified with O-linked glycans, which is necessary for the proliferation of satellite cells. One study focused on ribitol-phosphate modification, which is necessary for functional maturation of α-dystroglycan (Tokuoka et al., 2022). Cytidine-diphosphate (CDP-ribitol) is a donor substrate for ribitol-phosphate modification , and proof-of-concept work indicated that supplementation therapy with CDP-ribitol could accelerate development of therapeutic agents for diseases involving glycosylation defects, including DMD (Tokuoka et al., 2022). These results suggest that modulations of Notch protein and pathway may be a promising therapeutic target for muscular dystrophies.
CONCLUSION
Due to their prevalence and severity, it is imperative that we continue to search for effective therapies for muscular dystrophies, including DMD. The pathogenesis of DMD and other muscular dystrophies has been well-characterized, and there has been a convincing indication that depletion of the satellite cell pool is implicated in the degeneration that defines the muscular dystrophy phenotype. By targeting the Notch signaling pathway, therapies have the potential to selectively increase the proliferation of satellite cells, thereby hopefully ameliorating the muscular dystrophy phenotype and dramatically improving the quality of life for those living with the condition. Prior work has demonstrated some success with satellite cell-transfer therapies, as well as with targeted upregulation of certain components of the Notch signaling pathway, including the ligand Jag1. Further research is necessary for the optimization of these therapies and the exploration of different manners in which the power of the Notch signaling pathway can be harnessed in order to combat muscular dystrophies.
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Introduction: It has been proposed that an increased susceptivity to oxidative stress caused by the absence of the protein dystrophin from the inner surface of the sarcolemma is a trigger of skeletal muscle necrosis in the destructive dystrophin deficient muscular dystrophies. Here we use the mdx mouse model of human Duchenne Muscular Dystrophy to test the hypothesis that adding the antioxidant NAC at 2% to drinking water for six weeks will treat the inflammatory phase of the dystrophic process and reduce pathological muscle fiber branching and splitting resulting in a reduction of mass in mdx fast-twitch EDL muscles.
Methods: Animal weight and water intake was recorded during the six weeks when 2% NAC was added to the drinking water. Post NAC treatment animals were euthanised and the EDL muscles dissected out and placed in an organ bath where the muscle was attached to a force transducer to measure contractile properties and susceptibility to force loss from eccentric contractions. After the contractile measurements had been made the EDL muscle was blotted and weighed. In order to assess the degree of pathological fiber branching mdx EDL muscles were treated with collagenase to release single fibers. For counting and morphological analysis single EDL mdx skeletal muscle fibers were viewed under high magnification on an inverted microscope.
Results: During the six-week treatment phase NAC reduced body weight gain in three- to nine-week-old mdx and littermate control mice without effecting fluid intake. NAC treatment also significantly reduced the mdx EDL muscle mass and abnormal fiber branching and splitting.
Discussion: We propose chronic NAC treatment reduces the inflammatory response and degenerative cycles in the mdx dystrophic EDL muscles resulting in a reduction in the number of complexed branched fibers reported to be responsible for the dystrophic EDL muscle hypertrophy.
Keywords: mdx, skeletal muscle contraction, NAC, oxidative stress, fiber branching, muscle damage, dystrophy, split fiber
INTRODUCTION
It has been proposed that oxidative stress plays a role in the pathophysiology of Duchenne Muscular Dystrophy (DMD), despite this there is currently no effective antioxidant treatment for DMD (Mosca et al., 2021; Lian et al., 2022). N-acetylcysteine (NAC) is an antioxidant that is approved for use in humans, making it attractive as a potential therapeutic treatment for inflammatory conditions in humans (Mokhtari et al., 2017). In skeletal muscle NAC acts as a scavenger of free radicals and contributes to increasing levels of the powerful endogenous intracellular antioxidant glutathione (Kerksick and Willoughby, 2005). Oral dosing with NAC counteracts oxidative stress in skeletal muscles of humans and mice (Medved et al., 2004; Matuszczak et al., 2005; Terrill et al., 2012; Michelucci et al., 2017) and has been shown to ameliorate respiratory muscle dysfunction in animal models of hypoxic disease (O'Halloran and Lewis, 2017).
Several studies have used the mdx dystrophin deficient mouse, the most used animal model of the destructive human dystrophin deficient muscular dystrophy DMD, to study the chronic effects of oral administration of NAC in drinking water or by intraperitoneal injection on skeletal muscle pathology (Terrill et al., 2012; Pinto et al., 2013; Pinniger et al., 2017). These mdx mouse studies show NAC lowers markers of inflammation and oxidative stress in diaphragm and limb muscles and reduces necrotic damage.
There have been reports of a reduction in body weight gain in mice chronically dosed with NAC in their drinking water (Flurkey et al., 2010; Kim et al., 2013; Pinniger et al., 2017). However, rather than this being an adverse effect of NAC dosing it is commonly accepted that oral NAC supplementation reduces body mass gain by decreasing fat levels (Kim et al., 2013; Cao and Picklo, 2014; Ma et al., 2016) and this effect drops off with continued treatment with NAC (Cao and Picklo, 2014).
Previous studies from our laboratory and others have demonstrated a characteristic feature of the dystrophic pathology in mdx mice and DMD boys are the presence of abnormally regenerated branched limb skeletal muscle fibers which increase in number and complexity with age (Bell and Conen, 1968; Schmalbruch, 1976; Head et al., 1992; Chan and Head, 2011; Massopust et al., 2020; Kiriaev et al., 2021b). We and others have demonstrated the increase of these branched fibers mechanically weakens the muscle in the later stages of the dystrophic disease (Head et al., 1992; Chan and Head, 2011; Head, 2012; Pichavant et al., 2016; Kiriaev et al., 2018).
Since the first reports of the mdx mouse it has been noted that the fast-twitch muscles are more susceptible to eccentric (lengthening) contraction (EC) damage (Head et al., 1992; Moens et al., 1993). This susceptibility to EC damage increases as the dystrophic animal ages (Chan et al., 2007; Chan and Head, 2011; Head, 2012; Kiriaev et al., 2018; Kiriaev et al., 2021a). The reason for this increased susceptibility to EC damage is not clear and there have been several hypotheses put forward to explain this effect (Allen et al., 2016); 1) The absence of dystrophin mechanically weakens the sarcolemma making it more susceptible to rupture during EC, 2) Absence of dystrophin is responsible for cycles of necrosis/regeneration resulting in the increase of abnormally regenerated branched fibers structurally compromising the dystrophic membranes ability to resist EC damage 3) The absence of dystrophin results in an increased susceptibility to oxidative damage triggered by EC or 4) The absence of dystrophin sensitizes the ionic mechanisms of the electrical pathways that trigger muscle contraction to damage from EC. It is likely that the increased susceptibility of dystrophic fast-twitch muscle to EC damage involves some combination of these factors.
To test the efficacy of NAC as a possible treatment for DMD we gave it orally for 6 weeks to growing mdx and control mice and measured its effect on body weight gain, EDL muscle weight, fiber branching morphology, contractile function and response to EC. Its main efficacy was in reducing the number of abnormally branched fibers and reversing the increased muscle mass which results from the proliferation of branched fibers as the dystrophic phenotype progresses.
MATERIALS AND METHODS
Ethics approval
Animal use was approved by the Western Sydney University Animal Care and Ethics Committee (A14350). Experiments were conducted in compliance with the animal ethics checklist and ethical principles under which the journal operates.
ANIMALS
Many previous studies on mdx mice have used a separate in-bred colony of wild-type (WT) mice to act as controls. These WT colonies have been separately in-bred since the discovery of the mdx mouse over 25 years ago. This raises the possibility of novel mutations in the WT control group confounding the interpretation of the data from the mdx dystrophic mouse. In our study littermates are bred to act as control animals for mdx mice. These are the gold standard controls for mdx dystrophic studies as both dystrophin negative and dystrophin positive animals are on identical genetic backgrounds, with the only difference being the mutation in the dystrophin gene on the X chromosome at locus Xp21. Mice were obtained from the Western Sydney University animal facility. Male mice were used in the present study to reflect the sex linked DMD condition in boys. The colony of dystrophic mice and littermate controls (LC) used in this study were second generation offspring of C57BL/10ScSn DMD (mdx) mice. The LC were distinguished from dystrophic mice by genotyping. NAC treatment began at 3 weeks of age, and all mice were sampled at 9 weeks of age. The age of mice and duration of treatment were chosen as they reflect a period when the mdx mice have undergone at least one cycle of necrosis and regeneration. The three-to-nine-week age range in mice can be compared to the growth phase of adolescent in humans (Grounds et al., 2008). Mice were housed individually (1 animal per cage) in an environmentally controlled room with a 12 h light/dark cycle at 20°C–25°C and had access to food and water ad libitum.
NAC treatment
NAC (Sigma-Aldrich, Australia) treatment in drinking water was commenced post weaning at 3 weeks of age. NAC was dissolved in RO water and administered as 2% NAC in drinking water for 6 weeks. To overcome any NAC taste avoidance issues drinking water was flavored with banana and caramel (Australian Food Ingredient Suppliers, AFIS); diluted according to manufacturer’s recommendation (0.1% v/v); and sweetened using 0.1% sucralose (Splenda®). Untreated animals received same flavored drinking water without NAC. The four experimental groups (n = 6 mice per group) were: 1) mdx NAC treated; 2) mdx untreated; 3) LC NAC treated; and 4) LC untreated. Each mouse was housed individually in its own cage. The cage water dispenser was weighed to determine each individual animals water consumption. The mice were weighed every 3 days.
Muscle preparation
After the 6 weeks NAC treatment, a mouse was placed in a transparent induction chamber and overdosed with isoflurane delivered at 4% in oxygen from a precision vaporizer. The mouse was removed from the chamber and a cervical dislocation carried out. The left and right fast-twitch EDL muscles were dissected from the hind limbs. Once isolated, the EDL muscle was suspended in an organ bath filled with 100% O2 bubbled Tyrode and tied by its tendons from one end to a dual force transducer/linear tissue puller (300 Muscle Lever; Aurora Scientific Instruments, Canada) and secured to a base at the other end using 6–0 silk sutures (Pearsalls Ltd., UK). The EDL data from each animal was averaged to give n = 6 (number of mice used). At all times during the dissection and prior to use the hind limb and muscles were kept under 100% oxygenated Tyrode solution to minimize any post-mortem deficits in initial maximum force (Po). Composition of Tyrode solution in mM (also used as dissection solution): 4 KCl, 135 NaCl, 0.33 NaH2PO4, 1 MgCl2, 10 HEPES, 2.5 CaCl2 and 11 glucose, 0.1% fetal calf serum (FCS).
Muscle force recordings
The muscle was stimulated to contract isometrically by applying a supramaximal voltage across parallel platinum electrodes (701C stimulator; Aurora Scientific Instruments) running the full length of the EDL muscle. Isometric force recordings and eccentric (lengthening) contractions (EC) were made on a 300C Muscle Lever (Aurora Scientific Instruments, Canada). Force responses were analyzed using the 615 A Dynamic Muscle Control and Analysis software (Aurora Scientific Instruments). At the start of each experiment, the muscle was set to optimal length (Lo) which produces maximal twitch force and maintained at this length throughput the experiment. All procedures were performed at a room temperature (20°C–22°C).
Initial maximum force (Po) and Pmax
At the start of the contractile experiments a supramaximal stimulus was given at 125 Hz (1 ms pulses) for 1 s and the maximum force produced during the tetanic plateau was recorded as Po, the maximum force output of the muscle at optimal length Lo. For the force frequency Pmax was obtained from the curve fitted to the sigmoidal equation given below. For the EC studies Pmax was recorded from the isometric plateau of the first EC.
Force frequency curve
Force-frequency curves were generated at frequencies 2, 15, 25, 37.5, 50, 75, 100, 125 and 150 Hz. A 30s rest was given between each frequency to minimize the effects of fatigue. A sigmoid curve relating muscle force (P) to stimulation frequency (f) was fitted by using a sigmoidal equation. The curve had the equation.
From the fitted parameters of the curve, the following contractile properties were obtained: Half-frequency (Kf) where the force developed is half the sum of (Pmin) and (Pmax). The Hill coefficient (h) which quantifies the slope of the muscle force frequency sigmoidal curve. These were used for population statistics.
Eccentric contractions and recovery
A series of eccentric (lengthening) contractions (EC) were then performed on each EDL where the contracted muscle was stretched 20% from Lo. At t = 0s, the muscle was stimulated via supramaximal pulses of 1 ms duration and 125 Hz frequency. At t = 0.9s, after maximal isometric force was attained, each muscle was stretched 20% longer than their optimal length at a velocity of 2.4 mm/s then held at this length for 2s before returning to Lo. Electrical stimulus was stopped at t = 5s. The EC procedure was repeated 6 times with 3-min rest intervals in between each EC. On completion of the EC protocol, recovery force was measured via an isometric contraction given for 1s at 125 Hz (1 ms pulses) at the following time points; 0, 20, 40 and 60 min.
Muscle mass
After the contractile procedures were completed, the muscle was removed from the transducer, blotted on filter paper, and weighed.
Skeletal muscle single fiber enzymatic isolation and morphology
EDL muscles were digested in Tyrode solution (without FCS) containing 3 mg/mL collagenase type IVA (Sigma Aldrich,United States), gently bubbled with oxygen, and maintained at 37°C. After 25 min the muscle was removed from solution, rinsed in Tyrode solution containing 0.1% FCS and placed in a relaxing solution with the following composition (mM): 117 KCl, 36 NaCl, 1 MgSO4, 60 HEPES, 8 ATP, 50 EGTA). Each muscle was then gently agitated using pipette suction, releasing individual fibers from the muscle mass. Using a pipette 0.5 mL of solution was drawn and placed on a glass slide for counting. A total of 2025 fibers from 12 EDL muscles were counted: mdx untreated (n = 1186 fibers from 6 EDL) vs. mdx NAC treated (n = 839 fibers from 6 EDL). Only intact fibers with no evidence of digestion damage were selected for counting. All muscle fibers from LCs showed no branching and were not counted (Kiriaev et al., 2021a).
Statistical analyses
Data are presented as means ± SD. Differences occurring between genotypes and treatment groups were assessed by two-way ANOVA. Post hoc analysis was performed using Sidak’s multiple comparisons test. Where indicated an unpaired t-test was used and significance was accepted at p < 0.05. All statistical tests and curve fitting were performed using a statistical software package Prism Version 10 (GraphPad, CA,United States).
RESULTS
NAC treatment and water intake, body mass and EDL muscle mass
Figure 1 shows the effect on body weight gain, fluid intake and EDL muscle mass of 6 weeks 2% NAC in drinking water. The animals were given the NAC over 3–9 weeks of age which is the period of active growth for mice. Figures 1A, B shows NAC significantly reduced the rate of growth in LC from days 19–42 of treatment (p = 0.0015) and mdx animals from days 23–42 of treatment (p = 0.0008). Figure 1C shows that the application of NAC to the flavored drinking water did not markedly affect mean fluid intake during the period of the study (for clarity the SD bars have been omitted). Figure 1D shows in LC NAC did not affect the EDL mass, but in mdx NAC treated EDL muscles were significantly lower (p = 0.0034) in weight compared to untreated ones. Dystrophic EDL mass was heavier compared to LC (p = 0.0062).
[image: Figure 1]FIGURE 1 | Effect of NAC on body weight (A) LC (B) mdx (C) water intake of animals throughout treatment period and (D) muscle mass (A) shows significant differences in weight gain from day 19 onward for LCs untreated vs. NAC treated (p = 0.0015). (B) shows significant differences in weight gain from day 23 onward for mdx mice untreated vs. NAC treated (p = 0.0008). (C) Line graph showing water intake of all animals throughout the treatment period (error bars omitted for clarity) (n = 6) LC untreated/treated and n = 6 mdx untreated/treated) (D) Scatterplots of EDL muscle mass for LC and mdx untreated and treated groups (n = 6 EDL from each group). Dystrophic EDL muscles from mice not treated with NAC were heavier compared to the treated mdx group (p = 0.0034).). Genotype differences between untreated mice show increased muscle mass in mdx EDL compared to LCs (p = 0.0062). Data set represent mean value ±SD. Statistical differences displayed within graphs are differences between genotypes and treatment groups assessed by two-way ANOVA, post hoc analysis using Sidak’s multiple comparisons test with significance established at p < 0.05.
Force-frequency curves and specific Po
The aggregate force–frequency curves for NAC treated and non-treated LC and mdx EDL muscles are shown in Figure 2. These curves are fitted with the sigmoidal equation given in the methods, the following best-fit parameters defining these curves were obtained from the group data, half frequency which produced 50% force and the Hill coefficient which is the slope of the rising portion of the sigmoidal curve Figures 2B, C. In Figure 2A forces are expressed as a percentage of the pre-EC Pmax. There were no significant differences in half frequency and Hill coefficient with respect to genotype or treatment (Figures 2B, C). Figure 2D shows the maximum specific force (Po) produced by the EDL muscles, there was no effect of NAC treatment, however, as has been reported previously the dystrophin deficient mdx muscles produced significantly less force than LCs, both in NAC treated (p = 0.0035) and untreated (0.0023) conditions.
[image: Figure 2]FIGURE 2 | Force frequency curves and fitted parameters and specific force. (A) Force frequency data from individual EDL muscles were aggregated to produce a single curve for LC and mdx mice to visualize differences between treatment groups and genotypes (n = 6 EDL for each group). Forces are normalized to Pmax. In graph (A) SD error bars are omitted for clarity. (B,C) are scatterplots of half-frequency and Hill coefficient obtained from force frequency curve shown in (A). (D) Shows the maximum specific force (Po) produced by the EDL muscles, there was no effect of NAC treatment, however, as has been reported previously the dystrophin deficient mdx muscles produced significantly less force than LCs, both in NAC treated (p = 0.0035) and untreated (0.0023) conditions. Data set represent mean value ±SD.
Percentage force loss resulting from a series of six ECs at 20% stretch from Lo
In Figure 3 force was normalized to the isometric plateau of the first EC, prior to stretching to Lo+20% for n = 6 EDL muscles of each group. Figure 3A shows that there was a graded reduction of force with each EC for both NAC treated and untreated muscles. As has been previously reported mdx muscle were significantly more susceptible to EC induced force loss when compared to age matched LC (Kiriaev et al., 2018; Kiriaev et al., 2021a) and this was not altered by treatment with NAC. Figure 3B shows the rate of recovery of force over 60 min, mdx muscles recovered ∼20% and this recovery was not different in EDL muscles from NAC treated mdx. In contrast Figure 3B shows EDL muscle from both NAC treated and non-treated LC animals recovered ∼100% force over 60 min.
[image: Figure 3]FIGURE 3 | Percentage force loss and force recovery from EC protocol (A) Percentage force loss resulting from a series of six ECs at 20% stretch at 2.4 mm/s from Lo (n = 6). Force was normalized to the isometric plateau of the first EC in each group (B) Percentage force recovery recorded at 0, 20, 40, 60 -minute intervals post EC (n = 6). Data shown in both graphs are mean ± SD.
Fiber branching morphology in mdx
Figure 4A compares complex fiber branching (3 + branches) between mdx untreated and mdx NAC treated (P= <0.0001). Figure 4B includes photomicrographs showing an example of a non-branched fiber Figure 4Bi and examples of fiber branching of differing complexity Figures 4Bii–viii.
[image: Figure 4]FIGURE 4 | Enzymatically digested mdx EDL muscle fibers. (A) Scatterplots of complex fiber branching (3 +) between mdx untreated and mdx NAC treated (P= <0.0001). Fibers from LC were omitted due to no presence of fiber branching. Data shown in both graphs are mean ± SD. Statistical differences displayed in graph are assessed by unpaired t-test with significance established at p < 0.05 (B) Photomicrographs (X200) of enzymatically digested EDL muscle fibers (note in some cases the whole fiber is not shown.) a selection of NAC treated and untreated mdx are shown in (Bi-viii) (Bi) a straight mdx fiber with no branching. (Bii): is a fiber with 3 branches (Biii,v,vii): fibers with one branch (Biv,vi) fibers with 2 small branches (Bviii): fiber has a split that is connected to the main (i,iii,iv,v,vii) are from mdx NAC; (ii,vi,viii) are from mdx untreated mice.
DISCUSSION
The effect of 6 weeks of 2% NAC in drinking water on body weight, muscle mass, and water intake
There have been findings of reduced body mass gain in NAC-supplemented rodents (Kim et al., 2006; Kondratov et al., 2009; Kim et al., 2013; Cao and Picklo, 2014). In particular (Pinniger et al., 2017) using 2% NAC in drinking water for 6 weeks concluded that the reduction of body weight gain in mdx mice was a red flag for considering the use of NAC as a treatment for boys with DMD. Commenting on Pinniger et al., 2017 study (O'Halloran et al., 2018), suggested that some of the reduced weight gain may be attributed to a decrease in body fat and not because of a reduction in lean mass and also that the acidification of the drinking water resulting from the addition of NAC may reduce fluid intake, accounting for some of the weight loss. To address this latter concern, we measured the fluid intake in NAC treated animals compared with no NAC and found no significant effect of NAC on fluid consumption. Confirming Pinniger et al., 2017 finding we also reported that 6 weeks of 2% NAC drinking water caused significant reduction in EDL muscle mass. It is unlikely that this reduction in muscle weight is entirely due to reduced lean body mass, as NAC treatment in LC mice did not cause a significant reduction in the weight of EDL muscles (Figure 1D). As mentioned above a component of the reduction in body weight gain with NAC supplementation has been shown to be due to NAC reducing fat (Kim et al., 2006) and increasing energy expenditure (Ma et al., 2016). It has been shown that fiber branching is responsible for the hypertrophy in the mdx mouse (Faber et al., 2014), so it is reasonable to hypothesize that a proportion of the reduction in EDL muscle mass we show here (Figure 1D) could be a consequence of the reduction in complex 3 + fiber branching we report (Figure 4A).
NAC does not reduce the susceptibility to EC force loss seen in dystrophin deficient fast-twitch muscles, nor does it improve recovery post EC force loss.
The fast twitch EDL muscles of mdx mice have long been known to be more susceptible to damage from EC compared to age match WT controls, as measured by a reduction in Po post EC (Head et al., 1992) and this was confirmed in later studies which utilized LCs for the mdx mice (Kiriaev et al., 2018). In the present study we use a strong eccentric contraction protocol that produced a ∼90% Po force loss in mdx which only recovered to ∼20% of Po after 60 min demonstrating that it was likely the EC had caused significant membrane damage (Olthoff et al., 2018). In contrast, the same EC protocol applied to age matched LC EDL muscle resulted in only a ∼40% force loss which recovered to ∼100% max Po after 60 min, suggesting that no significant membrane damage had occurred in LC as a result of the EC protocol. In the LC the rapidly reversible component of EC force loss fits well with a fatigue induced and/or a reversible ROS-mediated inhibition of contractile force and we conclude there is no muscle damage connected with insults to the sarcolemma integrity. In contrast, Post EC in the mdx muscle there was only 10% Po remaining which recovered to only 20% after 60 min, leading us to surmise that only 10% of the 90% EC induced force loss in the mdx was fatigue induced and/or a reversible ROS-mediated inhibition of contractile force, while the remaining 80% Po deficit is likely muscle damage connected with insults to the sarcolemma integrity disrupting its electrical and ionic control pathways. Six weeks treatment with 2% NAC did not ameliorate the EC induced force loss or improve recovery post EC either in LCs or mdx, in keeping with (Whitehead et al., 2008) who showed 6 weeks of treatment with NAC in drinking water did not protect from eccentric damage at 35°C and there was only a small ∼7% significant improvement at room temperature. We hypothesize that the reduction in complex branching resulting from NAC treatment we report here was not sufficient to reduce the dystrophic muscle below the branched fiber “tipping point” (Chan and Head, 2011; Head, 2012; Kiriaev et al., 2021a). Supplementary Table S2 shows the absolute tetanic force, absolute twitch force, specific twitch force of NAC treated and untreated animals with respect to genotype before EC, after EC and recovery 60 min post EC. The twitch kinetics; time to peak (TTP) and half relaxation time (HRT) for NAC treated and untreated animals with respect to genotype for each of the experimental timepoints are also given in Supplementary Table S2. There was no effect of NAC treatment on any of the parameters.
MDX EDL FIBER BRANCHING IN SINGLY HOUSED MICE
When compared to our earlier studies (Kiriaev et al., 2018; Kiriaev et al. 2021a; Kiriaev et al. 2021b) the amount of complex 3 + fiber branching we report here from 9-week-old mdx is similar to the mdx EDL muscles from >4 months mdx, see Supplementary Figure S1 for graphical comparison. These current mdx EDL muscles from 9-week-old mice show a force deficit comparable with the mdx EDL muscles from mice aged >4 months. Additionally, 60 min after the EC protocol these current mdx EDL muscles from 9-week-old mice regained a similar amount of force to the mdx EDL muscles from mice aged >4 months. A major difference with our earlier study, where mice were housed ∼ six per cage, is that in this current study mice were housed, one animal per cage. Here this single housing is associated with an accelerate dystrophic branching phenotype. It is possible that single housing may predispose the male mdx mice to greater locomotory activity, possibly associated with the increased space available per animal (Krohn et al., 2006), which would accelerate the appearance of the branching phenotype. It has long been reported that contractile activity is associated with muscle damage in the dystrophinopathies, in fact studies have demonstrated that if you immobilize dystrophic muscles, they do not undergo pathological changes (Allen et al., 2016). While we cannot rule out the possibility that the reduction in branching we see in mdx NAC treatment is due to NAC acting to reduce motor activity by reducing anxiety and stress, it would appear unlikely as a systematic review of clinical trials involving NAC reported that NAC does not reduce anxiety (Deepmala et al., 2015). Additionally, it has been demonstrated that single housing of male mice causes less stress when compared with group-housing of male mice (Kamakura et al., 2016). It is important to note that the force loss and recovery after EC is related to the degree of branching and not the chronological age of the mdx mouse, which supports our long-standing hypothesis that it is the degree of branching which is responsible for the increased EC damage with age (Chan and Head, 2011; Head, 2012; Kiriaev et al., 2018). Supplementary Figure S1 and Supplementary Table S1 uses data from our earlier studies (Kiriaev et al., 2018; Kiriaev et al. 2021a; Kiriaev et al. 2021b) to illustrate the significant increase in 3 + complex branching that occurs from 3 weeks to >112 weeks of age. It is clear that while the degree of motor activity may have a small effect on complex 3 + branching between 9 and 16 weeks, the major phenotype seen across the lifespan of the mdx mouse is the transition from non-branched muscle fibers to the point where >80% of fast-twitch fibers have 3 + complexed branched fibers (Supplementary Figure S1 and Supplementary Table S1), with many fibers containing 10 or more branches (Kiriaev et al., 2021a; Kiriaev et al., 2021b).
Fiber branching, a marker of pathology in mdx muscle, is reduced in fast-twitch EDL muscles from NAC treated mdx.
We and others have shown that a striking pathological feature of regenerated skeletal muscle in the dystrophinopathies is the presence of abnormally branched fibers which dramatically increase in both number and complexity with age (Bell and Conen, 1968; Schmalbruch, 1976; Head et al., 1992; Chan and Head, 2011; Head, 2012; Massopust et al., 2020; Kiriaev et al., 2021a). The number and complexity of these fibers can be used as a marker of the progression of the dystrophinopathies (Bell and Conen, 1968; Kiriaev et al., 2021a). The presence of centrally nucleated (CN) fibers is commonly used as a measure of regeneration, however, it is accepted that by > 8 weeks of age over 90% of mdx mouse skeletal muscle fibers will have regenerated. From 24 weeks to >104 weeks mdx skeletal muscle fibers are 100% centrally nucleated (Massopust et al., 2020), and thus unlike fiber branching, which continues to increase in complexity (Kiriaev et al., 2021a) CN is not reliable indicator of the number of cycles of degeneration/regeneration. Here we show NAC treatment reduces the complexity of branched fibers in the fast-twitch mdx EDL muscle, demonstrating that NAC treatment improves mdx fast-twitch muscle pathology. In the dystrophinopahties it has been proposed that the absence of the protein, dystrophin, from the inner surface of the sarcolemma predispose the skeletal muscle to increased oxidative stress and free radical triggered necrosis, which has been identified as a major cause of muscle injury (Disatnik et al., 2000; Mosca et al., 2021; Lian et al., 2022). The reduction in fiber branching we report here is likely due to NAC reducing (Rando, 2002) the level of free radical triggered necrosis in the active phase of the disease. The reduction in branching we report here was not sufficient to confer a protective effect from the force deficit caused by EC (Chan and Head, 2011). As the mdx mouse model is characterized by a period of florid necrosis 3–20 weeks of age (Duddy et al., 2015) many biochemical changes which are indicative of oxidative damage could be a secondary result of the necrosis, inflammatory response, and subsequent regeneration (Rando, 2002). However, the fact that acute NAC application to the organ bath in in vitro experiments has shown that NAC can prevent eccentric contraction force loss in fast twitch mdx muscles (Whitehead et al., 2008; Olthoff et al., 2018; Lindsay et al., 2020) supports the hypothesis that the absence of dystrophin directly increases the susceptibility the muscle to oxidative triggered damage (Mosca et al., 2021; Lian et al., 2022). The present study provides further support for this in finding that 2% NAC in drinking water for 6 weeks prevents the increase in muscle mass characteristic of the dystrophinopathies and reduces the number of complex 3 + fiber branching. These are effects which could be predicted to occur if NAC does indeed reduce myonecrosis (Head, 2012).
SUMMARY
In the current study we confirmed that 6 weeks of 2% NAC in drinking water significantly reduces body weight gain in both mdx and LC mice. This was not the result of a reduced fluid intake, as was reported in (Kondratov et al., 2009), because we monitored water intake and after some initial fluctuation it was the same for NAC treated mdx and LCs compared to non-treated mdx and LCs. We showed that NAC prevents the increase in skeletal muscle mass characteristic of the dystrophinopathies and reduces the number and complexity of branched fibers which have been shown to be responsible for this increase in mass (Faber et al., 2014; Froehner et al., 2015). This reduction in fiber branching suggests that the antioxidant action of NAC may have reduced the myonecrosis involved in the degeneration/regeneration cycles characteristic of the mdx skeletal muscle pathology. We have previously shown as the number of these cycles increases with age so does the number and complexity of branched fibers in the mdx EDL (Chan and Head, 2011; Kiriaev et al., 2018). However, in our present study NAC does not ameliorate the sensitivity of mdx dystrophic fast-twitch EDL muscle to damage caused by EC (Head et al., 1992) possibly because the reduction in 3 + complex branched fibers is not of sufficient magnitude to be protective.
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Duchenne muscular dystrophy (DMD) is a devastating disorder and is considered to be one of the worst forms of inherited muscular dystrophies. DMD occurs as a result of mutations in the dystrophin gene, leading to progressive muscle fiber degradation and weakness. Although DMD pathology has been studied for many years, there are aspects of disease pathogenesis and progression that have not been thoroughly explored yet. The underlying issue with this is that the development of further effective therapies becomes stalled. It is becoming more evident that extracellular vesicles (EVs) may contribute to DMD pathology. EVs are vesicles secreted by cells that exert a multitude of effects via their lipid, protein, and RNA cargo. EV cargo (especially microRNAs) is also said to be a good biomarker for identifying the status of specific pathological processes that occur in dystrophic muscle, such as fibrosis, degeneration, inflammation, adipogenic degeneration, and dilated cardiomyopathy. On the other hand, EVs are becoming more prominent vehicles for custom-engineered cargos. In this review, we will discuss the possible contribution of EVs to DMD pathology, their potential use as biomarkers, and the therapeutic efficacy of both, EV secretion inhibition and custom-engineered cargo delivery.
Keywords: extracellular vesicles (EVs), exosomes, muscle regeneration, miRNAs, muscular dystrophies, cardiomyopathy, satellite cells, induced pluripotent stem cells (iPSCs)
1 INTRODUCTION
Duchenne muscular dystrophy (DMD) is an X-linked degenerative disease of cardiac and skeletal muscles, as a consequence of mutations in the dystrophin gene (Yao et al., 2021) (Verhaart & Aartsma-Rus, 2019). The dystrophin protein is a crucial member of the dystrophin glycoprotein complex (Ribeiro et al., 2019). Dystrophin plays a critical role in the integrity, maintenance, and normal functions of muscle cells. Under normal circumstances, muscle degeneration activates muscle-specific stem cells, namely satellite cells, that differentiate into mature muscle cells, contributing to muscle regeneration (Biera et al., 2018) (Bentzinger et al., 2012). Dystrophin has been described to play a vital role in the asymmetrical division of satellite cells as well as their regenerative capacity (Dumont et al., 2015) (Keefe & Kardon, 2015). Therefore, the absence of dystrophin leads to the replacement of degenerated muscle tissues with fibrotic and fat tissues (Emery, 2002). Copious amounts of different therapeutic approaches for treating DMD have been extensively explored. Some of these include exon-skipping oligonucleotides (Aartsma-Rus et al., 2017), anti-inflammatory and anti-fibrotic agents (Heier et al., 2013) (Levi et al., 2015), and stem cell-based therapies such as the transplantation of satellite cells (Arpke et al., 2013), mesoangioblasts (Sampaolesi et al., 2006), pericytes (Valadares et al., 2014), etc. Although results in pre-clinical models were very encouraging, the clinical trial in five DMD patients based upon four consecutive systemic administrations of human leukocyte antigen (HLA)-matched donor cells (from a sibling) showed safety but no efficacy (Cossu et al., 2015). Thus, many research opportunities arose from the exploration of novel strategies to enhance the efficacy of transplanted cells, including signaling molecules that mediate the crosstalk between donor cells and the muscle regenerative niche.
Currently, the topic of extracellular vesicles (EVs) and their involvement in disease promotion and progression is gaining momentum (Gartz et al., 2020). EVs are nanosized vesicles released by cells (Rome et al., 2019). These vesicles are mediators of intercellular communication and are divided into three different types: apoptotic bodies, microvesicles, and exosomes. Research has shown that EVs derived from diseased cells or bodily fluids from patients or animal models, are most often enriched for pathogenic proteins and nucleic acids (Gartz et al., 2020). As a result, there is growing interest in synthesizing novel therapeutics targeting EVs. It is still debatable whether EVs are simply markers of disease or dynamic participants in the pathological advancement of any given disease (Yates et al., 2022). While EVs have already proven to be potential biomarkers and carriers of DMD-improving molecules, there is still much to be discovered in terms of their involvement in DMD pathophysiology (Meng et al., 2022). It has been discovered that microRNAs (miRNAs) may play the biggest role in EV-mediated disease progression. miRNAs are short non-coding RNAs that bind to messenger RNAs (mRNAs), leading to either translational repression or mRNA degradation (Matsuzaka et al., 2016) (Lee & Vasudevan, 2013). The significance of miRNAs in DMD has been studied extensively and EV-enclosed miRNAs are said to represent potentially effective biomarkers. On the other hand, EVs derived from healthy cells have also contributed to the improvement of DMD symptoms (Aminzadeh et al., 2018).
In this review, we wish to delve into the known aspects of EV involvement in DMD pathophysiology, in both types of striated muscle, and as stated previously, the more well-known aspects of EVs in this disease, namely as potential biomarkers and therapeutic agents. We will also briefly discuss potential therapeutic options with EVs and what the future may hold for nanoparticle therapy.
2 DUCHENNE MUSCULAR DYSTROPHY
DMD, as an X-linked disorder, is one of the most severe muscle diseases. Unfortunately, there is still no cure for DMD (Verhaart & Aartsma-Rus, 2019). The incidence of DMD is approximately 1 in 5,136 male births (Crisafulli et al., 2020). Already between the ages of 8 and 10, it is difficult for patients to stand and walk, coaxing the need for assistive equipment such as braces or wheelchairs. Most DMD patients pass away due to cardiorespiratory failure (Meyers & Townsend, 2019) (Silva et al., 2019). However, due to improvements in both respiratory and cardiac care, the life expectancy of DMD patients has increased, with patients reaching their 30s, and even some living into their 40s and 50s (Landfeldt et al., 2020). Sadly, the condition is fatal in 100% of cases (Chemello et al., 2020).
Mutations in the dystrophin gene lead to the occurrence of DMD (Monaco et al., 1986) (Hoffman et al., 1987b) (Hoffman et al., 1987a) (Bonilla et al., 1988) (Haidet et al., 2008) (Okubo et al., 2020) and the severity of DMD strongly depends on the mutation type. ‘In-frame’ mutations generate a partially functional dystrophin protein, leading to a less severe form of DMD, namely Becker muscular dystrophy (Kunkel et al., 1986) (Haidet et al., 2008). On the other hand, “out of frame” mutations completely disrupt the reading frame, leading either to the complete lack of dystrophin or an entirely dysfunctional dystrophin (Aravind et al., 2019). This leads to the severe DMD phenotype. The absence of a functional dystrophin increases the fragility of muscle fibers and promotes ongoing cycles of muscle degradation and regeneration (Ribeiro et al., 2019). Under such circumstances, dysfunctional satellite cells, activation of calcium-dependent proteases and overall disruption of calcium homeostasis, mitochondrial disruption, and inflammatory cytokines greatly contribute to muscle being replaced by fibrotic and fatty tissues (Wakayama et al., 1979) (Klingler et al., 2012).
Current DMD therapeutics focus on dystrophin-targeted therapies and targeting the consequential pathological changes (Guiraud & Davies, 2017). Therapies such as cell therapies, gene therapies, and protein replacement therapies are all dystrophin-targeted therapies. Although much research has gone into these methods, significant challenges persist (Chamberlain & Chamberlain, 2017). Primarily, it is very difficult to target all muscle tissues, given the high abundance and the wide distribution of muscle throughout the whole body (Verhaart & Aartsma-Rus, 2019). On the other hand, such therapies may slow down the progression of the disease, however, the restoration of abnormal muscle tissues is unsubstantiated due to the deteriorating nature of DMD. Targeting downstream pathological processes in DMD also represents a promising but a yet not-fully understood therapy strategy. Much must still be researched, particularly for obtaining in-depth information of the secondary pathological changes since the specific mechanisms of such therapies remain obscure.
3 EXTRACELLULAR VESICLES AND THE PROMINENCE OF THEIR CARGO
EVs are single outer membrane-bound vesicles that can be classified according to their size distribution, biogenesis, and function (Gabisonia et al., 2022). Exosomes represent the population of EVs with the smallest diameter, namely from 50 to 150 nm (Heijnen et al., 1999) (Logozzi, et al., 2021). These vesicles are produced via the endolysosomal pathway, formed from the invagination of late endosomes, housed in multivesicular bodies (MVBs) and released by exocytosis.
Briefly, MVBs accumulate intraluminal vesicles (ILVs) and may then either fuse with lysosomes and promote ILV destruction, or fuse with the cell membrane and release ILVs in the extracellular space (Huotari & Helenius, 2011). The biogenesis of MVBs may follow either the endosomal sorting complexes required for transport machinery (ESCRT)-dependent or -independent pathway. The ESCRT-dependent pathway consists of a complex machinery, facilitated by four main complexes and some additional proteins. This pathway leads to the formation of ILVs in a stepwise fashion. On the other hand, ESCRT-independent processes are based on the presence of lipid rafts inside the endosomal membranes. These lipid rafts consist of cholesterol and more importantly, sphingolipids, which are converted to ceramide through the action of sphingomyelinase enzymes (Trajkovic, et al., 2008). The coalescence of ceramide forms microdomains that induce budding and subsequent formation of ILVs.
The next population of EVs are the microvesicles (MVs). These vesicles range from 50 to 1,000 nm in diameter, therefore, being mainly larger than exosomes (Heijnen et al., 1999) (Skog, et al., 2008). MV biogenesis occurs following the direct outward blebbing and pinching of the plasma membrane. Lastly, apoptotic bodies represent the largest (in size) population of EVs, considered to range from 1,000 to 5,000 nm in diameter (Atkin-Smith et al., 2015). As their name suggests, apoptotic bodies are released after programmed cell death, also known as apoptosis (Figure 1).
[image: Figure 1]FIGURE 1 | Extracellular vesicles (EVs) are hailed as potential modulators of Duchenne muscular dystrophy progression. EVs are represented by exosomes, microvesicles, and apoptotic bodies. The cargo of exosomes and microvesicles consists of effector molecules such as proteins, lipids, and nucleic acids. The lack of a functional dystrophin leads to the formation and release of exosomes and microvesicles with detrimental molecules, inducing both negative paracrine and endocrine effects.
The cargo of EVs is what makes them incredibly intriguing to study. EVs are known to have a distinctive signature of proteins, lipids, and nucleic acids, analogous to their cell or tissue of origin. EVs are known to be enriched for proteins of the tetraspanin family, namely CD9, CD63, and CD81 (Gabisonia et al., 2022). While still not definitive, these proteins are said to contribute to membrane remodeling to mold the EV structure. EVs are enriched in a multitude of lipids. Although the composition of surface lipids has not been studied extensively, it has been hypothesized that these lipids are crucial for the regulation of EV release, as well as in their final composition (Subra et al., 2007). Lastly, EVs are highly enriched in nucleic acids (Mathivanan et al., 2010), of which mRNAs and miRNAs have been studied comprehensively. In particular, miRNAs are becoming increasingly popular in therapeutic research. miRNAs are non-coding RNAs that either block translation of target mRNAs or activate their degradation (Yedigaryan & Sampaolesi, 2021).
EVs secreted by skeletal and cardiac muscle carry a wide range of myokines, miRNAs, proteins, and mRNAs that are thought to play various roles in muscle homeostasis, development, and myogenesis (Vechetti et al., 2020). Overall, the EV cargo plays a significant role in the musculoskeletal system. In particular, miRNAs and specifically the myomiRs, which are muscle-oriented miRNAs (highly enriched in muscle) (Chen et al., 2006) (Annibalini et al., 2019), display key roles in controlling muscle homeostasis, proliferation, and differentiation of muscle stem cells (Coenen-Stass et al., 2016). As an example, miR-206 is one of the most abundant miRNAs in muscle-derived EVs which aids in muscle injury repair by promoting development and differentiation of tissues (Guescini et al., 2015). These EVs are not only muscle tissue-specific agents but have also been described to affect other tissues (Jalabert et al., 2016) (Rome, 2022). Therefore, much still remains to fully understand the muscle secretome and its extensive range of effects. Although not extensively studied, there has been evidence to show that EVs have an effect on disease pathophysiology. As an example, Gartz et al. showed that treatment with GW4869, a substance to reduce/inhibit exosome release, was protective against cardiac stress in mdx mice (a popular model of DMD) (Gartz et al., 2020) (Yates et al., 2022). They attributed this effect to the miRNA cargo. In another study, Matsuzaka et al. showed that the excision of the neutral sphingomyelinase 2/sphingomyelin phosphodiesterase 3 (nSMase2/Smpd3) (modulates the Ca2+-dependent secretion of EVs) gene in mdx mice led to a decrease in muscle inflammation and overall improved functionality (Matsuzaka et al., 2020). These studies already point toward the multidimensional role of EVs in DMD.
EVs also participate in the physiological regulation of both skeletal and cardiac muscle. The roles of EVs released by cardiac and non-cardiac cells in the heart are difficult to define. Most current studies have not been able to mimic physiologically-relevant environments that can be closely associated with in vivo processes (Wagner & Radisic, 2021). On the other hand, in order to maintain the metabolic balance of the body, physiological regulation of organ cross-talk is essential (Wang et al., 2022). As an endocrine organ, skeletal muscle can release a multitude of factors that are absorbed by various tissues to produce regulatory effects (Leal et al., 2018). In addition to these factors, skeletal muscle can also release EVs, especially during physical exercise (Rome et al., 2019). EVs released during exercise are released by skeletal muscle and absorbed by other tissues, leading to intercellular and interorgan communication, effectively altering the metabolism of receptor cells (Guay & Regazzi, 2017). In this sense, skeletal muscle promotes systemic health through the release of EVs after exercise. Physical therapy is a very important intervention method for DMD patients (Case et al., 2018), therefore, the importance of EVs released during exercise is also crucial in pathological settings.
4 THE ROLE OF EXTRACELLULAR VESICLES IN THE DUCHENNE MUSCULAR DYSTROPHY SKELETAL MUSCLE PHENOTYPE
It has become quite well-known that EVs derived from different sources (healthy) can elicit functional improvements in different disease models (Biera et al., 2018) (Leng et al., 2021). Most of this research has already indicated that EVs play a key role in the pathology of brain diseases in particular (Christoforidou et al., 2020) (Meldolesi, 2021). Not much has been revealed about the role of EVs in DMD pathology (mechanism), however, more studies are now focusing on this phenomenon. It is important to note that the paracrine actions displayed by skeletal muscle-released EVs is not exclusive to muscle physiology, they may also have an impact on whole-body homeostasis (Rome et al., 2019). Recently, our laboratory has pointed at the anti-myogenic role of EVs derived from dystrophic mice on C2C12 myoblasts and human mesoangioblasts (Yedigaryan et al., 2022b). As stated previously, the myomiRs represent muscle-oriented miRNAs and likely epitomize the most efficacious molecules found mainly in EVs, and tied to striated muscle physiology. Studies on myomiRs miR-1, miR-133, and miR-206 specifically, have gained tremendous attention in understanding muscle degeneration. Accordingly, we found that miR-206 was upregulated in mainly dystrophic, but also aged mice (Yedigaryan et al., 2022b). Consequently, one of the main targets of miR-206 is the ribosomal binding protein 1, a potent regulator of collagen biosynthesis specifically in fibrogenic recipient cells (Fry et al., 2017). Therefore, the upregulation of this miRNA would induce less extracellular matrix deposition, which would be the optimal setting for muscle remodeling, in particular, hypertrophy. However, in DMD, this could also explain the fibrotic pathogenesis, since satellite cell activity is perturbed and, therefore, the muscle cannot be properly regenerated.
Although not in the context of DMD, a recent study displayed that myoblasts incubated with EVs released from myotubes pre-treated with an oxidative stress-mimicking substance, namely hydrogen peroxide, lead to a significant reduction in the diameter of myotubes and to a stimulation of myoblast proliferation (Guescini et al., 2017). This goes in line with the grave role of oxidative stress involved in the pathogenesis of DMD (Petrillo et al., 2017) (Duelen et al., 2022). It has even been highlighted as being the prime cause for muscle degeneration in DMD (Salam et al., 2007). Therefore, under such diseased conditions, this could potentially be a role for skeletal muscle EVs to induce further oxidative stress.
Metabolically, Aswad et al. revealed that the excessive concentration of palmitate and saturated fatty acids in diet-induced obese mice increases intra-muscular ceramide levels that have been established to regulate EV release from muscle (Aswad et al., 2014). In a later study, it was found that an inhibitor of ceramide synthesis GW4869 (an inhibitor of exosome secretion) was able to improve muscle structure and function in mdx mice compared to untreated mdx mice (Matsuzaka et al., 2016). This gives more evidence to uphold the concept of deleterious organ cross-talks associated with the circulation of detrimental EV cargos.
Research has shown that fluorescently-labeled skeletal muscle-derived exosomes injected in mice are efficiently taken up by the heart (Aswad et al., 2014). On the other hand, cardiosphere-derived cell (CDC) exosomes have been found to be taken up by skeletal muscle (Aminzadeh et al., 2018). Cardiospheres are self-organized spherical clusters derived from human cardiac stem cells (Messina et al., 2004). These cells can be replated to yield CDCs (Smith et al., 2007). The connection between heart failure and idiosyncrasies in skeletal muscle morphology and biological function has been well documented (Lipkin et al., 1988) (Sullivan et al., 1990). Evidence suggests that myocardium-derived miRNAs released into circulation during heart failure progression may have a negative impact on skeletal muscle (Murach & McCarthy, 2017). This reveals another potential role of EVs released in dystrophic muscles, contributing to progressive muscle degeneration due to the cross-talk between skeletal and cardiac muscle EVs, as progressive cardiomyopathy progression and skeletal muscle dissociation in DMD ostensibly leads to the exchange of deleterious EVs from both organs, escalating disease progression. Both skeletal muscle and cardiac muscle partake in multiple organ cross-talks via EVs (Figure 2).
[image: Figure 2]FIGURE 2 | The deleterious effects of extracellular vesicle (EV)-mediated organ cross-talk. The exchange of microRNAs (miRNAs), either downregulated or upregulated in young and elderly Duchenne muscular dystrophy (DMD) patients. The depicted miRNAs represent examples of EV cargos exchanged between not only cardiac and skeletal muscle, but also various other organs and tissues such as kidneys, pancreas, liver, and adipose tissue. This cross-talk exacerbates the DMD phenotype.
This also may contribute to the idea that therapy (cell or cell-free) targeting both cardiac and skeletal muscles would be of great interest when focusing on the most debilitating manifestations of muscular dystrophies, especially DMD. Recently, our laboratory developed induced pluripotent stem cell (iPSC)-derived mesodermal progenitors through differentiation in a monolayer and chemically-defined media (Breuls et al., 2021). We found that these cells are able to differentiate into the skeletal and cardiac muscle lineages both in vitro and in vivo. Therefore, these cells may house a secretome that could be beneficial to both striated muscle types.
As stated previously, for now, miRNAs appear to represent the most consequential population of EV cargos. This applies not only to the myomiRs, but also to more ubiquitously expressed miRNAs (Catapano et al., 2020). In animal models of DMD, some miRNAs have been found to be significantly up- or downregulated (Yedigaryan & Sampaolesi, 2021). These miRNAs include miR-199a-5p (upregulated in DMD muscle cells and downregulated in DMD fibroblasts (Zanotti et al., 2018)), involved in the wingless-related integration site (WNT) signaling pathway (targeting numerous myogenic cell proliferation and differentiation regulatory factors) (Alexander et al., 2013), and miR-29, a targeter of AKT Serine/Threonine Kinase 3 (AKT3)/nuclear factor kappa-light-chain-enhancer of activated B cells (NF-kB)/Yin Yang1 (YY1) signaling and fibrotic genes (Wang et al., 2012). Recently, miR-486 has also been revealed to play an essential role in muscle function and is found to be significantly downregulated in DMD (Samani et al., 2022). The loss of this miRNA has been associated with disrupted muscle architecture, reduced myofiber size, and increased cardiac fibrosis, just to name a few. Some miRNAs have been revealed to be exclusively upregulated in DMD in vitro and in vivo models. These miRNAs include, miR-200c, targeter of forkhead box protein O1 (FOXO1) and endothelial nitric oxide synthase (eNOS), essentially inhibiting myoblast differentiation (D'Agostino et al., 2018), miR-21, targeting phosphatase and tensin homolog (PTEN) and receptor tyrosine kinase (RTK) signaling, ultimately leading to more collagen production (Zanotti et al., 2015), and miR-31, directly targeting Myf5 and dystrophin, leading to satellite cell quiescence and a furthermore contribution to the lack of dystrophin (Young et al., 2016).
miRNAs also represent potentially exceptional biomarkers for DMD (Coenen-Stass et al., 2017). miRNAs are abundant, easily measured using low-cost techniques, stable in properly stored biofluid samples, and the discovery of candidate biomarkers is facile compared to novel protein biomarkers. Not only are most myomiRs great candidates for biomarkers, but additional putative biomarkers have been revealed to be associated with DMD, including: miR-30, miR-22, miR-95, miR-181, miR-193b, and miR-378 (Jeanson-Leh et al., 2014). Jeanson-Leh et al. also found that in the serum of the Golden Retriever muscular dystrophy model there is a class of dysregulated miRNAs, namely members of the delta like non-canonical Notch ligand 1-iodothyronine deiodinase 3 (DLK-DIO3) locus. This locus appears to have an involvement in muscle pathophysiology (Benetatos et al., 2013).
The specific types of surface antigens on EVs have also been considered in the realm of biomarker adaptation for DMD. As an example, Matsuzaka et al. found that an increase in the levels of muscle-abundant miRNAs appears to be tied to CD63 antigen levels on EVs (Matsuzaka et al., 2016). They found that CD63-and major histocompatibility complex (MHC) II-associated EVs collected from the serum of DMD patients were significantly enriched in myomiRs compared to healthy controls, especially miR-1, miR-133a, and miR-206 for CD63-associated EVs and miR-1 and miR-133a for MHC II-associated EVs. Additionally, in mdx mice, it was found that levels of miR-133a and miR-206 were significantly increased in CD81-, flotillin-1-, and MHC II-associated EVs, and flotillin-1- and MHC II-coupled EVs, respectively, compared to wild type mice.
Overall, skeletal muscle-released EVs from DMD models must still be additionally explored in order to truly understand their role in DMD pathophysiology and to start the establishment of further therapeutic strategies involving EVs.
5 CARDIAC INVOLVEMENT OF EXTRACELLULAR VESICLES IN DUCHENNE MUSCULAR DYSTROPHY
It has become apparent that there is a wealth of molecular species released by cardiac muscle under both physiological and pathological circumstances (Valadi et al., 2007) (Pironti et al., 2015) (Gao et al., 2020). These molecules are said to employ paracrine and/or endocrine effects (Gabisonia et al., 2022). Contrariwise, humoral factors produced by other organs, such as adipose tissue (Crewe et al., 2021), liver (Zardi et al., 2010), kidney (Gao et al., 2020), or skeletal muscle (Murach & McCarthy, 2017), may impact the function of normal and diseased hearts. EVs represent one of the main means of delivering potent molecules to and from the heart. Furthermore, intracardiac cell-to-cell communication has also come to the forefront of understanding the paracrine and endocrine effects of EVs in the heart (Saheera et al., 2021) (Nguyen et al., 2021). It has been found that cardiomyocytes represent only approximately 30% of cardiac cells, therefore, they must have a means of communicating with neighboring endothelial cells, fibroblasts, smooth muscle cells, macrophages, and pericytes (Nag, 1980) (Banerjee et al., 2007). The proper communication between these cell types ensures the homeostatic state of the heart (Perbellini et al., 2018). A multitude of different proteins and nucleic acids have been identified in cardiomyocyte-released exosomes (Malik et al., 2013). Some examples include inflammatory factors such as interleukin-6 (IL-6) (Datta et al., 2017), IL-1β (Yu et al., 2019), tumor necrosis factor-α (TNF-α) (Yu et al., 2012), heat shock proteins such as heat-shock protein 20 (Hsp20) (Zhang et al., 2012), metabolic transporters such as glucose transporter type 4 (GLUT4) and type 1 (GLUT1) (Garcia et al., 2016), as well as enzymes such as lactate dehydrogenase (LDH), and proteins that play a major role in the cardiac development signaling pathway, such as Wnt-binding proteins (Korkut et al., 2009). As stated previously, nucleic acids, especially a wide variety of miRNAs are also present in cardiac EVs (Waldenström et al., 2012) (Wang et al., 2014) (Li et al., 2021). The specific cargo carried by these EVs is strongly tied to their biogenesis and by the different stimuli influencing the parent cells (Malik et al., 2013).
Since cardiomyopathy is one of the leading causes of early mortality in DMD patients, it is crucial to understand the molecular pathology leading to cardiac dysfunction. Gartz et al. demonstrated that short-term exposure to exosomes secreted by dystrophin-deficient iPSC-derived cardiomyocytes (Dys-iCM) had the same protective effect against stress-induced injury on Dys-iCMs as did wild type exosomes (Gartz et al., 2018). They revealed that the protective pathways stimulated in this process included p38 mitogen-activated protein kinase (p38 MAPK) and extracellular signal-regulated protein kinase 1/2 (ERK1/2). However, since this did not mimic physiological in vivo conditions where cells are exposed to secreted exosomes continuously, Gartz et al. made a follow-up study to see if long-term exposure to exosomes may represent physiological conditions better (Gartz et al., 2020). In this follow-up study, Gartz et al. tested the effects of DMD cardiac exosomes (acquired from iPSC-derived DMD cardiomyocytes) on iPSC-derived DMD cardiomyocytes, after long-term exposure (Gartz et al., 2020). They confirmed that DMD cardiomyocytes were more vulnerable to stress (higher levels of reactive oxygen species), exhibited a decrease in mitochondrial membrane potential, and experienced an increase in the level of cell death. Long-term exposure of these cardiomyocytes to non-affected exosomes revealed to be protective, however, exposure to DMD cardiac exosomes resulted in no protective effects, rather an increase in the vulnerability to stress of DMD cardiomyocytes. Furthermore, they found that the miRNA cargo was significantly implicated in the pathological effects of DMD cardiac exosomes. In particular, the miRNA cargo housed miRNAs that regulate adverse pathways such as tumor protein P53 (p53) and transforming growth factor-β (TGF-β) (Shirokova & Niggli, 2013) (Lin et al., 2015). Lastly, it was also revealed that exosome inhibition mitigated pathological events tied to DMD cardiomyopathy in an mdx mouse model. The most recent follow-up study surfaced where the authors tried to identify the exact mechanism by which DMD cardiac exosomes are able to alter crucial stress-responsive genes in recipient cells (Gartz et al., 2021). They revealed that iPSC-derived DMD cardiomyocyte exosomes contain a heavily-altered miRNA profile compared to healthy controls. In particular, miR-339-5p was upregulated in DMD cardiomyocytes, DMD cardiac exosomes, as well as in mouse cardiac tissue. Some of the important targets of this miRNA are mouse double minute 2 homolog (MDM2), glycogen synthase kinase-3 alpha (GSK3A), and mitogen-activated protein kinase kinase 3 (MAP2K3), genes that are important in stress-responsive signaling pathways (Betel et al., 2008) (Zhang et al., 2014) (Jansson et al., 2015) (Agarwal et al., 2015). Therefore, the upregulation of this miRNA diminishes the ability of DMD cardiomyocytes to protect against stress injury. In line with miRNA deregulation, the myomiRs also appear to be abnormally expressed in the heart of DMD models (Lee et al., 2022). A few examples include, miR-1, involved in the electrical remodeling of the heart and arrhythmia induction if dysregulated (Yang et al., 2007), miR-133, which in case of downregulation causes cardiac hypertrophy (Carè et al., 2007), and the miR-208 family that strongly contributes to cardiac hypertrophy and arrhythmias (Callis et al., 2009).
Other studies have focused more on the potential positive/negative effects of EVs derived from healthy/diseased cells and/or tissues. Research has shown that exosomes isolated from healthy wild-type CDCs in vitro are able to improve both cardiac function and skeletal muscle myopathy (Aminzadeh et al., 2018) (Rogers et al., 2019). This effect was the result of a decrease in inflammation and oxidative stress, as well as improved mitochondrial function. Additionally, miR-148a was identified as a potential facilitator of enhanced full-length dystrophin protein synthesis. Another study revealed that exosomes collected from progenitor or stem cells in vitro, are able to improve cardiac function in vivo, after injury (Lai et al., 2010). In other cardiac disorders, namely cardiac overload or diabetic cardiomyopathy, it was found that exosomes hamper cardiomyocyte metabolism (Halkein et al., 2013) (Bang et al., 2014) or induce cardiac hypertrophy (Bang et al., 2014) through the delivery of an abundance of pathogenic miRNAs. More recently, it was discovered that exosomes isolated from DMD muscle-derived fibroblasts stimulate fibrosis, mainly mediated by exosomal miR-199-5p (Zanotti et al., 2018). With regard to three dimensional (3D) cardiac models, recently, our laboratory unveiled that cardiac organoids derived from DMD iPSCs display DMD-like cardiomyopathy and disease progression phenotypes in long-term cultures compared to clustered regularly interspaced short palindromic repeats (CRISPR)/(CRISPR/Cas9) mutation-corrected isogenic controls (Marini et al., 2022). It was revealed that in the DMD cardiac organoid dysregulated gene network, three miRNAs were found to play crucial roles. These miRNAs were hsa-mir-335-5p, hsa-mir-124-3p, and hsa-mir-26b-5p and further studies are in progress to determine their gene targets and potential roles in DMD cardiac degeneration. miR-335-5p is said to play a critical role in cardiomyocyte apoptosis, calcium level increases, and cardiac hypertrophy in right ventricular remodeling due to pulmonary arterial hypertension (Ma et al., 2022). miR-124-3p has been described to promote cardiac fibroblast activation and proliferation in patients with atrial fibrillation (Zhu et al., 2022). Lastly, miR-26b-5p has been found to be highly expressed in phenylephrine-induced cardiac hypertrophy (Tang et al., 2020).
As with skeletal muscle, miRNAs are also becoming strong candidate biomarkers for DMD cardiomyopathy progression. Although less pronounced than skeletal muscle biomarkers, some miRNAs have been found to be tied to specific muscular dystrophy cardiac events (Becker et al., 2016). As an example, Becker et al. revealed that miR-222, miR-26a, and miR-378a-5p, are significantly upregulated in patients with proof of myocardial scarring compared to those without (Becker et al., 2016). A more recent study has revealed that serum levels of miR-1, miR-133a, miR-133b, and miR-499 were significantly higher in DMD patients with cardiac involvement compared to the no cardiac involvement group (Meng et al., 2022). It has come to attention that the lipid signature of EVs may also discriminate between diseased and control conditions. One such example was evidenced by Burrello et al., where they identified a significant shift in the amount, as well as the diversity of sphingolipid species in EVs derived from ST-segment-elevation myocardial infarction patients versus controls (Burrello et al., 2020).
Although research revealing the role of EVs in DMD cardiomyopathy is quite novel, there are some promising results that confirm the potential pathophysiological roles of diseased EVs. Indeed, as documented in the next section, some clinical trials reveal a central role of miRNAs in the positive action of cell secretome-mediated therapy. Please see Table 1 for an overview of important miRNAs described in the text.
TABLE 1 | An overview of dysregulated microRNAs (miRNAs) in Duchenne muscular dystrophy (DMD) described in the text. The columns represent the miRNAs, up- or downregulated in skeletal and/or cardiac muscle, and their potential involvement in DMD due to dysregulation (in vivo and/or in vitro).
[image: Table 1]6 FROM THE BENCH TO THE BEDSIDE: EXTRACELLULAR VESICLES IN CLINICAL DEVELOPMENT
The use of human embryonic stem cells (hESCs) or hESC-derived cells in the field of cardiac regeneration has progressed towards a clinical trial (Menasché et al., 2018). Menasché et al. conducted a trial for the use of hESC-derived cardiovascular progenitors (embedded in a fibrin patch) on patients with severe ischemic left ventricular dysfunction. They demonstrated the feasibility of deriving these cells in a clinical-grade manner, as well as outlined the short- and medium-term safety of these cells. Although interpreted cautiously, the authors did detect improved contractility of the grafted segments. This improvement was hypothesized to be due to the secretion of biomolecules manifesting host-linked reparative mechanisms (Garbern & Lee, 2013). These biomolecules were found to be largely present in EVs. Furthermore, it was previously shown that the cardioprotective effects of the hESC-derived cardiac progenitors could be recapitulated by the sole administration of their released EVs (Kervadec et al., 2016). The authors assessed the content of these EVs and found that miR-302 appeared to be predominantly expressed. This miRNA is tied to cardiomyocyte proliferation stimulation (Tao et al., 2015). This revelation has caused a further understanding and a potential shift towards viewing hESC- or iPSC-derived progenitors as vital producers of a secretome able to induce a paracrine mechanism of action, explaining the long-term action of ESC derivatives in spite of their scarce long-standing engraftment potential (Menasché, 2022). Therefore, the secretome may be further considered as the “active substance”, that includes not only cytokines, chemokines, growth factors, RNAs, and proteins, but also extracellular vesicles. This ongoing study also exudes a burgeoning high potency when it comes to a multitude of other cardiac diseases, including DMD-induced cardiomyopathy.
Early work reported by Aminzadeh et al. (Aminzadeh et al., 2014) (Aminzadeh et al., 2015) motivated the Halt cardiomyOPathy progrEssion in Duchenne (HOPE-Duchenne) clinical trial (Ascheim & Jefferies, 2016), which is now entering phase 3 (McDonald et al., 2022). Aminzadeh et al. unveiled the striking effect of CDCs in mdx mice. Although initially the main goal was to ameliorate some of the pathophysiological consequences of DMD in the heart, the authors later revealed the affinity of CDCs to also restore skeletal muscle function (Aminzadeh et al., 2018). This uncovered the major systemic benefits of CDC injection into the heart. CDCs are said to induce their beneficial effects through the secretion of exosomes. These exosomes may play a multitude of different roles such as targeting macrophages and altering them into a healing rather than pro-inflammatory state (de Couto et al., 2015), as well as targeting fibroblasts and ultimately having an antifibrotic effect (Tseliou et al., 2015). Among the cargo of CDC-derived exosomes, miRNAs (miR-146a and miR-181b) and Y RNA fragments are the known bioactive components (Cambier et al., 2017) (de Couto et al., 2017) (Marbán, 2018) (McDonald, 2022). miR-146b has been shown to suppress ischemia/reperfusion injury by targeting interleukin-1 receptor-associated kinase 1 (IRAK) and tumor necrosis factor receptor (TNFR)-associated factor 6 (TRAF6) (Cheng et al., 2013) (Ibrahim et al., 2014). These pro-inflammatory cytokines are involved in the toll-like receptor (TLR) signaling pathway (Wang et al., 2013). This miRNA was shown to also suppress nicotinamide adenine dinucleotide phosphate oxidase four (NOX4) and SMAD family member 4 (SMAD4), which are involved in oxidative stress induction and the TGF-β profibrotic pathway, respectively (Infanger et al., 2010) (Vasa-Nicotera et al., 2011) (Liu et al., 2012). It has been found that miR-181b may be involved in the cardioprotective effect of CDC-derived exosomes by targeting protein kinase C-delta (PKC-δ) within distinctive macrophages, to induce a marked polarization state (de Couto et al., 2017). Cambier et al. revealed that a fragment of Y RNA, highly enriched in CDC-derived EVs, enhances IL-10 protein secretion by altering Il10 gene expression (Cambier et al., 2017). IL-10 is a well-known cardioprotective cytokine, particularly in myocardial ischemia/reperfusion injury (Yang et al., 2000).
Phase 1 of the HOPE clinical study revealed that CDCs appeared to display an acceptable level of safety and were able to preserve upper limb and cardiac function after one-time delivery into the coronary arteries of DMD patients (Ascheim & Jefferies, 2016) (McDonald et al., 2022). Phase 2 of the HOPE clinical trial (HOPE-2) examined the safety and efficacy of sequential intravenous injections of human CDCs in patients with late-stage DMD (McDonald, 2018). This trial disclosed that CDCs are safe and efficacious with regard to reducing deterioration of upper limb function in late-stage DMD patients. Cardiac functional and structural benefits were also observed compared to the placebo group. Phase 3 of the HOPE clinical trial (HOPE-3) is currently recruiting participants and will entail testing the CDCs in a large number of patients, compared to phase 2 (McDonald et al., 2022). Therefore, the HOPE clinical trial represents a very promising therapeutic approach for DMD patients, as it continues on to the third phase of testing.
It is imperative to develop a large-scale production of EVs as a medicinal product in line with current good manufacturing processes (GMP) guidelines. Such methods are currently being studied and developed. Overcoming limitations such as contaminants, xeno-free reagents in lieu of animal-derived ones, and scalable and reliable isolation methods are some of the important aspects of establishing ready-to-use EV products (Andriolo et al., 2018). It is also critical that the robustness and the reproducibility be measurable with reliable and optimized analytical methods in order to follow GMP guidelines.
Overall, the future of research in the direction of understanding the importance of the cell secretome is gaining momentum and more revelations with regard to this topic will surely be made.
7 CONCLUSION AND POTENTIAL THERAPEUTIC APPLICATIONS
In retrospect, EVs represent a field of study that must be explored a lot more in depth. While recent studies have already established that EVs are very important mediators in cell-to-cell communication, it remains to be further seen exactly how they contribute to healthy compared to diseased physiology. There is an abundant amount of evidence suggesting that DMD EVs induce deleterious effects, so it may be beneficial to understand which molecules are responsible for the adverse effects and to explore the possibility of counteracting the release of these molecules from EVs. Nowadays, the focus of EV-related potential therapies lies with the delivery of either EVs derived from healthy sources (Aminzadeh et al., 2018) (Yedigaryan et al., 2022a) or custom-cargo-engineered EVs that can efficiently deliver molecules to recipient cells (Matsuzaka et al., 2022). The inhibition of EV release represents a paradigm shift in the manner of treatment for diseases (Gartz et al., 2020) (Catalano & O'Driscoll, 2019) (Figure 3). However, compounds used to inhibit EV formation and/or release must be scrutinized closely for their off-target effects and under these circumstances, investigated for their influence on healthy cells. In the context of DMD, it appears that one of the most efficacious molecules in EVs are miRNAs. This also asserts a potential therapeutic strategy, as antagomiRs (anti-miRs), chemically engineered oligonucleotides intended for silencing endogenous miRNAs, may be utilized to block harmful miRNAs. On the other hand, miRNA mimics, chemically-designed double-stranded RNA molecules used to imitate endogenous miRNAs, may be used to enrich tissues with advantageous miRNAs (Rotini et al., 2018). These anti-miRs could potentially also be encapsulated in healthy EVs and delivered to patients. Although these ideas all seem to represent a highly compelling argument for their use in DMD therapy, much research and trials must be devised to understand their feasibility, safety, and final effectiveness (Villa et al., 2019). However, nano-therapy is becoming increasingly widespread and there will most likely come a time when exploratory cell therapy takes a backseat to cell-free therapeutic approaches.
[image: Figure 3]FIGURE 3 | Possible strategies for using extracellular vesicles (EVs) as therapeutic agents. Custom cargos may be implemented in specific EVs (such as derived from healthy muscle) and potentially used as a Duchenne muscular dystrophy (DMD) therapeutic. Effector molecules may include nucleic acids, lipids, proteins, adeno-associated viruses (for gene therapy), and propeptides with limited efficacy via direct administration. The inhibition of EV formation and secretion is a new strategy for stopping the effect of detrimental EVs in DMD. Most commonly used compounds include inhibitors of EV trafficking such as calpeptin, manumycin A, Y27632, and inhibitors of lipid metabolism such as imipramine, pantethine, and GW4869. These inhibitors may either act on the endosomal sorting complexes required for transport machinery (ESCRT)-dependent (e.g. manumycin A) or –independent pathway (e.g. GW4869). There are a multitude of other drugs that have been investigated for their ability to inhibit EV secretion such as U0126, clopidogrel, indomethacin, and chloramidine. These strategies represent potentially highly efficacious therapeutics for DMD treatment.
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Duchenne muscular dystrophy (DMD) is an X-linked fatal muscular disease, affecting one in 3,500 live male births worldwide. Currently, there is no cure for this disease, except for steroid-based treatment to attenuate disease progression. Cell transplantation therapy is a promising therapeutic approach, however, there is a lack of appropriate animal models to conduct large-scale preclinical studies using human cells, including biochemical and functional tests. Here, we established an immunodeficient DMD rat model and performed exhaustive pathological analysis and transplantation efficiency evaluation to assess its suitability to study DMD. Our DMD rat model exhibited histopathological characteristics similar to those observed in human patients with DMD. Human myoblasts demonstrated successful engraftment following transplantation into these rats. Therefore, this immunodeficient DMD rat model would be useful in preclinical studies to develop cellular transplantation therapies for DMD.
Keywords: DMD, rat model, immunodeficient, cell transplantation, pathology
1 INTRODUCTION
Duchenne muscular dystrophy (DMD) is caused by multiple mutations in the DMD gene, which is located on the X chromosome (Hoffman et al., 1987). The DMD gene encodes dystrophin, which connects the muscle cell cytoskeleton to the extracellular matrix (Robert, 2001). DMD is an intractable and fatal muscle disease that causes chronic inflammation and muscle degradation. Patients with DMD are usually diagnosed at 3–5 years of age and lose the ability to walk at approximately 12 years of age. Subsequently, they require respiratory support and suffer from cardiomyopathy in their early teens (Fairclough et al., 2013). Currently, there is no curative treatment for DMD, however, dystrophin restoration is being investigated as a possible treatment option, and several therapeutic approaches have been investigated, including exon-skipping, gene therapy by oligonucleotides (Fairclough et al., 2013) (Beytía et al., 2012), and cell transplantation (Sun et al., 2020). Preclinical trials in dogs and mice have recently been reported using these approaches (Beytía et al., 2012) (Nowak and Davies, 2004). However, milder phenotypes were reported in C57BL/10-mdx mice than in humans (Nakamura and Takeda, 2011), while dogs showed greater individual variation. Proof-of-concept studies using DMD model animals are necessary to develop novel therapies that restore dystrophin expression in DMD. Thus, we used a rat model with fewer genetic differences, and that was more symptomatic of DMD than C57BL/10-mdx mice (Larcher et al., 2014) (Nakamura et al., 2014) (Taglietti et al., 2022). Cell therapy is a promising therapeutic approach for DMD because adult muscle stem cells (MuSCs), or satellite cells (Marg et al., 2014) (Cerletti et al., 2008) (Sacco et al., 2008) (Tanaka et al., 2009) (Xu et al., 2015) (Montarras et al., 2005), retain robust regeneration potential for injured muscle cells. Recently, it was reported that skeletal MuSCs induced from induced pluripotent stem (iPS) cells can be grafted into mice, and we observed that muscle tone was restored after transplantation (Zhao et al., 2020). Preclinical studies of cell transplantation therapies involve transplanting human cells into animals, requiring immunosuppressive agents to prevent rejection of the transplanted human cells. Additionally, the prolonged use of immunosuppressive drugs is discouraged as it could modify the disease state (Samata et al., 2015). Nude rats with T cell dysfunction are capable of successful human cell engraftment and have been used as immunodeficient animal models (Hanes, 2006). Nude rats are also used in preclinical studies of induced pluripotent stem cell-derived dopaminergic progenitor cells for the treatment of Parkinson’s disease (Doi et al., 2020) Therefore, future research regarding clinical applications and basic analysis of DMD should be conducted using an immunodeficient DMD rat model.
In this study, we generated an immunodeficient DMD rat model capable of human cell engraftment by crossing a DMD model rat which shows no revertant fiber in skeletal muscle (Nakamura et al., 2014) with a nude rat. We conducted histopathological evaluation of the novel rat model to confirm successful engraftment after immortalized human myoblast cell transplantation.
2 MATERIALS AND METHODS
2.1 Animals
All experiments involving the use of animals were performed in accordance with the Guide for the Care and Use of Laboratory Animals of the University of Kyoto, and the procedures were approved by the Institutional Animal Care and Use Committee of the University of Kyoto (approval number 19-119). Animals were maintained at 23°C with a 12/12 h light/dark cycle, with lights on at 08:00 a.m. and were fed ad libitum.
2.2 Generation of immunodeficient DMD rat model
We used the Wistar–Imamichi strain DMD rat model (DMD rat model: XDmdY) carrying mutations in exons 3 and 16 of the Dmd gene (Nakamura et al., 2014). Immunodeficient F344/NJcl.Cg-Foxn1rnu rats (nude rat: Foxn1rnu/rnu) were purchased (CLEA Japan, Inc., Tokyo, Japan). Immunodeficient DMD rats were established by crossing a Foxn1rnu/rnu male rat with an XDmdX female rat. XDmd was identified by genotyping the litter population (Nakamura et al., 2014). The following rat genotypes were used in this study: XDmdY Foxn1rnu/rnu (DMD nude rats), XX Foxn1rnu/rnu or XY Foxn1rnu/rnu rats (WT nude rats) and XDmdY Foxn1rnu/+(immunocompetent DMD rat model).
2.3 Creatine kinase activity
Creatine kinase activity in the serum of DMD nude rats and their age-matched WT nude rats (1-, 5-, and 12-months-old) was measured using a Fuji Dri-Chem system by Oriental Yeast Co., Ltd. (Tokyo, Japan).
2.4 Urinary titin and creatine measurement
Urine samples were obtained from 1-, 5-, and 12-month-old WT nude and DMD nude rats. Urinary titin was measured using a Mouse Titin N-Fragment Assay Kit (27,602, Immuno-Biological Laboratories Co., Ltd.). Urinary creatinine (Cr) concentrations were measured using a Lab Assay Creatinine kit (636–51011, Fujifilm Wako Pure Chemical Corporation Ltd.) (Maruyama et al., 2016).
2.5 Grip test
Forelimb strength was determined by a muscle relaxation measurement device (no. BS-TM-RM, Brain Science idea, Osaka, Japan). The study was conducted on 5 to 6 and 9-month-old WT nude and DMD nude rats. Tails of rats gripping a wire mesh plate, which was equipped with a devise, were pulled horizontally and the maximum tension was recorded. In 3 serial times of pulling, the average forelimb muscle tension was used as the value for muscle strength. All trials were performed by one examiner.
2.6 Open-field test
The open-field test was used to assess vertical (rearing) activities. The rats were placed in a cylinder and their behavior was recorded using a camera for 3 min to count the number of rearing behaviors. The study was conducted on 12-month-old WT nude and DMD nude rats. All experiments were conducted at the same location (2 m above the floor) and under constant illumination.
2.7 Hu5/KD3 cell culture
Human immortalized myoblast cell line Hu5/KD3 was provided by the National Center for Geriatrics and Gerontology (Obu, Aichi, Japan) (Shiomi et al., 2011). The cells were maintained on collagen type I-coated dishes (4010-010, Iwaki Glass Co., Ltd.), in high glucose Dulbecco’s modified Eagle’s medium (DMEM; 08,488-55, Nacalai Tesque) supplemented with 20% fetal bovine serum (FBS; 556-33865, Gibco, ThermoFisher Scientific), 2% Ultroser G (15,950-017, Biosepta, Pall Life Sciences), 1% L-glutamine (15,950-017, Invitrogen), and 0.5% penicillin streptomycin mixed solution (09,367-34, Nacalai Tesque).
2.8 Preparation of polymer solution
Gelatin (Kindly provided from Dr. Yasuhiko Tabata, Kyoto University) and hyaluronic acid (Kindly provided from Dr. Yasuhiko Tabata, Kyoto University) were dissolved in 20% FBS DMEM without Ultroser G, at 1% w/v at 37°C in a water bath. A mixed polymer solution was prepared by mixing the hyaluronic acid solution with gelatin solution in a 1:4 volume ratio (Miura et al., 2022).
2.9 Transplantation studies
4-week-old WT and DMD nude rats were anesthetized with 2% isoflurane (704239096, VIATRIS) and cryoinjury was performed to model muscle injury. The tibialis anterior (TA) was exposed, and cryoinjury was performed on both TA muscles three times for 12 s each by direct contact of the TA muscles with a cryoprobe dipped in liquid nitrogen (Nalbandian et al., 2021). Following cryoinjury, 6 × 106 Hu5/KD3 cells were mixed with the polymer solution, as described above, and injected into the left and right TA muscles. The rats were sacrificed either 3 weeks or 3 months after transplantation, and the TA muscle samples were collected and analyzed by immunohistochemical staining.
2.10 Histological analyses of skeletal muscle tissues
Histological analyses were performed as previously described (Takenaka-Ninagawa et al., 2021). The skeletal muscle tissues were mounted in tragacanth gum (206–02242, Fujifilm Wako Pure Chemical Corporation Ltd.) and frozen using liquid nitrogen-cooled isopentane. Paraffin-embedded skeletal muscle tissues were used for hematoxylin & eosin (H&E) staining. Additionally, the heart and the diaphragm were also stained with H&E and Sirius red (SR), which was performed by Applied Medical Research, Inc. (Osaka, Japan). Cryosections (12 µm) of TA muscles were obtained using a cryostat (Leica Biosystems). For samples used for immunostaining, the sections were fixed with 4% paraformaldehyde (PFA; 09154-85, Nacalai Tesque) in phosphate-buffered saline (PBS; 11,482-15, Nacalai Tesque) at 24°C for 20 min. For quantitative analysis of the myofiber minimal Feret’s diameter, cryosections were fixed with methanol at −20°C for 7 min. After fixation, sections were blocked with Blocking one (03,953-95, Nacalai Tesque) for 1 h, followed by incubation with primary antibodies (Supplementary Table S1) diluted in Can Get Signal B (NKB-601X4, Toyobo) overnight at 4°C. Sections were then washed twice with 0.2% Triton X in PBS and incubated with secondary antibodies (Supplementary Table S1) diluted in Can Get Signal B for 1 h. Subsequently, the sections were washed twice with 0.2% Triton X in PBS and the immunostained sections were mounted using Vectashield mounting medium with DAPI (H-1200, Vector Laboratories). Immunofluorescence images were acquired using a Zeiss LSM 700 laser scanning confocal microscope (Carl Zeiss). For quantitative analysis of myofiber minimal Feret’s diameters, 10 fields were randomly selected from sections stained with anti-Pan laminin antibody. The minimal Feret’s diameter and SR-stained positive area per section were calculated using Keyence image analyzer (Keyence Corporation, Osaka, Japan)
2.11 Histological analysis of transverse sections
For transverse sections, WT and DMD nude rats were reflux-fixed using 10% formalin (37,152-51, Nacalai Tesque) and then decalcified and paraffin-embedded by Applied Medical Research, Inc. Both H&E and SR staining were performed by Applied Medical Research, Inc. Images were captured using a BZ-X700 microscope (Keyence, Osaka, Japan).
2.12 Statistical analysis
All statistical analyses were performed using GraphPad Prism version 9.2.0 for Mac OS (GraphPad Software). Data are expressed as the mean ± SEM. Differences between the groups were analyzed using the two-tailed paired Student’s t-test. A p-value <0.05 was considered statistically significant. GraphPad Prism was used to calculate survival curves (Kaplan-Meier) with Mantel-Cox test and to construct graphs for each group. All live WT nude rats were discontinued for follow-up at 76 weeks.
3 RESULTS
3.1 Physical, behavioral, and biochemical characteristics of immunodeficient DMD rats
F344/NJcl.Cg-Foxn1rnu rats are immunodeficient nude rats with defective T cell function (Hanes, 2006). We crossed Wistar–Imamichi strain DMD model rats (Nakamura et al., 2014) with F344/NJcl.Cg-Foxn1rnu rats (WT nude rat) to establish an immunodeficient DMD rat model (DMD nude rat). The body size of 12-month-old DMD nude rats was smaller than that of the WT nude rats (Figure 1A). DMD nude rats often remained close to the floor due to decreased muscle strength in their extremities (Figure 1A) and weighed less than WT nude rats starting at 4-week-old (Figure 1B). The survival curves for WT and DMD nude rats revealed that half of the DMD nude rats died at 60-week-old, with no surviving animals beyond 68-week-old. The life span of DMD nude rats was significantly shorter than that of WT nude rats, as seen from the survival curves (Figure 1C). Human patients with DMD display muscle damage characterized by increased CK activity in the serum and increased titin levels in urea (Goto et al., 1967) (Maruyama et al., 2016). The CK activity level in 1-month-old DMD nude rats was significantly increased compared to that in WT nude rats, which decreased after 12-month-old (Figure 1D). A similar trend was observed for urinary titin (Figure 1E). Furthermore, to measure the muscle function impairments of DMD nude rats quantitatively, grip tests were performed on 5 to 6 and 9-month-old WT nude rats and DMD nude rats. Analysis of grip force showed significant reduction of muscle function in DMD nude rats compared to WT nude rats at both 5 to 6-month-old and 9-month-old (Figure 1F, left). Considering the low body weight in DMD nude rats, a statistically significant reduction of approximately 36% in grip force normalized by body weight was also observed in DMD nude rats (approximately 2.74 g/g) compared to WT nude rats (approximately 4.27 g/g) at 5 to 6-month-old (Figure 1F, right). Spontaneous locomotion measurement is an important analysis to confirm the phenotype in DMD animal models (Larcher et al., 2014). Thus, we measured a horizontal activity such as rearing and observed a significant reduction of 93% ± 0.1% in DMD nude rats compared to that in WT nude rats (Figure 1G). These results indicate that DMD nude rats display progressive muscle tissue damage followed by severe muscle weakness. In addition, significant weight loss was observed in DMD rats, with a shorter life span compared to WT nude rats.
[image: Figure 1]FIGURE 1 | Generation of immunodeficient Duchenne muscular dystrophy (DMD) rat model. (A) Representative images of 12-month-old wild type (WT) and DMD nude rats. (B) Body weight comparison of WT and DMD nude rats. (WT nude rat: n = 8, DMD nude rat: n = 7). (C) Kaplan-Meier curves comparing survival rates of WT and DMD nude rats. Mantel-Cox test, p = 0.0026. (WT nude rat: n = 8, DMD nude rat: n = 7). (D) The serum creatine kinase (CK) activity in WT and DMD nude rats (WT nude rats: n = 8, 3, and 5; DMD nude rat: n = 3, 3, and 3). (E) The urinary titin concentrations in WT and DMD nude rats (WT nude rats: n = 3 for all groups; DMD nude rat: n = 4 for all groups). (F) Quantification of maximum muscle strength by grip test. The study was conducted on 5 to 6 and 9-month-old WT nude and DMD nude rats. (WT nude rat: n = 2, 2, DMD nude rat: n = 1, 1). (G) Motor behavior was examined using an open-field test. WT and DMD nude rats at 12-month-old were individually placed in the cylinder for 3 min (WT nude rat: n = 4, DMD nude rat: n = 4). *p < 0.05, **p < 0.01.
3.2 Pathological analysis of the skeletal muscle tissues in DMD nude rats
The weights of each skeletal muscle tissue, the diaphragm, and the heart of WT nude and DMD nude rats were compared at 1, 5, and over 12-month-old (Table 1). We observed decreased skeletal muscle weights in DMD nude rats compared to that in WT nude rats, reflecting the small body size of DMD nude rats, except for the weight of the TA muscle at 5 months (Table 1). Although no statistically significant difference was observed, the increased TA muscle weight in DMD nude rats indicated a tendency towards pseudohypertrophy. Due to body weight differences between WT and DMD nude rats (Figure 1B), we normalized the weights of various skeletal muscles, such as the diaphragm and the heart, to their respective body weights (% of body weight for each tissue). Among skeletal muscles, the percentage of body weight for the quadriceps muscle was significantly lower in 12-month-old DMD nude rats than in WT nude rats (Figure 2A), indicating that the proximal muscle atrophied more than the distal muscle. However, no significant differences were observed between the two groups in the percentage of body weight for the muscles at 1 and 5-month-old (Supplementary Figure S1). Furthermore, quantification of histological changes in the fiber diameter on the quadriceps muscle revealed an overall decreased fiber size in 12-month-old DMD nude rats compared to that in WT nude rats (Figure 2B). Moreover, histopathological evaluation of the TA, quadriceps, and gastrocnemius muscles using H&E staining revealed necrotic fibers and inflammatory cell infiltration in 12-month-old DMD nude rats compared to that in age-matched WT nude rats (Figure 2C), and increased adipogenesis in the quadriceps and gastrocnemius muscles in DMD nude rats (Figure 2C). We also observed significantly increased percentage of body weight of the heart in 12-month-old DMD nude rats compared to that in WT nude rats (Figure 2A). Thus, DMD nude rats displayed cardiac hypertrophy and pathological heart dysfunction at 12-month-old.
TABLE 1 | Total body weight and weights of various skeletal muscles in WT and DMD nude rats at 1, 5, and over 12-month-old.
[image: Table 1][image: Figure 2]FIGURE 2 | Phenotypic analysis of the skeletal muscles of DMD nude rats. (A) The percentage of body weight represented by each muscle tissue at the indicated ages in WT and DMD nude rats. N.S. non-significant, *p < 0.05. (B) Histological changes in the fiber diameter in 12-month-old WT and DMD nude rats. (C) Representative images of hematoxylin & eosin (H&E) staining of the tibialis anterior (TA), quadriceps, and gastrocnemius muscle sections in 12-month-old WT and DMD nude rats. The symbols, ➡, ▼, and ▽, indicate necrotic myofibers, fibrosis, and adipogenesis, respectively. Scale bar = 50 µm.
3.3 Pathological analysis of the heart in DMD nude rats
We performed histopathological evaluation of the heart using H&E and SR staining in 12-month-old DMD and WT nude rats due to the observed cardiac hypertrophy in DMD nude rats (Figure 2A). Figures 3A, B show histological images of the hearts from DMD and WT nude rats with H&E and SR staining. We observed minor fibrosis in the heart of 1-month-old DMD nude rats compared to that in WT nude rats. However, the fibrotic area expanded progressively in the hearts of 5 and 12-month-old DMD nude rats (Figure 3A), indicating progressive fibrosis of the heart with age in DMD nude rats. In addition to severe fibrosis, mononuclear cells and necrotic myofibers were also observed in the outer layer of the left and right ventricular walls of the hearts in DMD nude rats (Figure 3B). We evaluated the progression of fibrosis by quantifying the percentage of fibrotic area in transverse sections of the hearts using SR staining and observed an age dependent increase in the fibrotic area in DMD nude rats compared to that in WT nude rats (Figure 3C).
[image: Figure 3]FIGURE 3 | Severe and progressive muscle changes in the heart of DMD nude rats. (A) Representative images of Sirius red (SR)-stained hearts of WT and DMD nude rats, showing the degree of fibrosis at each respective age. WT nude rats are shown on the left, and DMD nude rats are shown on the right. Scale bar = 1 mm (one-month-old), scale bar = 500 µm (5- and 12- month-old) (B) Detailed analysis of severe and progressive changes in the heart of a DMD nude rat. The upper row shows hematoxylin & eosin (H&E) staining, and the lower row shows SR staining images. The right panel shows magnified views of the left panel. Magnified area denoted by the square in panel (A,B) ×4, scale bar = 500 μm; ×10, scale bar = 50 µm. (C) Bar graph summarizing SR-positive areas in WT and DMD nude rats at 1, 5, and over 12 months of age. N.S. non-significant, *p < 0.05, **p < 0.01.
3.4 Pathological analysis of the diaphragm in DMD nude rats
We examined fibrosis of the diaphragm using H&E and SR staining as decreased respiratory function is a characteristic of DMD. Figure 4A shows the histological images of the diaphragms from DMD and WT nude rats with SR staining. 1-month-old DMD nude rats displayed mild fibrosis in the diaphragm compared to that in WT nude rats. We observed progressing fibrosis in the diaphragm in 5- and 12-month-old DMD nude rats. We evaluated the progression of fibrosis by quantifying the percentage of fibrotic area using SR staining. Similar to that in the heart, we observed an age dependent increase in the fibrotic area in DMD nude rats compared to that in WT nude rats (Figure 4B). Figure 4C shows H&E- and SR-stained cross-sections of the diaphragms of 12-month-old DMD nude rats. The H&E-stained image shows a marked difference in the size of muscle fiber, while the SR-stained images show fibrotic areas throughout the diaphragm (Figure 4C). Magnified the H&E-stained images show Opaque fiber (Figure 4 D–1), ring-fiber (Figure 4 D–2), pale necrotic fiber (Figure 4 D–3), and moth-eaten (Figure 4 D–4). Progressive fibrosis in the interstitium (Figure 4 D–5), regenerating muscle with small muscle fiber caliber and central nuclei observed (Figure 4 D–6). These characteristic pathological findings in the diaphragms of DMD nude rats are typical human DMD patient-like diaphragmatic lesions.
[image: Figure 4]FIGURE 4 | Detailed analysis of severe changes in the diaphragm in DMD nude rats. (A) Representative Sirius red (SR)-stained images of the detailed analysis of severe and progressive changes in the diaphragm in DMD nude rats. The left row shows the results from wild type (WT) nude rats, and the right row shows the results from DMD nude rats. Scale bar = 100 µm. (B) Bar graph summarizing SR-positive areas in the diaphragm from rats at 1, 5, and over 12-month-old. N.S. non-significant, **p < 0.01. (C) Representative images of SR and hematoxylin & eosin (H&E) staining showing the degree of fibrosis in the diaphragm of a DMD nude rat. The right row shows H&E staining, and the left row shows SR staining. (D) Representative images of H&E staining of the diaphragm of 12-month-old DMD nude rats. Magnified area denoted by the square in panel (C). The symbols, *, ▼, ▽, and ➡, indicate hypercontraction (opaque) fiber (D-1), ring-fiber (D-2), pale necrotic fiber (D-3), and moth-eaten fiber (D-4), respectively. Comparative images of H&E and SR staining of the same location are shown (D-5 & D-6).
3.5 Transverse histological analysis of whole muscle tissue of DMD model rats
A transverse sectional analysis was performed to comprehensively evaluate the body’s musculature. The muscles in the shoulder region were analyzed by sectioning the spine at the Th1 position (Figure 5A). Figures 5B, C and Supplementary Figure S2 present the representative H&E and SR-stained images of the shoulder and buttock muscles from 33 to 60-week-old DMD and WT nude rats. The skeletal muscles around the scapula of the Th1 region showed increased fibrosis in 60-week-old DMD nude rats (Figure 5B), and progressive fibrosis was also observed in semispinalis cervitis (I), supraspinatus muscle (II), and infraspinatus muscle (III) with positive SR staining (Figure 5C). The muscles in the buttock region were analyzed by sectioning the lumbar vertebra at the S2 position (Figure 6A). We observed similar levels of fibrosis between DMD and WT nude rats in the gluteal muscles, including the superficial gluteal (IV) and gluteus medium (V) muscles. We did not observe pronounced fattening (Figures 6B, C; Supplementary Figure S2), in contradiction to that reported in the magnetic resonance imaging results of human patients with DMD (Polavarapu et al., 2016). However, the muscles associated with moving joints, such as the quadratus femoris muscle (VI), were revealed to be impaired (Figure 6C).
[image: Figure 5]FIGURE 5 | Lesion distribution within the skeletal muscle in transverse sections in DMD nude rats. (A) Schematic drawing showing the sectioning location of the shoulder and rump. The cuts were made in the spinous process of the Th1 region (Th1). (B) Representative images of Sirius red (SR) staining in Th1 shoulder sections of each rat type to evaluate the degree of fibrosis. Scale bar = 5 mm. (C) Magnified views of I, II, and III indicated by arrows are shown in the lower columns. Scale bar = 300 µm. The symbols, ▽ and ▼, indicate fibrosis and adipogenesis, respectively.
[image: Figure 6]FIGURE 6 | Lesion distribution within the skeletal muscle in transverse sections in DMD nude rats. (A) Schematic drawing showing the sectioning location of the rump. The cuts were made in the spinous process of the second thoracic vertebra S2 region (S2). (B) Representative images of Sirius red (SR) staining at the S2 lumbar section of each type of rat to evaluate the degree of fibrosis. Scale bar = 5 mm. (C) Magnified views of IV, V, and VI from (B) indicated by arrows are shown in the lower columns. Scale bar = 300 µm. The symbols, ▽ indicates fibrosis.
3.6 Validation of human cell engraftment in DMD nude rats
We conducted transplantation studies to evaluate the acceptance of human cells by WT and DMD nude rats. First, we performed immunohistochemistry using an anti-dystrophin antibody to confirm the absence of dystrophin protein expression in DMD nude rats (Figure 7A). After cryo-injury treatment, we injected immortalized human myoblasts (Hu5/KD3) into the TA muscles of WT and DMD nude rats. Three weeks post-transplantation, the rats were euthanized, and TA muscles were collected for cryosectioning. Evaluation of human myoblast engraftment, through the detection of human spectrin-positive fibers (Figure 7B), revealed almost 400 human spectrin-positive myofibers in both DMD and WT nude rats (Figure 7C). We observed dystrophin expression in the spectrin-positive fibers in the DMD nude rat muscle (Figure 7B), indicating that regeneration of dystrophin positive myofibers by human cells can be assessed using the DMD nude rat. In WT nude rats, Hu5/KD3 cells were still engrafted 3 months after transplantation (Supplementary Figure S3). On the other hand, when Hu5/KD3 cells were transplanted into the immunocompetent DMD model rats (XDmdY Foxn1+/rnu), no engraftment was observed (Supplementary Figure S4).
[image: Figure 7]FIGURE 7 | Suitability of the immunodeficient DMD rat model for engraftment after human cell transplantation. (A) Representative images of immunostaining with dystrophin antibodies in cryosections of the TA muscle of WT nude rat. (B) Representative images showing engraftment of transplanted Hu5/KD3 cells in 4-week-old WT and DMD nude rats. The engrafted cells were evaluated 3 weeks after transplantation using immunohistochemistry for human spectrin. Human spectrin (green), dystrophin (red), nuclei (white), and DAPI (blue). Scale bars = 25 µm. (C) The number of engrafted myofibers in 1 TA muscle. N.S. non-significant.
4 DISCUSSION
In this study, we generated an immunodeficient DMD rat model (DMD nude rat) and confirmed that it exhibited the DMD pathology similar to that seen in human patients. Furthermore, we confirmed that engraftment of immortalized human myoblasts followed by muscle regeneration could be assessed in DMD nude rats.
Several DMD model animals have been established and reported to date, including dogs (Kornegay, 2017), rats (Larcher et al., 2014; Nakamura et al., 2014; Taglietti et al., 2022), and mice (Tanabe, 1986). However, to study the use of cell transplantation as a possible therapy for DMD, immunodeficient animal models should be used to enable grafting different types of donor cells without the risk of immune rejection. The NSG-mdx4Cv mouse has been reported as an optimal immunodeficient DMD model enabling the engraftment of human cells (Arpke et al., 2013). The mdx4Cv mouse harbors a point mutation in exon 53 of the dmd gene resulting in a premature stop codon (Im et al., 1996) and has been used for validating dystrophin restoration procedures because it has 10-times fewer revertant fibers than the C57BL/10-mdx mouse (Danko et al., 1992). The NSG-mdx4Cv mouse was established by breeding the mdx4Cv mouse with the NSG mouse, which is severely immunodeficient, lacking T, B, and NK cells (Cao et al., 1995) and shows significant engraftment of transplanted xenogeneic cells (Arpke et al., 2013). Although the NSG-mdx4Cv mouse displayed slightly enhanced fibrosis in the diaphragm and quadriceps compared to that in the C57BL/10-mdx mouse, no adipogenesis was observed in the NSG-mdx4Cv mouse. Moreover, muscle function was identical between the NSG-mdx4Cv and C57BL/10-mdx mice, revealing a milder DMD phenotype than that exhibited in human patients (Arpke et al., 2013). DMD nude rat model is characterized by lower body weight and shorter life span compared to WT nude rats. DMD nude rats had significantly lower body weight than WT nude rats at 4 weeks of age and died by 68-week-old. In contrast, C57BL/10-mdx mice show no significant weight loss compared to controls (Tanabe, 1986) and have a mean lifespan that is 19% reduce than controls at 21.5-month-old (Chamberlain et al., 2007). Furthermore, the forelimb grip strength of C57BL/10-mdx mice show 13.0% of reduction from WT mice (Spurney et al., 2009), while DMD nude rats show 36.0% reduction from WT mice at 5-6-month-old.We also observed increased muscle breakdown markers including serum CK activity and urine titin level, in the early stages of disease progression, which decreased as the disease progressed. Thus, our DMD nude rat model showed a more severe phenotype than the C57BL/10-mdx mouse, making it suitable for evaluating the efficacy of cell transplantation therapy in preclinical studies.
Next, we performed histopathological evaluation of the degree of skeletal muscle degradation and observed overall decreased skeletal muscle weights in DMD nude rats compared to those in WT nude rats. In addition, we observed progressive fibrosis of the heart and diaphragm, which are closely related to rat survival, in DMD nude rats, with increasing severity as the rats aged. SR-stained images also showed advanced fibrosis and adipogenesis, with markedly small fiber diameter in the quadriceps muscle of DMD nude rats, which has not been reported in the DMD mouse model. DMD nude rats showed severe fibrosis and adipogenesis of skeletal muscle, similar to previously reported DMD rat models (Larcher et al., 2014; Nakamura et al., 2014; Taglietti et al., 2022). In DMD nude rat, muscle fibers of different sizes due to repeated necrosis and regeneration of muscle fibers characteristic of patient with DMD were observed. Cardiac fibrosis and respiratory fibrosis also progressively and age-dependently worsen, comparable to previously reported DMD rat models (Larcher et al., 2014; Nakamura et al., 2014; Taglietti et al., 2022). A transverse histological analysis of DMD nude rat muscle tissues revealed damaged muscles around the scapula in the shoulder area. In contrast, despite progressive fibrosis of the deep gluteal muscles, we did not observe any severe damage to the buttocks. The lack of adipogenesis in the buttocks, unlike that seen in human patients with DMD (Polavarapu et al., 2016), could be explained by differences between bipedal and tetrapodal animals (Vlahovic et al., 2017; Veenvliet et al., 2020). Further, we confirmed that our DMD nude rats can receive transplanted human myoblasts for preclinical studies. The injected Hu5/KD3 cells showed similar engraftment in WT and DMD nude rats, analyzed using spectrin and dystrophin positive human fibers. Moreover, we detected Hu5/KD3 cells in the TA muscles in WT nude rats via positive spectrin and dystrophin staining even after 3 months, indicating strong engraftment. Notably, since DMD nude rats show no revertant fiber which some DMD model rats have (Larcher et al., 2014; Taglietti et al., 2022), such phenotype would be an advantage to assess the engraftment efficiency accurately after cell transplantation. Future cell transplantation studies should be conducted using these DMD nude rats to administer skeletal MuSCs derived from iPS cells (Zhao et al., 2020) and to evaluate their engraftment and function. However, we observed some instances of accidental death with isoflurane anesthesia at about 5 months of age and after treadmill exercise at the age of 7 months (data not shown). Additionally, since natural breeding of DMD nude rat is difficult, we have confirmed that artificial insemination can produce fertilized eggs, although the probability is low (data not shown). Thus, studies should be carefully designed to analyze the effects of cell therapy and other drugs, because the symptoms of DMD nude rat are more severe than those of NSG-mdx4Cv mouse.
In summary, we have developed immunodeficient DMD rat model that exhibits a pathology similar to human patients with DMD and that accepts human myoblast transplantation, making it suitable for basic DMD research as well as for preclinical studies investigating cell transplantation therapy. We report no revertant fiber and an appropriately sized animal model for evaluating skeletal muscle after human MuSC transplantation with more severe symptoms than in the previously established NSG-mdx4Cv mouse model with milder symptoms.
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Indicators of increased ER stress and UPR in aged D2-mdx and human dystrophic skeletal muscles
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Duchenne muscular dystrophy (DMD) is a progressive muscle disease that results in muscle wasting, wheelchair dependence, and eventual death due to cardiac and respiratory complications. In addition to muscle fragility, dystrophin deficiency also results in multiple secondary dysfunctions, which may lead to the accumulation of unfolded proteins causing endoplasmic reticulum (ER) stress and the unfolded protein response (UPR). The purpose of this investigation was to understand how ER stress and the UPR are modified in muscle from D2-mdx mice, an emerging DMD model, and from humans with DMD. We hypothesized that markers of ER stress and the UPR are upregulated in D2-mdx and human dystrophic muscles compared to their healthy counterparts. Immunoblotting in diaphragms from 11-month-old D2-mdx and DBA mice indicated increased ER stress and UPR in dystrophic diaphragms compared to healthy, including increased relative abundance of ER stress chaperone CHOP, canonical ER stress transducers ATF6 and pIRE1α S724, and transcription factors that regulate the UPR such as ATF4, XBP1s, and peIF2α S51. The publicly available Affymetrix dataset (GSE38417) was used to analyze the expression of ER stress and UPR-related transcripts and processes. Fifty-eight upregulated genes related to ER stress and the UPR in human dystrophic muscles suggest pathway activation. Further, based on analyses using iRegulon, putative transcription factors that regulate this upregulation profile were identified, including ATF6, XBP1, ATF4, CREB3L2, and EIF2AK3. This study adds to and extends the emerging knowledge of ER stress and the UPR in dystrophin deficiency and identifies transcriptional regulators that may be responsible for these changes and be of therapeutic interest.
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INTRODUCTION
Duchenne muscular dystrophy (DMD) is a fatal muscle disease that affects approximately 1 in 5,000–6,000 boys born worldwide (Mendell et al., 2012; Mah et al., 2014; Ryder et al., 2017; Duan et al., 2021). This disease is caused by the absence of a functional dystrophin protein, a structural component of the dystrophin-glycoprotein complex (DGC), present on the sarcolemmal membrane (Hoffman et al., 1987; Koenig et al., 1987). The absence of dystrophin leads to contraction-induced muscle injuries, fatty and fibrotic infiltration, and muscle wasting (Petrof et al., 1993; Ehmsen et al., 2002; Morris et al., 2010). Dystrophin deficiency also causes a host of cellular dysfunctions including, but not limited to, inflammation, calcium mishandling, impaired autophagy, and oxidative stress (Chen et al., 2005; Selsby et al., 2010; Selsby, 2011; Selsby et al., 2012; Moorwood and Barton, 2014; Spaulding et al., 2018).
The extent to which independent and interdependent modes of cellular dysfunction contribute to DMD pathology remain an active area of scientific inquiry. For instance, the pathophysiological changes associated with DMD may result in perturbations of cellular homeostasis, causing an accumulation of misfolded or unfolded proteins and subsequent ER stress (Moorwood and Barton, 2014; Hulmi et al., 2016; Pauly et al., 2017). In response to these alterations, the unfolded protein response (UPR) is activated in muscle cells. In general, the UPR is thought to be activated primarily through the translocation of three transmembrane sensors: PERK, IRE1α, and ATF6 (Walter and Ron, 2011; Adams et al., 2019; Afroze and Kumar, 2019; Hetz et al., 2020; Gallot and Bohnert, 2021). The most common restorative mechanisms of cellular homeostasis by the UPR are through translational repression to regulate the accumulation of misfolded proteins and through the production of protein chaperones, which facilitate protein folding (Adams et al., 2019; Afroze and Kumar, 2019; Hetz et al., 2020; Gallot and Bohnert, 2021). ER stress may also stimulate proteolysis via activation of the calpain and proteasome systems (Afroze and Kumar, 2019), which may decrease accumulation of misfolded proteins via degradation. This process may be complicated; however, via decreased autophagy in dystrophic muscle (De Palma et al., 2012; Spitali et al., 2013; Spaulding et al., 2018; Krishna et al., 2021), which ostensibly limits removal of protein aggregates.
PERK, IRE1α, and ATF6 are the most studied ER stress transducers that initiate the UPR. Upon accumulation of misfolded proteins in the ER lumen, the chaperone BiP/GRP78/HSPA5 is dissociated from PERK, IRE1α, and ATF6, allowing their activation through phosphorylation and subsequent initiation of the UPR (Walter and Ron, 2011; Hetz, 2012; Afroze and Kumar, 2019). Activated PERK phosphorylates eIF2α at S51, which inhibits global translation, but selectively upregulates ATF4 and ER stress chaperones such as CHOP and BiP/GRP78/HSPA5 (Walter and Ron, 2011; Hetz, 2012; Afroze and Kumar, 2019). eIF2α can also be phosphorylated by PKR/EIF2AK2 as well as GCN2 and HRI, among other kinases (Clemens, 2001). IRE1α-mediated activation of the UPR is initiated by dimerization and phosphorylation of IRE1α. This facilitates splicing of XBP1, forming XBP1s, which promotes transcription (along with translocated and cleaved ATF6) of ER stress chaperones and activation of ERAD (ER-associated degradation) (Walter and Ron, 2011; Hetz, 2012; Afroze and Kumar, 2019). Prolonged ER stress and UPR can also lead to inflammatory signaling and apoptosis. Inflammatory signaling is activated through JNK-AP1 by IRE1α and through NFκB by PERK and IRE1α (Walter and Ron, 2011; Hetz, 2012). Skeletal muscle has an extensive ER; however, a detailed understanding of the role of ER stress in skeletal muscle, particularly under pathophysiological conditions such as DMD, is lacking.
DMD is frequently modeled by the mdx mouse, which has a relatively mild disease phenotype that largely fails to accurately recapitulate progressive degeneration in skeletal muscle as observed in dystrophin-deficient human muscle, with the notable exception of the diaphragm (Stedman et al., 1991; Grounds et al., 2008). In the mdx model, lifespan is only slightly shortened, and heart function is largely preserved (Chamberlain et al., 2007; Grounds et al., 2008; Yucel et al., 2018). Despite this, the mdx mouse model has been instrumental for the determination of disease mechanisms and cellular dysfunction and as an early screen of therapeutic interventions. Consistent with the aforementioned understanding of cellular dysfunction, a limited body of work suggests dystrophin deficiency causes ER stress in muscles from mdx mice and those with DMD (Moorwood and Barton, 2014; Hulmi et al., 2016; Pauly et al., 2017). Given the relatively mild phenotype in the mdx mouse model, the mdx mutation was backcrossed to a DBA line, resulting in a more severe model (D2-mdx), which better recapitulates human disease pathology (Coley et al., 2016; Putten et al., 2019; Spaulding et al., 2019; Hammers et al., 2020). The extent to which ER stress may be stimulated in this emerging murine model is unknown and in muscles from boys/men with DMD has only been briefly considered (Moorwood and Barton, 2014). Therefore, the purpose of this investigation was to determine the extent to which ER stress is modified in dystrophin-deficient skeletal muscle in an emerging mouse model and in boys/men with DMD. This improved understanding will be beneficial in the development of therapeutics aimed at correcting secondary dysfunctions associated with DMD. We hypothesized that markers of ER stress and UPR would be upregulated in 11-month-old D2-mdx diaphragm and human dystrophic muscles.
METHODS
Animal treatments
Animal treatments were approved by the Institutional Animal Care and Use Committees at the University of Montana and the University of Florida. Detailed methods and data from limb muscle (Spaulding et al., 2019), and diaphragm (Spaulding et al., 2020; Krishna et al., 2021), from these animals have been previously published. In brief, 11-month-old DBA (n = 7) or D2-mdx (n = 7) male mice were anesthetized to a surgical level, and diaphragms were collected, and then the mice were euthanized by exsanguination. The collected muscles were frozen in liquid nitrogen for further analyses. Previously reported functional analyses from these diaphragms indicated reduced specific force and histopathological analyses indicated increased fibrotic area and reduced contractile area in diaphragms from D2-mdx compared to diaphragms from DBA mice (Spaulding et al., 2020). Given these previously established functional, histological, and biochemical alterations, the diaphragm was selected for experiments described herein.
Protein extraction and Western blotting in D2-mdx
Diaphragms were prepared for Western blotting as previously described (Krishna et al., 2021). In brief, protein was extracted in whole muscle buffer (10 mM sodium phosphate, 2% SDS, pH 7.0) and the concentration was determined using BCA (Thermo Fisher PierceTM BCA protein assay, #23225). Protein was diluted to a concentration of 4 μg/μL and precisely 40 µg of protein was loaded into each lane. Protein was separated by molecular mass and then transferred to a nitrocellulose membrane. Equal loading was confirmed by quantification of total lane optical density following a Ponceau S stain and objective measurement using AzureSpot software (Azure Biosystems, Version 2.0.062). The stain was removed, membranes were blocked in 5% milk in Tris-buffered saline with 0.1% Tween 20 (TBST), and membranes were incubated with primary and secondary antibodies (Table 1). The membranes were then exposed to enhanced chemiluminescence blotting substrate (ECL, BioRad ClarityTM) for 5 min, imaged using AzureTM C600, and quantified using AzureSpot software using automated band detection.
TABLE 1 | Primary and secondary antibodies used for Western blotting.
[image: Table 1]Human affymetrix chip data analysis
To evaluate ER stress in human dystrophic muscle, the publicly available Affymetrix microarray dataset accession ID: GSE38417 (alternate ID: EGEOD-38417) (Dorsey and Ward, 2016) was analyzed using the Bioconductor package, Limma (Ritchie et al., 2015) in R (Team, 2021). The microarray data were generated from muscle biopsy samples from boys with (n = 12; range: 0.92–8 years; mean: 3.75 ± 2.25 years)) or without (n = 6; age unknown) DMD using Human U1133 2.0 arrays. Gene Ontology (GO) analysis and network constructions were performed using ClueGO in Cytoscape version 8.0 (Bindea et al., 2009). String database (Szklarczyk et al., 2021) was used to identify the interactions between the genes of interest. Specifically, the experimentally determined and predicted interactions, based on curated databases and text mining, between the genes were mapped into the network. The transcriptional regulators of the genes of interest were identified using the iRegulon plugin (Janky et al., 2014) in Cytoscape.
Statistics
For the statistical analysis of western blots, an unpaired t-test was performed in GraphPad Prism version 8.0.0. Significance was established at p < 0.05. For differential expression in the microarray, the Limma package in R was used (Ritchie et al., 2015), and significance for differential expression was established at a log2 fold change (FC) > 0.2 and false-discovery rate (FDR) < 0.1 [applying Benjamini and Hochberg (BH) correction (Benjamini and Hochberg, 1995)] for all analyses. For the ontology analyses, an FDR < 0.1 was applied.
RESULTS
ER stress in D2-mdx mice
These mice and tissues have been used to support previous investigations. Through this previous work, we have established that diaphragms from these D2-mdx mice have histopathological injury and impaired specific tension compared to DBA controls (Spaulding et al., 2020) as well as impaired autophagy (Krishna et al., 2021). We have also established that limb muscle from these D2-mdx mice have smaller mass (absolute and relative), decreased function, and increased histopathological injury compared to DBA mice (Spaulding et al., 2020) as well as alterations in autophagy (Krishna et al., 2021).
In 11-month-old D2-mdx diaphragm, the ER chaperone BiP/GRP78/HSPA5 was decreased by approximately 60% (p = 0.0054) compared to DBA (Figure 1). Similarly, pPERK T980 (PERK phosphorylated at T980) was numerically, albeit non-significantly, decreased (p = 0.0560). Dystrophin deficiency increased eIF2α approximately 4-fold (p = 0.0056) and peIF2α S51 was increased approximately 2-fold (p = 0.0009) compared to DBA. ATF4 was increased approximately 4-fold (p = 0.0002) and CHOP was increased approximately 6.2-fold (p < 0.0001) in D2-mdx compared to DBA. While IRE1α (p = 0.1572) was similar between groups, activated pIRE1α S724 was increased approximately 2-fold (p = 0.0003) compared to DBA. Further, the IRE1α-mediated spliced XBP1 (XBP1s) was increased by 2.2-fold (p < 0.0001), and ATF6 by approximately 1.5-fold (p = 0.0298) in D2-mdx compared to DBA.
[image: Figure 1]FIGURE 1 | Increased abundance of markers of ER stress and the UPR in D2-mdx mice (n = 7) compared to DBA (n = 7). (A) Increased relative abundance except for BiP/GRP78/HSPA5 and pPKR T446 (decreased), IRE1α (similar), and pPERK T980 (similar). (B) Representative Western blot and Ponceau S stain images. Unpaired t-test used for statistical analysis. Significance established at p < 0.05.
In addition to chronic muscle injury, prolonged ER stress and UPR cause activation of inflammatory signaling. In D2-mdx, relative abundance of AP1 was increased by approximately 2.5-fold compared to DBA. There was an increased relative abundance of NFκB (by approximately 3.5-fold, p < 0.0001) and pNFκB S536 (by 8.8-fold, p < 0.0001) in D2-mdx, despite increased IκBα (an inhibitor of NFκB activity; 2.5-fold, p = 0.0002), compared to healthy muscles. Interestingly pPKR T446, which regulates ER stress and inflammatory pathways, was decreased by approximately 40% (p = 0.0010), although total PKR/EIF2AK2 was increased by 2.6-fold (p = 0.0011).
ER stress in skeletal muscle from boys with DMD
Ontology analyses (for biological processes and cell components) to identify processes related to the ER were performed separately on the upregulated (FDR<0.1 and log2 FC > 0.2) and downregulated (FDR<0.1 and log2 FC < 0.2) genes. We did not identify enriched ER-related processes using the ontology analysis of the downregulated genes. We identified 553 genes using GO biological processes and 449 genes using GO cellular components related to the ER following ontology analyses on the upregulated genes. When combined, a total of 868 unique genes were used for a refined search to identify specific processes related to ER stress and the UPR. Through this approach, we identified 24 processes comprised of a total of 58 genes (Figures 2A,B; Table 2). The processes identified suggest possible disruptions in protein folding, calcium storage and release, and activation of the UPR and ERAD (Table 2). Of note, among the processes identified, “response to endoplasmic reticulum stress” had the most identified genes (45 genes) (Figure 2B).
[image: Figure 2]FIGURE 2 | ER stress and UPR-related processes identified in human dystrophic muscle. (A) Ontology processes related to ER stress and the UPR analyzed using ClueGO in upregulated genes from the human Affymetrix data chip analysis mapped in Cytoscape. (B) p-value (BH corrected) and number of genes in each of the 24 processes identified. Significance of enrichment established at FDR < 0.01 (BH correction).
TABLE 2 | Gene ontology (GO) processes identified for the 58 upregulated ER stress- and UPR-related genes from the human Affymetrix chip analysis with p-adjusted (BH) < 0.1. The ontology analyses for all the differentially expressed genes were performed in ClueGO in Cytoscape. No significantly enriched ER stress- and UPR-related processes were identified with downregulated genes.
[image: Table 2]The 58 upregulated genes had log2 FC ranging from 0.3699 to 3.3031 (Figure 3A), and FDR ranged from 2E-09 to 0.03 (Supplementary Table S1) in dystrophic muscles compared to healthy muscles. Additionally, a subset of the human genes that correspond to the proteins measured in D2-mdx and DBA mice were also detected in the microarray dataset (Figure 3B). Among these genes, only PKR/EIF2AK2 was upregulated considering the stringent cut-off of FDR < 0.1 (log2 FC of 0.08, FDR = 0.003, p < 0.01), whereas if p-value (p < 0.05) was considered several additional transcripts were also upregulated.
[image: Figure 3]FIGURE 3 | A total of 58 upregulated genes related to ER stress and the UPR were identified in the human Affymetrix chip data analyzed. (A) Fold changes (log2 FC) for the 58 upregulated ER stress and UPR-related genes (FDR ranged from 2E-09 to 0.03). Differential expression was analyzed using the Limma package in R. The 58 genes were selected from the 24 GO processes that are related to ER stress and the UPR. (B) Representation of gene expression of select genes subsetted from the human Affymetrix chip data corresponding to the proteins immunoblotted in DBA and D2-mdx mice. (C) The network for the genes of interest and their transcriptional regulators is created using Cytoscape incorporating the String interactions (with a high interaction score of 0.7) and transcription factors identified using iRegulon (NES cutoff = 4). The top 13 transcriptional regulators are used.
Next, we identified transcription factors that may contribute to the regulation of the identified 58 genes. Based on sequence analysis and motif searches, we identified 30 putative transcription factors (normalized enrichment score (NES) cut-off 3%) that regulate ER stress and UPR-related genes of interest (Table 3). This analysis identified transcription factors that regulate the majority (86.2%) of the upregulated ER stress and UPR-related genes identified in our analysis. Next, we queried our dataset and discovered that, of these 30 transcription factors, 27 were differentially expressed (FDR<0.1; 14 downregulated and 13 upregulated; Supplementary Table S2). In order to identify the most plausible transcriptional regulatory profile, the top 13 transcriptional regulators (NES cut-off 4.00) and the identified ER-stress-related genes regulated by these transcription factors were mapped into a network (Figure 3C) along with known and predicted interactions identified using String. Of interest, the transcriptional regulators TAF9, NFYA, and TP53 were among the identified String interactions that were experimentally determined (Supplementary Figure S1), providing additional confidence in this approach.
TABLE 3 | Putative transcription factors with their orthologues and target genes identified based on motif and track searches in iRegulon. Transcription factors with a normalized enrichment score (NES) > 3% and higher area under curve (AUC) are listed. The iRegulon analysis was performed on the 58 upregulated genes from the identified ER stress- and UPR-related processes.
[image: Table 3]An ontology analysis on the identified transcriptional regulators and their orthologues was performed to determine if they were previously described in association with ER and ER stress. Our analysis confirmed CREB3L2, ATF6, ATF4, ATF6B, TP53, EIF2AK3, XBP1, CREB3L1, and CREB3 (Figure 4A) were associated with ER and ER stress. Additionally, our analysis also suggested that transcription factors TAF9, ELK1, MYB, and NFATC3, which had a high NES value, were also associated with ER and ER stress (Figure 4B).
[image: Figure 4]FIGURE 4 | Transcriptional regulators from the human Affymetrix dataset confirmed as linked to ER stress and UPR-related processes. (A) The transcriptional regulators CREB3L2, ATF6, ATF4, ATF6B, TP53, EIF2AK3, XBP1, CREB3L1, and CREB3 correspond to ER-stress and UPR-related enriched processes based on gene ontology analysis on all the identified transcription factors, and orthologues (NES>3.00) identified using iRegulon. (B) Gene expression levels of the transcription factors of interest (based on a higher NES value and ontology analysis on transcription factors) subsetted from the human Affymetrix chip data analysis. FDR and p-values from differential expression using the Limma package are included.
DISCUSSION
Dystrophin deficiency causes multiple, deleterious changes to cellular processes and leads to oxidative stress, impaired calcium homeostasis, inflammation, and impaired autophagy. Disruption of cellular homeostasis may also result in accumulation of misfolded proteins and subsequent ER stress, which can lead to the activation of the UPR as well as inflammation and ultimately activation of cell death pathways (Hetz, 2012; Moorwood and Barton, 2014; Pauly et al., 2017; Afroze and Kumar, 2019; Gallot and Bohnert, 2021). The extent to which ER stress and the UPR occur in dystrophic muscle remain poorly understood. The purpose of this study was to better understand ER stress and the UPR in the emerging D2-mdx model and in human dystrophic skeletal muscles. Herein, we provide new evidence for ER stress and the UPR in a murine dystrophinopathy model and in human dystrophic muscle. Additionally, based on sequence and motif analysis from humans, we identified potential transcriptional regulators of ER stress and the UPR in dystrophic skeletal muscle.
The D2-mdx model is an emerging mouse model of DMD and may better recapitulate disease pathology and progression than other commonly used dystrophin-deficient mouse models (Putten et al., 2019; Spaulding et al., 2019; Hammers et al., 2020; Spaulding et al., 2020). The extent to which ER stress and the UPR are modified in the D2-mdx model is unclear, although ER stress and the UPR were previously described in the well-studied DMD model, the mdx mouse (Moorwood and Barton, 2014; Hulmi et al., 2016). Herein, we report that markers of ER stress and the UPR were upregulated in diaphragm from 11-month-old D2-mdx mice, in good agreement with findings in dystrophic muscle from mdx mice (Moorwood and Barton, 2014; Hulmi et al., 2016; Pauly et al., 2017). In dystrophic diaphragms from mdx mice, markers of ER stress and the UPR were increased, but these processes may be mediated in part by age or disease progression. When viewed within this context, our data expand upon existing knowledge that indicates increased ER stress and the UPR have a more severe phenotype in the advanced disease model (D2-mdx mice) than in the less severe mdx model (Moorwood and Barton, 2014; Pauly et al., 2017). Moreover, and contrary to findings from studies reporting increased BiP/GRP78/HSPA5 in skeletal muscles from mdx mice (Moorwood and Barton, 2014; Pauly et al., 2017), we discovered BiP/GRP78/HSPA5 was decreased in diaphragms from D2-mdx mice likely due to age, genetic background, or advanced disease severity in animals used herein. Reduced expression of some ER chaperones with aging has been reported in skeletal muscle, suggestive of decreased ability to cope with ER stress (Ogata et al., 2009; Deldicque, 2013; O'Leary et al., 2013). These findings of increased ER stress and UPR due to the accumulation of misfolded proteins are complementary to our previous findings of an accumulation of autophagosomes in these dystrophic diaphragms (Krishna et al., 2021). It seems reasonable to suggest that an accumulation of damaged proteins and protein aggregates due to blunted autophagy, despite increased activation of calpain and proteasome systems (Selsby et al., 2010; Selsby et al., 2012; Hollinger and Selsby, 2013) is sufficient to cause ER stress and the UPR.
As a consequence of the UPR, eIF2α may be phosphorylated (S51) by a variety of kinases including PKR/EIF2AK2 and PERK, which antagonizes translation (Clemens, 2001). This flexibility supports our finding of increased peIF2α S51 despite similar pPERK T986 and decreased pPKR T446. Furthermore, PKR/EIF2AK2 regulates additional cell signaling and stress-related responses, including inflammatory signaling in response to ER stress (Gal-Ben-Ari et al., 2018). As increased activation of NFκB, as reported herein, is a hallmark of dystrophic muscle, these data raise the possibility that ER stress may contribute to this outcome. The associated elevation of the endogenous NFκB inhibitor, IκBα, may represent an attempt to limit inflammatory signaling despite the overwhelming pro-inflammatory muscle environment. Pharmacologic inhibition of ER stress in dystrophic muscle improved sarcoplasmic reticulum (SR)/ER-mitochondria interaction, calcium homeostasis, and muscle contractility (Pauly et al., 2017), suggesting increased ER stress, or at least damage or dysfunction of the ER, is part of the disease sequala. Moreover, that disease severity was attenuated in a dystrophic mouse model following the knockout of caspase-12, an ER-specific caspase activated in muscles from mdx mice and humans with DMD (Moorwood and Barton, 2014), further supports this notion. Collectively, these studies raise the possibility of the therapeutic importance of ER stress- and UPR-related changes in DMD.
Despite a growing body of literature supporting ER stress and the UPR in dystrophic muscle from mouse models, human data is limited, to our knowledge, to increased relative abundance of cleaved caspase-4 and BiP in muscle from boys with DMD (Moorwood and Barton, 2014). Publicly available datasets from human dystrophic biopsies are an important resource to address novel research questions as they do not require new biopsies or experimentation, which may consume limited available tissue. Despite the paucity of human data for comparison, data presented in the present investigation are consistent with this previous report (Moorwood and Barton, 2014) in that processes related to ER stress and the UPR were upregulated. Specifically, within the transcriptomic dataset, we identified 58 upregulated genes related to ER stress and the UPR that were involved in processes associated with the disruption of calcium storage and release, protein folding and secretion, lipid biogenesis, and activation of ERAD, inflammation, and apoptosis in dystrophic muscles.
We also directly compared our protein expression data from D2-mdx mice to our gene expression data to identify commonalities. Although BiP/GRP78/HSPA5 protein abundance was decreased in D2-mdx mice and gene expression was similar in healthy and dystrophic human muscles, gene expression of BiP/GRP78/HSPA5 family member HSPA13A was increased in human dystrophic muscles. Likewise, HSP90B1, a molecular chaperone involved in quality control, protein folding, calcium homeostasis, and ERAD (Eletto et al., 2010), was upregulated by dystrophin deficiency. Distinct from the D2-mdx mice, CHOP/DDIT3/GADD153 was similar in healthy and dystrophin-deficient muscle from humans. PDIA5 and PDIA3, PDI genes that enable the formation of disulfide bonds and facilitate protein folding (Kranz et al., 2017; Adams et al., 2019), were upregulated in human dystrophic muscles. PTPN2, which regulates ER stress (Kasper et al., 2015), and, in concordance with previous findings (Moorwood and Barton, 2014), CASP4 expression were upregulated in human dystrophic muscles. Resolution to discordant expression of protein from D2-mdx mice and transcripts from boys with DMD will require further inquiry, but may be driven by differences in disease progression, animal type, and/or translation, among other factors.
To better understand the regulation of the genes involved in ER stress and the UPR in dystrophic muscles, we used iRegulon, a Cytoscape plugin based on motif detection and track discovery (Janky et al., 2014). Through the cis-regulatory sequence analyses in iRegulon (Janky et al., 2014), we identified transcriptional regulators of the genes of interest. Our approach revealed a total of 55 transcriptional regulators and orthologues at NES > 3.00. Among the putative transcription factors and orthologues identified, experimental evidence demonstrates that XBP1, ATF6, and CEBP are directly involved in the upregulation of UPR genes (Afroze and Kumar, 2019). In addition, the FOXO transcription factors (FOXO1 and FOXA1) were also identified in our analysis, and are well-known to regulate skeletal muscle homeostasis through their involvement in the modulation of energy homeostasis, proteolysis pathways, apoptosis, and regeneration (Sanchez et al., 2014; Parolo et al., 2018). Furthermore, based on predicted String interactions, the transcriptional regulators, TAF9, NFYA, and TP53, have previous experimental evidence of existing interactions between these transcriptional regulators and genes. These transcriptional regulators, to our knowledge, were not previously implicated in relation to ER stress in DMD. Interestingly, NFYA was previously identified as a regulator of regeneration and tissue repair (Musarò, 2020). Since ER stress and the UPR may also play a role in other myopathies, including LGMDs and Miyoshi myopathy (Ikezoe et al., 2003; Boito et al., 2007; Bohnert et al., 2018), findings reported herein may extend to a broader array of disease states.
In total, we provide novel evidence that dystrophin deficiency causes upregulation of ER stress and UPR markers in muscle from D2-mdx mice. Parallel to this important finding, we also demonstrated that similar alterations in ER stress and the UPR occur in human dystrophic muscle at the transcript level, and we identified key transcription factors, which appear to be involved in the regulation of these processes. We found that some genes are unpaired in terms of ER stress and UPR regulation in D2-mdx mice and human dystrophic skeletal muscles, requiring further studies to clarify the pattern of these events in the proposed experimental model. While acute activation of ER stress and the UPR and subsequent stimulation of proteolytic systems are likely a means to counter cell stress, it is likely that in dystrophic muscle chronic activation of ER stress and the UPR contributes to pathology, particularly as inhibition of ER stress via ablation of caspase-12 attenuates disease severity in mdx mice (Moorwood and Barton, 2014). Likewise, the therapeutic impact of calpain and proteasome inhibition are equivocal and collectively range from supportive of and antagonistic of cell health (Spencer and Mellgren, 2002; Gazzerro et al., 2010; Selsby et al., 2010; Selsby et al., 2012). It is reasonable to suggest that the UPR, autophagy, and proteolytic systems are entangled, however, their integrated responses to acute and chronic activation underscore the complexities of these systems and make clear that there are distinctions between outcomes driven acute and chronic activation. These data provide valuable insight regarding the regulation of ER stress in dystrophic muscle and support the possibility that strategies for maintenance of ER homeostasis may be of therapeutic importance.
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Duchenne muscular dystrophy (DMD) is caused by an out-of-frame mutation in the DMD gene that results in the absence of a functional dystrophin protein, leading to a devastating progressive lethal muscle-wasting disease. Muscle stem cell-based therapy is a promising avenue for improving muscle regeneration. However, despite the efforts to deliver the optimal cell population to multiple muscles most efforts have failed. Here we describe a detailed optimized method of for the delivery of human skeletal muscle progenitor cells (SMPCs) to multiple hindlimb muscles in healthy, dystrophic and severely dystrophic mouse models. We show that systemic delivery is inefficient and is affected by the microenvironment. We found that significantly less human SMPCs were detected in healthy gastrocnemius muscle cross-sections, compared to both dystrophic and severely dystrophic gastrocnemius muscle. Human SMPCs were found to be detected inside blood vessels distinctly in healthy, dystrophic and severely dystrophic muscles, with prominent clotting identified in severely dystrophic muscles after intra arterial (IA) systemic cell delivery. We propose that muscle microenvironment and the severity of muscular dystrophy to an extent impacts the systemic delivery of SMPCs and that overall systemic stem cell delivery is not currently efficient or safe to be used in cell based therapies for DMD. This work extends our understanding of the severe nature of DMD, which should be taken into account when considering stem cell-based systemic delivery platforms.
Keywords: skeletal muscle, systemic delivery, duchenne muscular dystrophy, skeletal muscle progenitor cells, intra-arterial cell delivery
1 INTRODUCTION
Duchenne Muscular Dystrophy (DMD) is a genetic disease characterized by progressive muscle degeneration and weakness due to the absence of dystrophin protein. Without dystrophin, the sarcolemma is rendered fragile and compromised causing the muscle fibers to go through progressive rounds of contraction-induced damage, and Ca2+ influx into the muscle fiber which results in cell death. In DMD, continuous cycles of contraction-induced damage elicit a constant need for regeneration. However, it has been suggested that there is impaired regeneration because either the muscle stem cell population, satellite cells (SCs), are rendered dysfunctional due to impaired polarity establishment or because of progressive exhaustion (Webster and Blau, 1990; Sacco et al., 2010; Dumont et al., 2015). Eventually, lack of proper regeneration leads to muscle fiber necrosis and generation of excess fibrotic tissue (Klingler et al., 2012).
Cell-based therapies were proposed for DMD by transplantation of myoblasts in which the enthusiasm of restoring dystrophin in the mdx mouse model by intra-muscular (IM) myoblast transplantation, resulted in 4 clinical trials in humans, that ultimately all failed to restore sufficient dystrophin to provide functional benefit (Partridge et al., 1989; Law et al., 1991; Gussoni et al., 1992; 1997; Huard et al., 1992; Karpati et al., 1993; Miller et al., 1997). The systemic delivery of various myogenic cell types to DMD muscles have been reported including mesoangioblasts, DLL4 and PDGF-BB treated satellite cells, skeletal muscle-derived CD133+ cells, and induced Pax3 embryonic stem cell derived cells among others (Guttinger et al., 2006; Sampaolesi et al., 2006; Darabi et al., 2008; Tedesco et al., 2011; Sitzia et al., 2016; Gerli et al., 2019; Ausems et al., 2021). An overlooked parameter in developing systemic cell therapeutics is the context of disease severity and the diseased microenvironment. Genetic modifiers that regulate disease severity in the mdx mouse model is affected by the genetic background. Once the mdx mouse model is crossed to the DBA/2 genetic background, creating the mdxD2 strain, the mice exhibit increased fat and fibrosis deposition, muscle weakness, reduced skeletal muscle function, and fewer central myonuclei indicating the increased severity of dystrophy phenotype (Fukada et al., 2010; Coley et al., 2016). Thus, the mdxD2 mouse model better recapitulates the human disease and is useful in evaluating therapies for DMD. We have previously shown the complexity of muscle environment as DMD disease severity increases in mdx-NSG and mdxD2-NSG mice (Saleh et al., 2022). In this work, the mdx SCID mouse model was crossed with the severely immunocompromised mouse model NSG to generate mdx-NSG model. Moreover, the mdxD2 mouse was crossed with NSG to generate mdxD2-NSG mouse model. Mutations in the NSG mouse model renders B cells, T cells and natural killer cells deficient. These DMD severely immunocompromised mouse models are ideal for stem cell engraftment studies and cell delivery assessment as they permit evaluation of stem cell engraftment without the potential for immune-rejection of human cells.
Here we describe a detailed protocol to deliver human skeletal muscle progenitor cells (SMPCs) from fetal week 18 muscles to multiple hindlimb muscles in immunocompromised healthy, wt-NSG, dystrophic, mdx-NSG, and severely dystrophic, mdxD2-NSG, mouse models using intra-arterial (IA) delivery. This protocol has been optimized from other published protocols in two aspects, restoring blood flow into the artery after cell injection, and delivering the cells using a pump to maintain constant flow rate during cell delivery (Gerli et al., 2014; Matthias et al., 2015). We further investigated the detection and localization of SMPCs by quantifying the cells in at least 16 cross-sections taken across the length of the gastrocnemius muscles. We found overall that systemic delivery of SMPCs was inefficient in all models. However, significantly less human SMPCs were detected in wt-NSG gastrocnemius muscle cross-sections, compared to both mdx-NSG and mdxD2-NSG. Human SMPCs were found to be detected inside blood vessels distinctly in healthy, dystrophic and severely dystrophic muscles, with prominent clotting identified in mdxD2-NSG after IA systemic cell delivery. We propose that muscle microenvironment and the severity of muscular dystrophy to an extent impacts the systemic delivery of SMPCs and that overall systemic stem cell delivery is not currently efficient or safe to be used in cell based therapies for DMD.
2 MATERIALS AND METHODS
2.1 Institutional permissions
Human fetal muscle tissues were obtained from the University of California Los Angeles (UCLA) Center for AIDS Research (CFAR) Gene and Cellular Therapy Core and Advanced Bioscience Resources (ABR). Use of human tissues was institutional review board-approved by the UCLA Office of the Human Research Protection Program. Human fetal tissue work is IRB exempt. The work was reviewed and approved as exempt with IRB #20-000197 and IRB #15-000959. All animal work was conducted under protocols approved by the UCLA Animal Research Committee (ARC) (ARC-2006-119). Animals used in this study were housed in an immunocompromised core facility.
2.2 Animals
Animals used in this study were housed in UCLA Humanized Mouse Core, an immunocompromised core facility. C57BL/6 mice were crossed with NSG mice to generate C57-NSG mice (referred to as wt-NSG). mdx-NSG mice: mdx/C57BL/10 mice were crossed to NSG mice to generate mdx-NSG mice. mdxDBA2 mice were a generous gift from Dr. Melissa Spencer, UCLA, and were crossed to NSG mice to generate mdxD2-NSG mice. Pax7-Zsgreen mice were purchased from The Jackson Laboratory (#029549) and bred in house. Pups were genotyped using TransnetYX to ensure allele mutations. All animals used in this study were backcrossed to the original C57Bl/6 and mdxC57Bl/10 backgrounds for at least five generations.
2.3 Human muscle digestion
Muscles were first washed with 10% fetal bovine serum (FBS) in DMEM/F12% and 0.5% penicillin/streptomycin (P/S) for 10 min. The muscles were then finely chopped in digestion buffer consisting of 5% FBS in DMEM/F12, 0.5% P/S, 0.5% amphotericin (Ampho), 1 mg/ml collagenase II and 1 mg/ml dispase. The suspension was then incubated in 37°C on a shaker for 20–25 min, with intermittent trituration with 5 ml serological pipette. Once incubation time was over, 10% FBS wash buffer was added to the digested muscle to stop enzymatic digestion and the suspension spun at 2000 rpm at 10°C for 5 min. Then the supernatant was discarded and pellet was resuspended with sort buffer consisting of PBS -Mg2+/Ca2+, 1.5%–2% FBS and 0.5% P/S. The suspension was then passed through first 100 μm, then 70 µm and finally a 40 µm filters. The suspension was then spun at 2000 rpm at 10°C for 5 min and the pellet was resuspended with 5–6 ml of sort buffer. Cells were counted and blocked with Human TruStain FcX, then incubated with conjugated antibodies against CD31, CD235a, CD45, CD73, PDGFRα, CD11b and viability dye for 30 min. Lineage depleted cells were then sorted at UCLA Broad Stem Cell Research Center Flow Cytometry Core. Negatively depleted cells were then spun down at 1500 rpm for 5 min at room temperature, the pellet resuspended in SKGM-2 supplemented with 20 ng/ml bFGF and cultured overnight in 6 well plate, incubated for 60 min with matrigel (1 million counted cells/well). The cells were dissociated with TrypLE (Thermo Fisher) the following day for IA delivery or qRT-PCR quantification. Human fetal tissue was obtained from ABR and is IRB exempt. The work was reviewed and approved as exempt with IRB #20-000197.
2.4 Quantitative real time-PCR
Overnight cultured SMPCs were dissociated with TrypLE and RNA was extracted using the RNeasy Plus Micro Kit (Qiagen). cDNA was synthesized using the iScript Reverse Transcription Supermix (Bio-Rad) and quantitative RT-PCR was performed using SsoAdvanced Universal SYBR Green Supermix (Bio-Rad) with technical triplicates on a Thermo Fisher Scientific QuantStudio 6 Pro Real-Time PCR system or a CFX384 Touch Real-Time PCR Detection system (Bio-Rad). Primers used in this study are previously described in (Xi et al., 2017).
2.5 Intravenous cell delivery
Human SMPCs were isolated as previously described, with a change in the sorting strategy. ERBB3 and NGFR positive cells were sorted and propagated for a week before their IV tail vein injection. Mice were sacrificed 48 h after cell delivery.
2.6 Intra-arterial cell delivery protocol
Before cell delivery we included a 45-min downhill exercise regimen similar to described (Mathur et al., 2011) to induce muscle injury in the lower hindlimbs of mice before systemic SMPCs delivery. SMPCs can delivered through the femoral artery of either the left or right leg of the mouse. During the surgery, the mouse needs to be kept on a heating pad. All equipment used should be sterilized by wiping with 70% ethanol. Surgical tools need to be autoclaved the day before the surgery. A hot bead sterilizer was used to sterilize the surgical tools between mice. With an experienced hand, the surgery may take between 45 min to 1 h. The surgery should be done under the microscope in a biohazard BSL class II cabinet, to ensure the maintenance of sterility. It is important to prepare a cage with a heating pad under it to warm up the bedding for the recovering mouse after the surgery. Typically, 800K-1M cells were IA delivered/mouse. Cell dissociation was performed ahead the start of surgery of each mouse. The surgery was performed by making an incision at the inguinal region on the right hindlimb parallel to the femoral vascular bundle, and the femoral vascular bundle is exposed. The femoral artery is then isolated, two 6–0 sutures are passed under it, and one suture is used to obstruct blood flow, upstream of the injection site. In a proximal location to the body, a small cut is made in the femoral artery using a 32 G needle. A 32 G catheter is then inserted (cannulation site) into the femoral artery. Using a pump one million dissociated SMPCs (cultured overnight) are delivered at a flow rate of 50 ul/min in a volume of 100–150 μl of HBSS. After the cell injection, saline is flushed through the catheter to deliver any remaining cells in the catheter. The catheter then is retracted slowly, and while obstructing blood flow upstream of the injection site, a cautery is used to seal the femoral artery at the cannulation site. After sealing the femoral artery and removing the suture obstructing the blood flow, blood should be seen flushing again through the femoral artery. The opened incision area is filled with saline and the incision is sutured using a 5–0 absorbable suture. Mice are monitored after the surgery and kept in cages over a heating pad for recovery. Mice are provided with Carprofen 5 mg/kg of body weight. After 48 h mice were sacrificed and their lungs and muscles were collected and embedded in OCT and frozen in isopentane cooled in liquid nitrogen. Surgeries were performed on n = 3 mice/mouse model for human SMPCs delivery with about 800 K- 1 M cells delivered/mouse. For Zsgreen satellite cells delivery, cells were delivered after sorting and about 50k cells were delivered in each mouse.
2.7 Digital droplet PCR
Alternative sections were collected from muscles and lungs, and genomic DNA was isolated using the zymogen Quick DNA MiniPrep kit according to manufacturer instructions. Samples then were provided for the CFAR Virology Core Lab and Tissue Culture/PCR Facility for further ddPCR processing.
2.8 Immunofluorescence staining
Frozen muscles embedded in OCT were serially sectioned at 10 µm thick cryosections. A hydrophobic barrier was drawn around sections, then washed with 0.1% Tween in PBS (PBST). The sections were then fixed with 4% PFA for 10 min. A permeabilization step, if necessary, followed by washing with 0.3% Triton X-100 in PBS at room temperature for 10 min. Sections were then blocked with 0.25% Gelatin, 0.1% Tween, 3% bovine serum albumin (BSA) and 10% goat serum (GS) in distilled water for 60 min at room temperature. Sections were then incubated in humidified chambers with primary antibodies overnight at 4°C in 0.25% gelatin, 0.1% Tween, 3% BSA and 1% GS. Sections were next incubated for 60 min with fluorophore-conjugated secondary antibodies diluted in PBS and 1% goat serum. DAPI vecatshield mounting media was then used to counterstain nuclei, coverslips were applied and nail polish was used to seal the coverslips. Images were captured using a Zeiss Axio Observer. Z1 microscope equipped with an AxioCamMR3 camera.
2.9 Imaris quantification
At least 16–18 cross-sectional areas along the depth of the gastroc muscle were used for human cells (LaminA/C+ nuclei) quantification in each mouse (n = 3 wt-NSG, n = 3 mdx-NSG and n = 3 mdxD2-NSG) after IA cell delivery. Tile images (at 20X) of each cross-section were captured by Zeiss Axio Observer. Z1 microscope equipped with an AxioCamMR3 with Zen (2.6) blue edition. Zen files with Czi extension were converted and stitched in Imaris File Converter and Imaris Stitcher to an ims format. Images were then analyzed in Imaris software version 9.6 where each image included an endothelial cell marker (CD31-488), human cell marker (LaminA/C-568) and DAPI. Spots feature was used to quantify human cells on the 568 channel, surface feature was used to quantify blood vessels with areas >100 μm2 on the 488 channel, and then the object-object statistics was used to count the number of human cells inside specified blood vessels. Quantification is shown as mean + SD, One way ANOVA with Tukey’s multiple comparisons was used to compare the means of cells detected inside large vessels in wt-NSG, mdx-NSG and mdxD2-NSG.
3 RESULTS
3.1 Optimized intra-arterial cell delivery protocol to lower hindlimb muscles
Lineage depleted SMPCs derived from FW 18 muscles were differentiated in vitro for 5 days in N2 media to validate their myogenic potential (Supplementary Figures S1A, B). We explored two routes of delivery of human SMPCs to lower hindlimb muscles, the first is an intravenous route (IV) where cells were injected into the tail vain of mice, and the second is intra-arterial (IA) where cells were delivered at a flow to the femoral artery (Figure 1A). We evaluated SMPC delivery by measuring human-specific GAPDH in muscle cross-sections using digital droplet polymerase chain reaction (ddPCR). Muscles were serially sectioned, at 10 μm thick cryosections, across the entire muscles with alternative sections collected for ddPCR. Human specific-GAPDH was detected in gastrocnemius muscles with IA delivered cells, but not IV delivered cells (Figure 1B) in mdx-NSG mice. Because cells were not detected in the gastrocnemius muscle after IV delivery in mdx-NSG mouse, we focused our efforts in optimizing the IA delivery method in mdx-NSG and mdxD2-NSG mice. We were able to detect human-specific GAPDH in the right hindlimb muscles, where surgery is performed, of mdx-NSG and mdxD2-NSG mice 48 h after cell delivery (Figure 1C), but not in the contralateral hindlimb (data not shown). In intramuscular (IM) cell engraftment experiments, muscles are typically injured 24 h before cell delivery using cardiotoxin, barium chloride, or cryoinjury, to induce muscle damage and assist in cell engraftment (Brimah et al., 2004; Ehrhardt et al., 2007; Darabi et al., 2008; Sacco et al., 2010; Sakai et al., 2013; Hicks et al., 2018). As this is not feasible for systemic delivery, we included a 45-min downhill exercise regimen similar to described to induce muscle injury in the lower hindlimbs of mice before systemic SMPC delivery (Mathur et al., 2011). Matthias et al. (2015) described a detailed method for IA cell delivery through the femoral artery with successful detection of human cells in the muscle. However, in the previous protocol after cell delivery the femoral artery is ligated, which in our hands caused a prominent ischemia injury detected in the gastrocnemius muscle of mdx-NSG mice (Supplementary Figure S1C). Femoral artery ligation has been demonstrated to cause ischemic gastrocnemius muscle injury with a decreased blood flow to the limb below the ligation site (Paoni et al., 2002; Padgett et al., 2016; Tu et al., 2021). Another IA cell delivery protocol described by Gerli et al. (2014) re-establishes blood flow in the femoral artery after cell delivery, however, the cells are not delivered at a constant flow rate. Our approach is optimized from other IA delivery strategies by combining both delivery of the cells at a constant flow rate of 50 μl/min of cell suspension using a catheter, and by restoring blood flow after cell delivery, to prevent muscle ischemic injury (Figures 2A–D). Approximately 800K-1M SMPCs were delivered to male wt-NSG, mdx-NSG or mdxD2-NSG mice.
[image: Figure 1]FIGURE 1 | Intra-arterial cell delivery route improves delivery of human skeletal muscle progenitor cells to lower hindlimb gastrocnemius muscle. (A) Intravenous (IV) injection is performed by tail vein injection while intra-arterial (IA) cell delivery is performed by injecting the cells into the femoral artery of either the right or left hindlimb. (B) Human specific-GAPDH concentration measured in homogenized cross sections in mdx-NSG right gastrocnemius muscle (R. Gastroc) after IV and IA delivery utilizing digital droplet polymerase chain reaction. Alternative sections were collected for gDNA isolation, error bars showing mean ± SD. (C) Human specific-GAPDH concentration measured in homogenized cross sections of mdx-NSG and mdxD2-NSG right hindlimb muscles (where IA surgery was performed). Error bars showing mean + SD.
[image: Figure 2]FIGURE 2 | Optimized intra-arterial cell delivery protocol to lower hindlimb muscles (A) Schematic of experimental flow of IA systemic cell delivery. FW18/19 are lineage depleted and cultured overnight, cells are dissociated, and IA delivered at a 50 µl/min flow rate, and lower hindlimb muscles, including gastrocnemius muscle, are collected 48 h after surgery. (B, C) The femoral bundle consisting of the femoral artery, femoral nerve and femoral vein are exposed once retractors are used to open the incision site. (D) Detailed protocol of intra-arterial cell delivery where ① the femoral nerve and femoral artery are dissected away from the femoral vein. ② and ③ Two 6–0 size silk sutures, are passed underneath the femoral artery. ④ the silk suture upstream of the injection site is pulled to stop blood flow. ⑤ and ⑥ A 30 G needle is used to make a small puncture in the femoral artery downstream of the blood occlusion site ⑦ 32G catheter is then inserted into the femoral artery and secured with the second suture downstream of the injection site. Cell infusion is started at 50 μl/min ⑧ After untying the suture securing the catheter and retrieving the catheter from the femoral artery, a cauterizer is used to seal the infusion site. After removing the suture occluding the blood flow to the femoral artery, blood flow should be seen restored into the femoral artery.
3.2 The severity of DMD mouse model impacts systemic human skeletal muscle progenitor cells delivery into lower hindlimb muscles
Despite our efforts to prevent muscle injury after optimization of IA systemic delivery procedure, severe injury was detected in the lower limb muscles in mdxD2-NSG mouse model, but not in mdx-NSG or wt-NSG (Supplementary Figure S2). To further investigate this finding, we performed histological analysis using hematoxylin and eosin staining on gastrocnemius muscle cross-sections of wt-NSG, mdx-NSG and mdxD2-NSG after SMPCs IA delivery. We observed prominent clotting occurring in large blood vessels in mdxD2-NSG, but not in wt-NSG and mdx-NSG (Figure 3A). These findings indicate a pronounced difference in SMPC IA cell delivery in severely dystrophic mouse model compared to healthy and dystrophic mouse models. To evaluate SMPC localization after their IA systemic delivery and whether the cells home to the muscle, right gastrocnemius muscles cross-sections were analyzed from all mouse models. In a successful cell delivery procedure, the human cells are expected to be detected outside the blood vessels and homing to the muscle (Figure 3B). Using both Zen 2.6 and Imaris Cell Imaging software we quantified human LaminA/C cells, a human cell perinuclear marker, in at least 16 cross-sections taken across the length of the muscle. Interestingly, we found significantly more human cells detected in gastrocnemius muscles per total cross-sectional area quantified in mdx-NSG and mdxD2-NSG compared to wt-NSG (Figure 3C). Of the total counted cells, significantly higher number of SMPCs, about 40%, quantified in wt-NSG gastrocnemius muscle cross-sections were detected outside the blood vessels, while only about an average of 20% and 18% were detected outside blood vessels in mdx-NSG and mdxD2-NSG, respectively (Figure 3D).
[image: Figure 3]FIGURE 3 | The severity of DMD mouse model impacts systemic human skeletal muscle progenitor cells delivery into lower hindlimb muscles. (A) Histological analysis of right gastrocnemius muscle after intra-arterial cell delivery in wt-NSG, mdx-NSG and mdxD2-NSG muscles. (B) Gastrocnemius muscle cross-sections staining for human skeletal muscle progenitors cells (marked by human nuclie marker LaminA/C, red) and blood vessels (marked by endothelial cells marker CD31, green) with human cells detected outside the blood vessels. Scale bars at 10 µm. (C) Plot of the total human cells quantified/cross-sectional area of the gastrocnemius muscles of wt-NSG, mdx-NSG and mdxD2-NSG mouse models. (N = 3/mouse model, One Way ANOVA with Tukey's multiple comparisons, errors bars show mean ± SD, *p ≤ 0.01, **p << 0.01). (D) Plot of the percentage of the total cells quantified outside blood vessels/cross-sectional area in wt-NSG, mdx-NSG and mdxD2-NSG muscles. (N = 3/mouse model, One Way ANOVA with Tukey’s multiple comparisons, errors bars show mean±SD, *p ≤ 0.05).
Because of the high frequency of detecting human SMPCs inside blood vessels, we then focused on evaluating the localization of SMPCs within blood vessels (Figures 4A–C). On average of the total SMPCs quantified in all gastrocnemius muscle cross-sections, 60%, 84%, and 62% of cells were observed inside the smallest blood vessel unit, the capillaries, in wt-NSG, mdx-NSG and mdxD2-NSG, respectively (not shown). We next sought to determine the differences in cell localization in large blood vessels between wt-NSG, mdx-NSG and mdxD2-NSG gastrocnemius muscles. Using Imaris Cell Imaging software we measured the area of larger vessels (veins/venules and arteries/arterioles) with human cells inside them and found that in mdx-NSG gastrocnemius muscles an average of 74 blood vessels with cross-sectional areas greater than 100 μm2 had SMPCs detected in them, compared to an average of 154 blood vessels in mdxD2-NSG (Figure 4D). SMPCs detected inside 100 μm2 blood vessel or greater in wt-NSG was negligible. Taken together we found that human SMPCs engraft inefficiently to lower hindlimb healthy and dystrophic muscles and are mainly detected inside blood vessels. We observed that human SMPCs localize in blood vessels distinctly in wt-NSG and mdx-NSG and mdxD2- NSG, with prominent clotting identified in mdxD2-NSG after human SMPCs IA systemic delivery. These findings indicate that the severity of DMD impacts human SMPC systemic delivery.
[image: Figure 4]FIGURE 4 | Significantly more human skeletal muscle progenitor cells are detected in large blood vessels in severely dystrophic gastrocnemius muscles. (A–C) Cross sections of right gastrocnemius muscles of wt-NSG, mdx-NSG, and mdxD2-NSG showing human nuclei (H-laminA/C, red) 48 h post IA cell delivery. SMPCs are detected inside blood vessels. Scale bars at 50 µm. (D) Comparison of the average number of blood vessels with a cross-sectional area >100 μm2 with SMPCs detected inside in wt-NSG, mdx-NSG and mdxD2-NSG gastrocnemius muscles. (One way ANOVA with Tukey’s multiple comparisons, error bars represent mean ± SD, *p < 0.05, **p < 0.01).
To verify that the previous findings were not influenced by cell size of human SMPCs, we IA delivered SCs to mdx-NSG mice (n = 2). For easier detection of the mouse SCs after delivery, we used a Pax7-ZsGreen transgenic mouse model that express enhanced green fluorescent protein for SCs isolation (Figure 5A). Because SCs are fewer in adult mouse muscle tissue, only about 50 K Zsgreen + SCs were delivered after their sort. The Zsgreen SCs were still detected inside capillaries in the mdx-NSG model, suggesting that the size of human SMPCs is not a main factor for their detection in capillaries (Figure 4B). This finding also suggests that human SMPC and mouse SCs are equally not equipped with the machinery that would enable them to home to the muscle.
[image: Figure 5]FIGURE 5 | Mouse satellite cells do not efficiently extravasate. (A) Isolation of Zsgreen positive satellite cells for IA delivery in mdx-NSG mouse model. To confirm that Zsgreen cells isolated are indeed satellite cells, CD34 and ITGα7 staining was also performed on ZsGreen cells. Of the total Zsgreen + cells analyzed, 93% were CD34 and ITGα7 positive. (B) 50 K of healthy mouse Zsgreen satellite cells (green) were IA delivered to mdx-NSG mice (n = 2) and they were detected in capillaries. Scale bar 20 µm.
DISCUSSION
Cell based therapies for muscle diseases including DMD offer enormous potential for personalized therapies especially in combination with gene correction (Young et al., 2016; Hicks et al., 2018). The challenge faced is the lack of the ability to efficiently deliver cells to multiple muscles, which will be needed for neuromuscular diseases where multiple muscles are affected. Previously published reports for systemic delivery targeting multiple muscles did not deliver cells at a constant flow rate or were not able to re-establish blood flow back into the artery after cell delivery. Therefore, it was imperative to optimize an IA cell delivery protocol that provides delivered cells with the optimal conditions for muscle homing. Here we developed an optimized protocol for IA cell delivery by delivering the cells at a constant flow rate using a pump and catheter, and by establishing blood flow back into the femoral artery after cell delivery. This protocol confirmed its versatility with SMPCs delivered in three different mouse models, immunocompromised healthy and two dystrophic mouse models. Although this protocol has been developed for the delivery of SMPCs, it can be adapted for the delivery of other cell types, which we demonstrated by the delivery of mouse SCs, or for the delivery of modalities important for gene therapies.
The optimization of the IA protocol led us to focus on evaluating the systemic delivery potential of SMPCs in healthy and DMD mouse models. We found that although SMPCs can reach multiple lower limb muscles after IA systemic delivery, the efficiency is too low to lead to robust long-term engraftment. Moreover, cells are detected in the tibialis anterior, gastrocnemius, hamstring and lateral thigh muscles of the injected leg (right or left) where the procedure is performed, but not in the contralateral hindlimb muscle (data not shown). Evaluation of gastrocnemius muscle structure after IA delivery showed severe clotting evident in mdxD2-NSG, but not in wt-NSG or mdx-NSG muscles. Despite the fact that about the same number of cells were delivered to all mice across the mouse models, significantly fewer human SMPCs were detected in the wt-NSG gastrocnemius muscles in overall quantified cross-sectional areas. Interestingly, of the total human SMPCs quantified in the wt-NSG gastrocnemius muscle cross-sections, significantly higher number of cells were detected outside blood vessels compared to mdx-NSG and mdxD2-NSG. We therefore propose that less human SMPCs adhered to blood vessels in wt-NSG muscles compared to both DMD mouse models, which indicates a role the diseased microenvironment plays in the efficiency of systemic cell delivery.
Nonetheless, our current findings do not suggest that human SMPCs are homing efficiently to healthy muscle, as the majority of human SMPCs quantified were still detected inside blood vessels in all mouse models. However, interestingly, the localization of human SMPCs was distinct between the mouse models, with cells in the mdxD2-NSG observed in large blood vessels forming clots, not observed in mdx-NSG and wt-NSG muscles. These findings suggest that SMPCs are not endowed with the machinery to escape blood vessels to the surrounding muscle. Due to technical limitations, low number of SCs were delivered to the hindlimb muscle of mdx-NSG mice. However, as a proof of concept, we have shown that the gold standard mouse muscle stem cells also do not have the potential to extravasate efficiently. This challenge could perhaps be overcome by overexpressing the components needed to enable cells to extravasate utilizing the machinery used by leukocytes (Ley et al., 2007), but will require extensive optimization and a combination of cell and gene therapy approaches to overcome this large barrier to systemic based deliveries to muscle.
In summary, here we optimized an IA cell delivery protocol that can be utilized for both cell delivery and potentially combination cell and gene therapy applications. We have shown that IA systemic based cell delivery can be performed using human SMPCs, but the efficiency is too low to be considered for use in therapeutic applications. Indeed, in severely dystrophic mouse models it could be detrimental. We have shown differences in human SMPCs delivery in healthy, dystrophic and severely dystrophic muscles. These findings highlight the need to further understand the differences in skeletal muscle microenvironment between healthy, dystrophic and severely dystrophic mouse models, namely, endothelial cells that line the interior surface of blood vessels. Future studies will likely need to develop combination therapies targeting both the diseased microenvironment as well as generating a better SMPC that can be engineered to extravasate in parallel prior to use in regenerative medicine approaches for muscular dystrophy.
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Supplementary Figure 1 | Optimized intra-arterial cell delivery prevents severe muscle ischemia injury (A) qRT-PCR of myogenic markers of lineage depleted human skeletal muscle progenitor cells (FW18). n = 3 biological samples, data are normalized to GAPDH as mean ± SD of technical triplicates. (B) Lineage depleted human skeletal muscle progenitor cells (FW18) fuse and form PAX7+ cells when differentiated in vitro for 5 days in N2 media. Scale bar at 100 µm. (C) Histological analysis, hematoxylin and eosin, staining of mdx-NSG gastrocnemius muscle 48 h after intra-arterial cells delivery in the right femoral artery. Top: control left gastrocnemius muscle, bottom left: mdx-NSG right gastrocnemius muscle with femoral artery ligation, bottom right: right gastrocnemius muscle with intra-arterial cell delivery procedure optimization fibrotic areas.
Supplementary Figure 2 | Lower hindlimb morphology after intra-arterial cell delivery in mdx-NSG and mdxD2-NSG mice. mdxD2-NSG muscles show severe ischemia with H&E staining showing blood clots inside large blood vessels whereas control hindlimbs do not.
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The conversion of fibroblasts into myogenic cells is a powerful tool to both develop and test therapeutic strategies and to perform in-depth investigations of neuromuscular disorders, avoiding the need for muscle biopsies. We developed an easy, reproducible, and high-efficiency lentivirus-mediated transdifferentiation protocol, that can be used to convert healthy donor fibroblasts and a promising new cellular model, urinary stem cells (USCs), into myoblasts, that can be further differentiated into multinucleated myotubes in vitro. Transcriptome and proteome profiling of specific muscle markers (desmin, myosin, dystrophin) was performed to characterize both the myoblasts and myotubes derived from each cell type and to test the transdifferentiation-inducing capacity of MYOD1 in fibroblasts and USCs. Specifically, the Duchenne muscular dystrophy (DMD) transcripts and proteins, including both the full-length Dp427 and the short Dp71 isoform, were evaluated. The protocol was firstly developed in healthy donor fibroblasts and USCs and then used to convert DMD patients’ fibroblasts, with the aim of testing the efficacy of an antisense drug in vitro. Technical issues, limitations, and problems are explained and discussed. We demonstrate that MyoD-induced-fibroblasts and USCs are a useful in vitro model of myogenic cells to investigate possible therapies for neuromuscular diseases.
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1 INTRODUCTION
Duchenne muscular dystrophy (DMD) (OMIM # 310200) is a rare X-linked genetic disease affecting 21.4 children per 100,000 live male births. It is caused by mutations affecting the DMD gene resulting in reduction or complete absence of the related protein: dystrophin (DYS) (Crisafulli et al., 2020) (Muntoni et al., 2003). The most common mutations in DMD are large deletions and duplications, followed by small ins/del, point mutations, and splicing or deep intronic copy number variations (CNVs)/small mutations. Although the most frequent mutations are easily identifiable by a DNA test (i.e., MLPA, Sanger sequencing, gene panel), approximately 1% of atypical mutations require RNA analysis to be identified (Neri et al., 2020). In recent years, many therapeutic strategies have been developed aiming to restore functional dystrophin in DMD muscles or to ameliorate the DMD patient’s symptoms (Iftikhar et al., 2021). Other therapeutic strategies are now in development or in clinical trials (Fortunato et al., 2021), requiring a robust and reliable in-vitro model for their development. Neuromuscular disease-specific in-vitro models are more readily available than in vivo models, and are relevant for mutations present in patients that do not occur in existing rodent models (Fralish et al., 2021). However, these cellular models are frequently obtained from myoblasts isolated from skeletal muscle biopsies (San Miguel and Vargas, 2006). Muscle biopsies are also required to perform the in-depth analysis on RNA to study and confirm the occurrence of atypical mutations. Unfortunately, muscle biopsies are invasive procedures, and require particular attention in boys affected by DMD in view of the well-known general anesthesia related adverse events in this population (Thavorntanaburt et al., 2018). In this scenario, cellular genetic reprogramming offers a great advantage, allowing the use of other mesoderm derived cells instead of myoblasts derived from skeletal muscle biopsies. Indeed, the MyoD gene, the master regulatory factor, is able, once delivered into non-muscle lineage cells, such as dermal fibroblasts, to transdifferentiate them into muscle-like cells able to reproduce the disease phenotypic characteristics (Fujii et al., 2006). The most common delivery system is viral vector-mediated, but it has some limitations. For example, retroviral vectors have a very low transduction efficiency in slow-growing cells (Roest et al., 1999), whereas adenoviral vectors potentially offer a better transduction efficiency but exhibit cytotoxicity at high titres, require expression of the receptor of interest in the cells under study and do not integrate, leading to dilution following cell division (Fujii et al., 2006). To address these issues, we have developed a lentiviral vector, that is able to transduce both dividing and non-dividing cells, and efficiently and is reproducibly capable to reprogram dermal fibroblasts, derived from a skin biopsy, into myotubes in vitro. We also used the same lentiviral vector carrying the MyoD gene to transfect urinary stem cells (USCs) (Falzarano et al., 2016), to explore an entirely non-invasive cellular model. Aiming to test a DMD morpholino antisense oligomer (PMO) to skip DMD exon 53, golodirsen (Anwar and Yokota, 2020), we optimized an in vitro strategy of drug administration in MyoD-lentiviral transfected fibroblasts from both healthy donors and DMD patients. Protein and RNA extracted from these transfected and treated fibroblasts were analysed by qPCR with TaqMan systems and with highly efficient capillary Western blot (Wes), to evaluate the drug efficacy on DMD transcript and dystrophin protein restoration (Rossi et al., 2021) (Rossi et al., 2022). Considerations about the effect of transdifferentiation on DMD transcripts and DYS expression on healthy donor fibroblasts and USCs are discussed. We also characterized in detail two dystrophin protein isoforms, the short Dp71 and the full-length Dp427 m expression in these cellular models. Previous work had suggested that Dp71 expression is ubiquitously expressed with the exception of adult differentiated skeletal muscle, Dp427 m is the major isoform expressed in skeletal muscle fibers and it is only expressed in myofibers and muscle stem cells (de León et al., 2005). Thus, we analysed Dp71 and Dp427 m transcript and protein expression in induced and non-induced fibroblasts and urinary stem cells.
2 MATERIALS AND EQUIPMENT
2.1 Materials, chemical

• DMEM high-glucose (Gibco, cat. no. 41966-052)
• Fetal bovine serum (FBS) (GIBCO) (Thermo Fisher, cat no. 26140)
• Horse serum (HS) (Thermo Fisher, cat no. 16050130)
• Penicillin/streptomycin (Pen/Strep) (Sigma, cat. no. P0781)
• Mega Cell (Sigma, cat. no. M3942)
• Non-Essential Amino Acids (NEAA) (Gibco, cat. no. 11140-050)
• 100X Glutamax (Gibco, cat. no. 35050-038)
• Skeletal Muscle Cell Differentiation Medium, ready to use, (Promocell, cat. no. C-23061)
• Trypsin-EDTA (Gibco, cat no. 15400-050)
• Phosphate-buffered saline (PBS) (Gibco, cat. no. 14190-094)
• Corning Matrigel Basement Membrane Matrix Growth Factor Reduced (Corning, cat. no. 354230)
• Doxycycline Hyclate (Sigma-Aldrich, cat. no. D9891)
• Puromycin: (Gibco, cat. no. A11138-03)
• Recombinant human epidermal growth factor (hEGF) (Lonza Bioscience, cat. no. CC-4107)
• Basic recombinant human fibroblast growth factor (bFGF) (Prospec-Tany, cat. no. CYT-218)
• Platelet-derived growth factor (PDGF-AB) (Prospec-Tany, cat. no. CYT-342)
• REBM Basal Medium (Lonza, cat. no.CC-3191)
• REGM renal epithelial SingleQuots Kit (Lonza, cat. no.CC-4127)
• Gibco Ham’s F-12 Nutrient Mix (Gibco, cat. no. 11765054)
• Antibiotic/antimycotic solution (Sigma-Aldrich, cat. no. 120M0827)
• Ultrapure water with 0.1% gelatin (gelatin) (Millipore, cat. no. ECM0011B)
• Complete Protease Inhibitor Cocktail (Roche, cat. no. 11697498001)
• Plasmid: LV-TRE-VP64 mouse MyoD-T2A-dsRedExpress2 (donated by Dr Charles Gersbach but commercially available from Addgene plasmid no. 60625)
• Antisense PMO, Stock solution 1 mM.
• Endo-porter (PEG, Gene-Tools, cat. no. 2922498000)
• EndoFree Plasmid Giga Kit (QUIGEN, cat. no. 12391)
• RNeasy Mini Kit (QUIAGEN, cat. no. 74104)
• DNase I enzyme, Deoxyribonuclease I (Thermo fisher, cat. no.18068015)
• High-Capacity cDNA Reverse Transcription Kit (Applied Biosystems, cat. no. 4368814)
• TaqMan Universal PCR Master Mix (Thermo Fischer scientific, cat. no 4304437)
• Customized TaqMan systems (Thermo Fischer scientific, cat. no.4331348)
• Commercial TaqMan system for ACTBL2 gene, Hs01101944_s1 (Thermo Fischer scientific, cat. no.4331182)
• DNAse enzyme (Thermo Fisher cat. no. 1847019)
• Pierce BCA kit (Thermo Fisher Scientific, cat. no. 23250)
• Rabbit anti-dystrophin antibody (ab15277, Abcam, UK, dilution 1/50; ab154168)
• Anti Mf20 antibody (Developmental Studies Hybridoma Bank, United States, 1:200)
• Anti Desmin antibody clone D33 (Dako, Agilent, 1:50)
• Anti-Human Fibroblast Surface Protein (Sigma, 1:500)
• Anti-rabbit (DM-001) and anti-mouse (DM-002) detection modules (Protein Simple, Bio-Techne)
• 66-440kD WES separation module 8 × 25 capillary cartridge (SM-W008, Bio-Techne)
• EZ Standard Pack 3 (PS-ST03EZ-8, Bio-techne)
• Alexa Fluor-488 goat anti mouse and anti rabbit antibodies (1:1000, ThermoFisher, United States)
2.2 Materials, single-use plastic

• Steripipettes
• Counting Slides
• 15 mL sterile Falcon tubes
• 50 mL sterilie Falcon tubes
• T75 sterile flasks
• T175 sterile flasks
• 12 sterile well plate, flat bottom
• 6 sterile well plate, flat bottom
2.3 Equipment

• Wes system (ProteinSimple, Bio-Techne, United States)
• Real-Time PCR System (StepOnePlus™, Applied Biosystems, MA, United States)
2.4 Reagent setup

• Fibroblast Growth Medium: DMEM high-glucose, 10% FBS, 1% Pen/Strep
• Priming Differentiation Medium (MegaCell): Mega Cell, 2% FBS, 1% NEAA, 1% 100X Glutamax
• Secondary Differentiation Medium (PromoCell): PromoCell Skeletal Muscle Cell Differentiation Medium added with the provided supplement.
• Mesenchymal Proliferation Medium: DMEM high glucose, 10% FBS, 1% 100X GlutaMAX, 1% NEAA, 1% antibiotic/antimycotic solution, 5 ng/mL bFGF, 5 ng/mL PDGF-AB, 5 ng/mL EGF.
• USC Proliferation Medium: RE cell basal medium added with Renal Epithelial SingleQuots Kit (following company instruction) and Mesenchymal proliferation medium mixed at a 1:1 ratio.
• USC transfection Medium: DMEM high-glucose, 2% HS, 1% antibiotic/antimycotic solution.
• Corning Matrigel Basement Membrane working stock (Matrigel): to dilute the master stock to 0.1 mg/mL in DMEM-serum free, keeping Matrigel master stock on ice, see detailed protocol (Muses et al., 2011). Working solution should be stored at 4°C for no longer than 1 month.
• Puromycin working stock (Puromycin): experimentally determined (see below) to be 0.75 μg/mL with a maximum ratio of 10,000cells/100 μL medium.
• Doxycycline Hyclate working stock (Doxycycline): 3 μg/mL stock solution diluted to 10^3 diluted (1 μL in 10 mL of medium).
• Lysis buffer A: urea 4M, Tris 125 mM pH 6.8, SDS 4%.
3 METHODS
3.1 Cells
This work was performed under the NHS National Research Ethics: setting up of a rare diseases biological samples bank (biobank) for research to facilitate pharmacological, gene and cell therapy trials in neuromuscular disorders (REC reference number: 06/Q0406/33), and the use of cells as a model system to study pathogenesis and therapeutic strategies for Neuromuscular Disorders (REC reference 13/LO/1826).
1 HEK-293-T Cell Line (Merck KGaA, Darmstadt, Germany, cat.no. 12022001-1VL) and 1 Lenti-X™ 293T Cell Line (Takara, 2022, cat.no. 632180) were used for large-scale vector production (Albrecht et al., 2015.). 1 Human fibrosarcoma HT1080 cell line (ATCC, cat. no. CCL-121) was used to perform lentiviral titration and to establish the protocol. Fibroblasts from 5 human adult healthy donors, were isolated from skin biopsies collected after obtaining written informed consent, to test the protocol reproducibility and to perform the RNA and protein tests. Urinary stem cells were previously isolated from 2 human adult healthy donors and cultured following the Falzarano et al. protocol (Falzarano et al., 2016).
3.2 Lentivirus and protocol set up
3.2.1 Plasmid
In this study was used the plasmid LV-TRE-VP64 mouse MyoD-T2A-dsRedExpress2 kindly donated by Dr Charles Gersbach. Briefly we cloned the MyoD gene fused with Vp64 activation domain into a Tet-ON lentiviral vector. The lentiviral vector constitutively expresses the reverse tetracycline transactivator (rtTA2S-M2) and the puromycin resistance gene (PuroR) from the human phosphoglycerate kinase (hPGK) promoter. It also contains a DsRed Cassette downstream of the tetracycline response element (TRE) promoter. The rtTA2S-M2 binds to the TRE and activates expression of the downstream genes in the presence of doxycycline. Vp64 enhances the expression of the downstream gene, the MyoD factor. The puromycin selection cassette enables enrichment of transduced cells, while the DsRed cassette enables assessment of transduction efficiency.
3.2.2 Lentiviral production
Lentiviral production was undertaken using either HEK293T or the commercial LentiX HEK293T cell lines. A 24-flask production system was utilized, with separate harvests and ultracentrifugation steps at 48 and 72 h. The time of lentiviral harvest is critical to the titer that will be achieved (TAKARA BIO INC.). The LentiX cell line was used in an attempt to increase viral titer, but it appears to give a slightly lower titer than the HEK293T cells (data not shown). All the transduction experiments were conducted using only the HEK293T 48h samples.
3.2.3 Lentiviral titration
50,000 HT1080 cells (Schwartz et al., 2013) were transduced with two different volumes of lentivirus (Table 1) and cultured for 7 days (virus was added to cell cultures on day 1 and cells were collected on day 7), to ensure lentiviral integration. DNA was harvested, diluted to 20 ng/μL, and assessed by qPCR using both custom TaqMan system for the LTR virus gene and commercial TaqMan system for human beta actin genes, alongside plasmid serial 7-points dilution ranging from 10E^10 to 10E^3. qPCR experiment conditions are described in Kutner, et al (2009) (Kutner et al., 2009).
TABLE 1 | MyoD Lentiviral Titres obtained using two different commercial cell lines, HEK293T and LentiX HEK293T. Titres were obtained using cells harvested after 48 h of culturing.
[image: Table 1]3.2.4 Determination of the optimal multiplicity of infection (MOI)
Lentiviral transductions were undertaken on 1E^5 HT1080 cells, in 6 well-plates. To determine the baseline of transduction we analysed the DsRed reporter gene expression by FACS, using increasing multiplicity of infections (MOIs) (MOI 1, MOI 5, MOI 7) listed in Table 2. Each analysis was conducted pre and post 10 days of puromycin selection (Figure 1A). DsRed positive cells count take advantage of the DsRed fluorescent label cassette within plasmid #60625. After puromycin selection, MOI 1 and 5-transfected cells showed comparable DsRed expression as shown by FACs profiles and positive cell counts (Figures 1A, B). Cells transfected with MOI 7 had a slightly reduced number of cells compared to the other MOIs (Figure 1B). The DsRed positive cell count reveals a correlation between MOIs and the initial baseline transduction efficiency. However, following approximately 10 days of puromycin selection, the proportion of DsRed positive cells appeared to be similar between groups, especially between MOI 1 and 5. MOI 1 was selected to avoid cell stress and save virus stocks, achieving the same result compared to the other MOIs.
TABLE 2 | Multiplicity Of Infection (MOI) volumes to optimize transduction with increasing MOIs.
[image: Table 2][image: Figure 1]FIGURE 1 | MOIs selection. (A) FACs profiles of human healthy fibroblasts infected with increasing multiplicity of infections (MOIs), pre (left graph) and post (right graph) puromycin selection. Red peak corresponds to non-transfected cells used as control sample, light blue peak to MOI 1, orange peak to MOI 5 and green peak to MOI 7. (B) DsRed positive cell count of human healthy fibroblasts infected with increasing multiplicity of infections (MOIs), pre (blue bars) and post (red bars) puromycin selection. Y-axis is the percentage of red signal from the DsRed Fluorescent label cassette present within the plasmid. The X-axis shows the different MOIs tested. Table below the graph shows the peak values.
3.2.5 Determination of the optimal puromycin concentration
The puromycin working concentration recommended by the manufacturer (Gibco) ranges from 0.2 to 5.0 μg/mL, although the company website reports toxicity in eukaryotic cells at concentrations of 1 μg/mL. We tested two concentrations: 1 μg/mL and 0.75 μg/mL. We found that a dose of 1 μg/mL results in reduced proliferation, granulations and markers of stress in transfected fibroblast populations. On the contrary, a dose of 0.75 μg/mL allows selection of transfected cells without interfering with proliferation or causing excessive cell stress. Thus, 0.75 μg/mL was chosen as working concentration for human fibroblast selection. Moreover, at this concentration, we found that puromycin causes toxicity if it is administrated with a ratio greater than 100 µL of medium containing 0.75 μg/mL of puromycin for 10,000 cells.
3.2.6 Medium selection
After puromycin selection (11 days in total), fibroblasts were seeded on Matrigel-coated flasks and differentiated using two different media (MegaCell and PromoCell differentiation medium), both containing doxycycline (0.1 μL/mL), to test their effect on myogenic differentiation. After 10 days, cells cultured with both media were analyzed for the expression of myosin as a myotube marker, by IHC (Figure 2). The analysis revealed that MegaCell medium resulted in better viability (Figure 2A), whereas PromoCell differentiation medium resulted in better fusion (Figure 2B). It was decided to move to a culture system using both media: MegaCell for 5 or 9 days (see below) from the start of transdifferentiation and PromoCell for the 5 remining days, for a total of 14 days in differentiation media, in order to achieve a reasonable viability and fusion.
[image: Figure 2]FIGURE 2 | Immunofluorescence staining of transduced fibroblasts to assess MyoD-mediated differentiation and fusion of cells. Nuclei are stained in blue (DAPI), Sarcomeric myosin heavy chain in green using MF20 antibody and in red the residual DsRed associated with the transgene expression. Panel (A) shows cells grown for 10 days in primary culture medium and panel (B) shows cells grown for 10 days in the secondary culture medium. Magnification: bar 124 and 336 microns in panel A, B, respectively.
3.3 Fibroblast MyoD transduction protocol
Expand human fibroblast cells to reach 70%–80% confluence, in a T75 flask containing 5 mL of fibroblast growth medium. Then, trypsinise cells (remove all medium, wash cells with 5 mL of PBS, add 3 mL of trypsin-EDTA to each flask, place in an incubator until the cells have detached (approximately 2- 3 min), inactivate trypsin with 5 mL of fresh growth medium), count and seed 10^5 cells/well in a 6 well plate, using 1mL/well of fibroblast growth medium. Gently agitate thawed lentiviral aliquots and pipette a volume consistent with the selected MOI. In this case we used 14.08 µL of MyoD Lentiviral prep “HEK293T 48hrs” at multiplicity of infection 1 (MOI 1) to infect 100,000 cells in 1 mL. Apply gently using a dropwise circular motion. Wet tips with medium before taking up the virus to reduce the possibility of the virus adhering to the plastic tip.
Place cells with freshly applied lentivirus into an incubator at (37°C/5% CO2) for 24 h. Ensure you close the incubator door gently. After 24 h of incubation, change the medium to 2 mL of fresh fibroblast growth medium and continue to grow the cells until they reach 80%–90% of confluency (around 3–4 days).
3.3.1 Expansion of MyoD transduced fibroblasts from a 6 well plate
Trypsinise cells and plate them into a T75 flask with 10 mL of fresh fibroblast growth medium. Change the medium every 2–3 days. Examine cells every day, they should reach 70%–80% confluency in 3–4 days post seeding.
3.3.2 Puromycin selection of MyoD transduced cells
Once cells have reached 70%–80% confluence, add puromycin (at previously determined concentration of 0.75 μg/mL) to fresh fibroblast growth medium. Change the medium with puromycin every 2–3 days, for either a total of 11 days, or until 80%–90% confluency is reached.
3.3.3 MyoD trans-differentiation of transduced and cell selection
Coat wells of 6-well plates with Matrigel (add 700 µL of the Matrigel per well, rock the plate gently, put in an incubator 37°C/5% CO2 for 1 h, aspirate the excess Matrigel). Without allowing the Matrigel to dry out, seed 10^5 of puromycin-selected-cells per well in 2 mL of fibroblast growth medium without puromycin. Once cells are confluent, apply a Matrigel top layer to each well (aspirate all the medium, add 700 µL of Matrigel working solution to the cells, incubate for an hour, then remove excess Matrigel). From this step it is essential to work extremely carefully to prevent cell detachment. Add 2mL/well of Priming Differentiation Medium supplemented with doxycycline. This represents the start of the trans-differentiation process. Perform complete media changes using Priming Differentiation Medium supplemented with doxycycline every 2 -3 days. Myotube formation will be evident after 3–5 days. After 7 days from the start of the transdifferentiation (step 12), the top layer of Matrigel should be re-applied, as described in step 11. After 5 or 9 days* in Priming Differentiation medium, cells are transitioned to the Second Differentiation medium supplemented with doxycycline and maintained for 5 days * 9 days are recommended for functional tests such as drug tests or to evaluate proteins expressed at a later stage of myogenic differentiation.
3.4 USCs MyoD transduction protocol
Grow human USCs until they reach 80%–90% confluence, in a 6-well plate using 2 mL of USC proliferation medium/well. Trypsinise the cells (remove all medium, wash wells twice with 500 µL of trypsin-EDTA, add 500 µL of trypsin-EDTA to each well, place the plate in an incubator until the cells have detached (around 2- 3 min), inactivate trypsin with 2 ml of USC Proliferation medium/well). Mix cells from two wells in a 15 mL Falcon tube and count them. Centrifuge Falcon tubes (10 min at 400x g at room temperature (RT)), discard supernatant and wash pellets with 5 mL of USC transfection medium. Centrifuge Falcon tubes (10 min at 400x g, RT), discard supernatant and resuspend each pellet with 1 mL of USC transfection medium. Add 14.08 µL of MyoD Lentiviral preparation “HEK293T 48hrs” at MOI 1 to 10^5 cells. Perform the infection in Falcon tubes. Wet tips with medium before taking up the virus to reduce the possibility of the virus adhering to the plastic tip. Incubate Falcon tubes at 37°C/5% CO2 for an hour (lid should be not completely closed), mixing gently once, after 30 min of incubation. Coat T25 flasks with 0.1% gelatin (add 2.5 mL of gelatin/flask, rock the plate gently, put in an incubator at 37°C/5% CO2 for 30 min, aspirate the excess of gelatin, wash with 3 mL of PBS containing 1% of antibiotic/antimycotic solution, remove excess washing solution). Transfer infected cells from Falcon tubes into gelatin-coated T25 flasks (one flask for each Falcon tube). Place flasks into an incubator at (37°C/5% CO2) for 24 h. Ensure you close the incubator door gently. After 24 h of incubation, replace the medium with 2.5 mL of USC Proliferation medium and continue to grow cells until they reach 70%–80% confluency (about 2–3 days).
Follow Fibroblast MyoD transduction protocol from the “Puromycin Selection of MyoD Transduced Cells” section (step 7). For USCs is recommended not to exceed 7 passages.
3.5 Antisense oligonucleotide treatment of trans-differentiated fibroblasts
This drug test protocol is set up for an antisense phosphorodiamidate morpholino oligomers (PMO) inducing exon skipping in the DMD gene. Two doses of antisense were administered to cultured MyoD-induced fibroblasts, the first one for 24 h and the second for 48 h of incubation.
At day 6 from the start of trans-differentiation (step 17), remove medium from each well and apply 1mL/well of the Priming Differentiation medium supplemented with doxycycline. Apply 10µL/well of 1 mM PMO antisense using a circular dropwise motion.
Apply 6 µL of Endoporter using a circular dropwise motion, in every well. Incubate plates for 24 h then change the medium: 1mL/well of Priming Differentiation containing doxycycline. After 2 days, change medium to 2mL/well of the Second Differentiation medium supplemented with doxycycline. After 5 days (from the first antisense administration) remove medium from each well and replace it with 1mL/well of the Second Differentiation medium supplemented with doxycycline. Repeat steps 2 and 3. Incubate plates for 48 h (prolonged incubation time can be associated with toxicity). Cells are ready to be collected for further studies/analysis.
3.6 RNA extraction and analysis
RNAs were extracted from cells using the Quiagen RNeasy Micro Kit, treated with DNase I enzyme and retrotranscribed into cDNA by High-Capacity cDNA Reverse Transcription Kit. All the procedures were performed following the manufacturers’ instructions. cDNAs were analyzed using single system TaqMan qPCR, complementary to DMD Dp427 m 5′UTR exon 1 boundary (custom, sequence available under request), DMD Dp71 5′UTR exon 1 boundary (custom, sequence available under request). Different expression between DMD Dp427 m and Dp71 isoforms was evaluated using Ct, using the formula: 2^-(Ct Dp427−Ct Dp71).
3.7 Capillary western immunoassay (Wes)
Proteins were extracted adding Lysis buffer A to the harvested cells (50 µL of Lysis buffer A/well), transferred to Eppendorf microtubes, boiled for 3 min, treated with DNAse enzyme (6µL/tube of DNAse incubated for 30 min at 4°C), centrifugation at 14,000 g for 10 min, at RT. Collect the supernatant and discard the pellet if you can see it. Protein quantification was performed using the Pierce BCA kit (ThermoFisher Scientific, United States). Capillary Western immunoassay (Wes) analysis was performed on a Wes system (ProteinSimple, Bio-Techne, United States) following the manufacturer’s instructions for the 66–440 kDa Separation Module, using 1 µg of sample lysate for each well. The following primary and secondary antibodies were used: rabbit anti-dystrophin antibody, anti MF20, anti-rabbit, and anti-mouse antibodies.
3.8 Immunostaining
Non-infected fibroblasts and differentiated MyoD lentiviral transfected fibroblasts and USCs were plated on coverslips coated with collagen. After 5 days in the Priming Differentiation medium and 5 days in the Secondary Differentiation medium (both doxycycline supplemented), cells were fixed in 4% paraformaldehyde for 10 min and then washed (3 × 10 min) in PBS. Coverslips were then incubated with primary antibodies against desmin, myosin heavy chain and dystrophin proteins for 1 h at RT and then washed (3 × 10 min) in PBS. After incubation with 488-conjugated secondary antibodies for 30 min at RT and washes in PBS, the coverslips were mounted in Hydromount + Dapi. Images were acquired using a Leica DMR microscope interfaced to MetaMorph (Molecular Devices).
4 RESULTS
We demonstrated the reproducibility and efficacy of the MyoD-lentivirus protocol and used it to evaluate DMD Dp427 m and Dp71transcripts and proteins from healthy donor transduced fibroblasts and USCs.
4.1 MyoD-induced myogenic conversion of fibroblasts
In order to test the efficiency of our protocol in inducing myogenic conversion of fibroblasts, we immunostained (IHC) non-infected fibroblasts and differentiated MyoD lentiviral transfected fibroblasts for desmin and myosin heavy chain (MF20) expression. Desmin, an intermediate filament protein, is well-recognized to be one of the earliest expressed proteins during muscle development. Differentiated myotubes express high level of desmin, whereas myoblasts and satellite cells express lower levels of desmin, and fibroblasts do not express the protein (Paulin and Li., 2004). Sarcomeric myosin is expressed in striated and cardiac muscle where it confers contractile properties to the muscle fibers. Due to its tissue specificity, it has been used as a myoblast differentiation marker (Lee et al., 2019) (Shimizu et al., 1985). Immunostaining of non-infected fibroblasts, from one donor, shows only fibroblast surface protein expression (Figure 3A), while there was no signal for either desmin or myosin heavy chain (Figures 3B, C, respectively). On the contrary, after MyoD lentiviral infection and 10 days of transdifferentiation (5 days in primary differentiation medium and 5 days in secondary differentiation medium), fibroblasts express the two skeletal muscle markers, desmin and MF20 (Figures 3E, F, respectively). Moreover, immunostaining with an antibody against desmin (Figure 3E) reveals the characteristic elongate shape of myotubes formed from myoblast fusion. A slight background of fibroblast surface proteins expression was detected on differentiated MyoD lentiviral transfected fibroblasts (Figure 3D).
[image: Figure 3]FIGURE 3 | Representative images of immunofluorescence staining on 1 human healthy donor non-infected fibroblasts and differentiated MyoD lentivirally-transfected fibroblasts. Non-infected fibroblasts were immunolabelled with fibroblast surface protein antibodies (A), desmin (B) and Mf20 (C). Differentiated MyoD lentivirally-transfected fibroblasts were stained after 10 days in differentiation medium (5 days in priming and 5 days in secondary differentiation medium) with antibodies against fibroblast surface protein (D), desmin (E) and Mf20 (F). Nuclei are stained in blue (DAPI). Magnification: bar 336 microns.
4.2 MyoD-induced myogenic conversion of USCs
The two skeletal muscle markers, desmin and MF20, were also used to test the myogenic differentiation process on MyoD lentiviral infected and non-infected USC cultures. Figure 4 shows immunostaining of USCs from one healthy donor. Non-infected USCs do not express either desmin (Figure 4A) or MF20 (Figure 4B). Conversely, differentiated MyoD lentiviral transfected USCs, immunostained after 10 days in differentiation media (5 days in primary and 5 days in secondary differentiation medium) showed signal from both antibodies desmin (Figure 4C) and MF20 (Figure 4D).
[image: Figure 4]FIGURE 4 | Representative images of immunofluorescence staining on 1 human healthy donor non-infected urinary stem cells (USCs) and differentiated MyoD lentivirally-transfected USCs. Non-infected USCs were immunolabelled with desmin (A) and Mf20 (B). Differentiated MyoD lentivirally-transfected USCs were stained after 10 days in differentiation medium (5 days in Priming Differentiation Medium and 5 days in Secondary Differentiation Medium) with antibodies against desmin (C) and Mf20 (D). Nuclei are stained in blue (DAPI). Magnification: bar 66 microns in panels A and B and bar 124.4 microns in panels C and D.
4.3 Myosin heavy chain, sarcomere (MHC) capillary western blot (Wes)
To better evaluate myosin protein expression, proteins extracted from the same healthy donor cells tested for IHC were analysed using MF20 antibody (that recognises the myosin heavy chain, sarcomere (MHC), in the fully automated capillary system (Wes). In order to increase protein expression, especially DYS, both fibroblasts and USCs were grown in differentiation media for a total of 14 days. As expected, non-transfected cells, either fibroblasts or USCs, did not express myosin heavy chain (data not shown). On the contrary, differentiated MyoD lentiviral transfected fibroblasts show a unique peak of 212 kDa corresponding to the molecular weight expected for myosin heavy chain (Figure 5A). Similarly, differentiated MyoD lentiviral transfected USCs also have only one peak at the same molecular weight (Figure 5B).
[image: Figure 5]FIGURE 5 | Wes analysis of proteins extracted from 1 human healthy donor non-infected and differentiated MyoD lentivirally-transfected fibroblasts and USCs. Graphs (A, B) show the sarcomeric myosin heavy chain expression in differentiated MyoD lentivirally-transfected fibroblasts and USCs respectively, using the anti Mf20 antibody. Graphs (C, D) show the DYS analysis on non-infected and on differentiated MyoD lentiviral transfected fibroblasts, respectively, using the Ab 154168 against the DMD C-terminal domain. The non-infected fibroblasts analysis shows only one peak at the molecular weight corresponding to the Dp71 DYS short isoform (C). However, in differentiated MyoD-transduced fibroblasts (D) two peaks are present - one corresponding to the Dp71 DYS short isoform and the second to the full length Dp421 m DYS isoform. Graphs E and F show the DYS analysis on non-infected and differentiated MyoD lentivirally-transfected USCs, respectively. Like fibroblasts, non-infected USCs show only one peak, corresponding to the Dp71 DYS short isoform (E) while differentiated USCs show two peaks, corresponding to the Dp71 (lower) and the full length DYS isoform (higher) (F).
4.4 DMD Dp427 m and Dp71 isoforms expression
This protocol was developed in order to generate DMD cellular models useful for drug testing and DMD transcript/dystrophin protein analysis. For this reason, we evaluated dystrophin expression, before and after the MyoD induction, by Wes on proteins extracted from fibroblasts and USCs. As expected, non-infected fibroblasts express only the short DYS isoform Dp71 and not the full-length muscle isoform Dp427 m (Figure 5C). Interestingly, differentiated MyoD lentivirally-transfected fibroblasts express Dp427 m but still maintain Dp71 expression (Figure 5D), unlike mature muscle fibers, that express Dp71 at very low level and only in some subjects (Kawaguchi et al., 2018) (Chesshyre et al., 2022). Similarly, non-transfected USCs expressed only the Dp71 DYS isoform (Figure 5E). After differentiation, the Dp71 isoform continued to be expressed, but at a low level, especially if compared to the Dp427 m full -length isoform (Figure 5F). Using the same cells, we evaluated the difference between the DMD Dp427 m and the Dp71 transcript expression in transfected and non-transfected fibroblasts and USCs. The Dp427 m isoform transcript is always present, even in non-muscle (non-infected) cells but with low levels of expression; Dp427 expression is 0.5% and 1% of Dp71 expression in fibroblasts and USCs, respectively. In differentiated MyoD lentivirally-transfected fibroblasts, the Dp427 transcript increased its expression, becoming comparable to Dp71, (98.6% of the Dp71 expression). Also, in the differentiated MyoD lentiviral transfected USCs, the Dp427 transcript increased its expression becoming substantially more expressed than the Dp71 isoform (Dp71 expression is 85.7% less than Dp427 expression) (Table 3).
TABLE 3 | DMD transcripts Dp427 and Dp71 expression by qPCR. For each isoform transcript, the corresponding Ct value obtained by qPCR and the relative ratio percentage in fibroblasts and USCs without lentivirus infections (Non Myo-D induced) and after the complete differentiation induced by MyoD-lentiviral transfection (Myo-D induced) are shown. The ratio between the two isoforms is expressed as a percentage and calculated using the following formula: 2^-(Ct Dp427−Ct Dp71).
[image: Table 3]5 DISCUSSION
Currently, 4 antisense morpholinos for treating DMD patients have been approved by the FDA, etelpilsen (exon 51) golodirsen and viltolarsen (exon 53), and casimersen (exon 45). The skipping of these exons could be beneficial for around 30% of DMD patients but skipping of other exons will be needed to treat more DMD patients (Aartsma-Rus and Corey., 2020; Anderson, 2021). To this end, more oligonucleotides need to be developed and their uptake into relevant tissues needs to be improved (e.g., by using different chemistries like peptide-phosphorodiamidate morpholino oligonucleotide (PPMO) conjugates (Moulton and Moulton, 2010). Another important aspect to be tackled is the inter-patient variability in response to the same antisense oligonucleotide (Arechavala-Gomeza et al., 2012) (Frank et al., 2020). Other therapeutic strategies for types of mutations other than deletions (i.e., nonsense mutation and readthrough therapies) and gene therapies are under testing or development (Yao et al., 2021). The availability of good cellular models is required to test these approaches in vitro. Considering the young average age of DMD patients and their already compromised muscular tissue, avoiding skeletal muscle biopsies and, instead, having an easy reproducible, low invasively cellular model should be a priority. In this paper, we detailed a highly efficient transdifferentiation protocol, based on the study of Kabadi and colleagues (Kabadi et al., 2015). Specifically, we used the described protocol to convert both human dermal fibroblasts and stem cells from urine into differentiated myotubes in vitro, using the myogenic factor (MyoD gene) delivered by a lentiviral vector. Protein and RNA isolated from both differentiated MyoD lentiviral transfected cells were used to evaluate the cell reprogramming influence on the dystrophin isoforms expression. Moreover, fibroblasts from 25 DMD patients, differentiated using the protocol we describe here, were used to test antisense PMO for the treatment of Duchenne muscular dystrophy; results of this study are summarized in Rossi et al., 2021 (Rossi et al., 2021) and Rossi et al., 2022 (Rossi et al., 2022).The protocol was set up using a commercially available line of immortalized fibroblasts to test the best multiplicity of infection (MOI) and have the highest efficiency with the lowest possible toxicity. The concentration of puromycin required to select transfected cells and the differentiation media to achieve good cell proliferation and subsequently a good fusion index, was determined. Once the protocol was established, it was extended to fibroblasts derived from 5 healthy donors and to USCs from 2 healthy donors, to assess its reproducibility and efficacy in converting cells into the myogenic lineage. All the biological replicates, either fibroblasts or USCs, gave similar immunohistochemistry results. Muscle markers, desmin and myosin heavy chain, were expressed only in MyoD-transfected cells, with the desmin signal being stronger than myosin heavy chain, in both fibroblasts and USC-derived cells. These may be explained by the nature of these markers itself; desmin is well known to be expressed at an early stage of muscle development and precedes all other known muscle structural proteins (Capetanaki et al., 1997) (Clemen et al., 2013). A concomitant factor that might have affected myosin heavy chain expression, is the time cells are left in differentiation media. Although myotubes are evident after 3–5 days in primary differentiation medium, 9 days of culture in primary differentiation medium and 5 in secondary differentiation medium (i.e., for a total of 14 days in differentiation media), give a better myogenic differentiation. For IHC evaluation, cells were maintained for 5 days in primary medium, to reduce the risk that cells would detach from the glass substrate and to confirm the presence of myotubes after a shorter differentiation time. Wes analysis for myosin and DYS were instead performed on proteins extracted from cells that had been in the primary differentiation medium for 9 days. The MF20 peak, in both transduced cell lines, is associated with high chemiluminescence, suggesting that myosin heavy chain is abundant after transfection and its expression seems to be proportionate to their time in primary differentiation medium. The expression of dystrophin isoforms before and after MyoD transfection is very interesting. The full-length Dp427 m isoform is expressed only in muscle and glial cells (Muntoni et al., 2003), while the short isoform Dp71 was believed to have a ubiquitous expression except in skeletal muscle. However, it has been recently demonstrated that the Dp71 isoform is also expressed in healthy human skeletal muscle, even if at low levels and detected only using a high amount of muscle lysate on the Wes (Kawaguchi et al., 2018). On the other hand, several studies found a higher level of Dp71 expression in DMD patients and mdx mouse muscle than in healthy subjects, suggesting a correlation between its expression and the muscle degeneration-regeneration phenomenon observed in the disease (Chesshyre et al., 2022). Using Wes, we confirmed that the Dp427 isoform is expressed only in MyoD induced fibroblasts and USCs, but these cells also expressed the Dp71 isoform at a higher level than in healthy donor skeletal muscle. Although we did not quantify this, it is possible to appreciate the different Dp71 chemiluminescent signal from the non-transfected and the transfected cells, suggesting a reduction in Dp71 expression in the latter compared to the non-transfected cells. This suggests that although MyoD can trigger myogenic conversion, it is not able to completely switch off the proteome of the original cells. In MyoD transfected fibroblasts, for example, the Dp427 m expression is part of the myogenic proteome while the Dp71 is part of the fibroblasts’ proteome. We observed that dystrophin transcripts behave differently to the corresponding proteins. The Dp427 and Dp71 transcripts are expressed in all cells but with different levels according to the cell type: Dp427 transcript is more abundant in myogenic cells, whereas Dp71 transcript is more highly expressed in non-transfected cells. These differences are seen in both our cell models. In fibroblasts, the expression of the two DMD transcripts does not change dramatically after conversion: Dp427 expression changes from being around half of Dp71 levels in non-treated fibroblasts to become similar to each other in transfected differentiated cells. USCs have a more dramatic difference in DMD isoform expression: the Dp427 transcript is present at 1% of the Dp71 transcript expression level in non-converted cells, but after myogenic conversion Dp71 expression is reduced to 14% of the expression level of the Dp427 transcript. This transcript expression evaluation was conducted only in two healthy donors: one for fibroblasts and one for USCs. USCs, obtained from urine samples, may represent an ideal source to study DMD disease (Falzarano et al., 2016) considering the great advantage over conventional cell sources collected through invasive and time-consuming procedures (Falzarano and Ferlini, 2019). But further in-depth studies on USCs are needed either to confirm our preliminary findings on DMD transcript expression differences compare to fibroblasts and to validate them as proper in vitro model for drug-testing. The protocol here described could help in this aim, considering that, at the moment, only three MyoD-conversion protocols are described in the literature (Falzarano et al., 2016; Kim et al., 2016; Takizawa et al., 2019) but only one uses the efficient lentivirus as vector (Kim et al., 2016). Moreover, this direct cell reprogramming protocol, is a useful way, in terms of cost and time, to obtain muscular-specific cell types than generate them by reprogramming techniques of induced pluripotent stem (Falzarano and Ferlini, 2019).
In conclusion, being able to obtain a robust patient-derived cell model capable, to some extent, to reproduce the muscle physiological and pathological phenotypes, and avoiding invasive procedures, is a great advantage for scientists and patients, especially in childhood-onset diseases such as DMD. The MyoD gene is effective in myogenic conversion of different cell types (Weintraub et al., 1989) and being able to transfect it into cells using a highly efficient integrating virus, which has low cytotoxicity, provides, in our opinion, a clear advantage compared to other methods in use. Our MyoD lentiviral transduction protocol is able to efficiently and reproducibly convert two different types of human cells, dermal fibroblasts and USCs, into the myogenic lineage. Fibroblasts have been used to test the efficacy of antisense PMO on DMD patients pre-clinically, with reliable results (Rossi et al., 2021) (Rossi et al., 2022) and USCs would be a completely non-invasive cellular model. Future work will be required to assess whether MyoD-induced USCs are indeed a good model for in vitro drug testing, which would substantially reduce the need for taking muscle or skin biopsies from patients.
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Satellite cell contribution to disease pathology in Duchenne muscular dystrophy
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Progressive muscle weakness and degeneration characterize Duchenne muscular dystrophy (DMD), a lethal, x-linked neuromuscular disorder that affects 1 in 5,000 boys. Loss of dystrophin protein leads to recurrent muscle degeneration, progressive fibrosis, chronic inflammation, and dysfunction of skeletal muscle resident stem cells, called satellite cells. Unfortunately, there is currently no cure for DMD. In this mini review, we discuss how satellite cells in dystrophic muscle are functionally impaired, and how this contributes to the DMD pathology, and the tremendous potential of restoring endogenous satellite cell function as a viable treatment strategy to treat this debilitating and fatal disease.
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INTRODUCTION
Duchenne muscular dystrophy (DMD) is a rare yet well-characterized, severe and progressive muscle wasting disease. It is the most common type of muscular dystrophy with a global incidence of 1 in 5,000 live male births (Mendell et al., 2012; Mah et al., 2014; Ryder et al., 2017). Patients first present with symptoms such as difficulty climbing stairs and rising from a sitting or lying position, frequent falls, waddling gate, trouble running and jumping, etc., around 2–3 years of age. The progressive nature of this degenerative disease means that patients are often wheel-chair bound by the age of 10–12, and require assisted ventilation by the third decade of their life. Despite improvements in patient care and treatment strategies in the last few decades, most DMD patients die between 20–40 years of age from respiratory and/or cardiac complications (Mercuri et al., 2019).
ETIOLOGY
DMD is a genetic disease caused by mutations in the dystrophin-encoding DMD gene on the X chromosome. Consequently, DMD is presented primarily in males, and is maternally inherited. With 79 exons, and spanning 2.2 Mb, the DMD gene is the largest known human gene (Koenig et al., 1987). The gene also carries a relatively high mutation rate, with about a third of all DMD cases caused by de novo germline mutations. Approximately one-third of all mutations in DMD patients are caused by deletions of one or more exons. Another 5%–15% are duplications, and about 20% are small mutations such as point mutations, deletions, or insertions (Aartsma-Rus et al., 2006). While these large deletions or duplications can occur anywhere in the gene, two mutation hotspots have been identified between exons 45–55 and 2–10 (Duan et al., 2021). In general, if mutations do not disrupt the open reading frame, a partially functional dystrophin protein, albeit shorter or longer in the middle, will be produced and result in a milder disease called Becker muscular dystrophy (BMD) (Koenig et al., 1989; Duan et al., 2021).
MECHANISMS AND PATHOPHYSIOLOGY
DMD results in the loss of the muscle isoform of dystrophin (Dp427m) (Hoffman et al., 1987). The dystrophin protein plays a key structural role in muscle where it links the internal cytoskeleton to the extracellular matrix and the dystrophin-associated protein complex (DAPC) (Ervasti and Campbell, 1993; Ervasti, 2007). The loss of dystrophin protein results in the disassembly of the DAPC, reduced expression levels of certain DAPC components, and the loss of the interaction between F-actin in cytoskeleton and the extracellular matrix (Figure 1). This, together with the loss of crucial signaling roles played by DAPC member proteins, leads to wide-ranging consequences including loss of myofiber integrity, membrane leakage, impaired muscle fiber contractile activity, and progressive muscle degeneration (Nowak and Davies, 2004; Guiraud et al., 2015).
[image: Figure 1]FIGURE 1 | Dystrophin-associated protein complex in healthy and Duchenne muscular dystrophy (DMD) muscle. In healthy muscle (left), dystrophin and its binding partners together form a protein complex called the dystrophin-associated protein complex, which plays numerous signaling and structural roles. This highly organized transmembrane protein complex links the intracellular cytoskeleton with the sarcolemma and the extra-cellular matrix via laminin. In the absence of dystrophin in DMD muscle (right), this protein complex is disassembled, and there is delocalization and loss of expression of several components of the complex. The interaction between F-actin and the extracellular matrix is also lost, resulting in a wide range of deleterious effects that severely compromise the integrity and function of the tissue. Created with BioRender.com.
MUSCLE DEGENERATION
Dystrophin, along with the DAPC, function as a molecular scaffold serving a mechanical function during muscle contraction. In healthy muscle, this linkage between the cytoskeleton, sarcolemma and extracellular matrix is crucial for weathering the force output and significant mechanical stress arising from each bout of muscle contraction. Even so, repetitive contractions can cause sarcolemmal defects and tears in healthy muscle as well, leading to muscle degeneration and inflammation (Ervasti and Sonnemann, 2008; Abdel-Salam et al., 2009). In response, tissue resident skeletal muscle stem cells (MuSCs, also called satellite cells) are activated and mobilized to repair the damage and replace lost muscle fibers (Dumont et al., 2015a). In dystrophic muscle, the sarcolemma is further susceptible to contraction-induced damage, and this increased sarcolemmal permeability results in the influx of calcium and other small molecules leading to cell dysfunction and death. Continued cell death ultimately leads to an imbalance in muscle degeneration and regeneration, and the deposition of fibrotic tissue in place of functional muscle, further exacerbating disease pathology. Unfortunately for DMD patients, lack of dystrophin protein has direct consequences on the function of satellite cells as well (Dumont and Rudnicki, 2016). This stem cell phenotype and its contribution to disease in DMD, along with the remarkable potential of stem cell-based treatments to alter the rates of muscle degeneration and regeneration, and disease progression will be the focus of this mini review.
SATELLITE CELLS
Adult skeletal muscle, which accounts for about 30%–40% of the adult human body weight, is stable under homeostatic conditions, with only sporadic proliferation and fusion of satellite cells to compensate for muscle turnover from normal wear and tear. Yet, upon tissue injury, skeletal muscle demonstrates an incredible ability to regenerate. This is enabled by satellite cells, the tissue resident stem cell population. Satellite cells, independently discovered in 1961 by Alexander Mauro and Bernard Katz, are cells “wedged” between the basal lamina and plasma membrane of the muscle fiber (Mauro, 1961; Scharner and Zammit, 2011). Satellite cells provide new myonuclei during postnatal growth, and then become mitotically quiescent in mature muscle, while also retaining the ability to supply myoblasts for muscle hypertrophy and repair when called upon to do so (Yablonka-Reuveni, 2011).
In adult muscle, MuSCs can be identified by the transcription factor Pax7, which is expressed in all quiescent and proliferating satellite cells, across many different species (Yin et al., 2013). Prenatal and postnatal myogenesis are regulated by a family of basic helix-loop-helix transcription factors known as myogenic regulatory factors (MRFs). These include Myf5, MyoD, Myogenin and MRF4, and they orchestrate the progression of satellite cells through the myogenic program, along with Pax7 (Yablonka-Reuveni et al., 2008; Schmidt et al., 2019; Shirakawa et al., 2022). While the dynamics of their temporal and spatial expression have allowed for the characterization of a sequential and hierarchical relationship between these factors, the full scope of their mechanisms of action is still being worked out. In general, upregulation of Myf5 marks the earliest phase of myogenic commitment, followed by expression of MyoD, which marks a majority of activated and proliferating satellite cells. Downregulation of Pax7 and concomitant upregulation of MRF4 and myogenin then signal the terminal differentiation of satellite cells into skeletal muscle progenitor cells (Relaix and Zammit, 2012; Wang and Rudnicki, 2012; Forcina et al., 2020; Relaix et al., 2021).
SATELLITE CELL DIFFERENTIATION AND SELF-RENEWAL
While satellite cell differentiation is the process by which newly formed myofibers are available for muscle repair and regeneration, satellite cell self-renewal is required to replenish the stem cell pool. Maintenance of this balance between differentiation and self-renewal is critical for muscle homeostasis. Following activation, a satellite cell can undergo either symmetric or asymmetric cell division (Figure 2). In symmetric cell division, one stem cell can generate two functionally identical daughter cells. In asymmetric satellite cell division, the asymmetric segregation of intrinsic cell fate determinants prior to cell division can give rise two daughter cells with divergent cell fates, where one cell will be a self-renewing stem cell, while the other will be a committed myogenic progenitor that can differentiate and fuse, either with each other to form new myotubes or to existing muscle fibers (Kuang et al., 2007; Dumont et al., 2015a; Feige et al., 2018) (Figure 2). Consequently, a defect in self-renewal ability results in depleted satellite cell numbers and the stem cell pool, and impaired muscle regeneration capacity. Reduced asymmetric divisions, on the other hand, lead to a reduced rate of myogenic progenitor cell generation, which also impairs muscle regeneration (Figure 2). As such, a tightly regulated balance between satellite cell self-renewal and differentiation is paramount for maintaining the stem cell pool and for generating enough progenitors to support efficient growth and regeneration of muscle.
[image: Figure 2]FIGURE 2 | Loss of dystrophin compromises efficient muscle regeneration. In healthy muscle (left), regenerative myogenesis is initiated by activated satellite cells that undergo symmetric cell division to maintain the muscle stem cell pool, as well as asymmetric cell division to give rise to myogenic progenitor cells that expand and contribute to efficient muscle repair and regeneration. In the context of DMD (right), the loss of dystrophin in activated satellite cells results in impaired cell polarity cues, leading to mitotic defects and reduced asymmetric cell divisions. Consequently, the balance favors symmetric stem cell expansion, resulting in satellite cell hyperplasia, and greatly reduced asymmetric cell divisions and myogenic progenitor cell numbers. This impairs muscle regeneration, leading to progressive muscle degeneration and wasting. Created with BioRender.com.
SATELLITE CELLS IN DMD
Our previous work established that, in addition to the myofiber, dystrophin protein is also expressed at high levels in activated satellite cells where it regulates satellite cell fate and myogenesis (Dumont et al., 2015b). Dystrophin binds the cell polarity effector Mark2 (also known as Par1b) in activated satellite cells. This interaction promotes the asymmetric segregation of the cell polarity regulator Pard3 to the opposite pole of the cell, and establishes the polarized distribution of the PAR complex (Dumont et al., 2015b). This results in the apicobasal orientation of mitotic spindle and asymmetric cell division. Asymmetric cell division enables satellite cells to maintain their reserve cell pool (via the self-renewing stem cell), and contribute to the myogenic progenitor population at the same time (via the differentiating cell).
In the absence of dystrophin in DMD satellite cells, cellular polarity is disrupted, resulting in increased mitotic stress, and abnormal mitotic spindle orientation and cell division. Further, there is a loss of asymmetric cell divisions and a reduction in myogenic progenitor cell numbers and muscle regeneration (Dumont et al., 2015b; Chang et al., 2016; Feige et al., 2018).
PATHOPHYSIOLOGY OF THE SATELLITE CELL PHENOTYPE IN DMD
It is now well established that muscle fibers from human DMD patients as well as dystrophin-deficient mdx mice show significantly elevated numbers of Pax7+ satellite cells (Kottlors and Kirschner, 2010; Bankole et al., 2013; Dumont et al., 2015b; Ribeiro et al., 2019) (Figure 2). This is contrary to the initial hypothesis that satellite cell numbers are exhausted in DMD (Heslop et al., 2000; Luz et al., 2002). Instead, accumulating evidence from our group and others points to a cell intrinsic defect in dystrophic satellite cells, resulting in reduced asymmetric cell division and myogenic commitment, as well as increased mitotic stress, abnormal cell division events and cellular senescence (Figure 3).
[image: Figure 3]FIGURE 3 | The satellite cell phenotype in Duchenne muscular dystrophy (DMD). The cell-intrinsic phenotype of satellite cells in DMD muscle manifests in a variety of ways. The loss of dystrophin impairs satellite cell division, leading to reduced asymmetric cell divisions, myogenic progenitor cells, and compromised regenerative myogenesis. Altered cellular plasticity of satellite cells in response to chronic injury and inflammation contributes to connective tissue deposition. Aberrant mitochondrial morphology, function, and metabolic profile lead to reduced proliferation and functional loss of satellite cells, further exacerbating DMD pathology, particularly in advanced stages of the disease. Elevated expression of senescence markers, mitotic defects, and increased oxidative stress and inflammation are all characteristic of DMD satellite cells and muscle pathology. Further, satellite cells maintain tightly regulated epigenetic control and cell signaling for optimal function. Loss of dystrophin in DMD satellite cells compromises these regulatory mechanisms, affecting satellite cell function at all stages, including maintenance of quiescence, activation, division, proliferation, and differentiation, ultimately contributing to the severe disease pathology in DMD. Created with BioRender.com.
REDUCED ASYMMETRIC CELL DIVISION AND IMPAIRED MYOGENESIS
In dystrophic muscle, the expression of Mark2 is reduced, and the PAR complex remains uniformly distributed, which greatly affects cell polarity establishment and asymmetric cell division. We have previously shown that satellite cells from mdx mice display a 5-fold reduction in the proportion of asymmetric divisions (Dumont et al., 2015b). Consequently, the number of myogenic progenitors that are available for efficient muscle regeneration is also significantly reduced (Figure 2). Further exacerbating this defect is the altered differentiation kinetics of dystrophic myoblasts. Yablonka-Reuveni and Anderson previously showed that dystrophic myoblasts in cell culture displayed an earlier reduction in MyoD expression and an earlier than normal expression of myogenin, compared to wild-type cells (Yablonka-Reuveni and Anderson, 2006). Dystrophic cells also differentiated more rapidly in cell culture than did wild-type cells. Consistent with these early findings, more recent evidence using transcriptomic, genome-scale metabolic modeling and functional analyses have also established cell-autonomous defects in DMD myoblasts. Gosselin et al. showed significantly altered expression of 170 genes in mdx myoblasts, including MyoD and key genes controlled by MyoD such as myogenin, Mymk (myomaker), Mymx (myomixer), epigenetic regulators, extracellular matrix interactors, calcium signaling and fibrosis genes (Gosselin et al., 2022). Functionally, these changes resulted in increased myoblast proliferation, altered chemotaxis, and accelerated differentiation in myoblasts derived from mdx mice as well as human DMD patients (Gosselin et al., 2022). Myoblasts are the effector cells of muscle growth and repair, and these data underline the cell autonomous abnormalities in DMD that negatively impact cell cycle exit, migration to the site of muscle damage, and cell fusion; three processes that are critical for efficient myogenesis.
Myotubes derived from DMD myoblasts have also been observed to have reduced expression of sarcomeric genes, likely contributing to the characteristic sarcomeric instability seen in DMD skeletal muscle (Barthélémy et al., 2022). Moreover, DMD patient derived human induced pluripotent stem cells differentiated into myotubes have also been shown to undergo pronounced calcium ion (Ca2+) influx upon in vitro contraction (Shoji et al., 2015; Yoshioka et al., 2021). Increased susceptibility to sarcolemmal injury and excess calcium ion influx are generally regarded as the initial triggers for skeletal muscle damage in DMD, and these lines of evidence once again highlight the stem cell phenotype that contributes to DMD pathology.
MITOCHONDRIAL DYSFUNCTION
Currently, there is a large body of data implicating mitochondrial dysfunction as a secondary contributor to muscle pathology in DMD (Vila et al., 2017; Ramos et al., 2020; Reid and Alexander, 2021; Bellissimo et al., 2022) (Figure 3). Moore et al. showed aberrant mitochondrial morphology, reduced cristae number, and large mitochondrial vacuoles in mdx mouse muscle prior to onset of myofiber necrosis, which progresses with disease severity (Moore et al., 2020). Further, microtubule disorganization has been noted in dystrophin-deficient mouse muscle which was associated with impaired ADP control of mitochondrial bioenergetics (Ramos et al., 2020). While a low-level production of reactive oxygen species (ROS) is required for cell-cell signaling in normal cells, dysfunctional mitochondria in dystrophic muscle release abnormal levels of ROS, which can then activate pro-inflammatory pathways which further exacerbate disease pathology (Chen et al., 2022b). Further, it has been shown using nuclear magnetic resonance spectroscopy, that such elevated ROS production and damaged mitochondrial membrane in human and mouse dystrophic mitochondria are associated with reduced ATP generation and oxidative capacity (Kuznetsov et al., 1998; Griffin et al., 2001; Sharma et al., 2003). And restoring mitochondrial bioenergetic function ameliorated the DMD pathology in mouse models (Pauly et al., 2012; Luan et al., 2021).
So what role do satellite cells play in this context? Onopiuk et al. (2009) previously showed that mdx myoblasts displayed reduced oxygen consumption and mitochondrial membrane potential, and elevated ROS formation. Matre et al. (2019) provided further insight into the role of dystrophin deficiency in satellite cells with respect to bioenergetics and stress resistance. By restoring dystrophin expression in mdx satellite cells via CRISPR/Cas9, they showed significantly reduced oxidative stress, ROS formation, and mitochondrial membrane potential in edited cells. Dystrophin restoration also improved mitochondrial function in mdx satellite cells in terms of oxygen consumption rate, ATP production, maximal respiratory capacity, and mitochondrial coupling efficiency. These dystrophin-restored mdx satellite cells also displayed increased tricarboxylic acid (TCA) cycle activity and levels of Krebs cycle metabolites such as citrate and malate. Finally, transplantation of these edited mdx satellite cells in dystrophic mice resulted in significantly better survival and cell engraftment compared to unedited mdx satellite cells (Matre et al., 2019).
In regenerating muscle, mitochondrial homeostasis is maintained by removing damaged mitochondria by mitophagy, and adding newly synthesized mitochondria derived from satellite cells to reconstitute the mitochondrial network in regenerating myofibers. Using a satellite cell transplantation model, Mohiuddin et al. (2020) show that dystrophic satellite cells have altered mitochondrial gene expression and content, and a significant reduction in mitochondrial respiration. Further, DMD satellite cells, which carry defective mitochondria, fuse with existing fibers to propagate their mitochondrial dysfunction during muscle regeneration (Pant et al., 2015; Mohiuddin et al., 2020). They also show that functional satellite cells from healthy donors can reconstitute the mitochondrial network in dystrophic host muscle and improve mitochondrial function. Therefore, the quality of the mitochondrial network of the satellite cells that are fusing to existing fibers during muscle repair determine the oxidative capacity of the muscle undergoing repair.
SATELLITE CELL SENESCENCE
Cell senescence is a permanent (i.e., irreversible) cell cycle arrest, which is a normal occurrence during embryonic development, tissue repair, and regeneration (Kumari and Jat, 2021). Once the growth and regeneration processes are completed, these senescent cells are eliminated. Cell senescence can be induced by stressors such as DNA damage stress, oxidative stress, etc. However, a progressive accumulation of senescent cells is a hallmark of muscle pathology, such as in DMD, due to elevated levels of oxidative stress and inflammation (Sugihara et al., 2020; Saito and Chikenji, 2021; Young et al., 2021). Senescent cells are metabolically active and secrete inflammatory cytokines and chemokines that lead to a further increase in chronic inflammation (Kwon et al., 2019). They can also induce other nearby non-senescent cells to undergo senescence by releasing juxtacrine and paracrine effectors, a phenomenon termed secondary senescence (Kirschner et al., 2020). Therefore, senescent cells can have widespread effects in exacerbating tissue pathologies.
In a recent study, Sugihara et al. (2020) provided new insights into the role of satellite cell senescence in DMD progression (Figure 3). They show elevated expression of senescence markers such as CDKN2A, p16, and p19 in a rat model of DMD, as well as skeletal muscle tissue of human DMD patients. By reversing senescence via genetic ablation of p16, the authors observed a functional recovery of satellite cells, enhanced muscle regeneration, and the amelioration of the DMD phenotype in the rat model (Sugihara et al., 2020). In addition, depleting senescent cells via pharmacological means in late-stage DMD rats resulted in significantly decreased expression of senescence markers and improved muscle regeneration. These results are evidence that the presence of senescent cells is detrimental and exacerbates disease progression in DMD.
In another study, mdx mice carrying shortened telomeres in satellite cells displayed severe muscular dystrophy that worsened with age (Sacco et al., 2010). In these mice, the cell-autonomous defect of satellite cells to maintain the damage-repair cycle of dystrophic muscle was further worsened by a decreased telomere length. Since telomere shortening is one of the causes of cell senescence, these data could be supportive of the deleterious impact of senescent cells in dystrophic muscle.
ALTERED CELLULAR PLASTICITY
As mentioned previously, one of the hallmarks of DMD pathology is the excessive and dysregulated deposition of fibrotic tissue in skeletal muscle in response to chronic tissue injury and inflammation. The extent of the accumulation of connective and fat tissue often corresponds to the severity of the disease. TGFβ activity and the expression of its downstream signaling mediators (such as activated SMAD2/3) increase with age in mdx mice, contributing to impaired muscle regeneration and function (Vidal et al., 2008; Mann et al., 2011; Kharraz et al., 2014). While the role of muscle resident fibro-adipogenic progenitors (FAPs) that differentiate into fibroblasts and adipocytes and contribute to fibrosis has been well characterized, accumulating evidence of altered cellular plasticity of satellite cells shows that a fraction of these muscle stem cells can undergo a mesenchymal-like/fibrogenic transition in DMD muscle (Figure 3).
Previous in vitro data using satellite cells isolated from old (18-mo) mdx mice or from muscles of DMD patients showed that a fraction of these myoblasts was reprogrammed to attain a profibrotic function, producing higher amounts of collagen in culture compared to control cells (Ionasescu and Ionasescu, 1982; Alexakis et al., 2007). Subsequently, Biressi et al. (2014) provided in vivo evidence that satellite cells obtained from dystrophic muscles of mdx mice showed compromised myogenic potential and enhanced expression of fibrogenic genes due to increased TGFβ activity. They showed elevated canonical Wnt signaling in mdx mouse muscles which in turn induced the expression of TGFβ2. This Wnt-TGFβ2 signaling axis promoted the acquisition of fibrogenic features by myoblasts. Furthermore, in vivo inhibition of the TGFβ pathway in mdx mice with anti-TGFβ antibody or by drug treatment reduced the expression of fibrotic genes and markers such as collagen type I and fibronectin 1, and rescued the satellite cell phenotype and partially ameliorated the dystrophic pathology (Biressi et al., 2014).
Consistent with these data, Pessina et al. (2015) also provided evidence of TGFβ-induced alterations in cellular plasticity in advanced dystrophic muscles of humans and mice where a fraction of myogenic cells (in addition to endothelial and inflammatory cells) lost their cell identity and acquired the capacity to produce extra cellular matrix proteins such as α-smooth muscle actin, collagen type I, and fibronectin. Interestingly, this fibrogenic process in response to elevated TGFβ signaling also resulted in the acquisition of a mesenchymal progenitor multipotent status, where myogenic cells that had acquired fibrogenic traits were also more prone to undergo osteogenic or adipogenic conversions (Pessina et al., 2015). These alterations in cellular plasticity of dystrophic satellite cells directly contributed to impaired muscle regeneration and worsened disease pathology.
DEFECTIVE EPIGENETIC CONTROL OF SATELLITE CELL FUNCTION
Satellite cells are subjected to strict epigenetic control at various stages of myogenesis (Segalés et al., 2015; Massenet et al., 2021; Cicciarello et al., 2022). For example, we now know that satellite cell quiescence is an active and reversible state, controlled by specific epigenetic mechanisms (Gopinath et al., 2014; Boonsanay et al., 2016; Li and Dilworth, 2016; García-Prat et al., 2020). Our group and others have shown that quiescent satellite cell activation, division, and proliferation are also under tight epigenetic control (Tapscott, 2005; McKinnell et al., 2008; Dilworth and Blais, 2011; Diao et al., 2012). Pax7 plays a critical role in the transcriptional regulation of satellite cells (Soleimani et al., 2012; Lilja et al., 2017). Moreover, Pax7 also triggers Myf5 synthesis in committed progenitor cells, via its interaction with the arginine methyltransferase CARM1 (coactivator-associated arginine methyltransferase 1). This interaction is crucial for establishing polarity-regulated gene expression during asymmetric satellite cell division by methylating Pax7 at several arginine residues, thereby leading to the expression of Myf5 (Kawabe et al., 2012; Saber and Rudnicki, 2022).
In a previous study, we showed that CARM1 is a specific substrate of p38γ, and that phosphorylation of CARM1 prevented its nuclear translocation (Chang et al., 2018; Saber and Rudnicki, 2022). β1-syntrophin, a component of the dystrophin-associated protein complex, is required for the basal localization of the p38γ/p-CARM1 complex in satellite cells. Specifically, p38γ localization is restricted to the basal surface by β1-syntrophin during asymmetric satellite cell division. This leads to the phosphorylation of CARM1, and subsequent inhibition of Myf5 activation (Chang et al., 2018).
Importantly, we also showed that in dystrophin-deficient mdx satellite cells, the p38γ and β1-syntrophin interaction was completely absent. Consequently, there was increased phosphorylation of CARM1, and decreased nuclear translocation and interaction with Pax7, leading to impaired epigenetic activation of Myf5 and reduced myogenic progenitor cell production (Chang et al., 2018).
In another study, Acharyya et al. (2010) showed an additional role for TNFα and NFκB to impact myogenesis by negatively regulating satellite cell activation through epigenetic silencing of notch 1 via hypermethylation of its promoter region. Moreover, mdx skeletal muscles show higher histone deacetylase (HDAC) activity compared to wild type mouse muscle (Renzini et al., 2022). And mdx satellite cells derived from single myofibers also show increased global deacetylase activity and higher expression levels of HDAC2 (Colussi et al., 2008). Furthermore, treatment with histone deacetylase inhibitors ameliorated dystrophic pathology (Bajanca and Vandel, 2017). Interestingly, it has been reported that nitric oxide (NO) donors also improved the dystrophic phenotype in a manner similar to histone deacetylase inhibitors, perhaps suggesting a common mechanism of action (Colussi et al., 2008). The absence of dystrophin in DMD muscle results in the loss of sarcolemmal localization and reduced expression of neuronal nitric oxide synthase (nNOS), a key component of the dystrophin associated protein complex that is involved in several functional roles in skeletal muscle including contraction, glucose uptake, blood flow regulation, and muscle regeneration (Lai et al., 2009). This loss of nNOS and subsequent nitric oxide signaling results in a decrease in NO-dependent S-nitrosylation of HDAC2 in mdx muscle. And restoring this NO-signaling-dependent inhibition of HDAC2 showed significant therapeutic effect in dystrophic mouse muscle (Colussi et al., 2008; Colussi et al., 2009).
RESTORING SATELLITE CELL FUNCTION AS A TREATMENT STRATEGY FOR DMD
Antisense oligonucleotide (AON) mediated exon skipping, Adeno associated virus (AAV) mediated gene therapy, gene editing using the CRISPR/Cas9 system, as well as cell therapy with dystrophin competent cells have all received considerable research focus in recent decades as viable treatment options for DMD (Sun et al., 2020; Duan et al., 2021; Happi Mbakam et al., 2022). However, these therapeutic strategies largely target the dystrophic myofibers, and do not address the cell-autonomous defects of dystrophin-deficient satellite cells that we have outlined thus far.
One challenge of CRISPR/Cas9 mediated gene editing in correcting the genetic defect of DMD cells is the long-term maintenance of the edited gene (Chen et al., 2022a). Satellite cell transduction and editing by CRISPR/Cas9 have traditionally been limited, and consequently, the edited nuclei may be diluted out as new muscle cells are generated. However, recent reports have explored the possibility of successfully editing satellite cells with the use of more efficient genetic tools. Kwon et al. (2020) reported that by systematically assessing a panel of AAV serotypes with different tissue tropisms, they identified AAV9 as having the highest transduction rate in satellite cells in mdx mice via both local injections and systemic tail-vein injections. Paired with muscle specific promoters, they were able to achieve up to ∼60% Cre-mediated recombination. Unfortunately, however, the percentage of total gene editing in satellite cells was drastically lower at ∼1.5% (Kwon et al., 2020). Consistent with these data, Nance et al. (2019) also reported using AAV9 to successfully perform gene editing and restore dystrophin expression in mdx satellite cells. In another recent study, Domenig et al. (2022) reported the use of a novel in vitro cellular model in combination with CRISPR/Cas9 gene editing to restore dystrophin expression in dystrophic mice. Specifically, they reprogrammed fibroblasts obtained from dystrophic mice into highly proliferative induced myogenic progenitor cells (iMPCs), and then performed CRISPR/Cas9 mediated exon skipping to correct the genetic mutation in these cells and restore dystrophin expression. Engraftment of these corrected DMD iMPCs into the muscle of dystrophic mice restored dystrophin expression in vivo and contributed to the muscle stem cell pool as well (Domenig et al., 2022).
There is accumulating evidence now showing that restoring satellite cell function can have tremendous therapeutic potential for DMD. One such strategy is to augment asymmetric satellite cell divisions and significantly increase the number of myogenic progenitors available for muscle regeneration. For example, the epidermal growth factor receptor (EGFR)—aurora kinase A (Aurka) signaling pathway is an alternative effector pathway to regulate asymmetric satellite stem cell divisions (Wang et al., 2019). Specifically, EGF treatment drives its receptor (EGFR) that is localized at the basal surface of satellite cells to recruit the mitotic spindle assembly protein Aurka and induce asymmetric divisions (Wang et al., 2019). Crucially, this cell polarity pathway is independent of dystrophin or the DAPC, and therefore, can rescue the deficit in asymmetric stem cell divisions seen in DMD satellite cells. Indeed, mdx mice treated with exogenous EGF showed significantly increased progenitor numbers, enhanced muscle regeneration as well as muscle strength (Wang et al., 2019). Lending further credence to this notion, Flanigan et al. (2021) have recently identified PARD6G as a genetic modifier capable of influencing disease severity in DMD patients. In a large genome-wide association study (GWAS) of loss of ambulation in patients, the group discovered PARD6G, a member of the PAR polarity complex (PAR3-PAR6-aPKC) that involved in the control of asymmetric cell division of satellite cells, as a genetic modifier in a substantial cohort of DMD patients who showed significantly prolonged ambulation (Flanigan et al., 2021).
Various other signaling pathways involved in cell polarity establishment and satellite cell proliferation and differentiation could also be targeted as a therapeutic strategy. For example, the canonical notch signaling pathway governs satellite cell fate decisions, cell proliferation and induction of differentiation (Gioftsidi et al., 2022). Further, interactions between a variety of notch ligands and receptors need to be precisely regulated temporally and spatially for optimal results. Several lines of evidence show that impaired notch signaling contributes to the pathogenic mechanisms of DMD (Church et al., 2014; Jiang et al., 2014; Den Hartog and Asakura, 2022). Mu et al. (2015) showed an overactivation of notch signaling in dystrophic mouse skeletal muscle, and the repression of notch signaling reduced the depletion and senescence of muscle progenitor cells and restored myogenic capacity. Moreover, it was revealed that overexpression of Jagged 1, a notch ligand, acted as a genetic modifier that dramatically improved muscle regeneration and function in two dystrophic “escaper” dogs that were phenotypically normal (Vieira et al., 2015). The notch signaling pathway is also involved in asymmetric satellite cell divisions via its interacting partner numb, which is asymmetrically inherited by the committed daughter cell (Conboy and Rando, 2002). It remains to be seen whether pharmacological modulation of this notch/numb signaling dynamic can rescue the asymmetric cell division deficit observed in DMD satellite cells.
The Jak/Stat signaling pathway is another example of a signaling axis that regulates asymmetric cell divisions and drives myogenic progenitor formation (Price et al., 2014). Stat3 signaling promotes myogenic lineage progression via its regulation of MyoD (Tierney et al., 2014). And the use of Stat3 inhibitors has been shown to promote tissue repair and partially restore muscle regeneration in dystrophic muscle (Sala and Sacco, 2016). We have also previously shown that Wnt7a, which is known to stimulate the planar cell polarity pathway via its interaction with the Fzd7 receptor, can also be manipulated to promote satellite stem cell expansion and improve muscle regeneration and function in mdx muscle (Le Grand et al., 2009; von Maltzahn et al., 2012).
As discussed in the previous section, the confluence of chronic inflammation, oxidative stress, and satellite cell senescence greatly exacerbates the disease pathology in DMD. The senescence associated secretory phenotype (SASP) is where senescent cells secrete various cytokines such as TGFβ and Interluekin-6 (IL-6) that contribute to fibrosis and inflammation. Since SASP of senescent muscle satellite cells compromises muscle regeneration, removal of these senescent cells is expected to be of therapeutic value in DMD muscle. To test this hypothesis, Sugihara et al. (2020) treated 8-mo old DMD rats with the senolytic drug ABT263, which specifically depletes senescent cells. ABT263 treatment successfully decreased the expression of senescence markers and senescent cells, and increased the number of newly regenerating muscle fibers in treated dystrophic muscle (Sugihara et al., 2020). In another recent study, Moiseeva et al. (2023) developed a lifetime atlas of in vivo senescent cells in regenerating skeletal muscle, using single-cell transcriptomics and a method to separate senescent cells from subsets of various niche cell types. They show increased presence of senescent cells in the dystrophic muscles of mdx mice, and reducing the accumulation of senescent cells in mdx mice by treating with the senolytic compounds dasatinib and quercetin increased the size of regenerating myofibers and decreased inflammation and matrix deposition (Moiseeva et al., 2023). Furthermore, they show that senescent cells can reduce satellite cell expansion through paracrine pro-inflammatory and pro-fibrotic SASP activity, which may impair muscle regeneration, particularly in advanced stages of the disease (Moiseeva et al., 2023).
Increased levels of Ca2+ influx lead to myofiber necrosis and a severe inflammatory response in DMD. This response is mainly mediated by the NF-kB pro-inflammatory pathway. TNF-α and IL-6 are primarily responsible for regulating this pathway. While current strategies that target muscle inflammation in DMD include the use of glucocorticoids such as prednisone, prednisolone, and deflazacort, their long-term usage carries severe immune modulatory side effects (Szabo et al., 2021). Several small molecule drug candidates are currently in clinical trials that aim to modulate these pro-inflammatory immune responses in DMD muscle, and improve the satellite cell niche and promote muscle regeneration. These also include histone deacetylases inhibitors, that have been shown to be especially effective at treating inflammation in dystrophic muscle over corticosteroids. In several preclinical studies, small molecule HDAC inhibitors yielded significant functional and morphological benefits to dystrophic muscle, including decreasing the inflammatory infiltrate, and increasing muscle size, quality, and function, as well as improving the therapeutic efficacy of gene therapy approaches (Consalvi et al., 2011; Sincennes et al., 2016; Licandro et al., 2021; Bizot et al., 2022). Importantly, they have also been shown to directly modulate the function of satellite cells. For example, Murray et al. investigated the role of dietary tributyrin, an HDAC inhibitor, on satellite cell activity and muscle regeneration in a piglet model. They showed that tributyrin treatment in these piglets enhanced the terminal differentiation of satellite cells and improved muscle growth (Murray et al., 2018; Murray et al., 2021). Moreover, treatment with trichostatin A (TSA), valproic acid, or sodium butyrate, which are all inhibitors of class I and II HDACs, has been shown to enhance myogenic differentiation and improve the efficiency of myoblast recruitment and fusion (Iezzi et al., 2002; Iezzi et al., 2004).
CONCLUDING REMARKS
It is now evident that a truly effective treatment for DMD will need to account for the myofiber phenotype as well as the muscle stem cell phenotype. In the absence of dystrophin, the myofiber phenotype manifests in the form of contraction-induced sarcolemmal injury, membrane leakage, impaired muscle contraction and loss of force, increased Ca2+ influx, inflammation, progressive muscle degeneration, and fibrotic tissue deposition. The muscle stem cell phenotype, on the other hand, leads to reduced asymmetric stem cell divisions and impaired myogenesis, accelerated differentiation, altered metabolism and mitochondrial dysfunction, satellite cell senescence, defective epigenetic control, and impaired cell signaling (Figure 3). These phenotypes converge to result in a devastating and fatal muscle disease that currently has no cure. While groundbreaking research into gene therapy (including gene replacement and gene editing) aim to tackle the primary defect of dystrophin loss in myofibers in DMD, these strategies fail to adequately address the muscle stem cell phenotype. Here we have outlined several exciting and viable treatment avenues to target the stem cell phenotype and to ameliorate the dystrophic pathology and improve the quality of life for patients.
However, it is worth noting that a disease with such widespread pathogenesis will require a synergistic therapeutic approach for optimal results. For example, improving the stem cell phenotype by increasing asymmetric cell divisions and the number of myogenic progenitor cells available for muscle regeneration will need to be executed in a way that satellite cell self-renewal and replenishment of the stem cell pool are not compromised. Otherwise, the stem cell pool may be exhausted, resulting in impaired muscle regeneration, once again. Further, as we have described here, dystrophic satellite cells carry an inherent pathology in terms of their altered gene expression, metabolism, elevated inflammation and oxidative stress, and propensity for cell senescence. While increasing myogenic progenitor numbers in this dystrophic milieu will undoubtedly improve myogenesis and muscle function, these progenitors will continue to propagate their intrinsic defects via fusion to each other or existing myofibers. However, it remains to be determined whether a pharmacological rescue of the impairment in asymmetric division will ameliorate these intrinsic deficits. Therefore, we must continue our efforts to lay the groundwork for a more comprehensive understanding of the pathophysiology of this disease, while leaving no stone unturned in our progress towards an all-encompassing treatment for these patients.
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Duchenne muscular dystrophy (DMD) is a severe, progressive, and ultimately fatal disease of skeletal muscle wasting, respiratory insufficiency, and cardiomyopathy. The identification of the dystrophin gene as central to DMD pathogenesis has led to the understanding of the muscle membrane and the proteins involved in membrane stability as the focal point of the disease. The lessons learned from decades of research in human genetics, biochemistry, and physiology have culminated in establishing the myriad functionalities of dystrophin in striated muscle biology. Here, we review the pathophysiological basis of DMD and discuss recent progress toward the development of therapeutic strategies for DMD that are currently close to or are in human clinical trials. The first section of the review focuses on DMD and the mechanisms contributing to membrane instability, inflammation, and fibrosis. The second section discusses therapeutic strategies currently used to treat DMD. This includes a focus on outlining the strengths and limitations of approaches directed at correcting the genetic defect through dystrophin gene replacement, modification, repair, and/or a range of dystrophin-independent approaches. The final section highlights the different therapeutic strategies for DMD currently in clinical trials.
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1 GENETIC BASIS AND CLINICAL PRESENTATION OF DMD
Duchenne muscular dystrophy (DMD) is a severe X-linked recessive disorder caused by mutations in the dystrophin gene and consequent complete loss of dystrophin protein expression (Hoffman et al., 1987). The incidence of DMD is estimated at 1:5,000 boys worldwide, making it one of the most common recessive disorders in humans. The DMD gene that encodes dystrophin is located at position Xp21.1 of the X chromosome. DMD is the largest known gene in the human body, spanning 2.5 MB of DNA with 79 exons and 78 introns (Cohn and Campbell, 2000). The corresponding 14 kb mRNA transcript generates a 427 kDa protein with 3,685 amino acids (Hoffman et al., 1987; Emery, 2002).
Due to its massive size, the mutation rate for the dystrophin gene is quite high, with about one-third of mutations occurring de novo and the remaining caused by germline mosaicism or inheritance from a carrier mother (Nallamilli et al., 2021). More than 7,000 different dystrophin mutations have been identified in patients with DMD or Becker muscular dystrophy (BMD) (Bladen et al., 2015). Approximately 60% of mutations in patients with DMD are deletions, and 11% are duplications, with the remainder being small mutations affecting the coding sequence and splice sites (Bladen et al., 2015). Deletions and duplications occur predominantly in two hotspots of the DMD gene, located at exons 3–9 and 45–55 (Min et al., 2019a). The high mutation rate, along with the many different ways in which a frameshift could occur, raises significant challenges for the development of gene correction therapies applicable to patients with different dystrophin mutations.
DMD mutations preventing the production of dystrophin hold dire consequences for protection against muscle membrane stress. Dystrophin forms a mechanical link between cytoskeletal actin and the extracellular matrix (ECM), which protects the sarcolemma from the force associated with stretch and contraction (Campbell and Kahl, 1989; Boland et al., 1996; Houang et al., 2018). Secondary to deficient membrane stability is the disorganization of numerous proteins associated with dystrophin, as well as impairment of their distribution and cell signaling, both leading to severe and progressive muscle wasting (Emery, 1993; Jungbluth et al., 2018). Women act as carriers, and although affected men appear normal at birth, steady muscle weakness and wasting are first apparent in proximal limb muscles before spreading to more distal muscles (Mercuri et al., 2019), leading to the disease being typically diagnosed in the first few years of life (Tyler, 2003; Birnkrant et al., 2018). The earliest symptoms such as a waddling gait, frequent falls, difficulties standing up from a sitting position (Gower’s sign), and struggling to climb stairs can be seen between ages 2 and 3 (Emery, 2002). Affected children exhibit delayed gross motor development, and at ages 10–12, most patients require a wheelchair (Tsuda, 2018). As muscle weakness progresses, scoliosis and joint contractures develop, which promote restrictive lung disease (Bushby et al., 2010). Assisted ventilation is necessary by about 15–20 years of age, and the majority of DMD patients die from cardiac/respiratory failure between 20 and 30 years of age, even when optimal care has been administered (Mendell et al., 2012; Mercuri et al., 2019). Additionally, the corresponding immobility hastens the decline in bone density and increases the risk of fracture (McDonald et al., 2002).
The cardiac muscle must withstand significant mechanical stress to pump blood throughout the body, and the consequences of this stress are greatly exacerbated in DMD patients. Membrane instability leads to gradual cardiac myocyte death, resulting in fibrosis and secondary fatty infiltration (Townsend et al., 2011; Houang et al., 2018; Tsuda, 2018). This process decreases diastolic/systolic function, which plays a role in the atrophy and remodeling that gives rise to heterogeneous pathological alterations to the ventricular myocardium (Amin et al., 2002; Desguerre et al., 2009; Spurney, 2011a; Lee et al., 2014). Life-threatening consequences of cardiac muscle dystrophin deficiency include dilated cardiomyopathy, arrhythmias, and congestive heart failure (Kamdar and Garry, 2016; McNally and Wyatt, 2017; Buddhe et al., 2019; Meyers and Townsend, 2019). Along with these debilitating effects on cardiac function, the pulmonary ramifications of DMD are a key co-contributor to patient mortality (Emery, 2002). Weakened respiratory muscles, particularly the diminishment of diaphragm function, cause severe ventilatory insufficiency (Benditt and Boitano, 2005; Bushby et al., 2010). Additionally, incidences of otherwise benign upper respiratory tract infections can lead to serious acute respiratory failure in DMD, as patients cannot cough effectively. Diminished cough capacity causes airway secretions to be retained that in turn increases the risk of pneumonia and atelectasis (Bushby et al., 2010). Reduction in vital capacity and elevated residual volume due to impaired expiratory muscle function is also exhibited, which further necessitates assisted ventilation later in the disease progression (Bach et al., 1997; Benditt and Boitano, 2005; Bushby et al., 2010).
Although dystrophin deficiency in muscle tissues is the primary cause of the life-limiting issues associated with DMD, a lack of brain dystrophin has consequences as well (Duan et al., 2021). DMD patients reportedly have a higher susceptibility to seizures as compared to dystrophin replete individuals. Additionally, cognitive, neuropsychological, and neurobehavioral abnormalities are more likely to occur in DMD patients (Boyce et al., 1991; Kim et al., 1995). The general intelligence of affected boys is one standard deviation below the normal mean IQ, with 34.8% of patients reported to have intellectual disabilities (Cotton et al., 2001). Moreover, ADHD, autism spectrum disorder, and moderate-to-severe reading problems were exhibited in 11.7%, 3.1%, and 20% of patients, respectively (Hendriksen and Vles, 2006; Hendriksen and Vles, 2008).
The survival of patients with DMD has improved over time. With optimal care, patients with DMD can survive to live in their thirties and forties, mainly owing to the development of guidelines for care and management and improved treatment for cardiopulmonary dysfunction (Birnkrant et al., 2018).
2 DYSTROPHIN FUNCTION
Dystrophin is an essential cytoskeletal protein in muscle that localizes to the inner surface of the muscle cell membrane and is enriched at the costameres and sites of cell–cell contact (Ervasti and Campbell, 1993). Dystrophin is the connection point joining the actin cytoskeleton to the inner surface of the sarcolemma (Hoffman et al., 1987; Ahn and Kunkel, 1993). Dystrophin has the characteristic biochemical properties of a membrane cytoskeletal protein and is recognized as a major member of the spectrin-type superfamily of actin-binding proteins (Petrof et al., 1993; Straub et al., 1997). In muscle cells, dystrophin plays an important role in maintaining membrane integrity and preventing membrane rupture (Emery, 2002; Gao and McNally, 2015).
The dystrophin protein has four main functional domains: 1) an N-terminal region with homologies to the actin-binding domains of α-actinin that anchors the protein to the cytoskeleton; 2) a central rod domain containing 24 spectrin-like repeats separated by four hinge regions; 3) a cysteine-rich domain that anchors dystrophin to the muscle membrane via interaction with the transmembrane protein β-dystroglycan; and 4) a C-terminal domain that binds dystrobrevin and syntrophins, mediating sarcolemma localization (Ervasti, 2013). The N-terminal domain includes two calponin homology domains (CH1 and CH2). This conventional CH-actin binding domain binds directly to F actin, anchoring dystrophin to the cytoskeleton (Rybakova et al., 1996). The spectrin-like repeats in the central rod of dystrophin indicate that dystrophin works as a shock absorber, helping to resist repeated rounds of muscle contraction and relaxation. The rod domain also harbors a second actin-binding motif (ABD2). ABD2 is found near the middle of the rod and works in concert with ABD1 to form a strong lateral association with actin filaments (Straub et al., 1992). The rod domain also mediates dystrophin interaction with microtubules via spectrin-like repeats 20–23 and is required for the organization of the microtubule lattice in skeletal muscle cells. Furthermore, the rod forms a flexible linker between the amino- and carboxy-termini. Four short proline-rich spacers, called “hinges,” are interspersed in the mid-rod domain providing elasticity to the protein (Koenig et al., 1988). Hinge 4 is at the end of the rod domain and contains a WW domain, a domain implicated in protein–protein interactions (Koenig and Kunkel, 1990; Straub et al., 1992). The WW domain, along with two neighboring EF-hands, binds the carboxy-terminus of β-dystroglycan, anchoring dystrophin at sarcolemma (Koenig et al., 1988). In dystrophin, the two EF-hands are located in the cysteine-rich domain, which resides between the central rod and the C-terminus. The cysteine-rich domain also contains a zinc finger (ZZ) domain (Ishikawa-Sakurai et al., 2004). The carboxy-terminal (CT) domain is α-helical and provides binding sites for dystrobrevin and syntrophins, mediating their sarcolemma localization.
Connection is achieved through the dystrophin-glycoprotein complex (DGC), which consists of extracellular (α-dystroglycan), transmembrane (sarcoglycans, β-dystroglycan, sarcospan), and cytoplasmic proteins (dystrophin, syntrophins, neuronal nitric oxide synthase, dystrobrevin), providing a link between the intracellular cytoskeleton and the ECM (Campbell and Kahl, 1989; Ervasti and Campbell, 1991).
It has been shown that α-dystroglycan resides on the extracellular surface of the sarcolemma and functions as a receptor for extracellular ligands such as laminin (Montanaro et al., 1999). Here, α-dystroglycan is tightly associated with β-dystroglycan, a transmembrane protein that also interacts with dystrophin. At the sarcolemma, β-dystroglycan is tightly associated with the sarcoglycan subcomplex, which is composed of four single-pass transmembrane proteins: α-sarcoglycan, β-sarcoglycan, γ-sarcoglycan, and δ-sarcoglycan (Ervasti and Campbell, 1993). The sarcoglycan complex is also tightly associated with sarcospan, a small transmembrane protein. On the cytoplasmic side of the sarcolemma, dystrophin maintains its membrane localization by interacting with β-dystroglycan. Dystrophin binds to the intracellular actin network to link the cytoskeleton to DGC, which in turn connects to basal lamina by interacting with ECM ligands. Other cytoplasmic components of DGC include α-dystrobrevin, syntrophins, and neuronal nitric oxide synthase (nNOS) (Ervasti, 2013). The α-dystrobrevin/syntrophin triplet associates with dystrophin and anchors nNOS to the sarcolemma (Guiraud et al., 2015).
3 PATHOPHYSIOLOGICAL MECHANISMS OF DUCHENNE MUSCULAR DYSTROPHY
3.1 Membrane instability
In striated muscle, force is generated through cycles of contraction and relaxation of muscle fibers as driven via the sarcomere (Gordon et al., 2000). As discussed previously, in healthy muscle, the integrity of the sarcolemma is maintained through interactions between the sarcolemma, cytoskeleton, and ECM through the DGC and the integrin complex (Houang et al., 2018; Duan et al., 2021). However, in DMD, due to the lack of dystrophin and its associated proteins, the physical connection between the sarcolemma, cytoskeleton, and ECM is lost, causing the sarcolemma to become leaky and highly susceptible to injury (Guiraud et al., 2015; Houang et al., 2018; Duan et al., 2021). This mechanism is supported by several observations. Previous work has identified hallmarks of muscle injury in DMD patients in the form of sarcolemmal tears (so-called “delta” lesions) (Mokri and Engel, 1975; Pestronk et al., 1982; Duan et al., 2021), increased levels of creatine kinase in the serum, and the uptake of large proteins including albumin and Evans blue dye (Houang et al., 2018; Duan et al., 2021). As levels of muscle damage are directly linked to levels of muscle stress, those muscles that undergo higher levels of stress are more likely to incur higher levels of damage. This can be seen in skeletal muscles involved in the exercise, specifically those muscles undergoing lengthening contractions, where it has been shown that repetitive contractions lead to increases in sarcolemmal damage (Petrof et al., 1993; Allen et al., 2016). This can also be seen in the diaphragm, where increased levels of injury are seen in DMD patients (Stedman et al., 1991). Taken together, these works demonstrate the need for the dystrophin complex to maintain the structural integrity of the muscle sarcolemma and highlight the devastating consequences of muscle fiber membrane stability in DMD.
3.2 Calcium dysregulation
A major consequence of the increased levels of membrane instability and leakiness in DMD muscles is an increase in intracellular calcium levels and disrupted calcium homeostasis within the muscle (Hopf et al., 1996; Mareedu et al., 2021). There is some debate over the mechanisms leading to increased intracellular calcium in the DMD muscle. Previous work has suggested that calcium can enter the muscle fibers through membrane tears (Yasuda et al., 2005; Houang et al., 2018), through a number of different calcium channels, including store-operated, voltage-gated, or stretch-activated (Mareedu et al., 2021), or through sodium channels (Mareedu et al., 2021).
Although the mechanism of calcium entry is not fully resolved, it is clear that increased calcium levels in DMD muscles have a significant negative impact on function. This can be seen through the myriad of calcium-signaling pathways in the cell, including calmodulin (Pertille et al., 2010), calpains (Gailly et al., 2007), and dysferlin (Bansal et al., 2003; Houang et al., 2018), all of which can negatively impact calcium cycling and muscle repair. Another possible mechanism of calcium dysfunction in DMD that has become a recent area of focus is the sarcoplasmic reticulum (SR) (Duan et al., 2021). In DMD muscle fibers, it has been shown that there is an increase in passive calcium leak from the SR, and therefore sarco-endoplasmic reticulum calcium ATPase (SERCA) function is reduced, leading to an increase in cytosolic calcium levels (Duan et al., 2021; Mareedu et al., 2021). It has been suggested that this process may occur through SR crosstalk with reactive oxygen species (ROS) (Papa and Skulachev, 1997; Houang et al., 2018; Mareedu et al., 2021). Further damage in the muscle can also be the result of calcium-mediated changes in mitochondrial function, which can lead to a reduction in ATP production and loss of membrane potential (Kyrychenko et al., 2015; Houang et al., 2018; Kang et al., 2018; Mareedu et al., 2021). Both of these mechanisms are discussed in more detail as follows. It is evident in dystrophic muscle fibers that the number of ways calcium-signaling can negatively impact muscle function and the increased levels of cytosolic calcium in DMD muscle is unmistakably a driving force in the pathology of the disease.
3.3 Inflammation
Immune cell infiltration is a main feature of DMD and is strongly associated with disease severity (Rosenberg et al., 2015; Villalta et al., 2015; Saclier et al., 2021). In DMD patients, inflammation onset precedes the onset of clinical symptoms (Pescatori et al., 2007). The involvement of the immune system after DMD onset, when there is already marked muscle damage, is well established (Vidal et al., 2008; Burzyn et al., 2013; Mojumdar et al., 2014; Mázala et al., 2020; Saclier et al., 2021). However, little is known about the role of inflammation in the earliest phase of DMD prior to the clinical onset (Evans et al., 2009).
Skeletal muscle is host to a heterogeneous combination of endothelial, stem, and immune cells, including macrophages, natural killer (NK) cells, T cells, B cells, and neutrophils (Tidball and Villalta, 2010). Immune cells play an important role in skeletal muscle homeostasis, repair, and regeneration (Tidball and Villalta, 2010; Castiglioni et al., 2015; Sciorati et al., 2016). The unique immune-privileged status of skeletal muscle (Sciorati et al., 2016) relies on the absence of constitutive MHCI expression and the lower number of antigen-presenting cells and pro-inflammatory cells in homeostasis, resulting in less necrosis and a lower capacity to generate abscesses (Evans et al., 2009; Tibdall et al., 2018). In the setting of acute muscle injury, neutrophils and pro-inflammatory macrophages are early players and are essential in clearing damaged fibers. They are then gradually replaced by anti-inflammatory pro-regenerative macrophages to stimulate fibers regeneration and fibrosis (Evans et al., 2009; Tidball and Villalta, 2010; Castiglioni et al., 2015; Tidball et al., 2018; Gehlert and Jacko, 2019). A distinct population of regulatory T cells (Foxp3+ Treg) drives the transition to a pro-regenerative state and potentiates muscle regeneration and repair (Burzyn et al., 2013).
As detailed previously, membrane instability is a primary defect in DMD. In healthy muscles, intense exercise causes membrane damage and leakage of cytoplasmic content into the extracellular compartment (Sorichter et al., 1998; Sorichter et al., 1999). This is associated with increased circulating levels of muscle proteins such as fatty acid binding protein and muscle-specific creatine kinase that can be used as biomarkers to detect and evaluate these injuries (Sorichter et al., 1998). Due to the muscle’s unique immune privilege, rapid membrane repair mechanisms, and membrane stability conferred by intact dystrophin, this inflammatory response is limited, controlled, and quickly resolved in healthy muscle (Sciorati et al., 2016). In DMD, the muscle loses its immune privilege. Membrane instability caused by dystrophin deficiency leads to the continuous release of cytoplasmic content, in particular, damage-associated molecular patterns (DAMPs) that are ligands to toll-like receptors (TLRs), purinoceptors (P2RX7), and other pattern recognition receptors (PRRs) on muscle and immune cells (Henriques-Pons et al., 2014; Giordano et al., 2015; Sinadinos et al., 2015). Upon activation, PRR downstream signaling cascades initiate the innate immune response. Moreover, pro-inflammatory cytokines induce the expression of MHCI and MHCII on muscle fibers, thus breaking down the muscle immune privilege. In addition to membrane instability, intracellular calcium overload and increased oxidative stress further induce tissue damage, contributing to triggering the inflammatory cascade in dystrophin-deficient muscles (Wehling et al., 2001; Henriques-Pons et al., 2014).
The immune cell infiltration in young DMD patients is predominantly formed by macrophages and T cells (Evans et al., 2009). Similar findings were revealed in dystrophin-deficient murine muscles (Lozanoska-Ochser et al., 2018). Early in the DMD time course, degenerated muscle fibers are cleared and repaired by regeneration (Tidball and Villalta, 2010; Tidball et al., 2018). The co-existence of lesions of different ages and the overlapping of pro-inflammatory and anti-inflammatory signaling prevent the full resolution of inflammation and sustain a chronic inflammatory response, which further progresses muscle damage. As the disease progresses, the impaired regenerative capacity and the chronic inflammatory environment of dystrophic muscle lead to fibrosis and adipose tissue accumulation (Vidal et al., 2008; Evans et al., 2009; Rosenberg et al., 2015; Mázala et al., 2020).
Macrophages play a key role in the disease progression of DMD (Rosenberg et al., 2015). Genetic ablation of CCR2 in a dystrophin-deficient mouse model (mdx), which prevents the monocytes from exiting the bone marrow, reduces the pro-inflammatory macrophage infiltration into the dystrophin-deficient muscle and is shown to improve muscle histology and function (Mojumdar et al., 2014). Bhattarai et al. (2022) showed, in the necrotic phase, a TLR4-dependent alteration of the inflammatory phenotype of the mdx mice bone-marrow-derived macrophages, with implications in major remodeling of the macrophage metabolic and epigenetic landscape. These changes correspond to characteristics of trained immunity and indicate that trained immunity can play an important role in DMD pathogenesis and progression (Bhattarai et al., 2022). T cells also play a crucial role in DMD pathogenesis (Lozanoska-Ochser et al., 2018; Tidball et al., 2018). CD4+ helper T cells promote the immune response by producing inflammatory cytokines (Spencer et al., 2001). CD8+ T-cell perforin-mediated cytotoxicity and fatty acid synthetase-induced cytotoxicity cause muscle fiber apoptosis (Spencer et al., 1997; Cai et al., 2000; Spencer et al., 2001). Effector T cells were recently shown to be one of the earliest cell types infiltrating the dystrophic skeletal muscle (in 2-week-old mdx mice) via a protein kinase C θ- (PKCθ-) dependent mechanism (Lozanoska-Ochser et al., 2018). The absence of PKCθ, a key regulator of effector T-cell activation, significantly reduced T-cell infiltration and the innate immune cell infiltrate in mdx/Prkcq−/− muscle (mdx lacking Prkcq, the PKCθ-coding gene), and improved the muscle phenotype (Lozanoska-Ochser et al., 2018).
3.4 Mitochondrial energetics
Mitochondria play a pivotal role in the bioenergetics of muscle fibers via oxidative phosphorylation. The electron transport chain oxidizes NADH or FADH2 through Complexes I and II in the matrix of the mitochondria and generates a proton gradient across the inner membrane of the mitochondria while transporting the electrons (Ahmad et al., 2022). The ATP synthase utilizes this proton gradient to synthesize ATP from ADP and inorganic phosphate. Fine orchestration of the electron transport chain complexes is essential for normal bioenergetics. DMD results in an abnormal environment that is not favorable for mitochondrial homeostasis (Cole et al., 2002; Allen et al., 2016). Instability in the DMD muscle membrane triggers extracellular Ca2+ inflow, leading to mitochondrial Ca2+ overload (Turner et al., 1988; Mareedu et al., 2021; Garcia-Castaneda et al., 2022). Although Ca2+ buffering is another key function of the mitochondria in the muscle through the mitochondrial Ca2+ uniporter (MCU), pathogenically high levels of cytoplasmic [Ca2+] can lead to Ca2+ overload in the mitochondria and trigger the opening of the mitochondrial permeability transition pore (mPTP) (Hurst et al., 2017; Briston et al., 2019).
Morphologically, mitochondria in dystrophin-deficient muscle display decreased size and sparse cristae formation, which are attributed to an increased mitochondrial fission/fusion cycle (Pant et al., 2015; Kang et al., 2018; Moore et al., 2020). Furthermore, diminished protein expression involved in PINK1/PARKIN mitophagy also causes structural damage and mitochondrial dysfunction in dystrophic cardiac muscles (Pant et al., 2015). These observations combined suggest that increased mitochondrial dynamics and suppressed mitophagy in dystrophin-deficient muscle also contribute to mitochondrial dysfunction (Pant et al., 2015).
ATP synthesis capacity has also been found to be disrupted in dystrophin-deficient muscle, and this is shown by a reduction in mitochondrial density and maximal ATP synthesis rate (Percival et al., 2013), as well as mitochondrial respiration (Passaquin et al., 2002; Onopiuk et al., 2009; Schuh et al., 2012). Interestingly, mitochondrial dysfunction and metabolic abnormalities were found to precede the onset of myofiber necrosis in young mdx mice (Townsend et al., 2011; Moore et al., 2020).
3.5 Reactive oxygen species dysregulation
In healthy muscle, a basal level of reactive oxygen species (ROS) is produced, and this is required for optimal cellular function, such as contraction (Reid et al., 1992; Reid, 2001; Powers et al., 2011). Muscles from animal models and patients with DMD produce significantly more free radicals than normal muscle, making the dystrophic muscle more vulnerable than healthy muscle to oxidative stress. Electrons leaked from the electron transport chain in mitochondria are one of the major sources of ROS production in muscle fiber cells (Fridovich, 2004). Specifically, electrons leaked from Complexes I and III combine with oxygen to form superoxide and eventually hydrogen peroxide by superoxide dismutase (e− + O2 → O2− → H2O2) at the mitochondrial matrix and cytosol (Chance et al., 1979). Within a healthy cell, ROS and antioxidants maintain a delicate balance, referred to as the optimal redox state. However, an uncontrolled amount of ROS production in pathology that exceeds the capacity of innate antioxidants generates redox unbalance leading to pathological dysfunction and even cell death (Powers et al., 2011).
Within the muscle fiber, mitochondria form a reticular network that surrounds the contractile apparatus, providing a short distance for the ATP supply within the healthy muscle (Glancy et al., 2015). In pathology, however, this proximity becomes deleterious for the redox-sensitive contractile proteins. Myofilament structures, including troponin, tropomyosin, myosin, and actin, contain a thiol group that is sensitive to redox balance, and exposure to an excessive amount of ROS disrupts myofilament Ca2+ sensitivity and cross-bridge kinetics causing muscle contraction dysfunction (Andrade et al., 1998; Terrill et al., 2013).
DMD is noted for pathologically elevated ROS production from the mitochondria in muscle. Specifically, Complex I-supported maximal H2O2 production has been found to be markedly elevated in skeletal muscle from young mdx mice (Godin et al., 2012; Hughes et al., 2019). Furthermore, skeletal muscles from mdx mice display decreased Ca2+ retention capacity, leading to susceptibility to Ca2+-induced mitochondrial permeability transition pore (mPTP) opening, as discussed previously. Interestingly, mdx skeletal and cardiac muscle have an adaptive elevation in ROS buffering capacity that counteracts the elevated ROS production from the mitochondria (Godin et al., 2012; Hughes et al., 2019; Hughes et al., 2020), and although this can temporarily dampen ROS, it still leads to an increase in oxidative damage as the disease progresses. Chronic inflammation due to sarcolemma damage and myofiber necrosis in dystrophin-deficient cardiac and skeletal muscle is a central feature of DMD, and this contributes to elevated ROS production from mitochondria (Terrill et al., 2016; Tulangekar and Sztal, 2021). Lastly, pathological conditions, including DMD, that impact mitochondrial function can cause more severe effects on the diaphragm than on limb muscle due to the relatively greater ROS emission rates per mass and mitochondrial content (Hahn et al., 2019). This suggests that the mitochondria as a crucial therapeutic target when considering the involvement of diaphragm weakness and wasting leads to cardiorespiratory failure in DMD patients (Mead et al., 2014).
NADPH oxidase 2 (NOX2) also has a considerable role in the pathology of DMD muscle as a source of ROS (Williams and Allen, 2007; Jung et al., 2008; Whitehead et al., 2010). NOX2 is activated by the microtubule-associated protein Rac1 upon mechanical stretching of the muscle, leading to ROS production. This process is greatly increased in DMD as the microtubule lattice becomes disorganized and dense due to the lack of dystrophin-microtubule interaction (Khairallah et al., 2012). NOX2 in phagocytic cells produces superoxide during respiratory bursts for host immunity against bacteria and infections. In DMD, continuous contraction-induced muscle membrane damage also leads to NOX2 activation (Moe et al., 2011; Zhao et al., 2015). Furthermore, biopsies from DMD patients showed greater gene expression of NOX2 compared to age-matched controls (Petrillo et al., 2017), and inhibition of NOX2 expression improved muscle function in mdx mice (Whitehead et al., 2015). Another important source of free radicals in dystrophin-deficient muscles is reactive nitrogen species produced by the cytosolic activation of delocalized nNOS. Together, this free-radical production leads to increased DNA, protein, and lipid oxidation in dystrophin-deficient muscles (Kim et al., 2013; Grounds et al., 2020). Mitochondria and NOX2 have shown potential targets for ROS production.
Indeed, there have been several reports showing significant improvements in muscle function, as well as prevention of myofiber necrosis and membrane permeability from mdx skeletal muscle by N-acetylcysteine supplementation (Whitehead et al., 2008; Terrill et al., 2012; Pinniger et al., 2017).
3.6 Fibrosis
Fibrosis is a wound-healing process wherein an excessive amount of connective tissue is formed, leading to permanent scar tissue. The fraction of ECM in normal muscle is ∼5%, which can be drastically increased in diseased or injured muscles (Lieber and Ward, 2013). Repeated injury/regeneration cycles and chronic inflammation cause fibrosis and loss of function, and this is another phenotypic feature of DMD (Kharraz et al., 2014; Gallardo et al., 2021). In DMD, fibrosis decreases contractile function and reduces the amount of healthy muscle for therapy (Kharraz et al., 2014). Muscle membrane damage in DMD and the subsequent accumulation of acidic metabolites and inflammation amplification initiate fibrotic tissue production by extracellular fluid containing fibronectin, glycosaminoglycans, and proteoglycans (Klingler et al., 2012). Specifically, transforming growth factor-β (TGF-β) is released from the skeletal muscle in injury or inflammation, and this activates myofibroblasts, leading to excessive production of ECM dominated by type I and type III collagen (Zhou et al., 2006; Lieber and Ward, 2013; Meng et al., 2016). Myostatin, which is a negative regulator of muscle mass, also stimulates muscle fibroblasts to proliferate ECM proteins (Li et al., 2008). In addition, angiotensin II, collagen triple helix repeat-containing 1 (Cthrc1) protein, and Wnt signaling regulate fibrogenic turnovers of the muscle cells (Bedair et al., 2008; Li et al., 2011; Cisternas et al., 2014).
The ECM functions as the major source of passive load-bearing in muscles. When comparing the normalized stiffness of a single muscle fiber, fiber bundle (ECM intact), and fiber alone (ECM non-intact), muscle fiber bundles had much higher stress, and this demonstrated that the ECM provides a large portion of the load-bearing function (Meyer and Lieber, 2011). In this light, DMD skeletal muscle displays significantly greater stiffness (Lacourpaille et al., 2015; Lacourpaille et al., 2017; Yu et al., 2022). In animal models of DMD, the lower limbs of mdx mice displayed an increase in the amount of collagen, and this was reported to have a close relationship with increased stiffness in the muscle (Brashear et al., 2021).
Because the fibrotic process begins early in DMD, therapeutic approaches aiming to reduce fibrosis have gained increased interest as a potential strategy for DMD. Therapeutic approaches inhibiting fibrosis (collagen type 1) have been shown to increase the expression of utrophin and the number of revertant myofibers (Levi et al., 2015). Other therapeutic targets that have shown the ability to limit the accumulation of fibrosis in DMD models and in patients include the renin-angiotensin system, cytokines, and tyrosine kinase receptors (Kharraz et al., 2014), ACE inhibitors, ARBs, and mineralocorticoid receptor antagonists (Heier et al., 2019; Kim et al., 2019).
4 THERAPEUTIC STRATEGIES FOR DMD
Despite major therapeutic advances over the past 30 years, there is no curative treatment for DMD (McNally and Pytel, 2007; Mercuri et al., 2019). Nonetheless, a multidisciplinary medical, surgical, and rehabilitative approach targeting the symptoms of DMD can alter the natural course of the disease, improving longevity and quality of life. Glucocorticosteroids, such as deflazacort or prednisone, are the current standard of care and the most widely used treatment for DMD patients (Bushby et al., 2004). The exact mechanism by which glucocorticosteroids delay disease progression in DMD is not fully understood. However, it has been suggested that glucocorticosteroids increase total muscle mass and strength in patients with DMD through the stimulation of insulin-like growth factors, decreased inflammation, decreased lymphocyte reaction and cytokine production, and enhanced myoblast proliferation (for more information on this topic, please see earlier reviews (Angelini and Peterle, 2012; McDonald et al., 2018; McDonald et al., 2020). Although glucocorticosteroids and many other pharmacological strategies can delay symptoms by targeting the secondary effects of DMD, many are only partially effective because they treat just one aspect of DMD pathogenesis. Nevertheless, long-term corticosteroid treatment has a variety of unfavorable side effects, including weight gain, short stature, puberty delay, behavioral issues, and pathologic bone fractures (Connolly et al., 2002). A promising oral glucocorticosteroid analog named VBP-15 was recently shown to improve muscle strength without side effects in the mdx mouse (Damsker et al., 2013; Heier et al., 2013), and a phase 1 clinical trial is currently underway on healthy human volunteers.
As reviewed before, there has been great interest in developing genetic approaches to treat DMD. Herein, we highlight some of the most promising therapeutic strategies that have been used to treat DMD, including gene therapy approaches via direct replacement of dystrophin and newer approaches involving the manipulation of the cellular machinery at the level of gene transcription, mRNA processing, or translation.
4.1 Microdystrophin viral gene therapy
Viral-mediated gene therapy has long been considered a potential therapeutic strategy to treat DMD based on its capability to restore the missing dystrophin by providing a functional copy of the dystrophin gene or repairing dystrophin, thereby restoring dystrophin throughout the body. The fact that DMD patients can be candidates for replacement gene therapy regardless of the underlying dystrophin mutation makes this a very attractive approach to correct DMD defects (Gregorevic et al., 2004; Chamberlain and Chamberlain, 2017; Duan, 2018a; Crudele and Chamberlain, 2019).
Implementing DMD gene therapy has turned out to be a very challenging endeavor, involving two main challenges. The first problem is the dystrophin gene’s immense size. The dystrophin gene, including its coding sequence, poses a problem for viral vector packaging (Roberts et al., 1993). The second hurdle involves systemic delivery to treat all the striated muscles in the body. Thus, a whole-body systemic therapy approach is required (Townsend et al., 2007; Chamberlain and Chamberlain, 2017). Numerous truncated dystrophin designs and body-wide systemic viral gene transfer approaches have been investigated in many labs to overcome these barriers (Gregorevic et al., 2004; Odom et al., 2007; Duan, 2016a; Duan, 2018b; Ramos et al., 2019).
The most common viral vectors implemented for neuromuscular disorders are lentiviruses and adeno-associated viruses (AAV). Table 1 provides a comparison of different vector systems for treating DMD. Among all the virus-based technologies in use for DMD clinical trials, adeno-associated viral (AAV) vectors encoding mini- or microdystrophins show encouraging treatment results in the preclinical setting (Kawecka et al., 2015; Duan, 2018b). The full-length dystrophin cDNA is far larger than the 4.7 kb packaging capacity of AAVs. Hence, these vectors are unable to deliver the full-length dystrophin cDNA. Two or three AAV vector (tri-AAV) in vivo recombination systems have been reported to deliver full-length dystrophin, albeit at very low efficiency (Lostal et al., 2014; Morgan and Muntoni, 2021). Studies have been directed to generate engineered AAVs with increased packaging capacity that induces efficient transduction associated with a modest immune response (Rogers et al., 2011). The currently used recombinant AAVs (rAAV) are erased of all viral genes, specifically the rep and cap genes that encode the nonstructural and structural proteins, and replaced by a sequence of interest, resulting in a maximum encapsidation capacity of around 5 kb (Dong et al., 1996). These vectors mostly remain episomal as extrachromosomal concatemers and rarely integrate into the genome. However, Schnepp et al. (2003) reported rAAV integration rates of about 0.5% in muscles from adult mice. AAV serotypes display a variety of cellular tropisms with a range of efficiency for targeting different muscles (Gao et al., 2004; Zincarelli et al., 2008).
TABLE 1 | Viral vector comparison in terms of their applicability to DMD gene therapy.
[image: Table 1]Initial studies featuring direct AAV vector injection into muscle showed high-level and durable gene transfer (Kessler et al., 1996; Xiao et al., 1996), although this was limited to the injected muscles and represents a non-clinically feasible condition as a continuous injection would be necessary for a therapeutic treatment modality. A major advancement was achieved when the Chamberlain lab (Gregorevic et al., 2004) and Xiao lab (Wang et al., 2005) demonstrated the success of using effective systemic gene transfer to cause whole-body muscle transduction in rodents with AAV pseudotype-6 vectors. Subsequently, the Duan lab reported the success of using systemic AAV-9 transduction in canines (Yue et al., 2008). Currently, a broad variety of AAV capsids that are either isolated from nature or engineered in laboratories have been used to accomplish systemic delivery (Townsend et al., 2007; Kotterman and Schaffer, 2014; Duan, 2016b). For instance, in rodents and large animals, a single intravenous administration of AAV-6, AAV-8, and AAV-9 led to whole-body muscle transduction. Additionally, limiting the expression to tissues of interest can be achieved by utilizing cell type-specific promoters. These advances spurred the development of AAV as the vector of choice for muscle gene therapy (Salva et al., 2007; Wang et al., 2014; Duan, 2016b).
Because AAV vectors rarely integrate into the muscle fiber genome, it follows that with muscle turnover, the microdystrophin transgenes will be diluted and lose effectiveness over time. As AAV vectors do not effectively target satellite cells, upon muscle injury, the satellite cells that are recruited to take part in the repair process will not contain the therapeutic transgene, causing the transduced cells to become diluted and eventually disappear with time (Arnett et al., 2014).
AAV administration may also induce an innate or cellular immune response to the vector, including anti-AAV capsid-neutralizing antibody production. In addition, some patients already have pre-existing AAV-neutralizing antibodies, which exclude them from receiving this treatment (Calcedo et al., 2009; Boutin et al., 2010). Strategies to counter this antibody response, such as by plasmapheresis, alternative AAV serotype, or immune-modulating drugs, are being investigated. The high safety profile of AAVs is evident by the fact that the most severe side effect to date using various AAV serotypes in several clinical trials was a temporary tissue inflammation that did not result in any long-term damage (Büning and Schmidt, 2015). Several clinical trials are investigating the safety and tolerability of this promising therapy in DMD patients (for more details, see Clinical trials section).
As clinical trials continue to develop, other factors controlling the function and stability of the transgene are being evaluated. The Chamberlain group reported that AAV-mediated delivery of microdystrophin resulted in continued expression that was maintained for at least 27 months in both skeletal and cardiac muscles (Ramos et al., 2019). Conversely, Dupont et al. (2015) reported short-lived AAV-derived therapeutic mRNAs in the dystrophic milieu. This finding highlights the necessity for additional elements to be considered when rAAV-mediated gene therapy is being optimized. Designing improved gene therapy treatments for DMD will be made possible with continued research into vector development, optimization of expression cassettes, and further investigations, including immune modulation.
As previously indicated, the coding sequence of the muscle isoform of the dystrophin gene is approximately 11 kb long, and this length presents a significant difficulty in developing gene transfer therapy (Duan, 2018a). Observations in patients with BMD, typically a milder and less common form of muscular dystrophy, have suggested that the transfer of the full-length dystrophin open reading frame (ORF) may not be necessary for developing effective gene therapy. Thus, the disease phenotype may be alleviated with a smaller dystrophin gene construct. In BMD, mutations cause the loss of some exons but do not abolish dystrophin expression, as in the case of DMD (England et al., 1990).
The capacity to excise specific coding regions within the dystrophin gene while maximizing protein function has been made possible by the availability of the full-length sequence of dystrophin together with the knowledge of related protein domains (Jung et al., 1995; Rafael et al., 1996; Lai et al., 2009). Some domains of the dystrophin sequence are reported to be somewhat dispensable for protein function. Hence, a series of internally truncated dystrophin constructs lacking regions of the rod domain and/or the C-terminal domain were devised to be used in place of the full dystrophin (Yuasa et al., 1998; Harper et al., 2002; Goyenvalle et al., 2011; Chamberlain and Chamberlain, 2017). Microdystrophins are partially functional proteins that lack more than half of the typical amino acid sequence of dystrophin. Early versions of microdystrophin, which are about one-third the size of the human dystrophin cDNA (around 3.7 kb in size), lacked the C-terminal domain and up to 20 SRs. In pre-clinical studies, these were very successful at reducing necrosis in dystrophic mdx mouse muscles (Phelps et al., 1995; Gregorevic et al., 2006). They have also been successful in enhancing force generation in striated muscles of dystrophic mouse and canine models for DMD and in preserving the sarcolemma from the injury induced by contraction (Harper et al., 2002; Watchko et al., 2002; Abmayr and Chamberlain, 2006; Le Guiner et al., 2017). These characteristics are attained via micro-dys binding to γ-actin filaments and β-dystroglycan through the N-terminal actin-binding domain and the cystine-rich β-dystroglycan binding domain, respectively. Thus, microdystrophin can form a mechanically robust connection between the subsarcolemmal cytoskeleton and the ECM (Corrado et al., 1996; Rafael et al., 1996; Harper et al., 2002; Gardner et al., 2006; Ervasti, 2013).
Dystrophin structure-function studies have suggested that at least four SRs from the central rod domain are required to connect the crucial N-terminal and cysteine-rich domains. There are a variety of strategies to build such miniature dystrophins. Although it has been demonstrated that a variety of microdystrophins containing various SR combinations can alleviate the dystrophic pathophysiology, other SR arrangements have produced proteins with low or reduced functional capacity (Harper et al., 2002). For example, microdystrophin, ΔR4-R23/ΔCT (also known as mDysH2), one of the most used designs, reduces muscle necrosis and enhances muscle strength, but it has also been reported to cause ringbinden in some myofibers after myotendinous junction injury (Harper et al., 2002; Banks et al., 2008). Ringbinden was caused by a polyproline tract in hinge 2, which was corrected by replacing hinge 2 with hinge 3 (Banks et al., 2010). It is worth mentioning that Sarepta is testing this first-generation ΔR4-R23/ΔCT microdystrophin derived under the striated muscle-specific MHCK7 regulatory cassette in a human clinical trial (ClinicalTrials.gov: NCT03375164) (Figure 1) (Table 2) (Harper et al., 2002; Salva et al., 2007). (For more details, see Clinical trials section.)
[image: Figure 1]FIGURE 1 | Full-length dystrophin and representative truncated dystrophins currently in use in clinical trials. (A) Full-length dystrophin versus (B) the truncated dystrophin constructs: i) mini-dystrophin Δ3990, ii) microdystrophin ΔR4-23/ΔCT (µDysH2) and iii) microdystrophin μDys-5R. Domains are identified as the N-terminal actin-binding domain, 1–24 spectrin-like repeats, four hinges (H1–H4), a cysteine-rich domain, and a C-terminal domain (CTD). The nNOS-binding domain is shown by the red numbers (repeats 16 and 17).
TABLE 2 | Clinical trials using adeno-associated virus- (AAV-) mediated microdystrophin transfer for DMD therapy.
[image: Table 2]Several other mini-/microdystrophin designs with clinical potential have been generated and tested in animal models (Banks et al., 2007; 2010; Jørgensen et al., 2009; Lai et al., 2009; Koo et al., 2011; McCourt et al., 2015; Hakim et al., 2017; Le Guiner et al., 2017; Duan, 2018b; Nelson et al., 2018). Among these, Δ3990 (mini-dystrophin), ΔR4–23/ΔCT (microdystrophin with deletion of repeats 4–23 and deletion of the C-terminal domain), and R16/17-containing microdystrophin (μDys-5R) are particularly noteworthy given the high safety profile and potency of these constructs in the murine and canine models (Figure 1) (Wang et al., 2000; Harper et al., 2002; Hakim et al., 2017). Strategic design of these microgenes to increase therapeutic efficacy includes codon optimization—a modification that switches a particular DNA sequence by changing its codons to match the most prevalent tRNAs, resulting in a more efficient translation (Foster et al., 2008) and the inclusion of nNOS-binding domain (repeats 16 and 17) (Lai et al., 2009).
Although all microdystrophins currently in clinical trials include hinges H1 and H4 (Figure 1), Wasala et al. (2022) recently studied the importance of including hinge 1/4 in microdystrophin gene therapy. They reported that hinge 1 is essential for the correct sarcolemmal localization of microdystrophin, restores the DGC, and enhances specific muscle force significantly compared to hinge 4. However, the construct including H1 and H4 outperformed the H1-only or H4-only microdystrophins. The Chamberlain group has been a leader in the field of testing microdystrophins with different structural configurations, including modification with central rod and/or various hinge domains (Harper et al., 2002; Wang et al., 2012). Here, vectors were evaluated in mdx4cv mice and delivered using recombinant AAV6 vector. When compared to first-generation microdystrophins, two of the new microdystrophins were found to improve force generation while also localizing neuronal nitric oxide synthase to the sarcolemma, namely, μDys5 (ΔR2-R15/ΔR18-R22/ΔCT) and μDys7 (ΔH2-R15 + H3/ΔR18-R23/ΔCT) (Ramos et al., 2019).
It is worth noting that studies are needed to fully investigate the stability, function, and proper localization of the several different micro/mini-dystrophin constructs, as it is not entirely clear if the proteins will localize correctly within the cytoskeletal network.
Additional research is required to assess how functional these microdystrophins are in humans, including their therapeutic effectiveness. A functional improvement in DMD patients may also be more challenging to predict, given that the DMD animal models (where preclinical studies are tested) frequently exhibit a milder skeletal and cardiac muscle phenotype than humans. Additionally, because microdystrophins are shorter than the typical length of truncated dystrophins in BMD patients, microdystrophin therapy in DMD patients may not fully achieve the goal of attaining a BMD-like phenotype (Mercuri and Muntoni, 2013). Accordingly, the loss of functionality owing to the deletion of specific dystrophin protein subdomains continues to be problematic in terms of treatment effectiveness. It will also be crucial to achieve significant therapeutic efficacy in the heart since treating skeletal muscle without also treating the associated cardiomyopathy could paradoxically add more strain on the myocardium, due to increased physical activity, and hasten the development of heart disease (Townsend et al., 2008; 2009). This may be a general concern with treatments that more specifically target skeletal muscles without also addressing heart tissue.
4.2 Exon-skipping therapy
Exon skipping has been proposed and studied as a possible treatment for DMD for more than two decades. The goal of exon skipping therapy is to restore the disrupted open reading frame (ORF) of the dystrophin gene transcripts in DMD patients, allowing them to make a Becker’s muscular dystrophy-like protein (Figure 2) (Niks and Aartsma-Rus, 2017). It is based on manipulating the pre-mRNA splicing of dystrophin transcripts to bypass a defective exon from the splicing machinery, restoring the reading frame and producing a partially functional, internally deleted dystrophin (Figure 2) (Schneider and Aartsma-Rus, 2021). The resulting dystrophin proteins are usually larger than the majority of mini- and microdystrophin gene therapy constructs currently under investigation.
[image: Figure 2]FIGURE 2 | Overview of current and proposed experimental therapies for Duchenne muscular dystrophy (DMD). (A) AAV-mediated gene therapy employs viral vectors to deliver micro- or mini-dystrophin genes. Clinical trials using different adeno-associated virus (AAV) serotypes have shown promise for the treatment of patients with DMD. (B) Exon-skipping strategies seek to mask exons adjacent to others that have been deleted. This results in the restoration of the reading frame and permits the translation of a slightly smaller dystrophin product. (C) Stop codon read-through is a small molecule therapy aimed at reducing ribosomal sensitivity to mRNA stop codons, thus promoting ongoing dystrophin translation in those patients with nonsense mutations. (PTC: premature termination codon). (D) Genome editing, employing a CRISPR/Cas9 platform, has the potential to target specific pathogenic variants in the DMD gene but carries a risk of off-target effects.
Exon-skipping entails three experimental approaches: CRISPR DNA editing system, U7 snRNP-mediated splice blocking, and antisense oligonucleotides (AONs) (Takeda et al., 2021). CRISPR DNA editing techniques work at the DNA level to change myofiber genomic DNA in converting a DMD out-of-frame deletion into a BMD-like in-frame deletion. CRISPR relies on viral vectors to deliver the DNA editing technology (for more information on CRISPR-mediated exon skipping, see CRISPR-Cas9 mediated gene editing strategies). U7 snRNP-mediated inhibition of splicing is another approach for exon-skipping where modified U7 snRNP genes are delivered via AAV vectors (Vulin et al., 2004; Gadgil and Raczyńska, 2021). In this instance, an antisense sequence that targets the exon takes the place of the typical antisense portion that hybridizes to histone RNA. This does not target mRNA but pre-mRNA (similar to the mechanism of AON) (Gushchina et al., 2021). The third approach to accomplishing exon skipping is using oligonucleotide drugs that bind to the pre-mRNA (prior to splicing) to modulate RNA splicing. These oligonucleotide techniques have used a variety of drug chemistry with variable success, and this approach will be the focus of the following section.
4.2.1 AONs-mediated exon-skipping therapy
AONs are small 20–30 nucleotides of modified DNA or RNA homologs that specifically bind to their target exon prior to pre-mRNA splicing in a Watson-Crick-like manner, hiding the target exon from the splicing machinery so that it is spliced out with its flanking introns blocking its incorporation to the mature mRNA (Schneider and Aartsma-Rus, 2021). Antisense-mediated exon skipping is a method that targets a specific mutation (Bladen et al., 2015). For the reading frame to be restored, different exons have to be skipped depending on the location and size of the mutations (Aartsma-Rus et al., 2009; Bladen et al., 2015). Accordingly, different dystrophin proteins will be generated after skipping different exons for different mutations. Hence, it is crucial to have a precise genetic diagnosis of the disease to be able to design effective AONs (Arechavala-Gomeza et al., 2007).
For AON therapy, the majority of DMD patients would have one or more exons deleted. Overall, in DMD patients, 70% of the reading frame can be restored by single exon skipping, whereas another 8% would benefit from double exon skipping to restore the reading frame (Bladen et al., 2015). DMD deletions frequently cluster in hotspots between exons 45 and 55; therefore, skipping target exons in this area could be of benefit to a large group of patients. Certain exons have been reported to have the highest applicability for skipping. Namely, exon 51 could be applied for (13%–14%) of patients, exon 45 and exon 53 both could be skipped for another 8%–10% of patients, and exon 44 could be skipped for an additional 6% of the patients (Mann et al., 2001; Van Deutekom et al., 2001).
Different chemical modifications have been tested to give the AONs drug-like characteristics in trying to enhance their bioavailability, improving their resistance to exonucleases and endonucleases, and increasing their affinity to the target RNA transcripts (Saleh et al., 2012). 2ʹ-O-methyl phosphorothioate (2OMePS) AONs and phosphorodiamidate morpholino oligomers (PMOs) are used among other chemistries for DMD exon skipping clinical development approaches (Verma, 2018; Schneider and Aartsma-Rus, 2021).
A major challenge for the success of AON approaches centers on achieving adequate delivery to the myofiber nuclei so that the drug can hit its pre-mRNA target in the nucleus (prior to splicing) and prevent the splicing of the targeted exon (Takeda et al., 2021). Three different techniques have been used for the delivery of the oligonucleotides to the myofiber, namely, cell transfections, in vivo intramuscular injections, and in vivo systemic delivery (intravenous, intraperitoneal, or subcutaneous). Depending on the delivery technique, various oligonucleotide chemistries exhibit different degrees of myofiber delivery efficacy and exon-skipping efficiency (Heemskerk et al., 2009; Hoffman et al., 2011; Takeda et al., 2021).
The use of nanoparticles as a delivery vehicle has been investigated for enhancing AON uptake and reducing possible immune reactions. Polymethyl methacrylate (PMMA) nanoparticles include two subgroups: T1 and ZM2 have been tested for AON therapy in mdx mice (Schneider and Aartsma-Rus, 2021). T1 nanoparticles were shown to have slow biodegradability; however, they formed aggregates that precluded their use via intravenous administration and raised concerns about possible adverse effects (Rimessi et al., 2009). Regarding ZM2-encapsulated AONs, intraperitoneal delivery was accompanied by higher dystrophin restoration levels in skeletal muscle and hearts as compared to naked 2OMePs AONs (Rimessi et al., 2009; Ferlini et al., 2010). Moreover, the effect lasted for 90 days after the course of treatment (7 weeks) (Bassi et al., 2012). Still, more studies are needed to better understand the pharmacodynamics, pharmacokinetics, and any related side effects of this type of delivery.
2OMePS molecules possess a negative charge. They can effectively transfect cells in vitro and can be absorbed via intramuscular injection. Unfortunately, their use in clinical trials has been stopped, as no detectable dystrophin production in patient muscle was observed (Mann et al., 2001; Lu et al., 2003). Morpholinos (PMO) are uncharged compounds that are challenging to introduce into cells in vitro. They show little or no systemic distribution to normal myofibers but exhibit high levels of systemic delivery and efficient exon skipping in dystrophic muscle (Heemskerk et al., 2009; Hoffman et al., 2011; Novak et al., 2017). The effective delivery of PMOs was limited to the inflammatory foci and active muscle-regenerating regions of the dystrophic muscle tissue, where the macrophages seem to play a role in their delivery (Novak et al., 2017). Morpholinos have shown an acceptable safety profile at very large systemic doses in mouse, dog, and human studies (Yokota et al., 2009; Wu et al., 2010; Clemens et al., 2020; Komaki et al., 2020). Nevertheless, as the underlying mutations that cause DMD disease remain and due to transcript and protein turnover, repeated drug injection is required. Overall, the highest levels of dystrophin restoration have been achieved via morpholino chemistry using systemic delivery (Schneider and Aartsma-Rus, 2021).
Several strategies have been proposed to increase the effectiveness of AONs and their uptake by skeletal muscles and in the heart for multi-exons skipping or enhancing their delivery using muscle-homing peptide conjugation (e.g., arginine-rich peptide) or via nanoparticles. Multi-exon skipping approaches, which permit the skipping of several adjacent exons at once, are under investigation in order to broaden the range of mutations eligible for treatment (Goyenvalle et al., 2012). Cocktails of antisense oligonucleotides have been developed to target two or more neighboring exons within a particular area to induce multi-exon skipping, such as the major mutational hotspots (exons 45–55) (Taglia et al., 2015). Another favorable approach is conjugating AONs to arginine-rich cell-penetrating peptides (CPPs) to enhance cellular uptake. The conjugated PMO-based AONs are termed peptide phosphorodiamidate morpholino oligomers (PPMO). In mdx mice and canine X-linked muscular dystrophy model of DMD, PPMOs were shown to be safe and permitted a longer duration of effective exon skipping in the tissues evaluated, including the heart and diaphragm (Jearawiriyapaisarn et al., 2008; Wu et al., 2008; Echigoya et al., 2017).
Despite the attractiveness and applicability of single or multiple exon(s) skipping techniques and the fact that four AONs have already been approved for clinical trials, it is becoming clear that their delivery efficiency is not satisfactory (Sheikh and Yokota, 2021). This could be concluded from the low levels of dystrophin restoration in skeletal muscle biopsies and the lower levels observed in heart muscle (Heemskerk et al., 2009; Wu et al., 2009; Heemskerk et al., 2010; Jearawiriyapaisarn et al., 2010; Wu et al., 2010; Malerba et al., 2011; Yin et al., 2011). Therefore, ultimate clinical effectiveness will necessitate repeated injections. For exon skipping to reach clinical milestones, drug-induced dystrophin needs to be produced at higher levels in both skeletal and heart muscles. Hence, it is crucial to understand the underlying pathogenesis to maximize the treatment benefit. Epigenetic modulators that enhance or abolish the inhibitory effect of gene expression need to be considered with this treatment to retain and stabilize dystrophin transcripts and protein at multiple levels.
Taken together, the exon-skipping technique has advanced from in vitro proof of concept research of the clinical trial stage to FDA approval (Eser and Topaloğlu, 2022). Only single exon skipping has been approved for clinical trials (for more details, see Clinical trials section). The multiple exon-skipping approach is still facing hurdles (e.g., higher drug doses required, differential uptake and efficiency of the used ASOs) (Mitrpant et al., 2009; Yokota et al., 2009; Aartsma-Rus et al., 2014).
4.3 Stop codon read-through
Around 10%–15% of patients with DMD have a nonsense mutation that induces a premature termination codon (PTC) in the mRNA, causing the ribosome to terminate translation and failing to synthesize the remainder of the protein (Flanigan, 2014; Bladen et al., 2015). The principle of stop codon read-through is to induce the ribosome to continue translating the mRNA through the premature stop codon and continue through the rest of the transcript. The drug works by binding to the ribosome and its partners, disrupting its ability to recognize the premature stop codon, leading to the transformation of the PTC into a correct codon, thereby resulting in the continuation of the translation (Figure 2) (Bordeira-Carriço et al., 2012). This mechanism ideally needs to be specific to premature stop codons, without read-through of bona fide stop codons, to efficiently enable partial restoration of dystrophin expression in muscle (Welch et al., 2007). A number of drugs can induce stop codon read-through, and their efficacies rely on the nature of the nonsense mutation and the surrounding nucleotide sequences. These drugs can be divided into two main groups: aminoglycoside antibiotics (e.g., gentamycin; amikacin, tobramycin, and paromomycin) or chemical compounds without known analogs (e.g., ataluren or negamycin) (Bidou et al., 2012). Although gentamycin demonstrated efficacy in inducing stop codon read-through for numerous pathologies, including DMD (Barton-Davis et al., 1999; Wagner et al., 2001; Politano et al., 2003; Malik et al., 2010), toxicity remains a major concern limiting gentamycin from clinical considerations (Prayle and Smyth, 2010; Beringer and Winter 2011). In the past few years, several studies have aimed to select molecules capable of promoting mRNA translation despite the presence of a PTC. Ataluren (Translarna TM, previously known as PTC124) is a small oral molecule developed by PTC Therapeutics as a potentially safer alternative to induce stop codon read-through (Welch et al., 2007).
4.4 CRISPR-Cas9 mediated gene editing strategies
Over the past decade, gene editing has moved to the forefront with the identification of mechanisms of DNA repair (Stephenson and Flanigan, 2021). The CRISPR-Cas system has made it possible for research labs all around the world to successfully incorporate gene editing into their work (Jinek et al., 2012; Mali et al., 2013; Perez-Pinera et al., 2013). The two main components of the CRISPR/Cas9 system are the CRISPR-associated (Cas) endonuclease and a single guide RNA (sgRNA), which directs Cas9 to a particular ∼20-nucleotide region in the genome that contains the complementary sequence (Figure 2).
Numerous engineered Cas endonucleases have been generated using naturally occurring Cas enzymes as guides. Targeted modifications have improved enzyme fidelity, reduced off-target mutations, increased editing efficiency, and used a more dispensable PAM sequence (Mali et al., 2013; Makarova et al., 2020). Engineered Cas proteins have extended to include nickase Cas9 (nCas9) (Ran et al., 2013) and deactivated Cas9 (dCas9) (Qi et al., 2013) that have been engineered to retain their programmable DNA-binding ability while decreasing or abolishing the Cas9 endonuclease activity, respectively. This has increased the safety of the CRISPR/Cas9 system owing to the absence of any DSBs (Dominguez et al., 2016). These may be combined with other elements, such as precise base editors (Komor et al., 2016; Yuan et al., 2018) or transcriptional activators (Qi et al., 2013; Wojtal et al., 2016), for alternative therapeutic strategies (Chen et al., 2022). Thus, the toolkit of CRISPR gene-editing systems has advanced, providing a growing number of options for CRISPR-based therapies.
The potential treatment of DMD using CRISPR/Cas9-mediated therapeutic techniques and the difficulties of CRISPR/Cas9-mediated therapeutic genome editing will be the main topics of this section.
4.4.1 CRISPR technology as a gene-editing therapeutic for DMD
A single infusion of CRISPR genome-editing components can theoretically treat DMD by correcting genetic mutations at the genome level utilizing CRISPR/Cas programmable nucleases (Olson, 2021; Chen et al., 2022), a concept that represents a promising therapeutic strategy for the long-term correction of genetic illnesses (Knott and Doudna, 2018). Several of the disease characteristics of DMD make gene editing an exciting treatment modality. First, owing to the relative dispensability of certain dystrophin domains, it is possible to remove mutant exons from the rod domain of the gene and restore the ORF yielding partially functional truncated dystrophins, as discussed previously. Second, a genetic repair of even a small percentage of muscle nuclei could enable the generation of dystrophin and its dissemination throughout the myofibers as skeletal fibers are multinucleated. Moreover, because the dystrophin gene is located on the X chromosome, affected boys only have one mutant allele that needs to be repaired. Therefore, unintentionally altering a wild-type copy of the gene is obviated (Long et al., 2014).
Both in vitro and in vivo studies using CRISPR-mediated gene editing for DMD have been conducted. Therapeutic effects have been reported in human cells and mice, rats, dogs, and piglets with various DMD mutations (Ousterout et al., 2015; Young et al., 2016; Amoasii et al., 2018; Duchene et al., 2018; Min et al., 2019a; Moretti et al., 2020; Pickar-Oliver et al., 2021; Szabo et al., 2021; Zhang et al., 2021). Attaining greater insights using sequence-humanized animal models will be required prior to any clinical translation. This would include providing crucial information such as the required dose, delivery vehicle, route of administration, and the percentage levels required for functional dystrophin recovery (Aartsma-Rus and van Putten, 2020; Olson, 2021). Off-target effects are also a concern and must be addressed prior to human trials.
4.4.2 Exon deletion
Exon excision, exon skipping, exon reframing, and exon knock-in are the main approaches for the CRISPR-mediated therapeutic repair of DMD mutations. Additionally, newly engineered CRISPR system technologies like the base or prime editors have been used to enable more accurate gene editing.
The majority (∼60%) of DMD patients have a deletion of one or more exons. Deleting the out-of-frame exon to restore the ORF is a typical method for achieving single or multiple exon deletions. This can be accomplished by double-cut exon deletion to one exon or over the entire hotspot region. To cut out single or multiple mutant exons, two sgRNAs flanking these sites can be targeted with Cas9, and this will cause the ORF to be restored by splicing the neighboring in-frame exons together (Ousterout et al., 2015; Maggio et al., 2016a; Young et al., 2016). Importantly, because this approach is less mutation-specific and permits the ablation of many exons in a mutational hotspot, it is applicable to a higher percentage of DMD patients. However, this is at the expense of shorter dystrophins compared to other correction strategies. This method, though appealing, has a number of drawbacks, including the increased risk of off-target mutations and a sharp decline in editing efficiency simply because two directed DSBs must occur at the same time for the edit/correction to be successful. Added to this issue is the challenge of delivering the two sgRNAs simultaneously.
DMD mutational hot spot deletion has the potential to cure around 60% of DMD patients, based on BMD patients with more mild symptoms, at least in skeletal muscles (Aartsma-Rus et al., 2006; Doo et al., 2012; Ousterout et al., 2015). Ousterout et al. (2015) designed multiplexed sgRNAs to restore the dystrophin reading frame by targeting the mutational hotspot in ∆Ex48-50 DMD patient-derived myoblasts. Here, dystrophin expression was restored in vitro following gene editing. However, this correction was not as efficient as deleting exon 51 alone, and this raised concerns about the editing efficiency for deleting a larger DNA fragment. Other groups targeted this same region in vitro and demonstrated a successful restoration of dystrophin in multiple DMD cell lines (Maggio et al., 2016b; Young et al., 2016; Duchene et al., 2018). In vivo studies have also been conducted in the humanized DMD del45/mdx mouse model. Exons 45–55 were successfully deleted, and dystrophin expression was observed after gene correction (Young et al., 2017).
In vitro and in vivo studies using the double-cut gene-editing approach have been used to target single-exon deletions (Maggio et al., 2016b; Long et al., 2016; Tabebordbar et al., 2016; Zhang et al., 2017; Long et al., 2018; Matre et al., 2019; Moretti et al., 2020). Although removing a smaller region lessens some of the problems with the double-cut method, it also eliminates the multi-exon deletion advantages noted previously. Postnatal single exon deletion editing has been studied in the mdx mouse model. Here, dystrophin expression was partially restored in cardiac and skeletal muscle and was shown to last up to 1 year in some studies after a single intravenous injection of an adeno-associated virus that encodes the CRISPR cassette (Nelson et al., 2016; Nelson et al., 2019).
Exon duplication mutations, which affect 5% of DMD patients, can also be corrected using exon deletion techniques. One duplicate exon can be targeted with a single sgRNA designed against the intron region next to the duplicated exon. In the presence of Cas9, sgRNA will produce two cuts and eliminate one of the duplicate exons. Thus, in principle, the dystrophin gene ORF can be restored, resulting in the production of full-length dystrophin protein identical to normal dystrophin (Long et al., 2018). However, exon duplication excision is presently challenging to investigate in vivo owing to the lack of animal models with this mutation (Bladen et al., 2015). CRISPR/Cas9 technology was recently used to develop a mouse model with a muti-exon tandem duplication of exon 50. This duplication mutation was then corrected using the sgRNA CRISPR/Cas9 technique. This method removed the duplication mutation, restored the expression of full-length dystrophin, and improved muscle functionality in vivo (Maino et al., 2021). Thus, this approach has the potential to treat duplication mutations in DMD.
4.4.3 Exon skipping by gene editing
In comparison to AON-based exon skipping therapy that modulates dystrophin mRNA, CRISPR gene editing corrects the underlying mutation in the genome. Thus, it is regarded as a permanent genomic correction. The conservative CRISPR-based exon skipping approach using only one sgRNA, instead of two sgRNAs flanking a mutant exon, to abolish either the splice acceptor site or splice donor site of the out-of-frame exon is the commonly used method for exon skipping (Amoasii et al., 2018). The sequence encoding the exon splice acceptor or donor site is then deleted by NHEJ induced via CRISPR system-triggered DSB, leading to out-of-frame exon skipping and splicing to the next accessible exon. Compared to utilizing two sgRNAs to flank the exon for removal, a single-sgRNA method for exon skipping increases editing efficiency (Long et al., 2018).
Several in vitro and in vivo studies have been conducted to evaluate this approach. In vitro, single-cut exon skipping has been used to skip exons 43, 45, 51, and 53 by NHEJ-induced disruption of splice acceptor sites, and successful skipping was demonstrated in iPSCs-derived skeletal muscle myoblasts isolated from DMD patients. Dystrophin restoration and functional improvement were observed in the gene-edited cell lines (Maggio et al., 2016b; Long et al., 2018; Min et al., 2019b). This approach has also been tested in vivo in both mouse (Amoasii et al., 2017; Min et al., 2019b; Wei et al., 2020) and canine models (Amoasii et al., 2018). Targeting the splice acceptor site of exon 51 results in skipping exon 51 and restoration of the dystrophin ORF. Dystrophin expression restoration and improved muscle function were demonstrated in both the DMD mouse and canine models that lack exon 50 (Amoasii et al., 2017; Amoasii et al., 2018). Exon 45 skipping via CRISPR/Cas9 has also been demonstrated to restore the reading frame in the ∆Ex44 mouse model, allowing exon 43 to splice to exon 46, thus restoring the dystrophin reading frame (Nelson et al., 2017; Min et al., 2019b).
4.4.4 Exon reframing by gene editing
Another strategy to restore the dystrophin ORF involves Cas9 induction of a single NHEJ (Li et al., 2015; Iyombe-Engembe et al., 2016; Amoasii et al., 2017; Long et al., 2018). This form of gene editing is designed to “reframe” the ORF of the dystrophin transcript by introducing small insertions and deletions (INDELS) via NHEJ of double-stranded DNA breaks generated by CRISPR-Cas9. When using a sgRNA to induce NHEJ in an out-of-frame exon, the generated indels result in a targeted frameshift to restore the dystrophin gene back in frame (Min et al., 2018). This method is often referred to as single-cut myoediting because only one sgRNA is used to direct Cas9 editing, requiring only a single cut to restore the dystrophin ORF in targeted muscle cells. A number of groups have shown efficient restoration of the dystrophin ORF through exon reframing in human iPSC-derived cardiac myocytes, mouse models, and large animal models of DMD (Ousterout et al., 2015; Amoasii et al., 2017; 2018; Bengtsson et al., 2017; Kyrychenko et al., 2017; Zhang et al., 2017; Long et al., 2018; Yuan et al., 2018). Exon reframing produces small indels during the repair and serves as an efficient strategy to preserve a large portion of the dystrophin genomic sequence while bypassing the DMD mutation. This strategy offers the possibility of permanently correcting specific DMD mutations.
4.4.5 Exon knock-in
In contrast to NHEJ-mediated exon deletion, skipping or reframing HDR-mediated exon knock-in can restore the full-length dystrophin gene expression. This approach incorporates a DNA donor template with the appropriate sequence as a part of the editing components. HDR-mediated genome editing has been demonstrated in small and large animal models of DMD (Long et al., 2014; Bengtsson et al., 2017; Zhang et al., 2017; Zhu et al., 2017; Mata López et al., 2020). An example of this strategy is the correction of exon 23 in the germline of mdx mice via SpCas9 with a 180-nt single-stranded DNA oligonucleotide template. Correction rates ranged from 2% to 100% correction of the Dmd gene in the resultant mosaic mice (Long et al., 2014). HDR is not active in quiescent or G1-arrested cells, rendering it unsuitable in mature myofibers and cardiac myocytes. Additionally, the approach cannot be used to correct DMD deletion mutations because of the length restriction on the donor DNA template (Zhang et al., 2021).
Homology-independent targeted integration (HITI) is a gene editing method with a relatively high efficiency in postmitotic cells. HITI can accurately knock in a missing exon(s) at a specific locus using NHEJ, which bypasses the requirement of HDR. HITI has been developed to overcome the HDR-related challenges noted previously (Suzuki et al., 2016). Delivering a donor plasmid with two Cas9 cleavage sites flanking the desired donor sequence is a key component of HITI. Following the Cas9 cleavage of the targeted genomic DNA and the donor plasmid, the NHEJ repair pathway will then incorporate the donor sequence. Although this exon knock-in strategy to restore full-length dystrophin protein is promising, it has not yet been extensively evaluated in the setting of DMD. Pickar-Oliver et al. examined the HITI-mediated approach to insert the missing human exon 52 or a superexon encoding the human dystrophin cDNA sequence downstream of exon 51 into its corresponding position within the dystrophin gene in a humanized mouse model of DMD. The DMD model used contained an out-of-frame deletion of exon 52, and full-length dystrophin restoration in skeletal and cardiac muscles was demonstrated (Pickar-Oliver et al., 2021). This technique enables the entire restoration of full-length dystrophin, even though the insertion efficiencies were low, and would be applicable to about 20% of DMD patients.
4.4.6 Base editing
Roughly 25%–30% of patients with DMD have point mutations (Aartsma-Rus et al., 2006; Bladen et al., 2015). Base editing is a recently developed approach to expand the toolbox of gene editing strategies to treat DMD (Chemello et al., 2020). In base editing, there are two major categories of DNA base editors: cytosine base editors (CBEs), which convert the C:G base pair into a T:A base pair (Komor et al., 2016; Nishida et al., 2016; Gaudelli et al., 2017) and adenine base editors (ABEs), which convert A:T base pairs to G:C base pairs (Gaudelli et al., 2017). In this strategy, Cas9 nickase (nCas9) or deactivated Cas9 (dCas9) is fused to a cytidine deaminase or an engineered adenine deaminase protein, allowing precise single-base pair conversations without double-stranded breaks (Gaudelli et al., 2017; Huang et al., 2021). These RNA-guided nucleotide-specific base editors do not rely on the NHEJ repair pathway, and as a consequence, small indels through error-prone NHEJ at the target site are not produced. Furthermore, a donor DNA template for HDR is not required (Min et al., 2018). Recently, a CRISPR/Cas9 adenine base editor (ABE7.10) was used to substitute a single adenine with guanine in a DMD mouse model containing a nonsense mutation on exon 20 (Ryu et al., 2018). This strategy has also been used to induce exon skipping by mutating target DNA bases of splice motifs (Gapinske et al., 2018). In this context, a CBE base editor (hAID P182X) was implemented in various canonical intronic motifs to modulate the splicing of different genes (Yuan et al., 2018).
4.4.7 Prime editing
More recently, a new strategy, termed prime editing, has been developed, which has been added to the CRISPR techniques to treat DMD point mutations (Anzalone et al., 2019). Prime editing takes advantage of a catalytically inactive nCas9. As a result, no DSBs are produced. The nCas9 is coupled to an engineered reverse transcriptase and delivered with an extended sgRNA termed the “prime editing” guide RNA (pegRNA). Reverse transcriptase uses the pegRNA as a template to add a DNA alteration at the target location (Anzalone et al., 2020). This approach enables single-base transitions or transversions, as well as site-specific genomic insertions and deletions, without introducing DSBs or the need for an exogenous donor DNA as a template for HDR repair. With the aid of endogenous DNA repair pathways, this newly generated DNA flap is then incorporated into the genome. While size restrictions still pose a problem for in vivo distribution, prime editing provides the ability to correct a number of DMD-causing mutations. In a proof-of-concept study by Chemello et al. (2021), prime editing was tested in the context of DMD. The approach was shown to be capable of reframing the dystrophin ORF in DMD (∆Ex51) cardiac myocytes derived from human iPSCs (Chemello et al., 2021). Subsequently, the Tremblay group reported the correction of point mutations in exon 6 in human DMD myoblasts using the prime editing technique (Happi Mbakam et al., 2022b).
4.4.8 Delivery of CRISPR in vivo
An effective delivery mechanism is necessary to accomplish efficient in vivo postnatal genome editing. Cas9 and sgRNA, the two components of the CRISPR system, can be administered to the target organs via a variety of forms. DNA/DNA, mRNA/sgRNA, and protein/sgRNA are the possible nucleotide forms for Cas9 and sgRNA, respectively. The CRISPR delivery strategies frequently employed in DMD include viral and nonviral methods (Min et al., 2019a).
4.4.8.1 Viral delivery
For the delivery of CRISPR/Cas9 components, lentivirus, adenovirus, and adeno-associated virus (AAV) have been employed (Min et al., 2019a), and clinical trials using AAV for gene replacement therapy have been approved by the FDA (Mendell et al., 2017). AAV serotypes 1, 6, 8, 9, rh10, and rh74 have tropism for skeletal muscle and heart. These serotypes have been successfully used in numerous preclinical investigations to deliver CRISPR gene editing components for postnatal genome editing (Lau and Suh, 2017; Wang et al., 2017).
The SpCas9 ORF is about 4.2 kb in length, which is close to the AAV cargo limit. Thus, a second AAV vector that carries the donor template or sgRNA is required. Hepatocytes and muscle cells have been successfully edited in vivo using a dual-AAV approach (Yang et al., 2016). Staphylococcus aureus (Sa) Cas9, a smaller Cas9 protein encoded by a 3.2-kb cDNA, has been employed for gene editing in mdx mice to avoid the requirement for a dual-vector system (Nelson et al., 2016; Tabebordbar et al., 2016; Bengtsson et al., 2017). For more flexibility with promoter usage in DMD gene therapy, new AAV serotypes have been engineered, such as the MyoAAV 2A serotype, which appears more efficient than AAV9 in muscle fibers. This serotype can be employed with genome-specific modifiers, including base or prime editors, to maximize therapeutic potential (Mendell et al., 2020; Tabebordbar et al., 2021; Happi Mbakam et al., 2022a).
4.4.8.2 Nonviral delivery
Cas9 and sgRNAs can be delivered in vivo through nonviral delivery mechanisms in a variety of forms, including DNA, mRNA, and ribonucleoproteins (RNP). Electroporation has been used to deliver negatively charged DNA or mRNA into muscle cells (Xu et al., 2016). Direct delivery of Cas9 and sgRNA constructs into the skeletal muscle of mdx mice using this technique led to the restoration of dystrophin expression (Xu et al., 2016). Another delivery method for CRISPR components, such as RNP or mRNA/sgRNA, is via lipid-mediated nanoparticles (Zuris et al., 2015; Miller et al., 2017). The cationic lipid nanoparticles can enclose the complex, which can then be transported into cells via endocytosis and pinocytosis. This method is relatively inexpensive compared to other approaches (Kim et al., 2014). Gold nanoparticles coupled to DNA and complexed with cationic endosomal disruptive polymers have also been reported to successfully deliver CRISPR RNP to mdx mice (Lee et al., 2017). Even though it seems to be an appealing strategy for delivering the RNP complex, a major challenge is the systemic delivery requirement to reach the heart, diaphragm, and skeletal muscles through the body. This, together with issues of efficiency, needs to be addressed before effective clinical applications can be investigated.
4.4.9 Gene editing: clinical considerations
Theoretically, gene editing has the potential to cure the disease with a single treatment, “one and done,” by correcting the genetic defect causing the condition. Gene editing can enable the expression of normal or nearly normal dystrophin to maximize functional outcomes. The resultant dystrophin, post-gene editing, is anticipated to be larger than microdystrophins which are undergoing clinical trials. Physiological temporal-spatial expression is expected to be normal because the expression of dystrophin after gene editing will be driven under the control of the endogenous dystrophin gene locus. This is compared to therapeutic microdystrophin gene therapy, where expression is dependent on the cis-regulatory sequences designed and incorporated in the construct within the AAV vector (Min et al., 2019b).
4.4.10 Gene editing: future challenges
Despite recent advances, the gene-editing experimental approach is still in the early stages of development for DMD therapy, with several concerns that should be addressed. Notably, off-target mutation risk in vivo is a significant concern. Muscle-specific promoters have been used to drive the CRISPR cassette expression to reduce possible off-target effects in non-muscle tissues (Young et al., 2016; Miller et al., 2017). Other issues to be addressed are the delivery efficiency to all the affected skeletal muscles and the heart, in addition to issues related to the maintenance of long-term dystrophin expression. Cardiac myocytes are long-lived cells with minimal regeneration capacity; thus, upon adequate delivery of the editing cassette and precise correction, myocytes are anticipated to exhibit long-term dystrophin expression. However, skeletal muscle fibers have a remarkable regeneration capacity (Ma et al., 2022). Skeletal muscle cells are generated via satellite cell recruitment, the muscle stem cells that are not efficiently transduced by AAV (Arnett et al., 2014; Min et al., 2019b). Thus, the skeletal edited muscle cell proportion will be diluted with every regeneration cycle, ultimately reducing dystrophin expression in the fibers.
Furthermore, there are a number of immunological issues to take into account, such as immunogenicity toward Cas protein or the likelihood of immune reaction toward the replaced dystrophin, a possibility that remains with all gene replacement therapies. More research is required to fully address these concerns (Min et al., 2019b). Thus, further studies focusing on the safety and efficiency of the gene editing CRISPR system are necessary prior to clinical translation (Erkut and Yokota, 2022). The CRISPR system has recently been introduced into clinical trials for other diseases, such as cancer; allergy; and cardiovascular, immunological, and neurological disorders (Sharma et al., 2021). Even though the CRISPR system faces several challenges, it has undoubtedly created new possibilities for treating monogenic diseases that will certainly pave the way for many applications in the upcoming years.
4.5 Cell transplantation therapy
DMD cell-based therapeutics aim to transplant cells with functional dystrophin into dystrophin-deficient muscles. This is one of the earliest genetic approaches attempting to treat DMD (Smythe et al., 2000; Skuk et al., 2004; Skuk et al., 2006). However, multiple factors must be considered for successful muscle recovery. Autogenic cell transplantation, relying on genetic engineering of the host’s induced pluripotent stem cells (iPSCs) to restore functional dystrophin expression, is associated with lower immunogenic risk than allogenic cell transplantation (obtained from a healthy donor) requiring immunosuppression (Maffioletti et al., 2014). Ideally, the transplanted cells should be competent to cross the vascular wall (blood–muscle barrier) upon systemic delivery to target different striated muscle entities (heart, diaphragm, and limb muscles) to limit the requirement for multiple injection sites into individual muscles. Moreover, to provide a long-term effect and reduce the risks of inducing an immune response from repeated deliveries, the transplanted cells must have a high muscle engraftment rate, incorporate into the host myocytes, and persist through self-renewal (Wallace et al., 2008).
Various cell types are candidates for transplantation and are being studied for DMD therapy. Satellite cells (myoblasts) are quiescent muscle stem cells that reside beneath the basal lamina (Mauro, 1961; Moss and Leblond, 1971). Upon muscle damage, myoblasts are activated to proliferate, self-renew, and repair. Other cell types, notably bone marrow-derived cells, pericytes, mesoangioblasts, and mesenchymal stem cells, are also under investigation because of their ability to access the muscle compartment and their myogenic potential. However, the limited capacity of these cells to be expanded in vitro constitutes a limitation for wide therapeutic usage. Nonetheless, based on the early successes in preclinical studies, a clinical trial is underway to transplant skeletal muscle-derived mesoangioblasts into the circulation of patients with DMD. Induced pluripotent stem cells (iPSCs), featuring an infinite self-renewal capacity, can be differentiated into myogenic lineages. However, iPSCs-derived myogenic progenitors could carry the risk of unlimited growth and teratoma development in vivo (Rong et al., 2012).
One of the most challenging hurdles for cell-based clinical applications centers on delivery. Although preclinical studies show promise (Rouger et al., 2011), most systemic studies report only limited engraftment of dystrophin restoration (Briggs and Morgan, 2013; Hogrel et al., 2013). Myoblasts lack extravasation ability, and continuous efforts are being made to improve their trans-endothelial migration ability (Choi et al., 2022). As for extravasation-competent stem cells, only a small fraction of transplanted stem cells appears to reach the muscle upon systemic delivery (Dellavalle et al., 2007). Additionally, although local high-density myoblast injections (intra-muscular injections) produce some dystrophin restoration around the needle track (Skuk et al., 2004; 2006), this approach is only practical for superficial small muscles.
On another note, cardiosphere-derived stem cells offer a transplantable cell type with therapeutic potential. Preliminary results from the randomized, phase I/II HOPE-Duchenne clinical trial (NCT02485938) revealed that the intra-coronary infusion of cardiosphere-derived cells was well tolerated and suggested a positive effect on upper limb and heart function for up to 12 months (Taylor et al., 2019). Furthermore, phase II of the Hope-2 clinical trial (NCT04428476) recently revealed that intravenous delivery of cardiosphere-derived cells is safe and has beneficial effects in slowing the deterioration of muscle function in patients with late-stage DMD (McDonald et al., 2022).
5 SMALL MOLECULE THERAPY FOR DMD: COPOLYMERS
Despite the numerous trials exploring potential therapeutics, there remains a dearth of effective treatments available for DMD patients. In this context, it is worth considering additional strategic approaches that target the primary defect of DMD: severe muscle membrane fragility. As discussed previously, as the primary pathophysiological defect in DMD is the marked susceptibility to contraction-induced membrane stress, a unique therapeutic approach is the use of synthetic membrane stabilizers to prevent muscle damage by directly stabilizing the dystrophin-deficient muscle membrane (Houang et al., 2015; 2017).
Poloxamers emerged from industrial applications in the 1940s. Recently, however, amphiphilic characteristics of poloxamer have shown a protective effect on the cell membrane. Poloxamer 188 (P188; PEO75-PPO30-PEO75, 8400 g/mol) is a non-ionic copolymer consisting of a triblock—a hydrophobic chain of poly(propylene oxide) (PPO) in the middle flanked by two hydrophilic poly(ethylene oxide) (PEO) chains on each side (Bates and Fredrickson, 1990). Studies using P188 have reported positive results in skeletal muscle fibers with electric injury (Lee et al., 1992; Lee et al., 1999; Collins et al., 2007), ischemia-reperfusion injuries (Hunter et al., 2010), heat injury (Merchant et al., 1998), radiation injury (Hannig et al., 1999), and sickle cell disease (Adams-Graves et al., 1997; Ballas et al., 2004). These results are due to the interactions between the phospholipid bilayer of the cells and the amphiphilic copolymer (Houang et al., 2017). Similar to these trials, DMD has been considered a potential candidate for the P188 treatment due to the fragile muscle cell membrane caused by dystrophin deficiency. In DMD, P188 is hypothesized to be beneficial in preventing cardiac myocyte damage induced by passive stretch and extracellular Ca2+ inflow triggered by micro-tears in the cell membrane (Yasuda et al., 2005) (Figure 3).
[image: Figure 3]FIGURE 3 | Copolymer-based muscle membrane stabilization of dystrophic muscle. Representation of copolymer-based stabilization of the damaged membrane via the interface of its hydrophobic PPO block (red) with stabilization by PEO blocks (blue) to prevent the entry of extracellular Ca2+ into the cell.
P188-treatment in isolated cardiac myocytes from mdx mice in vitro restored compliance and blocked susceptibility to stretch-induced Ca2+ overload (Yasuda et al., 2005). P188 delivery in vivo to mdx mice rapidly improved the geometry of the ventricles and suppressed the acute cardiac failure induced by a dobutamine stress test (Yasuda et al., 2005). P188 also prevented cardiomyopathy induced by isoproterenol in mdx mice (Spurney et al., 2011b). Similarly, systemic delivery of P188 for 8 weeks to dystrophic dogs (Golden retriever muscular dystrophy model) markedly reduced myocardial fibrosis, prevented left-ventricular remodeling, and inhibited the increase in cardiac Troponin I (TnI) and brain natriuretic peptide (BNP) in serum (Townsend et al., 2010). Furthermore, the direct application of P188 to isolated canine cardiac myocytes instantly restored poor myocyte compliance (Townsend et al., 2010).
For dystrophic skeletal muscle, the delivery method of P188 was found to be an important factor in the effectiveness of rescue of function. Interestingly, subcutaneous delivery of P188 showed protection against lengthening contraction-induced force loss, but this was not seen by intraperitoneal delivery. Furthermore, P188 significantly decreased baseline and lengthening contraction-induced membrane instability, as shown by reduced Evans Blue dye uptake in the mdx skeletal muscles (Houang et al., 2015). Skeletal muscles such as the diaphragm were also found to be protected by longer-term systemic delivery of P188 showing improved respiratory parameters, reduced centralized myonuclei, reduced variation in fiber size, and reduced collagen deposition (Markham et al., 2015).
Poloxamers can be manufactured in diverse forms by differing weight ratios of the PEO chain, molecular weight, and end group (Houang et al., 2018). Variations in hydrophilic and hydrophobic block lengths alter the hydrophobicity balance that determines the insertion of the molecule into the lipid bilayer of the cell and, thus, stabilization (Demina et al., 2005; Houang et al., 2017; Kim et al., 2017; Houang et al., 2018). For example, more hydrophobic poloxamers, such as P335 (PEO38–PPO54–PEO38), P333 (PEO20–PPO54–PEO20), and P181 (PEO2–PPO30–PEO2), insert into the liposomal membrane and eventually lyse the cell (Houang et al., 2018). Compared to P188, extended P188 (PEO140-PPO44-PEO140, 14,600 g/mol) also showed a robust protective effect at lower concentrations against the intracellular enzyme lactate dehydrogenase release induced by hypoosmotic stress (Houang et al., 2015). Furthermore, diblock copolymers (PEO75-PPO15) with a tert-butoxy end group (-C4) showed significant protection against lengthening contraction-induced force loss in mdx mice, whereas a hydroxyl end group (-H) did not show any protection (Houang et al., 2017). This finding showed that the hydrophobicity of the end group also directly influences interactions with the cell membrane and stabilization.
For membrane stabilizers in DMD, Phrixus Pharmaceuticals, Inc. has initiated a Phase 2 single-site, open-labeled trial for skeletal limb, cardiac, and respiratory muscle endpoints in non-ambulatory DMD patients (ClinicalTrials.gov Identifier: NCT03558958). Further research to determine the optimal structure-function of synthetic membrane-protecting copolymers will be useful in seeking a full therapeutic effect in DMD.
6 NON-DYSTROPHIN-BASED THERAPEUTICS
This section focuses on the genetic strategies related to the correction of or compensation for the lack of dystrophin via meaningful alternatives to direct dystrophin reconstitution. The advantage of dystrophin complementary approaches is that they may be applied to a number of MD patients, regardless of the type of mutation. Several pharmacological strategies to slow down the disease progress, such as those reducing inflammation or fibrosis, are also in development, and these have been reviewed by different groups (Spinazzola and Kunkel, 2016) and will not be covered in this review.
6.1 Utrophin modulation
Utrophin is a structural and functional autosomal paralog of dystrophin encoded by the UTRN gene (Love et al., 1989). This large cytoskeletal protein (395 kDa) shows sequence and structural similarity to dystrophin. Unlike dystrophin, utrophin is highly expressed in developing muscle and is localized at the sarcolemma in early human development (Love et al., 1989; Pons et al., 1993) when dystrophin is absent or present only at low levels. As the myofiber matures, utrophin levels decrease and become enriched at the neuromuscular junction (McNally, 2012).
Utrophin content is increased at the sarcolemma of skeletal muscle in DMD and BMD patients compared to healthy individuals (Weir et al., 2004; Arechavala et al., 2010; Mamchaoui, 2018). The baseline mild phenotype observed in the mdx mouse has been proposed to result from the efficient regeneration process in this model along with utrophin upregulation as a compensatory mechanism to mitigate the lack of dystrophin (Guiraud et al., 2015). This view is supported by the fact that mice deficient in both utrophin and dystrophin display a much more severe pathology compared to mdx mice (Deconinck et al., 1997). Furthermore, proof of principle that utrophin could play a role as a dystrophin surrogate comes from preclinical studies which established that an increase in utrophin protein levels in transgenic mdx mice prevented pathology, and this prevention was dependent on the amount of utrophin expressed (Tinsley et al., 1998). Studies in animal models have provided compelling evidence that utrophin functions in these scenarios to directly protect the muscle against dystrophin-deficient membrane instability. Because utrophin is an endogenous protein that can substitute for dystrophin, several approaches have been initiated to upregulate utrophin expression (Soblechero-Martín et al., 2021), including direct mechanisms, such as gene or protein replacement (Sonnemann et al., 2009), and indirect methods, such as transcriptional upregulation of the utrophin promoter or by stabilization of the protein or RNA (Michel et al., 2008).
Utrophin is expressed from at least two promoters, known as promoters A and B (Burton et al., 1999). Expression from promoter B is predominantly in endothelial cells in blood vessels, whereas expression from promoter A occurs in muscle and other tissues (Weir et al., 2002). Utrophin upregulation by stimulating promoter A activity is a promising pharmacological approach that has been extensively investigated. Thousands of small molecule candidates from drug libraries have been tested by high-throughput screening (HTS) assays to identify molecules acting at the utrophin A promotor site. Numerous small molecules, including heregulin (Krag et al., 2004), nabumetone (Moorwood et al., 2011), L-arginine (Voisin et al., 2005), and okadaic acid, have shown promising results at the preclinical level, with dose-dependent activation of the utrophin promoter. Ezutromid (SMTC1100) was the first orally bioavailable utrophin regulator that showed increased UTRN transcription (Soblechero-Martín et al., 2021). Pre-clinical results with the small molecule drug Ezutromid led Summit Therapeutics to initiate clinical trials as a potential treatment for DMD and BMD. Promising results from a Phase 1 healthy volunteer study showed that SMTC1100 is safe and well tolerated, with plasma levels achieved above those thought to be required to modulate utrophin (Ricotti et al., 2016). However, a Phase 2 clinical study (NCT02858362) failed to achieve both the primary (changes in leg muscle magnetic resonance parameters) and secondary (increased utrophin levels and decreased muscle damage) endpoints (Soblechero-Martín et al., 2021). Based on these results, Summit Therapeutics abandoned the development program of Ezutromid (Ricotti et al., 2016; Muntoni et al., 2019).
Direct utrophin protein replacement using recombinant full-length or truncated utrophin is another potential strategy to increase utrophin levels in vivo. The TAT protein transduction domain of the human immunodeficiency virus (HIV1) has been used to generate chimeric protein microutrophin (TAT-μUtr) and utrophin protein (TAT-Utr) (Sonnemann et al., 2009). Preclinical studies in mdx and dko mice were promising; however, further progress has not been reported. A similar pathway to micro-dys gene therapy has been pursued in the development of utrophin gene therapy. A number of preclinical studies using “micro-utrophin” (µUtrn) gene delivery have been reported recently, with some studies reporting restoration of the DGC, prevention of myofiber degeneration, normalization of serum CK levels, and improvement of muscle function (Ebihara et al., 2022). Furthermore, additional studies on double knockout (dko) mice and canine X-linked muscular dystrophy dogs have shown that µUtrn improves the severe pathological dystrophic phenotype in these models (Cerletti et al., 2003). One advantage to delivering utrophin is that it is less likely to elicit an immune response. It has been shown that viral gene delivery of dystrophin into DMD patients has been associated with an immune response, which limits the expression of dystrophin (Mendell et al., 2010). A protein such as utrophin, which is normally expressed in DMD patients, should not be associated with a similar immune response.
Utrophin, while highly similar to dystrophin, does not share all of the dystrophin binding domains. Therefore, it may not be able to fully substitute for dystrophin. Nonetheless, utrophin upregulation has been shown as a promising therapeutic approach, applicable to all DMD and BMD patients, irrespective of their dystrophin mutation. Many pathways involved in utrophin expression are currently being investigated. However, the amount of utrophin required by dystrophic patients to achieve a relevant clinical benefit remains to be determined. Further research is required before utrophin therapies can apply to DMD and BMD patients.
6.2 α7-Integrin upregulation
The α7β1 integrin protein is the predominant laminin-binding integrin in skeletal, cardiac, and vascular smooth muscle (Burkin and Kaufman, 1999). The integrin/laminin complex serves as a mechano-signaling anchor that binds laminin and links the ECM on the surface of muscle cells with the intracellular actin cytoskeleton (Hynes, 1992). α7 is present throughout the sarcolemma and is enriched at the myotendinous and neuromuscular junction. In particular, α7β1-integrin/laminin-211 plays a critical role in the functional integrity and maintenance of skeletal myoblasts and adult myofibers (Hodges et al., 1997; Mayer et al., 1997). α7 has been shown to be an important modifier of dystrophic symptoms, and defects in the components of this complex cause muscular dystrophy, illustrating the essential role of the α7 chain (Hodges et al., 1997; Guo et al., 2006). Interestingly, α7-integrin expression is increased at the sarcolemma in the mdx mouse and DMD patients (Hodges et al., 1997), demonstrating evidence that integrin upregulation may serve to functionally compensate for the lack of dystrophin. Moreover, knockout of both dystrophin and α7 integrin has been shown to produce a significantly more severe dystrophic phenotype, further supporting the evidence of a compensatory role for α7 integrin for dystrophin (Rooney et al., 2006).
Burkin et al. (2001, 2005) showed that transgenic overexpression of α7-integrin in dystrophin/utrophin double knockout mice (mdx/utrn−/−) alleviates pathology, extends viability and mobility, and reduces kyphosis. In addition, increased expression of α7 in mdx mice significantly protected against loss of force, reversed muscle pathology, and stabilized sarcolemmal integrity (Heller et al., 2013). Importantly, eightfold overexpression of α7-integrin does not demonstrate detectable toxicity or disruption to global gene expression profiles (Liu et al., 2008). Therefore, similar to utrophin, small compound screens for α7-integrin modulators appear to be a viable approach (Gurpur et al., 2009).
Laminin-111 is another potential candidate of interest (Rooney et al., 2009a). Injection of laminin-111 protein in the mdx mouse increased the expression of α7-integrin, stabilized the sarcolemma, and protected muscle from exercise-induced damage (Rooney et al., 2009a; 2009b). Conversely, transgenic expression of the laminin α1 chain to enhance heterotrimer formation of laminin-111 in the mdx mouse reported no improvement of the dystrophic symptoms (Gawlik et al., 2011), showing that further studies are necessary to validate the functionality of laminin-111 protein therapy in DMD.
6.3 Myostatin, follistatin, and other muscle growth strategies
Myostatin is a transforming growth factor-β-superfamily member that acts as a negative regulator of skeletal muscle growth (Mcpherron et al., 1997). The biological relevance of myostatin was addressed in mice through gene overexpression studies using normal or dominant-negative forms of the protein, systemic administration of myostatin protein or inactivating antibody, and gene inactivation (Zhu et al., 2000; Yang et al., 2001; Nishi et al., 2002; Grobet et al., 2003; Walsh and Celeste, 2005; Reisz-porszasz et al., 2022). Regardless of the approach used to induce myostatin inhibition, studies have shown functional improvement of the dystrophic muscle, such as increasing body weight, muscle mass, and muscle size, along with a significant decrease in muscle degeneration. Based on these studies and others carried out in cultured cells, the general consensus is that myostatin regulates postnatal muscle-fiber size by maintaining satellite cells in a quiescent state and inhibiting protein synthesis. Myostatin also regulates the number of muscle fibers during development by blocking the proliferation and differentiation of myoblasts (Lee, 2004; Tobin and Celeste, 2005).
However, some concerns have been raised about whether myostatin inhibition leads to a truly healthy muscle, as an exercise in myostatin-deficient cattle leads to early exhaustion. Moreover, it can even be deleterious, as disused muscle atrophy is markedly more severe in the context of myostatin deficiency (Mcmahon et al., 2022). Nonetheless, considering the effect of myostatin on muscle growth, inhibition of myostatin has been considered a therapeutic target in the treatment of muscle-degenerative and wasting conditions, such as muscular dystrophies, and clinical trials have been designed to increase muscle mass and strength in several of the most common forms of adult muscular dystrophy. Nevertheless, clinical trials in humans have been disappointing owing to a lack of improvement in muscle strength (Wagner et al., 2008) or adverse effects (Attie et al., 2013). Despite these negative results, other clinical trials based on blocking myostatin activity have been initiated (Mulivor et al., 2014; Pfizer, 2014).
7 CLINICAL TRIALS AND APPROVED THERAPIES
A growing number of pharmaceutical companies and startups have directed efforts toward DMD therapeutics. Many challenges remain, and the problem of delivery to all muscles of the body needs to be resolved. Nevertheless, there is little doubt that although a cure remains elusive, there has been a rapid expansion in the number of treatments entering clinical trials that have the potential to provide a significant clinical impact on the quality of life of DMD patients (ClinicalTrials.gov). Some of these approaches have received regulatory approval in the USA, Europe, and Japan (Mercuri et al., 2019). The increase in the number of patient registries and the ability to link natural histories significantly enhance opportunities to examine inter-individual differences to best evaluate disease progression/regression. These opportunities will greatly facilitate the emerging field of personalized/combinatory therapies, which represent the future of effective DMD treatments and will set the stage for other rare disease therapeutics.
Gene therapy has been elevated in the DMD field due to the promise that this approach could “stably” correct DMD defects via restoring dystrophin throughout the body (Gregorevic et al., 2006; Chamberlain and Chamberlain, 2017). Adeno-associated virus- (AAV) mediated gene therapies have advanced significantly since their clinical trial debut in 2003 (Kuzmin et al., 2021). Several studies have demonstrated the body-wide expression and therapeutic effect of this approach following intravascular AAV microdystrophin delivery (Mendell et al., 2021). Based on the many positive efficacy reports from experiments in the mdx mouse model and golden retrievers with muscular dystrophy (GRMD dog model) (Birch et al., 2023), four microdystrophin constructs have moved forward and are currently being investigated in clinical trials (Figure 1) (Table 2). The clinical trials were initiated in the United States in December 2017 and are now ongoing in Europe.
Clinical trial PF-06939926 is an AAV9-mediated transfer of microdystrophin currently tested in a Pfizer Phase 1b open-label clinical trial evaluating dose, safety, and tolerability of a single IV infusion of microdystrophin in ambulatory and non-ambulatory DMD patients (NCT03362502 and NCT04281485) (Table 2). PF-06939926 has been tested in men with DMD, ages 4 and older, at 21 sites, and two doses have been used: a low dose of 1 × 1014 vector genomes (vg)/kg) and a higher dose of 2 × 1014 vg/kg. Early data from five of six boys showed some evidence of improvement (or at least no decline) in the NorthStar Ambulatory Assessment (NSAA), compared with participants given a placebo during previous clinical trials. Side effects and serious adverse events were reported in some patients. Tragically, a death of a patient was reported, which led to the trial being put on hold due to questions about Pfizer’s potency tests. Recently, the FDA announced the removal of the clinical hold after the company had addressed the agency’s request regarding a potency assay and implementation of a protocol amendment.
SGT-001, an AAV9-mediated transfer of microdystrophin from Solid Biosciences, is also being evaluated in a phase I clinical trial, IGNITE DMD (NCT03368742) (Table 2). After a suspension due to a serious adverse effect in one patient, the study was recently re-activated with an amended clinical protocol and using SGT-001 manufactured with a second-generation process (Solid Bioscience). A clinical trial by Sarepta Therapeutics, Inc. is ongoing to investigate the safety and efficacy of the IV infusion of rAAVrh74.MHCK7 microdystrophin (SRP-9001), in a first open-label phase I/II trial (NCT03375164). Some evidence of 12-week dystrophin expression and a good safety profile was communicated from the first 11 participants enrolled in Study SRP-9001–103 (NCT04626674), another open-label Phase I study being conducted in partnership with Roche (Sarepta therapeutics).
Overall, to date, clinical trials have accrued preliminary results that have unfortunately demonstrated a lack of clinically meaningful success and missed milestones for efficacy (Mullard, 2021a). Thus far, the human trial data do not report the same success reported in animal works, indicating this promising approach requires significant further enhancement (Mullard, 2021b).
There is a clear need for caution as several serious treatment-related adverse events have been reported. Hepatic transaminitis, classed as severe, was reported in participants in trials in DMD, following SGT001 (Wagner et al., 2021) and rAAVrh74.MHCK7.microdystrophin (NCT03375164) (Mendell et al., 2020). One incidence of vomiting requiring hospital admission was reported as a severe adverse event with the PF-06939926 microdystrophin product (NCT03362502) (Belluscio et al., 2021). Moreover, two patients receiving rAAVrh74.MHCK7.microdystrophin (NCT03375164) experienced severe rhabdomyolysis (Today MDN, 2019; Novack et al., 2021). Significant issues remain to be considered, such as pre-existing DMD population immunity to certain AAV serotypes, the efficacy of the specific truncated micro- or mini-dystrophin variants used, and re-administration challenges and serotype switching considerations.
Consequently, other approaches aim to produce nearly full-length dystrophin by targeting only the region that encompasses the mutation in an effort to bypass the genetic defect. During the last decade, numerous approaches have been developed to directly correct genetic defects at the RNA level (Hanson et al., 2021), as discussed previously. In the case of dystrophin, such approaches are designed to either restore the expression of a full-length transcript or a nearly full-length DMD.
Ataluren (Translarna™, previously known as PTC124) is an orally bioavailable small molecule developed by PTC Therapeutics designed to enable the formation of a functioning protein in patients with genetic disorders caused by a nonsense mutation (Politano, 2021). Ataluren has demonstrated its efficacy in vivo using the mdx mouse model (Welch et al., 2007). However, laboratories failed to replicate this finding, questioning the specificity of Ataluren against stop codons (Auld et al., 2009; McElroy et al., 2013). Nonetheless, supported by evidence for functional improvement in a cell model of Hurler syndrome (Goldmann et al., 2012) and in mouse models of nonsense mutation-associated cystic fibrosis (Kerem et al., 2014), Ataluren advanced to clinical trials and was granted conditional marketing authorization by EMA in 2014 (https://www.ema.europa.eu/en/medicines/human/EPAR/translarna) for DMD ambulatory patients and those aged ≥2 years (Table 3). To date, two randomized, double-blind, placebo-controlled trials of Ataluren in DMD patients have been conducted: a Phase IIb trial (NCT00592553) on 174 randomized patients and a Phase III trial (NCT01826487) on 230 randomized patients (Table 3). In both trials, Ataluren was well-tolerated (Campbell et al., 2020). However, the trials failed to achieve the 48-week primary endpoint of improved distance walked in the 6-min walk test (SMWT) compared with patients who received placebo treatment. Nonetheless, these trials reported a trend of therapeutic efficacy, specifically a 29-m increase in the SMWT and an improvement in timed function tests in those who received Ataluren compared with placebo (Campbell et al., 2020; Politano, 2021). Unfortunately, very little evidence exists to inform the question of whether Ataluren displays any degree of efficiency or delivers a benefit in the heart.
TABLE 3 | Clinical trials using stop codon read-through and exon skipping for DMD therapy in 2023.
[image: Table 3]A number of chemical versions of AONs exist to be applied for exon-skipping, including 2′-O-methyl-modified RNA, phosphorodiamidate morpholino oligomers (PMO), and tricycloDNA antisense. All of them have been used in vitro and in vivo in mouse and dog models and demonstrated efficient skipping that resulted in histology and functional improvements (Niks and Aartsma-Rus, 2017), as previously discussed. Several PMO compounds are in development to target the exons that represent the highest proportions of deletions amenable to exon-skipping. Eteplirsen (marketed under the trade name Exondys 51) is a morpholino ASO from Sarepta Therapeutics designed to mask a splice acceptor sequence in exon 51 of the dystrophin gene, thereby promoting exon skipping and restoration of the reading frame in the 13% of patients with amenable frame-shifting mutations. This was the first drug approved by the FDA as a specific DMD therapy. Patients’ muscle biopsies after approximately a year of systemic dosing showed modest efficacy in the production of dystrophin protein expression (∼1%), which is considered to be inadequate to confer significant clinical benefits (NCT01396239, NCT01540409, NCT02255552) (Table 3) (Mendell et al., 2016; Niks and Aartsma-Rus, 2017).
Regardless, the drug was approved, and efforts are underway to develop more effective oligonucleotide therapies. Tissue penetration and longevity of PMOs have remained an ongoing concern. To address these shortcomings, other delivery systems for AONs are currently being investigated to identify the modifications that can optimize cellular penetration and systemic safety, with a major focus on PPMOs (Nguyen and Yokota, 2019). Additionally, multiple other exon-skipping AONs are being actively developed, with the FDA recently giving approval for Golodirsen (SRP-4053) and Viltolarsen, designed to skip exon 53, and Casimersen (SRP-4045), designed to skip exon 45 (Table 3). So far, data collected from DMD patients show that PMO AONs are well tolerated and safe in DMD following weekly intravenous (IV) administration (Frank et al., 2020; Komaki et al., 2020; Wagner et al., 2021).
8 CONCLUSION
The identification of the dystrophin gene as the cause of DMD has led to improved diagnosis while providing deep insights into the biochemistry and cellular physiology of the striated muscle cytoskeleton-membrane-ECM interface. The preceding decades have been marked by careful mechanistic studies aiming to tease apart the molecular processes disrupted by dystrophin loss in an effort to understand and correct the underlying pathology of DMD. These insights have greatly impacted DMD diagnosis and care, including the opportunity to develop novel, personalized, and effective therapeutic strategies to prolong and improve the quality of life of patients with DMD.
9 FUTURE DIRECTIONS
The future of heart/skeletal muscle therapy in DMD will likely require a combination of approaches to achieve optimal outcomes, including a therapeutic approach to correct the genetic defect and target the secondary effects caused by the lack of dystrophin. Advances in technology have made many of the problems with therapeutic approaches more tractable. Despite that, two crucial and challenging issues shared by all new drugs are delivery and targeting. Finding an appropriate vehicle is critical to consistently reach the proper drug target at minimal, effective dosing. This is especially significant considering the enormous healthcare costs associated with these proposed therapies. Nonetheless, there is little doubt that although a cure remains elusive, there has been a rapid expansion in the number of treatments entering clinical trials that have the potential to provide a significant clinical impact on the quality of life for DMD patients. This turning point in the development of DMD therapies marks the beginning of a new mission for correcting monogenic muscular disorders. In turn, these approaches set an example for research progress for other related disorders.
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Prolonged voluntary wheel running reveals unique adaptations in mdx mice treated with microdystrophin constructs ± the nNOS-binding site
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We tested the effects of prolonged voluntary wheel running on the muscle function of mdx mice treated with one of two different microdystrophin constructs. At 7 weeks of age mdx mice were injected with a single dose of AAV9-CK8-microdystrophin with (gene therapy 1, GT1) or without (gene therapy 2, GT2) the nNOS-binding domain and were assigned to one of four gene therapy treated groups: mdxRGT1 (run, GT1), mdxGT1 (no run, GT1), or mdxRGT2 (run,GT2), mdxGT2 (no run, GT2). There were two mdx untreated groups injected with excipient: mdxR (run, no gene therapy) and mdx (no run, no gene therapy). A third no treatment group, Wildtype (WT) received no injection and did not run. mdxRGT1, mdxRGT2 and mdxR performed voluntary wheel running for 52 weeks; WT and remaining mdx groups were cage active. Robust expression of microdystrophin occurred in diaphragm, quadriceps, and heart muscles of all treated mice. Dystrophic muscle pathology was high in diaphragms of non-treated mdx and mdxR mice and improved in all treated groups. Endurance capacity was rescued by both voluntary wheel running and gene therapy alone, but their combination was most beneficial. All treated groups increased in vivo plantarflexor torque over both mdx and mdxR mice. mdx and mdxR mice displayed ∼3-fold lower diaphragm force and power compared to WT values. Treated groups demonstrated partial improvements in diaphragm force and power, with mdxRGT2 mice experiencing the greatest improvement at ∼60% of WT values. Evaluation of oxidative red quadriceps fibers revealed the greatest improvements in mitochondrial respiration in mdxRGT1 mice, reaching WT levels. Interestingly, mdxGT2 mice displayed diaphragm mitochondrial respiration values similar to WT but mdxRGT2 animals showed relative decreases compared to the no run group. Collectively, these data demonstrate that either microdystrophin construct combined with voluntary wheel running increased in vivo maximal muscle strength, power, and endurance. However, these data also highlighted important differences between the two microdystrophin constructs. GT1, with the nNOS-binding site, improved more markers of exercise-driven adaptations in metabolic enzyme activity of limb muscles, while GT2, without the nNOS-binding site, demonstrated greater protection of diaphragm strength after chronic voluntary endurance exercise but decreased mitochondrial respiration in the context of running.
Keywords: endurance, muscle strength, AAV (adeno-associated virus), microdystrophin, longevity
INTRODUCTION
Duchenne muscular dystrophy (DMD) is a fatal, progressive, muscle wasting disease caused by mutations on the X chromosome that lead to an absence of functional dystrophin. (Yiu and Kornberg, 2015; Duan et al., 2021). Dystrophin is a large muscle protein that links ɣ-actin in the myofiber to the dystrophin-glycoprotein complex (DGC), which spans the sarcolemma. (Gao and McNally, 2015; Duan et al., 2021). The DGC thus links the inside of the muscle fiber to the extracellular matrix and provides several important signaling functions for the cell. (Gao and McNally, 2015). Absence of dystrophin leads to loss of the DGC and all of its functions. (Gao and McNally, 2015; Duan et al., 2021). Consequently, muscles are susceptible to damage and necrosis, resulting in loss of ambulation, cardiomyopathy, and respiratory failure. (Gao and McNally, 2015; Duan et al., 2021).
Treatment for patients with DMD has historically been corticosteroids, which reduce inflammation and slow disease progression. (Duan et al., 2021). Recently, gene-based therapeutics such as induction of utrophin overexpression, exon-skipping drugs, and microdystrophin gene therapy have been tested in clinical trials. (Duan et al., 2021). Microdystrophin gene therapy delivers a truncated version of dystrophin, engineered to contain the most important parts of dystrophin to retain function, but small enough to fit into the available adeno-associated viral (AAV) vectors (∼5 kb). (Chamberlain and Chamberlain, 2017; Duan, 2018a). Two important microdystrophin constructs include H2µDys and µDys-5R. Versions of each are being used in clinical trials. (Duan, 2018a; Duan, 2018b; Ramos et al., 2019). The structure of each contain an actin-binding domain (ABD), Hinge domain 1 (H1) and 4 or 5 spectrin-like repeats (R). (Duan, 2018b). Both constructs also contain Hinge domain 4 (H4) and a portion of the cysteine-rich region (CR) that is critical for binding to β-dystroglycan in the DGC. (Duan, 2018b). H2µDys includes Hinge domain 2, which contains a polyproline site proposed to be detrimental to structure of the cytoskeleton and extracellular matrix when delivered to mdx mice. (Banks et al., 2010). µDys-5R is known for its unique nNOS-binding site at R16 and R17, which has been shown to restore nNOS localization to the sarcolemma and reduce functional ischemia in the limbs during exercise and, independent of exercise, lead to increased force output over other microdystrophins. (Lai et al., 2009; Lai et al., 2013; Zhang et al., 2013; Ramos et al., 2019). With potential success of clinical trials forthcoming, it is becoming increasingly important to determine the limitations of these microdystrophin constructs, especially in relation to exercise. (Harper et al., 2002; Liu et al., 2005; Bostick et al., 2011).
Voluntary wheel running is beneficial to mdx muscle, (Dupont-Versteegden et al., 1994; Landisch et al., 2008; Baltgalvis et al., 2012; Selsby et al., 2013), whereas other exercise modalities such as forced treadmill training regimens exacerbate the dystrophic condition. (Aartsma-Rus and van Putten, 2014; Schill et al., 2016; Rodgers et al., 2020). Few studies have examined the effects of exercise on mini- or microdystrophin gene therapy. (Shin et al., 2011; Zhang et al., 2013; Rodgers et al., 2020; Hamm et al., 2021). When forced treadmill running was used, studies report at least partial rescue of muscle function from exercise-induced damage. (Shin et al., 2011; Rodgers et al., 2020). mdx mice treated with microdystrophin that performed voluntary wheel running for 13 days ran farther than their untreated controls, but other aspects of skeletal muscle function were not measured. (Shin et al., 2011). In a recent study, we demonstrated that 21 weeks of voluntary wheel running was beneficial to young mdx mice treated with microdystrophin gene therapy. (Hamm et al., 2021).
The objectives of our current study were to determine if (1) prolonged (52 weeks) voluntary wheel running and (2) microdystrophin construct structure (± nNOS binding site) in mdx mice will sustain the functional benefits we reported for microdystrophin combined with short-term (21 weeks) voluntary wheel running in mdx mice (Hamm et al., 2021). To address these two objectives, we assessed the effects of 52 weeks of voluntary wheel running on whole body endurance and muscle function in young mdx mice treated with µDys-5R (with the nNOS-binding site, gene therapy 1, GT1) or H2µDys (without the nNOS-binding site, gene therapy 2, GT2) microdystrophin gene therapy constructs. Our data demonstrate that either the GT1 or the GT2 gene therapy improved several functional assessments similarly in mdx mice, with or without voluntary wheel running. Treated mice with either the GT1 or the GT2 microdystrophin construct and did not run displayed enhanced endurance capacity (i.e., time to exhaustion on a treadmill running test) and improved plantarflexor torque. Mice that were treated with either the GT1 or the GT2 microdystrophin construct and performed voluntary wheel running exhibited further improvement in endurance capacity and similar improvements in plantarflexor torque. However, improvements in ex vivo contractile assessments and metabolic assays were dependent on the GT1 or GT2 microdystrophin construct and activity level (i.e., run versus no run). Thus, prolonged voluntary wheel running complemented the functional improvements provided by both microdystrophin constructs but also revealed the unique benefits of each microdystrophin construct to dystrophic muscle.
MATERIALS AND METHODS
Animal studies
All animal experiments were approved by the Institutional Animal Care and Use Committee at Virginia Tech, and in concordance with NIH guidelines. Four-week-old male wildtype (WT; C57BL-10ScSnJ/Jax strain #000476) and male mdx (C57BL/10ScSn-DMDmdx/Jax strain #001801) mice were purchased from the Jackson Laboratory (Bar Harbor, ME; WT n = 8, mdx n = 48). The total of 56 mice were purchased in four cohorts of 10 and two cohorts of 8 mice (age 4 weeks) over 6 weeks. Mice in each cohort were assigned to one of the experimental groups each week (e.g., 1-2 mice/experimental group). Mice in both WT and the various mdx groups were staggered over the 6 weeks, e.g., not all WT mice started the same week, but were distributed over the 6 weeks. The mdx groups were similarly distributed. All groups (n = 8) followed the same timeline (Figure 1). It was necessary to stagger the groups so assays post-sacrifice could also be staggered over 6 weeks at the end of the study, i.e., data could not be collected from 56 mice if they all started the study simultaneously. Mice were initially group-housed (3-4 mice/cage) in a temperature-controlled room (21.1°C) with a 12-h light/12-h dark cycle and were given access to water and chow (Harlan-Teklad 2018) ad libitum until 7 weeks of age. The environmental and water/food conditions were maintained throughout the study. At 7 weeks of age, mice were treated with gene therapy (treated groups; mdxGT1, mdxRGT1, mdxGT2, mdxRGT2) or excipient (non-treated groups; WT, mdx, mdxR) and housed with free-spinning wheels (running groups; mdxR, mdxRGT1, mdxRGT2) or locked wheels (cage-active groups; WT, mdx, mdxGT1, mdxGT2). N values were variable during the study due to various uncontrollable complications, primarily the unexpected illness and/or death of mice (Supplementary Table S8). Mouse masses at sacrifice are reported in Supplementary Table S9.
[image: Figure 1]FIGURE 1 | Timeline of study and mouse groups. Mice were received at age 4 weeks (Week−3) and administered treatment and housed with wheels at age 7 weeks (Week 0). mdxR, mdxRGT1, and mdxRGT2 groups had access to a running wheel from Week 0 through 54. Mice were assessed for in vivo plantarflexor torque at Weeks -1, 2, 12, 39 and 52. Treadmill runs to exhaustion were conducted at Weeks -2, 3, 13, 27, 40 and 53. Mice were sacrificed and various assays conducted at Age 61 weeks (Week 54). At start of study, n = 8 each group. See Materials and methods for details. 
Voluntary wheel running
Protocol was followed as previously described. (Hamm et al., 2021). All mice were single housed starting at age 7 weeks (Week 0, Figure 1) after appropriate excipient or microdystrophin injection. Mice in mdxR, mdxRGT1, and mdxRGT2 groups were single housed in cages with running wheels. Mice in WT, mdx, mdxGT1, and mdxGT2 groups were single housed in cages with locked running wheels. All running mice ran 54 weeks. However, the mice were sacrificed on different days (i.e., Monday vs. Friday) during week 54, so mice ran until sacrifice at 54 weeks, but we reported running distance for 52 weeks to standardize the run duration between mice. Thus, our wheel running figure (Figures 5D, E) only shows distances for 0–52 weeks.
AAV construct and delivery
Two microdystrophin constructs were tested. Recombinant AAV9 was produced at the Vector Core of the University of Massachusetts Medical School. Both constructs were under the control of the creatine kinase 8 (CK8) skeletal and cardiac muscle-specific promoter. The gene-of-interest (GOI) plasmid used for production of the GT1 construct coded for a five-repeat microdystrophin sequence, μDys-5R, which contains the R16/R17 nNOS-binding specific repeats. The gene-of-interest (GOI) plasmid used for production of the GT2 construct coded for a four-repeat microdystrophin sequence, H2μDys, which does contain the R16/R17 nNOS-binding specific repeats. Animals were administered a single dose of each construct at a dose of 2 × 1014 vg/kg or an equivalent volume of excipient (phosphate buffered saline + 0.001% Pluronic F-68) via tail vein injection at age 7 weeks with a U100 28Gx1/2 insulin syringe (Becton Dickson, Franklin Lakes, NJ).
Assessment of microdystrophin protein by western blot and immunofluorescence
Western blot
Total protein from diaphragm, heart, and quadriceps collected at the conclusion of the study was prepared to determine the content of microdystrophin as previously described (Hamm et al., 2021). Microdystrophin protein levels were compared to a standard microdystrophin reference sample characterized as 100% of normal dystrophin and run on each blot alongside study samples to allow for blot-to-blot interpretation. Relative protein levels were evaluated using a one-way ANOVA with Prism software (GraphPad Prism 9.0).
Immunofluorescence
Isopentane-frozen diaphragm strip, heart, and quadriceps muscle specimens obtained at the conclusion of the study were sectioned at 8-μm thickness and immunostained per standard techniques for dystrophin/microdystrophin (Leica, NCL-DYSB) as previously described. (Hamm et al., 2021). Evaluation of percent dystrophin- or microdystrophin-positive fibers was performed by a neuropathologist using a standard fluorescent microscope and estimated to the nearest 5%.
Assessment of dystrophic pathology
H&E-stained sections of frozen diaphragm, quadriceps, and heart muscle tissues collected at the conclusion of the study were assessed for histological features specific to myofiber degeneration and regeneration associated with dystrophic muscle pathology as previously described. (Hamm et al., 2021). Dystrophic grade was assigned by the estimated proportion of tissue that showed evidence of active/recent dystrophic changes, including myonecrosis, inflammation, myophagocytosis, and basophilic fibers. All of these pathological findings correspond to evidence of recent muscle damage that would have occurred during the post-treatment period. More chronic dystrophic changes (internal nucleation, fibrosis, fatty replacement) are not an element of this dystrophic grading system, as it is not possible to determine whether these changes were present before treatment was started. The grading scale used for reporting is as follows: Grade 0 = normal, grade 1 = chronic regenerative changes only, grade 1.5 = very mild (<5% of muscle area with active dystrophic pathology), grade 2 = mild (6%–20% of muscle area with active dystrophic pathology), grade 2.5 = mild to moderate (21%–30% of muscle area with active dystrophic pathology), grade 3 = moderate (31%–50% of muscle area with active dystrophic pathology), grade 3.5 = moderate to severe (51%–60% of muscle area with active dystrophic pathology) and grade 4 = severe (>60% of muscle area with active dystrophic pathology).
Assessments before, during, and after the period of voluntary wheel running
Treadmill fatigue tests
A treadmill fatigue test was used to determine endurance capacity. Endurance capacity is defined as the ability of the mouse to exercise for an extended period of time as demonstrated by time to exhaustion during a treadmill running test. All mice were subjected to treadmill training and fatigue tests as previously described. (Hamm et al., 2021). Briefly, mice were subjected to a short training protocol on a 6-lane treadmill (Columbus Instruments) for 3 days and a fatigue test on the fourth day. For the fatigue test, there is a progressive increase in speed every 2 min for 5 steps starting at 0.02 to 0.1 m/s, in 0.02 m/s increments and an increase of 0.1 m/s on the sixth step to 0.2 m/s. For steps 7–11, speed is increased every 1,200 s from 0.3 to 0.5 m/s in 0.05 m/s increments. The test is over when the mouse is fatigued after three failures. Failure is defined as the inability of the mouse to keep running after aggressive physical nudges with a bottle brush (Fisher). Each mouse was allowed three failures before it was considered fatigued. The treadmill was paused using a custom pause function in the instrument software and time to fatigue was recorded. Fatigued mice were quickly removed from the treadmill and the protocol resumed promptly for the remaining mice. Fatigue tests were performed at Baseline (2 weeks pre-treatment) and subsequently following each in vivo contractile assessment (3, 13-, 27-, 40-, and 53-weeks post-treatment; Figure 1).
In vivo skeletal muscle contractile properties
In vivo isometric plantarflexor torque and torque-velocity were assessed 1 week prior to, and at 2-, 12-, 26-, 39-, and 52-weeks after treatment to determine plantarflexor contractile performance (Figure 1). Body mass was recorded prior to each experiment. Mice were anesthetized with isoflurane (VetOne Fluriso, Boise, Idaho) and prepared as previously described. (Hamm et al., 2021). Following the experiment, mice recovered in a clean cage on top of a heated pad. After mice were fully awake and mobile in the recovery chamber, they were placed in a clean cage with an active or locked running wheel as necessary and returned to the vivarium. In vivo contractile properties were determined using methods described previously. (Hamm et al., 2021).
Isometric torque-frequency experiments were performed as described. (Hamm et al., 2021). Briefly, the plantarflexors were stimulated in a series of increasing frequencies from 1–200 Hz. Data were plotted as torque normalized to mouse body mass (mN x m/g) vs. frequency.
Torque-velocity was determined by measuring torque output at set velocities. (Baltgalvis et al., 2012). In this method, the pedal moves passively to 19° dorsiflexion, then the plantarflexors are stimulated at 300 Hz while the pedal moves to 19° plantarflexion at a set velocity. Torque was measured at 1,200°/s, 1,000°/s, 800°/s, 600°/s, 400°/s, 200°/s, and 100°/s, with stimulation durations of 0.0317, 0.038, 0.0475, 0.063, 0.095, 0.190, 0.380s, respectively. Due to the high stimulation frequency, 3 min of rest were given between each stimulation. Peak torque during active stimulation was determined. Peak torque was multiplied by angular velocity to obtain power values. Values were normalized to body mass (g).
Assessments of isolated soleus and diaphragm muscle contractile properties
Ex vivo contractile properties
Soleus muscles and diaphragm strips were carefully dissected and placed in a jacketed water bath to determine contractile properties including force, velocity, power, and responses to eccentric contractions as previously described. (Hamm et al., 2021).
Assessments of mitochondrial respiration
Permeabilized fibers of red (oxidative) quadriceps were prepared and high resolution O2 consumption measurements were performed as previously described to determine mitochondrial respiration. (Hamm et al., 2021). Similarly, diaphragm fibers were permeabilized with a saponin treatment, and fibers were washed and placed in buffer in the chamber of an Oroboros Oxygraph-2k (Oroboros Instruments, Innsbruck, Austria) as described. O2 consumption was measured using a series of substrate injections to elicit activity of mitochondrial enzymes of the electron transport chain similar to the procedure used for quadriceps fibers, with a few key differences. Substrate injections were as follows: 10 mM glutamate/malate, 0.5uM rotenone, 10 mM succinate, 5 mM ADP, and 0.5 mM FCCP. Fiber bundles were removed from the chamber, washed with dH2O, and freeze dried as previously described. Freeze-dried bundles were weighed, and data were normalized to mass (mg) of the bundles.
Assessment of metabolic enzyme activities
Red and white gastrocnemius, as well as whole triceps, were prepared and assayed as previously described to determine the activities of various metabolic enzymes. (Hamm et al., 2021). Citrate Synthase (CS), Malate Dehydrogenase (MD), and Cytochrome c oxidase (COX) were assayed in red and white gastrocnemius and whole triceps. Phosphofructokinase (PFK) and β-hydroxyacyl - CoA dehydrogenase (βHAD)were assayed in red gastrocnemius and whole triceps.
Statistical analysis
GraphPad Prism 9.0 was used to perform all statistical analyses. Data were analyzed with a one-way (group) or a two-way ANOVA (e.g., group x time) as required. Treatment group was considered a single independent variable, instead of gene therapy or running each as independent variables. Thus, a one-way ANOVA was used for simple comparisons like microdystrophin content (independent variable: group, dependent variable: microdystrophin content) or treadmill time to fatigue (independent variable: group, dependent variable: time to fatigue). A two-way ANOVA was used when we tested the effects of two independent variables such as group and time on torque output (independent variable1: group, independent variable 2: time, dependent variable: torque). If a significant interaction between two factors occurred, Tukey’s HSD test was used to determine differences between means. Data are presented as mean ± SEM. Statistical significance was accepted at p < 0.05.
RESULTS
Study strategy
In this study, we aimed to determine if µDys-5R (GT1, with the nNOS binding site) and H2µDys (GT2, without the nNOS binding site) treatment would improve running performance and muscle function in mdx mice during prolonged voluntary wheel running for 52-weeks (Figure 1). Treated animals were separated into gene therapy (mdxGT1, n = 8; mdxGT2, n = 8) and gene therapy combined with voluntary wheel running (mdxRGT1, n = 8; mdxRGT2, n = 8) groups. Each treated group was administered a single intravenous dose of AAV9-CK8-microdystrophin at approximately 7 weeks of age and followed for 54 weeks post treatment. Control groups of WT sedentary mice (n = 8), mdx sedentary mice (n = 8), and mdx mice that performed voluntary wheel running (mdxR, n = 8) were evaluated alongside treated groups throughout the study. In vivo plantarflexor contractile assessments and treadmill fatigue tests were performed to test plantarflexor and whole-body muscle function, respectively. At the end of the study, tissues were collected for analysis of microdystrophin protein expression, dystrophic muscle pathology, and mitochondrial respiration. Diaphragm strips and whole soleus muscles were isolated for ex vivo contractile analyses. The n values for the majority of assessments after baseline measures and during and after completion of the study were WT, 7; mdx, 6; mdxR, 5; mdxGT1, 7; mdxRGT1, 8; mdxGT2, 7; mdxRGT2, 7; specific n values for each assessment are reported in Supplementary Table S8.
Diaphragm, quadriceps, and heart muscles displayed robust expression of microdystrophin protein, demonstrated by both Western blot and quantification of immunofluorescence
Western blot
Microdystrophin protein levels were evaluated via Western blot (Figure 2; Supplementary Table S1) and immunofluorescence (Figure 3; Supplementary Table S2) to assess expression in muscles. Western blot data for each sample were normalized to a standard microdystrophin reference sample characterized as 100% of normal dystrophin that was run alongside study samples on each blot and expressed as mean % ± SEM. WT (2 ± 0), mdx (3 ± 0) and mdxR (2 ± 0) diaphragm samples were negative for microdystrophin protein bands at 147 kDa (Figure 2D) and quantified at relative % of microdystrophin levels similar to background. Microdystrophin levels were significantly increased to levels of 73 ± 4 for mdxGT2 and 74 ± 10 for mdxRGT2 mice (p < 0.05). mdxGT1 and mdxRGT1 mice displayed similarly strong relative expression at 68 ± 11 and 60 ± 12, respectively (Figure 2A; p < 0.05). Quadriceps from treated mice displayed increased relative expression across groups compared to the background levels in WT (1 ± 0), mdx (1 ± 0), and mdxR (2 ± 0) untreated control samples (Figure 2B; mdxGT1: 64 ± 5; mdxRGT1: 62 ± 6; mdxGT2: 53 ± 4; mdxRGT2: 48 ± 4; p < 0.05). Robust microdystrophin expression was observed in heart muscle of treated animals regardless of construct compared to background levels in WT (10 ± 3), mdx (10 ± 3), and mdxR (9 ± 6) samples (Figure 2C; mdxGT1: 184 ± 17; mdxRGT1: 176 ± 17; mdxGT2: 194 ± 18; mdxRGT2: 214 ± 12; p < 0.05).
[image: Figure 2]FIGURE 2 | Microdystrophin protein content in diaphragm, quadriceps, and heart by quantification of volume of microdystrophin bands on western blot (A–C). (A)* WT, mdx, mdxR < mdxGT1, mdxRGT1, mdxGT2, mdxRGT2. (B)* WT, mdx, mdxR < mdxGT1, mdxRGT1, mdxGT2, mdxRGT2. (C)* WT, mdx, mdxR < mdxGT1, mdxRGT1, mdxGT2, mdxRGT2. (D) Representative western blots of uDys-5R (GT1; 147 kDa) and H2μDys (GT2; 138 kDa) microdystrophin constructs. All comparisons p < 0.05.
[image: Figure 3]FIGURE 3 | Microdystrophin protein content in diaphragm, quadriceps, and heart by quantification of immunofluorescence (A–C). (A)*mdx, mdxR < all groups. **mdxGT1, mdxRGT1 < WT, mdxGT2, mdxRGT2. (B)* mdx, mdxR < all groups. **mdxRGT1, mdxRGT2 < WT. (C)* mdx, mdxR < all groups. Representative images of diaphragm (DIA), quadriceps (QUAD), and heart from treated groups. All comparisons p < 0.05.
Immunofluorescence
Immunofluorescence analysis was performed to evaluate the number of fibers positive for anti-dystrophin antibody (DYSB) staining to detect the presence of full-length dystrophin or microdystrophin and expressed as mean % ± SEM. Compared to the mdx or mdxR revertant positive fiber levels (0–1) in diaphragm, quadriceps, and heart, all treated groups demonstrated greater expression (Figure 3; Supplementary Table S2; p < 0.05). Higher microdystrophin expression was evident in GT2 treated diaphragms (mdxGT2 89 ± 3; mdxRGT2 90 ± 3) compared to GT1 (mdxGT1 56 ± 7; mdxRGT1 66 ± 8; p < 0.05), regardless of activity level (Figure 3A). Analysis of quadriceps showed treated mice had similar levels of microdystrophin positive fibers (Figure 3B; mdxGT1 87 ± 5; mdxRGT1 83 ± 3; mdxGT2 91 ± 4; mdxRGT2 86 ± 3). However, mdxRGT1 and mdxRGT2 showed a running-dependent decrease in microdystrophin compared to WT levels of dystrophin (100 ± 0; p < 0.05). Robust expression of microdystrophin was confirmed in heart muscle of all treated groups (mdxGT1 100 ± 0; mdxRGT1 100 ± 0; mdxGT2 100 ± 0; mdxRGT2 99 ± 1), which were rescued to WT levels of dystrophin (Figure 3C; 100 ± 0). Representative immunofluorescence images are shown for each treated mdx group (Figure 3).
Both microdystrophin constructs similarly improved dystrophic muscle pathology in animals performing voluntary exercise
Dystrophic muscle pathology in the diaphragm, heart, and quadriceps was assessed at the end of the study (Figure 4; Supplementary Table S3). Representative images of the diaphragm are shown for each mdx group (Supplementary Figure S1). Data are presented as mean ± SEM. Diaphragm dystrophic pathology was high in mdx (3.9 ± 0.1) and mdxR (3.6 ± 0.4) mice, but improved in mdxGT1 (2.7 ± 0.2), mdxRGT1 (2.5 ± 0.2), mdxGT2 (1.7 ± 0.2), and mdxRGT2 (1.6 ± 0.3) groups (all p < 0.05). Dystrophic pathology was low in heart muscle of all groups (WT 0.0 ± 0.0; mdx 1.0 ± 0.4; mdxR 1.2 ± 0.5; mdxGT1 0.0 ± 0.0; mdxRGT1 0.3 ± 0.3; mdxGT2 0.0 ± 0.0; mdxRGT2 0.0 ± 0.0). No differences in quadriceps dystrophic pathology were observed between treated and untreated mice, regardless of construct or activity level (WT 0.0 ± 0.0; mdx 2.0 ± 0.3; mdxR 1.8 ± 0.3; mdxGT1 1.4 ± 0.1; mdxRGT1 1.4 ± 0.1; mdxGT2 1.4 ± 0.1; mdxRGT2 1.6 ± 0.2).
[image: Figure 4]FIGURE 4 | Dystrophic muscle pathology of diaphragm, quadriceps, and heart presented as dystrophic grade. (A) Diaphragm *WT < all groups. **mdx > all groups except mdxR. ***mdxR > WT, mdxRGT1, mdxGT2, mdxRGT2. #mdxGT1 >mdxGT2, mdxRGT2. (B) Quadriceps *WT < all groups. (C) Heart *mdxR < WT, mdxGT1, mdxGT2, mdxRGT2. All comparisons p < 0.05.
Both microdystrophin gene constructs improved time to fatigue, but voluntary wheel running further enhanced endurance capacity
Treadmill fatigue tests were performed to assess whole-body muscle function (Figure 5; Supplementary Table S4). Time to fatigue data are presented as mean ± SEM minutes. Baseline (2 weeks before treatment) and Final (53 weeks post-treatment) treadmill fatigue tests demonstrate depressed running ability in mdx mice (Baseline 54 ± 10; Final 33 ± 7 min) by 50% compared to WT (Figures 5A–C; Baseline 91 ± 12; Final 81 ± 11 min; p < 0.05). In the final test of the study, running ability was rescued by both running alone (mdxR 108 ± 5 min, p < 0.05) and gene therapy alone (Figure 5B; mdxGT1 75 ± 8 min; mdxGT2 96 ± 11 min; p < 0.05). Mice treated with gene therapy combined with voluntary wheel running (mdxRGT1 125 ± 4 min; mdxRGT2 141 ± 7 min; p < 0.05) experienced the greatest benefit, regardless of gene therapy construct (Figure 5B). Interestingly, mdxR mice improved treadmill time ∼46% by week 13 (81 ± 17 min) and by week 53, times were similar to mdxGT2 mice (Figures 5B,C). Voluntary wheel running distance was recorded over 52 weeks (Figures 5D,E; Supplementary Table S5). Weekly running distance is presented as mean ± SEM kilometers. Over the 52 weeks, mdxRGT2 mice (47 ± 2 km; p < 0.05) ran more per week than mdxR (32 ± 2 km) and mdxRGT1 mice (Figure 5D; 31 ± 2 km). This was confirmed by relative analysis comparing weekly running distance to each mouse’s week 1 distance (Figure 5E). However, increased levels of voluntary wheel running in mdxRGT2 mice did not elevate their final treadmill time to fatigue over mdxRGT1 mice (Figure 5C).
[image: Figure 5]FIGURE 5 | Running capacity. Treadmill fatigue test (A–C) and running wheel activity (D, E). (A) Baseline treadmill time to fatigue. *WT > all groups. (B) 53 weeks post-treatment treadmill time to fatigue. *mdx < all groups. **mdxRGT1, mdxRGT2 > WT, mdxGT1, mdxGT2. (C) Treadmill time to fatigue at all timepoints. *mdxRGT1, mdxRGT2 > all groups post-treatment. *mdxR, mdxGT2 > mdxGT1 post-treatment. ***mdx < all groups post-treatment. (D) Running wheel distance per week. *mdxRGT2 > mdxR, mdxRGT1. (E) Running wheel activity as percent of week 1. *mdxRGT2 > mdxR, mdxRGT1. All comparisons p < 0.05.
Microdystrophin gene therapy improved plantarflexor torque output, independent of construct or voluntary wheel running
Contractile properties of plantar flexors were tested at baseline (1 week before treatment) and at 2-, 12-, 26-, 39-, and 52-weeks post-treatment to assess in vivo muscle function (Figure 6; Supplementary Table S6). Data are presented as mean ± SEM of normalized 120 Hz peak torque (mN*m/g) or 800°/s peak power (mW/g). At baseline, mdx mice (0.28 ± 0.02 mN*m/g) demonstrated low torque outputs compared to WT mice (0.34 ± 0.02 mN*m/g; p < 0.05) (Figure 6A). By 2 weeks, all groups treated with microdystrophin gene therapy with (mdxRGT1 0.38 ± 0.02 mN*m/g; mdxRGT2 0.41 ± 0.03 mN*m/g) and without (mdxGT1 0.41 ± 0.02 mN*m/g; mdxGT2 0.38 ± 0.01 mN*m/g) voluntary wheel running as well as untreated mice that performed voluntary wheel running (mdxR 0.35 ± 0.01 mN*m/g) improved torque output over mdx mice (0.26 ± 0.01 mN*m/g; all comparisons p < 0.05) (Figure 6B). By 12 weeks post-treatment, torque values of mdxR mice (0.34 ± 0.02 mN*m/g) returned to levels similar to mdx (0.32 ± 0.02 mN*m/g) (Figure 6D). At the end of the study, mice treated with both gene therapies, with (mdxRGT1 0.34 ± 0.02 mN*m/g; mdxRGT2 0.37 ± 0.02 mN*m/g) and without (mdxGT1 0.34 ± 0.02 mN*m/g; mdxGT2 0.36 ± 0.01 mN*m/g) voluntary wheel running, maintained their torque outputs similar to WT (0.33 ± 0.02 mN*m/g) and were greater than both untreated mdx groups (mdx 0.21 ± 0.02 mN*m/g; mdxR 0.23 ± 0.02 mN*m/g; p < 0.05). mdxRGT2 mice produced the highest torque values at the final time point (Figure 6C). Similarly, plantarflexor power of mdx mice (0.99 ± 0.09 mW/g) at baseline was lower than WT (1.55 ± 0.18 mW/g,; p < 0.05) (Figure 6E). However, by 52 weeks post-treatment, mdxGT1 (1.83 ± 0.22 mW/g), mdxGT2 (1.82 ± 0.21 mW/g), and mdxRGT2 (1.83 ± 0.21 mW/g) mice displayed higher power outputs vs. WT mice (1.44 ± 0.15 mW/g; p < 0.05) (Figure 6G). Post-treatment, mdx (1.40 ± 0.08 mW/g) and mdxR (1.58 ± 0.10 mW/g) mice produced lower power than all other groups across the course of the study (WT 1.95 ± 0.12 mW/g; mdxGT1 2.22 ± 0.08 mW/g; mdxRGT1 1.96 ± 0.12 mW/g; mdxGT2 2.10 ± 0.09 mW/g; mdxRGT2 2.29 ± 0.14 mW/g; all comparisons p < 0.05 (Figure 6H).
[image: Figure 6]FIGURE 6 | In vivo contractile properties of plantarillexors. Plantarflexor torque (A–D) and plantarflexor power (E–H). (A) Baseline torque curve. *mdx < WT. (B) 2 weeks post-treatment. *mdx < all groups. **mdxR < mdxGT1, mdxRGT1, mdxRGT2. ***WT, mdxGT2, mdxRGT1 < mdxGT1, mdxRGT2. (C) 52 weeks post-treatment. *mdx, mdxR < all groups. **WT, mdxGT1, mdxRGT1<mdxRGT2. (D) Peak torque values (120 Hz) at all time points. *mdx < all groups. **mdxR < WT, mdxGT1, mdxRGT1, mdxGT2, mdxRGT2. ***mdxRGT2 > mdxGT2. (E) Baseline power curve. *mdx < WT. (F) 2 weeks post-treatment. *mdx < WT, mdxR, mdxGT1, mdxGT2, mdxRGT2. **mdxRGT1 < WT, mdxGT1, mdxRGT2. ***mdxGT2 < mdxGT1. (G) 52 weeks post-treatment. *mdx, mdxR < all other groups. **WT < mdxGT1, mdxGT2, mdxRGT2. (H) Peak power (800°/s) at all time points. *mdx, mdxR < all other groups. **mdxRGT2 > WT, mdxRGT1. All comparisons p < 0.05.
Microdystrophin gene therapy two (GT2) better preserved diaphragm function when combined with prolonged endurance exercise
At the conclusion of the study, mice were sacrificed, and ex vivo contractile experiments were conducted on diaphragm strips and whole soleus muscles (Figure 7; Supplementary Table S7). Absolute force and power, diaphragm strip mass, and soleus cross sectional area (CSA) are reported in Supplementary Table S7. Normalized forces and powers relative to strip mass for diaphragm and for soleus relative to CSA are described below to account for the potential bias of strip or muscle size. Diaphragm data are presented as mean ± SEM of normalized 120 Hz peak force (mN/mg) or power (mW/mg) at 40% maximum load (Figures 7A–C; Supplementary Table S7). WT mice produced the greatest diaphragm force (17.2 ± 2.3 mN/mg), while mdx (5.3 ± 0.4 mN/mg) and mdxR (4.8 ± 0.9 mN/mg) groups produced less force than all other groups (Figure 7A; p < 0.05). mdxRGT2 (10.1 ± 1.1 mN/mg; p < 0.05) produced higher force than other gene therapy-treated groups (mdxGT1 7.2 ± 1.0 mN/mg; mdxGT2 8.6 ± 1.1 mN/mg; mdxRGT1 7.7 ± 0.6 mN/mg). Similar to force, power analysis revealed that WT (0.095 ± 0.02 mW/mg) produced higher power than other groups, while mdx (0.019 ± 0.0 mW/mg) and mdxR (0.016 ± 0.0 mW/mg) values were depressed compared to all groups (Figure 7B; mdxGT1 0.035 ± 0.01 mW/mg; mdxRGT1 0.041 ± 0.01 mW/mg; mdxGT2 0.044 ± 0.01 mW/mg; mdxRGT2 0.052 ± 0.01 mW/mg; all comparisons p < 0.05). mdxRGT2 produced similar power to mdxGT2, and both produced higher power values than mdxGT1. mdxRGT2 also produced greater power than mdxRGT1 (p < 0.05). The only group that experienced minimal force loss (∼7%) due to eccentric contractions was mdxRGT1 (Figure 7C; p < 0.05).
[image: Figure 7]FIGURE 7 | Ex vivo contractile properties. Diaphragm (A–C) and soleus (D–F). (A) *WT > all other groups. **mdxRGT2 > mdxGT1, mdxRGT1, mdxGT2. ***mdx, mdxR < all other groups. (B) *WT > all other groups. **mdxRGT2 > mdxGT1, mdxRGT1. ***mdxGT2 > mdxGT1. #mdx, mdxR < all other groups. (C) *mdxRGT1 <mdxRGT2. (D) *WT > all groups. **mdxGT2 > mdxR, mdxGT1, mdxRGT2. ***mdxR < mdxRGT1. (E) *WT, mdxGT2 > all other groups. (F) *WT < mdxR, mdxRGT1, mdxGT2. All comparisons p < 0.05.
Soleus function demonstrated better force outputs in sedentary mice treated with microdystrophin gene therapy two (GT2)
Soleus data are presented as mean ± SEM of normalized 120 Hz peak stress (mN/mm2) or power (mW/mm2) at 40% maximum load (Figures 7D–F; Supplementary Table S7). The soleus stress-frequency measurements displayed a low force output in mdx groups (p < 0.05) compared to WT (184.8 ± 17.4 mN/mm2). mdxGT2 (140.8 ± 17.7 mN/mm2) mice displayed greater soleus stress over mdxR (97.4 ± 8.9 mN/mm2), mdxGT1 (110.9 ± 16.2 mN/mm2), mdxRGT2 (111.9 ± 18.0 mN/mm2) (Figure 7D; p < 0.05). Power values in mdxGT2 (0.53 ± 0.06 mW/mm2) mice were similar to WT (0.58 ± 0.05 mW/mm2) and higher (p < 0.05) than all other groups (Figure 7E; mdx 0.39 ± 0.06 mW/mm2; mdxR 0.38 ± 0.08 mW/mm2; mdxGT1 0.42 ± 0.08 mW/mm2; mdxRGT1 0.40 ± 0.04 mW/mm2; mdxRGT2 0.40 ± 0.07 mW/mm2). Soleus muscles did not experience force loss when subjected to the eccentric injury protocol (Figure 7F). mdxR, mdxRGT1, and mdxGT2 displayed slightly elevated force output compared to WT (p < 0.05).
Oxidative red quadriceps fibers of mdxRGT1 mice displayed elevated mitochondrial respiration to WT levels. Mitochondrial respiration of diaphragm fibers of mdxGT2 mice were rescued to WT levels
Mitochondrial respiration, a key measure of oxidative capacity, was evaluated in red quadriceps fibers and diaphragm strips (Figure 8). Red muscle has a higher proportion of oxidative fibers. Data are presented as mean ± SEM pmols/s*mg. mdxRGT1 improved succinate-stimulated respiration of red quadriceps fibers almost two-fold over mdx mice (Figure 8A). ADP-stimulated respiration was similarly improved over both mdx and mdxR mice. In diaphragm, both WT (11.5 ± 8.3 pmols/s*mg) and mdxGT2 (11.1 ± 8.9 pmols/s*mg) mice had ∼30% greater succinate-stimulated respiration than mdx (8.8 ± 3.6 pmols/s*mg) and mdxR (5.2 ± 3.4 pmols/s*mg) groups (Figure 8B; p < 0.05). WT (11.4 ± 8.8 pmols/s*mg) increased ADP-stimulated respiration over mdxR (4.7 ± 3.0 pmols/s*mg), while mdxGT2 (11.0 ± 9.1 pmols/s*mg) respiration was higher than both mdx (8.7 ± 3.6 pmols/s*mg) and mdxR values; all comparisons p < 0.05.
[image: Figure 8]FIGURE 8 | Mitochondrial respiration in red quadriceps and diaphragm fibers. (A) Red quadriceps. *mdxRGT1 > mdx, mdxR. **mdxRGT1 > mdx. (B) Diaphragm. *WT, mdxGT2 > mdx, mdxR. **WT > mdxR. #mdxGT2 > mdx, mdxR. †WT, mdxGT2 > mdxR. All comparisons p < 0.05.
mdxRGT1 mice demonstrated the highest number of positive changes in metabolic enzymes of limb muscle compared to other groups
Metabolic enzyme activities were assessed in gastrocnemius (gastroc) and triceps (Supplementary Figures S2, 3). Citrate synthase (CS), malate dehydrogenase (MD) and cytochrome C oxidase (COX) activities were measured in both red and white gastrocnemius (Supplementary Figures S2A–C), while phosphofructokinase (PFK) and β-hydroxyacyl-CoA-dehydrogenase (βHAD) were only measured in red (Supplementary Figures S2D, E). Enzyme activities were higher in red vs. white muscle (Supplementary Figures S2A–C). CS activity in red gastroc was elevated in mdxRGT1 compared to mdx and WT groups (Supplementary Figures S2A). Both mdxRGT1 and mdxRGT2 displayed increased βHAD activity compared to mdx mice in red muscle (Supplementary Figures S2E). mdxRGT2 βHAD activity was also higher than WT. White muscle showed no differences between groups Supplementary Figures S2E; all comparisons p < 0.05.
In triceps, both treated running groups displayed elevated CS activity compared to mdx and mdxGT1 (Supplementary Figures S3A). In addition, mdxRGT2 CS activity was greater than WT, mdxR, and mdxGT2 (Supplementary Figures S3A). Interestingly, mdxR triceps had higher MD activity than mice treated with gene therapy alone, regardless of construct. mdxR COX activity was also higher than mdxGT1. Triceps PFK activity was greater in mdxRGT1 than WT and both sedentary treated groups. No differences in βHAD activity of triceps were observed Supplementary Figures S2E; all comparisons p < 0.05.
DISCUSSION
Study objectives
The objectives of our current study were to determine if (1) prolonged (52 weeks) voluntary wheel running and (2) microdystrophin construct structure (± nNOS binding site) in mdx mice would sustain the functional benefits we reported for microdystrophin combined with short-term (21 weeks) voluntary wheel running in mdx mice (Hamm et al., 2021). We tested two microdystrophin constructs, μDys-5R (GT1), that includes the nNOS binding site and H2μDys (GT2), that does not include the nNOS binding site. We tested these two microdystrophin constructs with and without voluntary wheel running using comprehensive whole-body endurance and muscle function assessments in mdx mice. We performed these assessments on 7 groups: mdx, mdxR, mdxGT1, mdxRGT1, mdxGT2, mdxRGT2 and WT mice.
Main findings
(1) Both microdystrophin constructs improved running capacity alone, but even moreso when combined with voluntary wheel running; (2) improvements in plantarflexor torque were comparable between all gene therapy treated groups, independent of running; (3) mdxRGT2 diaphragms performed better in ex vivo contractile assessments than other treated groups, with or without running; (4) mdxGT2 mice demonstrated higher force outputs in ex vivo soleus; (5) mdxRGT1 mice displayed the greatest adaptation to mitochondrial function in red quadriceps fibers as well as the highest number of adaptations in metabolic enzyme activity measured in limb muscles; and, (6) mdxGT2 mice produced diaphragm mitochondrial respiration rates similar to WT and higher than other mdx groups. Thus, prolonged voluntary wheel running complemented the functional improvements provided by both microdystrophin constructs but also revealed the unique benefits of each microdystrophin construct to dystrophic muscle. The experimental outcomes that distinguish the gene therapy-treated groups highlight the benefits of each construct and may help to elucidate their unique mechanisms of rescue.
Microdystrophin as treatment for dystrophic muscle
DMD causes progressive skeletal muscle weakness, respiratory deficits, and cardiomyopathy. (Duan et al., 2021). Accordingly, mdx mice display decreased muscle strength and power, which is especially progressive in the diaphragm with age. (Dupont-Versteegden and McCarter, 1992; Lynch et al., 1997). In cardiac muscle, young mdx mice display electrocardiographic abnormalities but have very mild fibrosis or overall pathology. (Chu et al., 2002; Van Erp et al., 2010). Microdystrophin gene therapy is one strategy being used to restore muscle function to dystrophic muscle. Microdystrophin construct optimization has been a topic of interest in DMD research for some time. (Rafael et al., 1996; Chamberlain and Chamberlain, 2017; Duan, 2018a; Ramos et al., 2019). Several constructs are currently being tested in clinical trials, including constructs with and without the nNOS binding site (Chamberlain and Chamberlain, 2017; Duan, 2018a) that are similar to those used in the present study. With the potential success of clinical trials forthcoming, it is becoming increasingly important to determine the limitations of these microdystrophin constructs, especially in relation to exercise. At present, the combination of exercise and microdystrophin treatments are best assessed pre-clinically.
Outcomes of uDys-5R (GT1) ± exercise
μDys-5R (GT1) is a newer microdystrophin construct that contains spectrin-like repeats 16 and 17, which form its unique nNOS-binding site. Unlike other microdystrophins, μDys-5R (GT1) can localize nNOS to the sarcolemma, like full-length dystrophin. (Lai et al., 2013). Dystrophic limb muscles experience ischemia during exercise. (Sander et al., 2000; Zhang et al., 2013). μDys-5R (GT1) has been shown to improve muscle perfusion in mdx mice during uphill treadmill exercise, likely due to its proper localization of nNOS. Our data demonstrated that GT1 improved running capacity alone, but even moreso when combined with voluntary wheel running to support the potential influence of the nNOS binding site. GT1 has also been shown to restore diaphragm force to WT levels and was protective during an eccentric injury protocol. (Lai et al., 2009). In the current study, we observed that mdx mice treated with GT1 displayed lower diaphragm force and power than WT mice and the activity-matched mdx mice treated with GT2. Conversely, mdxRGT1 mice improved mitochondrial respiration in red quadriceps, as well as CS activity in red gastroc. CS activity is a biomarker of mitochondrial density, so this combination indicates positive mitochondrial adaptations in red muscle to improve oxidative capacity. Both mdxRGT1 and mdxRGT2 displayed elevated βHAD activity compared to mdx, perhaps indicating a shift to favoring fatty acid oxidation to support endurance exercise. In the triceps, both treated groups that performed voluntary wheel running had elevated CS. Interestingly, triceps MD, and COX activity were upregulated in mdxR mice only. mdxRGT1 also displayed elevation of PFK enzymatic activity in triceps, indicating higher levels of glycolytic activity. Although all running groups experienced some metabolic changes compared to sedentary groups, mdxRGT1 displayed the greatest benefit. One potential explanation is that the nNOS-binding site improved blood flow to exercising limb muscles and in turn drove endurance-induced adaptations in mdxRGT1 mice. This potential mechanism should be explored in future studies. (Ferry et al., 2015).
Outcomes of H2μDys (GT2) ± exercise
H2μDys (GT2) has been described as being less beneficial to muscle than variations with H3 and μDys-5R (GT1). (Lai et al., 2009; Duan, 2018b; Ramos et al., 2019). Nevertheless, we recently demonstrated that H2μDys gene therapy combined with 21 weeks of voluntary wheel running was beneficial to mdx mice. (Hamm et al., 2021). Treadmill endurance capacity of mdx mice was improved with gene therapy but improved even further with the addition of voluntary wheel running. (Hamm et al., 2021). Similarly, herein, our data demonstrated that GT2 improved running capacity alone, but similar to GT1 demonstrated increased running capacity with voluntary wheel running in mdxRGT2 mice similar to that of mdxRGT1 mice. Notably, this similar running capacity suggests the absence of the nNOS binding site in GT2 does not limit adaptation to running, and also suggests the possibility of other adaptive mechanisms to enhance endurance. A potential detriment of H2μDys (GT2) is the polyproline site that is thought to create chronic strain on the myotendinous junctions of the Achilles tendon, which anchors the soleus and gastrocnemius muscles to the calcaneus. (Banks et al., 2010). The soleus and gastrocnemius are the two main plantarflexors and are critical to the “push off” phase of gait during walking and running. Previous studies have shown improvements in plantarflexor and soleus function in mdx mice after voluntary wheel running. (Hayes and Williams, 1996; Baltgalvis et al., 2012; Selsby et al., 2013). We also reported improvements in plantarflexor torque were independent of running, but running was not detrimental. (Hamm et al., 2021). Herein, we demonstrated peak plantarflexor torque was improved with running (mdxR) over mdx mice across all time points post-treatment. Peak torque was further improved over untreated mice by both GT1 and GT2 constructs, regardless of activity level. mdxRGT2 mean peak plantarflexor torque was higher than mdxGT2 post-treatment, However, assessment of the plantarflexor soleus ex vivo, revealed force and power that were higher in sedentary mdxGT2 mice compared to other treated groups. These data suggest that voluntary wheel running may not be as beneficial to soleus muscle force and power of GT2 treated mice, but nevertheless the mdxRGT2 mice could run exceptionally well.
Effects of running and the GT1 and GT2 microdystrophins on the cardiorespiratory system
Diaphragm
Respiratory failure and cardiomyopathy are two primary causes of mortality in patients with DMD. Herein, we focused on the functional improvements in the diaphragm. The diaphragm is critical to respiratory function and is one of the most affected muscles, recapitulating DMD pathology moreso than other muscles in mdx mice (Stedman et al., 1991; Dupont-Versteegden and McCarter, 1992; Lynch et al., 1997). Therefore, examining diaphragm performance is key to preclinical studies in mdx mice. It is unclear whether prolonged voluntary wheel running is beneficial (Dupont-Versteegden et al., 1994) or detrimental to diaphragm function of mdx mice. (Selsby et al., 2013). In the present study, diaphragm force was similarly low in both mdxR and mdx groups. Additionally, our data suggest that voluntary wheel running differentially affected the diaphragms of mice treated with each gene therapy. mdxRGT1 and mdxRGT2 mice each performed exceptionally well in treadmill tests, indicating a robust respiratory capacity. However, mitochondrial respiration of the running groups remained similar to mdx levels in the diaphragm, indicating that their exceptional endurance capacity is not due to diaphragm adaptations in mitochondrial respiration. Interestingly, mdxRGT2 mice demonstrated the best ex vivo diaphragm function of all mdx groups, while mdxRGT1 function was improved to a more moderate degree. Microdystrophin expression measured by immunofluorescence was lower in diaphragms of GT1-treated mice (mdxGT1, mdxRGT1) compared to GT2-treated mice (mdxGT2, mdxRGT2). In addition, diaphragm muscle pathology was slightly worse in mdxGT1 mice. Collectively, these data could explain the reduced diaphragm force outputs in mdx mice treated with GT1 (mdxGT1, mdxRGT1) herein. However, ex vivo diaphragm force was depressed in treated mice that ran compared with sedentary treated mice. (Hamm et al., 2021). In the current study, diaphragm force output was higher in mdxRGT2 mice compared with mdxGT2 mice. Based on these data, it appears that with age, voluntary wheel running can be beneficial to maintaining force output in the diaphragms of mice treated with GT2. Diaphragm force output was improved in both groups treated with GT1 (mdxGT1, mdxRGT1) but to a lesser degree compared to mdxRGT2 and WT. Therefore, running may not be as beneficial to GT1-treated diaphragms.
Cardiomyopathy
The cardiac phenotype of young mdx mice is mild. Several studies show that using a cardiac-specific AAV serotype, such as AAV9, induces robust microdystrophin expression, normalizes electrical activity, and prevents progression of pathophysiology in several mouse models of DMD. (Bostick et al., 2008; Shin et al., 2011; Howard et al., 2021). Previous studies in young, untreated mdx mice indicated that voluntary wheel running induces changes in the structure of the heart, some positive (Selsby et al., 2013) and some detrimental. (Costas et al., 2010; Hourdé et al., 2013). In our study, we did not directly assess cardiac function, but found that untreated mdx mice that performed voluntary wheel running (mdxR) showed a similarly mild cardiac dystrophic pathology compared to mdx mice. mdxR mice also performed as well as mdxGT2 mice, and even better than mdxGT1 mice in the treadmill test. Recently and herein we show that young mdx mice treated with GT2 gene therapy are not only able to tolerate exercise but thrive when performing endurance tests, especially after performing voluntary wheel running. (Hamm et al., 2021). In addition, after 52 weeks of running, at 14 months old, treated mice display low to no cardiac dystrophic pathology. Although assumptions about cardiac function cannot be fully extrapolated from these data, our findings suggest that either microdystrophin gene therapy combined with voluntary exercise is not detrimental to cardiac muscle of young mdx mice.
SUMMARY
The purpose of this study was to determine if voluntary wheel running would be beneficial to mdx mice treated with either the GT1 or the GT2 microdystrophin construct. Among the main findings, both microdystrophin constructs improved running capacity when combined with voluntary wheel running; while improvements in plantarflexor torque were comparable between all gene therapy treated groups, independent of running. Our data also indicated that the nNOS-binding site in GT1 may promote endurance exercise-driven adaptations in metabolic enzyme activity and the mitochondria of limb muscle. Further, in the diaphragm, GT2 can result in a high degree of force production when prolonged endurance exercise is applied but the addition of running to animals treated with this construct decreases mitochondrial respiration. These findings demonstrate that prolonged (52 weeks) voluntary wheel running and a microdystrophin construct structure with or without the nNOS binding site in mdx mice will sustain the functional benefits we reported for microdystrophin combined with short-term (21 weeks) voluntary wheel running in mdx mice (Hamm et al., 2021). Our findings further demonstrate that prolonged voluntary wheel running complemented the functional improvements provided by both microdystrophin constructs but also revealed the unique benefits of each to dystrophic muscle. Our data also suggest further studies should be conducted to evaluate the hardiness of each construct in different muscles and to elucidate the mechanisms that drive these differential adaptations.
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Casimersen (SRP4053) | PMO morpholino targeting exon 45 Sarepta Therapeutics Intravenous Phase IT NCT04179409
Viltolarsen (NCNP-01) | PMO morpholino targeting exon 53 | Nippon Shinyaku Co. Ltd Intravenous Phase IT NCT03167255
Drisapersen (PRO051) | 2'-O-methyl PS Targeting exon 51 BioMarin Pharmaceutical Inc Intravenous Extension NCT02636686
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HEK293T (48h harvest) 7.10E6 ‘

LentiX HEK293T (48h harvest) 5.21E6 ‘
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Characteristics Adenovirus Lentivirus AAV

Genome dsDNA sSRNA ssDNA
Capacity (kb) Upto30kb [ Upto10kb | Uptod7kb
Genome integration NO [ Yes On rare events
Expression duration Transient Persistent Intermediate
Non-dividing cell transduction Yes [ Yes Yes
Ability to target satellite cells NO Yes NO
Immune response T High | Low Very low
Risk | Blcts virainduced inflammation/cytotoxicity | inertiona ‘mutagenesis/potential for replication of High safety profile
competent virus
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Non infected cells differentiated MyoD lentiviral transfected

DMD isoforms ct ratio percentage ct ratio percentage
Fibroblasts Dpd27 m 313 [ 0.50% [ 2863 [ 98.60%
Dp71 239 2861
USCs Dpd27 m 31 [ 110% [ 2 [ 696%
Dp71 246 288
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5 month-old

DMD

Muscle weight (mg)

Tibialis anterior muscle
Gastrocnemius
Quadriceps femoris
Diaphragm

Heart

Number of samples

Data show the means and +SEM., The number of samples is 4 for the Tibial

3244 %266
863.1 % 57.8
12843 + 825
6010 + 47.8
7438 £ 704

217.8* £13.0
804.2 £ 5.0
12546 £ 7.0
698.4 £ 79.0
7734 £ 254
n=3

629.7 £ 203 7634 £ 60.6

20341 +393 20580 + 171.4

31663 + 844 27026 + 107.2

12819 £ 67.3 1375.4 + 422

13286 £ 41.4 1327.6 £ 70.0
n= n=5

anterior muscle only over 12-month-old WT nude rat. *p < 0.05; **p < 0.01.

7347 £ 153 7009 % 51.7
23384 + 1043 21149 + 1966
37348 + 963 2643.8% £171.9
15873 + 911 13963 + 112.4
1630.5 £ 73.4 1807.3 + 82.1
n= n=6
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AP1
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ATE6
BCA

BiP
CEBP
CHOP
CREB3
CREB3L1
CREB3L2
DDIT3
EIF2AK2
EIF2AK3
elF2a
ERK
FOXAL
FOXO
FOXO1
GADD153
GCN2
GRP78
HRI
HSP9OB1
HSPAI3A
HSPAS
IREla
JNK
LGMD
NFYA
NFxkB
PDIA3
PDIAS
PKR
PTPN2
SDS
TAF9
P53

XBP1

Activator protein 1

Activating transcription factor 4

Activating transcription factor 6

Bicinchoninic acid

Binding-immunoglobulin protein
CCAAT-enhancer-binding proteins

C/EBP homologous rotein

Cyclic-AMP response element binding protein 3
Cyclic-AMP response element binding protein 3L1
Cyclic-AMP response element binding protein 312
DNA damage inducible transcript 3

Eukaryotic translation initiation factor 2 alpha kinase 2
Eukaryotic translation initiation factor 2 alpha kinase 3
Eukaryotic translation initiation factor 2 alpha
Extracellularly regulated kinases

Forkhead

Forkhead box O

Forkhead box O1

Growth arrest and DNA damage-inducible gene
General control non-derepressible 2

78 kDa glucose-regulated protein

Heme-regulated inhibitor

Heat shock 70 kDa protein 90B1

Heat shock 70 kDa protein 13 A

Heat shock 70 kDa protein 5

Inositol-requiring enzyme lalpha

C-Jun N-terminal kinase

Limb girdle muscular dystrophy

Nuclear transcription factor Y subunit alpha

Nuclear factor of kappa light polypeptide gene enhancer in B-cell

Protein disulfide isomerase family A member 6
Protein disulfide isomerase family A member 5
Protein kinase R

Protein tyrosine phosphatase non-receptor type 2
Sodium dodecyl sulfate

TATA box binding protein (TBP)-associated factor 9
Tumor protein 53

X-box binding protein 1
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Antibody Product id Company Host Primary Secondary

AP1 A5968 Sigma aldrich Rabbit 00 TBST 1:2000 TBST
ATF4 97038 S Cell signaling Mouse 1:1000 TBST 1:2000 TBST
ATF6 65880 S Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
BiP 3177 Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
CHOP 2,895 Cell signaling Mouse 1:1000 TBST 1:2000 TBST
elF2a 97228 Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
IREla 3294 Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
IxBa 4,812 | Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
NE«B 8,242 Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
pelF2a 51 3,398 Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
PIREla $724 Ab48187 Abcam Rabbit 1:1,000 2.5% milk 1:1000 TBST
PKR $C-6282 Santa cruz biotechnology Rabbit 1:1000 TBST 1:2000 TBST
PNFKB $536 3,033 Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
PPERK T980 3,179 Cell signaling Rabbit 000 2.5% milk 1:3,000 5% milk
PPKR T446 Ab32036 Abcam | Rabbit 1:1000 TBST 1:2000 TBST
XBPls 40435 § Cell signaling Rabbit 1:1000 TBST 1:2000 TBST
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Process

1 Go: response to topologically incorrect protein [ARFGAP3, ATXN3, CANX, CREB3L2, DNAJB11, DNAJB14, EDEMI, EDEM3, EXTL2, FKBP14,
0035966 HSPY0B1, HSPA13, KDELR3, PDIAS, PIK3R1, PTPN2, SERP1, SERPINH1, SSR1, THBS1, TM7SE3,
TMEM33, TPP1, UELL, UGGT2]
2 | GO response to ER stress [ALOX5, ARFGAP3, ATXN3, BID, CANX, CASP4, CAV1, CCDC47, CREB3L2, DNAJB11,
0034976 DNAJB14, DNAJC10, EDEMI, EDEMS3, ERLIN1, ERLIN2, EXTL2, FKBP14, HSP90B1, ITPRI,
KDELR3, MANIAI, MANIB1, MAP3KS, OS9, PDIA3, PDIAS, PIK3R1, PTPN2, SECIGA, SERPI,
SRPX, SSR1, THBS1, TMCOI, TMEM33, TMTC3, TMX1, TP53, TPP1, TRIM25, UBE2]1, UFLL,
UFMI, UGGT2]
3 GO response to unfolded protein [ARFGAP3, CANX, CREB3L2, DNAJB11, EDEMI1, EDEM3, EXTL2, FKBP14, HSP90B1, HSPA13,
0006986 KDELR3, PDIAS, PIK3RI1, PTPN2, SERP1, SERPINHI, SSR1, THBSI, TM7SE3, TMEM33, TPP1,
UELL]
4 | Go: cellular response to topologically incorrect protein | (ARFGAP3, ATXN3, CANX, CREB3L2, DNAJBI1, DNAJB14, EDEM1, EXTL2, FKBP14, HSP90B1,
0035967 HSPA13, KDELR3, PDIAS, PIK3RI, PTPN2, SERP1, SSR1, TM7SF3, TMEM33, TPP1, UFLI,
UGGT2]
5 | GO: ER unfolded protein response [ARFGAP3, CANX, CREB3L2, DNAJB11, EDEM1, EXTL2, FKBP14, HSP90BI, KDELR3, PDIAS,
0030968 PIK3RI, PTPN2, SERP1, SSR1, TMEM33, TPP1, UFL1]
6 | GO: cellular response to unfolded protein [ARFGAP3, CANX, CREB3L2, DNAJB11, EDEM1, EXTL2, FKBP14, HSP90B1, HSPA13, KDELR3,
0034620 PDIAS, PIK3RI, PTPN2, SERPI, SSR1, TM7SF3, TMEM33, TPP1, UFL1]
7 | GO: IRE1-mediated unfolded protein response [ARFGAP3, DNAJB11, EDEMI, EXTL2, FKBP14, KDELR3, PDIAS, SERP1, SSR1, TMEM33, TPP1,
0036498 UFLI]
8 | Go: ERAD pathway [ATXN3, CAV1, CCDC47, DNAJB14, DNAJC10, EDEMI, EDEM3, ERLIN1, ERLIN2, HSP90B1,
0036503 MANIAL MANIBI, 089, TRIM25, UBE2J1, UGGT2]
9 | Go: ubiquitin dependent ERAD pathway [CAV1, CCDC47, DNAJB14, DNAJC10, EDEM1, EDEM3, ERLIN1, ERLIN2, HSP90B1, MANIAL,
0030433 MANIBI, 089, TRIM25, UBE2J1]
10 GO: ER overload response [BID, CCDC47, TMCO1]
0006983
1 Go: “de novo” protein folding [CD74, DNAJBI4, FKBP1B, GAK, HSPA13, SELENOF]
0006458
12 | GO: protein refolding [B2M, FKBP1B, HSPA13]
0042026
13 GO: protein folding chaperone [CCDCA7, CD74, HSPAI3]
0044183
14| GO: chaperone-mediated protein folding [CD74, CRTAP, CSNK2A2, DNAJB14, FKBP1B, GAK, HSPA13, P3H1, PPIB]
0061077
15 GO: “de novo” post translational protein folding [CD74, DNAJBI4, GAK, HSPA13, SELENOF]
0051084
16 | GO: chaperone cofactor-dependent protein refolding | [CD74, DNAJB14, GAK, HSPA13]
0051085
17| GO: regulation of response to ER stress [ALOX5, ATXN3, CAVI, PIK3R1, PTPN2, TMEMS33, UFL1]
1905897
18 GO: positive regulation of response to ER stress [ATXN3, CAV1, PIK3RI, PTPN2, TMEM33]
1905898
19| GO: regulation of ER unfolded protein response [PIK3RI, PTPN2, TMEM33, UFL1]
1900101
20 | GO: positive regulation of ER unfolded protein response | [PIK3R1, PTPN2, TMEM33]
1900103
21 | Go: protein folding in ER [CANX, DNAJCI0, HSP90BI, PDIA3, VAPA]
0034975
2| Go: intrinsic apoptotic signaling pathway in responseto | [CASP4, DNAJCI0, ITPR1, MAP3KS, PTPN2, TP53]
0070059 ER stress
2| GO: ubiquitin-dependent glycoprotein ERAD pathway | (EDEMI, EDEM3, MANIAL, MANI1BI]
0097466
2 | GO: ‘mannose trimming involved in glycoprotein ERAD | (EDEMI, EDEM3, MANIAL, MANI1B1]
pathway

1904382
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Transcription factors arget genes N Al

TAF9, CREB3LI, CREB3, XBP1, ATF6, ATF6B, CREB3L2 SERPINHI, SSR1, LEPREI, FKBP14, KDELR3, CANX, THBSI, 8896  0.1161
PDIAS, UBE2J1, DNAJC10, TMEM33, HSP90B1, MANIAL, PPIB,

TMXI1, CAV1, FKBP1B, CSNK2A2, EDEM3, DNAJB11, BID, EDEMI,

ALOXS, SERP1, TM7SE3, UGGT2

CREB3L2 SERPINHI, LEPREI, FKBP14, KDELR3, PDIAS, MAN1AL, CAV1, | 7.6388 = 0.1013
ARFGAP3, ALOX5

ZNF143, TP53 VAPA, TMTC3, EDEM3, ITPR1, DNAJC10, TP53, PDIA3, PIK3R1 | 57753 = 0.0792

ELF3, ELK1, GABPA, ERF, ELK3, ETV3, ETS1, ETV1, FEV, ERG, ELK4, | EDEM3, TMCOL, SERP1, UGGT2, TMEM33, EXTL2, TP53, ITPR1, = 4.9077 = 0.0689
FLIL, ETVS, ETV4, ETS2, GABPBI, ETV2, ELF1, ETV6, ELF4, ELF5 PIK3RI, LEPREL, DNAJC10, DNAJB14, MAP3K5, MANIAL,

HSPA13
CDX1, MYB, NFE2L1, TLX2, HNF1B, HNFIA, PAX4 ERLIN2, PIK3R1, CSNK2A2, ITPR1, UGGT2, CAVI, SRPX, 4.8236 | 0.0679
MANIAL, LEPREIL, DNAJCI0
NFATC3, ZEBL PTPN2, PIK3RI, TM7SF3 45491 | 0.0646
NFYC, NFYA, NFYB, HNF1B, HNF1A, POLE3 DNAJB11, FKBP14, HSP90BI, VAPA 43964 | 0.0628
SRRM3 MANIAL PIK3R1, MAP3K5, EXTL2, CSNK2A2 42415 | 0.061
HEY1 DNAJC10, TMCO1, LEPREL, SERP1, B2M, UBE2]J1, TPP1, TRIM25, = 42012 = 0.0857

PDIA3, SSR1, SERPINHI, HSP90B1, PTPN2

ELF1, NEURODI, TALL UBE2J1, EDEM1, MANIAL, PIK3R1, MAP3K5, SERPINHI, EDEM3, = 4.1884 = 0.0604
UGGT2, DNAJC10, CREB3L2, ITPRI, BID, ARFGAP3

HMX3, HMX1 ‘ ITPRI, CREB3L2, UGGT2, KDELR3 4.1485 | 0.0599
SPIL ITPR1, MAP3KS, B2M, BID, EDEM3, PPIB, PTPN2, EDEM1 4.0795 | 0.0838
IRF1, IRF7, IRF8 MANIAL PIK3R1, ATXN3, BID 4.0688 | 0.059
JAZF1 ERLIN2, ITPRI, UGGT2 4.0556 | 0.0588
SPIB, SPI1, SPIC, ETV6, ELF5, ELK1, ETV7, ETS1, SIRT6, GABPBI, ELF4, | BID, ALOX5, MAP3KS, HSPA13, DNAJC10, EDEM3, TMCOI, 39626 | 0.0577
ELF2, ELK4, FLI1, YY1, NFATC3, TCF4, TBP PIK3RI, ITPRI, CD74

CEBPG, CEBPB, CEBPE, CEBPD, TBP TMEM33, CCDC47, CSNK2A2, TM7SF3, ERLIN2 3.9427 | 00575
HOXC13, HOXA13, HOXB13, HOXD13, HOXD12, HOXC10, HOXCI12, | TM7SE3, ITPRI, PIK3R1, MAP3KS, CAV1, TMEM33 asa ooss

HOXC11, HOXA11, HOXA10, CDX1, OVOL1

EBF1 ARFGAP3, ALOX5, TMX1, EDEMI, PTPN2, CREB3L2, UFMI, 34896 | 0.0745
MAP3K5
POLR2A ‘TP53, B2M, TPP1, TRIM25, EXTL2 3.4463 00738
TEAP4, FOXO1, FOXA1 SERPINHI, KDELR3, CREB3L2, PIK3R1, ITPRI 33761 | 0.0507
GFI1,GFIIB SERPINHI, TMEM33, TMTC3 3365 0.0506
YY1 HSPA13, CANX, TP53, EDEMI, B2M 33413 00722
MAX ATXN3, PDIA5, MAN1BI, ARFGAP3, CCDC47, TMEM33 32547 | 00708
TEAD4 THBS1, UGGT2, TMCOI, CAV1, TRIM25 32513 00708
HNF4A, NR2F1, NR2F2, HNF4G, RXRG, PPARG, RXRB, RXRA, NR2C2 | TM7SF3, PIK3R1, CSNK2A2, MANIAL, UFM1 32101 | 0.0488
HSF1, HSF4 PIK3R1, SERPINHI, CD74, TMEM33 3.0839 | 0.0473
GATA2, GATAS, ZNF217, GATA6, GATA4, GATA3, GATAL ITPRI, TM7SE3, SRPX 3.0773 | 00472
MZF1 CANX, PPIB, PDIA3, GAK, MAN1B1, UGGT2, DNAJC10, SERP1, | 3.0197 = 0.0671

TRIM25, TMTC3, SSR1, LEPREL, SRPX, PTPN2, 089, EXTL2, TP53,
B2M, VAPA, UBE2J1, CCDC47

REX5 B2M, TPP1, CD74 3.0164 00671
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