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The wound response and Calcofluor labeling of the charophyte, Spirogyra. When filaments are wounded by excission, small arm-like rhizoids emerge from individual cells and are used for attachment to adjacent substrates. The labeled cell wall (blue) and chloroplast (red) are visible.
Image by David S. Domozych

The charophytes are the group of green algae that are ancestral and most closely related to land plants. Today, these organisms are not only important in evoutionary studies but have become outstanding model organisms for plant research.
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Editorial on the Research Topic
 Charophytes: Evolutionary Ancestors of Plants and Emerging Models for Plant Research



Approximately 450–500 million years ago, an ancient freshwater green alga successfully colonized land. From this profoundly important event in our planet's natural history, the spectacular diversity of plants that now occupy most of our terrestrial ecosystems arose. Essentially, the planet's atmosphere and biogeochemistry dramatically changed to yield conditions that support our biota. Land plant evolution also directed the origin and development of human civilization as it ultimately served as the basis of agriculture, clothing, building and medicines, to name just a few. The Charophycean Green Algae or charophytes (also known as streptophyte algae) are the group of green algae that are ancestral to land plants. Extant charophyte taxa also share a large number of features that are found in modern land plants. Over the past half century, studies of charophytes have been inspired by this evolutionary significance. Yet as we have learned more about the intricacies of their biology, charophyte research has notably expanded and several inclusive taxa have become important “tools” in understanding the foundations of plant life. This has been further complemented by many advantageous experimental attributes of charophytes including their small size, their efficacious accommodation to molecular and high resolution imaging technologies and their relative ease in experimental manipulation. Many, in fact, have become or are becoming important model organisms in several areas of basic plant biology (Domozych et al.). The Frontiers in Plant Science series, “Charophytes: Evolutionary ancestors of plants and emerging models for plant research” provides a collection of reports and reviews that demonstrate the ever growing importance of charophytes in plant research.

One of most well-known and studied charophytes is the unicellular desmid, Micrasterias, whose spectacular morphology and associated cellular morphogenesis make it ideal for elucidating the subcellular foundations of cell development and physiology. In this series on charophytes, Lütz-Meindl provides a detailed summary of past and current research efforts that have focused on Micrasterias. Though cell expansion, subcellular dynamics and cell wall development have been important focal points of previous study, this alga is now benefitting ecophysiological analyses especially in the elucidation of adaptations to various stresses. Other desmids as well have contributed to foundational areas of biological research. For example, species of Closterium provide excellent models for studying reproductive biology. In this series, Abe et al. demonstrate this using lectin cytochemistry and electron microscopy to describe putative molecules required for gamete release during sexual reproduction.

Desmids are not sole “stars” of charophyte-based research. The stoneworts (e.g., Chara and Nitella) have long been important to plant research. These algae produce exceptionally large internodal cells that are uniquely valuable to various cellular studies. Belby describes the distinct features of these algae and specifically reports on the diverse methodologies that have been used and key results that have been obtained in studies dealing with electrophysiology, auxin dynamics and membrane transporters. Central to the physiology of any plant cell including Chara is endomembrane dynamics especially the coordinated balance between exo- and endocytosis in the membrane trafficking network. Foissner et al. describe membrane dynamics in the internodal cells of Chara when treated with the fungal metabolite, wortmannin. Using immunofluorescence and transmission electron microscopy-based imaging they demonstrate significant reorganization of the trans Golgi network (TGN) and changes to the unique membranous charasomes. Ultimately, the expansion and development of the cells of Chara, as in all plants, is controlled by turgor and the structural dynamics of the cell wall. Pectins represent the largest domain of the wall matrix polysaccharides that are critical to cell development. Boyer elegantly describes the distinctive pectin-Ca2+ cycle in the Chara cell wall that allows for controlled wall expansion and possible implications for plant cells in general.

Charophytes are now also becoming important organism in studies focused on stress-induced adaptations of plant cells. These studies are not only important in understanding survival mechanisms of plants under various stresses but also provide insight into the evolutionary processes that may have led to colonization of land by ancient charophytes. Holzinger and Pichrtova explore various adaptive mechanisms including biochemical, structural and physiological processes that extant charophytes employ for survival on land. Additionally, they describe the molecular machinery that modulates when these algae are under particular pressures such as exposure to UV light and desiccation. In the same vein, Kondo et al. used genomic sequence analysis and biochemistry to identify a lipid-like aliphatic component in the early divergent charophyte, Klebsormidum. The authors discuss the existence of cutin-like substances that may function under stress in a similar way to the cuticular waxes of land plants.

The study of charophytes is still in an early but exciting phase of discovery with much yet to be resolved. Areas that will require extensive research efforts are the molecular phylogeny and taxonomy of the diverse taxa within this algal group. Lemieux et al. employ chloroplast genome analyses to decipher major structural alterations amongst three groups of charophytes, specifically focusing on the large inverted repeat sequence encoding the rRNA operon.

This series on charophytes serves as only a brief sampling of the intriguing biology of these algae. It is hoped that this will encourage and enthuse many more plant scientists to incorporate these algae in their research.
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Charophytes are the group of green algae whose ancestral lineage gave rise to land plants in what resulted in a profoundly transformative event in the natural history of the planet. Extant charophytes exhibit many features that are similar to those found in land plants and their relatively simple phenotypes make them efficacious organisms for the study of many fundamental biological phenomena. Several taxa including Micrasterias, Penium, Chara, and Coleochaete are valuable model organisms for the study of cell biology, development, physiology and ecology of plants. New and rapidly expanding molecular studies are increasing the use of charophytes that in turn, will dramatically enhance our understanding of the evolution of plants and the adaptations that allowed for survival on land. The Frontiers in Plant Science series on “Charophytes” provides an assortment of new research reports and reviews on charophytes and their emerging significance as model plants.
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INTRODUCTION

Charophytes or basal Streptophytes; (Becker and Marin, 2009; Leliaert et al., 2012) constitute a diverse taxonomic assortment of extant freshwater and terrestrial green algae that display a wide array of unicellular, filamentous, and “parenchymatous” forms (Graham, 1993; Lewis and McCourt, 2004). An ancestral lineage of charophytes emerged onto and colonized land 450–500 million years ago. These organisms adapted to terrestrial conditions, became capable of surviving and reproducing when fully exposed to the atmosphere, and some members ultimately evolved into land plants (Zhong et al., 2013; Delwiche and Cooper, 2015). This “terrestrialization” of green plants represented a keystone biological event that forever changed the biogeochemistry and natural history of the planet. The subsequent proliferation of land plants changed atmospheric and further altered soil conditions and allowed for the emergence of other diverse life forms onto land. Land plant evolution also transformed human history most significantly through the innovation of agriculture and the consequential creation of modern human civilization. Partly due to their evolutionary significance, charophytes have received significant attention from plant biologists over the past decades (Pickett-Heaps and Marchant, 1972; Pickett-Heaps, 1975; Mattox and Stewart, 1984; Becker and Marin, 2009; Harholt et al., 2016). However, as additional new data has been gathered regarding the biology of these algae, they have become important models for understanding basic phenomena in biochemistry, cell biology, developmental biology, ecology and increasingly, molecular biology (Delwiche and Cooper, 2015; Lemieux et al., 2016). The Frontiers in Plant Science series on “Charophytes” illustrates the importance of these organisms in several specific areas of plant biology research. This mini-review highlights the attributes of charophytes as model organisms in diverse areas of research. It also will hopefully provide encouragement for a new generation of scientists to expand the use of these algae in basic research and to initiate screening of other taxa that, in turn, may lead to the identification and use of new model charophytes.

THE “LINE-UP” OF CHAROPHYTES

During the 1970s and 1980s, ultrastructural (e.g., cell division mechanism, flagellar apparatus substructure) and biochemical (e.g., enzyme profiles) data were the main criteria for the inclusion of a green alga in the charophyte lineage (Mattox and Stewart, 1984; Lewis and McCourt, 2004; Leliaert et al., 2012). From the 1990s to today, studies focused on molecular analyses of chloroplast and nuclear genomes and transcriptomes have reaffirmed and refined earlier taxonomic and phylogenetic schemes (Timme et al., 2012; Delwiche and Cooper, 2015). This has further been supplemented by detailed biochemical, immunological and cell biology-based analyses of charophyte cell walls and hormone biosynthetic and signaling pathways (Popper and Fry, 2003; Popper, 2008; Sørensen et al., 2010, 2011, 2012; Zhang and van Duijn, 2014; Ju et al., 2015; O’Rourke et al., 2015). Extant charophytes display a relatively low percentage of diversity in comparison with other green algal taxa and encompass 13 families and 122 genera (Becker and Marin, 2009; Leliaert et al., 2012). Current phylogenetic opinion places the charophytes in six classes (Figure 1; Delwiche and Cooper, 2015). The basal class, the Mesostigmatophyceae, is represented by a single known genus, Mesostigma. This alga is a unicellular biflagellate with a unique asymmetric shape (i.e., like a flattened lifeboat) and is covered by layers of ornately designed scales (Manton and Ettl, 1965; Becker et al., 1991; Domozych et al., 1991, 1992). The second class, the Chlorokybophyceae, also consists of a single known type, Chlorokybus atmophyticus. This rare alga forms a sarcinoid packet of cells surrounded by a thick gel-like covering (Rogers et al., 1980). It should be noted that alternative phylogenies place Mesostigma and Chlorokybus as sister lineages that together are sister to all other Streptophytes (Rodríguez-Ezpeleta et al., 2007). In the six class phylogeny, the third class, the Klebsormidiophyceae, consists of three genera that form simple unbranched filaments (Sluiman et al., 2008) that often are members of “biological crusts” growing upon surfaces of various terrestrial habitats. Several species in this class can even withstand significant desiccation stress when part of desert crusts (Mikhailyuk et al., 2008, 2014; Holzinger and Karsten, 2013); others are tolerant to the desiccation stresses associated with low temperature environments (Stamenkovic et al., 2014; Herburger and Holzinger, 2015). These first three classes constitute the “early divergent” charophytes. The “late divergent” lineage also includes three classes. The Charophyceae, or stoneworts, are commonly found in freshwater ecosystems and possess macroscopic multicellular thalli consisting of aggregations of branched filaments made of exceptionally elongate cells (Lewis and McCourt, 2004). Members of this group exhibit oogamy-based sexual reproduction that includes motile sperm and non-motile eggs both produced in multicelled gametangia. The Coleochaetophyceae consist of taxa that have multicellular thalli made of branched filamentous or parenchyma-like thalli (Graham, 1993; Delwiche et al., 2002). These organisms also display distinct oogamy-based sexual reproduction. The Coleochaetophyceae are typically found at the interface of freshwater and terrestrial habitats, often as epiphytes. Finally, the largest and most diverse group of charophytes, the Zygnematophyceae, consists of unicells and unbranched filaments (Gontcharov et al., 2003; Guiry, 2013). The distinguishing feature of this group is the presence of conjugation-based sexual reproduction that requires complex cell–cell signaling and adhesion (Abe et al., 2016). The zygnematophycean algae are common inhabitants of freshwater habitats, sometimes occurring in spectacular ephemeral blooms, as well as in moist terrestrial substrates.
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FIGURE 1. Extant Charophytes. Extant Charophytes are divided into early and late diverging taxa. The early diverging taxa include the Mesostigmatophyceae, the Chlorokybophyceae, and the Klebsormidiophyceae and the late diverging taxa include the Charophyceae, the Coleochaetophyceae, and the Zygnematophyceae. Representatives of each group are Mesostigma (Mesostigmatophyceae), Chlorokybus atmophyticus (Chlorokybophyceae), Klebsormidium flaccidum (Klebsormidiophyceae), Chara (Charophyceae), Coleochaete scutata (Coleochaetophyceae), and Micrasterias (Zygnematophyceae).



CHAROPHYTES AS MODEL ORGANISMS

Several charophytes have been used extensively as model organisms in the study of basic biological processes. Their small and simple thalli (i.e., when compared to land plants) and ease in experimental manipulation are just two of their attributes that make them attractive model organisms. Recent evidence has also demonstrated that many charophytes have several remarkably similar features to those of land plants including the presence of biosynthetic pathways for many growth regulators (Figure 2; Boot et al., 2012; Hori et al., 2014; Wang et al., 2014, 2015; Holzinger and Becker, 2015; Ju et al., 2015) and multiple cell wall polymers (Popper, 2008; Sørensen et al., 2010, 2011, 2012; Mikkelsen et al., 2014). These two characteristics have made charophytes efficacious in such areas of study as plant molecular development and stress physiology. While many charophytes have been used in a wide array of biological studies, the following taxa are most notable for their extensive use in multiple areas of study as models:
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FIGURE 2. Current model Charophytes. Several Charophytes including Klebsormidium, Micrasterias, Penium, Spirogyra, Chara, and Coleochaete are used as models; each has specific attributes that make it a particularly suitable model for specific physiological and biochemical processes.



Desmids: The Symmetrical Models

The Zygnematophyceae have recently been shown to most likely be the closest living ancestors of land plants (Wodniok et al., 2011; Delwiche and Cooper, 2015). Unicellular members of the inclusive placoderm desmid group have become important models for elucidating many fundamental principles of plant cell biology and development. Large cell size, notable symmetry/shape, distinct cell wall architecture and elaborate endomembrane/cytoskeletal systems are just a few of the characteristics that make them excellent cell systems for studying cell physiology and development. The recent establishment of stable transformed lines and soon-to-be sequenced genomes/transcriptomes of select desmids have further enhanced their value in botanical studies. Two taxa, Micrasterias and Penium, have emerged as the most well studied of the desmids.

Micrasterias has been the most popular desmid for cell biology research for the past 50 years due to its unique features (Meindl, 1993; Lutz-Meindl, 2016). The Micrasterias cell exhibits a bilateral symmetry that is often highlighted by a spectacularly dissected (i.e., multilobed) periphery. New daughter semicells produced by cell division do not have this complex morphology but rather are spherical in shape. A complex post-cytokinetic developmental program that employs multiple sets of highly coordinated subcellular mechanisms subsequently generates the multilobed phenotype during daughter semicell expansion. This program also is responsible for deposition of polymers for the production of both a primary and secondary cell wall. These events are centered on a large network of Golgi bodies and associated vesicles that yield a complex secretory mechanism. This process, in turn, is targeted to specific cell surface sites that generate a multipolar cell expansion and the concurrent secretion of cell wall macromolecules and extracellular mucilage (Kim et al., 1996; Lutz-Meindl and Brosch-Salomon, 2000; Oertel et al., 2004; Aichinger and Lutz-Meindl, 2005). The delivery of secretory components to precise cell surface loci requires an elaborate actinomyosin-based cytomotile system and is controlled by several signal transduction cascades (Meindl et al., 1994; Oertel et al., 2003). Furthermore, cell morphogenesis is highly sensitive to external stress (e.g., oxidative stress, salinity, heavy metals) that leads to major changes in cell differentiation (Darehshouri et al., 2008; Affenzeller et al., 2009; Andosch et al., 2012). Micrasterias is an outstanding organism for analyzing these subcellular features as it is easy to maintain and manipulate in the laboratory and it lends itself especially well for acquisition of high resolution imaging using light and electron microscopy including immunocytochemistry, Focused Ion Beam-Scanning Electron Microscopy (FIB-SEM) and Electron Energy Loss Spectroscopy (EELS) imaging (Lutz-Meindl, 2007; Eder and Lutz-Meindl, 2008, 2010; Wanner et al., 2013; Lutz-Meindl et al., 2015). Furthermore, initial molecular analyses including the production of transformed cell lines have further enhanced the use of Micrasterias especially in the molecular dynamics of cell wall processing (Vannerum et al., 2010, 2011, 2012).

Over the past decade, the desmid, Penium margaritaceum, has also become a valuable model organism (Domozych et al., 2009, 2014; Sørensen et al., 2014; Rydahl et al., 2015; Worden et al., 2015). Unlike Micrasterias, Penium has a simple cylindrical shape, possesses only a primary cell wall and deposits wall polymers at two specific loci of the cell surface during expansion (Domozych et al., 2011). This relative simplicity is highly attractive for elucidating fundamental principles of plant cell development including cell wall development, cell expansion and secretion dynamics (Domozych et al., 2005, 2014; Ochs et al., 2014). One of its main attributes is that it has wall polymers similar to those present in many land plants (e.g., cellulose, pectins, hemicelluloses) and that these polymers can be labeled with monoclonal antibodies. After labeling of live cells, these can be returned to culture where subsequent cell expansion and wall deposition events can be monitored (Domozych et al., 2009; Rydahl et al., 2015). Penium is also easily maintained in the laboratory and its fast growth rate under precisely controlled conditions makes it an excellent specimen for large-scale concurrent microarray screenings of many chemical agents (by growth in multi-well plates) and for assessment of their specific effects on expansion/wall development (Worden et al., 2015). This significantly aids in revealing the role of specific subcellular components and processes in the expansion/differentiation. Recently, the isolation of stable transformed lines (Sørensen et al., 2014) has further enhanced the potential of this alga in future plant cell studies.

Chara and Nitella: Cellular Giants for Plant Physiology

Species of Chara and Nitella (Charophyceae) have long been used as specimens for a variety of biological investigations especially those dealing with cellular dynamics, expansion and cytoplasmic streaming (Green, 1954; Probine and Preston, 1962). Their macroscopic thalli are distinguished by nodes, where branches and gametangia arise, and internodal regions that consist of exceptionally elongate cells. Internodal cells exhibit a clearly notable stratification of subcellular components whereby helical-oriented chloroplasts define a stationary cortex that surrounds an endoplasm where the fastest recorded actinomyosin-generated cytoplasmic streaming occurs. The cytoplasm contains diverse endomembrane components that participate in dynamic membrane trafficking networks (e.g., endocytosis and exocytosis) that are controlled by complex signal transduction cascades (Foissner and Wastenys, 2000, 2012, 2014; Sommer et al., 2015; Foissner et al., 2016). The internodal cells possess cell walls rich in cellulose and the pectin, homogalacturonan (HG). Turgor is the main driving force for expansion and pectin is most likely the load-bearing component controlling wall expansion. Cyclic, non-enzymatic modulation and concurrent calcium complexing of the HG is the mechanism responsible for controlling wall modulations that lead to cell expansion (Proseus and Boyer, 2007, 2008, 2012; Boyer, 2016). One of the technical advantages of Chara and Nitella in cellular research is that internodal cells can be individually removed; endoplasm and cell walls can be “dissected out” and then used as acellular systems for experimental manipulation.

Other thallus components like rhizoids have organized polar organization of the cytoplasm. These cells contain sedimentable, mineral-rich statoliths located at the apex that function in gravity perception (Hodick et al., 1998; Braun, 2002; Braun and Limbach, 2006). This feature has made Chara the first charophyte in space. During TEXUS rocket parabolic flights, it was shown that the statoliths exert tensional forces on actin filaments. A balance of forces (i.e., gravity and the counteracting force of actin filaments) is responsible for the correct positioning of the statoliths in the rhizoid that, in turn, guarantee the ability to respond to the gravity vector (Braun and Limbach, 2006). The use of laser tweezers and slow rotating centrifuge microscopy has demonstrated that statolith sedimentation is not sufficient to cause gravitropic bending of the rhizoid tip. Rather, the mineral-rich statoliths must settle onto specific regions of the plasma membrane for gravitropic morphological effects to proceed (Braun, 2002). Chara has also been used to study other phenomena including electrophysiology and the role and movement of hormones (Belby, 2016).

Coleochaete for Developmental Studies and Pattern Development

The formation of a multicellular thallus (i.e., tissue, organ) of a plant requires precise, spatially regulated cell division planes that are controlled by multiple sets of genes expressed at specific points during development (Besson and Dumais, 2011; Umen, 2014). Directed in both 3-dimensional space and time, thallus morphogenesis also modulates in response to external stress factors. In plants, these developmental programs are made even more complex by the presence of cell walls that do not allow for cell migration or tissue flexibility. The elucidation of the specific events that are central to the manifestation of thallus shape and size is often difficult to decipher in land plants where resolution of specific cell behaviors are often poorly resolved when embedded in highly complex and expansive tissues/organs. The use of organisms with simpler thallus designs has been advantageous for understanding basic developmental phenomena and the charophyte genus Coleochaete is one such example. Certain species (e.g., C. orbicularis, C. scutatum) produce a parenchymatous discoid thallus that grows outward by a combination of anti- or peri- clinal cell divisions and subsequent expansion of its outermost cells (Brown et al., 1994; Cook, 2004). The plane of division of any cell follows simple rules that are based upon cell size, cell shape and geographic location in the thallus (Dupuy et al., 2010; Besson and Dumais, 2011). This characteristic allows for the construction of mathematical models that can then be used to interpret multicellular morphogenesis (Domozych and Domozych, 2014; Umen, 2014) and yield critical insight into the evolution, biomechanics and physiology of organs and whole organisms. Furthermore, some Coleochaete species have been extensively studied to determine the structural and functional modulations that occur to a thallus under desiccation conditions (Graham et al., 2012), i.e., key features in understanding early land plant evolution and plant growth dynamics during droughts.

Insights from Genomic and Gene Studies

Similarly to many other technologies, molecular tools have the ability to impart new information of importance for many areas of research, including physiology and development. For example members of the MADS-box gene family have been isolated and characterized from three charophytes, Chara globularis, Coleochaete scutata, and Closterium peracerosum-strigosum-littorale (Tanabe et al., 2005). The expression pattern of the MADS-box genes in the charophytes suggests that they play a role in haploid development and reproduction (Tanabe et al., 2005). They are thought to have been recruited into the diploid generation, and their roles in development further diversified, during land plant evolution (Tanabe et al., 2005). To date Klebsormidium flaccidum is the only charophyte for which a near complete nuclear genome is available (Hori et al., 2014); although chloroplast and mitochondrial genomes have been sequenced for representatives of each of the six classes of charophytes and ESTs (expressed sequence tags) are available for some charophytes (Delwiche, 2016). The Klebsormidium genome has already revealed the presence of genes for the synthesis of several plant hormones and signaling intermediates, mechanisms for protection against high light intensity (Hori et al., 2014), and the presence of Group IIb WRKY transcription factors that were previously thought to have first appeared in mosses (Rinerson et al., 2015). Several charophyte genome sequencing projects are currently underway (Delwiche, 2016) and will enable more detailed comparative analyses including a larger number of charophytes and potentially give new insight into the evolutionary relationships between species and genes. The unique position of charophytes as the earliest diverging group of Streptophytes makes them a particularly powerful tool for evolutionary-developmental studies and emerging technologies such as the recent achievement of stable transformation in Penium (Sørensen et al., 2014) will enable the function of specific genes to be explored.

FUTURE USES OF CHAROPHYTES AS MODEL ORGANISMS

A critical next step in charophyte research is the analysis of the genomes of inclusive taxa and comparative studies with those of land plants. Not only will this work yield key insight into the adaptive mechanisms that charophytes evolved when emerging onto, and successfully colonizing, terrestrial habitats but will further refine and expand the use of current model organisms in fundamental plant research. Although molecular studies will support many areas of research, two areas that will immediately benefit will be cell wall biology and the dynamics of growth regulators in growth and development. In the former, charophytes could provide clarification to many basic yet poorly resolved phenomena including pectin- and cell wall protein- biosynthesis, the controlled secretion, deposition and post-secretory modulations of wall polymers and the specific, interactive membrane trafficking networks in plant cells. In the latter, charophyte models would help decipher the molecular signaling, cell biology and developmental dynamics of growth and development associated with hormones like ethylene and auxin. Recent ecophysiological studies with charophytes also offer a potential bonanza of critical data in determining how plant cells adapt to stress, including desiccation and salt tolerance (Holzinger and Karsten, 2013; Pichrtová et al., 2014; Herburger et al., 2015; Holzinger and Becker, 2015; Holzinger and Pichrtová, 2016; Kondo et al., 2016). The future of charophyte research is indeed very bright and will consequentially become a boon for all of plant biology.
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The unicellular freshwater alga Micrasterias denticulata is an exceptional organism due to its complex star-shaped, highly symmetric morphology and has thus attracted the interest of researchers for many decades. As a member of the Streptophyta, Micrasterias is not only genetically closely related to higher land plants but shares common features with them in many physiological and cell biological aspects. These facts, together with its considerable cell size of about 200 μm, its modest cultivation conditions and the uncomplicated accessibility particularly to any microscopic techniques, make Micrasterias a very well suited cell biological plant model system. The review focuses particularly on cell wall formation and composition, dictyosomal structure and function, cytoskeleton control of growth and morphogenesis as well as on ionic regulation and signal transduction. It has been also shown in the recent years that Micrasterias is a highly sensitive indicator for environmental stress impact such as heavy metals, high salinity, oxidative stress or starvation. Stress induced organelle degradation, autophagy, adaption and detoxification mechanisms have moved in the center of interest and have been investigated with modern microscopic techniques such as 3-D- and analytical electron microscopy as well as with biochemical, physiological and molecular approaches. This review is intended to summarize and discuss the most important results obtained in Micrasterias in the last 20 years and to compare the results to similar processes in higher plant cells.
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INTRODUCTION

Among the placoderm desmids the genus Micrasterias has an exceptional position due to its highly ornamented, star-shaped morphology with deep indentations and furcated lobe tips (Figure 1A). By their beauty, their high symmetry and their flat, disk-shaped cell architecture facilitating any microscopic analysis as well as their close relationship to higher plants (Wodniok et al., 2011; Leliaert et al., 2012) Micrasterias cells have lent themselves as excellent model systems for studying plant cell morphogenesis. In many aspects results obtained in Micrasterias cells are applicable to higher plants and comparison with them additionally provides information on the evolution of cellular processes.
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FIGURE 1. Light microscopic (A) and Raman spectroscopic (B) image of Micrasterias denticulata. (A) The cell consists of two semicells that are connected by an isthmus (black arrows). Each semicell has one polar lobe (PL) and four denticulated lateral lobes (LL). The nucleus (N) is located in the cell center. (B) The different colors of the Raman image represent chemically different regions identified by non-negative matrix factorization. The green color represents the cellulosic cell wall which is more distinct and thicker in the non-growing old semicell, when compared to the newly formed young semicell (upper part). In the young growing semicell, the cell wall in the area of the indentations is highlighted more intensively (arrows) than at the lobe tips. Raman spectroscopic image kindly provided by Notburga Gierlinger.



Early investigations around the turn of the 19th century have already focused on cell shape formation of this extraordinary organism (Hauptfleisch, 1888; Lütkemüller, 1902) and the implementation of an appropriate nutrient solution for their easy cultivation (Pringsheim, 1930; Waris, 1950a) represented the basis for numerous further studies. Whereas the very early investigations were intended to find an inner “cytoplasmic framework” for the morphology of Micrasterias (Waris, 1950b) subsequent studies focused on the peripheral cytoplasm (Teiling, 1950) and the nucleus (Waris and Kallio, 1964) as shape determining units. At a time where genetic control of cellular processes was far from being understood these studies (Kallio, 1949; Kallio and Heikkilä, 1972; Kallio and Lehtonen, 1981) provided interesting insight into cytopmorphogenesis by showing that a three-lobed pre-stage of a young semicell of Micrasterias can be formed even when the nucleus is physically removed. Further differentiation into lobe tips and indentations, however, requires continuous nuclear control. An increase in ploidy increases the complexity of the cell pattern and leads to triradiate or quadriradiate Micrasterias cells (for summary see Kallio and Lehtonen, 1981).

Kiermayer (1964) who tested several Micrasterias species for their suitability as cell biological model system in respect to growth and reproduction properties and their sensitivity to experimental and environmental impact, was the one who selected the species Micrasterias denticulata and defined its developmental stages in 15 min intervals. This represented the basis for his first investigations on ultrastructural details during morphogenesis (Kiermayer, 1968, 1970a) and for numerous other studies on cell physiology, cell wall formation, secretion, cytoskeleton function, and environmental impact in M. denticulata in the last decades (for references see below).

The most important insights into cytomorphogenesis arising from Kiermayer’s studies and summarized by Kiermayer (1981), Kiermayer and Meindl (1984), and Meindl (1993) were that the large dictyosomes of a Micrasterias cell consist of a constant number of 11 cisternae throughout the cell cycle and that they switch a several times during morphogenesis to form the different vesicle populations that contain cell wall precursors for septum-, primary- and secondary wall formation. These results obtained by standard chemical fixation were confirmed in a later study on high pressure frozen Micrasterias cells (Meindl et al., 1992). The contents of the different vesicle populations observed by Kiermayer were defined by immuno-transmission electron microscopy (TEM) and immunofluorescence experiments in the confocal laser scanning microscope (CLSM) using antibodies against cell wall constituents such as, pectins, different hemicelluloses and arabinogalactane proteins (AGP; Lütz-Meindl and Brosch-Salomon, 2000; Eder and Lütz-Meindl, 2008; Eder et al., 2008 see also below). Additionally, by simple turgor reduction experiments Kiermayer’s studies (Kiermayer, 1964, 1967, 1981) demonstrated impressively that the plasma membrane contains a pre-pattern for morphogenesis in form of “membrane recognition areas” for the cell wall delivering vesicles and thus plays the mayor role in cell shaping of Micrasterias. The “membrane recognition areas” postulated by Kiermayer were later shown to be zones of continuously changing, local calcium influx at the respective lope tips during development of the cell pattern (Meindl, 1982a,b; Troxell et al., 1986; Troxell, 1989; Troxell and Scheffey, 1991). They correspond to the fusion sites of primary wall material delivering Golgi vesicles as shown by means of autoradiography (Lacalli, 1975) and by TEM in high pressure frozen developmental stages (Meindl et al., 1992).

Dobberstein and Kiermayer (1972) were the first who described hexagonally ordered “rosette” complexes inside of a particular Golgi vesicle population, the flat vesicles, which are delivered to the plasma membrane, where they are responsible for formation of cellulose fibrils. M. denticulata was thus the first plant cell in which cellulose formation was discovered. By Kimura et al. (1999) it was proven in vascular plants by means of immuno labeling and freeze fracture technique in TEM that the rosette terminal complexes are the sites of cellulose formation. In Micrasterias an endogenous cellulose synthase was localized many years later by means of transient genetic transformation (Vannerum et al., 2010).

Another finding that goes back to Kiermayer and gives information on the basics of growth and morphogenesis in Micrasterias is the perception that continuous protein synthesis is required throughout its morphogenesis and that any experimental interruption by employment of different RNA or protein synthesis inhibitors is reflected in characteristic cellular reactions summarized as “anuclear type of development” (ATD) syndrome (Kiermayer and Meindl, 1980, 1986). Its typical morphological appearance is a reduction of the cell pattern to three to five cylindrical lobes which lack further differentiation. As such shape malformations have so far only been found in Micrasterias cells that grow without nuclear control (summarized by Kallio and Lehtonen, 1981) and are not inducible by any of the numerous drugs and inhibitors that have been tested on Micrasterias the term “ATD” syndrome was invented for it. Besides the characteristic cell shape malformation the ATD syndrome comprises prolonged extension of the primary wall from 5 h in controls up to 24 h. Consequently the cells burst due to a lack of secondary wall formation. Additionally the structure of the primary wall is altered and the number of dictyosomes is reduced. Knowledge on the characteristics of this syndrome allows easy detection of any impairment of protein biosynthesis in Micrasterias, e.g., by experimental or environmental influence.

Kiermayer’s, (1968) excellent TEM images on microtubule distribution around the nucleus in growing and non-growing Micrasterias cells also inspired further research on the involvement of the cytoskeleton in intracellular organelle migration. During growth the large nucleus moves from its position in the central constriction of a Micrasterias cell, called isthmus (Figure 1A), into the expanding semicell and returns to the cell center at the end of morphogenesis. Coincidently the chloroplast which has duplicated before mitosis, expands itself into the growing semicell. Its shape copies the outer cell shape at the end of development. Both organelle movements are cytoskeleton dependent (Kiermayer, 1970b; Meindl and Kiermayer, 1982; Meindl, 1983, 1992; for summary see Meindl, 1993; Lütz-Meindl and Menzel, 2000). During its migration the nucleus is surrounded by a basket-shaped microtubule system that also contains actin filaments (Meindl et al., 1994). It originates from a distinct microtubule center and stays in contact with the cell center by a continuously elongating microtubule band during nuclear migration into the growing semicell. Along this band the nucleus moves back into the isthmus where it is anchored by a ring shaped microtubule band after morphogenesis. This band corresponds to the pre-prophase band of higher plant cells (Pickett-Heaps and Northcote, 1966; Karahara et al., 2009). Any physical or chemical disruption of microtubules during growth of Micrasterias leads to an abnormal dislocation of the nucleus into the cell periphery and prevents further cell divisions (Meindl, 1983; Holzinger et al., 2002). Several studies indicated that the actin binding protein profilin, myosins and kinesis-like proteins are involved in regulation and/or achievement of nuclear and chloroplast migration in growing Micrasterias cells (Holzinger et al., 2000; Holzinger and Lütz-Meindl, 2002; Oertel et al., 2003). As the nucleus of M. denticulata measures about 30 μm in diameter and is thus easily detectable even with a dissecting microscope, the alga is a perfect system for identifying activity of anti-microtubule drugs in a plant cell by a simple methodological approach (Meindl and Kiermayer, 1981). Any dislocation of the nucleus indicates a dysfunction of the microtubule system.

Whereas cell shaping and intracellular regulators of growth and cytomorphogenesis have been in the center of research on Micrasterias for several decades, the suitability of this alga as sensitive model for studying environmental impact has gained importance in the recent years. Micrasterias and other members of the family Desmidiaceae mostly inhabit acid peat bogs all over the world, from tropic climates to Polar Regions and from sea level up to more than 3000 m altitudes (see also Brook, 1981). Their natural habitats are shallow bog ponds that may be exposed to rapidly changing environmental conditions and may face extreme parameters such as intense sun light, high UV irradiation, drought, increasing salinity, very low, but also high temperature as well as impact of man-made pollutants such as heavy metals, pesticides or fertilizers.

Based on earlier results briefly outlined in the Section “Introduction” and on a more detailed survey on results obtained in the last 20 years, this review aims to provide an overview on our present knowledge on the cell biological basis for growth and cell shape formation as well as on responses of Micrasterias to different abiotic stress scenarios. Recent results on dictyosomal function, cell wall composition, the cytoskeletal and ionic regulation of growth, stress-induced organelle degradation, occurrence and induction of autophagy and programmed cell death as well as on accompanying physiological parameters will be in the focus of this review. Comparison to similar processes in closely related higher land plants will be drawn in each chapter and an outlook on future research topics on Micrasterias will complete this work.

CELL BIOLOGICAL BASIS OF GROWTH AND SHAPE FORMATION

Cell Wall Development and Function of Dictyosomes

Cell development and pattern formation of M. denticulata (summarized by Meindl, 1993) starts with the formation of a thin, fragile septum wall at the overlapping zone of the two parental secondary cell walls in the isthmus during late mitosis. The two halves of a Micrasterias cell are separated when the septum closes like a diaphragm. The septum consists mainly of high-methyl esterfied pectins that are delivered to the growing septum by a particular “septum vesicle” population as shown by immunogold labeling with JIM antibodies (Lütz-Meindl and Brosch-Salomon, 2000). Septum formation lasts about 15 min and is followed by the process of primary wall formation and shaping. According to our present knowledge shaping of Micrasterias cells is regarded as a temporal and spatial sequence of repeated growth cessation at particular, symmetrically arranged points at the cell periphery. While the first bulge that develops from the parental semicells grows uniformly in the main plane of the cell, cessation of growth at two symmetrical points after about 75 min leads to the formation of the first two indentations that develop to the deepest at the final cell shape. They define the species specific morphology of a M. denticulata cell. Subsequent formation of the residual indentations follows the same principle. In the areas between the growth cessation points, deposition of primary wall material and expansion is continued. Growing and non-growing zones alternate during shape formation and the number of both increases with proceeding development. In early stages the single lobes perform tip growth which from its course resembles tip growth of pollen tubes, root hairs or moss protonemata (Vidali and Bezanilla, 2012; Gu and Nielsen, 2013; Rounds and Bezanilla, 2013). However, several tips of a Micrasterias cell grow at the same time. This process has been defined as “multipolar tip growth” (Kiermayer and Meindl, 1989; Lütz-Meindl and Menzel, 2000), an unique phenomenon that represents an enormous demand for a single cell. Finally the outer cell shape of M. denticulata is completed about 5 h after mitosis by furcation of the lobe tips. Underneath the primary wall a thick cellulose rich secondary wall is deposited that contains pores. The primary wall is finally pushed off by a sudden onset of mucilage production through the secondary wall and its pores (for details see Oertel et al., 2004).

Achievement of the complex cell pattern of a Micrasterias cell requires particular physical properties of the primary cell wall that allow intussusception of wall material on the one hand and stiffening and growth arrest on the other hand. Recent Raman spectroscopic investigations (Figure 1B) clearly show that the cellulose content of the primary wall of the outgrowing lobes is much lower than that of the indentations in which the cell wall is thicker and less extensible. This technique also demonstrates unambiguously the considerable difference in thickness and cellulose content between the growing primary and the non-growing secondary cell wall. The degree of pectin esterification which determines the calcium-binding capacity accounts for the flexibility of the cell wall during primary wall growth. A combination of immuno TEM, immuno fluorescence, de-esterification studies and calcium measurements by TEM-coupled electron energy loss spectroscopy (EELS) has shown (Lütz-Meindl and Brosch-Salomon, 2000; Eder and Lütz-Meindl, 2008) that pectic polysaccharides are transported to the cell wall in a de-esterified form inside of a particular Golgi vesicle population (D-vescicles according to Kiermayer, 1970a,b; Meindl et al., 1992; Lütz-Meindl and Brosch-Salomon, 2000) and become methyl-esterified at the inner side of the developing primary wall (Eder and Lütz-Meindl, 2008). This allows flexibility and integration of new wall material. While they are translocated toward the outer side of the wall they become again de-esterified (see also Lütz-Meindl and Brosch-Salomon, 2000) and are thus able to bind high amounts of calcium (Figures 2A,B) which leads to wall stiffening and growth cessation. Enzyme activity assays provided evidence for the existence of a pectin-desterifying enzyme in M. denticulata. Moreover, enhanced desterification by experimental addition of a pectin methylesterase that de-esterifies pectins in higher plants, resulted in growth inhibition and shape malformation of Micrasterias (Eder and Lütz-Meindl, 2008). This indicates that as in higher plant cells (Carpita and Gibeaut, 1993; Goldberg et al., 2001; Bosch et al., 2005; Bosch and Hepler, 2005) the de-esterification process and its regulation is crucial for morphogenesis and growth of Micrasterias (Eder and Lütz-Meindl, 2008). Though it is likely, there is so far no indication that the degree of esterification is different in the areas of the forming indentations in comparison to the zones of the outgrowing lobes.
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FIGURE 2. Transmission electron microscopy (TEM) micrograph (A) of cell periphery and primary cell wall of M. denticulata with highlighted measurement sites of EEL spectra (scale bar is 1 μm). (B) EEL spectra acquired at the Ca L2,3-edge, indicating calcium binding capacities of different cell components after doping with calcium acetate. Outer side of primary wall (green) has higher calcium binding capacity than inner side (red). Mucilage vesicle (blue) reveal highest calcium binding capacity, the cytoplasm (orange) lowest. Reprinted with permission from Eder and Lütz-Meindl (2008), Copyright© 2008 Royal Microscopical Society.



The existence of pectins and particularly of homogal-acturonans as dominant polysaccharide in growing cell walls has been also demonstrated in other members of Desmidiaceae such as Closterium and Penium (Baylson et al., 2001; Domozych et al., 2007) as well as in other green algae (Popper and Fry, 2003). By extraction of isolated cell walls of Penium a particular homogalacturonan was identified that was partially esterified and was equivalent to that of land plants. As in Micrasterias, the cell wall of Penium was recognized by the antibodies JIM 5 and JIM7 and the degree of de-esterification increased with the distance from the isthmus region (Domozych et al., 2006; Domozych et al., 2007). The degree of methyl-esterification in the growing primary wall of Micrasterias corresponds well to findings in higher plants (Bush and McCann, 1999). However, the detailed structure of pectins in desmids is not yet known. There are some indications that algae contain higher contents of galacturonic and glucuronic acid than higher plants (Popper and Fry, 2003).

Mucilage vesicles of Micrasterias reveal the highest calcium-binding capacity among all cytoplasmic components measured by EELS indicating a high amount of low-methyl-esterified pectins in the mucilage during its transport to the cell periphery (Figures 2A,B; Eder and Lütz-Meindl, 2008). As soon as they are excreted through the cell wall or the pores (Oertel et al., 2004) their calcium-binding capacity diminishes either by enzymatic activity or by changing pH (Eder and Lütz-Meindl, 2008). This allows uptake of water and swelling, which is responsible for generating the force for directed movement of desmids with respect to light (Domozych and Rogers-Domozych, 1993) but also for protecting the cells against unfavorable environmental conditions (Oertel et al., 2004).

Additional components of the primary cell wall of Micrasterias that may be involved in regulation and achievement of growth and morphogenesis are AGPs and hemicelluloses. AGPs are hydroxyproline-rich proteoglycans that have been identified in the plasma membrane and in plant cell walls (Serpe and Nothnagel, 1999) and are involved in growth, development and differentiation of higher plant cells (Knox et al., 1989; Majewska-Sawka and Nothnagel, 2000; Seifert and Roberts, 2007). In Micrasterias AGPs have been located in the primary cell wall, in D-vesicles, in parts of the dictyosomes and along the plasma membrane of the non-growing semicell by means of antibodies specific to higher plant AGPs (Lütz-Meindl and Brosch-Salomon, 2000; Eder et al., 2008). Their presence exclusively along the plasma membrane of the non-growing semicell may indicate a regulatory role in growth. As cell wall material containing vesicles are produced at dictyosomes all over the cell and are also transported to the periphery of the non-growing semicell, a barrier function of AGPs as postulated by Kreuger and van Holst (1996) may prevent their fusion in the non-growing part of a Micrasterias cell.

The labeling pattern of AGPs by the antibodies JIM8, JIM13 and JIM14 both by immunofluorescence in CLSM and by immunogold labeling in TEM (Figures 3A,B) in the primary cell wall suggests an involvement of the recognized AGP type 2 proteoglucans (see Knox et al., 1991; Yates et al., 1996) in cell development of Micrasterias (Eder et al., 2008). However, their distribution did not correlate with the cell pattern. The properties of the epitopes recognized at immunodot- and Western blots suggest a similar molecular weight of the AGPs in Micrasterias as those of higher plants (Eder et al., 2008). They are rich in galactose and xylose but in contrast to higher plants do not bind to a synthetic glycoside, the β-GlcY reagent (Yariv et al., 1962, 1967) which is generally used for their identification.
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FIGURE 3. Immuno labeling of growing Micrasterias cells by monoclonal anti-AGP antibody JIM13. (A) Labeling of the primary wall of both growing semicells (asterisks) visualized in CLSM. The non-growing secondary walls of the old semicells (upper and lower part are not labeled). Scale bar is 50 μm. (B) TEM micrograph showing labeling of primary wall (PW) and two different vesicle populations indicated by asterisks and arrows (scale bar is 0.5 μm). Reprinted with permission from Eder et al. (2008), Copyright© 2008 Phycological Society of America.



The growing primary wall of Micrasterias also contains xyloglucans (Eder et al., 2008) similar to those of higher land plants as indicated by fluorescence labeling (Figures 4A–E) by an antibody directed against higher plant epitopes (Lynch and Staehelin, 1992). Immuno TEM experiments showed that some of these epitopes are also present in the secondary wall. Binding of this antibody at the trans-side and in primary wall material containing vesicles (D-vesicles) suggests that these xyloglucans are secreted in Micrasterias similar to higher plant cells. Interestingly the secondary wall of Micrasterias (Figure 4F) but not the primary wall also contains mixed-linked glucans [(1-3, 1-4)-ß-D-glucans; Eder et al., 2008] that belong to the mayor polysaccharide component of the cell wall of grasses (Gibeaut and Carpita, 1993; Meikle et al., 1994; Trethewey et al., 2005). Similar glucans have also been identified in the alga Ulva lactuca and in the liverwort Lophocolea bidentata by (1-3, 1-4)-ß-D-glucanase digestion (Popper and Fry, 2003).
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FIGURE 4. Immuno labeling of the cell wall of developing stages of Micrasterias. (A–E) Primary wall of different developing stages of Micrasterias labeled by polyclonal anti-xyloglucan antibody. Asterisks indicate growing semicells (scale bars are 50 μm). (F) Immunogold labeling of the non-growing secondary wall by BG1 antibody recognizing (1-3, 1-4)-ß-D-glucans. Mucilage (asterisk) in cell wall pore (P) and mucilage vesicle are not labeled (scale bar is 0.5 μm). Reprinted with permission from Eder et al. (2008), Copyright© 2008 Phycological Society of America.



Analyses of genome-wide transcript expression of synchronized cultures with high percentages of growing cells of M. denticulata provided evidence for a role of Rab and SNARE cycles in vesicle fusions and for AGP-like proteins in growth and cell pattern formation (Vannerum et al., 2011). Additionally the xyloglucan-modifying enzymes xyloglucan endotransglycosylase/hydrolase (XET/XTH), class-III-peroxidases and expansins have been identified as growth and cell shape formation relevant constituents among the 107 genes identified. Phylogenetic analysis suggested that four of the identified genes showed high similarity to the expansin A family of higher plants, although their domain organization was divergent. Overexpression of one of these genes (MdEXP2) resulted in cell shape aberrations. Unfortunately so far only transient transformation is possible in Micrasterias (Vannerum et al., 2010). A recent study on the closely related alga Penium margaritaceum, however, reporting on a successful stable transformation and reverse genetic analysis (Sorensen et al., 2014) are encouraging also for future studies in Micrasterias in this respect.

All these results show that similar to recent results in Penium (Domozych et al., 2014) the cell wall of Micrasterias generally corresponds to that of higher land plants. However it differs in details, which is of evolutionary interest as these differences may have been crucial for the colonization of terrestrial habitats. For further discussion and additional aspects on the evolution of cell walls and on terrestrialization of Streptophyta see the reviews by Graham et al. (2000), Sorensen et al. (2010, 2012), Domozych et al. (2012), Delwiche and Cooper (2015), Harholt et al. (2016).

Formation of the patterned cell wall in Micrasterias requires temporally orchestrated production and precise deposition of cell wall material during development. Timely supply with cell wall material is achieved by highly regulated and synchronized switching of the dictyosomes for producing vesicle populations with different contents as shown by several earlier investigations (for literature see Introduction). Thus precise definition of a developmental stage of Micrasterias is easily possible by a TEM image of just a few Golgi bodies and their associated vesicles. As mucilage vesicles are delivered from the dictyosomes consistently, also in non-growing cells (Oertel et al., 2004) dictyosomal activity in Micrasterias is maintained continuously during the cell’s life cycle. This is contrary to most other plant cells were dictyosomal secretion ceases when growth is completed.

Various cell physiological studies using inhibitors that target different steps of product formation gave insight into the reaction of the secretory machinery and have revealed similarities to higher plant cells. Disturbance of N-or O-linked glycosylations in dictyosomes by tunicamycin and brefeldin A had drastic consequences on Golgi morphology and secretion (Höftberger et al., 1995; Salomon and Meindl, 1996). As in higher plant cells (Satiat-Jeunemaitre et al., 1996) brefeldin A leading to dissociation of COP1 proteins from Golgi membranes (Nebenführ et al., 2002) resulted in a reversible reduction in the number of dictyosomes in favor of the ER in Micrasterias (Salomon and Meindl, 1996). In a similar way as thapsigargin (see below), the Ca-ATPase inhibitor cyclopiazonic acid prevented product supply from the ER leading to dilatations of ER cisternae and a reduction on the number of dictyosomal cis-cisternae (Höftberger et al., 1995) indicating the importance of calcium for proper secretion. Experimental release of nitric oxid (NO) by donors such as S-nitroso-N-acetyl-DL-penicillamine (SNAP) or sodium nitroprusside (SNP) selectively suppressed secondary wall formation in Micrasterias (Lehner et al., 2009) and impaired dictyosomal function probably via inhibition of enzymes such as glyceraldehyde-3-phosphate-dehydrogenase (GAPDH).

Dictyosomes of Micrasterias are unique organelles measuring 2–3 μm in diameter and revealing a constant number of 11 cisternae independent from the stage of the cell cycle. They are thus many times larger than in higher plant cells or in other algae (see also Lütz-Meindl et al., 2015). In growing cells they are located in great number around the nucleus and along the chloroplast membrane. Like in higher plant cells (see e.g., Hawes and Satiat-Jeunemaitre, 2005) they have been shown to be associated with a cis-located ER cisternae in TEM. A recent study using focused ion beam milling and block face imaging by field emission scanning electron microscopy (FIB-SEM) has yielded first information on the 3-D architecture of Golgi stacks in M. denticulata (Wanner et al., 2013). This method allows 3-D reconstruction of large cytoplasmic volumes up to several hundred μm3 by 5–10 nm serial slicing. FIB-SEM series and 3-D reconstruction of high pressure frozen and cryo-substituted Micrasterias cells showed that the dictyosomes are not only associated with a cis-ER cisternae but are surrounded by a huge trans-side located ER sheath leading to an almost entire ER envelope around them (Figures 5A,B).
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FIGURE 5. 3-D reconstruction of Micrasterias dictyosomes from FIB-SEM series. Cis-side in red, trans-side in green. (A) The entire dictyosome is enwrapped by ER envelope (blue) (scale bar is 1 μm). (B) Detail of another dictyosome showing the close spatial interaction between dictyosomal cisternae and the ER. Mucilage vesicles in white, multivesicular bodies in yellow (scale bar is 1 μm). Reprinted with permission from Lütz-Meindl et al. (2015), (A) Copyright© 2015 Royal Microscopical Society and from Wanner et al. (2013) (B), Copyright© 2013 Elsevier Inc.



Membranes of trans-Golgi cisternae were found to be in contact with these trans-ER cisternae. This finding is particularly interesting as “trans-ER” systems are well known from mammalian cells (for review see Mogelsvang et al., 2004) but not from higher plant cells. It opens new insight into functional interactions between the ER and the Golgi system. Additionally this study indicates that multivesicular bodies regarded as components of the endocytic pathway are in close spatial contact not only with membranes of trans-Golgi compartments as postulated in higher plants (see for example Otegui and Spitzer, 2008; Robinson et al., 2008) but also with the trans-ER. This may indicate that both membrane systems participate in their formation in Micrasterias. Interconnections between dictyosomal cisternae were visualized by FIB-SEM tomography and it was shown that the Golgi stacks consist of flat unfenestrated cisternae with slightly lacerated rims (Wanner et al., 2013).

In summary this section shows that timely coordinated function of the exceptionally large and highly organized dictyosomes of a M. denticulata cell, in tight cooperation with its surrounding ER envelope represents a basis for morphogenesis. The products they deliver into the growing primary wall correspond essentially to that of higher plants.

Involvement of the Cytoskeleton in Growth and Morphogenesis

The multi-lobed symmetric morphology of a Micrasterias cell may suggest the existence of internal fibrillary axes that provide the basis for shape generation. Early investigators postulated a “cytoplasmic framework” (Waris, 1950b) that has never been verified. Although randomly oriented microtubules have been reported in the cortical cytoplasm of growing M. denticulata (Kiermayer, 1968) and M. pinnatifida cells by TEM, it has soon turned out that chemical destruction of the these microtubules neither influences growth and cell pattern formation (for summary see Kiermayer, 1981; Meindl, 1993; Lütz-Meindl and Menzel, 2000) nor alters the patterned distribution of cellulose microfibrils in the secondary wall (Schmid and Meindl, 1992). This is contrasting to findings in numerous higher plant cells (e.g., Lloyd and Chan, 2008) and also to results in the closely related desmids Closterium (Hogetsu, 1992) and Penium (Domozych et al., 2014) both growing at one distinct tip only. It is supposed that the cortical microtubules in Micrasterias only represent a cytoplasmic reinforcement of the cell wall (Schmid and Meindl, 1992), while the more centrally located microtubules participate in chloroplast expansion during growth (Meindl and Kiermayer, 1982).

The actin system of M. denticulata was visualized by means of microinjection of fluorescently labeled phalloidin into growing cells (Meindl et al., 1994), as well as by phalloidin staining of glutaraldehyde/formaldehyde fixed unembedded cells or by actin-antibody labeling of methyl-methacrylate embedded cells (Pflügl-Haill et al., 2000). While only single actin filaments are present during early developmental stages, a distinct, dense actin filament network extending from the chloroplast surface toward the plasma membrane pervades the growing semicells as soon as cell differentiation starts. The actin cables of this network show high dynamics when labeled with fluorescent phalloidin, but no preferential cell pattern related orientation in growing cells (Meindl et al., 1994). Involvement of the actin cytoskeleton in growth and cell pattern formation in Micrasterias is indicated by numerous results. Primary wall material containing D-vesicles are lined up in front of their fusion sites at the lobe tips in high pressure frozen developmental stages indicating a regulatory role of filamentous structures (Meindl et al., 1992). Disturbance of the balance between filamentous actin and its globular subunits (G-Actin) by experimental injection of small amounts of the G-actin-binding protein profilin leads to retardation of growth (Holzinger et al., 1997). Immuno TEM and immuno blot studies have provided evidence for the presence of the actin-binding protein spectrin in the desmids M. denticulata, Closterium lunula and Euastrum oblongum (Holzinger et al., 1999). Additionally spectrins are known to cross-link actin filaments and to accomplish F-actin membrane interactions (for references see Holzinger et al., 1999). In growing M. denticulata cells this regulatory protein was found at membranes of different secretory vesicle populations and also on membranes of primary wall material containing D-vesicles. This indicates an involvement of spectrin in actin dependent vesicle transport representing the basis for growth.

Several studies in M. denticulata but also in other desmids have clearly indicated that any disruption of the actin filament system causes dose-dependent growth inhibition and severe cell shape malformations up to a complete loss of cell symmetry (summarized in Lütz-Meindl and Menzel, 2000). Coincidently a breakdown of the actin network in M. denticulata has been visualized in CLSM as consequence of incubation with the actin disorganizing drugs latrunculin B and cytochalasin D. Only clusters of non-filamentous actin and short actin filaments remained visible after this experimental procedure (Pflügl-Haill et al., 2000). On the other hand also over-stabilization of the actin cytoskeleton in growing Micrasterias cells by jasplakinolide (Holzinger and Meindl, 1997) and chondramides (Holzinger and Lütz-Meindl, 2001) results in retardation of cell growth and in severe cell shape aberration in a similar way as induced by the actin depolymerizing agents (see above). In case of jasplakinolide the cells are filled with abnormal aggregations of actin filaments as shown by TEM, while chondramides induce abnormal F-actin lumps or dense F-actin batches in a time dependent manner as visualized by immuno fluorescence or phalloidin labeling. Additionally the internal structural organization of the Micrasterias cell is lost and organelles are displaced.

All these studies strongly indicate a regulatory role of the actin system in morphogenesis of Micrasterias (see also Lütz-Meindl and Menzel, 2000). Actin filaments are involved in transport of cell wall material containing vesicles to the plasma membrane that is achieved by cytoplasmic streaming. However, inhibition of cytoplasmic streaming induced by any impact on the polymerization status of the F-actin system cannot account for the formation cell shape aberrations, but would only result in retardation or inhibition of growth. The severe cell shape malformations that occur independently from the mode of the F-actin impairment indicate that a functioning F-actin dynamics is indispensable for morphogenesis in Micrasterias. These results also emphasize how important it is to have model systems in which growth and morphogenesis can be easily distinguished as it is the case in Micrasterias.

Ionic Regulation and Signal Transduction

Early studies have revealed that a local influx of calcium at the growing lobe tips of Micrasterias accompanies cell differentiation (Meindl, 1982a). This is in good agreement with findings in tip growing higher plant cells such as pollen tubes or root hairs where the zone of calcium influx corresponds to the area of cell wall expansion (e.g., Hepler and Winship, 2010). During oscillating pollen tube growth stretch-activated calcium channels open and an intracellular tip-focused gradient of cytosolic calcium is established. In Micrasterias calcium influx is clearly correlated to cell pattern formation (Meindl, 1982a, 1985; Troxell and Scheffey, 1991; see also Meindl, 1993). When the first pair of indentations is formed, calcium influx can be found at four symmetrically arranged zones that develop to the four main lateral lobes during the subsequent growth step. As soon as these four lateral lobes, as well as the polar lobe that lags behind slightly, have reached a particular size, the calcium influx pattern splits again and the lobe tips become bifurcated. Due to relative slow growth velocity in comparison to, e.g., pollen tubes, it is not possible in Micrasterias to determine whether calcium influxes follow or precede cell wall growth.

Besides the occurrence of multipolar growth and the corresponding simultaneous calcium influxes at several sites, another difference in calcium regulation in Micrasterias is apparent when compared to tip growing higher plant cells. Ratio imaging by the calcium indicator fura-2 dextran revealed that no measurable intracellular calcium gradient is established during the outgrowth of the lobes of Micrasterias (Holzinger et al., 1995). This result was further corroborated by experimental perturbation of the intracellular calcium level by either injection of BAPTA-type buffers known to dissipate intracellular calcium gradients. As these experiments had no influence on cell growth and pattern formation in Micrasterias it was concluded that calcium is only important at the outermost growth zones in the area of the plasma membrane, possibly for fusion of the secretory vesicles. In contrast to tip growing higher plant cells such as pollen tubes (Holdaway-Clarke and Hepler, 2003) cytoplasmic calcium gradients do not seem to be involved in growth and cell shaping of Micrasterias.

That local calcium influx is correlated to cell pattern formation was demonstrated in a uniradiate variation of M. thomasiana (Micrasterias thomasiana uniradiata) in which the cell pattern is only expressed at one half of the cell. Only at the patterned side of the cell calcium influxes were measured or visualized by fluorescent markers, whereas at the non-patterned side no fluorescent signals were visible and outward directed currents were measured (Meindl, 1985; Troxell and Scheffey, 1991). Moreover experiments with ionophores, chelators or calcium channel blockers clearly showed a correlation between the intracellularly available calcium level and cell growth (for references see above and also McNally et al., 1983; Meindl, 1993). It was also demonstrated (Meindl, 1990) that formation of abnormal cell patterns as for example induced by elevated temperature is accompanied by a shift in the calcium distribution at the plasma membrane suggesting calcium influxes not at the lobe tips but at abnormally growing areas in between (see also below).

Nitric oxide (NO) which is regarded as key molecule for intracellular signaling and is involved in developmental and growth processes of higher plants but also in programmed cell death and defense mechanisms (see e.g., Murgia et al., 2004; An et al., 2005) has been shown to inhibit growth but not morphogenesis in Micrasterias (Lehner et al., 2009). The NO donors SNAP and SNP both arrest cell development, impaired dictyosomal function and prevented secondary wall formation. As the NO scavenger cPTIO (2-(4-carboxyphenyl)-4,4,5,5-tetramethylimidazoline-1-oxyl-3-oxide, potassium salt) abrogated SNP induced effects, it was concluded that growth inhibition was due to NO. It was hypothesized that NO inactivates enzymes of the secretory pathway such as GAPDH and thus provokes growth inhibition by preventing supply of cell wall material (Lehner et al., 2009). This indicates that a well-balanced level of NO is required for normal growth of Micrasterias cells.

Acetylcholine, one of the best investigated neurotransmitter in animal cells which has also been detected in moss, ferns and higher plants (Miura and Shih, 1984; Tretyn and Kendrick, 1991) has been also shown to be involved in growth and differentiation of Micrasterias (Schiechl et al., 2008). Micrasterias was the first unicellular alga in which a light-dependent production of acetylcholine has been proved by HPLC-coupled mass spectrometry. Both, cholinergic agonists (carbachol, nicotine) and antagonists (D-tubocurarine, hexamethonium) inhibited cell growth and evoked substantial cell shape aberrations when applied to early developmental stages (Figures 6A,B). Particularly the classic acetylcholine-receptor agonist nicotine additionally suppressed formation of the secondary cell wall. The presence of cholinergic receptors in Micrasterias was concluded from these results. They are obviously involved in growth of this alga and thus, like in higher plant cells, represent a basis for light induced differentiation (Schiechl et al., 2008).
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FIGURE 6. Cell shape malformations of growing Micrasterias cells treated with the cholinergic antagonist D-tubacurarine (A) and with the agonist nicotine (B) during growth (scale bars are 30 μm). Reprinted with permission from Schiechl et al. (2008), Copyright© 2008 Elsevier Ireland Ltd.



To finalize this section it must be noted that our understanding of ionic regulation and signal transduction during of cell differentiation in Micrasterias is still in its infancy and that further studies will be required to obtain a more comprehensive insight.

STRESS RESPONSES AND ADAPTATION

Temperature

Due to their worldwide distribution from tropical zones up to Polar Regions and high altitude mountains (Brook, 1981) desmids such as Micrasterias are generally well adapted to a wide range of water temperatures. On the other hand, even under moderate climatic conditions the small bog ponds the algae inhabit and that usually are not shaded by higher plants, can be exposed to rapidly changing seasonal and diurnal temperature conditions. The cells may face deep frost conditions in winter but also temperatures higher than 30°C during continuing heat periods in summer. While non-growing Micrasterias cells are better adapted, developing cells react highly sensitive to temperature changes with respect to growth and morphogenesis (Meindl, 1990; Weiss and Lütz-Meindl, 1999; Weiss et al., 1999).

Low temperature between 3 and 9°C generally retards growth and development in M. denticulata cells that were pre-cultivated at 20°C (Meindl, 1990). When exposed in early developmental stages shortly after mitosis, temperatures lower than 3°C inhibit growth of Micrasterias cells completely and lead to cell death within 4 h. A temperature range between 4° and 9°C allows growth, but within the 5 h required for normal differentiation at 20°C, only an undifferentiated bulb is formed. Primary wall growth under these low temperature conditions is continued up to 24 h and frequently cell shape malformations arise. They are mostly characterized by a simplification of the cell pattern, yet the basic symmetry of the cell is maintained. Cytoskeleton dependent processes like spreading of the chloroplast and migration of the nucleus back to its central position are retarded.

Temperatures up to 30°C only slightly accelerate the developmental process in Micrasterias but have no consequences on cell pattern formation (Meindl, 1990). When the cells are exposed to temperatures between 30 and 33°C the resulting size and cell pattern is clearly reduced. In a range between 33 and 36°C severe shape formations occur. Depending on the precise temperature and on the developmental stage at the beginning of treatment, the malformations are expressed in either a simplification of the cell pattern, or in formation of bizarre asymmetric cell shapes, or in development of multi-lobed cells with a higher number of lobes when compared to shapes formed at 20°C. The shape malformations go along with changes in patterned calcium distribution as indicated by a fluorescent marker (Meindl, 1990). Variations in cell size and pattern formation due to elevated temperature was also found in M. rotata indicating high temperature-related phenotypic plasticity (Neustupa et al., 2008).

In M. denticulata large areas of heat shock granules surrounded by ER cisternae are frequently found in the cytoplasm during elevated temperature (Meindl, 1990). The heat shock proteins hsp70 and BiP (binding protein) were detected by immuno-blotting. Hsp70 was found to be increasingly expressed after continuous or repeated experimental heat exposure (Weiss and Lütz-Meindl, 1999). Heat induced de novo synthesis of hsp70 reached its maximum after 9 h continuous heat exposure which corresponds well to findings in higher plant cells (see e.g., Ougham and Howarth, 1988). Within a certain temperature range (15 – 39°C), the intensity of the heat response in Micrasterias depends on the preceding cultivation temperature and on the duration of the heat exposure. Cells cultivated at 25°C generally react much weaker to heat than those grown at 15 or 20°C, indicating their distinct adaptive abilities (Weiss et al., 1999). Heat induced disturbance of cell shape formation is more pronounced after pre-cultivation at 15 and 20°C than at 25°C. In contrast, cell division rates are reduced more severely by heat after pre-cultivation at 25°C than after 20 or 15°C. Independent from the cultivation temperature, photosynthetic activity and respiration measured by polarographic oxygen production/consumption increase continuously and reach a peak in a range between 30 and 32°C. Thereafter photosynthesis drops to zero at 40°C after pre-cultivation at 15° but declines less distinctly after pre-cultivation at 20 or 25°C. These results show that the optimum temperature for photosynthesis in Micrasterias is similar to that determined in higher plants of temperate areas (Larcher, 2001) and that primary energy balancing processes such as photosynthesis and respiration are less affected by elevated temperature than cell division rates and cell shaping (Weiss et al., 1999). This fact may represent an important strategy for survival of the cells in their natural habitats. Good adaptation to different temperature regimes with respect to photosynthetic activity was also shown in closely related desmids collected at different climate zones (see for example Stamenkovic and Hanelt, 2013).

UV Irradiation

Micrasterias denticulata cells show surprising high tolerance against experimental UV irradiation down to cut-off wavelength of 284 nm when exposed in the presence of white light in a sun simulator (Meindl and Lütz, 1996). Even in the sensitive stage of cell development, growth and pattern formation as well as cytoplasmic streaming are not affected by a 5 h treatment. When UV exposure is extended or the cut-off wavelength is lowered to 280 nm or 275 nm cell growth and differentiation are inhibited, cytoplasmic streaming is retarded, vacuoles are formed and the distribution of the large chloroplast that fills each semicell is disturbed. Drastic alterations of chloroplast structure ending up in more or less complete disintegration of grana and stroma thylakoids were observed (Lütz et al., 1997). These ultrastructural changes are reflected in a continuous decrease of photosystem II (PSII) activity as measured by fast chlorophyll fluorescence. The ratio between variable and maximum fluorescence (Fv/Fm ratio) reached very low levels around 0.1 after 1 h exposure to 280 nm or 275 nm UV cut-off wavelength, whereas untreated controls at culture conditions reached an averaged Fv/Fm value of 0.76. Photosynthetic oxygen production is maintained even at high UV irradiation with cut-off wavelengths of 275 nm for 15 min, but is completely suppressed upon prolonged treatment (Lütz et al., 1997).

In addition to the breakdown of chloroplast structure and photosynthesis the endomembrane system reacts distinctly to irradiation with low UV cut-off wavelengths. As a typical hallmark for stress (see below) the dictyosomes become involute, the number of their cisternae decreases and vesicle production is either reduced or completely inhibited (Meindl and Lütz, 1996). Abnormally large sheets of ER cisternae pervade the cytoplasm and microtubule re-polymerization during nuclear migration is prevented.

In summary these results show that like other desmids (see e.g., Holzinger and Lütz, 2006; Holzinger et al., 2009) Micrasterias is highly adapted to UV-B irradiation, which may explain the worldwide distribution and the presence of this group of algae even in high mountain areas or Polar Regions. It remains to be investigated how the considerable UV-B resistance of Micrasterias is achieved. As in other algae, a protecting function of the surrounding mucilage envelope or of the thick secondary cell wall, absorbance by particular metabolites and/or a very well developed physiological repair system may account for it (Oertel et al., 2004; Remias et al., 2012; Kitzing et al., 2014).

Oxidative Stress

Unfavorable environmental conditions such as UV irradiation, high light intensities, drought, salinity or man-made entry of heavy metals by traffic or agricultural practices, as well as compounds like herbicides may cause oxidative stress in higher plants but also in aquatic photosynthetic organisms. Among the different reactive oxygen species (ROS) hydrogen peroxide (H2O2) represents a key molecule in biotic und abiotic stress and induces programmed cell death (PCD) in plant and animal cells.

Experimental application of H2O2 causes severe ultra-structural and physiological alterations in M. denticulata (Darehshouri et al., 2008). Swelling of mitochondria with simultaneous reduction of cristae, increase in the volume of ER as well as bending of dictyosomes associated with a bulging of their cis-cisternae and inhibition of vesicle production at the trans-side are the most pronounced structural effects of short-term H2O2 exposure. Photosynthetic activity measured by fast chlorophyll fluorescence decreased in these cells to Fv/Fm values of around 0.3 (see above). As the activity of caspase-like proteins known to be involved in PCD of plant cells (van Doorn and Woltering, 2005) increases in Micrasterias during H2O2 impact, it is likely that the cells undergo PCD. This is also corroborated by the fact that cell vitality is maintained, chromatin is slightly condensed and the increase in caspase-like activity is abrogated by a “classical” caspase-3-inhibitor (Darehshouri et al., 2008). Although molecular participants in PCD are not yet known these results clearly point toward the capability of Micrasterias to undergo PCD. This is in good agreement with studies on other unicellular algae such as Dunaliella (Segovia and Berges, 2005) or Chlorella (Zuppini et al., 2007) but represents the first report on PCD in a desmid. The physiological importance of PCD in Micrasterias may be explained by “altruistic cell death” (see also Lee et al., 2002). Under unfavorable environmental conditions PCD of a large number of cells may be beneficial for the survival of the population at their natural habitat. The surviving cells may use dead cells and the mucilage obtained from them for protection against further environmental impact (Darehshouri et al., 2008).

Oxidative stress following different kinetics of increased ROS production is also evoked in Micrasterias as consequence of experimentally elevated salinity, osmotic stress and by exposure to different heavy metal solutions (see below).

High Salinity

In the small bog ponds that desmids like Micrasterias inhabit, the algae may face rapidly changing osmolarities of their surroundings water by evaporation during high temperature periods as well as by dilution during rain. Additionally the cells are endangered by increase in salinity which may occur due to agricultural practices such as fertilization or to road salt. In contrast to salt tolerant green algae such as Dunaliella, Chlamydomonas or Chlorella that have developed metabolic strategies to cope with elevated salinity (Pelah et al., 2004; Yoshida et al., 2004; Takagi et al., 2006; Goyal, 2007) particularly large-cell desmid such as Micrasterias usually growing only in rain-supplied acid bogs, are not at all adapted to increasing salt concentrations. This means that high salinity may represent a severe danger to the population.

In an early study (Meindl et al., 1989) it was demonstrated that the osmolarity of the nutrient solution markedly influences cell division rates of M. denticulata. An experimental increase in the osmolarity of the nutrient solution from the usual level (lower than 2 mosm/kg) up to 26 mosm/kg results in a steady decrease of the cell number as indicated by a particular cell division assay (Meindl et al., 1989). It ends up in a complete arrest of cell divisions at the highest osmolarity. Micrasterias cells that are not able to divide under these circumstances accumulate high amounts of starch grains, plastoglobules and oil bodies in their chloroplasts. Vacuoles of these cells appear highly electron dense in TEM indicating high salt accumulation. All together the appearance of these cells corresponds to storage stages that are also found at their natural habitats in winter or early spring (for further discussion and literature see Meindl et al., 1989). Interestingly cells kept at high osmolarity start dividing within 1 day when osmolarity is diminished in recovery experiments. This indicates that changes in osmolarity of the surrounding medium are important for switching off the cells from an inactive storage to an active division stage. The fact that during winter or other unfavorable environmental conditions such as drought, cell division is arrested, guarantees survival of the population by maintaining their energy balance. Dilution of the surrounding medium by rain immediately induces cell divisions.

Experimental addition of KCl or NaCl to the culture medium leads to severe ultrastructural and physiological changes in M. denticulata that can be clearly distinguished from changes induced by osmotic stress (Affenzeller et al., 2009a,b). KCl (200 mM) caused the most pronounced effects by inducing foam-like vacuolization of the cytoplasm and severe morphological changes of mitochondria even after 3 h incubation. The outer membrane of all mitochondria showed balloon-like protrusions and their matrix appeared condensed indicating a kind of shrinkage induced by KCl induced intra-organelle osmotic changes (Figure 7A). Similar structural alterations of mitochondria are known from higher plant cells under anoxic conditions (Virolainen et al., 2002) and also from nerve cell during PCD (Muriel et al., 2000). Interestingly the severe structural changes did not influence their function in Micrasterias. Respiration in KCl exposed cells was not decreased (Affenzeller et al., 2009b).
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FIGURE 7. Transmission electron microscopy micrographs of mitochondria (A), FIB-SEM image of degrading dictyosome (B) and 3-D reconstruction of degrading dictyosome from FIB-SEM series (C) after exposure of Micrasterias to KCl. (A) Mitochondria with balloon-like protrusions of outer membrane and condensed matrix. (B) The colored asterisks indicate parts of the dictyosome that are reconstructed in (C). (C) The reconstruction shows that the dictyosomal cisternae form balls during degradation. Remnants of dictyosomal cisternae in red, ER in blue, small vesicles represent degradation products of cisternae. Scale bars are 1 μm. (B,C) Reprinted with permission from Lütz-Meindl et al. (2015), Copyright© 2015 Royal Microscopical Society.



In contrast, function of the endomembrane system was considerably impaired. ER cisternae were swollen and dramatically increased in number, whereas the cisternal number per Golgi stack decreased. Single dictyosomal cisternae were detached from the stack, both at the cis- and the trans-side. The remaining dictyosomal cisternae were completely inoperable as vesicles were no longer found in their proximity (Affenzeller et al., 2009b). When KCl treatment was continued for up to 24 h, degrading dictyosomes consisting of only two or three coiled cisternae were frequently found in contact with large ER compartments. 3-D analyses by FIB-SEM tomography provided evidence for the dictyosomal degradation process that occurred as consequence of KCl stress (Figure 8; Lütz-Meindl et al., 2015). Dictyosomal degradation starts with detachment of single cisternae from a stack. These cisternae form balls that may contain other cisternae of the same stack (Figures 7B,C). They increase in size by fusion with ER compartments and are finally absorbed by huge ER cisternae that pervade the cytoplasm. In contrast to our earlier assumptions (Affenzeller et al., 2009a,b) dictyosomes in Micrasterias are not disintegrated via autophagy. Although detailed studies on stress-induced dictyosomal disintegration are still missing there is also no evidence in the literature for autophagic degradation of dictyosomes in higher plant cells. Comprehensive articles that summarize selective autophagy in plants (Michaeli and Galili, 2014) report on autophagy of ER, mitochondria, plastids and peroxisomes, but not of dictyosomes.
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FIGURE 8. Schematic drawing of stress-induced degradation of dictyosomes in Micrasterias. (A) Control dictyosome with 11 cisternae (cis-side in red). (B) Beginning degradation, outermost cis- and trans-cisternae form balls. (C) Proceeding degradation and reduction of cisternal number. Cisternal balls include other cisternal balls. Numerous degradation products are visible close to the degrading dictyosome. (D) Dictyosome has completely disintegrated into balls. (E) The cisternal balls fuse with long, stress-induced ER cisternae. Reprinted with permission from Lütz-Meindl et al. (2015), Copyright© 2015 Royal Microscopical Society.



Nevertheless structural hallmarks for autophagy do occur in salt stress Micrasterias cells. Both in NaCl and KCl exposed cells double membranes deriving from the ER partially surround or completely engulf peroxisomes indicating pexophagy (Affenzeller et al., 2009b). It seems that this autophagic process accompanies salt stress induced PCD. After both treatments cell vitality drops after 12 h exposure and is reduced to about 10% of controls after 48 h KCl incubation. DNA of NaCl and KCl treated Micrasterias cells fragments into discrete pieces of about 180 bp, a process referred to as DNA laddering and regarded as hallmark for PCD both in plant and animal cells (for discussion see Affenzeller et al., 2009a,b). DNA laddering occurs only after NaCl and KCl stress in Micrasterias but not after iso-osmotic sorbitol stress indicating that the ionic rather than the osmotic component of salt stress induces PCD. This is also reflected in the kinetics of ROS production. Like in higher plant cells (Zhu, 2001, 2002) salt stress in Micrasterias also causes enhanced ROS formation. Whereas the ROS level increases continuously within 3 h during osmotic sorbitol stress in Micrasterias it rises dramatically within 5 min during KCl and NaCl stress and then drops down to control level within 3 h (Affenzeller et al., 2009b). Because ROS are known as regulatory signals in cellular defense including PCD in higher plant cells (Lin et al., 2006) these different kinetics may be crucial for the induction of PCD. That cell death provoked by salt stress in Micrasterias is an active process is indicated by the fact that all structural alterations as well as DNA laddering occur at a point of time when metabolism is still unaffected. This is indicated by measurements of respiration, photosynthetic activity and plastid pigment composition.

By means of TEM-coupled EELS and statistical analyses, the chloroplast was determined as the main site of ROS, respectively H2O2 production in salt stress exposed Micrasterias cells (Darehshouri and Lütz-Meindl, 2010). Precipitation with cerium chloride also showed increased H2O2 levels in mitochondria, the cytoplasm and at the plasma membrane. The latter indicates an activation of the plasma membrane associated NADPH oxidase by salt stress, whereas the high values in the cytoplasm may result from ROS release by chloroplast and mitochondria (Darehshouri and Lütz-Meindl, 2010).

In summary, these studies show that imbalance of ionic homeostasis induced by salt stress, as in higher plant cells and yeast (Huh et al., 2002) triggers PCD in the theoretically “immortal” alga Micrasterias. By comparison to cell death events evoked by oxidative stress (see above) it becomes evident that one and the same organism is capable of performing different PCD pathways. This suggests that different stress inductors may activate different cellular reactions. An increase in caspase-3-like activity as found after oxidative stress in Micrasterias (Darehshouri et al., 2008) cannot be measured during salt stress (Affenzeller et al., 2009b). In contrast, DNA laddering accompanying cell death after salt stress does not take place during oxidative stress.

Heavy Metal Impact

Increasing environmental pollution due to progressive traffic and industrial as well as agricultural production leads to the release of heavy metals into air, soil and water. Particularly aerosols generated by burning fossil fuels may enter ecosystems with high humidity such as peat bogs. It was demonstrated in several studies (e.g., Syrovetnik et al., 2004) that metals such as zinc, copper and cadmium may exceed the maximum permissible concentration in peat bogs by a factor of three or even higher. The low pH characteristic for peat bogs and ranging between 3.5 and 6.8 may increase the solubility of metals and thus enhances the threat to the ecosystem via accumulation of metals. Large-celled desmids such as Micrasterias growing exclusively under oligotrophic conditions are extremely sensitive to any contamination (Lenzenweger, 1996), particularly during their development.

Morphogenesis and cell development of M. denticulata are negatively affected by Zn, Al, Cd, Cr and Pb when applied at the highest concentrations that still allowed cell growth and decrease cell division rates in long-term experiments (Volland et al., 2011, 2012, 2014; Andosch et al., 2012). Correspondingly, photosynthetic activity measured by means of oxygen production and by fast chlorophyll fluorescence is reduced by almost all metals or completely abolished as in the case of CrVI. It reveals even negative values by application of low concentrated Cd (0.6 μM). Respiration in Micrasterias is markedly stimulated by every metal stress with highest values in Cu treated samples. This is not surprising as the repair and defense mechanisms induced by metal stress require high amounts of ATP. A similar increase in respiration during stress has been identified in Micrasterias during other stress scenarios (see above) and is also well known from stress response in higher plant cells (Larcher, 2001).

Plant cells and particular algae have different possibilities to cope with metal pollutants (see for example Rai and Gaur, 2001). In order to limit cytoplasmic metal concentrations they may attach metals to the extracellular matrix (cell wall and/or mucilage layer), actively excrete them into their surroundings or they may compartmentalize them in vacuoles or other storage compartments which frequently occurs by complexation by phytochelatines, metallothionines or strong chelators. To understand cellular metal detoxification and tolerance mechanisms it is thus important to determine intracellular targets of metals and to localize metals intracellularly. By means of TEM analyses and EELS (see above) that allows identification and semi-quantitive determination of element concentrations at highest possible spatial and energy resolution (see Lütz-Meindl, 2007) intracellular metal effects and sites of metal sequestration were determined in M. denticulata. It was shown that aluminum is only bound to the cell wall of Micrasterias when applied in long-term experiments. It was not found intracellularly but it induces abnormal depositions of primary material when applied during growth. This indicates that its binding to the cell wall matrix changes physical properties of the wall that account for the abnormal depositions and also for the shape malformations that are induced (for details and further discussion see Volland et al., 2011).

Similar results have been obtained after incubation of Micrasterias cells with lead that leads to severe cell shape malformation but is neither found in the cell wall nor in any intracellular compartment. It does not evoke any ultrastructural changes nor does it influence photosynthetic activity (Volland et al., 2014). It is therefore suggested as with Al, that Pb effects in Micrasterias are due to replacement of pectin-bound Ca2+ by the metal and that the arising changes in primary wall plasticity are responsible for the disturbed cell pattern formation. In fact Pb effects on cell shaping of Micrasterias could be almost completely abrogated by addition of Ca or Gd. The effects of inorganic lead in Micrasterias described above are in good agreement with findings of an earlier study where it was shown that PbCl2 caused bursting of the cells without any visible ultrastructural changes (Meindl and Röderer, 1990). In contrast, organic triethyl lead which was used as antiknock additive in fuels, evoked severe disturbance of the endomembrane system and of secondary cell wall formation.

High Ca2+-binding abilities of cell wall pectins have been shown for Al in Micrasterias (Volland et al., 2011) and have been suggested for Pb for example in moss (Krzeslowska et al., 2004). In this way the cell wall may act as a kind of filter by accumulating the metals thus preventing more severe intracellular damage. The result that Pb does not enter Micrasterias cells does not correspond to findings in higher plants, where Pb was frequently found to be taken up into the cytoplasm and to affect intracellular components (e.g., Jiang and Liu, 2010). It must be mentioned, however, that the considerable energy loss at the Pb M4,5 edge that was taken for identification of Pb by EELS and that induces unfavorable signal to noise ratios, may have prevented detection of low Pb amounts in Micrasterias cells (for discussion see Volland et al., 2014).

Zinc and copper were identified in cell wall precipitations of Micrasterias after long-term exposure (Volland et al., 2011). Additionally, both metals were found in mucilage vesicles which are secreted steadily in Micrasterias. Elimination of metals from the cytoplasm by using mucilage vesicles as fast vehicles seems to represents an important detoxification mechanism in Micrasterias. Increased mucilage production has been frequently observed in this alga under different stress scenarios. An increased number of structural interactions between mucilage vesicles and different cellular compartments are generally found in Micrasterias cells during stress. In lower number they are also visible in untreated high-pressure frozen Micrasterias cells in TEM (Aichinger and Lütz-Meindl, 2005) and have been interpreted as degradation and/or detoxification mechanisms for maintaining normal cellular turnover.

Zn is additionally compartmentalized in vacuoles of Micrasterias which become electron dense upon continuing Zn influence. Along with elevated oxygen levels in the same areas, a sequestration of Zn as oxide is indicated. A crucial role of the vacuole in metal detoxification has been frequently demonstrated in higher plants. In the metal-tolerant plants Cardaminopsis and Armeria (Neumann and zur Nieden, 2001; Heumann, 2002) as well as in Zea (Jiang et al., 2007) the vacuole was shown to be the main depot for Zn. In Micrasterias the relatively high tolerance to Zn concentrations up to 30 μM is probably due to the ability of the cell to compartmentalize the metal in the cell wall and in vacuoles and to excrete it via mucilage production (Volland et al., 2011). In its ability to survive relatively high Zn concentrations at least for a limited period of time Micrasterias corresponds to the Zn-tolerant green alga Stigeoclonium growing in polluted mining water and producing high amounts of phytochelatine-related peptides (Pawlik-Skowronska, 2003).

Among all metals investigated Cu is compartmentalized the best in Micrasterias. Besides sequestration in the cell wall and in mucilage vesicles Cu was also found as precipitates in starch grains where it may help to avoid toxic effects as long as starch is not catabolized (Volland et al., 2011). Long-term experiments revealed that non-growing Micrasterias cells can cope with low concentrated Cu for a limited period of time of 3 weeks as indicated by an only slight reduction of both photosynthetic efficiency and cell division rates. Nevertheless, as in other algae such as diatoms or the green algae Chlorella and Chlamydomonas (Nassiri et al., 1997; Mehta and Gaur, 1999; Franklin et al., 2000) Cu induces severe toxic effects in Micrasterias and leads to cell death in concentrations above 0.4 μM. The high redox potential of Cu ions may cause its extreme toxicity to algae that led to its use as algaecide.

Chromium widely used in industry and existing in two oxidative states has severe inhibitory effects on M. denticulata (Volland et al., 2012). Whereas cell development and pattern formation is almost completely suppressed by 1 mM solutions of both CrIII and CrVI, only CrVI evoked a complete arrest of cell divisions even when applied in the low concen-tration 5 μM for 3 weeks. Increased vacuolization, condensed cytoplasm, swollen mitochondria and involute dictyosomes were the main ultrastructural alterations after exposure of Micrasterias to CrVI. They are regarded as general stress hallmarks (see also salt- or other metal stress). Additionally and more specifically, electron dense precipitations in bag-like structures were found in random distribution along the inner side of the cell wall under CrVI impact. The latter structures contained Cr as measured by EELS along with elevated levels of iron and oxygen. As these Cr containing bags were located outside of the plasma membrane these results indicate that Cr is extruded from the Micrasterias cell in form of an iron-oxygen compound (Volland et al., 2012).

By means of atomic emission spectroscopy it was found that untreated Micrasterias control cells contain considerable amounts of about 1.3 g Fe/kg dry weight whereas the Cr content ranged around 5.8 mg/kg dry weight. When the cells are exposed to 10 μM CrVI, the Cr:Fe ratio shifted in favor of chromium from 1:200 to 1:1.5 after only 1 week. This implies that Cr in Micrasterias is taken up instead of Fe, which is also corroborated by the fact that divalent ions of Fe, Zn and Ca are able to diminish effects of Cr in Micrasterias (Volland et al., 2014). A similar competition between Cr, Fe, S and P for carrier uptake is also known from higher plant cells (Shanker et al., 2005) and Cr was shown to displace other metals and particularly Fe from reaction centers (Pandey and Sharma, 2003). In Micrasterias Cr uptake was decreased when the cells were treated with Fe prior to Cr exposure and Cr accumulations in “bags” were no longer measurable by EELS under these conditions. Cr also triggered rapid ROS formation in Micrasterias. Interestingly the induced ROS kinetics in Micrasterias followed a double peak, which is known to be indicative for oxidative burst known as defense mechanism in higher plants particularly as consequence of pathogen attack leading to PCD around the infection site (e.g., Mandal et al., 2011).

These investigations show that Cr in both oxidative states is readily taken up into the alga Micrasterias although Cr represents an unessential nutrient. Like in higher plant cells the highly water soluble anion CrVI is more toxic in Micrasterias than the cation CrIII. CrVI induces severe impact on ultrastructure and physiology of Micrasterias and interferes with Fe homeostasis.

Among all metals tested on Micrasterias cadmium was the only one that, though extremely toxic to physiology and ultrastructure of the cells, was not compartmentalized intracellularly at all (Volland et al., 2011; Andosch et al., 2012). Cd is highly water soluble and enters aquatic ecosystems and soils mainly as consequence of anthropogenic activities such as disposal of electronic components. It represents a severe threat to human health by getting into the food chain via accumulation by plants (Templeton and Liu, 2010). Besides its severe negative implications on cell pattern formation, growth, photosynthetic activity and cell division (see above) it induces dictyosomal disintegration and autophagy in Micrasterias in concentrations of 150 μM (Andosch et al., 2012). Even a 1 h exposure to Cd resulted in a dramatic disturbance of ultrastructure, morphology and function of dictyosomes. The 11 cisternae of a control Golgi stack of Micrasterias were reduced to a maximum of 4 on the one hand, whereas on the other hand dictyosomal clusters that have completely lost their cis-trans-polarity (Figure 9) were found in Cd exposed cells. Vesicles were no longer found at the cisternal rims or in surrounding of the dictyosomes indicating a loss in secretion activity. The remaining inoperable dictyosomes consisted of only a few ring-shaped cisternae that were frequently surrounded by dilated ER cisternae (Andosch et al., 2012). Different stages of autophagosomes and autophagic vacuoles enclosing organelles, cytoplasmic portions or mucilage vesicles were present. Although cell viability was not affected, prolonged treatment with Cd for 1 day resulted in an almost complete depletion of dictyosomes in Micrasterias.


[image: image]

FIGURE 9. Transmission electron microscopy micrograph of abnormal cluster of dictyosomes induced by treatment of Micrasterias with CdSO4. Scale bar 1 μm.



Similar to the results obtained during KCl stress, evidence was provided for a non-autophagic degradation of dictyosomes by means of FIB-SEM tomography also in Cd treated cells (Lütz-Meindl et al., 2015). Figures 10A–E show TEM images and a 3-D reconstruction of a dictyosome during beginning disintegration. Both at the cis- and the trans-side detached cisternae form balls whereas the remaining middle cisternae of a stack appear bent and their rims are markedly lacerated. This indicates that stress induced dictyosomal degradation follows the same way after salt stress and Cd exposure (see also Figure 8). Also the kinetics of ROS production during Cd exposure of Micrasterias corresponds to that during salt stress (Andosch et al., 2012). ROS production increases by a factor 7 within the first 30 min of Cd stress and drops down almost to control level after 4 days.


[image: image]

FIGURE 10. Dictyosome of Micrasterias after exposure to CdSO4. (A–C) Images from FIB-SEM series. (D,E) Different views of corresponding 3-D reconstruction. Dictyosomal cisternae from cis- to trans-side: light blue to violet. Cisternae form balls at cis- and trans-side, abnormal ER displayed in dark blue. Scale bars are 1 μm. Reprinted with permission from Lütz-Meindl et al. (2015), Copyright© 2015 Royal Microscopical Society.



There are several indications that Cd exerts its negative effects on cell development, physiology and ultrastructure of Micrasterias by disturbing Ca homeostasis (Andosch et al., 2012). For example, Cd induced disturbance of structural and functional integrity of dictyosomes in Micrasterias can be mimicked by thapsigargin an inhibitor of plant and animal Ca2+-ATPase. This corresponds to results obtained in yeast where it was shown that Cd may affect Ca dependent Golgi ATPases (Lauer et al., 2008) that are also present in plant Golgi membranes (Ordenes et al., 2002). Abnormal cluster formation of dictyosomes during Cd exposure (see above) suggests a disturbing effect on the actin cytoskeleton that positions the Golgi bodies in desmids (see e.g., Url et al., 1993), via disturbance of Ca levels. Moreover addition of Ca to the culture medium prior to Cd exposure has been shown to prevent adverse Cd effects both on chloroplast structure and on photosynthetic activity in Micrasterias (Andosch et al., 2012). Also, the calcium channel blocker Gd was able to almost completely reverse negative impact of Cd on developing Micrasterias cells (Volland et al., 2014).

The ameliorating effects of Ca on Cd induced ultrastructural and physiological disturbances in Micrasterias are not surprising because of the ionic similarities between Ca and Cd. This implies that Cd may substitute Ca in essential metabolic pathways and may for example also bind to calmodulin. In case of its photosynthesis inhibiting effect, it obviously displaces Ca from the catalytic core of the photosystem II-water-oxidizing complex as shown in higher plants (Bartlett et al., 2008). Addition of Ca to the culture medium may then reactivate photosynthesis by preventing Cd uptake and binding (see also Volland et al., 2014). As similar ameliorating effects were observed after addition of Fe it was concluded that uptake of Cd is mediated in Micrasterias cells via both Ca and Fe plasma membrane channels (Volland et al., 2014).

By means of UPLC-mass spectrometry it was shown that Cd induces formation of phytochelatins in Micrasterias (Volland et al., 2013). Phytochelatins are known to be involved in detoxification of metals in higher plants (Ernst et al., 2008), fungi (Krauss et al., 2011) and green algae such as Chlamydomonas (Bräutigam et al., 2009) and others. Identification of PC2, PC3, and PC4 after 3 weeks exposure to Cd was the first proof of phytochelatins in an alga of the division Streptophyta (Volland et al., 2013). As the glutathione level of Cd treated cells was not significantly elevated it is assumed that glutathione required for phytochelatin biosynthesis is constantly supplied. It remains to be investigated in which way phytochelatins are involved in Cd detoxification in Micrasterias. Phytochelatines were neither detected in control cells nor in Cu exposed Micrasterias cells.

In summary these results show that physiological reactions of Micrasterias to different metals are similar, comprising decrease in photosynthetic activity and cell division rates, ROS production and increased respiration thus corresponding essentially to those of higher plants. At an ultrastructural level, chloroplast structure as well as morphology and activity of the endomembrane system seem to be the main metal targets. Filtering by the extraplasmatic matrix (mucilage and/or cell wall), excretion by mucilage vesicles and intracellular compartmentalization seem to be the most important detoxification strategies of Micrasterias that allow survival of the cells at least within certain concentration and duration limits.

CONCLUSION AND OUTLOOK

This review shows that the alga Micrasterias is well suited as model system in plant cell biology for multiple reasons. The alga reveals an exceptional multipolar tip growth with several lobes developing simultaneously at the same plane. The continuously changing growing and non-growing zones of the primary cell wall allow for studying growth regulation in directly adjacent areas within one and the same cell and has high potential for providing insight into involvement of the cytoskeleton or ionic components in growth and cell shape formation. The alga develops two distinctly distinguishable cell walls that in their composition both resemble that of higher plant cells. The flexible highly pectic primary wall of Micrasterias is similar to cell walls in tip growing plant cells such as pollen tubes or root hairs and the protective thick cellulose-rich secondary wall corresponds to walls of non-growing higher plant parenchymatic cells. The extremely large dictyosomes that correspond to the large cell size provide excellent possibilities for investigating their function. They are enveloped by a huge ER sheath, consist of a constant number of 11 cisternae during the entire cell cycle and produce vesicle continuously even in non-growing periods. As most of their products are already well defined they lend themselves not only for basic cell biological studies on the function of the secretory machinery but represent also highly sensitive indicators for any kind of stress. Experimental or environmental impact on Micrasterias is easily recognizable not only by cell shape malformations but also by characteristic structural and functional reactions of the dictyosomes. They occur during high salinity or oxidative stress in the same way as during impact by different metal or herbicide pollutants indicating that dictyosomes in Micrasterias are highly sensitive stress sensors. Also degradation of dictyosomes under severe stress, achieved by detachment of single cisternae at both side of a Golgi stack occurs similarly during different stress scenarios. Degraded dictyosomes are absorbed by ER cisternae reflecting the high similarity between Golgi and ER membranes as also known from higher plant cells.

Despite their natural adaptation to oligotrophic, low salt-concentrated waters, Micrasterias cells are capable of coping with environmental pollution to a considerable degree. This is accomplished by an obvious physiological flexibility as well as by the capability of the Micrasterias cell of performing autophagy, and of compartmentalizing pollutants in cell walls and vacuoles, respectively, by excreting them via constant mucilage production. The molecular players that are involved in these processes as well as a possible regulation by signal molecules such as phytohomones remains to be investigated. Further establishment of molecular tools and sequencing of essential regulators combined with employment of high resolution 3-D microscopic techniques will enable the next steps for elucidating cell shape formation and for understanding intracellular stress response regulation. By its exceptional features and its close relation to higher land plants Micrasterias may help in detecting plant specific cellular processes and pathways that would remain undiscovered when only using “classical” model system such as Arabidopsis.
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The Streptophyta comprises all land plants and six main lineages of freshwater green algae: Mesostigmatophyceae, Chlorokybophyceae, Klebsormidiophyceae, Charophyceae, Coleochaetophyceae and Zygnematophyceae. Previous comparisons of the chloroplast genome from nine streptophyte algae (including four zygnematophyceans) revealed that, although land plant chloroplast DNAs (cpDNAs) inherited most of their highly conserved structural features from green algal ancestors, considerable cpDNA changes took place during the evolution of the Zygnematophyceae, the sister group of land plants. To gain deeper insights into the evolutionary dynamics of the chloroplast genome in streptophyte algae, we sequenced the cpDNAs of nine additional taxa: two klebsormidiophyceans (Entransia fimbriata and Klebsormidium sp. SAG 51.86), one coleocheatophycean (Coleochaete scutata) and six zygnematophyceans (Cylindrocystis brebissonii, Netrium digitus, Roya obtusa, Spirogyra maxima, Cosmarium botrytis and Closterium baillyanum). Our comparative analyses of these genomes with their streptophyte algal counterparts indicate that the large inverted repeat (IR) encoding the rDNA operon experienced loss or expansion/contraction in all three sampled classes and that genes were extensively shuﬄed in both the Klebsormidiophyceae and Zygnematophyceae. The klebsormidiophycean genomes boast greatly expanded IRs, with the Entransia 60,590-bp IR being the largest known among green algae. The 206,025-bp Entransia cpDNA, which is one of the largest genome among streptophytes, encodes 118 standard genes, i.e., four additional genes compared to its Klebsormidium flaccidum homolog. We inferred that seven of the 21 group II introns usually found in land plants were already present in the common ancestor of the Klebsormidiophyceae and its sister lineages. At 107,236 bp and with 117 standard genes, the Coleochaete IR-less genome is both the smallest and most compact among the streptophyte algal cpDNAs analyzed thus far; it lacks eight genes relative to its Chaetosphaeridium globosum homolog, four of which represent unique events in the evolutionary scenario of gene losses we reconstructed for streptophyte algae. The 10 compared zygnematophycean cpDNAs display tremendous variations at all levels, except gene content. During zygnematophycean evolution, the IR disappeared a minimum of five times, the rDNA operon was broken at four distinct sites, group II introns were lost on at least 43 occasions, and putative foreign genes, mainly of phage/viral origin, were gained.

Keywords: Streptophyta, charophytes, phylogenomics, plastid DNA, large inverted repeat, chloroplast genome evolution, genome rearrangements, group II introns

INTRODUCTION

The green plants, also referred to as Viridiplantae or Chloroplastida, split early (1200-700 Mya) into two main clades, the Chlorophyta and Streptophyta (Lewis and McCourt, 2004; Leliaert et al., 2012; Becker, 2013), and about 470 Mya, green algae from the Streptophyta gave rise to all land plants (Gensel, 2008; Becker and Marin, 2009; Kenrick et al., 2012). The streptophyte green algae, also called charophyte algae, inhabit freshwater environments and display a variety of cellular organizations, ranging from unicellular (e.g., Mesostigma viride, the only species of the Mesostigmatophyceae and some species of the Zygnematophyceae), to packets of cells (Chlorokybus atmophyticus) or filaments (Klebsormidiophyceae and Zygnematophyceae), and to multicellular organization (Coleocheotophyceae and Charophyceae) (Graham et al., 2000; McCourt et al., 2004; Umen, 2014). Identifying which of the six main lineages of streptophyte algae is the closest to land plants proved to be challenging (Karol et al., 2001; Turmel et al., 2006, 2007, 2013; Laurin-Lemay et al., 2012; Zhong et al., 2013); but there is now solid evidence based on both nuclear (Wodniok et al., 2011; Laurin-Lemay et al., 2012; Timme et al., 2012; Zhong et al., 2013; Wickett et al., 2014) and chloroplast phylogenomic studies that the Zygnematophyceae is sister to all land plants (Turmel et al., 2006; Turmel et al., 2007; Civan et al., 2014; Zhong et al., 2014). This morphologically diverse group comprises all green algae that reproduce sexually by conjugation and is the only streptophyte algal class that displays substantial diversity (at least 4000 species) (Gerrath, 2003), with several major lineages identified on the basis of the nuclear-encoded small subunit (SSU) rDNA and chloroplast-encoded rbcL gene sequences (Gontcharov et al., 2003, 2004), or on the basis of the chloroplast and mitochondrial psaA, rbcL and cox3 genes (Hall et al., 2008). Based on the structure of the cell wall, the Zygnematophyceae has been divided into two orders: the Zygnematales feature a smooth cell wall (the ancestral trait) and the Desmidiales an ornamented and segmented cell wall (McCourt et al., 2000; Gerrath, 2003). Cell division in the three earliest-diverging lineages of the Streptophyta, the Mesostigmatophyceae, Chlorokybophyceae and Klebsormidiophyceae, occurs by furrowing, but as in land plants, the morphologically more complex Charophyceae and Coleocheotophyceae use a mechanism of cell division involving a phragmoplast and possess cell walls with plasmodesmata (Graham et al., 2000; McCourt et al., 2004).

To date, only nine chloroplast genome sequences of streptophyte algae are available in public databases: four for the Zygnematophyceae and a single genome for each of the remaining streptophyte algal lineages (Lemieux et al., 2000; Turmel et al., 2002, 2005, 2006; Lemieux et al., 2007; Civan et al., 2014). From their gene contents, which vary from 114 to 138 standard genes (i.e., genes whose orthologs are usually found in the chloroplast of photosynthetic eukaryotes), it was predicted that 144 unique standard genes were present in the common ancestor of all streptophytes (Turmel et al., 2006). Comparisons of streptophyte algal genomes with their land plant counterparts revealed that a large fraction of the structural features typically conserved in land plant chloroplast DNAs (cpDNAs) were inherited from streptophyte green algae occupying early diverging lineages (Turmel et al., 2006, 2007; Civan et al., 2014). For instance, 15 of the 21 group II introns found in land plants arose before the emergence of the Klebsormidiophyceae or during the evolutionary interval separating the latter lineage from the Charophyceae (Turmel et al., 2006, 2007; Civan et al., 2014). It was also inferred that the chloroplast genome remained unchanged or mostly unchanged in terms of gene content, gene order, and intron content during the transition from streptophyte algae to land plants (Turmel et al., 2006, 2007). In contrast, extensive gene shuﬄing and substantial structural alterations, including multiple intron losses, took place within the Zygnematophyceae (Turmel et al., 2005; Civan et al., 2014). The highly conserved quadripartite structure of green plant cpDNAs — a structure characterized by two copies of a large inverted repeat (IR) sequence encoding the rRNA operon, which are separated from one another by small and large single-copy (SSC and LSC) regions — was found in only one of the analyzed zygnematophyceans (Roya anglica); however, this IR contains a broken rRNA operon and two open reading frames (ORFs) not previously reported in other streptophyte IRs (Civan et al., 2014). This observation led Civan et al. (2014) to propose that either the IR was lost on three independent occurrences during the evolution of the Zygnematophyceae or that it arose de novo from an ancestor lacking an IR. In Klebsormidium flacccidum, the IR is also unusual with regards to its exceptionally large size and its apparent lack of the 4.5S and 5S rRNA genes from the rRNA operon (Civan et al., 2014).

Sampling of additional streptophyte algal taxa is required to better understand the evolutionary history of the chloroplast genome in the Zygnematophyceae and its evolutionary dynamics in other classes. Toward these goals, we sequenced the chloroplast genomes of the klebsormidiophyceans Entransia fimbriata and Klebsormidium spec. SAG 51.86, the coleochaetophycean Coleochaete scutata, and six zygnematophyceans that were selected to represent distinct lineages in the SSU rDNA and rbcL phylogenies reported by Gontcharov et al. (2004): Cylindrocystis brebissonii, Netrium digitus, Roya obtusa and Spirogyra maxima belong to the Zygnematales, while Cosmarium botrytis and Closterium baillyanum represent the Desmidiales. Our comparative analyses of these genomes with their previously described streptophyte green algal counterparts indicate that the large IR was involved in major structural changes (IR losses or expansion/contraction) in all three sampled classes and that genes underwent extensive shuﬄing in both the Klebsormidiophyceae and the Zygnematophyceae.

MATERIALS AND METHODS

Strains and Culture Conditions

Strains of Klebsormidium sp. SAG 51.86, Coleochaete scutata SAG 110.80M, Closterium baillyanum SAG 50.89, Cylindrocystis brebissonii SAG 615-1, and Roya obtusa SAG 168.80 were obtained from the culture collection of algae at the University of Goettingen1, whereas Entransia fimbriata UTEX LB 2353, Cosmarium botrytis UTEX 175, Netrium digitus UTEX LB 561, and Spirogyra maxima UTEX LB 2495 originated from the culture collection of algae at the University of Texas in Austin2. All strains were grown in medium C (Andersen, 2005) at 18°C under alternating 12-h light/dark periods.

Genome Assemblies and Sequence Analyses

For all strains, except Cosmarium and Cylindrocystis, total cellular DNA was extracted as described (Turmel et al., 1999a) and A + T-rich organellar DNA was separated from nuclear DNA by CsCl-bisbenzimide isopycnic centrifugation (Lemieux et al., 2014). Total cellular DNA from Cosmarium and Cylindrocystis was isolated using the EZNA HP Plant Mini Kit of Omega Bio-Tek (Norcross, GA, USA).

For Illumina sequencing of the Closterium, Cosmarium, and Cylindrocystis chloroplast genomes, libraries of 700-bp fragments were constructed using the TrueSeq DNA Sample Prep Kit (Illumina, San Diego, CA, USA) and paired-end reads were generated on the Illumina HiSeq 2000 (100-bp reads) or the MiSeq (300-bp reads) sequencing platforms by the Innovation Centre of McGill University and Génome Québec3 and the “Plateforme d’Analyses Génomiques de l’Université Laval4,” respectively. Reads were assembled using Ray v2.3.1 (Boisvert et al., 2010) and contigs were visualized, linked and edited using CONSED v22 (Gordon et al., 1998). Contigs of chloroplast origin were identified by BLAST searches against a local database of organelle genomes. Regions spanning gaps in cpDNA assemblies were amplified by polymerase chain reaction (PCR) with primers specific to the flanking sequences. Purified PCR products were sequenced using Sanger chemistry with the PRISM BigDye Terminator Ready Reaction Cycle Sequencing Kit (Applied Biosystems, Foster City, CA, USA) on ABI model 373 or 377 DNA sequencers (Applied Biosystems).

For 454 sequencing of the Entransia, Netrium, Roya and Spirogyra chloroplast genomes, shotgun libraries (700-bp fragments) of A + T-rich DNA fractions were constructed using the GS-FLX Titanium Rapid Library Preparation Kit of Roche 454 Life Sciences (Branford, CT, USA). Library construction and 454 GS-FLX DNA Titanium pyrosequencing were carried out by the “Plateforme d’Analyses Génomiques de l’Université Laval5.” Reads were assembled using Newbler v2.5 (Margulies et al., 2005) with default parameters, and contigs were visualized, linked and edited using CONSED v22 (Gordon et al., 1998). Identification of cpDNA contigs and gap filling were performed as described above for Illumina sequence assemblies.

For Sanger sequencing of the Klebsormidium and Coleochaete chloroplast genomes, random clone libraries were prepared from 1500 to 2000-bp fragments derived from A + T rich DNA fractions using the pSMART-HCKan (Lucigen Corporation, Middleton, WI, USA) plasmid. Positive clones were selected by hybridization of each plasmid library with the original DNA used for cloning. DNA templates were amplified using the Illustra TempliPhi Amplification Kit (GE Healthcare, Baie d’Urfé, Canada) and sequenced with the PRISM BigDye terminator cycle sequencing ready reaction kit (Applied Biosystems) on ABI model 373 or 377 DNA sequencers (Applied Biosystems), using SR2 and SL1 primers as well as oligonucleotides complementary to internal regions of the plasmid DNA inserts. The resulting sequences were edited and assembled using Sequencher v5.1 (Gene Codes Corporation, Ann Arbor, MI, USA). Genomic regions not represented in the sequence assemblies or plasmid clones were directly sequenced from PCR-amplified fragments using primers specific to the flanking contigs.

Genes and ORFs were identified on the final assemblies using a custom-built suite of bioinformatics tools as described previously (Turmel et al., 2006). tRNA genes were localized using tRNAscan-SE v1.3.1 (Lowe and Eddy, 1997). Intron boundaries were determined by modeling intron secondary structures (Michel et al., 1989; Michel and Westhof, 1990) and by comparing intron-containing genes with intronless homologs. Circular genome maps were drawn with OGDraw v1.2 (Lohse et al., 2007). Genome-scale sequence comparisons of the pairs of Roya and Klebsormidium species were carried out with LAST v7.1.4 (Frith et al., 2010). For all compared genomes, G + C contents of a set of 88 protein-coding genes were determined at the three codon positions using DAMBE v5 (Xia, 2013).

To estimate the proportion of small repeated sequences, repeats ≥ 30 bp were retrieved using REPFIND of the REPuter v2.74 program (Kurtz et al., 2001) with the options -f -p -l -allmax and were then masked on the genome sequences using RepeatMasker6 running under the Crossmatch search engine7. The G+C contents of the repeated and unique sequences were calculated from the outputs of RepeatMasker that were generated with the -xsmall option (under this option the repeat regions are returned in lower case and non-repetitive regions in capitals in the masked file).

Phylogenetic Analyses

The chloroplast genomes of 28 streptophyte taxa were used to generate the analyzed amino acid (PCG-AA) and nucleotide (PCG12) data sets. The latter were assembled from the following 88 protein-coding genes: accD, atpA, B, E, F, H, I, ccsA, cemA, chlB, I, L, N, clpP, ftsH, infA, ndhA, B, C, D, E, F, G, H, I, J, K, odpB, petA, B, D, G, L, N, psaA, B, C, I, J, M, psbA, B, C, D, E, F, H, I, J, K, L, M, N, T, Z, rbcL, rpl2, 14, 16, 20, 21, 22, 23, 32, 33, 36, rpoA, B, C1, C2, rps2, 3, 4, 7, 8, 11, 12, 14, 15, 16, 18, 19, ycf1, 3, 4, 12, 62, 66.

The PCG-AA data set was prepared as follows: the deduced amino acid sequences from the 88 individual genes were aligned using MUSCLE v3.7 (Edgar, 2004), the ambiguously aligned regions in each alignment were removed using TrimAl v1.3 (Capella-Gutierrez et al., 2009) with the options block = 6, gt = 0.7, st = 0.005 and sw = 3, and the protein alignments were concatenated using Phyutility v2.2.6 (Smith and Dunn, 2008). Phylogenies were inferred from the PCG-AA data set using the maximum likelihood (ML) and Bayesian methods. ML analyses were carried out using RAxML v8.2.3 (Stamatakis, 2014) and the GTR + Γ4 model of sequence evolution; in these analyses, the data set was partitioned by gene, with the model applied to each partition. Confidence of branch points was estimated by fast-bootstrap analysis (f = a) with 100 replicates. Bayesian analyses were performed with PhyloBayes v4.1 (Lartillot et al., 2009) using the site-heterogeneous CATGTR + Γ4 model (Lartillot and Philippe, 2004). Five independent chains were run for 2,000 cycles and consensus topologies were calculated from the saved trees using the BPCOMP program of PhyloBayes after a burn-in of 500 cycles. Under these conditions, the largest discrepancy observed across all bipartitions in the consensus topologies (maxdiff) was 0.0007, indicating that convergence between the chains was achieved.

The PCG12 nucleotide data set (first and second codon positions) was prepared as follows. The multiple sequence alignment of each protein was converted into a codon alignment, the poorly aligned and divergent regions in each codon alignment were excluded using Gblocks v0.91b (Castresana, 2000) with the -t = c, -b3 = 5, -b4 = 5 and -b5 = half options, and the individual gene alignments were concatenated using Phyutility v2.2.6 (Smith and Dunn, 2008). The third codon positions of the resulting PCG123 alignment were then excluded using Mesquite v3.04 (Maddison and Maddison, 2015) to produce the PCG12 data set. ML analysis of the PCG12 data set was carried out using RAxML v8.2.3 (Stamatakis, 2014) and the GTR + Γ4 model of sequence evolution. This data set was partitioned into gene groups, with the model applied to each partition. Confidence of branch points was estimated by fast-bootstrap analysis (f = a) with 100 replicates.

dN, dS and dN/dS trees were inferred from a tufA codon alignment prepared as described above using PAML v4.8a (Yang, 2007) and the F3X4 codon frequencies model implemented in codeml. Positive selection was tested across the tufA sequences using the PARRIS module implemented in Datamonkey (Delport et al., 2010).

Analyses of Gene Order and Reconstruction of Genomic Character Evolution

Syntenic regions in pairwise genome comparisons were identified using a custom-built program and the number of gene reversals between the compared genomes was estimated with GRIMM v2.01 (Tesler, 2002). The same custom-built program was employed to convert gene order to all possible pairs of signed genes (i.e., taking into account gene polarity); the gene pairs conserved in three or more genomes were visualized using Mesquite v3.04 (Maddison and Maddison, 2015). Gains and/or losses of genomic characters (standard genes, introns and gene pairs) were mapped on the streptophyte tree topology inferred in this study using MacClade v4.08 (Maddison and Maddison, 2000) and the Dollo principle of parsimony.

A ML tree based on gene adjacency was inferred using the phylogeny reconstruction option of the MLGO web server (Hu et al., 2014) and a gene order matrix containing all standard genes (including all copies of duplicated genes). Confidence of branch points was estimated by 1000 bootstrap replications. A gene reversal tree with the same topology as the MLGO tree was also computed; branch lengths were estimated using the -t option of MGR v2.03 (Bourque and Pevzner, 2002) and a gene order matrix of the 89 genes shared by all compared genomes; because MGR cannot handle duplicated genes, only one copy of the IR and of each duplicated gene was included in this analysis.

Availability of Supporting Data

The chloroplast genome sequences generated in this study are available in the GenBank database under the accession numbers KU646489-KU646497. The data sets supporting the results of this article are available in the TreeBASE repository (Study ID 19085).

RESULTS

General Features

The chloroplast genomes of the nine sampled taxa, except that of Klebsormidium sp. SAG 51.86, were entirely sequenced and assembled as circular-mapping molecules (Figures 1–4). Although these genomes assembled as circles, it is possible that they exist in vivo as multi-genomic, linear-branched structures, as reported for land plant cpDNAs (Bendich, 2004). Their sizes range from 107 (for Coleochaete) to 208 kb (for Cosmarium) (Figures 1–4). Genome size variation is also important among lineages of the same class, in particular within the Zygnematophyceae where the variation is 1.6-fold (from 130 kb in Spirogyra to 208 kb in Cosmarium). Within the Klebsormidiophyceae, differences in IR size, intron content, and lengths of intergenic regions essentially account for the increased size of the Entransia genome (206 kb) compared to that of Klebsormidium flaccidum (177 kb) (Table 1; Figure 5). Note that we detected an IR in the partially sequenced Klebsormidium sp. SAG 51.86 genome but were unable to identify the IR/SSC junction; 91% of this 130,962-kb genome sequence could be aligned with the Klebsormidium flaccidum genome in a strictly colinear fashion, highlighting the absence of just two genes [trnN(guu) and ccsA] and a total of 7,551 divergent positions, i.e., 6.3% of the aligned sequence. Within the Coleochaetophyceae, the 24-kb difference between the Chaetosphaeridium and Coleochaete genomes is largely due to the absence of the IR and of eight genes, as well as to shorter intergenic regions in Coleochaete (Table 1; Figure 5). For the Zygnematophyceae, the observed genome size variation is attributable to combinations of all the abovementioned factors (Table 1; Figure 5). Only half of the six newly sequenced zygnematophycean genomes display an IR: the 12.6-kb IR of Roya obtusa is about two-fold smaller than those of Closterium and Cosmarium, but is about the same size as that found in the coleochaetophycean Chaetosphaeridium. The newly sequenced zygnematophycean genomes also differ greatly in intron content. For instance, the Closterium and Cosmarium genomes, which are the largest among the examined zygnematophyceans, display the lowest and highest numbers of introns, respectively; moreover, they exhibit the highest proportion of repeats ≥ 30 bp (Table 1). Note that the alignment of the Roya obtusa and Roya anglica cpDNAs revealed that these genomes are colinear over their entire length and that their sequences diverge at only 74 sites (i.e., 0.05% divergence), 12 of which are indels of 1, 2, or 4 nucleotides.
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FIGURE 1. Gene map of the Entransia chloroplast genome. Filled boxes represent genes, with colors denoting gene categories as indicated in the legend; the red thick lines denote the positions of the IR sequences. Genes on the outside of each map are transcribed counterclockwise; those on the inside are transcribed clockwise. The green thick lines in the second outermost middle ring represent the gene clusters conserved between the Entransia and Klebsormidium flaccidum cpDNAs. The genes shown in red are present in Klebsormidium but are missing in Entransia; the arrows associated with these genes point to the cpDNA regions where they are located in Klebsormidium. The innermost ring indicates the positions of the IR, SSC, and LSC regions, and the gray histogram represents the G + C percentages calculated with OGDRAW (light gray, A + T; dark gray, G + C).
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FIGURE 2. Gene map of the Coleochaete chloroplast genome. Filled boxes represent genes, with colors denoting gene categories as indicated in the legend. Genes on the outside of each map are transcribed counterclockwise; those on the inside are transcribed clockwise. The green thick lines in the second outermost middle ring represent the gene clusters conserved between the Coleochaete and Chaetosphaeridium cpDNAs. The genes shown in red are present in Chaetosphaeridium but are missing in Coleochaete; the arrows associated with these genes point to the cpDNA regions where they are located in Chaetosphaeridium. The gray histogram on the inside of each map represents the G + C percentages calculated with OGDRAW (light gray, A + T; dark gray, G + C).
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FIGURE 3. Gene maps of the Cylindrocystis (A), Spirogyra (B), and Netrium (C) chloroplast genomes. Filled boxes represent genes, with colors denoting gene categories as indicated in the legend. Genes on the outside of each map are transcribed counterclockwise; those on the inside are transcribed clockwise. The green thick lines in the second outermost middle rings represent the gene clusters conserved between the Cylindrocystis and Zygnema cpDNAs (A), the Spirogyra and Netrium cpDNAs (B), and the Netrium and Roya cpDNAs (C). The gray histogram on the inside of each map represents the G + C percentages calculated with OGDRAW (light gray, A + T; dark gray, G + C).
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FIGURE 4. Gene maps of the Closterium (A) and Cosmarium (B) chloroplast genomes. Filled boxes represent genes, with colors denoting gene categories as indicated in the legend; the red thick lines denote the positions of the IR sequences. Genes on the outside of each map are transcribed counterclockwise; those on the inside are transcribed clockwise. The green thick lines in the second outermost middle rings represent the gene clusters conserved between the Closterium and Roya cpDNAs (A) and the Cosmarium and Staurastrum cpDNAs (B). The innermost ring indicates the positions of the IR, SSC and LSC regions. The innermost ring indicates the positions of the IR, SSC and LSC regions, and the gray histogram represents the G + C percentages calculated with OGDRAW (light gray, A + T; dark gray, G + C).



TABLE 1. General features of the streptophyte green algal chloroplast genomes compared in this study.
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FIGURE 5. Sizes of genomic regions and different types of sequences in the streptophyte chloroplast genomes compared in this study. The sizes of the SSC, IR and LSC regions are shown in the upper panel, whereas the sizes of coding, intronic, intergenic and small repeated sequences (≥30 bp) are shown in the lower panel. Note that intron-encoded genes were not considered as coding sequences but rather as intron sequences. The phylogenetic relationships among the taxa examined are also presented (see Figure 6 for details).



G + C content at the genome level varies from 26.2 to 42.2%, and at the high end of this range are found the cpDNAs of Chlorokybus, Klebsormidium flaccidum and of the zygnematophyceans Mesotaenium, Closterium and Cosmarium (Table 1). Although coding regions have generally a higher G + C content than introns and intergeneric regions, the Cosmarium genome harbors an excess of guanines and cytosines in its intergenic regions compared to the rest of the genome sequence (Supplementary Figure S1A). The Klebsormidium flaccidum and Mesotaenium coding regions display the highest G + C content at the first, second and third codon positions (Supplementary Figure S1B). The dispersed repeats present in both the Closterium and Cosmarium genomes are richer in G + C than unique sequences (52.5 and 60.7% versus 38.6 and 38.5%, respectively).

Phylogenomic Analyses

Before moving on to other comparative genome analyses, we provide here the phylogenetic context that will be necessary to interpret the results of these analyses. We analyzed an amino acid data set (PCG-AA, 18,646 sites) and a nucleotide data set (PCG12, 38,354 sites), both derived from the same set of 88 chloroplast protein-coding genes from 28 streptophytes — 18 algae and ten selected land plants — using the Bayesian and/or ML methods (Figure 6). Missing data account for only 5.2% of each data set. Regardless of the data set or the reconstruction method used, identical relationships were recovered for the streptophyte algae, with the Zygnematophyceae being sister to land plants. In the latter algal class, Mesotaenium represents the earliest-diverging lineage and is followed by the clade formed by Zygnema and Cylindrocystis, and next by the Spirogyra and Netrium lineages. The two Roya species, which also belong to the Zygnematales order, are sister to the desmidialean clade uniting Closterium with Cosmarium and Staurastrum. All the nodes associated with the streptophyte algal lineages received strong statistical support in the ML protein tree, except the inner node subtending the branch leading to Spirogyra and its sister lineages. The protein and gene phylogenies differed only with respect to the branching order of the bryophyte lineages.
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FIGURE 6. Phylogeny of streptophytes inferred using amino acid and nucleotide data sets assembled from 88 chloroplast protein-coding genes. The best-scoring tree inferred with Phylobayes from the PCG-AA data set under the CATGTR + Γ4 model is presented. Mesostigma and Chlorokybus were used as outgroup. Bootstrap support (BS) and posterior probability (PP) values are reported on the nodes: on top from left to right, are shown the BS values for the RAxML analyses of the PCG-AA and PCG12 data sets, respectively; the PP values of the Phylobayes CATGTR + Γ4 analysis are presented under the BS values. A black dot indicates that the corresponding branch received maximum support in all three analyses; a dash represents a BS value <50%. The scale bar denotes the estimated number of amino acid substitutions per site. The GenBank accession numbers of the streptophyte algal chloroplast genomes included in the PCG-AA and PCG12 data sets are provided in Table 1. The GenBank accession numbers of the land plant chloroplast genomes are as follows: Marchantia polymorpha NC_001319, Physcomitrella patens NC_005087, Syntrichia ruralis NC_012052, Anthoceros formosae NC_004543, Huperzia lucidula NC_006861, Pinus thunbergii NC_001631, Oryza sativa NC_001320, Acorus calamus NC_007407, Arabidopsis thaliana NC_000932, Nicotiana tabacum NC_001879.



Gene Content

Standard Genes

All compared genomes share a set of 90 genes coding for three rRNAs (rrs, rrl and rrf), 24 tRNAs, and 63 proteins (see legend of Figure 7). Therefore, of the 144 standard genes predicted to have been present in the common ancestor of all streptophytes, 54 (42 protein-coding genes, 11 tRNA genes and the ssrA gene coding for tmRNA) experienced losses from the chloroplast during diversification of streptophyte algae (Figure 7). A total of 103 gene losses was inferred by mapping these genes on the phylogeny shown in Figure 6. Only 26 of these events occurred once, many of which represent signatures uniting different streptophyte classes or divergent lineages belonging to the same class.
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FIGURE 7. Mapping of gene losses on the streptophyte phylogeny inferred in this study. Of the 144 genes that were present in the common ancestor of the 20 compared streptophytes, 90 were retained in all taxa: atpA, B, E, F, H, I, cemA, chlB, L, N, clpP, ftsH, ndhA, B, C, D, E, F, G. H, I, J, petA, B, D, G, L, psaA, B, C, I, J, psbA, B, C, D, E, F, H, I, J, K, L, M, N, T, Z, rbcL, rpl2, 20, 33, 36, rpoB, C1, C2, rps2, 8, 11, 18, 19, rrf, rrl, rrs, ycf1, 4, 12, trnA(ugc), C(gca), D(guc), E(uuc), F(gaa), G(gcc), H(gug), I(cau), I(gau), K(uuu), L(uaa), L(uag), Me(cau), Mf(cau), N(guu), P(ugg), Q(uug), R(acg), R(ucu), S(gcu), S(gga), S(uga), W(cca), Y(gua). The genes denoted by the dark blue rectangles represent synapomorphic losses, while the genes denoted by the triangles indicate homoplasic losses (light blue symbols, ≤3 independent losses; brown symbols, more than three independent losses).



Subsequent to the losses of three genes during the evolutionary period preceding the emergence of the common ancestor of Chaetosphaeridium and Coleochaete, eight genes disappeared in the lineage leading to Coleochaete. The reduced number of genes in klebsormidiophyceans is the result of eight gene losses that occurred during the interval leading to the common ancestor of the Klebsormidium and Entransia genera and of 22 gene losses that occurred in the lineages leading to Klebsormidium and Entransia. Note that the rrf gene encoding the 5S rRNA is not included in the list of Klebsormidium losses; Civan et al. (2014) failed to identify this gene in [GenBank:NC_024167] but we discovered its highly divergent sequence at coordinate positions 92980–93102 and 156632–156510 during the course of this study. We also found the 3′ rrl sequence that was reported to be missing in the same alga (Civan et al., 2014); this sequence corresponds to the 4.5S rRNA that is part of the land plant large-subunit rRNA. The complete rrl gene spans coordinate positions 89958–92857 and 159654–156755 in the Klebsormidium genome [GenBank:NC_024167].

Of the 123 genes predicted to have been present in the common ancestor of all land plants, fewer than five are missing in the Zygnematophyceae. Netrium is missing rpl32, and in addition to the latter gene, Zygnema is missing rpl22 and Spirogyra trnS(cga). The cysA and cysT genes encoding components of the sulfate transport system are found in early-diverging lineages of the Zygnematophyceae (Zygnema, Cylindrocystis, Spirogyra and Netrium) but are missing in all other streptophyte lineages, except in the basal Mesostigmatophyceae and Chlorokybophyceae.

The gene loss scenario discussed above does not include trnK(cuu), a tRNA gene found exclusively in the zygnemataleans Mesotaenium and Closterium. BlastN similarity searches against the non-redundant database of NCBI indicated that this gene arose from duplication and subsequent sequence divergence of trnN(guu). Prior to our study, the trebouxiophycean Stichococcus bacillaris was the only known green alga carrying trnK(cuu) in its chloroplast; however, it was found to originate from duplication of trnK(uuu) (Turmel et al., 2015).

Increased Mutation Rates of tufA in the Coleochaetophyceae

The Coleochaete scutata tufA gene encoding the protein synthesis factor Tu has retained an intact open reading frame but like its Chaetosphaeridium and Coleochaete orbicularis counterparts, it is highly divergent in sequence compared to the corresponding genes found in Mesostigma, Chlorokybus and Chara. Our alignment of streptophyte tufA sequences also revealed a marked G + C bias at the third codon positions of the Klebsormidium sequence. We calculated dN, dS and dN/dS branch lengths for tufA based on the relationships we inferred in Figure 6 and found that the dN branches subtending and within the Coleochaete + Chaetosphaeridium clade are very long compared to all other examined streptophyte algae (Figure 8). The long branch subtending the Coleochaete + Chaetosphaeridium clade in the dN/dS tree might suggest that tufA experienced positive selection during early evolution of coleochaetophyceans. However, no evidence for positive selection across the tufA sequence (P < 0.1) was obtained in the likelihood ratio test implemented in the PARRIS module of Datamonkey (Delport et al., 2010).
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FIGURE 8. Accelerated evolution of tufA in the Coleochaetophyceae. dN, dS and dN/dS branch lengths were calculated using PAML v4.8a and the streptophyte tree topology inferred in this study.



Non-standard Genes

Freestanding ORFs showing similarities (E-value threshold of 1e-08) with recognized protein domains were identified in zygnematophycean chloroplast genomes (Table 2). They encode type II intron maturases (MatK), a phage DNA primase and DNA breaking-rejoining enzymes (recombinase/integrase).

TABLE 2. Non-standard genes identified as freestanding ORFs in the chloroplast genomes compared in this study.
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The Roya obtusa genome contains an ORF (orf230, coordinates 102713-103405 in GenBank:KU646496) that is similar to chloroplast ORFs present in Roya anglica and two ferns of the Ophioglossaceae, Mankyua chejuensis and Ophioglossum californicum. In addition, the psbJ-petA intergenic regions of Netrium, Roya obtusa, Closterium, and Cosmarium display an ORF encoding a hypothetical protein resembling those encoded at the same genomic locations in Zygnema, Roya anglica, and Staurastrum. The alignment of these hypothetical proteins indicates that the N-terminal portion is the most conserved (Supplementary Figure S2); however, given the small size and close proximity of this region to the 3′ end of petA, the corresponding DNA sequence possibly represents a conserved regulatory sequence.

In Klebsormidium sp. SAG 51.86 cpDNA, orf453 encodes a protein with reverse transcriptase (RT) and intron maturase domains that is highly similar to a freestanding ORF annotated as matK in the corresponding sequence of the Klebsormidium flaccidum genome. This coding sequence is more likely to be part of the group II intron fragment linked with psbA exon 1, and consistent with this view, it shows less similarity to the matK genes encoded by trnK(uuu) introns than with the ORFs encoded by other group II introns (e.g., those in Pyramimonas parkeae atpB, Tydemania expeditionis psbC and Jenufa minuta psbB).

Intron Distribution

Introns in streptophyte algal cpDNAs are inserted at 38 distinct sites, 22 of which are shared with most land plants [21 group II intron sites and the trnL(uaa)_35 group I intron site]. Only four sites hold group I introns (rrl_2449, rrl_2500, rrl_2593, and trnL(uaa)_35). Figure 9 shows the scenario of chloroplast intron gains and losses that we reconstructed by mapping the presence/absence of introns on the phylogeny inferred in this study. All streptophyte algal genomes, except Mesostigma and Klebsormidium cpDNAs, contain the trnL(uaa)_35 intron. Group II introns shared with land plants were acquired during four distinct evolutionary intervals (these branches are denoted by roman numerals in Figure 9), but most of these introns were later lost on one or more occasions. Within the Zygnematophyceae, 43 events of intron losses involving 18 sites were recorded; only the trans-spliced rps12_114 and the cis-spliced rpl16_9 and trnG(ucc)_23 introns were spared from losses. The trnI(gau)_39 and trnV(uac)_37 introns were lost before the emergence of this clade.
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FIGURE 9. Gains and losses of chloroplast introns during streptophyte evolution. These events were inferred using MacClade v4.08 and the streptophyte topology shown in Figure 6. The introns denoted by squares represent synapomorphic gains, while those denoted by triangles represent homoplasic gains (red symbols) and losses (blue symbols). Intron losses resulting from losses of the host genes are not shown. The legend indicates the correspondence between character numbers and intron sites; characters 1–34 and 35–38 denote group II and group I introns, respectively. The group II introns shared between streptophyte algae and land plants (those denoted by asterisks) were acquired along the four branches identified by roman numerals.



The only ORF-containing group II introns that streptophyte algae share with land plants are the trnK(uuu)_37 and trans-spliced rps12_114 introns, but the ORF is not conserved in all algal taxa carrying these introns. The ORF encoding the intron maturase MatK is missing from the trnK(uuu)_37 introns of Coleochaete and the Klebsormidiophyceae, and there is no trnK(uuu)_37 intron in the early diverging zygnematophyceans Mesotaenium, Cylindrocystis and Zygnema; however, the matK ORF is freestanding in both Mesotaenium and Zygnema (Table 2). An ORF is also absent from the trans-spliced rsp12_114 intron in Klebsormidium, Chara, Spirogyra, and the three zygnematophyceans just mentioned.

The group II introns that are not shared with land plants occur in Klebsormidium (sites 3, 4, 6, 10, 12, 15, and 20), Entransia (sites 11, 17, 21, and 33), Chara (site 1) and Netrium (site 16) (Figure 9). Only two of these lineage-specific introns (the Klebsormidium psbA and Netrium psbE introns) harbor an ORF coding for a putative protein with RT and/or maturase domains. The group I introns that are not shared with land plants are found in Chara (site 36) and Closterium (sites 35, 36, and 37).

Gene Organization

Comparative analyses of gene organization were carried out using four complementary approaches. First, syntenic regions were identified in pairwise genome comparisons (Figures 1–4). Second, we compared the gene partitioning patterns of the IR-containing genomes and examined whether the genes found in the IR, SSC and LSC are also clustered in IR-lacking genomes (Figure 10). Third, phylogenetic trees based on gene order were inferred using the MLGO web server (Hu et al., 2014) and MGR v2.03 (Bourque and Pevzner, 2002): MLGO reconstructs ML phylogenies based on gene adjacency, whereas MGR estimates the number of reversals required to interconvert gene order in pairs of genomes and construct tree topologies based on rearrangement distance (Figure 11). The data set analyzed with MLGO contained all standard genes in each genome (including both copies of duplicated genes), while the data set analyzed with MGR was restricted to the 89 genes common to all compared genomes. Finally, the presence/absence of signed gene pairs in three or more genomes (Figure 12) were coded as binary Dollo characters and the gene pairs representing synapomorphic gains and losses were mapped on the streptophyte phylogeny reported in this study using MacClade v4.08 (Figure 13). The Dollo principle assumes that characters can be lost independently in several evolutionary lineages but cannot be regained. Because inversion endpoints have been shown to be reutilized multiple times in land plant chloroplast genomes experiencing frequent rearrangements (Jansen and Ruhlman, 2012), coding of gene pairs as Dollo characters might not be fully justified. For this reason, we have also coded gene pairs as unordered (Fitch parsimony) or ordered (Wagner parsimony) characters and found no difference in the evolutionary scenarios we inferred.
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FIGURE 10. Gene partitioning patterns of streptophyte chloroplast genomes. For each genome, one copy of the IR (thick vertical lines) and the entire SSC and LSC regions are represented. The five genes composing the rDNA operon are highlighted in yellow. The color assigned to each of the remaining genes is dependent upon the position of the corresponding gene relative to the rDNA operon in the cpDNA of the streptophyte alga Mesostigma viride, a genome displaying an ancestral gene partitioning pattern. The genes highlighted in orange are found within or near the SSC region in this streptophyte genome (downstream of the rDNA operon), whereas those highlighted in blue are found within or near the LSC region (upstream of the rDNA operon). To simplify the comparison of gene order, some genomes are represented in their alternative isomeric forms relative to the genome sequences deposited in GenBank. Note that the trnK(cuu) genes of Mesotaenium and Closterium, and the trnV(aac) gene of Physcomitrella were not color-coded because their evolutionary origins are unclear.
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FIGURE 11. Phylogenetic relationships of streptophytes based on chloroplast gene order. On the left is shown the tree inferred using the MLGO web server and a data set containing all standard genes in each genome (including both copies of duplicated genes); BS values are reported on the nodes. The scale bar indicates the number of changes in gene adjacency per site. The tree on the right displays the branch lengths estimated using the user tree (-t) option of MGR v2.03. The scale bar corresponds to the estimated number of gene reversals.
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FIGURE 12. Shared gene pairs in streptophyte chloroplast genomes. The gene pairs shared by at least three taxa were identified among all possible signed gene pairs in the compared genomes. The presence of a gene pair is denoted by a blue box; a gray box refers to a gene pair in which at least one gene is missing due to gene loss. Gene pairs are organized in blocks of contiguous gene pairs (shown as alternating colors) to facilitate the identification of conserved gene clusters.
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FIGURE 13. Synapomorphic gains and losses of gene pairs in streptophyte chloroplast genomes. These events were inferred in MacClade v4.08 by mapping gene pairs on the streptophyte topology shown in Figure 6. The characters denoted by red squares represent synapomorphic gains, whereas those denoted by blue squares represent synapomorphic losses. Note that gene pairs in which at least one gene is missing due to gene loss were not taken into account. Stars denote the six distinct lineages with IR-lacking chloroplast genomes.



Although gene order is highly variable among streptophyte algal genomes, the branching order inferred with MLGO is entirely congruent with the phylogeny based on gene and protein sequences (Figures 6 and 11). The reversal distances estimated by MGR reveal that the chloroplast genomes of the bryophytes, Coleochaetophyceae and especially Chara are the least rearranged relative to those of Mesostigma and Chlorokybus, and that they are followed closely by the klebsormidiophycean genomes. By comparison, the Zygnematophyceae display very long branches indicative of massive gene shuﬄing. Of the examined zygnematophyceans, the representative of the earliest-diverging lineage (Mesotaenium) boasts the least rearranged genome.

The Coleochaete and Chaetosphaeridium cpDNAs share nine blocks of sequences containing 116 of their 117 and 125 conserved genes, respectively (Figure 2). Only eight reversals are required to interconvert the gene order of these two genomes. Following the loss of the IR in the Coleochaete lineage, the partitioning of genes between the SSC and LSC regions has been barely affected (Figure 10); in other words, the genes corresponding to those located 5′ and 3′ of the rRNA operon in the Chaetosphaeridium genome have largely remained clustered in Coleochaete. Three of the eight genes missing in Coleochaete (rps14, tilS and ccsA) correspond to breakpoints between syntenic blocks while the remaining, which are all part of ribosomal protein operons, have been cleanly excised from internal regions of syntenic blocks (Figures 2 and 12).

The Klebsormidium flaccidum and Entransia genomes display 26 syntenic blocks containing 85 of their 114 and 118 conserved genes, respectively (Figure 1). The vastly expanded IRs of these algae differ considerably from one another and from streptophyte IRs displaying an ancestral organization (i.e., those of Mesostigma, Chlorokybus, Chara, coleochaetophyceans and bryophytes) with respect to gene content (Figure 10). Of the 32 and 44 genes present in the Klebsormidium and Entransia IRs, respectively, only 14 are shared besides the five genes making up the rRNA operon; however, all genes typically found 5′ and 3′ of the rRNA operon in ancestral IR-containing genomes, except for tufA in Klebsormidium, have remained ancestrally segregated. Eight of the 22 genes lost in the lineages leading to Klebsormidium and Entransia [accD, minD, psaM, rpl12, rpl32, tufA, trnV(uac) and ycf65] correspond to breakpoints between synteny blocks, while the others have been cleanly excised from internal regions of synteny blocks (Figures 1 and 12). Gene rearrangements have disrupted some ancestral gene clusters, e.g., rpoC2 is no longer adjacent to rps2 and atpI is no longer beside atpH (Figure 12).

The chloroplast genomes of the Zygnematophyceae exhibit a wide range of divergence at the gene order level (Figure 11). The Cosmarium and Staurastrum genomes are the most similar, with six syntenic blocks containing all 122 encoded genes except trnS(uga) (Figure 4). All investigated zygnematophycean genomes feature a disrupted rRNA operon; two, three or four breakage sites are observed depending on the species (Figure 12). Like the IRs of the Roya species, those of Cosmarium and Closterium harbor two to four tRNA genes in addition to the genes composing the rRNA operon (Figure 10). Of these tRNA genes, only trnR(acg) is shared with the IRs of streptophyte algal cpDNAs having an ancestral partitioning pattern. All the genes ancestrally located in the SSC and LSC regions, with the single exception of trnN(guu), still form ancestrally segregated groups in the Roya, Cosmarium, and Closterium genomes (Figure 10). In contrast, reshuﬄing of gene order in the Mesotaenium, Zygnema + Cylindrocystis and Spirogyra lineages led to extensive dispersal, throughout the genome, of the IR-encoded genes and of the genes typically found in the SSC and LSC regions of ancestral streptophyte IR-containing cpDNAs (Figure 10).

Several gene pairs representing synapomorphic signatures of distinct lineages were lost or acquired before the Klebsormidiophyceae, Coleochaetophyceae and bryophyte lineage each arose. But just a single synapomorphy, corresponding to loss of linkage between the trnI(gau) and trnA(ugc) genes in the rDNA operon, unites the Zygnematophyceae (Figure 13). Following the emergence of the Mesotaenium lineage, two additional gene rearrangements occurred in the common ancestor of the remaining zygnematophyceans: the rDNA operon was broken at a second site (between rrl and rrf) and the ancestral pair 5′psbZ-5′trnS(uga) was lost. Reversal of the ycf1 gene in the ancestral 3′chlN-3′ycf1 pair is a unique gene rearrangement shared by all Coleochaetophyceae, Zygnematophyceae and bryophytes. In contrast, no synapomorphic loss of gene pairs accompanied the emergence of the Charophyceae.

DISCUSSION

The comparative analyses presented in this study, which include a sampling of nine additional chloroplast genomes from the Klebsormidiophyceae, Coleochaetophyceae and Zygnematophyceae, alter markedly our view of chloroplast genome evolution in streptophytes. Our results clearly indicate that the chloroplast genome is evolving in a dynamic fashion not only in the Zygnematophyceae but also in the Klebsormidiophyceae and Coleochaetophyceae. The diversity of genomic structures and organizations found in these three classes is reminiscent of the diversity that has recently been reported for various classes of the Chlorophyta (Brouard et al., 2010; Lemieux et al., 2014; Leliaert and Lopez-Bautista, 2015; Turmel et al., 2015), and contrasts with the extremely conservative evolutionary trend observed in most land plants (Wicke et al., 2011; Jansen and Ruhlman, 2012; Ruhlman and Jansen, 2014). In the following sections, we highlight the evolutionary trends observed in each streptophyte algal class.

The phylogenies we inferred from 88 chloroplast protein-coding genes and proteins are congruent with recent phylogenomic studies indicating that the Zygnematophyceae is sister to land plants (Wodniok et al., 2011; Laurin-Lemay et al., 2012; Timme et al., 2012; Zhong et al., 2013; Wickett et al., 2014). The relationships among the members of the Zygnematophyceae are consistent with the phylogeny reported by Gontcharov et al. (2004). Moreover, the differences in branching order of the bryophyte lineages between the protein and gene trees are in agreement with previously reported phylogenomic studies (Cox et al., 2014; Wickett et al., 2014).

Mesostigmatophyceae and Chlorokybophyceae

The Mesostigma and Chlorokybus chloroplast genomes are the most rich in ancestral traits among the Viridiplantae (Lemieux et al., 2000, 2007). They feature the most extensive gene content, are almost devoid of introns, contain many operons typically found in cyanobacteria, and have retained a quadripartite architecture with a pattern of gene partitioning that closely resembles those found in early diverging members of the Chlorophyta (e.g., Nephroselmis; Turmel et al., 1999b; Lemieux et al., 2014 and Pyramimonas; Turmel et al., 2009) (Table 1; Figure 10). These ancestral features mirror the deep-branching positions of Mesostigma and Chlorokybus and illustrate the great structural stability of the chloroplast genome in the clade uniting these algae.

Klebsormidiophyceae

The Entransia and Klebsormidium flaccidum chloroplast genomes have retained a quadripartite architecture, but their IRs are greatly enlarged and include many genes typically found in the SSC and LSC regions (Figures 1, 5, and 10). Reconstruction of the ancestral genome reveals that the IR underwent considerable expansion toward the SSC region before the split of the two klebsormidiophycean lineages and that it expanded predominantly toward the LSC region following this divergence. At 61 kb, the Entransia IR is the largest known among the green algae examined so far. Compared to the Klebsormidium flaccidum IR, it contains twice as many genes of LSC origin but fewer genes of SSC origin, suggesting that shifts of both the IR/SSC and IR/LSC junctions are on-going events in the Klebsormidiophyceae. Sampling of additional taxa from this class should provide more information on the directionality and extent of these shifts in various lineages. Like klebsormidiophycean cpDNAs, the chloroplast genomes of the chlorodendrophycean green algae Scherffelia and Tetraselmis feature enlarged IRs with a rich gene content, but the ancestral partitioning pattern has not been maintained (Turmel et al., 2016).

Thirty standard chloroplast genes were lost during the evolution of the Klebsormidiophyceae; losses of ndhK, rpl14, rpl16, rps3, trnG(ucc), trnT(ggu), trnT(ugu), trnV(gac) and trnV(uac), in particular, are unique among streptophyte algae (Figure 7). As a consequence of the substantial losses of trn gene, the complement of tRNAs encoded in klebsormidiophycean chloroplast genomes is not sufficient to decode the entire set of codons found in these genomes. For example, there is no chloroplast-encoded tRNAThr in Klebsormidium and Entransia, and no chloroplast-encoded tRNAV al in Klebsormidium. It thus appears that these missing tRNAs are imported from the cytosol into the chloroplast. Import of nuclear-encoded tRNAs into plastids has previously been suggested for non-photosynthetic land plants (Wicke et al., 2011).

Klebsormidiophycean chloroplast genomes contain an abundance of introns. Civan et al. (2014) previously inferred that the common ancestor of the Klebsormidiophyceae and its sister lineages (branch I in Figure 9) shared five group II introns with extant land plants. To this set of early acquired introns, we must now add the rpl16_9 and trnV(uac)_37 introns, which we identified in the Entransia genome. Although the Klebsormidium flaccidum and Entransia chloroplast genomes contain a large number of lineage-specific group II introns (seven are unique to Klebsormidium and four are unique to Entransia), they have no intron insertion sites in common other than those shared with land plants, thus suggesting that the lineage-specific introns were mostly acquired through intragenomic proliferation of founding introns.

It is intriguing that the tufA gene resides in the SSC region rather than in the LSC region in the Klebsormidium chloroplast genome and that it is entirely missing in the Entransia genome. In Mesostigma, Chlorokybus and most chlorophyte cpDNAs, tufA is part of the str operon, which also comprises rps12 and rps7 (transcription order is 5′-rps12-rps7-tufA-3′). It appears that breakage of this operon through the acquisition of a trans-spliced group II intron at site 114 of rps12 soon after the divergence of the Mesostigma + Chlorokybus clade led to relocation of rps12 exon 1 outside the operon and ultimately to loss of linkage between rps7 and tufA, which resulted in transfer of tufA to the SSC region in Klebsormidium and to the complete loss of this gene in Entransia. There is also no linkage between rps7 and tufA in the Chara and Chaetosphaeridium genomes, and both rps12 and rps7 are completely missing in Coleochaete.

Charophyceae

Only the chloroplast genome sequence of Chara vulgaris is currently available for the Charophyceae (Turmel et al., 2006). Remarkably, this alga has retained the largest degree of ancestral traits among the streptophytes that diverged after the Mesostigma + Chlorokybus clade. This highly conservative evolutionary trend is apparent at all levels, including overall architecture, gene content, gene partitioning, and gene organization (Figure 10). The Chara genome is clearly the least rearranged relative to the Mesostigma and Chlorokybus cpDNAs, as revealed by the short branch length separating these taxa in the MGR tree shown in Figure 11. It will be interesting to see if sampling of additional taxa from the Charophyceae will support the notion that the chloroplast genome is evolving at a very slow rate in this class. In this context, it is noteworthy that the mitochondrial genomes of the distantly related charophycean algae Chara vulgaris and Nitella hyalina contain the same gene complement and display exactly the same gene order (Turmel et al., 2013).

Coleochaetophyceae

Our chloroplast genome analyses of a second representative of the Coleochaetophyceae unveiled a less conservative evolutionary history than previously thought for this class. Genome streamlining appears to be the main evolutionary force in the lineage leading to Coleochaete. The Coleochaete genome is both the smallest and most compact among the streptophyte algal cpDNAs investigated so far (Table 1). Unlike the Chaetosphaeridium cpDNA (Turmel et al., 2002), it lacks an IR and several standard genes. Notably, losses of four ribosomal protein-coding genes (rps4, rps7, rps12, and rps14) represent unique events in the evolutionary scenario we inferred for streptophyte algae (Figure 7). Otherwise, gene organization has been highly preserved in Coleochaete and Chaetosphaeridium and the genes usually present in the IR, SSC and LSC regions have retained an ancestral partitioning pattern in the Coleochaete genome (Figures 10 and 11).

The tufA gene is evolving at a fast pace in the Coleochaetophyceae (Figure 8). Considering that this gene has completely disappeared from the chloroplast genome and is most probably nuclear-encoded in all streptophyte lineages that evolved after the divergence of the Coleochaetophyceae (Figure 7), it is possible that the chloroplast tufA sequences identified in the Coleochaetophyceae do not encode the functional elongation factor EF-Tu; instead, a nuclear gene product might play this role in protein synthesis. This hypothesis was proposed earlier by Baldauf et al. (1990) who reported that the chloroplast tufA sequence of Coleochaete orbicularis is unusually divergent and differs considerably at what was otherwise conserved amino acid positions. These authors speculated that, despite the presence of numerous mutations, long-term maintenance of an intact ORF at the Coleochaete tufA locus might be the result of selection to retain less constrained subsets of the original EF-Tu functions. This hypothesis is attractive, considering that EF-Tu has been shown to play an important role in cell shape maintenance in Bacillus subtilis through direct interaction with MreB (Defeu Soufo et al., 2010), a protein involved in septum synthesis and cell division (Fenton and Gerdes, 2013); however, it is not supported by our finding that there was no positive selection across the tufA sequence in the Coleochaetophyceae. Putative nuclear copies of tufA were detected in Coleochaete orbicularis by Southern blot analysis (Baldauf et al., 1990), and our BLASP searches against the 1000 Plants (oneKP) database8 using the Chara chloroplast tufA sequence as query identified highly similar sequences (E-value threshold of 0.0) that contain all functional domains of EF-Tu in the RNA-seq assemblies of Coleochaete scutata (VQBJ-2010477), Coleochaete irregularis (QPDY-2029449) and Chaetosphaeridium globosum (DRGY-2007378). Taken together, these observations support the notion that the nucleus houses the functional coding sequence for the chloroplast EF-Tu and that the divergent tufA sequence in the chloroplast genome is undergoing pseudogenization.

Zygnematophyceae

Previous studies revealed that the zygnematophycean chloroplast genome is highly variable in overall structure, gene order and intron content (Turmel et al., 2005, 2007; Civan et al., 2014). The comparative genome analyses reported here, which include six additional taxa sampled from the Zygnematales and Desmidiales, underscore the exceptionally dynamic evolution of this genome.

To account for the presence of an IR in one of the four zygnematophycean taxa they examined (Roya), Civan et al. (2014) proposed that the IR was either lost three times or gained once de novo during the diversification of the Zygnematophyceae. Our finding that the cpDNAs of the desmidialeans Closterium and Cosmarium also have an IR suggests that the IR was lost a minimum of five times (Figures 5 and 13). It is unlikely that the IR was acquired de novo on one or more independent occasions because the ancestral gene partitioning pattern has been retained in late-diverging zygnematophyceans with IR-less chloroplast genomes (Staurastrum and Netrium). Indeed, considering that the genes originally present in the IR and SSC regions were dispersed throughout the genome as a result of high frequency gene rearrangements in early diverging lineages of the Zygnematophyceae (Figure 10), it is difficult to envision that the region containing all the genes encoded by the rDNA operon became duplicated at exactly the same site as the ancestral LSC/SSC junction in the common ancestor of Roya, Closterium, Staurastrum, and Cosmarium and that the ancestral gene partitions were restored concomitantly (Figure 6). The notion that the quadripartite structure was eliminated multiple times in the Zygnematophyceae predicts that future studies with a broader taxon sampling of this class will uncover early diverging taxa harboring IR-containing chloroplast genomes. Independent losses of the IR also took place in other lineages of the Viridiplantae, including land plants (Wicke et al., 2011; Jansen and Ruhlman, 2012; Ruhlman and Jansen, 2014). The quadripartite structure was eliminated at least four times in prasinophytes (Turmel et al., 2009; Lemieux et al., 2014), seven times in the Trebouxiophyceae (de Cambiaire et al., 2007; Turmel et al., 2015), twice in the Ulvophyceae (Lu et al., 2011; Leliaert and Lopez-Bautista, 2015; Melton et al., 2015) and once in the Chlorophyceae (Bélanger et al., 2006; Brouard et al., 2010, 2011). In the case of the Chlorophyceae, the reported loss unites two major lineages of the OCC clade: the Chaetophorales and Chaetopeltidales (Brouard et al., 2010).

The long branches leading to the zygnematophycean taxa in the MGR tree (Figure 11) indicate that the chloroplast genome underwent more extensive gene scrambling in the Zygnematophyceae than in any other streptophyte algal classes. These gene rearrangements were accompanied by the disruption of several ancestral clusters, including the rDNA operon (Figure 13). The latter operon was broken at four distinct sites, three of which are associated with synapomorphic losses of gene pairs: (1) the trnI(gau)-trnA(ugc) pair in the common ancestor of all zygnematophyceans, (2) the rrl-rrf pair following the divergence of Mesotaenium and (3) the rrl-rrf pair in the common ancestor of Zygnema and Cylindrocystis. The fourth site, located between rrs and trnI(gau), was disrupted along the branches leading to Mesotaenium, to the common ancestor of Zygnema and Cylindrocystis, and to the common ancestor of Netrium and its sister clade. Disruptions of the chloroplast rDNA operon are rare events among viridiplants but have been reported in some chlorophyte lineages featuring highly rearranged genomes (de Cambiaire et al., 2007; Turmel et al., 2009, 2015; Lu et al., 2011; Lemieux et al., 2014; Leliaert and Lopez-Bautista, 2015).

In land plants, IR loss and/or acquisition of short dispersed repeats have been associated with an increased rate of genome rearrangements (Palmer, 1991; Wicke et al., 2011; Jansen and Ruhlman, 2012; Weng et al., 2014), but these factors are unlikely to be the main force driving genome rearrangements in zygnematophyceans. Although gene order in the Zygnema and Cylindrocystis IR-less genomes was reconfigured at a faster rate compared to their IR-containing homologs, this is not the case for other zygnematophycean lineages (Mesotaenium, Spirogyra, and Netrium) that also feature IR-less genomes but much shorter branches (Figure 11). Similarly, the extent of gene rearrangements and repeat contents are weakly correlated; zygnematophycean genomes are generally poor in short dispersed repeats and those having the highest proportion of these elements (Cosmarium and Closterium cpDNAs) show minor differences in gene rearrangements (Figure 11) compared to their closest relatives having much fewer repeats (Stauratrum and Roya).

In agreement with the study of Civan et al. (2014), we inferred that the common ancestor of zygnemataleans harbored all the 21 group II introns usually present in land plant genomes, except those in trnI(gau), a gene that was part of the ancestral rDNA operon, and in trnV(uac). Just three introns — rpl16_9, rps12_114 and trnG(ucc)_23 — were retained in all ten examined taxa. While Civan et al. (2014) predicted 20 independent events of intron loss in the Zygnematophyceae, we scored 43 losses in our study (Figure 9). Two introns were lost only once (those at sites 18 and 31 in Figure 9), six were lost twice (sites 2, 5, 7, 9, 26, 29), and the remaining introns on three, four or five occasions. The underlying cause of this intron instability remains unclear. It has been previously speculated that intron losses could be the result of retroposition events (reverse transcription of a spliced RNA copy, followed by recombination-dependent insertion into the genome) and that the protein encoded by the trans-spliced rps12_114 intron in several zygnematophycean lineages could provide the RT activity required for these events (Turmel et al., 2005; Civan et al., 2014). Although RT-mediated intron loss is a mechanism that is very efficient in removing introns (Cohen et al., 2012), very few zygnematophycean genomes actually encode a protein with this activity. Our BLAST analyses of group II intron-encoded ORFs revealed that only the orf643 in the psbE_71 group II intron of Netrium (an intron unique to this alga) codes for a putative RT; all other intron-encoded ORFs were found to contain an intron maturase domain, including the Staurastrum orf404 that we incorrectly annotated as a RT gene in a previous report (Turmel et al., 2005). These observations, however, do not necessarily invalidate the retroposition hypothesis for intron removal in the Zygnematophyceae, as RT genes might have been present in ancestral chloroplast genomes. Alternatively, RT activities of mitochondrial or nuclear origin might also be invoked to support this hypothesis. The finding of a group II intron-encoded RT in the mitochondrial cox2 gene of Closterium baillyanum is consistent with this idea (Turmel et al., 2013).

Putative gains of foreign genes by the chloroplast genome have been documented for several green algal lineages: prasinophytes (Turmel et al., 2009; Lemieux et al., 2014), Trebouxiophyceae (Turmel et al., 2015), Ulvophyceae (Leliaert and Lopez-Bautista, 2015), Chlorophyceae (Brouard et al., 2008) and streptophyte algae (Civan et al., 2014). Here we report further evidence that genes encoding integrases/recombinases (Int) and DNA primases of phage/viral origin were transferred to the chloroplast during the evolution of the Zygnematophyceae (Table 2). Putative Int-encoding genes have been also identified in the mitochondrial genomes of various streptophytes: Klebsormidium flaccidum (orf374 in GenBank:KP165386), Chaetosphaeridium globosum (Turmel et al., 2002), Roya obtusa (Turmel et al., 2013) and the lycophyte Phlegmariurus squarrosus (orf233 in GenBank JQ002659). Inter-organellar gene transfers might account for the presence of these genes in both the chloroplast and mitochondria.

Early insertions of viral genes in the IR of the zygnematophycean chloroplast genome might have contributed to the instability of the IR. Civan et al. (2014) proposed that both cpDNA-encoded RT and Int activities have shaped this genome. Given that these activities are essential components of the replicative machinery of retroelements, they speculated that invasion of retroviruses and/or retrotransposons in the chloroplasts of early diverging zygnematophyceans triggered massive genome rearrangements. However, this scenario is not consistent with the findings that the chloroplast-encoded Int sequences uncovered in the zygnematophyceans investigated so far more likely originate from phages/viruses than retroelements and that only Netrium carries a chloroplast-encoded RT. As proposed for other streptophyte lineages with unusually rearranged chloroplast genomes (Weng et al., 2014; Zhang et al., 2016), it appears more likely that nuclear-encoded, plastid-targeted genes involved in DNA replication, recombination, and repair (and also perhaps in reverse transcription) played a major important role in reshuﬄing the zygnematophycean chloroplast genome.
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Primitive Extracellular Lipid Components on the Surface of the Charophytic Alga Klebsormidium flaccidum and Their Possible Biosynthetic Pathways as Deduced from the Genome Sequence
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Klebsormidium flaccidum is a charophytic alga living in terrestrial and semiaquatic environments. K. flaccidum grows in various habitats, such as low-temperature areas and under desiccated conditions, because of its ability to tolerate harsh environments. Wax and cuticle polymers that contribute to the cuticle layer of plants are important for the survival of land plants, as they protect against those harsh environmental conditions and were probably critical for the transition from aquatic microorganism to land plants. Bryophytes, non-vascular land plants, have similar, but simpler, extracellular waxes and polyester backbones than those of vascular plants. The presence of waxes in terrestrial algae, especially in charophytes, which are the closest algae to land plants, could provide clues in elucidating the mechanism of land colonization by plants. Here, we compared genes involved in the lipid biosynthetic pathways of Arabidopsis thaliana to the K. flaccidum and the Chlamydomonas reinhardtii genomes, and identified wax-related genes in both algae. A simple and easy extraction method was developed for the recovery of the surface lipids from K. flaccidum and C. reinhardtii. Although these algae have wax components, their surface lipids were largely different from those of land plants. We also investigated aliphatic substances in the cell wall fraction of K. flaccidum and C. reinhardtii. Many of the fatty acids were determined to be lipophilic monomers in K. flaccidum, and a Fourier transform infrared spectroscopic analysis revealed that their possible binding mode was distinct from that of A. thaliana. Thus, we propose that K. flaccidum has a cuticle-like hydrophobic layer composed of lipids and glycoproteins, with a different composition from the cutin polymer typically found in land plant cuticles.

Keywords: Klebsormidium flaccidum, Chlamydomonas reinhardtii, Arabidopsis thaliana, extracellular lipids, polyester backbone, wax, cuticle

INTRODUCTION

The aerial epidermis of land plants is covered by a cuticle layer that has critical roles in protecting the plants from ultraviolet irradiation (Barnes et al., 1998), in controlling non-stomatal water loss (Riederer and Schreiber, 2001), and in guarding plants from pathogens and insect herbivores (Müler and Riederer, 2005; Skamnioti and Gurr, 2007), as well as in preventing organ fusion during development (Lolle et al., 1998; Sieber et al., 2000). The cuticle in higher plants is composed of three layers, the cuticular layer, which is anchored to the cell wall by oligosaccharides; the cuticle proper, consisting of intracuticular waxes located above the cuticular layer; and the outermost epicuticular wax (Pollard et al., 2008).

Most research on the molecular components of the epicuticular wax has been undertaken using Arabidopsis thaliana. Alkanes, ketones, aldehydes, primary and secondary alcohols, and very-long-chain fatty acids are included in wax (Kunst and Samuels, 2003; Samuels et al., 2008; Lee and Suh, 2015). These lipid classes are made up of very-long-chain fatty acyl moieties with more than 20 carbon atoms. Deficiencies in wax components leads to detrimental phenotypes: eceriferum1-1 (cer1-1), a mutant of cuticular wax synthesis, reduces alkane coverage (Bernard et al., 2012) and pollen fertility under low-humidity conditions (Aarts et al., 1995); the loss of CUTICULAR1 activity results in dysfunctional pollen grains (Millar et al., 1999); and cer7-3 results in reduced seed viability (Hooker et al., 2007). Thus, wax plays various important roles in A. thaliana. Epicuticular wax has also been analyzed from Bryophytes, such as Andreaea and Pogonatum species (Haas, 1982). In this report, the outer lipids of these Bryophytes are composed of alkanes, wax esters, aldehydes, primary alcohols, and fatty acids.

Constituents of the cuticle, including the cuticle proper and cuticular layer, were also investigated in A. thaliana (Graça et al., 2002; Franke et al., 2005; Molina et al., 2006). The cuticle of shoots is composed of aliphatic polymers, such as cutin and cutan. The former can be depolymerized by acid or alkaline hydrolysis, whereas the latter is difficult to break down using either acidic or alkaline reagents. Cutin obtained from the hydrolysis of delipidated Arabidopsis leaves or stems has been analyzed, and various fatty acid derivatives, such as ω-hydroxy fatty acids, α,ω-dicarboxylic acids, polyhydroxy fatty acids, and glycerol, were found. These monomers form an aliphatic network via primary or secondary ester bonds, producing vigorous structures and interspaces filled with waxes on the plant surface. A null mutant of long-chain acyl-CoA synthetase2 (LACS2) exhibits a decrease in the cutin layer thickness on the abaxial surface of its leaves, and its growth is inhibited in A. thaliana (Schnurr et al., 2004). Furthermore, Oryza sativa that lacks the cytochrome P450 superfamily gene CYP704B2 displays reduced growth, male sterility, aborted pollen grains and undeveloped anther cuticles (Li et al., 2010). The desperado-3 (dso-3) mutant in A. thaliana, which lacks the ABCG transporter gene, displays a reduced amount of both wax and cutin monomers. Root branching and growth inhibition have also been observed in dso-3 (Panikashvili et al., 2007).

As lipophilic outer layers are necessary for land plants, it is of great interest to determine whether terrestrial algae also have these outer lipids. Rindi et al. (2008) analyzed Klebsormidium species and speculated that some of them have an outer layer, called the “superficial hydro-repellent layer,” which is formed in a liquid medium. However, there is no chemical evidence supporting the presence of a superficial hydro-repellent layer in some microalgae.

The genus Klebsormidium belongs to the Klebsormidiales, one of the basal groups of the Charophycean Green Algae (CGA), the extant algal group as a model of ancestors of land plants, that typically have multicellular and non-branching filaments without differentiated cells (Hori et al., 2014). It is one of the most common genera of terrestrial algae and includes a few species of green algae that occur in subaerial and semiaquatic environments worldwide, such as the northernmost habitat of Ny-Ålesund, Norway (Kaštovská et al., 2005), southern Africa (Karsten et al., 2015), the European Alps (Karsten et al., 2010), and Japan. The survival of these algae may be attributed to their high tolerance to desiccation (Herburger and Holzinger, 2015; Karsten et al., 2015), low temperature (Nagao et al., 2008), and osmotic stress (Kaplan et al., 2012).

It is generally accepted that the ancestor(s) of land plants was closely related to modern charophytes (Lewis and McCourt, 2004; Becker and Marin, 2009; Popper et al., 2011; Leliaert et al., 2012; Timme et al., 2012). Initial land colonization has been proposed to be carried out by aquatic algae adapting to a terrestrial environment. Therefore, Klebsormidium is an important genus for evolutionary studies. Recently, the draft genome sequence of Klebsormidium flaccidum strain NIES-2285 was completed (Hori et al., 2014). Thus, investigating the extracellular lipid components of this alga could be helpful for elucidating details of plant terrestrialization.

Here, we identified the genes encoded by the K. flaccidum genome that are homologous to those involved in the wax and cutin synthesis pathways of A. thaliana. Because genes related to lipid synthesis were found, we tried to confirm the existence of the extracellular lipids on the surface of K. flaccidum using a simple and easy extraction method and analyzed those that were present. In addition, we studied the contents and binding patterns of cutin monomers using gas chromatography–mass spectrometry (GC-MS) and attenuated total reflectance (ATR) Fourier transform infrared spectroscopy (FTIR). Our results demonstrated that the components of the extracellular lipids of K. flaccidum, dominated by alkanes and triacylglycerols (TAGs), were similar to those of Chlamydomonas reinhardtii, which belongs to the Chlorophyceae, and different from those of A. thaliana. K. flaccidum likely does not have aliphatic polymers on its cell walls, unlike A. thaliana; however, a great amount of fatty acids was covalently attached to the delipidated cell wall fraction, providing a primitive cuticle layer–like structure that may be filled with surface lipids, such as alkanes and TAGs.

MATERIALS AND METHODS

Plant Materials

Arabidopsis thaliana ecotype Columbia was grown in soil under continuous light (40–50 μmol photons m-2 s-1) at 22°C for 42 days. K. flaccidum strain NIES-2285 was cultured on a nitrocellulose membrane placed on an agar plate of NIES-C medium (Ichimura, 1971) in a Petri dish under continuous light (10 μmol photons m-2 s-1) at 23°C for 28 or 42 days. C. reinhardtii was cultured on a nitrocellulose membrane placed on an agar plate containing Tris-acetate-phosphate medium under the same conditions as K. flaccidum for 14 days. Both nitrocellulose membranes and agar powder were delipidated three times with more than 15 fold amount by weight of chloroform before the cultivation of algae.

Reagents

Phytol, stigmasterol, and β-sitosterol containing campesterol and the fatty acids including linoleic and linolenic acids, myristoyl, palmitoyl, stearoyl, oleoyl chlorides, and N, O-bis (trimethylsilyl) trifluoroacetamide with 1% trimethylchlorosilane (BSTFA-TMCS, for the trimethylsilyl derivatization) were purchased from Tokyo Chemical Industry Co, Ltd., (TCI). Primuline (for lipid detection) and other organic solvents were purchased from Wako Pure Chemical Industries, Ltd., and silica gel 60 thin-layer chromatography (TLC) plates were purchased from Merck Millipore.

Synthesis of Steryl and Phytyl Esters

Steryl and phytyl esters carrying specific fatty acids were synthesized by reacting fatty acyl chlorides with sterols or phytol, respectively (Wisnieski et al., 1973; Terzaghi, 1986). Fatty acyl chlorides were prepared by reacting linoleic or linolenic acid as a free fatty acid with an excess of oxalyl chloride in the presence of sodium carbonate (2 mol per mol of fatty acid) in dichloromethane. The reaction mixture was stirred for 6 h at room temperature and then heated for 60 min under reflux at 80°C. Excess oxalyl chloride was removed under vacuum, and then the acyl chloride was dissolved in dichloromethane and added to an equimolar quantity of campesterol plus sitosterol, stigmasterol, or phytol dissolved in dichloromethane with sodium carbonate (2 mol per mol of fatty acid). Pyridine (0.1 ml g acyl chloride-1) was added dropwise, and the mixture was stirred for 12 h at room temperature. After the reaction mixture was filtered through sintered glass, the solvent was removed using a rotary evaporator, and steryl or phytyl esters were purified by silica gel TLC with hexane/diethyl ether/acetic acid (80:20:1, v/v/v).

Scanning Electron Microscopy (SEM)

Klebsormidium flaccidum was transferred to a fresh agar medium or liquid medium. Three days after subculturing, algal cells were collected on 1.5% (w/v) agar medium and fixed with 2% (v/v) glutaraldehyde in 0.1 M phosphate buffer. Samples were dehydrated in a graded series of ethanol and t-butyl alcohol, and then dried by using a vacuum evaporator (VFD-21S, Vacuum Device Inc.). The samples mounted on an aluminum stub were sputter-coated with osmium using an osmium coater (Neoc-Pro, Meiwafosis). SEM observations were performed using an S-3400 microscope (Hitachi) at 10 kV.

Extracellular Lipid Extraction

Chloroform Extraction of Extracellular Lipids

Klebsormidium flaccidum was cultured for 28 days or C. reinhardtii was cultured for 14 days on a nitrocellulose membrane placed on an agar plate. First, to determine an appropriate extraction time to isolate lipids, we immersed the entire membrane with K. flaccidum in 5 ml chloroform at room temperature in a glass Petri dish (Figure 1A). The solvent was recovered at predetermined time intervals of 10, 20, 30, 60, 120, 240, 480, and 1920 s. At each sampling time, the solvent was retrieved and then 5 ml of fresh chloroform was immediately added to the Petri dish for the next time point. The chloroform extracts were filtered and combined from 2 cultures, and then the solvent was removed with a gentle stream of nitrogen while heating to 30°C. The remaining lipids were weighed and subsequently dissolved in chloroform at 20 mg lipids ml-1. After the final extraction, a portion of alga was dried for measuring the weight, and total lipids were extracted from aliquot as described by Bligh and Dyer (Bligh and Dyer, 1959) to determine the amounts of triacylglycerol (TAG) and monogalactosyldiacylglycerol (MGDG). As the protocol for chemical analysis, 30 s was employed as the extraction time, and the extracellular lipids were collected from 7 cultures.
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FIGURE 1. Schematic representation of the lipid extraction methodologies used. (A) Chloroform extraction. Alga grown on a nitrocellulose membrane was transferred to a glass Petri dish containing 5 ml chloroform. After a predefined time, the chloroform was recovered and the algal cells were harvested to determine their dry weight. (B) Silica gel plate extraction. A nitrocellulose membrane covered with algal cells was placed on a silica gel plate culture facing down without any force for a predetermined period.



Silica Gel Plate Extraction of Extracellular Lipids

Klebsormidium flaccidum was grown on nitrocellulose membranes as described above but for 42 days. Each membrane on which K. flaccidum cells were growing was then placed growing surface down on a silica gel 60 TLC plate (Merck Millipore) without any force for 30 s, 1, 2.5, 5, 10, and 20 min (Figure 1B), during which time point the extracellular lipids secreted from cells were transferred to the plate. After the membrane with the cells was carefully removed, the silica gel plate was dried in a fume hood at room temperature for 30 min. Lipids were detected using primuline under ultraviolet light (see below) and recovered from the silica gel plate by scraping the surface lipids into chloroform. The same process was used with C. reinhardtii after subculturing for 14 days. Wax was also extracted from A. thaliana by pressing it to a silica gel plate at approximate 100 g cm-1 by hand.

Extracellular Lipid Separation and Derivatization

The lipids were separated by TLC before the GC-MS analysis. The extracts were applied to silica gel 60 TLC plates and developed using the following solvent systems sequentially: (1) to a height of 20 cm with hexane; (2) to a height of 20 cm with toluene; and, (3) to a height of 10 cm with hexane/diethyl ether/acetic acid (70:30:1, v/v/v) (Yamashiro et al., 2001). To determine the extraction time, TAG and MGDG were separated on a TLC plate by using the following sequential two-part development system: (1) to a height of 20 cm with hexane/diethyl ether/acetic acid (70:30:1, v/v/v) and, (2) to a height of 10 cm with acetone/toluene/water (91:30:8, v/v/v). All of the lipids on the TLC plates were visualized under ultraviolet light after the plates were sprayed with 0.01% (w/v) primuline in 80% (v/v) acetone. The sterol lipid fraction was derivatized with 20 μl BSTFA-TMCS and 20 μl pyridine for 60 min at 80°C to transform all of the hydroxyl-containing groups into their corresponding trimethylsilyl derivatives. Fatty acid methyl esters were obtained from the TAG fraction by methanolysis with 350 μl of 5% hydrochloric acid in methanol for 60 min at 80°C in a screw-capped test tube. The lipids corresponding to steryl esters were hydrolyzed by 1 ml of 2 M sodium methoxide solution in methanol at 80°C for 60 min. The resultant fatty acids and sterols were derivatized by 20 μl BSTFA-TMCS and 20 μl pyridine for 60 min at 70°C. Alkanes and phytyl esters were analyzed without derivatization. For all of the classes, the lipids were characterized by GC-MS and quantified by GC-flame ionization detection (FID).

Lipid Characterization by GC-MS and GC-FID

The ratios of the lipids that corresponded to steryl esters, wax esters, and sterols were further identified using capillary gas chromatography (GC) connected to a electron ionization mass spectrometric detector (EI-MS; GC-2010 equipped with GCMS-TQ8030, Shimadzu) with a 30-m DB-5 column (0.25-mm i.d.; film thickness, 0.25 μm; Agilent) with He. The carrier gas inlet pressure was regulated for a constant flow of 1.4 ml min-1. GC was carried out with a temperature-programmed injection as follows: 50°C for 2 min, then raised by 40°C min-1 to 200°C, held for 2 min at 200°C, raised by 3°C min-1 to 320°C, and finally held for 30 min at 320°C. Alkanes were determined by GC-MS with the same conditions as above, except for the oven temperature program, which was as follows: 50°C for 2 min, increased by 10°C min-1 to 220°C, then raised by 2°C min-1 to 260°C, and finally held for 50 min. Both the ion source and the injection port were held at 250°C. The quantitative analysis was carried out using a capillary GC with a flame ionization detector (GC-2014, Shimadzu) under the same conditions as the GC-MS analysis. To determine the fatty acid composition of TAG, fatty acid methyl esters were prepared as described above and analyzed using GC-FID with the following oven temperature program: 180°C for 15 min, and then increased by 2°C min-1 to 220°C.

Phylogenetic Analysis of Surface Lipid Biosynthesis–Related Proteins in K. flaccidum

The predicted protein sequences of K. flaccidum are available at http://www.plantmorphogenesis.bio.titech.ac.jp/~algae_genome_project/klebsormidium/index.html. Proteins of nine algae, Chondrus crispus, Ectocarpus siliculosus, Phaeodactylum tricounutum, Cyanidioschyzon merolae, Micromonas strain RCC299, Ostreococcus tauri, Chlorella variabilis NC64A, Volvox carteri f. nagariensis, and C. reinhardtii, and of five land plants, Physcomitrella patens subsp. patens, Selaginella moellendorffii, O. sativa subsp. japonica, Populus trichodarpa, and A. thaliana, were compared with those of K. flaccidum according to Hori et al. (2014). Based on the protein sequences involved in the biosynthesis of waxes, neutral lipids and cutin monomers in A. thaliana, searches using the BLASTP algorithm were carried out using the datasets from these 14 species (e-value < 10-3). After removing inadequate sequences that were too short, of low quality, or had large deletions from the phylogenetic analysis, sequences were aligned using the MUSCLE program (Edgar, 2004). Alignments were edited using the G-Blocks program (Talavera and Castresana, 2007) to select the most-conserved sites, and to eliminate both highly variable and/or ambiguous portions of the alignments. The maximum likelihood analyses of all of the datasets were performed with MEGA6.0 (Tamura et al., 2013) using the appropriate models (Le and Gascuel, 2008). Bootstrap analyses with 500 replicates were carried out to estimate the support for internal nodes. These sequences were also studied with InterPro for predicting domains and important sites.

Cutin Monomer Analysis

Aliphatic components were derived from algal cells or plant according to Bonaventure et al. (2004) with slight modification (Li-Beisson et al., 2013). Approximately 100 mg of algal cells or plant was submerged in hot 2-propanol at 80°C for 10 min. After cooling to room temperature, the tissue was ground with a mortar and pestle and vortexed in the 2-propanol for 1 h to allow complete extraction of whole lipids. After centrifugation at 1,500 g for 5 min, the supernatant was discarded and fresh 2-propanol was added to the pellet. The pellet was then re-extracted for 1 h. After centrifugation at 1,500 g for 5 min, the supernatant was discarded. The pellet was delipidated sequentially by chloroform/methanol (2:1, v/v; 1 h), chloroform/methanol (1:2, v/v; 1 h), methanol (1 h) for all species. For further delipidation of algae, water (1 h), 2 M NaCl (1 h), water (1 h), methanol (1 h), chloroform/methanol (1:2, v/v; 1 h), chloroform/methanol (2:1, v/v; 1 h) and methanol (1 h) was used as described above. After the delipidation, the solvent was removed under a gentle stream of nitrogen gas, and pellets were lyophilized for 24 h.

To prepare aliphatic monomers, 2 ml of reaction medium, consisting of methanol/methyl acetate/28% sodium methoxide (12:3:5, v/v/v), was added to the delipidated pellets and heated at 60°C for 2 h. After cooling to room temperature, 4 ml dichloromethane, 0.5 ml glacial acetic acid, and 1 ml of buffer [100 mM Tris-HCl (pH 8.0), 0.9% (w/v) NaCl] were added. Phases were separated by centrifugation at 1,500 g for 2 min. The lower organic phase was collected, washed with 2 ml of buffer, and dehydrated over anhydrous sodium sulfate. The supernatant was dried under a gentle stream of nitrogen gas. Then, 20 μl of anhydrous pyridine and 20 μl of BSTFA-TMCS were added, and the mixture was vortexed for 10 s and then heated at 70°C for 60 min. After the derivatization, solvents were removed under a gentle stream of nitrogen gas, and lipids were analyzed by GC-MS and GC-FID.

ATR-FTIR Analysis

Cell wall was extracted as previously described with some modification (Carpita et al., 2001; Moller et al., 2007; Pattathil et al., 2012). Shortly, the pellets lyophilized after delipidation were pre-treated with the following agents: 100 mM 1,2-cyclohexylenedinitrilotetraacetic acid (CDTA) for 1 h at room temperature to remove pectic polysaccharides, 0.34 M NaClO2 in 65 mM acetic acid for 1 h at 65°C, 0.1 M NaOH for 1 h at room temperature, or hot water for 1 h at 80°C. Treated pellets were washed with water and then lyophilized for 24 h.

IR spectra were recorded by a Spectrum Two (PerkinElmer Japan Co. Ltd.) with universal attenuated total reflection (UATR) using a single reflection accessory fitted with a diamond prism (incident angle 45°). Dehumidification of inside FTIR system was kept using desiccant (molecular sieve). Pieces of each pellet were mounted on the top of ATR crystal and pressed using pressure arm with check which has 3 mm diameter. For background measurements, the same ATR prism was used without any solution (air only). Spectral measurements were carried out from 4,000 and 450 cm-1 at a resolution of 4 cm-1 and 24 ± 1°C. Interferograms from 4 scans were averaged to obtain each spectrum. A power spectrum was calculated from the interferogram (both side) using apodization of a Norton-Beer. Obtained original spectra were treated with an ATR correction.

RESULTS

SEM Observations

Before investigating surface lipids and their synthesis, surface structure of K. flaccidum cells was observed with SEM, 3 days after being transferred to fresh liquid or solid medium. Algal cells transferred to liquid medium had smooth surfaces (Figures 2A,B), whereas the surfaces of algae transferred to solid medium were strikingly different and seemed to be coated with frequently disrupted film-like structures (Figures 2C,D).
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FIGURE 2. Scanning electron microscopy pictures of K. flaccidum 3 days after transfer to a liquid or solid medium. SEM pictures of K. flaccidum 3 days after transfer to liquid (A,B) or solid (C,D) medium. Scale bars (A,C) = 50 μm, (B,D) = 10 μm.



Phylogenetic Analyses of Surface Lipid Biosynthesis–Related Proteins in K. flaccidum and C. reinhardtii

We searched protein sequences from K. flaccidum and C. reinhardtii genomes by BLASTP program on the basis of the protein sequences involved in wax and cutin monomers biosynthesis pathways of A. thaliana. These sequences were aligned and curated by ClustalW, MUSCLE and G-Blocks.

Wax Biosynthesis

In A. thaliana, the biosynthesis of almost all of the surface waxes begins with very-long-chain fatty acids (VLCFAs) that typically have ≥C20. Based on a BLAST analysis across genomes, K. flaccidum has the counterparts to a set of enzymes involve in the elongation of fatty acids up to C24 in A. thaliana. Nevertheless, it is not clear whether K. flaccidum is able to synthesize VLCFAs since A. thaliana KCS4 could not rescue the yeast Δelo2Δelo3 double mutant (Paul et al., 2006). K. flaccidum does not appear to contain homologs of ECERIFERUM2 (CER2) or ECERIFERUM6 (CER6), which are required for the synthesis of fatty acids containing ≥C28 (Figure 3A). CUTI/CER6/KCS6 catalyze the synthesis of VLCFAs with longer aliphatic chains than C24, which are cuticular wax components or precursors (Millar et al., 1999; Todd et al., 1999). CER2 and CER2-like genes are involved in the elongation of C28 to C34 VLCFAs (Haslam et al., 2012, 2015; Pascal et al., 2013). For alkane biosynthesis, there are counterparts to both ECERIFERUM3 (CER3) and ECERIFERUM7 (CER7) in K. flaccidum that work indirectly in the decarbonylation pathway. For C. reinhardtii, homologs involving fatty acid elongation, namely ketoacyl-CoA synthase (KCS), ketoacyl-CoA reductase (KCR), hydroxyacyl-CoA dehydrogenase (HACD), and enoyl-CoA reductase (ECR), were identified. No counterpart to ECERIFERUM1 (CER1), which produces alkanes, was clearly identified. Midchain alkane hydroxylase1 (MAH1) is involved in two steps in A. thaliana, the oxidization of alkane to a secondary alcohol, followed by the oxidization of the secondary alcohol to a ketone (Greer et al., 2007). K. flaccidum does not appear to have a MAH1 homolog. A. thaliana fatty acid reductase (FAR) protein sequences, when queried against the K. flaccidum genome using the BLASTP algorithm, produced no significant hits. However, only one gene encoding wax ester synthase/acyl-coenzyme A: diacylglycerol acyltransferase1-like (WSD1-like) was found in K. flaccidum. In case of C. reinhardtii, only a CER7 homolog was found in alkane biosynthesis, and no counterpart to WSD1-like proteins or FAR was identified in wax ester biosynthesis.
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FIGURE 3. Gene comparisons among K. flaccidum, C. reinhardtii and A. thaliana. (A) Genes involved in the wax biosynthetic pathway. (B) Genes involved in the ABCG transporter. Gene homologs for the respective species are shown by the presence of the open and filled circles as indicated. Multiple homologs in a species are represented by multiple circles. Abbreviations: ABCG, ATP binding cassette subfamily G; CER, Eceriferum; ECR, Enoyl-CoA reuctase; FAR, Fatty acid reductase; HACD, Hydroxyacyl-CoA dehydrase; KCR, Ketoacyl-CoA reductase; KCS, ketoacyl-CoA synthase; MAH1, Mid-chain alkane hydroxylase1; WSD, Wax ester synhtase.



ABCG Transporters

In A. thaliana, some ABCG transporters are responsible for the transportation of wax precursors (Bird et al., 2007; Panikashvili et al., 2007; Panikashvili and Aharoni, 2008). K. flaccidum appears to contain homologs of ABCG transporters (Figure 3B). These ABCG transporters work as dimers, for example, DESPERADO (DSO)/ABCG11 and CER5/ABCG12 form heterodimers for transporting the wax precursors to the epicuticular wax layer. In the K. flaccidum and C. reinhardtii genomes, only counterparts to DSO were found.

Qualitative Analysis of Extracts by Immersion in Chloroform

After the identification of several genes related to surface lipid biosynthesis in K. flaccidum genome, we used two different methods to extract surface lipids from both K. flaccidum and C. reinhardtii. First, we applied the chloroform submergence method for extracting wax from plants (Li et al., 2008). In the initial assessment, immersion time points were studied using K. flaccidum. From 10 to 30 s, the lipid recovery rose sharply and then gradually increased until 1,920 s (Figure 4). Thus, algal lipids were extracted with chloroform for 30 s. We note that the lipid yield at 1,920 s contained ∼40% of the total amount of TAG and 7.6% of the total amount of MGDG obtained by the Bligh and Dyer method (Figure 4). After extraction, lipids were separated on a TLC plate, identified by GC-MS, and quantified by GC-FID. According to the TLC images, the lipid composition of K. flaccidum was different from that of A. thaliana (Figure 5A). The fractions were identified as alkanes, steryl esters, phytyl esters, TAGs, and sterols; however, ketones, aldehydes, and primary and secondary alcohols were not detected (Figures 5A,B). To determine their compositions, lipids were extracted from spots and analyzed by GC-MS after hydrolysis with sodium methoxide and/or derivatization to trimethylsilyl ethers if necessary. Both K. flaccidum and C. reinhardtii included only docosane in their alkane fractions in which odd-numbered alkanes were absent according to the GC-FID chromatograms (Figure 6A) and GC-MS spectra (Figure 6B). Steryl esters, which included phytosterols, campesterol, β-sitosterol, and stigmasterol as the steryl moiety, were found only in K. flaccidum (Supplementary Figures S1A–D and S2A). Although K. flaccidum had an alkyl ester, its alcohol moiety consisted of phytol instead of fatty alcohol. The composition of the phytyl ester was very simple, as only a single ester, phytyl palmitate, was found in the GC-FID chromatogram (Supplementary Figure S1E). GC-MS spectra corroborated that the ester contained a phytyl moiety (Supplementary Figure S1F). The abundant fatty acids in the TAG were linoleic acid (18:2) and oleic acid (18:1) in K. flaccidum and C. reinhardtii, respectively (Supplementary Figure S2C). The fatty acid composition of TAG corresponded with that of the inner TAG in K. flaccidum (Supplementary Figure S2C), whereas the composition was similar to that of the inner TAG in C. reinhardtii grown under nitrogen starvation conditions (Iwai et al., 2014). The final members of the algal surface lipids were the sterols, which reflected the composition of steryl esters in K. flaccidum (Supplementary Figures S1G and S2B).
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FIGURE 4. Klebsormidium flaccidum lipid recovery yields according to the different extraction time points. The K. flaccidum lipids were extracted by chloroform. Solvent was collected at predefined times and fresh solvent was added immediately. Closed circles with solid lines indicate TAG, whereas open circles with dotted lines indicate MGDG. The inset shows lipid recovery per dry weight, and the solid and dotted straight lines represent TAG and MGDG, respectively, which were both derived using the Bligh and Dyer method (Bligh and Dyer, 1959). Values represent means ± SD (n = 3).




[image: image]

FIGURE 5. Lipid separation extracted from K. flaccidum and A. thaliana using the chloroform extraction method. (A) Comparison of lipid separation between K. flaccidum and A. thaliana. The lipids of K. flaccidum were extracted once with chloroform for 30 s, whereas those of A. thaliana were extracted twice with chloroform and the resulting lipids were pooled. Lipids were separated on a TLC plate using a solvent system containing hexane/diethyl ether/acetic acid (90:7.5:1, v/v/v), and visualized with 0.01% (w/v) primuline in 80% (v/v) acetone under ultraviolet light. (B) Lipid separation of K. flaccidum. Lipids extracted with chloroform as in (A) were separated on a TLC plate using the following solvent system: hexane to a height of 20 cm and, toluene to a height of 20 cm, followed by hexane/diethyl ether/acetic acid (70:30:1, v/v/v) to a height of 10 cm.




[image: image]

FIGURE 6. Alkanes extracted from K. flaccidum and C. reinhardtii using the chloroform extraction method. (A) GC-FID chromatogram of the alkane fraction of K. flaccidum extracted with chloroform. Lipids were compared with commercially available standard alkanes. Black line: K. flaccidum. Red line: C. reinhardtii. Gray line: standards. (B) EI-MS spectrum of docosane obtained from K. flaccidum.



Qualitative Analysis of Surface Lipids Obtained by Exposure to Silica Gel Plates

Because we cannot exclude the possibility that exposure to chloroform, even for a short period of time, could result in the extraction of intracellular lipids from K. flaccidum and C. reinhardtii, we tried to establish an alternative extraction method for these microorganisms by briefly placing them on a silica gel plate. We also applied this method, with slight modification, including contact with gentle pressure, to the acquisition of wax from A. thaliana (Supplementary Figure S3). Wax separation on a TLC plate indicated that the silica gel extraction method could be applied to A. thaliana since seven neutral lipids were extracted to the same extent as chloroform extraction (Supplementary Figure S3B). To determine the appropriate contact time, K. flaccidum (cultured for 42 days) grown on a nitrocellulose membrane was laid culture side down on a TLC plate for predetermined times from 30 s to 20 min. MGDG was not detected even after 20 min. Supplementary Figure S4 shows that 5 min was necessary and sufficient for the lipid extraction and, therefore, 5 min was used as the contact time for lipid extraction by silica gel plates. We also determined the appropriate culture time for K. flaccidum for the lipid extraction. Pale patches, indicative of lipid fluorescence, were observed in the primuline image of K. flaccidum cultured for 28 days (Figure 7A), but, by comparison, a darker and broader fluorescence was found from algae cultured for 42 days (Figure 7A). Therefore, algae cultured for 42 days were used for the lipid analyses. The same extraction method was applied to C. reinhardtii cultured for 14 days. Although the fluorescence intensity was weaker than that of K. flaccidum cultured for 42 days, lipids were also obtained from C. reinhardtii using this method (Figure 7A). In both algae, the lipids obtained by the silica gel plate method consisted of similar classes as those from the chloroform extracts. More specifically, lipids from the silica gel plate extractions included alkanes and TAGs; however, steryl esters, phytyl esters, and sterols were not found (Figure 7B). All of the constituents of the lipids acquired by silica gel extraction were included in those acquired by chloroform, and no additional lipid classes were detected.
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FIGURE 7. Wax extracted from A. flaccidum using the silica gel extraction method. (A) Left, top to bottom: 28 days old and 42 days old K. flaccidum cultures, and 14 days old C. reinhardtii. Right: lipid recovery from silica gel plate extractions for K. flaccidum and C. reinhardtii. (B) Separation of lipid from K. flaccidum and C. reinhardtii. Lipids derived by silica gel plate extraction were separated on a TLC using the following solvent system: hexane to a height of 20 cm and, toluene to a height of 20 cm, followed by hexane/diethyl ether/acetic acid (70:30:1, v/v/v) to a height of 10 cm.



Comparison of the Lipid Contents Isolated with the Two Extraction Methods

Figure 8A shows the lipid composition of each lipid class of algae and plant extracted using the chloroform and silica gel methods. The docosane content for both K. flaccidum and C. reinhardtii was higher when using the silica gel plate extraction method compared to the chloroform extraction.
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FIGURE 8. Waxes from K. flaccidum, C. reinhardtii, and A. thaliana. (A) Comparison of the composition of waxes extracted from K. flaccidum and C. reinhardtii using different extraction methods. Waxes were separated by TLC, and appropriately derivatized and characterized by GC-FID. (B) Comparison of the composition of TAG fatty acids extracted from K. flaccidum and C. reinhardtii using different extraction methods. (C) Comparison of the total content of waxes from K. flaccidum, C. reinhardtii, and A. thaliana using different extraction methods. Values represent means ± SD (n = 4).



The fatty acid content of the TAG fraction from K. flaccidum seemed to differ depending on the extraction method. Figure 8B shows that hexadecanoic acid (16:0) was the major component extracted by the silica gel plate method, whereas octadecadienoic acid (18:2) was the most abundant component in the chloroform extract. Furthermore, the molar ratios of tetradecanoic acid (14:0) and octadecanoic acid (18:0) in the silica gel plate extraction were higher than those in the chloroform extraction. The same trend was observed in C. reinhardtii. In the silica gel plate extraction of C. reinhardtii, the molar ratios of tetradecanoic acid and hexadecanoic acid were higher than those in the chloroform extraction, and only octadecenoic acid (18:1) was detected in C18 fatty acids.

The amounts of surface lipids in the three organisms obtained by different extraction methods are shown in Figure 8C. The lipid content extracted from K. flaccidum with chloroform was 12.2 nmol cm-2, which was ∼120 times higher than the amount obtained by silica gel plate extraction. In contrast, the amount of lipids obtained from C. reinhardtii by chloroform extraction was slightly less, at 0.09 nmol cm-2, than that obtained by silica gel plate extraction, at 0.13 nmol cm-2. The wax load derived from A. thaliana was 5.1 nmol cm-2, which was the highest value among all of the surface lipids, except for the wax load of K. flaccidum obtained by chloroform extraction.

Analysis of Aliphatic Cell Wall Components in Algae

Based on the method for analyzing cutin in A. thaliana, aliphatic components included in the delipidated algal residues were analyzed after alkaline hydrolysis followed by the appropriate derivatization. Figure 9A shows the total monomer contents of K. flaccidum, C. reinhardtii, and A. thaliana. Surprisingly, K. flaccidum had a considerable amount of fatty acid, ∼30-fold higher than that of A. thaliana. The amount of aliphatic monomers in C. reinhardtii was quite low compared with those of K. flaccidum and A. thaliana. Figure 9B shows the composition of the aliphatic components in the three organisms. Contrary to A. thaliana, which contains ω-hydroxy acid, 10,16-dihydroxy palmitic acid, and α,ω-dicarboxylic acid, key components of the cuticular network in higher plants (Yeats and Rose, 2013), K. flaccidum and C. reinhardtii contain only simple linear carbon chain fatty acids as aliphatic constituents that attach to cell wall components. No other fatty acid derivatives, like those in A. thaliana, were found in K. flaccidum or C. reinhardtii. In K. flaccidum, octadecadienoic acid (18:2) was the most abundant monomer, followed by hexadecanoic acid (16:0) and octadecenoic acid (18:1), and the contents of other fatty acids were very low. In C. reinhardtii, hexadecanoic acid was the most abundant component, followed, in decreasing order, by octadecadienoic acid (18:2), octadecenoic acid (18:1), hexadecenoic acid (16:1), and octadecanoic acid (18:0).
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FIGURE 9. Cutin-like monomers from K. flaccidum, C. reinhardtii, and A. thaliana cell wall residue. (A) Comparison of total cutin-like monomers between algae and plants. (B) Comparison of cutin-like monomers in algae and plants. Values represent means ± SD (n = 4).



ATR-FTIR Analyses of Delipidated Cell Wall Residues

Because we found a large amount of fatty acid monomers that were covalently attached to the delipidated cell wall fraction in K. flaccidum, we analyzed the ATR-FTIR spectra of these fractions to determine how the fatty acids were attached to the cell wall. As shown in Figure 10C for A. thaliana, a peak at 1735 cm-1 was observed after the hot water treatment and then lost after the 0.1 M NaOH treatment. This peak probably represented C = O stretching and, therefore, the ester bond originating from the cuticle layer may have been largely removed by the NaOH treatment in A. thaliana. However, the corresponding peaks were originally much weaker in K. flaccidum and C. reinhardtii, and no change was observed after the same treatments (Figures 10A,B). Instead, two amide peaks at 1645 and 1529–1545 cm-1 were obvious, indicating that the represented proteins are major components of the cell wall fractions.


[image: image]

FIGURE 10. ATR-FTIR spectra obtained from K. flaccidum, C. reinhardtii, and A. thaliana. ATR-FTIR spectra obtained from K. flaccidum (A), C. reinhardtii (B), and A. thaliana (C) cell wall residues after NaOH and hot water extractions.



DISCUSSION

Only a few studies on the extracellular lipids of microorganisms have been reported. Conidiospores of Alternaria tenuis, Botrytis fabae, and Neurospora crassa, and sporangiospores of Rhizopus stolonifer, were shown to have extracellular lipids (Fisher et al., 1978). In that study, the immersion of fungal conidiospores and sporangiospores in an organic solvent was used to extract lipids from the spore surface, but it was not clear whether lipids were derived only from the surface. To further understand the extracellular lipids of microorganisms, we tried to develop a new methodology for the extraction of outer lipids from algae using a silica gel plate instead of an organic solvent. Our approach was based on a previous study that used silica gel particles in the extraction of lipids from insects (Choe et al., 2012). For algae, it is difficult to separate silica gel particles from algal cells because of the fineness of the particles. Hence, we used a silica gel plate for lipid extraction from K. flaccidum and C. reinhardtii. Lipid extraction using a silica gel plate appeared to be useful in analyzing surface lipids of microalgae in comparison to the chloroform extraction method. However, all of the extracellular lipids might not have been recovered by this method. The compositions of the lipid classes were different between the extraction methods. We speculate that the differences between these methods reflect how lipids exist on the surface of the cells. Alkanes, sterols, steryl esters, phytyl esters, and TAGs were isolated by chloroform extraction, whereas only alkanes and TAGs were detected following silica gel plate extraction from K. flaccidum. The amount of alkanes found was similar to that of steryl esters and phytyl esters and was lower than that of sterols by chloroform extraction. The alkane yield was higher in the silica gel plate extraction than in the chloroform extraction in both K. flaccidum and C. reinhardtii. Silica gel plate extraction probably favors alkanes over other lipids, resulting in the higher alkane yield compared with other lipid yields.

Comprehensive genomic homology searches suggested that K. flaccidum and C. reinhardtii do not produce VLCFAs of more than 28 carbons (Figure 3A). Likewise, very-long-chain fatty alcohols might not be formed in these organisms because of the absence of fatty acid reductase genes. Thus, we speculated that wax esters with long-chain fatty acids and fatty alcohols are not present in K. flaccidum in spite of the presence of a WSD1-like counterpart. This was supported by our subsequent surface lipid analysis, which indicated that these plant-like wax components were not found and that the surface lipid components were much more primitive, being mainly composed of alkanes and TAGs. These components, particularly a large proportion of TAGs, are probably embedded in the primitive cuticle layer, which is composed of cell wall–attached single fatty acyl chains.

Arabidopsis thaliana surface lipids contain alkanes composed of odd-numbered chains, such as nonacosane and hentriacontane (Supplementary Figure S5), whereas K. flaccidum and C. reinhardtii surface lipids contain an even-numbered chain alkane, docosane (Figures 6A,B). The presence of even-numbered chain alkanes is not unusual, as they are found in several organisms, including the yeast Saccharomyces oviformis, the fungus Trichoderma viride (Ladygina et al., 2006), and the bacterium Vibrio furnissii M1 (Park, 2005). In A. thaliana, odd-numbered chain alkanes are synthesized through the decarbonylation pathway from VLCFAs (Kunst and Samuels, 2009). In contrast, even-numbered chain alkanes are proposed to be synthesized by the reduction of primary alcohols via aldehydes in V. furnissii (Park, 2005). Although K. flaccidum appears to contain counterparts to A. thaliana CER3 and CER7, which are involved in alkane biosynthesis, CER1, another important factor in this pathway, has not been found. CER3 and CER7 work indirectly and CER1 is necessary for alkane synthesis (Bourdenx et al., 2011; Bernard et al., 2012). It is not clear whether CER3 and CER7 are involved in the formation of docosane. The assumed proteins involved in phytyl esters and steryl esters syntheses in K. flaccidum were shown in Supplementary Figures S6 and S7, respectively.

Comparison of the TAG Composition between Extraction Methods

It is interesting that the fatty acid composition of TAGs recovered by silica gel plate extraction was distinct from that recovered by chloroform extraction (Figure 8B). The former was composed of more saturated fatty acids than the latter from both K. flaccidum and C. reinhardtii. This result could be expected, as unsaturated fatty acids are auto-oxidized more readily than saturated fatty acids under aerobic conditions (Porter et al., 1995). Indeed, many terrestrial plants have waxes composed of saturated fatty acid derivatives. Furthermore, the differences in the fatty acid constituents from intracellular TAGs are likely to demonstrate the existence of extracellular TAG in addition to the intracellular TAG fraction. Supplementary Figure S8 shows a proposed pathway for TAG biosynthesis in K. flaccidum and the candidate genes involved. Even though the K. flaccidum genome has a low number of gene paralogs in general (Hori et al., 2014), when compared with A. thaliana, K. flaccidum contains the minimum set of enzymes required to assemble TAG. Moreover, K. flaccidum might carry a counterpart to diacylglycerol acyltransferase 1 (DGAT1), which catalyzes the final step of TAG formation and is proposed to play a role in sequestering the fatty acids of galactolipids released during chloroplast senescence (Kaup et al., 2002). Hence, a similar mechanism for salvaging fatty acids from galactolipids may occur in K. flaccidum and C. reinhardtii during some stress responses.

Recently, it was reported that Bayberry fruit contained a unique surface wax composed of major amounts of DAG and TAG, and minor amounts of MAG, all of which included only saturated fatty acids (Simpson and Ohlrogge, 2016). In their report, TAG was thought to be synthesized from DAG as an acyl acceptor and MAG as a donor outside the cell via unknown pathway. Three cutin-associated acyltransferases, sn-2 GPATs (Li et al., 2007a,b; Yang et al., 2010), an HXXXD-motif acyltransferase closely related to Arabidopsis DEFECTIVE IN CUTICULAR RIDGES (DCR) (Panikashvili et al., 2009) and GDSL-motif lipase/transacylases related to tomato CUTIN DEFICIENT 1 (CD1) (Yeats et al., 2012), seem to involve in the TAG synthesis in Bayberry. Although K. flaccidum does not appear to have the counterparts to sn-2 GPAT or DCR, the counterparts to close homolog of CD1 from A. thaliana, Cutin synthase-like protein(LTL1/AtCUS1) (Yeats et al., 2014) and GDSL-MOTIF LIPASE5 (GLIP5) (Oh et al., 2005), were found (Supplementary Table S1). Other counterparts to HXXXD-motif acyltransferases analyzed biologically in A. thaliana were not identified in K. flaccidum. It is possible that the counterparts to LTL1/AtCUS1 or GLIP5 might involve in the surface TAG synthesis in K. flaccidum in a similar fashion to that in Bayberry fruit, however, the pathway is still unclear since our data are insufficient because of the lack of their biochemical analyses.

Aliphatic Monomers Derived from the Cell Wall Fraction

When K. flaccidum was transferred to a solid medium, film-like structures were observed on the surface (Figures 2C,D); these structures were absent when the alga was cultured in liquid medium (Figures 2A,B). The film-like structures may have resulted from the drier growth conditions. Barberousse et al. (2006) described structures in K. flaccidum that were made from polysaccharides absorbed in higher amounts on hydrophobic than on hydrophilic materials. This alga may enwrap itself in more aliphatic substances than only polysaccharides, and these films may contain secreted surface lipid components that prevent water loss. In fact, appreciable amounts of fatty acids were detected in the K. flaccidum cell wall residue (Figures 9A,B and Supplementary Figure S9). Although C. reinhardtii includes hydroxyproline-rich glycoproteins on the cell wall (Goodenough and Heuser, 1985), it also has small amounts of fatty acids in its cell wall residue.

In both K. flaccidum and C. reinhardtii, the FTIR spectra for hot water, chlorite, and CDTA treatments were similar to each other (Supplementary Figure S10), which reflects the absence of a plant-like hemicellulose-like polymers in K. flaccidum, as indicated in a previous study (Sørensen et al., 2011). The differences in FTIR spectra (Figure 10C) between hot water and 0.1 N NaOH treatments in A. thaliana indicated that the peak at 1735 cm-1 corresponded to ester bonds binding to the wall matrix. Given that K. flaccidum has few ester bonds, similar to C. reinhardtii, according to its FTIR spectrum (Figures 10A,B), a large proportion of fatty acids is likely to bind to cell wall components, such as the lysine residues of cell wall proteins, via amide bonds. Indeed, two amide peaks, at 1645 and 1529–1545 cm-1, which probably correspond to amide I and amide II, respectively, were found in both K. flaccidum and C. reinhardtii. Because the cell walls of C. reinhardtii seem to lack cellulose, and are largely composed of extracellular glycoproteins (Roberts, 1974), these amide bonds in K. flaccidum may be due to cell wall glycoproteins. Very small peaks corresponding to ester bonds in algae demonstrated that there was little contamination by TAGs or other esters in these fractions. Thus, the aliphatic moieties in the K. flaccidum cell wall seem to be in the form of single fatty acyl chains, and, therefore, most TAGs, sterols, steryl esters, and phytyl esters may be embedded in the cell wall through their hydrophobic interactions with the fatty acyl moieties of the cell wall. The level of TAG obtained by chloroform extraction was ∼730-fold higher than that obtained by silica gel plate extraction in K. flaccidum. However, the level of TAG obtained by chloroform extraction was only 14-fold higher than that obtained by silica gel plate extraction in C. reinhardtii. Thus, the amount of TAG embedded in the cell wall of C. reinhardtii is probably much less than that of K. flaccidum.

Weak, pale fluorescence was observed from K. flaccidum cultured for 28 days, whereas a stronger fluorescence was observed at 42 days, which indicated that the amount of lipids excreted to the surface increased with aging (Figure 7). Three of the five lipids detected in the chloroform extraction from K. flaccidum were esters (Figure 8A), which also play a role in the detoxification of fatty acid and alcohol (Turkish et al., 2005; Bouvier-Navé et al., 2010; Lippold et al., 2012). Thus, extracellular lipids are likely to be secreted as waste products and might function as defensive substances on the surface and within the acylated cell walls of K. flaccidum.

In this work, we present for the first time that K. flaccidum has lipophilic layers distinct from those of A. thaliana that contain a rather primitive wax layer and an alternative lipid-protein complex rather than a cutin polymer (Figure 11). K. flaccidum most likely has a glycoprotein framework with acyl side chains on its cell wall, with some lipids embedded in this framework. C. reinhardtii might also possess glycoproteins with acyl side chains, but the quantities of side chains and lipids in the framework are relatively small. Although the system to protect against stress conditions is more primitive than that in land plants, these aliphatic layers likely enable the algae to survive under terrestrial conditions.
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FIGURE 11. Diagrams of lipophilic layers on cell walls of K. flaccidum, C. reinhardtii, and A. thaliana. Proposed diagrams for lipophilic layers and their connection to the cell walls of K. flaccidum (A), C. reinhardtii (B) and A. thaliana (C). Spatial distribution, orientation, size and population of all constituents in this diagram are not per scale.
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Charophyte green algae are a paraphyletic group of freshwater and terrestrial green algae, comprising the classes of Chlorokybophyceae, Coleochaetophyceae, Klebsormidiophyceae, Zygnematophyceae, Mesostigmatophyceae, and Charo- phyceae. Zygnematophyceae (Conjugating green algae) are considered to be closest algal relatives to land plants (Embryophyta). Therefore, they are ideal model organisms for studying stress tolerance mechanisms connected with transition to land, one of the most important events in plant evolution and the Earth’s history. In Zygnematophyceae, but also in Coleochaetophyceae, Chlorokybophyceae, and Klebsormidiophyceae terrestrial members are found which are frequently exposed to naturally occurring abiotic stress scenarios like desiccation, freezing and high photosynthetic active (PAR) as well as ultraviolet (UV) irradiation. Here, we summarize current knowledge about various stress tolerance mechanisms including insight provided by pioneer transcriptomic and proteomic studies. While formation of dormant spores is a typical strategy of freshwater classes, true terrestrial groups are stress tolerant in vegetative state. Aggregation of cells, flexible cell walls, mucilage production and accumulation of osmotically active compounds are the most common desiccation tolerance strategies. In addition, high photophysiological plasticity and accumulation of UV-screening compounds are important protective mechanisms in conditions with high irradiation. Now a shift from classical chemical analysis to next-generation genome sequencing, gene reconstruction and annotation, genome-scale molecular analysis using omics technologies followed by computer-assisted analysis will give new insights in a systems biology approach. For example, changes in transcriptome and role of phytohormone signaling in Klebsormidium during desiccation were recently described. Application of these modern approaches will deeply enhance our understanding of stress reactions in an unbiased non-targeted view in an evolutionary context.

Keywords: transcriptomics, proteomics, metabolomics, UV irradiation, desiccation, phylogenomic analysis

CHAROPHYTE ALGAE IN TERRESTRIAL ENVIRONMENTS

Charophyte green algae are a diverse paraphyletic assemblage of strictly freshwater algae (Leliaert et al., 2012) comprising about 100 genera. We can distinguish ‘advanced charophytes’ (Zygnematophyceae, Coleochaetophyceae, Charophyceae) recently designated as ZCC clade (de Vries et al., 2016) and ‘basal charophytes’ (Klebsormidiophyceae, Chlorokybophyceae, Mesostigmatophyceae), designated as KCM clade (de Vries et al., 2016). However, charophyte green algae are not only restricted to aquatic habitats. Terrestrial forms occur in the classes Chlorokybophyceae (Lewis and McCourt, 2004), the Klebsormidiophyceae (e.g., Karsten et al., 2010; Karsten and Holzinger, 2012), the Zygnematophyceae (e.g., Lewis and McCourt, 2004; Holzinger et al., 2009, 2010) and the Coleochaetophyceae (Graham et al., 2012, 2013) and viable airborne cells of various charophyte algae were also reported (Sharma et al., 2007).

Colonization of moderately moist habitats in the proximity of water by the charophyte algal ancestor of land plants and its gradual transition to drylands has been suggested by Becker and Marin (2009). Recently, several reports have demonstrated the close relationship of land plants and Zygnematophyceae that are currently viewed as sister lineages (Becker and Marin, 2009; Wodniok et al., 2011; Timme et al., 2012; Becker, 2013; Zhong et al., 2014, 2015; Delaux et al., 2015). At present, Zygnematophyceae dominate in various stressful habitats. For example, desmids are typically found in acidic bogs (Štástný, 2010), Zygogonium ericetorum is a common member of temperate biological soil crust (Hoppert et al., 2004) and Mesotaenium berggrenii and Ancylonema nordenskiöldii live on the surface of glaciers on bare ice (Remias et al., 2009, 2012a,b).

Transition to terrestrial habitats is connected with frequent exposure to naturally occurring abiotic stress scenarios like desiccation, freezing and high PAR and UV radiation. The effects of these stresses on ultrastructure, photosynthesis and ecology in green algae have recently been reviewed (Holzinger and Lütz, 2006; Holzinger and Karsten, 2013; Karsten and Holzinger, 2014). In the present review, we mainly focus on the current knowledge about abiotic stress tolerance mechanisms known in terrestrial members of the charophyte algae as model systems to study terrestrialization events. We include important classical studies based on traditional methods as well as new understanding derived from recent transcriptomic and genomic datasets. In general, stress tolerance strategies are summarized in a simplified schema (Figure 1).
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FIGURE 1. Schematic representation of abiotic stress factors and tolerance strategies in charophyte green algae in terrestrial habitats.



SELF-PROTECTION

The morphologically most complex group of charophyte algae, the class Charophyceae, is restricted solely to aquatic environment (Leliaert et al., 2012). On the other hand, terrestrial charophytes are characterized by a very simple thallus, unicellular or filamentous which, however, usually aggregate into colonies, multi-layered mats or biofilms. This growth pattern belongs to common stress avoidance strategies and provides protection from multiple stresses at the same time. While the outer layers are fully exposed to the environment and susceptible to damage, at the same time they efficiently protect the cells underneath by their water-holding and screening capacity. In addition, aeroterrestrial algae are also components of biological soil crusts, microecosystems containing also bacteria, Cyanobacteria, fungi, lichens, mosses, and anorganic particles where the whole community can profit from protection provided by an individual member (Belnap and Lange, 2001).

Chlorokybus atmophyticus, the only known member of the class Chlorokybophyceae, occurs in subaerial habitats and is characterized by sarcinoid colonies with groups of cells embedded in soft mucilage (Škaloud, 2009).

Freshwater Coleochaete usually forms flat epiphytic disk or cushion-like thalli, composed by densely branched filaments. However, when grown in aero-terrestrial conditions, namely on agar or sand, it markedly changes its morphology and growth habitus. It forms multistratose clusters of thick walled cells with acetolysis resistant autofluorescent cell wall components (Graham et al., 2012).

Aeroterrestrial members of the class Klebsormidiophyceae form multi-layered biofilms on soil or other aeroterrestrial substrata (Karsten and Rindi, 2010; Karsten et al., 2013). This provides above all self-shading and photoprotection of individual filaments inside the mat which can be even enhanced by soil particles interwoven within the mats (Karsten and Holzinger, 2012; Karsten et al., 2013). The importance of self-shading is reflected by generally low light requirements for photosynthesis in Klebsormidium that were repeatedly shown (Karsten and Rindi, 2010; Karsten et al., 2013).

Mat-forming growth is also typical for filamentous Zygnematophyceae. Filaments usually start to grow at the bottom of a pool and when enough biomass is produced, oxygen bubbles trapped within it carry the mat to the surface of the pool (Graham et al., 1995). The top layers are then fully exposed to solar radiation which leads to their bleaching. Berry and Lembi (2000) measured irradiance below the Spirogyra mat to be more than 30 times lower than at the mat surface. Moreover, the photosynthetic rate measured under experimental conditions was higher at lower irradiance showing that underlying filaments were exposed to more optimal irradiances (Berry and Lembi, 2000). Similarly, the low light adaptation in Zygnema is also usually explained by photoprotection provided by multi-layered mats (Holzinger et al., 2009; Herburger et al., 2015).

Spirogyra mats were even shown to be able of phototactic movement at low light conditions. The filaments align toward the light source and when they touch other filaments, they glide along each other, form bundles and move toward the light source by repeated rolling and stretching (Kim et al., 2005).

The differentiation of mat layers is best developed in terrestrial filamentous conjugating green alga Z. ericetorum. Zygogonium ericetorum produces two types of cells termed green and purple morphs (Figures 2A,B), (Aigner et al., 2013). The purple morph of the top layers is better protected from high irradiation and helps to shade the green morph underneath which is in turn less sensitive to desiccation (Holzinger et al., 2010; Aigner et al., 2013).
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FIGURE 2. Zygnematophyceae with purple vacuolar pigmentation. (A–F) Zygogonium ericetorum; (G–I) Ancylonema nordenskiöldii. (A) Habitat showing purple coloration (arrow), (B) vegetative filament, (C–E) aplanospore formation, white arrows indicate enlarged aplanospores with cell wall cleavage, black arrows point to compacted brownish residues, black arrowheads illustrate germinated aplanospores, (F) thick walled akinetes, (G) habitat on the surface of a glacier, arrow indicates coloration by algae (H) vegetative filament with purple coloration of the vacuole, (I) conjugation stage. Bars (B–F,H,I) 10 μm. (A,B) Reprinted from Aigner et al. (2013), (C–F) reprinted from Stancheva et al. (2014), (G–I) reprinted from Remias et al. (2012a) with permission of Springer Business Media.



FORMATION OF SPECIALIZED CELLS

Formation of specialized stress-tolerant cells as a part of the life cycle is a widespread strategy for survival of unfavorable conditions and is widely known from many different groups of algae and other protists.

The first type of stress tolerant cells are dormant zygotes, i.e., resting cells that are developed as a result of sexual reproduction. Within Charophyta, such cells have been described in Coleochaetophyceae, Charophyceae, and Zygnematophyceae. Dormant zygotes usually require a period of dormancy before germination. Dormancy can be broken by a change in environmental conditions (temperature, light) or by addition of gibberellic acid (Sederias and Colman, 2007; Agrawal, 2009). Possible roles in phytohormone stress sensing and signal transduction are discussed below.

In Charophyceae, the dormant zygotes are termed oospores. Oospores are the overwintering stages that can survive anoxic conditions on lake bottoms. They are the only desiccation tolerant stages in the life cycle of Charophyceae and thus guarantee their survival in habitats that dry out for several years (Proctor, 1967; Leliaert et al., 2012). The young zygote secretes a thick cell wall and the inner walls of cortical cells thicken and become encrusted with lime. Calcified envelopes of the zygotes are known as “gyrogonites” (Leliaert et al., 2012).

Dormant zygotes, termed zygospores, that contain acetolysis resistant material are typical feature of the life cycle of Coleochaetophyceae (Delwiche et al., 1989) and Zygnematophyceae (e.g., Zygnema sp.: Stancheva et al., 2012, Spirogyra sp.: Stancheva et al., 2013 and Z. ericetorum: Stancheva et al., 2016). Cell walls of Zygnematophyceae zygospores consist of three major layers. Endospore is the colorless inner layer. The middle layer, termed mesospore, is crucial for stress tolerance as it contains enzyme- and acetolysis-resistant sporopollenin-like material. Exospore is at least partially enzyme-soluble, colorless and sometimes also sculptured (Ashraf and Godward, 1980). Zygospores can be spherical, ellipsoid, rectangular, or lenticular and may be colored yellow, brown, purple, blue, or black (Kadlubowska, 1984). Most of the morphological characters important for traditional species determination are on the mesospore, where a blue vs. brown mesospores were suggested to separate different phylogenetic clades (Stancheva et al., 2012).

The other type of specialized cells is not formed during the sexual process, even though morphologically they can be very similar to the sexual spores. In Zygnematophyceae, mostly in filamentous Zygnematales, several such cell types were described. Parthenospores result from incomplete conjugation; they form directly from gametes that failed to find a compatible sexual partner (Kadlubowska, 1984). They are smaller and more rounded than zygospores (Poulíčková et al., 2007). Aplanospores are formed inside vegetative cells when protoplasts shrink and are enclosed by a complete new cell wall, independent of the original wall (Kadlubowska, 1984). Their formation was recently described in Z. ericetorum (Figures 2C–F), (Stancheva et al., 2014). Finally, akinetes develop directly from vegetative cells by thickening of the cell wall by deposition of wall material at the inner surface of the vegetative cell wall (Kadlubowska, 1984). In some species of Zygnema, the cell walls of mature akinetes can have a similar structure, ornamentation, and coloration to that of the zygospores (Kadlubowska, 1984). For morphology and light microscopy images of zygospores and akinetes, see Stancheva et al. (2012).

In contrast, many algae from stressful environments do not form any specialized stages and survive environmental stresses in vegetative state (Agrawal, 2009). Such cells are not dormant, so they can resume their physiological activity and growth immediately under restoring of favorable conditions (Agrawal, 2009). Nevertheless, vegetative cells in natural or experimentally induced stressful conditions differ from growing, non-stressed vegetative cells in many ways. They are usually characterized by storage product accumulation, thick cell wall, reduced physiological activity and ceased cellular division. Traditionally, such cells were sometimes termed ‘akinetes’ or even ‘winter forms’ in Micrasterias (Meindl et al., 1989). To avoid the confusion with ‘akinetes’ in Zygnema which are true specialized cells with zygospore-like cell walls, the term ‘pre-akinete’ or ‘mature cell’ has also been introduced by some authors for these hardened, stress tolerant vegetative cells (Fuller, 2013; Pichrtová et al., 2014a,b, 2016a; Herburger et al., 2015). The term ‘mature cell’ refers to the typical occurrence of such cells in old, starved cultures.

Mature cells (pre-akinetes) are key elements for survival of Zygnema in stressful environment where sexual reproduction and zygospore formation is very rare. Pre-akinetes of Arctic and Antarctic Zygnema survived when exposed to osmotic stress (Pichrtová et al., 2014a), desiccation (Pichrtová et al., 2014b), UV radiation (Holzinger et al., 2009), freezing (Hawes, 1990), and they were even observed to be the overwintering stages (Pichrtová et al., 2016b). Formation of mature cells (pre-akinetes) during aging of the cultures was tracked in cultures of Alpine strains of Zygnema (Figure 3), (Herburger et al., 2015); old cultures survived desiccation at 84% RH and had in general lower rETR max (Herburger et al., 2015). However, only after previous acclimation by slow desiccation (induced either by controlled desiccation at high relative humidity or by pre-cultivation on agar), the pre-akinetes were able to survive rapid desiccation in air at a relative humidity of 10% (Pichrtová et al., 2014b).
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FIGURE 3. Pre-akinete formation in Zygnema sp. Saalach. (A) 1 month, (B) 6 months, (C) 9 months, (D) 15 months old cultures. Arrows: pyrenoids, asterisks: nuclei, arrowheads: thickened cell walls. Bars 10 μm. Reprinted from Herburger et al. (2015).



Glacier surface belongs to the most extreme habitats on Earth and it is interesting that the only eukaryotic algae that live there belong to the class Zygnematophyceae. Field populations of these algae, namely species A. nordenskioeldii (Figures 2G–I), (Remias et al., 2012a) and M. berggrenii, are also composed of vegetative cells; in the field no spores or cysts are produced even for overwintering (Remias et al., 2009, 2012a), however, conjugation has been observed in A. nordenskioeldii in field collected samples that were transferred to the laboratory (Figure 2I).

Members of the class Klebsormidiophyceae are also stress tolerant in their vegetative cells. Morison and Sheath (1985) showed a change in cellular morphology in desiccation tolerant K. rivulare resembling pre-akinete formation in Zygnema. Upon desiccation, carbohydrate and lipid contents increased and protein content decreased (Morison and Sheath, 1985). Many papers have recently been published that investigated various strains of Klebsormidium, Interfilum, Hormidiella, and Entransia in relation to desiccation stress (Karsten et al., 2010, 2013, 2014; Karsten and Holzinger, 2012; Herburger et al., 2016a). All species investigated were able to survive experimental desiccation and even the aquatic Entransia coped with low water availability better than other freshwater algae (Herburger et al., 2016a). Alpine strains of Klebsormidium were also markedly resistant to osmotic stress (Kaplan et al., 2012). Moreover, most of the investigated Klebsormidium sp. strains also survived freezing at -40°C (Elster et al., 2008).

CELL WALL STRUCTURE AND COMPOSITION IN RELATION TO STRESS TOLERANCE

Cell wall composition of charophyte green algae has recently been investigated extensively, particularly before the background that they are thought to be closest living relatives to land plants (Mikkelsen et al., 2014). Charophyte green algae have cell walls containing polymers with remarkable similarity to cellulose, pectins, hemicelluloses, arabinogalactan proteins (AGPs), extensin, and lignin present in embryophyte walls (Sørensen et al., 2011; Domozych et al., 2012). Charophyte green algae contain orthologous genes in the cellulose synthetase (cesA) family, as well as in the cesA-like families cslC and cslD as analyzed by a survey of genomes and transcriptomes (Yin et al., 2014). Recent review articles summarize cell wall composition of charophytes (Popper and Tuohy, 2010; Popper et al., 2011, 2014; Domozych et al., 2012; Sørensen et al., 2012; Domozych and Domozych, 2014). We will focus on the cell wall components that are involved in desiccation and irradiation stress tolerance. The cell walls of streptophytic green algae have been suggested to be a defining structure that enabled green algal ancestors to colonize land (Mikkelsen et al., 2014). However, what are the traits that enabled this colonization? All charophyte green algae are poikilohydric organisms, they equilibrate with the surrounding relative air humidity, and do not have mechanisms that protect from desiccation. However, some cell wall components might have the sole function of prolonging the water holding capacities for algae that were exposed to desiccating conditions.

One of the major differences in early-divergent chlorophyte and prasinophyte algae genomes is the occurrence of a low number of glycosyl transferases (GTs), whereas land plants contain hundreds of GTs. Now there is genetic evidence that many of the core cell wall polysaccharides have their origin in charophyte green algae (Domozych et al., 2012). These include mannan, xyloglucan, xylan, pectin, and arabino-galactan proteins (Mikkelsen et al., 2014). Most important for stress tolerance are pectic proteins, which have been extensively studied in the mesotaeniaceae Netrium and the desmidiacean green algae Closterium, Penium, and Micrasterias (e.g., Domozych and Rogers-Domozych, 1993; Brosch-Salomon et al., 1998; Domozych et al., 2007; Eder et al., 2008; Eder and Lütz-Meindl, 2010). While the chemical structure of the detected homogalacturonans (α-D-1,4-galacturonic acid) might vary in the degree of methyl esterification, relevant for the function of these compounds during developmental processes. When incorporated into mucilage, particularly the water holding capacities of these layers are ecologically relevant in habitats with fluctuating water regimes. Formation of mucilage layers is widespread in Zygnematophyceae. For example, in Zygnema irregulare formation of secondary pectic layers was observed during prolonged cultivation on solid medium (Fuller, 2013). In the desmid Micrasterias denticulata mucilage layers have been described and characterized (e.g., Oertel et al., 2004; Wanner et al., 2013). Additionally, pectic layers have another great benefit in charophyte green algae – allowing to form multicellular organisms, a clear prerequisite of success for plants on land (Domozych and Domozych, 2014). Moreover, a mucilage layer has also been suggested to play a significant role in UV protection (Lütz et al., 1997), however, UV screening compounds have not directly been identified in the mucilage. Recently, homogalacturonans have been described as ancient streptophyte feature, albeit secondarily lost in Klebsormidium (O’Rourke et al., 2015). Members of the Klebsormidiales have indeed many differences concerning their cell walls (Mikhailyuk et al., 2014), when compared to later branching charophytes.

The localization and function of callose, a β-D-1,3-glucan has been investigated in Klebsormidium and Zygnema (Herburger and Holzinger, 2015). Callose as a cell wall flexibilizing compound can protect cell walls from desiccation induced damage, when they follow the shrinkage of the protoplasts. It was previously shown by biochemical methods, that a high abundance of this compound was found in the early branching charophyte Klebsormidium (Sørensen et al., 2011). Upon localization this flexibilizing compound is predominately found in mechanically strained areas of the cell wall (Herburger and Holzinger, 2015). In Klebsormidium the absolute content of callose is significantly increased upon desiccation stress applied for up to 3 h. Localization of callose in Klebsormidium demonstrated that particularly the cross cell walls and the cell walls of the terminal cells contain high amounts of this compound, and thus can fold and follow the desiccation induced volume reduction (Figures 4A–F), (Herburger and Holzinger, 2015). In contrast, the later branching Zygnema, did not change the callose content upon desiccation stress. However, callose can still be localized in the cell walls of Zygnema, particularly in the cell corners, that are exposed to the most severe strain upon desiccation stress (Figures 4G–L). Desiccation induced volume changes have recently been investigated in Klebsormidium and Zygnema at different relative humidities, where Zygnema showed a more drastic volume reduction at the lowest RH tested (Lajos et al., 2016). Interestingly the more rigid, cellulose-rich secondary walls of Zygnema tolerate this stress without being damaged.
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FIGURE 4. Localization of callose in cell walls of Klebsormidium crenulatum (A–F) and Zygnema sp. Saalach (G,H). (A,B) Aniline blue staining, (C,D) staining of turgescent cell with antibody 400-2, (E,F) staining of desiccated cells with antibody 400-2, (G,H) aniline blue staining, (I,J) staining of turgescent cells with antibody 400-2, (K,L) staining of desiccated cell with antibody 400-2. Arrows: cross walls, arrowheads: cell corners. Bars 10 μm. reprinted from Herburger and Holzinger (2015).



The occurrence of fossilizable biomacromolecules resistant to chemical processes in spores of charophyte green algae has been reported repeatedly (Versteegh and Blokker, 2004). The green autofluorescence of Zygnematophyceae zygospores is characteristic for sporopollenin-like material (algaenan) that differs from true sporopollenin of pollen grains in chemical composition and in biochemical pathway leading to its production (Versteegh and Blokker, 2004; Poulíčková et al., 2007). While sporopollenin is synthesized in phenylpropanoid pathway, the acetate–malate pathway leads to algaenans (Versteegh and Blokker, 2004). Similarly, in Coleochaete the inner zygote cell wall layers have been described to contain material similar in ultrastructural appearance and chemistry to sporopollenin (Delwiche et al., 1989; Kroken et al., 1996). Sporopollenin is polymerized from hydroxylated fatty acids and phenolics, its occurrence predated lignin (summarized in Weng and Chapple, 2010). Sporopollenin and algaenans in the cell walls provides protection from both desiccation and UV radiation. The occurrence of ‘lignin-like’ phenolic compounds were described in walls of vegetative cells of Coleochaete (Delwiche et al., 1989). However, many of these early findings were based on crude detection methods and have to be discussed critically (Weng and Chapple, 2010).

PHYSIOLOGICAL PROTECTION OF THE PHOTOSYNTHETIC APPARATUS

One of the key targets of radiation (high PAR and UV) as well as desiccation and temperature stress is photosynthesis. The effects of desiccation on photosynthesis of green algae were recently summarized (Holzinger and Karsten, 2013; Karsten and Holzinger, 2014). Photosynthetic strategies of desiccation tolerant organisms were recently summarized by Fernandez-Marin et al. (2016). It has been shown, that dehydration directly affects the electron transport chains in the thylakoid membranes. The loss of water in the presence of light increases the risk of chlorophyll overexcitation, which can in turn generate oxygen radicals and reactive oxygen species (ROS). These compounds have various negative effects that will not be further discussed in this review. To compensate these effects, tolerant organisms up-regulate photoprotection mechanisms (Fernandez-Marin et al., 2016). The regulation of the photosynthetic electron transport rates and protection through photoinhibition is crucial for survival (e.g., Roach and Krieger-Liszkay, 2014). UV-B radiation has been shown to induce similar photo-oxidative stress in charophyte green algae (Germ et al., 2009; Karsten and Holzinger, 2014). The shift form LHCSR (light-harvesting complex stress-related) in chlorophytes to PSBS (photosystem II subunit S)-dependent non-photochemical quenching (NPQ) in charophytes has been demonstrated in ZCC-clade genera (Chara, Zygenma, and Cosmarium; Gerotto and Morosinotto, 2013). While Zygnema and Cosmarium showed a fast NPQ induction upon light exposure, Klebsormidium and Interfilum as representatives of the KCM-clade had a much slower induction. The only exception was Mesotaenium, where little NPQ induction was found (Gerotto and Morosinotto, 2013), however, in this genus different strategies like abundant protection by phenolic compounds are established (see below).

Numerous publications have investigated photosynthetic performance under laboratory controlled conditions in Klebsormidiophyceae (Karsten et al., 2010, 2013, 2014, 2015; Karsten and Holzinger, 2012) and in Zygnematophyceae (Pichrtová et al., 2013, 2014b; Herburger et al., 2015). Some information on photosynthesis parameters and light acclimation are available in Characeae (Küster et al., 2000; Vieira and Necchi, 2003). In contrast, little is known on other charophyte green algae according their photosynthetic performance.

Many physiological data are available for the genus Klebsormidium (Karsten et al., 2010, 2013, 2015; Karsten and Holzinger, 2012). Regardless of strain and clade, Klebsormidium shows a broad light amplitude, the relative electron transport rate did not show photoinhibition up to 500 μmol photons m2 s-1 in Klebsormidium crenulatum (Figure 5A), (Karsten et al., 2010). Very low light compensation points in the range 1.8–5.7 μmol photons m2 s-1 were found for different Klebsormidium species (Karsten et al., 2010; Karsten and Holzinger, 2012). The maximum photosynthetic oxygen production ranged from 37.9 μmol O2 h-1 mg-1 chl a in K. crenulatum (Karsten et al., 2010), 75.9 μmol O2 h-1 mg-1 chl a in K. flaccidum (Karsten et al., 2013) to 87.0 μmol O2 h-1 mg-1 chl a in K. dissectum.
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FIGURE 5. Relative electron transport rates in different charophyte green algae. (A) Klebsormidium crenulatum, (SAG 2415, desiccation and rehydration, reprinted from Karsten et al., 2010 with permission of Wiley and Sons.), (B) Interfilum (SAG 36.88), reprinted from Karsten et al. (2014), (C) Entransia fimbriata (UTEX2353, UTEX2793) and Hormidiella attenuata (CCAP329/1) reprinted from Herburger et al. (2016a), (D) Zygnema sp. Saalach (SAG 2419, various culture ages, reprinted from Herburger et al., 2015), (E) arctic Zygnema sp. ‘B’ (CCALA976, (F) Antarctic Zygnema sp. ‘D’ (E,F) reprinted from Kaplan et al. (2013).



The Klebsormidiophyceae genus Interfilum showed different kinetics of decrease in effective quantum yield under desiccation conditions in relation to their morphological characteristics (Karsten et al., 2014). While single celled strains exhibited a faster desiccation rate, cell packet forming strains showed slower desiccation rates (Karsten et al., 2014). In general, all investigated Interfilum strains exhibited optimum photosynthesis under low photon fluence rates, with no signs of photoinhibition under high light conditions up to 1500 μmol photons m2 s-1 (Figure 5B), (Karsten et al., 2014). In the additionally investigated Klebsormidiophyceaen genera Entransia and Hormidiella similar reactions to desiccation were observed (Figure 5C), (Herburger et al., 2016a). All these data suggest that Klebsormidiophyceae have low light requirements, coupled with no photoinhibition under higher irradiation, corroborating a high photophysiological plasticity.

In contrast, in Zygnematophyceae rETR curves show much higher initial saturation irradiance (Ik values). In the desmidiaceae Cosmarium (Stamenković and Hanelt, 2011), in the range of 1200 μmol photons m2 s-1 for tropical and cosmopolitan strains, somewhat lower in polar taxons (around 700 μmol photons m2 s-1). In a polar strain of Zygnema Ik values around 450 μmol photons m2 s-1 were observed (Holzinger et al., 2009). Ik values of Zygnema sp. collected in the Austrian Alps (~150 μmol photons m2 s-1) and in a lowland strain of Zygnema at ~450 μmol photons m2 s-1 (Herburger et al., 2015). The rETR curves showed significant difference in relation to the culture age, where the oldest cultures had a significant drop in the maximum electron transport rate (rETRmax; Figure 5D), (Herburger et al., 2015). Signs of photoinhibition were observed in arctic and Antarctic Zygnema sp. strains, and the rETRmax values were drastically reduced upon osmotic stress (Figures 5E,F), (Kaplan et al., 2013). However, in general, the values determined for Zygnematophyceae point toward a higher light adaptation, and moreover remarkable resistance against UV irradiation has been observed (summarized in Holzinger and Lütz, 2006). How can this adaptation be realized?

The xanthophyll cycle pool size may contribute substantially to a well-developed photo protection process, in this way dissipating excessive irradiation (Stamenković et al., 2014). There is evidence for the increase in zeaxanthin content of the PS II antenna in high light tolerating Cosmarium strains (Stamenković et al., 2014). In Zygnema strains from arctic and Antarctic habitatas, a considerable amount of antheraxanthin and zeaxanthin was found (Pichrtová et al., 2013). The highest de-epoxidation state was found in an arctic strain, which went along with the highest concentration of phenolic compounds (Pichrtová et al., 2013).

These studies match well with the findings of high resistance to photoinhibition in an Antarctic strain of Zygnema sp. (Thangaraj, 2016). In this study the cells have been exposed to 400, 1400, 2100, and 3500 μmol photons m-2 s-1. After an initial drop of the Fv/Fm value, the cells showed a rapid tendency to recover, even after unrealistically high irradiation. The authors claim some constitutive and genetically fixed preservation mechanisms responsible for the high tolerance in the Antarctic Zygnema sp. strain. Interestingly, dFo did not recover to pre-treatment values, which indicated rearrangements of the LHC II complex.

Zygnematophyceae have shown remarkable stress tolerance to experimental UV radiation (Meindl and Lütz, 1996; Lütz et al., 1997). UV-effects in algae were summarized in Holzinger and Lütz (2006). In a study with field collected samples of Zygnema sp. from Svalbard, virtually no effect on the ultrastructure but a significant decrease of the Fv/Fm value after 24 h UV A, but not after UV AB exposures was found (Holzinger et al., 2009). Similar results were gained by Pichrtová et al. (2013), albeit significant reduction in Fv/Fm were observed in an arctic and an Antarctic strain of Zygnema sp. after a predominant UV A treatment for 8 days. Germ et al. (2009) did not find a decrease in Fv/Fm after UV B exposure in an arctic Zygnema strain. In Cosmarium UV A radiation caused a twofold larger depression of Fv/Fm when compared to that under PAR irradiation (Stamenković and Hanelt, 2014). The observation that in several of the investigated Zygnematophyceae UV A lead to more pronounced photoinhibition, might be ecologically relevant, as in natural sunlight the proportion of UVA is at least ten times higher than UV B, and moreover this waveband is not blocked by the ozone layer.

PRODUCTION OF PROTECTIVE SUBSTANCES

Algae produce a vast spectrum of metabolites that help them to protect the cells against environmental stress. Some are produced as a result of stress but some are also produced constitutively. Precise classification according to their function is difficult, because very often one substance is involved in various processes. Here, we focus on two major protective mechanisms provided by accumulated compounds – osmotic acclimation, which is important for tolerating limiting water availability and UV (PAR) screening that protects exposed cells.

Accumulation of Organic Osmolytes

Preventing water loss and maintaining homeostasis under stress conditions is essential for normal cellular function. Increasing salinity, desiccation, and freezing lead to osmotic dehydration and a reduced cellular water potential (Bisson and Kirst, 1995). Therefore, the physiological effects of these stresses are similar and the acclimation during exposure to an individual stress can result in resistance to other stresses (Morison and Sheath, 1985; Welsh, 2000; Vilumbrales et al., 2013). Nevertheless, these stresses are complex and components other than osmotic dehydration play a role in their effects (e.g., ionic component of the salt stress, Darehshouri and Lütz-Meindl, 2010). Recently osmotic stress induced ultrastructural changes leading to degradation of dictyosomes were investigated by TEM and FIB-SEM tomography in the charophyte green algae Micrasterias and Nitella (Lütz-Meindl et al., 2015). During the osmotic acclimation in response to long term hyperosmotic conditions, algae synthesize and accumulate various substances that increase the cellular osmotic value, leading to a negative osmotic potential (Bisson and Kirst, 1995). Organic osmolytes also play other roles in cellular protection. They can act as compatible solutes that are highly soluble, accumulate to high concentrations without interacting with cellular functions, protect proteins and stabilize membranes (Bisson and Kirst, 1995; Yancey, 2005). They can also act as antioxidants, cryoprotectants and heat protectants and can be rapidly degraded and used as respiratory substrates (Welsh, 2000; Yancey, 2005). Organic osmolytes are chemically diverse, comprising sugars, polyols, amino acids, and their derivatives (Welsh, 2000; Yancey, 2005).

Several studies reported osmolyte accumulation in various species of Klebsormidium. Sucrose and glutamic acid were detected as major osmoregulatory compounds of K. flaccidum and K. sterile subjected to osmotic stress in artificial seawater (Brown and Hellebust, 1980). K. flaccidum was capable to increase freezing tolerance during cold acclimation in a similar way to higher land plants (Nagao et al., 2008). The authors showed accumulation of sugars (mainly sucrose and glucose), but also of other compounds, such as amino acids and an unknown glycoside (Nagao et al., 2008). Kaplan et al. (2012) detected various soluble carbohydrates in two species of Klebsormidium (Table 1). The major proportion of oligosaccharides remained unidentified, the rest was dominated by raffinose, sucrose, glucose, xylose, galactose, mannose, inositol, fructose, glycerol, mannitol, and sorbitol (Kaplan et al., 2012). However, the total content of soluble carbohydrates was only approximately 1.2% of the dry weight (Kaplan et al., 2012). Karsten and Rindi (2010) reported sucrose as the major organic osmolyte of Klebsormidium sp. isolated from an urban wall in Germany. Sucrose accumulated in the cells with increasing salinity, in the highest salinity levels tested, however, the sucrose content and maximum quantum yield of PSII rapidly declined. This rather stenohaline response can be explained by the inability of Streptophyta to accumulate polyols as organic osmolytes (in contrast to most aeroterrestrial Chlorophyta, e.g., Gustavs et al., 2010), because sucrose cannot be accumulated to such a high content (Karsten and Rindi, 2010; Karsten et al., 2010). The only known report of sorbitol accumulation to high cellular concentrations by K. marinum (Brown and Hellebust, 1980) has to be viewed critically as molecular phylogenetic analyses revealed its position under Chlorophyta which resulted in its reclassification as Stichococcus deasonii (Neustupa et al., 2007).

TABLE 1. Summary of protective substances avoiding abiotic stress in charophyte green algae.
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Recent transcriptomic study of K. crenulatum showed up-regulation of sucrose synthase and sucrose phosphate synthase after desiccation stress (Holzinger et al., 2014) even though this enzyme has a different structure than in plants (Nagao and Uemura, 2012). In addition, several enzymes involved in the biosynthesis of the raffinose family of oligosaccharides were also up-regulated (Holzinger et al., 2014).

Low cellular osmotic potentials (-0.8 to -1.67 MPa) and tolerance to osmotic stress was also reported in arctic and Antarctic Zygnema spp. (Kaplan et al., 2013; Pichrtová et al., 2014a). Soluble sugars accounted for 9.9 ± 0.8% ash-free dry weight of field collected Antarctic Zygnema and 95% of the extracted sugars were identified as sucrose, with traces of glucose, fructose, and mannitol (Hawes, 1990). However, the author argued that this concentration is still too low to significantly depress the freezing point of the cell contents (Hawes, 1990).

Even though many streptophytes were shown to tolerate osmotic, desiccation and freezing stress, production of organic osmolytes within this group remains largely unknown or it seems that the detected organic osmolytes do not accumulate to high concentrations enough to fully explain the alga’s stress tolerance (Hawes, 1990; Kaplan et al., 2012). Therefore, it seems that accumulation of soluble carbohydrates alone cannot explain the high osmotic values and water stress tolerance of aeroterrestrial streptophytic algae.

UV (and PAR) Screening Compounds

Strictly freshwater Charophyceae were found to be sensitive to UV B radiation, but at the same time they do not produce any UV absorbing compounds. They have to rely on natural UV attenuation provided by water and substances dissolved within (de Bakker et al., 2005).

Mycosporine-like amino acids (MAAs) are the most widespread compounds with UV screening function, commonly accumulating in many groups of algae and other organisms. They are colorless, water-soluble substances with peak absorbances between 310 and 360 nm (Cockell and Knowland, 1999; Shick and Dunlap, 2002). They can function also as antioxidants (Coba et al., 2009; Carreto and Carignan, 2011) and are involved in osmotic regulation (Shick and Dunlap, 2002; Oren, 2007). Within Charophyta, their production has been so far proven only in Klebsormidiophyceae. K. fluitans was shown to synthesize a so far unidentified MAA with absorption maximum at 324 nm (Table 1). After UV exposure, this compound was accumulated up to more than 1% DW (Kitzing et al., 2014). A closely related genus Hormidiella that occurs in similar habitats as Klebsormidium contains the same compound, while this compound was not present in Entransia, an aquatic genus from the same class. Entransia occurs in peat bogs and humic lakes where UV screening is provided by dissolved organic carbon of the water (Kitzing and Karsten, 2015).

Another group of substances with UV screening function are phenolic substances. They are produced by only few algal classes and within charophytes their production has been so far proven only in Zygnematophyceae (Table 1), which chemotaxonomically support their close relationship to land plants. Like MAAs, phenolics are water soluble and natural UV screens because of their aromatic groups. In addition, some phenolic substances cause strong pigmentation of the vacuoles and so they protect photosynthetic apparatus also from excessive PAR irradiation in a similar way as secondary carotenoids of some chlorophyte algae. In contrast to MAAs they do not contain nitrogen which makes their synthesis “cheaper” and therefore advantageous in extreme habitats with nutrient deficiency (Carreto and Carignan, 2011). This is probably the main reason why Zygnematophyceae are able to thrive in extreme environments like glacier surface where strong irradiation is coupled with very oligotrophic conditions. Phenolics also act as antioxidants and may play a role also against herbivores or parasites. Antibacterial activity of methanol extract of Spirogyra varians is also attributed to phenolics (Cannell et al., 1988).

Ancylonema nordenskioeldii and M. berggrenii, common zygnematophytes of both Alpine and Arctic glaciers, have dark purple brownish peripheral vacuoles containing phenolic pigments (Figures 2H,I). Phenolic compounds of M. berggrenii were determined as purpurogallin derivates (Remias et al., 2009, 2012b). The pigments cause even macroscopically visible coloration that significantly decreases the albedo of the ice and thus potentially promotes the melting of the glacier, with consequences for the whole ecosystem and global climate (Stibal et al., 2012).

Purple morph of Z. ericetorum similarly accumulates several unusual phenolic substances in vacuoles (Figures 2B–F), (Aigner et al., 2013). These components are mainly gallic acid derivatives, and their structure has recently been investigated (Newsome et al., 2013). In this way, Zygogonium has gained a high tolerance to iron, as well as aluminum (Herburger et al., 2016b). Various gallotannins were also detected in a Spirogyra sp. (Nishizawa et al., 1985). Spirogyra pratensis was able to produce purple pigmentation in the presence of iron (Allen and Alston, 1959). A whole range of unspecified, phenolics with UV screening ability but lacking typical dark color were detected also in other zygnematophytes, such as Zygnema (Pichrtová et al., 2013) and Zygnemopsis (Figueroa et al., 2009).

MOLECULAR INVESTIGATIONS OF STRESS RELATED PROCESSES

At the moment, only a few publications are available using ‘omics’ techniques to address the molecular pathways behind stress tolerance and adaptation in charophytes. Comparisons of plant molecular processes between the charophyte green algae Coleochaete orbicularis and Spirogyra pratensis were performed and revealed a closer similarity to Arabidopsis thaliana than to the chlorophyte Chlamydomonas reinhardtii (Timme and Delwiche, 2010). The authors used a list of genes identified by Graham et al. (2000) to be important for colonization of land and found solid hits and even true orthologs in Coleochaete and Spirogyra including, e.g., cellulosic cell walls and cytokinetic phragmoplasts. According to the body plan no hit for asymmetric cell division was found in Spirogyra, but two hits were obtained in Coleochaete (Timme and Delwiche, 2010). A transcriptomic study of severe desiccation stress in K. crenulatum demonstrated that most of the highest upregulated transcripts do not show any similarity to known proteins (Holzinger et al., 2014). Major physiological shifts upon desiccation were the up-regulation of transcripts for photosynthesis, energy production and ROS metabolism (Holzinger et al., 2014). Classical desiccation responses, like late embryogenesis abundant proteins (LEA) or proteins involved in early response to desiccation (ERD) as well as osmolyte production (raffinose family oligosaccharides RFO) were upregulated. In contrast, transcripts of cell division, DNA replication, cofactor biosynthesis, and amino acid biosynthesis were strictly down-regulated as a consequence of desiccation stress (Holzinger et al., 2014).

Recently the effect of ionizing radiation was investigated in an arctic strain of Zygnema sp. (Choi et al., 2015). The photosynthetic efficiency markedly decreased with a 5 kGy dose, and the cells showed serious damage. However, an increase in DPPH radical scavenging activity was found in gamma-irradiated cells. The study is insofar interesting, as changes in the protein expression levels were investigated by a proteomics approach (Choi et al., 2015). Photosynthesis related proteins were up- or down-regulated, confirming the impact of gamma irradiation on the photosynthetic process. Proteins related to DNA repair, quinone oxidoreductase, regulation of microtubules and cell wall biogenesis were found to be upregulated. This means, that arctic Zygnema cells showed the capacity to actively repair damages to DNA, which is likely an effect of ionizing radiation. The ubiquinone oxidoreductase 13-kD-like subunit was also upregulated upon gamma irradiation. This protein is a coenzyme of the mitochondrial NADP-dehydrogenase, essential for NAPH oxidation. Interestingly, the regulation of cytoskeletal elements, in the particular case through an armadillo repeat-containing kinesin protein, that is involved in the ATP-binding mechanism (Choi et al., 2015). This might interact with organelle positioning and cell wall deposition.

In contrast, energy metabolism, isoprene biosynthesis and protein biosynthesis related proteins were down-regulated with the applied gamma-irradiation (Choi et al., 2015). This can be considered as a protection mechanism.

ALGAE AND MICROBE INTERACTION

There is increasing knowledge that charophytes serve as hosts for microbial communities that occur within surface mucilage matrices (Knack et al., 2015). These microbial associations were suggested to nurture the earliest plants and influence their biogeochemical roles. Microbiomes are known to be closely related to host organisms from certain lineages, it is hypothesized that microbiomes of early-diverging modern bryophytes and closely related charophyte green algae have commonalities reflecting the ancestral traits (Knack et al., 2015). Metagenomic sequence data were used from the late-diverging charophytes Chaetosphaeridium and Coleochaete, as well as the liverwort Conocephalum to infer bacteria and fungi for comparisons with the microbiome of an outgroup chlorophytic green alga Cladophora. It was found that the streptophyte (charophyte green algae and liverwort) microbiomes contained N-fixing cyanobacteria (NifH genes indicating nitrogen fixation), methanotrophs (pMMo genes indicating methane oxidation) and early diverging fungi. They were much more similar to each other than to the Cladophora microbiota (Knack et al., 2015).

Symbiotic interactions were also tested in a large scale transcriptomic analysis comparing 259 transcriptomes (10 green algal and basal land plant genomes) and were suggested to be involved in colonizing land by plants (Delaux et al., 2015). The appearance of a key regulator, a calcium and calmodulin-dependent protein kinase, suggested as symbiotic signaling pathway predated the conquering of land (Delaux et al., 2015). In their study, they tested the newly generated deep transcriptomes of the charophyte complex Closterium peracerosum-strigosum-littorale and the draft genome of Spirogyra sp. as well as transcriptomes of liverworts, mosses and hornworts. They report, that potential homologs of DMI1 and CCaMK (‘symbiotic genes’ belonging to the signaling module) were found in charophytes and even in chlorophytes (Delaux et al., 2015). This is insofar not surprising, as virtually all lichen forming algae (besides cyanophyta) belong to the chlorophytic lineage. Despite being very successful on land by tolerating extreme desiccation (e.g., Kranner et al., 2008), lichens did not give rise to further phylogenetic developments on land like the charophytes. The mutualistic fungal partners (Mucoromycotina/Glomeromycota), acting in some sort of primitive mycorrhizal symbiosis in early land plants, have recently been reviewed by Field et al. (2015).

FUNCTION OF PLANT HORMONES

Phytohormones play a critical role in signal transduction upon stress reactions. Recently transcriptomic and genomic datasets became available in the early branching Klebsormidium (Holzinger et al., 2014; Hori et al., 2014), which allow to analyze the role of phytohormones in stress sensing (Figure 6). With the KEGG pathway reconstruction tool, almost complete pathways were found for cytokinin signaling, abscisic acid (ABA) signaling and ethylene response in K. crenulatum (Holzinger and Becker, 2015). In the draft sequence of K. flaccidum genome, signaling pathways for auxin, ABA, cytokinin, salicylic acid, and JA were found (Hori et al., 2014). Particularly the ABA response is well known in abiotic stress reactions. When K. crenulatum cells are exposed to severe desiccation stress ABA signaling components PP2C and SnRK2 were significantly increased, together with the nuclear AREB protein (Holzinger and Becker, 2015). There is a 70% overlap in differential gene expression profiles between plants that have been stressed with desiccation and high light, and it has to be stated that the majority of the ABA is synthesized in the plastids itself (de Vries et al., 2016). However, experimental ABA application did not change cold tolerance in K. flaccidum (Nagao et al., 2008). Also, orthologs for the cytokinin receptors CRE1/AHK (in the plasma membrane), cytoplasmic AHP and the transcription factor A-ARP were upregulated as a consequence of desiccation stress in K. crenulatum (Holzinger and Becker, 2015). The abiotic stress of severe desiccation regulates the expression of three classical phytohormone pathways in K. crenulatum, corroborating that these early branching charophyte algae have the prerequisites for living on land (Holzinger and Becker, 2015). For successful terrestrialization, mechanisms to sense the external environment are crucial.


[image: image]

FIGURE 6. Hormone signaling pathways of Klebsormidium crenulatum; numbers are transcription changes (-fold) up or down regulation upon severe desiccation stress. Reprinted from Holzinger and Becker (2015).



First evidence for ethylene biosynthesis and pathway genes in charophyte green algae have been given by Timme and Delwiche (2010). Ethylene response appears to be highly conserved as a plant hormone for the past 450 mio years (Ju et al., 2015). It was shown, that Spirogyra ethylene-signaling homologs have the capacity to partially rescue Arabidopsis defective mutants, indicating homologous ethylene-signaling pathways, implying that the common aquatic ancestor possessed this pathway already prior to the colonization of land (Ju et al., 2015).

STRATEGIES IN AN EVOLUTIONARY POINT OF VIEW

In a recent review, Delwiche and Cooper (2015) give an outstanding overview on the evolutionary background of the origin of the terrestrial flora. The discrepancy between single-gene and morphological analysis and genome-scale phylogenetic analysis are discussed, the latter clearly indicating the Zygnematophyceae as sister taxon to land plants (Timme and Delwiche, 2010; Wodniok et al., 2011; Timme et al., 2012; Wickett et al., 2014; Zhong et al., 2014, 2015). Recently this view has additionally been supported by analysis of plastid evolution (de Vries et al., 2016). While many prerequisites for the terrestrial life-style are common in several groups of charophytes, only zygnematophyceaen algae share with land plants the transfer of a few plastid genes to the nucleus (de Vries et al. (2016). Chloroplasts became more submissive to nuclear control by key genes involved in the organelle division machinery (de Vries et al., 2016). Only basal charophyta (and some chlorophyta) possess the plastid division genes ftsI, ftsW, and minD. In contrast, ZCC-clade algae transferred these genes to the nucleus or lost them (de Vries et al., 2016). Interestingly, only the genus Zygnema possess cysA and cysT (encoding components in the sulfate ABC transporter system). These genes were not observed in any other zygnematophyceaen plastid genomes. Thus, the Zygnema plastid genome coding capacity was considered most similar to the hypothetical land plant ancestor (de Vries et al., 2016).

The link to understand evolution of terrestrial organisms from aquatic ones is to remember that life remains a fundamentally aquatic process (Delwiche and Cooper, 2015). The ancestral habitat for all charophyte lineages is freshwater, so terrestrial and semi-terrestrial environments are intermittently available to freshwater organisms. With the unpredictable changes of water availability organisms conquering land require desiccation tolerance mechanisms. Harholt et al. (2016) go even a step further, hypothesizing that charophyceaen green algal ancestors were already living on land for some time before the emergence of land plants. Their hypothesis is based on the idea that ancestral charophytes evolved their cell walls in response to the terrestrial selection pressure. However, this has to be seen critically, as strictly aquatic algae including chlorophytes have also evolved a complex cell wall modification machinery (e.g., Domozych et al., 2012). The occurrence of complex cell walls can thus not only be seen in connection with terrestrialization. Moreover, terrestrialization is not unique for charophytes evolutionary close to land plants, but also phylogenetic basal lineages contain terrestrial forms (e.g., chlorophytes like Stichococcus, Trentepohlia, Apatococcus, Prasiola).

Ecological differentiation has been suggested to trigger the formation of cryptic species in Klebsormidiales (Škaloud and Rindi, 2013). In this study, 14 lineages could be resolved based on concatenated ITS rDNA + rbcL data sets with clear preferences for either natural subaerial substrata, artificial subaerial substrata or aquatic habitats. These results were interpreted as an evidence for the existence of a high number of cryptic species within morphospecies (Škaloud and Rindi, 2013). These investigations were expanded to a global scale study in the same genus, where in addition to the global ubiquity strong biogeographic patterns were revealed on a local scale (Ryšánek et al., 2015). Again, for the local fine-scale structuring of the genotypes habitat differentiation was suggested. In a recent study by Ryšánek et al. (2016) one of these ecological factors – the pH value (pH 4 to pH 8) of the substrate was investigated, and hypothesized as a potential important factor for sympatric speciation.

Survival in vegetative state, e.g., in form of ‘pre-akinetes’ in Zygnema (Holzinger et al., 2009; Pichrtová et al., 2014a; Herburger et al., 2015) is important prerequisite for terrestrial life style. But also morphological features support this survival; One example is the holdfast of Spirogyra cells, which is preceded by callose deposition at the tip of developing rhizoids (Yamada et al., 2003). Branching is common in Z. ericetorum (Stancheva et al., 2014), and more complex morphologies can be observed in Coleochaete, still having the advantage of a small thallus (Leliaert et al., 2012). Structural simplicity might be advantageous in shallow and transient aquatic habitats, because even a thin film of water can provide enough room for coverage (Delwiche and Cooper, 2015). In addition, many species produce large amounts of mucilage with water holding capacities. The ultimate adaptation strategy to a terrestrial lifestyle is the sexual reproduction of Zygnematophyceae, which completely lacks flagellate stages and in the conjugation tube only gliding motility is necessary (Ikegaya et al., 2012).

In the present review, knowledge about stress tolerance mechanisms in Charophyta connected with life in terrestrial environment was summarized. We aimed to include insights derived from recent studies using omics techniques to investigate charophyte stress responses. A combination of methods will in future help to elucidate the stress tolerance that allows survival of this algal group under unfavorable conditions, and which key elements were responsible for the final transition to land.
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The morphology of characean algae could be mistaken for a higher plant: stem-like axes with leaf-like branchlets anchored in the soil by root-like rhizoids. However, all of these structures are made up of giant multinucleate cells separated by multicellular nodal complexes. The excised internodal cells survive long enough for the nodes to give rise to new thallus. The size of the internodes and their thick cytoplasmic layer minimize impalement injury and allow specific micro-electrode placement. The cell structure can be manipulated by centrifugation, perfusion of cell contents or creation of cytoplasmic droplets, allowing access to both vacuolar and cytoplasmic compartments and both sides of the cell membranes. Thousands of electrical measurements on intact or altered cells and cytoplasmic droplets laid down basis to modern plant electrophysiology. Furthermore, the giant internodal cells and whole thalli facilitate research into many other plant properties. As nutrients have to be transported from rhizoids to growing parts of the thallus and hormonal signals need to pass from cell to cell, Characeae possess very fast cytoplasmic streaming. The mechanism was resolved in the characean model. Plasmodesmata between the internodal cells and nodal complexes facilitate transport of ions, nutrients and photosynthates across the nodes. The internal structure was found to be similar to those of higher plants. Recent experiments suggest a strong circadian influence on metabolic pathways producing indole-3-acetic acid (IAA) and serotonin/melatonin. The review will discuss the impact of the characean models arising from fragments of cells, single cells, cell-to-cell transport or whole thalli on understanding of plant evolution and physiology.

Keywords: Characeae, cell-to-cell transport, cytoplasmic droplets, cytoplasmic streaming, metabolic pathways, plasma membrane transporters, plasmodesmata, tonoplast transporters

INTRODUCTION

From all the charophytes, Characeae morphology appears most similar to embryophytes (land plants). The thallus consists of axial stem with leaf-like side branches and is anchored in the soil by root-like rhizoids. However, all these structures are made from large single cells with multiple nuclei, connected by nodal complexes consisting from small cells with single nuclei (Figure 1). The axial internode cells grow up to diameter of 1 mm and up to half meter long in some species (see chapter 1 of Beilby and Casanova, 2013). New thalli regenerate from the nodal complexes.
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FIGURE 1. General morphology of the characean plant. Chara australis is one of the most used characean experimental systems. (A) Plants are perennial and easily cultured in the lab setting for many years. (B) Male plant, identified by orange antheridia, with whorls of six branchelets. Multicellular nodes connect the axial internodes and the branchelets. The rhizoids (not shown) are also made up of large cells joined end to end. The scale bar is 10 mm. Part (B) is adapted from Beilby and Casanova (2013). For more details of Characeae morphology and variation between species see Beilby and Casanova (2013).



Initially, Characeae seemed to be the closest streptophyte algal relatives to land plants (Karol et al., 2001), but recently Coleochaetophyceae or Zygnematophyceae moved into that position (Wodniok et al., 2011; Timme et al., 2012). Wickett et al. (2014) provide strong support for Zygnematophyceae to be the sister-group to land plants. This result is confirmed by plastid phylogenomics (Ruhfel et al., 2014) and plastid genome content (de Vries et al., 2016). Now that Chara braunii genome is in process of being sequenced and annotated and sequencing of the members from the other two classes is imminent, we can look forward to more complete solution to this puzzle.

The size of characean internodal cells makes it a good system for electrophysiology (for review see chapters 2 and 3 of Beilby and Casanova, 2013; Beilby, 2015). These cells fully recover after excision from the thallus and can be subjected to prolonged experiments (24 h and more) with multiple electrodes. For history of pioneering electrical and transport measurements on the characean plants see Walker (1955) and Hope and Walker (1975).

In this review, I will touch on electrophysiology, but mainly in context of exploring transporters at the tonoplast and plasma membrane often initially described in the Characeae. Some of these transporters contribute to supplying the plant with chloride, nitrogen, phosphorus and potassium – elements vital to all plants (carbon transport is covered in another review: Beilby and Bisson, 2012). The movement of ions and nutrients through the characean thallus depends strongly on cytoplasmic streaming. The characean cell size and morphology facilitated the identification of the streaming mechanism. Plasmodesmata are another important element of cell-to-cell transport with some basic experiments made possible by the characean cell size and organization. Another aspect of plant physiology that can be studied in Characeae is metabolic pathways. Beilby et al. (2015) found circadian changes in endogenous concentration of indole-3-acetic acid (IAA) in Chara australis, confirming that the entanglement of this important hormone with the circadian clock pre-dates the emergence of plants on land.

ONE PLANT – MANY EXPERIMENTAL SYSTEMS

The morphology of Characeae facilitates creation of experimental systems on many different levels:

(i) Cytoplasmic droplets that allow patch clamp investigation of tonoplast channels.

(ii) Perfusion and permeabilization that create access to both sides of plasma membrane and tonoplast in single cell context.

(iii) Multi-compartmented cell holders that expose different parts of single cell to different media and tracer substances.

(iv) Two or more tandem cells to measure cell-to-cell transport electrically and by tracers.

(v) Whole thallus assays, where the results are dominated by contents of the large axial and leaf internodes with similar biochemistry and structure.

Perfusion, Permeabilized Plasma Membrane and Cytoplasmic Droplets: Tonoplast Transporters

The cylindrical symmetry of the large internodal cells allows perfusion of the vacuolar contents. The cell is put in a three-well holder (Figure 2A) with perfusion medium in pools A and C and the cell ends are cut. An inclination of the cell holder or higher fluid level in one of the wells creates pressure gradient to replace the vacuolar sap by artificial medium (Figure 2B, for the detailed technique description see Tazawa, 1964; Beilby, 1989). The perfusion can be repeated with different media, but cells are not turgid and survive only some hours. For electrical contact, the “internal electrode” is submerged into one of the outer compartments, and the “external electrode” into the middle compartment. The cell ends can be ligated with thread to ensure longer survival, but the composition of the medium changes with time.
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FIGURE 2. Experimental techniques. (A) Multi-compartment Perspex or Lucite cell holder is employed in many types of experiments. The axial internodes grow to up to 30 cm, so more than three compartments can be introduced. The compartments are electrically insulated by applying silicon grease or Vaseline to the cells at each partition. In the three-compartment holder one compartment (e.g., B) can be filled with 50 – 100 mM KCl, reducing the membrane PD to zero due to activation of high conductance K+ channels (Beilby, 1985). The other compartments are filled with artificial pond water (APW) with osmolarity adjusted, so no water transport occurs between parts of the cell. The reading of electrodes EA – EB approximates the trans-membrane PD. In this technique no electrode insertion is necessary – very useful for wound and mechanical stress investigations. To perform vacuolar or cytoplasmic perfusion, chambers A and C are filled with perfusion medium, B with external medium. The nodes at the ends of the cell (shown as black rectangles) are cut and pressure gradient introduced, so that the vacuolar medium is replaced by artificial medium. In this case electrode EA or EC become the “internal” electrodes, while electrode EB is the external electrode. The rate of perfusion and/or the perfusion medium composition determines if the cell retains tonoplast (B) or not (C). For more details see text.



Tonoplast Proton Pumps

Moriyasu et al. (1984a) demonstrated that the vacuolar pH is regulated close to 5, regardless of pH of the external medium. The perfused cells responded slowly to pH increase with inhibition by Dicyclohexylcarbodiimide (DCCD), while pH decrease was corrected quickly without inhibition, suggesting presence of ATP powered proton pump as well as H+/OH- channels in the tonoplast. To resolve tonoplast electrical characteristics Moriyasu et al. (1984b) increased the conductance of the plasma membrane by including 110 mM KCl in the external medium, opening large conductance K+ channels. The potential difference (PD) across the tonoplast then dominated the combined PD across both membranes. Changing K+ concentration in the perfusion medium revealed passive tonoplast PD due to potassium (Figure 3A). At low internal K+ (0.1 mM) the PD generated by the proton pump, while regulating vacuolar pH, could be measured and increased up to +30 mV at high vacuolar pH (Figure 3A). As K+ concentration in the perfusion medium approached the level of the sap (∼100 mM), the pump PD was short-circuited (Figure 3A). So, there is an interesting difference between the two membranes: the plasma membrane H+ ATPase shuts down, when the membrane conductance becomes dominated by K+ channels (Beilby, 1985), while the tonoplast proton pump/s work against high K+ conductance background with high K+ concentrations (∼100 mM) in the cytoplasm and vacuole.
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FIGURE 3. Tonoplast transporters. (A) Vacuolar PD (Evo) as function of vacuolar perfusion medium K+ concentration and pH (for details see Moriyasu et al., 1984b). (B) I/V characteristics of the tonoplast with natural vacuolar sap and permeabilized plasma membrane with high (64 mM, empty circles) or low (14 mM, triangles before high concentration exposure and crossed triangles after) cytoplasmic Cl- (Tester et al., 1987). (C) Time-averaged I/V characteristics of single tonoplast K+ channels from several patches from cytoplasmic droplets (Laver and Walker, 1987).



Shimmen and MacRobbie (1987) employed the technique of permeabilization to disintegrate the plasma membrane by removing external and wall Ca2+ by ethylene glycol tetraacetic acid (EGTA). While the chloroplasts were disrupted, the tonoplast and the vacuolar compartment were largely unchanged. The cells were exposed to medium simulating the main features of the native cytoplasm (Shimmen and Tazawa, 1982) and ATP or Pyrophosphate (PPi) concentrations could be controlled. The cells were perfused and their ends ligated prior to permeabilization to control the vacuolar medium and to eliminate its buffering capacity. The H+ pumping ability of the tonoplast was judged by accumulation of neutral red in the cell constructs. Shimmen and MacRobbie (1987) found two distinct types of proton pump in the tonoplast, energized either by ATP or PPi. The PPase needs K+ and Mg2+, does not respond to [image: image] and is less affected by DCCD. The ATPase needs Mg2+ but not K+, [image: image] applied from the cytoplasmic side inhibits its activity and DCCD is a more powerful inhibitor. Both tonoplast pumps can be distinguished from the plasma membrane ATPase, as they are not affected by cytoplasmic vanadate.

I/V Characteristics of Pumps and Cl- Channel

Tester et al. (1987) permeabilized young Chara leaf cells and measured I/V characteristics between -200 and +200 mV. With low cytoplasmic Cl-, the sigmoid profile crossed the axis at slightly positive PD. A rise in cytoplasmic Cl- concentration from 14 to 64 mM increased the conductance in PD-dependent manner, suggesting opening of Cl- channels (Figure 3B). The equilibrium PD is positive in this preparation, as the reference electrode was placed in the cytoplasmic phase and the internal electrode in the vacuole. A drop in cytoplasmic K+ concentration from 113 to 30 mM increased the tonoplast conductance in several experiments, somewhat contradictory to results of Moriyasu et al. (1984b).

K+ Channels

To utilize new (then) technique of patch clamping, cytoplasmic droplet technique was developed by Luhring (1986) using results from Moriyasu et al. (1984a). A cut end of a slightly flaccid internodal cell was immersed in the vacuolar sap-like medium, producing droplets, which did not form cell walls. Sakano and Tazawa (1986) demonstrated the vacuolar origin of the membrane by fluorescence after perfusion with Concanavalin A/fluorescein isothiocyanate (FITC). The droplets were very stable and accessible to patch-clamp electrodes in both drop-attached and excised configurations.

Luhring (1986), Laver and Walker (1987) and Laver et al. (1989) made detailed studies of the conductive (170 pS) K+ channel in the droplets. Laver and Walker (1987) formulated mathematical model with one fully open state and seven closed states. The average I/V characteristics exhibited a maximum between -100 and -200 mV, somewhat puzzling result, as tonoplast PD is usually positive (Figure 3C). Laver and Walker (1991) described channel activation by cytoplasmic Ca2+ concentration from 0.1 – 1 μM, with three bound calcium ions necessary for opening. However, for cytoplasmic Ca2+ concentrations above 10 μM, Ca2+ could act as a block. Laver (1992) distinguished two binding sites for Ca2+ in the vestibule to the vacuole and three binding sites for Ca2+ on the cytoplasmic side. Laver et al. (1997) observed that calmodulin inhibitors W-7 and trifluoperazine (TFP) affected the channel open state, with TFP promoting a new sub-state, but the channel was not Ca2+-calmodulin activated. Homble and Fuks (1991) observed partial block by tetraethylammonium (TEA) on either side of the membrane. Bertl (1989) replaced K+ by Na+, blocking the channel on either side of the tonoplast. The addition of Na+ to K+ resulted in regions of negative conductance. Tyerman et al. (1992) resolved conductance sub-states: a longer residency located near the main open state, while a “mid-state” occurred after fast transitions from the main state. Draber et al. (1993) and Schultze and Draber (1993) detected spontaneous cooperative behavior of K+ channels that might arise from channel clustering in the membrane. Katsuhara et al. (1989) suggested that Ca2+-dependent K+ currents across the tonoplast have an important role in hypotonic regulation in salt tolerant Lamprothamnium succinctum.

Another type of K+ channel with smaller conductance (∼90 pS) was also observed in tonoplast droplets (Tyerman and Findlay, 1989; Pottosin and Andjus, 1994). Pottosin and Andjus (1994) patch-clamped droplets of C. gymnophylla and classified these channels as slow delayed rectifier, activated by depolarization, not high Ca2+ and blocked by TEA, and Cs+. The authors suggested a role for repolarization after excitation event.

Cl- Channels

The Cl- channels with a conductance of ∼ 21 pS were also detected in the droplets (Tyerman and Findlay, 1989). In droplet attached mode with media of 130 mM Cl- outside and ∼15 mM Cl- inside the channel behaved as an outward rectifier. The rectification disappeared in symmetrical Cl- concentrations in detached patches. Berecki et al. (1999) measured channel activation by increased cytoplasmic (but not vacuolar) Ca2+ concentration. ZnCl2 (5 – 10 μM) acted as a block from cytoplasmic side. If the membrane PD was held negative of the reversal PD, larger negative currents were recorded, while pre-clamping to more positive PD produced larger positive currents. Low channel activity was observed at the normal cytoplasmic pH (7.2 – 7.4) with a half-maximal Ca2+ concentration of 100 – 200 μM (Berecki et al., 2001). At lower pH 6.0 the channel activity and mean open times became maximized at positive PDs and lower half-maximal activating Ca2+ concentration (5 μM), perhaps due to better calcium binding. Beilby et al. (1999) found more Cl- channels in tonoplast of Lamprothamnium sp. as the external sulphated polysaccharide mucilage increased with cell age.

Comparison to Land Plant Tonoplast Transporters

The vacuolar ATPases were discovered in animal, fungi and land plant experimental systems. In land plants the proton pumping function was measured in late 1970 and early 1980s (see Beyenbach and Wieczorek, 2006 for historical account). The PPase was discovered in 1960s (see Hedrich and Schroeder, 1989 for review), but the proton pumping function was also realized later (Rea and Sanders, 1987). So, the elegant experiments of Moriyasu et al. (1984a,b) and Shimmen and MacRobbie (1987) confirmed results from isolated vacuoles and microsomes and placed it in evolutionary context. The sigmoid I/V characteristics observed for short periods in some experiments by Tester et al. (1987) may have been first recorded I/V characteristics of the vacuolar H+ pumps (compare Figure 3B with simulations from OnGuard model, Blatt et al., 2014). While in many of their experiments the ATP or PPi was not supplied in the permeabilizing medium, small amounts could have been retained near the vacuolar membrane. This experimental system clearly needs revisiting. Nakanishi et al. (1999) found the cDNA sequence of the C. corallina PPase 71% identical to that of land plants and 46% identical to that of chlorophyte Acetabularia and phototropic bacterium Rhodospirillum rubrum.

The vacuolar channels in land plants have been classified as slow activating (SV), fast activating (FV) and K+ selective (VK) (for review se Hedrich, 2012). The VK channel group includes two-pore channels (TPK). Patch clamp studies identified SV as non-selective cation channel, permeable to Na+ and under some conditions to Ca2+, which needs elevated cytoplasmic calcium level to open. In Arabidopsis genome TPC1 encodes the SV channel and loss of function mutants indicated that SV controls K+ homeostasis of the cell. Anion channels appear to be controlled by cell biochemistry and have been observed under elevated cytoplasmic calcium and in presence of kinases. CLC channels described in Arabidopsis genome operate as vacuolar anion channels or proton-Cl- antiporters. Also in Arabidopsis the ALMT6 channels transport malate across the tonoplast. The SV channels seem to have appeared soon after plants came to land, as they were observed in patch clamp studies of Physcomitrella patens tonoplast (Koselski et al., 2013), but not in Characeae. In vascular land plants vacuoles have diversified to fulfill different functions in specialized tissues: for instance protein storage in a seed, storage of nitrogen in root tip, shrinking or swelling in stomata, storage of sulfate or storage of malate for crassulacean acid metabolism (CAM) photosynthesis (Martinoia et al., 2007). It will be interesting to compare sequences of K+, Cl- and specialized channels in Characeae and land plants.

Cytoplasmic Perfusion, Combination of Flux and Electric Current Measurement, Increasing the Size of Cytoplasmic Layer: Plasma Membrane Transporters

The tonoplast can be swept away by increasing the rate of perfusion flow or including EGTA in the medium (Williamson, 1975; Tazawa et al., 1976; Figure 2C). The experimenter now has access to both sides of the plasma membrane. The cell can be repeatedly perfused if the ends are left open. Alternatively, the ends are ligated and electrical contact is made by impaled electrode. In each case the cells are fragile and live only for some hours.

Cl-/H+ Symporter

With the negative membrane PD across the plasma membrane, Cl- needs active transport into the cell even with the low concentration in the cytoplasm. Cells concentrate Cl- in the vacuoles as osmoticum and to keep electroneutrality. Sanders (1980a) found an increase in Cl- influx following period of Cl- “starvation.” Membrane PD transiently depolarized upon resupply of Cl- in the medium (Figure 4A). Using perfused tonoplast-less cells he established that this flux stimulation resulted from drop of cytoplasmic Cl- concentration. He also observed a strong dependence of Cl- influx on cytoplasmic and external pH (Figure 4B; Sanders, 1980b). The control of the cytoplasmic phase facilitated resolution of the change in ΔμH, influence of external pH on cytoplasmic pH and the lack of influence of cation fluxes of K+ or Na+ (earlier postulated salt pump – Findlay et al., 1969). Beilby and Walker (1981) demonstrated instantaneous manifestation of Cl- influx by voltage-clamping the membrane PD of Cl--starved Chara cell, challenging the cell with a range of low concentrations of Cl- and recording an inward positive current (Figure 4C). Clamping the membrane PD prevented activation of other transporters by change in PD. The current amplitude leveled off with Michaelis–Menten kinetics (Vm ∼ 100 nmol/m2.s, Km 10 – 20 μM). Beilby and Walker (1981) modeled the data with the Hill–Whittingham equation, which is appropriate for processes with low Km where an unstirred layer may be important. Sanders (1980b) and Beilby and Walker (1981) agreed that Cl- is co-transported with 2H+, with net positive charge influx.
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FIGURE 4. Plasma membrane transporters: Cl-/H+ symporter. (A) Chara cell Membrane PD depolarization upon re-supplying Cl- after overnight starvation, see arrow (Sanders, 1980b) (B) Chloride influx in intact cells as function of external medium pH, pHo (Sanders, 1980b). (C) Positive inward currents observed in Chara cells with their resting PD voltage-clamped upon exposure to range of Cl- concentrations shown next to each pulse in μM (Beilby and Walker, 1981).



Sanders and Hansen (1981) formulated a kinetic model, where three reaction steps occur on either surface of the plasma membrane and loaded or unloaded carrier crosses the membrane. This scheme postulates that Cl- binds on and leaves first and charge crosses membrane on loaded carrier. The model addresses the main features of the symporter: (i) Michaelis–Menten kinetics, (ii) cytoplasmic Cl- concentration and pH effects on Vmax but not Km, and (iii) Cl- concentration and pH interaction.

Amine Uniporter

Nitrogen is vital for many important plant biochemicals, such as chlorophyll, ATP, nucleic and amino acids. Smith and Walker (1978), Walker et al. (1979a,b) found that simple amines enter characean cells as cations, NH4+ and CH3NH3+, at pH below their respective pKa of 9.25 and 10.64. Using similar technique to Cl- influx investigation, Walker et al. (1979a) challenged the cell with a range of amine concentrations and recorded clamp currents, also obtaining Michaelis–Menten relationship: Vm up to 200 mA/m2, low Km of ∼ 3 μM for NH4+ and 200 μM CH3NH3+. Clamping at different membrane PDs established exponential PD dependence of both Vm and Km. The Hill–Whittingham equation yielded unstirred layer of up to 150 μm in slow flowing media, which reduced to ∼ 40 μm in fast flowing media. The rate of transport fell rapidly with exposure to amines (At one time all Characeae cultures in the laboratory stopped reacting to amines and experiments could only be restarted after enthusiastic cleaning lady stopped mopping the lab floor with ammonium based cleaner!). The transporter was modeled as a uniport with a binding site inside the membrane and mid membrane potential energy barrier. Fairley and Walker (1987) concluded that increasingly substituted amines are transported in cationic form by the same porter. The stoichiometric ratio of the influx of charge and 14C methylamine was 0.9 mol/Faraday (pH 5.7 – 8.5). Above pH 9, the influx of amine increased with rising concentrations of the free bases (Walker et al., 1979b; Figure 5A). Ritchie (1987) measured permeabilities of ammonia, methylamine and ethylamine as Pammonia = (6.4 ± 0.93) × 10-6 m/s, PMA = (6.0 ± 0.49) × 10-6 m/s and PEA = (8.4 ± 1.2) × 10-6 m/s to (14 ± 1.2) × 10-6 m/s. The pHo in the alkaline bands is close to the pKa of these amines (9.25 – 10.75), so the neutral amine transport is important. Ryan and Walker (1993) measured ammonium concentration in Chara vacuole of up to 70 mM, mostly in protonated form due to low vacuolar pH. To preserve electroneutrality, cells exported K+ and Na+ and imported Cl- or manufactured malate in Cl-- free media. Ryan and Walker (1994) inhibited Glutamine synthase, enzyme involved in ammonia assimilation, by L-methionine-D, L-sulphoximine (MSX). An increased concentration of ammonia in the cell strongly inhibited amine uptake, suggesting kinetic regulation by the internal amine concentration or a concentration of an intermediate of nitrogen assimilation.
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FIGURE 5. Plasma membrane transporters. (A) Amine transport: comparison of influx of charge, empty symbols, and methylamine (neutral or charged form), filled symbols (Walker et al., 1979b). (B) Phosphate transport: The Pi influx as function of external Pi concentration: open circles, cells pretreated without Pi for 7 days; closed circles, cells pretreated with 0.1 mM Pi for 7 days (Mimura et al., 1998). (C) Na+/K+ symport: Difference current-voltage curves (calculated by subtracting the 1 mM Na+ or 200 μM K+ I/V characteristics) for range of K+ concentrations with Na+ at 1 mM (top) and Na+ concentrations with K+ at 200 μM (bottom) (McCulloch et al., 1990).



Phosphate Transport

Phosphorus is another vital element for building blocks of plant biochemistry: phospholipids in cell membranes, phosphate groups in DNA and RNA, ATP and other metabolic compounds in energy transduction. Inorganic phosphorus, Pi, forms phosphates: mainly H2[image: image] at pH 5, while [image: image] dominates at pH 10. The observed Pi concentration of 5–10 mM in the cytoplasm must be maintained by active import, especially as the external concentration is in the micromolar range (Mimura, 1999). Even at this low external Pi, starvation of up to 10 days increased the influx transiently. In contrast to Cl- concentration dynamics, the cytoplasmic Pi concentration did not change with starvation or when Pi was re-supplied, although the vacuolar concentration increased when Pi was available (Mimura et al., 1998). The membrane PD or the cytoplasmic pH was not affected by Pi starvation. However, the rate of Pi influx increased for up to 7 days after Pi was re-supplied (Mimura et al., 2002). If the starvation medium contained small amount of Pi (0.5–1 μM) the response was greater, but more transient. The Pi influx showed two plateaux, as the Pi concentration increased and was modeled by a low affinity transporter with Km of ∼4 μM and a higher affinity transporter with Km of ∼220 μM (Mimura et al., 1998; Figure 5B). Pi and Na+ uptakes were linked: Na+ concentration with Km of 300 μM, Pi concentration with Km of 10 μM. In absence of external Na+ induction and inactivation were abolished. Thus Na+ is the main cotransported ion (Mimura et al., 1998; Reid et al., 2000). Combined tracer and voltage clamp experiments established the stoichiometry of Na:Pi of 5.68 at pHo 6. The stoichiometry was confirmed by voltage-clamp experiments where the influx of positive charge exceeded the influx of 32Pi by a factor of 6.26. The dependence of Pi influx on pHo is consistent with the transported species being H2[image: image]. Interestingly, perfused cells required ATP in the perfusion medium to reach a similar influx of Pi to that of intact cells. It is possible that hyperpolarization is necessary for this symport to function. While the electrochemical PD for H2[image: image] and Na+ suggests that there is not enough energy at pHo 5, a large influx was still observed. The authors suggest that the symporter might be able to utilize H+ at low external pH, as observed in yeast and Neurospora (see Reid et al., 2000 for review).

Na+/K+ Transport

Similar to phosphate, K+ is concentrated in both cytoplasm and vacuole (up to ∼100 mM), but may be quite scarce in some ponds inhabited by freshwater Characeae. The K+ selective inward rectifier channels require very negative membrane PDs to open. The high conductance K+ channels open at less negative membrane PDs, but need external K+ concentrations above ∼1 mM. After the cells were starved of K+, Smith and Walker (1989) measured electrogenic influx of K+, which was dependent on Na+ presence in the medium. The ratio of tracer and charge inflow confirmed symport of K+ with Na+ with a stoichiometry 1:1: K+ with Km of ∼ 30 μM and Na+ with Km of ∼ 470 μM. McCulloch et al. (1990) observed an exponential clamp current turnoff with short half times of ∼50 s, even in low K+ concentrations. As K+ concentration in the cytoplasm is already high, Na+ was a more likely candidate for transport inhibition at ∼5 mM (Tazawa et al., 1974). The authors used cytoplasm-enriched fragments to overcome current turnoff and gain more time for measurements. These cell constructs are prepared by slow centrifugation of long internodal cells creating cytoplasmic plug at one end, which is then tied off by a thread. With greater volume of cytoplasm for a given surface area, it was possible to obtain families of I/V characteristics at different K+ and Na+ concentrations (see Figure 5C). For K+ influx, Km decreased as the PD became more negative, while Vmax increased. For a Na+ influx both Km and Vmax increased with the negative going PD. These characteristics can be modeled either by simultaneous transit of K+ and Na+, or by the ions transiting in consecutive steps. Both models suggest a double negative charge on the unloaded carrier and extracellular binding of K+ followed by Na+. The charge transit process is the limiting step at more positive membrane PDs.

Comparison to Land Plant Plasma Membrane Transporters

The H+/Cl- symporter in root hair cells of Arabidopsis relative mustard Sinapis alba was described by Felle (1994). Clearly, this transporter must be active in range of tissues of land plants, as Cl- compartmentation is similar to Characeae: low in the cytoplasm and high in the vacuole to maintain turgor together with K+ and other inorganic and organic anions (Barbier-Brygoo et al., 2000). Teakle and Tyerman (2010) lament lack of data on Cl- transport under salinity stress. They point out that the electrochemical potential for Cl- changes as plants are exposed to saline environment and the Cl- influx might become passive through channels. The salt tolerant Characeae Lamprothamnium increases its vacuolar Cl- concentration from 200 – 800 mM as external salinity rises (Bisson and Kirst, 1980). This is a perfect system to study the nature of Cl- inflow under salinity stress.

The ammonium ion transporters belong to the AMT/MEP/Rh family found in all domains of life and described in plants and fungi in 1990s (for reviews see Ludewig et al., 2007; McDonald et al., 2011). The detailed protein structures are being investigated and suggest charged NH4+ is the transported molecule (Pantoja, 2012).

In phosphate transport, most land plants use H+ as the driver ion and Pi uptake causes cytoplasmic acidification (Mimura, 2001). The main family of Pi transporters are PHT1 (see Nussaume et al., 2011 for review). The Na+/Pi transporter in Characeae is similar to that in animal cells, which operate on Na+ economy. However, there are examples of Na+/Pi symport in some chlorophytes (Ullrich and Glasser, 1982; Ritchie et al., 1997).

Na+/K+ symport is limited to aquatic higher plants and was observed in Egeria and Vallisneria leaves, and in Elodea and Egeria roots. In land plants such as wheat, barley or Arabidopsis, the driver ion appears to be H+ (Maathuis et al., 1996). In Characeae the Na+ coupling is also implicated in the transport of urea, amino acids and sugars (Walker et al., 1993; Walker, 1994).

The detailed data on the control of the above transport systems by external and internal concentrations of driver and transported substances and pH were obtained utilizing the large size of characean cells and the ability to manipulate cellular compartments by perfusing the vacuole or the cytoplasm or concentrating the cytoplasm in the cytoplasm enriched cell constructs. Direct comparison of tracers and electrical currents in voltage clamped cells provided transport stoichiometries.

Cell to Cell Transport

Structure of Nodal Complex

The axial and branch internodes are separated by nodal complexes (see Figure 6A, Walker and Bostrom, 1973). Shepherd and Goodwin (1992b) describe how the new internode and the nodal architecture arise from the apical cell establishing the path of cytoplasmic streaming (see Streaming). The shortest path between two internodal cells is through two flat cells in the middle of the node (marked “C” in Figure 6A, Spanswick and Costerton, 1967).
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FIGURE 6. Structure of the nodal complex. (A) In this diagram of longitudinal section through the node of Chara the axial internodes are marked “A,” the lateral (leaf) internodes are marked “L” and the two central nodal cells are labeled “C.” (adapted from Walker and Bostrom, 1973). (B) Electron microscopy of transverse view of plasmodesma in a branch node of C. zeylanica. Arrow marks the central desmatubule, small arrowheads indicate the spoke structures connecting it to plasma membrane. Bar is 50 nm (from Cook et al., 1997). (C) The electrical model of the node and its neighboring internodes (Ding and Tazawa, 1989): RA is the membrane resistance of cell A, RB is the membrane resistance of cell B, RN is the resistance across the node, which is the sum of the node resistance rN plus the resistances of the cell sap rs. The PDs across cell A, cell B and the nodal region are EA, EB and EN, respectively. The internal electrodes are labeled μA and μB.



Transport between internodal cells is mediated, and controlled, by plasmodesmata that connect the cytoplasm of neighboring cells (for review see Burch-Smith and Zambryski, 2012). Spanswick and Costerton (1967) found that in Nitella translucens the plasmodesmata between the nodal cells had uniform diameter, while plasmodesmata between nodal and internodal cells developed central cavities, sometimes with several openings. Young cells exhibited extensive connectivity with up to 14.7% of the wall occupied by plasmodesmata. Characeae form primary plasmodesmata containing endoplasmic reticulum (ER) with close similarity to higher plant plasmodesmata was established (Franceschi et al., 1994; Cook et al., 1997; Brecknock et al., 2011; Figure 6B).

Fluorescent Tracers

Shepherd and Goodwin (1992a,b) attached peptides of increasing molecular weight to fluorescein to establish molecular exclusion limit in cell to cell communication: 874 Da. They used young shoots of C. corallina and injected fluorescein by iontophoresis, sometime aided by pressure, into the cytoplasm of one of the cells in a lateral branch. In the winter months the lateral internode cells exhibited low resting PD of ∼-120 mV and restricted cell-to-cell communication of the internode and adjacent node. As the action potential inhibited cell-to-cell communication, the exposure to excitation inhibitor La3+ restored communication. In spring the branch cells with more negative resting PD (∼-210 mV) increased transport of 6 carboxyfluorcescein between nodes and internodes. As in winter cells, if cytoplasmic Ca2+ was increased due to action potential or exposure to ionophore A23187, cell-to-cell transport was inhibited.

The spring plants became fertile and formed male reproductive structures (antheridia) from the nodal cells located near the descending (internodal) cytoplasmic stream. While the molecular exclusion limit was smaller (between 750 and 874 Da), the young antheridia were easily reached by the fluorescent dye, while the mature antheridia lost connectivity from the rest of the plant (Shepherd and Goodwin, 1992b).

Kwiatkowska (2003) combined fluorescent dye Lucifer Yellow experiments with electron microscopy to study the development of the antheridia in C. vulgaris and tomentosa. Simple plasmodesmata connect the antheridium and supporting cells in early developmental stages. Gradually some plasmodesmata disappeared enforcing radial orientation of symplasmic routes through the antheridium. Simple plasmodesmata developed branching to provide pathway for gibberellins and nutrients. Then the plasmodesmata were selectively plugged, limiting the synchronization of cell divisions. Finally the plasmodesmata between the antheridium and the thallus were spontaneously broken, starving the antheridium of gibberellins and initiating spermiogenesis. ER penetrated into antheridial filament plasmodesmata at specific stage of spermiogenesis enabling exchange of nucleohistones into nucleoprotamines. These results confirm that the plasmodesmata are very dynamic structures under tight control of the plant.

Radioactive or Substitution Tracers

Bostrom and Walker (1975) employed two internodal cells in tandem to measure the intercellular transport of Cl-. The cells were placed in three-compartment holder similar to that in Figure 2A. The node was positioned in the middle compartment (B) and compartments were insulated by silicone grease. The 36Cl tracer was added to one compartment and the content of the tracer in both cells was monitored over time. The chloride was taken up and about two thirds remained in the vacuole of the exposed cell, while a third was transported to the other internode. No polarity was found, as the results were insensitive to swapping the basal and apical internodes as input cells. The rate of transport varied between 4 and 60 pmol.s-1 and was consistent with diffusion through the plasmodesmata without invoking bulk flow or active transport. Bostrom and Walker (1976) controlled the speed of cytoplasmic streaming by cytochalasin B. The intercellular chloride flux was proportional to the streaming speed in the input internode but not the “sink” internode. Streaming speed did not affect the chloride influx in the input cell.

Chloride is not consumed in metabolism or complexed into compounds, but its distribution between cytoplasm and vacuole can be complicated by tonoplast action potentials elicited by handling the cells. MacRobbie (1969, 1975) initially postulated vesicle transport to explain the fast appearance of chloride tracer in the vacuole. Later she performed elegant experiments exposing only half of the internodal cell to radioactive label. A blockage of excitation diminished the fast “vesicle transport” phase.

Ding and Tazawa (1989) substituted Rb+ for K+ and exposed the input cell to 100 mM RbCl at 5°C. The low temperature inhibited the transnodal transport and 43 mM Rb+ accumulated in the cytoplasm. Upon temperature increase to 25°C, ∼ 12% was transported into the sink cell, suggesting diffusion process with coefficient 2.3 × 10-11 m2.s-1 (plasmodesmata were assumed to occupy 10% of the nodal area). The rubidium transport was also strongly dependent on cytoplasmic streaming in either or both internodes, regardless if the streaming speed was controlled by cytochalasin B or change in temperature. A turgor pressure gradient of 240 mOsm across the node decreased the nodal transport, suggesting the existence of valving system.

Zawadski and Fenson (1986a) measured intercellular transport of dissolved inorganic carbon (DIC) by supplying NaH14CO3 to the input cell. Their results were complicated by the complexity of DIC distribution in the medium as CO2 or bicarbonate according to pH, the intricacy of the banding system (see Beilby and Bisson, 2012) and carbon fixation by photosynthesis. In this case low streaming rate in either cell resulted in diminished intercellular transport. In the winter the transport was more sensitive to anoxia and decrease in illumination. In the summer the cells have greater reserve of ATP, so it is possible that the DIC transport is active. The application of pressure gradients on the node confirmed this hypothesis. Zawadski and Fenson (1986b) found that trans-nodal transport of 14C was independent of the direction of the pressure gradient (up to 2.5 bars). However, the rate of transport decreased with the increasing pressure gradient. The plasmodesmata are likely to contain pressure sensitive valving system. Similar pressure sensitivity was also found in plasmodesmata of higher plants (Oparka and Prior, 1992). Transports of 36Cl, 32P and 42K were also affected by imposed pressure gradients: 42K transport was consistent with diffusion, but active components were postulated in both 36Cl and 32P transport. Large portion of the 32P in the input cell was metabolized, resulting in small feed into the sink cell. Working with whole plants of C. hispida, Box et al. (1984) measured the flux of 14C from the rhizoids to the top of the plant. The rate of transport was reduced to 6% by exposure to cytochalasin B. However, transport of 32P was somewhat slower than cytoplasmic streaming probably due to involvement in metabolism. Trebacz et al. (1988) found that blockers of photosystem I or II, such as 3-(3,4-Dichlorophenyl)-1,1-dymethylurea (DCMU), 2,6-Dichlorophenolindophenol (DCPIP) or uncouplers of phosphorylation Iodoacetamide (IAc) 2,4-Dinitriphenol (DNP), Diethyl stilbestrol (DES), NH4+ and citrate all diminished intake of DIC and reduced the transport across nodes. These findings suggest that the transport of carbon, chloride and phosphate compounds across the node is at least partially active.

Trebacz et al. (1988) identified pentoses, hexoses and disaccharides formed from the supplied NaH14CO3 by high performance liquid chromatography in the feed cell. These and small amino acids passed through the node into the adjacent cell. Ding et al. (1992) fed NaH14CO3 to a branchlet of C. corallina in a internode-branchlet complex and measured photoassimilates after 10 min in both the source branchlet and the sink internode, using thin-layer chromatography. The main photoassimilates transported were sucrose and amino acids. Transport was aided by downward concentration gradients of sucrose, serine and glutamic acid between the cytoplasm of the branchlet and the internodal cell, which decreased when the apex was detached.

Electrical Measurements

The insertion of electrodes into the internodes on each side of the node allows measurement of transnodal PD and also the transmembrane PD of each internode (with appropriate reference electrodes in each compartment). It is also possible to pass current across the node to measure electrical resistance. The node resistance varied in different systems: ∼1.7 kΩ.cm2 in Nitella (Spanswick and Costerton, 1967), ∼ 0.47 kΩ.cm2 in C. corallina (Bostrom and Walker, 1975), 0.06 – 0.12 kΩ.cm2 in the nodes between young branch Chara cells and 0.2 – 0.51 kΩ.cm2 in the older branch cells (Reid and Overall, 1992). Ding and Tazawa (1989) measured the nodal resistance/conductance as a function of imposed pressure gradient. The pressure gradient of 180 mOsm diminished the conductance to ∼50%, but no further decrease was obtained with further pressure rise. The location of increased electrical resistance was found on the side of the node adjacent to the internode with reduced turgor. Thus the nodal cells deform by bulging out into the less turgid internode closing the valving mechanism. The rubidium trans-nodal flux diminished to 3% in such conditions. The authors formulated an electrical model of the node and adjacent internodes (see Figure 6C). In similar experiments the exposure of one of the tandem Chara internodes to 100 mM mannitol increased nodal resistance by 40% (Cote et al., 1987).

The metabolic inhibitor carbonyl cyanide m-chlorophenylhydrazone (CCCP) affected internodes by making the membrane PD less negative, increasing the membrane resistance and stopping the cytoplasmic streaming (Reid and Overall, 1992). The trans-nodal resistance greatly increased with the same time course. The exposure of one internode to 200 mM mannitol resulted in doubling of the nodal resistance. The fluxes of 14C butyrate and 36Cl were diminished both by CCCP and mannitol. The excision of one internode resulted in rapid resistance increase followed by further slow rise. The cytoplasmic pH changes induced by butyric acid, NH4+ or methylamine resulted in small effects on the trans-nodal resistance. On the other hand, the trans-nodal resistance was insensitive to changes in light intensity, cytoplasmic calcium concentration changes or trans-nodal PD manipulation.

Sibaoka and Tabata (1981) concentrated on action potential (AP) transmission across nodes of C. braunii. They inserted additional electrode in one of the large nodal cells. The whole nodal cell was not excitable, but the adjacent area of the nodal cell (end-membrane) displayed APs. At the time of AP conduction the stimulated internode produced greater electrotonic depolarization in the next internode without the end-membrane excitation, facilitating the internode–internode transmission. The authors modeled the internode with three resistances Ra (internode a), Rb (internode b) and nodal resistance Rn (compare to more complex model in Figure 6C). The coupling ratio for internode a was calculated as Rb/(Rb + Rn). This ratio increases if Rb > Rn or if APW (artificial pond water) in the nodal compartment was replaced by more conductive medium of 1 mM KCl or 10 mM NaCl. Rn was estimated as 1.2 kΩ.cm2.

Conclusion

The early measurements of intercellular transport and electrical conductance provided basis to what is now a large field mainly centered on structure and evolution of plasmodesmata (Burch-Smith and Zambryski, 2012; Evkaikina et al., 2014). In gymnosperms and angiosperms primary plasmodesmata develop at the time of cell division, while secondary plasmodesmata can form between any adjacent cells after cell division. Both primary and secondary plasmodesmata were observed in Characeae, but in different species of Chara (Franceschi et al., 1994; Cook et al., 1997; Brecknock et al., 2011). However, some early land plants such as Selaginellaceae and ferns seem to lack the ability to form secondary plasmodesmata (Evkaikina et al., 2014). Raven (2005) suggests complex evolutionary pathway: independent evolution of plasmodesmata in brown algae, in characean algae, and up to five times (!) in green algae, but not in red algae, haptophytes and dinoflagellates, despite multicellular morphology. In embryophytes plasmodesmata facilitate exchange of miRNA, proteins, and mRNA between adjacent cells in the course of plant development. The full role of characean plasmodesmata is yet to be investigated.

Streaming

Streaming and Morphology

The large size of characean cells makes observation of cytoplasmic streaming easy, requiring only low power microscope. The streaming pattern follows the orientation of the chloroplast rows, tracing a helical path around the cell, the upward and downward streams separated by a chloroplast-free “indifferent zone” (Figure 7A). As the chloroplast rows are fixed in the Characeae, the streaming direction is related to the whole plant development. The oldest leaf cell in each whorl and axillary new shoots grow below the descending cytoplasmic stream. The streams run in opposite directions on each side of the nodal complex (Hope and Walker, 1975). The velocity of streaming is comparatively steady given constant temperature and supply of ATP.


[image: image]

FIGURE 7. (A) Cytoplasmic streaming Young leaf Chara cell showing the neutral zone between the two opposing cytoplasmic streams (black arrow), bar 500 μm (from Beilby and Casanova, 2013). (B) Model of cytoplasmic streaming (Shimmen, 2007): Chara myosin, which mediates the fast streaming speed, contacts actin via loop 3, with fast ADP release (most other myosins use loop 2, which slows ADP release). (C) Endogenous concentrations of auxin, melatonin and serotonin: changes over 24 h in IAA (green), melatonin (red) and serotonin (blue) in summer Chara thalli. Top graph: plants sampled straight from growth tank maintained on 12/12 light/dark cycle, darkness is indicated by gray rectangles. Bottom graph: explants were pretreated 3 days in darkness, the dashed line rectangles indicate where plants experienced dark in the 12/12 h regime (adapted from Beilby et al., 2015).



Mechanism: Actin and Myosin

The ribbon of cytoplasm (∼10 μm thick) winds its way around the cell with the same speed, transferring some of the movement to the vacuole. This agitation drops off with the distance into vacuolar sap. Kamiya and Kuroda (1956) prepared cytoplasm-enriched cell constructs (see Na+/K+ Transport) with greater volume of flowing cytoplasm and observed similar speed decrease further away from the gel (static cytoplasm). The authors proposed the “sliding theory,” where the interactions of sol (flowing cytoplasm) and gel surfaces produce the shearing force that moves the sol along. Using light microscopy Kamitsubo (1966) observed rope-like structures on the cytoplasmic side of the chloroplasts. Nagai and Rebhun (1966) and Kersey and Wessells (1976) employed electron microscopy to resolve about 100 microfilaments making up each rope. Kamitsubo (1972) used strong illumination to detach chloroplasts and the cables on a small patch of the cell, strongly inhibiting the streaming. When the cables regenerated, streaming was restored. Palevitz et al. (1974) and Williamson (1974) observed arrowhead structure, found in animal systems with actin, when heavy mero-myosin (HMM) sub fragment S1 is applied. Nothnagel et al. (1981) confirmed actin presence by fluorescently labeled phallotoxin, while Williamson and Toh (1979) used an antibody raised against actin. Williamson (1972) and Shimmen and Tazawa (1983) stopped streaming by applying the animal systems inhibitor of actin-based motility, cytochalasin.

In analogy to muscle movement it seemed likely that myosin also participates in cytoplasmic streaming. Kato and Tonomura (1977) purified myosin from Nitella. Chen and Kamiya (1975, 1981) located myosin in the cell by moving cytoplasm into one half of the cell by centrifugation. If the half without cytoplasm was treated by SH reagent N-ethylmaleimide (NEM), or heat of 47.5°C, the subsequent streaming was not affected. When the same treatments were applied to cytoplasm-containing half of the cell, the streaming was disrupted in the whole cell. Therefore, similar to muscle, characean myosin is more sensitive to NEM and heat than actin and is found in the cytoplasm (for references see Shimmen and Yokota, 1994). Williamson (1975) observed cytoplasmic organelles, which became strongly bound to actin cables, when ATP was removed from perfusion medium in tonoplast free cells. Using electron microscopy Nagai and Hayama (1979) observed horn-like shapes with small globules (∼30 nm diameter) on endoplasmic organelles. Kachar and Reese (1988) agreed that myosin may be found in ER, to facilitate sliding along the actin cables.

In characean cells the streaming speed can reach 100 μm/sec, much greater than that in higher plants and actin-myosin sliding in skeletal muscle. In “mix and match” experiments, glass was coated with myosin. The fluorescent-labeled actin filaments were added and their movement could be observed (Kron and Spudich, 1986). Shimmen and Yokota (1994) combined myosin from characean cytoplasm and actin filaments from skeletal muscle to observe similar sliding speeds to those in characean cytoplasmic streaming. Shimmen and Yano (1984) set up tonoplast-free cell with characean actin and perfused it with latex beads coated with skeletal muscle myosin. The slow velocity of this combination indicated that the speed of characean streaming is due to the native myosin.

Genetically characean myosin is similar to that of land plants: myosin XI. The myosin molecule was resolved by electron microscopy, showing two head structures and a tail that mediates the binding process (Shimmen, 2007, Figure 7B). While myosins in other species have positive charge on loop 2 and several lysine residues, Chara myosin loop 2 is uncharged with no lysine cluster. Instead, the loop 3 is positively charged (Ito et al., 2009), which leads to high ATPase activity. The less charge on loop 2 enables higher velocity. The structure of myosin, altered accordingly, speeded up the sliding in Dictyostelium.

Energy Source: Adenylates and Mg2+

Williamson (1975) and Tazawa et al. (1976) determined that ATP provides energy for the myosin head to release. Without ATP the organelles are connected to actin cables by rigor cross-bridges (Nagai and Hayama, 1979). Shimmen (1978) found that maximum streaming velocity was reached at ATP concentrations above 200 μM, well above the normal cytoplasmic concentration of 0.5 – 3.4 mM. The relationship between streaming velocity and ATP concentration is linear. Consequently, inhibitors that diminish ATP concentration also affect streaming (Reid and Walker, 1983). Reid and Walker (1983), Shimmen (1988) perfused tonoplast-free cells with cytoplasm-like medium containing 1.6 ATP, 0.6 ADP, 0.8 AMP, 14.7 Pi and 2 pyrophosphate (in mM) and obtained normal streaming speeds. If only ADP was included in the perfusion medium, it was converted to ATP by adenylate kinase and streaming started after a delay. This streaming recovery was abolished by addition of adenylate kinase inhibitor to ADP medium. If the Mg2+ concentration in the perfusion medium was decreased compared to that of ATP, streaming speed declined (Shimmen, 1978, 1988). Shimmen and Tazawa (1983) confirmed the importance of Mg2+ by including Mg2+ chelator in the media, inhibiting streaming in both tonoplast-free and permeabilized experimental preparations. As in muscle Mg2+ is necessary for myosin ATPase reaction and it also maintains the streaming system.

Temperature, pH, Light and Ca2+

Shimmen and Yoshida (1993) made detailed measurements of sensitivity of cytoplasmic streaming to temperature (for historical temperature measurements see references in Shimmen and Yokota, 1994). With pH and Ca2+ concentration controlled in perfused cells, there is a linear relationship between streaming velocity and temperature decrease in the range 25 – 0.5°C. Some intact cells did show a steeper drop in streaming speed between 15 and 10°C.

Fujii et al. (1979), Tazawa and Shimmen (1982) employed the tonoplast-free system to explore the effect of pH, finding the greatest streaming velocity at neutral pH. Shimmen and Tazawa (1985) investigated the effect of carboxylic acid secreted by leaf-cutting ant, myrmicacin. At low pH, the undissociated form of the carboxylic acid penetrates the plasma membrane and acidifies the neutral cytoplasm by dissociation. Thus the cytoplasmic streaming is only affected if myrmicacin is applied at low external pH. Barr and Broyer (1964) reported higher velocity of streaming upon illumination, which was abolished by photosynthesis inhibitor DCMU (Plieth and Hansen, 1992). Miller and Sanders (1987) measured a decrease in cytoplasmic calcium concentration upon illumination, possibly due to Ca2+ uptake by the photosynthesising chloroplasts.

The early experiments researching the effects of Ca2+ on streaming were done on cytoplasmic droplets, which contained rotating chloroplasts (Hayama and Tazawa, 1980). The authors assumed that same actin-myosin mechanism was involved as in cytoplasmic streaming. Iontophoretic injection of different ions into the droplet produced different effect on the chloroplast movement: K+ and Mg2+ had no effect, Ca2+ stopped the movement transiently, Sr2+ and Ba2+ had similar effect to Ca2+, Mn2+ and Cd2+ induced slow irreversible decline in motion. After Kikuyama and Tazawa (1982) stopped the streaming transiently by direct injection of CaCl2 into intact Nitella cell, Williamson (1975), Hayama et al. (1979) turned to tonoplast-free cells and found that up to 1 mM Ca2+ was needed to stop the streaming with incomplete recovery. Tominaga and Tazawa (1981) monitored streaming with time after perfusion and found that it became more sensitive to Ca2+ concentration. However, compared to intact cells the Ca2+ concentration for streaming stoppage was too high: the data from the perfused cells was misleading! Using aequorin Williamson and Ashley (1982) monitored the Ca2+ concentration in the cytoplasm of intact characean cells at the time of excitation: the peak concentration was 43 μM in Nitella and only 6.7 μM in Chara. At the time of AP, the streaming cytoplasm appears to “freeze” completely, restarting slowly after some minutes. Shimmen and Tazawa (1983) employed the permeabilized cells to confirm that only 1 – 10 μM Ca2+ were needed to stop the streaming. In the tonoplast-free system the native cytoplasm is removed in the perfusion process, while during permeabilization the cytoplasm is not disrupted. Consequently, it is a component of the cytoplasm that is Ca2+ sensitive.

Shimmen and Yano (1986) perfused cells with beads coated by skeletal muscle myosin and, like in the muscle; the movement dependence on calcium concentration was lost. Myosin in skeletal muscle has no Ca2+ sensitivity. Further, the incorporation of muscle troponin-tropomyosin complex into characean actin filaments actually made higher calcium concentration necessary to start streaming. Consequently, the calcium sensitivity in the intact characean cell is associated with myosin. As most of native cytoplasm is removed in rapidly perfused cells, the calcium sensitivity changed. In animal and mold systems myosin produces sliding either in phosphorylated or de-phosphorylated state. Tominaga et al. (1987) introduced phosphatase-1 into perfusion medium and abolished the streaming stoppage at high Ca2+ concentrations. The inhibitors of phosphatase-1, on the other hand, totally inhibited streaming. As characean myosin only promotes streaming in de-phosphorylated state, ATP-γ-S irreversibly inhibited the recovery of streaming after it was stopped by high Ca2+ concentration (thio-phosphorylated proteins are not de-phophorylated with phosphatases). The authors suggest that at the time of an AP the phosphatase is activated indirectly through Ca2+ binding to calmodulin, as Ca2+ concentration rises. Calmodulin inhibitors, indeed, prevent streaming recovery only following exposure to high Ca2+ concentration, while steady state streaming is not affected (Tominaga et al., 1985).

The Importance of Streaming

Cytoplasmic streaming can be observed in many eukaryotic organisms: algae, higher plants, fungi, slime molds, nematodes and flies. The cells that utilize cytoplasmic streaming tend to be larger than the usual 10–100 μm or have specialized functions (Goldstein and van de Meent, 2015). However, some cells of normal size, such as cells in stinging nettle, parenchymal cells in onion or leaf cells in Elodea, exhibit slow circulation streaming. Fountain streaming can be observed in root hairs and pollen tubes of various higher plants. The details of the actin-myosin driven streaming were elucidated in characean cells, because their cell compartments can be manipulated. In large celled characean thalli streaming is crucial for intercellular transport of both nutrients and organic compounds (see Radioactive or Substitution Tracers). The pH banding that aids carbon fixation does not occur without streaming. There may be further roles of streaming in cell metabolism and improving homeostasis by enhancing vacuolar mixing (Goldstein and van de Meent, 2015).

Evolution of Hormone Auxin and its Signaling Pathways

Polar Auxin Transport (PAT)

In land plants growth and development is directed by auxin indole-3-acetic acid (IAA) concentration minima, maxima and gradients. Young shoots of land plants produce IAA and transport it to roots by parenchyma cells which produce auxin influx- (AUX, LAX) and eﬄux- (PIN) supporting proteins (for review see Petrasek and Friml, 2009). 1-N-naphthylphthalamic acid (NPA) is an efficient inhibitor of the eﬄux PIN proteins. IAA research in Characeae can elucidate some of the developmental steps in auxin signaling and metabolic pathways from origins in chlorophyte algae (De Smet et al., 2011) to the complexity of extant land plants.

Hori et al. (2014) detected auxin in the basal branching charophyte Klebsormidium. In Characeae with more complex morphology, effects of external IAA and its transport through the thallus and rhizoids were investigated. Klambt et al. (1992) observed rhizoids developing in cuttings of Chara globularis. The polar growth of rhizoids was inhibited by explant decapitation or by addition of NPA. If IAA was added to the medium, the inhibition of growth was reversed. 14C IAA was retained by the explants more strongly after treatment with NPA. Thus NPA seems to inhibit IAA eﬄux as it does in higher plants. The rhizoid development in mosses is also affected by IAA (Eklund et al., 2010). Clabeaux and Bisson (2009) decapitated C. australis explants or tied the second internode with a silk thread to prevent basipetal transport through streaming. Greater number of axillary branches was observed in decapitated explants and below the tied thread: clear demonstration of apical dominance. However, unlike higher plants, the tied explants also produced greater number of rhizoids and addition of IAA to the medium had no effect.

Boot et al. (2012) placed one or two adjacent internodes of C. corallina in three-compartment chamber. The middle chamber was labeled by addition of 3H-IAA and the appearance of the label was then monitored in the outer chambers. After 1 hr the shoot to rhizoid directed transport of IAA was 50-times greater than that in the opposite direction. The polarity was lost upon exposure to NPA. Initially, the IAA transport through the thallus was attributed to cytoplasmic streaming, as the rate was comparable. When no rate decrease resulted from streaming inhibition by cytochalasin, Raven (2013) proposed involvement of other mechano-chemical motors such as dynein-tubulin or kinesin-tubulin. If the label was added to one of the outer compartments, large amount of IAA was detected in the middle compartment. The cortication of C. vulgaris prevented some of the leakage. The authors concluded that the auxin influx carrier proteins of higher plants are probably lacking in Characeae. Bennett et al. (2014) made a detailed study of PIN protein evolution, finding that charophyte Klebsormidium PIN structure was substantially different to that of higher plants. Thus the IAA transport proteins evolved to their present forms in different types of tissues of land plants.

Circadian and Seasonal Effects on IAA and Melatonin/Serotonin Metabolic Pathways

Beilby et al. (2015) measured circadian concentrations of IAA, melatonin and serotonin in C. australis plants. The plants, which experienced summer day-length and temperatures, exhibited distinct concentration maxima about 4 h after subjective daybreak. Similar concentration distribution persisted in plants pre-treated for 3 days in the dark, confirming a circadian rhythm (Figure 7C). Plants pre-treated 3 days in the light exhibited more IAA concentration maxima, while melatonin and serotonin exhibited smaller concentrations changes, less synchronized with those of IAA. In the winter plants exhibited much smaller IAA concentration maxima in the subjective dark phase, which again persisted after dark pre-treatment. Melatonin and serotonin concentrations were also much smaller, compared to summer cells, with only a weak correlation to IAA concentration changes. The close synchronization between IAA and serotonin circadian cycling suggests IAA biosynthesis by the tryptamine pathway, which intersects with the serotonin/melatonin pathway (Mano and Nemoto, 2012; Ljung, 2013). The IAA synthesis was recently investigated in charophytes by searching for sequences of tryptophan aminotransferase (TAA) and flavin monooxygenase (YUCCA) enzymes that mediate the main synthesis pathway in model plant Arabidopsis. Wang et al. (2014) found homologs of these enzymes in Klebsormidium and two Characeae, but Turnaev et al. (2015) argued that the differences are too large for the enzymes to be functional. Ke et al. (2015) suggested that the results are inconclusive. So, this is clearly a very active research area!

The data in this section indicate that polar auxin transport and circadian influence on IAA pre-dates emergence of plants on land. The advantage of using characean thalli for biochemical assays are (i) small number of large internodal cells (with their contents dominating over much smaller nodal complexes) in each sample and (ii) relatively small differentiation between axial and leaf internodes compared to variety of tissues encountered in vascular land plants. The seasonal and circadian nature of endogenous IAA concentration also highlights the importance of collecting plant samples in the right season and at the right part of day cycle.

CONCLUSION

The size of characean cells provides the experimentalist with many options not available in typical plant cells or tissue. Due to this unusual morphology, Characeae were initially regarded as “interesting,” but not representative of higher plants. In recent decades, however, many higher plant-like properties are starting to emerge. The different aspects of the Characeae research are now coming together: electrophysiology, nutrient acquisition, cell to cell transport, carbon concentrating mechanisms, cytoplasmic streaming, geotropism, metabolic pathways, circadian rhythms, plant evolution, wound healing, cytoskeleton organization, cell walls, phytoremediation, lake ecology – too many topics to be discussed in this review. On the other hand, the exceptional Characeae morphology is providing insights into physical limits of cell size, transport of nutrients, homeostasis and macromolecular targeting (Goldstein and van de Meent, 2015). The Characeae system is about to become even more valuable with sequencing of C. braunii.
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Wortmannin, a fungal metabolite and an inhibitor of phosphatidylinositol-3 (PI3) and phosphatidylinositol-4 (PI4) kinases, is widely used for the investigation and dissection of vacuolar trafficking routes and for the identification of proteins located at multivesicular bodies (MVBs). In this study, we applied wortmannin on internodal cells of the characean green alga Chara australis. Wortmannin was used at concentrations of 25 and 50 μM which, unlike in other cells, arrested neither constitutive, nor wounding-induced endocytosis via coated vesicles. Wortmannin caused the formation of “mixed compartments” consisting of MVBs and membranous tubules which were probably derived from the trans-Golgi network (TGN) and within these compartments MVBs fused into larger organelles. Most interestingly, wortmannin also caused pronounced changes in the morphology of the TGNs. After transient hypertrophy, the TGNs lost their coat and formed compact, three-dimensional meshworks of anastomosing tubules containing a central core. These meshworks had a size of up to 4 μm and a striking resemblance to charasomes, which are convoluted plasma membrane domains, and which serve to increase the area available for transporters. Our findings indicate that similar mechanisms are responsible for the formation of charasomes and the wortmannin-induced reorganization of the TGN. We hypothesize that both organelles grow because of a disturbance of clathrin-dependent membrane retrieval due to inhibition of PI3 and/or PI4 kinases. This leads to local inhibition of clathrin-mediated endocytosis during charasome formation in untreated cells and to inhibition of vesicle release from the TGN in wortmannin-treated cells, respectively. The morphological resemblance between charasomes and wortmannin-modified TGN compartments suggests that homologous proteins are involved in membrane curvature and organelle architecture.

Keywords: Chara australis, wortmannin, trans-Golgi network, charasome, multivesicular body, endocytosis

INTRODUCTION

Wortmannin is a furanosteroid metabolite from the fungus Penicillium funiculosum which is widely used as a tool for the disruption and identification of vesicular trafficking routes and for defining endosomal compartments (Robinson et al., 2008). In plant cells, wortmannin interferes with protein trafficking to the plant vacuole (daSilva et al., 2005) and it causes homotypic fusion and enlargement of multivesicular bodies (MVBs; Wang et al., 2009; Takáč et al., 2012). Wortmannin induces the fusion of vacuoles in guard cells where vacuoles are naturally fragmented after abscisic acid-induced stomata closure (Zheng et al., 2014), and on the other hand, wortmannin has been described to rescue vacuole fusion in a SNARE mutant of Arabidopsis thaliana (Zheng et al., 2014). In root meristems, wortmannin treatment results in the formation of abnormal vacuolar structures (Feraru et al., 2010), and in tobacco culture cells wortmannin inhibits autophagy (Takatsuka et al., 2004; Li and Vierstra, 2012). However, wortmannin also causes vacuolar cargo to be secreted to the apoplast (Pimpl et al., 2003), indicating that not only MVBs are affected, but also a compartment involved in exocytosis, e.g., the TGN (see Robinson et al., 2012). Indeed, mixed MVB/TGN compartments have been described in wortmannin-treated cells where SCAMP1, a marker of the TGN, was found to localize to the dilated, wortmannin-induced MVBs (Lam et al., 2007a). A proteomic study also confirmed the effect of wortmannin on TGNs (Takáč et al., 2012). Recently, wortmannin was found to suppress the V-ATPase activation in A. thaliana (Liu et al., 2016).

The huge internodes of the characean algae are useful models to study vesicular trafficking and lateral compartmentation of the plasma membrane (Foissner and Wasteneys, 2012, 2014). The cytoplasm of characean internodal cells consists of a stationary cortex in which helically oriented files of chloroplasts are anchored, and a mobile endoplasm which performs rotational streaming along actin filament bundles attached to the inner surface of the chloroplasts via interaction with myosin-coated organelles (Foissner and Wasteneys, 2014; Supplementary Figure 1). A conspicuous feature of Chara cells are convoluted plasma membrane domains, called charasomes. Charasomes can be stained in living cells by fluorescent plasma membrane dyes due to the increased signal caused by the superimposed plasma membrane infoldings (Schmoelzer et al., 2011; compare Figure 6A). Charasomes serve to accommodate a high number of H+-ATPases (Price and Whitecross, 1983; Schmoelzer et al., 2011), and probably also other transporters (Franceschi and Lucas, 1982; Keifer et al., 1982; Lucas et al., 1986). The H+-ATPases acidify the surroundings of the cell, so that the poorly membrane permeable hydrogen carbonate ([image: image], bicarbonate) is reduced to CO2 which diffuses into the cell where it is used for photosynthesis (Lucas, 1983; Price et al., 1985).

The charasomes are not evenly distributed along the cell surface and extended regions with large, numerous charasomes alternate with smaller areas containing few, small charasomes, when cells have been exposed to standard light/dark conditions (16/8 h) for at least several days (Franceschi and Lucas, 1980; Bisson et al., 1991; Schmoelzer et al., 2011). In branchlet internodal cells of C. australis and under steady state conditions, the distribution of charasomes correlates with the pattern of acid and alkaline regions along the surface of cells, which can be visualized by phenol red (Schmoelzer et al., 2011). However, pH bands can also develop in the absence of charasomes, and the pH banding pattern readily changes upon disturbance of the cell (Franceschi and Lucas, 1980; Bulychev et al., 2004). These newly formed pH bands are probably due to differential activation of ion pumps and/or channels, and may explain the results of other studies in which no correlation between pH bands and charasome density was found (Bisson et al., 1991).

Little is known about the formation and degradation of charasomes. Electron microscopy studies indicate that during charasome growth, vesicles derived from the TGN fuse with the plasma membrane in the absence of membrane recycling via coated vesicles (Lucas and Franceschi, 1981). The resulting tubules may again fuse with the plasma membrane and other tubules. In darkness, or in cells treated with inhibitors of photosynthesis, charasomes are degraded (e.g., Chau et al., 1994; Schmoelzer et al., 2011), probably via endocytosis. So far, it is unclear by which mechanism charasome membrane recycling is switched off or on.

The trans-Golgi network was first described as a “partially coated reticulum” in Chara internodal cells (Pesacreta and Lucas, 1984). Unlike as in many higher plant cells, the TGN of mature characean internodal cells is easy to distinguish from the Golgi body because of its distinct morphology and its location relative to the Golgi cisternae, at least in chemically fixed mature cells. Furthermore, TGN membranes are only slightly stained by zinc-iodide-osmium tetroxide in contrast to the membranes of the Golgi body (Pesacreta and Lucas, 1984). Based on these findings, the TGN was identified as an independent organelle (Pesacreta and Lucas, 1984). Later, the TGN has also been described in higher plant cells, and its identity as a separate organelle has been confirmed (e.g., Foresti and Denecke, 2008; Robinson et al., 2008 for references). The dual function of the TGN as an endocytic and secretory organelle has been proposed by localizing secretory and endocytic cargo (Viotti et al., 2010).

In an attempt to study vesicular trafficking in green algae, we treated internodal cells of C. australis with wortmannin. We found that wortmannin induced the fusion of MVBs with TGN-derived membranes, as described in other cells. More interestingly, wortmannin also inhibited the release of TGN vesicles, and caused a considerable reorganization of the loose TGN tubules into compact meshworks which had a stunning resemblance to charasomes. Our data indicate that similar mechanisms are involved in the formation of charasomes and wortmannin-modified TGNs, and that a similar set of proteins is involved in the development and maintenance of these complex tubular meshworks.

MATERIALS AND METHODS

Algal Material, Culture Conditions, and Inhibitor Treatments

Thalli of Chara australis were grown in a substrate of soil, peat and sand in 10–50 L aquaria filled with distilled water. The temperature was about 20°C and fluorescent lamps provided a 16/8 h light/dark cycle. The light intensity was low (about 5 μE.m−2.s−1) in order to prevent calcification and growth of epiphytes.

For our study, we used mature, non-growing internodal cells of the branchlets of C. australis collected from the 3rd and the 4th upper whorl of 1–2 month-old thalli. Each whorl consisted of 5 or 6 branchlets, and each branchlet consisted of 2–3 internodal cells which varied in length between 5 and 30 mm. Prior to the experiments, the medial and distal internodal cells of the branchlets were isolated from the thallus with a small pair of scissors and incubated in artificial fresh water (10−4 M NaCl, 10−4 M KCl, 10−3 M CaCl2) for at least 1 day. Cells were then incubated in wortmannin-containing AFW, or in the appropriate DMSO-containing solution (control).

Wortmannin (Enzo Life Sciences, Lausen, Switzerland) was dissolved in dimethyl sulfoxide (DMSO) at a concentration of 5 mM and diluted with AFW. During the course of this study we used 25 and 50 μM working solutions. Controls contained the corresponding amounts of the solvent (up to 1%). For studying the internalization of FM/AM dyes, we additionally tested wortmannin solutions diluted from a 10 mM stock solution in order to decrease the DMSO content (maximal 0.5%) which could eventually lead to non-endocytotic uptake of the styryl dyes. The pH of the artificial fresh water was not significantly altered by the addition of DMSO or wortmannin.

The velocity of cytoplasmic streaming was measured in the light microscope using a 40x objective lens and a stop watch. The movement of at least two structures (organelles) in different regions of the bulk streaming mass was analyzed per cell and the highest value was used for statistical analysis.

pH Banding and In vivo Staining

The pH banding pattern of internodal cells was documented using phenol red (phenolsulfonphthalein; Sigma, St. Louis, USA) at a concentration of 4 μM dissolved in AFW from a stock solution of 10 mM in distilled water.

For in vivo staining of charasomes and endosomes internodal cells were pulse labeled for 5 min with green fluorescent FM1-43FX (N-(3-triethylammoniumpropyl)-4-(4-(dibutylamino)styryl)pyridinium dibromide) (Invitrogen, Carlsbad, USA) and AM1-44 (Biotium, Hayward, USA), or with red fluorescent FM4-64 (N-(3-triethylammoniumpropyl)-4-(6-(4-(diethylamino)phenyl)hexatrienyl)pyridinium dibromide) (Invitrogen) and AM4-65 (Biotium). All dyes were used at a concentration of 10 μM.

The in vivo detection and counting of endosomal organelles stained by styryl dyes was hampered by the strong autofluorescence of the compact chloroplast files. Therefore, we applied the “window technique,” which is generally used for light microscopical observation of the endoplasm in characean cells (Kamitsubo, 1972). This method consists in local strong illumination of the cells which causes chloroplasts to bleach, swell and eventually detach from the irradiated area. Chara cells used in our experiments were locally irradiated with the blue light of a halide microscope lamp for 3 min at least 1 day prior to the experiments, which resulted in a chloroplast-free window with an area of about 30,000 μm2 (ca. 200 × 150 μm wide rectangle; compare Figure 1A). Data were collected from individual images and care was taken to analyze non-overlapping regions of endoplasm. Fluorescent particles were counted and analyzed using ImageJ (http://imagej.nih.gov/ij).


[image: image]

FIGURE 1. Effect of wortmannin on internalization of AM1-44 in internodal cells of Chara australis. (A) Chloroplast-free window for imaging endosomal organelles (DIC) (B) Relative numbers of AM1-44-stained organelles in control cells, in cells treated with 25 μM wortmannin (WM) for 2.5 h, in cells recovering from this treatment for 2 h in artificial fresh water (WMr) and in cells treated with 50 μM wortmannin for 2.5 h are compared in box-and-whisker plots. Shown are median values with upper and lower quartiles (boxes), whiskers indicating the 10th and 90th percentiles, and outliers (dots) with n = between 5 and 17. Differences between median values of control and treated cells are significant (asterisks; one way analysis of variance, P = 0.001). (C–H) AM1-44-stained organelles in cells treated with 0.5% DMSO (C), with 25 μM wortmannin for 2.5 h (D), with 25 μM wortmannin for 2.5 h followed by 2 h “recovery” in artificial fresh water (E), with 50 μM wortmannin for 2.5 h (F,G is the corresponding DIC image), and with 50 μM wortmannin for 2.5 h, followed by 7 d recovery in artificial fresh water (H, compare with F). Arrows indicate enlarged organelles in response to wortmannin treatment; C, chloroplast. Bars are 50 μm (A) and 10 μm (C–H).



Immunofluorescence

Fixation and staining protocols for indirect immunofluorescence were as described by Schmoelzer et al. (2011). Primary antibodies used for this study were rabbit polyclonal anti-OsSCAMP1 (Lam et al., 2007a; generously provided by Liwen Jiang, University of Hongkong) used at a concentration of 40 μg per ml and rabbit polyclonal anti-CaARA7 which was used at a concentration of 3.6 μg per ml (Hoepflinger et al., 2015). Secondary antibodies were anti-rabbit IgG Alexa 488 (Invitrogen) diluted 2:1000, or anti rabbit IgG Alexa Fluor 546 (Invitrogen) diluted 3:1000. All antibodies were diluted in blocking buffer [1% (w/v) bovine serum albumin and 50 mM glycine in phosphate buffered saline (PBS), pH 7.2].

For double labeling experiments, we used basically the same fixing and staining protocol as above with some modifications because both primary antibodies were raised in rabbits. After incubation with the first primary antibody (rabbit polyclonal anti-CaARA7), samples were incubated with a monovalent anti-rabbit Fab' fragment coupled to Alexa 488 (Nanoprobes, USA), then washed with PBS and subsequently post-fixed for 30 min in 1% (v/v) glutaraldehyde in PBS. Samples were rinsed overnight with PBS buffer and then blocked with 1% (w/v) bovine serum albumin and 50 mM glycine in PBS, followed by the incubation with the second primary antibody anti-OsSCAMP1. All subsequent steps were as described in Schmoelzer et al. (2011).

Confocal Laser Scanning Microscopy and Statistical Analysis

The confocal laser scanning microscopes used in this study were a Leica (Mannheim, Germany) TCS SP5 coupled to a DMI 6000B inverted microscope, and a Zeiss (Jena, Germany) LSM 510 coupled to a Zeiss Axiovert inverted microscope. For the excitation of Alexa 488, FM1-43, and AM1-44, we used the 488 nm line of the argon laser, and the emitted fluorescence was detected in the range 505–550 nm. For the excitation of the red fluorescent dyes FM4-64 and AM4-65, we used the 514 nm line of the argon laser and the detection of the fluorescent signal was between 660 and 720 nm. Alexa Fluor 546 was excited with the 561 nm line of a diode pumped solid state laser, and detected in the range 580–620 nm. For double-stained samples, we always used the sequential scanning mode. All images included in this study are single optical sections with a thickness of about 1.2 μm, and are positioned with vertical sides parallel to the long axes of the cells. Images were taken using a 40x water immersion objective with a numerical aperture of 1.2, or a 63x water immersion objective with a numerical aperture of 1.4. Statistical analysis of charasome area fraction and abundance of endocytic vesicles was performed using ImageJ and SigmaPlot (Systat Software, San Jose, USA). All experiments were repeated at least twice.

Electron Microscopy

Chemical fixation of branchlet internodal cells of C. australis was as described in Foissner (1991). Briefly, cells were fixed for 30 min at room temperature in 1% glutaraldehyde dissolved in phosphate buffer, pH 6.8. Following several washes in buffer, cells were postfixed overnight at 4°C in 2% OsO4 dissolved in buffer. After dehydration in an ethanol series at 4°C, cells were embedded in Agar low viscosity resin (Agar Scientific, Essex, Great Britain). After staining with uranyl acetate and lead citrate, micrographs of ultrathin section were taken at elastic bright-field mode with a LEO 912 transmission electron microscope equipped with in-column energy filter (Zeiss, Oberkochen, Germany).

RESULTS

Wortmannin Does Not Arrest Endocytosis in Characean Internodal Cells

In order to get a first impression how wortmannin affected the branchlet internodal cells, we measured the rate of cytoplasmic streaming, which depends on the interaction of myosin-coated organelles with subcortical actin bundles attached to the inner side of the stationary chloroplasts (Shimmen and Yokota, 2004 for review). We found that all concentrations and treatment times which had an effect on the fine structure of cells, also significantly decreased the rate of cytoplasmic streaming. The extent of streaming inhibition varied between cultures, and depended on the time period elapsing between isolation of individual cells and the beginning of the experiment. In general, cells from older cultures (2 months) were less affected by wortmannin than cells from young cultures (≤ 1 month), and cells which had been isolated for a longer time period were more resistant to the effect of wortmannin than cells freshly isolated from the thallus. Since cytoplasmic streaming is vital for most cellular processes, for further experiments we only used cells in which the streaming rate was above 70% of the control rate as shown in Table 1. Table 1 also shows that 25 and 50 μM wortmannin significantly decreased the number of pH bands per cell which were visualized by incubating cells in phenol red, a pH indicating dye. The pH banding activity depends on photosynthesis and on cytoplasmic streaming (Bulychev et al., 2001). The wortmannin-induced reduction in pH banding activity was therefore probably due to the lower streaming velocity, although we presently cannot exclude a possible effect on the rate of photosynthesis.

Table 1. Effect of wortmannin on the velocity of cytoplasmic streaming and on the pH banding activity of branchlet internodal cells of Chara australis.

[image: image]

In a variety of cells, wortmannin has been reported to inhibit endocytosis probably via alterations of clathrin-coated domains (Ito et al., 2012 and references therein). We therefore investigated the effect of wortmannin on the internalization of styryl dyes, established markers for the plasma membrane and for organelles involved in endocytosis (Griffing, 2008). Cells were pretreated with solvent (control) or wortmannin for 2.5 h, and pulse labeled with AM4-65. After 30 min incubation in dye-free control, or wortmannin solution, time series were taken. Supplementary Video 1 shows AM4-65 stained charasomes in the cortex of a control cell. Between the stationary charasomes AM4-65-fluorescent, fast moving structures with a diameter of < 250 nm (at the resolution limit) were occasionally seen (compare Klima and Foissner, 2008). To our surprise, such small mobile organelles, putative endosomes, were also present in wortmannin-treated cells (Supplementary Video 2). The cortex of wortmannin-treated cells additionally contained larger, mobile organelles which had a diameter of up to 700 nm. They performed saltatory movements along the plasma membrane, which alternated with periods of immobility (Supplementary Video 2). In order to quantify FM/AM internalization, a chloroplast free window was produced at least 1 day prior to the experiments, to get an undisturbed view into the endoplasm and to count the number of fluorescent organelles (Figures 1A,C–H). The endoplasm as well contained abundant FM/AM-fluorescent organelles, although their number was significantly lower than in solvent-treated cells (Figure 1B). The maximum size of fluorescent endoplasmic organelles in control internodes (Figure 1C) was 2.9 μm (n = 625), whereas in cells treated with wortmannin, enlarged organelles, including ring-like “wortmannin compartments,” and clusters of organelles with diameters of up to 4.2 μm (n = 371) were observed (Figures 1D,F). This suggests that the reduction in organelle number was at least partly due to the formation of wortmannin-induced compartments. With respect to size and number of fluorescent structures detected in wortmannin-treated cells, we could not see a concentration-dependent effect, namely there were no significant differences between 25 and 50 μM. Size and number of fluorescent organelles in cells treated with 10 μM wortmannin or less were not significantly different from those in control cells.

Largest AM1-44-stained particles with a size of up to 8 μm were observed in cells “recovering” in artificial fresh water from a 30 min to 2.5 h treatment with 25 μM wortmannin (Figure 1E). These data indicate that a “recovery” up to 2 h in fact reflects a prolonged treatment time because of the tight binding of wortmannin to its target enzyme(s) (see Section Discussion). Wortmannin-induced compartments were also observed when cells were first pulse-labeled with FM/AM dyes and subsequently incubated in wortmannin (not shown). The effects of wortmannin on cytoplasmic streaming and pH banding activity were reversible when cells were allowed to recover (Table 1). It took, however, several days in artificial fresh water until nearly normal streaming velocities and pH banding activities were regained. After 1 week recovery from wortmannin treatment (25 and 50 μM), also the size of FM/AM-stained organelles was similar to that in control cells (Figure 1H).

Size, abundance and distribution of charasomes were not affected by wortmannin up to a concentration of 50 μM and a treatment time of up to 3 h (data not shown).

Wortmannin Induces Clustering and Enlargement of Organelles Recognized by Markers for MVBs and TGNs

In order to identify the nature of wortmannin compartments, we applied immunofluorescence using antibodies against CaARA7 and OsSCAMP1 which are confident markers for MVBs and TGNs, respectively (Lee et al., 2004; Ueda et al., 2004; Lam et al., 2007a; Hoepflinger et al., 2015). In solvent treated control cells, the antibody against ARA7 labeled organelles (MVBs) with a size of up to 1.0 μm (Figure 2A). Cells treated with 50 μM wortmannin additionally contained up to 3.5 μm large compartments (Figures 2B,C; see Hoepflinger et al., 2015 for size histograms). Organelles recognized by anti-OsSCAMP1 in control cells had a roundish shape and a size between 0.5 and 1.1 μm (Figures 2D,G), corresponding to the shape and size of TGNs seen on electron micrographs (e.g., Figure 3A). In wortmannin-treated cells the antibody against SCAMP1 labeled aggregates of smaller organelles which had a size of up to 4.3 μm or large, globular organelles with a diameter of up to 2.6 μm (Figures 2E,F,H). Immunolabeling of wortmannin-treated cells with both antibodies revealed that all large clusters carrying the ARA7 epitope were additionally recognized by anti-OsSCAMP1 although the fluorescent signals did not precisely overlap (Figure 2C). Unlike as in higher plant cells (Lam et al., 2008), the plasma membrane was not recognized by anti-OsSCAMP1. Secondary antibodies alone gave no staining (not shown).


[image: image]

FIGURE 2. Immunofluorescence with antibodies against endosomal markers of control cells (A,D), of internodal cells treated with 50 μM wortmannin for 2 h (B,C,E,F) and corresponding histograms (G,H). (A,B) Immunofluorescence with an antibody against CaARA7, a marker for MVBs, shows small punctate organelles in untreated cells and larger compartments (B) in wortmannin-treated cells. (C) Double immunofluorescence with anti-CaARA7 and anti-OsSCAMP1, a marker of TGNs suggests that groups of small MVBs intermingle with TGN membranes. (D–F) Immunofluorescence with anti-OsSCAMP1. The antibody recognizes abundant small organelles with various shapes in the endoplasm of an untreated cell (D). In wortmannin-treated cells, large SCAMP1-positive aggregates (E) and large, globular organelles (F) are present. (G,H) The histograms show the size distributions of SCAMP1-positive organelles in solvent-treated cells, and in cells treated with 50 μM wortmannin for 2 h. Bars are 10 μm.
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FIGURE 3. Effect of wortmannin on MVBs in Chara internodal cells. Cells were treated with 50 μM wortmannin for 2 h (A,B,E), and with 25 μM for 30 min followed by 2 h recovery (F). Images of multivesicular bodies (C,D) are from untreated cells. (A) Cross-section through the chloroplast (C)-containing cortex near the plasma membrane (arrow head), and the endoplasm located between cortex and vacuole (V). Wortmannin does not affect the fine structure of chloroplasts, Golgi bodies (G), glycosomes (g), mitochondria (M), and endoplasmic reticulum (ER). Note also that the TGN visible in this area has a normal shape and morphology. (B) The charasome in a wortmannin-treated cell is similar to those in control cells. Thick arrows indicate the openings of charasome tubules to the cell wall space. The thin arrow points to a coated vesicle, probably released from the smooth plasma membrane (arrow heads). (C,D) MVBs in untreated branchlet internodal cells are small and variable in shape. (E) In wortmannin-treated cells, MVBs form large clusters with intertwining membrane tubules. The white arrow indicates fusion between two MVBs, and the black arrows point to continuities between MVBs and membrane tubules. Arrow heads indicate tubules within MVBs. The arrow in the inset points to a cross-sectioned tubule or vesicle with a central core. (F) Large MVBs in a cell recovering from wortmannin-treatment. Bars are 1 μm (A), 500 nm (E,B,F), and 250 nm (C,D and inset in E).



Accumulation and Fusion of MVBs in Chara Internodal Cells Involves Participation of the TGN

To further verify the results obtained by immunolabeling, cells were fixed and processed for electron microscopy. The effect of wortmannin was investigated in cells exposed to 25 μM wortmannin for 30 min, in cells treated with 50 μM wortmannin for 2 h, and in cells recovering for 2 h from a 30 min treatment with 25 μM wortmannin. Because of the large size of the mature internodes, only chemical fixation could be applied. Wortmannin had no detectable effect on the fine structure of cortical chloroplasts and plasma membrane (Figures 3A,B). Smooth plasma membrane regions alternated with charasomes, where the plasma membrane formed complex labyrinths of anastomosing tubules (Figure 3B; Lucas and Franceschi, 1981; Chau et al., 1994). As in controls, coated pits (not shown) and coated vesicles were present at the smooth plasma membrane regions (Figure 3B), and less frequent at mature charasomes (compare Sommer et al., 2015). In the endoplasm, wortmannin modified the fine structure and distribution of MVBs and TGNs (see below) but the fine structure of other organelles like Golgi bodies, mitochondria (Figure 3A), nuclei (Figure 4C), and peroxisomes (not shown) were not affected. Just as in control cells, different kinds of vesicles were present between the numerous cisternae of the endoplasmic reticulum (Figure 3A). These observations indicate that wortmannin very specifically targeted the TGNs and the MVBs in Chara internodal cells.
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FIGURE 4. Effect of wortmannin on TGNs in Chara internodal cells. Cells were treated with 50 μM wortmannin for 2 h (A–F), and with 25 μM for 30 min, followed by a recovery for 2 h (G). (A,B) Enlarged TGN near a Golgi body (G) in a wortmannin-treated cell (C, chloroplast; ER, endoplasmic reticulum). The higher magnification in (B) shows smooth and coated tubules, and vesicles which occasionally contain a central core (arrow heads). Enlarged regions with amorphous content are indicated by arrows. (C,D) Wortmannin-modified TGN located in the endoplasm between a Golgi body (G) and a nucleus (N). Arrow heads in the enlarged detail (D) indicate tubules with cross- or longitudinal sectioned central core. Note uniform diameter of tubules and absence of coated regions. (E) Charasomes (black asterisks), mitochondria (M), and wortmannin-modified TGNs (white asterisks) squeezed between cell wall (CW) and chloroplast (C). (F) Higher magnification of a charasome (black asterisk) and a wortmannin-modified compact TGN (white asterisk) in the cortex. Arrows indicate openings of the charasome and the TGN to the cytoplasmic space, respectively. Arrow heads indicate tubules or vesicles with central core. g, glycosome; M, mitochondrion. (G) Huge TGN complex in a cell recovering from wortmannin-treatment. g, glycosome; V, vacuole. Arrows point to enlarged areas with electron dense granular material. Bars are 1 μm (A,C,E,G) and 500 nm (B,D,F).



The MVBs in the untreated, chemically fixed, mature branchlet internodal cells investigated in this study mostly had an irregular, flattened, or elongate shape and a mean length of 0.6 ± 0.2 μm SD (n = 24; Figures 3C,D). Membranous tubules were occasionally seen to extend from their outer membrane (Figure 3C). Morphology and size of MVBs were similar in cells treated with 25 μM wortmannin for 30 min, but aggregates of MVBs were sometimes observed (not shown). Treatment with 50 μM wortmannin for 2 h had a stronger impact on distribution, shape, and morphology of these organelles. The cells contained huge clusters of roundish MVBs, which were surrounded by and continuous with membranous tubules (Figure 3E). The mean diameter of these MVBs (0.5 ± 0.1 μm; n = 39) was similar to the size of MVBs in untreated cells (see above), but due to their roundish shape a higher volume can be assumed. Inside these clusters, MVBs fused into larger organelles (white arrow in Figure 3E). The MVBs in wortmannin-treated cells contained abundant tubules (Figure 3E), in contrast to the MVBs in control cells which predominantly contained vesicles (Figures 3C,D). The diameter of the tubules between and inside the MVBs and the occasional presence of a central core (Figure 3E, inset), a typical structure of TGNs in Chara internodal cells (see below), suggest that these tubules were of TGN origin. Taken together, these data indicate that wortmannin-induced MVB clusters correspond to “mixed compartments.” This is consistent with our results of double immunofluorescence using anti-ARA7, a marker for MVBs, and anti-SCAMP1, a marker for TGNs (Lam et al., 2007a). Inside these clusters, MVBs fused with each other and with tubular membranes derived from TGNs. In contrast to TGNs, no single MVBs were observed outside the wortmannin-induced clusters.

Interestingly, the largest MVBs with a diameter of up to 1.2 μm were found in cells “recovering” for 2 h in artificial fresh water from 30 min treatment with 25 μM wortmannin (Figure 3F). Their MVBs had a roundish, cup-, or doughnut-like shape and their mean size (diameter; 0.8 ± 0.2 SD, n = 24) was significantly larger than the length of MVBs in control cells (P ≤ 0.0001, Students t-test). These large MVBs were no longer surrounded by and continuous with membranous tubules, suggesting that these got used up during fusion.

Wortmannin Causes Reorganization of the TGNs into Charasome-Like Structures

In addition to the effect of wortmannin on MVBs, we found that this substance also profoundly altered the morphology of TGNs in Chara internodal cells. Interestingly, wortmannin did not affect all TGNs of a cell equally. TGNs with normal size and morphology, as well as TGN-derived glycosomes (polysaccharide-containing vesicles; (Franceschi and Lucas, 1981b); Figure 3A) were also present in the endoplasm of cells with a high number of compact wortmannin-modified TGNs (see below).

Figures 4A,B show a detail of a cell treated with 50 μM wortmannin for 2 h. The TGN visible in this area was enlarged, but its fine structure was similar to that in untreated cells. It consisted of a loose meshwork of smooth and coated tubules, which was often laterally associated with the Golgi bodies (Pesacreta and Lucas, 1984). The tubules alternated with enlarged regions which contained granular or amorphous material, and which probably gave rise to glycosomes (Pesacreta and Lucas, 1984). Coated and non-coated vesicles were present at the periphery of the TGN. Occasionally, a central core with a diameter of 8–10 nm was seen within tubules or vesicles (Figure 4B).

A much stronger effect of wortmannin on the structure of TGNs is seen in Figures 4C,D. These organelles consisted of smooth tubules with a more uniform diameter, and neither coated vesicles, nor vesicles with a smooth membrane were seen at their periphery. However, even such strongly modified TGNs were still associated with Golgi bodies (Figure 4C). The most severe effect of wortmannin on TGNs is illustrated in Figures 4E,F. These TGNs consisted of smooth tubules, as described above, but formed a more roundish, compact organelle in which the distance between tubules was similar to the diameter of the tubules. All tubules contained a central core, which either had the shape of a filament, or appeared like a row of dots (Figures 4D,F). In control cells, TGNs were predominantly located in the streaming endoplasm. Many of the compact wortmannin-modified TGNs, however, were found in the cortex (Figures 4E,F), and most probably corresponded to the mobile FM/AM-stained organelles visible in Supplementary Video 2. It is feasible that these compact TGNs move from the endoplasm toward the plasma membrane along actin filament bundles extending through the chloroplast layer (Foissner and Wasteneys, 2014), but we can also not exclude the possibility that these TGNs form de novo in the cortex.

Most interestingly, we found that the wortmannin-induced compact TGNs had a striking resemblance with charasomes. Electron microscopical images of both organelles typically showed three radiating tubules, and in addition, one or two arms extending toward regions outside the section (Figure 4F; compare Lucas and Smith, 1976; Franceschi and Lucas, 1980). The tubules were interconnected and formed a complex, three-dimensional structure. The diameter of charasome tubules described in previous studies varied between 20 and 40 nm (Franceschi and Lucas, 1980; Lucas et al., 1986; Chau et al., 1994), and is obviously dependent on fixation and embedding protocol. The mean diameter of the tubules in our preparations measured at their narrowest region, was 69.8 ± 5.7 nm in charasomes, and 67.7 ± 7.6 nm in wortmannin-modified TGNs (no significant difference; 8 organelles from 3 different cells were measured). The charasome tubules, however, were less straight, and their diameter was not as uniform as the diameter of TGN tubules, because they were thicker at their base, i.e., at the site at which the tubules branched or anastomosed, respectively, at least after chemical fixation as used in our study. The tubules in wortmannin-modified TGNs contained a central core surrounded by electron lucent space (Figures 4D,F). Such a core is also present in the charasome tubules, although it is less distinct (Figure 4F). Both charasomes and wortmannin-modified TGNs are open to the surrounding cytoplasm, and the space between the tubules is thus cytosolic (arrows in Figures 4F,G). The cytosolic space between the charasome tubules often appears darker than that of compact TGNs, because it contains additional membrane material from uneven background tubules (Lucas and Franceschi, 1981). On the other hand, the lumen of wortmannin-modified TGN tubules appears slightly darker than those of the charasome tubules. As a result, images of the compact wortmannin-modified TGN complexes appear nearly as a negative of the images of the charasomes, when fixed and stained under identical conditions. The most important difference between charasomes and wortmannin-modified TGNs is, that the lumen of charasome tubules is open to the cell wall space or periplasm (Figure 3B; Franceschi and Lucas, 1980), whereas wortmannin-modified TGN tubules seemed to be always closed, even when found near the plasma membrane (Figures 4F,E).

We also investigated cells which recovered from a 30 min treatment with 25 μM wortmannin. After 2 h in artificial fresh water, these cells contained larger FM/AM-stained compartments than before recovery (see above). The compartments were also larger than those observed in cells treated with 50 μM wortmannin for 2 h. The large compartments corresponded to huge clews of non-coated, loosely arranged TGN tubules (Figure 4G). All tubules contained a central core, but in addition, electron dense amorphous material and (clathrin-) coated pits (not shown) were present in some wider regions. They might represent TGN areas which were able to regenerate at least partly, or remnants of enlarged TGNs similar to that shown in Figure 4C. Compact charasome-like TGNs were also present although in lower numbers than in cells treated with 50 μM wortmannin for 2 h.

Wortmannin Does Not Impair Wound Healing

We then wanted to know whether wortmannin interfered with the healing of wounds induced by puncturing and by UV irradiation, since the process of cell wall repair involves secretion as well as endocytic events. The two types of wound healing differed in the extent of plasma membrane recycling, and in the composition of the wound wall deposited, as described earlier (Foissner and Wasteneys, 2012). Before wounding, cells were treated with 50 μM wortmannin for 2 h. After injuring the cell wall by puncturing with tungsten needles or by local irradiation with intense UV light (Klima and Foissner, 2011; Foissner and Wasteneys, 2012), cells were left in the wortmannin solution for 1 day. Control cells were wounded and recovered in AFW containing the adequate amount of solvent.

Puncturing internodal cells locally removed cortical chloroplasts, and after withdrawal of the needle, the cell wall hole became sealed by vacuolar inclusions (Figure 5A). Onto this wound plug, a cellulose-containing wound wall was deposited by fusion of wall forming vesicles and recycling of excess plasma membrane via coated vesicles (Figure 5B; Foissner and Wasteneys, 2012). A wound wall was also deposited onto the surrounding, damaged cortical region, and the diameter of this area was a suitable criterion for the efficacy of wound healing. Figures 5C,D show that the shape and morphology of healed puncture wounds in a wortmannin-treated cell were similar to those in a control cell, and the diameters of damaged cortical areas were not significantly different (Table 2). The survival rate was 100% in control cells and 90% in wortmannin-treated cells.
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FIGURE 5. Effect of wortmannin on wound response in Chara internodal cells. (A–D) DIC images of healed puncture wounds in a DMSO-treated cell (control; A,B), and in a cell treated with 50 μM wortmannin (C,D). The wound plug (P), consisting of vacuolar inclusions, is covered by a cellulosic wound wall (arrows in B,D). (E–H) Healed UV-induced wounds in a control cell (E,F), and in a cell treated with 50 μM wortmannin before and after wounding (G,H). (E,G) are DIC images and (F,H) are the corresponding images of callose visualized after staining with sirofluor. Bars are 50 μm (A,C,E–H) and 10 μm (B,D).



Table 2. Effect of wortmannin on wound healing in branchlet internodal cells of Chara australis.

[image: image]

Local irradiation of the chloroplast-containing cell cortex with intense light caused the local accumulation of secretory vesicles (glycosomes) and FM/AM-stained putative endosomes between plasma membrane and chloroplasts (Klima and Foissner, 2011; Foissner and Wasteneys, 2012). Glycosomes and endosomes fuse with the plasma membrane and with each other in the absence of membrane recycling, and callose is the characteristic polysaccharide of such wounds. Under the experimental conditions used during this investigation, AM1-44-stained organelles appeared in the cortex within 6 min, both in control and in cells treated with 25 (not shown) or 50 μM wortmannin. All injured cells survived until the following day and produced similar amounts of callose (Figures 5E–H; Table 2).

Effect of Wortmannin on Charasome Degradation and Charasome Formation

Charasomes form in the light and are degraded upon dark-incubation (Schmoelzer et al., 2011 and references therein). Formation requires fusion of TGN vesicles with the plasma membrane and local inhibition of endocytosis (Lucas and Franceschi, 1981; Franceschi and Lucas, 1982). Charasome degradation has not been studied so far, but most likely involves membrane recycling via coated vesicles. We were therefore interested to know whether wortmannin had an effect on light-induced charasome formation and darkness-induced charasome degradation.

For degradation studies, cells were isolated from the thallus and exposed to light (about 5 μE.m−2.s−1, 16/8 h light dark regime) for at least 1 week. These cells contained abundant charasomes similar to those illustrated in Figure 6A. Cells were then dark-incubated in various concentrations of wortmannin and in the corresponding amount of solvent (controls). After 8–13 days, charasomes were stained with FM/AM dyes and analyzed in the confocal laser scanning microscope, in order to determine the maximum charasome area fraction (% of cell surface area covered by charasomes) for each cell. Representative images for maximum charasome area fractions in a control cell and in a cell treated with 0.4 μM wortmannin are shown in Figures 6B,C. The statistical analysis confirmed a significant inhibitory effect of 0.4 μM wortmannin on charasome degradation (Figure 6D). Higher concentrations of wortmannin were lethal when applied for a longer time period, and even at 0.4 μM about 50% of the cells died (47% in the experiment illustrated in Figure 6E). Surviving cells, unlike the control cells and the cells treated with 0.2 μM wortmannin, did not develop acid and alkaline bands after 2 h exposure to light (Figure 6E). Although the ability to develop pH bands is not a prerequisite for charasome degradation (contrary to charasome formation; see below), the failure to do so may indicate a general, unspecific effect of wortmannin during long-time incubation, and the results therefore must be cautiously interpreted.
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FIGURE 6. Effect of wortmannin on charasome degradation in Chara internodal cells. (A) AM1-44 stained charasomes at the acid region of a cell exposed to standard light/dark conditions for 8 days (before treatment). (B) AM1-44 stained charasomes in a DMSO-treated cell after 8 days incubation in darkness (control). (C) AM1-44 stained charasomes in a wortmannin (WM)-treated cell after 8 days incubation in darkness. (D) Maximum charasome area fractions in control and wortmannin-treated cells are compared in box-and-whisker plots. Shown are median values with upper and lower quartiles (boxes), whiskers indicating the 10th and 90th percentiles and outliers (dots). Values are based on data obtained from 12 to 16 cells. Differences between median values of control and 0.4 μM wortmannin treated cells are significant (asterisk; P = 0.003, Kruskal–Wallis one way analysis of variance on ranks). (E) Table showing the survival rate and pH banding activity of the cells analyzed in (D). Bars are 10 μm.



Charasome formation was studied in cells previously exposed to darkness for at least 10 days. These cells, which contained only few, small charasomes (Figure 7A), were then treated with solvent and wortmannin, respectively, and exposed to standard light-dark conditions for about 8 days. Significantly lower median values for charasome area fraction were obtained in cells treated with 0.2 μM wortmannin, in comparison to control cells, and to cells treated with lower concentrations (Figures 7B–D). Still, unlike charasome degradation, charasome formation strictly depends on the development of acid and alkaline bands (Schmoelzer et al., 2011), and Figure 7E shows that pH banding was significantly disturbed at 0.2 μM wortmannin. Therefore, the inhibitory effect of wortmannin on charasome development was probably due to inhibition of pH banding.
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FIGURE 7. Effect of wortmannin on charasome formation in Chara internodal cells. (A) AM1-44 stained charasomes in a cell which was dark-incubated for 2 weeks. (B) AM1-44 stained charasomes at the acid region of a control cell exposed to standard light conditions for 8 days. (C) AM1-44 stained charasomes in a cell treated with 0.2 μM wortmannin (WM) under standard light conditions for 8 days. (D) Maximum charasome area fractions in control and in wortmannin-treated cells are compared in box-and-whisker plots. Shown are median values with upper and lower quartiles (boxes), whiskers indicating the 10th and 90th percentiles and outliers (dots). Values are based on data obtained from 15 to 17 cells. Differences between median values of control cells and cells treated with 0.2 μM wortmannin are significant (asterisk; P = 0.003, Kruskal–Wallis one way analysis of variance on ranks). (E) Table showing the survival rate and pH banding activity of the cells analyzed in (D). Bars are 10 μm.



DISCUSSION

The TGN Plays a Central Role in Wortmannin-Induced Fusion of MVBs in Characean Internodal Cells

Wortmannin causes the accumulation and enlargement of organelles which can be stained with endocytic markers, e.g., FM/AM dyes. These wortmannin-induced compartments were found to consist mainly of enlarged, homotypically fused MVBs, but some enlarged MVBs also contained proteins characteristic for the TGN (“mixed compartments”; e.g., Lam et al., 2007a,b; Wang et al., 2009; Takáč et al., 2012). During the course of this study we observed that fusion of MVBs in wortmannin-treated characean internodal cells occurred only in clusters where MVBs were surrounded by and continuous with tubular membranes. Electron microscopy and double immunofluorescence showing co-localization of ARA7 and SCAMP1 epitopes at wortmannin compartments indicate that these tubules were of TGN origin. These findings, as well as images of MVBs with tubular extensions in untreated characean internodal cells, and in the green alga Botryococcus (Noguchi and Kakami, 1999), are consistent with the idea of TGN-to-MVB maturation (Scheuring et al., 2011). Similar tubules are present within the enlarged MVBs. Therefore, in characean internodal cells, MVBs do not only fuse with each other, but also with tubular components of the TGN. In many other plant cells, only TGN vesicles have been described to fuse with the MVBs (Takáč et al., 2012).

Mature branchlet internodal cells contain only very few MVBs in the endoplasm. Hence, the chance to meet and fuse is low, as long as cytoplasmic mass streaming is continuous, so that organelles keep distance to each other. TGNs are much more abundant in characean internodal cells. We therefore speculate that MVBs in wortmannin-treated cells gather by means of TGN tubules. Of course, the mechanism by which this occurs remains to be elucidated, but this would explain why fusing MVBs were only observed in tubule-containing clusters.

Wortmannin Induces Reorganization of the TGN in Chara Internodal Cells

The TGN is a highly variable organelle and its size and morphology undergo considerable variation during the cell cycle (Kiermayer, 1981; Noguchi and Kakami, 1999). Here we describe that under the influence of wortmannin, some TGNs in Chara internodal cells greatly increase their size, lose their coat and the capacity to pinch off vesicles, and, finally, form compact three-dimensional structures consisting of branching/anastomosing membranous tubules, which have a striking resemblance with charasomes (see Figure 8 for a schematic summary). To our knowledge, this is the first description of extensive wortmannin-induced reorganization of TGNs. In other plant cells, TGNs have been described to be depleted during wortmannin-treatment (Takáč et al., 2012), or to be wortmannin-insensitive (Jaillais et al., 2008).
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FIGURE 8. Schematic summary showing the formation of a wortmannin-modified TGN and its similarity with a charasome. The charasome at the left side of the image is neither growing, nor degrading, as suggested by the absence of coated pits. The periplasmic space of the charasome contains a filamentous core, and is continuous with the cell wall (CW). Treatment of cells with wortmannin neither arrests formation of endosomes (constitutive endocytosis) from smooth plasma membrane, nor production of Golgi vesicles, both required for TGN formation. The “normal” TGNs are involved in the production of various vesicles (including glycosomes, g) designed for exocytosis. A filamentous core is occasionally visible in TGN tubules and TGN-derived vesicles. Other TGNs (probably those equipped with a specific set of PI3Ps and/or PI4Ps) are much more affected by wortmannin. They lose the capacity to pinch off vesicles, eventually enlarge, and finally form compact charasome-like structures where a filamentous core is visible in all tubules. Only approximately drawn to scale.



The effects of wortmannin on cellular organelles are due to the inhibition of phosphoinositide kinases. At low concentrations (up to 1 μM) wortmannin has been reported to be a specific inhibitor of phosphoinositide 3 (PI3) kinases, but at higher concentrations other, PI3 kinase-related enzymes, and phosphatidylinositol 4 (PI4) kinases are also affected (Powis et al., 1994; Matsuoka et al., 1995; Krinke et al., 2007; Takáč et al., 2012 for references). Phosphatidylinositol kinases play an important role in cellular metabolism. They produce inositol phosphates which regulate vital cellular processes, including signal transduction and membrane trafficking. Phosphoinositides act as docking sites for proteins containing specific lipid-binding domains (van Leeuwen et al., 2004; Di Paolo and De Camilli, 2006; Krishnamoorthy et al., 2014). Different forms of phosphoinositides, regulated by the combined action of specific kinases and phosphatases, segregate on different intracellular membranes, thereby establishing an identity code of organelles involved in traffic, and enabling a fine tuned cargo delivery to the target membrane (Di Paolo and De Camilli, 2006; Balla, 2013; Sekeres et al., 2015). PI3P has been shown to be enriched in late endosomes and in the tonoplast (Kim et al., 2001; Vermeer et al., 2006; Krishnamoorthy et al., 2014), which is consistent with the effect of wortmannin on MVBs and vacuoles. In contrast, PI4P has been reported to localize preferentially in the plasma membrane and in the Golgi bodies (Vermeer et al., 2009), but also in post Golgi, TGN, and recycling endosomes, respectively (Kang et al., 2011; Simon et al., 2014; Sekeres et al., 2015). Mutants that decrease PI4P levels at the TGN were found to slow, or uncouple coat assembly via interference with clathrin adaptor proteins (Daboussi et al., 2012). Whether this is a direct or indirect effect (e.g., via reduced V-ATPase activity; Liu et al., 2016) remains to be investigated. In any case, it is reasonable to conclude that the disappearance of vesicles from the TGN of Chara internodal cells is due to impaired coat assembly, caused by wortmannin-induced inhibition of PI4 kinase(s) (compare Bednarek and Backues, 2010). In this context, it is interesting to note that epsin, an amphipatic membrane protein that drives the curvature of the coated pits in conjunction with clathrin polymerization, has an absolute requirement for PI(4,5)P2 (Ford et al., 2002; Boucrot et al., 2012). Another likely candidate for the observed changes is the small GTPase, RabA1d, which regulates vesicular trafficking at TGN, and was identified as a new protein negatively affected by wortmannin (Takáč et al., 2012). These known effects of wortmannin suggest that the TGNs in wortmannin-treated Chara internodal cells increase their size because of the failure to release vesicles via a PI4 kinase dependent and clathrin-mediated mechanism, and because of the ongoing supply of endocytic vesicles from the plasma membrane (see below). We speculate that this causes the accumulation of a protein involved in membrane curvature, which finally leads to the compactification of the organelle. Interestingly, however, TGN tubules in root cells of Arabidopsis PI4 kinase mutants appear to be blown up, but are still equipped with clathrin coats (Kang et al., 2011).

During the course of this study, we found a profound effect of wortmannin on the morphology of the TGNs in Chara internodal cells. However, not all TGNs were similarly affected. TGNs with normal size and morphology were always present in wortmannin-treated cells, even when they contained enlarged, vesicle-free, or compact TGNs. Therefore, the TGNs in wortmannin-treated Chara internodal cells can be present in three different forms, (1) as normal organelles (eventually enlarged), (2) as vesicle-free, loose, or compact meshworks of uncoated tubules, and (3) as a component of mixed compartments together with MVBs. These findings may reflect the existence of different populations or “maturation stages” of TGNs, as described in Arabidopsis root and hypocotyl cells (e.g., Viotti et al., 2010; Kang et al., 2011; Uemura et al., 2014) and in yeast (Mogelsvang et al., 2003). It is possible that these populations differ in the PI3P/PI4P content of their membranes, which could explain the multiple effects of wortmannin.

Several authors have reported that treatment of cells with wortmannin is irreversible (e.g., Powis et al., 1994). In characean internodal cells, we found that the partial inhibition of cytoplasmic streaming and pH banding, as well as the formation of wortmannin-induced compartments, were reversible. The recovery took, however, several days, consistent with the strong covalent binding of wortmannin to the ATP-binding site of its target enzyme (Wymann et al., 1996; Walker et al., 2000; Yuan et al., 2007). This binding possibly also explains our observations that the size of wortmannin compartments (TGN as well as MVBs) transiently increased during recovery from treatment with 25 μM wortmannin. Part of the recovery time can thus be considered as prolonged drug treatment.

Are Similar Mechanisms Involved in the Formation of Charasomes and Wortmannin–Modified TGNs?

A characteristic feature of charasome tubules is a central core, which either appears as a filament, or as a row of dots, and which is surrounded by granular or fibrous material (Franceschi and Lucas, 1980). The granular or fibrous material is visible only after fixation with tannic acid-containing glutaraldehyde (Franceschi and Lucas, 1980). A central core (filamentous or row of dots) with a similar diameter is also seen in some, but not all regions of the TGN and in TGN-derived vesicles in untreated Chara internodal cells. In the non-coated, wortmannin-modified TGNs, the central core was always present. This finding possibly indicates that this structure is involved in the formation of membranous tubular meshworks, although its nature is completely unknown so far. It also does not correspond to the proteoglycan described in various studies to be present in the periplasmic space of charasome tubules (Franceschi and Lucas, 1981a; Beljanski et al., 1995; see above). In addition, membrane-localized proteins are likely to play a role in sensing and establishing membrane curvature, like BAR-domain-containing proteins, e.g., arfaptins, amphiphysin, or endophilin, which bind to the TGN membranes in a PI4P-dependent manner (Shin et al., 2012; Cruz-Garcia et al., 2013), and which are remarkably effective in promoting membrane tubulation (Peter et al., 2004; Boucrot et al., 2012; Cruz-Garcia et al., 2013; Simunovic et al., 2013). Future work will show whether these or similar proteins are involved in the formation of charasomes and/or wortmannin-modified TGNs. In this respect, it is also important to note ARA6, an unconventional RAB5 GTPase residing in the plasma membrane, including charasomes, and in the TGN of Chara internodal cells (Hoepflinger et al., 2013). The exact function of this small GTPase is unknown so far, but it is likely involved in endocytosis and/or exocytosis (Ebine et al., 2012).

Scanning electron images suggest that during their development, charasomes undergo a transition from a loose network of long tubules to a complex anastomosing network of short tubules (Chau et al., 1994). The charasome tubules grow by fusion of TGN-derived vesicles with the plasma membrane, in the absence of membrane recycling (endocytosis; Franceschi and Lucas, 1980, 1982; Pesacreta and Lucas, 1984). Coated pits are abundant at the cytoplasmic surface of growing charasomes, and appear to fuse with each other, thereby forming the charasome tubules (Lucas and Franceschi, 1981). The cytoplasmic membrane (the inner surface) of charasomes in mature, untreated cells, however, is mostly uncoated (Franceschi and Lucas, 1980; Sommer et al., 2015). A similar sequence of events can be observed during formation of wortmannin-modified TGNs. Loose meshworks with clathrin-coated regions develop into compact, three-dimensional meshworks, which are devoid of a clathrin coat. The effect of wortmannin on the morphology of the TGNs in Chara internodal cells is likely to be due to the inhibition of PI3 and/or PI4 kinases, which probably leads to a depletion of phosphoinositides by disturbing the fine balance existing between PI kinases and PI phosphatases, and to the inhibition of coat assembly required for the release of vesicles (see above). We therefore speculate that similar mechanisms and molecules are involved in formation of charasomes.

Clathrin-Dependent Constitutive and Wounding-Induced Endocytosis are Not Arrested by Wortmannin

It has been reported that wortmannin inhibits endocytosis (Bandmann and Homann, 2012; Ito et al., 2012 for references). In Chara internodal cells, wortmannin did not arrest the internalization of FM/AM dyes up to a concentration of 50 μM. FM/AM internalization in characean internodal cells has been shown to be active, and fluorescent organelles co-labeled with markers for the TGN and for MVBs, suggesting that these dyes can be used as endosomal markers (Klima and Foissner, 2008; Hoepflinger et al., 2013). In wortmannin-treated cells the number of FM/AM-stained endosomes was significantly lower as compared with the controls, but this is at least partly due to the formation of wortmannin-induced aggregates and ring-like compartments. In addition, electron micrographs show not only coated pits, but also coated vesicles at regions with smooth plasma membrane, i.e., between charasomes, which confirms that constitutive, clathrin-dependent endocytosis is not arrested by wortmannin in Chara internodal cells.

The deposition of a cellulosic wall beneath healing puncture wounds requires fusion of secretory vesicles with the plasma membrane and membrane recycling via coated vesicles, whereas the deposition of material in response to local irradiation occurs in the absence of membrane recycling (Klima and Foissner, 2011; Foissner and Wasteneys, 2012). Surprisingly, wortmannin neither had a detectable effect on healing of wounds induced by local irradiation (accumulation and fusion of organelles in the absence of membrane recycling), nor disturbed the healing of puncture wounds (fusion of vesicles with the plasma membrane and membrane recycling). This is in line with electron microscopical images showing that, even in cells treated with 50 μM wortmannin for 2 h, secretory vesicles required for wound healing were still present in sufficient number, and that wortmannin had only a small effect on clathrin-dependent plasma membrane retrieval. Wortmannin has therefore different effects on the release of coated vesicles from the plasma membrane and from (some of) the TGNs, respectively. This finding may reflect different membrane compositions regarding the type and amount of specific phosphoinositides (see above). Our data also show that wortmannin neither prevented local reorganization of actin cytoskeleton, nor significantly inhibited acto-myosin dependent transport, both required for delivery of secretory vesicles and other organelles toward the wound (Foissner and Wasteneys, 2012). This is consistent with our finding, that acto-myosin-dependent mass streaming of the endoplasm continued in the presence of 25 and 50 μM wortmannin for up to 2.5 h, although at lower rates, which may be due to the inhibition of a myosin light chain kinase (e.g., Nakanishi et al., 1992; Powis et al., 1994; Burdyga and Wray, 1998). In the mesophyll of Lemna, wortmannin inhibited actin-dependent reorientation of chloroplasts at much lower concentrations than those used in our study, but this effect is likely to be due to the interruption of a light-induced signaling cascade (Grabalska and Malec, 2004).

Effect of Wortmannin on Charasome Degradation and Formation

The formation of wortmannin-induced compartments was studied with concentrations of 25 and 50 μM, which were lethal when applied for several days. Since the study of charasome formation and degradation requires a treatment time of at least 1 week, we had to use much lower concentrations (between 0.05 and 0.4 μM).

When Chara internodal cells are exposed to darkness, charasomes degrade via clathrin-dependent endocytosis (own, unpublished results). We are aware, that long-term treatment of cells with inhibitors must be cautiously interpreted because of unspecific side effects, and because of the rather low concentrations used, which had no significant effect on the size of FM/AM-stained organelles (data not shown). However, we assume that at these low concentrations wortmannin affects at least the activity of PI3 kinases (see Section Introduction) and retards the degradation of charasomes via an inhibitory effect on clathrin-dependent membrane retrieval. Charasome degradation was not totally inhibited, and this adds further support to the hypothesis that in Chara, plasma membrane recycling (at charasomes and at smooth plasma membrane regions) is less affected by wortmannin, than the release of coated vesicles from (at least some of) the TGNs.

So far, little can be said about the effect of wortmannin on charasome formation. Charasome formation is strictly dependent on the pH banding activity, which in turn requires photosynthesis and cytoplasmic streaming (e.g., Bulychev et al., 2001; Schmoelzer et al., 2011). The pH banding activity was significantly inhibited after long-time treatment with 0.2 μM wortmannin and this is probably the main reason why these cells contained significantly lower charasome area fractions.
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Supplementary Video 1. Cortex of a DMSO-treated, AM4-65-stained Chara internodal cell. Only delicate mobile organelles are occasionally seen between charasomes (encircled area). Interval between consecutive frames is 3.7 s; playback rate of movie is 5 frames per second.

Supplementary Video 2. Cortex of a Chara internodal cell treated with 50 μM wortmannin for 2 h and stained with AM4-65. The starting point of a large mobile organelle is indicated by an arrow, immobile organelles are charasomes. Interval between consecutive frames is 1 s; playback rate of movie is 5 frames per second.

Supplementary Figure 1. Schematic longitudinal section through a characean internodal cell. In the genus Chara, the plasma membrane (red line) adjacent to the cell wall (CW) may form convoluted domains (charasomes, arrows). Subcortical actin filament bundles (black lines) are present along the inner side of the cortical, stationary chloroplasts (C). Nuclei (N), Golgi bodies (G), trans-Golgi networks (TGNs), and multivesicular bodies (MVB) are predominantly located in the streaming endoplasm. Mitochondria (M), and various vesicles (v) may shuttle between cortex and endoplasm. V, small vacuole; cV, central vacuole. Organelles relevant for this study are shown in red. Only approximately drawn to scale.
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Concanavalin A Disrupts the Release of Fibrous Material Necessary for Zygote Formation of a Unicellular Charophycean Alga, Closterium peracerosum-strigosum-littorale Complex
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The Closterium peracerosum–strigosum–littorale (C. psl.) complex is the best characterized charophycean alga with respect to the processes of sexual reproduction. We examined the effect of concanavalin A (Con A) on physiological and ultrastructural changes during the conjugation of the C. psl. complex. Two heterothallic gametangial cells formed a sexual pair as usual; however, the release of gametes was completely blocked by the addition of Con A. Fluorescein isothiocyanate-labeled Con A bound to the outermost layer of the conjugation papillae of paired cells. In the absence of Con A, the disruption of outer cell walls on the conjugation papillae and the secretion of fibrous materials from the conjugation papillae were observed using a transmission electron microscope, but Con A-treated cells did not show these changes. Instead, a highly electron-dense layer was observed in the outermost papillae, and the excess fibrous materials remained at the inside of the layer. These results suggest that an unknown molecule(s) recognized by Con A is essential for the diffusion of fibrous materials at the conjugation papillae, which is an indispensable step for gamete release during conjugation of the C. psl. complex.
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INTRODUCTION

Land plants (embryophyta) are believed to have evolved from ancestral charophycean algae (Karol et al., 2001). The charophyceans comprise five lineages (orders) of freshwater green algae: Charales, Coleochaetales, Zygnematales, Klebsormidiales, and Chlorokybales. Based on phylogenetic analyses, Zygnematales – or a clade consisting of the Zygnematales and the Coleochaetales – has been proposed as a sister group of land plants (Turmel et al., 2006; Wodniok et al., 2011).

The desmid Closterium, which belongs to Zygnematales, is the most successfully studied unicellular charophycean alga in terms of the maintenance of strains and sexual reproduction (Sekimoto et al., 2012, 2014a,b). Heterothallic strains of the Closterium peracerosum-strigosum-littorale complex (C. psl. complex) have two sexes: mating type plus (mt+) and mating type minus (mt-). Sexual reproduction readily occurs when cells of these two sexes are cultured together in nitrogen-depleted medium under light conditions. Recently, a technique for achieving reverse genetics in this complex has been developed (Abe et al., 2011; Hirano et al., 2015) and its genome project is now underway (Sekimoto et al., personal communication).

Two sex pheromones are essential for regulating the processes of sexual reproduction: protoplast-release-inducing protein (PR-IP) and PR-IP Inducer (Sekimoto et al., 1990, 1993). PR-IP is secreted from mt+ cells and induces the secretion of mucilage, sexual cell division for differentiation into gametangial cells (Akatsuka et al., 2006), and the release of protoplasts (gametes) from the gametangial cells (Sekimoto et al., 1990), whereas PR-IP Inducer is secreted from mt- cells and induces the secretion of mucilage (Akatsuka et al., 2003), sexual cell division (Tsuchikane et al., 2003, 2005), and the expression of genes encoding two subunits of PR-IP (Sekimoto et al., 1994). Both gametangial cells make a sexual pair, form conjugation papillae, release their gametes, and form a zygote by the fusion of the gametes (Sekimoto et al., 2012); however, the mechanisms behind the pairing for zygote formation remain unclear.

From the results of cDNA microarray analyses, we identified 88 pheromone-inducible, conjugation-related, and/or sex-specific genes (Sekimoto et al., 2006). Among them, the function of the CpRLK1 gene encoding receptor-like protein kinase was characterized (Hirano et al., 2015). CpRLK1 localized at conjugation papilla and the knockdown mt+ transformants of CpRLK1 showed reduced competence for sexual reproduction and formed an abnormally enlarged conjugation papilla after pairing with the mt- cells. Because CpRLK1 shares phylogenetic features with the CrRLK1L-1 subfamily, which is thought to act as a cell wall integrity sensor in higher plants, it is proposed that CpRLK1 is an ancient cell wall sensor and regulates the osmotic pressure of the cell for appropriate gamete release, a process required for successful conjugation.

To elucidate further the mechanisms of conjugation, especially the release and fusion of gametes in the C. psl. complex, we have focused on the lectins, carbohydrate-binding proteins. Generally, carbohydrate plays important roles in biological organization on the cell surface and cell-cell recognition phenomena. Hori et al. (2012) examined whether some lectins affected the conjugation processes of the C. psl. complex. Among 20 lectins tested, we conclude that a concanavalin A (Con A), which bind to mannose and glucose residues in carbohydrates and in N-linked glycan moieties of glycoproteins, is a certain candidate to understand the phenomena during fusion of gametes in C. psl. complex. Hori et al. (2012) reported that fluorescein isothiocyanate (FITC)-labeled Con A weekly bound to the surface of vegetative and nitrogen-deprived cells, however, binding of FITC-labeled Con A at conjugation papillae is quite remarkable and the addition of Con A completely inhibited zygote formation, indicating binding molecule(s) of Con A localized on the conjugation papillae is specifically involved in zygote formation and plays important roles during the process of conjugation in the C. psl. complex. However, the precise details of Con A inhibition during conjugation remain unclear.

In this study, we thus investigated the physiological and ultrastructural changes caused by Con A during the conjugation in the C. psl. complex. The results indicate that the Con A binding molecule(s) on conjugation papillae acts to disperse uncharacterized fibrous materials, which is indispensable for the release of gametes in the C. psl. complex.

MATERIALS AND METHODS

Strains, Culture Conditions, and Preparation of Sexually Differentiated Cells

The strains of the heterothallic C. psl. complex used in this work were NIES-67 (mt+) and NIES-68 (mt-), obtained from the National Institute for Environmental Studies (Ibaraki, Japan). Cells were grown in 300-mL Erlenmeyer flasks containing 150 mL of nitrogen-supplemented medium (C medium1) at 23°C under a 16:8-h light:dark regime. Light from fluorescent lamps (FL40SSD; Toshiba, Tokyo, Japan) was adjusted to 28 μmol m-2 s-1 at the surface of the culture medium. To obtain sexually differentiated cells, mt+ and mt- vegetative cells in mid-logarithmic phase (10 days of culture) were separately harvested by centrifugation and washed three times with nitrogen-depleted mating-inducing (MI) medium (Ichimura, 1971). Then, 7.2 × 105 cells were inoculated into 72 mL of MI medium in a 300-mL Erlenmeyer flask and incubated for 24 h in continuous light (28 μmol m-2 s-1) (Sekimoto and Fujii, 1992).

Inhibition of the Conjugation Processes by the Addition of Con A during Mating Culture

Cells at conjugation stages were obtained by mixing the respective sexually differentiated cells (5.0 × 103 cells each in 1 mL of MI medium) in a test tube (1.75 cm in diameter, 13 cm long) and then incubated for 48 h under continuous light (28 μmol m-2 s-1). FITC-labeled Con A (Vector Laboratories, Burlingame, CA, USA) was added to cells at a final concentration of 7 μg mL-1 at each of 0, 8, 16, and 24 h after mixing of the cells. In parallel, mixed cells in the absence of Con A were also prepared and fixed using 0.6% (w/v) glutaraldehyde (Wako, Japan, Osaka) at these different periods of Con A addition. The population of sexual reproductive cells (conjugation pairs, gamete-releasing cells, and zygotes) was counted 48 h after the mixing.

Localization of FITC-Labeled Con A

To monitor the developmental changes on conjugation papillae, 2.0 × 104 cells mL-1 of sexually differentiated mt+ and mt- cells were stained separately by Calcofluor White ST (American Cyanamid Co., Wayne, NJ, USA) at a final concentration of 0.1% (w/v) for 1 h under dark conditions. They were then harvested, washed three times with MI medium, and mixed together at a cell density of 5.0 × 103 cells each in 1 mL of MI medium. After 16 h of incubation under continuous light, cells were harvested, washed three times with MI medium, and incubated in MI medium containing FITC-labeled Con A at a final concentration of 10 μg mL-1 for 1 h under dark conditions. Then, cells were washed three times with MI medium and fluorescence of the cells was observed using a fluorescent microscope (BX60; Olympus, Tokyo, Japan).

The localization of FITC-labeled Con A on conjugation papillae was detected as follows: cells at pairing stages (16 h after the mixing) were harvested, washed three times with MI medium, and resuspended in the same medium at a final density of 1 × 104 cells mL-1. Then, both FITC-labeled Con A (final concentration: 10 μg mL-1) and Calcofluor White ST (final concentration: 0.1%) were added to the cells simultaneously. After 1 h of incubation under dark conditions, the fluorescence of the cells was detected using a confocal laser scanning microscope (FV500; Olympus).

Transmission Electron Microscopy

Fluorescein isothiocyanate-labeled Con A was added to the cells at the pairing stage (16 h after the mixing) at a final concentration of 10 μg mL-1, followed by incubation for 4 h under continuous light. The cells were then harvested by centrifugation, prefixed in 2% glutaraldehyde in 0.1 M phosphate buffer or 0.05 M Cacodylate buffer (pH 7.2), and kept at room temperate for 2 h. Next, they were gently centrifuged, washed three times in this buffer, and postfixed in 1% OsO4 with the same buffer at 4°C overnight. After washing with the buffer, 1 × 105 cells were collected by filtration using SUPREC-01 (Takara, Shiga, Japan). They were embedded in 2% low-melting-point agarose, dehydrated through an ethanol series, and passed through QY-2 (methyl glycidyl ether; Nisshin EM, Tokyo, Japan) and embedded in Quetol-812 mixture (Nisshin EM), followed by polymerization at 60°C for 48 h. Ultrathin sections of 60–70 nm were cut with an ultramicrotome, Ultracut S (Reichert-Nissei, Tokyo, Japan), stained with 4% uranyl acetate and 0.4% lead citrate, and observed with a TEM, JEM-1200EXS (JEOL, Tokyo, Japan), at 80 kV.

RESULTS

Con A Inhibits the Process of Gamete Release or Later Stages in the C. psl. Complex

When both mt+ and mt- cells of the C. psl. complex are mixed in nitrogen-depleted medium, the following processes of sexual reproduction are observed: (i) mucilage secretion, (ii) sexual cell division to form gametangial cells, (iii) pair formation between opposite mating type gametangial cells, (iv) formation of conjugation papillae, (v) release of protoplasts (gametes) from the cells, and (vi) fusion of the gametes to form a zygote (Ichimura, 1971; Sekimoto et al., 2012). We previously reported that Con A completely inhibits the zygote formation (Hori et al., 2012). Even though the results indicated that the target molecule(s) of Con A plays important roles in zygote formation, the details of the stage influenced by Con A have not been clarified.

First, we confirmed the temporal changes during the conjugation process in the C. psl. complex. Equal numbers of mt+ and mt- cells, which had been separately induced in advance to undergo sexual differentiation in nitrogen-depleted medium, were mixed and then monitored for changes in the ratio of sexually reproductive cells at three developmental stages: conjugating pairs, gametes, and zygotes. As shown in Figure 1A, the mixed cells did not exhibit signs of sexual reproduction within the first 8 h; however, some of them had begun to form conjugating pairs by 16 h, followed by an increase in the release of gametes and zygote formation from 24 to 48 h.
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FIGURE 1. Progress of sexual reproduction in the presence or absence of concanavalin A (Con A). (A) Sexual reproductive stages in the absence of Con A. Independently prepared sexually differentiated mt+ and mt- cells were mixed and incubated. At intervals shown on the x-axis, cells undergoing sexual reproduction (conjugating pair-forming cells, gamete-releasing cells, and zygotes) were counted (n = 3). (B) The experimental procedure to determine the developmental stages that are inhibited by Con A. Independently prepared sexually differentiated mt+ and mt- cells were mixed (shown by white arrowheads) and incubated for 48 h. At 0, 8, 16, or 24 h after the mixing, Con A was added to the respective test tubes (black arrowhead). Populations of sexually reproductive cells were examined at 48 h after the mixing (gray arrowhead). Horizontal arrows with solid and dashed lines indicate periods of incubation with or without Con A, respectively. The numbers on the right correspond to the results shown in (C1–4). (C1–4) Effect of Con A on the progress of sexual reproduction. Con A was added at 0 (C1), 8 (C2), 16 (C3), or 24 h (C4) after the mixing of cells. The bar on the left in each graph shows the cell populations at a time of Con A addition. Bars at the center and right in each graph indicate the cell population after 48 h of incubation with or without Con A, respectively. White, gray, and black boxes show the cell populations in conjugating pairs, gamete-releasing cells, and zygotes, respectively. (D1–4) Photographs of mixed cells with or without Con A. D1: Initial cells (0 h after the mixing of cells). D2: Conjugating pairs (16 h after the mixing of cells). Conjugating pairs are shown by asterisks. D3: Cells after 48 h of incubation in the presence of Con A (Con A was added 8 h after mixing of the cells). Conjugation papillae are shown in red circles. D4: Cells after 48 h of incubation in the absence of Con A. Gamete-releasing cells and zygotes are shown by arrows and arrowheads, respectively. Scale bar: 100 μm.



Concanavalin A was added to samples at 0, 8, 16, and 24 h after the initial mixing and then comparisons to the proportion of sexually reproducing cells at 48 h were performed. The experimental procedure is outlined in Figure 1B, and the results are shown in Figures 1C,D. In the absence of Con A, about 66% of cells exhibited signs of sexual reproduction at 48 h after the mixing: 7, 44, and 14% of the cells formed conjugating pairs, released gametes, and formed zygotes, respectively (Figures 1C,D4).

When mixed cells, to which Con A had been added at 0, 8, and 16 h after the mixing, were incubated for 48 h (Figure 1B), they showed signs of sexual reproduction at rates of 19, 53, and 58%, respectively (Figure 1C1–C3), although the cells were mostly in the conjugating pair stage. Moreover, the conjugating pairs in the presence of Con A abundantly extruded conjugation papillae, but the release of gametes was markedly absent (Figure 1D3). These results clearly indicate that Con A affects the release of gametes, which is a prerequisite for cell fusion. In addition, no released gametes were observed in Con A-treated mixed cells by 16 h after extending incubation for 10 days (data not shown). This indicates that the addition of Con A does not delay the progression of gamete release, but instead completely inhibits it.

By comparison with the cells prior to Con A addition (0, 8, and 16 h after mixing), the proportion of conjugating pairs after 48 h of incubation increased from 0 to 18%, 0 to 51%, and 26 to 58%, respectively (Figure 1C1–C3). This indicates that Con A does not fully inhibit early processes of conjugation leading up to the formation of conjugating pairs. However, cells treated with Con A at 0 h exhibited reduced sexual reproduction compared with those at 8 and 16 h (Figure 1C1). Although this suggests that Con A exerts some effects on mixed cells during the early stages, this will be further elucidated in Section “Discussion.” Reduced zygote formation was also observed (Figure 1C4) when Con A was added at 24 h after the mixing, suggesting that it might affect cellular processes after gamete release.

Behavior and Subcellular Localization of Con A-Target Molecules

In a previous study, we demonstrated that target molecule(s) of Con A mainly localized on the conjugation papillae during conjugation processes in the C. psl. complex (Hori et al., 2012). To monitor the developmental changes on conjugation papillae, Calcofluor White, which stains β-D-glucopyranose polysaccharides in cell walls, was used as a vital staining reagent. Both mating type cells were separately pulse-labeled by Calcofluor White and then mixed. Fluorescence on the whole cell surface and the central area was clearly detected before formation of the pair (Figure 2A4). After physical contact of the cells, narrow slit-like bands, which did not emit fluorescence signals, appeared near the base of the semi-cells (Figure 2A5, arrowhead). Upon enlargement of these bands, conjugation papillae appeared (Figure 2A6, arrowhead), namely, the conjugation papillae were synthesized de novo after pair formation. When FITC-labeled Con A was added to the mixed cells just before pair formation, the signals were first detected at the point of adhesion of the cells (Figure 2A7), then on the edge of developing papillae (Figure 2A8), and finally on conjugation papillae with a ring-like shape (Figure 2A9). These results indicated that the Con A binding molecule(s) was synthesized prior to papilla formation and accumulated around developing papillae.
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FIGURE 2. Subcellular localization of Con A-binding molecule(s). (A1–9) Development of conjugation papillae and subcellular localization of Con A binding molecule(s) during development. Both mating type cells were separately pulse-labeled by Calcofluor White prior to the mixing of cells. Fluorescein isothiocyanate (FITC)-labeled Con A was added to the mixed cells just before pair formation (8 h after the mixing of cells). (A1–3) Nomarski images of three developmental stages of papilla formation. (A4–6) Calcofluor White staining images. Novel unstained papillae (arrowhead) expanded during development. (A7–9) Localization of FITC-Con A binding molecule(s). Red signals in each cell represent auto-fluorescence of chlorophyll. Scale bar: 20 μm. (B1–4) Localization of Con A binding molecule(s) on conjugation papillae. Calcofluor White and FITC-labeled Con A were simultaneously added to mixed cells extruding the conjugation papillae. (B1) Nomarski image of conjugation papillae. (B2) Fluorescence by Calcofluor White. (B3) Fluorescence by FITC-labeled Con A. (B4) Merged image of B2 and B3.



Next, we investigated the exact localization of Con A binding molecules on conjugation papillae by confocal laser scanning microscopy. Calcofluor White and FITC-labeled Con A were simultaneously added at the time of conjugation papilla formation. As shown in Figure 2B2, Calcofluor White fluoresced intensively on the outer layers of conjugation papillae, indicating that the conjugation papillae consist of cell wall materials such as cellulose. Interestingly, fluorescence detected in the papillae did not exhibit contact between adhesion points in each mating type cell (Figure 2B2). Furthermore, signals derived from FITC-labeled Con A were detected on the outermost layer of the papilla (Figure 2B3), where the signals were not co-localized but contacted at adhesion points between the two mating type cells (Figure 2B4).

Con A Inhibits the Release of Fibrous-Like Materials from Conjugation Papillae

As shown in Figure 1C, Con A inhibited the release of gametes from paired cells. To investigate the intracellular changes caused by Con A, we compared the ultrastructures in conjugation papillae with and without Con A.

Sections obtained in the experiments are shown in Figure 3A. In the absence of Con A, two layers of cell wall showing different electron densities, high electron density (outer cell wall, OCW) and low electron density (inner cell wall, ICW), were observed in horizontal sections at the intermediate region of semi-cells (Figure 3B). At the basal regions of the conjugation papillae, disruption of the OCW and the release of fibrous-like materials from the ICW (or further inside the ICW) were detected (Figure 3C). Numerous vesicles of various sizes were detected in the cytoplasmic portion of the papillae, suggesting the active supply of unknown materials into the intercellular space (Figure 3D). The fibrous-like materials spread densely and subsequently filled the area between the papillae of the pairing cells. On the other hand, the fibrous-like materials did not accumulate in the intercellular space in the presence of Con A. Distinct highly electron-dense layer on the outermost papillae and accumulation of fibrous-like materials within the conjugation papillae were observed (Figure 3E).
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FIGURE 3. Ultrastructural observations of paired cells using a transmission electron microscope (TEM). (A) Illustration of TEM sections observed in this study. (B) Closterium cell wall consists of two layers: outer cell wall (OCW) and inner cell wall (ICW). Around the conjugation papillae, the OCW was disrupted (C) and fibrous-like materials were released from the papillae (D). When Con A was added prior to cell fusion (16 h after the mixing), the fibrous-like materials accumulated in the conjugation papillae of respective paired cells. Increased electron density at the outermost layer was also observed (arrowhead) (E). PM, plasma membrane. Bars: 250 nm (B), 200 nm (C), and 500 nm (D,E).



From the aforementioned ultrastructural comparisons, it was indicated that the disruption of OCWs and the subsequent release of fibrous-like materials in conjugation papillae were indispensable for the release of gametes and that Con A binding molecules were possibly involved in the dispersion of such fibrous materials in the C. psl. complex.

DISCUSSION

We previously showed that Con A completely inhibited the zygote formation of the C. psl. complex (Hori et al., 2012). In the present study, we investigated the physiological and ultrastructural changes caused by Con A during conjugation processes in the C. psl. complex.

Normally, cells of both mating types form conjugation pairs by 16 h after mixing and then gamete release and zygote formation can subsequently be observed (Figure 1A). As shown in Figure 1C1–C3, mixed cells, to which Con A had been added by 16 h after the mixing, formed a sexual pair and conjugation papillae; however, subsequent processes were almost completely blocked. These results indicate that Con A does not affect the formation of sexual pairs and conjugation papillae but completely inhibits the later process of gamete release. However, we detected partial inhibition of the formation of conjugation pairs when Con A was added at the time of cell mixing (0 h). Hori et al. (2012) showed that Con A bound abundantly on conjugation papillae, but also slightly on the surface of vegetative and nitrogen-deprived cells. Indeed, both vegetative and sexual cell divisions were partially inhibited in the presence of Con A (data not shown). Therefore, we consider that Con A also binds to a molecule(s) that is essential for sexual cell division, and inhibits the pairing partly by inhibiting the formation of sexually competent gametangial cells.

On the other hand, the addition of Con A completely inhibited the processes after the formation of conjugation papillae (Figure 1C1–C3) and the FITC-Con A bound to the conjugation papillae remarkably (Figure 2), suggesting that Con A-binding molecule(s) on the conjugation papillae is critically responsible for the gamete release during the conjugation processes. In the absence of Con A, the disruption of OCWs and the diffusion of fibrous materials from the conjugation papillae were clearly observed (Figures 3C,D). In contrast, Con A-treated cells exhibited the highly electron-dense layer at the outermost papillae, and the excess fibrous materials remained at the inside of the layer (Figure 3E). These results clearly indicate that Con A blocks diffusion of the fibrous materials from the papillae.

From the fluorescence in the papillae stained by Calcofluor White (Figure 2B2), which recognizes β-D-glucopyranose polysaccharides, it was apparent that the conjugation papillae contained cell wall materials such as cellulose. Using a TEM, Pickett-Heaps and Fowke (1971) also reported that the conjugation papillae in Closterium littorale, a species related to the C. psl. complex, contained cell wall materials (Pickett-Heaps and Fowke, 1971). We also observed numerous vesicles in the cytoplasm inside the papillae (Figure 3D), probably due to active transport of the materials for papilla formation. These results suggest that the papillae are formed by rapid and considerable deposition of cell wall materials, accompanied by the rapid synthesis of cellulose microfibrils on the surface of the plasma membrane. Because of the co-localization of the fluorescence of Calcofluor White (Figure 2B2) and fibrous materials in the papillae (Figure 3E), the fibrous materials may be cell wall components. In addition, we also observed that the mutual contact area of two papillae is filled with fibrous materials in the absence of Con A (Figure 3D), suggesting the crossing of fibrous materials between the cells may be essential for cell fusion. In the case of Con A-treated cells, however, the diffusion of fibrous materials could not be observed (Figure 3E), suggesting that the diffusion is indispensable for the release of gametes and cell fusion. From these discussions, we consider that an unknown molecule(s) recognized by Con A may be involved in the unfolding or refolding of fibrous materials on the surface of conjugation papillae to achieve gamete release and cell fusion (Figure 4). At present, however, we have no information whether the binding of Con A might be a general obstruction to fibrous material release and such obstruction might be seen in the other life stage, such as vegetative cell division, or the obstruction is specific event and is only triggered on the conjugation papillae. Alternatively, the molecule may be an unknown signaling molecule for gamete release. In the C. psl. complex, a sex pheromone, PR-IP (Sekimoto et al., 1990), is known to be involved in gamete release from mt- cells; however, no binding of Con A to PR-IP was confirmed by Western blotting (data not shown).
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FIGURE 4. Possible model for cell fusion in the C. psl. Complex. Once mt+ and mt- cells have formed a conjugation pair, the OCWs (OCW) at the point of adhesion of the two cells are disrupted. The cytoplasm of both paired cells is extruded from the thin wall area to form papillae by osmotic pressure. In parallel, fibrous materials, which are indispensable for gamete release, diffuse from the ICW to the tip of papillae with the supply of materials by vesicle transport. The target molecule of Con A is synthesized at adhesion sites prior to the formation of papillae and finally acts to unfold or refold the fibrous materials on the surface of papillae. In the presence of Con A, the highly electron-dense layer at the outermost papillae is appeared and the unfolding or refolding by the target molecule is inhibited; therefore, paired cells cannot complete gamete release and cell fusion.



To identify the Con A-target molecules, two-dimensional polyacrylamide gel electrophoresis and western blotting with biotin-labeled Con A have been performed. In preliminary experiments, several spots have been abundantly detected in pairing-induced samples, comparing to the non-pairing samples (Supplementary Figure S1). One of them, having molecular mass of 75 kDa (red arrow), showed most apparent difference between two samples. These ConA-binding polypeptide species, that appear specific to induction of sexual pair formation, represent candidates for the mediation of the release of fibrous material. It will be necessary to identify these molecules in order to test this proposed function, for example by using our established knockdown procedure (Hirano et al., 2015).
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Enzyme-less chemistry appears to control the growth rate of the green alga Chara corallina. The chemistry occurs in the wall where a calcium pectate cycle determines both the rate of wall enlargement and the rate of pectate deposition into the wall. The process is the first to indicate that a wall polymer can control how a plant cell enlarges after exocytosis releases the polymer to the wall. This raises the question of whether other species use a similar mechanism. Chara is one of the closest relatives of the progenitors of terrestrial plants and during the course of evolution, new wall features evolved while pectate remained one of the most conserved components. In addition, charophytes contain auxin which affects Chara in ways resembling its action in terrestrial plants. Therefore, this review considers whether more recently acquired wall features require different mechanisms to explain cell expansion.

Keywords: calcium pectate, cell enlargement, Chara corallina, homogalacturonan, pectin, polygalacturonic acid, turgor, wall deposition

INTRODUCTION

Chara corallina is a favorable model for studying how plants enlarge. Their cells contain no xylem, and phloem is absent in this particular species. There are no secondary walls characteristic of terrestrial plants, so lignin chemistry is at a minimum. Nevertheless, the walls contain cellulose, hemicellulose, and pectins like the primary walls of vascular plants (see discussion below). This review considers whether the growth mechanism in Chara might also be present in terrestrial plants.

Calcium complexing with pectin will be a prominent feature of the discussion and we will follow the practice of referring to Ca2+ when it is clearly ionized but spelling out calcium when it is complexed. This is because the complexes involve chelation whose coordination bonds do not conform to the valence state of the ion. The exact nature of the coordination bonds is debated and appears to involve stereochemical interactions with oxygen in the pectin that replace water in hydration shells around the Ca2+, typically estimated to be about eightfold bonding (Braccini and Perez, 2001).

The central feature of the growth mechanism is that C. corallina appears to enlarge its cell wall without the mediation of enzymes and instead in a strictly chemical fashion. This is based on three kinds of evidence. First, irreversible turgor-driven enlargement occurs in isolated walls (no cytoplasm). Second, the enlargement is observed after boiling the isolated walls for 10 min (no enzyme activity). Third, an enzyme-less chemistry can be demonstrated to produce the same enlargement in the isolated walls as in the living cells (chemical mechanism). As part of this process, new wall material is deposited and allows the strength of the wall to be maintained while it enlarges. All of these tests were made without removing the cells from the medium in which they were grown. Importantly, although enzymes produce wall constituents and deliver them to the wall, the enzyme-less portion begins after delivery by exocytosis.

The focus is on the wall because it is the tough outer covering controlling the rate at which plant cells enlarge. The enlargement in turn controls most plant size and thus plant growth. The wall chemistry in Chara was treated in an earlier review (Boyer, 2009), but experiments with terrestrial species cannot use the same methods as with Chara for various reasons. Despite this drawback, certain features of growth are apparent both in the alga and in various terrestrial species, and these will be compared.

Because the charophytes are the closest extant algal relatives of the progenitors of land plants, Chara walls accordingly lack a few constituents thought to have evolved later (and described below, but see Popper and Tuohy, 2010; Popper et al., 2011; Leliaert et al., 2012; O’Rourke et al., 2015 for details). The new constituents add new dimensions to the process and make it necessary to consider whether growth occurs by newly evolved and intrinsically different mechanisms.

BACKGROUND

The enlargement of multicellular plants relies mostly on the rapid and irreversible enlargement of cells localized in or derived from meristems. After cells divide, water moves down a gradient in water potential and into each cell, expanding the tough, elastic cell wall irreversibly (Boyer and Silk, 2004). The wall first becomes soft enough to yield to turgor and prevent turgor pressure from becoming as high as it otherwise would. This creates a growth-induced water potential low enough to bring water into the enlarging cells, while turgor remains high enough to continue extending the walls irreversibly (Boyer, 1985). The entering water fills the newly extended volume.

But much of this hydraulic complexity can be avoided if individual cells are surrounded with water. The cells then have abundant water instead of having to rely on hydraulic transport through intervening small cells. In an early attempt at a study of this kind, Green et al. (1971) explored the relationship between turgor pressure and enlargement in Nitella internodes. Nitella is a charophyte alga with single-cell internodes large enough to measure pressure and growth simultaneously. Despite having to use primitive methods, this remarkable work suggested there might be factors that kept growth fairly constant when turgor changes were small. The control of this system and whether it was enzymatic was not further explored.

Eventually, Proseus and Boyer (2006b) showed that it was possible to isolate the internode walls of a similar large-celled alga C. corallina without removing the cell from the culture medium. Artificial turgor pressures were developed by injecting oil into the wall lumen vacated by the cytoplasm. Pressures were comparable to those in the living cell. The oil did not leak through the wall because it was held by the same hydrophobic forces that hold the plasma membrane in place. Any substance could be injected into the lumen at any pressure.

As long as turgor was at normal levels for the intact cell (about 0.5 MPa or 5 bar), the isolated walls grew at a normal rate for 1 or 2 h whether they had been boiled or not (Proseus and Boyer, 2006b). During this time, growth was irreversible and rapid, just like that in the intact cell when attached to the plant. After 1 or 2 h, most growth stopped while it continued in the live cells. Although growth seemed to be enzyme-less, something was missing from the isolated wall. There are many ingredients produced in the cytoplasm that could be missing from isolated walls. What specific molecules allowed growth for 1 or 2 h, then were depleted or missing when walls were isolated from the cytoplasm?

WALL STRUCTURE

In order to answer this question, it is first necessary to consider the structure of the wall. The internode cells of Chara and Nitella surround a large coenocytic cytoplasm and the walls appear to be dense gels about 5 μm thick in which cellulose microfibrils are embedded. Growing walls have a longitudinal elastic modulus of about 70 MPa that increases to 200 MPa as the cells mature, indicating the wall is tough and strong (Proseus et al., 1999). Elongation occurs evenly over the entire internode.

According to Morrison et al. (1993) and O’Rourke et al. (2015), the walls contain 45–50% pectin, 15–25% hemicellulose, and 30–35% cellulose, which is similar to the composition of the primary walls in dicotyledonous land plants. The pectins have sugar compositions suggesting homogalacturonans (polygalacturonic acid or PGA), i.e., linear unbranched polymers of α-1,4-D-galacturonic acid sometimes with a small amount of rhamnose (usually 1–2%; Ralet et al., 2001; Fraeye et al., 2009, 2010). The pectins also include rhamnogalacturonans (RGI) but not the boron-containing rhamnogalacturonan II (RGII) of terrestrial species (Matsunaga et al., 2004). The carboxyl groups of the PGA show little esterification and are mostly free to deprotonate to form a carboxylate anion (Anderson and King, 1961a,b; Morrison et al., 1993). The lack of esterification was detected by chemical means.

Recent genomic analysis indicates that genes for pectin synthesis diversified as plants acquired the land habit (Yin et al., 2010; Yang et al., 2013; McCarthy et al., 2014). For example, only a few homogalacturonan biosynthesis genes (α-galacturonosyltranserases (GAUTs) or GAUT-like) were detected in green algae but 10 were present in the moss Physcomitrella patens, 26 in sorghum (Sorghum bicolor), and 55 in soybean (Glycine max; Yin et al., 2010). Many genes related to pectin modification appeared to have diverged before genes for cellulose biosynthesis (McCarthy et al., 2014). Recently evolved walls of some grasses differ in pectin composition from those of dicotyledonous species mostly by containing less pectin and instead substantial amounts of glucuronylarabinoxylans and mixed linkage glucans (β1,3- and β1,4-linked glucose; (Vogel, 2008). It should be noted that glucuronylarabinoxylans might have pectin-like properties that could complement the low pectin contents of these grass walls. Levesque-Tremblay et al. (2015) review pectin modifications and point out some of the tissue-specific roles for them.

Among matrix polysaccharides other than pectins, Chara internode walls contain galacturonans, glucans, mannans, and xylans but none of the xyloglucans prevalent in terrestrial species (Popper and Fry, 2003), although xyloglucans were detected in the antheridia (Domozych et al., 2009). It seems likely that some of the matrix polymers have xyloglucan-like properties. In addition to these matrix polysaccharides, the cellulose in Chara is laid down in microfibrils mostly perpendicular to the long axis of the cell. The cells tend to elongate cylindrically (Baskin, 2001, 2005). These basic features are similar to those in land plants and because wall evolution in charophytes appears to have occurred monophyletically (Popper et al., 2011), growing Chara walls are likely to be primitive versions of their terrestrial counterparts.

BASIC CHEMISTRY OF CALCIUM PECTATE

As described more fully below, the growth ingredient missing from isolated walls of Chara appeared to be newly secreted pectate. It combines with calcium that is the main inorganic constituent of the wall although smaller amounts of magnesium are also present (B, Na, K, Fe, Zn, and Cu could not be detected; Proseus and Boyer, 2006c). It is important to note that calcium forms pectate gels but magnesium does not.

This gelling activity is the basis for industrial applications of calcium pectate. Industrial quantities of PGA are obtained from citrus peel or apple pomace usually in an esterified form. Fraeye et al. (2009, 2010) point out that PGA from these sources contains methyl esterified galacturonic acid or occasionally in sugar beet or potato tuber acetyl esterified galacturonic acid. If the pectin is highly methoxylated, acid conditions cause a gel to form in the presence of a high concentration of sucrose. These conditions reduce electrostatic repulsion between polymers and decrease the water activity to form weak gels of jams and jellies. If the pectin is less methoxylated and Ca2+ is present, stronger gels form with calcium cross-bridges between pectin polymers.

Fraeye et al. (2009, 2010) also indicate that PGA can be demethoxylated either by chemical methods or enzymatically with various pectin methylesterases. The pectin methylesterases from terrestrial plants create clusters of galacturonic acid in blocks along the polymer backbone. Those blocks with 6–14 galacturonic acid units have an “egg-box” structure with calcium held in each box, cross-bridging anti-parallel PGA chains with sufficient strength to form the junction zones of a gel. Greater demethoxylation creates a stronger gel. When the demethoxylation is kept constant, gel strength increases with PGA concentration and/or Ca2+ concentration.

Basically, PGA acts as a chelator to hold divalent cations with coordination bonds. In order to form cross-bridges with calcium, the carboxyl groups need to be dissociated, and galacturonic acid in PGA has a pKa of about 3.5 indicating a weak acid. The acid weakens further as the degree of dissociation of the carboxyl groups increases (Ralet et al., 2001). Greater methyloxylation tends to return the pKa toward 3.5.

The pH has a moderate effect. Above 4.5, the gel properties are relatively independent of pH. Below 4.5, dissociation decreases and the affinity for Ca2+ decreases.

BASIC CHEMISTRY OF PECTATES IN CHAROPHYTES

Like charophytes, the primary cell walls of angiosperms include cellulose microfibrils synthesized by rosettes in the plasma membrane (Delmer and Amor, 1995; Sarkar et al., 2009; Gu et al., 2010). The microfibrils strengthen the composite wall structure but have crystalline diameters of only around 2–4 nm (Davies and Harris, 2003; Sarkar et al., 2009). These diameters are smaller than the water-filled interstices of the matrix embedding the microfibrils. The interstices are typically 3.5–8.6 nm in a range of species (Read and Bacic, 1996) including Chara (4.6–4.7 nm, Proseus and Boyer, 2005). It seems that without hemicelluloses, the microfibrils would be unable to remain in place. In effect, hydrogen bonding of xyloglucans (or their equivalent) to the microfibrils converts them to macrofibrils and anchors them in the matrix.

In contrast to cellulose biosynthesis, matrix polysaccharides (pectins and hemicelluloses) are released to the wall in vesicles matured from Golgi bodies (Zhang and Staehelin, 1992). The exocytosis is not influenced by turgor pressure because the release creates a thin “periplasm” or “cushion” separating the vesicles from the load-bearing part of the wall (Proseus and Boyer, 2006a). Pressures would be uniform across the vesicles as they release their contents to the wall. At normal turgor pressures in Chara (0.5 MPa), the periplasm is quite thin and the polymers are concentrated against the inner wall face (Proseus and Boyer, 2005). At these concentrations, pectins spontaneously form weak gels and if Ca2+ is present, make strong gels. At lower pressures, the periplasm is thicker because its osmotic properties cause water to be absorbed and thus dilute the periplasm.

The pressure causes the carbohydrates to enter wall interstices depending on their molecular weight. Dextrans (α-1,6-glucans) applied to the inside of the wall and mimicking the cytoplasmic delivery of matrix polysaccharides such as PGA (α-1,4-galacturonans) did not move into the wall unless driven by a pressure differential (Proseus and Boyer, 2005). The polysaccharide end (having the diameter of a sugar) appeared to start and the rest of the polymer reptated through in snake-like fashion. Small polymers (40 kDa) entered more readily than large ones (500 kDa), placing the small ones in intimate contact with polymers of the existing wall. This allows the polymers to bind to the existing wall and probably accounts for its general assembly.

Domozych et al. (2014) explored wall assembly in the charophyte Penium margaritaceum that constructs its wall in layers starting midway along the length of the cell. They report that a cellulose layer is deposited first and that pectin (homogalacturonan and RGI) is extruded through the layer onto the surface where it binds to Ca2+ to form a reticulated outer layer. They suggest that a similar process might account for the position of the middle lamella, with large carbohydrates percolating through the cellulose layer. The middle lamella is the primary cement holding plant cells together in a tissue. Perhaps like Chara, a turgor-dependence and reptation exists for pectin extrusion in P. margaritaceum and might be detected by varying the osmoticum around the cells (assuming osmotic adjustment is negligible).

The strength of the calcium cross-bridging and gelling activity varies with the number of cross-bridges. In the Penium system, calcium binding to pectin was enhanced by pectin methylesterase that increased the availability of carboxyl groups. The pectin lattice in the outer layer was more clearly reticulated at higher Ca2+ concentrations, indicating that calcium increasingly bound to the pectins in the layer. In the Chara culture medium containing 0.6 mM Ca2+, the walls had a moderate number of cross-bridges, allowing the walls to elongate. Increasing the Ca2+ to 50 mM decreased the rate of growth slightly (Proseus and Boyer, 2006c). If new pectate was then supplied to the culture medium containing 50 mM Ca2+, it combined with the calcium and immediately gelled, encasing the wall. The gel was so strong that it prevented further growth (Proseus and Boyer, 2006c).

The strength of these coordination bonds in cell walls is fertile ground for further work. So far, it appears that gel strength depends on the number of bonds in each local site and is somewhere between the strength of covalent bonds and van der Waals forces, i.e., in the range where the activation energy of enzymatic reactions also occurs in biology. This suggests that enzyme-mediated growth would be difficult to distinguish from enzyme-less growth unless stringent tests are made as described above.

UNIQUE CYCLIC CHEMISTRY OCCURS IN THE WALL

Figure 1 shows the basic structure of PGA (Ridley et al., 2001) and it is obvious that tension on the ends of the polymer will move the carboxyls apart, changing the strength of their coordination bonds with calcium. Morikawa and Senda (1974) and Morikawa et al. (1974) measured infrared spectra in Nitella cell walls under tension and found that the tension caused changes in the spectra of carboxyl groups. Similarly, turgor pressure puts wall polymers under tension in the plane of the walls, potentially distorting some of them. Clearly, those tensile elements bearing most of the load will be the most severely distorted and therefore the most susceptible to new PGA that is not distorted. Thermodynamically, this suggests that the egg-box structure in calcium pectate in the wall will lose its calcium to undistorted PGA whose bonds with calcium may be stronger. In this way, the new PGA from exocytosis can target the load-bearing population of calcium pectate in the wall. There is evidence that less than 5% of the calcium pectate in the wall is load bearing, distorted, and thus a target for new PGA (Proseus and Boyer, 2006c).
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FIGURE 1. Structure of PGA showing two egg boxes. For simplicity, only oxygenic bonds and carboxyls are indicated.



Of course below the minimum turgor pressure for distortion, there is no preferential targeting of the calcium pectate in the wall by the newly released PGA. Although the new PGA still removes some calcium from the wall, it has little effect on the extension of the wall (shown by Proseus and Boyer, 2007). The new pectate has growth activity only if the turgor pressure is above a minimum, i.e., creates enough tension to distort load-bearing wall pectate and creates a thermodynamic difference in bond strength with calcium.

The distortion starts a sequence of reactions resulting in a cycle summarized in Figure 2 (see Boyer, 2009 for more details). Starting on the left, turgor pressure above a threshold distorts the egg box for the load-bearing fraction of the pectate in the wall (Figure 2, left member of the pair). Exocytosis delivers new pectate to the wall. Because the new molecules are not under tension and are not distorted, they bind calcium more tightly than the distorted load-bearing pectate in the wall (Figure 2, step 1, red). This thermodynamic difference causes the new pectate to remove calcium from the distorted pectate preferentially. The vacated pectate in the wall relaxes and the wall elongates until other pectate takes the load and distorts (Figure 2, step 1, right member of the pair). The new pectate with its calcium can enter the wall and bind to the relaxed pectate (Figure 2, step 2, blue). This replaces the number of cross-bridges originally present but does not further strengthen the lengthened and thinner wall. Additional pectate from the cytoplasm plus Ca2+ from the medium is needed and binds to the rest of the vacated pectate (Figure 2, step 3, green). The deposition of this new calcium pectate re-establishes the original strength and thickness of the wall. However, this re-establishment creates the distorted pectate (step 1) and wall strength (step 3) to allow the reactions to repeat, completing the cycle (Figure 2, step 4, black). Each step in Figure 2 has been verified experimentally (Boyer, 2009).
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FIGURE 2. Calcium pectate cycle. Only two calcium pectate cross-links are shown (ovals in anti-parallel pectate molecules, left side of figure in black), but the same principles apply to larger numbers of calcium pectate cross-bridges in the wall. Turgor pressure is high enough to distort the egg box in one of the pair, weakening its bonds with calcium (left pectate in pair). New pectate from the cytoplasm (dashed red arrow) is undistorted and preferentially removes calcium from the distorted pectate (step 1, red). The load-bearing pectate relaxes after its cross-bridging calcium is removed. The wall elongates incrementally, shifting the load to the other member of the pectate pair, which distorts. The remaining steps 2–4 follow (see text) and result in a cycle. Additional calcium pectate is deposited in the wall as part of the cycle (step 3, green). The net result is elongation plus wall deposition. Note that in Chara the cycle occurs in the medium in which the cells are grown (0.6 mM Ca2+). Also note that the rate of growth depends on the rate of pectate release from cytoplasm to wall by exocytosis (red and green dashed arrows).



Tension is the key to this cycle sequence, and tests done without sufficient tension are unlikely to detect the sequence. But when the tension is above the minimum and cytoplasm releases new PGA to the wall, wall extension accelerates to the rate in intact plants. PGA of various molecular weights and from different sources has the same accelerating action. Pectic material is then deposited while the cell is growing (Proseus and Boyer, 2006a).

It is also important that cell enlargement without step 3 (Figure 2) would eventually result in a wall too weak to withstand turgor. Proseus and Boyer (2012a,b) tested this possibility and reported that the walls eventually burst when the cycle occurred without step 3. Bursting was abrupt and lethal for live cells.

The cycle shows that calcium chelation is dynamic, with bonds breaking and re-forming continually in the wall. In effect, the calcium pectate in the wall is in equilibrium with free Ca2+ in the interstices of the wall, and the calcium pectate gel continually re-structures whether new PGA is present or not. Above the minimum turgor pressure for growth but without new PGA, the wall may only “creep” slowly (distorted wall PGA gives up its calcium to a non-distorted wall PGA nearby). This auto-propagation probably accounts for any slow changes in length of isolated Chara walls after 1 or 2 h, i.e., in isolated walls no longer growing. Below the minimum turgor pressure for growth, auto-propagation is less likely and may not occur at all.

It is also worth mentioning that new PGA delivered by exocytosis is coming from a cytoplasm low in Ca2+ (concentration of less than 1 μM as a secondary signaling molecule). The newly released PGA is encountering the first substantial Ca2+ it has seen. Accordingly, Ca2+ migrates to the newly arrived PGA ultimately driving the elongation/deposition process. Because of the turgor pressure, PGA (now calcium pectate) supplied by the cytoplasm also can enter the wall and might cause growth in part by occupying space between the existing wall polymers, i.e., spreading the wall polymers apart by intussusception. This would cause wall pectin to distribute throughout the wall. Matrix polysaccharides distribute in this way in walls of rapidly growing tissues of terrestrial species (Avena and Pisum; Ray, 1967).

TERRESTRIAL PLANTS

One of the arguments favoring an enzyme-based growth process is the reaction to metabolic inhibitors, which decrease rates of expansion. However, many chemical inhibitors cause turgor loss in Chara (Proseus and Boyer, 2006b) and a better one may be low temperature, which inhibits growth with only a slight turgor loss due to its effect on the osmotic potential of the cell. At 0.1°C, Chara growth was zero but revived when turgor was raised above that normally in the cell (Proseus et al., 2000). It seems possible that the wall was capable of elongating but was not receiving new pectate from the cytoplasm because of the cold, as shown by Proseus and Boyer (2008). In this situation, the calcium pectate cycle would operate only slowly thus requiring higher turgor.

Tissues of most land plants do not have large cells as easily accessible to experimental manipulation as those of Chara. Furthermore, each cell may have its own turgor. Coleoptiles or intercalary meristems of hypocotyls tend to be more uniform and help minimize some of this complexity but, as mentioned above, the turgor must be high enough to expand the wall while still being low enough to bring water into the expanding cells. Turgor may thus increase or decrease depending on the treatment. Moreover, inappropriate turgor in only a few cells can change water potential gradients rapidly and thus availability of water to all the other cells, affecting growth (Passioura and Boyer, 2003; Boyer and Silk, 2004).

In order to avoid this ambiguity, tissues may be killed. A unidirectional force is then applied in a direction the tissue would grow when alive, using an extensometer like that of Cosgrove (1989) that allows the extension to be monitored while the force is present. Above a minimum force, the tissue elongates irreversibly in proportion to the applied force just as in Chara internodes exposed to various turgor pressures (Figure 3). Ezaki et al. (2005) used this system to detect the minimum force for irreversible wall extension of soybean hypocotyls and found no statistical difference between dead tissue before or after boiling when the pH was 6 (Figure 3B). This result resembles that in Chara. But at pH 4–5.5, Ezaki et al. (2005) observed significant differences. Glutarate buffer was used for these latter experiments, and it is difficult to be certain but glutarate chelates calcium weakly and in the concentrations used (10 mM) at low pH, probably removed considerable calcium from the tissue. In this situation protons might more easily displace load-bearing calcium cross-bridges, accounting for the differences at low pH (see discussion of calcium pectate chemistry above).
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FIGURE 3. Cell elongation in single Chara corallina internodes (A) or single soybean hypocotyls (B) when tension on the wall was varied. In (A), tension was varied with turgor pressure and in (B) with an extensometer. Data in (A) are for live cells, isolated walls, or isolated walls after boiling and in (B) for dead tissue or dead tissue after boiling. Although there was a slight difference in boiled and non-boiled tissue in (B), it was not statistically significant. Note in both experiments that tension had to be above a minimum before irreversible extension was observed. (A) from Proseus and Boyer (2006b) and (B) from Ezaki et al. (2005).



In the same study, Ezaki et al. (2005) removed wall calcium with the chelator Quin 2 and observed an increased rate of irreversible extension. Addition of Ca2+ quenched the chelator activity. They could not observe the effect unless tension was above a threshold. Although Ezaki et al. (2005) did not expose the killed tissues to PGA or explore the effects in live tissues, they concluded that calcium cross-bridging of wall pectins accounted for their results. Essentially their results agree with the calcium pectate cycle of Figure 2 except that Ezaki et al. (2005) also include a possible involvement of enzymes.

ROLE OF XYLOGLUCANS, PROTEINS, AND ENZYMES

Xyloglucans have been proposed to bind cellulose microfibrils by hydrogen bonding, thereby controlling the expansion of cells (Passioura and Fry, 1992; Passioura, 1994). In effect, the xyloglucans were considered to be the main load-bearing wall components and the protein expansin was considered to release the xyloglucan bonds bearing the load (McQueen-Mason et al., 1992; McQueen-Mason and Cosgrove, 1995).

Zhao et al. (2008) found that cucumber hypocotyls lost their sensitivity to expansins as the hypocotyls matured. Zhao et al. (2008) were able to restore it with various hydrolytic enzymes targeting pectins (pectin lyase, pectate lyase, and polygalacturonase). Other enzymes had little effect (endoglucanases, xylanases, and protease). The sensitivity could be restored by treatment with the calcium chelator EGTA to remove wall calcium. They found more calcium in basal tissues than elongating tissues and conclude that calcium cross-bridging of pectates caused the loss of expansin activity in the basal tissues.

In Arabidopsis, Dick-Perez et al. (2011) used advanced NMR methods to study cell wall components and reported that xyloglucans seem less important as tethers of cellulose than are the pectins. They used double and triple mutants lacking xyloglucans that were developed by Cavalier et al. (2008) and Zabotina et al. (2012). The mutant plants showed morphological changes and grew a little less rapidly than the wild-type plants (Xiao et al., 2016). However, it is important that they did grow – and with no detectable xyloglucan. The authors concluded that other matrix polysaccharides may control the growth of the cells. When wall properties were examined in these mutants, the results were incompatible with a load-bearing xyloglucan (Park and Cosgrove, 2012a,b). Although Passioura and Fry (1992) and Passioura (1994) had suggested that load-bearing xyloglucan-cellulose tethers might control growth rate, the tethers might be replaced by calcium pectate cross-bridging with the same effect. Peaucelle et al. (2012) recognized this possibility and included calcium pectate in their model of wall expansion, suggesting it might act as in Figure 2. In this regard, it is of interest that Chara internodes grow without benefit of xyloglucans (Popper and Fry, 2003) or expansins (Cosgrove, 2000; Popper et al., 2011). Expansins are thought to have evolved after plants colonized the land (Popper et al., 2011).

According to Figure 2 for Chara, growth rate is controlled by the secretion rate for PGA. Evidence for this concept also was found in Arabidopsis mutants impaired in secretion of PGA that displayed stunted growth (Mouille et al., 2007). Because the remaining PGA was methyl esterified, the authors propose that PGA synthesis was linked to methoxylation of the PGA, and the mutants disrupted this part of the synthesis and thus exocytosis. Gendre et al. (2013) found mutants inhibiting Golgi secretion of matrix polysaccharides and observed severe dwarfism in shoots and roots. Moreover, Zhu et al. (2015) found major losses in pectin deposition that led to decreased growth. Caffall et al. (2009) report not only decreased growth but also lethal effects of some pectin mutants of Arabidopsis. In another test, Kong et al. (2015) modified xyloglucans in an Arabidopsis mutant by deleting galactose. They observed inhibited rates of secretion resulting in slower growth, i.e., dwarfism. With an additional mutation to eliminate xyloglucans altogether, vesicle secretion reverted nearly to the wild type and so did growth rate. The authors concluded that altered xyloglucan was more inhibitory to secretion than elimination of the xyloglucan. But the experiment was also a test for the rate of secretion of matrix polysaccharides. It thus appears that the exocytosis of matrix polysaccharides is a central feature of the growth rate of this plant.

Instead of xyloglucans, Derbyshire et al. (2007) focused directly on pectins and recognized that decreasing methyl esterification of PGA might increase the calcium cross-bridging in the walls, strengthening them and decreasing their extensibility. They expressed a fungal pectin methylesterase in Arabidopsis to lower the degree of methyl esterification and reported slower growth presumably from the stiffened walls. In the reverse experiment, pectin methylesterase mutants of Arabidopsis unable to remove the methyl esters caused the walls to weaken (Hongo et al., 2012). Also, maintaining high levels of methylesterification in transgenic Arabidopsis increased the size of the plants as expected if the walls were highly extensible, i.e., had few calcium pectate cross-links (Lionetti et al., 2010). Interestingly, Xiao et al. (2014) found polygalacturonase in the apoplast of Arabidopsis and conclude that it aids cell expansion in hypocotyls when over-expressed. Each of these papers suggest the fundamental control of cell enlargement involved the pectins.

AUXIN

In general, growth regulators affect cell enlargement but most are beyond the scope of this review. However, in evolutionary terms, auxin is an ancient regulator of plant development (Cooke et al., 2002) and it mediates many of the processes in charophytes also seen in terrestrial species. In Chara, internodes etiolate in low light. Growing plants also show apical dominance, develop rhizoids more rapidly if auxin is present (Klambt et al., 1992), and display rapid basipetal transport of the hormone (Boot et al., 2012; Zabka et al., 2016). Charophytes appear to control auxin concentrations by a balance of biosynthesis and degradation rather than by conjugation with other molecules as in many terrestrial species (Cooke et al., 2002). Some but not all of the auxin signaling pathways have been detected in algae, suggesting that additional auxin functions may have evolved as plants moved onto land (De Smet et al., 2011).

ACID GROWTH

Auxin accelerates cell elongation and is most obvious in certain susceptible tissues such as coleoptiles and hypocotyls. A prominent theory is that proton ATPases in the plasma membrane are stimulated by auxin, creating a low pH at the inner wall face and causing “acid growth”. The increased acidity was proposed to enhance the growth rate of the tissue, and low pH did so transiently (Rayle and Cleland, 1972, 1992). The concept was easily tested in Chara because the culture medium had enough intrinsic buffering capacity to hold pH nearly constant while cell elongation was measured without additional buffers. Efforts to demonstrate an acid effect failed (pH as low as 3.5, Proseus and Boyer, 2006c).

Virk and Cleland (1988, 1990) studied growth in soybean hypocotyls and concluded that there were acid labile, load-bearing bonds in the wall, but Ezaki et al. (2005) questioned whether applied tensions were high enough to cause irreversible wall extension. Nevertheless, it is worth noting that methoxylated pectate is less acidic than pectate without methoxy groups (see above description of pectate chemistry). Peaucelle et al. (2008) report that localized de-methylesterification and thus acidification is required for organ formation in Arabidopsis meristems. By placing beads with pectin methylesterase on the meristem, floral primordia could be induced where none would ordinarily exist. Growth of the stems was not affected, so the local acidification did not extend to the whole meristem. In addition, Peaucelle et al. (2015) found that local acidification controlled growth anisotropy in Arabidopsis hypocotyls. The idea that de-methylesterification increases extensibility is the opposite of the usual interpretation that de-methylesterification increases calcium cross-bridging and decreases extensibility. Instead, Peaucelle et al. (2008) suggest more extensible walls might be caused by too little Ca2+ available locally.

Braybrook and Peaucelle (2013) have evidence that local auxin triggers local cell wall softening in meristems, initiating organ development. However, auxin is also required for general extension of the primordium. This implies that there is a transition from a local effect to a general one as the organ develops, oriented around cell wall properties. The concept that a patterned signal transitions to a general one deserves further attention.

PEROXIDASE AND HYDROXYL RADICALS

A totally different view of growth control by auxin involves breakage of covalent bonds by reactive oxygen intermediates, specifically hydroxyl radicals (Schopfer, 2001; Schopfer et al., 2002; Liszkay et al., 2004). There is no doubt that these intermediates could break covalent bonds in the wall because of their high reactivity (Fry, 1998). An obstacle is the absence of oxidases necessary to form the intermediates, such as superoxide dismutase, oxalate oxidase, ascorbate peroxidase, glutaredoxin, and most peroxidases that are not present in root tips of maize (Zhu et al., 2007). On the other hand, reactive oxygen intermediates have been implicated in the formation of lignins (Passardi et al., 2004) and since maturing tissues of terrestrial species generally have some lignin-containing cells, the associated chemistry is likely to be present (Schopfer, 1994; Voothuluru and Sharp, 2013). Reactive oxygen might signal developmental changes that trigger lignification. Incidentally, Chara and Nitella do not develop secondary walls like those of terrestrial plants, and peroxidase chemistry is less prominent (Passardi et al., 2004). As land was invaded by plants, lignins and other forms of secondary wall thickening evolved depending on the species. This probably occurred because the colonization of land made gravitational force a larger feature than in the algae, and secondary thickening became necessary to strengthen the walls after the primary cell walls had expanded.

Tagawa and Bonner (1957) took a different view of the auxin mechanism of growth control and tested the effects of Ca2+, Mg2+, and K+ on auxin-accelerated elongation of Avena coleoptiles that contained mostly primary walls. The authors observed large effects of Ca2+ and were among the first to suggest pectins could be involved. In related work about the same time, Heath and Clark (1956) exposed wheat coleoptiles to chelators or auxin and found similar effects for both types of molecule. In fact, chelators sometimes were considered to have hormonal properties (Heath and Clark, 1956; Weinstein et al., 1956). Consistent with these papers, the accelerating action of 10 μM auxin was inhibited by Ca2+ in maize coleoptiles (Siemieniuk and Karcz, 2015). No chelators were used and instead the authors measured membrane polarization which changed with auxin and Ca2+ and K+ treatment. They propose that the changes in polarization were attributable to H+-ATPase activity in the plasma membrane, linking coleoptile growth to auxin action by acid growth. Although the polarization was correlated with auxin effects, no causation could be assigned and instead the authors indicated that Ca2+ might have altered K+-channel activity sufficient to change the polarization and growth rate. However, it seems possible that an alternate explanation could be the pectin one of Tagawa and Bonner (1957). Further work with this coleoptile system would be valuable.

The sensitivity to auxin differs between shoots and roots. In maize, an auxin concentration of 10 μM that accelerated the growth of coleoptiles (Siemieniuk and Karcz, 2015) inhibited the growth of roots (Hasenstein and Evans, 1986). When the auxin-inhibited roots were exposed to EGTA, the inhibitory action of auxin was reversed (Figure 4). Ca2+ quenched the EGTA effect, restoring the auxin-induced inhibition. The authors interpreted these effects in terms of a secondary messenger role of calcium in the cytoplasm but the similarity to enzyme-less growth in Figure 2 is striking.


[image: image]

FIGURE 4. Elongation in Chara corallina internodes (A–D) and maize roots (E) exposed to the Ca2+ chelator EGTA (downward arrows). In Chara, the EGTA (2.5 mM, pH 7) removed 95% of Ca and 100% of Mg from the wall. Ca2+ (0.6 mM) was resupplied when EGTA was removed with fresh culture medium (upward arrows). Turgor pressure (P) is shown in (A) and (C), change in length of internodes (L) in (B) and (D) for live Chara cells and isolated walls, respectively. In maize (E), roots were exposed to a growth-inhibiting concentration of IAA (10 μM) and subsequently to EGTA (1 mM), then to Ca2+ (0.5 mM). Root growth is shown as % of control rate. (A–D) from Proseus and Boyer (2006c) and (E) from Hasenstein and Evans (1986) by permission from www.plantphysiol.org, Copyright American Society of Plant Biologists.



Auxin accelerates both the elongation of coleoptiles and the delivery of pectin and other matrix polysaccharides to cell walls (Albersheim and Bonner, 1959; Baker and Ray, 1965; Ray and Baker, 1965). Consequently, it would be predicted that, at turgor pressures low enough to inhibit auxin-induced elongation, the deposition of new wall material would also be inhibited. This is indeed found in Chara as shown in Figures 5A,B (Proseus and Boyer, 2006a), but Avena coleoptiles also display a similar turgor dependence for the two processes (Cleland, 1967) (Figures 5C,D). This turgor dependence suggests a similar link might exist between wall deposition and growth in Chara and Avena.
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FIGURE 5. Elongation and cell wall deposition at various turgor pressures in live Chara internodes and Avena coleoptiles. (A) Elongation in Chara. (B) Cell wall deposition in Chara at normal and low turgor pressures. The normal turgor of about 0.5 MPa was decreased by 0.1 MPa using the pressure probe, as shown in red and green. (C) Elongation in Avena with and without 30 μM auxin at various turgor pressures. (D) Corresponding wall deposition in Avena with the 30 μM auxin. Data from Proseus and Boyer (2006a) and Cleland (1967).



The existence of this link is one of the stronger tests of the calcium pectate cycle. That the exocytosis of matrix polysaccharides, including pectins, was affected by auxin suggests a key role for the cycle in auxin-stimulated tissues. However, no reports are known to this author that include auxin-treated tissue exposed to PGA. The calcium chelator EGTA is perhaps the closest analogy (Hasenstein and Evans, 1986). The molecule is small enough to enter the interstices of the wall in most tissues while externally supplied PGA may be excluded because of its size (e.g., 170 kDa sometimes used by Proseus and Boyer, 2006c). When PGA is externally supplied, it is exposed only to atmospheric pressure instead of the higher pressure needed for molecular entry into the wall (Proseus and Boyer, 2005). But in the Chara experiments, even though externally supplied PGA might not enter the wall, the immediacy of its action suggests that wall calcium was removed instead. The Ca2+ ion would readily move through the wall to the PGA outside. External PGA of 170 kDa removed about 60% of the wall calcium in Chara (Proseus and Boyer, 2006c). Similar removal might be expected in terrestrial tissues exposed to PGA.

TIP GROWTH

In contrast to Chara and many tissues of terrestrial plants, pollen tubes and root hairs grow at the tip rather than along the entire cell. In fact, pollen tubes grow more rapidly and for greater distances than any other cell. An example is maize, whose pollen tube travels about 10 mm per hour for about 300–400 mm. Calcium is necessary for pollen tube growth and below 10 μM, the cell bursts. Above 10 mM, the cell stops growing. Between these extremes, growth is rapid but may not be continuous because in lily the rate oscillates with a period of 15–50 s (see review by Hepler et al., 2013). The oscillation has been used to determine which events precede or follow the maximum rate.

The wall of the pollen tube is rich in pectins and in order to deliver the pectate to the tip, Golgi-derived vesicles containing methoxylated pectate are carried along actin cables that appear to oscillate in their delivery rate, possibly under the control of a tip-focused gradient in cytoplasmic Ca2+ where sub-μM concentrations act as a second messenger (Hepler et al., 2013). The vesicles fuse with the plasma membrane and release their contents to the wall by exocytosis. If maximum growth rates are used as a reference condition, the highly methoxylated pectate is released a few seconds before maximum growth occurs. This may be because the esterification blocks many of the carboxyls and only a few cross-bridges form when exposed to Ca2+. This causes a highly extensible tip and accounts for the maximum rate (McKenna et al., 2009).

On the other hand, maximum Ca2+ uptake occurs a few seconds after the maximum growth (Hepler et al., 2013). At the tip, pectin methylesterases are also secreted and fail to be active for a few seconds. They are secreted as a pro-enzyme, and proteases in the wall act on the pro-enzyme to create the active form. Also, an inhibitor at the tip is retrieved by endocytosis behind the tip. Both of these actions delay the esterase activity until after the peak growth rate. As a result, most newly freed carboxyl groups are in the shank of the pollen tube. They bind calcium and stiffen the wall, as measured by micro-indentation (Parre and Geitmann, 2005; for alternate view, see Vogler et al., 2012). Figure 6 shows how this oscillating action might relate to the Chara-type calcium pectate cycle of Figure 2. Rojas et al. (2011) also propose that a similar cycle controls pollen tube growth. They tested a physical model using rheological principles and conclude that the fit with calcium pectate chemistry is quite good.
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FIGURE 6. Possible relation of calcium pectate cycle to oscillatory growth of a pollen tube. Blue circle shows phase angles and thus sequence of events for pollen tube growth of lily from Figure 3 of Hepler et al. (2013). Green circle shows Steps 1–4 of calcium pectate cycle from Figure 2.



OTHER FORMS OF TARGETED WALL DELIVERY

Another example of targeted wall delivery is seen in transfer cells. These cells develop specialized wall ingrowths that expand the area of the plasma membrane and allow more transporters to be present in the expanded area, enhancing transport across the membrane. The cells are particularly obvious between parent plants and their embryos, which require rapid transport as the seed develops. The ingrowths form from wall constituents delivered to the inner surface of specific areas of the primary wall. McCurdy et al. (2008) report that the ingrowths consist mostly of cellulose and matrix polysaccharides that resemble those already present in the primary wall. Their development seems similar to the mechanism of tip growth in pollen tubes, but with targets at specific areas of the inner face instead of being localized at a growing tip. Recent work indicates that Ca2+ plumes can be seen extending from the cell exterior into the cytoplasm at each targeted locus (Zhang et al., 2015a,b). It seems possible that the plumes expose PGA to Ca2+ before the PGA extracts calcium from the wall. Consequently the new pectate might be deposited immediately rather than act to remove wall calcium. This suggests that only step 3 of Figure 2 might operate, accounting for the unusual anatomy of the transfer cell walls.

CONCLUSION

The primitive walls of Chara and Nitella allow certain features of cell expansion to stand out, particularly pectin chemistry. The properties of pectin also are important for terrestrial plants but the evidence is arguably less direct than in the charophytes. Nevertheless, there are hints that the calcium pectate cycle may occur in both kinds of plants. Cell expansion is linked to wall deposition in both, and the two processes require turgor pressure above a minimum, rely on the rate of exocytosis, respond to pectin methoxylation, are affected by Ca2+, and share certain auxin features. Although Chara internodes expand more slowly than the cells of terrestrial species, expansion continues longer (weeks), and the final cell length equals or exceeds that of many terrestrial cells. Wall synthesis must keep up and emphasizes the important of the linkage between expansion and deposition.

In Chara, a unique aspect of calcium pectate chemistry is the distortion by turgor that leads to a cycle of reactions. If turgor diminishes slightly, the cycle can cease and the ensuing reactions also cease even though the plants appear moderately turgid. When normal turgor returns, the cycle can resume. It is tempting to explore this behavior more fully in terrestrial plants because it may be a tool for controlling or testing the presence of the cycle.

The evidence so far, while still fragmentary, suggests that the process in Chara, being chemical, could be widespread in green plants. Wherever the chemicals are present and turgor can distort the pectate, the reactions should occur. Pectins particularly homogalacturonans seem to be among the most conserved wall components in green plants (Ridley et al., 2001; Popper and Fry, 2003; O’Rourke et al., 2015). With adequate water, the cells should be able to generate enough turgor to run the cycle. Fueling this speculation is the cross-bridging of the pectate as part of its chemistry. This structural feature immediately suggests a means to loosen or tighten a wall.

In turn, it seems that methoxylation may be a means to control the cross-bridging, usually acting as a growth accelerant when enhanced but a decelerant when diminished. The evidence is strong in pollen tubes but the opposite has been reported when organs are initiated in Arabidopsis meristems. This suggests that pectin has roles beyond the calcium pectate cycle, and recently evolved pectin modifications probably reflect this.

Methoxylation is minimal in Chara perhaps because the single large wall must have high strength to bear the tension of turgor pressure (pressure is force/area and the larger the area the larger the force). Plants with small cells are found among the charophytes and these show evidence of methoxylation (e.g., Domozych et al., 2014). In tissues of terrestrial species, small cells are the rule and many walls share the tension. Perhaps methoxylation evolved to control cross-bridging and thus the rate of growth in these plants.

Later evolutionary arrivals such as RGII complexed with boron may play a role in growth. Boron deficiency can be especially obvious in meristems of terrestrial species and a mutant for a B transporter causes deformed meristems that alter the development of reproductive and vegetative tissues in maize (Durbak et al., 2014). Although RGII is a pectin, no direct tests have been made of its possible growth effects. This leaves open the possibility that later-evolved features of wall pectins could participate in meristem function as well as wall biomechanics.

Because the calcium pectate cycle links elongation and wall deposition of pectins automatically without special regulatory metabolism, it would be useful to know whether the link is similar in terrestrial plants. If so, it may be unnecessary to invoke recently evolved but fundamentally different mechanisms for cell enlargement.

This link indicates that prolonged intervals of low turgor necessarily must signal metabolism. Otherwise, wall constituents would accumulate unused in the cytoplasm or wall. In Chara, the feedback requires 23–53 min after which biosynthesis is brought into balance with the lower rate of deposition of matrix polysaccharide (Proseus and Boyer, 2008). The signals controlling this process are intriguing and need further identification.
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Charophyte Genus Organic osmolytes

Klebsormidium, Hormidiella

Klebsormidium Sucrose, glucose, raffinose,
xylose, galactose

Zygnema Sucrose, traces of glucose,
fructose, mannitol

Ancylonema

Mesotaenium

Zygogonium

Spirogyra

Zygnemopsis

Zygnema

MAA

MAA 324 nm

Phenolic compounds

Purple vacuolar pigment
Purpurogallin derivatives

Glycosylated gallic acid derivatives,
complexed with iron

Gallotannins
Unspecified
Unspecified

Reference

Kitzing et al., 2014; Kitzing and Karsten, 2015
Nagao et al., 2008; Karsten and Rindi, 2010;
Kaplan et al., 2012

Hawes, 1990

Remias et al., 2012a
Remias et al., 2009, 2012b

Aigner et al., 2013; Newsome et al., 2013;
Herburger et al., 2016b

Nishizawa et al., 1985
Figueroa et al., 2009
Pichrtova et al., 2013
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Taxon ORF?
Mesotaenium endlicherianum 519
Zygnema circumcarinatum 531
Spirogyra maxima 659
Netrium digitus 132
Roya obtusa / Roya anglica 268
Staurastrum punctulatum 108

Coordinates®

108900-110459
66206-67801
72632-74611

102944-103342
96776-97582

142226-142552

Conserved domain

Type ll intron maturase MatK (CHLO0002)

Type Il intron maturase Mati (CHL00002)

Phage integrase family (pfam00589) and integrase core domain (pfam00665)
Phage integrase family (pfam00589)

Phage integrase family (pfam00589)

Phage DNA primase, D5 N terminal lie domain (pfam08706)

2Reported here are the freestanding ORFS larger than 100 codons that revealed similarity (E-value threshold of 1e-08) with recognized protein domains in BlastP searches.
Each ORF is identified by the number of amino acid residues in the encoded protein. ®Genomic coordinates of the ORFs in the GenBank accessions provided in Table 1.
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Taxon

Mesostigmatophyceae
Mesostigma viride NIES 206
Chiorokybophyceas
Chiorokybus atmophyticus SAG 48.80
Keebsormidiophyceae
Klebsormidium sp. SAG 51.86'
Ksormidium flacciom SAG 1218
Entransia fimbriata UTEX LB 2353
Charophyosae
Chara vigaris
Coleochastophyceae
Chaetosphaerioium globosum M1311
Coleochaste scutata SAG 110.80M
Zygnematophyceae
Mesotaenium endiicherianum SAG 12.97
Zygnema circumcarinatum SAG 698-1a
Cylinarocysti brebissoni SAG 615-1
Spiogyra maxima UTEX LB 2495
Netrium oigitus UTEX LB 561
Roya angica ACOI 799
Roya obtusa SAG 168.80
Closterium bailanum SAG 50.89
Cosmarium boltytis UTEX 175
Staurastrum punctulatum SAG 679-1

Accession no.®

NC_002186

NC_008822

KUB46497*
NC_024167
KUB46490*

NC_008097

NC_004115.
KUB46493*

NC_024169
NC_008117
KUB46495"
KUB46489*
KUB46491*
NC_024168
KUB46496*
KUB46494*
KUB46492"
NC_008116

Total

118,360

152,254

>130,9629
176,832
206,025

184,933

131,183
107,236

142,017
165,372
136,938
129,954
131,804
138,275
138,272
201,341
207,850
157,089

size (bp)
R LsCc
6057 Bager
7640 109008
51118 72779
60,590 75,629
10,919 135,815
12,431 88,682
12568 92926
12,568 92,924
26784 120746
24465 132868

ssc

22,619

27,876

1817

9216

27,280

17,639

20213
20212
27,027
26,057

G+C (%)

301

382

406
20
330

2.2

296
276

422
311
208
301
314
331
331
203
208
%25

No®

137

138

112
14
118

127

125
17

124
125
122
124
125
122
122
124
122
122"

Genes.

% genome?

732
588

677
763
64.4

769
799

68.4
578
638
733
745
697
699
53.1
479
584

Introns (no,)
Groupl  Group II°
3
2@
12@)
1 10(1)
2 18(1)
1 1701)
1 140
1 16(1)
1 2
1 9
3 16(1)
1 13(1)
1 901)
1 oM
4 15()
1 6(1)
1 7

Repeats® (%)

02
05

0
02
04

16

07
06

06
12
15
10
05
01
01
49
60
03

2The asterisks denote the nine genomes described here for the first time. ®Non-overlapping repeat elements were mapped on each genome with RepeatiMasker using the repeats > 30 bp identified with REPuter as
input sequences. “Only standard genes conserved in green plant chioropiast genomes are included in these values. Duplicated genes were counted only once. ®These values include the sequences of standard genes
‘and ORFs coding for proteins of known functions. ®The first value provides the total number of group Il ntrons; the number of trans-spiiced introns is given in parentheses. 'This species was formally called Microspora
stagnorum (Mikhailyuk et al, 2008). 9The exact size of the Kiebsormidium sp. SAG 51.86 genome could not be determined because the IR/SSC junction was not identified. The features of this genome were estimated
from the partial sequence. "This value includes the tmS(cga) pseudogene found in the Staurastrum genome (Turmel ef al, 2005)
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DMS00.5%  50uM Wortmannin P

Puncture wounds (diameter of 153 £ 58 (18) 154 55 (10) 09
injured cortical area in um)
Uv-induced wounds (thickness 3.6 1.3(7) 41£18() 06

of callose wound wallin pum)

Before wiounding, cells were treated with 50 M wortmannin or DMSO for 2h. Afterinjury,
cells were left in the wortmanin or DMSO solution for 1 day. Data are means = SD
(rumber of cels). Differences between controls and treatments were calculated according
to Students t-test and were not significant.
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DMSO0 0.5%

737 £6.6(15)
799 +4.8(15)
747 £5.1 (15)
13+1.0(15)
1.1£03(15)
0904 (15)

25 M Wortmannin

608+ 117 (13)
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686+ 1.9 (19)*
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0.1£03(13)"
0906(13)

50 .M Wortmannin

53,6+ 43(15)
62.7£95(13)
67.7 £ 106 (13)*
0£0(13)
010313
0605 (13

Cels were treated with solutions containing wortmannin or DMSO and supplemented with 4 uM phenol red. After 21 treatment under room light, the number of alkaiine bands was
counted, and the velocity of streaming was measured. Following treatment, cells were alowed to recover in artifcal fresh water supplemented with 4 M phenol red. Data are means
+ SD (number of cells). Significant differences between controls and treatments were calculated according to Students t-test and are indicated by *P < 0.01 and *P < 0.05.
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