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Photochromic switches and genetically encoded biosensors have become powerful tools to modulate the activity of neurons and neuronal networks. Our understanding of the mechanisms underlying the development and functioning of the nervous system has greatly advanced in recent years due to the application of these powerful molecular and genetic tools. Remote sensors allow probing localisation and function of specific neuronal proteins, cells and networks, as well as non-invasive monitoring of ions, specific proteins and enzymes. Photocontrolled molecular constructs allow switching on and off the activity of specific proteins and controlling the excitation and inhibition of neurons with high temporal and spatial resolution. These research areas expand extremely rapidly and a number of new approaches for image analysis of various proteins in living cells are being developed. The Research Topic aims to bring together experts in the field and invite articles or topical reviewers to present breakthrough observations and application of new tools for molecular imaging and remote activation of receptors, ionic channels and synaptic networks.
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Photochromic switches and genetically encoded biosensors have become powerful tools for monitoring and modulating the activity of neurons and neuronal networks. Our understanding of the mechanisms underlying the development and functioning of the nervous system has greatly advanced in recent years thanks to advancements in these effective molecular and genetic tools. The idea of this Special Research Issue of Frontiers in Molecular Neuroscience is to provide an overview of the approaches in this area of research, and to present new applications in molecular imaging of ions and remote activation of receptors, ionic channels and synaptic networks. The issue contains experimental and methodological papers as well as review articles dealing with molecular tools for investigation and modulation of neuronal function. It can be divided into two main sections: (i) genetically encoded probes for non-invasive monitoring of ions and ATP; and (ii) optogenetic and optopharmacologic tools for control of neuronal activity with light.

In the first section, several papers are devoted to the use of probes for the non-invasive monitoring of intracellular chloride ([Cl−]i). A sensor with improved sensitivity to chloride, called Cl-Sensor (Markova et al., 2008), has previously been used to measure [Cl−]i in different cell types and to analyse the function of the potassium-chloride transporter KCC2 in hippocampal neurons (Bregestovski et al., 2009; Waseem et al., 2010; Pellegrino et al., 2011). In this issue, improved methods for the stable, long-lasting ratiometric recording of [Cl−]i are described, and these provide a technique for monitoring Cl-Sensor fluorescence in different cell types using conventional fluorescence microscopy set-ups (Friedel et al., 2013). Cl-Sensor has also been used to analyse the mechanisms leading to changes in neuronal [Cl−]i during glioma invasion (Bertollini et al., 2012). The authors demonstrated that glioma cells induce release of amino acids, which may dynamically alter Cl− equilibrium in surrounding neurons. This causes interference with their inhibitory balance, probably leading to physiological and pathological consequences (Bertollini et al., 2012). An important development is the production of two mouse lines expressing Cl-Sensor, which allows ratiometric monitoring of [Cl−]i in specific cell types in vivo (Batti et al., 2013).

Recently, a probe allowing simultaneous monitoring of Cl− and H+ has been developed (Arosio et al., 2010). In this issue, a study reports the intracellular calibration and functional characterization of this sensor, called ClopHensor, and its two derivatives: the membrane-targeting PalmPalm-ClopHensor and the H148G/V224L mutant with improved Cl− affinity and reduced pH dependence (Mukhtarov et al., 2013). This study identified the different ClopHensor variants as promising tools for non-invasive measurement of [Cl−]i and pH in living cells. The usefulness of GFP-derived pH reporters to quantify intracellular pH in the context of changing neuronal activity is demonstrated in another study, where the authors compare three genetically encoded probes to analyse pH transients evoked by epileptiform activity in two separate in vitro models of temporal lobe epilepsy (Raimondo et al., 2012).

Two papers illustrate the use of genetically encoded probes to analyse physiologically important ions or molecules in different cellular compartments (Surin et al., 2012; Akerboom et al., 2013). The first study describes a family of genetically encoded calcium indicators. This engineered set of chromatic variants facilitates experiments in functional imaging and optogenetics and allows the simultaneous monitoring of intracellular calcium ([Ca2+]i) in different cell types (i.e., neurons and astrocytes) or cellular compartments (i.e., cytoplasm and mitochondria) (Akerboom et al., 2013). The second contribution presents a comparative analysis of cytosolic and mitochondrial ATP synthesis in embryonic and postnatal hippocampal neuronal cultures (Surin et al., 2012). The authors simultaneously monitored ATP and mitochondrial membrane potential using a genetically encoded sensor (Imamura et al., 2009). Their observations suggest that ATP synthesis is predominantly glycolytic in embryonic but not in postnatal neuronal cultures.

The last article in the first section (Brondi et al., 2012) describes a method for combining calcium imaging and genetic labeling of specific cell types in the mouse brain, using fluorophores with very similar emission spectra. The authors exploit the differences in two-photon emission spectra of the dyes and demonstrate that this technique can be extended to other fluorophores.

The second section of this Special Research Issue presents optogenetic tools and photoswitches for the optical control of neuronal activity. A method for studying neuronal plasticity following long-term neuronal stimulation using Channelrhodopsin-2 and monitoring by multi-electrode arrays is presented by Lignani et al. (2013). Optogenetics can also be used to study the molecular mechanisms associated with drugs of abuse (Chandra et al., 2013). The authors show that altering the activity in specific neural circuits can result in the regulation of cocaine-induced actin-cytoskeleton dynamics and behavioral plasticity.

The fields of optopharmacology and optochemical genetics are reviewed by Sandoz and Levitz (2013) and Mourot et al. (2013) with special emphasis on their application to neuronal potassium channels. Ion channels and receptors can be photosensitized using synthetic light-regulated ligands that either diffuse freely or are permanently conjugated to their target channel. Light acting on the ligands allows their reversible binding to ion channels, leading to activation or inhibition depending on the nature of the ligand. These methods provide powerful biophysical tools for fundamental studies of ion channels, and promising therapeutic applications such as the photosensitization of blind retinas. The study by Izquierdo-Serra et al. (2013) applies calcium photocurrents through a light-gated glutamate receptor to control calcium-regulated exocytosis and optically modulate neurotransmission.

The issue concludes with two articles that are focused on the approaches and techniques to analyse Cl-selective receptor-operated channels. Lynagh and Lynch (2012) used a voltage-clamp fluorometry to quantitatively monitor agonist-induced conformational and fluorescence changes at locations distant from the ionic pore. In this way, they analyzed the molecular mechanisms of cys-loop channel modulation by ivermectin. The review by Schaefer et al. (2012) describes mouse models in combination with modern imaging techniques as excellent tools for bridging the gap between adaptation and remodeling of inhibitory synapses under physiological and pathological conditions.

We are grateful to all authors and reviewers for their efforts in providing an excellent overview of these rapidly expanding fields.
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Chloride (Cl−) homeostasis is known to be fundamental for central nervous system functioning. Alterations in intracellular Cl− concentration ([Cl−]i) and changes in the efficacy of Cl− extrusion are involved in numerous neurological disorders. Therefore, there is a strong need for studies of the dynamics of [Cl−]i in different cell types under physiological conditions and during pathology. Several previous works reported having successfully achieved recording of [Cl−]i using genetically encoded Cl-Sensor that is composed of the cyan fluorescent protein (CFP) and Cl−-sensitive mutant of the yellow fluorescent protein (YFPCl). However, all reported works were performed using specially designed setups with ultra-sensitive CCD cameras. Our multiple attempts to monitor Cl−-dependent fluorescence of Cl-Sensor using conventional epifluorescence microscopes did not yield successful results. In the present work, we have analysed the reason of our failures and found that they were caused by a strong inactivation of the YFPCl component of Cl-Sensor during excitation of the CFP with 430 nm light. Based on the obtained results, we reduced 20-fold the intensity of the 430 nm excitation and modified the recording protocol that allows now stable long-lasting ratiometric measurements of Cl-Sensor fluorescence in different cell types including cultured hippocampal neurons and their tiny dendrites and spines. Simultaneous imaging and patch clamp recording revealed that in mature neurons, the novel protocol allows detection of as little as 2 mM changes of [Cl−]i from the resting level of 5–10 mM. We demonstrate also a usefulness of the developed [Cl−]i measurement procedure for large scale screening of the activity of exogenously expressed potassium-chloride co-transporter KCC2, a major neuronal Cl− extruder that is implicated in numerous neurological disorders and is a target for novel therapeutical treatments.

Keywords: fluorescent biosensors, intracellular chloride, non-invasive monitoring, Cl-Sensor, KCC2, neuron, patch clamp

INTRODUCTION

A rapidly growing amount of evidence shows the importance of neuronal chloride (Cl−) homeostasis for the functioning of central nervous system. The changes in the ability of neurons to normally regulate the intracellular Cl− concentration ([Cl−]i) are implicated in several neurological disorders including brain recovery from acute trauma and stroke, different types of epilepsies and neuropathic pain. In most of the mentioned pathologies, changes in neuronal chloride homeostasis are related to modification in the activity of the Cl− extruder KCC2 (potassium-chloride co-transporter II) and Cl− importer NKCC1 (sodium-potassium-chloride co-transporter I) (Kahle et al., 2008; Blaesse et al., 2009). Both co-transporters belong to the family of twelve transmembrane domain electroneutral cation-chloride co-transporters (CCCs). The electroneutrality of CCCs does not allow direct measurement of their activity. To circumvent this problem, researchers estimate the functionality of CCCs by analysing the consequences of their ion transport activity. While in heterologous expression systems many laboratories used 86Rb fluxes as read-out of the CCC activity (Payne, 1997), in neuronal cells the activity of CCCs was determined so far by analysing the changes in Cl− homeostasis (reviewed by Medina and Chudotvorova, 2006; Blaesse et al., 2009). Historically, most pioneer works in the field estimated the level of [Cl−]i by analysis of the reversal potential of Cl−-permeable GABA or glycine receptor-coupled channels (GABAR, GlyR) (Rivera et al., 1999; Cohen et al., 2002; Khirug et al., 2008; Tyzio et al., 2008). The recent achievements in cell biology and microscopy promoted the use of different Cl-sensitive fluorescent probes for analysis of neuronal Cl− homeostasis (Bregestovski et al., 2009; Berglund et al., 2011). The first set of markers were Cl-sensitive dyes (Quinolinium Cl− indicators) using capability of halides to quench the fluorescence of heterocyclic organic compounds with quaternary nitrogen (Chen et al., 1988; Verkman, 1990). These compounds have relatively good sensitivity and selectivity to Cl−. They have been used for measurements of [Cl−]i in a variety of preparations (see review Bregestovski et al., 2009), however, they are prone to strong bleaching and present a significant leakage rate (Inglefield and Schwartz-Bloom, 1997; Nakamura et al., 1997).

A more recent and promising method for non-invasive analysis of Cl− is based on the halide-binding properties of yellow fluorescent protein (YFP) and its derivatives (Wachter and Remington, 1999; Jayaraman et al., 2000). These Cl-sensitive biosensors have a number of advantages: (1) they show much more stable fluorescence at long-lasting monitoring; (2) they allow excitation in the visible range of wavelength; (3) they can be targeted to specific cell types (4) and they have a high molecular weight, which prevents the diffusion of the indicators from cells. The weak point of YFP-based molecules is their sensitivity to intracellular pH (pHi) and some organic anions (Jayaraman et al., 2000) that should be taken into account during analysis of YFP-emitted fluorescence.

The first ratiometric Cl− indicator was designed by fusion of YFP with cyan fluorescent protein (CFP) through a polypeptide linker (Kuner and Augustine, 2000). In this construct, called Clomeleon, CFP acts as a reference point for normalizing expression levels. Later was developed a more sensitive probe, called Cl-Sensor, composed of CFP and mutated form of YFP with higher Cl− sensitivity (YFPCl, the apparent EC50 ~ 30–50 mM) (Markova et al., 2008; Waseem et al., 2010). Using this probe, we have successfully characterized changes in [Cl−]i in different cell lines (Markova et al., 2008; Waseem et al., 2010) and in cultured hippocampal and spinal cord neurons (Waseem et al., 2010; Pellegrino et al., 2011). However, in these studies, the measurements of [Cl−]i were performed on a specially designed fluorescence setup, for convenience called thereafter ultrasensitive setup that was equipped with a highly sensitive CCD camera and a low output intensity excitatory unit (polychromatic light selector equipped with attenuation filters). Our attempts to monitor [Cl−]i from the same samples of cultured cells using a conventional epifluorescence setup described in the present study gave non-satisfactory results due to continuous changes in the fluorescence emitted by YFPCl under resting conditions and, therefore, to strong drifts of the ratio baseline.

In the present work, we studied the dependence of the photostability of Cl-Sensor on different excitation wavelengths and discovered a previously undescribed process of transient inactivation of the YFPCl component of Cl-Sensor with illumination by short wavelength blue light (430 nm), commonly used to excite the reference CFP component of the Cl-Sensor. Based on the obtained results, we modified the setup and recording protocol to allow long-lasting ratiometric recording of the fluorescence from different cell types expressing Cl-Sensor.

MATERIALS AND METHODS

All manipulations with animals were performed in agreement with the guidelines of the Animal Care and Use Committee of INSERM (Institut National de la Santé et de la Recherche Médicale).

CELL LINES AND TRANSFECTION

The majority of the experiments were performed using mouse neuroblastoma cells (N2a) (ATCC, #CCL-131). The cells were cultured in Dulbecco's modified Eagle's medium supplemented with 10% fetal bovine serum, 100 units/ml penicillin and 100 μg/ml streptomycin. For experiments, we used exclusively culture passages from 3 to 10.

For Cl-Sensor fluorescence recording, N2a cells were transfected with a mixture of at least two different pcDNAs encoding: (1) Cl-Sensor in gw1 vector (Waseem et al., 2010) and (2) human α1 subunit of glycine receptor (GlyR) (Waseem et al., 2010). The activation of Cl− permeable GlyR under depolarized conditions allowed the induction of the rise of [Cl−]i. To study the extrusion capacity of KCC2, N2a cells were transfected with a mixture of three pcDNAs: (1) Cl-Sensor, (2) GlyR, (3) cherry-KCC2. For control experiments, cherry-KCC2 was substituted with empty vector pcDNA3.1 (mock transfected cells). The cherry-KCC2 construct was made on the basis of previously described eGFP-KCC2 (Pellegrino et al., 2011) with cherry replacing eGFP.

For transfecting cells growing on coverslips in 35 mm dishes, 300 μl of Opti-MEM media were mixed with 7 μl of Lipofectamine reagent 2000 (Life Technologies) and 1.5 μg of different pcDNAs pre-mixed in desired proportions. The mixture was incubated for 30 min at room temperature (RT) and distributed thereafter above cells. After 2 h of incubation at 37°C, half of the medium was replaced with fresh medium. Cells were used for the experiments 2–3 days after transfection. The described proportions of pcDNA/Lipofectamine and incubation times allowed obtaining a moderate expression of the exogenous proteins in approximately 60–80% of cells. We avoided increasing the efficacy of transfection to 100% in order to prevent overproduction of the protein and preserve healthiness of the cells.

The proportions of pcDNAs for transfection were as follows: 0.3 μg Cl-Sensor + 0.3 μg cherry-KCC2 (or pcDNA3.1) + 0.6 μg GlyR. Such co-transfection resulted in the expression of Cl-Sensor and GlyR in 100% of cherry-KCC2 positive cells.

PRIMARY CULTURES OF RAT HIPPOCAMPAL NEURONS

Hippocampal neurons from 19 days Wistar rat embryos were dissociated using trypsin and plated onto poly-ethylenimine-coated coverslips at a density of 70,000 cells cm−2 in minimal essential medium (MEM) supplemented with 10% NU serum (BD Biosciences, Le Pont de Claix, France), 0.45% glucose, 1 mM sodium pyruvate, 2 mM glutamine, and 10 IU ml−1 penicillin–streptomycin as previously described (Buerli et al., 2007). On day 9 of culture incubation, half of the medium was changed to MEM with 2% B27 supplement (Life Technologies).

The neurons used in the present study were transfected with only Cl-Sensor. The increase in [Cl−]i was achieved using the activation of the endogenous GABAA receptors with isoguvacine under depolarizing conditions. Transfections of 10 day in vitro (DIV) neuronal cultures were performed as described previously (Buerli et al., 2007). For transfection of cultures in 35 mm dishes, 300 μ l of Opti-MEM media were mixed with 7 μl of Lipofectamine reagent 2000 (Life Technologies), 1 μl of Magnetofection CombiMag (OZ Biosciences, France) and 1.5 μg of Cl-Sensor pcDNAs. The mixture was incubated 20 min at RT and thereafter distributed dropwise above the neuronal culture. Culture dishes were placed on a magnetic plate (OZ Biosciences) and incubated 40 min at 37°C. Transfection was terminated by the substitution of 70% of the incubation solution with fresh culture media. Neurons were used in experiments 3 days after transfection.

IMAGING SETUP

The Cl-Sensor is a chimera protein composed of the yellow fluorescent protein with enhanced sensitivity to Cl− (YFPCl) that is linked to the CFP (Markova et al., 2008). The emission and excitation spectra of CFP and YFPCl strongly overlap (Figure 1A). To obtain the effective separation of the fluorescence emitted by CFP and YFPCl, we used the ECFP/EYFP single band exciters filter set (#59217, Chroma Technology Corp., Bellows Falls, VT, USA). The excitation filters from the set [430(24) nm and 500(20) nm] were mounted into the Lambda 10-B Filter wheel (Sutter Instruments Company, Novato, USA). Notice that the first number indicates median wavelength and the number in parentheses indicates the wideness of the bandpass. In front of 430(24) nm filter was mounted a 5.0% transmission neutral density filter (ND 1.3 B–5% Trans, Chroma Technology Corp.). The emitted fluorescence was collected through a unique double bandpass filter 470(24) + 535(30) nm using an inverted Olympus fluorescence microscope (IX71, Olympus, France). The fluorescence was excited using an X-Cite Series 120Q light source (Lumen Dynamics Group Inc., Ontario, Canada). Image recording was performed using a CoolSNAPHQ Monochrome CCD camera and Metamorph software that includes a multi-dimensional acquisition option (MDA) (Roper scientific sas, Evry, France) (see Figure 1B for scheme of the lightpass).
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FIGURE 1. Light pass of conventional epifluorescence setup. (A) Excitation and emission spectra of the filter set used in the study (vertical bars) overlapped with emission and excitation spectra for cyan and yellow fluorescent proteins carrying the I152L mutation (CFP and YFPI152L, respectively). The plot is a schematic presentation of spectral bandpasses of the setup designed based on the information provided by the filter set manufacture (Chroma Technology Corp., USA). The absorbance spectra of YFPI152L is reproduced from Galietta et al. (2001). The absorbance spectra of CFP and emission spectra of CFP and YFP were taken from R. Tsien's website (http://www.tsienlab.ucsd.edu/Documents.htm). (B) Scheme of the setup. The light source (Xenon arc burner) was connected to a filter wheel including two excitation filters and one neutral density filter (ND filter) placed in front of 430(24) nm filter. The emitted fluorescence was recorded using a digital CCD camera. (C) Schematic presentation of the recorded portion of fluorescence emitted by Cl-Sensor during excitation with a 430(24) nm filter (see Materials and Methods for details). (D) Schematic presentation of the fluorescence signal emitted by Cl-Sensor during excitation with a 500(20) nm filter.



During the excitation of the Cl-Sensor with 430(24) nm filter the emitted fluorescence signal passing through 470(24) + 535(30) nm filter was composed of a CFP component (colored in blue in the scheme shown in Figure 1C) and an YFPCl component (colored in yellow). In addition, the signal emitted at 535(30) nm might also contain the fluorescence of the YFP component excited by Fluorescence Energy Resonance Transfer (FRET) from CFP. The illumination of Cl-Sensor, using a 500(20) nm filter, induced excitation of only YFPCl component that was recorded through the 535(30) band of the emission filter (colored in yellow) (Figure 1D).

FLUORESCENCE RECORDING PROCEDURE

Coverslips with transfected cells were placed onto the inverted microscope and perfused with an external solution (in mM): 140 NaCl, 2.5 KCl, 20 Hepes, 20 D-glucose, 2.0 CaCl2, 2.0 MgCl2, pH 7.4. To induce cell depolarization and increase [Cl−]i, we replaced NaCl with an equimolar amount of KCl (the final concentration of KCl is mentioned in results and figure legends for each type of experiments). All solutions included 10 μM bumetanide, a selective blocker of sodium-potassium-chloride co-transporter NKCC1, to prevent chloride influx through this transporter. When needed, glycine, an agonist of GlyR (final [C] = 50 μM) or isoguvacine, an agonist of GABAA receptors (final [C] = 30 μM) were added to the solution with increased concentrations of KCl. The times of application are mentioned in results and figure legends. The osmolarity of the final solutions was carefully verified and adjusted to 310 mOsm using NaCl or KCl.

Unless otherwise specified, the frequency of acquisition was 0.05 Hz and the duration of excitation was 20–50 ms during most of the experiments. The increase in [Cl−]i during the experiment was achieved using a fast perfusion system described previously (Medina et al., 1994) allowing rapid change of the solution (within 100 ms) in the entire optical field. The inner diameter of the quartz perfusion tubes was 250 μm.

All recordings from N2a cells were performed using a LUCPlanFLN 20× Objective, NA 0.45 (Olympus, France) that allowed simultaneous recordings from 30 to 50 transfected cells. Recordings from neurons were performed using either described above 20× objective for the monitoring of fluorescence from soma and proximal dendrites or 40× objective [LUCPlanFLN, NA 0.60 (Olympus, France)] used for visualization of tiny dendrites and spines.

All experiments were performed at 24–25°C.

SIMULTANEOUS IMAGING AND ELECTROPHYSIOLOGY RECORDING

For simultaneous imaging of Cl-Sensor and patch-clamp recording, neurons were bathed in the described above external solution containing in addition 0.5 μM of TTX (Na+ channels blocker) that was applied to prevent spontaneous neuronal activity. The recording micropipettes (5 MΩ) were filled with a solution containing (in mM): 150 KCl, 10 HEPES, 20 mg/ml gramicidin A (dissolved in DMSO), pH 7.2. Isoguvacine (30 μM) was dissolved in external solution and focally applied to soma and proximal dendrites through a micropipette (same as for patch clamp) connected to a Picospritzer (General Valve Corporation, pressure 5 psi). The resting membrane potential (Em) was determined by switch to the “I = 0” mode. Recordings were made using an Axopatch-200A amplifier and pCLAMP acquisition software (Axon Instruments). Data were low-pass filtered at 2 kHz and acquired at 10 kHz. Input resistance (Rin) and capacitance were routinely determined from the analysis of responses to hyperpolarizing/depolarizing steps of −10/+10 mV applied from the holding potential of −80 mV; in this range, the I–V curve of cells was close to linear. Values of the membrane potential were corrected for series resistance during analysis.

The image acquisition started 1–2 min after formation of the gigaseal and continued without any interruption through the whole experiment. The synchronization of the image and patch clamp recordings was made manually by insertion of the tags at desired moments of the recordings.

Statistical analysis

All results are shown as mean ± SEM. The statistical significance was calculated using Anova or Kolmogorov–Smirnov tests as indicated.

RESULTS

To characterise the properties of Cl-Sensor, we used routinely mouse neuroblastoma N2a cells transfected with mixture of pcDNAs encoding Cl-Sensor and GlyR. The GlyR, a receptor-gated Cl− channel, was employed to modify rapidly and selectively [Cl−]i and, as consequence, produce changes in Cl-Sensor responses. We performed also some initial experiments using Chinese hamster ovary (CHO-K1) and PC12 (rat pheochromocytoma) cell lines that showed similar responses to activation of GlyR. However, the experiments involving exogenous expression of the neuronal potassium-chloride co-transporter KCC2 showed higher efficacy of the KCC2 expression in N2a, than in PC12 or CHO-K1 cells. Therefore, N2a cells were chosen as model for the study of Cl− dynamics using Cl-Sensor.

USE-DEPENDENT INACTIVATION OF Cl-SENSOR

At the initial stage of the work, a ratiometric recording of Cl-Sensor fluorescence was made using the setup described in Figure 1 and materials and methods, but without ND filter introduced into 430(24) nm light path. The excitation of cultured cells expressing Cl-Sensor was performed every 20 s through first 430(24) and then 500(20) nm narrow-band excitation filters (referred thereafter as 430 nm and 500 nm filters for convenience) (Figure 2A). The acquisition parameters for the fluorescence responses, induced by excitation at 430 nm (F430), were selected as such, providing in average a 10:1 signal noise ratio and good spatial resolution of the transfected cells (Figure 2B, upper right image and left plot). The lowering of the acquisition time to 4 ms resulted in strong loss of the resolution of transfected cells due to the decrease of the signal to noise ratio. The acquisition parameters for the fluorescence excited at 500 nm (F500) were adjusted to obtain a F500 intensity similar to that of F430 (Figure 2B, lower right image and right plot). In the experiments described in Figures 2B–D, the selected acquisition times were 20 ms and 50 ms for F430 and F500, respectively, and the CCD camera binning was 2 × 2.
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FIGURE 2. Ratiometric recording of the Cl-Sensor fluorescence using a non-adjusted fluorescence setup. (A) Scheme of the protocol of experiment. Cl-Sensor was excited every 20 s using two consecutive light pulses through first 430 nm and then 500 nm excitation filters. (B) Examples of fluorescence images obtained by excitation at 430 nm and 500 nm at different exposure times as indicated. Plots illustrate the mean ± SEM of fluorescence intensity measured on the transfected cells (signal) and region free of cells (background) (n = 15 regions measured in the same sample). (C) Fluorescence responses of individual cells to 5 min application of the external solution containing 50 μM glycine and 100 mM KCl. Examples were chosen to illustrate the variability of fluorescence intensity and signal ratio. Ratio values (R430/500) were obtained by arithmetic division of fluorescence induced by Cl-Sensor excitation via 430 and 500 nm filters. (D) Left and middle plots show normalized mean ± SEM fluorescence responses from 36 cells recorded in the optical field during excitation with 430 nm (left) and 500 nm (middle) filters, respectively. Values were obtained as difference of each individual point with first recorded value of the experiment (Δ F) divided per first recorded value (F). The right plot illustrates mean ± SEM of signal ratio R430/500. The first points on the plots correspond to the first image taken in the experiment.



We constantly observed that using the described above protocol, the F430 was stable in most of the recorded cells during at least 30 min, while the F500 continuously decreased starting from the beginning of the recording (Figures 2C,D, left and middle plots). As a consequence, the ratio of F430/F500 responses (R430/500) progressively increased (Figures 2C,D, right plots). The artificial increase in [Cl−]i, achieved by the co-application of KCl and glycine, produced a further increase of R430/500 that only partially decreased after washout of the applied drugs. Due to a continuous increase of R430/500 at resting conditions and the variability of this change in different experiments, we were unable to perform a comparative ratiometric analysis of the Cl-Sensor emitted fluorescence under different experimental conditions.

The observed drift of the basal level of YFP fluorescence and related change of fluorescence ratio were not due to changes in [Cl−]i as similar cells analysed using the previously described setup using a short time of excitation (Markova et al., 2008; Waseem et al., 2010) did not show a drift of the baseline (data not shown, but see Figure 5 for a stable recording from similar cells using a modified conventional setup). We suggested, therefore that the progressive change of the YFPCl fluorescence is a result of use-dependent photoinactivation of the YFPCl component of Cl-Sensor.

Surprisingly, we found that the repetitive excitation of the Cl-Sensor only through the 500 nm bandpass filter did not produce a progressive decrease of YFP fluorescence (Figure 3A). A 20-fold longer pulse (1 s) of 500 nm light decreased transiently YFP fluorescence by only 0.34 ± 0.14%. A much longer pulse (10 s) of 500 nm light induced a 3.0 ± 0.25% decrease of YFP fluorescence that progressively recovered to the basal level within 3 min. Thus, the excitation of Cl-Sensor through the 500 nm filter could not be considered as a factor in the drift of the basal line of fluorescence in Figure 2B. On the contrary, repetitive cell stimulation with 430 nm light pulses (20 ms every 10 s) induced a rapid decline of F430 to a steady-state level of 97–98% (Figure 3B). The observed decline was 430 nm light dependent: the elongation of the interval between excitation pulses to 5 min allowed full signal recovery while a long illumination of the cells (1 s) caused an additional, partially reversible, decrease of F430 intensity (Figure 3B).
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FIGURE 3. Differential photoinactivation of CFP and YFP components of Cl-Sensor. All responses shown in the figure are mean ± SEM values from 40 to 43 cells visualized in a single optical field. Similar data were observed in 8 other experiments. In all depictured experiments, the duration of test excitation was 20 and 50 ms through 430 or 500 nm filters, respectively. The interval between acquisitions was 10 s (unless otherwise indicated with horizontal double head arrow). (A) Fluorescence responses of Cl-Sensor to repetitive excitations through a 500 nm filter. Vertical arrows show moments of Cl-Sensor excitation with additional light pulses through the same filter. (B) Repetitive excitation of Cl-Sensor through a 430 nm filter induces rapid decline of the fluorescence. Vertical arrow indicates additional excitation using the same 430 nm filter. (C) Repetitive excitation of Cl-Sensor through a 500 nm filter. Blue arrows indicate application of additional light pulses through a 430 nm filter. Notice the different ordinate and abscise axes resolution in right plot. (D) Comparison of the degree of inactivation of F500 fluorescence by 20 ms pulse of 430 nm light [similar protocol as shown in (C), left plot] in cells expressing Cl-sensor, YFPCl, 1:1 mixture of CFP + YFPCl and YFP. Mean ± SEM, 3 experiments, 10 cells per experiment. **p < 0.01.



Next, we performed excitation of Cl-Sensor using only the 500 nm filter, with a single 20 ms pulse of 430 nm light introduced during recording, to mimic the double-wavelengths excitation protocol used in the previous ratiometric experiments (Figure 3C). This short 430 nm excitation pulse induced a sizable decrease of the F500 (2.6 ± 0.18%, 36 cells). A longer pulse (1 s) of 430 nm light induced a strong inhibition of the F500 by 30 ± 1.3%. It should be noted that the recovery of fluorescence from inactivation was only partial and lasted several minutes. Overall, in three analysed experiments, the single 20 ms pre-pulse of 430 nm light produced 2,8 ± 0.70% inhibition of F500 (Figure 3D, see column “Cl-Sensor”). Thus, even a relatively short illumination of the Cl-Sensor by 430 nm light causes a potent inactivation of its YFPCl fluorescent component.

We wondered whether the observed F500 inactivation was an intrinsic property of YFPCl or the result of the association of YFPCl in a molecular complex with CFP. To answer this question, we made three additional transfections of N2a cells with (1) YFPCl alone; (2) mixture of pcDNAs encoding CFP and YFPCl; (3) original non-mutated form of YFP. We observed that 430 nm light pulses inhibited F500 fluorescence emitted by YFPCl alone to a similar extend than with Cl-Sensor (Figure 3D). Consistently, the cells expressing a mixture of CFP and YFPCl proteins also showed similar degree of F500 fluorescence inhibition. By contrast, the F500 fluorescence in cells expressing non-mutated YFP was fully resistant to illumination with 430 nm light. We therefore concluded that 430 nm light-induced inactivation of Cl-Sensor is a result of YFP molecule mutation. A future more detailed study is necessary to characterize the physical process inducing 430 nm-dependent inactivation of YFPCl and discover which out of the three mutations increasing Cl− sensitivity of YFPCl (H148Q, I152L, and V163S) are responsible for this process.

Based on our results, we introduced a 1:20 ND filter into the 430 nm light pass (see methods and scheme in Figure 1B). As this filter strongly reduced the excitation light and, by consequence, decreased the intensity of the emitted fluorescence signal, we increased binning factor to 4 × 4 and settled acquisition time of F430 to 50 ms. The acquisition parameters of F500 remained unchanged. Time lapse recording with modified light pass revealed that the use-dependent R430/500 fluorescence ratio drift became much weaker, but did not completely disappear (Figure 4). To further reduce the inhibitory effect of having the 430 nm light pulse preceding F500, we changed the order of the excitation wavelengths: during each ratiometric measurement, the cells were illuminated first using 500 nm filter and immediately after using 430 nm filter. Such modification in the sequence of excitation wavelengths elongated the interval between 430 nm and 500 nm excitations from few milliseconds to 20 s (compare protocols depictured on the scheme in Figure 4) and resulted in additional reduction of the use-dependent modulation of R430/500 (Figure 4, red circles; see also Figure 5C for long-lasting recording).
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FIGURE 4. Time-dependent change of the R430/500 at resting conditions measured using different protocols. The trace with triangles illustrates the results obtained using the non-modified light pass and protocol shown in Figure 2A. The traces with blue squares and red circles were obtained using protocols shown in the right inset. ND filter, neutral density filter.
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FIGURE 5. Stable recording of Cl-Sensor fluorescence using the updated setup. (A) Scheme of the experiment: Cl-Sensor was excited every 20 s using two consecutive 50 ms light pulses through first a 500 nm and then a 430 nm excitation filter. The sequence of excitation was different as compared to Figure 2A. (B) Example of N2a cells transfected with Cl-Sensor and excited at 430 nm (panel b1). CCD camera binning was settled 4 × 4. The image in panel b2 shows a digitally amplified region from b1. Image in b3 shows fluorescence obtained using 500 nm excitation (CCD binning 2 × 2). The arrow indicates an example of a region of interest (ROI) drawn around a cell to measure fluorescence intensity. Scale 20 μm. (C) Left and middle plots illustrate recordings of fluorescence induced using 430 nm and 500 nm excitation pulses. The right plot shows corresponding traces of signal ratio (R430/500). Each color corresponds to the same cell shown in the three plots. The artificial increase of [Cl−]i was achieved by application of an external solution containing glycine (50 μM) and KCl (100 mM). The black dotted line in the right plot illustrates a mean value of 42 cells recorded in the depictured experiment. (D) Dynamics of R430/500 change in an experiment similar to the one depictured in (C) but in the presence of Strychnine, a blocker of glycine receptors (0.3 μM) in the control external solution. Notice the slow or inexistent recovery of the R430/500 value after wash out of glycine and KCl. (E) Comparison of the kinetics of the recovery of R430/500 (mean ± SEM) in the experiments depictured in panels (C) (right plot, 42 cells) and (D) (38 cells).



STABLE RECORDING OF Cl-SENSOR FLUORESCENCE

Using the protocol with modified sequence of excitation wavelengths and introduced ND filter to 430 nm lightpass (Figure 5A), we performed a study of the dynamic of Cl-Sensor fluorescence in N2a cells expressing exogenous GlyR. To avoid Cl-Sensor inactivation with 430 nm light, the selection of the recording field and focusing on the cell surface were performed using weak transparency white light. The image acquisition parameters were chosen using additional samples of cells and were kept identical through the experiment. For this purpose, we first selected the acquisition parameters for F500 allowing the obtaining of a good spatial resolution of the transfected cells and a 10:1 signal-noise ratio in average (Figure 5B, panel b3). For most experiments, the acquisition time was from 50 to 100 ms and CCD camera binning 2 × 2. After obtaining the F500 image of the desired quality, a single F430 image was taken with an acquisition time of 50 ms and binning 4 × 4 (Figure 5B, panels b1 and b2). The average intensities of fluorescent cells at F430 and F500 were than compared and times of F500 acquisition were adjusted to obtain R430/500 ratio close to 1. Under such conditions, it was possible to record stable level of Cl-Sensor fluorescence for several hours at both F500 and F430 channels (not shown). Both F430 and F500 fluorescence signals were chloride sensitive: the application of an external solution containing 100 mM KCl and 50 μ M glycine induced a transient decrease of F430 and F500 (Figure 5C). However, as shown in Figure 5C (left and middle panels), the magnitude of the F430 change was more than 3-fold lower than the magnitude of the F500 change in the same cells (the mean ± SEM decrease of F430 was 6.2 ± 1.0 %, compared to 21.6 ± 2.6% for F500. n = 3, 15 cells per experiment). The ratio of Cl-Sensor fluorescence signals, R430/500, quantified for the same cells, was stable at resting conditions and increased by 21.2 ± 3.7% following induction of Cl− influx (Figure 5C, right panel). In most of the cells, the observed increase of R430/500 was transient with a 6.8 ± 0.8 min half recovery time (n = 3, 45 cells, data not shown). The application of 1 mM furosemide, a diuretic inhibiting most of the Cl− extruders, did not affect recovery time (not shown). By contrast, the application of 0.3 μM of strychnine, a selective antagonist of GlyR, elongated almost 8-fold fluorescence recovery after the induction of an increase in [Cl−]i: the estimated half recovery time was 56.6 ± 5.3 min (n = 29 cells) (Figures 5D,E). This effect may result from the presence of a small amount of glycine in the physiological solution. Indeed, it has been shown that in physiological solutions prepared using distilled water, the background levels of glycine, determined by HPLC, were 40–50 nM and this type of contamination is extremely difficult to avoid (Lerma et al., 1990). To exclude the possible contribution of GlyR to Cl− extrusion, all further experiments were performed in a control external solution containing 0.3 μM strychnine.

One of the characteristic features of Cl-Sensor fluorescence measured in N2a cells [as well as in PC12 and CHO-K1 cells (not shown)] was a high variability of both F430 and F500 fluorescence intensities, as well as calculated R430/500 ratio (Figure 5C). Presumably, the F430 fluorescence was proportional to the level of Cl-Sensor protein expression (Cl-resistant CFP component), whereas the F500 fluorescence characterized both the level of protein expression and the effect of the intracellular milieu (i.e. [Cl−]i, pHi, organic anions) quenching YFPCl fluorescence (see Figures 1C,D for spectra and Jayaraman et al. (2000) for sensitivity of YFP to different anions). To verify whether the level R430/500 depends on the level of Cl-Sensor protein expression, we performed a Pearson's correlation analysis between the intensity of F430 fluorescence and R430/500 values. We found the absence of the statistically significant correlation between these two parameters (r = −0.103, p = 0.08, n = 184, Figure 6A). The analysis of the relative change of R430/500 in response to imposed [Cl−]i rise (ΔR/R) revealed be-modal correlation: in cells expressing low level of Cl-Sensor protein (F430 ranging 700–1000 relative fluorescence units) we detected statistically significant positive correlation (r = 0.48, p = 0.008, n = 23, Figure 6B), whereas in cells expressing higher amount of Cl-Sensor protein (F430 ranging from 1000 to 8000 relative fluorescence units), there was no statistically significant correlation between ΔR/R and F430 (r = 0.006, p = 0.22 1, n = 161, Figure 6B). To take this observation in consideration, all future experiments were performed on cells exhibiting a F430 fluorescence in the range from 1000 to 8000 relative fluorescence units.
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FIGURE 6. Dependence of the variability of R430/500 on Cl-Sensor protein expression. Pooled data from four experiments (40–45 cells per experiment). (A) A scatterplot of R430/500 as function of the intensity of Cl-Sensor fluorescence induced at 430 nm (F430). (B) Correlation between the magnitude of Cl-Sensor response to imposed increase of [Cl−]i (co-application of Glycine and KCl; ΔR/R) and the F430. Pink dots illustrate ΔR/R values measured in range of 700–999 relative units of fluorescence. Black dots show ΔR/R in range of 1000–8000 units. The straight lines are best linear fits of the corresponding cell populations. The inset plot shows the distribution of pink points from principal plot at different time base. (C) Correlation between the magnitude (Δ R/R) response and basal level of R430/500.



During analysis of Cl-Sensor responses to applications of glycine under depolarizing conditions, we notices that cells with higher level of R430/500 showed higher magnitudes of Δ R/R responses (see individual traces in Figures 5C,D). The correlation analysis confirmed the existence of significant positive correlation between these two parameters (r = 0.29, p = 0.0001, n = 161, Figures 6C). Thus, cells showing higher basal level of R430/500 respond better to an increase in [Cl−]i.

RECORDING OF KCC2 ACTIVITY

One of the most important applications for Cl− sensitive fluorescent markers is the screening of mammalian expression libraries and the discovery of compounds that modify the activity of CCCs–important targets of therapeutical treatments (Kahle et al., 2008; Blaesse et al., 2009). In previous work performed using an ultrasensitive setup, we have successfully used Cl-Sensor to monitor changes in the activity of the neuronal potassium-chloride co-transporter KCC2 (Pellegrino et al., 2011). In the present study, we verified whether a modified conventional epifluorescence setup could also allow the effective recording of the efficacy of Cl− extrusion by exogenously expressed KCC2. For this purpose, we created a chimera protein composed of cherry fluorescent protein and rat KCC2 (see Materials and Methods for details) and expressed it into the N2a cells together with Cl-Sensor and GlyR. Red fluorescence of cherry-KCC2 allowed the easy identification of cells expressing the chimera protein (Figure 7A).
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FIGURE 7. Monitoring of the activity of exogenously expressed KCC2 using the improved Cl-Sensor method. (A) The left image illustrates a typical merge image of N2a cells cotransfected with Cl-Sensor (green) and cherry-KCC2 (red). The middle and right images show expression of cherry-KCC2 and Cl-Sensor at higher digital magnification. Scale 50 μm in left panel and 10 μm in middle and right panels. (B,C) Analysis of the kinetics of R430/500 recovery after an artificial increase of [Cl−]i induced by the application of an external solution containing glycine (50 μM) and KCl (100 mM). Plot (B) shows examples of R430/500 traces recorded from individual cells in control conditions and in the presence of Furosemide, a wide-range cation-chloride transporters blocker, as indicated. Plot (C) shows a comparison of the kinetics of R430/500 recovery in mock transfected cells and cells expressing cherry KCC2 under control conditions and in the presence of Furosemide (1 mM). (D,E) Examples of R430/500 recordings in individual mock-transfected cells [Cl-Sensor + empty pcDNA3 vector, panel (D)] or cells expressing Cl-Sensor + cherry-KCC2 (E) in response to the application of an external solution containing 140 mM of KCl. In this set of experiments, cells did not express GlyR. Note that application of 140 mM of KCl does not affect R430/500 in mock-transfected cells but induces a strong increase of R430/500 in cells expressing cherry-KCC2. The application of Furosemide prevents the KCl-induced rise of R430/500. The wash out of Furosemide in the presence of KCl partially restored an increase of R430/500. (F) Quantification of the resting R430/500 in N2a cells expressing cherry-KCC2 in the presence or absence of Furosemide and mock-transfected cells (experiment similar to those depictured in Panels D,E). In Furosemide, the measurements were made 5 min after the start of drug application. (G) Estimation of the extrusion capacity of the KCC2 transporter. Plot shows quantification of half decay time of R430/500 after an artificial increase of chloride in N2a cells as shown in panel (B). (H) Estimation of Cl− influx mediated by the KCC2 transporter. Plot shows the magnitude of ratio increase during application of 140 mM KCl as shown in panels (D) and (E). Measurements were made 30 s before KCl application and 5 min after the start of KCl application. Bars (F–H) are mean ± SEM values (n = 3, 15 cells per experiment). Black points show individual values. **p < 0.01, Kolmogorov–Smirnov test.



A 5 min application of the external solution with 100 mM KCl and 50 μM glycine induced a strong increase of R430/500 that declined rapidly (within 2 min) to its original resting level in all cells expressing cherry KCC2 (Figure 7B). Moreover, in many cells the R430/500 value after recovery was even lower than at the beginning of experiment, thus resulting in the appearance of the characteristic after-recovery transient decrease of R430/500 (Figure 7C, red trace). The rapid decrease of R430/500 was dependent on the activity of KCC2, as the application of furosemide (1 mM) strongly delayed R430/500 recovery after wash-out of KCl and glycine (Figures 7B,C, and G).

A previous study had characterized KCC2 as an electroneutral transporter with its direction and magnitude of net K+-Cl− cotransport depending on the sum of K+ and Cl− chemical potential differences (Payne, 1997). We therefore made an attempt to record KCC2-mediated Cl− influx by increasing the extracellular concentration of KCl to 140 mM (no GlyR expressed in this set of experiments). Under such conditions, both the Cl− and K+ chemical gradients were directed intracellularly. Figure 7D illustrates that, in mock transfected cells, the application of KCl did not modify or slightly increased R430/500. The overall increase was 0.9 ± 0.1 relative units (n = 3, 30–45 cells per experiment) (Figure 7H). By contrast, in cells overexpressing cherry-KCC2, the increase of R430/500 in response to the application of KCl was 4.5 ± 0.5 units (Figures 7E–H). The application of Furosemide (1 mM) reduced KCC2-dependent change of R430/500 to 1.3 ± 0.1 units. Thus, these data introduce a novel way of recording KCC2 activity by estimating Cl− influx. Our data also confirm the observations made in Figures 5D,E on the low activity of endogenous transporters in N2a cells, making them an attractive model to study exogenously expressed cation-Cl− transporters.

Consistent with the results described in Figures 5, 6, the recording of the Cl-Sensor fluorescence at resting conditions revealed high variability of R430/500 ratio values ranging from 0.7 to 1.4 units in both mock transfected and cherry-KCC2 transfected cells (Figure 7F). Although the values obtained in individual cells largely overlapped in both experiments, there was a clear difference in mean values that was further confirmed using Kolmogorov–Smirnov test (p < 0.01, n = 3) (Figure 7F). Thus, despite the high level of variability, the quantitative analysis of R430/500 itself allows identifying cultures expressing active chloride extruder. Interestingly, the treatment of the cells expressing cherry-KCC2 with furosemide (1 mM) during 5 min (traces are not shown) did not affect significantly the R430/500 (Figure 7F). These results indicate that, at resting conditions, the [Cl−]i is close to the equilibrium and inhibition of the potassium-chloride co-transporters does not produce rapid changes in [Cl−]i and, consequently, in Cl-Sensor fluorescence.

CALIBRATION OF THE RATIOMETRIC RECORDINGS FROM CULTURED HIPPOCAMPAL NEURONS

Another important application for Cl-Sensor is the analysis of [Cl−]i dynamics in neuronal cells. The estimated level of [Cl−]i in mature pyramidal neurons is 4 mM (Tyzio et al., 2008), which is close to the limit of the sensitivity of Cl-Sensor (Waseem et al., 2010). To verify whether our conventional epifluorescence setup allows visualization of [Cl−]i change in mature neurons, we performed a simultaneous recording of Cl-Sensor fluorescence and the reversal potential of GABAA receptor-channel (GABAAR) mediated ion current (EGABA) (Figures 8A,B). To preserve the intracellular milieu, the EGABA recordings were performed using gramicidin-perforated patch clamp as described previously (Chudotvorova et al., 2005; Pellegrino et al., 2011). All recordings were performed using voltage-clamp mode and holding membrane potential (Vh = −78 mV) that was close to the resting membrane potential (Vm ranged from −72 to −78 mV in different experiments). The estimation of EGABA was performed at different moments of the experiment (mentioned with arrows on Figure 8B) by applying, through the application pipette, four consecutive 200 ms jets of external solution containing 30 μM isoguvacine, a selective agonist of GABAAR. Each pulse of isoguvacine was applied at different Vh, which generated currents of different amplitudes and directions and allowed determining the value of EGABA (Figure 8C). In our experimental conditions (HEPES-buffered saline, no bicarbonate ions added), the EGABA corresponded to ECl that permitted direct calculation of [Cl−]i using the Nernst equation. In the recorded neurons, the calculated [Cl−]i values at resting conditions were ranging from 5.3 to 5.7 mM (Figure 8B). To induce the increase of [Cl−]i, a prolonged 20 s application of isoguvacine was applied to neurons at Vh = −45 mV. This generated an outwardly directed current (Figure 8D) and induced an increase of the R430/500 ratio of Cl-Sensor fluorescence (Figure 8B). The estimated levels of [Cl−]i after first and second prolonged jets applications to depolarized neurons were 17.6 mM and 20.6 mM, respectively (Figure 8B). In opposite, the prolonged application of isoguvacine at −107 mV produced an inward ion current (Figure 8E) and induced clearly detectable decrease of R430/500 ratio. The calculated [Cl−]i after this event was 3.8 mM (Figure 8B). The breakdown of the patch membrane at the end of the experiment (patch pipette contained 150 mM of KCl and 10 mM HEPES, pH 7.2) resulted in rapid and strong increase of R430/500 (Figure 8B) that not only allowed estimation of the working range of Cl-Sensor but also served as a control of the integrity of gramicidin perforated patch during the experiment.
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FIGURE 8. Calibration of the Cl-Sensor ratiometric fluorescence using simultaneous imaging and gramicidin-perforated patch clamp recordings. (A) Images of cultured hippocampal neuron taken with transparency light (left) and in fluorescence mode (right, excitation with 500 nm). The left image was taken after formation of the patch clamp gigaseal with patch pipette. The application pipette was placed as indicated. The right fluorescence image is one of images obtained during fluorescence recording illustrated in (B). The red line shows ROI drawn for analysis of the fluorescence. Scale bar 20 μm. (B) Plot of R430/500 change during simultaneous imaging and patch clamp recording. The arrows show the estimated level of [Cl−]i, determined using EGABA record protocol, at specified time of recording. The vertical bars indicate times of the imposed Cl− increase or decrease as indicated in the legend. (C) Example of the recording of EGABA reversal potential. The left plot shows neuron's responses to short applications of isoguvacine at different Vh. The inset shows the scheme of Vh steps. EGABA was determined as the point of crossing of voltage current relationship (VCR) of isoguvacine responses (right plot). The level of [Cl−]i (5.3 mM in the illustrated example) was calculated using Nernst equation (EGABA = −59.16 mV × log([Cl−]o/[Cl−]i), where EGABA = −84 mV and [Cl−]o = 150 Mm). (D) Procedure of the imposed Cl− increase. The neuron was depolarised to −45 mV for 30s. During depolarization the 22 s jet of isoguvacine was applied through the application pipette inducing an outward ion current that carried Cl− ions into the cell. (E) Procedure of the imposed Cl− decrease. The neuron was hyperpolarized to −107 mV for 30 s. During depolarization the 22 s jet of isoguvacine was applied through the application pipette inducing an inward ion current and efflux of Cl− from the cell. (F) Doze-dependences of R430/500. The colored lines show best sigmoid fitting curves for each individual experiment. The dotted black line shows the mean fitting curve. The inset shows the fragment of doze-dependence plot at higher resolution base. Notice the variability of dose-dependences in individual experiments.



Thus, the ratiometric measurement of Cl-Sensor fluorescence, using conventional epifluorescence microscope, allows visualization of R430/500 changes in response to activation of GABAAR at low concentrations of [Cl−]i, close to physiological conditions. Similar changes of R430/500 were recorded in three other experiments (Figure 8F). It should be noticed that, while in all four experiments we observed similar negative and positive shifts of the R430/500 in response to imposed decrease or increase of [Cl−]i, the absolute values of R430/500 at similar levels of [Cl−]i varied from experiment to experiment (Figure 8F). Particularly, the variability of R430/500 was more pronounced at high levels of [Cl−]i (20–150 mM). This observation is consistent with the variability of R430/500 and Δ R/R described above (Figures 5–7) and should be taken into account during design of the experiments.

STABLE RECORDING OF Cl-SENSOR FLUORESCENCE FROM NEURONAL DENDRITES AND SPINES

Taking into account the weak use-dependency of F500 fluorescence of Cl-Sensor (Figure 3A), we increased the time of YFPCl exposure in the next set of experiments on cultured hippocampal neurons that allowed visualization of tiny dendrites and spines (Figure 9A). In the illustrated example, the R430/500 was successfully recorded using an exposure time of 200 ms for F500 (image binning 2 × 2) and 50 ms for F430 (image binning 8 × 8). Under such recording conditions, the basal line of R430/500 remained stable for 8 min and was higher in soma than in dendrites and spines (Figure 9B). The difference of R430/500 between soma and dendrites was detected in five other experiments made on neurons from different culture preparations suggesting higher [Cl−]i in soma (Figure 9C). The brief 25 s application of an external solution, containing 25 mM KCl and 30 μM isoguvacine, induced a strong and rapid increase of R430/500 in neuronal soma, dendrites, and spines, reflecting presumably increase of [Cl−]i. After this increase, the level of R430/500 started to recover slowly in all neuronal compartments. The half times of the recovery were significantly shorter in tiny dendrites than in soma and were significantly longer in spines than in dendrites (Figure 9C).
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FIGURE 9. Stable recording of Cl-Sensor fluorescence from neuronal dendrites and spines. (A) Cultured hippocampal neuron expressing Cl-Sensor (13 days in vitro, E19 embryos). The selected dendrite region is shown in greater digital magnification. This image represents one of original sequential images taken during fluorescence measurements (500 nm excitation filter). Scale 20 μm in left panel and 5 μm in right panel. The insets illustrate regions of interest (r1 and r2) drawn on a dendrite and on a spine for analysis of fluorescence dynamics. (B) Examples of ratio R430/500 recordings from soma (left plot) and two different regions (right plot) indicated in panels (A). The increase of [Cl−]i was induced by a 25 s application of an external solution containing 25 mM KCl and 30 μM isoguvacine, an agonist of GABAA receptors. Arrow indicates moment of application. (C) Mean ± SEM of R430/500 (left plot) and half decay times obtained from experiments similar to one illustrated in (A and B). **p < 0.01. The values obtained in each experiment are coded with the same color in left and right plots.



DISCUSSION

The main finding of this work is that, following a 430 nm excitation, there is a strong inactivation of the fluorescence emitted by the YFPCl component of Cl-Sensor. We also found that the increased sensitivity of Cl-Sensor to 430 nm light is due to mutations rendering YFP more sensitive to Cl−. Although the exact mechanism of inactivation is unknown, this finding let us making the adequate adjustments to the existing setup and obtaining reliable measurements of the Cl-Sensor fluorescence ratio. A future detailed study is necessary to elucidate the mechanisms of YFPCl inactivation by 430 nm light.

The Cl-Sensor is a chimera protein composed of two components, Cl− insensitive CFP and Cl− sensitive YFPCl connected with a polypeptide linker of 20 amino acids. The enhanced Cl− sensitivity of YFP is due to the inclusion of three mutations, H148Q, I152L, and V163S (Markova et al., 2008), chosen based on previous reports by Galietta et al. (2001) and Jayaraman et al. (2000). A detailed spectroscopy analysis of mutants H148Q (Jayaraman et al., 2000) and I152L (Galietta et al., 2001) revealed that the Cl− sensitive absorbance region is located within 460 to 540 nm wavelengths of the visible light spectrum (peak at 513 nm). Accordingly, the present work was performed using a recently commercialized filter set that permits the excitation of YFP close to the peak of its maximal chloride sensitivity (490–510 nm). We found that Cl-Sensor excited at 500 nm shows low rate of use-dependent inactivation, allows stable recording of fluorescence at resting conditions and shows strong decrease in fluorescence (from 10 to 60% in individual cells) during an imposed rise of [Cl−]i. Thus, changes in [Cl−]i can be effectively visualized using excitation with a 500 nm filter. Excitation at 430 nm of the reference CFP component offers the advantage of recording of the YFP signal normalized to the level of protein expression and, thus, allows a quantitative comparison of the Cl− dependent changes in different cells and experiments. The filter set used here allowed cumulating the fluorescence from both the CFP and YFP components of Cl-Sensor. In this configuration F430 included both the Cl− resistant component emitted by CFP and the Cl− sensitive component emitted by YFPCl (see Figure 1 for spectra and Figure 4 for F430 responses). A more advanced configuration of the setup would consist in recording separately the CFP (excitation at 430 nm and emission at 480 nm) and YFPCl signals (excitation at 516 nm and emission at 535 nm).

The existence of a use-dependent photoinactivation of Cl-Sensor was known in previous works. Thus, Markova et al. (2008), Waseem et al. (2010), and Bertollini et al. (2012) used short excitation times, a low intensity excitation source and high sensitivity CCD camera. In the present work, we recorded the YFP fluorescence using relatively long excitation with 500 nm light and applied short 430 nm pulses to obtain the reference images at high binning (low spatial resolution).

Regardless of the exact mechanisms of the photoinactivation of Cl-Sensor, our work emphasized the importance of the selection of optimal recording parameters for each fluorescence setup. The application of the recording paradigm illustrated in Figure 3 would allow easy and rapid determining of the origin of photoinactivation and settling the optimal recording parameters.

Cl-SENSOR RATIOMETRIC FLUORESCENCE AND INTRACELLULAR Cl− CONCENTRATION

We show here the effectiveness of the proposed modifications of the lightpass and recording protocol for stable long-lasting ratiometric recording of Cl-Sensor emitted fluorescence using conventional epifluorescence setup. As examples, we characterize Cl-Sensor ratiometric responses to activation of chloride-permeable ion channels and/or potassium-chloride co-transporters in heterologous expression system and cultured hippocampal neurons. Moreover, we provide an experimental protocol allowing long-lasting imaging of the kinetic of Cl-Sensor fluorescence in subcellular neuronal structures such as tiny dendrites and spines. These two subjects are discussed in details below. The third important application for Cl-Sensor is the estimation of [Cl−]i. Using simultaneous patch clamp-recording and Cl-Sensor imaging, we demonstrated that Cl-Sensor ratiometric imaging allows the visualization of as little as 2 mM changes of [Cl−]i from its resting level of 5–7 mM (Figure 8). By refilling the recorded neurons using a solution containing 150 mM KCl, we determined also a large dynamic range of the Cl-Sensor from 0.7 relative units at 5 mM [Cl−]i to 4.0 units at 150 mM [Cl−]i (data from mean doze-dependence curve in Figure 8F). Thus, using determined dose-dependence curve, one can easily make a crude estimation of [Cl−]i.

During simultaneous imaging and patch-clamp recordings, we observed a high variability of the absolute values of R430/500 corresponding to nominally similar concentrations of Cl−. Similar variability in the resting R430/500 was found in cultured hippocampal neurons that were not used for the patch clamp recording (Figure 9C) and in cultured N2a cells (Figures 5C,D). These data are consistent with previous observations also showing high variability of the ratiometric measurements of Cl− sensitive proteins in dose-dependence experiments (Kuner and Augustine, 2000; Waseem et al., 2010). The mechanisms underlying such high variability of ratiometric responses are not known. The YFP protein, in addition to its high Cl− sensitivity, is also sensitive to some intracellular energy metabolites (acetate and formate) and pH (Jayaraman et al., 2000). In consequence, the modifications in pHi and/or energy metabolism in different cells might contribute to changes in the YFP fluorescence and influence the basal level of R430/500. In keeping with this, the measurement of the exact level of [Cl−]i using Cl-Sensor requires development of novel calibration protocols that will take into account a large number of variables, including pH, energy metabolism, ionic strength, and other important parameters affecting Cl-Sensor fluorescence.

N2a CELLS EXPRESSING Cl-SENSOR: A MODEL TO STUDY THE ION-TRANSPORT ABILITY OF THE CATION-CHLORIDE CO-TRANSPORTER KCC2

One of the most important applications for Cl-Sensor is the estimation of the Cl− transport activity of KCC2 and its mutants. KCC2 is a neuron specific potassium-chloride co-transporter maintaining a low level of [Cl−]i in mature neurons. The activity of this transporter changes under several pathological conditions leading to the modification of [Cl−]i and Cl− dependent change of the inhibitory strength of GABA and glycine (Medina and Chudotvorova, 2006; Kahle et al., 2008; Blaesse et al., 2009). Consequently, it is of primary importance to understand the signaling pathways controlling KCC2 and find molecules capable of compensating for changes in KCC2 activity during pathology. As KCC2 is an electroneutral transporter carrying K+ and Cl− ions in stoichiometry 1:1 (Payne, 1997), one of the most efficient ways of measuring KCC2 activity consists in determining its contribution to the resting level of [Cl−]i as well as to the Cl− extrusion capacity of the cell (Chudotvorova et al., 2005; Lee et al., 2005; Akerman and Cline, 2006; Inoue et al., 2006). In the cited studies (as well as in many later works), the analysis of resting [Cl−]i and kinetics of KCC2-dependent Cl− changes were performed using gramicidin-perforated patch-clamp recordings. In addition to the patch-clamp approach, we have recently reported a successful attempt at visualizing KCC2-dependent changes in [Cl−]i using non-invasive ratiometric measurements of Cl-Sensor emitted fluorescence (Pellegrino et al., 2011).

In the present study, we describe three complementary ways of estimating the activity of KCC2 using Cl-Sensor as probe (Figure 5):

1. The first approach is the analysis of the resting level of R430/500. N2a cells expressing exogenous KCC2 show significantly lower levels of R430/500 corresponding to lower levels of [Cl−]i; this is consistent with previous reports performed on different cell lines and cultured neurons (Chudotvorova et al., 2005; Lee et al., 2005; Akerman and Cline, 2006; Inoue et al., 2006; Pellegrino et al., 2011). Although we observed a highly reproducible and statistically significant difference between control (mock) and KCC2 transfected cells in 100% of experiments performed on different cell lines (n > 50, I.M., P.F.), the analysis of resting [Cl−]i remains an indicative approach as this parameter depends on the equilibrium between many contributing components.

2. The second approach is the analysis of the kinetics of Cl− extrusion after artificially induced Cl− increase through GlyR. We found that N2a cells are particularly appropriate for this test as they do not express detectable functional endogenous furosemide-sensitive CCCs. Once increased, [Cl−]i remains elevated in these cells for tens of minutes; by contrast, cells overexpressing KCC2 rapidly extrude Cl−. This rapid extrusion is KCC2 specific as it is almost fully inhibited with 1 mM furosemide. The advantage of the “Cl− extrusion approach” is that it allows an estimation of the Cl− extrusion activity of KCC2 at the moment of study and, thus, it is close to physiological conditions when in experimental conditions. It also allows comparative pharmacological tests on the same cells (application of furosemide in present study). In addition, all cells (mock and expressing KCC2) extrude Cl− from nominally similar increased levels achieved by activation of GlyR channels under depolarized conditions. The main inconvenience of this approach is the relatively long time necessary to carry out a full experiment (from 30 min to few hours) and the possible activation of Cl− dependent signaling pathways known to modify the activity of KCC2.

3. The third approach consists in measuring Cl− influx through KCC2 operating in the reverse direction (Cl− influx test). As KCC2 operates in the direction of the summed chemical gradient of K+ and Cl−, an increase of the extracellular K+ ([K+]o) leads to the reversal of KCC2 and the pumping of Cl− into the cell (Payne, 1997). In agreement with this, we found that in cells expressing KCC2, the simple increase of [K+]o (in absence of the activation of GlyR) leads to a strong increase of R430/500 that is fully blocked by furosemide. Interestingly, in cells that do not express KCC2, changes in R430/500 are almost negligible, further confirming the low level of the activity of endogenous KCCs. The advantage of the Cl− influx test is that it allows a rapid estimation (within a dozen minutes) of the net activity of KCC2. The disadvantage is that KCC2 operates in reverse direction and, thus, far from physiological conditions. Moreover, the strength of Cl− influx depends on at least two parameters: expression level of KCC2 and Cl− gradient. Under other equal conditions, Cl− influx will be stronger in cells with low [Cl−]i. To circumvent this problem, we applied the maximum possible concentration of KCl (140 mM) outside of cells, creating constant intracellularly directed gradients for both K+ and Cl− (assuming that [K+]i is in range of 100–150 mM and [Cl−]i is in range of 7–50 mM). A further specific analysis is required to make a comparison between the efficacy of the estimation of KCC2 activity using “Cl− extrusion” and “Cl− influx” tests.

Cl-SENSOR FLUORESCENCE IN TINY NEURONAL STRUCTURES

The analysis of the [Cl−]i kinetics in different neuronal structures, including axons, dendrites, and spines, is one of the priorities in the field of neurobiology (Khirug et al., 2008; Pellegrino et al., 2011). Our finding of the low degree of photoinactivation of Cl-Sensor during excitation at 500 nm permitted high-resolution images of neurons and an analysis of the dynamics of R430/500 in soma, dendrites, and even dendritic spines. We found that the kinetics of R430/500 recovery differ in tiny dendrites and spines, opening new perspectives for the study of chloride homeostasis in these neuronal structures.

THE OPTIMIZED PROTOCOL AND RECOMMENDATIONS FOR RELIABLE Cl− Monitoring Using Cl-Sensor

1. Avoid cell illumination with 430 nm light prior to beginning of the experiment. This is the main recommendation to preserve the stability of Cl-Sensor fluorescence.

2. Make pre-acquisition adjustments using transparency mode. The selection of the field of interest and focusing should be performed using transparency mode with low intensity visible light and employing cut off filter (<480 nm) introduced into the light pass. The final adjustment of the focus could be made with excitation of the Cl-Sensor at 500 nm using single image acquisition but never “life imaging mode” as to avoid bleaching of the YFP.

3. Select the optimal acquisition parameters at 500 nm excitation in order to obtain high-resolution images with no bleaching of the signal (protocol illustrated in Figure 3A).

4. Select the optimal acquisition parameters at 430 nm excitation. Perform time-lapse recording using only 500 nm excitation and introduce, during the recording, a single 430 nm excitation event in order to select the longest time of excitation that does not affect 500 nm evoked fluorescence (protocol illustrated in Figure 3C). For advanced users: the most reproducible results could be obtained when ratio R430/500 is close to 1. Given that the intensity of 430 nm induced fluorescence is limited by its phototoxicity, we used higher binning when taking images at 430 nm excitation. The MDA option of the Metamorph software allows the easy alignment and arithmetic operations with images taken with different pixels binning.

5. For ratiometric recordings, first excite Cl-Sensor at 500 nm immediately followed by 430 nm. Do not alternate the order of excitation (see protocol illustrated in Figure 4).

In summary, we characterized the novel process of photoinactivation of the Cl-Sensor by illumination at short blue spectrum light. Based on this observation, we made modifications to the conventional epifluorescence setup in order to obtain long-lasting stable ratiometric imaging of Cl− dynamics in cell lines and cultured neurons. We describe the proposed modifications and provide detailed protocol for ratiometric measurement of Cl-Sensor fluorescence.

Thus, the ratiometric measurement using Cl-Sensor is a good reliable approach for measurement of the dynamic of Cl-changes in range from 2 to 150 mM and crude estimation of [Cl−]i. The estimation of the exact level of [Cl−]i requires the development of novel protocols taking into account large number of parameters and calibration of each recorded cell.
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Transient increase in neuronal chloride concentration by neuroactive aminoacids released from glioma cells
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Neuronal chloride concentration ([Cl−]i) is known to be dynamically modulated and alterations in Cl− homeostasis may occur in the brain at physiological and pathological conditions, being also likely involved in glioma-related seizures. However, the mechanism leading to changes in neuronal [Cl−]i during glioma invasion are still unclear. To characterize the potential effect of glioma released soluble factors on neuronal [Cl−]i, we used genetically encoded CFP/YFP-based ratiometric Cl-(apical) Sensor transiently expressed in cultured hippocampal neurons. Exposition of neurons to glioma conditioned medium (GCM) caused rapid and transient elevation of [Cl−]i, resulting in the increase of fluorescence ratio, which was strongly reduced by blockers of ionotropic glutamate receptors APV and NBQX. Furthermore, in HEK cells expressing GluR1-AMPA receptors, GCM activated ionic currents with efficacy similar to those caused by glutamate, supporting the notion that GCM contains glutamate or glutamatergic agonists, which cause neuronal depolarization, activation of NMDA and AMPA/KA receptors leading to elevation of [Cl−]i. Chromatographic analysis of the GCM showed that it contained several aminoacids, including glutamate, whose release from glioma cells did not occur via the most common glial mechanisms of transport, or in response to hypoosmotic stress. GCM also contained glycine, whose action contrasted the glutamate effect. Indeed, strychnine application significantly increased GCM-induced depolarization and [Cl−]i rise. GCM-evoked [Cl−]i elevation was not inhibited by antagonists of Cl− transporters and significantly reduced in the presence of anion channels blocker NPPB, suggesting that Cl− selective channels are a major route for GCM-induced Cl− influx. Altogether, these data show that glioma released aminoacids may dynamically alter Cl− equilibrium in surrounding neurons, deeply interfering with their inhibitory balance, likely leading to physiological and pathological consequences.
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INTRODUCTION

In the central nervous system (CNS), a tight regulation of intracellular chloride concentration ([Cl−]i) is important for a number of cellular functions, including the stabilization of resting membrane potential, the regulation of both intracellular pH and cell-volume (Pasantes-Morales et al., 2006; Suzuki et al., 2006) and the strength and polarity of γ-aminobutyric acid (GABA) and glycine-mediated neurotransmission (Payne et al., 2003).

Several different pathways allow Cl− movements across neuronal membranes, determining Cl− equilibrium. Among these are the ligand-gated anion channels (GABAA and glycine receptors), the cation-chloride cotransporters (KCC2 and NKCC1) and a variety of Cl− channels, including Ca2+-, volume-, and voltage-activated Cl− channels (Payne et al., 2003; Suzuki et al., 2006; Jentsch, 2008; Deisz et al., 2011).

Neuronal Cl− equilibrium is subject to alterations both in physiological and pathological conditions (Staley et al., 1995; Planells-Cases and Jentsch, 2009; Doyon et al., 2011) and abnormal Cl− homeostasis is associated with neuronal trauma or brain disorders (De Koninck, 2007). Particularly, in epilepsy, the alteration of Cl− homeostasis is a widespread phenomenon, contributing to neuronal hyperexcitability (Palma et al., 2006; Barmashenko et al., 2011; Conti et al., 2011). The reported changes in neuronal Cl− equilibrium affect the inhibitory power of GABA/glycine, causing its switching to excitatory action. In addition, neuronal transmembrane Cl− gradient may be altered by glutamatergic stimulation, through the activation of anionic channels or changes in Cl− transporters activity (Van Damme et al., 2003; Slemmer et al., 2004; Kitamura et al., 2008). In the brain, a similar condition may occur in case of excessive glutamate release, under intense synaptic activity (Fiumelli et al., 2005; Fiumelli and Woodin, 2007) or reduced glutamate uptake by astrocytes (Danbolt, 2001). Indeed, even modest increases in extracellular glutamate concentration can alter synaptic transmission (Araque et al., 1999) and reduced activity of glial glutamate transporters has been suggested to contribute to and exacerbate a number of neurological conditions, including stroke, epilepsy, cerebral ischaemia, amyotrophic lateral sclerosis, and others (O'Shea, 2002).

A dysfunction in glutamate transport has also been reported in malignant gliomas (Ye et al., 1999). The comparison of glutamate transport into astrocytes vs. their malignant counterparts showed that gliomas behave opposite to astrocytes, releasing glutamate rather than sequestering it (Ye and Sontheimer, 1999). Moreover, when glioma cells were co-cultured with neurons, the released glutamate activated neuronal NMDA receptors, resulting in excitotoxic cell death, suggesting that the release of excitotoxic concentrations of glutamate may promote tumor expansion (Sontheimer, 2003). In addition, glutamate, as well as other aminoacids (GABA, glycine, serine) may be released, in the brain, by various cell types during volume changes (Pasantes-Morales et al., 2006), occurring upon cell migration, edema, or during glioma cell invasion (Ordaz et al., 2004; Pasantes-Morales and Vázquez-Juárez, 2012).

In this study we analyzed how glutamate or other aminoacids, released by glioma cells cause an alteration of Cl− homeostasis. Taking advantage of a genetically encoded CFP/YFP-based ratiometric chloride sensor (Cl-Sensor) (Markova et al., 2008; Waseem et al., 2010), we investigated how neuronal [Cl−]i is dynamically regulated by diffusible factors released by cultured glioma cells.

We report that glutamate released from glioma cells triggers neuronal Cl− rise through the activation of ionotropic glutamate receptors, cell depolarization and activation of anionic channels. Such mechanism may partially explain how glioma invasion causes local dynamic Cl− changes and neuronal Cl− equilibrium dysfunction.

MATERIALS AND METHODS

ANIMALS

Animal procedures were conducted in accordance with the international guidelines on the ethical use of animals from the European Communities Council Directive of 24 November 1986 (86/609/EEC). C57BL/6 (Charles River Laboratory) of either sex was used.

CELL CULTURES

The glioblastoma patient derived cell line MZC (M.Z.C., kindly provided by Dr. Antonietta Arcella, Neuromed, Italy, Sciaccaluga et al., 2010) was grown in Dulbecco's Modified Eagle Medium (DMEM, GIBCO) supplemented with 10% heat-inactivated Fetal Bovine Serum (FBS), 100 IU/ml penicillin G and 100 μg/ml streptomycin at 37°C in a 5% CO2 humidified atmosphere. Medium was changed twice a week and the cells were sub-cultivated when confluent and used between 20th and 40th passage when they had reached 80% confluence.

Primary hippocampal neuronal cultures were obtained from postnatal day 0–2 (P0-P2) C57BL/6 mice. Briefly, after careful dissection from diencephalic structures, the meninges were removed under a dissection microscope and the hippocampi were collected in ice-cold Hank's balanced salt solution (HBSS, GIBCO Invitrogen) and chopped and digested in 1.25 mg/ml trypsin for 15 min at 37°C. Subsequently, cells were mechanically dissociated and plated at a density of 105 in poly-L-lysine coated round glass coverslips (12 mm diameter) put into 24-well culture plates in serum-free Neurobasal medium, supplemented with 2% B27, 0.5 mM L-Glutamine and 100 μg/ml gentamicin (culture medium). Finally, cells were kept at 37°C in 5% CO2 for 10–12 days with a twice a week medium replacement (1:1 ratio). With this method we obtained 60–70% neurons, 30–35% astrocytes, and 4–5% microglia, as determined with β-tubulin III, glial fibrillary acidic protein, and isolectin IB4 staining (Lauro et al., 2010).

Primary cortical glial cells were prepared from P0–P2 -old mice. Cerebral cortices were chopped and digested in 30 U/ml papain for 40 min at 37°C followed by gentle trituration. The dissociated cells were washed, suspended in DMEM with 10% FBS (Invitrogen) and 2 mm l-glutamine and plated at a density of 9–10 × 105 in 175 cm2 cell culture flasks. At confluence (10–14 DIV), glial cells were shaken for 2 h at 37°C to remove microglial cells. These procedures gave almost pure astrocytes cell population (4–6% of microglia contamination), as verified by staining with glial fibrillary acidic protein and isolectin IB4 (Rosito et al., 2012). Astrocytes were re-plated and used for experiments.

The human retroviral packaging cell line HEK 293 stably expressing the rat flip variant of wild-type glutamate receptor 1 (GluR1-HEK cells) was grown in DMEM with geneticin (0.5 mg/ml), Glutamax-I/10% FBS 1% penicillin/streptomycin, 5% CO2 (37°C). Cells were plated onto 12 mm round coverslips at a density of 104 cells/cm2.

GLIOMA CONDITIONED MEDIUM (GCM)

Confluent MZC cultures were incubated for 4 h with 10 ml of filtered normal external solution (NES) containing (in mM): 140 NaCl, 2.8 KCl, 2 CaCl2, 2 MgCl2, 10 HEPES-NaOH, and 10 glucose (pH 7.32; 300 ± 5 mOsm). This GCM was then centrifuged, pH adjusted to 7.32 and used for the experiments. The hyperosmotic glioma conditioned medium (HyperGCM) was obtained by incubating glioma cells with the following external solutions in (mM): NaCl 159.6, KCl 3.2, MgCl2 2.28, CaCl2 2.28, HEPES-NaOH 11.4, glucose 11.4 (114% concentrated NES); or NaCl 154, KCl 2.8, MgCl2 2, CaCl2 2, HEPES-NaOH 10, glucose 25. Both solutions, adjusted at pH 7.32, were isoosmotic compared to DMEM (340 ± 10 mOsm).

HIPPOCAMPAL CULTURES TRANSFECTION

Twenty Four hours before transfection, 50% of the neuronal growth medium was replaced with fresh culture medium. For transfection 100 μl of MEM was mixed with 2 μl of Magnetofection NeuroMag (OZ Bioscience, France) and 1 μg of the cDNA of Cl-Sensor (Markova et al., 2008). The mixture was incubated for 15–20 min at room temperature and thereafter distributed dropwise over the neuronal culture. Cells were then placed on a magnetic plate (OZ Bioscience) and incubated for 15 min at 37°C. Transfection was terminated by substitution of 50% of incubation solution with the fresh culture medium. Cells were used for the experiments 24–76 h after transfection.

FLUORESCENCE DETERMINATIONS

Fluorescence images were acquired at room temperature (22–24°C) using a customized digital imaging microscope. Excitation of cells at various wavelengths was achieved using a 1-nm-bandwidth polychromatic light selector (Till Polychrome V) equipped with a 150 W xenon lamp (Till Photonics, Germany). For the use of Cl-Sensor the optic system is equipped with an excitation filter D480/30x, an emission filter D535/40m and a dichroic mirror 500DRLP (500 nm) (Omega Optics, USA); for the use of FURA-2AM we used a conventional set of filters (SP410, 510/40 m; 400DCLP 400 nm; Omega Optics, USA). Fluorescence was visualized using an upright microscope (Axioskope) equipped with a 40 × water-immersion objective (Achroplan CarlZeiss, USA) and a digital 12 bit CCD camera system (SensiCam, PCO AG, Germany); images were acquired on a computer via a double-coaxial cable. All peripheral hardware control, image acquisition and image processing were achieved using customized software TillVision v. 4.0 (Till Photonics, Germany).

Cells expressing Cl-Sensor were excited alternatively at 445 and 485 nm wavelengths (50 ms, 0.1 Hz). [Cl−]i changes are expressed as a ratio of background subtracted F445 over F485 (R = F445/F485). Before starting all the experiments, we evaluated the basal Cl− level in each neuron, through the emission spectrum (for methods see Markova et al., 2008; Bregestovski et al., 2009). Cells whose shape of emission spectrum corresponded to high [Cl−]i, were not considered.

The Ca2+ sensitive indicator Fura-2 was used to monitor changes in the intracellular calcium level in hippocampal neurons. Cells (10–12 DIV) were loaded by adding cell permeant acetoxymethyl (AM) derivatives dye (4 μM) and incubating dishes at 37°C for 45 min. Fura-2AM loaded cells were excited alternatively with dual wavelengths of 340 and 380 nm (20 ms; 0.2 Hz). Intracellular Ca2+ changes are expressed as a ratio between fluorescence emitted after excitation at 340 nm (F340) and after excitation at 380 nm (F380) [Fluorescence Ratio (R) = F340/F380].

PATCH-CLAMP RECORDINGS

Whole-cell patch-clamp recordings were performed using a Axopatch 200A amplifier, Digidata 1440 digitizer, on a PC running pCLAMP software (all from Molecular Devices, Foster city, CA). Data were acquired at 10 kHz and filtered at 2 kHz. Patch electrodes were prepared from borosilicate glass using a vertical electrode puller (PC10, Narishige, Japan) to produce tip openings of 1–2 μm (4–6 MΩ). Electrodes were filled with an intracellular solution containing (in mM): 135 CsMetSO4, 2 MgCl2, 2 MgATP, 0.3 NaGTP, 10 HEPES, 0.5 EGTA; pH 7.3 with CsOH. Recording were performed in normal extracellular solution containing (in mM): 140 NaCl, 2.5 KCl, 2 CaCl2, 2 MgCl2, 10 HEPES–NaOH, and 10 glucose (pH 7.3 adjusted with NaOH, osmolarity 300 mOsm). In voltage-clamp mode of recording cells were held at −70 mV; in current-clamp experiments, the voltage was recorded while cells were injected with holding current (30–230) pA. Glutamate concentration–current curves were constructed by applying to each HEK-AMPA cell (held at −50 mV) four or five different concentrations of agonist (0.01–1 mM) at 60–120 s intervals, in the presence of 25 μM cyclothiazide, to prevent GluR1 receptor desensitization (Fucile et al., 2006), and normalizing the current response to the plateau value, tested in all cells (corresponding to 1 mM). For each cell, the concentration-current curve was best-fitted using Origin 7 (OriginLab Corp., Northampton, MA, USA) to the Hill equation: Inorm = 1/(1 + ECnH50/[Glutamate]nH) where Inorm is the normalized current response, EC50 is the agonist concentration yielding half-maximal current response and nH is the Hill coefficient. These curves were averaged and used to calculate the mean EC50 for glutamate.

EXPERIMENTAL PROCEDURES AND DRUGS APPLICATION

During fluorescence or electrophysiological measurements, cells were continuously superfused with external solution, using a gravity driven perfusion system, positioned 50–100 μm from the cell. Unless otherwise indicated, all experiments were conducted in normal extracellular solution. Concentration response curves in HEK-AMPA cells were performed with a computer controlled fast perfusion system (Warner Instruments, USA). Tetrodotoxin (TTX, 1 μM) was routinely dissolved in the extracellular medium. Low Cl− medium contained: 147.5 mM Na-Gluconate, 2.8 mM K-Gluconate, 2 mM MgCl2, 2 mM CaCl2, 10 mM Glucose, and 10 mM HEPES-NaOH (pH 7.32; 300 ± 5 mOsm). The fluorescence signal was monitored online and stable baseline responses were recorded for at least 4 min before applying drugs. Tetrodotoxin citrate (TTX), D-2-amino-5-phosphonopentanoic (D-APV), 2,3-dihydroxy-6-nitro-7-sulfamoyl-benzo[f]quinoxaline-2,3-dione (NBQX), glutamate, GABA, strychnine hydrochloride, and bicuculline methochloride were purchased from Abcam (UK). 5-Nitro-2-(3-phenylpropylamino)benzoic acid (NPPB) and DL-threo-β-Benzyloxyaspartic acid (TBOA) were purchased from Tocris (UK). All other drugs used were purchased from Sigma-Aldrich, Milan, Italy.

NPPB, Sulfasalazine (SAS), and TBOA were dissolved in Dimethyl sulfoxide (DMSO) and used at 1/1000 dilution and the same concentration of solvent was used in control condition. Unless otherwise indicated, AP5, NBQX, and strychnine were applied to the cells only in co-application with GCM. The duration of NPPB pretreatment (3–4 min) was set to allow stabilization of fluorescence ratio after the change induced by drug application.

CHROMATOGRAPHIC ANALYSIS

Aminoacids were determined in supernatants by reversed-phase High Performance Liquid Chromatography (HPLC) following o-phthaldialdehyde (OPA) derivatization in the presence of 2-mercaptoethanol. 100 μL of samples or standards were mixed 1:1 (v/v) with freshly prepared OPA/2-mercaptoethanol derivatizing solution (3,5 mg of OPA in 50 μL of 95% ethanol, diluted with 5 mL of borate buffer, pH 10.4, plus 10 μL of 2-mercaptoethanol, protected from light) and injected within 1 min onto the column (Hirschberger et al., 1985). The HPLC consisted of a Waters apparatus equipped with a 600 pump and pump controller, a Rheodyne injection valve with a 50 μL loop, a Nova-Pack C18 column (reverse phase, 3.9 × 150 mm, 4 μm particle size, thermostated at 41°C with a 10 mm guard column of the same material matrix) and a Shimadzu RF-551 fluorometric detector, operating at λex 360 nm and λem 455 nm. The elution was performed at a flow rate of 1 mL/min, with solvent A being 25 mM phosphate buffer, pH 7.0, containing 3% THF, and solvent B 25 mM phosphate buffer, pH 7.0, containing 40% CH3CN and 3% THF. The mobile phase was run isocratically at 5% B for the first 5 min, then solvent B linearly increased to 27% in 10 min, remained for 20 min at 27% B and finally increased linearly to 100% in 1 min. At 40 min, buffer B was returned to 5% and the column was allowed to equilibrate for 10 min. Total run time was 50 min per sample. Peak identification was performed on the basis of the retention time and by spiking the sample with appropriate standards, whereas aminoacid quantitation was performed by automatic peak area integration using dedicated software (Millennium32, Waters). Results are expressed as μmoles of aminoacid per L of sample.

DATA ANALYSIS AND STATISTICS

Data are analyzed with Clampfit 10 (Molecular Devices) Statistical significance (p < 0.05) was determined using the paired or unpaired Student's t-test (Origin software; Microcal Software, Northampton, MA). Data are reported as means±standard error of the mean (SEM) and “n” values refers to the number of neurons examined. All studies involved different culture sets. Each set of experiments presented was internally controlled, using similar numbers of control coverslips to compare with each experimental condition.

RESULTS

GCM EVOKES RAPID AND REVERSIBLE INCREASE IN [Cl−]i VIA A GLUTAMATERGIC MECHANISM IN CULTURED HIPPOCAMPAL NEURONS

In order to assess whether substances released from glioma cells may alter neuronal chloride homeostasis, we used a CFP/YFP-based ratiometric Cl-Sensor expressed in primary hippocampal neuronal cultures (Figure 1A). A glioma conditioned medium (GCM), prepared exposing cultured MZC glioma cells to NES, was applied to neurons transfected with Cl-Sensor and changes in fluorescence ratio (R), associated to [Cl−]i variations, were monitored over time.
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Figure 1. Glioma conditioned medium evokes a transient increase in [Cl−]i in hippocampal cultured neurons. (A) Visualization of [Cl−]i increase induced by GCM in hippocampal neurons expressing Cl-Sensor. (B) Time course of fluorescence ratio increase induced by the exposure of hippocampal neurons transfected with Cl-Sensor to GCM (1 min; n = 108). (C) Relationship between the amplitude and the duration of [Cl−]i transients in hippocampal neurons; each point represents a single determination of peak amplitude (ΔR) and time of half decay (t/2) of GCM effect.



Results indicate that GCM applied for 1 min onto neurons expressing Cl-Sensor evokes a rapid and reproducible increase in fluorescence ratio (R) from 0.63 ± 0.02 to 0.94 ± 0.04 (ΔR = 0.32 ± 0.03, n = 153, p < 0.01), indicating a strong rise in [Cl−]i (Figure 1B). R increase was followed by a slow recovery of basal fluorescence, with an average half decay time (t/2) of 3.5 ± 0.3 min (n = 123). As shown in Figure 1C, the duration of t/2 increased with peak amplitude of response to GCM.

Since glioma cells may release glutamate in the extracellular space (Ye and Sontheimer, 1999; Buckingham et al., 2011) we wondered whether GCM-induced neuronal [Cl−]i rise could be triggered by the activation of ionotropic glutamate receptors on neurons (see Slemmer et al., 2004). To address this issue, we treated hippocampal neurons with NMDA and AMPA receptors antagonists (APV 20 μM; NBQX 10 μM; 3 min), before exposing them to GCM. As shown in Figure 2A, APV and NBQX strongly reduced GCM-induced responses, giving an average decrease of ΔR by 81 ± 8% of control (n = 5, p < 0.01), indicating that GCM leads to a rapid increase of [Cl−]i, by a glutamatergic mechanism. Consistently, the exposure of Cl-Sensor expressing neurons to glutamate (100 μM) for 1 min evoked a rapid and reversible increase in R from 0.56 ± 0.02 to 1.01 ± 0.09 (ΔR = 0.45 ± 0.08, n = 28, p < 0.01), similar to that induced by the application of GCM (Figure 2B). It has been reported that glutamate can cause changes both in [Cl−]i and [pH]i in neurons (Wang et al., 1994; Metzger et al., 2002) and Cl-Sensor is known to be sensitive to pH (Markova et al., 2008). Thus, we monitored fluorescence response to glutamate in control and in gluconate-based low Cl− medium (8 mM, similar to the one measured in Cl-Sensor expressing neurons), to exclude that the fluorescence transients could depend on the effect of intracellular acidification on Cl-Sensor properties. The removal of external Cl− abolished R increase in response to glutamate (ΔR = 0.03 ± 0.01, n = 6, p < 0.05), suggesting that, in our experimental conditions, the glutamate-induced fluorescence ratio increase truly represents [Cl−]i rise (Figure 2C).
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Figure 2. Glutamatergic mechanism GCM-evoked [Cl−]i increase. (A) Effect of ionotropic glutamate receptors antagonists on GCM-evoked [Cl−]i increase. Left, fluorescence trace from an example neuron showing the effect of application of GCM alone and in the presence of APV (20 μM) and NBQX (10 μM). Right, bar chart represents the average of fluorescence response elicited by GCM in the presence of APV (20 μM) and NBQX (10 μM) expressed as the % of control (n = 5 neurons). (B) Time course of the effect of 100 μM glutamate on the fluorescence ratio in Cl-Sensor transfected hippocampal neurons (n = 28). (C) Fluorescence response to glutamate in control and in gluconate-based low Cl− medium (8 mM); Left, fluorescence trace from an example neuron showing the effect of application of glutamate (100 μM) in control and in gluconate-based low Cl− medium (8 mM). Right, bar chart represents the average of fluorescence response elicited by glutamate in the absence of external Cl− expressed as the % of control (n = 6 neurons). (D) Concentration-current response curve for glutamate obtained in HEK-AMPA cells (filled squares, ■; n = 12). Empty circle (°) represents the average amplitude of the current evoked by GCM application in the same cells, indicative of a glutamate concentration in GCM of 20 ± 2 μM. (n = 6). Inset, typical whole-cell currents evoked by glutamate (10-30-100 μM, left) and GCM (right) on HEK-AMPA cells (A–D), horizontal bars represents drugs application as indicated. Data are shown as mean values ± SEM. **p < 0.01.



Then, in order to functionally evaluate the concentration of glutamate present in GCM, we constructed a concentration-current response curve for glutamate in HEK cell lines stably expressing the GluR1 subunit of AMPA receptors (HEK-AMPA cells) (Fucile et al., 2000), using five different glutamate concentrations and applying GCM on the same cell. Best fits of concentration-current response curves were averaged and the mean EC50 for glutamate was 59.4 ± 0.6 μ M (nH = 1.30 ± 0.01, n = 24). The amplitude of currents evoked by GCM application in the same cells were fitted in the curve, indicating a glutamate concentration of 20 ± 2 μM (Figure 2D n = 6). Consistently, the application of 20 μM glutamate to neurons transfected with Cl-Sensor was sufficient to cause a transient increase in [Cl−]i (ΔR = 0.06 ± 0.01, n = 3; not shown).

Altogether, these data suggest that glutamate released from glioma cells triggers neuronal Cl− rise through the activation of ionotropic glutamate receptors.

GLIOMA CONDITIONED MEDIUM CONTAINS EXCITATORY AND INHIBITORY AMINOACIDS

We used the High-Performance Liquid Chromatography (HPLC) to quantify the amount of glutamate contained in GCM and identify other aminoacids eventually present. Figure 3A shows a representative chromatogram of the aminoacids contained in GCM. The HPLC analysis confirmed that glioma cells release a significant amount of glutamate, in addition to several other aminoacids in the micromolar range, including alanine, aspartate, serine, and glycine (Behrens et al., 2000). Table 1 summarizes the concentration of the aminoacids present in the GCM. Among these aminoacids, we highlighted both excitatory (glutamate, aspartate, glycine, serine) and inhibitory (glycine, taurine) neuroactive compounds. In particular, glutamate seems to be the most relevant excitatory neurotransmitter, with an average concentration in GCM of 10.6 ± 1.7 μ M (n = 11). On the other hand, among inhibitory neurotransmitters, glycine is by far the most representative, as its concentration in GCM is appreciably above the level of taurine or GABA, the latter being undetectable.
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Figure 3. GCM contains excitatory and inhibitory aminoacids. (A) Representative chromatogram of aminoacids present in glioma conditioned mediums: Asp, aspartate; Glu, glutamate; Ser, serine; Gly, glycine; Ala, alanine; Tau, taurine; HPLC conditions are described in the text. (B) Effects of glutamate transport antagonists on GCM glutamate release. Histogram represents the average of four experiments where GCM was prepared in the presence of SAS (250 mM) or TBOA (100 mM). Glutamate concentration is expressed in % of [glu] in parallel control GCM. (C) Effect of osmotic stress on aminoacids release from MZC cells. Histogram represents the concentration of identified aminoacids present in GCM prepared from hyperosmotic (empty columns; n = 5) or control NES (filled columns; n = 10). **p < 0.01.



Table 1. Concentration of identified aminoacids in glioma and astrocyte-conditioned medium; table summarizes the concentration of aminoacids determined in GCM (n = 11) and astrocyte conditioned medium (ACM) (n = 4) expressed in μ M.
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Since under specific/pathological circumstances, astrocytes may also release glutamate, (Malarkey and Parpura, 2008), we performed HPLC analysis on astrocytes-conditioned medium, observing an extremely low concentration of glutamate (1.5 ± 0.9 μ M, n = 4) in respect to GCM. These data indicate that, in our experimental conditions, glutamate release is a specific feature of glioma cells.

Trying to identify the mechanism of glutamate release from glioma cells, we first put attention to the Xc transport system (Buckingham et al., 2011), analyzing the GCM obtained in the presence of the Xc system blocker sulfasalazine (SAS, 250 μM, 4 h). As shown in Figure 3B, SAS treatment did not reduce the amount of glutamate released in the GCM (94 ± 10% of control; n = 4). We further tried to interfere with glutamate release from glioma cells, by blocking glutamate transporters with the competitive, non-transportable excitatory aminoacid transporters (EAATs) blocker β-threo-benzyloxy aspartate (TBOA, Shimamoto et al., 1998). However, GCM prepared in the presence of TBOA (100 μM), showed an increased glutamate level (148 ± 16%, p = 0.01; n = 4), indicating that in MZC cells EAAT transport is not necessary for glutamate release and rising the suggestion that it may be involved in glutamate uptake (Takano et al., 2001).

Another possible way of glutamate release is linked to osmotic stress (Takano et al., 2005). Since the extracellular solution used for the preparation of GCM, is hypotonic (NES, 300 ± 5 mOsm) compared to glioma culture medium (340 ± 10 mOsm; DMEM), glutamate could be released in response to an osmotic stress. Indeed, it has been reported that several aminoacids are released from neuronal and non-neuronal cells in response to hypotonic stress (Ordaz et al., 2004; Takano et al., 2005; Pasantes-Morales and Vázquez-Juárez, 2012). In particular, glial cells are able to respond to hypoosmotic swelling, with a regulatory volume decrease, through the efflux of chloride, glutamate, and other anions (Kimelberg et al., 1995; Pasantes-Morales and Vázquez-Juárez, 2012). To test this possibility, we analyzed the level of glutamate in the GCM, prepared with a hyperosmotic solution (HyperGCM), having the same osmolarity of the glioma culture medium (~340 mOsm). The concentration of glutamate determined in the HyperGCM by HPLC analysis was 12.5 ± 2.7 μ M (Figure 3C; n = 5), similar to that measured in the GCM, suggesting that the osmotic stress is not involved in glutamate release. The same holds for all the identified aminoacids (with the exception of taurine), whose concentrations were similar in the two conditions (Figure 3C).

Altogether, these data indicate that glioma cells release both excitatory and inhibitory neuroactive compounds. Among them, glutamate is released, independently of the most conventional release mechanisms, from glioma cells but not from astrocytes.

GLYCINE RECEPTORS ACTIVATION REDUCES [Cl−]i INCREASE BY COUNTERACTING GCM-INDUCED NEURONAL DEPOLARIZATION

Since GCM contains a high concentration of glycine, we hypothesized that GCM-induced Cl− influx, may partially occur through Cl− permeable glycine receptors (GlyR). To test this possibility, we applied GCM to hippocampal neurons together with the GlyR antagonist strychnine (1 μM). Contrary to what expected, we observed an enhancement of GCM-induced [Cl−]i rise from a control value of ΔR = 0.30 ± 0.07 to ΔR = 0.53 ± 0.12 (n = 9; p = 0.05, Figure 4A). Furthermore, GCM-induced responses in strychnine were completely abolished in the presence of APV and NBQX (ΔR = 0.03 ± 0.01, n = 5). Similar experiments, performed in the presence of gabazine (10 μM), excluded a contribution by GABARs, as no significant changes in ΔR were osbserved (0.37 ± 0.05 in control vs. 0.35 ± 0.08 in gabazine, n = 7; not shown). These data indicate that when GlyRs are blocked, GCM evokes a stronger increase of neuronal [Cl−], entirely dependent on the activation of glutamate receptors.
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Figure 4. Glycine receptors activation reduces GCM-induced [Cl−]i increase by counteracting neuronal depolarization. (A) Effect of (1 μM) strychnine on GCM-evoked [Cl−]i increase. Left, representative fluorescence trace from a single transfected neuron, monitored during the application of GCM alone, in the presence of strychnine (1 μM) and in the presence of strychnine plus APV (20 μM) and NBQX (10 μM). Right, histogram representing the average R increase induced by GCM in GCM alone and in the presence of strychnine (n = 9) and in strychnine plus APV/NBQX (n = 6). (B) Strychnine increases GCM-induced depolarization in hippocampal neurons in current clamp recordings. Left, sample trace from an hippocampal neuron recorded in current clamp during the application of GCM as in (A) Note remarkable increase in depolarization in the presence of strychnine. Right, columns represent the depolarization induced by GCM, alone (n = 11) or in the presence of strychnine (n = 5). (C) Time course of R increase induced by the application of a modified external medium containing high KCl (20 mM, 1 min; n = 18, Δ). *p < 0.05; **p < 0.01.



To investigate whether GCM-induced increase of [Cl−]i depended on a change in membrane potential, we exposed cell cultures to GCM during current clamp recordings. GCM application (10–15 s) caused the depolarization of the membrane potential of about 11.4 ± 3.5 mV (n = 27, Figure 4B), which was absent in the presence of APV and NBQX (n = 4; not shown). Conversely, when applied together with strychnine, GCM-induced a significantly higher depolarization (33.0 ± 4.7 mV, p < 0.01; n = 20; Figure 3B). Thus, the activation of GlyRs, by glycine released from glioma cells, contrasts GCM-induced neuronal depolarization and this effect is abolished when GlyRs are blocked by strychnine. Consistently, in Cl-Sensor expressing neurons, the reversal potential for chloride was slightly more negative (–73 ± 2 mV) than the resting membrane potential (–66 ± 4 mV), as estimated by gramicidin-based perforated patch clamp recordings (n = 6, not shown), indicating that the activation of GlyRs likely induces neuronal hyperpolarization. Again, GCM-induced depolarization in strychnine was abolished by APV and NBQX (2.0 ± 0.9 mV, n = 7, Figure 4B), demonstrating that it is entirely dependent on the activation of ionotropic glutamate receptors.

Moreover, when neuronal depolarization was induced by the application of high K+ (20 mM, 1 min) an increase in [Cl−]i rise was induced with a ΔR of 0.29 ± 0.07 (n = 18, p < 0.01; Figure 4C), supporting the hypothesis that depolarization is the key event for Cl− entrance into neurons.

ANIONIC CHANNELS AND CATIONIC CHLORIDE TRANSPORTERS ARE INVOLVED IN GCM-INDUCED Cl− FLUXES

Neuronal depolarization may favor Cl− entry simply augmenting Cl− driving force, or also activating pathways of chloride flux, which are closed at resting potential. Thus we, used a pharmacological approach trying to shed light on the involvement of Cl− channels and transporters in GCM effects. To investigate the role of transporters in GCM-induced Cl− influx, we exposed hippocampal neurons to the cation chloride transporters blocker furosemide (100 μM). In the presence of this compound, the application of GCM-evoked a transient increase in [Cl−]i in average not dissimilar in respect to control (R = 0.49 ± 0.12 vs. 0.66 ± 0.14; n = 9; p = 0.4, paired t-test; Figure 5A). However, in most of the experiments, the amplitude of R increase was reduced or increased by furosemide, suggesting that both KCC2 and NKCC1 could be involved in GCM-induced Cl− flux. In fact furosemide blocks both transporters, which are expressed in cultured hippocampal neurons. We sought to discriminate between the potentially opposite roles of these two Cl− transporters, by using specific antagonists DIOA and bumetanide.


[image: image]

Figure 5. Cl− channels and transporters are involved in GCM-induced Cl− transients. (A) Effect of furosemide on the peak amplitude of GCM-induce transients (n = 9; p = 0.4, paired t-test). (B) Time course of R increase induced by GCM in neurons treated with DIOA (n = 9, °) and untreated control neurons (n = 7, ■). (C) Left, example trace representing the effect of acute application of bumetanide on GCM-induced Cl− transient; right, histogram representing the average effect of bumetanide on GCM-induced ratio increase. (D) Example trace of the effect of NPPB (40 μM) on GCM-induced R increase; inset, trace with extended time scale representing GCM application in NPPB. (E) Effect of NPPB 100 μM; trace and inset as in (D). (F) Histogram representing the effect of anionic channels blockers on GCM-induced R increase in hippocampal neurons. NPPB 40 μM (n = 4) and 100 μM (n = 5); NFA (100 μM; n = 3); FFA (200 μM; n = 5). All data are expressed as the percentage of the control GCM response in the same cells. *p < 0.05; **p < 0.01.



To block KCC2, we incubated Cl-Sensor expressing hippocampal cultures in the presence of DIOA (20 μM; 2 h), performing experiments in the continuous presence of the drug. In these conditions GCM application still induced an increase of R, which resulted of ΔR = 0.30 ± 0.11 (n = 10) compared to slightly higher controls (0.55 ± 0.19, n = 8, p = 0.25, independent t-test). However, as shown in Figure 5B, Cl− did not recover to basal level after GCM washout, indicating that KCC2, although not required for GCM-induced Cl− entry, is necessary for reestablishing Cl− equilibrium. In addition, the basal R in cells treated with DIOA was higher than control, indicating that prolonged block of KKC2 leads to accumulation of basal Cl− in neurons (see also Pellegrino et al., 2011). Conversely, when we exposed neurons to GCM in the presence of bumetanide, to block NKCC1, we observed an increase in the amplitude of R transients from a control ΔR of 0.48 ± 0.13 to 0.81 ± 0.18 (n = 8; p = 0.03; Figure 5C). This augmented Cl− influx is likely due to the block of NKCC1-mediated rapid Cl− extrusion by reverse transport during intracellular Cl− load (Brumback and Staley, 2008). The block of NKCC1 did not alter the slow recovery after GCM application, indicating that, in our experimental conditions, this transporter is not necessary as KCC2 for the recovery of normal Cl− equilibrium. In addition, the application of bumetanide did not cause significant changes in the basal fluorescence ratio. All together, these data indicate that cation chloride transporters do not play a key role in GCM-induced Cl− entry but their activity may modulate the amount of Cl− entry likely affecting the speed of recovery or changing the driving force of Cl− flux.

It is known that glutamate may lead to neuronal Cl− influx through the activation of different classes of anionic channels (Backus et al., 1998; Van Damme et al., 2003; Slemmer et al., 2004; Inoue and Okada, 2007). Thus, to find out whether anionic channels contributed to GCM-induced neuronal Cl− influx, we tested the effect of the broad spectrum anion channels blocker 5-Nitro-2-(3-phenylpropylamino) benzoic acid (NPPB, 40–100 μM).

NPPB, which is known to block a Cl-driven outwardly rectifying current in neurons (Van Damme et al., 2003), dose dependently reduced GCM-induced increase in [Cl−]i. At 40 μM it caused a reduction of ΔR to 66 ± 10% of control (n = 4, p < 0.05; Figures 5D,F) and at 100 μM to 31 ± 6% of control (n = 9; p < 0.01; Figures 5E,F), indicating that NPPB-sensitive anion channels largely contribute to GCM-induced Cl− entry in hippocampal neurons. In addition, in the presence of 100 μM NPPB cells were unable to recover [Cl−]i to basal level after GCM application or neuronal Cl− load. This suggests that anionic channels are involved in GCM-induced Cl− entry, as well as, its recovery. NPPB also caused, by itself, an increase in the basal fluorescence ratio (see Figures 5D,E), likely due to Cl− influx, as it was absent when the drug was applied in low external Cl− (8 mM; n = 3, not shown).

It has been reported a slight reduction effect of NPPB on AMPA-mediated currents (Van Damme et al., 2003). To ascertain the specificity of its effect the on Cl− flux, we checked whether this drug could affect the glutamate-induced depolarization in current clamp recordings. Glutamate similarly depolarized neurons in control and in the presence of NPPB, respectively, to −10.0 ± 2.2 and to −13.6 ± 6.3 mV (n = 5, P = 0.5). However, NPPB itself caused a significant depolarization of the neuronal membrane potential of 10.2 ± 2.4 mV (n = 8, not shown) which could be the cause of NPPB-induced Cl− influx and of the delayed recovery of basal Cl− level.

To further analyze the involvement of anionic channels, we tested the effect of two other anionic channels blockers niflumic acid (NFA) and flufenamic acid (FFA) on GCM response (Figure 5F). NFA (100 μM) reduced the GCM-induced Cl− transient to 77 ± 6% of control (n = 3; p = 0.06), while FFA (200 μM) was uneffective (107 ± 14; n = 5; p = 0.78). NFA, similarly to NPPB, also delayed recovery of [Cl−]i after GCM-induced transients (not shown).

Altogether, these data indicate that the application of GCM mainly determines neuronal [Cl−]i influx, increasing due to depolarization the driving force for Cl− entry, presumably through anionic channels. Anionic channels and cation chloride transporters are also involved in the recovery of [Cl−]i equilibrium after GCM-induced Cl− load.

DISCUSSION

In the present study, we characterized the effect of neuroactive aminoacids released by glioma cells on neuronal [Cl−]i, taking advantage of a genetically encoded CFP/YFP-based ratiometric Cl-Sensor (Markova et al., 2008; Bregestovski et al., 2009; Waseem et al., 2010), which was transiently expressed in cultured hippocampal neurons. We observed that acute application of GCM causes a rapid [Cl−]ì increase in neurons via glutamatergic mechanism, mimicked by the application of glutamate and largely dependent on NPPB-sensitive anionic channels. Moreover, HPLC and electrophysiological analysis showed that GCM contains a functionally relevant amount of glutamate and other neuroactive aminoacids, including aspartate, glycine, and serine. Glycine, released by glioma cells, counteracts the mechanisms triggered by glutamate, likely contrasting neuronal depolarization.

To date, there is little knowledge available on the mechanisms regulating homeostasis of Cl− in either physiological or pathological conditions, especially for the technical difficulties in the measurement of Cl− fluxes. In this paper, we used Cl-Sensor, a probe with a high sensitivity to Cl− (EC50 ~30 mM), that has been demonstrated to be an effective tool for the quantitative estimation of [Cl−] in various cellular compartments (Markova et al., 2008; Bregestovski et al., 2009; Waseem et al., 2010). In our study, several lines of evidence support the notion that GCM alters neuronal Cl− equilibrium, causing glutamatergic-mediated Cl− infux in hippocampal neurons: (i) GCM-induced fluorescence increase is abolished in the presence of antagonists of ionotropic glutamatergic receptors; (ii) exogenously applied glutamate evokes similar [Cl−]i rise; and (iii) CGM contains glutamatergic agonists at functionally relevant concentration. The ability of glutamate to cause elevation of intracellular [Cl−] has been already shown in physiological (Van Damme et al., 2003; Slemmer et al., 2004; Kitamura et al., 2008) and pathological contexts (Inoue and Okada, 2007; Wang and Qin, 2012). Particularly relevant to our study is that excitotoxic stimulation of glutamate receptors may also lead to pH changes (Wang et al., 1994), since Cl-Sensor properties might be influenced by acidification (Markova et al., 2008). However, in our experimental conditions, fluorescence ratio increases reasonably represent [Cl−]i accumulation, because the response evoked by application of glutamate disappeared when we strongly decreased Cl− driving force, lowering external [Cl−] to 8 mM. Consistently, Waseem et al. (2010) and Pellegrino et al. (2011) illustrated the transient glutamate-induced increase of [Cl−]i, in spinal neurons and hippocampal neurons transfected with Cl-Sensor.

HPLC analysis on GCM confirmed that MZC cells, exposed to control external medium, release a relevant concentration of glutamate, together with other neuroactive aminoacids, giving results very consistent with those found in microdialysis experiments from glioma and peritumoral space in implanted rats (Behrens et al., 2000). In chromatographic analysis we focused on aminoacids commonly involved in signaling mechanisms, although some of them still need to be ascertained (see Behrens et al., 2000). Apparently, the mechanism of glutamate release from glioma cells is different from the most common ways of glutamate transport or release, being insensitive to Xc system or EAATs inhibition. This is not surprising since Xc system contribution should be limited in the absence of extracellular cystine and EAATs activity is controversial in glioma cell lines (Ye et al., 1999; Buckingham et al., 2011). Our data with TBOA suggest that EAAT transport system is functional in MZC cells, likely participating in glutamate uptake. Although glutamate release from MZC cells is not evoked by osmotic stress, as described in glial cells, we cannot exclude a contribution of anionic channels, possibly activated by other means (Takano et al., 2005). However, the mechanism of glutamate release by MZC cells needs further investigation. Indeed, other typical ways of astrocytic glutamate release, as P2X7 ATP-gated channels, gap junction hemichannels, or vescicular release (Malarkey and Parpura, 2008), could be functional in glioma cell cultures (see Samadani et al., 2007). Notably, the observed glutamate release is a specific feature of glioma cells, being glutamate concentration detected in astrocyte conditioned medium, extremely low in comparison to GCM. It should be considered, alternatively, that the observed difference in glutamate concentration might depend on a more functional astrocytic glutamate uptake rather than on different release properties (Takano et al., 2001).

Indeed, the HPLC results showed that GCM contained relevant concentrations of other aminoacids including glycine, serine, and aspartate and might in various ways interfere with neuronal activity. It is known that aminoacids may be released by glial cells both for osmotic (Ordaz et al., 2004) and signaling functions, several of them being already identified as putative gliotransmitter (Behrens et al., 2000; Cavallero et al., 2009). However, some of these substances might have a specific action during glioma invasion and the circumstances of release from glioma cells deserve further investigation.

Our results show that GlyR activation interferes with the depolarizing effect of GCM. The Cl− influx through GlyRs may act as a shunting mechanism that counteracts the glutamate-induced depolarization of the membrane potential. Depolarization is likely the key event in GCM-induced Cl− influx, as previously proposed for glutamate effects (Backus et al., 1998; Van Damme et al., 2003; Slemmer et al., 2004) and confirmed here by the ability of K+ to induce a Cl− rise similar to that observed with glutamate or GCM. It could be discussed that in the presence of strychnine, GCM-induced Cl− accumulation is abolished by GluR antagonists, while a residual Cl− transient is observed when GlyRs are not blocked. These results could indicate a participation of GlyRs to Cl− influx, particularly in cells with depolarized resting potential.

Cation chloride transporters have a minor role in GCM induced Cl− flux, being mainly involved in restoration of Cl− equilibrium after GCM stimulation. The potentiating effect of bumetanide is likely due to the block of NKCC1-mediated rapid Cl− extrusion by reverse transport during intracellular Cl− load (Brumback and Staley, 2008). Alternatively, it is possible to speculate that bumetanide effect on GCM-induced Cl− influx, might reflect an increase in Cl− driving force, caused by bumetanide mediated decrease in [Cl−]i, (Chabwine et al., 2009). However, this possibility is not supported by our observations.

On the other hand, we show that the depolarization-induced Cl− influx involves NPPB-sensitive anionic channels and a significant increase of the neuronal driving force for Cl−. The main concern in the interpretation of our results arises from the lack of specific pharmacological tools for anionic channels. In fact, many of the compounds used to block anionic channels are reported to have unspecific effects and, as shown here, may alter Cl− equilibrium and membrane potential. However, our data are strongly consistent with previous reports, showing that anionic channels, activated by depolarization or swelling, are responsible of neuronal Cl− entry, following glutamate receptor activation (Van Damme et al., 2003; Slemmer et al., 2004; Inoue and Okada, 2007). We speculate that these may include Ca2+-, volume- and voltage-activated Cl− channels (Payne et al., 2003; Suzuki et al., 2006; Jentsch, 2008; Deisz et al., 2011). However, other anion permeable channels could be involved, including the high conductance hemichannel Pannexin 1 which is expressed in neurons and is a Cl-permeable and sensitive to NPPB (Ma et al., 2012).

Altogether, our results suggest a mechanism allowing glioma cells to deeply and dynamically interfere with neuronal Cl− homeostasis, through the release of excitatory and inhibitory neuroactive substances. In physiological conditions, a similar inhibitory shunt of glutamatergic responses by Cl− permeable ligand-gated channels, might occur in case of GABA and glutamate corelease, as described in hippocampal mossy fibers (Treviño et al., 2011), or as a consequence of tonic GABA release (Semyanov et al., 2004). The observed shunt is reminiscent of that caused by unconventional GABA release (Koch and Magnusson, 2009), i.e., during intense synaptic activity (Glykys and Mody, 2007). Interestingly, the resulting excitation/inhibition balance can be altered an in epilepsy models, as a results of increased GABAergic inhibition (Treviño et al., 2011). A possible concern in the interpretation of our results is represented by the use of neuronal cultures. In the healthy brain, glutamate is rapidly removed from the extracellular space by astrocytes, preventing extensive or prolonged activation of neuronal glutamate receptors (Danbolt, 2001) and its action may be contrasted by tonic GABA release (Semyanov et al., 2004). Although, it is known that during tumor invasion brain microenvironment is altered (Behrens et al., 2000), the application of GCM might not represent the natural concentration profile experienced by neurons. Further in vivo studies will be needed to ascertain if the proposed mechanism may support the alterations of Cl− homeostasis, causing the imbalance of inhibitory and excitatory neuronal network properties observed in glioma associated epilepsy.
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ACM, Astrocyte conditioned medium; APV, D-2-amino-5-phosphonopentanoic; [Cl−]i, chloride concentration; CNS, central nervous system; DMEM, Dulbecco's Modified Eagle Medium; DMSO, Dimethyl sulfoxide; EAATs, Excitatory aminoacid transporters; FBS, Fetal Bovine Serum; FFA, flufenamic acid; GABA, γ-aminobutyric acid; GCM, glioma conditioned medium; Glu, glutamate; GluR1-HEK cells, HEK 293 stably expressing the rat flip variant of wild-type glutamate receptor 1; HBSS, Hank's balanced salt solution; HPLC, High Performance Liquid Chromatography; HyperGCM, hyperosmotic glioma conditioned medium; NBQX, 2,3-dihydroxy-6-nitro-7-sulfamoyl-benzo[f]quinoxaline-2,3-dione; NES, normal external solution; NFA, niflumic acid; NPPB, 5-Nitro-2-(3-phenylpropylamino)benzoic acid; OPA, o-phthaldialdehyde; SAS, Sulfasalazine; TBOA, DL-threo-β-Benzyloxyaspartic acid; TTX, Tetrodotoxin.
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Chloride is the most abundant physiological anion and participates in a variety of cellular processes including trans-epithelial transport, cell volume regulation, and regulation of electrical excitability. The development of tools to monitor intracellular chloride concentration ([Cli]) is therefore important for the evaluation of cellular function in normal and pathological conditions. Recently, several Cl-sensitive genetically encoded probes have been described which allow for non-invasive monitoring of [Cli]. Here we describe two mouse lines expressing a CFP-YFP-based Cl probe called Cl-Sensor. First, we generated transgenic mice expressing Cl-Sensor under the control of the mouse Thy1 mini promoter. Cl-Sensor exhibited good expression from postnatal day two (P2) in neurons of the hippocampus and cortex, and its level increased strongly during development. Using simultaneous whole-cell monitoring of ionic currents and Cl-dependent fluorescence, we determined that the apparent EC50 for Cli was 46 mM, indicating that this line is appropriate for measuring neuronal [Cli] in postnatal mice. We also describe a transgenic mouse reporter line for Cre-dependent conditional expression of Cl-Sensor, which was targeted to the Rosa26 locus and by incorporating a strong exogenous promoter induced robust expression upon Cre-mediated recombination. We demonstrate high levels of tissue-specific expression in two different Cre-driver lines targeting cells of the myeloid lineage and peripheral sensory neurons. Using these mice the apparent EC50 for Cli was estimated to be 61 and 54 mM in macrophages and DRG, respectively. Our data suggest that these mouse lines will be useful models for ratiometric monitoring of Cli in specific cell types in vivo.
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INTRODUCTION

Genetically encoded probes have become powerful tools for fluorescent analysis of the function and concentration of multiple intracellular ions and proteins (Bregestovski and Arosio, 2012; Depry et al., 2013; Perron et al., 2012). GFP derivatives with different colors have been successfully used to monitor Ca2+ (Miyawaki et al., 1997; Ohkura et al., 2012), pH (Kneen et al., 1998; Llopis et al., 1998; Miesenbock et al., 1998; Li and Tsien, 2012) and protein–protein interactions (Heim, 1999).

Over the last decade, several genetically encoded Cl-sensitive probes for measuring intracellular Cl concentration ([Cl]i) have also been developed (Kuner and Augustine, 2000; Markova et al., 2008; Arosio et al., 2010). The first generation of these probes was based on the fact that the fluorescence intensity of yellow fluorescent protein (YFP) is quenched by increasing concentrations of Cl ions (Wachter and Remington, 1999). A further improvement on this approach was the design of ratiometric Cl indicators that allowed quantitative measurements independent of the expression level of the probe. This was first achieved by designing fusion constructs of YFP coupled to cyan fluorescent protein (CFP) through a polypeptide linker. CFP fluorescent intensity is independent of Cl concentration and thus acts as a reference point for normalizing expression levels (Kuner and Augustine, 2000). This probe, called Clomeleon, has been used for measurements of [Cl]i in cultured hippocampal neurons (Kuner and Augustine, 2000), in plant cells (Lorenzen et al., 2004) and in cells of the retina and brain slices (Duebel et al., 2006; Pond et al., 2006).

A number of transgenic mouse lines have been created by insertion of pH/Cl-sensitive YFP (Metzger et al., 2002) or Clomeleon (Berglund et al., 2008) DNA into the mouse genome. The most successful of these approaches relied upon random integration of a Clomeleon construct containing a Thy1 mini promoter to drive expression in sub populations of neurons (Berglund et al., 2008). These mice have allowed imaging of Cl dynamics in inhibitory circuits of different brain areas (Berglund et al., 2008; Glykys et al., 2009) and in intact hippocampus (Dzhala et al., 2012).

A disadvantage of the Clomeleon sensor is that at physiological pH it has a rather low sensitivity to Cl. The apparent EC50 of Clomeleon is more than 100 mM (Kuner and Augustine, 2000; Duebel et al., 2006) which is outside the range normally encountered in cells ([Cl]i: 3–60 mM) (Bregestovski et al., 2009). Moreover, attempts to generate mouse lines with inducible expression of Clomeleon in defined cell types have been hindered by low expression levels of the probe (Berglund et al., 2008).

To address these issues, we have taken advantage of a new genetically encoded indicator termed Cl-Sensor (Markova et al., 2008; Waseem et al., 2010) that contains a triple mutation in YFP which renders it more sensitive to Cl [estimated apparent EC50~ 30–50 mM (Markova et al., 2008; Waseem et al., 2010)]. We have created two mouse lines that express Cl-Sensor either under the control of the Thy1 mini promoter, or via Cre-mediated recombination from the Rosa26 locus. Here we describe the generation and characterization of these lines, and demonstrate that they allow for robust ratiometric monitoring of [Cl]i across different tissues.

MATERIALS AND METHODS

GENERATION OF TRANSGENIC MICE

We generated Thy1::Cl-sensor mice because the Thy1 promoter has been demonstrated to drive robust expression in a wide variety of neurons (Caroni, 1997; Arenkiel et al., 2007). Cl-Sensor cDNA was obtained from a Cl-Sensor expression vector (Markova et al., 2008) after AfeI-HincII digestion and blunt cloned into the XhoI site of the mouse Thy1.2 expression cassette (Caroni, 1997). Linearized, vector-free insert was prepared for pronuclear injection into C57BL/6J × DBA zygotes by agarose gel purification. Two founders carrying the transgene were identified and genotyped by PCR using the following primers: Thy1 forward 5′-TCTGAGTGGCAAAGGACCTTAGG -3′ and Cl-Sensor linker reverse 5′-TCCTTGGAAGTACAAATTCTC -3′.

The cre-inducible Cl-Sensor construct was generated and assembled into the XbaI site of the Rosa26 targeting vector pROSA26 (Soriano, 1999) using classical recombinant DNA technology. ROSA26 locus was chosen because of the high efficiency of targeting by homologous recombination and because this locus gives ubiquitous expression across many tissues. The Cl-Sensor cassette consisted of the following individual sequence elements: a cytomegalovirus-immediate early (CMV-IE) promoter and a chicken beta-actin promoter (CAG); the adenovirus splice donor (SD) and splice acceptor (SA) site from plasmid pSAbgeo; an inverted wild-type loxP site (Sauer, 1987), a promoter-less neomycin resistance gene from plasmid pMC1NeopA (Thomas and Capecchi, 1987) including a Kozak consensus sequence (Kozak, 1987) followed by two successive polyadenylation sites from the bovine growth hormone gene; a mutant loxP2272 site (Siegel et al., 2001); the previously described Cl-Sensor cDNA (Markova et al., 2008) followed by the SV40 polyadenylation site, both sequences in reverse orientation relative to neomycin transcription; a wild-type loxP site and finally a mutant loxP2272 site in reverse orientation. The targeting vector was electroporated into A9 embryonic stem cells (ESC) and homologous recombinants identified by Southern blotting. Digested DNA using Bgl1 and BspHI underwent hybridization with a 3′ and 5′ probe, respectively. Using a 3′ probe two DNA fragments were visualized: a 6668 bp (wild-type fragment) and a 9329 bp mutant fragment. Using a 5′ probe two DNA fragments were visualized: a 7210 bp (wild-type) fragment and 10450 bp (mutant) fragment. A correctly identified clone was used for injection into C57BN/6 blastocysts followed by implantation of injected blastocysts into CD1 foster mothers, and backcross of male chimaeras with C57BL/6 females. All animal protocols were approved by the Italian Ministry of Health.

SLICE PREPARATION AND ELECTROPHYSIOLOGICAL RECORDING

Brain slices were prepared from postnatal day P3–P21 transgenic mice of both sexes. All animal protocols conformed to the French Public Health Service policy and the INSERM guidelines on the use of laboratory animals. Animals were rapidly decapitated and brains removed. Sagittal slices (300 μm) were cut using a tissue slicer (Microm International, Germany) in ice-cold oxygenated modified artificial cerebrospinal fluid (ACSF), with 0.5 mM CaCl2 and 7 mM MgSO4, in which Na+ was replaced by an equimolar concentration of choline. Slices were then transferred to oxygenated standard ACSF containing (in mM): 126 NaCl, 3.5 KCl, 1.2 NaH2PO4, 25 NaHCO3, 1.3 MgCl2, 2.0 CaCl2, and 10 D-glucose, pH 7.4, at room temperature (20–22°C) for at least 1 h before use. During recordings, slices were placed in a conventional fully submerged chamber superfused with ACSF (32–34°C). Pyramidal cells in neocortical layers and CA1 and CA3 hippocampal regions were recorded. Whole-cell patch-clamp recordings in voltage-clamp mode were performed using the EPC-9 amplifier (HEKA Elektronik, Germany). The patch pipette solution contained (mM): KCl (0–135) or KGluconate (0–135); MgCl2 2; MgATP 2, HEPES/KOH 10, BAPTA 1; pH 7.3; 290 mOsm. Combination of KGluconate and KCl at a constant K+ concentration of 135 mM was used for Cl calibration of Cl-Sensor in Thy1::Cl-Sensor mice by five different Cl concentrations in pipette solution: 4, 10, 20, 60, and 135 mM. Pipettes were pulled from borosilicate glass capillaries (Harvard Apparatus Ltd, USA) and had resistances of 5–7 MΩ. Upon transition from cell-attached to whole-cell configuration, the holding potential was usually −80 or −70 mV.

CELL CULTURE AND WHOLE MOUNT PREPARATION

Dissociated DRG neurons

DRG primary cell cultures were prepared from Avil-Cre::Cl-Sensor adult mice (8–20 weeks) as previously described (Caspani et al., 2009). Briefly, mouse DRG were dissected and incubated with 1 mg/ml collagenase IV (Sigma, Italy) for 30 min at 37°C and with 0.05% trypsin (GIBCO, Italy) for 30 min at 37°C. The DRG were suspended in DMEM (GIBCO, Italy) containing 10% heat-inactivated horse serum (GIBCO, Italy), 100 U penicillin, and 100 μg/ml streptomycin (GIBCO, Italy). DRG were dissociated using 1000 and 200 μl pipet tips, and debris was removed with a 40 μm cell strainer (BD Biosciences Europe, Belgium). Cells were plated in 100 μl of medium on poly-L-lysine (100 μg/ml, Sigma, Italy) coated 35 mm ø glass bottom dish (Ibidi, Martinsried, Germany) and left to adhere for 3 h before the addition of 2 ml of medium. Experiments were conducted 24–48 h after plating of cells.

Whole mount DRG preparation

DRG were isolated from Avil-Cre::Cl-Sensor adult mice (8–20 weeks). DRG, together with ventral and dorsal fibers (1 cm length each side) where rapidly dissected. During the dissection tissue was wet with cold and oxygenated ACSF of the following composition (in mM): NaCl 120; NaHCO3 26; NaH2PO4 1.25; KCl 2.5; Glucose 10; MgSO4 2; CaCl2 2. Isolated DRG were transferred to a holding chamber containing ACSF at room temperature (20–21°C), bubbled with 95% O2/5% O2 and left to recover for at least 30 min. The whole mount DRG was then transferred to an imaging chamber and a U-shaped stainless steel rod with 12 pieces of fine nylon filaments crossing from one side to the other was used to gently hold the ganglion in place within the imaging chamber. Tissue was continuously perfused with ACSF bubbled with 95% O2/5% CO2 from a 100 ml reservoir at a flow rate of 2.5 ml/min at room temperature.

Peritoneal macrophage primary cell cultures

Peritoneal macrophage primary cell cultures were prepared from LysM-Cre::Cl-Sensor adult mice (8–20 weeks). Briefly, peritoneal macrophages were harvested via intraperitoneal lavage with 5 ml of DMEM (GIBCO, Italy). Cells where plated in 200–400 μl of DMEM medium on a petri dish and left to adhere for 2–3 h. After one wash with medium to remove the non-adherent cells, cells were incubated on DMEM supplemented with 10% heat-inactivated horse serum and 100 U penicillin, and 100 μg/ml streptomycin (GIBCO, Italy) at 37°C 24–48 h before proceeding with the experiments.

For basal intracellular chloride measurements DRGs and macrophages cultures were kept in a HEPES buffer solution of the following composition (in mM): NaCl 140; NaOH 4.55; HEPES 10; KCl 4; Glucose 5; MgCl2 1; CaCl2 2. pH 7.4. For basal measurement on whole mount DRG, preparations were transferred to the imaging chamber described above and continuously perfused with oxygenated ACSF of the following composition (in mM): NaCl 120; NaHCO3 26; NaH2PO4 1.25; KCl 2.5; Glucose 10; MgSO4 2; CaCl2 2.

CALIBRATION OF Cl-SENSOR IN Rosa26::Cl-SENSOR MICE

To calibrate the intracellular Cl dependence of the Cl-Sensor we used dissociated DRGs culture and peritoneal macrophages culture. Experiments were assessed in 1–2 days old cultures. All imaging experiments were conducted at 37°C in a humified chamber perfused with 5%CO2. Different concentrations of Cl in the extracellular solution were created by mixing two “high potassium” solutions, containing in mM: (i) 164.8 KCl, 10 d-glucose, 20 HEPES, pH 7.3 and (ii) 164.8 K-gluconate, 10 d-glucose, 20 HEPES, pH 7.3. To increase the permeability of the cell membrane to Cl ions, 40 or 80 μM β-escin (Sigma, Italy) was added to neuronal or macrophages cultures, respectively. β-escin was dissolved in water and prepared freshly for each experiment. This suspension was stable for about 2 h. Cells were incubated with β-escin for a maximum of 2 min and then intensely washed with HEPES buffer solution of the following composition (in mM): NaCl 140; NaOH 4.55; HEPES 10; KCl 4; Glucose 5; MgCl2 1; CaCl2 2. pH 7.4. The coverslip with cultured cells was then placed into the recording chamber and incubated with high potassium extracellular solution containing a given Cl concentration (from 0 to 150 mM Cl at pH 7.3). After a stabilization of the fluorescence, imaging experiments were carried out at the following Cl concentration in the extracellular solution: 0, 10, 20, 30, 50, 100, and 150 mM. The fluorescence responses of Cl-Sensor corresponding to specified Cl concentrations inside the cell were registered. Fluorescence data was fit with a Hill equation, which describes a sigmoidal curve.
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Where y is the fluorescence (440/514 nm) value and x the [Cl], A is the lowest 440/514 nm value, B the highest 440/514 nm value, EC50 is the midpoint of the curve and H is the Hill coefficient. Values of Cl concentrations were then calculated according to the inverse function:

[image: image]

For calibration of macrophages in culture the values were the following: A = 0.91, B = 1.97, EC50 = 60.79 mM and H = 4.46. For calibration of DRG cultures the variables were the following: A = 0.90, B = 2.59, EC50 = 54.46 mM and H = 3.12.

REAL-TIME FLUORESCENCE IMAGING AND IMAGE ANALYSIS IN CELLS FROM Rosa26::Cl-SENSOR MICE

Dissociated DRG and macrophages were plated onto 35 mm ø glass bottom dishes (Ibidi, Martinsried, Germany) and maintained using a microscope cage incubator, which allowed for a constant temperature (37°C), humidity and CO2 (5%). Whole mount DRG and hippocampal slice were placed in the imaging chamber and continuously perfused with oxygenated ACSF at a flow rate of 2.5 ml/min at room temperature. Time Lapse video-microscopy was carried out using a Spinning Disk confocal Ultraview Vox (Perkin Elmer), interfaced with Volocity 6.0 software (Cellular imaging, Perkin Elmer). Diode solid state lasers, operating at 440 and 514 nm were used as excitation sources for the CFP and YFP, power was set at the same percentage for both lasers. Band pass emission filter-cubes of 485 (W60) and 587 (W125), were used for the acquisition.

Images were acquired using a Hamamatsu EMCCD camera; exposure time and camera sensitivity were set equal for both channels. The recording protocol was designed with an initial equilibration time of the 440/514 nm ratio, and afterwards images were acquired every minute. The duration of excitation for the two lasers was 606 ms.

Images analysis was carried out using ImageJ. Ratios of images acquired upon excitation at 440 nm and those obtained upon excitation at 514 nm (440/514) were calculated by dividing the two thresholded images. Mean gray intensity value for each cell was then calculated manually. Results are presented as mean ± SEM. The data were analyzed by Student's t-test. Pearson's correlation analysis was used to correlate cell size and intracellular chloride concentration. A p-value < 0.05 was accepted as significant.

REAL-TIME FLUORESCENCE IMAGING OF NEURONS IN SLICES FROM Thy1::Cl-SENSOR MICE

Fluorescence images were acquired using a customized digital imaging microscope. Excitation of the CFP and YFP in Cl-Sensor expressing cells in slices from Thy1::Cl-Sensor mice at wavelengths of 440 and 480 nm was achieved using a 1-nm-bandwidth polychromatic light selector equipped with a Polychrome V (150 W xenon lamp, Till Photonics, Germany). Light intensity was attenuated using neutral density filters. A dichroic mirror (495 nm; Omega Optics, USA) was used to deflect light onto the samples. Fluorescence was visualized using an upright microscope (Axioskop) equipped with a 60× water-immersion objective (n.a. 0.9; LumPlanFL, Olympus, USA). Fluorescent emitted light passed to a 16-bit electron multiplying charge-coupled device digital camera system equipped with an image intensifier (Andor iXon EM+; Andor Technology PLC, Northern Ireland). Images were acquired on a computer via a DMA serial transfer. All peripheral hardware control, image acquisition and image processing were achieved using customized software iQ (Andor Technology PLC, Northern Ireland). The average fluorescence intensity of each region of interest (ROI) was measured. Mean background fluorescence (measured from a non-fluorescent area) was subtracted and the ratio (R) intensities F440/F480 (mentioned above) were determined. Sampling interval was usually 10 or 5 s in some cases and duration of excitation was 10–20 ms.

RESULTS

GENERATION OF CHLORIDE SENSOR TRANSGENIC MICE

We generated two transgenic mouse lines for Cl-Sensor, using either the mouse Thy1 mini promoter or a Cre-dependent inducible approach.

Thy1 MICE EXPRESSING Cl-SENSOR

In the first approach, we used an expression cassette containing a 6.5 kb genomic DNA fragment of the Thy1 gene extending from the promoter to exon 4, but where exon 3 and its flanking introns were replaced by a XhoI linker (Caroni, 1997). This vector has been shown to drive strong constitutive transgene expression in neurons of postnatal (P6–12) and adult mice (Aigner et al., 1995). The Cl-Sensor cDNA was cloned at the level of the XhoI site and the purified insert Thy1::Cl-Sensor was injected into C57BL/6J × DBA pronuclei (Figure 1). Two transgenic founders were identified and analyzed for Cl-Sensor expression. Expression was observed from P2 and increased strongly with development. At P2–P22 Cl-Sensor fluorescence was observed in hippocampus, particularly in CA1 and CA3, and neocortex (Figures 1A,B, 2, 4A,B, 5A).
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FIGURE 1. Expression of Cl-Sensor in Thy1::Cl-sensor transgenic mice. (A) The Thy1::Cl-Sensor construct was constructed by fusing a fragment containing minimal regulatory elements and the promoter of the Thy1 gene upstream to the coding sequence of the Cl-Sensor followed by a SV40 polyadenylation signal. (B and C) Representative z-stack projection images of the CA1 region of the hippocampus in a Thy1::Cl-Sensor transgenic mouse showing CFP (upper left), YFP (upper right), and DAPI (lower left), and merged (lower right) fluorescence at (B) 20× magnification, scale bar corresponds to 30 μm and (C) 40× magnification, scale bar corresponds to 100 μm. Cl-Sensor expression was found in a mosaic pattern in most, but not all CA1 pyramidal neurons.
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FIGURE 2. Developmental profile of Cl-Sensor expression in hippocampus and cortex in Thy1::Cl-Sensor transgenic mice. Mean values of fluorescence induced by excitation of neurons from brain slices in hippocampus (left) and cortex (right) at different ages (shown below columns). An excitation wavelength of 440 nm for a duration of 20 ms was used with a ×60 objective. Bars are mean ± SEM values. Number of analyzed cells for each age is shown in columns.



We performed a comparative analysis of Cl-Sensor expression in hippocampus and cortex by monitoring fluorescence in brain slices from animals of different ages (from P2–P3 to P11) during excitation of the Cl-independent CFP component (with 440 nm wavelength) and recording in identical conditions. As illustrate in Figure 2, robust increase in the fluorescence was observed in hippocampus, which reached a maximal level at P4. In contrast, in the cortex the Cl-Sensor expression developed slower and even at P11 it expression was lower than in hippocampus (Figure 2).

CRE-INDUCIBLE CL-SENSOR MICE

To generate an inducible Cl-Sensor line a Cre-inducible Cl-Sensor-cassette was targeted to the Rosa26 locus by homologous recombination in ESC (Figure 3). The targeting construct was designed to give strong expression of Cl-Sensor in the absence of leakiness. To this end we included a strong CAG promoter upstream of the coding sequence and inserted the Cl-Sensor in an inverted orientation. As shown in Figure 3B the specific position of the two loxP sites allows a Cre-dependent inversion of the intervening sequences at either the loxP or loxP2272 sites, followed by irreversible excision of the neomycin stop cassette along with its loxP or loxP2272 site (Luche et al., 2007). Southern Blot confirmed appropriate homologous recombination on ES cell targeted clones and positive clones were selected for blastocyst injection.


[image: image]

FIGURE 3. Generation of Cl-Sensor transgenic mouse. (A) The Cl-Sensor cassettes were assembled and inserted into the XbaI site of the ROSA26 targeting vector. Southern blot was used to confirm proper homologous recombination on ES cell selected clones. Clone number 17 was selected for blastocyst injection. (B) Schematic representation of the Rosa26 locus after targeted introduction of the neomycin-Cl-Sensor cassette. The Cl-Sensor cassette, including an SV40 polyadenylation site, is inserted in an antisense orientation. Two alternative recombination intermediates are generated by Cre-mediated inversion at the wild-type loxP sites (filled triangles), and mutant loxP2272 sites (open triangles).



CALIBRATION OF Cl-SENSOR IN BRAIN SLICES FROM Thy1 MICE

Expression of Cl-Sensor was observed from P2 and its intensity increased with development (Figure 2). To evaluate the sensitivity of Cl-Sensor we used simultaneous monitoring of whole-cell currents and fluorescent signals in neurons from brain slices of transgenic mice (Figure 4B). Whole-cell recordings were performed with five different Cl concentrations in the pipette solution ([Cl]p): 4, 10, 20, 60, and 135 mM. For ratiometric estimation of [Cl]i, the ratio RCl = F440/F480 was used.
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FIGURE 4. Calibration of Cl-Sensor in brain slices of Thy1 mice. (A) Image of cells expressing Cl-Sensor in a hippocampal slice from P4 aged Thy1::Cl-Sensor mouse, excitation 480 nm. (B) Micrographs of cells expressing Cl-Sensor in cortical slice from Thy1 mouse at age P15; top, light illumination; Note the shadow of the recording pipette; bottom, excitation 480 nm. (C) Relative changes in RCl (F440/F480) from simultaneous whole-cell recordings with different concentration of Cl in the recording pipette: 4 mM (black trace), 60 mM (blue trace), and 135 mM (red trace). RCl0 corresponds to [Cl]i in cell attached mode. Time = 0 corresponds to the moment of membrane rupture into whole-cell mode. Note the further increase in RCl at depolarization from −80 to 0 mV in the cells recorded with 60 mM (blue trace) and 135 mM (red trace) Cl in the pipette. (D) Calibration curve for Cl-Sensor expressed in neurons of brain slices from Thy1 mice obtained by recording at five different Cl concentrations: 4, 10, 20, 60, and 135 mM. EC50 = 46.4 ± 2.2 mM (mean ± S.E.M.). Data from 5 to 7 cells for each Cl concentration are presented.



Figure 4C illustrates relative changes in [Cl]i upon transition from cell attached to whole cell configuration from three cells in brain slices from P15 mouse using pipettes with solutions containing 4, 60, and 135 mM Cl. RCl0 corresponds to [Cl]i in cell attached mode, i.e., to the native concentration of Cl in cytoplasm of the recorded cell. Breaking the membrane to obtain whole-cell configuration with the pipette containing 135 mM Cl (holding potential –80 mV) resulted in an increase of RCl/RCl0, corresponding to elevation of [Cl]i. Interestingly, further increase in RCl was observed at depolarization of the cell to 0 mV (Figure 4C). This suggest that [Cl]i in the cell did not reach the [Cl]p value at Vh = −80 mV. Similar but slightly lower changes in RCl were observed in the cell recorded with the pipette containing 60 mM Cl. Rupture of the membrane with the pipette containing 4 mM Cl produced a small increase in RCl/RCl0, indicating that the basal value of [Cl]i in the cytoplasm of the neuron was lower than 4 mM. After reaching a maximal value, usually a decrease in the ratio was observed (Figure 4C), presumably due to pumping out of Cl by transporters (Pellegrino et al., 2011). Maximal values of RCl were used for obtaining the calibration curve. For high [Cl]p = 60 mM and 135 mM the RCl values at Vh = 0 mV were used while for lower [Cl]p = 4, 10, and 20 mM the holding potential always was kept at −80 or −70 mV (Figure 4C).

In slices from Thy1::Cl-Sensor mice the calibration curve obtained from neurons recorded with pipettes containing five different [Cl]p (Figure 4D) was best fit with a Logistic Dose-Response Sigmoidal curve using the OriginPro 8.5 program with the formula:
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where RCl is the fluorescence ratio for Cl (F440/F480), Kd is the dissociation constant for Cl binding, A1 and A2 are the minimum and maximum asymptotic values of RCl, respectively, and p is the power value.

By rearranging this formula we obtained the equation for [Cl]i:
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For Thy1::Cl-Sensor the values of constants obtained from fitting the curve were the following: Kd = 46.4 mM, A1 = 0.76, A2 = 1.08 and p = 2.48 (Figure 4D).

Using this approach we determined that within a physiological range of Cl concentrations (0–135 mM) the mean apparent EC50 (concentration of Cl producing a 50% change in the fluorescence ratio, EC50) of Thy1::Cl-Sensor was 46.4 ± 2.2 mM (Figure 4D, Table 1). While the sensitivity of Cl-Sensor to Cl in Thy1::Cl-Sensor mice was similar to that reported previously (Markova et al., 2008; Waseem et al., 2010), the dynamic range of RCl changes was about 2–3 fold smaller than those obtained in CHO cells and cultured spinal neurons. The basis for these differences requires future analysis.

Table 1. Table summarizing the EC50 and Hill coefficient calculated on different tissue or cell culture isolated from the mouse lines described in the manuscript.
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EXAMPLES OF MONITORING [Cl]i IN SLICES EXPRESSING Cl-SENSOR

We next monitored changes of [Cl]i in neurons from brain slices of Thy1:Cl-Sensor mice under different experimental conditions. Similar to previous observations using transient transfection of Cl-Sensor into neurons (Markova et al., 2008; Mukhtarov et al., 2008), depolarization induced by bath application of 20–40 mM KCl or inhibition of voltage gated K+ channels caused reversible changes of [Cl]i (data not shown). Moreover, as observed in CHO cells expressing Cl-Sensor and the human glycine receptor (Markova et al., 2008), application of positive potentials to neurons induced elevation of [Cl]i. Thus, as illustrated in Figure 5B, changes in membrane potential from −80 to +30 mV using pipettes containing 135 mM Cl induced remarkable and reversible [Cl]i increase. This indicates that depolarization changes the Cl equilibrium and is able to do so even in cells containing very high Cl concentration.
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FIGURE 5. Monitoring [Cl]i in neurons from cortical brain slices. (A) Images of cells in a cortical slice from a P22 mouse expressing Cl-Sensor in visible light (top) and excitation 480 nm (bottom). (B) Example of changes in RCl (F440/F480) after membrane depolarization from a holding potential of −80 to +30 mV in the neuron from a cortical slice (P15) recorded with pipette solution containing 135 mM Cl (red trace—whole-cell, blue trace—intact cell). Note that depolarization of the cell recorded with high Cl caused an additional increase in the RCl. (C) Monitoring of epileptic-like seizures in neurons of brain slice from cortex (P22). Traces of RCl changes from two neurons are illustrated upon application of 100 μM 4-AP. The neuron corresponding to the red trace was patched with a pipette containing 135 mM Cl, while the blue trace corresponds to the record from intact neurons. Note that 4-AP application caused a stronger increase in RCl than depolarization from −70 to +30 mV.



It had been well documented that 4-aminopyridine (4-AP), a blocker of K+ channels, induces epileptoform activity associated with ictal discharges resulting from synchronous GABA-mediated depolarizing potentials. This is accompanied by transient increases of extracellular K+ (Avoli et al., 1996; Barbarosie et al., 2002) and elevation of intracellular Cl (Dzhala and Staley, 2003; Khalilov et al., 2003; Glykys et al., 2009). To visualize kinetics and amplitude of Cl changes in this epileptogenic model, we monitored changes of [Cl]i in neocortical slices from mice expressing Cl-Sensor during epileptoform activity induced by 4-AP.

Figure 5C shows a recording from two neurons. One was patch-clamped with a pipette containing 135 mM Cl while the other was left intact. Application of 100 μM 4-AP caused a robust and reversible elevation of Cl in recorded neurons. Its amplitude was even higher than those induced by membrane depolarization to +30 mV (Figure 5C, red trace). Importantly, the time course and amplitude of [Cl]i transients were similar in both neurons.

These initial observations indicate that transgenic mice expressing Cl-Sensor from the Thy1 promoter represent a good tool for monitoring of [Cl]i transients in different experimental models.

CHLORIDE MEASUREMENTS ON DISSOCIATED DRG NEURONS FROM Avil-Cre::Cl-SENSOR MICE

Using the inducible Rosa26 mouse line, we investigated the expression and function of Cl-Sensor in two separate cell types; peripheral sensory neurons, and cells of the myeloid lineage. To investigate the expression and function of Cl-Sensor in sensory neurons, Cl-Sensor transgenic mice were crossed with an Advillin-Cre driver line, which specifically targets sensory neurons in dorsal root ganglia and trigeminal ganglia (Zurborg et al., 2011). DRG cultures were prepared from adult Avil-Cre::Cl-Sensor mice and used for calibration of the Cl-Sensor probe (Figure 6).
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FIGURE 6. [Cl]i calibration and measurement in DRG cultures. (A) Image examples of permeabilized DRG cultures from Avil-Cre::Cl-Sensor at 10 mM (top) or 50 mM (bottom) chloride concentration. From left to right: image captured with the 440 nm laser (blue), 514 nm laser (yellow), merged, bright field images and 440/514 images. Scale bars correspond to 20 μm (B) [Cl]i Calibration curve for Cl-Sensor on DRG cultures from Avil-Cre::Cl-Sensor. 440/514 values were calculated at 0, 10, 20, 30, 50, 100, and 150 mM [Cl]i (n = 55). (C) Examples of [Cl]i measurement in DRG culture under basal conditions. From left to right: image captured with the 440 nm laser (blue), 514 nm laser (yellow), merged, bright field images and 440/514 images. Scale bar corresponds to 20 μm (D) The relationship between cell size and [Cl]i in DRG neurons n = 260.



In order to increase the permeability of the cell membrane to Cl ions for calibration experiments, the natural triterpenoid saponin, β-escin was applied to cells. This compound has been shown to be effective for in situ calibration of Cl-Sensor and to give more reliable results than other methods (Waseem et al., 2010). After treatment with β-escin (40 μM), cells were placed in isosmotic extracellular solutions containing different concentrations of Cl. Extracellular solutions were prepared by substituting equimolar concentrations of K-gluconate with KCl. A Cl-free solution containing 164.8 K-gluconate was used to determine the minimum excitation ratio of Cl-Sensor and a solution containing 164.8 KCl gave the maximum excitation ratio.

Ratiometric measurements of emission fluorescence at 440 and 514 nm excitation wavelengths (440/514) were used to calibrate the probe (Figure 6A). The estimated intracellular Cl concentration was plotted against the 440/514 ratios and the data was fitted with a Hill equation (Figure 6B). The calculated EC50 was 54.46 ± 6.3 mM (Table 1). This value resembles results described by Waseem et al., where the EC50 was 48.9 ± 6.3 mM, calculated on cultured spinal neurons transfected with the Cl-Sensor probe (Waseem et al., 2010).

We next examined basal intracellular Cl levels in DRG neurons. As illustrated in Figure 6C, calculation of the 440/514 ratio indicates that there is a broad range of estimated [Cl]i amongst DRG neurons; mean [Cl]i in DRG neurons is 58.16 ± 1.5 mM with a 95% of confidence interval from 55.20 to 61.11 mM, n = 260. DRG neurons can be broadly classified on the basis of their size into three functionally distinct populations of “small,” “medium,” and “large” neurons, which approximately correspond to C, Aδ and Aα-Aβ fibers (Study and Kral, 1996). As shown in Figure 6D, fluorescence ratio was not correlated to cell size suggesting that differences in [Cl]i are not significantly different between these populations (Pearson R = −0.076, p = 0.22, n = 260).

CHLORIDE MEASUREMENTS ON ex vivo WHOLE DRG PREPARATIONS FROM Avil-Cre::Cl-SENSOR

The analysis of Cl-Sensor in sensory neurons was extended by utilizing an ex vivo whole mount preparation of DRG (Figure 7). We reasoned that this preparation may give a more accurate representation of physiological Cl levels in sensory neurons than dissociated culture. For example, three dimensional architecture, cellular connectivity and density of the ganglion would be expected to be preserved in a whole mount preparation. Furthermore, tissue is not subjected to a lengthy dissociation protocol which may modify ion homeostasis. Using this preparation, tissue was viable in oxygenated ACSF for at least 5 h.
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FIGURE 7. [Cl]i measurement on whole-mount DRG from Avil-Cre::Cl-Sensor mice. (A) An xy-plane projection of a deconvolved 75 μm stack of an isolated whole-mount DRG. Tissue was excited with a 440 nm laser and CFP (blue) was detected. Scale bar corresponds to 200 μm. (B) Example of a DRG image under basal conditions used for [Cl]i measurement. From left to right: image captured with the 440 nm laser (blue), 514 nm laser (yellow), and 440/514 images. Scale bars correspond to 20 μm. (C) The relationship between cell size and [Cl]i in DRG neurons from a whole mount preparation n = 39.



Figure 7A shows a stitched image of a whole-mount DRG and illustrates that Cl-Sensor is robustly expressed in the majority of the DRG neurons. Analysis of [Cl]i in these neurons again demonstrated a heterogeneous distribution of 440/514 ratios with a mean [Cl]i of 71.58 mM and a 95% confidence interval from 63.21 to 78.24 mM, n = 39 (Figures 7B,C). Of note these values were significantly higher than those observed in cultured DRG neurons (p < 0.001) and may reflect the increased physiological relevance of this preparation compared to dissociated neurons.

CHLORIDE MEASUREMENTS ON MACROPHAGES FROM LysM-Cre::Cl-SENSOR MICE

Myeloid lineage-specific expression of Cl-Sensor was obtained by crossing Cl-Sensor transgenic mice with LysM-cre, a Cre-driver line targeting cells of the myeloid lineage (Clausen et al., 1999). We firstly assessed the expression and function of the transgene in peritoneal macrophages isolated from adult LysM-Cre::Cl-Sensor mice. Robust expression of the probe was observed in macrophages (Figure 8) that was evident in the majority of cells examined. Calibration of the probe was performed in the same way as in DRG neurons by treating cells with β-escin (80 μM) and monitoring fluorescence at different Cl concentrations (Figure 8A). In agreement with results in DRG neurons, data was fit with a Hill equation to give an EC50 of 60.79 ± 3.96 mM (Figure 8B and Table 1). While being slightly higher (but not significantly: 95% confidence of interval in DRG is 41.09–67.83, in macrophages is 53.0–68.5) than in previous calibrations this mean EC50 value suggests that although a different Cre driver line was used, the ratiometric measurement can be applied with a similar output to both models. Finally, Cl-Sensor was utilized to measure basal [Cl]i in isolated macrophages. The mean concentration calculated from 181 macrophages was 65.48 with a 95% of confidence interval from 63.21 to 67.60 mM (Figures 8C,D).
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FIGURE 8. [Cl]i calibration and measurement in peritoneal macrophages from LysM-Cre::Cl-Sensor mice. (A) Representative images of permeabilized peritoneal macrophages cultures which were subjected to β-escin treatment followed by the addition of 0 mM (top) or 150 mM (bottom) extracellular Cl− solutions. From left to right: image captured with the 440 nm laser (blue), 514 nm laser (yellow), merged and 440/514 images. Scale bars correspond to 20 μm. (B) [Cl]i calibration curve on peritoneal macrophages cultures. 440/514 values were calculated at 0, 10, 20, 30, 50, 100, and 150 mM [Cl]i (n = 225). (C) Images of basal [Cl]i in macrophages. (D) Histogram of [Cl]i distribution in macrophages (n = 181). The distribution of [Cl]i was fit with a Gaussian curve to give a mean of 65.48 ± 1.07 mM. Scale bars correspond to 20 μm.



DISCUSSION

To obtain new tools for non-invasive monitoring of intracellular Cl concentration under normal and pathological conditions, two transgenic mouse lines were generated expressing Cl-sensitive probes either in neurons, or targeted to the Rosa26 locus for inducible expression.

Thy1::Cl-SENSOR TRANSGENIC MICE

In the first approach, Cl-Sensor (Markova et al., 2008) was expressed under the control of the neuron-specific Thy1 promoter (Caroni, 1997; Feng et al., 2000; Berglund et al., 2008). Because of a triple mutation in YFP, this sensor displayed an enhanced sensitivity to Cl that was within the physiological range of intracellular Cl concentrations encountered in different cell types (Markova et al., 2008; Waseem et al., 2010). By simultaneously monitoring fluorescence and ionic currents in whole-cell patch clamp recordings with different concentrations of Cl in the recording pipette, we calibrated the sensor and estimated the apparent EC50 for Cl to be 46 mM (at pH 7.4). This value is close to previously reported calibration data for Cl-Sensor in cell lines and neurons (Markova et al., 2008; Waseem et al., 2010).

An early study describing the Thy1 cassette in transgenic mice reported that this promoter induces expression in neurons from around P6–P10 (Caroni, 1997). We observed fluorescence in hippocampal and neocortical neurons from P2 and its level increased substantially with development. Cl transients were observed in hippocampus (particularly in CA1 and CA3) and neocortex. Similar to previous observations (Metzger et al., 2002; Markova et al., 2008; Mukhtarov et al., 2008), depolarization induced by bath application of KCl or via the recording pipette brought about a strong elevation in intracellular Cl in neurons or brain slices.

To explore this further, the K+ channel blocker, 4-AP, was applied to slices. This compound is widely used as a tool for increasing neuronal network excitatory activity, and has been shown to generate interictal-like events in human neocortical tissue via depolarization and an excitatory action at GABA receptors (Avoli et al., 1994). We used this blocker for inducing seizure-like activity and monitored Cl transients under these conditions. 4-AP caused a robust elevation in [Cl]i, indicating that depolarization induces an increase in Cl driving force that promotes Cl influx, presumably through Cl-selective channels or via changes in the activity of Cl transporters.

Two interesting features concerning Cl transients were observed when monitoring neurons in brain slices from Thy1::Cl-Sensor mice. Firstly, depolarization was able to induce elevation of [Cl]i: changing the Vh to 0 mV and more positive potentials caused a strong increase in [Cl]i. This effect was not observed when performing similar experiments in HEK or CHO cells expressing Cl-Sensor (Markova et al., 2008), Biosensor GlyR (Mukhtarov et al., 2008) or ClopHensor (Mukhtarov et al., 2013). Secondly, in cells recorded with 135 mM Cl at a holding potential of +30 mV, the RCl value was lower than that following 4-AP application (Figures 5B,C). These observation suggests that in brain slices [Cl]i does not reach [Cl]p values even at Vh ≥ ECl. The activity of neuronal Cl transporters (Pellegrino et al., 2011; Friedel et al., 2013) or some other reasons may be responsible for these effects. More detailed calibration analysis of Thy1::Cl-Sensor function in neurons in brain slices may eventually clarify these phenomena.

Rosa26::Cl-SENSOR TRANSGENIC MICE

In a second approach, transgenic mice with Cl-Sensor knocked into the Rosa26 locus were generated. We used an inducible strategy where the Cl-Sensor transgene was integrated into the Rosa26 locus in a reverse orientation. Due to the arrangement of loxP and mutant loxP2272 sites, Cre-mediated recombination induces an inversion of the sensor that can be exploited for tissue specific expression (Luche et al., 2007). To validate this strategy we crossed mice with a sensory neuron specific Cre-driver line, Advillin-Cre (Zurborg et al., 2011), and a myeloid lineage driver LysM-Cre (Clausen et al., 1999). In both approaches, robust expression of Cl-Sensor in DRG neurons and macrophages was observed. Mice were analyzed further to determine basal [Cl]i in these different cell types.

Early reports on intracellular Cl concentration in peripheral neurons were based mainly on measurements of the reversal potential of GABAA receptor mediated Cl currents. These studies demonstrated that in primary afferent neurons, GABAA receptor activation is associated with membrane depolarization, indicating that intracellular Cl concentration is relatively high. (Deschenes et al., 1976; Alvarez-Leefmans et al., 1988). Indeed, [Cl]i in neurons of mammalian DRG has been estimated to be in the range 30–50 mM using both electrophysiological (Alvarez-Leefmans et al., 1988; Kenyon, 2000; Kaneko et al., 2004) and fluorescent imaging methodologies (Rocha-Gonzalez et al., 2008). These values are close to those to obtain in our experiments on dissociated DRG neurons (approximately 58 mM).

The elevated [Cl]i in peripheral sensory neurons appears to be due to the high expression of the Na+ −K+ −Cl− co-transporter (NKCC1) in these cells. In NKCC1 knockout mice, absence of the co-transporter reverses GABA-mediated currents such that strong depolarizing responses elicited by GABA in control mice become hyperpolarizing in NKCC1 null mutants (Sung et al., 2000). Using gramicidin-perforated patch-clamp recording, it has been shown that DRG neurons from wild-type animals have a [Cl]i of approximately 47 mM, while in neurons from NKCC1 knock-out mice this value is much lower at around 25 mM (Sung et al., 2000).

A “whole mount” DRG preparation was used to determine whether [Cl]i is modified by dissociation of cells during preparation of cultures. Importantly, in whole DRG we observed higher intracellular Cl concentrations with a mean value of 71.58 mM. This suggests that in this intact preparation with preserved cellular connectivity and architecture, neurons are maintained in a better condition and NKCC1 is able to operate more effectively at supplying neurons with Cl. Similarly, in a study utilizing two-photon fluorescence-lifetime imaging microscopy of the synthetic Cl indicator MQAE in intact DRG, mean [Cl]i was reported to be 77.2 mM (Gilbert et al., 2007).

To confirm that Rosa26::Cl-Sensor mice can also be used to examine [Cl]i in other non-neuronal cell types, mice were crossed with a LysM-Cre driver line to induce expression in cells of the myeloid lineage. We observed robust expression of Cl-Sensor in macrophages that allowed for calibration of the probe and measurement of basal Cl levels. Interestingly, Cl is considered an important anion for the function of macrophages under normal and pathological conditions, and Cl flux has been described in macrophages at rest (Robin et al., 1971; Castranova et al., 1979) and during phagocytosis (Ince et al., 1988). Furthermore, disrupted Cl efflux was demonstrated in macrophages from patients with cystic fibrosis as a result of defective Cl secretion (Doring and Gulbins, 2009). As yet, however, the distribution and functional regulation of [Cl]i in macrophages has not been extensively explored. In our experiments we estimated the mean concentration of Cl in macrophages to be 65.48 mM. This value is relatively high and may reflect enhanced activity of Cl co-transporters or other as yet unknown mechanisms in these cells.

The constructs described here, in line with other fluorescent proteins from the GFP family, exhibit a relatively high sensitivity to pH variations. Earlier we showed that for Cl-Sensor, a shift of pH by 0.1 units results in a change in the ratio for Cl estimation by at most 6% of the whole dynamic range of the probe (Markova et al., 2008). In addition YFP-based molecules are also sensitive to some organic anions (Jayaraman et al., 2000). These points should be taken into account when using these probes and transgenic animals. To circumvent these problems, a combined Cl/pH sensor was recently described (Arosio et al., 2010) which along with its derivatives (Mukhtarov et al., 2013) allows simultaneous ratiometric measurement of these two ions. For these probes, however, transgenic models have not yet been developed.

In conclusion, we have developed transgenic mice that express Cl-Sensor in different cell types, including neurons. The sensitivity and the fact that the probe is genetically encoded should greatly facilitate non-invasive monitoring of [Cl]i and allow for the analysis of Cl transients in vivo. Transgenic mice expressing Cl-Sensor under the control of cell-type specific promoters provide a novel tool for the functional characterization of intracellular Cl distribution in defined subsets of neurons in various experimental models.
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Genetically encoded proton sensors reveal activity-dependent pH changes in neurons
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The regulation of hydrogen ion concentration (pH) is fundamental to cell viability, metabolism, and enzymatic function. Within the nervous system, the control of pH is also involved in diverse and dynamic processes including development, synaptic transmission, and the control of network excitability. As pH affects neuronal activity, and can also itself be altered by neuronal activity, the existence of tools to accurately measure hydrogen ion fluctuations is important for understanding the role pH plays under physiological and pathological conditions. Outside of their use as a marker of synaptic release, genetically encoded pH sensors have not been utilized to study hydrogen ion fluxes associated with network activity. By combining whole-cell patch clamp with simultaneous two-photon or confocal imaging, we quantified the amplitude and time course of neuronal, intracellular, acidic transients evoked by epileptiform activity in two separate in vitro models of temporal lobe epilepsy. In doing so, we demonstrate the suitability of three genetically encoded pH sensors: deGFP4, E2GFP, and Cl-sensor for investigating activity-dependent pH changes at the level of single neurons.
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INTRODUCTION

Green fluorescent protein (GFP), derived from Aequorea victoria, has become one of the most popular fluorescent reporters for monitoring protein localization and gene expression (Tsien, 1998). This popularity stems from the fact that GFP is genetically encoded, enabling it to be targeted to particular cell types, subcellular compartments, or single proteins. Whilst its use as a simple label has been spectacularly successful, GFP's value as a biosensor is arguably just as important. For instance, protein engineering via targeted mutagenesis of GFP has resulted in variants sensitive to specific ion species, which are relevant to biological mechanisms. These include genetically encoded reporters of Ca2+, Cl−, and H+ ion concentrations (Miyawaki et al., 1997; Kuner and Augustine, 2000; Bizzarri et al., 2006; Markova et al., 2008; Arosio et al., 2010; Zhao et al., 2011). The negative logarithm of H+ ion concentration (pH) is a fundamental cellular parameter that is critical to a series of processes including cell division, metabolism, apoptosis, and cell migration (Opie, 1965; Denker and Barber, 2002; Putney and Barber, 2003; Abad et al., 2004). Within the nervous system, the control of pH has particular relevance for synaptic transmission and the modulation of network excitability (Drapeau and Nachshen, 1988; Tabb et al., 1992; Dulla et al., 2005). Whilst pH affects neuronal activity, neuronal activity itself can generate sizeable shifts in intracellular pH (Ahmed and Connor, 1980; Xiong et al., 2000). This reciprocal relationship means that tools to accurately measure hydrogen ion concentration are important for understanding the role pH plays during the evolution of both physiological and pathological network states. Although GFP-based pH indicators have gained popularity as a marker of synaptic release (Miesenböck, 1998), to our knowledge they have not been utilized to study intracellular hydrogen ion fluxes associated with network activity. Previous work investigating the effect of spiking activity and neuronal depolarization on intracellular pH has relied either on pH-sensitive micro-electrodes or pH-sensitive fluorescent dyes (Rose and Deitmer, 1995; Xiong et al., 2000). Genetically encoded, GFP-based pH reporters offer several potential advantages over these techniques, including single-cell or subcellular targeting, enhanced spatial resolution, no fluorophore leakage and reduced interference with endogenous H+ transport mechanisms (Gatto and Milanick, 1993; Bizzarri et al., 2009).

On this basis we set out to assess a number of genetically encoded pH sensors in terms of their ability to report absolute shifts in intracellular neuronal pH associated with heightened network activity. We chose two genetically encoded ratiometric pH reporters: “deGFP4” (Hanson et al., 2002) and “E2GFP” (Bizzarri et al., 2006), as well as a pH-sensitive chloride indicator, “Cl-sensor” (Markova et al., 2008). With each reporter we quantified the amplitude and time course of neuronal, intracellular, acidic transients associated with epileptiform activity. Two in vitro models of epilepsy revealed that seizure-induced intracellular acidic transients are likely to be an order of magnitude larger than previous estimates, which were based upon measurements made across regions of tissue. Our findings demonstrate the utility of employing GFP-based, genetically encoded pH indicators for investigating activity-dependent pH changes at the single-cell level.

MATERIALS AND METHODS

SLICE PREPARATION AND DNA TRANSFECTION

Rat organotypic hippocampal slice cultures were prepared using a method similar to that described by Stoppini et al. (1991). Briefly, 7-day-old male Wistar rats were killed in accordance with the UK Animals Scientific Procedures Act 1986. The brains were extracted and placed in cold (4°C) Geys Balanced Salt Solution (GBSS), supplemented with D-glucose (34.7 mM). All reagents were purchased from Sigma-Aldrich, unless stated. The hemispheres were separated and individual hippocampi were removed and immediately sectioned into 350 μm thick slices on a McIlwain tissue chopper. Slices were rinsed in cold dissection media, placed onto Millicell-CM membranes and maintained in culture media containing 25% EBSS, 50% MEM, 25% heat-inactivated horse serum, glucose, and B27 (Invitrogen). Slices were incubated at 36°C in a 5% CO2 humidified incubator before transfection. To prevent excessive growth of glial cells, the antimitotic agent ARA-C (10 μM) was added to the culture media on day five or six in culture. Neurons were biolistically transfected after 5–6 days in vitro using a Helios Gene Gun (120 psi; Bio-Rad). The target DNA was either E2GFP as part of pcDNA3-ClopHensor (generously provided by Daniele Arosio, University of Trento; Addgene plasmid #25938), deGFP4 in pEGFP-N1 (generously provided by Jim Remington, University of Oregon) or Cl-sensor in pEGFP-C1 (generously provided by Piotr Bregestovski, INMED, Marseille). 50 μg of target DNA was precipitated onto 25 mg of 1.6 μm diameter gold microcarriers and bullets generated in accordance with the manufacturer's instructions (Bio-Rad). This resulted in sparse transfection rates (typically less than 10 cells per slice) and recordings were performed 2–4 days post-transfection. At the time of recording therefore, transfected neurons were equivalent to postnatal day 14–17.

ELECTROPHYSIOLOGICAL RECORDINGS

Hippocampal slices were transferred to a recording chamber and continuously superfused with 95% O2/5% CO2 oxygenated artificial cerebro-spinal fluid (aCSF), warmed to 32–35°C. The composition of the “standard” aCSF was (in mM): NaCl (120), KCl (3), MgCl2 (2), CaCl2 (2), NaH2PO4 (1.2), NaHCO3 (23), D-Glucose (11). The pH was adjusted to be between 7.35 and 7.40 using NaOH. Two seizure models were used: a “0 Mg2+ model” and a “0 Cl− model.” Seizures were induced either by switching bath perfusion of slices with normal aCSF to nominally Mg2+-free aCSF (0 Mg2+ model: Mg2+ omitted from standard aCSF) or nominally Cl− free aCSF (0 Cl− model: NaCl, MgCl2, and CaCl2 of standard aCSF replaced with 120 mM sodium D-gluconate, 1 mM MgSO4, and 3 mM calcium D-gluconate, respectively). The 0 Mg2+ seizure model is a well-described in vitro model of epilepsy, which promotes excitation by removing the voltage dependent Mg2+ block on NMDA receptors (Anderson et al., 1986; Mody et al., 1987; Gutiérrez et al., 1999; Avoli et al., 2002). The 0 Cl− model of seizures represents the first in vitro model of epilepsy reported in the literature and has since been widely utilized (Yamamoto and Kawai, 1967, 1968, 1969; Chamberlin and Dingledine, 1988; Avoli et al., 1990). It is mechanistically similar to the well-described seizure models that use pharmacological blockade of GABAARs to reduce the efficacy of GABAergic inhibition (Hablitz, 1984; Straub et al., 1996). Removal of Cl− from the aCSF has the added advantage of preventing potential Cl− fluxes that may complicate pH measurements from the pH and Cl− sensitive genetic reporters such as the Cl-sensor (Markova et al., 2008). Only data from seizures that were compatible with the imaging protocols (i.e., seizure duration < 100 s) were analyzed. Patch pipettes of 3–5 MΩ tip resistance were pulled from filamental borosilicate glass capillaries (1.2 mm outer diameter, 0.69 mm inner diameter; Harvard Apparatus Ltd), using a horizontal puller (Sutter P-97). The pipettes were filled with an internal solution containing (in mM): K-gluconate (130), NaCl (10), CaCl2 (0.1333), MgCl2 (2), EGTA (1), KCl (4), and HEPES (10). Osmolarity was adjusted to 290 mOsM and the pH was adjusted to 7.38 with KOH. Neurons were visualized under a 40×, water-immersion objective (Leica SP2 or Olympus BX51WI). Hippocampal CA1 or CA3 pyramidal neurons in close proximity to the transfected neuron of interest (<200 μm between somata) were targeted for whole-cell recordings. All recordings were made in current clamp mode using an Axopatch 1D or Axoclamp 2B amplifier (Axon Instruments). Data was acquired with WinWCP Strathclyde Whole-Cell Analysis software (V.3.9.7; University of Strathclyde) and later combined with pH imaging data during off-line analysis using MATLAB (MathWorks).

RECORDING INTRACELLULAR pH

Concurrent with electrophysiological recordings, the intracellular pH of a transfected CA1 or CA3 pyramidal neuron was measured using the following imaging techniques. For E2GFP transfected neurons, imaging was performed using an upright Leica SP2 AOBS laser scanning confocal microscope equipped with a 40× water immersion objective (NA 0.8). Sequential excitation of E2GFP at 458 and 488 nm was achieved with a multiline argon laser. Emitted fluorescence was detected between 500 and 550 nm using a single photomultiplier tube (PMT) at a constant voltage. To compensate for fluctuations in laser intensity, a custom built laser power sensor (sample rate 10 kHz) was used to record laser power output during imaging (Zucker and Price, 2001; Arosio et al., 2010) and the resulting data was used to correct fluorescence ratios offline.

For deGFP4 and Cl-sensor transfected neurons, imaging was performed using an Olympus FV300 confocal microscope (Olympus, Japan), custom-converted for two-photon imaging and equipped with a MaiTai-HP Ti:sapphire femtosecond pulsed laser (Newport Spectra-Physics, USA). Images were acquired on a PC using Fluoview software (version 5.0, Olympus, Japan). The two-photon system was mounted on an Olympus BX51 upright microscope equipped with a 40× water immersion objective (NA 0.80). Fluorescence was detected using two externally mounted PMTs (R3896, Hamamatsu, Japan). An excitation wavelength of 810 or 850 nm was used for deGFP4 or Cl-sensor, respectively. Emitted fluorescence from deGFP4 was separated using a dichroic mirror at 495 nm and filtered for detection by the two PMTs at 450–490 and 500–550 nm. Emitted fluorescence from Cl-sensor was separated using a dichroic mirror at 510 nm before being filtered for detection at 460–500 and 520–550 nm. Images were exported to the MATLAB environment where background was subtracted and fluorescence averaged within regions of interest selected from the soma of single neurons. Excitation or emission fluorescence ratios (RpH) were converted to pH according to calibration curves collected for each construct.

pH CALIBRATION

Intracellular pH was controlled by equilibrating extra and intracellular ion concentrations using the K+/H+ exchanger nigericin (10 μM) and the Cl−/OH− exchanger tributyltinchloride in a high K+ aCSF containing (in mM) potassium D-gluconate (123), HEPES (23), D-glucose (11), NaH2PO4 (1.2), MgSO4 (2), and calcium D-gluconate (2) (Boyarsky et al., 1988). pH was adjusted with small aliquots of NaOH and, to avoid CO2 dependent pH buffering, aCSF was bubbled with 100% O2. After each adjustment of pH, at least 15 min were allowed for intracellular and extracellular compartments to equilibrate. For each indicator, either an excitation (E2GFP) or emission (deGFP4, Cl-sensor) fluorescence ratio (R) was measured at different intracellular pHs:
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SN and SD are the numerator and denominator of the calculated fluorescence ratio, respectively. The formation of a 1:1 analyte-sensor complex results in an equilibrium described by the Grynkiewicz equation (Grynkiewicz et al., 1985; Arosio et al., 2010), which can be written as follows:
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RA and RB are the values of R for the ratiometric indicator in its most acidic and basic forms, respectively. Likewise, SD,A and SD,B reflect SD in its acidic and basic form. pKa is the acid dissociation constant of the indicator. Calibration data was fitted using the following rearranged version of the above equation:
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This allowed the pKa of each construct to be determined and pHi to be calculated from measured fluorescence ratios (R) during subsequent experiments.

DATA ANALYSIS AND STATISTICS

Data analysis was performed using custom-made programs in the MATLAB environment. Some statistical analysis was also performed using GraphPad Prism version 5.0 (GraphPad Software). Data are reported as mean ± SEM.

RESULTS

DETECTING ACTIVITY-DEPENDENT CHANGES IN pH USING GENETIC REPORTERS

To investigate whether genetic reporters of pH can be used to detect the effect of neuronal network activity upon intracellular pH at a single-cell level, we combined whole-cell patch clamp recordings with simultaneous two-photon or single-photon confocal imaging in hippocampal brain slices (Figure 1). The intracellular pH of individual pyramidal neurons within the CA1 and CA3 regions was measured using one of three genetically encoded ratiometric pH sensors: E2GFP (Bizzarri et al., 2006), deGFP4 (Hanson et al., 2002), or Cl-sensor (Markova et al., 2008), which were delivered by biolistic DNA transfection methods. Hyper-active network states were generated using seizure models that result in periods of synchronized neuronal discharges (see Materials and Methods). The effects upon neuronal activity were monitored by performing whole-cell current clamp recordings from nearby pyramidal neurons (<200 μm between somata). This provided precise information regarding seizure onset, offset, and intensity, without disrupting the physiology of the imaged neuron (Figure 1C). With this arrangement we found that seizure episodes were associated with marked acidic pH transients in neurons (see below). The acidic pH transient typically began at the onset of the seizure (Figure 1C) and pH continued to decrease before reaching a minimum at, or shortly following, the end of the seizure. The pH then recovered to baseline levels in the period between seizure events. Across slices and experiments the network events varied in terms of duration and the signal to noise of the pH measurements was sufficient to detect acidic transients associated with relatively brief periods of network activity (see example in Figure 1C).
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Figure 1. Genetic reporters of pH detect intracellular pH changes during epileptiform activity. (A) A schematic of the experimental setup. A hippocampal pyramidal neuron transfected with a genetically encoded pH indicator was imaged using either two-photon or single-photon confocal microscopy. This allowed dynamic measurement of intracellular pH. A whole-cell patch recording from a neighboring neuron (cell somata <200 μm apart) provided simultaneous readout of seizure activity within the hippocampal slice. (B) A confocal image of a CA3 pyramidal neuron expressing the pH indicator E2GFP. The dashed rectangle demarcates the region of interest used to estimate intracellular pH. (C) Dynamic intracellular pH measurements imaged from the neuron in “b” (lower trace). A neuron in close proximity was whole-cell patched and the membrane potential recorded over time in current clamp mode (upper trace). Perfusion of the slice with 0 Mg2+ induced periods of epileptiform activity characterized by membrane depolarization and high frequency firing, the onset of which is depicted by red dashed lines. Note the marked acidic shifts in pH that are associated with epileptiform activity. Even brief periods of activity were associated with detectable acidic transients (indicated by asterisks).



CALIBRATING GENETICALLY ENCODED pH SENSORS IN HIPPOCAMPAL NEURONS

We first assessed the ability of each pH sensor to report steady-state pH under our imaging conditions. deGFP4, E2GFP, and Cl-sensor showed robust expression in primary hippocampal neurons following biolistic transfection (Figures 2A–C). Each genetic reporter was calibrated by systematically varying extracellular pH in the presence of a proton-permeable ionophore, to achieve known intracellular pH values (see Materials and Methods). E2GFP was used as a ratiometric pH indicator by excitation. The protein was excited sequentially via single-photon excitation at 458 and 488 nm, with emission collected between 500 and 550 nm using a single PMT. The ratio of fluorescence collected using the two excitation wavelengths (RpH = F488/F458) was shown to depend on intracellular pH with a pKa of 7.56 (Figure 2A, right). deGFP4 was employed as a ratiometric pH indicator by emission. A two-photon laser at 810 nm was used to excite the protein, whilst emission was simultaneously recorded at 450–490 and 500–550 nm by two separate PMTs. The fluorescence ratio between these emission windows (RpH = F500−550/F450−490) was found to be dependent upon intracellular pH with a pKa of 7.42 (Figure 2B, right). Cl-sensor was also utilized as a ratiometric pH indicator by emission. This reporter was excited at 850 nm, whilst emission was simultaneously recorded at 460–500 and 500–550 nm by two separate PMTs. Once again, the fluorescence ratio (RpH = F500−550/F460−500) was strongly dependent upon intracellular pH, with a pKa of 7.73 (Figure 2C, right). Under our imaging conditions the noise associated with the pH signal was found to be different for the three reporters (P < 10−7, One-Way ANOVA). Comparing the root mean square (RMS) noise of the intracellular pH signal under baseline conditions revealed that E2GFP exhibited the least noise (RMS = 0.01 ± 0.001 pH), then Cl-sensor (RMS = 0.02 ± 0.001 pH), and deGFP4 exhibited the greatest signal noise (RMS = 0.04 ± 0.004 pH). Nevertheless, for all three pH indicators, the calibration curves presented in Figure 2 allowed absolute neuronal pH to be determined from fluorescence ratios (RpH), independent of protein expression levels.
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Figure 2. Calibration of pH-sensitive GFP variants. (A) A confocal image of a hippocampal CA3 pyramidal neuron expressing E2GFP (left). Calibration curve relating the fluorescence ratio of E2GFP expressing neurons to their intracellular pH (right; n = 4). E2GFP was used as an excitation ratiometric reporter, with excitation at two separate wavelengths (458 and 488 nm) and emitted light collected from a single window (500–550 nm). Intracellular pH was systematically varied by controlling extracellular pH in the presence of a proton-permeable ionophore (see Materials and Methods). Data was fit using established equations (Grynkiewicz et al., 1985; Arosio et al., 2010; see Materials and Methods) and pKa was found to be 7.56. (B) A confocal image of a hippocampal CA3 pyramidal neuron expressing deGFP4 (left). Calibration curve relating the fluorescence ratio of deGFP4 expressing neurons to their intracellular pH (right; n = 7). deGFP4 was used as an emission ratiometric reporter, with excitation at a single wavelength (810 nm) and emission collected simultaneously at two separate windows (450–490 and 500–550 nm). The pH response properties of deGFP4 revealed a pKa of 7.42. (C) A confocal image of a hippocampal CA1 pyramidal neuron expressing Cl-sensor (left). Calibration curve relating the fluorescence ratio of Cl-sensor expressing neurons to their intracellular pH (right; n = 7). Cl-sensor was used as an emission ratiometric reporter, with excitation at a single wavelength (850 nm) and emission collected simultaneously at two separate windows (460–500 and 520–550 nm). The pH response properties of Cl-sensor revealed a pKa of 7.73.



GENETIC pH REPORTERS REVEAL ACIDIC INTRACELLULAR TRANSIENTS DURING 0 Mg2+ INDUCED EPILEPTIFORM ACTIVITY

Previous work using pH-sensitive electrodes or dyes has shown that neurons exhibit acidic shifts during heightened network activity (Rose and Deitmer, 1995; Xiong et al., 2000). Here we made use of pharmacological models of temporal lobe epilepsy to examine whether the ratiometric genetic reporters were able to capture dynamic shifts in pH during seizure activity. Omission of Mg2+ from the brain slice perfusate removes the voltage dependent Mg2+ block on NMDA receptors, which predisposes hippocampal slices to periods of synchronized hyperexcitability (Anderson et al., 1986; Mody et al., 1987; Gutiérrez et al., 1999; Avoli et al., 2002) and resulted in ictal-like seizure events of different durations (mean duration of analyzed seizures was 32.3 ± 1.6 s). Using this epilepsy model, we were able to demonstrate that the genetic pH reporters E2GFP and deGFP4 are able to detect a highly significant negative shift in pH during epileptiform activity (E2GFP: P < 10−10, n = 40, deGFP4: P < 10−7, n = 19, paired t test). As Figures 3A,B demonstrate, intracellular pH for CA3 pyramidal neurons decreases from baseline following the onset of epileptiform activity reaching a minimum at, or shortly following, seizure cessation. Neuronal pH then gradually re-alkalinizes to pre-seizure levels. To compare the pH responses recorded by the two pH reporters, we investigated the relationship between seizure length and the amplitude of maximum pH shift. When utilizing both E2GFP and deGFP4 we observed a strong correlation between seizure duration and maximum pH change (E2GFP: r = −0.8270, P < 0.0001, deGFP4: r = −0.6056, P = 0.0060, Pearson Correlation, Figure 3C). This relationship was indistinguishable for the two genetic reporters (P = 0.4534, Analysis of Covariance), which corroborated the magnitude of the pH shifts that were detected. As such, a linear fit could be applied to the pooled data from both probes and revealed a seizure-associated population shift of –0.005 pH units per second of seizure duration (Figure 3C). When the maximum pH shift from individual seizures was adjusted for a typical seizure duration of 30 s, the mean pH shift for E2GFP neurons was −0.19 ± 0.01 (n = 40) and the mean pH shift for deGFP4 neurons was −0.21 ± 0.03 (n = 19) (Figure 3D).
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Figure 3. 0 Mg2+ induced epileptiform activity induces acidic transients in neurons. (A) The intracellular pH of a hippocampal CA3 pyramidal neuron transfected with E2GFP recorded during an episode of 0 Mg2+ induced epileptiform activity. The onset of epileptiform activity (dashed line) is correlated with the start of a decrease in intracellular pH. The pH continues to decrease during the seizure and reaches a minimum around the time of seizure termination (seizure duration is depicted by the horizontal gray bar), and then recovers to baseline in the post-seizure period. (B) Seizure-associated acidic transients of a similar amplitude were recorded from neurons expressing the pH reporter deGFP4. Although note the greater variance in the signal with this reporter. (C) The magnitude of intracellular acidic transients was directly proportional to seizure duration. This relationship was not dependent on the pH reporter used (P = 0.4534, Analysis of Covariance). (D) Maximum pH shifts normalized to a 30 s seizure had an average amplitude of 0.20 ± 0.1 pH units. This was not different for the two pH reporters (P = 0.3581, t test).



GENETIC pH REPORTERS REVEAL ACIDIC INTRACELLULAR TRANSIENTS DURING 0 Cl− INDUCED EPILEPTIFORM ACTIVITY

Having established the ability of genetically encoded reporters to show pH changes during 0 Mg2+ seizures, we were interested to test their performance in other models of hyper-excitability. GABAA receptors are primarily permeable to Cl− (Hamill et al., 1983). Therefore, by removing Cl− from the aCSF, one is able to profoundly reduce the efficacy of GABAergic inhibition (Yamamoto and Kawai, 1967, 1968, 1969; Chamberlin and Dingledine, 1988; Avoli et al., 1990) Removal of Cl− from the aCSF has the added advantage of preventing potential Cl− fluxes that may complicate pH measurements from the pH and Cl− sensitive genetic reporter Cl-sensor (Markova et al., 2008). Using the 0 Cl− seizure model we were able to demonstrate that the genetic pH reporters Cl-sensor and deGFP4 are also able to measure a highly significant negative shift in pH during epileptiform activity (Cl-sensor: P < 10−22, n = 40, deGFP4: P < 10−14, n = 48, paired t test). The pH response to 0 Cl− seizure activity was qualitatively similar to that observed in response to 0 Mg2+ induced seizures, with activity causing an acidic transient that reached its maximum near the end of epileptiform episodes, before returning to baseline levels between seizure events (Figures 4A,B). Once again a strong relationship between seizure length and the size of maximum pH shift was apparent for both Cl-sensor and deGFP4 expressing neurons (Cl-sensor: r = −0.5751, P = 0.0001, deGFP4: r = −0.4575, P = 0.0011, Pearson Correlation, Figure 4C). The relationship between seizure length and maximum pH shift was statistically indistinguishable for the two sensors (P = 0.4534, Analysis of Covariance), indicating that the values reported were accurate. And when a linear fit was applied to the pooled data this revealed a seizure-induced population shift of −0.0043 pH units per second of seizure (Figure 4C). When the maximum pH shift from individual seizures was adjusted for a seizure duration of 30 s, the mean pH shift for Cl-sensor neurons was −0.16 ± 0.01 (n = 40) and for deGFP4 neurons the mean was −0.15 ± 0.01 pH units (n = 48; Figure 4D).
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Figure 4. 0 Cl− induced epileptiform activity induces acidic transients in neurons. (A) The intracellular pH of a hippocampal CA1 pyramidal neuron transfected with Cl− sensor recorded during an episode of 0 Cl− induced epileptiform activity. Similar to the 0 Mg2+ model, the seizure onset (dashed line) is correlated with the start of a decrease in intracellular pH. The pH continues to decrease during the seizure, reaches a minimum around the time of seizure termination, and then recovers to baseline during the post-seizure period. (B) Similar acidic transients were associated with Cl− induced epileptiform activity in neurons expressing the pH reporter deGFP4. (C) The magnitude of intracellular acidic transients was directly proportional to seizure duration. This relationship was not dependent on the pH reporter (P = 0.2721, Analysis of Covariance, Analysis of Covariance). (D) Maximum pH shifts normalized to a 30 s seizure had an average amplitude of 0.16 ± 0.1 pH units. This did not depend on the pH reporter being used (P = 0.4726, t test).



GENETIC REPORTERS REVEAL DIFFERENCES IN THE KINETICS OF ACIDIC INTRACELLULAR TRANSIENTS

Having established the accuracy and sensitivity of the genetic pH reporters, we investigated whether they were able to detect differences in the kinetics of different seizures. We had observed that 0 Cl− induced seizures tended to show a maximum depolarizing shift in the membrane potential at the onset of the seizure. In contrast, 0 Mg2+ induced seizures tended to reach maximal membrane depolarization at later stages of the seizure (Figures 5A,B). Indeed, across the population data the time of peak membrane potential depolarization relative to seizure duration occurred significantly earlier in 0 Cl− (27.0 ± 1.3% of seizure duration, n = 88) as compared to 0 Mg2+ seizures (70.9 ± 3.2% of seizure duration, n = 59; P < 0.0001, t test, Figure 5C). To address whether these different seizure kinetics were associated with different intracellular pH dynamics we examined the timecourse of the acidic transients recorded, pooling data across the three genetic reporters. Consistent with the membrane potential measurements, we found that the time of the maximum pH shift occurred significantly earlier for 0 Cl− seizures than for 0 Mg2+ seizures (P = 0.0031, t test, Figure 5D). In the case of 0 Cl− the maximum acidic shift was reached at 109.7 ± 3.2% of seizure duration (n = 88), whereas in the case of 0 Mg2+ the maximum acidic shift was reached at 130.5 ± 7.0% (n = 59) of seizure duration. Similarly, intracellular pH returned to baseline more rapidly in the 0 Cl− model than the 0 Mg2+ model. pH recovered by 279.4 ± 12.1% of seizure duration following 0 Cl− seizures (n = 58), whereas it required until 391.5 ± 26.7% of seizure duration to recover following 0 Mg2+ seizures (n = 31, P < 0.0001, t test, Figure 5E). These data are consistent with the timecourse of membrane depolarization recorded in the two epilepsy models (Figure 5C) and indicate that the genetic reporters are able to capture differences in the kinetics of activity-dependent pH changes.
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Figure 5. The kinetics of acidic transients and epileptiform activity differ between seizure models. (A) The membrane potential (upper trace) of a hippocampal CA1 pyramidal neuron during a 0 Mg2+ induced seizure episode (seizure duration of 21 s, indicated by the gray bar). The membrane potential reaches its maximum (red dashed line) midway through the seizure. Simultaneous recording of a neighboring pyramidal neuron's intracellular pH (lower trace) reveals that this does not reach its minimum (red dashed line) until 35 s after the seizure terminates and recovers (green dashed line) by approximately 160 s following the end of the seizure. (B) The membrane potential (upper trace) of a CA1 pyramidal neuron during a 0 Cl− induced seizure episode (seizure duration of 69 s, indicated by the gray bar). Unlike the 0 Mg2+ induced seizure, the membrane potential reaches its peak (red dashed line) almost immediately after the seizure begins. Simultaneous recording of a neighboring pyramidal neuron's intracellular pH (lower trace), reveals that the intracellular pH reaches its minimum (red dashed line) 23 s before the seizure ends and returns to baseline (green dashed line) approximately 105 s after the end of the seizure episode. (C) The time to reach maximum membrane depolarization as a percentage of seizure duration was significantly longer for 0 Mg2+ as opposed to 0 Cl− induced seizures (***P < 0.0001, t test). (D) The time to reach maximum intracellular pH shift as a percentage of seizure duration was also significantly longer for 0 Mg2+ as opposed to 0 Cl− induced seizures (**P = 0.0031, t test). (E) Similarly, the time of pH recovery as a percentage of seizure duration was significantly longer for 0 Mg2+ as compared to 0 Cl− induced seizures (***P < 0.0001, t test).



DISCUSSION

We investigated the potential for genetically encoded pH reporters to measure neuronal intracellular pH transients associated with periods of elevated activity. Using a combination of patch clamp recordings and two-photon or single-photon confocal imaging in hippocampal brain slices, we assessed the performance of three different pH-sensitive fluorescent proteins. All three pH sensors were able to report acidic shifts associated with epileptiform activity, although there were differences in terms of their sensitivity, signal-to-noise and utility for activity-dependent studies. For our study we chose three ratiometric reporters of pH: E2GFP, deGFP4, and Cl-sensor (Hanson et al., 2002; Bizzarri et al., 2006; Markova et al., 2008). While a number of non-ratiometric GFP-derived pH indicators exist, these are susceptible to measurement artefacts caused by variations in excitation path length, indicator concentration, illumination stability, cell thickness, and indicator distribution (Hanson et al., 2002). In addition, non-ratiometric reporters cannot accurately record absolute pH without laborious within cell calibration. In contrast, ratiometric reporters overcome many of these issues. The genetically encoded ratiometric reporters can be classified into two groups, those that are constituted by a single GFP mutant and those that are a fusion of the pH-sensitive YFP with a less pH-sensitive GFP variant such as CFP (Bizzarri et al., 2009). The former group includes ratiometric pHlourin (RaGFP), deGFP4 and E2GFP (Miesenböck, 1998; Hanson et al., 2002; Bizzarri et al., 2006). We utilised deGFP4 as it is the only ratiometric pH indicator that has been convincingly established for two-photon use (Hanson et al., 2002). E2GFP was selected because it is optimally excited with wavelengths that are common to Argon-ion lasers, which facilitates its use with confocal microscopy. Under our conditions we found that deGFP4 and E2GFP could report intracellular pH with a similar pKa. However, data gathered using deGFP4 was considerably noisier, most likely due to the weak fluorescence emitted by deGFP4 in the blue wavelength range (Hanson et al., 2002). E2GFP proved to be an excellent ratiometric indicator by excitation although, as is common to indicators used in this fashion, accurate intracellular pH recordings required us to measure and correct for independent power fluctuations associated with the two excitation laser lines (Arosio et al., 2010).

Reporters based upon YFP fusions include YFpH, pHlameleon, clomeleon, and Cl-sensor (Kuner and Augustine, 2000; Awaji and Hirasawa, 2001; Esposito et al., 2008; Markova et al., 2008). YFP fluorescence is quenched by both Cl− and H+ ions and, as a result, YFP fusion proteins are sensitive to both intracellular pH and Cl− concentration (Jayaraman et al., 2000). This dual sensitivity complicates the interpretation of in vivo measurements using these probes, particularly as neuronal processes often involve either the related, or independent, flux of both Cl− and H+ ions (Tabb et al., 1992; Doyon et al., 2011). Attempts to reduce the Cl− sensitivity of YFP by inducing mutations in the Cl− binding pocket produced mutants with a low pKa, that is less suited for physiological pH measurements (Griesbeck et al., 2001). We circumvented the issue of dual sensitivity by utilizing a Cl− free model of epilepsy in order to test the pH sensitivity of the YFP fusion protein, Cl-sensor. This ensured that the activity-dependent fluctuations in fluorescence ratio we recorded could be attributed to changes in intracellular H+ ion concentration. Under these specific conditions, Cl-sensor proved to be an excellent ratiometric pH indicator by emission, with a signal to noise ratio comparable to that of E2GFP. This shows that Cl-sensor can be used as a reporter of intracellular pH dynamics and equally that the dual ion-sensitivity of this reporter (and presumably that of closely related YFP fusion proteins such as Clomeleon) should be considered when examining activity-dependent changes (Kuner and Augustine, 2000). One additional point is that despite employing two-photon excitation, pH measurements using Cl-sensor sometimes exhibited slow baseline drift, presumably as a result of the differential bleaching rates experienced by the YFP as opposed to the CFP fluorophore (Tramier et al., 2006; Bregestovski et al., 2009).

Previous studies investigating activity-dependent intracellular pH transients have employed either pH-sensitive microelectrodes or pH-sensitive dyes (Rose and Deitmer, 1995; Xiong et al., 2000). Due to their size, the use of microelectrodes to measure pH has been mostly confined to large neurons. pH-sensitive dyes meanwhile are widely used to report intracellular pH and several classes exist including fluoresceins, benzoxanthenes, rhodols, and pyrenes. The fluorescein derivatives, 2′-7′-bis (carboxyethyl)-5(6)-carboxyfluorescein (BCECF) and carboxyseminaphthorhodafluor- I (carboxy-SNARF-1) are by far the most popular. These two dyes are suitable for use as ratiometric pH indicators and have desirable optical properties. In addition, both dyes are available as acetoxymethyl (AM) esters, which facilitates intracellular loading without the use of micropipettes. However, fluorescein dyes have a potentially significant disadvantage, which may be particularly relevant to studies of activity-dependent proton fluxes within the nervous system. Fluorescein analogues have been shown to inhibit the Ca2+/H+ ATPase (Gatto and Milanick, 1993; Chesler, 2003). This ATP dependent transporter extrudes Ca2+ in exchange for H+. As Ca2+ influx is a primary feature of neuronal membrane depolarization, the restoration of low Ca2+ via this exchanger is thought to be an important mechanism by which protons accumulate during neuronal activity (Schwiening et al., 1993; Svichar et al., 2011).

Employing three different genetically encoded pH indicators and two separate models of epilepsy we show that epileptiform activity lasting on the order of 30 s generates intracellular acidic shifts of between 0.1 and 0.3 pH units. This is an order of magnitude larger than previous estimates (Xiong et al., 2000), and there are several possible explanations for this difference. Firstly, in contrast to Xiong et al. who employed a non-synaptic Ca2+ free model of epileptiform activity, we utilized models that left the majority of synaptic transmission intact and either elevated synaptic excitation (0 Mg2+) or reduced synaptic inhibition (0 Cl−). As Ca2+ is known to accompany neuronal activity, the role of H+ import via the Ca2+/H+ ATPase (see above) may contribute to the observed difference in acidic transient magnitude observed. Another factor is likely to be the differences in tissue imaging. Xiong and colleagues averaged fluorescence changes across regions of tissue, which presumably included different cell types and fluorescence from dye that is not exposed to pH changes. By restricting our imaging to individual hippocampal pyramidal neurons, the data from the genetic reporters should more accurately reflect the magnitude of seizure-induced intracellular acidic transients, at least in this cell type. It is also unknown whether differences in intracellular pH buffering power exogenously introduced by the separate reporters could explain the observed differences. Nonetheless, our observations suggest that the degree of acidification is more pronounced than previously appreciated and this should be considered in future studies of network activity and epilepsy. Our simultaneous recordings also enabled us to assess the temporal properties of seizure-induced acidic transients in hippocampal pyramidal neurons. Consistent with previous work, we found that the time of maximum acidity correlated with seizure termination (Xiong et al., 2000). This is consistent with the idea that activity-dependent intracellular acidification may serve as a local feedback signal that dampens network excitability (Chesler, 2003). We were also able to detect differences in the temporal properties of pH shifts induced by the two separate seizure models. The 0 Mg2+ seizure model resulted in maximum pH shifts and recovery times that occurred relatively later than those induced by the 0 Cl− seizure model. This most likely reflects the fact that following seizure onset, 0 Mg2+ seizures typically displayed a progressive increase in seizure intensity, whilst the 0 Cl− seizures reached maximum depolarization almost immediately after the start of the seizure. These observations suggest that the pattern of neural activity is linked to the kinetics of pH changes and it will be interesting to explore this relationship in future studies.

The current study did not investigate the molecular mechanisms underlying seizure-induced acidification. It should also be noted that any measured change in pH during activity is necessarily a function of both the proton flux into the cell cytoplasm and its intracellular pH buffering capacity (Chesler, 2003). At least three major processes are likely to be involved in seizure-induced acidification. Firstly, as described earlier, a fall in pH is linked to the activity induced entry of Ca2+ due to the function of Ca2+/H+ ATPases located in the plasma membrane and endoplasmic reticulum (Schwiening et al., 1993; Makani and Chesler, 2010). Secondly, prolonged neural activity will increase the production of metabolic acids such as CO2 and lactate (Wang et al., 1994). And thirdly, the intense GABAAR activation that accompanies seizure activity has been shown to result in considerable HCO−3 efflux and a resulting intracellular acidification (Pasternack et al., 1993; Trapp et al., 1996). The relative contribution of these different acidification mechanisms in the two seizure models that we examined is uncertain, as are potential differences in intracellular buffering capacity. For instance, it is possible that longer periods of sustained high frequency action potential activity during 0 Mg2+ seizures may mean that Ca2+ entry and metabolic demand could be greater in this model of epileptiform activity. Meanwhile, as HC0−3 is the only ion that is able to traverse GABAARs in the absence of Cl−, acidification as a result of HC0−3 efflux may play a relatively more important role in eliciting acidic transients in the 0 Cl− seizure model. This highlights that it will also be interesting to examine how the recruitment of different acidification mechanisms influences the kinetics of activity-dependent pH changes in neurons.

Although our study did not include measurement of pH shifts in the extracellular space, previous work has demonstrated that seizures and stimulated activity are associated with an initial extracellular alkaline shift followed by a prolonged acidosis (Caspers and Speckmann, 1972; Urbanics et al., 1978). Our study supports these observations in that the initial intracellular acid shift in neurons would be predicted to cause an extracellular alkalinisation as acid equivalents enter the cell, whilst the post-seizure recovery from acidosis would likely result in a prolonged extracellular acid transient. A small number of studies have also described a rapid extracellular acidic transient preceding the biphasic response described above (Krishtal et al., 1987). This is presumably due to vesicular protons released during synaptic transmission (DeVries, 2001), however a glial source of protons cannot be excluded (Grichtchenko and Chesler, 1994).

In summary, we demonstrate the utility of employing GFP-derived, genetically encoded pH reporters for quantifying intracellular pH in the context of changing neuronal activity. Future work may leverage the advantages of this technique to investigate potential differences in pH response dynamics according to different network states, activity patterns, cell type, and subcellular compartment.
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Genetically encoded calcium indicators for multi-color neural activity imaging and combination with optogenetics
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Genetically encoded calcium indicators (GECIs) are powerful tools for systems neuroscience. Here we describe red, single-wavelength GECIs, “RCaMPs,” engineered from circular permutation of the thermostable red fluorescent protein mRuby. High-resolution crystal structures of mRuby, the red sensor RCaMP, and the recently published red GECI R-GECO1 give insight into the chromophore environments of the Ca2+-bound state of the sensors and the engineered protein domain interfaces of the different indicators. We characterized the biophysical properties and performance of RCaMP sensors in vitro and in vivo in Caenorhabditis elegans, Drosophila larvae, and larval zebrafish. Further, we demonstrate 2-color calcium imaging both within the same cell (registering mitochondrial and somatic [Ca2+]) and between two populations of cells: neurons and astrocytes. Finally, we perform integrated optogenetics experiments, wherein neural activation via channelrhodopsin-2 (ChR2) or a red-shifted variant, and activity imaging via RCaMP or GCaMP, are conducted simultaneously, with the ChR2/RCaMP pair providing independently addressable spectral channels. Using this paradigm, we measure calcium responses of naturalistic and ChR2-evoked muscle contractions in vivo in crawling C. elegans. We systematically compare the RCaMP sensors to R-GECO1, in terms of action potential-evoked fluorescence increases in neurons, photobleaching, and photoswitching. R-GECO1 displays higher Ca2+ affinity and larger dynamic range than RCaMP, but exhibits significant photoactivation with blue and green light, suggesting that integrated channelrhodopsin-based optogenetics using R-GECO1 may be subject to artifact. Finally, we create and test blue, cyan, and yellow variants engineered from GCaMP by rational design. This engineered set of chromatic variants facilitates new experiments in functional imaging and optogenetics.

Keywords: calcium imaging, genetically encoded calcium indicator, multi-color imaging, protein engineering, optogenetics

INTRODUCTION

Together, recent advances in modern microscopy and improved genetically encoded calcium indicators (GECIs) have revolutionized systems neuroscience by allowing chronic simultaneous optical recording from genetically targeted neuronal populations in vivo. Calcium is a ubiquitous second messenger, playing an essential role in all aspects of physiology, specifically in neurons and other excitable cells (Burgoyne, 2007). Calcium ions (Ca2+) are transported into neurons both by action potential (AP) firing and synaptic input (Jaffe et al., 1992; Denk et al., 1996). Spike number, timing, frequency, as well as levels of synaptic input, can all be quantified by measuring changes in intracellular free [Ca2+] (Yasuda et al., 2004). GECIs are prominent tools to monitor [Ca2+] in defined cells and intra-cellular compartments (Mank and Griesbeck, 2008; Mao et al., 2008; Dreosti et al., 2009; Hou et al., 2009; Rothermel et al., 2009; Shigetomi et al., 2010). The most optimized GECIs are single-wavelength green indicators based on the original GCaMP sensor (Nakai et al., 2001). Improvements have been facilitated both by crystal structure determination in the Ca2+-free and Ca2+-bound states (Wang et al., 2008; Akerboom et al., 2009), and high-throughput screening in bacterial colonies (Ibraheem et al., 2011; Zhao et al., 2011a; Akerboom et al., 2012b) and lysates (Tian et al., 2009). A number of engineered variants of GCaMP have been published (Ohkura et al., 2005; Tallini et al., 2006; Tian et al., 2009; Muto et al., 2011); of these the GCaMP5 indicators (Akerboom et al., 2012a) show the best performance in detecting APs in neurons. GCaMP sensors have been deployed in a number of model organisms, and facilitate experiments such as imaging Ca2+ transients during development in transgenic mice (Zariwala et al., 2012), in vivo imaging of layer 5 cortex (Mittmann et al., 2011), chronic measurements of circuit dynamics accompanying motor task learning (Huber et al., 2012), and monitoring whisker sensory-motor integration in cortical synaptic terminals (Petreanu et al., 2012).

Sufficient structure/function relationships are known for GCaMP (Wang et al., 2008; Akerboom et al., 2009) and its constituent molecules, calmodulin (CaM) (Chou et al., 2001; Faas et al., 2011; Stigler and Rief, 2012) and green fluorescent protein (GFP) (Ormo et al., 1996; Tsien, 1998), to allow specific, semi-rational manipulation of critical sensor parameters including: Ca2+ affinity, on- and off-kinetics, protein stability, expression/degradation profiles, and baseline and activated fluorescence levels (Akerboom et al., 2009, 2012b; Tian et al., 2009). One characteristic that until recently has largely been unexplored (Zhao et al., 2011a) is sensor color.

Modulation of the color of GFP and related proteins is well established. Direct mutation of the side-chains comprising the GFP chromophore can tune excitation/emission; specifically, the mutations Phe64Leu, Thr65Ser, and Tyr66His produce a blue fluorescent protein (BFP) (Heim et al., 1994), and Tyr66Trp produces a cyan variant (CFP) (Heim and Tsien, 1996). The Thr203Tyr mutation produces a pi-stacking interaction with the GFP chromophore that red-shifts fluorescence, creating a yellow fluorescent protein (YFP) (Ormo et al., 1996). A number of improved variants of the original BFP, CFP, and YFP have been published, often by mutating positions near the chromophore to improve folding, maturation, brightness, and photostability (Griesbeck et al., 2001; Nagai et al., 2002; Rizzo et al., 2004; Nguyen and Daugherty, 2005; Ai et al., 2006, 2007; Kremers et al., 2006, 2007; Mena et al., 2006; Goedhart et al., 2010). A red variant of GFP has also been published (Mishin et al., 2008), but it is quite dim.

Mutations producing chromatic variants of FPs can easily be grafted onto sensors derived from them. In spite of this, until recently (Zhao et al., 2011a) the only available color of single-wavelength GECI was green [camgaroo (Yu et al., 2003), pericam (Nagai et al., 2001), and the Case sensors (Leder et al., 2010) were engineered from EYFP but have GFP-like green fluorescence]. For analytes other than Ca2+, sensors with several different colors have been constructed: Hyper, a yellow peroxide sensor (Belousov et al., 2006); blue, cyan, green, and yellow sensors for maltose (Marvin et al., 2011); a yellow sensor of molecular strain (Ichimura et al., 2012); Frex, a yellow sensor of NADH (Zhao et al., 2011b); PermELI, a yellow estrogen sensor (Picazo et al., 2011); and a yellow indicator of ATP:ADP ratio (Berg et al., 2009).

Extending the color palette greatly increases the potential of GECIs: multi-color imaging of different cell types and organelles could reveal inter- and intra-cell signaling events; red-shifted indicators would reduce tissue scattering, phototoxicity, and background fluorescence, facilitating deep imaging; non-green sensors could be used in animals already expressing a green FP; and perhaps most importantly, color-shifted indicators could seamlessly integrate into optogenetics experiments. Optogenetic manipulation of cells via light-modulated ion proteins, such as the microbial opsins (Yizhar et al., 2011a) or photoactivated cyclases (Stierl et al., 2011), combined with functional imaging of genetically encoded sensors, could elucidate the input/output interactions both within single cells and between neurons. However, the GCaMP excitation spectrum overlaps the action spectra of commonly used activators and silencers, such as channelrhodopsin-2 (ChR2) (Nagel et al., 2003, 2005; Boyden et al., 2005), archaerhodopsin-3 (Arch) (Chow et al., 2010), and halorhodopsin (HR) (Zhang et al., 2007). Currently, imaging GCaMP fluorescence without overly activating ChR2 is only possible with dim excitation light, resulting in weak fluorescent signals and low signal-to-noise ratio (SNR) (Guo et al., 2009). Using a red-shifted GECI in concert with the blue-activated ChR2 could allow activating and imaging lasers to be used at full intensity.

We first sought to create a family of chromatic variants of GCaMP by structure-guided design and random screening, and compare those to the color variants recently published (Zhao et al., 2011a). Initially, we made mutations in and around the chromophore in GCaMP3, by grafting mutations of GFP that produce blue (Heim et al., 1994), cyan (Heim and Tsien, 1996), yellow (Ormo et al., 1996), and red (Mishin et al., 2008) fluorescent proteins. Of these, the blue, cyan, and yellow variants (“BCaMP,” “CyCaMP,” and “YCaMP,” respectively) displayed spectral shifts comparable to the GFP variants and were optimized by subsequent mutagenesis. However, the red variant of GCaMP3 did not display any fluorescence and this variant was not pursued further. To create a red GECI, we selected the red fluorescent protein (FP) mRuby (an engineered variant of eqFP611 exhibiting high thermodynamic stability and monomericity) (Kredel et al., 2009) and replaced cpEGFP with circularly permuted mRuby in the GCaMP3 scaffold. Subsequent systematic engineering produced a red GECI (“RCaMP”). High-resolution crystal structures of mRuby in several states, as well as a structure of a Ca2+-loaded RCaMP variant, aided optimization of the red GECI scaffold to useful performance levels. Furthermore, the high-resolution structure of Ca2+-loaded R-GECO1 explains mutagenesis data and presents the opportunity for structure-guided optimization of this sensor as well.

We thoroughly characterize the new RCaMPs, both under single- and two-photon illumination, and present a number of novel applications. We demonstrate 2-color red/green calcium imaging both intra-cellularly (mitochondria and cytoplasm) and inter-cellularly (neurons and astrocytes). We show in vivo RCaMP imaging in worms, fly larvae, and zebrafish. We demonstrate integrated optogenetics experiments with RCaMP and ChR2, both in cells and in vivo in partially restrained worms, and make a comparison with GCaMP and the red-shifted opsin C1V1 (Yizhar et al., 2011b), and to recently published (but potentially artifactual) use of ChR2 with R-GECO1 and its mutants (Chang et al., 2012; Ohkura et al., 2012). Finally, we present a thorough spectral characterization of RCaMP and R-GECO1 focused on multicolor/optogenetics implementation. We compare two-photon bleaching of RCaMP and mRuby to the red Ca2+ sensor R-GECO1 (Zhao et al., 2011a).

We find that R-GECO1 shows dramatic reversible photoactivation and fast multi-state photobleaching that complicate implementation of the sensor, whereas RCaMP sensors are spectrally pure, brighter than R-GECO1 under 2-photon excitation and show no photoswitching. The new RCaMP sensors are the only currently available reagents for artifact-free, simultaneous optogenetics and functional imaging, and as such enable a host of qualitatively new experiments.

RESULTS

STRUCTURE-GUIDED ENGINEERING OF COLOR-SHIFTED GECIs

We initially mutated GCaMP3 (Tian et al., 2009) to incorporate sets of the core mutations of EBFP, ECFP, and EYFP: in GCaMP3 numbering Phe221Leu/Thr222Ser/Tyr223His (“BCaMP1a”); Tyr223Trp (“CyCaMP1a”); and Val116Tyr/Lys119Val (GCaMP3 incorporates the Thr116Val mutation; “YCaMP1a”). CyCaMP1a and YCaMP1a were fluorescent and responded to in vitro calcium changes [(ΔF/F)max = 2.6 ± 0.1, s.d., n = 3; and (ΔF/F)max = 3.0 ± 0.1, s.d., n = 3, respectively] (Table 1), whereas BCaMP1a was fluorescent but not a sensor. The Cerulean (Rizzo et al., 2004) mutation Ser229Ala (GFP numbering Ser72Ala; Cerulean also has mutations at GFP positions 145 and 148, but these positions are absent in GCaMP) resulted in higher apo brightness and lower (ΔF/F)max (1.9 ± 0.3, s.d., n = 3) in CyCaMP1b (Table 1, Figure 1B). YCaMP1a was improved by the incorporation of the Citrine (Griesbeck et al., 2001) mutations Thr65/222Gly, Val68/225Leu, Gln69/226Met, and Ser72/229Ala, resulting in YCaMP1b [(ΔF/F)max = 9.2 ± 0.4, s.d., n = 3] (Table 1, Figure 1C). We incorporated the EBFP2 (Sato et al., 2007) and Azurite (Mena et al., 2006) mutations into BCaMP1a, but these did not result in improved variants. Screening variants of the M13pep-cpFP linker (“linker1”) produced a variant BCaMP1b, with amino acids Leu-Glu replaced by Met-Pro, with (ΔF/F)max of 0.9 ± 0.2 (s.d., n = 3; Table 1). A cpFP-CaM linker (“linker2”) variant BCaMP1c with Phe-Pro instead of Thr-Arg, had a (ΔF/F)max of 2.0 ± 0.1 (s.d., n = 3; Table 1, Figure 1A). The combination of the two linker variants resulted in a poor sensor (data not shown).

Table 1. Biophysical characteristics of GECIs.
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Figure 1. Biochemical characterization of BCaMP, CyCaMP, and YCaMP. Schematic for each color variant is given. For all variants, the lighter-colored lines indicate calcium-saturated spectra, darker-colored lines indicate calcium-free spectra. The dotted line in the 2-photon graph indicates ΔF/F, in the pH graph it indicates the difference in fluorescence (%). (A) BCaMP1c, (B) CyCaMP1a, (C) YCaMP1b.



INITIAL ENGINEERING OF THE RCaMP SCAFFOLD

A red-colored (albeit quite dim) variant of Aequorea victoria GFP has been published (Mishin et al., 2008); we made the corresponding mutations to GCaMP3, but the resulting protein displayed no fluorescence (data not shown). Subsequently, we circularly permuted the red FP mCherry (Shaner et al., 2004) and replaced cpGFP in GCaMP3 with cp-mCherry; this protein was not fluorescent either (data not shown), in agreement with the absence of chromophore formation in cp-mCherry described previously (Carlson et al., 2010). We therefore selected another protein, mRuby (Kredel et al., 2009), as a template for a red calcium indicator. We reasoned mRuby would be more amenable to circular permutation because of its robust thermodynamic stability. Its parental protein, eqFP611, has been shown to contain a trans-conformation of its chromophore (Petersen et al., 2003), shifting the tyrosyl moiety of the chromophore in between β-strands 7 and 8 of the FP barrel. Interestingly, mutagenesis of eqFP611 to RFP639 shifts the chromophore to the cis-conformation (Nienhaus et al., 2008), bringing the tyrosyl moiety in close proximity to strand 10 as well. We therefore tried two different circular permutations, at residues 159 (strand 7) and 196 (strand 10), and additionally tried swapping the M13pep and CaM domains in each circular permutation (see Figure 2A for a schematic of the RCaMP family). The RCaMP scaffold with the circular permutation at the same region as GCaMP (after amino acid 159), sandwiched between N-terminal M13pep and C-terminal CaM in the same positions, was very dimly fluorescent in Escherichia coli colonies after prolonged (4 days) incubation at 4°C; the other scaffolds were not fluorescent (not shown) and abandoned during further optimization.


[image: image]

Figure 2. RCaMP engineering and in vitro characterization. (A) Schematic of the RCaMP design process. The star indicates a deletion of two histidines in the poly-histidine tag in RCaMP1f. Numbering is based on RCaMP-AI. (B) Size exclusion chromatogram of purified Ca2+-RCaMP1h. (C) Calibration curve calculated from molecular weight standards and the estimated mass of RCaMP (47 kD) based on elution volume (bottom). The calculated mass of RCaMP is ~49.2 kD, indicating that RCaMP exists primarily as a monomer in solution. (D) SDS-PAGE of mRuby, RCaMP variants, and R-GECO1. Lane M indicates molecular size marker SeeBlue Plus 2 (Invitrogen). The calculated mass of RCaMP is 49.2 kD (for R-GECO1, 46.9 kD), and the fragments resulting from imine hydrolysis at the chromophore are calculated as 23.2 and 25.9 kD (for R-GECO1, 20.8 and 26.1 kD). For mRuby the calculated masses are 29.3 kD for full-length and 10.9 kD and 18.4 kD for the putative fragments (calculated with AphaEase FC, Genetic Technologies Inc., USA). (E) Ca2+ titrations of purified protein (left). Right: Hill plot of data shown left with linear range of sensors at lower calcium concentrations. (F) In vitro spectroscopic analysis of RCaMP1f (from left to right): Absorption, emission, 2-photon spectra, and pH titrations. 2-photon spectra were acquired from 700–1080 nm with Ti: Sapphire illumination, and from 1080–1260 nm with OPO illumination.



Random mutagenesis of linker1 (M13pep-to-cp-mRuby; originally the same Leu59-Glu60 as in GCaMP, from the translated XhoI site) resulted in four variants (Pro-Arg-Ile, Cys-Ile, Arg-Ile, Ala-Ile) with faster onset of fluorescence in E. coli (~1 day). The variants expressed well in E. coli and eluted as monomers during size exclusion chromatography (SEC) (Figures 2B,C). Denaturing SDS-PAGE gels showed that the RCaMPs exhibit a significant population of backbone-cleaved species (Figure 2D). Of the four variants, the Ala-Ile linker variant (“RCaMP-AI”) showed the largest (ΔF/F)max (2.6 ± 0.1, s.d., n = 3) (Table 1, Figure 2E) and was selected for further optimization. A spontaneous mutation that arose during gene assembly (Asp114Ser) was also incorporated into RCaMP (Table 1). Fluorescence spectra of purified RCaMP-AI with 450 nm excitation indicated the presence of a substantial green fluorescent component (not shown), potentially from incomplete maturation of the red species by stalling in a green intermediate state, as proposed for the red FP zFP574 (Ivashkin et al., 2011). To optimize maturation, we performed error-prone PCR of the RCaMP-AI template and screened E. coli colonies for variants with faster and more complete red chromophore maturation. This produced RCaMP1a, with the additional mutations Ala112Tyr and Thr364Ile (Table 1).

CRYSTAL STRUCTURES OF mRuby, RCaMP, AND R-GECO1

To aid our protein engineering efforts, we sought to solve the crystal structures of mRuby, RCaMP, and R-GECO1. Structural information on the parent protein of mRuby, eqFP611 (86% sequence identity with mRuby), has been published (Petersen et al., 2003), however, no protein structure of mRuby was available at the time of initial RCaMP engineering, hampering optimization efforts. It has previously been shown that pH can have a large effect on chromophore conformation in red FPs (Battad et al., 2007; Pletnev et al., 2008; Pletneva et al., 2011); therefore we determined the crystal structure of mRuby at two different pHs: 4.5 and 8.5 (Table 2). The large difference in pH had no notable effect on overall mRuby protein structure (RMSD = 0.13 Å for 208 Cα atoms). The structure of mRuby at pH 8.5 shows a trans-isomer of the red 2-(iminomethyl)-4-(4-hydroxybenzylidene)-imidazol-5-one chromophore, while the structure at pH 4.5 shows a mixture of ~60% trans and ~40% cis. Similar pH-dependent cis-trans conformational changes also occur in the related FP eqFP578 (Pletneva et al., 2011) (70% sequence identity with mRuby). For other RFPs [mKate (Pletnev et al., 2008), Katushka (Pletneva et al., 2011) and RtmS5-H148S (Battad et al., 2007); 68, 67, and 51% sequence identity with mRuby, respectively], an opposite pH-induced isomerization of the chromophore has been described. The RMSD between mRuby and eqFP611 is 1.11 Å for 195 common Cα atoms, with the largest differences in surface loops resulting from different crystal packing. It was previously shown that the equilibrium of cis-trans isomers of the chromophore in eqFP611 can be influenced by altering the hydrogen-bonding network surrounding the chromophore (Nienhaus et al., 2008), further complicating the predictability of RCaMP chromophore behavior. To directly observe the chromophore orientation and the structure and extent of cp-mRuby/CaM packing interactions, both of which assisted GCaMP engineering (Akerboom et al., 2009, 2012a; Tian et al., 2009), we solved the crystal structure of the early RCaMP variant RCaMP1a.

Table 2. X-ray diffraction data collection and model refinement statistics.
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RCaMP1a was crystallized in the Ca2+-bound form and its structure was determined to 2.1 Å resolution by molecular replacement (Table 2). RCaMP crystallized as a monomer, consistent with solution measurements (Figures 3A, 2B, C).
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Figure 3. Crystal structures of RCaMP, mRuby, and R-GECO1. (A) Crystal structures of Ca2+-bound RCaMP, GCaMP, and R-GECO1 in two orthogonal views. The fluorescent protein domain of each sensor was superimposed. Labels indicate the coloring of the domains of RCaMP; coloring of GCaMP and R-GECO1 is identical except that the cpGFP domain is colored green. (B) Ribbon diagram of the superimposed circularly permuted fluorescent protein domains of RCaMP and GCaMP illustrating structural differences at the circular permutation site. Coloring is the same as in (A). Linker connections to the M13 peptide and CaM domains are labeled. (C) Superposition of the cp-mRuby domain of RCaMP with mRuby. Amino acids are displayed as thin sticks, except the chromophore and select chromophore-interacting residues, which are shown as thicker sticks. RCaMP is additionally displayed as a cartoon, colored as in (A). mRuby is colored cyan. Select hydrogen bonds are displayed as dashed lines. View is oriented and clipped to show the center of the fluorescent protein barrels. (D) The chromophores and preceding amino acid of RCaMP (top, red) and mRuby (bottom, cyan) with the 2Fo-Fc omit electron density map contoured at 1σ superimposed. Note the absence of electron density in RCaMP, indicating backbone cleavage. (E) Proposed hydrolysis of the peptide bond in RCaMP. Atoms involved in the extended π-system of the fluorescent chromophore in red. (F) Ribbon depiction of RCaMP with sites of engineering shown as black spheres, with corresponding amino acid number shown. Orientation is as shown for (A). (G) As in (F), but for R-GECO1. Depicted sites of engineering from Zhao et al. (2011a). (H) In Ca2+-bound R-GECO1, Lys78 forms an ionic hydrogen bond with the chromophore, stabilized by Ser62.



Although the mRuby circular permutation was based on GCaMP, large differences between RCaMP and GCaMP in both the orientation of, and interface between, the CaM/M13 complex and the cpFP domain can be seen (Figures 3A,B). The CaM/M13 complex of Ca2+-RCaMP is generally similar to that of Ca2+-GCaMP (RMSD of 1.9 Å for 152 common Cα atoms), but adopts a slightly more closed and compact conformation. The cp-mRuby domain of RCaMP is structurally very similar to mRuby, with an RMSD of 0.5 Å for 209 Cα atoms. Strikingly, unlike GCaMP, there is no large opening in the side of the FP β-barrel created by the circular permutation of the mRuby domain in Ca2+-bound RCaMP (Figure 3B); the termini of cp-mRuby cross close to one another and produce minimal disruption to the β-barrel. In contrast to the construction of the original GCaMP protein (Nagai et al., 2001), no amino acids of mRuby were replaced by linker amino acids. As a consequence of the circular permutation, though, linker amino acids partake in β-barrel formation in the cp-mRuby domain of RCaMP1a: residue Asn143 of mRuby, which directly hydrogen bonds the phenolate oxygen of the chromophore, is spatially substituted by Thr294 of the second linker of RCaMP (Figure 3C); the crystal structure shows that the asparagine (Asn61 in RCaMP) is co-opted into the first linker. Mutagenesis of this threonine to any other amino acid, or deletion of amino acids to generate an opening similar to GCaMP, greatly diminishes fluorescence of RCaMP (data not shown).

In contrast with the chromophore in the structure of mRuby crystallized at pH 8.5, the RCaMP structure (crystallized at pH 7.5) shows the (4-hydroxybenzylidene)-imidazol-5-one moiety of the chromophore to be a cis-isomer (Figures 3C,D). Superimposition of both mRuby structures and the cp-mRuby domain of RCaMP demonstrates a slight (~1 Å) shift of the RCaMP chromophore (red structure in Figure 3C) relative to both isomers of the mRuby chromophore (cyan in Figure 3C). Closer inspection of the electron density map for the RCaMP chromophore revealed a discontinuity between Phe213 and Met214, which forms part of the chromophore (Met214-Tyr215-Gly216) (Figure 3D). The electron density map is consistent with imine hydrolysis of the RCaMP chromophore, resulting in a ketone on Met214, maintaining the extended π-conjugation of the red chromophore (thus 2-acyl-4-(4-hydroxybenzylidene)-imidazol-5-one), and an amide on Phe213 (Figures 3D,E). This imine hydrolysis results in a discontinuity in the polypeptide backbone of RCaMP, also observed by SDS-PAGE of purified protein samples (Figure 2D). R-GECO1 showed a comparable level of backbone cleavage, with two smaller protein bands corresponding to imine hydrolysis of the chromophore (Figure 2D). The electron density map for mRuby shows no significant imine hydrolysis (Figure 3D). However, after boiling in the presence of the reducing agent 2-mercaptoethanol during sample preparation for SDS-PAGE, cleavage products can clearly be detected (Figure 2D), in agreement with structural and SDS-PAGE analysis of the red FP DsRed (Gross et al., 2000). Equivalent amide hydrolysis is reported for the photoactivatable Kindling Fluorescent Protein (asFP595) (Tretyakova et al., 2007). Interestingly, cp-mRuby does not show significant levels of imine hydrolysis (Figure 2D), and also lacks chromophore formation (not shown). The red-shifting (~15 nm excitation, ~4 nm emission) of the RCaMP chromophore relative to mRuby may result from rearrangements around the chromophore, as seen for eqFP611, RFP611, RFP618, RFP630, and RFP639 (Kredel et al., 2008), or from planarization following chromophore hydrolysis.

In addition to mRuby and RCaMP, we also crystallized R-GECO1 (Zhao et al., 2011a) in the presence of Ca2+ and solved the crystal structure to 2.2 Å by molecular replacement (Table 2). Strikingly, the position of the CaM domain relative to cp-mApple is distinct from that seen in RCaMP and GCaMP (Figure 3A)—the homology model used during R-GECO1 design (Zhao et al., 2011a)—underlining the importance of structure determination in protein engineering. Many of the mutations incorporated into the R-GECO1 sensor during initial screening and selection (Zhao et al., 2011a) are concentrated at the proto-interface between mApple and CaM (Figure 3G), as is the case for RCaMP (Figure 3F). Three residues of the M13pep-cp-mApple linker (Val60, Val61, and Ser62) make hydrophobic and hydrogen-bonding contacts with CaM, cp-mApple, and the rest of the linker. Similar to GCaMP (Wang et al., 2008; Akerboom et al., 2009), the cp-mApple-CaM linker is not in close proximity to the chromophore, and no cp-mApple-CaM linker mutations were selected in R-GECO1 (Zhao et al., 2011a). In addition to the linkers, R-GECO1 mutations Gly79, Arg81, Cys129, Phe366, and Asn380 are in the vicinity of the proto-interface (Figure 3G). No backbone cleavage was observed in the vicinity of the R-GECO1 chromophore, as was seen in the RCaMP crystal structure. R-GECO-1-Lys78, from strand eight of cp-mApple, adjacent to the circular permutation site, forms an ionic interaction with the phenolate oxygen of the chromophore and is stabilized in place via a hydrogen bond from Ser62, immediately following the M13pep-cp-mApple linker (Figure 3H).

OPTIMIZATION OF RCaMP

The structure of RCaMP explains the initial selection of mutations resulting in RCaMP1a, and allowed us to prioritize sites of mutagenesis for additional rounds of sensor engineering. As in GCaMP (Wang et al., 2008; Akerboom et al., 2009), the circular permutation of mRuby and fusion of M13pep and CaM resulted in a tightly packed adventitious interface between CaM and cp-mRuby, excluding solvent from the chromophore environment. The first linker, connecting M13pep and cp-mRuby, comes in close proximity to the chromophore, and the strongly selected isoleucine side-chain packs tightly against the inter-domain linker of CaM and cp-mRuby. Thr294, originally from the translated MluI restriction site in the second linker, hydrogen-bonds the RCaMP chromophore, stabilizing it in the deprotonated state (Figure 3C). The spontaneous (PCR-derived) Asp114Ser mutation improves packing against the second linker, especially Gln297 (Figure 3F).

Both mutations from error-prone PCR mutagenesis, Ala112Tyr and Thr364Ile, improve packing at the mRuby-CaM interface (Figure 3F). The improved packing of the interface by these mutations simultaneously increases brightness, red state maturation completeness and kinetics, (ΔF/F)max, affinity and cooperativity. A second round of mutagenesis selected Gly109Ala, further improving packing at the mRuby-CaM interface (Figure 3F) in RCaMP1b, with increased affinity at a slight loss in (ΔF/F)max (Table 1). The GCaMP5 mutation CaM-Asp380Tyr (Akerboom et al., 2009) is positioned at the GFP-CaM interface near the GFP chromophore and led to an increase in the calcium-bound fluorescence of GCaMP (Akerboom et al., 2012a). The corresponding mutation to RCaMP1b, Asp372Tyr, gave rise to RCaMP1c, with (ΔF/F)max = 7.5 (Table 1). RCaMP1d was discovered as a spontaneous, fast-maturing mutant; faster chromophore maturation comes at the cost of affinity (1.6 ± 0.06 μM, s.d., n = 3) and (ΔF/F)max (6.5 ± 0.2, s.d., n = 3) (Table 1). RCaMP1d was found to contain the mutation Ala270Val; the corresponding mRuby mutation, Ala120Val, was independently observed recently during the generation of mRuby2 (Lam et al., 2012), which exhibits greater brightness and photostability. Deletion of the RSET peptide resulted in RCaMP1e, which was significantly dimmer in cells, perhaps indicating that RCaMP is stabilized in situ by this N-terminal fusion peptide, as were early GCaMP variants (Tallini et al., 2006). We attempted to increase affinity by introducing the CaM mutation Arg90Gly (Sorensen and Shea, 1996; Akerboom et al., 2012a) (RCaMP numbering Arg384Gly) and screening libraries around the four EF-hands of CaM, which produced RCaMP1f. Affinity surprisingly decreased slightly to 1.9 ± 0.08 μM (s.d., n = 3), but (ΔF/F)max rose to 12.3 ± 0.2 (s.d., n = 3; Table 1, Figures 2A,E). Lastly, targeted mutagenesis of the second linker (cp-mRuby-to-CaM; encompassing the Thr294-Arg295 linker, as in GCaMP, from the translated MluI site, as well as the subsequent residue Asp296) resulted in RCaMP1h, with 1.3 ± 0.06 μ M affinity, and (ΔF/F)max of 10.5 ± 0.1 (s.d., n = 3; Table 1, Figure 2A). The crystal structure of RCaMP1a suggests that the charge-reversal mutation Arg295Asp likely improves interactions with Arg116 from cp-mRuby (Figure 3F). (RCaMP1g did not perform well in initial characterization and was not pursued further).

Fluorescence response to Ca2+ titrations of purified RCaMP and R-GECO1 sensor proteins are shown in Figure 2E-left; a Hill plot of the data shows linear ranges (Figure 2E-right). All RCaMP variants after RCaMP-AI show near complete maturation to the red state and similar extent of backbone cleavage (Figure 2D). All RCaMPs behave as monomers in solution (Figures 2B,C) and are fluorescent indicators of Ca2+ under both 1- and 2- photon excitation (RCaMP1f is shown in Figure 2F).

PHOTOPHYSICAL CHARACTERIZATION OF CHROMATIC VARIANTS

Next we purified several RCaMP variants, as well as R-GECO1 and the parent fluorescence proteins mRuby and mApple, and subjected them to systematic photophysical characterization, under both 1- and 2-photon illumination. We have previously analyzed the fluorescence mechanism of the GCaMP calcium indicator (Akerboom et al., 2009; Mütze et al., 2012), which involves a Ca2+-dependent deprotonation of the p-hydroxybenzylideneimidazolinone chromophore, leading to increased fluorescence. In GCaMP, the quantum yield (QY; and fluorescence lifetime) of the Ca2+-bound (bright) and Ca2+-free (dim) states are identical; the fluorescence increase upon Ca2+ binding is manifested entirely as an increase in extinction coefficient (ε), reflecting a greater population of deprotonated, fluorescent chromophore (Mütze et al., 2012). Strikingly, in the RCaMP indicators we found that more of the Ca2+-dependent increase in brightness was attributable to changes in quantum yield and fluorescence lifetime, than to changes in the extinction coefficient (Table 3). The peak of the RCaMP Ca2+-bound state is slightly spectrally shifted relative to the unbound state (from ~8 nm blue-shifted to ~1 nm red-shifted, for the different RCaMP sensors). R-GECO1 shows a larger peak shift: 12 nm blue-shifting of absorption, and 10 nm blue-shifting of emission. Under 1-photon illumination, the parent protein mRuby is slightly brighter (brightness = ε × QY) than EGFP; the brightness of the Ca2+-bound state of the different RCaMP indicators is 66–86% that of mRuby (Table 3).

Table 3. Photophysical parameters of RCaMPs, R-GECO1, and parent fluorescent proteins.
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pH titrations of the new sensors show some complex effects; some blue and red GECIs exhibit multiple titratable groups affecting fluorescence (Figures 1, 2, Table 1). Intriguingly, for some sensors, the pKa of the Ca2+-bound state is higher than that of the Ca2+-free state (unlike GCaMP), implying that calcium binding decreases the acidity of the chromophore proton, increasing the protonated, and potentially non-fluorescent state of the chromophore (Tables 1, 3). The fact that the sensors nonetheless exhibit such large increases in fluorescence implies that the photophysical transitions upon calcium binding are more complicated than in GCaMP, consistent with the Ca2+-dependent increase in quantum yield, and the pH-dependent cis-trans conformational changes seen in RCaMP and other RFPs (Battad et al., 2007; Pletnev et al., 2008; Pletneva et al., 2011). R-GECO1, by contrast, shows a GCaMP-like Ca2+-dependent decrease of pKa from 8.9 to 6.6 (Zhao et al., 2011a), consistent with a fluorescence increase driven largely by extinction coefficient effects (Table 3).

Importantly, RCaMP shows large (ΔF/F)max signals under 2-photon illumination, on the order of the 1-photon signal change (Figure 2F). Under 2-photon illumination, the RCaMP sensors are red-shifted and surprisingly brighter than mRuby (Table 3). For the red indicators, excitation with either a Ti:Sapphire laser or an optical parametric oscillator (OPO) coupled to a primary exciplex laser produced large fluorescence changes upon calcium addition (Figure 2F).

Red FPs frequently exhibit poor photostability (Drobizhev et al., 2011); this is a serious drawback that limits their utility in experiments. Other photophysical phenomena also complicate usage; for instance, mApple shows significant photoswitching (Shaner et al., 2008). We examined the photoswitching and photobleaching properties of the red GECIs and their parent FPs under 1-photon (either lamp excitation or wide-field laser illumination) and 2-photon (laser) regimes. As published, mApple showed an immediate, ~50% drop in fluorescence upon illumination, which recovered slowly during darkness (data not shown). R-GECO1 showed similar rapid-photoswitching properties (Figure 4A), which may confound functional imaging. RCaMP1h displayed a more conventional, irreversible form of photobleaching, and appeared to bleach more slowly for the first several minutes of bright mercury lamp illumination (2.7 W/cm2). Two-photon illumination of HEK293 cells expressing RCaMP1h or R-GECO1 showed a somewhat faster decay of fluorescence for RCaMP1h compared to R-GECO1 (Figure 4B). However, 2-photon brightness of several RCaMPs was more than double that of R-GECO1 (Table 3, Figure 4C). Stopped-flow fluorescence showed that decay kinetics of R-GECO1 are about twice as fast as GCaMP5G; RCaMP1h is slightly slower than GCaMP5G (t1/2(decay): R-GECO1, 120 ms; GCaMP5G, 280 ms; RCaMP1h, 410 ms) (Figure 4D).
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Figure 4. Biophysical characterization RCaMP and R-GECO1. (A) 1-photon Photobleaching of RCaMP1h and R-GECO1 compared. Note the fast decay during the first second and partial re-activation of R-GECO1 during darkness (after each 10 s) of R-GECO1 (arrows). (B) 2-photon photobleaching of RCaMP1h and R-GECO1 in HEK293 cells. (C) 2-photon peak brightness spectra (Mütze et al., 2012) of select RCaMPs and R-GECO1 compared. (D) Stopped-flow fluorescence of R-GECO1, GCaMP5G, and RCaMP1h. Protein concentration, 1 μM. Initial [Ca2+], 10 μM. [EGTA], 10 mM. (E,F) Transient response of 10 μ M R-GECO1 following a pulse of 488-nm light at 600 mW/cm2 for 1 s, in +Ca2+ buffer (D) and Ca2+-free buffer (E), showing time evolution of absolute absorbance (left panels), transient absorbance pre-488 and post-488 (middle panels), and absolute fluorescence induced by weak 561-nm excitation before and following the 488-nm pulse (right panels). (G) In contrast with (D) and (E), 10 μM Ca2+-free RCaMP1h shows only a very small increase in absorbance around 550 nm (lower panel) and no change in absorbance in +Ca2+ buffer (upper panel). No differences are seen in fluorescence (data not shown). (H) The transient absorption decay in time is well fit by exponential decay kinetics with e-1 time constants of 0.96 s and 0.58 s for +Ca2+ and no-Ca2+, respectively. (I) R-GECO1 transient fluorescence is also well fit by exponential decay kinetics with e-1 time constants of 1.01 s and 0.56 s for +Ca2+ buffer and no-Ca2+ buffer, respectively. Note that the transient fluorescence increases following the 488-nm pulse in no-Ca2+ buffer, but decreases in +Ca2+ buffer.



Strikingly, R-GECO1 displayed significant photoactivation after illumination (~2-fold) with 405 nm, 488 nm and 561 nm light for both calcium-free and calcium-loaded states of the protein, although the activation is different in nature between the two states. This effect was strongest for 488 nm, followed by 405 nm and approximately 10-fold less for 561 nm. Applying 1 s pulses of 488 nm light resulted in a red-shift in absorbance of calcium-loaded R-GECO1 (Figure 4E-left), resulting in a temporary decrease (~40%) in fluorescence when illuminated with 561 nm (Figure 4E-right). For calcium-free R-GECO1, 1 s pulses of 488 nm light resulted in an apparent decrease in absorbance of protonated chromophore and a simultaneous increase in absorbance in deprotonated chromophore (Figure 4F-left), mimicking the effect on fluorescence of calcium binding to R-GECO1 (Figure 4F-right) when illuminated with 561 nm light. This effect resulted in an apparent increase in fluorescence (~50%, Figure 4F-right). Photo-activation could be observed using a range of illumination intensities (0.056–0.66 mW/cm2, 488 nm, not shown). Transient decay of the photoactivated state for both calcium-free and calcium-loaded R-GECO1 followed one-phase decay kinetics, with a half-life of 560 ms and 940 ms, respectively (Figures 4H,I). There is also a wavelength shift in the transient fluorescence, a small red-shift of 2 nm for Ca2+-bound and 7.5 nm for Ca2+-free.

These photophysical effects are not observed for RCaMP (Figure 4G), suggesting that RCaMP may be a better sensor to be used in combination with optogenetic tools.

CHARACTERIZATION IN HEK293 CELLS AND NEURONS

The new sensors, as well as R-GECO1, were next tested in cultured HEK293 cells and neurons, according to protocols that we have established for optimizing GCaMP (Tian et al., 2009; Akerboom et al., 2012a,b). The red GECIs were first tested in transfected HEK293 cells following acetylcholine (ACh)-evoked Ca2+ mobilization (Figures 5A,B). Subsequently, cultured rat hippocampal neurons were infected with lentivirus driving GECI expression and imaged following AP elicitation with a bath electrode (1 AP per field stimulation) (Akerboom et al., 2012a) (Figures 5C,D). In both HEK293 cells and neurons, the RCaMP and R-GECO1 sensors were expressed in both the cytoplasm and nucleus, in contrast to GCaMP, which appears to have a cryptic nuclear-exclusion sequence (Tian et al., 2009). RCaMP- and R-GECO1- expressing cells appeared healthy; thus the nuclear expression does not seem to correlate with the “cytomorbid” state seen with long-term GCaMP over-expression (Tian et al., 2009). The expression in the nucleus may give rise to a slower, weaker Ca2+ response (Bootman et al., 2009) than the cytoplasmic response, with the conflated epifluorescence signal thus appearing slower and less sensitive to APs.
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Figure 5. Characterization of the RCaMP, R-GECO1, and YCaMP in cells. (A) Baseline and peak fluorescence of HEK293 cells expressing the red GECIs, in response to acetylcholine (Ach)-induced Ca2+ mobilization. (B) Fluorescence response (Fmax/Fbaseline) for the red GECIs vs. Ach concentration. (C) Fluorescence increase (ΔF/F)max of the red and yellow GECIs, as well as OGB-1, in cultured rat hippocampal neurons following electrode-evoked action potential trains. Plotted is mean ± sem (n = 13–16). (D) Signal-to-noise ratio of the data shown in (C). Plotted is mean ± sem (n = 13–16). (E,F) ΔF/F time-lapse traces from rat cortical neurons expressing RCaMP1e in mitochondria (red) and GCaMP3.5 in cytosol (green) after caffeine-mediated Ca2+ release from ER (E) and KCl-mediated Ca2+ influx from extracellular medium (F).



The four RCaMP sensors tested (1d, 1e, 1f, and 1h) performed similarly well in neurons, showing observable responses following a minimum of 5 field stimuli, and reaching a maximum ΔF/F of 1.0–1.5 after 160 field stimulations. RCaMP1f and RCaMP1h were approximately twice as bright in cultured neurons as the other RCaMPs, and displayed almost identical ΔF/F and SNR. R-GECO1 was more sensitive, responding to 2 APs. SNR for R-GECO1 was also higher than for the RCaMPs, although the RCaMPs are brighter (Figure 5D). YCaMP1b showed twice the response of the RCaMPs at higher numbers of field stimuli, but required a minimum of 20 field stimuli to observe any response. However, SNR for both RCaMP1f and RCaMP1h was higher than YCaMP1b at high field stimulations, as YCaMP1b is dimmer.

The RCaMPs were also somewhat slower than R-GECO1 in the rise and decay from electrical stimulation. For the 10 AP stimulation, the time-to-half-decay t1/2(decay) and time-to-half-rise t1/2(rise) values for the GECIs were (R-GECO1: 0.78 ± 0.13/0.09 ± 0.02 s, n = 15; RCaMP1d: 1.61 ± 0.85/0.29 ± 0.03 s, n = 16; RCaMP1e: 1.57 ± 0.20/0.29 ± 0.02 s, n = 13; RCaMP1f: 1.80 ± 0.33/0.27 ± 0.02 s, n = 16; RCaMP1g: 1.69 ± 0.63/0.28 ± 0.05 s, n = 16; RCaMP1h: 1.83 ± 0.30/0.32 ± 0.04 s, n = 15; all measurements s.d.).

TWO-COLOR SUB-CELLULAR IMAGING IN NEURONS

Having established the baseline performance level of the RCaMP indicators in neurons, we sought to demonstrate the utility of RCaMP in two-color imaging, beginning by labeling two compartments of one cell. First, RCaMP1e was fused with an N-terminal cytochrome C oxidase subunit VIII tag for targeting to the mitochondrial matrix, expressed by AAV6 virus, and co-infected along with cytoplasmic GCaMP3.5 (Tian et al., 2009) (GCaMP3 without the CaM-Asn60Asp mutation; affinity ~3-fold lower than GCaMP3) into primary rat cortical neurons. Upon stimulation of Ca2+ release from the endoplasmic reticulum (ER) by addition of 10 mM caffeine, RCaMP fluorescence initially rose together with GCaMP fluorescence (Figure 5E), consistent with Ca2+ release from the ER through the mitochondrial-associated membrane (MAM) (Hayashi et al., 2009), while the bulk of Ca2+ released from the ER entered the cytoplasm before being buffered in mitochondria. Likewise, depolarization with 64 mM KCl demonstrated entry of extracellular Ca2+ into the cytoplasm and subsequently into mitochondria (Figure 5F). These experiments demonstrate the simultaneous visualization and tracking of sub-cellular Ca2+ fluctuations using RCaMP together with GCaMP. This paradigm may be expanded to tracking of sub-cellular Ca2+ mobilizations under various physiological or pathophysiological conditions in various cell types.

TWO-COLOR IMAGING IN MIXED CULTURE OF NEURONS AND ASTROCYTES

Communication between astrocytes and neurons has been implicated in information processing in the brain. We therefore sought to test the utility of dual-color neuron/astrocyte imaging using RCaMP1h and GCaMP5G (Akerboom et al., 2012a) (Figure 6). RCaMP1h is 80 nm red-shifted relative to GCaMP5G; therefore signals from each population of cells are expected to be easily deconvoluted. First, RCaMP was expressed in cultured rat hippocampal neurons via AAV2/1-synapsin1 virus infection; GCaMP5G was expressed in astrocytes via AAV2/1-GFAP virus (Figure 6A). The two infected cell populations were then co-cultured. One week post-infection, we observed robust labeling of neurons only with RCaMP and astrocytes only with GCaMP. Simultaneous dual-color imaging of neuronal and astrocytic responses to field stimulations was then performed. The number and magnitude of evoked calcium events in both neurons and astrocytes increased with the number of evoked APs, and most importantly, dual-color imaging revealed the spatiotemporal relationship between field stimulus-evoked neuronal and astrocytic calcium responses (Figures 6B–D). At lower number of field potential stimuli, calcium events could be detected only in astrocytes in close proximity to responding neurons (Figures 6B,C). Following larger stimuli, more neuronal activity was detected, which triggered broad astrocytic calcium events in the imaged field (Figure 6B). The peak responses of astrocytes typically lagged neuronal responses by ~1 s (Figure 6D). These results clearly show that dual-color imaging with RCaMP and GCaMP (and other indicators) holds great promise to dissect neuron-astrocyte, or other inter-cellular, communication.
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Figure 6. RCaMP visualization in co-culture with GCaMP-expressing astrocytes. (A) Expression of RCaMP1h and GCaMP5G in cultured rat hippocampal neurons and astrocytes using tissue specific promoters. Scale bars: 10 μm. (B) Heat maps of neuronal (top) and astrocyte (bottom) activity in response to 10 (left) and 40 (right) field stimulations. Five ROIs are specified surrounding neuron and astrocyte somata. (C) Single-trial neuron (top) and astrocyte (bottom) calcium activity in selected ROIs, following 10 (left) and 40 (right) evoked action potentials. (D) The average GECI responses of neurons (red) and astrocytes (green) following 10 (left) and 40 (right) field stimulations. Mean ± sem. (n = 5) shown.



IMAGING RCaMP ACTIVITY IN Drosophila LARVAL MOTOR NEURON TERMINALS

We next sought to establish RCaMP performance in Drosophila larvae using the GAL4-UAS system (Brand and Perrimon, 1993). We drove expression of RCaMP1f in larval motor neurons using a GAL4 driver line specific for glutamatergic neurons [OK371-GAL4 (Mahr and Aberle, 2006)]. Muscle 13 neuromuscular junctions (NMJs) were then imaged in dissected fillet preparations. Motor neuron terminals showed bright fluorescence; RCaMP transients in the terminals were imaged under 1-photon illumination in response to motor nerve stimulation (Figure 7A). Terminals showed little or no response to long (2 s) bursts of APs at 1–10 Hz (Figure 7B). Above 20 Hz, motor terminals showed modest peak amplitudes, peaking at ~30% ΔF/F in response to 160 Hz stimulation (Figure 7C). RCaMP responded slowly to all stimulation frequencies; times to half-peak and half-decay were ~1 s at 40, 80, and 160 Hz (rise and decay time constants could only be accurately measured at the highest stimulation frequencies).
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Figure 7. RCaMP visualization in Drosophila larvae, C. elegans, and zebrafish. (A) Boutons expressing RCaMP1f in Drosophila larval muscle 13 before (left) and at the end of (right) a 160 Hz, 2 s train of nerve stimulations. Asterisk indicates typical proximal bouton used for ROI measurements. (B) Raw traces from single ROI (*) showing percent changes in fluorescence in response to a range of stimulation frequencies. (C) Fluorescence change (mean ± s.e.m.) ΔF/F in response to increasing stimulation frequency (left), time to reach half peak amplitude (mean ± s.e.m., middle) and time to reach half decay at 40, 80, and 160 Hz (right, mean ± s.e.m.). (D) RCaMP1a and RCaMP1e responses to isoamyl alcohol (IAA, 10-4 v/v) presentation (left two panels) and removal (right two panels) in C. elegans AWC olfactory neurons. Both ΔF/F and SNR are shown for presentation and removal. Note that odor decreases calcium in these neurons. Traces are mean ± s.e.m. (E) RCaMP1h was expressed in the pharynx muscular pump and imaged for 20 s (blue trace) while the structure was pumping. Pump events were annotated based on visible movements of the terminal bulb (red circles). Ca2+ trace shows large increases following/concomitant with bouts of pharynx pump events. To verify that movement artifacts would not cause such signals, mCherry expressed in the pharynx muscle was analogously imaged in a separate experiment (green trace); here, pump events were detected in a kymograph showing the opening of the pharynx lumen (gray trace). (F) Imaging of RCaMP1a (n = 12) and RCaMP1b (n = 8) in zebrafish trigeminal neurons. ΔF/F (left) and SNR (right) in response to trains of field stimulations of increasing length (shaded region). Mean ± s.e.m. shown.



IMAGING SENSORY-EVOKED Ca2+ TRANSIENTS IN WORMS

We subsequently imaged RCaMP activity in the AWC neurons of C. elegans in response to odor addition and removal sequences, as previously described (Akerboom et al., 2012a). RCaMP1a and RCaMP1e were selected for testing. All RCaMP constructs were expressed in the AWCon sensory neuron under the control of the str-2 promoter. After 10 s of observation, odor (IAA @ 10−4 v/v) was added for 5 min. At the last 10 s of odor addition, imaging was commenced for another minute to observe the neuron's response to odor removal (the AWCon neuron activates in response to odor removal). Interestingly, RCaMP1a outperformed RCaMP1e during IAA addition; ΔF/F and SNR of RCaMP1a were higher compared to RCaMP1e for IAA addition (Figure 7D), although RCaMP1e showed almost identical ΔF/F and SNR upon odor removal.

In addition, we demonstrated the utility of RCaMP1h in visualizing contractions of the pharyngeal muscles (strain ZX1423; zxEx795[pmyo2::RCaMP1h; pmyo-3::eCFP]). Worm heads were cut off (Avery et al., 1995), placed in an imaging chamber in buffer Em D50, and illuminated with a 590 nm LED (80 mW/cm2). As a control, worm heads of another transgenic strain (expressing mCherry in pharynx muscle) were imaged separately. RCaMP1h signal tracked pharyngeal pumping events, with large, reproducible increases up to ~40% ΔF/F (Figure 7E). In control animals, mCherry signal did not vary during the same preparation, indicating that motion artifacts play no role in the observed RCaMP signal (Figure 7E, bottom).

In vivo IMAGING IN ZEBRAFISH TRIGEMINAL NEURONS

We next imaged activity in trigeminal sensory neurons of 48 h post-fertilization zebrafish using RCaMP1a and RCaMP1b (Figure 7F). Trigeminal neurons are usually silent, and fire one or a few spikes in response to light touch (Douglass et al., 2008). We recorded fluorescence changes in response to trains of brief (1 ms) pulses of electrical field stimulation (Materials and Methods). Both indicators performed similarly, giving steadily increasing responses for trains of 20–320 pulses, reaching a maximum ΔF/F of about 100% (Figure 7F-left) and SNR of ~25 (Figure 7F-right).

INTEGRATED OPTOGENETICS/IMAGING WITH RCaMP AND CHANNELRHODOPSIN-2 (ChR2)

As discussed above, simultaneous light-mediated activation of neural activity (optogenetics) and fluorescent imaging of activity (either in the same or a different cell) is currently quite difficult, as the action spectra of opsins are very broad (Zhang et al., 2011), overlapping the excitation spectra of commonly used indicators such as GCaMP, Yellow Chameleon, and TN-XXL. In such regimes it is impossible to image the indicator without inadvertently driving the actuators, precluding baseline measurements. Furthermore, activators are typically driven with strong light intensities to achieve fast, reliable cell depolarization, and this can bleach indicators if they overlap. Integrated, non-overlapping imaging/optogenetics will enable qualitatively new sorts of neuroscience experiments, such as mapping projections of numerous single neurons through brain tissue, akin to an “all-optical” channelrhodopsin-assisted circuit mapping (CRACM) experiment (Petreanu et al., 2007). To facilitate such experiments, GECIs must either be red-shifted past effector action spectra, or effectors must be shifted away from GECI excitation. Significant progress has been made at red-shifting optogenetic activators (the C1V1 variant (Yizhar et al., 2011b) being the most red-shifted variant available, with maximum absorption at 550 nm); however, the action spectrum of this effector still substantially overlaps GECI excitation. Therefore, blue light activation combined with red Ca2+ indicators appears to be the best option for integrated optogenetics. The use of R-GECO1 and its mutants in combination with ChR2 in pyramidal neurons has been recently reported (Chang et al., 2012; Ohkura et al., 2012). However, the blue light-induced photoactivation of RGECO-1, as described above in protein and below in vivo, calls into question the nature of the fluorescent transients in these papers. Both papers employed mammalian neurons, which have sufficient levels of all-trans retinal (ATR) to support ChR2 function. In both cases, no ChR2-free controls to exclude the possibility of R-GECO1 blue-light photoactivation being the principal contributor to the observed signals were performed. Our results with R-GECO1 suggest that some or all of the observed signals previously reported on may be artifactual.

First, we tested RCaMP1e together with ChR2-Thr159Cys [ChR2(TC)] (Berndt et al., 2011), as well as GCaMP3 (Tian et al., 2009) with the red-shifted channelrhodopsin C1V1 (Figure 8A). Initial experiments were performed in cultured cells, using GECIs directly fused to effector proteins (Figure 8A), in order to measure Ca2+ flux into the depolarized cells close to the cell membrane (Figure 8B). This arrangement creates equimolar amounts of effector and sensor, largely controlling for expression level differences in this preliminary intra-cellular assay. To measure Ca2+ flux we employed a stable HEK cell line expressing the leaky mTrek potassium channel and a voltage-gated calcium channel (CaV3.2). In darkness, membrane voltage is controlled by extracellular potassium. Upon light-activation of ChR, cells depolarize and subsequent CaV3.2 opening leads to an increase in intracellular [Ca2+] (Figure 8B). Expression of the two fusion constructs was comparable (Figure 8C). The excitation spectrum of GCaMP3 and the action spectrum of C1V1 show significant overlap compared to RCaMP1e and ChR2(TC) (Figure 8D). To characterize the level of cross-activation we first tested photocurrent amplitudes induced by light of 400, 450, and 560 nm, for both constructs (Figure 8E). ChR2(TC) exhibits virtually no activation at 560 nm (near the peak of RCaMP1e excitation), but can be activated with 400 and 450 nm (Figure 8F). C1V1 shows activation of more than 40% at all tested wavelengths, including GCaMP3 excitation at 450 nm (Figures 8E,F).
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Figure 8. Simultaneous optical stimulation and detection of calcium influx in HEK293 cells. (A) Schematic of constructs, ChR2(TC) directly fused to RCaMP1e, and C1V1 directly fused to GCaMP3. Colors correspond to (D). (B) Schematic of the channels (ChR-GECI, CaV3.2, mTrek) and ions involved in the Ca2+ influx assay. ChR-induced membrane depolarization leads to opening of CaV3.2; calcium influx is monitored via GECI fluorescence increases. The potassium channel mTrek allows hyperpolarization of HEK cells via extracellular [K+]. (C) Confocal fluorescence micrographs of HEK cells expressing each construct. (D) Normalized excitation spectra of the sensors (GCaMP3 and RCaMP1e), and action spectra of the effectors (ChR2(TC) and C1V1), colored as in (A). (E) Typical single-trial current traces of C1V1-GCaMP3 (green) and ChR2(TC)-RCaMP1e (cyan) when illuminated with 400, 450, and 560 nm for 300 ms. (F) Peak photocurrent amplitudes of several (n = 5, 12) traces as shown in (E), normalized to excitation wavelength exhibiting maximal amplitude. (G) Single-trial (gray) and trial-averaged (red, blue) fluorescence signal increase of each calcium sensor, after activation of CaV3.2 due to membrane depolarization with C1V1 or ChR2(TC), indicated with the colored bar. (H) Trial-averaged peak GECI fluorescence increase in (G) vs. increasing extracellular Ca2+concentration. Addition of the CaV antagonist mibefradil (Mb) abolishes GECI responses.



The separation of ChR2(TC) activation and RCaMP excitation allowed intense, simultaneous stimulation and imaging, at 450 nm (56 mW/cm2) and 560 nm (20 mW/cm2), respectively (Figure 8G-top). With 2 mM extracellular [Ca2+], 300 ms pulses of 450 nm light were sufficient to open calcium channels, giving rise to robust RCaMP transients (7.5 ± 0.9%, s.d. 5.43, n = 36), although variability between single-trial traces was relatively high (Figure 8H). Although it was also possible to image GCaMP3 fluorescence in conjunction with C1V1 activation, the spectral overlap required the excitation beam to be significantly attenuated (0.7 mW/cm2, 440 nm light), which produced very little fluorescence (Figure 8G-bottom). With 5 mM extracellular [Ca2+], 300 ms pulses of 560 nm light yielded only small increases in GCaMP3 fluorescence (3.7 ± 0.1%, s.d. 0.43, n = 7) (Figure 8H). Increasing extracellular [Ca2+] improved fluorescence signals in both preparations (Figure 8H), with the RCaMP increases reaching 35% (ΔF/F)max, and GCaMP3 increases reaching 6% (ΔF/F)max. Addition of the calcium channel blocker mibefradil abolished signals in both cases, indicating that very little Ca2+ is flowing directly through the opsins (Figure 8H) (Prigge et al., 2010).

Having established integrated optogenetics with RCaMP and ChR2 in cell culture, we then deployed them in vivo in C. elegans, expressing RCaMP in muscles, and ChR2 either in muscles as well, or in the upstream motor neurons. RCaMP expression was bright and restricted to muscles (Figure 9A). First, we tested the performance of RCaMP1e in visualizing spontaneous muscle contractions, in semi-restrained animals (Figure 9B). Fluorescence traces in ROIs from the dorsal and ventral sides showed clear antiphasic fluorescence increases (Figure 9C), consistent with expected muscle contractions during crawling. Fluorescence increases approached 50–60% during spontaneous muscle contraction.
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Figure 9. In vivo integrated optogenetics using ChR2 and RCaMP in C. elegans. (A) Expression of RCaMP1e in body wall muscle of C. elegans. Differential interference contrast (DIC) image (top left) and fluorescence micrograph (top right). Lower panels show magnified regions of insets in the top right panel, i.e., head region (left) and a single body wall muscle (right). Scale bars are indicated in each panel. (B) Transgenic C. elegans expressing RCaMP1e in body wall muscle shows spontaneous muscle Ca2+ increases during (restrained) locomotion. A false-colored still image from the video analysis is shown, with two ROIs shown (heat map indicates fluorescence increase). (C) The ΔF/F in the two ROIs of (B) plotted vs. time. (D) RCaMP1e signals observed in body wall muscles directly optically excited by photostimulation of co-expressed ChR2. A 100 ms light pulse (470 nm, 50 mW/cm2) from an LED was presented (gray box). Animals that were raised in the presence of all-trans retinal (ATR) showed a robust Ca2+ increase that peaked ~4 s after the photostimulus, and decayed within the next 8 s (red trace, n = 4). Animals raised in the absence of ATR (blue trace, n = 2) showed no appreciable Ca2+ increase. Plotted are mean ΔF/F and s.e.m. (E) ChR2 photostimulation of cholinergic motor neurons causes a subsequent Ca2+ increase in body wall muscles. ChR2 was expressed in cholinergic neurons [transgene zxIs6 (Liewald et al., 2008), using the punc-17 promoter] and RCaMP1h in body wall muscles. A 100 ms blue light pulse (470 nm, 50 mW/cm2) was presented and the Ca2+-induced fluorescence increases were measured in single body wall muscles, in animals that were either raised in the presence (red trace, n = 6) or in the absence of ATR (blue trace, n = 3). Shown are mean ΔF/F and s.e.m. (F) Experiment was as in (E), but comparing Ca2+ increases in muscle cells transgenic (red trace, n = 3) or non-transgenic for RCaMP1h (blue trace, n = 3); ATR was present in both cases. While in non-transgenic muscles only transient autofluorescence (excited by the blue light pulse) is observed, the transgenic muscles showed an increase of the fluorescent signal following the stimulus. (G) ChR2 expressed in cholinergic neurons was activated with 1.2 s, 50 mW/cm2 470 nm light (indicated by the gray shaded region), and the Ca2+ increase was monitored in single muscle cells transgenic for RCaMP1e, and compared to non-transgenic muscle. Fluorescence increase in non-transgenic muscle during the blue photostimulus was subtracted from the single traces. (H) Experiment was as in (G), with 1.2 s 470 nm light (indicated by the gray shaded region) of increasing intensities (0, 1, 10, 20, and 50 mW/cm2; n = 3, 3, 5, 6, and 4, respectively), and Ca2+ increases were monitored in single muscle cells transgenic for RCaMP1e and averaged across several animals. Shown are mean ΔF/F and s.e.m. (I) “Ca2+ signals” in muscles expressing R-GECO1 in animals also expressing ChR2 in cholinergic neurons. Neurons were photostimulated with a 200 ms, 50 mW/cm2 470 nm light stimulus, in animals raised in the presence (thick red line, n = 4) or absence (red dots, n = 5) of ATR. Data for RCaMP1h under identical experimental conditions is shown for comparison: with (thick green line, n = 6) or without (green dots, n = 4) ATR. (J) Close-up of (I). Blue line represents the in vitro data from Figure 4I (Ca2+-free state), showing the close correspondence between the “Ca2+-signals” and the blue light-induced photoactivation of R-GECO1.



Next ChR2 was co-expressed in muscles alongside RCaMP1e or RCaMP1h, to compare the responses of light-evoked contractions to spontaneously arising ones. Worms lack ATR, thus to facilitate ChR2 activation, worms were cultivated in the presence of ATR. Negative control experiments were performed in the absence of added ATR. Light pulses from a blue LED (100 ms, 470 nm, 50 mW/cm2) were used to activate ChR2; little photobleaching of RCaMP was seen during experiments. RCaMP was excited with a yellow-orange LED (590 nm, 79.3 mW/cm2), which elicits no activation of ChR2 (Figures 8D,E, 9D–H). The blue light stimulus caused a small fluorescence increase in the RCaMP channel, due to autofluorescence from the tissue (Figures 9D–F,I). To account for this, background signals were subtracted from images during the photostimulation, when prolonged stimuli were applied (Figures 9G–I). Blue light pulses evoked large, slow RCaMP transients in muscles; signals were comparable to those from naturalistic muscle contractions, although they decayed more slowly (Figure 9D). In the absence of retinal, no RCaMP signal increases were observed. Thus, the observed RCaMP signals are due exclusively to ChR2-evoked activity, and not to any potential artifacts.

Subsequently, we expressed ChR2 in cholinergic motor neurons [transgene zxIs6, using the punc-17 promoter (Liewald et al., 2008)], pre-synaptic to muscle cells, and RCaMP1h in muscles. Again, we presented 100 ms blue light pulses and could detect a subsequent Ca2+ increase on the order of that seen from spontaneous muscle contraction and ChR2-evoked muscle depolarization (Figure 9E). The cholinergic neuron-evoked signal reached its peak after ~3 s and returned to baseline after ~12 s (Figure 9E). Again, this signal increase was only observed if retinal was added during cultivation. In muscles that were not transgenic for RCaMP, but nevertheless were innervated by ChR2-positive neurons, no fluorescence increase could be observed (Figure 9F). Similarly small amounts of autofluorescence were observed between RCaMP-positive and RCaMP-negative worms (data not shown).

We further characterized the motor neuron-induced Ca2+ transients in muscles expressing RCaMP1e. We presented prolonged photostimuli (1.2 s, 470 nm) to the ChR2-expressing cholinergic neurons; robust responses were seen only in RCaMP1e- positive muscles (Figure 9G). With increasing intensity of ChR2 activation, Ca2+ transients in muscles rose accordingly, from ~2% to ~25% (ΔF/F)max, for 1 and 50 mW/cm2 stimulus intensity, respectively (Figure 9H).

Above we showed that R-GECO1 shows dramatic reversible photoactivation by blue and green light, both in the presence and absence of Ca2+. We subsequently extended these results in vivo, imaging R-GECO1 with ChR2 expressed in cholinergic neurons. Although red fluorescence transients were observed upon blue light stimulation, identical responses were observed in worms not supplemented with ATR (Figure 9I), suggesting the signals result not from ChR2 activation of the muscles, but from photoactivation of R-GECO1. Interestingly, the half-life of fluorescence decay for R-GECO1 in C. elegans was similar to the half-life of photoactivation (Figures 4H,I, 9I). This illustrates that not only does R-GECO1 photoactivation produce a confounding signal to neural activity imaging, but also that the time course of the artifact is sufficiently similar to responses expected from Ca2+ transients following trains of APs that it may be mistakenly assigned as such (Chang et al., 2012; Ohkura et al., 2012; Wu et al., 2013).

DISCUSSION

We have generated a set of new chromatic GECIs based either on GCaMP or the FP mRuby. These multi-colored sensors will enable new biological experiments. We demonstrate intra-cellular two-color imaging of mitochondria/cytoplasm, and inter-cellular two-color imaging of neurons/astrocytes. Importantly, we provide a demonstration of fully integrated in vivo imaging/optogenetics, using functional indicators and light-gated effectors with independently addressable spectra.

New indicators are shown in the blue, cyan, yellow, and red color channels. For cyan and yellow, these are the first single-wavelength Ca2+ indicators in these spectral ranges. BCaMP dynamic range is comparable to B-GECO1; it is possible that the mutations in the two sensors may be additive. Systematic comparison of the RCaMP indicators with R-GECO1 reveals several advantages and drawbacks of the two scaffolds. R-GECO1 shows fast (~ms) reversible photobleaching, which partially recovers in darkness and can be pumped back to the bright state by blue or green light. In addition, R-GECO1 appears to be subject to dramatic photoactivation, rendering optogenetic implementation of this indicator problematic. These properties seem to be inherited from the mApple fluorescent protein, which shows similar photoswitching behavior (Shaner et al., 2008). No such switching behavior was observed for the sensor classes developed here. In purified protein, the RCaMP sensors were ~3 times brighter than R-GECO1 under 1-photon excitation, and twice as bright under 2-photon illumination. The two sensors showed similar, large Ca2+-dependent fluorescence increases in purified protein (1-photon: RCaMPs, 4-12.5×; R-GECO1, 12.5×; 2-photon: RCaMPs, 4–18×; R-GECO1, 18×), although R-GECO1 appeared to have a higher affinity for Ca2+. In cultured neurons, R-GECO1 showed larger and faster responses to APs. YCaMP showed large responses to long spike trains; the blue and cyan indicators likely require additional rounds of optimization before they are applicable in vivo.

Despite their structural similarity, the sensors manifest different mechanisms of Ca2+-dependent fluorescence changes. Similar to GCaMP (Nakai et al., 2001; Tallini et al., 2006; Mütze et al., 2012), the Ca2+-dependent fluorescence of R-GECO1 is driven largely by an increase in extinction coefficient. For GCaMP, this corresponds to a decrease in pKa of the chromophore upon Ca2+ binding (Akerboom et al., 2009). R-GECO1 shows a small increase in quantum yield, but a nearly 10-fold increase in extinction coefficient. On the other hand, BCaMP, B-GECO1, and CyCaMP show a Ca2+-dependent increase in quantum yield, with little change in extinction coefficient. The responses of the RCaMP and YCaMP variants are roughly equally divided between the two.

Crystal structures of mRuby at low and high pH revealed a cis-trans chromophore isomerization in acidic environments. The high-resolution crystal structure of RCaMP1a shows that the relative conformation of the FP and CaM domains is significantly rotated relative to the GCaMP structures (Wang et al., 2008; Akerboom et al., 2009), as well as the R-GECO1 structure reported here. The adventitious mRuby-CaM interface in RCaMP shows that different CaM residues are recruited than in GCaMP, and further rationalizes many of the mutations to mRuby, CaM and the two inter-domain linkers that gave rise to and improved RCaMP responses. Delineation of this interface should facilitate additional rounds of targeted mutagenesis to improve function, as was demonstrated for GCaMP (Tian et al., 2009; Akerboom et al., 2012a). A large number of the R-GECO1 mutations found during initial optimization are present in the FP-CaM interface as well.

Interestingly, in the crystal structure of RCaMP we observed an imine hydrolysis between Phe213 and Met214, resulting in a cleavage of the polypeptide backbone at the chromophore, and SDS-PAGE showed corresponding fragmentation of a significant portion of the purified RCaMP samples. For R-GECO1, no backbone cleavage could be detected in the crystal structure, however, during SDS-PAGE, a similar fragmentation as for RCaMP is visible. Given the observation of the backbone cleavage both for SDS-PAGE and crystal structures, it is quite possible that the red GECIs exist as split proteins in situ. It is unclear what effect this backbone cleavage has on the sensor properties of RCaMP and R-GECO1, as we could not separate the cleaved and uncleaved species in order to study them independently. The significant red-shifting of RCaMP relative to mRuby may result from this backbone cleavage, perhaps relieving strain in the mRuby chromophore. The RCaMP indicators are also brighter under 2-photon excitation than the parent FP mRuby, in part due to the higher QY and photostability of RCaMP.

The crystal structure of R-GECO1 reveals that the relative orientation of the mApple and CaM domains is significantly shifted relative to that in GCaMP, and thus relative to the homology model used to first rationalize the R-GECO1 mutations (Zhao et al., 2011a). The selection of proline in the first linker of B-GECO1, GEM-GECO1, and R-GECO1 is consistent with our results for GCaMP (Akerboom et al., 2012a) and bacterial periplasmic binding protein-based sensors for maltose (Marvin et al., 2011), organophosphorous (Alicea et al., 2011), and glutamate (Marvin et al., 2013). Mutations selected in the creation of GCaMP, RCaMP, and R-GECO1 are concentrated in the interface between CaM and the cpFP domain. The proper packing of such proto-interfaces, and presumably the resulting regulation of the conformational change between ligand-free and ligand-bound forms, has thus emerged as a critical factor in all cpFP-based sensors developed to date. Intriguingly, the Lys47Val and Thr49Val mutations of “R-CaMP1.07” (Ohkura et al., 2012) (a double mutant of R-GECO1) are at the bottom of the cp-mApple barrel, and the mechanism of their apparent improvement remains unknown.

We have illustrated the design and optimization of several new chromatic classes of calcium indicators, and applied RCaMP to in vivo imaging in worms, zebrafish, and the Drosophila larval NMJ. Photobleaching under 2-photon excitation currently limits deep in vivo imaging for both RCaMP and R-GECO1. Improved versions of these indicators, with greater photostability and response to APs (and no confounding photoactivation), could allow deep multi-photon functional imaging, with lower background and phototoxicity. Additionally, it may be advantageous to target the new GECIs for nuclear exclusion (Krebs et al., 2012); cytoplasmic Ca2+ responses to APs are stronger and faster than nuclear signals (Bootman et al., 2009), and conflating the two [RCaMP and R-GECO1 do not appear to have cryptic nuclear exclusion sequences as does GCaMP (Tian et al., 2009)] may artificially depress and lengthen transients.

We demonstrate 2-color imaging using RCaMP together with the green sensor GCaMP, both between cell compartments within cells, and between different cell types. We have recently used RCaMP, in conjunction with a green sensor of extracellular glutamate (Marvin et al., 2013), to simultaneously image synaptic input into, and output from, neurons in C. elegans (Marvin et al., 2013). Importantly, we show robust integration of RCaMP with optogenetics, with orthogonal activation and functional imaging, both in cultured cells and in partially restrained C. elegans. We have recently used this technique to demonstrate functional, genetically specified synaptic connections in living worms by all-optical methods (Husson et al., 2012). Simultaneous, independent addressing of activation and imaging will enable “closed loop” optogenetics experiments, wherein functional imaging data is used dynamically to update activation. We show that R-GECO1 is not suited for use in optogenetic experiments due to its blue light-dependent photoswitching behavior. It might be possible that using a reduced intensity level of blue stimulation together with the proper ChR2- or ATR-null controls, these photoswitching effects with R-GECO1 could be minimized, or accounted for. Showing no signs of photoactivation, though, the RCaMP sensors are the best-suited indicators for simultaneous, and eventually “closed-loop,” optogenetics and functional imaging.

MATERIALS AND METHODS

INITIAL RCaMP CONSTRUCTION

For the red protein in RCaMP we selected mRuby (Kredel et al., 2009). DNA encoding mRuby was generated by assembly PCR (Stemmer et al., 1995), and cloned in pRSETa (Invitrogen, USA). We decided to test two different circular permutation sites in mRuby; (1) between Pro142 and Thr143 in beta strand seven [homologous to cpEGFP in GCaMP (Nakai et al., 2001)], and (2) between His196 and Arg197 in beta strand 10 [in close proximity to a potential planar trans conformation of the chromophore in mRuby, as described for its parental protein eqFP611 (Petersen et al., 2003)]. M13pep and CaM DNA, including linkers, were identical to their counterparts present in GCaMP3 (Tian et al., 2009). We also swapped the M13pep and CaM domains for each circular permutation site. Assembly of the four resulting RCaMP constructs was performed as follows; the four different parts (the N-terminal (from Met1 to Pro142 and from Met1 to His196) and C-terminal part (N143 to G227 and Arg197 to G227) of mRuby, the DNA encoding the M13pep including (M1 to E60) and DNA encoding CaM (T302 to K450) (mRuby and GCaMP3 numbering, respectively) were PCR amplified from GCaMP3 and mRuby DNA. Seven codon overlaps were encoded in the primers. PCR products were purified by gel extraction, pooled in equimolar amounts for the corresponding constructs, and assembled in a PCR assembly reaction. One to five microliter of this reaction was then used as a template in a following PCR reaction using primers annealing to the N-terminus and C-terminus of the final PCR product. Resulting DNA was gel purified, digested with NdeI and HindIII and ligated into pre-digested pRSETa and sequenced for verification.

DIRECTED EVOLUTION AND RATIONAL OPTIMIZATION OF RCaMP

M13pep-cpmRuby linker screen

Only BL21(DE3) colonies containing the RCaMP construct with the circular permutation site between Pro142 and Thr143 and the M13pep on the N-terminus and CaM attached to the C-terminus displayed very dim red fluorescence after 120 h incubation at 4°C. To improve maturation of RCaMP, we chose to first randomize the M13-cpmRuby linker Leu-Glu to either three amino acids (XXX) or two amino acids (XX) by Kunkel mutagenesis (Kunkel et al., 1991) and screen for faster maturing variants. Mutagenesis was performed as described previously (Akerboom et al., 2009, 2012b). Kunkel reactions were transformed into E. coli XL1-Blue (Stratagene), successful transformants were scraped off plates, pooled together, and the linker libraries in pRSETa were isolated using the Qiagen Miniprep kit (Qiagen, Germany). One microliter of each library was subsequently transformed to BL21(DE3) for high-level expression, plated on 244 mm × 244 mm LB-agar plates, resulting in two libraries of approximately 10,000 variants each. Plates with colonies were stored at 4°C, and were checked for fluorescence after 12, 24, 36, 48, and 60 h using an Olympus MVX10 microscope with proper lamps and filter sets. A total of 384 clones were selected for analysis by picking colonies that displayed the strongest red fluorescence at each time point. Candidates were grown for two days at 30°C in ZYM-5052 auto-induction media (Studier, 2005) containing ampicillin in 96-well deep well blocks. Five microliter of each culture was used to inoculate 2YT media for plasmid purification and sequencing.

Fluorescence intensity and signal-change measurements of variant libraries were performed in bacterial lysate as follows: BL21(DE3) cell pellets were resuspended in 400 μl lysis buffer (20 mM TRIS.HCl, 1 mM MgCl2, 1 mg/ml lysozyme, 1.5 Kunitz units DNase-I/ml) and incubated at 30°C while shaking (120 rpm) for 2 h. Lysates were subsequently clarified by centrifugation (20 min, 4000× g at 4°C). Ninety-five microliter of each sample was transferred to a UVStar 96-well plate (Greiner, Germany) and fluorescence was measured in a Tecan Safire2 (Tecan Group Ltd., Switzerland) spectrophotometer at 585 nm excitation—610 nm emission wavelengths before and after subsequent additions of 2 μl 0.1 M EGTA and 5 μl 0.1 M CaCl2. Four faster maturing variants with a calcium-dependent fluorescence increase greater than 100% in E. coli lysate were selected and the corresponding plasmids were sequenced. The four candidates contained the following M13-cpmRuby linkers: Cys-Ile (RCaMP-CI), Arg-Ile (RCaMP-RI), Pro-Arg-Ile (RCaMP-PRI), and Ala-Ile (RCaMP-AI). For each of the different linkers multiple candidates were selected with different codons for the isoleucine present in all the variants selected, ruling out enrichment of specific clones during the mutagenesis reaction for this amino acid and indicating the importance of an isoleucine at this linker position.

To analyze this set of four RCaMP variants as purified proteins, we re-transformed the plasmids into E. coli BL21(DE3), and inoculated 500 ml ZYM-5052 (Studier, 2005) containing ampicillin. The cultures were allowed to grow at 200 rpm shaking at 37°C until visibly turbid, after which the temperature was lowered to 30°C. Cultures were incubated at 30°C for 36 h while shaking at 200 rpm. Protein was purified via nickel affinity purification as described previously (Akerboom et al., 2009). Comparing fluorescence of purified proteins under calcium-free and calcium-loaded conditions gave ΔF/F0 values of 2.2 ± 0.1 for RCaMP-CI, 2.3 ± 0.05 for RCaMP-RI, 1.8 ± 0.2 for RCaMP-PRI, and 2.7 ± 0.1 for RCaMP-AI. Due to the potential reactivity of the cysteine in the M13 linker of RCaMP-CI we decided to continue with RCaMP-RI, RCaMP-PRI, and RCaMP-AI.

Random mutagenesis

To further optimize speed of maturation and brightness, we performed random mutagenesis on RCaMP-AI, RCaMP-RI, and RCaMP-PRI using error-prone PCR. The Genemorph II kit was used according to the manufacturer's instructions (Stratagene, USA). Primers were designed to anneal directly outside of RCaMP in the pRSETa construct. Template concentrations were set to generate around 3 mutations per kb. PCR mutagenesis products were gel-purified, digested with NdeI and HindIII, ligated into pRSETa and subsequently transformed to E. coli XL1-Blue. Transformants were scraped off agar plates, pooled, and plasmids were isolated with the QIAGEN miniprep kit (Qiagen). Five microliter of purified plasmid DNA was subsequently transformed to E. coli BL21(DE3). Colonies were allowed to develop fluorescence for 24 h at 4°C before being checked for red fluorescence under a wide-field stereomicroscope equipped with a red filter set. Four hundred variants that developed visible red fluorescence after 24 h were selected and grown for two days at 30°C in ZYM-5052 media (Studier, 2005) containing ampicillin in 96-well deep well blocks. Five microliter of each well was subsequently used to inoculate 2YT media for plasmid purification and sequencing. The ZYM-5052 cultures were pelleted and stored at −20°C. Bacterial lysate preparation and fluorescence measurements were performed as described for the M13pep-cpmRuby screen. From this random mutagenesis screen, four variants with improved fluorescence maturation characteristics stood out: RCaMP-PRI-1 (G21D, T148I, S151R, T364M, N391S, N431Y), RCaMP-PRI-2 (P224Q, G109R, E325A), RCaMP-RI-1 (Y25Q, T219I, S311P), RCaMP-AI-1 (T148A, A210V, D372G).

Directed mutagenesis

Mutagenic sites resulting from the random mutagenesis screen, as well as T60, D61, H111, A112, V113, and H115, chosen from inspection of the eqFP611 (Petersen et al., 2003) and mRuby crystal structures, were selected for saturation mutagenesis. We chose to use RCaMP-AI as a template, because it had the highest ΔF/F0 of the four M13-cpmRuby linker variants. The site-specific libraries were created by Kunkel mutagenesis using primers containing NNS at the codon of interest as described for the M13pep-cpmRuby, and were screened as described for the PCR mutagenesis mutants, except that colonies were not screened for red fluorescence but instead were picked randomly with a QPix2XT colony picker (Genetix, UK).

Four mutations that improved RCaMP brightness, maturation and ΔF/F0 significantly (G109A, A112Y, T364I, and D372Y) were combined to produce RCaMP1c. One additional spontaneous mutation, A270V, which lowered affinity and ΔF/F in vitro, but sped up the maturation dramatically, was also incorporated and was named RCaMP1d.

To further enhance RCaMP1d, we randomized positions K136, T294, and the cpmRuby-CaM linker R295-D296, tested the following directed mutations: L56Q, I60L, H77I, H77E, V140F, V140L, R384G, and I424S. These mutations were located at the interface between domains in the crystal structure, had close proximity to the domain linkers, or were predicted to influence calcium binding. We screened combinatorial libraries of these mutants as described for the M13pep-cpmRuby linker variants, using the QPix2XT colony picker (Genetix, UK) to randomly select variants. Mutations which improved ΔF/F0 or affinity were the cpmRuby-CaM linker R295D-D296S, R384G, and I424S. Combinations of these mutations resulted in two final RCaMP variants; RCaMP1f and RCaMP1h (Table 1, Figure 2A).

CONSTRUCTION OF YCaMP, CyCaMP, AND BCaMP

YCaMP, CyCaMP, and BCaMP were constructed by Quikchange mutagenesis (Stratagene, USA) using GCaMP3 (Tian et al., 2009) in pRSETa as template. Reactions were performed according to the manufacturer's instructions and constructs were sequenced for verification. We used combinations of published mutations to generate the different excitation and emission characteristics. For YCaMP, we used V115Y and K118V to shift the excitation/emission to yellow. For cyan, we used Y223W and Y223W in combination with S229A to generate CyCaMP1a and CyCaMP1b, respectively. For BCaMP, we initially mutated Thr222Ser and Tyr223His. This resulted in a very dim non-responsive BCaMP1a, so we screened variants of both the M13pep-cpEBFP and cpEBFP-CaM linker as described above. We found two linker variants (LeuGlu to MetPro for M13pep-cpEBFP linker and ThrArg to PhePro for cpEBFP-CaM linker) with improved brightness and ΔF/F0.

PROTEIN EXPRESSION AND PURIFICATION

Proteins were expressed and purified as described previously (Akerboom et al., 2009), with the following adaptations: proteins were expressed at 30°C for 36 h for RCaMP and at 25°C for the other color variants.

SIZE EXCLUSION CHROMATOGRAPHY

To examine the oligomeric state of RCaMP, an aliquot of purified protein in 20 mM Tris, pH 8.0, 100 mM NaCl, 2 mM CaCl2 was injected onto a Superdex 200 SEC column with 20 mM Tris, pH 8.0, 100 mM NaCl, 2 mM CaCl2 as the running buffer.

CRYSTAL STRUCTURE DETERMINATION

mRuby, RCaMP, and R-GECO1 proteins were expressed in E. coli BL21(DE3) from the pRSETa plasmid (Invitrogen). Proteins were purified by immobilized metal ion affinity and SEC. The N-terminal tag encoded by the pRSET vector was cleaved from mRuby proteins using enterokinase prior to SEC. Proteins were concentrated to ~10 mg/mL for crystallization using centrifugal concentrators (Millipore) with a 10 kDa molecular weight cut-off (MWCO). Crystallization using commercially available sparse matrix screens (Hampton Research) was done by mixing 1.2 μL of protein solution with 1.2 μL of precipitant in 96-well plates. X-ray diffraction data were collected at 100 K at the LRL-CAT beamline (31-ID) of the Advanced Photon Source. X-ray diffraction data were processed using Mosflm (Leslie, 1992; Battye et al., 2011)/Scala (Winn et al., 2011) (Table 2). Structures were solved by molecular replacement using Phaser (McCoy et al., 2007) with previously published structures of EqFP611 (PDB 3E5W) (Petersen et al., 2003), mCherry (PDB 2H5Q) (Shu et al., 2006) and CaM-M13 (from GCaMP, PDB 3EK7) (Akerboom et al., 2009). Iterative cycles of model building in Coot (Emsley et al., 2010) and refinement in Refmac/CCP4 (Winn et al., 2011) led to the final models described in Table 2.

SPECTROPHOTOMETRIC ANALYSIS OF PURIFIED PROTEIN

Fluorescence spectra were obtained as described previously (Akerboom et al., 2009). In short, pure proteins were dialyzed into 20 mM TRIS.HCl, pH 8.0, 100 mM NaCl and diluted 10-fold into zero-free calcium buffer (Invitrogen) for calcium-free spectra, and in 39 μM free-calcium buffer (Invitrogen) for calcium-loaded spectra. For absorbance spectra, undiluted samples were taken and EGTA or CaCl2 was added to a final concentration of 10 mM. Affinity measurements were done in calcium standards prepared by mixing different amounts of 39 μM free calcium buffer and zero calcium free buffer together according to http://maxchelator.stanford.edu (Patton et al., 2004) and the manual provided with the calcium kit. Measurements were taken in a Tecan Safire2 (Tecan Group Ltd., Switzerland), and data was analyzed using the GraphPad Prism software package (http://www.graphpad.com/prism/Prism.htm).

STOPPED-FLOW KINETIC ANALYSIS

The kinetics of calcium release by the indicators was determined from a single exponential fit to the fluorescence decay following rapid mixing of 1 μM protein samples in 10 μM calcium with a solution of 10 mM EGTA at room temperature, both buffered with 50 mM MOPS, 100 mM KCl at pH 7.2, using a stopped-flow device (Applied Photophysics) coupled to a fluorometer (Varian).

pH TITRATIONS

The pKa of both calcium-bound and calcium-free fluorescent indicators was determined by measuring the fluorescence at different pH values. Purified protein was diluted 20-fold into buffer A (20 mM Glycine, 20 mM Citrate, 20 mM TRIS.HCl) at different pH values, containing 2mM CaCl2 for calcium-loaded spectra and 2 mM BAPTA for calcium-free spectra.

SDS-PAGE ANALYSIS

For SDS-PAGE, small (15 μL) protein samples were mixed with 5 μL LDS Sample buffer (Life Technologies, USA) supplemented with 2-Mercaptoethanol, incubated at 100°C for 5 min, cooled on ice, and loaded onto pre-cast NuPAGE Bis-Tris gels (Invitrogen), and run at 50 V in MES buffer provided, until satisfactory migration of protein bands was reached. Protein mass was determined by running 5–10 μL SeeBlue Plus2 protein marker (Life Technologies, USA) in parallel. Gels were stained with staining buffer [50% methanol, 10% glacial acid, 40% distilled water, 1 g/L coomassie brilliant blue R-250 (FisherBioscience)], and destained with destaining buffer (similar to staining buffer, with coomassie brilliant blue omitted). Gels were imaged using an AlphaImager HP (ProteinSimple, USA), and sizes were calculated using the AlphaEaseFC software package (Genetic Technologies, Inc., USA).

PHOTOPHYSICAL MEASUREMENTS

Photophysical measurements were taken on purified protein in buffer (30 mM MOPS, 100 mM KCl) in the absence (10 mM EGTA) or presence (10 mM Ca-EGTA) of free Ca2+ (calcium calibration buffer kits, Invitrogen). All solutions had a measured pH of 7.28 ± 0.08. Absorption measurements were performed on a UV/VIS spectrophotometer (Lambda 35, Perkin Elmer) with 2-nm slit settings. Emission spectra were taken on a fluorescence spectrometer (LS55, Perkin Elmer) with 5 nm slit settings, using a quartz microcuvet to obtain excitation spectra in the UV in addition to the visible range. Quantum yield measurements were performed with an integrating-sphere spectrometer (Quantaurus, Hamamatsu), using protein solutions with an absorbance of about 0.1 OD at 570 nm. Two-photon spectroscopy measurements were performed on an inverted microscope (IX-81, Olympus) outfitted with a 60× 1.2 NA objective, using an 80 MHz Ti:Sapphire laser (Chameleon, Coherent) spanning 700–1080 nm, as described previously (Akerboom et al., 2012a; Mütze et al., 2012). An extended wavelength range (1000–1400 nm) was accessed by the addition of an OPO (Chameleon OPO, Coherent). Fluorescence collected by the objective, after passing through shortpass and bandpass filters (720SP, 625/90, Semrock), was detected using a fiber-coupled avalanche photodiode (APD) (SPCM_AQRH-14, Perkin Elmer), which operates in single-photon counting mode. Output pulses from the APD were fed to an autocorrelator (Flex03LQ, Correlator.com). This system was run under computer control with automated data acquisition, and allowed us to determine the two-photon-excited fluorescence excitation spectra. To perform time-resolved fluorescence lifetime measurements, we employed a fast-timing APD (PDF-CCTB, Micro Photon Devices) fed into a single-photon counting board (TimeHarp200, PicoQuant). We used two-photon-excited fluorescence correlation spectroscopy (FCS) to quantify chromophore concentration and two-photon specific brightness using EGFP at known concentration as a reference to calibrate the excitation volume. All FCS autocorrelation fits were performed using a custom fitting program in MatLab (Vijay Iyer, unpublished). We also used FCS to determine the fluorescence rate per molecule, or specific brightness, given by <F>/N = <F>G(0), as the laser power is varied. The peak brightness, the maximum value of the specific brightness, provides a metric to compare the photostability under two-photon illumination (Mütze et al., 2012). One-photon photobleaching measurements were made in an upright microscope (Imager.Z2, Zeiss), using a 20× 0.85NA objective, with illumination from either a Hg-lamp (excitation filter 550/25, Semrock), or a 561-nm laser (Sapphire 561 LP, Coherent). The intensity at the sample was 2.7 W/cm2 for lamp illumination, and 6.0 W/cm2 for 561-nm laser illumination. Samples consisted of proteins in aqueous buffer droplets (50 mM MOPS, 100 mM KCl, 1 mM CaCl2, 0.1% BSA, pH 7.3) suspended in a nonpolar solvent (1-octanol) between two coverslips, following the method of Kremers and Piston (2010). Fluorescence from individual droplets contained within the area of uniform illumination was collected by the objective, passed through a bandpass filter (605/70, Semrock), and sent to either a CCD camera (CoolSnapEZ, Roper) or an APD to record the emission with high temporal resolution. In order to investigate photoswitching in the protein samples, additional illumination by a 405 laser (Sapphire 405 LP, Coherent) was combined along the path of the 561-nm laser. All light sources were outfitted with shutters, and exposure sequences were set by a custom software program.

TRANSIENT ABSORPTION AND EMISSION OF R-GECO1 FOLLOWING 488-nm EXCITATION

Absorption and emission properties of R-GECO1 and RCaMP1h were measured using a sub-microcuvet (16.40F-Q-10/Z15, Starna Cells) of 0.036 cm2 area and 1 cm path length, in a setup providing 488-nm laser light delivered to the cuvet under shutter control, and a counter-propagating probe beam of lamp-light transiting through the same area of the cuvet. The transmitted probe light was sent to a fiber-coupled CCD-based spectrometer (QE65000, Ocean Optics), which captured and stored full absorption spectra of 100-ms duration at a frame rate of 10 s−1. Optical density was calculated from -Log[S(1)/So(1)], where So(1) is the lamp-light signal recorded at each wavelength of the spectrometer in the absence of R-GECO1 and S(1) the signal measured with R-GECO1 present. Due to baseline drifting for this setup, we found it useful over the course of long experiments to determine just the transient absorption, ΔOD, from −Log[Spost-488(1, t)/Spre-488(1)].

Transient fluorescence was recorded in this setup from side-window measurements of the cuvet. Emission light was focused onto a fiber-coupled florescence spectrometer (Pixis256E CCD + SB-2358 Acton spectrograph, Princeton Instruments), capable of recording 100 ms per spectra at a frame rate of 7.9 s−1. The transient fluorescence was excited by weak 561 nm light (0.025 W/cm2). Measurements at 10-fold higher intensity yielded equivalent results, indicating the weak 561 nm light was not perturbing the photophysics.

Excitation laser light overfilled the 0.036 mm2 open area of the cuvet, and incident intensities for 488, 405, and 561 nm were determined from measurements of laser power transmitted through the cuvet containing buffer only, divided by the open area of the cuvet (0.036 cm2). Laser exposure time was controlled with a shutter (Uniblitz) under software control. The spectrometers were operated in free-running data-acquisition mode, i.e., not synchronized to the laser shutter. However, we could determine accurately the timing from the end of the 488-pulse to the beginning of the first and subsequent data frames from laser fiducials appearing in each frame.

Samples of R-GECO-1 or RCaMP1h were diluted in the microcuvet containing buffer (MOPS/KCl/10mM-EGTA, pH 7.25), and data taken for this “no-calcium” case. Following these measurements, CaCl2 was added to provide 10 mM final concentration in the buffer, the sample allowed to equilibrate, and measurements performed for the “+ Ca” case. Absorption experiments were performed for 3 concentrations (5, 10, 20 μM) and fluorescence experiments performed at 10 μM and 3 μM, in order to assess possible concentration effects (none observed).

HEK293 CELL ACETYLCHOLINE Ca2+ MOBILIZATION ASSAY

RCaMPs were cloned into pCAGGS by PCR amplification, subsequent digestion with AgeII and NotI and ligation into predigested pCAGGS (Niwa et al., 1991). Constructs were sequenced for verification. Transfections were done in low passage number HEK293 cells using the Amaxa 96 nucleofector kit (Lonza Group Ltd., Switzerland). Cells were then incubated for 48 h in DMEM.HG (Corning, USA) supplemented with 10% Fetal Bovine Serum (FBS) at 37°C, 10% CO2. Media was renewed after 24 h. After 48 h, growth media was aspirated and 100 μl 1× TBS buffer supplemented with 2 mM CaCl2 was gently pipetted on top of the cells. Imaging was performed immediately afterwards in an FDSS plate reader (Hamamatsu, Japan). Dilutions of acetylcholine in 1× TBS supplemented with 2mM CaCl2 were added 10 s after read initiation. Data was analyzed using the GraphPad Prism software package (http://www.graphpad.com/prism/Prism.htm).

HIPPOCAMPAL AND CORTICAL NEURONAL CULTURE IMAGING

Procedures were as described previously (Akerboom et al., 2012a). Briefly, dissociated hippocampal or cortical neurons obtained from P0 rat pups were plated in 24-well plates and transduced with GECI variants expressed from the human synapsin-1 promoter using lentivirus or adeno-associated virus (AAV). Fluorescent signals were imaged concomitant with trains of APs at 30 Hz, induced by field electrode stimulation. Imaging data were analyzed using a customized algorithm in MATLAB (MathWorks).

CHANNELRHODOPSIN—HEK293 CELL MEASUREMENTS

All fluorescence experiments were performed on an IX70 microscope (Olympus, Tokyo, Japan) with a 40× and 1.35 N.A. oil objective (Fluar Zeiss, Germany). For dual-wavelength excitation of ChR and RCaMP1e or GCaMP3, two independent light sources were applied. For RCaMP1e and GCaMP3 excitation we used a Polychrome V unit (TILL Photonics, Planegg, Germany) set to 560 nm or 440 nm (FWHM 7 nm), respectively. ChRs were activated with a 75W-Xenon lamp (Leistungselektronik Jena, Jena, Germany) bandpass filtered either with 450 nm (FWHM 15 nm) or 560 nm (FWHM 15 nm) (AHF Analysentechnik, Tübingen, Germany). Both light sources were controlled by the Tillvision Software (TILL Photonics, Planegg, Germany). The xenon lamp was modulated via a fast shutter (Uniblitz, Rochester, NY). Fluorescence was selected via a dichroic mirror (FF01-468/553-25, Semrock, Rochester, NY) and projected onto a CCD camera (Imago, TILL Photonics, Planegg, Germany). Fluorescence was sampled every 3 s at an exposure time of 500 ms and a resolution of 320 × 20 pixels (2 × 2 binning). ΔF/F was calculated by subtracting the baseline fluorescence level (average of 20 data points before ChR activation) and subtracted from the actual fluorescence response and normalized to F0. All fluorescence data was background corrected.

Electrophysiology was performed as previously described (Prigge et al., 2010). Briefly, patch pipettes were pulled from micro-haematocrit-tubes (Hecht-Assistant, Sondheim, Germany). Pipettes were then filled with (in mM): 110 NaCl, 10 EGTA, 2 MgCl2, 2 CaCl2, 2 KCl, and 10 HEPES buffer (pH 7.5). External solution contained (in mM): 140 NaCl, 2 KCl, 2 MgCl2, 1, 2, 5, or 10 CaCl2 and 10 HEPES (pH 7.2). pH and osmolarity were adjusted with NMG/HCl to 7.2 and Glucose to 280 or 320 mOsm, respectively. Voltage clamp measurements were performed with a HEKA EPC 7 amplifier (Heka Electronics, Darmstadt, Germany) and visualized with pClamp Software (Molecular Devices, Foster City, CA).

A HEK293 cell line constitutively expressing CaV3.2 and mTrek (Yao et al., 2006) was transfected one day after seeding using Fugene HD (Roche, Indianapolis, IN). Fluorescence or electrophysiology was performed one day after transfection. ATR was added into cell growth media to a final concentration of 1 μM.

C1V1 or ChR2(TC) were fused C-terminally to GCaMP3 or RCaMP1e by overlap-extention PCR. The product was cloned into pECFP-N1 (Clontech, Mountainview, CA) via NheI and XbaI digestion and subsequent ligation.

IMAGING GECIs IN C. elegans WITH CHANNELRHODOPSIN PHOTOSTIMULATION

For Ca2+ imaging of body wall muscles, worms were fully or partially immobilized by gluing them with surgical glue (Octyl Cyanoacrylate) onto 2% agar pads in M9 buffer. RCaMP1e and RCaMP1h fluorescence was measured on an inverted fluorescence microscope (Zeiss, Axio Observer) equipped with two high power light-emitting diodes (LEDs; 590 and 470 nm, KSL70 Rapp Optoelektronik), coupled with a beam splitter that allows simultaneous illumination at two wavelengths, for excitation of RCaMP, as well as for photostimulation of ChR2. The filter set for imaging consisted of a double band pass excitation filter 479 and 585 nm combined with a 605 nm beam splitter and a 647/57 band pass filter for emission (AHF Analysentechnik: F74-423, F38-605, F37-647). Illumination protocols were run using the Lambda SC Smart Shutter controller (Sutter Instruments). Videos were obtained with a CCD camera (Photometrics Coolsnap HQ2, Roper Scientific). Calcium traces were taken by a 40× oil immersion objective (Zeiss EC Plan Neofluar 40× 1.3 NA) and analyzed using ImageJ (http://rsbweb.nih.gov/ij/index.html), generating ROIs for single or few muscle cells that did not show major movement. As a control, muscles in animals raised in the absence of ATR were analyzed, or non-transgenic muscles next to the measured transgenic muscle (animals contained extra-chromosomal arrays of RCaMP1e, and expression was thus subject to minor mosaicism). Data were calculated to obtain ΔF/F. For some experiments involving prolonged photostimulation, the fluorescence increase due to the autofluorescence was deduced by taking the fluorescence value of the first video frame of the blue stimulus, and subtracting this value from each measured fluorescence value during the photostimulus. To obtain normal fluorescence images, the same microscope was used with a HBO 100 lamp and a filter set for red fluorescent probes, e.g., Cy3. Some animals were only partially immobilized by gluing, to allow motility, and the ROIs were then traced manually for analysis, using non-ambiguous anatomical landmark features that could be followed even under fluorescence imaging. For Ca2+ imaging of the pharynx, heads were cut off and placed in an imaging chamber (ALA Scientific Instruments) in buffer Em D50 (140 mM NaCl, 3 mM KCl, 3 mM CaCl2, 1 mM MgCl2, 50 mM D-Mannitol, 10 mM HEPES, pH 7.3). Worm heads were illuminated with yellow light (80 mW/cm2) using a 590 nm LED and filterset as described above. Calcium traces were taken by a 25× Oil immersion objective (Zeiss LCI Plan-Neofluar 25 × 0.8 Imm Corr DIC) and analyzed by ImageJ, generating ROIs for terminal bulb and background. As a control, worms expressing mCherry in the pharynx (pmyo2::mCherry) were used. Data were calculated to obtain ΔF/F. Pump events were either scored by eye, judging the slight movements visible in the image stream (for RCaMP), or by analyzing kymographs of line scans through the terminal bulb (mCherry), where the lumen opening could be easily visualized.

IMAGING GECIs IN C. elegans AWCON SENSORY NEURON

The same experimental protocol was used as in previous GCaMP experiments (Akerboom et al., 2012a). All recordings are from the AWCon sensory neuron. After 10 s of observation, odor (IAA @ 10−4 dilution) was added for 5 min. At the last 10 s of odor addition, imaging was commenced for another minute to observe the neuron's response to odor removal (the AWCon neuron activates in response to odor removal).

IMAGING RCaMP1f ACTIVITY IN Drosophila MOTOR NEURON TERMINALS

Genetics and animal preparation

To generate larvae expressing RCaMP in motor neuron terminals, we crossed pJFRC7-7.20XUAS-RCaMP1f flies to a GAL4 driver (OK371-GAL4) that expresses in all glutamatergic neurons (Mahr and Aberle, 2006). Resulting larvae were raised on standard media at 25°C. Wandering third instar larvae were then dissected in physiological saline containing (in mM) 135 NaCl, 5 KCl, 2 CaCl2, 4 MgCl2, 5 TES, 36 sucrose, pH 7.15. Animals were filleted as described previously (Pulver et al., 2009; Akerboom et al., 2012a) and in each preparation, the central nervous system was dissected away leaving only peripheral nerves and muscles. Larval fillets were then mounted on a standard electrophysiology rig equipped with a gravity fed perfusion system. Saline containing 7 mM glutamic acid was constantly superfused over preparations before imaging to reduce movement artifacts. Temperature was maintained at ~22°C.

Stimulation parameters

To stimulate motor axons, cut segmental nerves were drawn into a suction electrode attached to a Model 2100 isolated pulse stimulator (A-M Systems, Sequim, WA). The electrode was maneuvered using a MP-285 micromanipulator (Sutter Instruments, Novato, CA). 2.9 V, 300 μS pulses were delivered at 1, 10, 20, 40, 80, 160 Hz for 2 s durations. Approximately 20 s intervals separated each stimulation frequency; each frequency was repeated at least twice for every terminal examined.

Acquisition hardware and software

To visualize RCaMP-expressing motor neuron terminals, we used an Olympus BX51wi compound microscope equipped with a filtered (band bass 572 ± 17.5 nm) white LED light source (OptoLED, Cairn Instruments, Kent, UK) and GFP/mCherry excitation and emission filters (Chroma Technology, Bellows Falls, VT). LED light intensity was kept under 0.37 mW/mm2 to reduce bleaching. An Andor DU897 EMCCD camera (Andor Technologies, Belfast, Northern Ireland) was used to capture image data (7.12 fr/s) during nerve stimulations. We simultaneously recorded nerve stimulation times and temperature using a Powerlab 16/30 data acquisition system and Chart 7.1 software (both from AD Instruments, Colorado Springs, Co.). Image data and stimulation times were synchronized off-line using custom scripts in MATLAB (Mathworks, Natick, MA).

Image analysis

Motor neuron terminals on muscle 13 (m13) in abdominal segments 3–6 were targeted for analysis. Regions of interest (ROIs) were manually drawn on the 3 most proximal boutons on each m13 muscle. Small lateral shifts in terminal location were corrected off line using image stabilization plugins in ImageJ (Schneider et al., 2012). Percent change in fluorescence from baseline (ΔF/F) was then calculated for each ROI using custom scripts in MATLAB; intensity values from each ROI were averaged to obtain data for each terminal. A total of eight terminals were measured in four animals (2 terminals per animal). Amplitudes and time courses of ROI signals were analyzed using custom scripts in Spike2 (Cambridge Electronic Design, Cambridge, UK).

RCaMP ACTIVITY IN ZEBRAFISH TRIGEMINAL NEURONS

mitfa−/− (nacre) zebrafish were maintained under standard conditions at 28°C and a 14:10 h light:dark cycle. Larvae were raised in E3 embryo medium (5 mM NaCl, 0.17 mM KCl, 0.33 mM CaCl2 and 0.33 mM MgSO4). Embryos were injected at the 1 cell stage with 20 ng/μl plasmid DNA encoding RCaMP under the control the pan-neuronal elavl3/HuC promoter (elavl3:RCaMP), and 40 ng/μL Tol2 transposase mRNA diluted in E3 medium with 0.025% Phenol Red. Forty-eight hour post-fertilization embryos showing expression in isolated trigeminal neurons were treated with 1 mg/mL bath-applied alpha-cobratoxin for 15 min to block tail movements. They were mounted in 1.5% low melting temperature agarose, and imaged using an microscope with a 40×/0.8NA objective lens (Olympus) and a CCD camera (Hamamatsu Orca). 1 ms field stimuli were applied using two mesh electrodes in the bath and a stimulator (Grass SD9). Stimulation voltage was calibrated to the threshold to elicit a behavioral response to one pulse in the set up. One spike in a trigeminal neuron has previously been shown to be sufficient to elicit tail movement (Douglass et al., 2008). Software written in LabView (National Instruments) was used for image acquisition and stimulus control. ROI were selected manually, and data was analyzed using MATLAB (MathWorks).
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GENBANK

RCaMP1h has been deposited in NCBI GenBank (http://www.ncbi.nlm.nih.gov/genbank/) under accession number KC572547.

CONSTRUCT AVAILABILITY

RCaMP1h DNA and viruses are available from AddGene (http://www.addgene.org;#70014) or the University of Pennsylvania Vector Core (http://www.med.upenn.edu/gtp/vector_core.shtml), respectively.

PROTEIN STRUCTURES

X-ray structures have been deposited in the Protein Data Bank (http://www.rcsb.org). Accession codes are shown in Table 2.

ABBREVIATIONS

AP, action potential; FP, fluorescent protein; GFP, green fluorescent protein; GECI, genetically encoded calcium indicator; FRET, Förster resonance energy transfer; ACh, acetylcholine; ChR2, channelrhodopsin-2; C1V1, ChR1-VChR1 chimera; PAGE, polyacrylamide gel electrophoresis; RMSD, root mean square deviation; SNR, signal-to-noise ratio.
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Comparative analysis of cytosolic and mitochondrial ATP synthesis in embryonic and postnatal hippocampal neuronal cultures
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ATP in neurons is commonly believed to be synthesized mostly by mitochondria via oxidative phosphorylation. Neuronal mitochondria have been studied primarily in culture, i.e., in neurons isolated either from embryos or from neonatal pups. Although it is generally assumed that both embryonic and postnatal cultured neurons derive their ATP from mitochondrial oxidative phosphorylation, this has never been tested experimentally. We expressed the FRET-based ATP sensor AT1.03 in cultured hippocampal neurons isolated either from E17 to E18 rat embryos or from P1 to P2 rat pups and monitored [ATP]c simultaneously with mitochondrial membrane potential (ΔΨm; TMRM) and NAD(P)H autofluorescence. In embryonic neurons, transient glucose deprivation induced a near-complete decrease in [ATP]c, which was partially reversible and was accelerated by inhibition of glycolysis with 2-deoxyglucose. In the absence of glucose, pyruvate did not cause any significant increase in [ATP]c in 84% of embryonic neurons, and inhibition of mitochondrial ATP synthase with oligomycin failed to decrease [ATP]c. Moreover, ΔΨm was significantly reduced by oligomycin, indicating that mitochondria acted as consumers rather than producers of ATP in embryonic neurons. In sharp contrast, in postnatal neurons pyruvate added during glucose deprivation significantly increased [ATP]c (by 54 ± 8%), whereas oligomycin induced a sharp decline in [ATP]c and increased ΔΨm. These signs of oxidative phosphorylation were observed in all tested P1–P2 neurons. Measurement of ΔΨm with the potential-sensitive probe JC-1 revealed that neuronal mitochondrial membrane potential was significantly reduced in embryonic cultures compared to the postnatal ones, possibly due to increased proton permeability of inner mitochondrial membrane. We conclude that, in embryonic, but not postnatal neuronal cultures, ATP synthesis is predominantly glycolytic and the oxidative phosphorylation-mediated synthesis of ATP by mitochondrial F1Fo-ATPase is insignificant.
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INTRODUCTION

A variety of pathological conditions, such as ischemia, stroke, or traumatic injury, deprives neurons of oxygen and glucose supply, thus leading to depletion of intracellular adenosine triphosphate (ATP) levels (see for reviews Ames, 2000; Duchen, 2004; Iijima, 2006; Duchen and Szabadkai, 2010; Gleichmann and Mattson, 2011; Gouriou et al., 2011). Intracellular ATP is a ubiquitous “energy currency” that is crucial for energy-dependent functions in neurons including homeostasis of transmembrane ion gradients (Ames, 2000; Beal, 2000; Nicholls and Budd, 2000). Suppression of ATP synthesis via glycolysis and oxidative phosphorylation (OxPhos) causes deregulation of transmembrane gradients for key ions including Na+, K+, and Ca2+ that are maintained by plasmalemmal and intracellular ATPases, the major consumers of ATP in neurons.

Primary neuronal cultures have been widely used as a convenient (and often indispensable) model for investigation of molecular and cellular mechanisms of brain pathologies, such as ischemia or excitotoxic effects of high-dose glutamate. Hippocampal neurons are usually cultivated upon dissociation from either embryonic (E17–E18) or postnatal (P1–P2) rodent brain. It is commonly assumed that, after 1 or 2 weeks in culture, embryonic, and postnatal neurons have similar properties in terms of their response to oxidative stress, toxic doses of glutamate or glucose deprivation, i.e., to those pathology-modeling conditions that impose a heightened demand on neuronal energy suppliers (see for example, Wang and Thayer, 1996; Sattler et al., 1998; Ruiz et al., 1998; Vergun et al., 1999, 2003). Until now, however, no published work has reported a direct comparison of cytosolic ATP concentration ([ATP]c) levels in postnatal vs. embryonic cultured neurons. Such a comparison is timely and relevant, in view of the widespread use of both types of cultures and considering the growing body of evidence that the cascade of molecular and cellular modifications occurring at birth strongly affects bioenergetics of neurons in neonatal brain (Lust et al., 2003; Illsinger and Das, 2010).

To our knowledge, there are only two studies in which luciferase bioluminescence imaging have been used to evaluate changes in [ATP]c of individual cultured neurons (Ainscow et al., 2002; Mironov, 2007). This method has not been widely used, apparently due to the stringent requirements for equipment to be sensitive enough to detect weak bioluminescence signals. In addition to bioluminescence, fluorescence of a Mg2+-sensitive indicator mag-Fura can be used for measuring [ATP]c, albeit only under such conditions that do not cause any measurable changes in [Ca2+]i (Abramov and Duchen, 2010).

The recently introduced genetically encoded ATP sensors based on fluorescent protein pairs have made it possible, for the first time, to monitor changes in either [ATP]c or in the ATP/ADP ratio in single cells and organelles (Berg et al., 2009; Imamura et al., 2009; Nakano et al., 2011) employing conventional epifluorescence microscopy. Here, we used the AT1.03 sensor constructed from two fluorescent proteins (blue and yellow-green) that are linked with a ATP-binding polypeptide (Imamura et al., 2009). The AT1.03 sensor translates changes in [ATP]c into a conformational change that modulates the efficiency of fluorescence resonance energy transfer (FRET) between the two proteins, thus changing measurably the spectral properties of the sensor. Expression of AT1.03 in cytosol of cultured hippocampal neurons allowed us, for the first time, to perform time-lapse measurement of [ATP]c dynamics in individual neurons in response to glucose deprivation, glycolysis blockade and/or manipulations with mitochondrial ATP synthesis. We conclude that, in 84% of hippocampal neurons cultivated from E17 to E18 rat embryos, the mitochondrial ATP synthase (F1Fo-ATPase) does not produce ATP, but instead consumes it in order to maintain mitochondrial membrane potential (ΔΨm). In contrast, mitochondria of the neurons cultivated from neonatal rat pups showed evidence of ATP synthesis by F1Fo-ATPase as expected.

RESULTS

To perform time-lapse fluorescence microscopic imaging of [ATP]c in individual neurons, we transfected embryonic and postnatal hippocampal cultures with the ATP sensor AT1.03 (Imamura et al., 2009) and loaded them with a widely used ΔΨm-sensitive dye TMRM. Figure 1 shows bright field (A) and fluorescence (B–D) images of a visual field in a culture of embryonic hippocampal neurons loaded with TMRM (red in Figures 1C,D). A fraction of cells that were morphologically identified as neurons expressed AT1.03 sensor (green in Figures 1B,D). Figures 1E,F show [ATP]c distribution in AT1.03-expressing embryonic neurons, with [ATP]c encoded on a color scale from blue-green (high [ATP]c, low F436/F500 ratio) to yellow-read (low [ATP]c, high F436/F500 ratio), on the purple background corresponding to the cell-bearing substrate and cells lacking AT1.03 expression.
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Figure 1. Ratiometric fluorescence imaging of embryonic cultured hippocampal neurons expressing AT1.03 and loaded with a mitochondrial membrane potential sensitive dye TMRM. (A) Bright-field image of cells in the visual field. (B) Fluorescence image of the same field showing AT1.03 at the acceptor wavelength (excitation 500 nm, emission 535 nm). (C) Fluorescence image of TMRM loaded both in the AT1.03-expressing neurons and in the surrounding non-transfected cells. (D) Overlay of AT1.03 from (B) (green) and TMRM from (C) (red). (E) Ratiometric AT1.03 image under resting conditions. The image was digitally constructed by diving an F436 image (excitation 436 nm, emission 535 nm) by the nearly-simultaneously acquired F500 image (excitation 500 nm, emission 535 nm). (F) Ratiometric AT1.03 image under Gluc deprivation conditions. The pseudo-color palette in (E) and (F) has been selected so that purple corresponds to the cell-bearing substrate, blue–green colors correspond to the baseline (high) levels of [ATP]c, and “warmer” colors (yellow–red) correspond to progressive depletion of [ATP]c. Scale bars: 50 μm.



Removal of glucose (Gluc) from the buffer perfusing embryonic cultured neurons resulted in a marked reduction in [ATP]c (Figure 1F) compared to its pre-deprivation level. The time course of [ATP]c changes had a characteristic pattern exemplified in Figure 2A (green trace): the F436/F500 ratio remained at baseline level for a certain lag period, which ranged between 1 and 10 min, and then dropped abruptly. In Gluc-free buffer, the AT1.03 ratio decreased on average by a factor of 1.62 ± 0.12, i.e., from the normalized base level of 1.0 to 0.62 ± 0.03, or by 38.0 ± 3.0% (P < 0.001; n = 39 neurons from culture dishes plated on 12 separate cultivation days). Simultaneous monitoring of TMRM signal in the same cells revealed that application of Gluc-free buffer caused only a small decrease in the TMRM signal (by 3.8 ± 0.8%; n = 39; P < 0.001; see red trace in Figure 2A). The [ATP]c remained at a low steady-state level for as long as extracellular Gluc was absent.
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Figure 2. Glycolysis inhibition in embryonic neurons caused depletion of [ATP]c but had little effect on ΔΨm. (A) Simultaneous measurement of AT1.03 ratio (F436/F500; [ATP]c, green trace, right axis) and TMRM signal (ΔΨm, red trace, left axis) during inhibition of glycolysis and/or mitochondrial respiration. Gluc deprivation is indicated with light-blue bars, Pyr (10 mM) application with a gray bar, 3 mM NaCN and 5 mM 2-DG (CN + 2-DG) application with a brown bar. (B) Example of the accelerating effect of glycolysis blockade with 2-DG on the time course of [ATP]c decrease during Gluc deprivation. Application of 2-DG is indicated with a green bar. Linear fit of the [ATP]c trace in prior to and during 2-DG application is shown as dashed lines. (C) Correlative plot of the [ATP]c decay rate (min−1) vs. the lag period of [ATP]c decrease induced by Gluc deprivation, as shown in (A). Open symbols: Gluc deprivation alone; filled symbols: Gluc deprivation along with 2-DG. Blue fitting curve was iteratively calculated using the following equation: Y = A*exp(-X) + Yo, where Y is the [ATP]c decay rate, A is a constant value, Yo is an asymptotic rate level, and X is the lag period. (D) Average lag period of [ATP]c decrease induced by Gluc deprivation alone (left bar) or in combination with 2-DG (right bar). The significant shortening of the lag period by 2-DG is indicated with *** (P < 0.001; n = 38 and 10). (E) Average [ATP]c decay rate during Gluc deprivation alone (left bar) or in combination with 2-DG (right bar). The significant acceleration of the [ATP]c decay by 2-DG is indicated with *** (P < 0.001; n = 24 and 8).



To test whether Gluc deprivation per se had decreased [ATP]c to a lowest detectable level in embryonic hippocampal cultured neurons, we applied a combination of 2-DG and cyanide in the Gluc-free medium (Figure 2A, green trace), to ensure that: (1) glycolytic synthesis of ATP is fully blocked and (2) mitochondrial ATPase is only able to hydrolyze ATP, but not to synthesize it (Nicholls and Budd, 2000). Blockade of both glycolitic and oxidative ATP synthesis caused only a marginal decrease (by 2.5 ± 1.0%, n = 33) in the AT1.03 ratio from the steady-state level already achieved by Gluc deprivation alone. Thus, Gluc deprivation of embryonic neurons caused a near complete depletion of [ATP]c (i.e., a decrease by 97.5 ± 1.0% of the total dynamic range of the AT1.03 ratio). This finding suggests that, in the absence of extracellular Gluc, embryonic hippocampal neurons quickly lost their ability to produce ATP, at least in such quantities that would be detectable by means of AT1.03 (i.e., above 0.3 mM; Imamura et al., 2009).

Restitution of Gluc in the perfusion buffer readily returned [ATP]c to a level nearly matching the pre-deprivation baseline (Figure 2A, green trace). The increase in the AT1.03 ratio constituted 34.2 ± 1.9% (P < 0.01; n = 9), reaching ~90% of the value by which AT1.03 ratio decreases in glucose-free buffer (on average, 38.0 ± 1.0%). Similarly to Gluc removal, re-addition of Gluc had little effect on ΔΨm (Figure 2A, red trace). This lack of effect cannot be attributed to insufficient sensitivity of the TMRM imaging assay, because blockade of mitochondrial respiratory chain by sodium cyanide (NaCN, 3 mM) performed at the end of the experiment reliably triggered an immediate strong depolarization of ΔΨm (red trace in Figure 2A). On average, NaCN increased the TMRM signal by 338 ± 24% (n = 38; P < 0.001). These findings suggest that, during Gluc deprivation, mitochondria had a sufficient amount of pyruvate (or an alternative substrate) for tricarboxylic acid cycle (TCA) to maintain the ΔΨm at a relatively stable level.

The duration of the lag period preceding the abrupt drop in [ATP]c varied widely. This likely reflects variability in the rate of Gluc metabolism between individual cells. Another varying factor may be the abundance of intracellular storage of Gluc, as well as of ATP and glycogene. Indeed, we found that blockade of Gluc metabolism with 2-desoxiglucose (2-DG; 5 mM) on top of Gluc deprivation dramatically shortened the lag period and strongly accelerated the rate of [ATP]c decrease (Figures 2B–D).

We hypothesized that application of pyruvate (Pyr) during Gluc deprivation would restore [ATP]c and increase ΔΨm, because pyruvate (normally provided by glycolysis) is a major substrate for TCA and its addition at 10 mM should boost mitochondrial ATP synthesis (Vergun et al., 2003; Khodorov et al., 2012). To our surprise, a 5–15 min application of 10 mM Pyr (gray bar on Figures 2A, 3A,C, 5A, Appendix Figure A3) to Gluc-deprived embryonic neurons had little if any effect on [ATP]c in ~84% neurons (96/114 neurons, 43 experiments; see Figure 4E). The Pyr effect on [ATP]c in these 96 cells was insignificant and constituted on average a 2.8 ± 0.7% increase in the AT1.03 ratio (P > 0.5; n = 20). Pyr also induced a modest, but significant hyperpolarization of mitochondria, as evident from the TMRM signal decrease (Figure 2A, red trace, see also Figures 3A,C and 5A) on average by 1.5 ± 0.3% (P < 0.001; n = 38). Consistently with the Pyr results, application of lactate (Lac) at 10 mM had no effect on [ATP]c (Figure 3D). These results strongly suggest that OxPhos was not active in the embryonic hippocampal neurons.
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Figure 3. Pyruvate and lactate failed to increase [ATP]c, ΔΨm, and NAD(P)H despite their penetration into cytosol of hippocampal embryonic neurons. (A) Simultaneous measurement of [ATP]c (green trace, right axis) and ΔΨm (red trace, left axis) in neuron expressing AT1.03 and loaded with TMRM. Gluc-free buffer application is indicated with a light-blue bar, pyruvate (Pyr, 10 mM) with a gray bar, Oligo (5 μg/mL) with a yellow bar, rotenone (Rot, 2 μM) with a dark blue bar. (B) Simultaneous measurement of averaged NAD(P)H autofluorescence (blue trace, right axis) and ΔΨm (red trace, left axis) in seven non-transfected neurons located in the same field of view as those shown in (A). (C,D) Intracellular acidification accompanying Pyr (C) an lactate (Lac) (D) application (both 10 mM) in an embryonic neurons co-expressing AT1.03 (green traces, right axis) and cytosolic pH-sensitive red fluorescence protein mKate (pink traces, left axis). Pyr and Lac application induced a downward shift in mKate fluorescence, consistent with the efficient Pyr/Lac transport causing acidification of cytosol. Pharmacological manipulations—same as in (A).



The inability of Pyr (or Lac) to increase [ATP]c during Gluc deprivation was not related to any irreversible modifications of cellular functions, because restitution of Gluc in the buffer resulted in a near-complete recovery of [ATP]c (Figure 2A, see also Figures 3C,D, Appendix Figure A3). To further verify that Gluc deprivation did not perturb cellular functions, we exposed resting neurons to Pyr prior to and during Gluc withdrawal in a separate set of experiments. The Pyr application neither increased the basal [ATP]c nor occluded the drop in [ATP]c induced by the following Gluc removal (Figure A1). The lack of Pyr effect on the basal [ATP]c at rest indicates that cells do not increase [ATP]c above the level they need. Therefore, in all subsequent experiments Pyr (or Lac) was added only after the [ATP]c decrease caused by removal of Gluc or blockade of glycolysis by 2-DG.

It is known that TCA supplies substrates for the respiratory chain in form of NADH for complex I and succinate for complex II. Mitochondrial NAD(P)H level changes can be estimated from intracellular autofluorescence and has long been used as an important and convenient readout of cellular metabolic status (Chance and Hollunger, 1960; Duchen et al., 2003; Pellerin and Magistretti, 2004; Ying, 2006). We therefore monitored endogenous NAD(P)H fluorescence as an averaged signal from non-transfected cells located in the same visual field as the cells expressing ATP1.03, and compared the time course of simultaneously recorded changes in NAD(P)H and ΔΨm induced by Gluc deprivation and pharmacological manipulations (Figure 3B; see also Appendix Figure A3B).

Gluc removal induced a rapid decrease in NAD(P)H (Figure 3B), which developed in parallel to the decrease in [ATP]c (Figure 3A, see also Appendix Figure A3). At the time when both NAD(P)H fluorescence and AT1.03 ratio were at their lowest plateau levels, we added Pyr (10 mM) and observed no changes in either parameter (respectively green and violet traces in Figures 3A,B). The TMRM signals revealed moderate in response to Pyr application (red traces in Figures 3A,B; statistics in Figure 5G). Washout of Pyr and Lac and restitution of extracellular Gluc resulted in recovery of [ATP]c nearly to the pre-deprivation level.

A possible alternative interpretation of this finding is that exogenous Pyr (and/or Lac) failed to enter the cells through plasma membrane. To evaluate the efficiency of Pyr transmembrane transport in embryonic neurons, we cotransfected the cells with AT1.03 and a red fluorescent protein mKate, which is sensitive to pH changes in a physiological range (pK = 6.0; Shcherbo et al., 2007). Indeed, Pyr and Lac are known to be transported into cells by monocarboxylic acid transporters (Halestrap and Price, 1999; Pierre and Pellerin, 2005) along their transmembrane concentration gradients, and the associated acid influx brings down the intracellular pH. As shown in Figures 3C,D, both Pyr and Lac application induced an immediate downward shift in mKate fluorescence (pink traces) consistent with a decrease in pH. The pH decrease persisted until Pyr or Lac washout, after which pH was quickly restored to its pre-Pyr or pre-Lac level. In contrast to pH, the [ATP]c did not show any changes in response to addition or removal of Pyr (green traces in Figures 3C,D). On average, in three experiments the decrease in mKate signal constituted 6.0 ± 0.8% and was statistically significant (P < 0.05; n = 12). These data suggest that lack of Pyr and Lac effect on [ATP]c in embryonic hippocampal neurons is not due to restricted transmembrane transport of Pyr or Lac, but rather due to inability of these cells to make use of these substrates for OxPhos-mediated production of ATP.

Blockade of mitochondrial ATPase with oligomycin (Oligo; 5 μg/mL) at the time when [ATP]c recovery was still incomplete induced a significant increase in the AT1.03 ratio (Figure 3A, green trace; on average by 29.8 ± 5.3%; P < 0.01, n = 6). Such a paradoxic Oligo-induced surge in [ATP]c indicates that mitochondrial ATP synthase was working in a reverse mode, i.e., acted as an ATPase consuming residual ATP (Nicholls and Budd, 2000). Earlier it has been shown that application of Oligo to intact cultured nerve cells induced a pronounced increase of NAD(P)H due to inhibition protons return into mitochondrial matrix (Pinelis et al., 2009; Surin et al., 2009). This effect of Oligo was considered as an indicator of normal OxPhos coupling. In the present experiments, we found that application of Oligo to embryonic neurons had no effect on NAD(P)H autofluorescence, suggesting OxPhos uncoupling (Figure 3B, blue trace; P > 0.05; n = 15). Another explanation of Oligo's failure to change NAD(P)H in these cells might be the low contribution of NAD(P)H to the recorded autofluorescence signal. To test this hypothesis, we used rotenone (Rot) to block complex I of the respiratory chain (blue bar in Figures 3A,B). Application of Rot (2 μM) induced a rapid increase in NAD(P)H autofluorescence (violet trace in Figure 3B) as well as rapid drop ΔΨm (red trace in Figures 3A,B), very similar to the effects of complex IV blockade by cyanide (Figure 2A; see also Appendix Figure A3). Thus, we concluded that mitochondrial respiratory chain in embryonic hippocampal neurons did not consume NADH for ATP synthesis. Together, the results shown in Figures 2 and 3 strongly suggest that the mitochondria of cultured embryonic hippocampal neurons used their respiratory chain to generate ΔΨm, but not to synthesize ATP, as their F1Fo-ATPase was functioning in a reverse mode (i.e., acted as an ATPase that hydrolyzed ATP).

One cannot exclude that embryonic cells may need a longer time to develop their metabolic phenotype as compared to postnatal ones, considering that they are approximately 6 days younger at the time when they are plated. To test this hypothesis, we measured the ratio between (1) the AT1.03 signal at the very beginning of the experiment and (2) the minimal ratiometric AT1.03 signal upon suppression of both glycolytic and mitochondrial ATP synthesis, and plotted this ratio against the days in culture (Figure 4A). We did not find any significant changes in this parameter during maturation of cultured neurons. The average values for young (5–8 DIV) and mature (13–14 DIV) cultures were 1.62 ± 0.11 (n = 39) and 1.66 ± 0.10 (n = 13), and showed no significant difference between them (P > 0.5, Figures 4A,B). In a separate series of experiments, we measured the ratiometric signals of the cytosolic AT1.03 at 8, 11, and 14 DIV (Figure 4C). In this case, we also failed to detect significant differences. Additionally, we compared the lag period and the rate of the [ATP]c drop following glucose deprivation. These kinetic parameters of the changes in [ATP]c in the mature cultures (filled squares in Figure 4D) were well within the range of values observed in young cultures (circles in Figure 4D). Only a minor fraction of neurons (17%, or 13/77 cells) in young cultures (5–8 DIV) showed a measurable increase in [ATP]c in response to Pyr addition to glucose-free buffer (Figure 4E). Cell culture maturation did not increase the proportion of neurons that were able to elevate [ATP]c in response to Pyr. In older cultures (13–16 DIV) the proportion of such neurons (Figure 4E) was even slightly lower (14%, or 5/37 cells).
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Figure 4. Lack of correlation between neuronal metabolic parameters and maturity of embryonic cultured neurons. (A) Plot of time-dependence of the ratio between (1) the AT1.03 signal at the very beginning of the experiment and (2) the minimal signal observed upon suppression of both glycolytic and mitochondrial ATP synthesis. (B) The average values for young (5–8 DIV) and mature (13–14 DIV) cultures. (C) The averaged ratiometric signals of AT1.03 obtained at 8, 11, and 14 DIV. (D) The lag period and the rate of [ATP]c fall after removal of Gluc from the buffer in the hippocampal neurons cultured from embryos. Note that kinetic parameters of [ATP]c changes in the mature cultures (filled squares) are well in the range of typical changes observed in young cultures (open circles) (data from Figure 2C). (E) The proportion of neurons in which pyruvate increased [ATP]c in the Gluc-free buffer.



It is well-known that glial cells play an important role in supporting neuronal structure and function both in vitro and in vivo [see for review Ullian et al. (2004)]. We found no significant difference between the signals of ATP sensor in young and mature neuronal cultures (Figure 4), although the proportion of glial cells relative to neurons increased from 16.6 ± 2.7% (5–8 DIV) to 36.6 ± 2.7% (13–14 DIV), as shown in Appendix Figure A2 (P < 0.01).

To test whether any peculiarities of our cultivation procedures may have accounted for these unexpected findings, we compared embryonic cultures to the postnatal ones (P1–P2) under the same conditions: transfected both cultures with AT1.03, loaded with TMRM and treated with Gluc-free buffer, 2-DG, Pyr and Oligo (Figure 5). We found that application of Gluc-free buffer containing 2-DG induced a much smaller [ATP]c decrease in postnatal neurons (by 30.1 ± 6.5%; n = 7) as compared to the near-complete depletion of [ATP]c (by 97.5%; see above) observed in embryonic ones (green traces in Figure 5C vs. 5A). This difference was significant (P < 0.05), further indicating that ATP synthesis in postnatal cultured neurons relied less on glycolysis and more on OxPhos than in embryonic neurons.
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Figure 5. Postnatal hippocampal cultured neurons, unlike the embryonic ones, have a functional ATP synthesis by F1Fo-ATPase. (A) Changes in [ATP]c (green trace, right axis) and ΔΨm (red trace, left axis) induced in embryonic neurons by sequential application of Gluc-free buffer containing 2-DG (light-blue bar), 10 mM Pyr (gray bar), 5 μg/mL Oligo (yellow bar), and 3 mM NaCN (purple bar). (B) Changes in the above parameters induced in embryonic neurons by application of 5 μg/mL Oligo (yellow bar) followed by Gluc-free buffer containing 2-DG (light-blue bar), and 3 mM NaCN application (purple bar). (C) Changes in the above parameters induced in postnatal neurons by the same manipulations as in (A). (D) Changes in the above parameters induced in postnatal neurons by the same manipulations as in (B). (E,F) Statistical analysis of the changes in [ATP]c induced in embryonic (left bars) and postnatal (right bars) neurons by 10 mM Pyr (E) or 5 μg/mL Oligo (F). (G,H) Statistical analysis of the changes in ΔΨm induced in embryonic (left bars) and postnatal (right bars) neurons by 10 mM Pyr (G) or 5 μg/mL Oligo (H). Statistical significance of the difference between embryonic and postnatal neurons is indicated in (E–H) with *** (P < 0.001).



Furthermore, blockade of glycolysis resulted in a stronger ΔΨm decrease (i.e., larger rise in TMRM signal) in postnatal neurons compared to the embryonic ones (red traces in Figure 5C vs. 5A). On average, Gluc deprivation induced an increase in TMRM signal by 16.9 ± 6.0% in postnatal neurons (n = 18) which is significantly higher (P < 0.001) than in the embryonic ones (3.8%, see above). These data indicate that, when glycolytic ATP synthesis was blocked, mitochondria in postnatal neurons assumed the primary role in ATP production (thus causing stronger mitochondrial depolarization), which helped maintain [ATP]c on a higher level; in contrast, in the embryonic neurons the blockade of glycolysis quickly depleted [ATP]c due to reduced ability of their mitochondria to synthesize ATP by OxPhos.

Pyr addition to Gluc-deprived postnatal neurons also had a very different effect compared to embryonic cultures: it produced a marked increase in [ATP]c (Figure 5C, green trace) and a clearly measurable hyperpolarization of mitochondria (red trace). These effects of Pyr were significantly larger (P < 0.001) in postnatal neurons than in embryonic ones, as summarized in Figures 5E,G. Blockade of F1Fo-ATPase with Oligo addition to the Gluc-free buffer in the presence of extracellular Pyr induced a rapid and profound depletion of [ATP]c in postnatal neurons (Figure 5C), in sharp contrast to embryonic neurons (Figure 5A; statistics in Figure 5F). Effect of Oligo on ΔΨm in postnatal neurons was moderate but had an opposite direction (hyperpolarizing; Figures 5C,D, red traces) compared to embryonic neurons (depolarizing; Figures 5A,B, red traces). The difference in these effects of Oligo was highly significant (P < 0.001; Figure 5H).

In a subset of experiments, Oligo was applied prior to Gluc deprivation and glycolysis blockade and showed clearly distinct patterns of action on embryonic vs. postnatal cultures (Figure 5B vs. 5D). Thus, in embryonic neurons F1Fo-ATPases blockade produced mitochondrial depolarization but not [ATP]c depletion (Figure 5B), whereas in postnatal neurons it had little effect on ΔΨm but caused a profound decrease in [ATP]c (Figure 5D). On average, in embryonic neurons Oligo significantly decreased ΔΨm by 12.2 ± 2.4% (P < 0.001; n = 16) and increased [ATP]c insignificantly by 5.5 ± 2.8 (P > 0.05; n = 16). In contrast, in postnatal neurons Oligo induced a small increase in ΔΨm by 2.0 ± 1.3% (P > 0.2; n = 4) and a large decrease in [ATP]c by 66 ± 11% (P < 0.01; n = 8). Effects of Oligo were significantly different (P < 0.001) between embryonic and postnatal neurons, both in terms of ΔΨm and [ATP]c. Together, our findings demonstrate that the F1Fo-ATPase acted in two opposing modes in these two types of hippocampal cultures, mediating ATP synthesis in the postnatal neurons and ATP hydrolysis in most embryonic ones.

In theory, several major reasons may account for the absence of OxPhos: (1) insufficient mitochondrial potential, which may lead to ATPsynthase reversal, (2) inhibition of the mitochondrial ATPsynthase and (3) blockade of ATP/ADP translocation. Oligomycin-induced [ATP]c increase revealed ATP translocation (Figures 3A,B and 5B), at least in one direction (i.e., into the matrix). The ATP synthase was also able to perform its work, at least in the reverse mode of ATP hydrolysis. Therefore, we focused on the mitochondrial membrane potential and compared ΔΨm of E17–E18 to that of P1–P2 hippocampal cultured neurons. To this end, we used the ratiometric potential-sensitive probe JC-1. Unfortunately, the interpretation of the JC-1 signal as such is ambiguous, especially in the case of kinetic measurements (Duchen et al., 2003). Therefore, we compared the JC-1 ratiometric signals in the soma of resting cells in embryonic vs. postnatal cultures. Both culture types were loaded with JC-1 under identical steady state conditions. Figure 6 shows that, in the culture of embryonic neurons, the ratiometric signal was only ~30% of that in cultured postnatal neurons. To verify the sensitivity of the JC-1 signals to ΔΨm, we added the protonophore FCCP (1 μM) at the end of the experiment. FCCP caused a collapse of ΔΨm, leading to an 11-fold decrease in JC-1 ratiometric signal in neurons from postnatal animals but only a 4-fold reduction in the neurons from embryos (Figure 6). Similar changes in JC-1 signal induced by FCCP have been reported for cortical neurons in culture (White and Reynolds, 1996). Together, these JC-1 experiments indicate that ΔΨm was much lower in embryonic neurons as compared to the postnatal ones.
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Figure 6. Hippocampal neurons isolated from the embryos have a lower mitochondrial potential (ΔΨm) compared to neurons from newborn rats. The values of ΔΨm as measured by the ratiometric probe JC-1, calculated as the ratio of fluorescence intensities at 640 ± 30 nm and 525 ± 20 nm (640/525), with excitation at 485 nm. Labels P1, P1 + FCCP, E18, and E18 + FCCP indicate postnatal (P1) and embryonic (E18) cultures before and after the protonophore FCCP (1 μM) addition. The number of cells utilized to prepare the histogram is shown in brackets.



DISCUSSION

The commonly accepted belief is that neuronal ATP is produced primarily by mitochondrial OxPhos and that glycolytic ATP synthesis plays a minor role in neurons (see for recent reviews, Cheng et al., 2010; Chinopoulos and Adam-Vizi, 2010; Shetty et al., 2012 and references therein). It was, therefore, a most surprising and unexpected finding of this work that ~84% (96/114) cultured embryonic hippocampal neurons, in contrast to their postnatal counterparts and in disagreement with the conventional view, failed to use their mitochondria to produce and maintain ATP.

This finding is supported by several lines of evidence we obtained from embryonic E17–E18 hippocampal neurons: (1) inhibition of glycolysis caused a near-complete depletion of [ATP]c, and the subsequent reversal of ATP synthase did not decrease [ATP]c any further (Figure 2A); (2) addition of mitochondrial substrates Pyr or Lac did not rescue OxPhos production of ATP to a degree that would measurably increase [ATP]c (Figures 2A,C, 3A,B, 5A,E); (3) inhibition of F1Fo-ATPase with Oligo in resting embryonic neurons did not affect [ATP]c and produced a depolarization, rather than hyperpolarization, of ΔΨm (Figure 5B); (4) during recovery from the[ATP]c depletion caused by Gluc deprivation, application of Oligo accelerated [ATP]c recovery, presumably because it blocked hydrolysis of ATP by the mitochondrial ATP synthase operating in a reverse, i.e., ATP consuming, mode. These results are summarized schematically in Table 1.

Table 1. Comparison of the major differences of embryonic and postnatal hippocampal cultured neurons.

[image: image1]

The unorthodox patterns of ATP synthesis observed in embryonic hippocampal neurons were not due to any peculiarities of our cultivation procedures, because the postnatal hippocampal neurons (which were cultivated in a very similar way; see section “Materials and Methods”) did not lose their expected ability to synthesize ATP by mitochondrial OxPhos (Figure 5). Indeed, inhibition of glycolysis in these P1–P2 cultured neurons (Figure 5C) decreased [ATP]c by only 30%, presumably due to the compensatory enhancement of ATP production by ATP synthase. Furthermore, addition of Pyr to Gluc-free buffer efficiently raised [ATP]c presumably due to a considerable mitochondrial hyperpolarization (Figures 5C,E,G). These kinds of responses to Pyr or Oligo were observed in all tested P1–P2 cultured neurons (6 experiments, 18 cells). Similar changes in ΔΨm and [ATP]c have been previously observed in cerebellar granular cells cultivated from P7 to P8 rat pups, as reported by our group earlier (Khodorov et al., 2012). Blockade of ATP production by Oligo in postnatal neurons induced, as a rule, a decrease in [ATP]c. However, the kinetics of this decrease varied in a wide range. Thus, in some cells [ATP]c declined soon after the beginning of Oligo challenge (see Figure 5D), while in other neurons a decrease of [ATP]c appeared only after a long-term Oligo application (20–30 min, not shown). We believe that these variations are mainly determined by the difference in the rate of ATP consumption and/or glycolysis rate during Oligo application between individual postnatal cells.

It is plausible that keeping the cells longer in culture may influence their metabolic parameters. However, the comparison between young and mature cultures of embryonic neurons revealed no change in [ATP]c dynamics (Figure 4). We investigated age-dependence of the ratio between (1) the AT1.03 signal at the very beginning of the experiment and (2) the minimal signal observed upon suppression of both glycolytic and mitochondrial ATP synthesis (Figures 4A,B). We did not find any significant change in this ratio between young (5–8 DIV) and mature (13–14 DIV) cultures. In a separate series of experiments, the ratiometric signals of AT1.03 at 8, 11 and 14 DIV were measured (Figure 4C). Here, we also failed to detect any significant differences between mature and young cultures. Additionally, we compared the lag period and the rate of [ATP]c fall after removing glucose from the buffer in the hippocampal neurons cultured from embryos. These kinetic parameters of [ATP]c changes in the mature cultures were well in the range of typical changes observed in young cultures (Figure 4D).

One of the major reasons for preparing neurons from embryonic tissue in our lab, as well as in many other groups, is to minimize the relative amount of glial cells in the cultures. We did not use cytostatics such as AraC to further suppress glia proliferation, because Lipofectamine manufacturer's guidelines do not recommend adding cytostatics to the cell culture medium as these toxic agents can reduce the efficiency of transfection and, in our case, of AT1.03 expression. The cytostatic-free conditions are comfortable for astroglia proliferation. In vitro studies revealed that astrocytes exert a powerful control over the number of CNS synapses, thus implicating astrocytes as participants in activity-dependent structural and functional synaptic changes (see for review Ullian et al., 2004). Astrocytes may provide neurons with lactate, supporting their needs for TCA substrates (Ames, 2000; Lust et al., 2003). We observed a 2-fold increase in the proportion of astrocytes relative to neurons in mature embryonic cultures compared to the young ones (Appendix Figure A2), but failed to detect a comparable increase in the proportion of neurons showing signs of OxPhos (Figure 4E). Taken together, our analysis suggests that keeping neurons longer in culture does not influence significantly those metabolic parameters that we have measured.

A question arises whether the data presented here are consistent with previously published results obtained by measuring [ATP] with biochemical or bioluminescent methods. To address this issue, we calculated the resting [ATP]c level in our cultured embryonic neurons. We based our calculations on the assumption that glycolysis blockade decreased [ATP]c to or beyond the minimal level detectable with AT1.03 (i.e., ~0.3 mM; Imamura et al., 2009). The dissociation constant of the complex AT1.03 with ATP and dynamic range of the ATP-sensor in the buffer, which mimics the cytosol salt composition, are 3.3 mM and ~2.5, respectively (Imamura et al., 2009). If both these parameters are valid for the cytosol, then the 1.6- to 1.7-fold decrease in AT1.03 signal following a complete blockade of glycolysis and mitochondrial ATP synthesis (Figures 4A,B) allows us to estimate the [ATP]c as ~2 mM. This value agrees well with [ATP] values obtained by biochemical methods in synaptosomes (~3 mM, Erecińska and Silver, 1989) and in the brain preparations (~4 mM, Lust et al., 2003). Similar [ATP] values (~1 mM) were calculated in cultured rat glucose-responsive neurons from hypothalamic nuclei, expressing luciferase (Ainscow et al., 2002; Mironov, 2007).

What are the cellular mechanism(s) underlying the observed inability of embryonic neurons to produce ATP by mitochondrial OxPhos? One obvious reason for this inability could be the malfunctioning of F1Fo-ATPase. The activity of this ATP synthase is known to be regulated by polypeptides such as the inhibitory factor IF1 (Pullman and Monroy, 1963; Klein et al., 1981) or the calcium-binding ATPase inhibitor protein CaBI (Yamada and Huzel, 1989). A plausible function for IF1 is to prevent conversion of ATP synthase into ATPase at low ΔΨm, thus preventing premature depletion of [ATP]c under conditions requiring active ATP consumption (Campanella et al., 2008, 2009). A somewhat similar role for CaBI may be to stimulate, in a Ca2+-dependent manner, ATP synthesis and inhibit ATP hydrolysis by F1Fo-ATPase (Yamada and Huzel, 1989). While we were not able to find any published evidence for developmental regulation of either IF1 or CaBI expression, our present data seem to indicate that in its reverse (ATP-hydrolysing) mode, the F1Fo-ATPase was functional in our embryonic hippocampal neurons (see Table 1). It seems plausible to suggest that F1Fo-ATPase may have been capable of ATP synthesis too, but was not functioning in this particular mode due to other reasons. It has been suggested, however, that transition from ATP-synthesizing mode to the ATP-hydrolysing one is not a mere reversal of the direction in which the Fo and central stalk rotary motor rotate against the F1 stator, but may involve distinct conformational changes (Vinogradov, 1999; Gao et al., 2005). Thus, we cannot rule out a possibility that F1Fo-ATPase was, indeed, dysfunctional specifically in its ATP-synthesizing mode. Further experiments would be required to test this hypothesis.

Another, possibly more likely, explanation for the observed lack of mitochondrial ATP synthesis in embryonic neurons is that their ΔΨm was too low to fuel OxPhos. In order to enable ATP synthesis by F1Fo-ATPase, the ΔΨm level must be above a certain level (Nicholls and Budd, 2000). Cortassa et al. (2003) have estimated that ATP synthesis is fully inhibited when ΔΨm becomes smaller than −100 mV (assuming that the pH difference across inner mitochondrial membrane is 0.4). Fluorescence imaging of ΔΨm-sensitive dyes (such as TMRM) in live cells has been combined with mathematical modeling to calibrate the measured fluorescence changes in terms of membrane potential changes in mV (Ward et al., 2000, 2007; Duchen et al., 2003; Nicholls, 2006). However, to the best of our knowledge, even for the most accurate calculations one needs to use in the equation an unknown, but commonly accepted initial value of ΔΨm. This value is usually assumed to be −150 to −180 mV, which is based on the measurements performed on isolated mitochondria because it cannot be directly measured in living cells (Ward et al., 2000, 2007; Duchen et al., 2003; Nicholls, 2006). We propose that, in our postnatal cultured neurons mitochondria were, indeed, highly charged (i.e., ΔΨm greater than −150 mV), whereas mitochondria of our embryonic neurons had a ΔΨm below the level required for OxPhos synthesis of ATP (i.e., near or even below −100 mV). The comparison of fluorescence signals of the potential-sensitive dye JC-1 in neuronal mitochondria of E17–E18 and P1–P2 rat pups yielded results that support this hypothesis (Figure 6). Such a low ΔΨm may be a result of lower efficiency of Pyr transport to mitochondrial matrix in embryonic neurons compared to the postnatal ones.

It is also possible that in embryonic cells the mode of operation of mitochondrial ATP syntheses is reversed due to a considerable increase in their proton conductance. Indeed, it is well-known that proton transport into mitochondrial matrix by free fatty acids plays a significant role in decreasing the ΔΨm, and that this process can be greatly accelerated by the uncoupling proteins shuttling fatty acid anions from the matrix to the cytoplasmic side of the inner mitochondrial membrane (see reviews by Ricquier and Bouillaud, 2000; Kim-Han and Dugan, 2005). Interestingly, the expression level of the brain-specific uncoupling protein subtype, UCP4, is high in mouse embryonic brain and gradually decreases during development (Smorodchenko et al., 2009).

The hypothesis of a considerably increased mitochondrial proton conductance in cultured neurons from embryonic rat hippocampus is based on the following data.

(1) As mentioned above (see section “Results”), application of Oligo to postnatal neurons induced a pronounced increase in mitochondrial NAD(P)H indicating the normal OxPhos coupling in these neurons(Pinelis et al., 2009; Surin et al., 2009). In contrast, in embryonic neurons Oligo failed to change NAD(P)H, suggesting the OxPhos uncoupling. Most likely, in cultured embryonic neurons in contrast to postnatal ones the rate of NAD(P)H consumption exceeds the rate of its production due to a considerable increase in mitochondrial proton conductance, therefore, Pyr addition failed to increase NAD(P)H during glucose deprivation (Figure 3B).

(2) It is known that blockade of respiration in cultured postnatal cells by CN induces only a small mitochondrial depolarization due to reversal of mitochondrial ATP synthase (see, for example, Campanella et al., 2008). This occurs, however, only under two obligatory conditions: (1) proton conductance of the inner mitochondrial membrane should be small and (2) the [ATP]c should be sufficiently high to supply mitochondrial ATPase with ATP. We found that in embryonic neurons inhibition of respiration by NaCN (3 mM) produced, as a rule, a nearly maximal mitochondrial depolarization even at basal [ATP]c and sufficiently high NADH (Appendix Figure A3). This result strongly suggests that proton conductance in embryonic mitochondria exceeds that in mitochondria of postnatal cells.

The fact that in a Gluc-free buffer embryonic neurons were able to maintain their ΔΨm at a nearly constant level highlights several important issues. First, when Pyr is scarce, mitochondria apparently has an alternative source for substrate to support TCA and, therefore, respiratory chain. The most likely substitute for Pyr is glutamate (Glu) (Frigerio et al., 2008; Gellerich et al., 2010), which is abundant in cytosol where is reaches concentrations up to 10 mM (Nicholls, 2009). Glu is easily transported into mitochondria (Frigerio et al., 2008; Palmieri and Pierri, 2010), where it is rapidly oxidized to α-ketoglutaric acid, one of TCA substrates and products.

The second issue is that lowered, ΔΨm may have a protective function at the point of transition from placental existence to the life as an independent organism. At birth, animals experience a strong oxidative stress induced by the first intake of atmospheric oxygen. It is well-known that mitochondria are a major source of reactive oxygen species (ROS), and that mitochondrial ROS production is dramatically reduced upon lowering of ΔΨm (see reviews by Skulachev, 1996; Adam-Vizi and Chinopoulos, 2006; Chinopoulos and Adam-Vizi, 2006; Nicholls et al., 2007; Starkov, 2008). Considering that the brain consumes a disproportionally large amount of oxygen (which makes central neurons particularly vulnerable to the neonatal oxidative stress), one may suggest that reducing ΔΨm may be viewed as an efficient mechanism for protecting the fetus' neurons from the ROS-induced cell death. Along the same line of thinking, the fact that the OxPhos ATP production was predominant in hippocampal neurons cultivated from postnatal rat pups (Figure 4) suggests that newborn rats may have passed a crucial adaptation stage, which may have reduced their vulnerability to ROS. This notion is consistent with postnatal neurons having a ΔΨm sufficiently high for OxPhos synthesis of ATP. At birth, animals experience a strong increase in oxygen consumption induced by the first intake of atmospheric oxygen (Medina and Tabernero, 2005).

Finally, in a recent review by Thompson (2011) it was point out that “There are many eukaryotic species whose mitochondria lack the ability to carry out oxidative phosphorylation, but all require mitochondria and depend on mitochondrial anabolic biosynthesis. Once a cell is flooded with glucose and there are excess precursors, mitochondria can be reprogrammed into synthetic organelles.” One cannot exclude that, in the primary neuro-glial cultures from fetal brain, anabolic biosynthesis is a more important mitochondrial business than ATP production, at least in cultures prepared from the embryos on day 17–18 of their development.

MATERIALS AND METHODS

PREPARATION OF RAT HIPPOCAMPAL NEURONS

All experimental procedures were approved by the Animal Care and Use Committee, University of Helsinki and Lomonosov Moscow State University. Cultured neurons were prepared from embryonic day 17–18 (E17–E18) and newborn day 1–2 (P1–P2) rat hippocampi, as described earlier (Gorbacheva et al., 2008; Kolikova et al., 2011). Briefly, hippocampi were dissociated with papain solution (10 U/ml). The cells were plated at a density of (60–80) × 104 cells/cm2 on glassbottomed Petri dishes (MatTek) pre-coated with poly-L-lysine and laminin (1–2 μg/cm2). Cultures were maintained in the 5% CO2/95% air atmosphere at 37°C in Neurobasal medium (Invitrogen; pH = 7.4) supplemented with B27 (Invitrogen), 0.5 mM L-glutamine, 100 U/ml penicillin, and 100 μg/ml streptomycin. Medium was changed by 1/3 of its volume (1.5–2 ml) twice per week.

CELL CULTURE TRANSFECTION WITH PLASMIDS

To monitor single-cell cytosolic [ATP] ([ATP]c) changes, the neurons were transfected with a plasmid encoding the ATP sensor AT1.03 (Imamura et al., 2009). For simultaneous monitoring of [ATP]c and pHc the plasmid encoding of red fluorescent protein pH-sensor mKate (Shcherbo et al., 2007) was added to the cells together with the AT1.03 plasmid. Neurons were transfected with DNA-constructs after 4–6 days in vitro using 2 μl Lipofectamine-2000 and 1 μg DNA per 250 μl of medium composed of 50 μl OptiMem and 200 μl of the cell transfection medium (both Invitrogen). Cell incubation medium was temporary removed leaving ~200 μl per well and 50 μl of DNA/Lipofectamin mixure was added into each well. The cells were stored in CO2-incubator at 37°C for 2–2.5 h, then medium was discarded, the cells were washed out by 2 × 1 ml of fresh Neurobasal medium and (temporary removed) conditioned medium was returned to the dishes. To determine the timing of the ATP sensor maturation, we relied on the fact that HeLa cells, expressing AT1.03 were used to measure [ATP] as early as on the first day after transfection (Imamura et al., 2009). A recent study described AT1.03 expression in hippocampal neurons from postnatal rats (Kovac et al., 2012). In that work, neuro-glial cultures were subjected to transfection at 11 DIV and used for fluorescence imaging after 1–2 days. Therefore, fluorescence analyses were carried out starting from DIV 5–7 (i.e., at least one day after transfection with AT1.03).

IMAGING OF SINGLE CELL [ATP]c, CYTOSOLIC pH AND MITOCHONDRIAL POTENTIAL (ΔΨm)

Fluorescence microscopy measurements were performed employing the epifluorescent inverted microscope Olympus IX71 (Olympus Europe) with the 20×/0.70 NA or 40×/1.35 NA objectives at microscope stage temperature 32 ± 1°C. Fluorescence of AT1.03 was excited at 436 and 500 nm, and monitored at 535 nm using 510 nm beamsplitter. To measure TMRM fluorescence a 590 nm beamsplitter and excitation/emission filters centered at 575/640 nm were employed. Images were acquired by cooled CCD camera (Olympus DGH1, Japan or Photometrics, Cool Snap HQ) at 2 × 2 binning. Imaging data were collected and analyzed using the Cell-R software (Olympus, Japan) or MetaFluor 6.1 (Molecular Device, USA). Neuronal NAD(P)H autofuorescence was excitated at 360 ± 10 nm and monitored at 460 ± 20 nm. The values of ΔΨm as measured by the ratiometric probe JC-1, calculated as the ratio of fluorescence intensities at 640 ± 30 nm and 525 ± 20 nm (640/525), with excitation at 485 nm and a beamsplitter at 505 nm.

To acquire AT1.03 signals simultaneously with signals of potential sensitive dye TMRM, pH-indicator mKate or NAD(P)H autofuorescence we employed either rotary turret with dichroic cubes and emission filters mounted in them, or a tripleband beamsplitter with maximum reflections at 440, 490, and 570 nm and emission filter wheel in front of CCD camera. All filters and beamsplitters were from Omega (USA).

The cell fluorescence measurements were performed in a saline buffer containing (in mM): 130 NaCl, 5 KCl, 2 CaCl2, 1 MgSO4, 20 HEPES, 5 Glucose; pH 7.4. Where indicated, glucose was substituted by hexokinase inhibitor 2-deoxy-D-glucose (2-DG) (Pirolo and Allen, 1986). All agents were from Sigma-Aldrich (St. Louis, MO, USA). Membrane-permeable potential-sensitive dyes TMRM and JC-1 were purchased from Invitrogen (USA). TMRM presented in all buffers at concentration 40 nM. JC-1 (5 μg/ml) was loaded in cell incubation medium for 60 min at 37°C followed by rinse with saline buffer (2 × 1 ml) and fluorescence imaging.

DATA ANALYSIS

Images and graphs were constructed using the following software: AnalySIS (Olympus Europe), ImageJ (NIH), Origin (Microcal), Excel, and PowerPoint (Microsoft). Statistical analysis was performed using Origin and Excel.
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Figure A1. Application of pyruvate (Pyr) to the resting neurons neither increased the basal [ATP]c, nor prevented its drop following glucose removal. All agent concentrations are the same as in Figure 1. Similar results were observed in 10 neurons (3 separate experiments).
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Figure A2. The proportion of glial cells increases during maturation of mixed neuro-glial cultures. (A) The small empty squares depict the proportion of glial cells (as % of all cells) in each of 57 fields of observation. Color boxes outline young (5–8 DIV) and mature (13–14 DIV) cultures. (B) Mean proportion of glial cells in young and mature cultures highlighted by color boxes in (A). Identification of neurons and glial cells was performed as described in Abramov et al. (2003). Bright-field images and fluorescence images of Ca2+-sensitive indicators allowed the identification of neurons, which have a clearly distinct appearance as compared to the flatter glial cells and also lie in a different focal plane, above the glial layer. A total of 830 neurons and glial cells were analyzed in 50 experiments. **p < 0.01.
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Figure A3. Respiratory chain inhibition in neurons from embryonic rat hippocampus produced strong mitochondrial depolarization despite sufficiently high [ATP]c and NAD(P)H levels suggesting an increase in mitochondrial proton conductance. (A) Simultaneous measurement of [ATP]c (green trace, right axis) and ΔΨ m (red trace, left axis) in neurons expressing AT1.03 and loaded with TMRM. Gluc-free buffer application is indicated with a light-blue bar, pyruvate (Pyr, 10 mM) with a gray bar, and cyanide (CN, 3 mM) with a dark blue bar. (B) Simultaneous measurement of averaged NAD(P)H autofluorescence (blue trace, right axis) and ΔΨ m (red trace, left axis) in two non-transfected neurons located in the same field of view as those shown in (A). Pharmacological manipulations—same as in (A).
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Finding a needle in a haystack: identification of EGFP tagged neurons during calcium imaging by means of two-photon spectral separation
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The combination of two-photon in vivo imaging and genetic labeling of specific cell types in the mouse brain is a powerful method to refine our understanding of brain circuitry and to dissect the contribution of specific neural classes to cortical function. The synthetic calcium indicators are the best fluorescent reporters for cellular activity that are presently available but their spectral proprieties are often overlapped with those of the fluorescent proteins used for genetic labeling. Such is the case of Oregon Green BAPTA1 and EGFP, the most widely used fluorophores for targeted two-photon imaging. The emission spectra of these molecules are virtually identical, precluding their separation by narrow band filters at the detector side. However, even if their one photon excitation spectra are very similar, their two-photon excitation spectra differ significantly: here we show how it is possible to exploit this difference to separate the relative contributions of EGFP and Oregon Green to the total fluorescence signal. This approach addresses two different issues: the unbiased detection of cells expressing EGFP in a cortical volume injected with Oregon Green, and the computation of the Ca2+ insensitive fluorescence background. The latter data is essential for the quantitative comparison of the relative changes in Ca2+ concentration between different cells, containing variable concentrations of EGFP. This strategy can be easily extended to any couple of fluorophores provided that have a different two-photon excitation spectra.
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INTRODUCTION

In the last 30 years, imaging has become an essential tool to visualize changes in intracellular Calcium concentration in living cells (Zipfel et al., 2003). In neurons, the relevance of Ca2+ homeostasis is not only related to its role as second messenger, but, because of the activation of voltage sensitive channels, Ca2+ changes also reflect neuronal activity. Thus, Ca2+ imaging is a powerful tool to study coordinated neuronal activity (Grienberger and Konnerth, 2012). Furthermore, Ca2+ imaging of astrocytes is contributing to understand the complexity of their interaction with neurons and their role in shaping cortical excitability and synaptic plasticity (Jourdain et al., 2007; Halassa and Haydon, 2010; Navarrete and Araque, 2010; Poskanzer and Yuste, 2011; Takata et al., 2011). With the introduction of two-photon imaging, the capacity of imaging cell activation has been brought to bear to the intact brain, allowing the determination of the cooperative behavior of brain cells by analyzing simultaneously tens to hundreds of cells with single cell resolution and on temporal scales varying from 1 Hz to 1 kH (Grewe et al., 2010; Dal Maschio et al., 2012; Katona et al., 2012). As the analysis of brain circuitry is refined, the need arises to identify specific neuronal classes to assess their differential contribution to brain activity. In special cases, cells can be identified by means of their localization, by morphological criteria, or by their capacity of loading specific intravital dyes (Nimmerjahn et al., 2004; Langer and Helmchen, 2012). However, the only general tool is the use of a genetically encoded fluorescent tag expressed under a cell specific promoter (Feng et al., 2000; Tamamaki et al., 2003).

The most commonly used tag is the green fluorescent protein (EGFP), as there is a wide availability of vectors and of transgenic mice leading to cell specific EGFP expression. Unfortunately, the emission spectra of EGFP is overlapped on the emission spectra of the most useful calcium indicators, fluo-3 and Oregon green Bapta 1, and therefore these signals cannot be separated on the detection channels (Minta et al., 1989; Orte et al., 2005; Drobizhev et al., 2011).

Although OG, fluo-3, and EGFP share a very similar one photon excitation spectra, their spectral properties for two-photon excitation are quite different (Albota et al., 1998; Drobizhev et al., 2011). Here we show a strategy to allow the separation of EGFP and OG fluorescence by exploiting their differential two-photon excitation properties.

RESULTS AND DISCUSSION

The targeted expression of EGFP allows the identification of specific cell types in vivo. As an example, Figure 1 shows the tagging of Parvalbumin-positive interneurons in the cortex in vivo. Here, EGFP is expressed under the control of the Gad67 promoter (Tamamaki et al., 2003), resulting in the staining of a sparse population of neurons, as shown in Figure 1A. EGFP positive neuron can be easily identified before the injection and loading of the Ca2+ dye Oregon Green Bapta 1 AM (OG). As the dye is hydrolyzed and becomes fluorescent, the EGFP positive neurons are not distinguishable any more since the emission spectra of EGFP and OG are virtually over imposed (Figures 1B,C). However, since there are indications that their two-photon excitation spectra differ substantially, we thought to exploit this difference to separate the two signals by proper selection of the excitation wavelength. We transfected cultured HeLa cells with a plasmid for EGFP (pEGFP-C1, Clontech) and we imaged them at the two-photon microscope. By tuning the wavelength of the pulsed laser and its power in order to maintain a constant photon flux at the objective output, we obtained the sequences depicted in Figure 2A. In the upper panel cells were carrying EGFP only, while the cells shown in the lower panels were loaded with OG and some also carried EGFP. From these sequences and the associated movies (see Movies S1 and S2 in Supplementary Material) it results that, while EGFP has a single excitation peak around 930 nm, OG has two peaks, one at 790 nm, where EGFP is only weakly fluorescent, and a secondary peak at 930 nm. The excitation spectra for OG1 and EGFP are shown in Figure 2B. All imaging data in this and following figures have been corrected by subtracting the PMTs mean background noise and offset.


[image: image]

Figure 1. In vivo imaging of EGFP tagged neurons in the visual cortex. (A) Low magnification stack of a cortical column just before microinjection of OG. The micropipette is loaded with the astrocyte dye SulfoRhodamine 101 and the images have been obtained with 820 nm excitation. The lower panel shows the transverse reconstruction of the column that is about 300 μm deep. Calibration bar 30 μm. (B) Time lapse sequence started 10 min after the end of the OG-SR101 injection. The three arrowheads show three neurons positive for EGFP. After 60 min from the beginning of loading the GAD67-EGFP neurons are no more distinguishable because of the OG fluorescence. The arrowhead indicates one of the three positive cells. Calibration bar 40 μm. (C) High magnification view of an astrocyte (red) and two neurons loaded with OG (excitation 820 nm). The arrowhead points to a GAD67-GFP neuron that has been identified before of the injection. Bar 10 μm.
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Figure 2. Two-photon excitation spectra of EGFP and OG in cultured cells. (A) Upper panels: the excitation spectra of EGFP is visualized in HeLa cells excited at various wavelengths. The excitation power was regulated in order to maintain a constant photon flux at the objective output at all wavelengths. Calibration bar 30 μm. Lower panels: cells transfected with EGFP have been also loaded with OG and the images show the resulting spectra. (B) Excitation spectra of EGFP (red, n = 4) and of OG (green, n = 3). The spectra of OG did not change with Ca2+ concentration, if not for a linear scaling (not shown). (C) Synthetic RGB image obtained by presenting the image excited at 790 nm in the green channel and the image excited at 930 nm in the red channel. (D) Spectral linear decomposition has been used to separate the contribution to fluorescence of EGFP and OG.



We can exploit this information to solve two different problems: (a) the comparison of images obtained at the two peaks allows to discriminate cells carrying both fluorophores from those only loaded with OG or EGFP. (b) when computing the rate of Ca2+ changes, it is necessary to correct the OG signal for any contamination from EGFP, and this require to compute the contribution of EGFP at the wavelength used to excite the Ca2+ dependent signal. This is especially important with cells carrying a very high concentration of EGFP compared to OG.

A quick way of identifying cells carrying EGFP in a crowded field is presented in Figure 2C. This RGB image is obtained by combining two images collected at two different wavelengths: the red channel is the image excited at the peak for EGFP (930 nm), while the green channel has been collected at 790 nm, where the OG fluorescence prevails. Cells expressing EGFP appear red-orange, while non-transfected cells are green (see arrowheads). A more quantitative approach allows to separate the two signals: the spectra show that the secondary peak of OG (at 930 nm) is 1.75 times lower than the primary peak (at 790 nm). Therefore, we compute a new image defined as:

[image: image]

where I(930) and I(790) represent images obtained at excitations of 930 and 790 nm. The resulting image is mostly formed by EGFP fluorescence. In turn, this image can be subtracted from the image obtained at 930 nm to get the OG signal (Figures 2C,D). Both methods allow a quick identification of EGFP positive cells and can be easily implemented to screen for EGFP tagged cells.

These procedures needs only two images collected at the two excitation peaks. A more quantitative analysis relies on more images and can be implemented on a full spectroscopic scan, where images are collected at a series of wavelengths. The fluorescence F(λ), due to the combination of OG and EGFP fluorescence, can be described by a linear combination of their spectra:

[image: image]

Where the two unknown parameters α and β describe the relative contributions of the two fluorophores. If two images obtained at two different wavelengths are available, Eq. 2 becomes a system of two linear equations with two unknowns (α and β, see later). If imaging data obtained at several excitation wavelengths are available, like in the spectral series of Figure 2A, the system is over determined and can be solved numerically. Figure 3A shows the spectral data for the two cells indicated by the arrowheads of corresponding colors in Figure 2C. The continuous lines derives from fitting the data with the linear combination of the OG and EGFP spectra shown in Figure 3B. The relative contribution of EGFP and OG to the observed fluorescence is quantified by the values of α and β. The cell with mixed contribution has α = 0.51 and β = 0.69, while the second cell has only OG fluorescence (α = 1.03 and β = −0.09). We measured the excitation spectra of 45 cells from two different set of experiments. The first group of cells was transfected with EGFP only, while the second group was also loaded with OG 2 days after the transfection. The spectra were obtained from the imaging sequences and the terms α and β were computed. The scatter plot of Figure 3B shows that cells can be easily classified in terms of these two parameters. Cells stained with either EGFP or OG are tightly clustered at the extreme ends of the plot, while cells with mixed spectra fall in between.
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Figure 3. Linear decomposition of the excitation spectra when both EGFP and OG are present. (A) The dots are the measured spectra of the two cells indicated by arrowheads in Figure 2. The thick lines show the linear composition of the OG and EGFP spectra with α and β computed by fitting the full spectral series. The thin lines are the spectral reconstructions computed from only two images obtained at 810 and 870 nm (arrows). (B) The scatter plot of the α and β parameters shows that data points populate the plot according with the spectral signature of each cell. (C) The black curve reports the ratio between the EGFP and OG reference spectra (red and green curves respectively). (D) α and β have been computed using images obtained at two wavelengths and the plot represents the difference between this estimate and the estimate obtained by fitting of the full spectra. One wavelength was fixed at 930 nm and the second varied as plotted in the graph. The average differences between the estimates (black and red symbols for α and β respectively) were computed by applying this procedure on the data obtained from 31 cells fluorescent for OG and EGFP in various degrees. The upper panel shows the ratio [EGFP(λ1)/OG(λ1)]/[EGFP(λ2)/OG(λ2); with λ2 = 930 nm]. As expected, the two wavelength estimates get worse when the ratio is close to 1.



Although the complete spectral series measure the relative spectra contribution with good accuracy, it is quite cumbersome to obtain. Of course, α and β can be determined by a far smaller number of observation. In fact, as we already mentioned, α and β can be computed by the direct solution of the system provided that two images are obtained at two different wavelength:
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The solution of this linear system is given by:
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The choice of λ1 and λ2 is important because it determines the reliability of the estimates for α and β. The two wavelengths must be chosen in order to maximize the difference between:

[image: image]

If for a couple (λ1, λ2) the two terms above are similar, the Eq. 3 are almost dependent and the solution is poorly determined. Figure 3C shows that, since the EGFP/OG ratio is not a monotonic function of λ, there are couples of wavelengths that provide very poor estimates of α and β, while other couples work much better. To illustrate this fact, we have computed the error of fitting the spectra by observing only two wavelengths by comparing the values of α and β obtained by Eqs 4 and 5 with the values obtained by fitting the entire spectra. The average errors have been computed on 31 cells keeping λ2 fixed at 930 nm while varying λ1. This data are plotted in Figure 3D showing a great variability of the error depending on the condition expressed by Eq. 6. These data assist in determining what wavelengths should be used to estimate α and β. At first glance fixing the two points at 790 and 970 nm offers the largest change in ratio, but there are two disadvantages: at 790 the fluorescence of EGFP is very weak and interference from autofluorescence that might arise in vivo is a concern. Also, the difference in wavelengths is very conspicuous (180 nm), leading to potential problems when λ-dependent scattering and absorption occur (see later; Blanca and Saloma, 1998; Oheim et al., 2001). Furthermore, it is helpful to select wavelengths at which the OG and EGFP fluorescence is not too small in order to allow reliable measurements. All things considered, the couple 810 and 870 nm represents a better choice: this interval encompasses the region of largest slope of the EGFP/OG ratio and, although far away from the excitation maxima for both spectra, offers a reasonable signal at both wavelengths. Finally, the wavelength difference is quite small (60 nm) which helps in reducing the problems associated with absorption and scattering of excitation. The thin lines in Figure 3A show the computed spectra obtained from only two images acquired with an excitation of 810 and 870 nm.

Next, we performed similar experiments by employing a transgenic mouse line expressing EGFP under the promoter Thy 1.1 (line M of Feng et al., 2000). The spectra of a EGFP positive cell body placed at about 150 μm of depth is shown in Figure 4A. After micro injection of OG, the cell bodies of two adjacent neurons became visible. The green trace in Figure 4B shows the OG excitation spectra of the neuron indicated by the green arrowhead, while in blue is plotted the EGFP–OG combined spectra of the central neuron (blue arrowhead). One very interesting fact emerges upon inspection of the OG spectra: although it exhibits two peaks as in culture, its shape is obviously distorted. Indeed, the peaks of OG, that have quite different amplitude in Figure 2B, now are almost identical. We supposed that the shape of the spectra was distorted because of scattering of the infrared excitation in the brain tissue. If this were true, one would expect that the entity of this effect depends on the imaging depth. Indeed, Figure 4C shows how the peak at 790 nm of OG became less and less prominent as the imaging depth increased. It should be noted that we found a great variability between different animals and at different locations in the same animal: this was likely due to the varying degree of superficial vascularisation of the cortex. Scattering increases at shorter wavelengths, with a power law that depends on the characteristics of the scattering media (Oheim et al., 2001). Given the non-linearity of two-photon microscopy, even if the available excitation would decrease proportionally to the wavelength, the resulting fluorescence would decrease with the square of the wavelength (Helmchen and Denk, 2005). Therefore, even if the excitation is so regulated to provide a constant photon flux at the objective output, less and less power is available within the tissue at shorter wavelength. This might put into question the excitation wavelength used to image OG: the usual choice is 820 nm which is close to the in vitro peak of excitation (790 nm) and also allows the simultaneous excitation of rhodamine. From these data it could be argued that in thick samples, 920–940 nm could be a wiser choice, depending on the actual scattering occurring in the specific preparation. The evaluation of scattering and absorption is important when computing the offset in the OG signal caused by EGFP, but it does not much influence the qualitative separation of EGFP expressing cells that we showed in Figures 2C and 4D shows that the EGFP positive cell is clearly recognizable.
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Figure 4. Excitation spectra of EGFP and OG in vivo. (A) Imaging was performed on a transgenic mouse expressing EGFP in a sparse subset of cortical neurons. The upper panels shows a spectral series of an EGFP expressing neuron. The lower panels show the same field after loading with OG. The focal plane lies about 150 μm underneath the cortical surface. Calibration bars 10 μm. (B) Spectra measured after loading of two different cells. Green: OG measured in an EGFP negative neuron. Blue: mixed spectra measured in the neuron of the upper panel. (C) OG spectra measured in vivo at different imaging depths (56 cells from two mice): the spectra distortion caused by scattering and absorption increases with increasing imaging depth. All spectra have been normalized to the value of the rightmost peak. (D) RGB composition of the images acquired with 820 and 920 excitation. The expression of EGFP is deduced by the orange-red color of the cell body. (E) Comparison of the OG spectra (black) recorded from one neuron (green arrowhead in panel (A) with the reference spectra (green). The observed spectra is obviously distorted, with a strong loss of fluorescence at shorter excitation wavelengths. The lower panel shows this effect by plotting the ratio between the distorted spectra and the reference spectra. (F) The ratio with the reference spectra has been used to correct the spectra from the EGFP cell loaded with OG (original data: blue symbols, corrected data: green symbols). The original spectra cannot be fitted properly by the linear decomposition (α = 0.53; β = 0.71; blue line), that, in contrast, is very accurate after correction (α = 0.92; β = 0.26; red line).



The decomposition of the mixed spectra described by Eq. 2 requires the knowledge of the OG and EGFP spectra that are best obtained in vitro. However, this cannot be done unless the spectra distortion caused by scattering and absorption of the tissue is compensated. We reasoned that since the shape of the OG spectra is independent on Ca2+ concentration, we can estimate the change in available power at the focal plane by comparing the spectra measured in vivo to the reference spectra obtained in absence of scattering and absorption. This is done by computing the ratio between the observed spectra and the OG reference spectra and this corrective factor can be used to adjust the shape of the mixed OG-EGFP spectra. In general it is always possible to do this, since the EGFP tagging is meaningful only if a minority of cells are tagged. Even in absence of clearly resolved cell bodies, the spectra of OG can be obtained from the fluorescence of the neuropile. This correction is described by the following equation:
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Where MSObs is the observed spectra for the cells with mixed OG and EGFP fluorescence; OGObs is the observed spectra of cells with OG fluorescence only; OGRef is the OG spectra measured in absence of scattering and absorption, and MS is the corrected spectra of the mixed fluorescence. This procedure is illustrated in Figures 4E,F. Interestingly, the efficacy of this procedure can be tested by comparing the result of the linear decomposition of the observed and corrected spectra as shown in Figure 4F.

Although Ca2+ imaging is not quantitative, it is important to be able to compare the amplitude of the relative Ca2+ changes between different cells (Grewe et al., 2010). For this estimate the absolute fluorescence is not relevant, since it depends on the actual concentration of the indicator in the imaged cells, and it is more appropriate to compare the relative changes in fluorescence. The presence of EGFP in some cells contaminates the OG functional measure, introducing a background signal that is not Ca2+ sensitive. Thus the interpretation of the physiological activity may be compromised since the proportionality between the relative change of fluorescence and the amplitude of the Ca2+ transient is the critical assumption used to estimate electrical activity patterns and kinetics.

Around the Kd of the indicator (430 nM for Oregon Green Bapta 1) Ca2+ concentration changes linearly with the relative change of fluorescence defined as:
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Where F(t) is the OG fluorescence obtained from a time series and F0 is the baseline level, usually obtained by averaging fluorescence during periods of no Ca2+ activity. The term background is the fraction of fluorescence that is not Ca2+ sensitive. If the cell expresses EGFP, this contribution must be obtained in order to estimate correctly the changes in intracellular Ca2+. Next, we demonstrate how this can be done. In a set of experiments we have imaged neurons at the border of the OG injection, where only a modest amount of indicator is loaded. In this situation, most of the fluorescence originates from EGFP and the correction of the Ca2+ insensitive signal is extremely important for a correct quantification of activity. This is illustrated in Figure 5A that shows a strongly fluorescent neuron in a field of faint OG fluorescence. Here, we triggered the onset of periodic Ca2+ oscillations by treating the surface of the cortex with the GABAA inhibitor Bicuculline Methiodide (Gomez-Gonzalo et al., 2011). The time lapse sequence shows a single Ca2+ transient, and it is apparent that only a very little change in fluorescence can be detected in the cell soma (Movie S3 in Supplementary Material). We reasoned that the offset due to EGFP at any wavelength can be estimated by the linear decomposition of the excitation spectra. Figure 5C shows the spectra of the neuron before and after the OG loading (red and blue traces respectively): the differences in the spectra caused by loading is minute but, the subtraction between the two shows the characteristic bimodal spectra of OG (magenta). By measuring the fluorescence in the neuropile, we have also obtained a good spectra for OG: the relatively small difference between the amplitude of the two peaks of OG shows a strong spectra distortion caused by the tissue. By using the relationship 7, we corrected the excitation spectra of the neuron. As shown in Figure 5D, the correction for absorption and scattering returns a spectra with a small but unmistakable component of OG (arrow). Then, by linear decomposition of this spectra, we obtained the α and β terms. Now the intensity of EGFP fluorescence at the wavelength λex at which the dynamic Ca2+ imaging experiment is performed can be computed by:
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Figure 5. Correction of the Ca2+ insensitive background during dynamic imaging. (A) the field, imaged at a depth of about 100 μm from the cortical surface, contains a neuron strongly expressing GFP. After loading with OG, both the red astrocyte and the neuropile show a faint green fluorescence. The image has been stretched non-linearly to better visualize the neuropile fluorescence. Bar 10 μm. (B) Time series obtained from the raw data showing one episode, indicated by the black bar in panel E, of rhythmic epileptiform activity in the visual cortex. (C) Spectra of the EGFP expressing cell body before and after OG loading (red and blue lines respectively). Loading was very low to maximize the interference of EGFP with Ca2+ imaging. The magenta line in the lower panel shows the difference between these spectra showing a noisy but unmistakable signature of OG. The green trace shows the spectra of the neuropile surrounding the cell body. (D) Spectra of the neuron cell body before and after correction for scattering and absorption. The raw spectra does not allow to detect the OG signature by linear decomposition, in fact, the fit returns α = −0.05 and β = 1.00. After correction, the presence of the OG spectral signature becomes obvious and that is reflected in the values of the α and β parameters: α = 0.11; β = 0.80. (E) Time course of the Ca2+ changes occurring during epileptiform activity measured for the neuropile, that returns the average activity of the local circuit, and for the tagged neuron. The response computed from the raw data is very small, due to the strong Ca2+ insensitive offset. Equation 8 and 9 were used to correct for the offset, and the resulting Ca2+ oscillations are now comparable with the responses recorded in the neuropile (red trace). (F) The Ca2+ insensitive background can be subtracted from the imaging sequence to provide a correct representation of the Ca2+ dynamics. Here, the Ca2+ oscillations of the soma are much more visible.



In the example shown in Figure 5, EGFP fluorescence is much stronger than that of OG and, in fact, about 79% of the signal imaged at 830 nm originates from the fluorescent protein. Thus, it is to be expected that the correction for the Ca2+ insensitive background would radically modify the amplitude of the response. Indeed, Figure 5 shows that the amplitude of the transient measured at the neuron soma is drastically affected. The correction can be extended to the entire time lapse sequence, allowing for a more representative view of the relative changes of Ca2+ in the cell body and dendrites (Figure 5F and Movie S4 in Supplementary Material).

Here we have characterized the spectral properties of two fluorophores in vivo and we have used these data to allow spectral un-mixing of fluorescence to identify cells tagged with EGFP and to correct Ca2+ dynamics. We have also shown a strong effect of imaging depth on the effective excitation available at the imaging plane. In principle, the quantitative approach we have described could be extended to others combinations of fluorophores provided that have sufficiently different two-photon excitation spectra. We envisage the possible development of a multi-color cell tagging scenario combined with Ca2+ dynamic measures.

MATERIALS AND METHODS

CELL CULTURES

HeLa cells were cultured in Dulbecco Modified Eagle’s Medium (DMEM) supplemented with 1 mM Sodium Pyruvate, 2 mM L-glutamine, 10 U/mL–10 μgmL Penicillin-Streptomycin, 10% bovine fetal serum, 10 mM HEPES. Two days before the imaging session the cells were transfected with a pEGFP-C1 vector (Clontech) with Effectene Transfection Reagent (QUIAGEN).

ANIMALS AND SURGICAL PROCEDURES

All experimental procedures were conducted in accordance with the ethical guidelines of the Istituto Superiore di Sanità. Experiments were performed on C57Bl/6J, C57Bl/6J -Thy1::EGFP (M line), and C57Bl/6J – Gad67::EGFP 25 mice (males and females) between postnatal day 28 and 70. Mice were anesthetized with an intraperitoneal injection of Urethane (20% w/V in physiological saline, 20 mg/Kg Urethane). An intramuscular injection of dexamethasone sodium phosphate (2 mg/kg body weight) was administered to reduce the cortical stress response and cerebral edema during the surgery. During the experiment the animal respiration was aided providing O2 enriched air and body temperature monitored and held constant at 37°C with a feedback-controlled heating blanket (Harvard Instruments).

The animal head was shaved and 2.5% lidocaine gel applied to the scalp. Scissors were used to cut the flap of skin covering the skull of both hemispheres; the exposed bone was washed with saline and periosteum gently removed with a pair of forceps to provide a better base for glue and dental cement to adhere to.

The highest cortical EGFP expressing areas was identified with transcranial epifluoresce illumination. A custom-made steal head post with a central imaging chamber was then glued with cyanoacrylate in a plane approximately parallel with the skull over the cortical region of interest and cemented in place with white dental cement (Paladur).

The mouse was head-fixed and a craniotomy of 2–3 mm in diameter was drilled over the region of interest; care was taken to minimize heating of the cortex during surgery, dural tears, or bleeding, and to keep the cortex superfused with sterile ACSF(126 mM NaCl, 3 mM KCl, 1.2 mM KH2PO4, 1.3 mM MgSO4, 26 mM NaHCO3, 2.4 mM CaCl2, 15 mM Glucose, 1.2 mM HEPES in distilled H2O, pH 7.4). During functional calcium imaging experiments, stereotyped interictal activity was induced superfusing the cortex with Bicuculline Methiodide (BMI, Sigma, 2 mM in ACSF).

MULTI-CELL BOLUS LOADING

The cortex was bulk loaded with a micro-injections of the calcium indicator dye Oregon Green Bapta-1AM (Molecular Probes, Invitrogen) and the selective astrocyte marker Sulforhodamine 101 (Molecular Probes, Invitrogen; Garaschuk and Konnerth, 2010).

OGB-1AM was first dissolved in 4.5 μL DMSO containing Pluronic F-127 (50 μg, Molecular Probes, Invitrogen) and further diluted 1/11 in 45 μL of ACSF, to a final concentration of 0.8 mM. SR101 (40 μM) was added to the solution to distinguish astrocytes from neurons. The staining solution was sonicated for 10 min at 37°C to assure complete solubilization of OGB-1AM, then filtered with 0.20 μm PVDF/Nylon filters and loaded into a borosilicate micropipette (Sutter Instruments, 1–2 μm tip diameter).

The micropipette was a inserted at an angle into the cortex to the desired depth (150–200 μm) with a micromanipulator (MP285, Sutter Instruments) and the dye was slowly pressure injected (0.5–0.7 bar, 2–3 min) under visual control (10 × air objective). 1–1.5 h were necessary to observe maximum stable fluorescent labeling of neurons and astrocytes.

TWO-PHOTON IN VIVO SPECTROSCOPY AND CALCIUM IMAGING

Fluorescence was imaged with a Prairie Ultima Multiphoton microscope (Prairie technologies) and a mode-locked Ti:sapphire laser (Chameleon Ultra II, Coherent) through a 40 × (0.8 NA) water immersion objective (Olympus). Before each imaging session we measured the power of the excitation laser at the optic bench and at the output of the objective lens at each wavelength. Given this conversion function, the power at the sample, that is not accessible once the mouse is placed under the objective, could be computed from the power measured on the optic bench. The power was measured with a radiometer (Melles Griot). The conversion factor was calculated as:
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During spectra acquisition, the excitation power was controlled by means of a Pockel Cell (Conoptics) in order to maintain a constant photon number impinging on the sample at all wavelengths:

[image: image]

The conversion factor rλ was used to calculate the photon number on the sample at each power value read on the optic bench by using the relationship:

[image: image]

Fluorescent cells were imaged at variable depth in the cortex. The average laser power delivered to the brain surface was 20 mW. PMT gain was kept constant at 667 V since previous calibrations showed that this voltage gives the best S/N ratio.

Z-series (vertical resolution 1 μm, 256 × 256 pixels) around the cell bodies of interests were acquired every 10 nm of wavelength from 760 nm to 1000 nm. To compensate for the focal plane drift due to chromatic aberrations, the Z-series was adjusted at each wavelength to optimize the optical slicing of the cell bodies of interest. During functional calcium imaging cortical activity was monitored by imaging fluorescence changes at 820 nm. T-series of fields of variable size were acquired at 2–5 Hz to detect activity-related somatic calcium signals.

At the end of the imaging session, a Z-series was acquired for post hoc evaluation of the depth of the imaged fields. A dark frame with the laser shutter closed was also acquired to measure the mean thermal noise arising in the PMTs and the pedestal usually added by the electronics.

IMAGE ANALYSIS

Twelve-bit image sequences were analyzed with ImageJ (NIH). Z-series were projected (maximum intensity) and subtracted of the dark background. For each spectrum, Z-projections were mounted in a sequence from 760 to 1000 nm and aligned for tangential drift with IRIS (http://www.astrosurf.com/buil/us/iris/iris.htm). Regions of Interest (ROIs) were manually drew around cellular somata: all pixels within each ROI were averaged to give the fluorescence variation as a function of the excitation wavelength. T-series from functional calcium imaging were subtracted of the dark background.
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Long-term optical stimulation of channelrhodopsin-expressing neurons to study network plasticity
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Neuronal plasticity produces changes in excitability, synaptic transmission, and network architecture in response to external stimuli. Network adaptation to environmental conditions takes place in time scales ranging from few seconds to days, and modulates the entire network dynamics. To study the network response to defined long-term experimental protocols, we setup a system that combines optical and electrophysiological tools embedded in a cell incubator. Primary hippocampal neurons transduced with lentiviruses expressing channelrhodopsin-2/H134R were subjected to various photostimulation protocols in a time window in the order of days. To monitor the effects of light-induced gating of network activity, stimulated transduced neurons were simultaneously recorded using multi-electrode arrays (MEAs). The developed experimental model allows discerning short-term, long-lasting, and adaptive plasticity responses of the same neuronal network to distinct stimulation frequencies applied over different temporal windows.
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INTRODUCTION

A single neuron conveys an array of signals to the neural circuit in which it operates by expressing several forms of plasticity (Daoudal and Debanne, 2003; Fioravante and Regehr, 2011). The neural units undergo a variety of activity-dependent changes that affect not only the synaptic machinery, but also the intrinsic firing properties of the neuron and promote structural rearrangements of its axonal and dendritic trees (Turrigiano, 2008; Grubb and Burrone, 2010; Feldman, 2012; Remme and Wadman, 2012). Neural networks store information through multiple processes of activity-dependent plasticity that differently affects various populations of neurons (Chang et al., 2010; Lau and Murthy, 2012; Shin et al., 2012).

Acting on a millisecond-to-minute timescale, short-term plasticity (STP) is believed to play an important role in synaptic computation and network information processing (Abbott and Regehr, 2004; Deng and Klyachko, 2011). On the other hand, persistent forms of activity-dependent plasticity occurring in neural ensembles and involving long-term changes in membrane excitability and synaptic transmission, provide a physiological substrate for learning and long-term memory storage (Caroni et al., 2012).

Finally, homeostatic processes have been proposed to explain the discrepancy between the high dynamics in brain circuit plasticity and the stability of brain function. Homeostatic plasticity works as a slow process that modifies both synaptic transmission efficacy and membrane excitability, keeping the firing rate of neural circuits within a physiological range (Turrigiano, 2008). Together with other processes, such as conventional short- and long-term plasticity, homeostatic plasticity changes the patterns of activity of a network, ensuring a stable and input-dependent functional connectivity (Turrigiano, 2012).

In this scenario, the effects of a signal transmitted through a defined brain circuit can vary enormously depending on the recent history of the network and these variations can last from milliseconds to months. To study these multiple forms of plasticity operating in an extremely wide temporal scale, we designed and developed a simple and low-cost set-up that allows controlling and maintaining the environmental parameters during long-term electrophysiological measurements with multi-electrode array (MEA).

The non-invasive measurement conditions of MEA devices allows long-term recording of the activity of dissociated neuronal networks as well as physical and bidirectional interfacing of the networks with the external world (Tessadori et al., 2012; Zullo et al., 2012). However, it is necessary to establish stable physiological conditions of neuronal cultures to avoid artifactual activity fluctuations and/or cellular dysfunctions. The major critical task is constituted by the MEA amplification system that suffers the high humidity levels (90%) required for culturing cells, and thus the majority of MEA recordings are conducted outside the incubator under normal ambient conditions (Chiappalone et al., 2008; Bologna et al., 2010). Such approach limits the duration of the experimental sessions to a couple of hours (Potter and Demarse, 2001; Biffi et al., 2012), and are not suited for long-term studies because data reproducibility might be affected over time. To overcome these problems, several laboratories developed various solutions, in order to perform long-lasting recording under controlled environmental conditions, i.e., with constant temperature, CO2, and humidity levels (Gross and Schwalm, 1994; Blau and Ziegler, 2001; Pancrazio et al., 2003; Kim et al., 2012; Yang et al., 2012). Indeed, these solutions allowed investigating neuronal adaptation to repeated external stimuli during neuronal development. Recently, it has been shown that long-term optogenetic stimulation administered to neurons kept in the incubator elicits homeostatic changes in neuronal morphology at the single cell level (Goold and Nicoll, 2010; Grubb and Burrone, 2010). Although optogenetic stimulation has been already integrated with MEA devices(Takahashi et al., 2012; Dranias et al., 2013), the potentiality of these low invasive methods was not fully exploited to characterize network activity in long-lasting experiments in the presence of chronic stimulation triggering adaptive network responses over time.

In this paper, we combined long-term optogenetic stimulations with MEA recordings in a controlled in vitro environment to monitor functional rearrangements of the neuronal network. Infection of the entire neuronal network with the algal protein Channelrhodopsin-2/H134R (ChR2/H134R) (Lin et al., 2009; Lin, 2011) allowed to optically control neuronal excitability through a minimally invasive and temporally precise stimulation that could potentially be genetically targeted to specific neuronal sub-populations (i.e., excitatory vs. inhibitory neurons) or specific subcellular domains. This approach allows inducing, detecting and tracking changes in spontaneous and evoked neuronal networks activity while they adapt to various optical stimuli.

MATERIALS AND METHODS

CELL CULTURES

Hippocampal cultures were prepared from mouse C57BL/6J (E17-E18) embryos as previously described (Baldelli et al., 2007). All experiments were carried out in accordance with the guidelines of the European Community Council (Directive 2010/63/EU of September 22nd, 2010) and were approved by the Italian Ministry of Health. Dissociated hippocampal and cortical neurons were plated at 200 cells/mm2 on coverslips or MEA coated with Poly-D-Lysine (0.1 mg/ml) and maintained in Neurobasal medium containing B27 Supplement and Glutamax (Invitrogen, Monza, Italy).

PATCH-CLAMP RECORDINGS

Action potential activation was studied by whole-cell current-clamp recordings, and ChR2/H134R-induced current by voltage-clamp recordings. Both approaches were performed using a Multiclamp 700B amplifier (Axon Instruments, Molecular Devices, Sunnyvale CA, USA) using an upright BX51WI microscope (Olympus, Japan) equipped with Nomarski optics. The age of the patched neurons ranged between 15 and 19 days in vitro (div). Patch electrodes, fabricated from thick borosilicate glasses, were pulled and fire-polished to a final resistance of 5–7 MΩ. Experiments were performed at 22–24°C. All experiments were recorded in Tyrode extracellular solution to which D-(-)-2-amino-5-phosphonopentanoic acid (D-AP5; 50 μM), 6-cyano-7-nitroquinoxaline-2,3-dione (CNQX; 10 μM) and bicuculline methiodide (30 μM) were added to block NMDA, non-NMDA and GABAA receptors, respectively. The internal solution (K gluconate) contained (in mM) 126 K gluconate, 4 NaCl, 1 MgSO4, 0.02 CaCl2, 0.1 BAPTA, 15 Glucose, 5 Hepes, 3 ATP, 0.1 GTP, pH 7.3. Only cells with resting membrane potentials between −55 and −70 mV, access resistance <10 MΩ and leak current <100 pA were considered for analysis. Current-clamp recordings were made at resting membrane potential, and action potential firing was induced by light pulses of 1, 5, or 10 ms. Voltage-clamp recordings were performed at −70 mV and inward current was induced by light pulses of 500 and 1 ms. Voltage traces were acquired at 5 kHz and low-pass filtered at 2.5 kHz.

VIRUS PRODUCTION AND INFECTION

All experiments were performed using a pLenti-Synapsin-hChR2(H134R)-EYFP-WPRE. The plasmid was a kind gift of Karl Deisseroth (Stanford University, California, USA). Third-generation LVs were produced by transient four-plasmid co-transfection into HEK293T cells using the calcium phosphate transfection method. Supernatants were collected, passed through a 0.45 μm filter and purified by ultracentrifugation as previously described (De Palma and Naldini, 2002). Viral vectors were titrated at concentrations ranging from 1 × 108 to 5 × 109 transducing units/ml. Cultures were infected at 8–12 div by using 2–5 multiplicity of infection, and neurons were checked for positive transduction at 15–19 div. The efficiency of transduction, estimated by counting neurons expressing EYFP protein respect to the total number of DAPI-stained cells, was > 90%.

IMMUNOFLUORESCENCE

Primary hippocampal neurons were fixed in 4% paraformaldehyde, 4% sucrose in 0.12 M phosphate buffer, pH 7.4, rinsed several times in phosphate-buffered saline (PBS), blocked and permeabilized in 0.1% gelatin/0.3% Triton X-100 in PBS. Samples were sequentially incubated with an anti-GFP primary antibody (A11122, Invitrogen) and a 488-fluorochrome-conjugated secondary antibody (Invitrogen). After several washes in PBS, coverslips were mounted using Prolong Gold anti-fade reagent with DAPI (Invitrogen). Images were acquired using a 40 × objective in a Leica SP5 confocal microscope.

MEA RECORDINGS

Dissociated hippocampal neurons were plated onto a planar Muse MEA (M64-GL1-30Pt200, Axion Biosystems, Atlanta, GA). The electrode diameter was 30 μm and the orthogonal distances between electrodes were 200 μm. The Muse 64 channel amplifier connected to an external hardware controller via a National Instrument analog-to-digital card was used to amplify extracellular signals. Raw data were digitized at 20 kHz and stored on a hard disk for off-line analysis. Spike detection of single extracellular action potentials was performed using the Axion Biosystem software using a voltage threshold 6–7-fold the standard deviation of the noise over 200 Hz high-pass filtered traces. Spike train data were analyzed using Neuroexplorer software (Plexon, Dallas, TX) to compute the mean firing rate. In all experiments, mean firing rates were normalized to the respective baseline, after a stabilization period of 2 h. Cultures kept in the incubator system were recorded between 18 and 21 div under control conditions or during the administration of various photo-stimulation protocols.

PHOTO-STIMULATION PROTOCOLS

To induce long-term plasticity in neuronal cultures, we used a tetanic stimulation protocol consisting of a 20–40 Hz train lasting 1 s and repeated every 10 s for 10 min. To evaluate adaptive plasticity, a chronic photo-stimulation protocol consisting of 125 ms tetanic stimulation at 40 Hz was repeated every minute for 48 h. In all protocols, the light-pulse stimulus with the 470 nm LED was lasting 10 ms with a power of 0.5 mW/mm2. To evaluate the response of the cultures to the sustained photostimulation, firing rate data were averaged in 12 h epochs. Then, the average baseline firing rate (determined over the 24 h prior to stimulation) was subtracted from the mean firing rate (MFR) of the respective epoch and the resulting value was normalized to the peak firing rate of ChR2/H134R-infected cultures as follows:
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VIABILITY ASSAYS

Glutamate released from cultured hippocampal neurons was measured using an Amplex Red glutamic acid/glutamate oxidase assay kit (Invitrogen). Briefly, samples were collected after baseline and after stimulation. Then, the medium was collected and analyzed for glutamate concentration according to the manufacturer's instructions. The resulting increase in fluorescence over time was measured with the use of a fluorescence microplate reader (Tecan Infinite 500) with excitation at 538 nm and emission at 594 nm. Cell culture viability was evaluated with propidium iodide and Hoechst-33342 (all from Sigma, Milan, Italy) as previously described (Frega et al., 2012). The cell-impermeable red fluorescent dye propidium iodide enters only dead cells in which cell membrane integrity is compromised, while the cell-permeable blue nuclear dye Hoechst-33342 is used to visualize the total number of cells.

STATISTICAL ANALYSIS

Data are expressed as means ± s.e.m. for number of cells or of independent network preparations (n). Data were analyzed using non-parametric tests (Mann-Whitney test, Friedman's test for repeated measures, Friedman's Two-Way ANOVA by Ranks, Kruskal–Wallis test and the Dunn's post-hoc multiple comparison test) using the SPSS software (SPSS, Inc., Chicago, IL). The significance level was preset to p < 0.05.

RESULTS

BUILD-UP OF THE OPTO/MEA CHRONIC STIMULATION/RECORDING SETUP

We constructed a simple optical microscope to simultaneously perform long-term optical stimulation and imaging of neural networks cultured on MEA chips (opto/MEA chronic stimulation/recording (OM-CSR) system; Figure 1). The light sources of the optical setup were two LEDs (M735L3 and M470L2 equipped with two LEDD1B controllers—Thorlabs): one emitting at 735 nm wavelength to reduce phototoxicity during bright-field optical imaging (LED1), and the other emitting at 470 nm to stimulate neuronal network transduced with ChR2/H134R (LED2). The light from the two LEDs was combined through the dichroic mirror D1 (FF495-DI02—Semrock) and focused on the sample by the lens L1 (30 mm focal length VIS doublets—Thorlabs), to produce a homogeneous circular illumination spot of 4 mm diameter, which covers the entire active area of the MEA chip. The light collected with an air-immersion microscope objective was reflected from M1 (PF10-03-P01—Thorlabs) and focused on the CCD camera by L2 (100 mm focal length VIS doublets—Thorlabs). Only the infrared portion (IR) of the light passed through the filter F1 (BLP01-594R-25—Semrock) and reached the CCD camera (BASLER-Pilot 04-PIA1000-48GM—ATvision) for imaging. The MEA amplifier and the primary neurons grown onto the MEA chip were positioned on a manual stage. To perform imaging of the entire network topography during long-term photo-stimulation and electrophysiological recordings, a 10 × magnification objective (RMS10X Plan Achromat Objective, 0.25 NA—Olympus) was used.
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FIGURE 1. Optical setup. Schematic overview (A) and picture (B) of the OM-CSR setup combining optical recordings, optical stimulation and MEA recordings embedded in an incubator that maintains a physiological environment for neuronal cultures. LED1/2, light emitted diodes (470 and 530 nm); M, mirror; D, dichroic; L, lens; F, filter; PP, peristaltic pump.



To maintain physiological parameters of the neuronal culture within a narrow range (5% CO2 and 37°C), the entire optical system was embedded in an incubator system (Galaxy 48-R Incubator—EuroClone). The use of a CCD camera instead of a classical eyepiece system reduces the dimensions of the optical setup within the small incubator and allows monitoring the morphology of the network in remote. We set 0% humidity in the incubator system to preserve the performance of the optical/electronic components. However, to minimize and compensate medium evaporation and thus stabilize the osmolarity, the MEA chip was closed with a custom-designed polydimethylsiloxane (PDMS) lid (Blau et al., 2009), and a perfusion system controlled by an external peristaltic pump (PP; REGLO Digital MS-2/8—ISMATEC) fed the culture at a flow rate of 8 μ l/min.

A custom-made software interface based on LabVIEW (National Instruments) generated TTL-synchronization signals sent through a D/A USB-board (USB-6008-NI-DAQmx—TESEO) to the various devices (LED1, LED2, CCD), allowing remote control of the experimental protocol. To perform live imaging, the IR light pulses were synchronized with the CCD image acquisition (500 ms light-pulse duration every 5 min, synchronized with a CCD exposure time of 1 s). To perform photostimulation, an oscilloscope produced a square wave TTL-signal (0–5 V signal amplitude, 20–40 Hz repetition rate and 20–40% duty cycle). The waveform coming from the oscilloscope was time-gated by a passive-relay-driven by a TTL-signal from the D/A USB-board.

INWARD CURRENTS AND ACTION POTENTIAL COULD BE RELIABLY INDUCED IN ChR2/H134R-EXPRESSING NEURONS

A good performance of photo-stimulation is due to the extent of ChR2/H134R expression and membrane targeting, as well as to a strict control of LED power and wavelength. To ascertain that action potentials could be evoked by light in most of neurons under our conditions during long-term MEA recordings, we performed patch-clamp experiments on the same cultures in both voltage- and current-clamp configurations. First, we acquired confocal images and showed that over 90% of neurons infected with the ChR2/H134R lentiviral vector expressed the protein (Figure 2A). After setting LED light power to a level previously described as capable to generate a large inward current (0.5 mW/mm2) (Lin et al., 2009; Gunaydin et al., 2010), we performed a complete electrophysiological characterization by stimulating neurons with a 500 ms light pulse at either 470 or 530 nm in voltage-clamp configuration. As expected, both the peak and the plateau current amplitude were larger at 470 nm than at 530 nm (peak: 470 nm = 3.84 ± 1.32 nA, 530 nm = 0.51 ± 0.08 nA; plateau: 470 nm = 0.98 ± 0.11 nA, 530 nm = 0.43 ± 0.07 nA) (Figures 2B,C). Moreover, we were able to induce an inward current with 1 ms light pulse with the 470 nm LED (Figures 2D,E) demonstrating that current amplitude and channel τ-off were stable and reproducible among independent experiments (amplitude: 130.5 ± 1.82 pA; τ-off: 11.73 ± 0.59 ms).


[image: image]

FIGURE 2. Voltage-clamp characterization of ChR2/H134R-expressing neurons. An inward current could be triggered by illumination with the 470 nm LED in neurons infected with ChR2/H134R. (A) (Left) Confocal image of 18 div neurons infected with ChR2/H134R-YFP labeled with DAPI (blue) and anti-GFP (green) and (right) live imaging of infected neurons at 18 div during electrophysiological recordings (fluorescent signal: ChR2-YFP). (B) Representative traces of inward currents induced by a 500 ms light pulse at either 470 (black) or 530 nm (green) wavelength or without illumination (gray). (C) Mean (±s.e.m.) peak amplitude and plateau amplitude of inward current induced by a 500 ms light pulse at 470 or 530 nm (n = 6). (D) Representative trace of an inward current induced by 1 ms light pulse at 470 nm. (E) Mean (±s.e.m.) current amplitude and decay (τ off) of inward current induced by 1 ms light pulse at 470 nm (n = 45 from 6 independent experiments). The individual data are also shown in the plot. * p < 0.05; ** p < 0.001 Mann–Whitney test vs. 470 nm.



Current-clamp recordings were performed to demonstrate that the inward current observed in voltage-clamp recordings was able to induce action potential firing in ChR2/H134R-expressing neurons. Various light train stimuli from low (1 Hz) to high (60 Hz) frequency were administered to investigate their efficiency in triggering action potentials (Figures 3A,B). The ratio between the number of evoked action potentials and the number of light pulses was inversely dependent on the stimulation frequency and when the frequency reached 60 Hz, the percent of successful action potentials was reduced to 20% (Figure 3C). Moreover, when the duration of the light stimulus was changed from 1 to 10 ms, the probability to have an extra-action potential increased (Figure 3D). After these preliminary experiments, we passed to perform MEA recordings in our set-up to evaluate plastic responses by keeping the same conditions of light pulse duration, frequency and power and varying the stimulation protocols over time.
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FIGURE 3. Current-clamp characterization of ChR2/H134R-expressing neurons. Single light pulses at 470 nm induce action potentials in neurons transduced with ChR2/H134R. (A) Representative traces showing the induction of action potentials by light pulses at increasing stimulation frequency (1–60 Hz). (B) Single trains boxed in panel (A) are shown in an expanded time scale. (C) Percent of successful action potential induced by light pulses as a function of the stimulation rate. Means ± s.e.m. are reported (n = 7). (D) Representative traces of single action potentials induced by light pulses of increasing duration (1, 5, and 10 ms). The afterdepolarization that limits the maximum frequency of light stimulation is clearly visible and increases with the pulse duration.



EFFECTS OF TETANIC OPTICAL STIMULATION ON ChR2/H134R-EXPRESSING NETWORKS

Synaptic plasticity has been well described since many years at the single cell level, but the impact of such functional and morphological modifications at a larger scale has remained largely unexplored. This was mainly due to the lack of appropriate electrophysiological techniques to perform long-lasting experiments on neuronal networks over the time needed by the network to implement the plastic short- and long-term events affecting single synaptic sites. To tackle this issue, we developed a fully integrated system to perform long-lasting extracellular electrophysiological recordings coupled with photostimulation and live optical imaging of primary neuronal networks grown onto MEA chips (Figure 4A). This system allowed us studying the impact of tetanic optical stimulation protocols on the entire network over timescales ranging from minutes to hours or even days (Figures 4B,C). Upon in vitro maturation, primary networks of hippocampal neurons grown onto MEA chips reveal a progressive development of rich spontaneous spiking and bursting activities that reflect the reverberant excitatory synaptic connections that progressively established during maturation (Chiappalone et al., 2009; Bologna et al., 2010; Zullo et al., 2012) (Figure 4B, baseline). We first applied tetanic protocols on ChR2/H134R-transduced neuronal cultures and evaluated the changes in network dynamics up to 1 h. Tetanic photostimulation was able to induce a multiple response on a single channel and also full network activation (Figures 4B,C). We used two stimulation protocols lasting 10 min consisting of 1 s train stimulation at either 20 or 40 Hz administered every 10 s (Figure 4D). We found that the 20 Hz train was not efficient to induce significant long-lasting changes in network dynamics either during or after the photo-stimulation period, whereas the 40 Hz train was effective in inducing long-term changes in the firing rate of the network (Figures 4D,E).
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FIGURE 4. Tetanic optical stimulation on ChR2/H134R-expressing networks induces long-term network plasticity. Long-term changes in the neuronal network can be induced by modulating time and frequency of light stimulation. (A) 18 div neurons grown onto a MEA chip. Bar, 30 μm. (B) Representative extracellular recordings of action potential firing evoked by photostimulation on a single channel. (C) Raster plot representation of MEA recordings under basal conditions, during tetanic stimulation at 40 Hz and after photostimulation. Light stimuli are shown as blue horizontal bars in the middle panel. (D) Mean traces of the normalized mean firing rate (averaged in 10 min bins) during a long-term plasticity protocol consisting of 1 s stimulation at either 20 or 40 Hz (light pulse duration, 10 ms, blue horizontal bar) administered every 10 s for 10 min (blue horizontal bar). (E) Normalized mean firing rate under basal conditions (baseline), during photostimulation and after (time = 40–70 min) stimulation. Means ± s.e.m. are shown. YFP-infected control, 40 Hz, n = 5; ChR2/H134R-infected, 20 Hz, n = 3; ChR2/H134R-infected, 40 Hz, n = 4. * p < 0.05, ** p < 0.01, Kruskal–Wallis test followed by the Dunn's multiple comparison test.



LONG-TERM EFFECTS OF OPTICAL STIMULATION ON ChR2/H134R-EXPRESSING NETWORKS

Neural plasticity is a fundamental mechanism by which neural networks adapt to repeated external stimuli occurring over wide temporal windows. In this context, our system allows monitoring the entire network dynamics while performing naturally occurring protocols for prolonged amounts of time. Our OM-CSR system allowed us following the spatial evolution of extracellular network activity for long periods of time. We evaluated the occurrence of adaptive changes on the global firing activity while the network was subjected to a sustained external stimulation (Figure 5A). Control and ChR2/H134R-expressing cultures were recorded continuously for 24 h under basal conditions (0–24 h; baseline), subjected to repeated tetanic stimulation for 48 h (from 24 to 72 h; blue line in Figure 5B; see Materials and Methods) and followed for additional 12 h after stimulation (Figures 5A,B). The mean increase in the firing rate during photostimulation, normalized to the average peak response, showed that the culture responded by significantly increasing the activity several fold (average increase in the peak firing rate of ChR2/H134R-infected cultures with respect to baseline: 9.4 ± 3.5) during the first 36 h of stimulation (24–60 h; Figure 5B). However, during the last 12 h of photostimulation (60–72 h), the activity decreased with respect to the peak response (p < 0.05) and was not significantly different from the activity range of control cultures. Finally, when the sustained stimulation was ended, network activity fully returned to baseline levels, demonstrating that network dynamics could reset to the basal conditions.


[image: image]

FIGURE 5. Chronic stimulation with light pulse trains induces an adaptive response in hippocampal networks. (A) Color map of the mean firing rate recorded on MEAs before (0–24 h epoch), during the administration of the photostimulation protocol (5 light pulses of 10 ms at 40 Hz every min for 48 h; 24–72 h epochs) and after stimulation (72–84 epoch). Color areas represent the normalized increases in the mean firing rate in the various epochs (see Materials and Methods and the look-up table reported on the right for pseudocolor coding). (B) The increase in the firing rate of ChR2/H134R-infected networks (gray bars; n = 5), measured in 12 h epochs, was normalized to the peak firing rate of ChR2/H134R-infected neurons over time. The normalized mean firing rate of stimulated control YFP-infected networks (black bars; n = 5) is shown for comparison. Networks expressing ChR2/H134R show neuronal adaptation to the chronic light stimulation (blue horizontal bar). Statistical analysis was performed using the Friedman's test for repeated measures followed by the Dunn's multiple comparison test. ** p < 0.01, *** p < 0.001 vs. control YFP-infected networks; °p < 0.05 vs. peak firing rate of ChR2/H134R-infected neurons. (C) Images described MEA cultures (upper left panel), Hoechst positive cells (blue, upper right panel), propidium iodide-positive cells (red, lower left panel) and merge image (lower right panel). (D) Normalized neuron mortality in non-stimulated YFP-infected cultures (white bars), YFP-infected cultures after chronic stimulation (black bars) and ChR2/H134R-infected cultures after stimulation (red bars). Means ± s.e.m. (n = 5 per experimental group) are shown. ns, not significant, Kuskal–Wallis test. (E) Mean ± s.e.m. (n = 5 per experimental group) glutamate concentrations analyzed before and after chronic stimulation in both YFP-infected control and ChR2/H134R-positive cultures. ns, Friedman's Two-Way ANOVA by Ranks.



The late decrease in firing could represent an adaptive response to the chronic stimulation or be the expression of network depopulation due to neuronal excitotoxic death. To verify that, we performed viability assays using propidium iodide and determination of extracellular glutamate concentrations immediately before and after the chronic stimulation protocol. No changes in neuron mortality were induced by photostimulation in either control or ChR2/H134R-infected cultures when compared to control, non-stimulated cultures (Figures 5C,D). Moreover, extracellular glutamate concentrations were similar in control and ChR2/H134R-infected cultures irrespective of the presence or absence of the sustained photostimulation protocol (Figure 5E) and the glutamate levels were much lower than the high μ M to mM concentrations responsible for excitotoxicity in cultured neurons (Berman and Murray, 1996; Ha et al., 2009). The absence of significant changes in either neuronal viability or extracellular glutamate concentrations rule out that the decrease in activity is due to neuronal death or distress and confirms the activation of adaptive changes in the network aimed at normalizing the activity in spite of the sustained state of hyperexcitation.

DISCUSSION

The functional and morphological properties of neuronal networks are strictly connected and the study of their relationships is an important aspect to understand the modular and hierarchical organization of the brain (Bassett et al., 2010). Although the complex and dense structure of the brain preserves invariant physiological features, in vivo experiments are difficult to evaluate because of the restricted accessibility of the entire neural circuits. In vitro experiments allow the control and investigation of the whole neuronal network, and offer a simple model to elucidate the interplay between morphological and functional properties (Shein-Idelson et al., 2011). The possibility to remotely control, and thus modify, the stimulation pattern without perturbing the environmental conditions of the networks, opens the possibility to study the plastic effects of distinct protocols over short and long time windows (Potter and Demarse, 2001).

The study of long-term adaptive changes in primary networks is intrinsically difficult, as stimulation and recording protocols typically require withdrawal of the cultures from the incubator and stimulation/recordings at the set-up stage generally at room temperature (Bologna et al., 2010). For this reasons, the plastic changes occurring in the timescale of hours or days are difficult to follow. In addition, electrical stimulation cannot be spatially controlled, or cell-type specifically targeted (Wallach et al., 2011). Long-lasting electrical stimulation protocols, besides generating large recording artifacts, can be performed only from few electrodes and therefore the network dynamics can be altered only locally.

We show here that we were able to modulate the entire network dynamics by using a simple and low cost setup, which allowed us to optically stimulate the entire network and record thereof. The OM-CSR system can be easily adapted to perform site-specific stimulation by shaping the light and/or targeting ChR2 expression to specific neuronal populations (Knopfel et al., 2010; Fenno et al., 2011; Mei and Zhang, 2012). The use of optogenetics turned out to be very efficient to perform stimulation protocols with high flexibility and high efficiency in eliciting action potential firing widespread in the network. A common limitation for performing electrophysiological recordings while neurons are kept in a CO2 incubator is the quasi-saturating aqueous vapor that, in the long run, degrades the electrode surfaces, alters electronic wiring and optical component properties, no matter how protected and isolated they are. We eliminated the humidity control in the incubator environment and, at the same time, prevented evaporation of the cell culture medium. We found that neurons could survive under these conditions for over 3 weeks, developing normally and preserving their passive and active electrophysiological properties. With such an integrated system, we could apply distinct stimulation protocols on the very same neural network to directly compare their efficiency. While stimulation at 20 Hz did not alter the network mean firing rate, stimulation at 40 Hz significantly increased spontaneous activity and the effect lasted up to 1 h after light exposure. Notably, our system allowed to reproducibly analyze the two protocols on the very same sample over time, excluding the variability among independent in vitro random networks. When chronic stimulation was applied, the activity of the ChR2/H134R-infected networks underwent adaptive changes that were apparent 48–60 h after the onset of the light stimulation and that are likely to reflect adaptive modifications of intrinsic excitability and synaptic strength at single neuronal units (Turrigiano, 2012).

One of the challenging applications of optogenetics is the possibility to dissect and treat neurological disorders. Although the development of implantable optical systems to stimulate single neurons in the brain still requires further technological improvements (Piyawattanamet Ha et al., 2009), it is fundamental to screen chronic and stable light modulating protocols for correcting brain dysfunctions and develop well-targeted viral expression systems. By studying the potential toxic effects and the neural network responses to chronic optical stimulation, this set-up may allow refining stimulation protocols to be used for the development of bidirectional neuro-prostheses (O'Doherty et al., 2011).

Optogenetics has opened a new avenue for exploring the functions of complex neural networks in the normal brain, as well as for dissecting the pathogenesis of various neuropsychiatric conditions and proposing new potential curative approaches based on photostimulation (Kokaia and Sorensen, 2011; Tye and Deisseroth, 2012). Restoration of dopamine-related movement dysfunction in parkinsonian animals, relief of anxiety, silencing of seizures in epileptic animals or correction of blindness in models of Retinitis pigmentosa are just few examples of the potential applications. In this perspective, our system allows the long-term screening of optogenetic methods, not only to assess the effects of chronic photostimulation protocols and to dissect the network response to these stimulation protocols, but also to mimic in vitro deep brain stimulation protocols that have been demonstrated to be effective in treating drug-resistant forms of Parkinson's disease and/or depression.

In conclusion, the OM-CSR system described here allows performing these fundamental studies at the network level and may contribute to a better understanding of the principles of long-term modulation of neural networks under physiological conditions and in experimental models of neurological diseases.
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Exposure to psychostimulants results in structural and synaptic plasticity in striatal medium spiny neurons (MSNs). These cellular adaptations arise from alterations in genes that are highly implicated in the rearrangement of the actin-cytoskeleton, such as T-lymphoma invasion and metastasis 1 (Tiam1). Previous studies have demonstrated a crucial role for dopamine receptor 1 (D1)-containing striatal MSNs in mediating psychostimulant induced plasticity changes. These D1-MSNs in the nucleus accumbens (NAc) positively regulate drug seeking, reward, and locomotor behavioral effects as well as the morphological adaptations of psychostimulant drugs. Here, we demonstrate that rats that actively self-administer cocaine display reduced levels of Tiam1 in the NAc. To further examine the cell type-specific contribution to these changes in Tiam1 we used optogenetics to selectively manipulate NAc D1-MSNs or dopamine receptor 2 (D2) expressing MSNs. We find that repeated channelrhodopsin-2 activation of D1-MSNs but not D2-MSNs caused a down-regulation of Tiam1 levels similar to the effects of cocaine. Further, activation of D2-MSNs, which caused a late blunted cocaine-mediated locomotor behavioral response, did not alter Tiam1 levels. We then examined the contribution of D1-MSNs to the cocaine-mediated decrease of Tiam1. Using the light activated chloride pump, eNpHR3.0 (enhanced Natronomonas pharaonis halorhodopsin 3.0), we selectively inhibited D1-MSNs during cocaine exposure, which resulted in a behavioral blockade of cocaine-induced locomotor sensitization. Moreover, inhibiting these NAc D1-MSNs during cocaine exposure reversed the down-regulation of Tiam1 gene expression and protein levels. These data demonstrate that altering activity in specific neural circuits with optogenetics can impact the underlying molecular substrates of psychostimulant-mediated behavior and function.
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INTRODUCTION

Striatal medium spiny neurons (MSNs) play a crucial role in the molecular, cellular, and behavioral responses to psychostimulants (Lee et al., 2006; Dietz et al., 2009, 2012; Hikida et al., 2010; Lobo et al., 2010; Ferguson et al., 2011; Kim et al., 2011; Lobo and Nestler, 2011; Robison and Nestler, 2011). Previous studies demonstrate a role for dopamine receptor 1 (D1) containing striatal MSNs to positively regulate psychostimulant induced molecular, behavioral, and cellular plasticity adaptations in the striatum whereas dopamine receptor 2 (D2) expressing MSNs negatively regulate psychostimulant-mediated behaviors (Moratalla et al., 1992; Lee et al., 2006; Bertran-Gonzalez et al., 2008; Hikida et al., 2010; Lobo et al., 2010; Ferguson et al., 2011; Kim et al., 2011; Lobo and Nestler, 2011; Pascoli et al., 2011; Grueter et al., 2013). Consistent with these findings, cocaine-induced structural plasticity and synaptic plasticity alterations in the nucleus accumbens (NAc) predominantly occur in D1-MSNs (Lee et al., 2006; Kim et al., 2011; Pascoli et al., 2011; Grueter et al., 2013). These adaptations occur in both the dorsal striatum and NAc, two key areas of the “reward” circuitry. Both brain regions are part of the striatum; the NAc along with the olfactory tubercle composes the ventral striatum (Ikemoto, 2007). Exposure to cocaine or other psychostimulants alters the expression of dendritic plasticity, spine growth, and actin remodeling associated genes that regulate these structural plasticity changes in NAc MSNs (Toda et al., 2006; Pulipparacharuvil et al., 2008; Dietz et al., 2009, 2012; Kalivas, 2009). Conversely, disrupting these molecules can impact cocaine-induced structural plasticity and behaviors (Toda et al., 2006; Pulipparacharuvil et al., 2008; Dietz et al., 2009, 2012; Kalivas, 2009). It is unknown if these molecular changes are mediated in a cell type-specific manner.

One such set of molecules altered by cocaine are cytoskeletal-associated proteins that can directly alter structural plasticity, including spine density and dendritic branching in MSNs (Robinson and Kolb, 2004; Dietz et al., 2009, 2012; Kalivas, 2009; Russo et al., 2010; Kim et al., 2011). The actin-cytoskeleton is primarily regulated by the Rho family small GTPase molecules (Schubert and Dotti, 2007; Cingolani and Goda, 2008). Recently, we demonstrated that Rac1 (Ras-related C3 botulinum toxin substrate 1), a small GTPase that controls actin remodeling, is negatively regulated after repeated cocaine exposure, and enhanced Rac1 signaling blocks cocaine-mediated structural and behavioral plasticity (Dietz et al., 2012). The cocaine-induced decrease in Rac1 activity was accompanied by down-regulation in T-lymphoma invasion and metastasis 1 (Tiam1) protein, the upstream regulator of Rac1 (Dietz et al., 2012) and a decrease in Tiam1 gene expression (unpublished data). Tiam1 is highly expressed in spines and dendrites and plays an important role in dendritic structure and synaptic plasticity (Tolias et al., 2007).

Our previous study examined Tiam1 levels in the NAc after non-contingent home cage cocaine i.p. injections (Dietz et al., 2012) but did not assess whether Tiam1 was regulated in more behaviorally relevant models of addiction (i.e., self-administration, behavioral sensitization). We first investigated if Tiam1 expression in MSNs was changed following cocaine self-administration. We next examined whether channelrhodopsin-2 (ChR2) optogenetic activation of D1-MSNs or D2-MSNs could alter Tiam1 levels. To further understand the contribution of D1-MSN cell type specificity in the regulation of Tiam1 following cocaine exposure, we use optogenetics to selectively inhibit D1-MSNs. We used enhanced Natronomonas pharaonis halorhodopsin 3.0 (eNpHR3.0), the yellow/green light activated chloride pump, during cocaine-induced locomotor sensitization and then examined Tiam1 gene expression and protein levels. Overall our studies demonstrate the regulation of Tiam1 following behavioral sensitization and cocaine self-administration. Moreover, we now begin to examine how cell type specificity, particularly the D1-MSNs, contributes to the underlying molecular mechanisms of psychostimulant induced structural plasticity and behavior. Furthermore, we examine whether altering activity in specific circuits with optogenetics can influence these underlying molecular mechanisms.

MATERIALS AND METHODS

ANIMALS

Mice used for optogenetic experiments were D1-Cre hemizygote (line FK150) or D2-Cre hemizygote (line ER44) bacterial artificial chromosome (BAC) transgenic mice on a C57Bl/6 background (Gong et al., 2007, genstat.org). All mice were maintained on a 12-h light/dark cycle ad libitum food and water. Sprague-Dawley rats, used in the self-administration experiment, were maintained on a 12-h reverse light/dark cycle ad libitum food and water. All studies were conducted in accordance with the guidelines set up by the Institutional Animal Care and Use Committee’s at The University of Maryland School of Medicine, The University at Buffalo, The State University of New York, and Mount Sinai Medical School.

IN VITRO PATCH-CLAMP ELECTROPHYSIOLOGY

Whole-cell recordings were obtained from NAc MSNs in acute brain slices from D1-Cre mice that were injected with adeno-associated virus (AAV)-double-floxed inverted orientation (DIO)-eNpHR3.0-enhanced yellow fluorescent protein (EYFP; AAV-DIO-eNpHR3.0-EYFP; Gradinaru et al., 2010; Witten et al., 2010; Stuber et al., 2011; Tye et al., 2011; Chaudhury et al., 2013; Stefanik et al., 2013) into the NAc. To minimize stress and to obtain healthy NAc slices, mice were anesthetized immediately when they were brought to electrophysiology area and perfused for 40–60 s with ice-cold aCSF (artificial cerebrospinal fluid), which contained 128 mM NaCl, 3 mM KCl, 1.25 mM NaH2PO4, 10 mM D-glucose, 24 mM NaHCO3, 2 mM CaCl2, and 2 mM MgCl2 (oxygenated with 95% O2 and 5% CO2, pH 7.4, 295–305 mOsm). Acute brain slices containing NAc were cut using a microslicer (Ted Pella) in cold sucrose-aCSF, which was derived by fully replacing NaCl with 254 mM sucrose and saturated by 95% O2 and 5% CO2. Slices were maintained in holding chamber with aCSF for 1 h at 37°C. Patch pipettes (3–5 MΩ), for whole-cell current-clamp and voltage-clamp recordings, were filled with internal solution containing the following: 115 mM potassium gluconate, 20 mM KCl, 1.5 mM MgCl2, 10 mM phosphocreatine, 10 mM HEPES [4-(2-hydroxyethyl)-1-piperazineethanesulfonic acid], 2 mM magnesium ATP, and 0.5 mM GTP (pH 7.2, 285 mOsm). Whole-cell recordings were carried out using aCSF at 34°C (flow rate = 2.5 ml/min). For current-clamp recordings to measure green (532 nm) light inhibition of action potentials we measured the effect of green light eNpHR3.0 activation on current (50 pA) injection-induced spiking. eNpHR3.0 activation-induced outward current was measured in voltage-clamp. Current- and voltage-clamp experiments were performed using the Multiclamp 700B amplifier and data acquisition was carried out in pClamp 10 (Molecular Devices). Series resistance was monitored during the experiments, and membrane currents and voltages were filtered at 3 KHz (Bessel filter). For light delivery to NAc slices, a 200 μm optical fiber (Thor Labs, BFL37-200) was connected via a FC (fiber-optic)/PC (physical contact) adaptor to a 532 nm green laser diode (OEM Laser Systems).

IMMUNOHISTOCHEMISTRY

D1-Cre mice were perfused with 0.1 M phosphate buffered saline (PBS) followed by 4% paraformaldehyde (PFA). Brains were immersed in PFA overnight and then cryopreserved in 30% sucrose. Brains were cryosectioned (Leica) at 35 μm into 0.1 M PBS. Brain sections were blocked in 3% normal donkey serum with 0.3% Triton-X for 1 h at room temperature. Sections were then incubated overnight at room temperature in primary antibodies, 1:5,000 chicken anti-GFP (Aves) and 1:1,000 mouse anti-Cre (Millipore) diluted in the above blocking solution. On the second day, tissue sections were rinsed in 0.1 M PBS followed by a 1-h incubation at room temperature in secondary antibodies, 1:1,000 donkey anti-chicken-Alexa488 and 1:1,000 donkey anti-mouse-Cy3 (Jackson ImmunoResearch). Immunofluorescence was imaged on an Olympus Bx61 confocal microscope.

COCAINE SELF-ADMINISTRATION

For self-administration (SA) studies, male Sprague-Dawley rats weighing approximately 300 g at the start of the experiments were used. Rats were implanted with chronic indwelling jugular catheters and singly housed for the rest of the SA phase of the experiment in order to protect the catheter/harness assembly. The catheter implantations, maintenance, and patency testing procedures have been previously described elsewhere (Gancarz et al., 2012). Only rats with patent catheters at the end of the study were used in data analysis.

One week after jugular catheter surgery, the rats assigned to self-administer saline (n = 6) or 1.0 mg/kg/infusion cocaine (n = 6). Cocaine hydrochloride (National Institute on Drug Abuse) was dissolved in sterile saline. Two-hour daily testing occurred during the animals” dark cycle in Med-Associates experimental test chambers fitted with two snout poke ports, using a fixed ratio (FR) 1 schedule for 10 test sessions (Renthal et al., 2009; Gancarz et al., 2012). Twenty-four hours following the last self-administration session, brains were harvested, and NAc tissue punches were quickly collected and stored at -80°C.

MOUSE STEREOTAXIC SURGERY

D1-Cre or D2-Cre mice were anesthetized using 4% isoflurane in a small induction chamber. After the initial induction, isoflurane was maintained at 1% for the remainder of the surgery. Animals were placed in a stereotaxic instrument, and skull exposed. Thirty-three gage Hamilton syringe needles were used to inject 0.6 μl of either AAV-DIO-eNpHR3.0-EYFP, AAV-DIO-ChR2-EYFP, or AAV-DIO-EYFP bilaterally into the NAc (anterior/posterior, AP +1.6; medial/lateral, ML ±1.5; dorsal/ventral, DV -4.4, 10° angle). After injections, implantable fibers (Sparta et al., 2011; 4.0 mm in length, 105 μm core) were lowered into the NAc (AP +1.6, ML ±1.5, DV -4.0, 10° angle). Instant adhesive was used to fix the implantable fiber to the skull, followed by dental cement to anchor the fibers. Animals were then returned to the vivarium for 2 weeks to allow for recovery and maximal virus expression.

MOUSE COCAINE LOCOMOTOR ACTIVITY AND LIGHT STIMULATION

D1-Cre or D2-Cre mice expressing either AAV-DIO-eNpHR3.0-EYFP, AAV-DIO-ChR2-EYFP, or AAV-DIO-EYFP in NAc D1-MSNs or D2-MSNs underwent 3 days of 60-min habituation sessions in a 42 cm × 42 cm × 42 cm open field chamber after receiving saline i.p. injections. On the final 2 days of habituation, a 62.5-μm split fiber patch cord was attached to the implantable head mount fibers before animals were placed into the chamber. The animals then underwent five daily 60-min test sessions where animals were given either 10 mg/kg cocaine i.p. injections or saline 1 ml/kg i.p. injections coupled with continuous green light illumination or 10 Hz blue light illumination (for 30 s every minute; 3.0 mW at the tip) bilaterally to the NAc through a 62.5-μm split fiber patch cord coupled to a green (532 nm) or blue (473 nm) laser diode (OEM) by FC/PC connection. Locomotion was video tracked with Topscan tracking software (Clever Sys, Inc.). The animals were then sacrificed 24 h after the final session and NAc punches were quickly collected and stored at -80°C.

For ChR2 stimulation to D1-MSNs and D2-MSNs for RT2 PCR Profiler Array experiments, blue light stimulation was performed in the home cage. Mice received 15 min of 10 Hz blue (473 nm) light pulses (for 30 s every minute) for 5 days. The animals were then sacrificed 24 h after the final session and NAc punches were quickly collected and stored at -80°C.

RNA EXTRACTION AND QUANTITATIVE RT-PCR

All NAc tissue punches were collected 24 h after the last cocaine administration and stored at -80°C. RNA was extracted using Trizol (Invitrogen) and the RNeasy Micro Kit (Qiagen) with a DNase step. RNA concentration was measured by Nanodrop Spectrophotometer and 400 ng cDNA was then synthesized using reverse transcriptase iScript cDNA synthesis kit (Bio-Rad). mRNA expression changes were measured using quantitative polymerase chain reaction (qPCR) with SsoAdvanced SYBR Green Supermix kit (Bio-Rad) or IQ SYBR Green Supermix (Bio-Rad). Quantification of mRNA changes was performed using the delta delta CT method described previously (Maze et al., 2010), using glyceraldehyde 3-phosphate dehydrogenase (GAPDH) as a housekeeping gene. The list of primers used includes:

Tiam1 mouse, forward: CGGAACAGATGGAAACACCT, reverse: AGAGACGACCACCCTTTCCT; Tiam1 rat, forward: GGTGCTGACACACGCCCCAA, reverse: AGGAAGCATGCCGCGTCCTC; caspase 1 mouse, forward: ATGCCTGGTCTTGTGACTTGG, reverse: AATGTCCCGGGAAGAGGTAGA; caspase 3 mouse, forward: AGCTGTCAGGGAGACTCTCAT, reverse: TTGAGGTAGCTGCACTGTGG; caspase 8 mouse, forward: GCGTGAACTATGACGTGAGC, reverse: AAGCCATGTGAACTGTGGAGA; caspase 9 mouse, forward: CGAAGCTCTCATGGCTTGGA, reverse: ACTGCTCCACATTGCCCTAC; neuronal nuclei (NeuN) mouse, forward: CAGACACTGGGGAAGACCTG, reverse: CCTAGGAACCCCCTGTCTGG; GAPDH mouse, forward: AGGTCGGTGTGAACGGATTTG, reverse: TGTAGACCATGTAGTTGAGGTCA; GAPDH rat, forward AACGACCCCTTCATTGAC, reverse TCCACGACATACTCAGCA.

RT2 PCR PROFILER ARRAY

RNA was extracted from ChR2 expressing NAc of D1-Cre or D2-Cre mice as described above and reverse transcribed using RT2 First Strand Kit, then run on a RT2 PCR Profiler Array (Mouse Cytoskeleton Regulators PCR array, SA Biosciences), according to manufacture’s protocols and as previously described (Lobo et al., 2010). ΔCT was determined using SABiosciences software and then normalized to D1-Cre or D2-Cre AAV-DIO-EYFP control treated NAc tissue to obtain 2-ΔΔCt values. Heat maps were generated using Java Tree software and expressed in log scale.

WESTERN BLOTS

All NAc tissue punches were collected 24 h after the last cocaine administration and stored at -80°C. NAc punches were homogenized in 30 μl of lysis buffer containing 320 mM sucrose, 5 nM HEPES buffer, 1% sodium dodecyl sulfate (SDS), phosphatase inhibitor cocktails I and II (Sigma, St. Louis) and protease inhibitors (Roche) using a ultrasonic processor (Cole Parmer, Vernon Hills, IL, USA). Protein concentrations were determined using DC protein assay (Bio-Rad) and then 20 μg samples of total protein were loaded onto a 7.5% precast Tris–HCl polyacrylamide gel (Bio-Rad). The samples were transferred to a nitrocellulose membrane and blocked for 1 h in blocking buffer, 5% non-fat dry milk in Tris buffered saline (pH 7.6) with 0.1% Tween. Blocked membranes were incubated overnight at 4°C in blocking buffer with primary antibodies using either 1:1,000 rabbit-anti-Tiam1 (Millipore, cat. # ST1070) or 1:2,000 β-Tubulin (Cell Signaling, cat. # 2128S). Membranes were then incubated with goat anti-rabbit peroxidase-labeled secondary antibodies (Vector Laboratories, cat.# PI-1000, 1:20,000 or 1:40,000 depending on the primary antibody used) in blocking buffer. The bands were visualized using SuperSignal West Dura Extended Duration substrate (Pierce). Bands were quantified with ImageJ Software and normalized to β-Tubulin to control for equal loading.

STATISTICAL TESTS

Statistical analysis was performed with Graphpad Prism software. Repeated measures. Two-way analysis of variance (ANOVA) followed by with Bonferroni post hoc test were used to analyze the self-administration and cocaine-mediated locomotor activity data. Student’s t-test or two-way ANOVAs followed by a Tukey’s post hoc test were used for mRNA, RT2 PCR Profiler Array, and protein analysis.

RESULTS

Previously, we demonstrated that Tiam1 protein levels were down-regulated after repeated home cage cocaine exposure (Dietz et al., 2012) and also found this was accompanied by decreased Tiam1 gene expression (unpublished data). To expand these findings and determine if Tiam1 levels are similarly regulated in the NAc, in rodent models of addiction, we first examined Tiam1 gene expression and protein levels in NAc after contingent cocaine administration conditions in rats. We collected NAc from rats that were trained to self-administer cocaine (Figure 1A) for RNA and protein isolation. We find Tiam1 gene expression and protein levels are decreased in the NAc of rats that self-administer cocaine (Figures 1B,C).
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FIGURE 1. Tiam1 is decreased in the NAc of rats that self-administer cocaine.(A) Self-administration of cocaine (1.0 mg/kg/infusion, FR1 schedule) or saline over a 10-day period. Rats self-administering cocaine took more infusions than saline controls on days 2–10 of testing (n = 6 per group, two-way repeated measures ANOVA, F(9,90) = 4.139, p < 0.0001, post hoc test, p < 0.05). (B) Following cocaine self-administration, Tiam1 mRNA is significantly decreased in the NAc compared to saline controls (n = 6 per group, Student”s t-test, **p < 0.01). (C) Tiam1 protein levels are similarly down-regulated in the NAc in rats that self-administer cocaine compared to saline controls (n = 4–7 per group, Student”s t-test, **p < 0.01).



Since altering activity in D1-MSNs vs. D2-MSNs oppositely regulates psychostimulant-mediated behaviors and reinforcement (Lobo et al., 2010; Ferguson et al., 2011; Kravitz et al., 2012) we next tested whether repeated blue light activation of ChR2 expressing D1-MSNs or D2-MSNs in vivo in the NAc could alter cytoskeleton regulated genes. We expressed ChR2 or EYFP in the NAc of D1-MSNs and D2-MSNs by stereotaxic injection of the Cre-inducible adeno-associated virus AAV-DIO-ChR2-EYFP or AAV-DIO-EYFP to the NAc in D1-Cre and D2-Cre BAC transgenic mice. Mice received 5 days of 15 min blue light (473 nm) pulses to the NAc and gene expression analysis was performed on NAc tissue (Lobo et al., 2010) using the SABiosciences Mouse Cytoskeleton Regulators PCR array. We find that three genes were significantly regulated in D1-ChR2 NAc compared to D1-EYFP NAc, four genes were significantly regulated in D2-ChR2 NAc compared to D2-EYFP, and three genes were significantly regulated in both D1-ChR2 and D2-ChR2 compared to EYFP controls. Tiam1 was a gene that was significantly down-regulated by repeated D1-ChR2 activation, similar to the effects of repeated cocaine exposure, but not by D2-ChR2 activation (Figure 2A). Similarly, we see no change in Tiam1 mRNA levels after optogenetic activation of D2-MSNs during cocaine exposure, compared to EYFP cocaine controls despite observing decreased cocaine-mediated locomotor activity on days 4 and 5 under these conditions (Figures 2B,C).
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FIGURE 2. Optogenetic activation of NAc D1-MSNs but not D2-MSNs alters Tiam1 levels. (A)D1-Cre or D2-Cre mice expressing AAV-DIO-ChR2-EYFP or AAV-DIO-EYFP in NAc received 5 days of blue light illumination to the NAc (n = 4 per group) and NAc tissue was used to perform gene expression analyzes with the Mouse Cytoskeleton Regulators PCR array (SA Biosciences). We find that three genes were significantly regulated in D1-ChR2 NAc compared to D1-EYFP NAc, four genes were significantly regulated in D2-ChR2 NAc compared to D2-EYFP, and three genes were significantly regulated in both D1-ChR2 and D2-ChR2 compared to EYFP controls. Tiam1 was a gene that was significantly down-regulated by repeated D1-ChR2 activation but not by D2-ChR2 activation. Heat maps are expressed in log scale. (B) D2-Cre mice expressing AAV-DIO-ChR2-EYFP or AAV-DIO-EYFP in NAc were injected (i.p.) with saline (day 0) followed by injections (i.p.) with either cocaine (10 mg/kg) or saline coupled with blue light illumination to the NAc and locomotor activity was monitored for 1 h (days 1–5, n = 5–6 per group). D2-MSN activation in the AAV-DIO-ChR2-EYFP cocaine group resulted in a significant attenuation in cocaine locomotor activity on days 4 and 5 compared to the AAV-DIO-EYFP cocaine group. [Repeated measure two-way ANOVA, F(10, 70) = 7.46, p < 0.001, post hoc test, **p < 0.01.] (C) No difference is observed in Tiam1 mRNA levels in AAV-DIO-EYFP and AAV-DIO-ChR2-EYFP cocaine groups (n = 5–6).



We next investigated the contribution of D1-MSNs to the cocaine-mediated decrease in Tiam1, since many studies have demonstrated a positive role for D1-MSNs in the dorsal striatum and NAc in mediating the molecular, cellular, and behavioral responses to drugs of abuse (Lobo and Nestler, 2011). To assess the role of D1-MSN cell type specificity in mediating the cocaine-induced Tiam1 reduction, we expressed the yellow/green light activated chloride pump, eNpHR3.0 (Gradinaru et al., 2010; Witten et al., 2010; Stuber et al., 2011; Tye et al., 2011; Chaudhury et al., 2013; Stefanik et al., 2013) in the NAc by stereotaxic injection of the Cre-inducible AAV-DIO-eNpHR3.0-EYFP or AAV-DIO-EYFP in D1-Cre BAC transgenic mice (Figure 3A). We first validated the utility of green light (532 nm) to photo-inhibit NAc D1-MSNs expressing eNpHR3.0 and observed hyperpolarization of the membrane potential as well as an outward current during green light illumination of eNpHR3.0 expressing D1-MSNs (Figures 3B,C). As expected, green light delivered to NAc D1-MSNs expressing eNpHR3.0 caused a decrease in D1-MSN firing (Figure 3D). Finally, we found that 5 days of 60-min green light illumination to the NAc in vivo does not alter markers of cell death or NeuN gene expression (Figure 3E) in NAc of D1-Cre mice expressing EYFP or eNpHR3.0-EYFP in D1-MSNs.
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FIGURE 3. Optogenetic inhibition of D1-MSNs.(A)Immunofluorescence image of D1-Cre NAc expressing eNpHR3.0-EYFP (green) in Cre positive D1-MSNs (red; scale bar, 25 μm). (B) Hyperpolarization and (C)outward photo-current of the membrane potential in eNpHR3.0 expressing D1-MSNs during green (532 nm) light illumination. (D) Inhibition of neuronal firing during green (532 nm) light illumination in NAc D1-MSNs expressing eNpHR3.0. (E) 5-day, 60-min per day green light illumination (paradigm used in Figure 4) to the NAc does not alter cell death markers or NeuN gene expression in D1-Cre NAc expressing AAV-DIO-eNpHR3.0-EYFP or AAV-DIO-EYFP (Student”s t-test, p > 0.05).



We then illuminated NAc D1-MSNs, expressing eNpHR3.0 or EYFP, in vivo with green light during repeated saline or cocaine (10 mg/kg, i.p.) injections over a 5-day period. As expected, cocaine treated D1-Cre mice expressing EYFP displayed enhanced cocaine-induced locomotion when compared to saline treated EYFP or eNpHR3.0 mice (Figure 4A). In contrast, inhibition of D1-MSNs, expressing eNpHR3.0, with green light significantly blocked cocaine-induced locomotion (Figure 4A). We observed significant differences on days 2–4 in cocaine treated D1-Cre eNpHR3.0 mice relative to D1-Cre EYFP cocaine treated mice (Figure 4A). We next tested whether blocking cocaine-induced locomotor activity by silencing D1-MSNs can alter Tiam1 gene expression and protein levels in the NAc. As expected, we found that D1-Cre mice expressing EYFP had reduced levels of Tiam1 gene expression and protein levels in the NAc after 5 days of repeated cocaine (10 mg/kg, i.p.) when compared to the saline EYFP or saline eNpHR3.0 groups (Figures 4B,C). Consistent with our findings that inhibiting D1-MSNs, expressing eNpHR3.0, with green light attenuates cocaine-induced behavioral responses; we find that silencing D1-MSNs also reverses the cocaine-mediated negative regulation of Tiam1 gene and protein expression levels (Figures 4B,C).
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FIGURE 4. Optogenetic inhibition of NAc D1-MSNs attenuates cocaine locomotor sensitization and reverses Tiam1 gene expression. (A) D1-Cre mice expressing AAV-DIO-eNpHR3.0-EYFP or AAV-DIO-EYFP in NAc were injected (i.p.) with saline (day 0) followed by injections (i.p.) with either cocaine (10 mg/kg) or saline coupled with green light illumination to the NAc and locomotor activity was monitored for 1 h (days 1–5, n = 4–7 per group). D1-MSN inhibition in the AAV-DIO-eNpHR3.0-EYFP cocaine group resulted in a significant attenuation in cocaine locomotor activity on days 2–4 compared to the AAV-DIO-EYFP cocaine group. (Repeated measure two-way ANOVA, F(15,85) = 13.03, p < 0.0001, post hoc test, *p < 0.05.) (B,C) Tiam1 mRNA and protein is significantly down-regulated in the NAc of the cocaine AAV-DIO-EYFP group compared to the saline AAV-DIO-EYFP and AAV-DIO-eNpHR3.0-EYFP saline groups. Inhibition of D1-MSNs in the AAV-DIO-eNpHR3.0 cocaine group reversed the blunted Tiam1 cocaine response (mRNA: n = 4–7 per group, two-way ANOVA, interaction, F(1,16) = 7.64, p < 0.05, post hoc test, *p < 0.05; protein: n = 4–7 per group, two-way ANOVA, group effect, F(1,16) = 6.24, p < 0.05, drug effect, F(1,16) = 4.60, p < 0.05, post hoc test, *p < 0.05).



DISCUSSION

Repetitive cocaine exposure alters structural plasticity changes that are tightly correlated with the induction of behavioral sensitization (Li et al., 2004). These cocaine-induced structural plasticity adaptations are mediated through actin-cytoskeletal proteins, which are crucial for polymerization of actin to alter spine induction, maturation, and stability (Halpain, 2000; Nimchinsky et al., 2002; Toda et al., 2006; Dietz et al., 2009, 2012; Russo et al., 2010). Consistent with previous studies showing a role for cytoskeletal proteins in modulating the behavioral effects of cocaine, we find a potent decrease in the cytoskeletal regulator, Tiam1, after cocaine self-administration and cocaine-induced locomotor sensitization.

The mechanism by which actin-cytoskeleton molecules are regulated after cocaine behavioral plasticity is unknown. We investigated the role for NAc MSN subtypes in regulating the actin-cytoskeleton molecules, including Tiam1, by using optogenetics to control activity in MSN subtypes. We find that increasing neuronal activity repeatedly over 5 days in D1-MSNs resulted in the down-regulation of Tiam1 mRNA, similar to the effects of cocaine. We observe no change in Tiam1 levels when activating D2-MSNs. We then investigated the role for NAc MSN subtypes in regulating the cocaine-mediated decrease in Tiam1 by activating D2-MSNs or inhibiting D1-MSNs during cocaine locomotor behavioral sensitization. Studies from our group and other groups using optogenetics or designer receptor activated by designer drugs (DREADDs) demonstrate a role for dorsal striatum and NAc D1-MSN activity in positively mediating motivational and motor behaviors (Hikida et al., 2010; Kravitz et al., 2010, 2012; Lobo et al., 2010; Ferguson et al., 2011; Tai et al., 2012). Consistent with these studies we demonstrate that optogenetic activation of D2-MSNs or inhibition of D1-MSNs blocks cocaine-induced locomotor sensitization. Interestingly, we observed a blunted cocaine-mediated locomotor response on later days (days 4 and 5) when activating D2-MSNs, whereas cocaine-mediated locomotion was decreased on earlier days (days 2–4) when inhibiting D1-MSNs. Furthermore, we report that repeated optogenetic inhibition of D1-MSNs reverses the cocaine-mediated down-regulation of Tiam1, suggesting that regulation of Tiam1 in D1-MSNs mediates the early behavioral responses to cocaine. These findings reveal evidence for a role of D1-MSN activity in regulating the actin-cytoskeleton after cocaine exposure, consistent with previous studies demonstrating that the structural and synaptic plasticity effects of cocaine occur mainly in D1-MSNs (Lee et al., 2006; Kim et al., 2011; Pascoli et al., 2011; Grueter et al., 2013).

Although the precise molecular mechanisms by which Tiam1 is regulated in NAc MSNs after cocaine exposure is unclear, one intriguing mechanism is through an increase in the transcription factor deltaFosB which may mediate the expression of Tiam1. Indeed, deltaFosB, the long lasting isoform of the FosB gene, is stably increased selectively in D1-MSNs by cocaine (Moratalla et al., 1992; Lee et al., 2006) and has been shown to positively mediate cocaine behavioral and structural plasticity (Kelz et al., 1999; Lee et al., 2006; Maze et al., 2010; Grueter et al., 2013). Future studies examining cocaine-induced deltaFosB or other transcription factor”s regulation of the Tiam1 gene will be crucial to determine the precise molecular mechanisms that mediate Tiam1 expression.

An important caveat to this study is the lack of cell type-specific Tiam1 gene expression or protein expression. Thus, we do not yet know whether the Tiam1 changes are occurring in D1-MSNs or the other MSN subtype or interneurons. Future studies combining these optogenetic manipulations of cocaine-mediated behaviors with cell type selective gene expression profiling (Lobo et al., 2006; Heiman et al., 2008; Guez-Barber et al., 2011) of Tiam1 or other cytoskeleton molecular candidates will be necessary to answer this question. Further, although we demonstrate Tiam1 gene expression and protein levels are decreased in the NAc in rats that actively self-administer cocaine, we do not know if this contingent paradigm causes a cell type-specific regulation of Tiam1 levels. Future studies employing these optogenetic experiments in self-administering (Stefanik et al., 2013) transgenic rodents (Koya et al., 2009; Witten et al., 2011) can provide further insight into these questions.

Collectively, our study associates a role for D1-MSN activity in regulating actin-cytoskeleton dynamics in cocaine dendritic and behavioral plasticity. We furthermore, show the utility of using optogenetics to manipulate psychostimulant-mediated behaviors to define the molecular mechanisms associated with drugs of abuse. Future studies to manipulate activity in specific cell subtypes during drug abuse behavioral paradigms coupled with molecular profiling could potentially lead to novel therapeutic targets to treat drug addiction.
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Optogenetic tools were originally designed to target specific neurons for remote control of their activity by light and have largely been built around opsin-based channels and pumps. These naturally photosensitive opsins are microbial in origin and are unable to mimic the properties of native neuronal receptors and channels. Over the last 8 years, photoswitchable tethered ligands (PTLs) have enabled fast and reversible control of mammalian ion channels, allowing optical control of neuronal activity. One such PTL, maleimide-azobenzene-quaternary ammonium (MAQ), contains a maleimide (M) to tether the molecule to a genetically engineered cysteine, a photoisomerizable azobenzene (A) linker and a pore-blocking quaternary ammonium group (Q). MAQ was originally used to photocontrol SPARK, an engineered light-gated potassium channel derived from Shaker. Potassium channel photoblock by MAQ has recently been extended to a diverse set of mammalian potassium channels including channels in the voltage-gated and K2P families. Photoswitchable potassium channels, which maintain native properties, pave the way for the optical control of specific aspects of neuronal function and for high precision probing of a specific channel’s physiological functions. To extend optical control to natively expressed channels, without overexpression, one possibility is to develop a knock-in mouse in which the wild-type channel gene is replaced by its light-gated version. Alternatively, the recently developed photoswitchable conditional subunit technique provides photocontrol of the channel of interest by molecular replacement of wild-type complexes. Finally, photochromic ligands also allow photocontrol of potassium channels without genetic manipulation using soluble compounds. In this review we discuss different techniques for optical control of native potassium channels and their associated advantages and disadvantages.
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INTRODUCTION

In recent years, the optical control of neuronal activity using genetically encoded actuators, has transformed neuroscience. Up to this point, the major applications of optogenetics have involved the use of light-activated ion channels and pumps to control membrane potential and, thus, action potential firing (Szobota and Isacoff, 2010; Tye and Deisseroth, 2012). This technique has been used most widely for probing synaptic connectivity and the neurological basis of behaviors. However, optogenetics has largely been based on the heterologous expression of opsin-based proteins that are not natively found in the central nervous system. An alternative method using optical control of proteins that are natively expressed in neurons can open the door for a molecular approach to optogenetics. This approach allows light to be used to probe a specific protein from the biophysical to behavioral level with unprecedented precision. A central family of proteins that are ideal candidates for optical control are the many ion channels that lie at the heart of cellular excitability.

Ion channels generate the electrical signals with which the nervous system senses the world, processes information, creates memories, and controls behavior. The potassium channels represent the most diverse channel subfamily, with 77 genes encoding for different channel subtypes (Coetzee et al., 1999). This diverse set of genes codes for channels with individually unique expression patterns, subcellular targeting, electrical properties, gating, and regulation. Pore-forming subunits share low sequence identity outside the highly conserved pore region called the P-loop or P-domain (Figure 1). Four P-loops are necessary to form a functional potassium channel pore. Potassium channels are grouped into three families based on their membrane topology as well as their physiological and pharmacological characteristics. The first family consists of the voltage-gated (Kv) and calcium-gated potassium channels, which includes both the BK and SK channels. These channels consist of four pore-forming subunits which each contain six or seven transmembrane segments (TMs) and one P-loop (Figure 1A). The second family is the inward-rectifying potassium channels (Kir) which includes the ATP and G-protein-gated potassium channels. Like voltage-gated potassium channels, Kir channels are also tetrameric and consist of subunits with two TMs and one P-loop (Figure 1A). The last family of potassium channels is the two P-domain (K2P) potassium channels that produce the leak currents that maintain negative resting membrane potentials. K2P channels, the most recently identified family, consist of a variety of channels with a unique dimeric assembly of subunits containing two P-loops and four TMs (Figure 1A; Lesage et al., 1996). The way in which individual members of these three diverse families contribute to the breadth of neuronal function remains a major question in neuroscience. In many cases pharmacological agents that block or activate channels have been used to determine a channel’s function in native systems. However, ligands for blocking specific potassium channels often do not exist. Even when specific ligands do exist they are often selective only at low concentrations which can limit the kinetics and extent of block. Genetic knockout (KO) is an alternative approach to study ion channel function but is also limited due to gene redundancy and potential developmental effects of the KO. Both of these classical techniques make it difficult to determine the role of specific potassium channel subtypes in cellular, circuit, or behavioral properties.
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FIGURE 1. Domain structure and structural conservation between potassium channel subfamilies. (A) Membrane topology of the three potassium channel families. The shaker family contains six TMs (S1–S6) and one P-domain between S5 and S6. The inward-rectifier potassium channels contain two TMs (S1 and S2) and one P-domain. Finally, the K2P channels contain two pairs of TMs, each flanking a pore domain (in the order: TM1, P1, TM2, TM3, P2, TM4). (B) Sequence alignment of potassium channel pore regions. Green boxes indicate positions which have a single, fully conserved residue. Purple boxes indicate conservation between amino acids with strongly similar properties. Yellow boxes indicate conservation between amino acids with weakly similar properties. The red box indicates the E422 cysteine attachment site for Shaker and the equivalent residues in KV1.3, KV3.1, KV7.2, SK2, TREK1 P1 and P2, and TASK3 P1 and P2.



Over the last 8 years, photoswitchable tethered ligands (PTLs) have enabled fast and reversible control of ion channels for both optical control of neuronal activity (Szobota and Isacoff, 2010) and the study of ion channel function (Fortin et al., 2011). PTLs are synthetic molecules that contain a central photoswitchable group, usually azobenzene, connected to a group for tethering to a target protein on one side, and a functional group for manipulating protein activity on the other side. Azobenzene-based PTLs, which toggle between extended trans and bent cis conformations, provide many advantages for optical control. They are fully reversible, extremely fast (from μs to ms), and often bistable (Beharry and Woolley, 2011). PTLs provide target specificity via their covalent attachment to specific proteins with engineered cysteines, even if the functional moiety is a non-specific group. Furthermore, by genetically controlling expression or targeting light, they can allow for spatial control.

Depending on their functional group, PTLs can regulate channel function in two distinct manners in response to specific wavelengths of light that drive a conformational change at the photoswitchable group. PTLs can reversibly present an agonist or antagonist to an allosteric binding site and trigger light-dependent conformational changes that lead to channel activation or deactivation (Volgraf et al., 2006). Alternatively, they can conditionally block the pore of a channel without inducing major conformational changes in the protein (Banghart et al., 2004). The allosteric approach has allowed for the remote control of ligand-gated ion channels including the kainate receptor GluR6 (Volgraf et al., 2006) and the nicotinic acetylcholine receptor (Tochitsky et al., 2012) and G-protein-coupled receptors such as the metabotropic glutamate receptors (Levitz et al., 2013). The conditional block approach has been used to optically control a variety of potassium channels (Fortin et al., 2011). PTLs have been used in a variety of contexts including in cultured cells, intact tissue, and in vivo in zebrafish and mice (Wyart et al., 2009; Caporale et al., 2011). This review will focus on PTL-based methods for optical control of potassium channels and recent advances that have extend photocontrol to native proteins.

OPTICAL CONTROL OF VOLTAGE-GATED POTASSIUM CHANNELS: SPARK AND VARIANTS

The first light-gated potassium channel to be developed was SPARK (synthetic photoisomerizable azobenzene-regulated K+channel), a modified shaker potassium channel. The Shaker potassium channel was originally cloned from Drosophila (Papazian et al., 1987) and has been used as a model protein for the study of voltage-gated ion channels. Voltage-gated potassium channels are blocked extracellularly by the binding of quaternary ammonium ions, such as tetraethylammonium (TEA), to a site in the pore-lining domain (Yellen et al., 1991; Heginbotham and MacKinnon, 1992). It is worth noting that many channels, including potassium, sodium, and calcium channels, also contain an internal TEA binding site. To develop photocontrol of Shaker, the PTL MAQ was developed by Banghart et al. (2004). MAQ contains a maleimide (M) that tethers the molecule to a genetically engineered cysteine, a photoisomerizable azobenzene (A) linker and a pore-blocking quaternary ammonium group (Q). The photoisomerization between trans to cis azobenzene shortens the molecule from an average of 20 to 13 Å (Figure 2A). Shaker residue Glu422, which was estimated to be 15–18 Å from the TEA binding site, was mutated to cysteine to provide an attachment point for MAQ. Conjugation of MAQ to E422C allowed the quaternary ammonium group to block the channel pore when the compound is in the long trans form in the relaxed dark state or following visible light (500 nm) illumination. Exposure to short wavelength light, which favors the cis form, relieves pore blockage and allows ion conduction. Hence channel conduction can be controlled bidirectionally with light (Figure 2B and Figure 2C). In addition, this photocontrol is bistable which allows the azobenzene to remain in either cis or trans following brief illumination with either short or long wavelength, respectively. This property is especially useful for chronic experiments or for combining optical control with optical measurements.
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FIGURE 2. Photoblock of potassium channels by MAQ. (A) MAQ consists of a maleimide (M), which tethers the photoswitch to a cysteine introduced into the outer portion of the P-loop of the channel, a photoisomerizable azobenzene (A) linker and a quaternary ammonium (Q) pore blocker. In the dark the MAQ is in its relaxed trans state but exposure to short wavelength light (380 nm) favors the cis state. (B,C) Schematic representation of light-gated potassium channels. MAQ is covalently attached to a cysteine outside of the P-loop. MAQ blocks the pore in the trans (500 nm light) configuration for SPARK as well as KV1.3, KV3.1, KV7.2, TASK3, and TREK1-K231C. Alternatively, MAQ blocks the pore in the cis configuration (380 nm light) for TREKlight (380 nm light) (C).



Shaker potassium channels are voltage-gated channels and are not active near the resting membrane potential of neurons (V1/2≈-8 mV; Timpe et al., 1988). In addition, they undergo voltage-dependent inactivation (Timpe et al., 1988). Both of these properties make them difficult to use for remote control of neuronal activity. To overcome these obstacles, the authors introduced deletions and mutations to reduce N-type (Δ6-46) and slow inactivation (T449V) of the channel and to shift the voltage-dependence of activation to a more hyperpolarized potential (L366A, V1/2≈-36 mV; Lopez et al., 1991). Expression of SPARK in mammalian neurons efficiently reduces action potential firing in response to 380 nm light that is reversed by 500 nm light. To trigger action potentials via 380 nm-induced depolarization in neurons, Chambers et al. (2006) modified SPARK by a single point mutation into the pore-lining domain (Heginbotham et al., 1994), to convert it into a non-selective cation channel termed D-SPARK. When overexpressed in cultured neurons, opening of D-SPARK can trigger light-dependent action potential firing (Chambers et al., 2006). While useful for photocontrol of neuronal activity, SPARK and D-SPARK are non-native and extensively mutated ion channels that do not permit one to study the role of specific potassium channels in neurons.

Because of the high degree of conservation of the pore region of potassium channels, photoblock by MAQ can be generalized to a diverse set of voltage-gated potassium channels, including mammalian isoforms (Table 1). Using sequence homology with Shaker, introduction of cysteines into the extracellular loop of mammalian voltage-gated ion channels has been used to endow numerous channels with photosensitivity with similar properties to SPARK (Figure 1B). This strategy was applied to three members of different subfamilies of voltage-gated channels including Kv1.3, Kv3.1, and the M-current channel Kv7.2 (Table 1). Photocontrol was also applied to one of the Ca2+-activated K+ channels that generates the long-lasting action potential afterhyperpolarization (SK2; Fortin et al., 2011). Since these channels exhibit different biophysical properties and subcellular targeting, they may enable specific aspects of neuronal function to be controlled by light. Fortin et al. (2011) proposed to use KV7.2 to control the resting membrane potential, because it has a low activation threshold and Kv3.1 to control accommodation because these channels have a high-threshold of activation and activate and deactivate rapidly (Gan and Kaczmarek, 1998). Most notably, photoswitchable SK2 channels were used to control the size of EPSPs in CA1 hippocampal neurons where they are natively involved in dendritic repolarization following glutamate receptor-mediated depolarization (Fortin et al., 2011).

TABLE 1. PTL-mediated photoswitchable ion channels.
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OPTICAL CONTROL OF K2p POTASSIUM CHANNELS: TREKLIGHT

K2P channels are one of the most diverse and important subfamilies of potassium channels. They serve as a hub for the generation and regulation of a negative resting membrane potential and thus, cellular excitability. In addition to background roles as leak channels, K2Pchannels also play a central role in the dynamic response of cells to extracellular and intracellular signals as diverse as GPCR signaling, pH, and membrane stretch. TWIK-1-related K+ channel 1 (TREK1), a particularly well-studied K2P channel, has been found to be involved in many physiological processes such as neuroprotection against ischemia (Heurteaux et al., 2004), pain perception (Noel et al., 2011), and depression (Heurteaux et al., 2006). Consistent with a proposed role for TREK1 in depression, TREK1 is inhibited by therapeutic doses of selective serotonin reuptake inhibitors (SSRIs) such as fluoxetine (Prozac; Heurteaux et al., 2006; Sandoz et al., 2011) and spadin, a sortilin-derived peptide that also has antidepressive effects (Mazella et al., 2010). Together these properties suggest that TREK1 is an attractive pharmacological target for the development of new antidepressant drugs and provide motivation for a deeper understanding of this channel’s function. However, despite the large interest in understanding the properties of K2P channels, it has been difficult to decipher the precise physiological roles of individual subtypes such as TREK1. For this reason, this channel subfamily is especially attractive for PTL-based optical control.

K2P channels are believed to be only weakly sensitive or insensitive to extracellular TEA (Noel et al., 2011). However, weakly TEA-sensitive channels may still be sufficiently blocked by MAQ because of the high effective concentration of the tethered quaternary ammonium ligand near the pore in the blocking state. In fact, weakly TEA-sensitive channels may provide a larger difference between the level of block in cis and trans due to the ease with which QA can be removed from its low-affinity binding site.

As mentioned previously, K2P channels have a unique domain structure relative to all other potassium channels. The domain structure contains four transmembrane helices and two P-loops loops, termed P1 and P2. We first examined cysteine substitutions at residue N122 in P1 and K231 in P2 of TREK1, since these are homologous to the optimal site for photoblock by MAQ in the Shaker channel (Shaker E422) in terms of the number of residues from the selectivity filter (G-X-G motif; Banghart et al., 2004; Sandoz et al., 2012). While both sites showed photo-modulation, they had a different wavelength-dependence. TREK1(K231C-MAQ) produced photoblock in the trans state (500 nm illumination), as was also found in Shaker (Banghart et al., 2004) while TREK1(N122C-MAQ) produced photoblock in the cis state (380 nm illumination; Sandoz et al., 2012) as was observed for mutation D259C in KV.7.2 (Fortin et al., 2011). This result indicates, surprisingly, that there is some structural asymmetry between the two P-loops in K2P channels. Recent crystal structures have supported this finding (Brohawn et al., 2012, 2013; Miller and Long, 2012).

Further cysteine scanning showed that a single amino acid shift away from N121 TREK1(Q123C), completely eliminates photosensitization (Sandoz et al., 2012). This was also observed for KV7.2 (K255C and G256C) mutations and indicates that photoswitch attachment point is crucial and highly sensitive to the precise residue that is substituted to a cysteine (Fortin et al., 2011). One of the possible explanations for this strict positional requirement is that in many conformations MAQ tethers too far or too close from the quaternary ammonium binding site to enable the quaternary ammonium to reach and bind in the pore. Alternatively, the quaternary ammonium group may be able to block the pore in both cis and trans conformations, thus preventing a measurable difference between the two states. Finally, at some positions, the genetically engineered cysteine may simply be inaccessible to covalent modification (Fortin et al., 2011). The strongest photoblock observed with TREK1 was measured using the S121C mutation in the P1 domain. Conjugation of MAQ to TREK1-S121C led to up to 70% photoblock of TREK1 current by cis-MAQ (380 nm light) that was relieved by trans-MAQ (500 nm light). Since MAQ thermally relaxes into the trans state, TREK1(S121C-MAQ) (“TREKlight”) has the advantage over previous optogenetic potassium channels that the channel is unblocked and functions normally in the dark for extended time periods and can then be blocked by brief illumination at 380 nm.

To determine if the PTL approach could be further generalized to other weakly TEA-sensitive channels in the K2P family, we extended MAQ photoblock to another K2P channel, TASK3 (Sandoz et al., 2012). TASK3 channels are an attractive pharmacological target since they have been found to be involved in cancer development, inflammation, ischemia, and epilepsy (Bittner et al., 2010). Mutation of residues homologous to TREK N122C and Shaker E422C in TASK3 endows the channel with MAQ-mediated photosensitivity. Like SPARK, TASK3-R73C and A74C undergo sizable photoblock when MAQ is in the trans state. Photocontrol of TASK3 indicates that optical control may be extendable within the K2P family and generally, to channels with weak TEA-sensitivity (Sandoz et al., 2012).

When transfected into hippocampal neurons, TREKlight provides a very useful way to remote control membrane potential. TREK1 generates a weakly outward-rectifying leak current which is time and voltage-independent which makes it ideal for modulation of membrane potential since it is always open near the neuronal resting potential. In addition, TREK channel activity can be easily modified by single point mutations in the carboxy-terminal tail that mimic phosphorylated or protonated states (Sandoz et al., 2011). Because of the well-characterized regulatory mechanisms and associated mutants, it is conceivable to produce TREKlight variants with different levels of activity and sensitivity to second messengers (Noel et al., 2011) that may be useful for specific applications in different contexts.

OPTICAL CONTROL OF NATIVE CHANNELS

While optical control of channels is a powerful way to probe a channel’s structure, gating, and regulatory properties in heterologous systems, in order to delve into a channel’s physiological role one requires a method for manipulation of native channels. Classically, probing of ion channel physiological function requires pharmacological agents or gene invalidation (KO mice) to be addressed. However, as discussed above, selective soluble ligands are lacking for many channels and they lack spatiotemporal precision. Due to the shortcomings of pharmacological tools, gene inactivation has been the principal approach to study the physiological roles of several membrane proteins, including potassium channels. KO mice, which are very useful for a rough characterization of a gene’s function, have many disadvantages for deciphering a precise role for a gene. For instance, gene redundancy can hide the role of the targeted channel. In addition, with a classical KO there is no spatiotemporal resolution of the KO and the absence of the channel during development makes it difficult to decipher whether a phenotype is due to a developmental effect or the channel’s absence in the adult. To overcome these problems, the conditional KO has been developed which permits gene knockout with improved temporal and/or spatial resolution (Friedel et al., 2011). While this technique is a major improvement over the classical KO, temporal control is still slow (on the order of days) and gene knockout is irreversible. A good alternative system would be one in which the function of the protein of interest can be blocked with millisecond precision in a reversible manner, as has been shown with PTLs. However, heterologous expression of a photoswitchable channel leads to a greater channel density than the endogenous channel. In addition, overexpressed channels may not target specifically the way native channels do (Figure 3A).
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FIGURE 3. (A) Schematic representation of expression of a potassium channel when it is overexpressed compare to its native, physiological expression levels. (B) Schematic representation of subunit replacement strategy. Deletion of the TREK1 carboxy-terminal tail (TREK1-PCS, gray) results in retention of the homomeric mutant channel in the endoplasmic reticulum. In contrast, the wild-type homomeric channel (WT, blue) traffics to the plasma membrane. Coexpression of TREK1-PCS with WT produces a heteromeric channel that traffics to the membrane because of the WT subunit and can be light-gated because of MAQ attachment to the TREK1-PCS. (C,D) Whole-cell recording from HEK293T cell expressing either TREK1-PCS alone (C) or co-expressed with WT (D) and labeled with MAQ. Alternating illumination at 500 nm (green) and 380 nm (magenta) reversibly blocks and unblocks constant outward current, as seen at different holding potentials (Sandoz et al., 2012).



PHOTOCHROMIC LIGANDS

One approach that has been used to photocontrol native channels has been the so-called photochromic ligands (PCL; Volgraf et al., 2007; Kramer et al., 2009). These compounds, like PTLs, consist of an azobenzene coupled to a functional moiety. However, instead of a tethering group, a chemically inert or electrophilic group, such as acrylamide (AAQ) or epoxide (EAQ), is added to the opposite side of the azobenzene. PCLs based on quaternary ammonium ligands have been shown to successfully photocontrol a variety of ion channels. Initially, these compounds were believed to covalently attach to a native nucleophilic group on voltage-gated potassium channels and to photosensitize channels via the external TEA site (Fortin et al., 2008). However, subsequent work indicated that PCLs enter the cell and photosensitize a wide range of voltage-gated channels via the internal TEA site (Banghart et al., 2009; Fehrentz et al., 2012). Most notably, such compounds have been used for photocontrol of ion channels in the retina for vision restoration in blind mice (Tochitsky et al., 2012) and for optically controlled analgesia via a PCL called quaternary ammonium-azobenzene-quaternary ammonium (QAQ) that specifically enters nociceptive ion channel-expressing cells (Mourot et al., 2012). However, despite their power for control of membrane potential, in most cases PCLs lack target specificity which makes it difficult to determine a particular channel’s contribution. In the future PCLs with specific ligands for potassium channels, as has recently been done for α-amino-3-hydroxy-5-methyl-4-isoxazolepropionic acid (AMPA) receptors (Stawski et al., 2012), may be developed. Furthermore, PCLs are also more difficult than PTLs to target spatially because they are not used in conjunction with genetic control and are subject to diffusion.

CONTROL OF ENDOGENOUS CHANNELS VIA A KNOCK-IN MOUSE

Another option for the optical control of potassium channels without overexpression is to introduce the cysteine mutation for MAQ conjugation into the native protein via genetic knock-in. This technique will produce a mouse in which the wild-type channel (WT) gene is replaced by its photoswitchable version in the exact same place in the genome, which should preserve expression pattern and levels. Since, in most cases tested so far, light-gated channels have the same properties as WT channels (regulation, conductance, etc.) the only phenotypic difference should be the ability to control the channel with light. A knock-in mouse would allow one to address the channel’s function ex vivo and, potentially, in vivo without exogenous gene delivery. All that is required for such experiments is to conjugate MAQ, apply light and measure the difference in some measurable quantity, such as current or a behavior, before and after applying 380 or 500 nm light. Future work will have to determine if this technique is applicable in vivo where stereotaxic MAQ injection and light delivery with optical fibers may be employed. However, despite many technical advances, the generation of a knock-in animal is laborious, expensive, and takes at least 1 year. In addition, a knock-in mouse does not allow one to easily separate the contributions of different populations of a given channel in different cell types because all cell types that natively express the channel will contain the cysteine-substituted version. This is relevant in many cases where the same channel is expressed in excitatory and inhibitory neurons, as well as astrocytes in the same region.

PHOTOSWITCHABLE CONDITIONAL SUBUNITS

Due to the aforementioned shortcomings of existing techniques, we have developed a novel scheme for specific optical remote control of native proteins using a “photoswitchable conditional subunit (PCS).” The PCS approach allows genetic techniques to be used to target expression while maintaining native expression levels and patterns (Figure 3A). This approach is generally applicable to multimeric membrane proteins, including channels, and requires two conditions to be met.

First, the channel of interest must be made photoswitchable through a mutation to anchor the PTL. It may be challenging to determine the location of the engineered cysteine depending on the structural data available and the homology to previous photosensitized channels. Furthermore, this cysteine mutation and the subsequent tethering of the photo-activatable reagent may not always be orthogonal and could affect some aspect of channel function. Therefore, functionality of such proteins must always be tested. Importantly, the channel, though multimeric, must be photoswitchable with a PTL attached only to one subunit. In the case of MAQ-mediated photocontrol this is feasible since only one quaternary ammonium moiety may block the channel at a time, anyway (Fortin et al., 2011).

Second, a mutation (or deletion) that prevents the channel to reach the plasma membrane must be added to the photoswitchable subunit. The subunit containing a mutation for PTL anchoring and another mutation for intracellular retention is termed the PCS. In cells lacking native subunits, the PCS remains non-functional and inside of the endoplasmic reticulum (ER). However, in cells that express native subunits, the WT subunit and PCS subunit co-assemble in the ER and the WT subunit facilitates trafficking of the heteromeric complex to the plasma membrane. Once at the plasma membrane and labeled with a PTL, the PCS allows native channels to be controlled with light (Figure 3B). It is important to note that this technique requires that the wild-type subunit is able to rescue the trafficking-impaired PCS. In addition, the deletion or mutation of the exporting site must be inert with regard to protein function. Function and regulation of the WT-PCS heteromer must be tested to assure that the general behavior of the complex reflects the native WT complex Furthermore, it is important to note that precise expression levels may not be perfectly maintained. The large pool of PCS subunits may induce an increase in expression level relative to native levels by maximum doubling the number of subunits available for trafficking to the plasma membrane. However, the PCS method is likely to maintain expression levels much closer to physiological levels compared to classical overexpression. Finally, in native systems the replacement of WT complexes with PCS-WT heteromers will be temporally limited by the rate of channel turnover and may lead to incomplete wild-type channel replacement.

The PCS technique was successfully applied to TREK1 and was based on the previously described TREKlight (Sandoz et al., 2012). To develop the TREKlight PCS, the TREK1 carboxy-terminal tail was deleted (TREK1ΔC) which resulted in the retention of the channel in the endoplasmic reticulum as previously described (Chemin et al., 2005). Consistent with this, expression of TREK1ΔC-S121C (“TREK1-PCS”) yielded no potassium current and no detectable photocurrent in HEK 293 cells following MAQ conjugation (Figure 3C). In contrast, coexpression of TREK1-PCS with WT-TREK1 yielded a photoswitchable TREK1 current. This result indicated that the TREK1-PCS co-assembles with WT-TREK1 subunits and that the heteromeric channel (TREK1-PCS/WT-TREK1) goes to the cell surface where it is regulated by light via photoisomerization of MAQ attached to the TREK1-PCS subunit. Importantly, the TREK1-PCS/WT-TREK1 heterodimer maintained wild-type internal and external regulation and rectification properties. Furthermore, TREK1-PCS transfection in native tissue allowed the replacement of the WT-TREK1 dimer by the TREK1-PCS/WT-TREK1 heterodimer. In cultured hippocampal neurons and hippocampal slices, the PCS was used to show that TREK1 contributes to a leak current that contributes to the maintenance of the negative resting potential. Unexpectedly this technique also revealed that in addition to its classical role as a leak channel, TREK1 contributes to the hippocampal GABAB response. This result breaks with the traditional notion that Kir3 channels are the sole targets of postsynaptic GABAB receptors and would have been difficult to measure without the PCS technique. In the future, the genetic and optical control of native TREK1 afforded by the TREK1-PCS may allow the determination of the spatiotemporal properties and physiological significance of GABAB activation of TREK channels in the hippocampus.

As demonstrated with TREK1, the PCS method is a powerful way to remote control the activity of native ion channels with subtype specificity. This strategy can be extended to a wide variety of other membrane protein complexes including both channels and receptors. The major limiting factors to applying the PCS to a given membrane protein are the ability to endow the proteins with photosensitivity and to find a mutation or variant with impaired trafficking that may be rescued by the WT version. However, the number of photoswitchable proteins is rapidly increasing and for many membrane proteins trafficking mutants have been identified. For example, forward trafficking signals which may be mutated to prevent trafficking to the plasma membrane which can be rescued by WT subunits have been described for several proteins including the potassium channels Kir1.1 (Heusser et al., 2002), Kir2.1 (Ma et al., 2001), Kir3.2 (Ma and Jan, 2002), Kir3.4 (Ma and Jan, 2002), TASK1 (Girard et al., 2002), and TASK3 (Zuzarte et al., 2007). Interestingly, the strategy to rescue trafficking of one subunit by another is commonly used in nature to ensure that only heteromeric assemblies of a particular protein reach the cell surface. This has been observed for Kir6 channels, where the channel-forming subunit is retained inside the cell unless it is co-assembled with SUR (Sakura et al., 1995; Zerangue et al., 1999). It is also seen with the GABAB receptor, the nicotinic acetylcholine receptor, kainate receptors, and the N-methyl-D-aspartate (NMDA) receptor (Okabe et al., 1999; Standley et al., 2000; Xia et al., 2001). In these cases of obligatory heteromerization, the only condition required to use the PCS approach is to endow a subunit with photosensitivity that is able to regulate the entire protein complex. Overall, the large body of biophysical, structural, and expression/trafficking information that has been attained for potassium channels and other membrane protein complexes should facilitate their application to the PCS method.

CONCLUSION

In recent years optogenetics has emerged as a transformative field that is based on a combination of genetic and optical tools which can be used to control neuronal activity with high spatiotemporal precision. The majority of optogenetic studies have used opsin-based proteins such as channelrhodopsin-2 (ChR2), a non-selective light-activated cation channel that can depolarize neurons or halorhodopsin (Halo or NpHR), a light-driven Cl- pump that can hyperpolarize neurons (Tye and Deisseroth, 2012). Opsins possess a number of advantageous properties for optogenetics such as their intrinsic photosensitivity which does not require addition of a chemical photoswitch. Their ability to be easily genetically targeted and easily activated in vivo has led to a number of elegant studies probing neural circuit function and the neural basis of behavior. However, opsins are unable to mimic the precise properties of natively expressed proteins and are ill-suited for many molecular studies of neuronal function.

An alternative to opsins which allows one to use the advantageous properties of optical control to photocontrol natively expressed proteins is to use PTLs. PTLs have enabled fast and reversible control of a number of ion channels such as SPARK, LiGluR, and HyLighter. These modified channels have been shown to contain a diverse and complementary set of advantages compared to opsins such as thermal bistability and a larger conductance. However, they require the addition of the synthetic PTL to introduce light sensitivity which may complicate experiments (Szobota and Isacoff, 2010). Within the potassium channel family the PTL MAQ has been used to photocontrol two of the three major families of mammalian potassium channels including both the voltage-gated potassium channels and the two-pore domain, K2P, channels (Table 1). Future work will determine if the third family, Kir, is amenable to MAQ-mediated photoblock. Beyond TEA-sensitive potassium channels, the modular design of PTLs should allow other pore blockers to be tethered to the azobenzene where necessary.

While many of the photoswitchable channels described are useful for remote control of neurons, they may also be used to attain a deeper, molecular understanding of the roles of individual channels in neuronal behavior. Since these modified channels (often a single point mutation) are based on channels that are natively expressed in mammalian neurons and behave like the WT versions on which they are based, the superior specificity and spatiotemporal precision which they offer make them ideal for probing the molecular physiology of the channel itself. Since overexpression is often not suitable for the study of a channel’s function, it has been proposed to use the knock-in strategy to allow for control of endogenous channels (Fortin et al., 2011). However, as a cheaper, faster, and more flexible alternative to KI mice, we have described the PCS approach which was initially applied to the K2P channel, TREK1. The PCS technique offers an affordable, fast and powerful strategy for optical control of native channels which may be used to identify the molecular basis of unknown ionic currents that have been difficult to probe with pharmacological or genetic tools. For example, the TREK1-PCS was used to identify TREK1 as a target of the GABAB receptor activation-induced current in the hippocampus (Sandoz et al., 2012). The PCS approach has a general design that may be applied to many potassium channels and other membrane proteins to probe their physiological roles with superior precision compared to classical techniques. Importantly, in any application of the PCS technique a number of challenges must be overcome. These challenges include developing photocontrol via a PTL, controlling trafficking in a way that may be rescued by the WT subunit, and maintaining wild-type function in a wild-type-PCS heteromer. While each aspect of PCS development may be difficult it is important to note that homology with currently existing photoswitchable proteins, the existence of native mechanisms for control of membrane protein trafficking, and the large body of structural and functional data on channels and receptors should help facilitate such work.

Finally, future engineering efforts may be used to expand the optical properties of the photoswitches used for PTL-mediated photocontrol. Recent work red-shifting the soluble PCL compounds (Mourot et al., 2011) indicates that red-shifted PTLs with altered relaxation rates may be produced which offer advantageous properties, including superior tissue penetration, which may be useful in different contexts.
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Ion channels are transmembrane proteins that control the movement of ions across the cell membrane. They are the molecular machines that make neurons excitable by enabling the initiation and propagation of action potentials (APs). Rapid signaling within and between neurons requires complex molecular processes that couple the sensing of membrane voltage or neurotransmitter release to the fast opening and closing of the ion channel gate. Malfunction of an ion channel's sensing or gating module can have disastrous pathological consequences. However, linking molecular changes to the modulation of neural circuits and ultimately to a physiological or pathological state is not a straightforward task. It requires precise and sophisticated methods of controlling the function of ion channels in their native environment. To address this issue we have developed new photochemical tools that enable the remote control of neuronal ion channels with light. Due to its optical nature, our approach permits the manipulation of the nervous system with high spatial, temporal and molecular precision that will help us understand the link between ion channel function and physiology. In addition, this strategy may also be used in the clinic for the direct treatment of some neuronal disorders.

Keywords: optochemical genetics, optogenetics, chemical genetics, photopharmacology, photoswitches, ion channels, azobenzene

INTRODUCTION

Light is the ideal external stimulus for controlling biological processes with high accuracy: it can be manipulated with very high spatial and temporal precision, it can be projected onto a tissue from afar and, because cells are typically not intrinsically photosensitive, light can be used as an orthogonal, highly specific stimulus. In the last decade, research in neuroscience has resulted in an explosion of strategies aiming at optically controlling electrical signals, by rendering ion channels and neurons light-sensitive. These approaches include naturally photosensitive proteins and protein domains, caged neurotransmitters and reversible photoswitches (Kramer et al., 2009; Miesenbock, 2011; Brieke et al., 2012). The microbial opsins channelrhodospin, halorhodopsin and archaerhodopsin as well as other light-sensitive ion channels and transporters have revolutionized neuroscience, by enabling the remote control of neuronal excitability (Boyden et al., 2005; Zhang et al., 2007; Chow et al., 2010). The incredible success of these optogenetic tools lies in their versatility (they are one-component systems, as the chomophore retinal is naturally present in all vertebrate tissues) and their ability to be specifically targeted to desired neuronal populations (Fenno et al., 2011; Yizhar et al., 2011; Dugué et al., 2012). By overriding the electrical activity of neurons, microbial opsins can bring the membrane potential closer to or further away from the threshold for AP firing. These opsins can thus be used to link optically induced changes in activity of defined neurons with resultant circuit or behavioral effects. While advantageous for comprehending neural networks at a systems level, the optogenetic approach is ill-suited for understanding the intrinsic mechanisms regulating neuronal excitability on a molecular and cellular level. Light-sensitive modules from plants, such as phytochromes, cryptochromes, LOV domains or BLUF domains can be genetically coupled to mammalian proteins in order to gain optical control over protein–protein interactions, protein or DNA binding, enzymatic activity or subcellular protein localization (Möglich and Moffat, 2010; Pathak et al., 2012). LOV domains have been fused to the C-terminal fragment of Orai1 calcium channels to remotely control Ca2+ signaling (Pham et al., 2011). While attractive, this strategy may prove difficult to transpose to other ion channels. In contrast, caged compounds and reversible photoswitches are chemical molecules that have been used by neuroscientists to modulate the activity of endogenous ion channels in neurons (Goeldner and Givens, 2005). Cages allow for the photorelease of neurotransmitters and secondary messengers, triggering signaling events with temporal and spatial precision (Ellis-Davies, 2007; Warther et al., 2010). However, since uncaging is an irreversible photochemical process, the duration of the elicited effect is dependent on the kinetics of diffusion or re-uptake of the photoreleased molecule. On the other hand, chemical photoswitches (Gorostiza and Isacoff, 2008; Beharry and Woolley, 2011; Fehrentz et al., 2011) can be used to modulate the activity of ion channels in a reversible fashion, allowing for many rounds of activation/deactivation (or inhibition/disinhibition). In this review we will describe our recent work on developing both one- and two-component photoswitchable systems for the optical control of voltage-gated ion channels and neuronal excitability.

ONE-COMPONENT SYSTEMS: DEVELOPMENT AND TUNING OF PHOTOCHROMIC LIGANDS

Photochromic ligands (PCLs) are light-sensitive molecules that can photo-isomerize after absorption of a photon. Photoisomerization induces a modification of the spectral, chemical, electronic and steric properties of the ligand, in a manner that can affect its biological activity (Beharry and Woolley, 2011; Fehrentz et al., 2011). Several properties of azobenzene have made it the most-commonly used photoswitch for biological applications: (1) the trans to cis photoisomerization results in a drastic change in geometry (from planar to twisted, Figure 1A) and polarity (from ~0 to 3 Debye) (2) the absorption spectra of the two isomers are different enough (Figure 1B) to allow nearly-full conversion to cis or trans under the appropriate light conditions; (3) azobenzenes are relatively small, simple chemical moieties that can easily be conjugated to various ligands; (4) photoisomerization occurs on a picosecond time scale, orders of magnitude faster than most biological processes, and (5) azobenzenes are very photostable, allowing many cycles of photoisomerization without fatigue. Because the trans isomer is thermodynamically more stable than the cis isomer, it is the highly predominant form in the dark (>99.99%).
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FIGURE 1. Photoswitchable blockers for voltage-gated potassium channels. (A) Chemical structures of trans (left) and cis (right) AAQ (Acrylamide-Azobenzene-Quaternary ammonium). The quaternary ammonium moiety (ligand) is highlighted by a yellow sphere. (B) Absorption spectrum of QAQ (Quaternary ammonium-Azobenzene-Quaternary ammonium) in the dark (~100% trans) and during illumination with 380 nm light (mostly cis). (C) Scheme of a trans blocker. The blocker binds to the intracellular vestibule and blocks ion conduction through voltage-gated potassium channels in the trans configuration (500 nm light or darkness) but not after photoisomerization to cis (380 nm). (D) Example of a voltage-clamp recording of current through voltage-gated potassium channels after depolarization of the membrane, using a trans blocker under 500 or 380 nm light illumination. (E) Scheme of a cis blocker. The blocker binds to the intracellular vestibule and blocks ion conduction through voltage-gated potassium channels in the cis configuration (380 nm light) but not in the dark or after photoisomerization to trans (500 nm). (F) Example of a voltage-clamp recording of current through voltage-gated potassium channels after depolarization of the membrane, using a cis blocker under 500 or 380 nm light illumination. Δ: thermal relaxation in the dark.



Photoregulation of ion channels using PCLs was pioneered with the nicotinic acetylcholine receptor (nAChR) in the late 1960s (Deal et al., 1969; Bartels et al., 1971; Lester et al., 1979; Krouse et al., 1985) but only recently adapted to other ion channels, such as the ionotropic glutamate (Volgraf et al., 2007; Stawski et al., 2012) and gamma-amino butyric acid receptors (GABARs) (Stein et al., 2012; Yue et al., 2012). Following a similar strategy, we have developed a small library of PCLs that block voltage-gated potassium channels (Kvs) in a photo-reversible fashion (Fortin et al., 2008; Banghart et al., 2009; Mourot et al., 2011, 2012; Fehrentz et al., 2012). Quaternary ammoniums (QAs) inhibit Kvs by entering the intracellular vestibule and blocking K+ conduction (Choi et al., 1993). We designed photoswitchable Kv blockers with a central azobenzene core, flanked on one side by a QA “head” and on the other side by a hydrophobic “tail”. The initial “tail” was an acrylamide moiety, and the compound was named Acrylamide-Azobenzene-Quaternary ammonium (AAQ) (Figure 1A) (Fortin et al., 2008). The reactive acrylamide group was chosen because AAQ was originally designed to covalently attach to the outer mouth of native Kvs (Fortin et al., 2008), but further investigation revealed that, due to its hydrophobic “tail,” AAQ was in fact able to cross the cell membrane and non-covalently bind to the internal vestibule (Banghart et al., 2009). AAQ is a trans blocker of Kvs, that is, the trans isomer has a much higher affinity for the internal vestibule than the cis form. In the dark or under 500 nm illumination, channels will be blocked by AAQ, whereas 380 nm light will relieve the blockade and restore K+ conduction (Figures 1C,D). AAQ is a trans blocker for the Shaker K+ channel, but also for a wide range of mammalian Kvs heterologously expressed or naturally present in neurons (Table 1).

Table 1. Photochemical and pharmacological properties of a series of photoswitchable ion channel blockers.
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Each biological application requires a specific set of characteristics. Photoswitchable Kv blockers can be easily modified using the power of organic chemistry, enabling us to generate a small library of compounds with various pharmacological and photophysical properties (Table 1) (Banghart, 2009; Mourot et al., 2013). AAQ is a permanently charged molecule that must cross the cell membrane to photosensitize K+ channels. Membrane permeation has been experimentally verified for AAQ (Banghart et al., 2009) and has been observed for other permanently charged drugs like the local anesthetics tonicaine (Wang et al., 1995) and tetra-pentylammonium (Taglialatela et al., 1991). In all the aforementioned cases, the charged molecule accumulates inside the cell where it is trapped for hours, more than 24 h in the case of AAQ loaded into dissociated hippocampal neurons (Banghart et al., 2009). Replacing the acrylamide “tail” with a more hydrophobic benzylamide moiety results in a molecule (BzAQ) with better membrane permeation, as evidenced by the drastic increase in potency when the PCLs are applied outside cells (see working concentration for AAQ an BzAQ in Table 1) but a similar potency when the compounds have direct access to the internal vestibule (Banghart et al., 2009). Doing the opposite, i.e., replacing the acrylamide chain with a more polar, charged QA group results in a compound (QAQ) ineffective at crossing the cell membrane. Of note, some of the most hydrophobic compounds, e.g., PhENAQ, suffer from lack of water solubility.

Chemical modifications can also affect the pharmacology of the PCLs. AAQ photosensitizes most, but not all Kvs; for example, current through Kv3.1 is not affected by AAQ (Fortin et al., 2008). Similarly, DENAQ photosensitizes many Kvs but not Shaker which belongs to the Kv1 family (Mourot et al., 2011). QAQ, on the other hand, not only photosensitizes Kvs but also voltage-gated Na+ and Ca2+ channels (Navs and Cavs, respectively) (Mourot et al., 2012), which are structurally related to Kvs and also blocked by intracellular QAs (Scholz, 2002). Of all the PCLs tested, only the ones with two QA groups seem to block Navs (Table 1). The identity of the biologically active isomer also depends on the chemical nature of the “tail.” For example AAQ, BzAQ, and QAQ are trans blockers of Kvs, that is, they block preferentially in the trans configuration, but other PCLs such as PrAQ or PhENAQ are cis blockers (Table 1 and Figures 1E,F). In the absence of illumination, PCLs exist in only one form: the thermally stable trans isomer. Cis blockers can be advantageous for certain applications as they are inert in the dark (assuming the trans isomer does not block at all) and activate only after illumination with the appropriate wavelength of light. Understanding the molecular features necessary for the recognition of the cis or the trans isomer by various ion channels is crucial to the rational design of more selective PCLs. Alas, this is not a straightforward task, since it requires the synthesis and screening of a large library of compounds in addition to molecular modeling of the PCLs bound to the channel.

The wavelength used to isomerize AAQ from trans to cis is in the near-UV range (380 nm), which is compatible with biological systems. However, there is a clear interest in developing PCLs with a red-shifted spectrum, as longer wavelengths of light are less phototoxic and penetrate deeper into tissue. Many of the phenyl ring substituents are known to alter the spectral characteristics of azobenzenes and this effect can be rationally utilized to design novel azobenzene derivatives (Rau, 1973; Beharry and Woolley, 2011). For example, electron donating groups at the ortho or para positions can red-shift the absorption spectrum of the trans isomer considerably (Chi et al., 2006; Sadovski et al., 2009; Beharry et al., 2011, 2008; Stawski et al., 2012). We have designed PCLs where the amide tail of AAQ was replaced by electron donating amine tails (see DENAQ and PhENAQ in Table 1). The new PCLs are red-shifted by up to 100 nm, enabling the photocontrol of Kvs with blue light (480 nm) (Mourot et al., 2011). The Trauner group has also developed derivatives of QAQ with electron donating groups in the ortho position (see 2,2′-dimethoxy QAQ in Table 1), but this resulted in only a minor red-shift (~30 nm) and in some cases compounds that were ineffective at blocking voltage-gated ion channels (Fehrentz, 2012; Fehrentz et al., 2012). The internal vestibule of Kvs may be too tight to accommodate bulky substituents in the ortho position, but seems to accommodate rather long, bulky, hydrophilic or hydrophobic “tails” in the para position.

Once light is turned off, the cis isomer relaxes back to the more stable trans form, yielding essentially 100% of the trans isomer. The kinetics of thermal relaxation are highly dependent on the substituents located on the phenyl rings of the azobenzene (Beharry and Woolley, 2011). For example, the half-life of cis QAQ in aqueous solution (t1/2) is in the 7 min range, but can be extended to hours and even days after adding methyl groups in the ortho position (see di- and tetra-methyl QAQs in Table 1). Continuous light exposure is not required to maintain these thermo-stable compounds in their cis form. This can be advantageous in cases where constant illumination would be toxic, impractical or simply not technically feasible. Conversely, thermal relaxation can also be sped up. The fastest thermal relaxation reported to date for an azobenzene derivative in water is in the nanosecond range (Garcia-Amorós et al., 2012). Rapid thermal relaxation is desirable, since a single wavelength of light can then be used to quickly toggle the photoswitch between its two isomers. However, it is not necessarily ideal, since very intense illumination is required to accumulate enough of a very short-lived isomer to produce a significant biological effect. The red-shifted PCLs we have engineered have much faster relaxation kinetics than QAQ, too fast, in fact, to be measured using classical spectrophotometers (Fehrentz et al., 2012), but estimated to be in the hundreds of millisecond range using electrophysiological recordings (Mourot et al., 2011). This value is in agreement with the reported half-lives in the tens of milliseconds range for similar amino-azobenzenes (Chi et al., 2006). Despite their short half-lives, some red-shifted PCLs block a considerable fraction of the channel's ionic current, suggesting a significant accumulation of the cis isomer (Mourot et al., 2011; Fehrentz et al., 2012). Importantly, because the spectra of the two amino-azobenzene isomers overlap substantially (Beharry and Woolley, 2011), light cannot be used to trigger the reverse isomerization to the trans form. Therefore, rapid thermal relaxation is a necessary feature for the rapid and reversible photocontrol of neuronal activity with such red-shifted azobenzenes. New types of red-shifted azobenzenes show a substantial separation in the spectra of the two isomers, making it possible to use two different wavelengths of visible light for rapidly accumulating a high percentage of either the cis or the trans isomer (Beharry et al., 2011; Bléger et al., 2012).

What fraction of the cis isomer can be generated under our experimental conditions? Since cis and trans azobenzenes have partially overlapping spectra, illumination produces a photostationary state with a certain percentage of each isomer. Using the appropriate wavelength of light, a large fraction of the photoswitch molecules can be isomerized to cis or to trans (Beharry and Woolley, 2011). Precise determination using 1H NMR revealed that up to 95% of the photoswitch can be converted to cis under illumination with 380 nm (Gorostiza et al., 2007; Banghart and Trauner, 2013). In order to obtain an estimate of the percentage of the cis isomer under physiological conditions, we measured the concentration of two PCLs, AAQ and BzAQ, that blocked half of the Shaker K+ channel current, both in the dark and under 380 nm illumination (IC50(dark) and IC50(380 nm), respectively) (Banghart et al., 2009). These two PCLs have identical azobenzene chromophores, with two amide groups in the para position, and therefore should have similar photochemical properties. We found the IC50(380 nm)/IC50(dark) ratio to be 28 and 42 for AAQ and BzAQ, respectively. Assuming cis AAQ and cis BzAQ bind to Shaker K+ channels with negligible affinity, the percentage of the trans molecule under 380 nm light illumination is 1/28 = 3.5% for AAQ, and 1/42 = 2.4% for BzAQ. If the affinity of cis AAQ or cis BzAQ for Shaker K+ channels is not negligible, then the percentage of the trans PCL under 380 nm light is even lower. Hence, it is possible to obtain more than 96% photoisomerization to the cis form using AAQ, BzAQ or other PCLs with similar photoswitches. As mentioned above, the situation may be different with quickly relaxing compounds like DENAQ or PhENAQ.

OPTICAL CONTROL OF ACTION POTENTIAL FIRING WITH PCLs

The molecular mechanism underlying the initiation and propagation of AP is the opening and closing of voltage-gated ion channels (Hille, 2001). When excitatory inputs to a neuron trigger a depolarization above the AP initiation threshold (typically −50 mV), Navs quickly open and sodium ions rush into the cell, depolarizing the membrane even further. After a slight delay, Navs inactivate and Kvs start to open, thus generating a potassium efflux that repolarizes the cell membrane. Kvs and other K+ channels (e.g., calcium-activated K+ channels) do not close immediately after the membrane returns to its resting membrane voltage, generating a hyperpolarization phase called afterhyperpolarization (AHP), during which the neuron is refractive to subsequent AP. Therefore, the influx and efflux of sodium and potassium ions shape APs, and rapidly photoregulating their flux should give us control over AP firing.

When neurons are at rest, some Kvs, notably the low-voltage activated ones, are open and play a role in maintaining and regulating the membrane potential (Hille, 2001). Blocking them can result in membrane depolarization and increase neuronal activity. AAQ, which is a photoswitchable blocker selective for K+ channels, can be used to optically increase neuronal excitability and induce AP firing (Fortin et al., 2008). In the dark or under green light, AAQ blocks neuronal Kvs, depolarizes the cell membrane and enables high-frequency firing (Figure 2A). Subsequent photoisomerization to cis with 380 nm light, which unblocks Kvs, hyperpolarizes the membrane and reduces neuronal excitability. Comparing the AP shapes under both wavelengths of light clearly shows that the peak is unaltered, while hyperpolarization is reduced under 500 nm light, consistent with the selective block of K+ channels (Figure 2B). Optical regulation of membrane excitability with AAQ works well not only in cultured neurons, but also in rat cerebellar slices, in the heart central pattern generator of leeches, as well as in mice retinal neurons in vitro and in vivo (Fortin et al., 2008; Polosukhina et al., 2012). One limitation of AAQ is that, in the absence of illumination, the trans configuration dominates, leading to a tonic block of Kvs and potential cytotoxicity. Cis blockers like PhENAQ could offer significant advantage by minimizing basal excitation in the dark (Mourot et al., 2011).
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FIGURE 2. Optical control of AP firing in hippocampal neurons using PCLs. (A) Current clamp recording of a hippocampal neuron in culture treated with AAQ, showing the effect of light on neuronal excitability. (B) AP shape in both wavelength of light for an AAQ-treated hippocampal neuron. (C) Current clamp recording of a hippocampal neuron in culture loaded with QAQ through the patch pipette, showing the effect of light on spike inhibition. (D) AP shape in both wavelength of light for a neuron loaded with QAQ. (E) Patterned illumination for the optical control of the excitability of a dendritic tree using QAQ loaded through the patch pipette. The main regions of a neuron are indicated. Scale bars (A,C) 10 mV, 500 ms; (B,D) 10 mV, 25 ms.



QAQ has a different effect on neuronal excitability: it does not modulate the resting membrane potential, but prevents AP firing when neurons receive excitatory inputs, by blocking all voltage-gated ion channels, i.e., Kvs, Navs and Cavs (Mourot et al., 2012). When illuminated with 500 nm light, neurons loaded with QAQ fire a single AP at the onset of current injection, followed by depolarization block and absence of repetitive spiking (Figure 2C). The presence of the first spike can be attributed to the nature of the molecular interaction between trans QAQ and ion channels: QAQ is an open-channel blocker, that is, ion channels must first open before QAQ can bind and block ion conduction (Hille, 2001; Mourot et al., 2012). Under 380 nm light, ion-channel block is relieved and neurons can fire at a high-frequency. Due to the block of both Kvs and Navs, the AP amplitude is reduced and its half-width increased under 500 nm compared to 380 nm light (Figure 2D). QAQ blocks Navs only partially, yet it potently silences cells, probably because its blockade of K+ channels potentiates blockade of Na+ channels (Drachman and Strichartz, 1991).

Neuronal dendrites receive, coordinate and integrate thousands of excitatory and inhibitory inputs (Magee and Johnston, 2005). Inputs are integrated at the level of the soma and APs are initiated in a specialized, unmyelinated element of the neuron called the axon initial segment (AIS), before they propagate through the rest of the axon (Kole and Stuart, 2012). In some neurons, such as hippocampal and cortical pyramidal neurons, APs can also back-propagate from the soma to the dendrites, which is essential to many forms of synaptic plasticity (Magee, 1997; Markram, 1997; Magee and Johnston, 2005). The presence of a high density of specialized voltage-gated ion channels is essential to the electrical properties of AIS, axons and dendrites. Yet, manipulating these ion channels in specific sub-cellular domains of a neuron is technically challenging. Local perfusion of tetrodotoxin, a specific Nav blocker, has been used to show that back-propagation of APs is required for the induction of synaptic plasticity (Magee, 1997), but this can only be done in large neurons with dendritic trees long-enough to confine tetrodotoxin to the desired location. Membrane-impermeant ion-channel blockers like QX-314 can also be used to eliminate excitability in dendrites and axons of single neurons, making it possible to pharmacologically isolate synaptic from non-synaptic events and elucidate the composition of the synaptic responses (Smirnov et al., 1999; Wilent and Contreras, 2005). Because QX-314 is membrane-impermeant (Strichartz, 1973; Binshtok et al., 2007), it can be dialyzed into cells through a patch pipette, but once inside, it cannot be removed; therefore its action is irreversible. In contrast to chemical ligands, light can be delivered onto tissues with great spatial resolution, and recent optical techniques even allow for patterned illumination in three dimensions (Vaziri and Emiliani, 2012). Therefore, photoconvertible ligands such as the ones we have developed could be extremely useful in understanding the roles of voltage-gated ion channels in controlling dendritic and axonal excitability, especially in compact neurons. QAQ, which is essentially a photoswitchable derivative of QX-314 (Mourot et al., 2012), can open the way to new experimental opportunities. Because light can be projected with great spatial precision, it might be possible to control APs in particular parts of a neuron, such as a branch of the dendritic tree or the AIS (Figure 2E). For example, QAQ could be used to reversibly block back-propagating APs with a cellular precision that is hard to achieve with externally applied blockers (Magee, 1997), and help evaluate the contribution of dendritic excitability to synaptic integration and plasticity.

CELL TARGETING WITH QAQ

Optogenetic tools have one advantage over PCLs: they can be targeted to genetically defined cell types using either specific promoters or cre recombinase-inducible expression systems in conjunction with transgenic animals expressing cre in specific population of neurons (Fenno et al., 2011; Yizhar et al., 2011; Dugué et al., 2012). Cell targeting is essential for establishing a causal relationship between the activity pattern of a defined population of neurons and the function of that neuronal population at the circuit or behavioral level. Even though QAQ is not genetically encodable, we have designed a strategy for delivering it to a defined sub-population of neurons.

QAQ is a doubly charged (Figure 3A), membrane-impermeant PCL that does not enter most cells when applied extracellularly. However, we found that QAQ was able to enter cells through open TRPV1 and some P2X channels, enabling the targeted photosensitization of cells expressing either of these channels (Mourot et al., 2012). TRPV1 channels are heat-activated channels required for the detection of noxious heat (Caterina et al., 1997), while P2X receptors are ion channels activated by extracellular ATP (Valera et al., 1994). One biophysical property shared by these two ion channel types is their ability to allow large organic cations to pass through the channel pore (Khakh et al., 1999; Virginio et al., 1999; Meyers et al., 2003; Chung et al., 2008; Binshtok et al., 2007). We took advantage of this property to deliver QAQ into specific cells, utilizing these channels as “molecular conduits” (Figure 3B).
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FIGURE 3. Cell targeting strategy with QAQ. (A) Chemical structures of trans (left) and cis (right) QAQ. (B) QAQ is membrane impermeable, but can enter cells through open TRPV1 or P2XR channels. Once in the cystosol, QAQ photosensitizes voltage-gated K+, Na+, and Ca2+ channels. (C) Touch- and pain-sensing neurons innervate the skin and project to the spinal cord. Their cell bodies are located in the dorsal root ganglia. QAQ can be targeted specifically to pain-sensing neurons, which contain high densities of TRPV1 channels.



TRPV1 channels are highly expressed in pain fibers but scarcely present in the central nervous system (CNS) (Arenkiel et al., 2008; Cavanaugh et al., 2011). P2X receptors are primarily expressed in the peripheral nervous system and in epithelial and endothelial tissue, but are also present to some extent at a few central synapses (Khakh and North, 2006). Because both channels and their respective agonists, capsaicin and ATP, are nearly absent from the CNS, heterologous expression of TRPV1 or P2X channels could be used as an orthogonal way of optically silencing genetically identified neurons with QAQ (Mourot et al., 2012). Miesenböck and colleagues designed a comparable optochemical genetic strategy to remotely photoactivate specific neurons heterologously expressing TRPV1 or P2X channels, using caged-capsaicin or caged-ATP, in living flies (Zemelman et al., 2003; Lima and Miesenbock, 2005; Claridge-Chang et al., 2009). While elegant and powerful, both approaches suffer from the technical complexities associated with the expression of foreign genes and the subsequent delivery of photosensitive chemicals.

However, exogenous expression of TRPV1 or P2X receptor is not always necessary to target QAQ-induced photosensitivity to specific neurons. We took advantage of the intrinsic TRPV1 expression pattern to specifically deliver QAQ to pain-sensing neurons in rodents. Co-application of QAQ and capsaicin resulted in the selective entry of QAQ into pain-sensing neurons (aka nociceptors) both in vitro and in vivo, without affecting neighboring cells such as touch-sensing neurons, which are devoid of TRPV1 channels (Mourot et al., 2012). Sensory neurons are pseudo-unipolar neurons, with a peripheral process that carries AP to the cell body (located in the dorsal root ganglia), and a central process that carries AP to the post-synaptic neuron in the spinal cord (Figure 3C). The peripheral axons of nociceptors are usually extremely long and mixed together with other sensory neurons. Hence it has been extremely difficult to manipulate the activity of these neurons in a specific manner using current electrophysiological or pharmacological tools. Because QAQ can enter nociceptors at the level of their cell bodies, their synaptic terminals or their sensory nerve endings, our method enables the rapid control of pain signaling with a high degree of precision. This method will undoubtedly prove useful for understanding pain circuitry and pain signaling, in both physiological and pathological conditions.

TWO-COMPONENT SYSTEMS: DEVELOPMENT OF DESIGNER PHOTORECEPTORS

The various voltage- and ligand-gated ion channels found in neurons have very distinct biophysical properties as well as different subcellular and cellular distributions, but often share overlapping pharmacology. The limited selectivity of pharmacological agents has hindered the understanding of their physiological roles. Traditional drugs often cannot differentiate between different receptor types or subtypes. Some of them, such as toxins, do show good receptor selectivity, but their temporal action profile cannot mimic the rapid rise and fall in neurotransmitter concentrations in the brain, as they persist in the tissue for an extended period of time and cannot be washed out quickly. In addition, the effect of traditional pharmacological agents cannot be easily restricted to a specific cell type or tissue; for example, there is no method for selectively controlling post- vs. pre-synaptic receptors. The relationship between receptor function and behavior can also be studied via the generation of transgenic organisms, but this strategy lacks temporal specificity and can produce animal phenotypes where undesirable developmental defects and compensatory changes are superimposed on the true effects of receptor removal. The development of spatially and temporally targeted activation/inactivation of specific receptors will help to overcome this problem and produce a better understanding of the function of receptors in adult animals.

A number of chemical genetic strategies have been developed to overcome the limitations of conventional pharmacology. They combine the powers of chemistry and genetic targeting to enable an unparalleled degree of pharmacological specificity (Rogan and Roth, 2011; Wulff and Arenkiel, 2011). One strategy involves designing a combination of chemically modified small molecule ligands and mutant receptors that specifically bind these ligands. The modified ligands are considered “orthogonal” in normal cells, since they should not bind any wild-type receptor, but only their mutant partner. This approach was first demonstrated on a mutant κ opiod receptor, which was engineered to dramatically reduce its affinity for the endogenous ligand dynorphin, but still respond to synthetic small molecule drugs (Coward et al., 1998). This type of receptor activated solely by synthetic ligands was called a RASSL. The receptor-ligand pair strategy was later extended to create other mutant G protein-coupled receptors with lower baseline activity. These second generation designer receptors exclusively activated by designer drugs were named DREADDs (Armbruster et al., 2007). Ligand-gated ion channels, including GABARs (Wulff et al., 2007) and nAChRs (Magnus et al., 2011) were also engineered to be orthogonal to certain ligands. In the case of nAChRs, a variety of pharmacologically selective effector molecules (PSEMs) and pharmacologically selective actuator modules (PSAMs) were generated, with different ionic permeabilities for remotely exciting or silencing targeted neurons. The mutant receptors may retain their original function, in which case the receptor-ligand pair is used to define the biological roles of the receptor (Wulff et al., 2007). Conversely, the receptor may only possess the ability to bind the orthogonal ligand but not the endogenous neurotransmitter, in which case the receptor becomes orthogonal as well and is used to remote control cellular signaling or membrane excitability in genetically targeted cells (Armbruster et al., 2007; Magnus et al., 2011). However, though this chemical genetic approach has produced highly specific receptor-ligand combinations that work well both in vitro and in vivo, it still suffers from the lack of fine spatiotemporal control of receptor activity, due to the inability to control ligand diffusion into or out of a region of interest or manipulate the dynamics of ligand binding/unbinding. Light is the perfect modality for achieving such precise spatiotemporal control, as it allows for micrometer spatial and millisecond temporal resolution. We thus decided to combine the power of chemical genetics with the precision of optical control in order to develop a series of photoswitchable tethered ligands (PTLs) for the optochemical genetic control of ion channels (Fehrentz et al., 2011).

The PTL strategy involves the genetic engineering of receptors and their conjugation to a chemical photoswitch, allowing light to precisely activate or inhibit that receptor subtype in a given neuronal population. The PTL contains a ligand (agonist or pore blocker/antagonist) on one end of the molecule, a central photoisomerizable azobenzene core, and a cysteine-reactive group on the other end of the molecule. The PTL can react with engineered cysteine point mutations in the ion channel of interest, covalently tethering the ligand to the receptor. In addition to the shape and dipole moment changes, the end-to-end distance of the trans and cis isomers is also substantially different, allowing light to toggle the ligand in and out of its binding pocket. Photoisomerization of the PTL thus leads to a reversible activation or inhibition of the receptor. Such a strategy allows us to control an individual ion channel subtype in a neuron, i.e., the one containing the cysteine mutation, with high spatiotemporal precision, while leaving native channels unaffected. Importantly, the functionality of the mutant receptor should remain unchanged prior to PTL treatment, but its activity would then be controlled by light after conjugation of the PTL. Because designer channels can be genetically targeted, they belong to the family of optogenetic tools, even though they need a photochemical co-factor for functioning.

PTLs were first designed for the voltage-gated Shaker K+ channel, resulting in synthetic photoisomerizable azobenzene-regulated K+ (SPARK) channels (Banghart et al., 2004; Chambers et al., 2006) that could be blocked and unblocked by light. SPARK channels are cysteine-containing mutant Shaker K+ channels, which can be conjugated to a photoswitchable ligand, maleimide-azobenzene-quaternary ammonium (MAQ, Figure 4A), containing the pore blocker QA. QAs not only block K+ channels at the level of the inner vestibule, but also at an external binding site located just outside the selectivity filter (Hille, 2001). After MAQ conjugation, the QA moiety can reach the ion channel's outer pore only in the trans but not the cis configuration, which results in conduction block under 500 nm light or in the dark, when the PTL is in the trans form (Figures 4B,C). Illumination with 380 nm light converts the PTL to its shorter cis form, unblocking the ion channel and allowing for current flow. At low micromolar concentration, MAQ does not cross the cell membrane, ensuring specific optical control of the engineered cysteine mutant channel (Fortin et al., 2011; Sandoz et al., 2012). Expression of SPARK channels in neurons enabled the photocontrol of neuronal activity (Banghart et al., 2004; Chambers et al., 2006). However, because Shaker is a Drosophila K+ channel, it is orthogonal to mammalian neurons and is therefore unsuited for the study of endogenous K+ channel function in the mammalian CNS. We have thus decided to transpose the strategy to mammalian K+ channels. Tethering MAQ onto engineered cysteine mutants of Kv1.3, Kv3.1, Kv7.2, Ca2+-activated SK2 and TREK1 conferred photosensitivity on these K+ channels (Fortin et al., 2011; Sandoz et al., 2012). These novel light-sensitive channels are highly interesting targets for optical control. For example, Kv7.2 is a potassium channel underlying the M-current and has also been implicated in epilepsy (Brown and Passmore, 2009), while the calcium-activated SK2 channel modulates excitatory post-synaptic potentials and contributes to long-term potentiation in the hippocampus (Adelman et al., 2011). TREK1 channels are polymodal channels, being sensitive to temperature, pressure, pH and intracellular signaling (Alloui et al., 2006). Specific photomodulation of TREK1 revealed that they are also activated by GABAB signaling in the hippocampus (Sandoz et al., 2012).
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FIGURE 4. Engineered potassium channels with a photoswitchable tethered ligand (PTL). (A) Chemical structures of trans (left) and cis (right) MAQ (Maleimide-Azobenzene-Quaternary ammonium). The end-to-end distance between the para positions of the azobenzene shortens by ~3 Å upon isomerization from trans to cis. (B) Scheme of a genetically-encoded, photoswitchable K+ channel. MAQ is covalently attached on an engineered cysteine located on the extracellular surface of a K+ channel. In the extended trans configuration (dark or 500 nm light), MAQ blocks ion conduction. Photoisomerization to cis with 380 nm light shortens MAQ and relieves block. (C) Current through a photoswitchable Kv 3.1 channel labeled with MAQ, under both wavelengths of light.



K+ channels are not the only family of transmembrane proteins that can be targeted with the PTL strategy. We have recently developed a series of light-regulated neuronal nAChRs (LinAChRs) which can be conjugated with photoswitchable agonists or antagonists, allowing for powerful bidirectional control of receptor activity (Tochitsky et al., 2012). Given the wide variety of nAChR subtypes present in the brain and the lack of specific pharmacology for them, LinAChRs should prove highly useful in studying the function of nAChRs in the nervous system. Furthermore, controlling specific nAChRs in the brain may help shed light on their role in nicotine addiction and various neurodegenerative and neuropsychiatric disorders. Another major class of channels targeted with PTLs is the glutamate receptor (GluR) family. A series of ionotropic glutamate receptors belonging to the kainate receptor family (iGluR6) could be activated by light after conjugation of a photoswitchable agonist to an engineered mutant cysteine residue (Volgraf et al., 2005; Gorostiza et al., 2007; Numano et al., 2009). The resulting light-activated glutamate receptors (LiGluRs and HyLighter) enabled the remote control of neuronal electrical activity both in vitro (Szobota et al., 2007) and in vivo in zebrafish larvae (Janovjak et al., 2010; Wyart et al., 2010) and in mice (Caporale et al., 2011).

The success and relative ease of generating novel light-sensitive ion channels demonstrate the power of the PTL approach, as almost any channel or receptor can, in principle, be rendered light-sensitive by combining existing pharmacological and structural information. Synthetic organic chemistry can generate photosensitive variants of existing receptor ligands. Molecular modeling can then identify a region of interest where cysteine scanning mutagenesis would determine the optimal position for PTL attachment. Once a particular channel has been photosensitized, structurally similar relatives can be photosensitized as well, often simply by transposing the cysteine mutation from one subtype to another (Fortin et al., 2011; Tochitsky et al., 2012). A PTL-conjugated receptor can be controlled specifically, with either an agonist or antagonist/pore blocker, with a spatial and temporal precision simply impossible with traditional diffusible ligands. The combination of rational design, specificity and precision makes the PTL approach a very powerful tool for identifying the roles of particular ion channel subtypes in complex neural networks, both in vitro and in vivo.

So far, the designer receptor strategy has mainly been used in vitro, where gene delivery and conjugation of the PTL onto the engineered cysteine mutation are relatively staightforward. In vivo, its use has been restricted to zebrafish larvae where the PTL can be added to the water where fish swim and absorbed through the skin (Janovjak et al., 2010; Wyart et al., 2010) and to the mouse retina where the PTL can be easily injected into the vitreous cavity of the eye (Caporale et al., 2011). Traditional optogenetic tools (e.g., channelrhodopsin) have an advantage over designer receptors in this regard, since the photoswitch retinal is naturally present in cells and does not have to be introduced exogenously. Nonetheless, designer receptors can be used to answer questions that would be hard to address with channelrhodopsin. For example, engineered receptors can reveal a causal relationship between receptor activation in a given cell type and the activity of a neuronal circuit or the induction of a certain behavior. Light-sensitive designer receptors can also be used to investigate the function of receptors with different subunit compositions, or the function of a specific receptor expressed in different cell types. However, before these new optical tools can be generally used in mammals in vivo, a certain number of challenges must be overcome:

Gene delivery: photosensitive ion channels can be overexpressed in neurons and manipulated with light in order to study their function, but it is preferable to maintain the endogenous level of gene expression in order to ensure that the results are physiologically relevant. Such a system can be created via the generation of a knock-in animal, where the endogenous channel is replaced by the cysteine mutant, although this approach is laborious and costly. Alternatively, the cysteine mutant subunit can be expressed in a system where it would need to coassemble with an endogenous wild-type subunit for trafficking to the plasma membrane. This photoswitchable conditional subunit strategy was successfully utilized in vitro for the photosensitive TREK1 two pore K+ channel (Sandoz et al., 2012) and should be feasible in vivo for other heteromeric ion channels such as brain nAChRs. Expression of the cysteine-containing subunit can in principle be done in the wild-type background, although the use of a knock-out animal is preferred to maximize the degree of photocontrol. In vivo gene delivery can be done using lenti- or adeno-associated (AAV) viral vectors, or the in utero electroporation technique (Fenno et al., 2011).

Cell-type specific expression: one method of manipulating genetically defined neuronal subtypes involves the expression of the gene of interest under the control of cell-type specific promoters. Another possibility is to use Cre recombinase-inducible expression systems in conjunction with transgenic animals expressing Cre in specific neuronal populations. Cre recombinase will catalyze the recombination between two loxP sites, resulting in the reversal of the gene's orientation and allowing for the gene's mRNA to be transcribed. High levels of cell type specificity can usually be achieved with this technique (Fenno et al., 2011).

Light delivery: since the advent of optogenetics, different hardware setups have been used to deliver light in vitro and in vivo (Fenno et al., 2011). Lasers coupled to optic fibers are most commonly used to deliver light into the brain. The fiber can be placed either in the same brain area as the virus injection or in projection targets.

PTL delivery: one of the biggest challenges of our PTL approach is the delivery of the photoswitch. Because of maleimide's reactivity, delivery has to be done locally into the brain, using a guide cannula for example. The cannula can be chronically implanted into the animal, allowing for the delivery of both the chemical photoswitch and the optical stimulation fiber to the region of interest. Since it covalently tethers to its receptor, the PTL can be applied hours before an experiment, ensuring that the excess non-conjugated PTL will diffuse or be metabolized. Another important factor to consider is the efficiency of conjugation, which depends on the oxidation state of the cysteines. Reducing agents such as DTT or TCEP have been used in vitro to reduce cysteines and increase labeling; it is not clear whether these agents will also be required for in vivo use.

BIOMEDICAL APPLICATIONS

Gene therapy with optogenetic tools has been proposed as a strategy for restoring vision (Busskamp and Roska, 2011) as well as for treating Parkinson's disease or epilepsy through deep brain optical stimulation (Gradinaru et al., 2009). Although current gene therapy trials for CNS diseases have shown good safety, it is not clear how the human immune system will tolerate the high levels of microbial opsin expression required for photosensitizing neurons. In contrast, due to its non-genetic nature, the PCL approach for photosensitizing neurons should provide a readily reversible, safe therapeutic strategy. Here we describe the potential use of PCLs for the treatment of blindness and management of chronic pain.

VISION

Given that the use of PCLs for clinical applications is limited by the ability to deliver light to a particular tissue or organ, the visual system was selected as an ideal clinical target due to the inherent ease of light delivery to the eye. Restoration of neural light sensitivity is needed to treat several degenerative retinal disorders, such as retinitis pigmentosa and age-related macular degeneration, which are characterized by the progressive loss of rod and cone photoreceptors, eventually leading to complete blindness (Jones et al., 2012). In such end-stage blinding diseases, the photoreceptors are absent but other types of neurons in the retina, including retinal ganglion cells (RGCs), bipolar and amacrine cells remain intact (Figures 5A,B). We decided to test whether treatment of the blind retina with AAQ would confer light sensitivity onto these remaining neurons and whether this engineered light response could drive visually guided behavior in vivo.
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FIGURE 5. Photosensitizing blind retinas with PCLs. Circuit diagram of (A) a healthy retina and (B) a retina lacking rod and cone photoreceptors due to advanced degeneration. Note that retinal ganglion, bipolar and amacrine cells survive photoreceptor death. (C,D) Multi-electrode array recordings from a flat-mounted rd1 mouse retina (C) before and (D) after treatment with 300 μ M AAQ. Top: Color bars representing illumination with 380 nm (violet) or 500 nm (green) light. Middle: Raster plot of RGC activity. Bottom: Average RGC firing rate (bin size = 100 ms).



To evaluate the effect of the PCL, we selected the rd1/rd1 mouse model of end-stage retinitis pigmentosa, in which virtually all photoreceptors die by 3 months after birth (Sancho-Pelluz et al., 2008). Prior to AAQ treatment, no light responses were observed on the multi-electrode array (MEA) (Figure 5C), which records the activity of dozens of RGCs in vitro. After treatment with AAQ, we observed a dramatic increase in RGC activity upon stimulation with 380 nm light, which could be turned off by subsequent 500 nm illumination (Figure 5D) (Polosukhina et al., 2012). This pattern of AAQ-mediated light responses was opposite to what we had previously observed in cultured neurons, where 380 nm light usually decreases neuronal excitability (Figure 2A). By applying pharmacological synaptic blockers, we determined that AAQ photosensitized all remaining retinal cell types, including the inhibitory amacrine cells. After blockade of inhibitory GABAergic and glycinergic inputs, the RGCs increased their activity in 500 nm light, consistent with previous findings from cultured neurons (Polosukhina et al., 2012). The photo-control of inhibitory amacrine synaptic drive thus appears to be the major contributor to light-dependent RGC activity after AAQ treatment.

Amazingly, intraocular injection of AAQ could also restore visually guided behaviors in rd1 mice in vivo. After the injection, previously blind mice displayed light aversive locomotory behavior in a turning assay. Additionally, these mice regained a light-driven pupillary light reflex. Finally, AAQ-injected rd1/rd1 mice displayed light-dependent changes in locomotory activity in an open-field assay. The ability of AAQ to restore light perception to blind mice in vivo makes the PCL approach a promising potential therapy for end-stage retinitis pigmentosa and age-related macular degeneration. Novel Kv PCLs such as DENAQ and PHENAQ (Mourot et al., 2011) have a red-shifted absorption spectrum and faster thermal relaxation compared to AAQ. These molecules may be better clinical candidates due to their ability to respond to visible rather than UV light and be controlled with a single wavelength of light. Further chemical synthesis and screening of our existing PCL library should allow us to develop compounds with optimal properties for vision restoration—ones sensitive to dim visible light, safe for intraocular use and producing long-lasting photosensitivity in vivo after a single injection.

CHRONIC PAIN

Local anesthetics such as lidocaine are potent silencers of neuronal activity and extremely useful clinical drugs for managing acute pain. However, these drugs are not well suited to the treatment of persistent, chronic pain because (1) they lack specificity for motor vs. sensory neurons and also for different sensory modalities (e.g., touch sensation) (2) block duration or intensity cannot be regulated (Roberson et al., 2011). Because QAQ is selective for pain-sensing neurons, it may block nociception without affecting motor axons or other sensations. Moreover, because QAQ blockade can be precisely modulated by changing light wavelength or intensity, it may be possible to photo-titrate the analgesic effect at will.

QAQ could be administered in combination with capsaicin to selectively block TRPV1-containing nociceptors. A similar strategy has been proposed for the membrane-impermeant lidocaine derivative QX-314, which produces long-lasting selective analgesia (Binshtok et al., 2007; Kim et al., 2010). However, because capsaicin activates TRPV1 channels and produces pain, it may be desirable to target nociceptors by other means (Roberson et al., 2011). In pathological pain conditions, nociceptors become hyperactive. Our experiments with QAQ suggest that the basal activity of TRPV1 channels increases in electrically hyperactive neurons (Mourot et al., 2012). If this is the case, capsaicin may not be needed, and QAQ may be self-targeted to the most active nociceptors, i.e., the ones that need to be silenced the most. This finding may explain why QX-314 alone, which is normally unable to cross neuronal membranes, is effective for recovery after spinal cord injury (Agrawal and Fehlings, 1997) and in animal models of neuropathic pain (Omana-Zapata et al., 1997).

Photoregulation of pain sensation in vivo requires light delivery to the targeted neuronal tissue. Because the terminal endings of nociceptive neurons are located just below the skin, an external light source could be used after topical application of QAQ. The cornea, which is fully transparent and highly-enriched in sensory fibers, is the ideal peripheral target, as evidenced by the potent optical regulation of touch-evoked responses seen in living rats (Mourot et al., 2012). Red-shifted derivatives of QAQ (Mourot et al., 2011) may be more appropriate for the optical regulation of pain deeper in the skin or in internal structures such as the spinal cord, in combination with implanted fiber-optic systems.

CONCLUSION

We have developed multiple one-component PCL and two-component PTL systems for photosensitizing ion channels naturally present in neurons. Both of these strategies work well in vitro and in vivo. Chemical PCLs render many types of neurons sensitive to light within minutes without requiring exogenous gene expression. They are photosensitive pharmacological agents, the activity of which can be rapidly turned on or off with light. As such, they provide a unique means to quickly and precisely reverse the activity of drugs in cases where simple perfusion would be slow, tricky or impossible (e.g., the patch pipette). They are also promising clinical candidates for treating blindness and pathological pain. In contrast, PTLs are highly sophisticated molecular tools that enable the optical control of a defined ion channel in a targeted cell population. This ability to specifically control a given receptor in a defined neuronal population and monitor changes in behavior due to its activation or inhibition should provide an unprecedented ability to uncover the functional connectivity of the nervous system. Our studies will thus be crucial to the design of novel, targeted drugs for treating neurological and neuropsychiatric disorders.
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AAQ, acrylamide-azobenzene-quaternary ammonium; AIS, Axon Initial Segment; BzAQ, Benzylamide-azobenzene-quaternary ammonium; Cav, voltage-gated calcium channel; DENAQ, diethylamine-azobenzene-quaternary ammonium; DREADDs, designer receptors exclusively activated by designer drugs; GABARs, gamma-amino butyric acid receptors; HCN, hyperpolarization-activated cyclic nucleotide-gated; iGluR, ionotropic glutamate receptor; Kir, inward-rectifier potassium channel; Kv, voltage-gated potassium channel; MAQ, maleimide-azobenzene-quaternary ammonium; nAChR, nicotinic acetylcholine receptor; Nav, voltage-gated sodium channel; PCL, photochromic ligand; PhENAQ, phenylethylamine-azobenzene-quaternary ammonium; PrAQ, propyl-azobenzene-quaternary ammonium; PSAM, pharmacologically selective actuator modules; PSEM, pharmacologically selective effector molecules; PTL, photoswitchable tethered ligand; QA, quaternary ammonium; QAQ, quaternary ammonium-azobenzene-quaternary ammonium; RASSLs, receptors activated solely by synthetic ligands; RGC, retinal ganglion cell.
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Optical modulation of neurotransmission using calcium photocurrents through the ion channel LiGluR

Mercè Izquierdo-Serra1, Dirk Trauner2,3, Artur Llobet4 and Pau Gorostiza1,5,6*

1Institute for Bioengineering of Catalonia (IBEC), Barcelona, Spain

2Department of Chemistry and Pharmacology, Ludwig-Maximilians-Universität, Munich, Germany

3Center for Integrated Protein Science, Munich, Germany

4Laboratory of Neurobiology, Bellvitge Institute for Biomedical Research (IDIBELL), L’Hospitalet de Llobregat, Spain

5Catalan Institution for Research and Advanced Studies (ICREA), Barcelona, Spain

6Networking Research Center on Bioengineering, Biomaterials and Nanomedicine (CIBER-BBN), Zaragoza, Spain

*Correspondence:

Pau Gorostiza, Institute for Bioengineering of Catalonia, Edifici Hèlix, Parc Cientïfic de Barcelona, C/ Baldiri Reixac 15-21, Barcelona 08028, Spain.
 e-mail: pau@icrea.cat

Edited by:
Piotr Bregestovski, Aix-Marseille Université, France

Reviewed by:
Claire Wyart, Brain and Spinal Cord Institute, France

Fabio Benfenati, University of Genoa, Italy

A wide range of light-activated molecules (photoswitches and phototriggers) have been used to the study of computational properties of an isolated neuron by acting pre and postsynaptically. However, new tools are being pursued to elicit a presynaptic calcium influx that triggers the release of neurotransmitters, most of them based in calcium-permeable Channelrhodopsin-2 mutants. Here we describe a method to control exocytosis of synaptic vesicles through the use of a light-gated glutamate receptor (LiGluR), which has recently been demonstrated that supports secretion by means of calcium influx in chromaffin cells. Expression of LiGluR in hippocampal neurons enables reversible control of neurotransmission with light, and allows modulating the firing rate of the postsynaptic neuron with the wavelength of illumination. This method may be useful for the determination of the complex transfer function of individual synapses.
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INTRODUCTION

The investigation of the computational properties of neuronal circuits has required the development of new methods bringing together the morphological properties and physiological activity of neuronal compartments at increasing resolution. As an example, computation of dendritic structures was established with a combination of electrophysiological and imaging techniques (Nikolenko et al., 2007; Branco and Hausser, 2010). More recently, tools to remotely control the activity of neurons with light have been developed (Boyden et al., 2005; Volgraf et al., 2006; Gorostiza and Isacoff, 2008; Deisseroth, 2011). Now, the combination of optogenetic and electrophysiological methods is allowing to test the causality between structure and function: by selectively activating or silencing specific structures like neuronal compartments, one can assess their impact on the function of a neuron, on the dynamics of a circuit, and on the behavior of an organism (Scanziani and Hausser, 2009).

The computational properties of an isolated neuron can be analyzed by postsynaptic activation with compounds caging neurotransmitters, i.e., caged-glutamate (Araya et al., 2006). However, the study of neuronal circuits requires novel tools to gain control of neurotransmitter release by presynaptic terminals. Besides physiological stimulation using patch electrodes or optogenetic approaches, available methods to stimulate exocytosis of synaptic vesicles are restricted to local application of selective Ca2+ ionophores (e.g., ionomycin), or Ca2+ uncaging (Neher and Zucker, 1993). Dialysis of membrane-impermeant caged Ca2+ (e.g., o-nitrophenyl-ethylene glycol tetraacetic acid, NP-EGTA) and focused light flashes allow constraining Ca2+ release at presynaptic terminals, but this approach is subject to significant intra and inter-experiment variability due to non-homogeneous diffusion of the molecule through the cytoplasm and poor reversibility, thus making this approach virtually non-applicable to a neuronal circuit.

Light-gated ion channels like Channelrhodopsin-2 (ChR2) or the light-gated glutamate receptor (LiGluR) allow optical stimulation with high spatiotemporal resolution. ChR2 has been recently used to map the organization of excitatory connections in the cortex (Petreanu et al., 2009; Mao et al., 2011). LiGluR allows to directly and reversibly control the free concentration of cytoplasmic calcium to trigger regulated exocytosis of large-dense core vesicles in chromaffin cells, showing a comparable efficacy to native voltage-gated calcium channels (VGCCs; Izquierdo-Serra et al., 2012). Calcium-permeable ChR2 mutants have also been identified that should be useful for that purpose (Kleinlogel et al., 2011; Kato et al., 2012). Optical control of calcium influx in neuroendocrine cells opens an experimental window in synapses, as for example, to remotely study the Ca2+ dynamics of the process in presynaptic terminals, to gradually trigger neurotransmission and ultimately to modulate the neuronal firing rate by simply changing the illuminating wavelength. All these possibilities would be supported by the ability of LiGluR to efficiently increase submembranous calcium concentration, without requiring the activation of the whole neuron by depolarization.

Here we exploit the wavelength dependence of LiGluR currents (Gorostiza et al., 2007) to achieve a graded control of calcium influx, in order to modulate the secretory rate in chromaffin cells. We also apply this concept to synaptic transmission, by modulating the firing rate of postsynaptic neurons in a wavelength-dependent manner. This technique allows adjusting the firing frequency in a way that is orthogonal to the control of membrane potential (voltage-clamp), and suggests applications to determine experimentally the frequency-dependent transfer function of individual synapses, that could be useful to model neuronal circuits.

MATERIALS AND METHODS

CHROMAFFIN CELL CULTURE AND INFECTION

Chromaffin cells were isolated from medulla of bovine adrenal glands by enzymatic treatments (O’Connor et al., 2007). Dissociated chromaffin cells were plated at 2.5 × 105 cells well-1 density in Poly-L-lysine treated coverslips. After 1 day, cells were infected using an adenoviral construction carrying the fusion protein GluK2-L439C-eGFP. Amperometry and patch clamp experiments in chromaffin cells were performed after 1–2 days of infection.

HIPPOCAMPAL NEURONAL CULTURE AND CELL TRANSFECTION

Hippocampal neurons from Albino Sprague-Dawley rats (P1–P4) were isolated and cultured as described previously (Halliwell et al., 1989). Experimental procedures were approved by the Department of Environment from the Generalitat de Catalunya and registered under DMAH #5131. Neurons were plated at 5 × 105 per 12-mm diameter coverslip, previously treated with poly-D-lysine and they were incubated at 37°C and 10% CO2. On day 7 to 14 after plating, neurons were transfected with the DNA encoding for GluK2-L439C-eGFP using Lipofectamine 2000 (Invitrogen). Neurons were recorded 2–3 days after transfection.

CONJUGATION OF MAG PHOTOSWITCH

Maleimide-azobenzene-glutamate (MAG) was synthesized as described (Volgraf et al., 2006) and the concentrated stock (10 mM in dimethyl sulfoxide, DMSO) was stored at -20°C. Before all experiments, cells were incubated in absence of light, for 10 min in a Na+-free and low-Ca2+ (0.5 mM) solution with 10–100 μM of MAG (DMSO final concentration <1%) and 0.3 mg mL-1 concanavalin A, to block GluK2 desensitization (Gorostiza et al., 2007).

CARBON MICROFIBER AMPEROMETRY

Catecholamine release was detected using homemade polyethylene-insulated carbon fiber electrodes of 12-μm diameter (Chow and von Rüden, 1995; Dernick et al., 2005). Amperometric electrodes were first tested in a solution containing 5 mM ferricyanide in 0.1 M KCl and pH 6.8. Electrodes displaying a current between 1 and 10 nA at a holding potential of +700 mV were selected, and their integrity was verified by voltammetry (Schulte and Chow, 1996). Only electrodes showing a symmetric oxidation/reduction current response to a symmetric ramp from +700 to -300 mV (scan rate 100 mV s-1) were used to measure exocytosis in chromaffin cells. When necessary, electrodes were freshly cut with a scalpel on a glass surface, and were used for further experiments if the basal current was between 10 and 20 pA (at holding potential +700 mV) in the bath solution. Amperometric current was recorded by applying a holding voltage of +700 mV with an EPC-10 amplifier (HEKA) controlled with Patch Master (HEKA). The sampling rate was 100 kHz and current was filtered with a Bessel Filter set at 30 kHz. After data acquisition, traces were digitally filtered at 1 kHz.

CURRENT-CLAMP RECORDINGS

Recordings of current-clamp under whole-cell configuration were done using an EPC-10 amplifier and Patch Master. Pipettes were pulled from borosilicate glass tubing (Harvard Apparatus) with P-97 puller from Sutter Instruments, with a typical resistance of 3–6 MΩ. Voltage was acquired at a sampling rate of 25 kHz and filtered with a Bessel Filter set at 30 kHz. Membrane voltage was held at -70 mV before switching to current-clamp mode, and the injected current was corrected if basal membrane voltage drifted above -60 mV.

VOLTAGE-CLAMP RECORDINGS

Borosilicate glass pipettes were pulled with a typical resistance of 2–4 MΩ. Voltage-clamp recordings under whole-cell configuration were done using an EPC-10 amplifier and the Patch Master. Cell membrane was clamp at a holding potential (Vh) of -80 mV and current was acquired at a sampling rate of 20 kHz. Before each train of light stimulus a hyperpolarization of -90 mV was applied to later allow leak subtraction to ion currents. For the current density–voltage relationship, the following pulse protocol was used: Vh = -80 mV, test pulses of 20 ms at steps between -100 and +50 mV (10 mV increment), and P/5 leak subtraction protocol. First, neurons were bathed in a physiological solution with 1 μM of tetrodotoxin (TTX, Ascent Scientific). Then, to quantify the VGCC inhibition, the toxin cocktail was directly added to the bath. Toxins get the maximal VGCC block after 15 min, when current density–voltage relationship was measured again from the same neuron.

ILLUMINATION

Illumination was applied to the entire focused field, using a TILL Photonics Polychrome V monochromator through the side port of an IX70 inverted microscope (Olympus) and with a UApo/340, 40×/1.35 objective. Shutter and wavelength were controlled trough EtherNet-COM-1 connection to PC, using TILL Photonics Polychrome V Control (PolyCon) software. The light power measured with light meter model Newport 1916-C placed next to the objective was 0.9 mW mm-2 at 380 nm and 1.7 mW mm-2 at 500 nm.

DATA ANALYSIS

All analysis was done with IgorPro from Wavemetrics. For amperometric spike and action potential (AP) detection and parameter analysis (Mosharov and Sulzer, 2005) Igor Procedures Quanta Analysis macro from Eugene Mosharov laboratory was used (http://www.sulzerlab.org). Data was exported to Matlab to calculate secretion and firing rate with a custom made macro that calculates the number of events per second in 20 ms windows. Statistical tests were done with Matlab. For all groups of data we applied a non-parametric multiple comparison test (Kruskal–Wallis) and a multicompare least significant difference (LSD) test. All data are expressed as mean ± SEM (standard error of the mean, calculated over the number of N).

SOLUTIONS

Composition of physiological bath solution (in mM): 140 NaCl, 2.5 KCl, 1 MgCl2, 10 HEPES 4-(2-hydroxyethyl)piperazine-1-ethanesulfonic acid, 10 glucose, 2.5 CaCl2 at pH 7.42 and 300 mOsm kg-1. The composition of pipette solution for voltage-clamp was (in mM): 120 Cesium methanesulfonate, 10 TEA-Cl (tetraethylammonium chloride), 20 HEPES, 3 Na2 ATP, 1 NaGTP, and 0.5 EGTA, pH 7.2 and 290 mOsm kg-1. In current-clamp recordings, the pipette solution contained (in mM): 130 KCl, 5 MgCl, 3 NA2ATP, 1 NA2GTP, 20 HEPES, 0.5 EGTA, pH 7.2 and 290 mOsm kg-1. In the indicated experiments, the following cocktail of toxins was added to the bath solution: 100 nM ω-agatoxin IVA (and 1 μM ω-conotoxin GVIA from Alomone Labs and 10 μM nifedipine. When indicated, TTX (Ascent Scientific) was added to the bath solution at 1 μM.

All reagents were obtained from Sigma unless otherwise specified.

RESULTS

MAG OPTICALLY GEARS NEUROSECRETION

Neurosecretion can be triggered by light in bovine chromaffin cells expressing LiGluR [LiGluR(+)], due to the calcium photocurrent (Izquierdo-Serra et al., 2012). Light-triggered exocytic events are detected by amperometry (Figure 1A) or by whole-cell membrane capacitance recordings, while keeping the endogenous VGCCs blocked to avoid calcium entry due to depolarization. In order to inhibit the three types of VGCCs expressed in bovine chromaffin cells: Cav1, Cav2.2, and Cav2.1, cells were bathed into a physiological solution containing nifedipine, ω-conotoxin GVIA, and ω-agatoxin IVA (Garcia et al., 2006). Figure 1B shows that a 5-s illumination pulse at 380 nm (red trace), evokes catecholamine release detected as spikes in the amperometric current recording (black trace). The secretory rate (green trace) can be calculated from the amperometric trace and rises up to 2 Hz upon 380 nm light stimulation, gradually decaying once light is switched back to 500 nm. The 380 nm wavelength opens maximally LiGluR and thus triggers a maximal photoinduced secretory rate (Izquierdo-Serra et al., 2012). To gear optical control of neurosecretion, we took advantage of the graded behavior that the MAG photoswitch elicits on LiGluR channels (Gorostiza et al., 2007). As indicated in Figure 2A, the amplitude of cationic currents flowing through LiGluR channels is proportional to the illumination wavelength between 420 and 380 nm, which we used to finely modulate secretion.
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FIGURE 1. Optical triggering of neurosecretion. (A) Diagram of the experimental approach. Secretion upon light stimuli was detected by amperometry in LiGluR(+) chromaffin cells while VGCC where blocked by toxins (Vox, oxidation voltage; SV, secretory vesicle). (B) Amperometric current recording (black plot) from a single LiGluR(+) cell in response to 5 s, 380 nm light pulse (red plot), and the secretory rate (green plot).
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FIGURE 2. Modulation of secretory rate. (A) LiGluR current amplitude can be adjusted with the illumination wavelength: whole-cell patch clamp current responses (black) to light pulses between 500 nm and different UV wavelengths (sequence of pulses of 420, 408, 400, and 380 nm, red plot). (B) The wavelength of light stimuli (red plot) allows adjusting the size of the burst of amperometric spikes (black plot) and thus the maximum secretory rate in each burst (green plot). The exocytosis rate always returns to 0 under 500 nm light, and can be driven reproducibly at 1 or 2 Hz by stepping to 408 or 380 nm, respectively. (C) Plot of the averaged secretory rate in response to 380, 408, and 500 nm light (•, left y-axis, N = 4 cells) measured by amperometry. In gray, photocurrent amplitude dependence on wavelength illumination in LiGluR(+) chromaffin cells measured by whole-cell voltage-clamp (-•-, right y-axis, N = 4 cells). All pairs are significantly different (p = 0.12) and were compared using a non-parametric multiple comparison test (Kruskal–Wallis) and a multicompare LSD test. Error bars indicate ±SEM.



In Figure 2B, secretion was repeatedly triggered with light as in Figure 1, but illuminating alternately at wavelengths producing variable Ca2+ currents, which account for roughly 10% of the measured cationic current (Izquierdo-Serra et al., 2012). The result is illustrated by the amperometric response (black trace) of a single LiGluR(+) cell to this wavelength range, and the calculated frequency (green trace). As can be seen in Figure 2B, secretion was stopped at 500 nm and it could be driven at low (~0.1–0.8 Hz) or high secretory rate (2–4 Hz) depending on whether cells were illuminated at 408 or 380 nm, respectively. The off, low and high rates of neurosecretion were reproducibly alternated.

The plot on Figure 2C summarizes the averaged values obtained from amperometric experiments in several individual chromaffin cells (black). It points out that the light-triggered secretory rate can be directly regulated with the illumination wavelength as a consequence of the control of the photocurrent amplitude (Figures 2A, C in gray).

LiGluR-MEDIATED Ca2+ INFLUX IN THE PRESYNAPTIC NEURON-INDUCED POSTSYNAPTIC ACTION POTENTIALS

Having shown that exocytosis can be triggered and modulated with light by means of LiGluR-mediated Ca2+ influx in chromaffin cells, we aimed at extending such control to neurotransmitter release at chemical synapses.

For that purpose, we expressed LiGluR in rat cultured hippocampal neurons, and stimulated them with light while blocking VGCC-mediated Ca2+ currents as done in the previous experiments in chromaffin cells. LiGluR expression was observed in the soma and in all processes (Figure 3A). Using whole-cell patch clamp in the current-clamp mode, we recorded the membrane potential of non-transfected, LiGluR(-) neuron in the vicinity of a LiGluR(+) neuron and (post)synaptically connected to it (Figure 3B). We aimed to record APs generated at the LiGluR(-) postsynaptic neuron, as a consequence of the neurotransmitter release from the LiGluR(+) stimulated by light. To validate this assay, two control experiments were done. First, in order to rule out that the recorded neuron was expressing any LiGluR, we always verified the absence of voltage-clamped current responses to UV stimulation, discarding the cell when it responded to light. In other control experiments, recording from LiGluR(+) neurons we assessed the efficacy of VGCC block by comparing the current density–voltage relationship before and after adding the toxin cocktail. Before the cocktail the current density–voltage curve presents one peak at -30 mV and one at 0 mV corresponding to the activation of low- and high-threshold Ca2+ channels, respectively. Currents were reduced to less than 10% at 0 mV (due to Ca2+ channels resistant to low ω-agatoxin IVA concentration, 100 nM; Garcia et al., 2006), and 50% at 30 mV with the toxins, and were completely blocked with Cd2+, which corroborates that the remaining currents were due to the presence of Ca2+ channels (Figure 3C). The total charge mobilized by VGCCs and LiGluR can be calculated taking into account that VGCC currents inactivate and that non-desensitizing LiGluR currents have a 10% calcium component (Izquierdo-Serra et al., 2012). Thus, VGCCs (including low-threshold) give rise to a calcium charge of 9 ± 4 pC (N = 21) during 2 s stimulation pulses, which is 10-fold smaller than that of LiGluR during the same time (90 ± 20 pC, N = 11). Under these conditions, and in the presence of physiological bath solution, LiGluR(+) neurons can still be depolarized with light (due to the cationic influx), but APs traveling along axons produce a small Ca2+ entry through VGCCs in comparison to LiGluR. Therefore, the main pathway for Ca2+ influx is controlled by illumination.
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FIGURE 3. LiGluR-mediated Ca2+ influx in the presynaptic neuron-induced postsynaptic AP. (A) LiGluR is expressed in the neuron soma and in all processes, as indicated by fluorescence from green fluorescent protein (GFP) fused to GluK2-L439C under a cytomegalovirus (CMV) promoter (top: bright field image; bottom: GFP). Scale bar, 10 μm. (B) Image of the presynaptic LiGluR(+) neuron (green fluorescence), and the glass pipette recording from a LiGluR(-) postsynaptic neuron in contact with the green one. Scale bar, 10 μm. (C) Quantification of the voltage-gated Ca2+ current inhibition by the toxin cocktail against VGCC in hippocampal neurons. Current density–voltage relationship in absence (gray) and in presence of the toxin cocktail (black) measured in the same neuron. Isolation of the Ca2+ current was obtained by blocking voltage-gated Na+ channels with 1 μM of TTX in the physiological bath solution, where up to 91.6% of the VGCC currents were inhibited (N = 4 cells with cell capacitance between 14.5 and 26.5 pF). Error bars indicate ±SEM. (D) Representative voltage recording from postsynaptic neuron in the presence of VGCC blockers, purple bar indicates 2 s, 380 nm illumination.



We thus proceeded with the experiment described in Figure 3B. A representative trace is shown in Figure 3D. At the beginning of the recording neurons showed a stable membrane potential or few spontaneous AP. During the light pulse of 2 s at 380 nm, a train of APs was generated, and when the light was switched to 500 nm APs were gradually reduced.

We observed a delay between the beginning of the stimulus and the generation of the first AP (see Figure 3D), which was longer (0.74 ± 0.09 s, N = 4 neurons stimulated at 380 nm) that the value that has been reported in hippocampal neurons (100 ms). As discussed in detail for chromaffin cells (Izquierdo-Serra et al., 2012), such delay may arise from poor coupling between LiGluR channels and synaptic vesicles, compared to VGCCs. In these experiments, the calculated firing rate on the current-clamped postsynaptic neuron reversibly switched between 0 Hz under 500 nm and a maximum rate under 380 nm illumination. Maximum frequency ranged from 1.3 to 10 Hz, and was 6 ± 2 Hz (N = 4 neurons) on average. Altogether, these results indicate that the LiGluR-mediated Ca2+ influx in the presynaptic neuron triggers regulated exocytosis of neurotransmitter containing vesicles, thus supporting the generation of postsynaptic APs.

LIGHT-GATED SECRETION AT PRESYNAPTIC TERMINALS SUPPORTS COLOR-MODULATED NEUROTRANSMISSION AND CONTROLS POSTSYNAPTIC FIRING RATE

In order to further test the ability of LiGluR to adjust the excitatory input, neurotransmission was evoked by 380, 408, and 500 nm light wavelengths, which geared exocytosis at different secretory rates in chromaffin cells (Figure 2A). The amount of APs generated by 408 nm illumination was lower than by 380 nm (Figures 4C,B, respectively). The postsynaptic firing rate calculated was 2 and 10 Hz for 408 and 380 nm, respectively, and it changed reversibly and reproducibly according to light wavelength (Figure 4A).


[image: image]

FIGURE 4. Wavelength modulation of postsynaptic firing rate in hippocampal neurons. (A) Alternated illumination at 380 and 408 nm was spaced by a 45-s period under 500 nm to recover resting membrane voltage (red trace). Voltage recording of the APs on the postsynaptic neuron (black trace) and the calculated firing rate (green trace). Note that AP bursts are associated with light stimulation pulses, and the maximum values of firing rate depend on wavelength illumination. (B,C) Two voltage recordings from the same postsynaptic neuron expanded from (A), during illumination at 380 nm (purple bar, up) or 408 nm (blue bar, down). (D) Plot of the averaged firing rate from postsynaptic LiGluR(-) neurons, in response to 380, 408, and 500 nm light pulses (•, left y-axis, N = 4 cells) and photocurrent amplitude of the presynaptic neuron at the same wavelengths measured in LiGluR(+) hippocampal neurons by whole-cell voltage-clamp, following the same protocol described in Figure 2A (-•-, right y-axis, N = 4 cells). **Significantly different from 500 nm with p < 0.05; *significantly different from 500 nm with p < 0.1. All pairs were compared using a non-parametric multiple comparison test (Kruskal–Wallis) and a multicompare LSD test. Error bars indicate ±SEM.



The average of various responses is represented in the plot of Figure 4D, which shows that neurotransmission, assayed through the firing rate, was modulated in proportion to the color of illumination.

DISCUSSION

Light-gated glutamate receptor allows controlling secretion with light in chromaffin cells under physiological extracellular Ca2+ concentrations, as demonstrated by amperometry and membrane capacitance recordings (Izquierdo-Serra et al., 2012). Interestingly, LiGluR allows a color control of secretory events by adjusting the illumination wavelength between 380 and 500 nm (Figure 2B). This maneuver sets the fraction of open channels (cis-MAG) and thus the total Ca2+ influx. At each wavelength, the relative abundance of cis- and trans-MAG results from the relative optical absorption of each isomer because inter conversion between them occurs until a photo stationary state is reached (Fischer, 1967; Gorostiza et al., 2007). In chromaffin cells the control of secretory rate with light wavelength was limited to three “gears”: no secretion, medium and maximum secretion (Figure 2B). Although gating of LiGluR can be finely adjusted by the color of illumination, which would theoretically expand the number of “gears,” our results show that in practice such tuning of neurosecretion is not viable. A plausible explanation resides on the fourth power relationship between neurotransmitter release and extracellular calcium (Dodge and Rahamimoff, 1967). This limitation, however, does not preclude the possibility of using LiGluR to perform a remote color-encoded manipulation of firing rate in neural circuits, which is reminiscent of color-encoding of neuronal identity with the optical probe Brainbow (Livet et al., 2007).

Chromaffin cells constitute a well-established model to study the exocytic processes that occur in presynaptic terminals. We have described conditions under which LiGluR behaves as a light-gated Ca2+ channel that mediates a sufficiently large Ca2+ influx to support regulated exocytosis (Izquierdo-Serra et al., 2012). Furthermore, the exocytic rate can be geared with the wavelength of illumination (Figure 2) and this property can be translated to chemical synapses by utilizing LiGluR as a presynaptic channel (Figure 4). Although other light-gated, Ca2+-permeable channels like ChR2 can support neurotransmitter release by depolarizing individual synapses and activating VGCCs (Petreanu et al., 2009), their application could be improved by directly triggering exocytosis in a wavelength-dependent manner, a possibility that is limited in practice by the reduced conductivity and Ca2+ permeability of ChR2 (Miesenbock, 2009; Li et al., 2012). On the other hand, Ca2+ uncaging to the cytoplasm (Neher and Zucker, 1993) is poorly reversible and less physiologically relevant than Ca2+ entry through the membrane (Denker and Rizzoli, 2010), and cannot be genetically targeted to the cells of interest. Thus, LiGluR stands as the best available method to remotely and reversibly trigger Ca2+-regulated exocytosis in neurons. However, the delay observed between illumination and the first AP points to a weak coupling between LiGluR and synaptic vesicles that leads to slow Ca2+ buildup (Izquierdo-Serra et al., 2012), and/or to the possibility that light-stimulated neurons and recorded neurons in the preparation are connected polysynaptically or indirectly through the network, and thus the observed optical modulation of neurotransmission probably reflects overall changes in the excitability of the network. Future improvements include LiGluR constructs to enhance presynaptic targeting and coupling to synaptic vesicles, and applying them to preparations where LiGluR(+) neurons establish monosynaptic connections. In these conditions, a systematic correlation between photocurrent amplitude and firing rate could be carried out by paired patch clamp recordings of the presynaptic LiGluR(+) and postsynaptic LiGluR(-) neurons. In that way, the wavelength of light may provide analog control on the synaptic strength, without resorting to changes in the extracellular Ca2+ concentration, which affect all synapses in the preparation. Similar progress could be achieved with recently discovered ChR2 variants displaying high permeability to Ca2+ (Kleinlogel et al., 2011), or with rationally designed mutants based on ChR2 structure (Kato et al., 2012), although LiGluR has been reported to provide larger photocurrent, shorter illumination required to fire APs, and lack of desensitization (Szobota et al., 2007). LiGluR also has a larger conductivity and is five times ([image: image1]; Egebjerg and Heinemann, 1993) more Ca2+-permeable than CatCh ([image: image1]; Kleinlogel et al., 2011). In addition, the method based on LiGluR can benefit from synthetic variants of MAG switches with tuned optical properties, as it has been shown for other photoswitches (Mourot et al., 2011).

Understanding the full computational properties of a neuron connected in a circuit requires the characterization of individual synapses by means of the complex transfer function (i.e., with the explicit frequency dependence and not just a measure of “synaptic strength” at low frequencies; Buchanan, 1992; Buchanan et al., 1992; Markram et al., 1998; Abbott and Regehr, 2004). This could be achieved with a large calcium photocurrent channel, by recording the postsynaptic firing pattern in response to a wavelength ramp. Determining the complex transfer function of all synapses in a neuron would allow integrating the overall neuronal transfer function, and lead to cracking neural rate coding.
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Ivermectin is an anthelmintic drug that works by inhibiting neuronal activity and muscular contractility in arthropods and nematodes. It works by activating glutamate-gated chloride channels (GluClRs) at nanomolar concentrations. These receptors, found exclusively in invertebrates, belong to the pentameric Cys-loop receptor family of ligand-gated ion channels (LGICs). Higher (micromolar) concentrations of ivermectin also activate or modulate vertebrate Cys-loop receptors, including the excitatory nicotinic and the inhibitory GABA type-A and glycine receptors (GlyRs). An X-ray crystal structure of ivermectin complexed with the C. elegans α GluClR demonstrated that ivermectin binds to the transmembrane domain in a cleft at the interface of adjacent subunits. It also identified three hydrogen bonds thought to attach ivermectin to its site. Site-directed mutagenesis and voltage-clamp electrophysiology have also been employed to probe the binding site for ivermectin in α1 GlyRs. These have raised doubts as to whether the hydrogen bonds are essential for high ivermectin potency. Due to its lipophilic nature, it is likely that ivermectin accumulates in the membrane and binds reversibly (i.e., weakly) to its site. Several lines of evidence suggest that ivermectin opens the channel pore via a structural change distinct from that induced by the neurotransmitter agonist. Conformational changes occurring at locations distant from the pore can be probed using voltage-clamp fluorometry (VCF), a technique which involves quantitating agonist-induced fluorescence changes from environmentally sensitive fluorophores covalently attached to receptor domains of interest. This technique has demonstrated that ivermectin induces a global conformational change that propagates from the transmembrane domain to the neurotransmitter binding site, thus suggesting a mechanism by which ivermectin potentiates neurotransmitter-gated currents. Together, this information provides new insights into the mechanisms of action of this important drug.
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INTRODUCTION

Ligand-gated ion channels (LGICs) of the pentameric Cys-loop receptor family mediate most of the fast synaptic neurotransmission in the brain. The binding of a neurotransmitter ligand to the extracellular domain of the Cys-loop receptor triggers the opening of an intrinsic ion channel in its membrane-spanning domain, allowing ions to diffuse down their electrochemical gradients across the membrane (Changeux, 2010). As nicotinic acetylcholine receptors (nAChRs) and type-3 5-hydroxytryptamine receptors (5-HT3Rs) are selective for cations, their activation leads to depolarization and neuronal excitation. Conversely, as the pores of receptors for γ-aminobutyric acid and glycine (GABAARs and GlyRs) are selective for chloride, their activation will tend to move the membrane potential rapidly toward the chloride equilibrium potential. Because this lies near to the resting potential in adult neurons, chloride channel activation tends to limit the ability of excitatory stimuli to depolarise the neuron. Drugs that enhance the flux of chloride through inhibitory Cys-loop receptors therefore inhibit neuronal activity in the brain or spinal cord (Rudolph and Antkowiak, 2004).

Invertebrates often express a larger and more diverse array of inhibitory Cys-loop receptor subunits than vertebrates (Jones and Sattelle, 2008; Jones et al., 2010). For example, numerous protostomes express glutamate-gated chloride channel receptors (GluClRs), which are absent in vertebrates (Kehoe et al., 2009). Hence, avermectins and milbemycins, which potently activate GluClRs, lethally depress the nervous and muscular system of GluClR-possessing species (Wolstenholme and Rogers, 2005), and the gold standard avermectin anthelmintic, ivermectin, is a well-tolerated and remarkably successful drug for eliminating parasitic nematodes and insects from mammals (Omura, 2008). Ivermectin also activates vertebrate GlyRs and GABAARs, although less potently than GluClRs (Adelsberger et al., 2000; Shan et al., 2001). Interestingly, its activation of Cys-loop receptors is mechanistically distinct to that of neurotransmitter agonists (Hibbs and Gouaux, 2011). Whereas the latter activate in microseconds currents that are rapidly reversible, early tests with ivermectin showed currents developed over a period of seconds and were irreversible (Fritz et al., 1979; Kass et al., 1980). The distinct actions of ivermectin make it useful for several reasons. It can be used to target vertebrate Cys-loop receptors for novel therapeutic leads for a variety of indications. For example, drugs that enhance the activity of GlyRs may be useful for treating disorders such as spasticity, epilepsy, tinnitus, breathing disorders, and chronic pain (Costa and Diazgranados, 1994; Webb and Lynch, 2007; Eichler et al., 2009; Yevenes and Zeilhofer, 2011). Secondly, receptors engineered to eliminate neurotransmitter sensitivity and increase ivermectin sensitivity may be useful for the pharmacogenetic control of neurons in vivo (Lerchner et al., 2007; Lynagh and Lynch, 2010b). Finally, an understanding of ivermectin binding and activation mechanisms may be useful for understanding the molecular basis of ivermectin resistance in nematode parasite pests (Wolstenholme et al., 2004; Wolstenholme, 2010; Ghosh et al., 2012). Our understanding of ivermectin binding and activation mechanisms has advanced rapidly in the past 12 months, with the publication of a crystal structure of ivermectin bound to the C. elegans α GluClR (Hibbs and Gouaux, 2011) and a systematic site-directed mutagenesis study on ivermectin sensitivity determinants at the α1 GlyR (Lynagh et al., 2011). Thus, it is timely to bring together the knowledge of how ivermectin modulates these channels, in order to facilitate the development of ivermectin-based therapies and neuronal silencing tools.

Consistent with this review forming part of a series entitled “Molecular probes and switches for functional analysis of receptors, ion channels and synaptic networks,” we have focused on the use of fluorescent techniques to probe conformational changes elicited by ivermectin in Cys-loop ion channel receptors.

Cys-LOOP RECEPTOR STRUCTURE AND FUNCTION

The Cys-loop receptor family is diverse, with excitatory receptors for acetylcholine, 5-hydroxytryptamine (5-HT), GABA and zinc, and inhibitory receptors for acetylcholine, 5-HT, GABA, glycine, glutamate, histamine, and even pH (Cully et al., 1994; Ranganathan et al., 2000; Zheng et al., 2002; Beg and Jorgensen, 2003; Schnizler et al., 2005; Collingridge et al., 2009). However, the tertiary structures and overarching mechanisms of activation appear to be highly conserved. Before detailing the molecular mechanisms of ivermectin action on these receptors, it will be useful to understand the common structural and functional features of the family.

Functional Cys-loop receptors are formed by the assembly of five of the same (homomer) or different (heteromer) subunits (Figures 1A,B). Each subunit consists of a large extracellular N-terminal domain (ECD), four membrane-spanning helices (M1–M4) that constitute the transmembrane domain (TMD) and a short extracellular C-terminal domain. The ECD consists of 10 β-strands; the loop between the sixth and seventh is constrained by a disulfide bond between two highly conserved cysteine residues, giving the family its name. The subunits are arranged with five-fold symmetry, such that the M2 helices from each subunit are located centrally, forming the channel pore (Figure 1). The amino acid composition of the M2 helix thus determines the ion selectivity and conductance properties of the channel (Imoto et al., 1988; Galzi et al., 1992; Keramidas et al., 2000, 2002). To facilitate the comparison of different subunits, a common numbering system is used for M2 amino acid positions, starting with 0′, a highly conserved positively charged amino acid near the intracellular C-terminal end. Moving outwards through the pore, positions 2′, 6′, 9′, 13′, and 16′ line the pore of most Cys-loop receptor channels, according to their accessibility to hydrophilic reagents and recent crystal structures (Akabas et al., 1994; Cymes et al., 2005; Hibbs and Gouaux, 2011). At the –1′ position, cationic Cys-loop channels generally possess a negatively charged amino acid, whereas anionic channels possess a neutral residue (Galzi et al., 1992).


[image: image]

Figure 1. Cys-loop receptor structure. The homomeric α GluClR from C. elegans viewed (A) from the extracellular space and (B) from within the membrane plane. Individual subunits are shown in different colors. (A) depicts the symmetrical arrangement of both the extracellular domains and, centrally, of the M2 helices. These images are based on the original X-ray crystallographic structure of 3.3 Å resolution (PDB ID 3RHW), which was achieved by complexing the GluClR with an antigen-binding fragment, ivermectin and lipids, and represents an activated, open-channel state (Hibbs and Gouaux, 2011). The present images were produced using PyMOL (Schrödinger, LLC). (C) Two adjacent subunits from (B), indicating functionally significant parts of the Cys-loop receptor subunit. Green side chains indicate α GluCl residues that bind the agonist glutamate (Hibbs and Gouaux, 2011). As in most Cys-loop receptors, the agonist binding residues are located in loops A-C from the principal subunit and loops D-G from the complementary subunit, as indicated. Within the principal subunit, loop 2 (1), the conserved Cys-loop (2), the pre-M1 domain (3), and the M2-M3 linker (4) are shown in magenta; these structures physically couple agonist binding to channel opening (see text). Blue side chains in both subunits indicate conserved 9' hydrophobic residues (upper) and the 0′ basic residues (lower) that control channel conductance and ionic selectivity.



NEUROTRANSMITTER ACTIVATION MECHANISMS

By the early 1990's the genes for most human Cys-loop receptor subunits had been cloned, enabling the expression of recombinant receptors of known identity in mammalian cells and oocytes. This in turn facilitated their examination by patch-clamp electrophysiology (in the case of mammalian cells) or two-electrode voltage-clamp electrophysiology (in oocytes). By mutating particular amino acids and testing for loss or gain of function, much knowledge has accumulated on the molecular mechanisms of ligand binding, ionic selectivity, and receptor gating. Interpretation of these functional data is now aided by X-ray crystallographic structures of molluscan acetylcholine binding proteins (AChBPs), pentamers that resemble the ECD of the nAChR (Brejc et al., 2001), a GluClR crystal structure from C. elegans (Hibbs and Gouaux, 2011) and an electron micrographic structure of the nAChR (Unwin, 2005). X-ray crystallographic data on two presumably closed- and open-state bacterial homologs, ELIC, and GLIC, also inform hypotheses on Cys-loop receptor activation mechanisms (Hilf and Dutzler, 2008; Bocquet et al., 2009). In the metazoan receptors, the agonist binding site is at the interface of ECDs from two adjacent subunits. It is formed by three loops A–C of the principal face and three to four loops (or rather β-strands) D–G of the complementary face (Figure 1C). Substitutions of residues in these loops in nAChRs, 5-HT3Rs, GABAARs, GlyRs, and GluClRs thus cause large decreases in agonist sensitivity (Galzi et al., 1991; Amin and Weiss, 1993; Rajendra et al., 1995; Li et al., 2002; Hazai et al., 2009). Several important ligand-binding residues are indicated in green in Figure 1. Following ligand binding, a wave of conformational changes proceeds away from the binding site toward the channel gate (Purohit et al., 2007) and numerous mutagenesis studies have implicated amino acids involved in mediating these conformational changes (Miller and Smart, 2010; Thompson et al., 2010).

Cysteine cross-linking in the GABAAR ECD and analysis of AChBP and nAChR structures in liganded and unliganded conformations suggest that upon ligand binding, loops C and B of the principal ligand binding face move toward the complementary face and around the agonist (Wagner and Czajkowski, 2001; Hansen et al., 2005; Unwin, 2005). Structural analyses and molecular dynamics simulations suggest that this clockwise movement of ECDs (when the pentamer is viewed from above, as in Figure 1A) is coupled to a counter-clockwise rotation of TMDs (Taly et al., 2005; Bocquet et al., 2009). There are several obvious physical pathways along which the ECD movement might cause TMD movement. β-strand 10, which forms Loop C with β-strand 9, is linked via the “pre-M1 domain” to M1 of the TMD (Figure 1). Loops D and G (β-strands 2 and 1) form “loop 2” which dips toward the TMD, making close contact with the “M2–M3 linker.” Finally, the conserved Cys-loop that connects Loops E and B (β-strands 6 and 7) dips well into the helical bundle of the individual subunit. Mutations in these domains often alter the ability of bound ligand to activate the channel, because they disrupt a specific set of ionic and hydrophobic links formed across the interface of the ECD and TMD (Kash et al., 2003; Grutter et al., 2005; Lee and Sine, 2005; Xiu et al., 2005; Pless et al., 2011).

The closed channel is narrowest near its middle, where the side chains from highly conserved M2 9′ leucine residues form a hydrophobic girdle (Miyazawa et al., 2003; Hilf and Dutzler, 2008). In defining how this gate is opened, various groups have suggested that the M2 helices either rotate (Unwin, 1995; Horenstein et al., 2001), move apart without rotating (Akabas et al., 1994; Cymes et al., 2005; Paas et al., 2005) or tilt tangentially to the pore (Taly et al., 2005). Static pictures of the closed and open states, as revealed by crystal structures, show the upper halves of the M2 helices transitioning away from the pore axis in the open state, such that the pore restriction remains at the −2′ and +2′ side chains (Bocquet et al., 2009; Hilf and Dutzler, 2009; Hibbs and Gouaux, 2011). This seems consistent with the role of this region in forming the ion selectivity filter because the charge filtering property of the pore is critically dependent upon its diameter (Galzi et al., 1992; Keramidas et al., 2004; Cymes and Grosman, 2011). It is important to note, however, that these crystal structures depict ivermectin- or proton-bound receptors, neither of which is a conventional ligand. Thus, an agreement on the structures of the resting closed and the transmitter-induced open states, or the mechanism by which the channel transitions from one state to the other, has not been reached.

THE IVERMECTIN BINDING SITE IN Cys-LOOP RECEPTORS

Ivermectin comprises a mixture of 22,23-dihydroavermectin B1a and B1b in a 80:20 ratio. These compounds differ in structure only at C25, a part of the molecule not involved in binding. Given the greater abundance and nematicidal efficacy of avermectin B1a (Crump and Omura, 2011), it is conventional to refer to the above mixture as “ivermectin” and this usage will be adopted here. Ivermectin directly activates GlyRs, GluClRs, and GABAARs, generally via a mechanism that is either irreversible or very slowly reversible (Cully et al., 1994; Etter et al., 1996; Adelsberger et al., 2000; Shan et al., 2001; Hibbs and Gouaux, 2011). In addition, at concentrations that are too low to produce direct activation, ivermectin also potently enhances neurotransmitter-gated currents (Cully et al., 1994; Huang and Casida, 1997; Shan et al., 2001). Ivermectin has not been shown to influence 5-HT3R activity, although at high (30 μM) concentrations it potentiates α7 nAChRs (Krause et al., 1998; Raymond et al., 2000; Collins and Millar, 2010).

It was first proposed many years ago that ivermectin might interact with the TMD channel domain of Cys-loop receptors (Pong and Wang, 1982; Martin and Kusel, 1992). However, the molecular determinants of ivermectin binding have only recently been identified. Hibbs and Gouaux have described at high resolution ivermectin bound to the homomeric α GluClR from C. elegans (Hibbs and Gouaux, 2011). Ivermectin binds at the TMD interface of two adjacent subunits, wedged between M3 from the principal subunit (“M3(+)”) and M1 from the complementary subunit (“M1(−)”) (Figure 2A). The benzofuran head of ivermectin is orientated toward the pore, such that the C5-hydroxyl of ivermectin forms a hydrogen bond with the hydroxyl side chain of a serine residue at the M2(+) 15′ position (Figure 2B). The C7-hydroxyl of ivermectin forms a hydrogen bond with the backbone carbonyl of an M1 leucine (218) residue, but is also close enough to the carbonyl oxygen at the C1 position of ivermectin to form a hydrogen bond with the latter (Figure 2B). The spiroketal is oriented toward the cytoplasm with a hydrogen bond between a spiroketal oxygen and the hydroxyl side chain of an M3 threonine (285). The disaccharide remains outside the binding cleft in contact with the surrounding lipids and the protein surface. There are an additional twelve van der Waals interactions between ivermectin and M3(+), M2(+), and M1(−) residues.
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Figure 2. The ivermectin binding site in the C. elegans α GluClR crystal structure. (A) The GluClR pentamer viewed from within the membrane plane, with ECDs removed for clarity. At one subunit interface, the residues that contact the bound ivermectin molecule are indicated in green, showing that ivermectin binds to the receptor in the outer half of the membrane. (B) Ivermectin (blue) bound to a subunit interface. Ivermectin forms hydrogen bonds (red dashed lines) with (+)M3 threonine 285, (+)M2 serine 15′ and the backbone carbonyl oxygen of (−)M1 leucine 218 (Hibbs and Gouaux, 2011). The orange dashed line indicates the 2.6 Å proximity of the C7 hydroxyl oxygen and the C1 carbonyl oxygen of ivermectin. Green indicates residues proximal to ivermectin, indicative of hydrogen bonds or van der Waals interactions. Purple indicates residues equivalent to those in the α1 GlyR (GlyR M3 leucine 291, M2 threonine 12′, M1 leucine 233) whose substitution by tryptophan causes ivermectin to act as an inhbitor (Lynagh et al., 2011). Orange indicates residues (GluClR (+)M3 glycine 285 and (−)M1 223) that contribute van der Waals interactions in the GluClR and whose substitution for larger residues decreases ivermectin sensitivity in the α1 GlyR (the (−)M1 residue) or in both α 1 GlyR and the H. contortus α3B GluCl (the (+)M3 residue) (Lynagh and Lynch, 2010b; Lynagh et al., 2011). This figure uses the same PDB file and software as Figure 1.



Mutagenesis experiments, combined with an homology model based on the C. elegans α GluClR, reveal a similar binding orientation for ivermectin in GlyRs. In the α1 GlyR, M3(+) Ala288Phe and M1(−) Pro230Trp mutations were unique in that they decreased both the direct agonist and potentiating effects of ivermectin, singling out these two residues as possible determinants of ivermectin binding (Lynagh et al., 2011). Indeed, Ala288 and Pro230 are equivalent to two of the α GluClR residues identified by Hibbs and Gouaux as being involved in van der Waals interactions with the ivermectin backbone macrocycle. Functional experiments have shown that mutations to Ala288 in the α1 GlyR, or to the corresponding residue in the α3B GluClR, have a particularly strong influence on ivermectin potency (Lynagh and Lynch, 2010a). For example, if a glycine residue exists at this site, as in the unmutated α3B GluClR or the Ala288Gly mutant α1 GlyR, the recombinant receptors show an ivermectin agonist EC50 around 40 nM. Alternately, if there is an alanine residue at this site, as in the Gly329Ala mutant α3B GluClR or in the unmutated α1 GlyR, the recombinant receptors show an EC50 of 1.2 μM. Larger substitutions at this position abolish activation in both receptors (Lynagh and Lynch, 2010a). The Gly323Asp mutation, at the equivalent position to Ala288, in the α GluClR of the acarid, Tetranychus urticae, results in avermectin resistance in this otherwise avermectin-sensitive species (Kwon et al., 2010). Surprisingly, computational docking of ivermectin to a structural homology model of the mutant Ala288Gly α1 GlyR predicts an ivermectin binding conformation almost identical to that at the unmutated α1 GlyR, suggesting that the ivermectin binding on-rate, rather than its binding energy, is altered by this mutation (Lynagh et al., 2011). Taken together with the site-directed mutagenesis information described above, this suggests large side chains at the Ala288 equivalent position constitute a barrier to ivermectin accessing its site, but once ivermectin does bind the conformation is not affected by the side chain at this position. The binding of tritiated milbemycin A4 (similar to ivermectin but without the disaccharide) to the α3B GluClR was recently shown to be abolished by the Gly—Asp at the position corresponding to Ala288 (Yamaguchi et al., 2012).

Hibbs and Gouaux suggested that ivermectin binding wedges apart M3(+) and M1(−) helices in such a way as to move the M2 helix from its resting closed state; the C5-hydroxyl/M2(+) 15′ hydrogen bond then serves to stabilise the M2 helix in its open state. This is a mechanistic explanation of refreshing tangibility. It could also explain the reduced nematicidal potency of avermectins lacking the C5-hydroxyl (Michael et al., 2001) and the finding that selamectin, which incorporates a C5-oxime, does not activate the GlyR (Lynagh et al., 2011). However, this and the other hydrogen bonds in the C. elegans α GluClR might not be conserved in other highly ivermectin-sensitive Cys-loop receptors. For example, potent ivermectin activation is still observed at the Ser15′Ile mutant α1 GlyR (Lynagh et al., 2011) and at GluClRs that naturally incorporate non-hydrogen bonding side chains at the M2(+) 15′ and/or M3(+) Thr285 (α GluClR numbering) positions (Cully et al., 1996; Forrester et al., 2003; Njue et al., 2004; McCavera et al., 2009). Finally, C5-hydroxyl-substituted milbemycins do not suffer the same loss of potency as C5-hydroxyl-substituted avermectins (Tsukamoto et al., 1991). It may be space at the M3(+)/M1(−) interface, rather than hydrogen bonds, that most crucially determine avermectin and milbemycin potency.

Ivermectin also potentiates the P2X4 subtype of ionotropic ATP-gated ion channels, although it does not produce direct activation in the absence of ATP (Khakh et al., 1999). These receptors belong to a distinct structural family of ion channels that is comprised of three subunits. Tryptophan scanning mutagenesis of P2X4 receptors suggests that ivermectin binds at the lipid-protein interface, possibly in a cleft between adjacent transmembrane α-helices (Silberberg et al., 2007). However, the location of the ivermectin binding site has not yet been addressed in the context of the recent crystal structure of a zebrafish P2X4 receptor (Kawate et al., 2009).

DOES IVERMECTIN BIND REVERSIBLY?

There are two possible mechanisms to explain the apparent irreversible activation by ivermectin of GlyRs, GluClRs, and GABAARs. One is that it binds irreversibly, or covalently, to the receptor. In this scenario, low ivermectin concentrations should eventually occupy all sites and thus should eventually elicit maximal receptor activation. However, covalent interactions between ivermectin and its site are not evident in the GluClR crystal structure, nor would they be expected to exist given the chemical properties of ivermectin. The alternative explanation is that, due to its lipophilic nature, ivermectin partitions into the membrane where it reaches a high local concentration. Thus, much of the binding energy of ivermectin could derive from the non-specific free energy of membrane partitioning, with the actual ligand-channel interaction being quite weak and thus reversible (Lee and MacKinnon, 2004). Consistent with this model, ivermectin has been shown to partition into phospholipid vesicles with an estimated mole fraction partition coefficient of 104 (Bloom and Matheson, 1993; Silberberg et al., 2007).

Single channel kinetic analysis is a direct method for assessing the reversibility of a binding interaction. Each time a neurotransmitter agonist binds to a Cys-loop receptor it induces a stochastic “burst” of single channel activity. The burst terminates once the agonist dissociates from the channel. Thus, analysis of both the burst duration and the inter-burst duration (i.e., the length of time between bursts) will allow one to determine the rates at which the agonist binds and unbinds from its site (Mortensen and Smart, 2007). It follows that if ivermectin binds irreversibly, then it should induce an irreversible burst of channel activity. Alternately, if ivermectin binds reversibly, then it should activate short stochastic bursts of activity. It may not be straightforward to discern between these mechanisms if multiple channels are present in a single patch. This is exemplified in a study of ivermectin on muscle membrane from the nematode Ascaris suum. Ivermectin initially induced the activation of a single channel, although the number of active channels increased over time to the extent that single channel activations could no longer be detected (Martin and Pennington, 1989). Adelsberger (Adelsberger et al., 2000) compared the effects of ivermectin and GABA at mammalian α1β2γ2 GABAARs. They showed by whole-cell recording that the rise-time and decay of ivermectin-activated currents were markedly slower than those of GABA-activated currents. Their single channel kinetic analysis revealed that ivermectin did not differ from GABA in terms of the two observed opening rate constants, although groups of openings were markedly longer in the presence of ivermectin. Thus, although ivermectin induces no desensitization and dissociates at a slower rate than GABA, ivermectin-induced single channel bursts were reversible, supporting the idea of ivermectin accumulating in the membrane and binding reversibly to the channel.

IVERMECTIN ACTIVATION MECHANISMS

Several lines of evidence suggest that ivermectin and glycine activate the GlyR via structurally distinct mechanisms. First, ivermectin potently activates GlyRs that are completely desensitized to glycine (Shan et al., 2001). Second, ivermectin- and glycine-mediated currents exhibit distinct pharmacological properties, implying different activated conformations (Shan et al., 2001; Pless et al., 2007). Third, mutations that eliminate glycine sensitivity frequently have little or no effect on ivermectin sensitivity and vice versa (Shan et al., 2001; Lynagh and Lynch, 2010a; Lynagh et al., 2011). Finally, voltage-clamp fluorometry (VCF) experiments, to be described in further detail below, show that conformational changes induced by the two ligands are distinct (Pless et al., 2007; Wang and Lynch, 2012). However, to date there has been no systematic attempt to integrate these observations into a structural model of ivermectin activation.

A mechanistic explanation as to why M3 movement should have an effect on M2 to open the channel has recently been suggested on the basis of experiments conducted on the bacterial Cys-loop receptor homolog, GLIC. Mutagenesis and molecular dynamics simulations of GLIC show that proton binding to an M2 histidine side chain strengthens interactions between M2 and M3 helices within a subunit (Wang et al., 2012). The authors propose that this enables the concerted rigid body movement of M2 and M3 helices which favors an open channel state, whereas in the proton-free closed channel state, M2 is decoupled from M3. Similarly, ivermectin binding to Cys-loop receptors might enable a similar coupling of M2 and M3 helices; if the wedging apart of M3(+) and M1(−) serves to “drag” M2 helices away from the pore axis in a concerted M3/M2 conformational change, this might provide an explanation for why mutations in the M2–M3 linker decrease the direct agonist potency and not the efficacy with which ivermectin potentiates neurotransmitter-gated currents (Kane et al., 2000; Lynagh et al., 2011). In the potentiation of GluClRs, GlyRs, and GABAARs by ivermectin (Cully et al., 1994; Huang and Casida, 1997; Shan et al., 2001), wedging apart M3(+) and M1(−) might decrease the energy required for neurotransmitter agonists to effect M2 movement; in the activation of these channels, a subsequent coupling of ivermectin and M2 or of M2 and M3 might be required for direct activation. Similar mechanisms might underlie the potentiation and activation of GABAARs and GlyRs by the anaesthetic etomidate (Pistis et al., 1997), which binds in the same cleft as occupied by ivermectin (Li et al., 2006; Chiara et al., 2012).

If highly potent activation of the channel by ivermectin requires it to form a hydrogen bond with an M2 residue (Hibbs and Gouaux, 2011), then in most anionic Cys-loop receptors there are several alternate polar side chains other than M2(+) 15′ that could be located close to the C5-hydroxyl of ivermectin to form such a bond. These include the M2(+) 12′, M2(+) 19′, and the M2(−) 14′ positions. The locations of these residues in the ivermectin binding site are shown in Figure 3A and a sequence alignment showing the identity of these residues in various Cys-loop receptor subunits is shown in Figure 3B. Both displayed α GluClR subunits are sensitive to nanomolar ivermectin concentrations whereas the remaining subunits are not. As discussed above, the M3 glycine (shown in orange) is essential for high ivermectin sensitivity. It is also evident that polar sidechains at the positions indicated in blue (i.e., M2(+) 12′, M2(−) 14′, M2(+) 15′, and M2(+) 19′) are essential for high ivermectin sensitivity. Hydrophobic residues (in black) are incompatible with high ivermectin sensitivity, even if an M3-Gly is present. Substitutions at any of these positions in the α1 GlyR either convert ivermectin to an inhibitor of glycine currents or alter ivermectin agonist potency (Shan et al., 2001; Lynagh et al., 2011). It is also notable that α7 nAChRs, which are potentiated but not activated by ivermectin (Krause et al., 1998; Raymond et al., 2000; Collins and Millar, 2010), possess neutral side chains at the 14′, 15′, and 19′ positions (Figure 3B).
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Figure 3. Polar side chains near the ivermectin benzofuran. (A) (+)M3 and (+)M2 from the principal face and (−)M2 from the complementary face of the ivermectin binding site in the α GluClR from C. elegans, as in Figure 2A. Polar side chains close to the bound ivermectin molecule are shown in cyan. The M3-Gly position crucial to ivermectin sensitivity is shown in orange. (B) Amino acid sequence alignment of residues, stretching from M2–12′ to M3-Gly positions. The four cyan side chains from (A) are shown in bold in the alignment, in cyan if polar and in black if neutral. The M3-Gly position is in orange. The α GluClR from C. elegans, the α3B GluClR from H. contortus and the human α1 GlyR are activated by ivermectin Cully et al. (1994); McCavera et al. (2009); Shan et al. (2001), the UNC-49C (co-expressed with UNC-49B) GABA receptor from H. contortus and the human α7 nAChR are not activated but are potentiated by ivermectin (Brown et al., 2012); Krause et al. (1998), and the MOD-1 5-HT receptor from C. elegans is insensitive to ivermectin (Ranganathan et al., 2000).



Maximal activation of Cys-loop channels may require as few as two bound ivermectin molecules. Perhaps the strongest evidence for this comes from experiments on α1β heteromeric GlyRs which most likely exist in a β−α1-β−α1-β subunit arrangement (Grudzinska et al., 2005). When ivermectin binding to the α1 subunit was ablated by the Ala288Phe mutation, heteromeric receptors were completely insensitive to ivermectin (Lynagh and Lynch, 2010a). However, unmutated α1β heteromers exhibit a similar ivermectin potency to α1 homomeric GlyRs (Shan et al., 2001; Lynagh and Lynch, 2010a). This implies that ivermectin maximally activates heteromeric GlyRs by binding only to the two α(+)/β(−) interfaces (Lynagh and Lynch, 2010a).

VOLTAGE-CLAMP FLUOROMETRY TO DETECT IVERMECTIN-INDUCED CONFORMATIONAL CHANGES IN THE ECD

As described above, ivermectin must rearrange the TMD helical organization in order to open the channel. This rearrangement is in turn likely to induce a conformational change in the M2–M3 loop. If this is the case then mutation to the M2–M3 loop, or to the ECD domains that interact closely with it, might be expected to affect ivermectin gating efficacy. Indeed, mutations in the conserved Cys-loop, the M2–M3 linker and the pre-M1 region of GlyRs and GluClRs have been shown to decrease the efficacy with which ivermectin gates the receptor (Kane et al., 2000; Lynagh et al., 2011). At the GlyR, these mutations typically increased ivermectin agonist EC50 values 7- to 14-fold without affecting the potency with which ivermectin potentiated glycine-mediated currents (Lynagh et al., 2011). This suggests that the mutations did not disrupt ivermectin affinity, but rather the efficacy with which it activated the receptor. Indeed, such mutations have been shown to alter ivermectin and milbemycin binding per se to the α3B GluClR (McCavera et al., 2009; Yamaguchi et al., 2012). Given that ivermectin induces conformational changes at the ECD-TMD interface, it is possible that it may “globally” alter the conformation of the entire ECD. Understanding the structural basis of these conformational changes may have implications for understanding the mechanism by which ivermectin potentiates neurotransmitter-gated currents (Cully et al., 1994; Huang and Casida, 1997; Shan et al., 2001) and permits glutamate to bind to the α GluClR (Hibbs and Gouaux, 2011). Voltage- VCF is one useful means of comparing glycine- and ivermectin-induced conformational changes in the ECD.

VCF involves covalently attaching an environmentally sensitive fluorophore to a receptor domain of interest. The first step is to engineer a cysteine into the site of interest in an otherwise cysteine-free protein. The protein, which is usually recombinantly expressed in Xenopus oocytes, is then reacted with a fluorescent reporter conjugated to a sulfhydryl-reactive group, normally a methanethiosulfonate (MTS) or maleimide. Rhodamine derivatives appear to be retaining their popularity as the most widely used fluorophores for these types of experiments. However, many other fluorophores have been successfully used, and fluorophore selection is largely a matter of trial and error (Pless and Lynch, 2008). In our laboratory, we routinely employ four fluorophores and generally only analyse results from one that gives the large fluorescence response at a given labeled site (Pless and Lynch, 2009; Wang and Lynch, 2012).

Although the choice of light source may depend on the spectral properties of the fluorophore, we find that a 100–150 watt halogen lamp gives best results. Xenon and mercury burners can also be used, although these generate increased light noise and their intensity is not as easily controlled. A standard inverted epifluorescence microscope is suitable for most VCF applications (Pless and Lynch, 2008). Electrophysiology can be performed using standard two-electrode voltage-clamp and fluorescence signals can be measured simultaneously using a photomultiplier or photodiode. VCF takes advantage of the fact that the quantum yield of many organic fluorophores is highly sensitive to the chemical nature of their environment. For example, the fluorescence intensity of rhodamine increases with hydrophobicity (Gandhi and Isacoff, 2005). Thus, if a ligand-induced conformational change produces a rearrangement that alters the microenvironment of an attached fluorophore, this may be reported as a fluorescence change. Detecting a conformational change with this technique is one thing: it is another matter entirely to resolve its structural basis. Indeed, the authors are not aware of any study to date that has successfully identified the structural basis of any conformational change as detected by a single fluorescent reporter.

The main advantage of VCF over conventional electrophysiology is that it offers a means of quantitating conformational changes occurring in real time at a domain of interest, distant from the pore, on the external protein surface. Specifically, VCF can provide information about (1) the temporal resolution of domain movements during gating in voltage-gated channels, (2) whether all subunits (e.g., liganded and unliganded) respond similarly during ligand-induced activation, (3) whether different ligands produce different conformational changes in a given subunit. One of the limitations of VCF is that it is difficult to unequivocally determine whether a detected conformational change is part of the gating process or whether it is detecting a peripheral event that does not contribute to the “conformational wave” that induces activation. Single channel kinetic analysis (i.e., patch clamp electrophysiology) provides a definitive means of assessing the contribution of a residue to the channel gating mechanism (Auerbach, 2010).

VCF was recently employed in our laboratory to compare glycine- and ivermectin-induced conformational changes in the α1 GlyR to address two questions: (1) does ivermectin elicit a global conformational change that extends into the ECD and perhaps to the glycine binding site? and (2) are these conformational changes distinct from those elicited by glycine? We investigated 12 cysteine-substituted sites throughout the α1 GlyR ECD that were all known to produce glycine-mediated conformational changes when labeled with rhodamine derivatives (Wang and Lynch, 2012). Most (9/12) of these labeled sites, including those located in glycine binding domain loops C, E, and F (Figure 1C), exhibited robust fluorescence changes in response to glycine binding but no detectable fluorescence change in response to ivermectin binding. An example of a differential fluorescence response for the H201C mutant GlyR is shown in Figure 4A. However, at the remaining three labeled sites (N203C in binding domain loop C, Q67C in binding domain loop D, and V178C in binding domain loop F), ivermectin and glycine both elicited detectable fluorescence changes (Figure 4B). Moreover, it has previously been shown that the L233W mutation converts ivermectin into an antagonist of glycine-gated currents (Lynagh et al., 2011). As shown in Figure 4C, ivermectin-induced a fluorescence response at the N203C-L233W double mutant GlyR indicating that ivermectin elicits a global conformational change even when it inhibits glycine currents. These results indicate that ivermectin induces conformational changes throughout the entire receptor, despite its binding site being located immediately adjacent to the M2 domain which houses the pore gate. By eliciting conformational changes in the neurotransmitter binding site, the results provide a possible explanation as to how ivermectin potentiates neurotransmitter-gated currents (Cully et al., 1994) and permits glutamate to activate the otherwise glutamate-insensitive C. elegans α GluClR (Etter et al., 1996; Hibbs and Gouaux, 2011).
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Figure 4. Examples of glycine- and ivermectin-mediated fluorescence and current responses in mutant GlyRs. Current responses (black) and fluorescence responses (red) were recorded simultaneously from Xenopus oocytes expressing indicated α1 GlyRs. (A) Fluorescence responses induced by glycine, but not ivermectin, in fluorescently labeled H201C mutant GlyRs. (B) Fluorescence responses induced by glycine and ivermectin in fluorescently labeled Q67C mutant GlyRs. (C) Fluorescence responses induced by glycine and ivermectin in fluorescently labeled Q67C, A288G, L233W triple-mutant GlyRs. These mutations convert ivermectin into an antagonist of glycine-gated currents. The figure is modified from Wang and Lynch (2012). Please refer to that paper for full experimental details.



CONCLUSIONS

Ivermectin binds to the TMD of Cys-loop receptors in a cleft formed at the interface between adjacent subunits. A crystal structure of ivermectin binding to the C. elegans α GluClR revealed the existence of hydrogen bonds linking ivermectin and the transmembrane residues, L218, S260, and T285. However, site-directed mutagenesis studies and amino acid sequence analysis on other ivermectin-sensitive anionic Cys-loop receptors revealed that hydrogen bonds with residues equivalent to S260 and T285 are not required for high ivermectin sensitivity at either the α1 GlyR or three other high ivermectin-affinity GluClRs. As the hydrogen bond between the ivermectin C7-hydroxyl with the L218 or equivalent residues is via the protein backbone carbonyl, its existence cannot be readily tested via site-directed mutagenesis. However, this putative interaction requires confirmation given that the ivermectin C7-hydroxyl is also close enough to the carbonyl oxygen at the ivermectin C1 position to form an intra-molecular hydrogen bond.

The slowly reversible (or irreversible) agonist activity of ivermectin is likely to be due to it accumulating in the membrane and binding weakly (i.e., reversibly) to its site. An M3 domain glycine residue at the mouth of the ivermectin binding cleft is essential for low nanomolar ivermectin potency, and indeed a glycine at this position appears to be necessary and sufficient to confer high ivermectin potency to anionic Cys-loop receptors. Despite its functional importance, it is unlikely that bound ivermectin has a significant energetic interaction with this residue when bound to its site. It is more likely that side chains larger than glycine form a physical barrier that inhibits ivermectin from efficiently accessing its site in the cleft. Finally, ivermectin binding opens the channel pore via a structural change that is different to that induced by the endogenous neurotransmitter agonist. However, ivermectin does simultaneously induce a global conformational change that propagates to the neurotransmitter binding site, thus suggesting one mechanism by which ivermectin may potentiate neurotransmitter-gated currents. Together, this information provides important insights into the mechanisms of action of this gold standard anthelmintic drug.
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Defects in glycinergic inhibition result in a complex neuromotor disorder in humans known as hyperekplexia (OMIM 149400) with similar phenotypes in rodents characterized by an exaggerated startle reflex and hypertonia. Analogous to genetic defects in humans single point mutations, microdeletions, or insertions in the Glra1 gene but also in the Glrb gene underlie the pathology in mice. The mutations either localized in the α (spasmodic, oscillator, cincinnati, Nmf11) or the β (spastic) subunit of the glycine receptor (GlyR) are much less tolerated in mice than in humans, leaving the question for the existence of different regulatory elements of the pathomechanisms in humans and rodents. In addition to the spontaneous mutations, new insights into understanding of the regulatory pathways in hyperekplexia or glycine encephalopathy arose from the constantly increasing number of knock-out as well as knock-in mutants of GlyRs. Over the last five years, various efforts using in vivo whole cell recordings provided a detailed analysis of the kinetic parameters underlying glycinergic dysfunction. Presynaptic compensation as well as postsynaptic compensatory mechanisms in these mice by other GlyR subunits or GABAA receptors, and the role of extra-synaptic GlyRs is still a matter of debate. A recent study on the mouse mutant oscillator displayed a novel aspect for compensation of functionality by complementation of receptor domains that fold independently. This review focuses on defects in glycinergic neurotransmission in mice discussed with the background of human hyperekplexia en route to strategies of compensation.
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INTRODUCTION

Synaptic inhibition is mediated by activation of glycine receptors (GlyRs) and γ-aminobutyric acid (GABA) receptors. GlyRs mediate fast inhibitory neurotransmission in the adult spinal cord, which is important for motor control. Functional impairments of spinal GlyRs or associated proteins lead to the rare neuromotor disorder hyperekplexia (Startle disease, Stiff Baby Syndrome, OMIM #149400) in humans with similar phenotypes in rodents. In hyperekplexia, affected neonates exhibit exaggerated startle responses and muscle stiffness following an unexpected acoustic noise or a tactile stimulus, which may result in fatal apnea. During early childhood the muscle tone returns to normal levels, but startling persists into the adulthood (Andermann et al., 1980; Shiang et al., 1993; Becker et al., 2008). Predominantly, single point mutations in the GLRA1 gene encoding the GlyR subunit α1 (GlyRα1) underlie the pathology in humans. Analogous genetic defects have been observed in mice. The mutations are either localized in the α (spasmodic, oscillator, cincinnati, Nmf11) or the β (spastic) subunit of the GlyR. Recently, other animal models of glycinergic dysfunction have been reported in zebrafish (bandoneon, shocked) and cow (CMD2). Among the mouse mutations, spasmodic, spastic, oscillator, and cincinnati harbor spontaneous mutations, the Nmf11 mouse mutant instead results from chemical induction (Buckwalter et al., 1994; Kingsmore et al., 1994; Mulhardt et al., 1994; Ryan et al., 1994; Holland et al., 2006; Traka et al., 2006). These mouse models of GlyR dysfunction have served as excellent systems for studying the pathomechanisms of the corresponding human neurological disease. It turned out, however, that the phenotype in mice is much more severe than in humans, e.g., a functional null allele is lethal in mice (oscillator) but not in humans, arguing for different compensatory mechanisms in both organisms (Tsai et al., 2004; Becker et al., 2006). The response to clonazepam treatment is another example for differences in compensatory effects. In patients, startle attacks are reduced and a normal muscle tone could be reached following clonazepam treatment. The benzodiazepine clonazepam enhances GABA-gated chloride currents upon binding to GABAA receptors exhibiting an up-regulation of GABAergic neurotransmission as one possible compensatory mechanism at least in humans. In contrast, no similar mechanism seems to exist in mice after clonazepam treatment. Here, background effects as well as the existence of other so far unidentified regulatory proteins or modulators of the disease are under discussion (Buckwalter et al., 1994; Becker et al., 2006; Molon et al., 2006). In the two mouse models spastic and oscillator a functional rescue has been shown using different approaches in vitro and in vivo. With a transgenic approach in the mouse mutant spastic the phenotype was rescued by restoring the β expression levels toward sufficient amounts for proper functioning of glycinergic synapses (Hartenstein et al., 1996). Using a complementation strategy, α1 levels came up in spinal cord neurons isolated from homozygous oscillator mice (Villmann et al., 2009a).

This review will discuss the various mouse models of glycinergic disinhibition to understand the pathomechanisms and regulatory pathways of the neuromotor disorder hyperekplexia. With the help of knock-out, and knock-in studies of GlyR subunits, including novel strategies such as rescue experiments new perspectives of pre- or postsynaptic compensation will be elaborated.

GLYCINERGIC SYNAPSES AND NEUROMOTOR BEHAVIOR

Glycinergic neurons appear during development in the vertebrate central nervous system (CNS) from embryonic day 12.5 (E12.5) on in the somata of ventral horn cells in the spinal cord, followed by cells in the dorsal horn one day later (Allain et al., 2006; Chalphin and Saha, 2010). Prominent GlyR immunoreactivity has been also detected in the ventral and dorsal horns of the spinal cord, the spinal trigeminal nuclear complex, the dorsal motor nucleus of the vagus nerve, and the hypoglossal nucleus (Rampon et al., 1996; Baer et al., 2009). Further GlyR expression in the adult CNS has been determined in midbrain, caudal and rostral pons, rostral medulla oblongata, retina, different nuclei of the forebrain, and the cochlea (Greferath et al., 1994; Baer et al., 2003; Waldvogel et al., 2007; Dlugaiczyk et al., 2008).

In early stages of development GABAergic transmission predominates over glycinergic transmission. At this time both neurotransmitters depolarize neurons (Gonzalez-Forero and Alvarez, 2005; Scain et al., 2010). In the neonatal brain many inhibitory synapses initially are mixed GABAergic and glycinergic, which changes during CNS maturation between P5 and P14 depending on the CNS area (Jonas et al., 1998; Kotak et al., 1998). The switch toward glycinergic transmission has been observed in many spinal and brainstem synapses, e.g., in the lumbar spinal cord and in the lateral superior olive of young rodents (Gao et al., 2001; Nabekura et al., 2004; Muller et al., 2006; Scain et al., 2010). But there are also regions in which GABAergic neurotransmission dominates in the developing brain for example in the collicular neurons (Meier et al., 2002).

Important in the maturation of ventral inhibitory synapses are the developing interneurons (e.g., IaIN, V2b, Renshaw cells), which possess diverse roles in shaping locomotor patterns. These interneurons are assigned to enable reciprocal (Ia inhibitory neurons), feedback (Renshaw cells), and feed-forward (presynaptic sensory) inhibition (Figure 1) (Siembab et al., 2010). Compared to other ventral interneurons, Renshaw cells become greatly potentiated inhibitory synaptic inputs during postnatal development as a consequence of functional adaptation. Renshaw cell-mediated recurrent inhibition allows the control of the dynamic behavior of motoneuron (MN) firing (Gonzalez-Forero and Alvarez, 2005; Alvarez and Fyffe, 2007). Neuromotor behavior is fine-tuned by recurrent inhibition, which involves the action of GlyRs binding the inhibitory neurotransmitter glycine. The activation of GlyRs leads to chloride influx and therefore hyperpolarization of the motoneuronal membrane restoring the balance between excitation and inhibition (Figure 1). This feedback circuit emphasizes the importance of glycinergic inhibition in the adult spinal cord and brainstem.
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FIGURE 1. Nerve-muscle circuit. (A) Following an acoustic signal or a tactile stimulus, sensory neurons (red), which are located in dorsal root ganglia, release glutamate that binds to appropriate receptors localized at the motoneuronal membrane (yellow), thereby leading to membrane depolarization. The motoneuron fires action potentials toward the neuromotor endplate where the signal is transmitted again via an excitatory (nicotinic) neurotransmitter acetylcholine. The efficiency of the system is enabled by the action of glycine receptors. Inhibitory interneurons (orange, IaIN, or Renshaw cells) in the spinal cord get activated by either acetylcholine released from collateral axons of the motoneuron or glutamate released from primary afferents, form inhibitory synapses with the membrane of motoneurons. Renshaw cells release glycine that binds to the GlyRs localized at the motoneuronal membrane leading to hyperpolarization of the membrane. Thus, functional GlyRs lead via the feedback control loop to only that amount of acetylcholine release, which is sufficient to reach the threshold for an action potential that propagates along the muscle fiber. (B) GlyRs are localized at the postsynaptic membrane in a pentameric receptor configuration of 2α and 3β subunits. The intracellular scaffold protein gephyrin clusters the GlyRs at the membrane thereby forming a hexagonal lattice structure. The activation of voltage-gated calcium channels present in the presynapse lead to calcium influx. As a consequence, mixed GABA/glycine vesicles fuse to the presynaptic membrane and release their content into the synaptic cleft. Following binding of glycine to the GlyR, a conformational change leads to ion channel opening and chloride ion influx.



Disturbances in GlyR inhibition due to a single amino acid substitution in one of the GlyR subunits give rise to a different MN-firing pattern associated with overactivation of the muscle and muscle stiffness. Such symptoms are observed in patients suffering from hyperekplexia. These patients carry a mutant allele with either a single nucleotide polymorphism (SNP) leading to an amino acid exchange at the protein level, deletions of various exons or nonsense mutations (Harvey et al., 2008). Dominant mutations have been shown to result in differences in physiological properties of the ion channel itself. The majority is localized within the ion channel domain itself and adjacent loop structures (Lynch et al., 1997). Recessive mutations showed up with a disturbed biogenesis with regard to trafficking and accumulation in the endoplasmic reticulum. In addition, the stability of these mutants is highly affected (Villmann et al., 2009b). In homozygous mutant mice point mutations within the Glra1 and the Glrb gene result in similar phenotypes with typical startle attacks, massive tremor and rigidity from postnatal day 15 on. This has been shown for spontaneous mouse mutants as well as for knock-in animals carrying point mutations that were identified in human patients (Findlay et al., 2003; Borghese et al., 2012). Between postnatal days 15 and 21 the disease is highly progressive and lethal for the majority of mutants. The lethal phenotype has been noted for mutations in the α1 and β subunit, both of which are part of the adult receptor complex. In contrast, α2 or α3 knockout animals do show a rather mild phenotype (Harvey et al., 2004; Young-Pearse et al., 2006). Thus, compensatory mechanisms get rather initialized by a complete loss of protein function than following the expression of misfolded receptor proteins accumulating in the cell, respectively.

GLYCINE RECEPTORS—LIGAND-GATED CHLORIDE CHANNELS

GlyRs are members of the superfamily of Cys-loop receptors (CLRs) as the nicotinic acetylcholine receptors, the 5HT3 receptor, and GABAA/C receptors (Lynch, 2009). The overall topology of a single subunit with a conserved disulphide bridge in the N-terminus is common to all members of the CLR family (Lynch, 2004). Characteristic features are a short C-terminus and a highly structured N-terminus, which exhibits a high homology to the acetylcholine binding protein of the pond snail Lymnea stagnalis, whose structure was solved by X-ray crystallography with a resolution of 2.7 Å (Brejc et al., 2001). The N-terminal domain displays an immunoglobuline-like structure characterized by a short α-helical domain in the far N-terminus followed by 10 β-sheets. Meanwhile, the X-ray structure of other members of the CLR superfamily has been solved, e.g., GLIC and ELIC (Hilf and Dutzler, 2008, 2009; Bocquet et al., 2009), two members of prokaryotic origin, and the GluCl, a glutamate-gated chloride channel from C. elegans with 34% protein identity to the GlyR structure (Hibbs and Gouaux, 2011). Furthermore, each subunit comprises 4 transmembrane domains (TMs) connected by intra- or extracellular loop structures. TM2 forms the ion channel pore. The highest diversity among GlyR subunits and also among different families of CLRs lies in the large TM3-4 loop. This loop is thought to be important for biogenesis and posttranslational modifications (Sadtler et al., 2003; Breitinger et al., 2009; Villmann et al., 2009a).

Upon agonist binding toward the ligand-binding cavity (Brejc et al., 2001; Unwin, 2005) an intrinsic chloride channel opens. The structural data have shown that amino acids from N-terminal loop structures, loops A, B, and C from one subunit (plus side or principal face) together with loops D, E, and F from another subunit (minus side or complementary face) form the ligand binding cavity between different subunits. The adult receptor channel complex consists of 5 subunits assembling into a rosette-like heteropentamer of two α and three β subunits both of which are involved in ligand binding (Grudzinska et al., 2005; Dutertre et al., 2012). The opening of the GlyR ion channel pore follows a ligand-induced (starting with the highest affinity: glycine > β-alanine > taurine) transition process (Lynch, 2004).

GlyR SUBUNIT DIVERSITY AND DEVELOPMENTAL REGULATION

At present four GlyRα-subunits encoded by different genes are known, as well as one single β-subunit. Alternative splicing of the α subunits as well as the β-subunit results in further diversity of GlyR complexes (Malosio et al., 1991a; Kuhse et al., 1993; Nikolic et al., 1998; Harvey et al., 2004; Heinze et al., 2007; Oertel et al., 2007).

GlyRα1 exists in two splice variants (α1ins described for rat, mice, and humans) with one harboring additional 8 amino acids in the TM3-4 loop (Malosio et al., 1991a; Strausberg et al., 2002). Both α1 variants do not differ in physiological characteristics in transfected cell lines. The α1 subunit mRNA in rats is first detectable at postnatal day 5 and increases constantly into the adulthood (Malosio et al., 1991b; Sato et al., 1991). The expression of the α1 is most prominent in brain nuclei and spinal cord; some immunoreactivity was observed in the superior and inferior folliculi and regions of the hypothalamus and in the thalamus (Sato et al., 1991). The mRNA of α2 has been detected first around embryonic day E15 and decreased after birth (Malosio et al., 1991b). Originally, a developmental switch from a neonatal isoform GlyRN composed of α2 homomers to the adult isoform (GlyRA) α1β heteromers was postulated. This switch was proposed to be complete by postnatal day 20. For GlyRα2 also two alternative splice variants with alternative exons 3 have been described, either exon 3A or 3B. The resulting proteins differ in only two amino acid residues in the extracellular N-terminal part of the receptor (Kuhse et al., 1991). Recent findings suggest that the α2 expression persists into adulthood in retina, cerebellum, and auditory brain stem (Piechotta et al., 2001; Young and Cepko, 2004; Heinze et al., 2007; Nobles et al., 2012). GlyR3α also exists in two splice variants, differing in a 15 amino acid insertion in the TM3-4 loop (α3L and α3K). Both variants show similar distribution which is comparable to the α1 subunit, but with significantly less intensity. In contrast to the α1 splice isoforms α3L and α 3K differ in ion channel properties, e.g., in desensitization behavior with α3K forming fast desensitizing channels and α3L representing the slower desensitizing receptor complexes (Nikolic et al., 1998). In addition, RNA editing has been shown to increase the diversity of GlyRα3 (Meier et al., 2005). The α3 variant P185L emerges from cytidine 554 deamination (C554U). Neurons harboring α3P185L assign high glycine potency and non-desensitized receptors, which are prerequisites for tonic inhibition (Stell and Mody, 2002). The α4 subunit has been found in the adult mouse retina where it clusters together with synaptic markers such as bassoon or gephyrin (Heinze et al., 2007). Furthermore, GlyRα4 transcripts have been detected in the white matter tract of the developing spinal cord from mice. The avian α4 mRNA was also found in dorsal root ganglia and genital ridge. Although the function of GlyRα4 at its sites of expression is still unknown, homomeric α4 receptors are able to form fully functional glycine-gated Cl− channels in vitro that can be antagonized with strychnine (Harvey et al., 2000).

GlyRβ transcripts are widely expressed also in organs where no α subunit is present. The β expression starts around E14 but increases rapidly after birth (Malosio et al., 1991b). The β subunit is part of the adult GlyR complex, which is composed of 2α and 3β subunits (Grudzinska et al., 2005) with α1β representing the major form of heteromers. The function of the β subunits in tissues lacking GlyRα subunits is still enigmatic. Synaptic GlyRs are clustered by gephyrin via an interaction motif in the TM3-4 loop of the β subunits. Gephyrin is a scaffolding protein in the plasma membrane that mediates mobility of GlyRs and thereby contributes to the plasticity of inhibitory synapses (Fritschy et al., 2008; Calamai et al., 2009).

SPONTANEOUS MOUSE MUTANTS OF THE Glra1 AND Glrb GENE

To date five spontaneous and recessively inherited mutations in mice serve as models for human hyperekplexia. Four mutations occurred without any manipulation, such as spasmodic (spd), oscillator (spdot), cincinnati, and spastic (spa) (Figure 2, Table 1). The fifth spontaneous mutation nmf11 was induced by ENU (N-ethyl-N-nitrosourea), which is a powerful chemical mutagen that offers the possibility to induce point mutations genome-wide with a high frequency (Balling, 2001). This part will discuss the spontaneous mutations with regard to symptoms and progression of the disease, the genetic location of the mutations, and the resulting failure at the protein level being responsible for the phenotype of affected mice.
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FIGURE 2. Overview about GlyR mouse mutants from DNA level to the protein level. The Glra1 gene comprises 9 exons (Glrb 10 exons). Left column: SNPs are indicated by numbers. The C to T transition at position 159 in spasmodic mice is shown. The microdeletion in exon 8 of the oscillator mouse is listed by an insertion. In addition, exon 9 harbors an alternative splicing cassette (ASC) responsible for the generation of the two different mRNAs in the adult organism. For the cininnati mouse the intronic internal repeats (GGGGC) responsible for exon 5 duplication are shown. In the Nmf mutant a C to A transition in exon 2 of the Glra1 gene was demonstrated. The insertion of the LINE1 element into intron 6 of the Glrb gene is marked. Aberrant splicing is indicated by dotted lines. Middle column: represents the different mRNAs, which are formed. SNPs are marked with numbers below the appropriate exon, e.g., spd C159T. Two mRNAs are generated in oscillator due to alternative use of the splice acceptor site in exon 9. Usage of this site leads to exclusion of the ASC (24 bp), non-usage generates an mRNA with the 24 bp ASC. Cincinnati harbors the exon 5 duplication with generation of a premature stop codon. The SNP C138A in the Nmf11 mouse is marked. As a consequence of the LINE1 insertion into intron 6 of the Glrb gene, abberant splicing with exon 6 and exon 5/6 exclusion are observed. Right column refers to the GlyR proteins. In spasmodic mice a GlyR harboring the A52S mutation decreasing glycine affinity is marked. The premature STOP codons in oscillator and cincinnati result in no expression of GlyRα1. The single amino acid exchange N46K in the Nmf mutant is due to the C to A transition in exon 2 of the Glra1 gene. Abberant splicing of Glrb in the spastic mouse model results in a highly reduced number of full-length GlyRβ.



Table 1. Spontaneous and induced GlyR mouse mutants.
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THE SPASMODIC MOUSE MUTANT—A MISSENSE MUTATION

Homozygous spd/spd mice develop hyperekplexia like phenotypes characterized by an exaggerated acoustic startle reflex, high tremor, and an impaired righting reflex. Symptoms start in the third week after birth. Before this period, spd/spd mice are phenotypically normal and are indistinguishable from heterozygous or wild type siblings. No progression within the symptoms can be observed with age and homozygous mutants do have a normal life expectancy (Lane et al., 1987).

A point mutation in the Glra1 gene at chromosome 11, which leads to a change of an alanine into a serine at position 52 of the mature polypeptide sequence, has been found as the genetic reason for the phenotype in spasmodic mice (Ryan et al., 1994). The spd locus on chromosome 11 is linked by synteny homology to the human chromosomal region 5q21–q31, where the α1 subunit gene has been mapped (Shiang et al., 1993). A further but silent mutation was found at position 198 (Figure 2, Table 1) (Matzenbach et al., 1994; Saul et al., 1994). Although these animals develop a phenotype, the location of the protein seems not to be affected. The X-ray structure solved from homologous CLR protein AchBP defined various loop structures within the N-terminal domain of the protein that are involved in ligand binding (Brejc et al., 2001). The amino acid position A52S does not lie within this interface between two adjacent subunits, neither at the plus nor at the minus site of ligand binding. A52S only flanks the proposed assembly boxes and seems not to impair the overall protein content of GlyRα1 which is indistinguishable between wild type and homozygous spasmodic mice (Saul et al., 1994). In these channels the binding affinity of the agonists glycine, β-alanine and taurine is altered with a rightward shift in the glycine EC50 (Figure 3) (Saul et al., 1994; Graham et al., 2006, 2011). Excised patches from spasmodic superficial dorsal horn (SFDH) neurons show no single channel openings at low glycine concentration and only a few openings to high glycine concentrations compared to wild type neurons with multiple channel openings at the same glycine concentration. A detailed characterization of another point mutation at position 52 (A52C) within β1–β2 loop suggests that the microenvironment of A52 is responsible for different conformations of the β1–β2 loop and thereby hamper the agonist glycine from binding to the subunit interface (Pless and Lynch, 2009).
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FIGURE 3. Agonist sensitivity in spasmodic GlyRs recorded from superficial dorsal horn neurons [from Graham et al. (2011)]. (A) Decreased glycine-evoked currents recorded in excised membrane patches from spasmodic SDH neurons compared to wild type using the same glycine concentration. (B) Concentration–response plots for wild type and spasmodic patches (n = 8 and 15, respectively) are shown. The concentration–response curve is shifted to rightwards for spasmodic patches. Inset summarizes EC50 values for spasmodic and wild type receptors. (C) Representative glycine responses for wild-type (left) and spasmodic (right) patches to bath application of low and high glycine concentrations. In wild type patches brief single channel openings are evoked by low glycine concentrations and high concentrations evoke multiple channel openings (inset shows channel openings on expanded time scale). In spasmodic patches no single channel events are observed at low glycine concentrations. At high glycine only a few openings are observed. (D) Plots summarizing results from experiments in (C). Only 3/13 spasmodic patches responded at low glycine concentration, demonstrating again the lower affinity of this mutant to the agonist compared to wild type. *P < 0.05.



THE OSCILLATOR MOUSE—A FRAMESHIFT MUTATION LEADING TO COMPLETE LOSS OF FUNCTION

Homozygous oscillator mice represent a null mutation accompanied by a lethal phenotype. In contrast to spasmodic mice, oscillator mice always die within 3 weeks of age. Their neuromuscular symptoms like fine tremor and muscle spasm start at the age of 2 weeks and worsen progressively. The symptoms of this phenotype are highly comparable to strychnine poisoning in humans.

The genetic cause is also a mutation in the Glra1 gene (Buckwalter et al., 1994). The oscillator allele Glra1spd−ot exhibits a microdeletion of 9 bp plus a microinsertion of 2 bp resulting in a frameshift. Depending on differential use of two splice acceptor sites in exon 9 of Glra1 (Figure 2, Table 1), two α1 polypeptide mutants are encoded, both of which lack TM4 (Malosio et al., 1991a). Inclusion of the alternative splice cassette resulted in a premature STOP codon within this 8 amino acid cassette thereby comprising a truncated α1 variant (spdot-trc). The long splice variant, spdot-elg, was generated from an exclusion of the alternative 24 bp and encodes 150 missense residues at the C-terminus (Villmann et al., 2009a).

Due to the frameshift motifs important for receptor biogenesis and trafficking are destroyed (Sadtler et al., 2003). In the CNS of homozygous oscillator mutants, a complete loss of functional GlyRα1 protein neither spdot-trc nor spdot-elg was observed, characterizing oscillator as a functional null mutation of the Glra1 gene (Kling et al., 1997). Using an independent domain approach in vitro, we were able show that the truncated GlyRα1 subunit variant spdot-trc can efficiently be rescued by coexpression with an independent C-terminal tail domain representing the lacking GlyRα1 protein proportion (most of the TM3-4 loop, TM4, and the C-terminus). This functional complementation of GlyRs demonstrated the importance of the TM3-4 loop for biogenesis, clustering and pharmacological properties as demonstrated in transfected HEK293 cells and spinal cord neurons from ot/ot animals (Figure 4). Such reconstruction of a functional ligand-gated ion channel by independent folding domains resembles novel directions for compensatory mechanisms using gene therapeutical approaches (Villmann et al., 2009a). In vivo recordings in hypoglossal MNs of homozygous oscillator mice demonstrated a dramatic decrease in frequency and amplitude of mIPSCs together with a much slower decay time compared to heterozygous control mice. The fact of any glycinergic mIPSCs in the functionally null mutant ot/ot suggests a compensation via α2, α3, or α4 subunits expressed in MNs; however, these at distal dendritic locations expressed receptor clusters are not sufficient to sustain life (Graham et al., 2006).
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FIGURE 4. GlyRs re-constituted from independent folding domains (modified from Villmann et al., 2009a). Rescue of function experiments of spdot constructs compared with truncated α1 variants. Using whole-cell recordings from transfected HEK293 cells, maximal glycine (gly)-gated currents were determined with 3 mM glycine: (A) α1A wt; (B) α1A wt blocked with strychnine (stry); (C) α1A-trc, spdot-trc and spdot-elg when expressed alone generated non-functional channels; (D) α1A-trc plus myc–α1–iD–TM4 restored functionality and was antagonized with strychnine (E); (F) spdot-trc plus myc–α1–iD–TM4 restored functional GlyRs but with less efficiency compared to α1-trc; (G) spdot-elg plus myc–α1–iD–TM4 never generated functional channels. (H) Spinal cord neurons were infected with C-terminal domain constructs encoded on a pAAV vector. Comparison of infected (DIV21; bottom) and uninfected spinal cord neurons isolated from either homozygous wild type (+/+) or oscillator (ot/ot) mice (DIV21 uninfected). The α1-antibody Mab2b recognizes only the α1 variant, whereas pan-α recognizes all GlyRα variants. After infection with different constructs (myc–α1–iD–TM4, pc–α1–iD–TM4-myc, or α1–iD–TM4) infected neurons expressed endogenous GlyRα1 protein (bottom 3 panels, right pictures, depicted in red) that co-localized (merged pictures) with the appropriate C-terminal domains.



THE CINCINNATI MOUSE—ANOTHER FRAMESHIFT MUTATION

Cincinnati is a spontaneous mutation in the Glra1 gene with a similar phenotype to the other spontaneous mouse mutants already described. At 2 weeks of age, affected mice exhibit impaired righting reflex and tremor. This progress worsens till their death within 3 weeks of age as observed for oscillator mice (Figure 2, Table 1) (Holland et al., 2006). The mutant was recognized by the generation of multiple affected offsprings from one mating. Further breedings with obligate heterozygote animals with the strain C3H/HeCr1BR showed more mutants among the F1 generation. Further randomly crosses with the mentioned strain showed a recessively inherited autosomal inheritance.

Analysis of the genomic sequence did not show any insertions of LINE or SINE (long or short interspersed nuclear elements) elements as seen in spastic. But in introns 4 and 5 of Glra1 gene a perfectly aligned repeat of the pentamer GGGGC was found. Very short direct repeats in adjacent introns are able to mediate exon duplication (Chen et al., 2005). The cincinnati mouse, indeed, shows two tandem copies of the 83 bp exon 5. This exon duplication in Glra1 transcript results in a frameshift mutation with a novel generated premature stop codon (F159X) followed by a loss of GlyRα1 function comparable to the oscillator mutant. The predicted protein lacks the C-terminal 271 residues of the GlyRα1 protein. Thus, exon duplication is a common process contributing significantly to the evolution of functional complexity in the genome. Large deletions have also been observed in humans suffering from hyperekplexia with a deletion of exons 1–7 (Becker et al., 2006). Here, a complete loss of GlyRα1 is, however, much better tolerated by the human organism arguing for different compensation routes in humans compared to mice.

THE SPASTIC MOUSE MUTANT—AN ABERRANT SPLICING MUTATION

Homozygous spa mice manifest at the postnatal age of 2 weeks hyperekplexia-like severe neuromuscular symptoms, such as exaggerated startle response, rapid tremor, myoclonus, rigidity, and impaired righting reflex (Figure 2, Table 1) (Becker, 1990; Kingsmore et al., 1994; Mulhardt et al., 1994).

An insertion of a repetitive LINE1 element in intron 6 of the Glrb gene at chromosome 3 is the genetic reason for the neuromotor phenotype in spa/spa mice. This mutation leads to deficient mRNA splicing with functional β mRNA levels being decreased to approximately 10% (Kingsmore et al., 1994; Mulhardt et al., 1994). The mouse GlyR β subunit is encoded on chromosome 3q. The β subunit of the GlyR is known to be an important structural component of the pentameric GlyR complex for its synaptic location. Clustering of GlyRs at postsynaptic sites is enabled via an interaction of a binding motif in the intracellular TM3-4 loop of the β subunit to the scaffolding protein gephyrin. Moreover, recently it has been shown that GlyRβ is also involved in ligand binding, yet with low affinity (Grudzinska et al., 2005; Dutertre et al., 2012). It has been reported that within litters mild as well as severe phenotypes of homozygous spa/spa animals exist. A different level of mRNA expression has been ruled out (Molon et al., 2006). Following a differentiation of spa/spa animals into three groups, mice with early stage (M.e.s.), mice with recovery stage (M.r.s.), and severe phenotype (Sev), a compensatory effect with an up-regulation of the GlyRα1 mRNA has only been found for older recovered mice (M.r.s.) concomitantly with a higher GlyRα1 protein amount. In contrast, an up-regulation of the fetal glycine receptor GlyRα2 could never been observed. The higher amount of GlyRα1 protein can be one possible mechanism of compensation of GlyRβ loss accompanied by functional recovery observed in these mice, respectively. Furthermore, in mice with a severe phenotype apoptosis together with the loss of glycinergic interneurons in the ventral horn of the spinal cord have been found followed by a dramatic loss of MNs. Last could explain the paralysis and early death of these homozogous spa/spa population (Molon et al., 2006). Functional data from recordings in brainstem slices containing the hypoglossal nuclei further support this observation. Graham et al. have demonstrated that in spa/spa mice glycinergic inhibition in hypoglossal MNs is decreased without a dramatic change in receptor kinetics; however, whole-cell GlyR currents were picrotoxin sensitive. Picrotoxin-sensitivity did not result from homomeric GlyRα2 or GABAergic compensation as upregulation of GlyRα2 was not observed and all measurements have been performed in the presence of GABAA receptor antagonist bicuculline. Thus, at least a distinct proportion of GlyRs in spastic mice results from homomeric GlyRα1 receptors. A synaptic location of homomeric α1 clusters was excluded since GlyR-mediated evoked IPSCSs from spa/spa and wild type animals showed the same picrotoxin sensitivity (Graham et al., 2006). Furthermore, a decrease in GlyR number at synaptic sites has been shown by different approaches, such as immunohistochemical or biochemical stainings (Becker et al., 1986; Callister et al., 1999). The described examinations so far only concentrated on the postsynaptic site of the glycinergic synapse. Muller et al. considered presynaptic effects in spa/spa mice. In the developing hypoglossal nucleus of spastic mice glycinergic presynaptic terminals decreased during the first two postnatal weeks whereas GABAergic terminals increased. In contrast, glycinergic terminals increase in inhibitory synapses in wild type mice during the same developmental period. Although this presynaptic adaptation of neurotransmitter content in response to the decrease of GlyRβ at the postsynaptic membrane demonstrates a crosstalk between pre- and postsynaptic elements in spastic mice, the observed GABAergic upregulation was not sufficient to compensate for defective glycinergic neurotransmission (Muller et al., 2008).

Interestingly, the reduced expression of GlyRβ at the protein level can be rescued by transgenic expression of an exogenous rat GlyRβ minigene. This minigene construct contained a rat GlyRβ cDNA, which was cloned into an expression vector suitable for driving brain-specific expression under the control of the rat neuron-specific enolase promoter (NSE). With this minigene a higher protein expression (approximately 25%) of full-length GlyRβ could be reached and a rescue of the symptoms has been observed (Hartenstein et al., 1996).

Homozygous mice (spa/spa) with a C57BL/6J (B6) background have strong symptoms and die at about 3 weeks after birth, while spa/spa animals of the backcross strain F1(C57BL/6J × C3H/HeJ) × C57BL/6J (C3H) show milder symptoms and mostly survive the critical age (von Wegerer et al., 2003). With ageing, these animals develop joint contractures and a vertebral arthopathy (Ziv et al., 1984), but their anatomical structures in spinal cord, CNS, or muscles are not altered or changed. The C3H/HeJ mouse strain seems to harbor an additional splicing factor or another modifying candidate gene, which enables spa/spa mice to sustain life. Very recently, a short nucleotide polymorphism (SNP) was localized in Glrb exon 6 at an exonic splicing enhancer (ESE) site, regulating exon skipping in Glrb. This ESE site is a binding site of the essential splicing regulatory protein SRSF1. Furthermore, the 5′ and 3′ UTR of the LINE1 were shown to be critical determinants for exon skipping, indicating that the LINE1 represents an efficient modifier of endogenous splicing phenotypes (Becker et al., 2012).

THE Nmf11 MUTATION—AN ENU INDUCED POINT MUTATION

Nmf11 homozygous mice show an oscillator-like phenotype with an early death within 3 weeks after birth. In contrast to oscillator, the Nmf11 mutation was chemically induced by a powerful chemical mutagen N-ethyl-N-nitrosourea (ENU). ENU is used to induce point mutations genome-wide with a high frequency. The Nmf11 mutation in mice courses a C-to-A transition of nucleotide 138, which results in the N46K substitution in the long extracellular N-terminal ligand-binding domain of the Glra1 mature protein (Figure 2, Table 1) (Traka et al., 2006). The mutation does not affect Glra1 mRNA and protein levels nor does it block the correct membrane targeting of the protein given that substantial amounts of the receptor were detected at synaptic sites of Nmf11 homozygotes. The mechanism by which the Nmf11 mutation impairs GlyR function is currently unknown. The mode of actions could either be due to differences in ligand binding or gating, respectively (Traka et al., 2006). Disturbances in receptor assembly seemed to be unfavorable, as well as a defect in oligomerization. The latter has been shown to be dependent on TM4 and aromatic residues within the other TMs (Haeger et al., 2010).

KNOCK-OUT GLYR MOUSE MUTANTS

A commonly used strategy to investigate the physiological role and significance of proteins is the generation of corresponding knock-out animals. Thereby the animal becomes deficient of the desired protein within either specific cell types or organs (conditional knock-out) or throughout the whole organism. Concerning the glycinergic system of inhibitory neurotransmission a variety of knock-out mice exist displaying deficiency of either the α2 or α3 subunit of the inhibitory GlyR. Naturally occuring mutations of the murine GlyRα1 subunit, as in the spontaneous mouse mutant oscillator, lead to loss of the respective protein, thus resembling the knock-out α1 situation (Kling et al., 1997). The absence of GlyRα1 exhibits the most severe phenotype since it is the subunit that is primarily responsible for glycinergic inhibition in the adult animals. It is widely expressed in brain stem and spinal cord, where the neuronal control of excitability is enabled by synaptic α1β heteromeric GlyR clusters. In contrast, deletions of either the GlyRα2 or α3 subunits resulted in mild phenotypes with no major morphological or molecular disturbances compared to oscillator mice (Harvey et al., 2004; Young-Pearse et al., 2006). Both knock-out mice will be discussed in more detail with regard to possible compensatory mechanisms.

Glra2 KNOCK-OUT MICE

The Glra2 gene encodes the α2 subunit of the inhibitory GlyR. Two different variants α2A and α2B are known to be generated by alternative splicing (Kuhse et al., 1991). This subunit is capable of forming functional homopentameric receptors in vivo, which represent the embryonic and early postnatal form of glycinergic neurotransmission. The embryonic configuration is expressed throughout the nervous system and presumably located extrasynaptically (Flint et al., 1998). Moreover, due to the embryonic chloride ion distribution over the cell membrane, the α2 homopentameric receptors display an excitatory mode of action leading to a rise in intracellular calcium concentration (Flint et al., 1998). GlyRα2 homomeric receptors display a lower agonist affinity to glycine as compared to the α1 homopentamer. The potency of the agonists glycine, β-alanine and taurine has been described to be higher for the α2B variant (Miller et al., 2004). Mangin et al. investigated the kinetic properties of the α2 homopentameric GlyR at the single channel level. The homomeric α2 receptor type is slower by one or two orders of magnitude as compared to the α1/β heteropentameric receptor involved in synaptic glycinergic neurotransmission (Mangin et al., 2003). This was reflected by a slow onset, relaxation and desensitization and a low open probability upon synaptic-like application of glycine. These physiological characteristics render the α2 homomeric receptor inefficient for fast synaptic activation but comparatively suitable for activation via sustained and slow release of the agonist (Mangin et al., 2003).

Making use of Glra2 knock-out mice the importance of this specific GlyR subunit for neuronal development during embryogenesis as well as for normal CNS function during adulthood has been investigated. First, there is no overt phenotype accompanied by the loss of the α2 subunit. The knock-out mice resemble normal weight compared to their wildtype littermates. Their life expectancy is unchanged and fertility is also not affected in the absence of the GlyRα2 subunit (Young-Pearse et al., 2006; Weiss et al., 2008). Young-Pearse et al. have investigated potential morphological alterations upon knock-out of GlyRα2. No striking abnormalities concerning the development and shape of spinal cord, cortex and retina have been found. Diameter and cell density of knock-out spinal cords were undistinguishable from the wild type situation. Calcium uptake studies of embryonic and neonatal cortical brain slices derived from knock-out animals confirmed the absence of functional GlyRs at that stage of development. While glycine had no effect on calcium uptake, stimulation by GABA induced a rise of intracellular calcium levels confirming unaltered GABAergic activity. The loss of glycinergic response was recovered at day P7 probably by expression of other GlyR subunits. However, despite the deficiency of electrophysiological responses to GlyR agonists such as glycine and taurine, the morphological development of cortices and cerebelli in knock-out animals seems to be unaltered (Young-Pearse et al., 2006).

In addition to its important role in brain stem and spinal cord, glycine also acts, besides GABA, as an inhibitory neurotransmitter in the neuronal networks of the retina (Pourcho, 1996) where it has been found in 40–50% of all amacrine cells (Marc, 1989). Within the variety of glycinergic amacrine cells, all α-subunits have been identified in specific synapses (Sassoe-Pognetto et al., 1994; Haverkamp et al., 2003, 2004; Heinze et al., 2007). Immunoreactivity of the GlyRα2 subunit was found to be evenly distributed across the inner plexiform layer representing the most frequent type of GlyRs in this area (Haverkamp et al., 2004).

Glra3 KNOCK-OUT MICE

The Glra3 gene encodes the GlyRα3 subunit, which can be found within several regions of the CNS. Concerning its appearance in the spinal cord, it is evenly distributed throughout the superficial and deep laminae of the dorsal horn (Anderson et al., 2009). With the help of immunhistochemical experiments Harvey et al. could show that the GlyRα3 subunit can be co-stained predominantly in laminae II with gephyrin, which is necessary for synaptic localization. Moreover, it could also be co-stained with the α1 subunit of the GlyR, indicating that in these laminae II both subunit-specific glycinergic synapses exist, which contain either α1 or α3 and mixed synapses containing both α1 and α3. Lamina II is the brain region where most nociceptive afferent fibers terminate, which are involved in pain pathways (Harvey et al., 2004). Concerning these pathways, following prostaglandin E2 (PGE2) application a dramatic reduction in glycinergic inhibition of neurons within the dorsal horn of rat spinal cord, the first site of synaptic integration in the pain pathway was observed (Ahmadi et al., 2002). In turn, PGE2 levels increase in the CNS upon peripheral inflammation (Samad et al., 2001). First electrophysiological experiments with human embryonic kidney cells expressing the murine PGE2 receptor EP2 as well as the murine GlyRα3 or a mutant lacking a PKA consensus sequence revealed the putative mechanism of PGE2 activity via phosphorylation and thereby inhibition of GlyRα3. It has been demonstrated that GlyRα3 is selectively involved in spinal nociceptive processing. During inflammatory pain states, PGE2 disinhibits via this mechanism the spinal transmission of nociceptive input throughout the spinal cord dorsal horn to higher brain areas (Harvey et al., 2004). This signal cascade leads to a sensitization of primary afferents, thereby lowering thresholds for neuronal activation and increasing nociceptor responsivity. The observed phenotype results in increased responses to noxious stimulation termed hyperalgesia, and allodynia where normally non-noxious stimuli such as cooling, gentle touch, movement, and pressure are now perceived as being painful (Harvey et al., 2009). Understanding the role of GlyRα3 in pain processing pathways opened a new therapeutic window to use the α3 subunit as a target for treatment of chronic inflammatory pain. Ideally, therapeutic interventions could selectively increase the activity of GlyRs containing α3, which are down regulated via phosphorylation in inflammatory pain. Therefore and to get more insights into pain pathways an animal model was created: the Glra3 knock-out mouse (Harvey et al., 2004).

Knock-out of the GlyRα3 subunit in mice, however, showed no obvious phenotype and was compatible with life. These mice normally gain regular body weight and display no histopathological abnormalities in brain and spinal cord. Moreover, no alterations in posture, activity, gait, motor coordination, tremor, and startle response have been observed (Harvey et al., 2004). Further studies have been carried out to characterize GlyRα3 knock-out mice concerning aspects of neurotransmission with regard to the sensation of different kinds of pain. Chronic pain can be broadly categorized into three types: inflammatory, neuropathic, and dysfunctional. Inflammatory pain arises from tissue damage and is associated with conditions such as arthritis. Neuropathic pain can arise from trauma in peripheral or CNS as a consequence of stroke or ischemia. The last type, dysfunctional pain, is a type of neural dysfunction like migraine characterized by a non-localized diffuse pain unaccompanied by either inflammation or nerve damage (Harvey et al., 2009). Experiments with α3 knock-out mice concerning the role of this GlyR subunit in different pain pathways also show that the inhibition of glycinergic neurotransmission by PGE2 does not contribute to neuropathic pain after peripheral nerve injury. This supports the idea that inflammatory and neuropathic pain involve different mechanisms of central sensitization (Hosl et al., 2006). To get more insights Harvey et al. investigated GlyRα3 and its potential role in other clinically relevant pain models as well as in neuropathic and visceral pain. GlyRα3−/− showed no difference in the induction of thermal pain sensitization following CFA injection, but recovered much more quickly compared to the wild type. Yet, there is no clear role in other inflammatory (treatment with capsacin and carrageenan), neuropathic or visceral pain models. Thus, GlyRα3 may play an important role in mediating PGE2 induced sensitization, but only in certain pain states (Harvey et al., 2009). Experiments concerning development of GlyRα3 synapses contribute to previous findings. Any basal nociceptive hypersensitivity is absent in GlyRα3−/−mice, but GlyRα1 is still available for mediating synaptic inhibition at lamina II synapses but cannot be modulated by PGE2 signaling cascade (Rajalu et al., 2009).

KNOCK-IN MOUSE MUTANTS

The approach of knock-in mice represents a powerful tool to look for physiological effects in vivo (Crestani et al., 2001). Knock-in mice have been generated to analyze the zinc modulation of inhibitory neurotransmission, which has been attributed to several residues in the N-terminus of GlyRα1 (Laube et al., 1995). Zn2+ homeostasis is thought to be important for brain development and function. Both, current responses of excitatory as well as inhibitory ligand-gated ion channels have been shown to be modulated by Zn2+ (Smart et al., 2004). Neutralization of aspartate 80 (D80) with a glycine or alanine eliminated Zn2+ potentiation of the glycine-gated responses (Lynch et al., 1998; Laube et al., 2000). Homozygous mice carrying the D80A mutation displayed a neuromotor phenotype with an increased muscle tone and massive tremor around P12, which persisted into the adulthood similar to that observed for the spontaneous mouse mutants spasmodic and spastic. In homozygous knock-in D80A mice (Hirzel et al., 2006) the potentiating effect of Zn2+ on glycine-gated currents recorded from cultured spinal cord neurons was reduced but not abolished using low concentrations. High concentrations of Zn2+ did not affect glycinergic inhibition. The residual Zn2+ potentiation observed in D80A knock-in mice may be due to other GlyRs than the α1 subunit. Immunocytochemical stainings showed massive labeling of extrasynaptic GlyRα2 arguing for residual Zn2+ potentiation via nonsynaptic GlyRs (Laube et al., 1995; Hirzel et al., 2006).

To study the pathomechanisms of human hyperekeplexia in mice, Becker et al. introduced a human dominant mutation tg271Q into the Glra1 gene (Becker et al., 2002). Binding of the high affinity antagonist strychnine was unaffected, but glycine affinity was reduced in spinal cord of tg271Q. Similarly, in vitro studies on R271Q demonstrated decreased agonist affinity accompanied with diminished glycine-gated currents (Langosch et al., 1994; Rajendra et al., 1994). Whole-cell patch-clamp studies showed a decrease in glycinergic neurotransmission to 69%. Interestingly, amplitudes of electrically evoked IPSCs from spinal cord neurons were also reduced for GABAA-receptor-mediated currents, which was not due to a lower level of GABAA receptor expression. Transgenic animals developed spontaneous tremor episodes from postnatal day 14 on with exaggerated startle responses to noise or touch. These data showed for the first time that a hyperekplexia-like phenotype is specific for the hyperekplexia associated mutated GlyR transgene. Besides the importance of GlyRs for motor coordination, these receptors are also targets for ethanol, longer chain alcohols and anaesthetics. Ethanol enhances glycine-gated responses and leads to loss of the righting reflex (LORR) in mice (Findlay et al., 2002). This effect can be antagonized with the glycine antagonist strychnine (Williams et al., 1995). Several in vitro studies led to the identification of distinct residues involved in ethanol potentiation (Mihic et al., 1997). S267N located in the ion channel pore is one of the key residues for ethanol modulation and has also been found in patients that suffer from hyperekplexia (Becker et al., 2008). This mutant displayed differences in agonist potency as well as ethanol modulation and demonstrated that a disease-associated Glra1 mutation harbors the ability to alter drug responses. Similarly, the potentiating effect of ethanol was highly diminished in S267N knock-in mice. In contrast to the oscillator mutation, GlyRα1 protein expression in S267N knock-in animals was indistinguishable from wild-type levels. Glycine responses measured by uptake of glycine-stimulated chloride uptake from synaptoneurosomes from spinal cord and brainstem were decreased in heterozygous animals but comparable to heterozygous oscillator mice (Findlay et al., 2003). Muscimol-stimulated 36Cl− uptake was unchanged arguing that GABAA receptor activity stayed unaffected. Thus, GABAA receptors are not attributable for a compensatory effect of the disturbed GlyR inhibition (Findlay et al., 2003). Behavioral tests, however, displayed an enhanced acoustic startle response (Findlay et al., 2005). Moreover, homozygous S267N knock-in mice resulted in lethality 3 weeks after birth similar to the functional null mutation (Kling et al., 1997; Findlay et al., 2003). This observation provided the first evidence that a point mutation does have a similar impact on the phenotype as the null allele. Homology analysis with mutated GlyRs on the GLIC structure searching for other amino acids, which are modulated by ethanol came up with two more candidates Q266I and M287L (Blednov et al., 2012; Borghese et al., 2012). Residue Q266 has also been found in a patient suffering from hyperekplexia (Milani et al., 1996). In knock-in mice both residues behave different to ethanol modulation. M287L reduces ethanol potentiation whereas Q266I abolished the ethanol potentiating effect. Physiological levels of Zn2+ have been shown to enhance ethanol potentiation of glycine-gated responses (McCracken et al., 2010). Although Zn2+ potentiation of glycine responses was unaffected, Zn2+ potentiation of the ethanol response was abolished in M287L. Glycine-induced maximal currents were reduced in isolated brain stem neurons similar to measurements in Xenopus oocytes. In addition, ethanol potentiation was absent in brainstem neurons isolated from homozygous knock-in mice. Radioligand binding assays demonstrated a reduced displacement of glycine by strychnine for knock-in animals, but flunitrazepam binding was not affected similar to previous findings in S267N knock-in mice (Borghese et al., 2012). These data again argue for lack of GABAergic compensation in GlyR-deficient mouse models. Behavioral characterization demonstrated an enhanced acoustic startle response for both mutants Q266I and M287L as observed for S267N, which is a hallmark for disturbances in glycinergic inhibition (Findlay et al., 2005; Blednov et al., 2012). A progressive phenotype starting from postnatal day 10 with massive muscle tremor and loss of motor control resulted in lethality between the 3 (Q266I) and 14 weeks (M287L) of life.

RECEPTOR ASSEMBLY FROM INDEPENDENTLY FOLDING DOMAINS

Receptor domains display high homology to other kinds of proteins, which exhibit different functions in their natural surrounding. The N-terminal part of CLRs for example shows high homology to the AchBP from the snail Lymnea stagnalis(Brejc et al., 2001). Similarly, the excitatory glutamate receptors represent a mosaic with homology of the ligand binding domains to bacterial periplasmic binding proteins (LAOBP, lysine-arginine-ornithine binding protein and LIVBP, leucine-isoleucine-valine binding proteins). LIVBP homology has been found in the far N-terminal domain of GluRs important for receptor assembly. In addition, the pore domain represents high homology to the ion channel domain of K+ channels (Villmann and Becker, 2007). Several studies on domain swapping have shown that homologous domains can be exchanged between different receptor subclasses without dramatic changes in ion channel properties (Strutz et al., 2002; Hoffmann et al., 2006; Villmann et al., 2008). Reconstitution of functionality from independent folding domains seemed to be a chance to gain-of-function for truncated receptor proteins. The mouse mutant oscillator was used as a model system since the underlying mutation, a microdeletion, results in a premature STOP codon. This mouse mutant represents a functional null allele (Kling et al., 1997). In vitro experiments demonstrated that the coexpression of truncated receptor protein together with an independent “tail” construct representing the lacking proportion of the GlyRα1 protein, most of the TM3-4 loop, TM4, and the C-terminus rescued the GlyR function to about 10–50% of wild type activity. An infection of spinal cord neurons isolated from homozygous oscillator mice with an adeno-associated viral vector encoding the independent tail construct induced an expression of the α1 antigen compared to uninfected cells lacking α1 expression (Figure 4) (Villmann et al., 2009a).

This view on GlyR assembly from different folding domains toward a functional receptor will be a useful tool for restoration of ion channel function in other kinds of diseases such as the idiopathic generalized epilepsies, where mutations in genes encoding the postsynaptic inhibitory GABAA receptor subunits resulting in protein truncation have been identified.

POSSIBLE ROUTES OF COMPENSATION

Mutations in GlyR genes Glra1 and Glrb result in a neuromotor phenotype similar to patients suffering from hyperekplexia. That is why mice serve as excellent models for this human neuromotor disorder. The variety of mutations in mice comprises point mutations, microdeletions, duplications, and insertions. Human patients usually get treated with clonazepam, which helps via an enhancement of GABAergic responses to compensate for the lack or decrease of glycinergic inhibition. Although GABAergic compensation is also favored in mice, different experiments failed to show GABAergic upregulation at the level of expression. No changes in radioligand binding studies using brainstem or spinal cord membrane preparation from tissue have been observed meaning that the number of GABAA receptors expressed in these membranes is unchanged (Becker et al., 2002; Blednov et al., 2012). Pharmacological studies on knock-in mice demonstrated that GABAA receptor modulators such as flurazepam and pentobarbital induced an increase in LORR in addition to an increase in GlyR sensitivity to pentobarbital. Also picrotoxin-induced convulsions differed in knock-in mice suggesting changes in GABAA receptor function (Blednov et al., 2012). An enhancement of GABAergic maximal current amplitudes has been shown in spastic mice, but in knock-in mice no functional differences were observed for GABAA receptors (White and Heller, 1982; Findlay et al., 2003). Other compensatory effects via nAChR or NMDA receptors analyzed by ketamine or ethanol action used in behavioral studies of GlyR knock-in mice are difficult to interpret as these modulators at various concentrations act also directly on these classes of ligand-gated ion channels. What we have learned from knock-in mice is that there is very limited or no compensation. Moreover, in vitro studies on a human mutation with moderate effects on GlyR functionality could result in a severe impairment of glycinergic neurotransmission associated by lethality in vivo.

For the spontaneous mutations affecting one of the GlyR subunits present in the adult receptor complex, α1 or β, compensatory mechanisms have been described in detailed physiological recordings. The rise and decay times of mIPSCs were similar between spa/spa and controls. Therefore, changes in GlyR distribution seem unlikely, but the lower frequency is in line with less α1β clusters due to lower transcription rate of full-length β subunits. Compensation in spa/spa via homomeric α1 was favored as one possible mechanism; however, such homomeric α1 receptors have never been observed at synaptic sites (Graham et al., 2006). As a consequence of low GlyRβ numbers at the postsynaptic side in spastic mice, glycinergic presynaptic terminals decrease demonstrating an adaption process the second postnatal week (Muller et al., 2008). Recently, Becker et al. have demonstrated that mouse line background could also have a compensatory effect on the appearance of the spastic phenotype. In addition to the insertion of a LINE1 element in intron 6 of the Glrb gene resulting in changes in endogenous splicing, a SNP in exon 6 functions as an ESE important for binding of the splice factor SRSF1. Minigene experiments showed that mis-splicing of the β-subunit could be rescued by the A/G transition in exon 6 present in the C3H/HeJ mouse background but absent in C57BL/6J where the spastic mutation was originally described (Becker et al., 2012). In ot/ot animals slow mIPSCs with very low amplitudes suggest some remaining GlyR clusters present at distal dendritic locations. Although the expression of α2, α3, and α4 in oscillator is normal, the compensatory GlyR clusters are not sufficient to sustain life (Graham et al., 2006). In summary, some sort of compensation seem to exist in various mouse models for hyperekplexia, but neither upregulation of GABAergic responses nor compensation by other GlyR subunits are able to rescue glycinergic dysfunction in mouse spinal cord. Thus, disturbances in glycinergic inhibition perturb a neuronal network with the GlyR playing a key role in this network.

CONCLUSIONS

Functional inhibitory GlyRs are important for neuromotor behavior. Disturbances in the glycinergic synaptic circuit lead to severe startle reactions in response to tactile or acoustic stimuli. Spontaneous mutations and knock-in mice carrying human hyperekplexia mutations serve as models to understand the human neuromotor phenotype. But why do some mutations in the GlyR genes (Glra1 or Glrb) in rodents result in a mild and others in a lethal phenotype? Are there differences in compensatory mechanisms? The strength of a phenotype could result from mouse line background as recently shown for the two hit splice mutation in the mouse mutant spastic. Furthermore, the functional effect depends on the location of the mutation. Here, the increasing knowledge on the molecular structure of CLRs during the last decade opened novel windows for an interpretation of functional data with the help of homologous models. Interestingly, knock-out mice of the GlyRα2 or α3 demonstrated normal life span. In contrast, the functional null allele of the Glra1 gene resulted in lethality at the age of 3 weeks when the developmental shift toward the adult receptor complex α1β is completed. Therefore, there is no doubt that heteromeric α1β GlyRs play the most important role for fast inhibitory neurotransmission processes in motor function. So far premature truncation of GlyRα1 could only be compensated when the lacking protein proportion was coexpressed at least in vitro. An assembly of functional GlyRs from independent domains seems to overcome processes like nonsense-mediated decay or when translated ER-mediated degradation. But the existence of similar coordinated assembly processes in vivo has to be proven. According to the human mutations, all described GlyRα1 knock-in studies exhibited similar functional differences on GlyRs compared to in vitro data obtained from either transfected cell lines or oocyte recordings. Thus, mice seem to be an excellent model system to study hyperekplexia. Mice carrying human mutations showed an onset of symptoms as massive tremor and startle attacks with the age of 15 days when developmental changes in GlyR subunit composition are almost completed. Treatment of human patients with clonazepam favored an up-regulation of the GABAergic neurotransmission. Therefore, most studies looking for compensatory mechanisms in mice concentrated on the receptor configuration at the postsynaptic side. All physiological studies so far have, however, strikingly shown that the central role of the adult isoform α1β cannot be compensated by another GlyR receptor configuration neither by α3β, homomeric α1, α2 nor distinct GABAA receptors. Although there is still requirement to search for subunit-specific blockers of either α1, or α2, or α3, and β, to improve the interpretation of physiological data, our knowledge on the differences in the kinetics of GlyR subpopulations has amazingly increased during the last years. Yet, the complexity of synaptic circuits in vivo as well as synaptic adaption processes are far away from being understood. One future direction of research is trying to identify so far unknown regulatory elements or proteins responsible for synaptic adaptation at the inhibitory synapses during glycinergic disturbances. It has been shown that presynaptic terminals and postsynaptic elements communicate with, e.g., an adaptation of less presynaptic glycinergic terminals in response to less GlyRβ at the postsynapse in the mouse mutant spastic. GABAergic terminals instead increase but GABAA receptor numbers stay unaffected. The various mouse models discussed here demonstrate that the current hypothesis of GABAergic compensation for a failure in glycinergic neurotransmission has to be carefully scrutinized. An enhancement of the GABAergic responses by treatment with clonazepam is therefore unlikely to explain the massive improvement of symptoms observed in human patients. Thus, the described mouse models in combination with modern imaging techniques and proteomics serve as excellent tools to close the gap between adaptation and remodeling of inhibitory synapses in vivo under physiological and pathological conditions.
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Vij2 = -30mV Photocontrol of M-current
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TREK1/Kzp2.1  Kpp $121C cis Leak current Photocontrol of Vm Sandoz etal. (2012)
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mRuby 1pH 45 mRuby 1pH 85 mRuby 2 Ca?*-RCaMP Ca?*-RGECOT

(PDB 3U0L) (PDB 3U0OM) (PDB 3UON) (PDB 3U0K) (PDB 412Y)

DATACOLLECTION
Space group P212,2y P212,2y 1222 P3;21 P2,
Cell dimensions.

alh) 3177 3171 6727 75.92 65.16

bl 6744 6708 8252 75.92 9173

clA) 95.06 95.00 8891 12318 6857
B (degrees) %0 %0 % 120 953
Beamline APS3HD APS 31D APS 31D APS 31D ALS822
Wavelength (&) 09793 09793 09793 09793 1000
Resolution range (Al* 1943 - 125 28,66~ 165 2790 - 160 3482-2.10 5477 -220
Total reflections 595,508 256,831 277856 404,612 161,067
Unique reflections 56,036 20632 32,955 24,607 40,865
Completeness (%) 978195.8) 979(96.9) 998 (100) 999 (100) 100 (100)
Vo 165(4.6) 197 (4.6) n747) 20067 88(26)
Roym (%)% 73 (56.2) 71(58.4) 12.8(51.3) 10.3 (54.5) 105 (58.8)
REFINEMENT
Rucrel Rireo (%)° 12.6/16.1 172/20.1 15.4/179 189/23.9 19.4/25.7
Resolution range (A) 20-125 30 - 165 30- 160 22-210 54-220
Number of atoms (8 factor)

protein 1957 (14.4) 1823 (19.7) 1854 (12.5) 3160 (15.6) 6092 (30.9)

water 231287 146 289) 195 (26.2) 133 (33.4) 99(270)

other 4203) - 10611) 8410 8(276)
RMSD values

Bond lengths (A) 0.028 0.024 0031 0022 0021

Bond angles (degrees) 248 224 263 190 191
Ramachandran (%)

Favored/disallowed 98600 98610 99110 96.7/08 97904
Molprobity

Clashscore (percentile) 147307 737 (85) 957 (67) 104 (84) 1321(79)

Molprobity score (percentile) 167 (60) 157 87) 153 87) 208(75) 231 (66)

*The number in parentheses is for the highest resolution shell.
©Reym = Syl =<l >1/Enis <hner >, where Fy is the ith measured diffaction intensity and <lsu> is the mean of the intensity for the mille index (hki.
©Ruork = Enial] Folhkilf- [Fe (WKl / S [Folhkil. Riee = Ruwork for 5% of reflections not included in refinement.
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